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Preface

Recent research has emphasised the importance of understanding reproductive biology and

physiology, behavior, pain management, internal medicine, pathogen prevalence, dental health, and

overall wellbeing—all areas critical to the conservation and sustainable management of donkey and

mule populations. Studies have also addressed anatomical and pharmacokinetic differences between

horses and donkeys, highlighting their unique needs.

Assisted reproductive techniques (ARTs), such as artificial insemination (AI), sperm

cryopreservation, and embryo transfer (ET), which are explored in this Special Issue, play a pivotal

role in preserving genetic resources.

Animal genetic resources are priceless heritage, making it crucial to safeguard genetic diversity

across species, breeds, varieties, and native ecotypes. Many donkey breeds are currently classified as

endangered and face significant challenges, including inbreeding, poor reproductive management,

advanced age, and low rates of reproduction.

This Special Issue brings together contributions from researchers worldwide, showcasing the

latest advancements in donkey and mule research. It provides an updated overview of the primary

conditions affecting the health of these species, offering valuable insights into the development of

new strategies and paving the way for future studies.

Ana Martins-Bessa and Amy McLean

Guest Editors
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Advances in Donkey and Mule Research
Ana Martins-Bessa 1,2,* and Amy K. McLean 3
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5000-801 Vila Real, Portugal
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Donkeys (Equus asinus) and mules represent approximately 50% of the entire domes-
tic equine population in the world and play an essential role in the lives of thousands
of people, primarily in developing countries [1]. Many donkey breeds are considered
endangered and presently facing major problems such as inbreeding, poor reproductive
management and old age. On the other hand, there is an increased use for donkeys as
pets and production animals and mules as performance animals with superior genetics
from both the donkey and horse side, which has increased the interest and value in these
animals. New findings focused on improved understanding of basic physiology, behaviour,
pain, internal medicine, pathogen frequency, and subjects related to their overall wellbeing
(e.g., nutrition, pharmacokinetics, dentistry) are considered areas of interest for preserving
and maintaining donkey and mule populations.

Assisted reproductive techniques (ART) like artificial insemination (AI), sperm cry-
opreservation or embryo transfer (ET) are unique tools to preserve genetic resources.
Several studies of the Special Issue were conducted in donkey ART. The study of Lago-
Alvarez et al. [2] analyzed the processes of cooling and freezing of epididymal donkey
sperm harvested at two different moments: immediately after castration, and 24 or 48 h
after shipment. The study allowed the conclusion that freshly harvest and cooled-shipped
allowed satisfactory preservation of semen parameters.

Several works were devoted to male donkey reproduction physiology. Martins-
Bessa et al. [3] evaluated two predictive models for donkey sperm quality by using the
following independent variables: ejaculate’s volume, sperm concentration, total sperm
number, motility and sperm morphology. Models included combinations of age as a covari-
ate and biometric and testicular measurements as independent factors. Results evidenced
that the goodness-of-fit was similar for both models—hence, the combination of biometry
and testicular factors presented improved predictive power. The application of the present
models may be useful to gather relevant information that could be used hereafter for ART
in donkeys.

Donkeys and mules are treated like horses in many cases, with the physiological
differences between these species usually not considered [1]. One significant difference
between horses and donkeys’ breeding behaviour is in the additional time donkeys need to
achieve erection and ejaculation. Donkeys are characterized by long courtships needed to
attain excitation and erection, which can cause donkey semen collections sessions of up
to 90 min. The study of Panzani et al. [4] verified the possibility of using Prostaglandin
F2α analog, cloprostenol sodium, to hasten the onset of erection and ejaculation. Clo-
prostenol sodium significantly hastened treatment-to-erection and treatment-to-ejaculation
times from 12.0 ± 1.6 to 6.0 ± 1.6 min and from 14.0 ± 1.4 to 9.6 ± 1.4 min, respectively.
There were no effects of its administration on semen parameters, being suggested that
cloprostenol sodium administration immediately prior to semen collection hastened time
to collect semen in donkeys with no detrimental effects on semen quality and can be used
by practitioners to circumvent long delays in donkey semen collection.

Animals 2024, 14, 2238. https://doi.org/10.3390/ani14152238 https://www.mdpi.com/journal/animals1
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The analysis and processing of donkey’s semen for assisted reproductive technologies
was also the aim of several works in the Special Issue. The use of CASA (Computer
Assisted Sperm Analysis) image analysis system provides an automatic, objective and
reliable sperm evaluation; however systematic preparations of the samples should be
made. The work of Gacem et al. [5] showed that analyzing a minimum of nine fields
at 250 frames per second from the center to the edges in Spermtrack®10 chamber using
a dilution of 30 × 106 sperm/mL offers the best choice for donkey computerized sperm
motility analysis. Semen cryopreservation is also a very important tool for establishing
germ plasm banks in order to preserve samples of endangered breeds. In the work of
Hidalgo et al. [6], it was found that donkey sperm vitrification in spheres using non-
permeable cryoprotectants exhibited better sperm motility and viability parameters after
warming than sperm vitrification using extenders containing permeable cryoprotectants.

The use of single layer centrifugation (SLC) of fresh donkey semen was also investi-
gated and its impact on sperm quality parameters and on the modulation of endometrial
reaction following semen deposition using an in vitro model. It was concluded that SLC
increases the proportions of functionally intact and motile spermatozoa and appears to
remove the seminal plasma proteins that inhibit sperm-PMN binding [7].

Also, embryo technology was investigated in donkeys. The work of Dorado et al. [8]
aimed to investigate the factors influencing the success of this ART. Donor jenny, donor age,
successive cycle within donor, day of flushing, number of flushing, and jack affected embryo
recovery rate. The identification of these key points is crucial to achieve a higher efficiency
of embryo transfer and vitrification processes, before considering their application in the
conservation of endangered donkey breeds.

Research was also conducted in order to find molecular markers that can be used to
identify and isolate specific development stages of germ and Leydig cells in the donkey
testicle. Several experiments were conducted by Choi et al. [9] with this aim, suggesting
that the protein gene product (PGP) 9.5 can be used to identify and isolate spermatogonia
at the seminiferous tubules.

Other articles focused on infectious diseases affecting both donkeys and mules. Real-
izing that many diseases could compromise donkey well-being, performance and even put
the breed at risk in some parts of the world [1]. Review article of these authors provided
an update on viruses that may affect donkeys and mules may endanger another species’
health. Health concerns have been raised with the removal and relocation of feral donkeys
to offsite adoption locations, as suggested by the work of Goodrich et al. [10]. Previous
exposure of the animals to equine herpesvirus 1 (EHV-1), equine influenza (EIV), West Nile
virus (WNV), and Borrelia burgdorferi (the causative agent of Lyme disease) was assessed.
Results indicated that feral equid populations are mostly naïve and likely susceptible to
these common equid pathogens upon removal from the wild. Relocation of feral donkeys
and possible disease transmission between equine species and the ability to identify early
stages of disease by using inflammatory markers such as serum amyloid A (SAA) the
aim of the study of Jerele et al. [11]. Results suggest that donkeys do not appear to be a
substantial risk for disease transmission to horses but could be if they carried strangles or
other processes in which AHV-2 and Streptococcus zooepidemicus were involved. The study
showed SAA levels may suggest disease as levels were highest in foals who had higher
evidence of AHV strains compared to adults.

The study of Tirosh-Levy et al. [12] evaluated the serologic exposure of donkeys to the
parasites Toxoplasma gondii and Neospora spp. in Israel. The high prevalence found in the
study suggested that donkeys may have a role in the maintenance of these parasites in the
area, thus serving as a source of infection for the definitive hosts.

Although belonging to the Equus genus, anatomical differences exist, with implica-
tions at management and welfare level [13]. This work revealed clear differences at skull
morphology between horses and donkeys. The calculation of ratios of skull measurements
from horses and donkeys allowed the observation that donkeys skulls have larger forehead
than horses and the olfactory bulb was smaller and rotated more forward than horses.
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On the other hand, pharmacological differences between mules and horses were
confirmed in the work of Bazzano et al. [14], in which the efficacy and pharmacokinetics of
the anthelmintic compound ivermectin administrated orally to mules at the same dosage
of horses was evaluated. Results evidenced intermediate pharmacokinetic parameters
between horses and donkeys, suggesting an optimization of the dosage.

Skin diseases caused by fungi and bacteria are quite common in donkeys and mules,
which have been reported in several regions of the world as case reports with occasionally
retrospective studies. Clinical and pathological features of skin diseases were reviewed
and updated by Lima et al. [15], suggesting that geographical variations may results in
significant differences in the prevalence of skin diseases. The evaluation of clinical and
pathological behaviour of skin diseases directs the implementation of control strategies.

On the contrary to horses, donkeys tend to express pain and discomfort more sub-
tlety. In consequence, a state of pain could only be recognized in an advanced degree of
disease [16]. The study of these authors focused on the development of a scoring system
donkey grimace scale based on body language of face and overall body posture and ap-
pearance. This system proved to be accurate and effective in identifying discomfort related
to pain associated to surgical castration.

Welfare was also a relevant topic in the Special Issue. Concerning reports of welfare
issues were related in the work of Farhat et al. [17], with working donkeys in Egypt showing
many types of wounds associated with parts of the harness and use of excessive force or
beating. The study introduced methods to measure the welfare status in working donkeys
and found an association between health risks, behavioral parameters and body condition.
Overall welfare of working donkeys should be enhanced in order to improve the production
of the animals and the reduction of the wounds. Besides, observation of the body condition
should be promoted together with the owners, in order to avoid compromising the body
condition and welfare.

In countries like France, Italy and Brazil the asinine milk production has some eco-
nomic relevance due to the milk qualities for human consumption. The use of donkeys for
this purpose must guarantee their welfare [18]. The work of these researchers investigated
whether a 2h separation period, used to achieve milking efficiency, was stressful for jennies
and their foals. For that, the behavioural and physiological changes of the animals when
exposed to the milking routine were assessed. Behavioral assessments and determination
of cortisol salivary concentration were collected before and after separation in jennies and
foals. Considering the collected variables, results of the work suggest that the milking
routine did not appear to be stressful for the animals. More studies are desirable in order
to measure the impact of milking routine and to guarantee the welfare of the animals in
that industry.

The role of donkeys in the reduction of fuel biomass of forest was verified in the
work of Bartolomé at al. [19], being suggested the combined use of donkeys and goats, as
both animals feed on forest species, and could act complementary to prevent fire in the
Mediterranean forests.

Some works of the Special Issue improved the knowledge about medical conditions in
donkeys, which will contribute to the provision of appropriate medical care. The asinine
metabolic syndrome and the pituitary pars intermedia dysfunction were reviewed by
Gehlen et al. [20]. A special emphasis was given in this review to the differences evidenced
in donkeys, as reference values and physiological reaction to dynamic tests.

Some health issues are still neglected in donkeys. Dental health has been neglected in
donkeys [21], despite the frequency of dental problems in this specie. The work of these
authors contributed to knowledge of donkey oral microbiome sequencing in association
with dental care treatment. Future works should promote a more abroad understanding of
the impact of disease as periodontitis in donkey dental health [21].

The study of passive transfer of immunity in donkey foals compared to horse foals has
been studied very little. The work of Turini et al. [22] determined the IgG serum concen-
tration in donkeys’ foals by different analytic methods in the first 24 h. Methods revealed
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good or strong correlation to each other. Based on feasibility, serum total protein (TP)
refractometry could be a useful method to estimate transfer of immunity to donkey foals.

The infrared thermography was applied comparatively in donkeys and horses in the
work of Domino et al. [23]. Similarities were found in thermal patterns of both species;
however average surface temperatures were higher in horses which was related to different
thermal properties of the skin and hair coat.

Finally, two case reports described the implantation of a transvenous single-chamber
pacemaker due to severe bradycardic arrythmia in five-month-old jenny with successful
outcome [24] and the medical management of four donkeys with various degrees of external
severe burn injuries along with clinical findings and evolution [25].
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Simple Summary: Cardiac pacing is widely used in human and small-animal medicine for the
treatment of many symptomatic bradyarrhythmias. Although the implantation of a pacemaker
has previously been described in a horse and donkey, few data are available about the long-term
follow-up. This article describes a pacemaker implantation in an African donkey with a complete AV
block, and reports complications associated with this procedure, which included lead dislodgement
and pacemaker pocket infection. After implantation, the donkey showed an improved quality of life
and was used for the animal-assisted therapy of disabled children. The function of the pacemaker
was checked regularly and, to date, the pulse generator has been replaced twice. Cardiac examination
eighteen years after pacemaker implantation revealed that the pacemaker is working appropriately
and no morphological changes were observed in the heart.

Abstract: A five-month-old African jenny was presented with a history of exercise intolerance and
syncopal episodes. Severe bradycardic arrhythmia due to a high-grade second-degree atrioventric-
ular (AV) block with progression to complete AV block was diagnosed. The jenny underwent a
transvenous single-chamber pacemaker implantation. The implantation procedure was performed in
a lateral recumbency and the ventricular lead was inserted through the jugular vein. Positioning of
the lead was guided by echocardiography. The pacemaker was programmed to VVI mode with a min-
imal ventricular rate of 40 pulses per minute, a pulse amplitude of 2.4 V, a pulse width of 0.5 ms and
sensing amplitude of 2.5 mV. Short-term complications associated with the procedure included lead
dislodgement and pacemaker pocket infection. The long-term outcome was satisfactory; the jenny
showed improvement in heart function and quality of life after pacemaker implantation. The pulse
generator replacement was performed twice (at nine-year intervals) and the intervention was always
associated with a local inflammatory reaction around the pacing device. Cardiac examination 18 years
after pacemaker implantation revealed no morphological changes in the heart; the electrode lead was
still in the correct position and successful pacing and sensing of the ventricle were obtained. Regular
follow-up checks are important to evaluate pacemaker function.

Keywords: arrhythmia; cardiac pacing; pacemaker pocket infection; donkey

1. Introduction

Cardiac pacing is an effective therapy for various arrhythmias in humans and a thera-
peutic implantation of a cardiac pacemaker has also been described in a horse [1–4] and
a donkey [5,6]. Indications for pacemaker implantation are symptomatic bradycardic
arrhythmias such as third-degree AV block, high-grade second-degree AV block, sick sinus
syndrome or persistent atrial standstill [1,3,5–10]. Transvenous pacemaker implantation
is a relatively safe and simple procedure. Complications resulting from permanent pace-
maker implantation are well-known in human and small-animal medicine and include

Animals 2021, 11, 746. https://doi.org/10.3390/ani11030746 https://www.mdpi.com/journal/animals6
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lead malposition or displacement, pneumothorax, haemothorax, myocardial perforation,
infection of pacemaker pocket, bacterial endocarditis and venous thrombosis [7,11–13].
In equids, pacemakers are not commonly used and little information is known about the
long-term outcome. Hamir and Reef [14] described the complications and postmortal find-
ings associated with a permanent transvenous pacing device in a horse thirty-four months
after implantation. This article reports a pacemaker implantation in a five-month-old jenny,
the short-term complications after intervention and an eighteen-year follow-up.

2. Materials and Methods
2.1. History and Clinical Findings

A five-month-old African jenny was presented to the Equine Clinic of the Veterinary
University Brno with a history of exercise intolerance and frequent syncopal episodes.
The syncopal episodes had started one month before and their frequency gradually in-
creased. At the time of admission, short syncopal events (5–10 s) were observed approxi-
mately ten times per day.

The jenny was in good body condition (80 kg), bright and alert. Heart rate varied
between 30 and 60 beats per minutes (bpm) and heart rhythm was irregularly irregular.
No heart murmur was heard on auscultation. In both nostrils, a small amount of serous
discharge was noticed. Respiratory rate was 24 breaths per minutes and lung sounds were
normal. Neurological examination revealed no abnormalities. The complete blood count
and biochemistry were unremarkable.

2.2. Electrocardiography and Cardiac Ultrasound

An electrocardiogram (ECG) showed a resting heart rate of 24 bpm with a high-grade
second-degree AV block (Figure 1a). Impulse transmission from atria to ventricles was
variable, with a conduction ratio of up to 13:1. The heart rate increased with physical
activity or during manipulation with the animal. If the sinus rate increased over 80 bpm,
a third-degree AV block occurred and complete atrial and ventricular dissociation was
present. A junctional rhythm of a frequency around 50 bpm was associated with polymor-
phic ventricular complexes (Figure 1b). When the frequency of the ventricles was too low
(pauses longer than 10 s), the syncope had occurred.
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Figure 1. Base apex electrocardiogram of the jenny (a) A high-grade, second-degree atrioventricular (AV) block. Three con-
secutive P-waves are not followed by a QRS complex (b) A complete AV block with an independent atrial and ventricular
rate. The tracing shows polymorphic QRS complexes and the interruption of the ventricular escape rhythm (25 mm/s,
1 cm/mV).

A transthoracic echocardiogram was performed using a 1.5–3.6 MHz transducer (Eub-
6500, Hitachi, Tokyo, Japan). Two-dimensional and M-mode echocardiography did not
reveal gross morphological or functional abnormalities. No valvular regurgitation was
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found; echogenicity of the endocardium and myocardium was normal. On the basis of
these findings, a diagnosis of atrioventricular block of unknown aetiology was established.

3. Treatment
3.1. Medical Treatment

The jenny was treated with phenylbutazone (2.2 mg/kg p.o. q12 h) and box-rested
for 14 days. The incidence of syncopes during the treatment gradually decreased until
they disappeared completely. However, on the ECG, the third-degree AV block was still
present. The medication was discontinued but, on the fourth day after this, the syncopes
reappeared. In view of this fact, the need for a pacemaker implantation was indicated.

3.2. Surgery

The jenny was premedicated with penicillin (30,000 IU/kg i.v.) and gentamicin
(6.6 mg/kg i.v.), along with atropine (0.05 mg/kg i.m.), and placed under general anesthesia
in a lateral recumbency position. Anesthesia was induced with diazepam (0.1 mg/kg i.v.),
butorphanol (0.015 mg/kg i.v.), ketamine (2.2 mg/kg i.v.) and guaiphenezine (25 mg/kg i.v.).
The jenny was intubated using a 14 mm endotracheal tube and anesthesia was maintained
with isoflurane (ET concentration 1.4 vol. % with oxygen as a carrying gas). On the left
side of the neck, the hair was shaven and the skin prepared aseptically. After the skin
incision, which was slightly proximal from the thoracic aperture, vena jugularis sinistra was
prepared. The tip of a unipolar electrode was inserted under ultrasonographic control
through the vena jugularis to the right ventricular apex. Although many attempts were
made, a sufficient stimulation threshold was not found. During the procedure, periods of
asystoly occurred, which were repeatedly resolved by indirect cardiac massage until the
spontaneous heart rhythm was restored. The unipolar electrode was changed to bipolar
with passive fixation (TIR 60 BP, Biotronik, Berlin, Germany). The length of the lead was
60 cm. The tip of the electrode was properly positioned and fastened in trabeculae of the
ventricular myocardium. The proximal part of the lead was ligated to the surrounding
tissue and connected to the pulse generator. A stimulation threshold was found at 0.7 V
and 0.5 ms, with R waves of 7 mV. The pacemaker Kairos S (Biotronik, Berlin, Germany)
was inserted into a subcutaneous pocket, which was created in the prescapular region.
The subcutaneous tissue and skin were closed in a routine manner. The pacemaker was
programmed to VVI mode with a minimal ventricular rate of 40 ppm (pulses per minute),
a pulse amplitude of 4.8 V, a pulse width of 1.0 ms and sensing amplitude 2.5 mV. Ven-
tricular stimulation 1:1 was confirmed by electrocardiography. Recovery from the general
anaesthesia was uneventful.

The next day a mild swelling of the pacemaker surrounding tissue had developed.
ECG confirmed regular heart rate and effective stimulation. Antibiotic and anti-inflammatory
treatment was continued for three days (penicillin 30,000 IU/kg i.v. q8 h, gentamicin
6.6 mg/kg i.v. q24 h, flunixin 1.1 mg/kg i.v. q24 h). The jenny appeared alert and no
syncopal episodes were observed.

Six days after the surgery, an ECG check was performed. It was found that the pace-
maker stimulation was without response and a complete AV block was present. The heart
had intrinsic ventricular activity with a frequency of 53 bpm. Lead dislodgement was
confirmed by measurement of sensing parameters.

Nine days after the first surgery, the jenny was subjected to a second procedure under
general anaesthesia to correct the position of the electrode using the same anaesthetic
protocol. The pacemaker pocket was reopened; the lead was disconnected and its reposition
was guided by echocardiography. The stimulation threshold was found at 0.6 V at a pulse
width of 0.5 ms and R waves of 11 mV. The electrode was connected back to the pulse
generator and the pacemaker returned to the pocket. The pocket was then sutured in layers
and the surgical wound was covered with a sterile dressing. The pacemaker was set to
the same values as written above. Recovery from surgery was without any complications.
The next day, ECG confirmed a full response to the pacemaker stimulation.
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Mild swelling around the pacemaker pocket developed again and, therefore, antibiotic
and anti-inflammatory medication was prolonged. Eight days after the second surgery,
the jenny exhibited lethargy and fever. A complete blood count revealed leukocytosis
(23 × 109/L, reference range 5–14.5 × 109/L). Infection of the pacemaker pocket was
diagnosed. A mild exudation appeared from the wound and a sample was taken for
microbial culture. Staphylococcus aureus resistant to penicillin and gentamicin was isolated,
and the antibiotics were changed to cefquinome (2 mg/kg i.m. q12 h). Wound-cleaning
was provided on a daily basis with povidone iodine solution. The wound secretion
became purulent and the area around the wound was painful; surgical revision was
indicated. The surgery (12 days after pacemaker reposition) was performed under analgo-
sedation (diazepam 0.14 mg/kg i.v., butorphanol 0.01 mg/kg i.v., romifidine 0.02 mg/kg
i.v.). After opening the pacemaker pocket, the pulse generator was disconnected and
removed and the cavity was thoroughly flushed with povidone iodine solution. During this
procedure, unintentional displacement of the electrode occurred and the whole pacemaker
stimulation system had to be removed. The wound was closed with a one position stitch
and left to heal by secondary intention.

Weakness and syncopal episodes occurred again. The jenny was weak and lethargic,
with a heart rate around 50–60 bpm and irregular rhythm. The wound was cleaned
and lavaged with povidon iodine solution daily. Cefquinom and phenylbutazone were
administrated for another 8 days. Wound-healing was satisfactory; the heart rhythm
continued to be irregular.

Sixteen days after removal of the stimulation system, the jenny was subjected to the
implantation of a new pacemaker, which was performed on the contralateral site of the neck.
Surgical procedure was performed in the same way as described above. The pacemaker
pocket was flushed with antibiotic solution (neomycin, bacitracin), and then closed routinely.
Pacemaker Kairos S (Biotronik, Berlin, Germany) was set to VVI mode, a basal rate of
40 ppm, a pulse amplitude of 4.8 V, a pulse width of 1.0 ms and sensing amplitude of 2.5 mV.
The stimulation threshold was 0.7 V at 0.5 ms and with R waves of 10 mV.

Over the following days, the clinical status of the jenny was very good; only mild
swelling at the site of the surgical wound was noticed. Therefore, antibiotic and nons-
teroidal medication was continued for 2 weeks. After that, the pacemaker function was
analysed. Considering the high energy requirement for ventricular pacing, the pacemaker
was reprogrammed to 2.4 V, 0.5 ms and 2.5 mV. The jenny was discharged 3 weeks after
successful reimplantation.

3.3. Follow Up

The jenny was checked every six months to ensure the device was functional and perform-
ing appropriately. After three years, a regular check-up was done every 12 months. The jenny
was used for animal-assisted therapy, prospered well and no side effects were observed.

Eight years later, during the regular check of the pacemaker, it was found that the
pacemaker battery was low and a pacemaker replacement would be required. The jenny
was admitted to the clinic. Its body condition was very good (BCS 7/9), with a heart rate
around 40 bpm, and examination of the blood showed no abnormalities. On echocardiog-
raphy, the lead tip was visible in the right ventricular apex, the lead surface was smooth
and no irregularities or valvular lesions were detected on the tricuspid valve.

A surgical procedure was performed under general anaesthesia (premedication: peni-
cillin 20,000 IU/kg i.v., gentamicin 6.6 mg/kg i.v., flunixin meglumine 1.1 mg/kg i.v.,
induction: xylazine 1.1 mg/kg i.v., ketamine 2.2 mg/kg i.v., diazepam 0.04 mg/kg i.v.,
anaesthesia maintained with isoflurane ET 1.4 vol. %). An incision was made in the skin
above the pocket containing the pulse generator; the pacemaker pocket was opened and the
device exposed. The lead was disconnected from the pulse generator. The old pacemaker
was removed and replaced by the new one (VerityTM ADx XL SC 5056, St. Jude Medical,
Saint Paul, MN, USA). The cavity was closed in layers. Transient bradycardia had occurred
during pacemaker disconnection (for approximately 2 min). The jenny recovered unevent-
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fully. Medication after the procedure included flunixin meglumine (1.1 mg/kg i.v. q24 h)
for 4 days and antibiotics for 7 days (penicillin 20,000 IU/kg i.v. q8 h, gentamicin 6.6 mg/kg
i.v. q24 h). Because a phlebitis developed at the site of the intravenous catheter insertion,
the catheter was removed and antibiotic treatment changed to enrofloxacin (5 mg/kg p.o.
q24 h). The jenny was discharged after 3 weeks. Regular follow-up visits were done at
one-year intervals.

During clinical examination before a routine vaccination 18 years after the initial
implantation, an irregular heart rhythm was noticed. On that account, the jenny was
admitted to the clinic. Physical examination revealed lethargic behavior, bradycardia and
irregular heart rate; other organ systems were normal. Hematologic parameters were within
reference ranges. ECG record confirmed a complete AV block with resting ventricular
frequency 24 bpm and atrial rate around 50 bpm. Echocardiographic examination did
not reveal any abnormalities (Figure 2), except mild tricuspid regurgitation visible in the
color-flow doppler mode.
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Figure 2. Echocardiographic image showing the right parasternal long-axis view. The lead (arrows)
is visible in the right atrium and the right ventricle. The intraventricular part of the lead body shows
slightly irregular surface (RA—rig ht atrium; RV—right ventricle; IVS—interventricular septum;
LA—left atrium; LV—left ventricle).

The pacemaker function was analysed and it was found that a pulse generator ex-
change was needed. The pulse generator was replaced under general anaesthesia, as de-
scribed above. A firm fibrous capsule had developed around the device, so it had to be
opened to expose the old pulse generator. It was replaced with pacemaker Etrinsa 8 DR-T
(Biotronik, Berlin, Germany). A blind connector was inserted to the atrial channel of this
pacemaker. The stimulation threshold was found at 0.9 V and 0.4 ms, with R waves of
8 mV. The pacemaker was programmed to VVI mode, basic rate 45 ppm, pulse amplitude
3.0 V, pulse width 0.4 ms and sensing amplitude 2.5 mV. Before closing the pacemaker
pocket, the cavity was flushed with amikacin solution. Antibiotics (enrofloxacin 5 mg/kg
p.o. q24 h) were administered for 5 days and ketoprofen (2 mg/kg i.v. q24 h) for 2 days.

Eight days after the procedure, a non-painful swelling around the pacemaker pocket
developed. Ultrasonographic examination revealed a seroma formation at the site of
the surgical wound. Non-steroidal anti-inflammatory gel was applied topically and en-
rofloxacin was given orally for 2 weeks. The stitches were removed on the ninth day
after surgery. The wound was clean, without secretion, and the swelling gradually sub-
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sided. Before discharging the jenny, a cardiologic examination was performed (Figure 3).
The pacemaker worked properly; the jenny was reliant on pacemaker stimulation from
86%. Battery lifespan was estimated to be 9 years.
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4. Discussion

In horses, a complete AV block is uncommon and has been associated with inflamma-
tory or degenerative diseases of the myocardial conducting tissues [10,15]. Pibarot et al. [5]
reported a complete AV block in an 8-month-old female Jerusalem donkey, which started
to have syncopal episodes at the age of 5 months. They assumed congenital aetiology in
this particular case, because of the early appearance of the symptoms and the absence
of clinical, haematological, biochemical and echocardiographic signs of chronic or acute
cardiac disease. A familiar history of syncope was reported by Decloedt [16] in one donkey
with several siblings suffering from episodes of collapse, suggesting a hereditary syndrome.
Congenital aetiology could also be considered in our patient, when the onset of clinical
signs started at the age of 4 months. However, partial improvement after phenylbutazone
treatment may be indicative of inflammatory aetiology, although no clinical signs of any
infectious disease were present. Serum troponin I measurement and other diagnostic tests
were not performed due to strict financial constraints.

Symptomatic bradydysrhythmias, such as third-degree AV block, are the major indi-
cations for permanent pacemaker implantation. A transvenous implantation technique in
horses was described in detail by van Loon at al. [2]. Although the standing position is
preferably used in horses [2,4], we decided to perform the surgery under general anaesthe-
sia in lateral recumbency to ensure a better surgical approach and to avoid a collapse of the
patient during the procedure. The jugular vein was used for lead insertion. Positioning
of the lead was guided by echocardiography and the correct position was confirmed by
measuring the electrical characteristics of the lead.

Temporary transvenous pacing is used to avoid a syncope prior to the permanent
implantation of a pacemaker [5,17]. Unfortunately, a temporary pacing system was not
available in our case, and the lack of this equipment resulted in episodes of asystole during
the first surgical intervention.

Although the transvenous implantation of a cardiac pacemaker is a relatively safe and
simple procedure, there could be complications associated with it. Lead displacement is
one of the most common major complications in both dogs and humans [7,11,13,18–20].
In our patient, lead dislodgement occurred in the early postoperative period and required
correction of the lead position because of loss of capture. Thoracic radiography or fluo-
roscopy is used in small animals to verify a change in lead position [17]. Capture failure
in the jenny was confirmed by surface ECG and the measurement of sensing parameters.
The reintervention was performed nine days after the initial pacemaker implantation.

Another major complication in our patient was pacemaker pocket infection. Swelling
and secretion in the surgical wound occurred a few days after lead reposition. The jenny
developed a fever and became lethargic. Despite prolonged antibiotic treatment, the pace-
maker infection worsened. Staphylococcus aureus was isolated from the wound secretion.

Cardiac implantable device infection is a serious problem even in human medicine [13,21].
Early reintervention is reported as a strong risk factor for later development of device
infection [13]. Bacterial inoculation often occurs as a result of bacterial colonisation of
the operative site at the time of pacemaker implantation. The Staphylococcus species from
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the skin may contaminate the wound, most likely during pocket formation, which later
causes pocket infection [13]. The reported rate of infection in dogs varies from 1% to
5% [7,18–20,22], and Staphylococcus spp. is also the most commonly cultured isolate [20,22].
Treatment of the pacemaker pocket infection in our patient included complete system
removal and prolonged antibiotic therapy. The new implantation was performed contralat-
erally, after complete wound-healing.

The jenny was used for animal-assisted therapy and was only ridden by children.
There was no problem with this low-intensity exercise, although the VVI mode does not
allow rate-adaptive pacing. A single-chamber pacemaker was sufficient for this type of mild
exercise and prevented syncopes in our patient. The jenny was never used for breeding.

Follow-up visits to check the pacemaker function should be performed regularly.
Pacemaker batteries are designed to have a predictable lifespan, which can be monitored
by their cell voltage and cell impedance. The lifespan of a pulse generator is largely
dependent on percent pacing, programmed voltage and pulse width and electrical pacing
impedances. Average clinical longevity in human VVI pacemakers is reported to be around
7 years [23,24]. In our patient, the pacemaker checks were performed once a year. Surface
ECG and pacing and sensing parameters of the pacemaker were measured. However,
before the second pacemaker exchange, we missed the pulse generator end-of-life and
the battery was completely discharged. Therefore, it would be advisable to shorten the
intervals of the follow-up visits towards the end of the battery life.

The pulse generator exchange was performed twice at nine-year intervals. The proce-
dure was associated with a localised reaction around the pacemaker device, which was
resolved within a few days. Seroma formation is reported as a common minor complication
in dogs and horses, and usually requires no treatment [2,7,18,19].

Long-term follow-up revealed no abnormalities on echocardiographic examination
and successful pacing and sensing of the ventricle were obtained.

5. Conclusions

This case report describes a successful transvenous pacemaker implantation in a jenny
with a complete AV block. Major complications associated with the procedure were lead
dislodgement and pacemaker pocket infection. However, the long-term outcome was
satisfactory. The jenny showed improvement in heart function and quality of life after
pacemaker implantation.

Regular pacemaker checks should be undertaken to evaluate pacemaker function and
battery condition. A more frequent follow up is necessary as the device approaches the
end of its battery life.
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Simple Summary: Little is known about the passive transfer of immunity in donkey foals and about
the different types of analysis that can be performed to assess it. The aims of the present study were
to evaluate the correlation between IgG Serum Radial Immunodiffusion, Electrophoresis Gamma
Globulins, Electrophoresis Total Protein and the Serum Total Protein analyzed by Refractometry and
by Dry Chemistry Analyzer (Biuret) and to estimate serum IgG concentrations using Serum TP. IgG
Serum Radial Immunodiffusion showed a good correlation with Electrophoresis Gamma Globulins
and a high correlation with Total Protein Electrophoresis, Biuret and Refractometry. All the tests
performed may be a useful to estimate the serum IgG in donkey foals’ blood in the first day of life
using a specific equation.

Abstract: The aims of the present study were to evaluate the correlation between IgG Serum Radial
Immunodiffusion (SRID), Electrophoresis Gamma Globulins (EGG), Electrophoresis Total Protein
(ETP) and the serum total protein (TP) analyzed by refractometry and by a dry chemistry analyzer
(Biuret) and to estimate serum IgG concentrations using serum TP. A total of 36 samples collected at
four different times (birth, 6, 12, 24 h after birth) from nine Amiata donkey foals were evaluated with
SRID, EGG, ETP, serum TP Biuret and refractometry. SRID IgG concentration increased significantly
over time until T12. Serum TP analyzed with refractometry, electrophoresis and Biuret showed a
statistically significant difference between T0 and T6 vs. T12 and T24. A good or strong correlation
was found between different tests performed. Equations to quantify serum IgG were created and can
be used for estimating the donkey foals’ serum IgG in the first day of life. Serum TP refractometry
showed a high correlation with SRID IgG (0.91) which may be a particularly useful and economic
instrument to estimate the transfer of immunity in donkey foals during the first day of life. Further
studies evaluating a high number of animals are needed in order to set specific cut-off values.

Keywords: donkey foals; serum IgG; serum total protein; radial immunodiffusion; refractometer;
electrophoresis

1. Introduction

Despite donkey foals being born with a higher level of circulating antibodies compared
to the equine foals, they still required a good amount of high quality colostrum due to the
type of placentation [1–5]. Donkey placenta is diffuse and epitheliochorial with numerous
microplacentomes consisting of a fetal microcotyledonary and a maternal microcaruncular
part [1]. A well-managed passive transfer of immunity allows the donkey foal to achieve
an adequate serum IgG concentration at 24h of life. The most common consequences con-
nected with low quality colostrum in neonatal foals is sepsis which can manifest in several
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different ways, such as bacteremia, pneumonia, enterocolitis, omphalitis/omphalophlebitis,
meningoencephalitis and septic arthritis [6]. Despite the relevance of these topics, very
few studies evaluated the peripartum field in donkey and no cut-off values have been
reported for the quantification of the transfer of immunity in donkey foals. Based on data
about equine foals, transfer of immunity is considered to be adequate when serum IgG
are ≥ 8 g/l, while partial failure of transfer is considered with serum IgG levels between 4
and 8 g/L and total failure of transfer with < 4 g/L [7–10]. An early detection of partial or
total failure of transfer of immunity is crucial for the health of the donkey foals [7–9].

In equine foals, several tests were used to assess the transfer of immunity and the IgG
concentrations evaluated by the single radial immunodiffusion (SRID) is considered the
gold standard test. However, the SRID test is expensive, needing 18–24 h to obtain results
and it is susceptible to human error during the measurement of the ring diameter. Results
can also vary between the different commercial kits used [11–13]. Electrophoresis can be an
appropriate test for the evaluation of the transfer of immunity, but it is rarely used. Serum
electrophoresis results need only few hours for being ready and they do not differ between
different kits as SRID. Moreover, a recent study showed a good correlation between SRID
and electrophoretic gamma globulins [14]. Other tests used which provide quick results
are the zinc sulfate turbidity, the glutaraldehyde coagulation, and the ELISA-based tests,
such as the Snap Foal IgG test [13,15]. Refractometry represents an inexpensive, rapid, and
accurate test for the failure of transfer of passive immunity (FTPI) evaluation [16–19].

The use of refractometry for serum total protein (TP) evaluation is mainly used in
dairy farms for calves’ immunity transfer assessment [16] while it is rarely used in foals
as an indicator of transfer of immunity [17,18]. Only a few studies have been done to
evaluate the use of the refractometry as indicator of FTPI in foals because the value of
serum TP can be overestimated by high levels of glucose, urea and plasma lipids [19].
Novel, more accurate and less influenced methods to quantify serum TP has been found
recently; serum IgG could be estimated with the use of serum protein concentrations
measured with an automated chemistry analyzer in foals [17]. Compared to serum TP
evaluated with a refractometer the automatic analyzer presented the advantage of not
being influenced by the concentrations of plasma lipids (cholesterol, lipoproteins), glucose,
urea, or excessive ethylenediaminetetracetic acid (EDTA). The disadvantages are the cost
and the low feasibility in the field [17].

Despite the fact that the literature is wide for equine foals, there is a lack of knowledge
about the assessment of transfer of immunity in donkey foals. Studies in different fields
of donkey foal’s neonatology [5,20,21] showed that differences between these two species
exist and are crucial. These considerations make the investigation about other methods,
such as electrophoresis, refractometry and Biuret analysis of some potential interest for the
rapid assessment of passive transfer of maternal antibodies in neonatal donkey foals. Thus,
the aims of the present study were to assess IgG and serum TP at different sampling times,
to evaluate the correlation between IgG SRID, Electrophoresis Gamma Globulins (EGG),
Electrophoresis Total Protein (ETP) and the serum TP analyzed by refractometry and by
dry chemistry analyzer (Biuret) and to estimate serum IgG concentrations using serum TP.

2. Materials and Methods
2.1. Animals

Nine Amiata donkey foals were included in this study. All the donkey foals belong to
the Regional studfarm “Le Bandite di Scarlino” (Grosseto, Italy). The Ethical Committee of
the University of Pisa (Organismo Preposto Benessere Animale, OPBA) approved the study
with protocol number 22/19. An owner’s written consent was also obtained. All the donkey
foals were born at the Veterinary Teaching Hospital “Mario Modenato”, Department of
Veterinary Sciences, University of Pisa during the foaling season 2019–2020. Immediately
after birth all the donkey foals were evaluated with a dedicated APGAR score [22]. All the
donkey foals were fed by their own dam with a good quality of colostrum within the first
3 h of life [23,24]. Colostrum has been evaluated as reported in Turini et al. 2020 [3]. The
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mean ± standard deviation of the colostrum IgG concentration of the 9 Jennies before the
foal’s nursing was 89.32 ± 26.43 g/L. A complete physical examination as reported in [25]
was performed at each sampling time in order to assess the health status of the donkey
foals. Special attention was made to those parameters evaluating the absence of infection.

2.2. Sampling Procedures

Ten mL of blood were collected immediately after birth, before the first colostrum
feeding, (T0), and at 6 (T6), 12 (T12) and 24 (T24) h after birth from jugular vein of each
donkey foal in order to assess IgG and TP concentrations. Samples were harvested in
red-top Vacutainer tubes (10-mL BD Vacutainer glass serum tube, silicone-coated; Becton
Dickinson and Co., Franklin Lakes, NJ, USA) and immediately centrifuged (Legend RT,
Sorvall; ThermoFisher Scientific Inc., Waltham, MA, USA) at 1.565× g for 15 min in order to
collect the serum. The serum samples were then stored at −20 ◦C until the evaluation. The
day of the analysis, the serum samples were defrosted at room temperature and vortexed
for 10 s just before the dilution.

2.3. Determination of Serum IgG and Total Protein

Studies have shown a strong homologue between donkey IgG and horse IgG [26,27].
Because of the lack of a specific SRID for the donkey, and because of the close similarities
of the immune systems of horses and donkeys, a SRID assay specific for horse was used to
analyze IgG colostrum concentrations [26,27]. All the serum samples were analyzed in a
single batch. SRID was performed using a Horse IgG IDRing (R) Test (IDBiotech, Issoire,
France). Test results were determined by comparison with a standard curve prepared
using equine immunoglobulin standards (25, 50, 100 and 200 µg/mL) supplied with the
Kit. Serum samples were diluted 1/150 before IgG determination, as suggested by the
manufactory instruction, because of their high IgG concentrations.

Serum TP was measured using a temperature-compensating digital refractometer
(AR200; Reichert Analytical Instruments, Reichert Inc., Depew, NY, USA). Electrophoresis
gamma globulin (EGG) and electrophoresis total protein (ETP) have been analyzed with a
fully automated electrophoresis instrument (Pretty Interlab, Sebia Company, Rome, Italy).
Concentrations of TP were also measured using a dry chemistry analyser (SAT450, Assel,
Aprilia, Italy) by biuret assay according to the manufacturer’s instructions.

2.4. Statistic Analysis

A G-power analysis was performed in order to calculate the minimum number of
animals that should be included. G-power analysis showed that the minimum number of
animals needed was 4, considering an effect size (Cohen coefficient) of 0.8, an alpha value
of 0.05 and a power of 0.8.

Data for normal distribution were evaluated by the Shapiro-Wilk test. Data on the IgG
SRID, EGG, TP Biuret, TP Refractometry and ETP were analyzed by the following linear
model, using JMP software (SAS Institute Inc., Cary, NC, USA):

yijz = µ + Ti + Az + εijz

where yijz = dependent variables; Ti = fixed effect of the ith time of sampling (T0, T6, T12,
T24); Az = random effect of the zth animal (9 levels); εijz = random residual.

Least-square means with their standard errors were reported, and treatment effects
were declared significant at p < 0.05.

Correlations between IgG SRID, EGG, TP Biuret, TP Refractometry and ETP were
evaluated calculating Pearson’s coefficient; only correlations with a p-value of the linear
model below 0.05 were considered as significant.

The linear contrasts were tested in the first model by the t-test with Tukey’s adjustment
within each parity level.
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3. Results

A total of 36 samples (four sampling times × nine donkey foals) were analyzed. None
of the included donkey foals showed signs of disease or discomfort during the time of the
study. The temperature of the donkey foals evaluated of each sampling time was always
within the normal range [25]. Data were normally distributed.

The mean± standard deviation for each method used at different collection time were
reported in Table 1.

Table 1. Results concerning serum IgG concentrations or total protein concentration evaluated by different methods,
expressed in mean and standard deviation, in a population of nine donkey foals (total of 36 samples) at different collection
time. Legend: IgG—immunoglobulin type G; SRID—serum radial immunodiffusion; EGG—electrophoresis gamma
globulin; TP—total protein; ETP—electrophoresis total protein. Legend: A 6= B 6= C p < 0.05 between values on the same
column; *** = p-value < 0.001.

Hours Post-Partum. n IgG SRID (g/dL) EGG (g/dL) TP Biuret (g/dL) TP Refractometry
(g/dL) ETP (g/dL)

0 9 0.9 ± 0.12 C 0.28 ± 0.15 A 4.44 ± 0.31 B 4.29 ± 0.33 B 4.43 ± 0.32 B

6 9 1.18 ± 0.08 B 0.41 ± 0.25 A 4.80 ± 0.24 B 4.67 ± 0.26 B 4.94 ± 0.44 B

12 9 1.49 ± 0.16 A 0.48 ± 0.31 A 5.58 ± 0.39 A 5.44 ± 0.36 A 5.59 ± 0.38 A

24 9 1.49 ± 0.20 A 0.57 ± 0.25A 5.57 ± 0.44 A 5.46 ± 0.42 A 5.59 ± 0.45 A

All time points 36 1.26 ± 0.29 0.43 ± 0.26 5.1 ± 0.6 4.96 ± 0.61 5.14 ± 0.62

SE 0.049 0.082 0.118 0.116 0.134

p-value *** Ns *** *** ***

Correlation analysis results and p-value between the different methods used for the
evaluation of donkey foals’ serum immunoglobulins and TP were reported in Table 2.

Table 2. Values concerning the coefficient of correlation between different methods for the evaluation of immunoglobulins
type G and serum total protein in a population of nine donkeys. Legend: IgG—immunoglobulin type G; SRID—serum
radial immunodiffusion; EGG—electrophoresis gamma globulin; TP—total protein; ETP—electrophoresis total protein; ** =
p-value between 0.01 and 0.001; *** = p-value < 0.001.

Methods IgG SRID (g/dL) EGG (g/dL) TP Biuret (g/dL) TP Refractometry
(g/dL) ETP (g/dL)

IgG SRID (g/dL) 1.00 ** 0.56 *** 0.89 *** 0.91 *** 0.87

EGG (g/dL) 1.00 ** 0.50 ** 0.52 ** 0.59

TP Biuret (g/dL) 1.00 *** 0.99 *** 0.94

TP Refractometry
(g/dL) 1.00 *** 0.95

ETP (g/dL) 1.00

A strong significant relation between serum IgG SRID and serum TP Biuret (p < 0.0001,
R2 = 0.80) has been found. The value of serum IgG can be calculated using a serum TP Biuret
with the following formula: SRID IgG (g/dL) = −0.90 + 0.42 × TP Biuret value (g/dL).
Additionally, the relation between serum IgG SRID and serum TP Refractometry was
highly significant (p < 0.0001, R2 = 0.82). The value of serum IgG can be calculated using a
serum TP Refractometry with the following formula: SRID IgG (g/dL) = −0.85 + 0.43 × TP
Refractometry value (g/dL). A strong significant relation between serum IgG SRID and
serum ETP (p < 0.0001, R2 = 0.76) has been found. Serum IgG can be calculated using a
serum TP Biuret with the following formula: SRID IgG (g/dL) = −0.80 + 0.4 × ETP value
(g/dL). The confidence interval of each methods investigated was reported in Figure 1.
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Figure 1. Confidence interval of each methods investigated. Internal dashed lines = Prediction lines.
External dashed lines = Confidence lines. Legend: IgG SRID—immunoglobulin type G evaluated
by the single radial immunodiffusion; TP Refractometry– total protein evaluated by refractometry;
EGG—electrophoresis gamma globulin; ETP—electrophoresis total protein.

4. Discussion

In foals, SRID is considered the gold standard method to quantify serum IgG concen-
trations [11,28,29]. However, the SRID method could have a high individual error based
on different interpretations of the precipitin ring. Additionally, results can be influenced by
time of incubation and temperature which might be different based on the SRID assays
from varies manufacturers [11,13,29]. Moreover, due to the lack of studies about validation
of SRID analysis in donkey foals, this technique could not represent the gold standard one
for this species. The aims of the present study were to assess IgG and serum TP at different
sampling times, to evaluate the correlations between IgG SRID, EGG, ETP and the serum
TP analyzed by refractometry and by dry chemistry analyzer and to estimate serum IgG
concentration using serum TP.

SRID IgG concentration increased significantly over time until T12, remaining stable
between T12 and T24. Serum TP analyzed with refractometry, electrophoresis and dry
chemistry analyzer showed a statistically significant difference between T0 and T6 vs. T12
and T24, while no differences were found between T0 vs. T6 and T12 vs. T24. Studies
performed in equine foals recommended determining serum IgG levels at around 18 h of
life [30] or even earlier [31]. The small intestine remains permeable to macromolecules, most
importantly IgG, during the first 18–24 h after birth allowing the absorption of ingested
colostrum antibodies [32]. The most important risk factors for FPTI in the foal include
the delay in suckling time, feeding foal with a low quality of colostrum or the lack of
absorption of the IgG [32]. Thus, knowing as early as possible the level of passive transfer
of immunity in donkey foals leads to a prompt veterinary intervention in case of need and
to a better prognosis [32]. From the results of the present study, we can assume that an
early assessment of transfer of immunity made by total protein evaluation may be done at
around 12 h of life even in donkey foals [30,31].
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Gamma globulins evaluated by electrophoresis showed an increasing pattern over
time, however no statistically significant differences were found between different sampling
times. These results were in line with equine foals in which EGG concentration increased
during the first hour of life, especially between 4 and 8 h after birth [31]. However, the
lack of a statistically significant increase over time is surprising and seems in contrast with
other findings [15]. Despite the number of animals included in the present study being
in line with what was requested by the G-power analysis, increasing the population for
further studies may be indicated. Additionally, EGG performed in donkeys showed a
separation of IgGa from IgGb, while horses presented IgGab and IgGc subtypes [27]. This
characteristic related to the species may have influenced our results.

IgG SRID showed a good correlation with EGG and a high correlation with TP Bi-
uret, TP Refractometry and ETP. Very few studies reported methods comparison for the
evaluation of transfer of immunity in equine foals, and the differences between methods
and statistical analysis approach used made it difficult to compare results between papers.
The coefficient of correlation between IgG SRID and TP Refractometry was slightly higher
in donkey foals (0.91) compared to equine foals (0.85 and 0.73, respectively) [11,18]. The
correlation between EGG and TP Biuret was lower (0.50) in our donkey foals population
compared to a study performed in equine foals (0.93) [14]. This difference may be due
to the evaluation of TP Biuret made in the present study instead of the Biuret gamma
globulins performed in the research of the Swiss colleagues. This difference in methods
may explain the discrepancy between results. The same study also compared IgG SRID
to total globulins made by Biuret analysis which found a correlation of 0.79. Our results
showed a correlation of 0.89 between IgG SRID and TP Biuret leading to preferring the
evaluation of total protein compared to total globulins for immunity transfer assessment in
donkey foals [14].

Results from the present study showed that all the methods used for the serum TP
assessment presented a high correlation between each other and could be used to estimate
serum IgG with the formula found. However, due to the high dispersion around the
regression curve the prediction of plasma IgG concentration can only be made within a
large prediction interval. The predominant immunoglobulin in equids colostrum is IgG,
and FTPI is assessed by the evaluation of IgG in foals’ serum during the first hours of
life [33–35]. As previously said, this is possible only by using laboratory techniques which
may not be feasible for the owners under field conditions. The evaluation of serum TP
levels is usually considered more practical because is cheap, ready to use and not influenced
by operator skills, or environmental conditions (e.g., temperature, humidity, etc.) [19]. Due
to these characteristics, TP evaluated by refractometer is a technique used by farmers for the
evaluation of ruminant neonates [16]. Different equations have been calculated to estimate
serum IgG from total proteins value obtained by different methods. These equations could
be very suitable for owners or clinicians especially when there is no possibility to evaluate
IgG levels by using the gold standard technique.

5. Conclusions

This study suggests a good correlation between IgG SRID, EGG, Biuret TP, Refrac-
tometry TP and ETP. Based on our results, serum TP refractometry showed the highest
correlation with SRID IgG, along with TP Biuret and ETP. Due to its feasibility in the field,
TP refractometry may be a particularly useful and economic instrument to estimate the
transfer of immunity in donkey foals’ during the first day of life. Further studies evaluating
a higher number of animals would be needed in order to set specific cut-off values.
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Simple Summary: The economic importance of donkeys has decreased in Brazil, which has led
to their mass abandonment. Asinine milk production is a potential solution to the reintroduction
of donkeys into the Brazilian social and economic scenario. The milk has nutraceutical properties
that make it valuable for human consumption, and thus a donkey dairy industry is likely to help
stop their abandonment. That said, in any such industry, the welfare of jennies maintained for milk
production must be guaranteed. Few studies have been published measuring the impact of milking
management on the welfare of jennies and foals, and the potential behavioural and physiological
challenges it may cause. It is also unknown whether these animals adapt to the milking routine.
The goal of this study was to assess the impact of separating Pêga jennies from their foals for 2 h on
indicators of welfare. Animal welfare was analysed through behavioural and hormonal assessments,
their potential adaptive responses and effects on milk yield. Few significant alterations were found in
behaviour, salivary cortisol concentrations, or milk yield as a result of the 2-h separation, which could
indicate that the welfare of the animals was not compromised; however, the adaptation of jennies
and foals to separation stress remains to be fully verified. The 2-h separation period, based on the
reported data, is possibly not a stressful experience for the assessed group of Pêga jennies and foals.
The reported protocol, which included frequent positive interactions with the animals, may be useful
to assure acceptable animal welfare levels for donkeys in small-scale dairy production settings.

Abstract: The goal of this study was to assess whether or not a separation period of 2 h is stressful for
jennies and foals, as measured by changes in behaviour, salivary cortisol, and milk production. This
study was reviewed and approved by the Committee for the Use and Care of Animals in Research
(CEUA) of the School of Veterinary Medicine and Animal Science of the University of São Paulo.
Fourteen multiparous Pêga jennies (245 kg average body weight) and their foals were assessed from
day 45 to 135 of lactation. Dams and foals were separated for 2 h prior to milking. Behavioural
assessments and saliva samples were collected before and after separation, every 15 days, resulting in
14 samples per individual animal. Behavioural states (affiliative and inactivity) and events (agonistic,
abnormal, eliminative and vocalisations) of the jennies were observed during 6 min in both periods.
Moreover, milk yield was measured. Few significant behavioural and salivary cortisol changes
were observed, and milk yield was not affected by cortisol levels in response to the separation. The
2-h separation period, on the basis of the collected variables, did not appear to be stressful for the
assessed group of Pêga jennies or foals; however, their ability to adapt to milking routine stress
remains to be investigated.

Keywords: animal welfare; behaviour; donkey; cortisol; milking management
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1. Introduction

Donkeys have been losing their relevance in Brazilian social and economic scenarios,
having been less used in recent decades in their traditional role as animals of draft and
burden. This trend can be ascribed, essentially, to the diffusion of mechanisation in
agriculture [1], and the subsequent decrease in the number of donkeys used on rural
properties. As a result, they have been omitted from official data and statistics collected
by the Brazilian government [2], and their abandonment has been intensified, leading to
increasing numbers of wandering animals with compromised welfare [3].

There are three registered Brazilians donkey breeds: Nordestino, Paulista, and Pêga [4].
Out of these breeds, the Pêga has been most developed for its genetic potential. It was
developed in Brazil in 1810 [5], and is composed of medium sized donkeys, primarily
bred to supply the market with mules [6]. Pêga donkeys are most commonly found in the
Southeast region, and although they have a clear economic importance, productive donkey
farms in Brazil are scarce and these animals are still generally left out of the social and
economic scenario in the country.

In other countries, such as France and Italy, donkeys are still valued because of their
milk which is used for human nutrition [7,8]. Asinine milk possesses similar chemical
and organoleptic qualities to human milk [7,9], representing one of the best nourishment
options, besides maternal milk, for human babies [10] that cannot be breast-fed and for
consumers suffering from cow milk protein allergies [11,12]. The milk of Brazilian Pêga
donkeys may have similar nutritional potential to that of Italian and French breeds, and
thus their use for sustainable, high welfare, donkey dairy production is a possible means
of reintroducing donkeys as an important species in the Brazilian socioeconomic scenario.
The use of animals for milk production must guarantee their welfare. There is a limited
number of studies regarding stressors that trigger physiological and behavioural changes,
generated by the milking management in donkeys [13].

The milk storage capacity in this species is low (less than 2.5 L) [14], thus milk
production is dependent on its removal from the mammary gland, generally by milking
or suckling. In the latter, milk ejection is triggered by a foal’s sucking, which triggers the
release of oxytocin that in turn induces the contraction of myoepithelial cells [15]. Milking
of jennies by humans, in terms of both human and animal safety and for optimal milk
extraction, is more manageable when foals are not physically present [16].

In order to achieve efficient milking, jennies must be milked after 2 to 3 h of physical
separation from their foals [17]. Long intervals between milking events may cause a rise in
intra-udder pressure, inducing early cessation of glandular activity [18], due to the udder
size and its low storage capacity. Therefore, donkeys may need to be milked multiple times
a day [19].

The social structure of donkeys is composed of a territorial-based system [20–22],
with complex hierarchies within groups [23]. The only permanent bond among donkey
social structures is between jennies and their foals [24].

In precocious animals such as donkeys, the neonatal period is characterized by intense
interactions between mothers and newborns, which are important for bonding and allow
for the development of autonomy in the offspring, including motor, sensorial and cognitive
processes [24]. In natural conditions, jennies begin approaching their foals less frequently
after the first day post-partum, grazing at further distances while the foals rest and allowing
them to interact with other animals [25]. During the first five days of life, donkey foals
suckle every 3 to 10 min, and every 20 to 30 min by the 10th day [26]. In mule foals,
the suckling frequency between 4 and 17 weeks varies between two and three bouts per
hour [27].

Behavioural and social impairments have been reported in ungulates separated from
their mothers for 2.5 h after birth [28,29]. The separation between jennies and foals may
be stressful [30,31], and these animals could respond via behavioural and physiological
changes [32]. When the restoration of homeostasis in response to a stressor is difficult,
such as when animals cannot move to a more favourable environment, they may express

23



Animals 2021, 11, 178

behavioural signals such as vocalisations [33], stereotypic behaviour [34], increased inactiv-
ity [35–37] and altered social interactions [38]. Behavioural responses facilitate physiological
adaptations, which may manifest via the activation of the autonomous nervous system and
neuroendocrine system [39]. The stimulation of central circuits involving the amygdala,
hypothalamus and periaqueductal gray (PAC) result in an increased frequency of eliminative
behaviour [40], and increased releases of corticotropin-releasing factor (CRF), from the hy-
pothalamus, and adrenocorticotropic hormone (ACTH), from the pituitary gland culminate
in an increase in the secretion of glucocorticoids, such as cortisol [41], from the adrenal glands.
Alveolar milk ejection could also be altered by fear or stress, due to the influence of these
endocrine factors on oxytocin concentration and myoepithelial contraction [42,43].

To our knowledge, there are no scientific studies concerning the adaptive responses
of jennies and foals to repeated separation and milking procedures, and so it is crucial
to determine their behavioural and physiological changes when exposed to this routine.
Therefore, further investigations assessing the welfare effects, if any, of milking procedures
on dairy jennies and their foals are required.

This study aimed to investigate whether a separation period of 2 h in a manual
milking system is stressful for Pêga jennies and foals, i.e., whether it generated changes
in behaviour, or caused changes in salivary cortisol concentration and milk production,
and thus, if the use of donkeys for sustainable, high welfare, donkey dairy production is
a model for their economic reintroduction in Brazil. For this purpose, a manual milking
protocol was proposed and implemented.

2. Animals, Materials and Methods

This study was reviewed and approved by the Committee for the Use and Care of
Animals in Research (CEUA) of the School of Veterinary Medicine and Animal Science of
the University of São Paulo, under the protocol number CEUA 8696141117 (ID 007216).

2.1. Animals, Housing and Management

The study was conducted in Criatório Ximbó, a donkey farm in the city of Laranjal
Paulista in the state of São Paulo, Brazil. The city of Laranjal Paulista is located at an
altitude of 536 m, at the coordinates 23◦02′59” latitude South and 47◦50′12” longitude West.
The local climate is humid subtropical (Köeppen–Geiger classification), the yearly average
temperature ranges from 13 ± 4.9 ◦C to 31 ± 4.7 ◦C, and the yearly average pluviosity is
around 1177 mm.

On the farm, donkeys are kept in a semi-intensive system, and receive nutrition
composed of native foliage and Brachiaria decumbens, as well as alfalfa hay supplementation.

The donkeys on the farm are kept in pastures during the day and are moved to stalls
of 24 m2 stalls (6 m × 4 m) overnight, in stable groups of 3 (Stall 1, 8 m2 allowance per
jenny) to 4 jennies (Stall 2, 6 m2 allowance per jenny) and their foals in each stall. In the
morning, they are released by simply opening the stall door. All animals assessed in this
study were habituated to this daily routine.

The farm had no dairy production activity, and the 60 Pêga jennies on the farm were
used for reproduction. Fourteen multiparous Pêga jennies (245 kg average body weight)
were studied from day 45 to 135 of lactation. Of the fourteen jennies assessed, seven foaled
in February 2018 and were assessed until June, and seven foaled in May and were assessed
until September of the same year. No milk was collected during the first month of each
foal’s life as it was used exclusively for their nutrition in the month of June, around day
135 of lactation for the first group and day 45 of lactation for the second group, all fourteen
jennies and their foals were assessed at once, resulting in some animals being separated for
up to 3 h.

For data collection, the established groups of jennies were maintained and minimal
changes to the already established farm routine were made.
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2.2. Experimental Design

On each data collection day, while still inside of the pens, together with their group,
the behaviour of jennies in Stall 1 was assessed and saliva was sampled from both jennies
and foals. The animals were then separated for 2 h. The same procedures were repeated in
Stall 2. In order to separate them, two people stood at the stall door and allowed the jennies
to pass through while impeding the foals from following. The jennies were stimulated to
leave the stall using visual and sound cues, such as raising hands and clapping, and the
foals were stopped by standing in their path. During the separation period, the jennies
were loose on the farm, while the foals were kept inside of the group stalls with no visual
contact with their dams. Information regarding the stall of each animal, as well as the exact
time of release from the stalls, was recorded on each data collection day in order to keep
the groups and separation times constant throughout the study.

After 2 h of separation, the jennies were led, one by one, to the milking parlour. This
was the first instance they were restrained, utilising a halter and loose lead rope to keep
them from leaving the parlour. At this time, their respective foals were brought to the
milking parlour from the stalls, in less than one minute, marking the end of the separation
period. The jennies’ behaviour was then assessed, and saliva samples were taken from
both jennies and foals. The foals were not restrained, but were stopped from suckling by
placing a hand between their mouth and the dam’s teat.

It was observed that, from the third collection day onwards, for both the February and
May groups, the jennies tended to wait at the milking parlour by the end of the separation
time, and did not need to be brought back from elsewhere on the farm.

During milking, an additional safety measure was taken by firmly tying a lead rope to
their hind limb and securing it to a fence. The milk yield was noted.

Separation of jennies and foals took place at 10:00 am. Saliva samplings were conducted,
before separation, between 8:50 am and 9:50 am, and after separation, between 12:00 pm and
2:00 pm.

Behavioural assessments and saliva samplings were performed from day 45 to 135
of lactation, totalling 14 assessments per animal. All data were collected every 15 days,
to assess the possible adaptation of these animals to the stress generated by the milking
management routine.

2.3. Behaviour Assessments

For the behavioural assessments, jennies were identified with ribbons of different
colours attached to their necks. The protocol used for behaviour assessment was focal
sampling with continuous recording, performed directly by two trained assessors utilising
a check sheet.

The occurrence of behavioural states (long-duration behaviours such as prolonged
activities, measured in time intervals between the beginning and end of each episode) and
events (instantaneous or short-duration behaviours) were observed in the jennies in the
pre- and post-separation periods and were later evaluated.

The observed behavioural states were affiliative behaviour and inactivity, and the
events were agonistic, abnormal and eliminative behaviours, as well as vocalisations. These
behavioural categories were chosen as they could be affected by the presence of a stres-
sor [33–38], and various aspects of behaviour were assessed in order to paint a complete
picture of any alterations the jennies exhibited between the pre- and post-separation assess-
ments. It was expected that, if these animals were stressed by the separation, the duration
of these behavioural states would be altered with potential increases in inactivity [35–37]
and decreases in affiliative behaviour [38] post-separation, and the frequency of occurrence
of these behavioural events would increase post-separation [33,34]. For these assessments,
recording sheets based on an experimental ethogram, developed in this study, were used
(Table 1). All observations yielded focal observation data from each animal, with a 6-min
duration for each jenny in each assessment [44].
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Table 1. Experimental ethogram utilised to assess jennies’ behaviour.

Affiliative

Mutual grooming Behaviour in which two donkeys use their teeth to simultaneously nibble any of each
other’s body parts.

Licking Licking any part of the body of another donkey.
Body sniffing Sniffing the neck, withers, flank or tail of another donkey which may or may not reciprocate.

Approaching Moving to within 1 m of another donkey that does not immediately move away and staying
there for at least 10 s without initiating physical contact with it.

Touching Touching another donkey at the neck or head, which may or may not reciprocate.

Agonistic

Kicking Rapid lifting of one or both hind limbs off the ground, directed towards another donkey or the
observer, in an attempt to hit them, with the ears laid back.

Pushing Pressing head, neck, chest or shoulder against another donkey, making them move away.

Chasing Rapid movement toward another donkey and pursuit for a distance of over three body lengths,
with the ears laid back, head raised and mouth closed.

Biting Extension of head and neck towards another donkey, with the ears laid back, head raised and
mouth open, closing teeth on its body.

Fighting Pursuing another donkey for a distance of over three body lengths, with ears laid back, head
raised and mouth open, attempting to close teeth on its body.

Abnormal

Biting the stalls or structures Grasping of structures with incisive teeth, which may be followed by simultaneous arching of
the neck and sucking of air (cribbing).

False licking Behaviour in which the animal slowly places its tongue on the borders of the stall or trough
while keeping it still and stiff, so the action does not represent true licking.

Pawing Vigorous and persistent stomping of limbs on the ground.

Eliminative

Urinating Elimination of urine.
Defecating Elimination of faeces.

Vocalisations

Vocalisations Expression of vocal communication, such as whinnies, snores, snorts, groans or screams.

Inactivity

Inactivity Absence of movement or other actions.

Behaviours considered abnormal were biting the stalls or structures, false licking and
pawing. Eliminative actions were urinating and defecating [45].

The recorded vocalisations included various types of vocal communication sounds,
such as whinnies, snores, snorts, groans and screams [33].

Social interactions were divided between affiliative and agonistic according to the
performed action and response of the receiving animal. In the absence of signs of aggres-
sion [46], interactions were considered affiliative, and behaviours linked to aggression were
considered agonistic. The observed affiliative interactions were grooming, licking, sniffing,
approaching and touching [46,47]. Agonistic interactions were kicking, pushing, chasing,
biting and fighting [36]. All social interactions were performed between jennies and foals
or other jennies.

After the behavioural assessment of the jennies, saliva was sampled from all animals
in the pre- and post-separation periods.

2.4. Saliva Sampling

Saliva samples were collected from each animal using an individual sampler devel-
oped for this study, which did not require the animals to be restrained. For the jennies,
the collector was made of ground rapadura (sugarcane candy) wrapped in gauzes and a
cotton string. The inclusion of rapadura was necessary to stimulate saliva production in the
jennies. For the foals, only gauzes and cotton strings were used.
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The samplers were presented to all animals by holding them stretched, and both
jennies and foals voluntarily approached the assessors to chew on the samplers. Sometimes,
the samplers were secured to the animals’ necks with the cotton strings, while the procedure
was carried out on the rest of the animals.

Jennies and foals chewed the collectors for 2 min, after which the strings were cut
and discarded, and the gauzes were placed in 15 mL Falcon tubes with their respective
identifications. The tubes were stored in sealed styrofoam boxes lined with reusable gel ice
packs.

2.5. Milking

Milking procedures began with the cleaning of the jennies’ udders and teats with soap
and water and drying with paper towels. They were milked manually.

The milking stopped once the udders were fully emptied, after which they were
cleaned and dried again. After these procedures, each teat was submerged in a post-
dipping solution (Dermasoft 2.5%, composed of Povidone-iodine (2.5 g) and purified water
(100 mL)) for at least 15 s.

Milk yield was noted for each jenny on every assessment day.

2.6. Salivary Cortisol Analysis

The 15 mL Falcon tubes containing the saliva from jennies and foals were stored at
–20 ◦C until the salivary cortisol analysis, which occurred between June 2018 and May
2019. For storage, the samples were thawed in the fridge and extracted from the gauze
via centrifugation. The gauzes containing the samples were centrifuged for 15 min at
1000× g, and the extracted fluids were placed in 1.5 mL microtubes. These were then
frozen again until analysis. The analysis was performed by trained professionals following
EIA protocols, developed and validated by previously reported publications [48,49].

Additionally, rapadura was added to a standard curve, and no effect was observed in
the performance of the assay.

2.7. Data Analysis

The data for the affiliative and inactivity behaviours were studied through the Poisson
distribution, according to the PROC GLIMMIX of SAS, utilising a randomised block design
with repeating measurements for the duration of occurrence of the observation in question,
over time. Blocks were defined by the days of lactation. The model includes the effect of
observation time in two different periods (before and after separation).

Data from the events of the behavioural categories agonistic, abnormal, eliminative
and vocalisation were studied through the Poisson distribution, according to the PROC
GLIMMIX of SAS, utilising a randomised block design with repeating measurements over
time. Blocks were defined by days of lactation. The model includes the effect of observation
time in two different periods (before and after separation).

For the salivary cortisol data, the Shapiro–Wilk test was conducted to analyse the
normality of the residues, and the fixed effects were analysed by PROC GLIMMIX. The
studied model included the effects of observation in two different periods (pre- and post-
separation).

The milk yield data were analysed in a randomised block design. The statistical
model considered the day of lactation to be a fixed factor and the animal (block) effect
to be a random factor, defined by the RANDOM command. Fisher’s Least Significant
Difference was used when the fixed factors were significant for both analyses. The PROC
CORR procedure was used for determining the Pearson correlation between milk yield
and salivary cortisol concentration for the jennies.

All analyses were done in the Statistical Analysis Software 9.4 (SAS) [50]; the adopted
significance level was set at p <0.05.
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3. Results
3.1. Behaviour

The frequency of occurrence of abnormal behaviour, vocalisation, eliminative be-
haviour and agonistic behaviour of jennies on day 45, 60, 75, 90, 105, 120 and 135 of
lactation, before and after 2 h of separation from their foals for manual milking, are pre-
sented in Figures 1–4.

Figure 1. Mean frequency and standard deviation of occurrence of abnormal behaviour from jennies,
before and after 2 h of separation from their foals for milking, on day 45 (p = 0.99), 60 (p = 0.99), 75
(p = 0.99), 90 (p = 1.00), 105 (p = 0.99), 120 (p = 0.99) and 135 (p = 1.00) of lactation.

Figure 2. Mean frequency and standard deviation of occurrence of abnormal behaviour from jennies,
before and after 2 h of separation from their foals for milking, on day 45 (p = 0.99), 60 (p = 0.99),
75 (p = 0.99), 90 (p = 1.00), 105 (p = 0.99), 120 (p = 0.03) and 135 (p = 0.09) of lactation. * indicates a
statistically significant difference between frequencies.
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Figure 3. Mean frequency and standard deviation of occurrence of eliminative behaviour from
jennies, before and after 2 h of separation from their foals for milking, on day 45 (p = 0.99), 60
(p = 0.99), 75 (p = 0.99), 90 (p = 0.99), 105 (p = 0.99), 120 (p = 0.99) and 135 (p = 0.99) of lactation.

Figure 4. Mean frequency and standard deviation of occurrence of agonistic behaviour from jennies,
before and after 2 h of separation from their foals for milking, on day 45 (p = 0.99), 60 (p = 0.99), 75
(p = 0.99), 90 (p = 0.99), 105 (p = 0.69), 120 (p = 0.40) and 135 (p = 0.40) of lactation.

Statistically significant differences were found for the frequency of vocalisations
(p = 0.03) from jennies, on day 120 of lactation. No significant differences were found for
the frequency of abnormal, eliminative or agonistic behaviours throughout lactation.

The duration of occurrence of affiliative behaviour and inactivity of jennies on day 45,
60, 75, 90, 105, 120 and 135 of lactation, before and after 2 h of separation from their foals
for manual milking, are presented in Figures 5 and 6.
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Figure 5. Mean duration and standard deviation of occurrence of affiliative behaviour from jennies,
before and after 2 h of separation from their foals for milking, on day 45 (p = 0.99), 60 (p = 0.99), 75
(p = 0.99), 90 (p = 0.99), 105 (p = 0.99), 120 (p = 0.99) and 135 (p = 0.99) of lactation.

Figure 6. Mean duration and standard deviation of occurrence of inactivity from jennies, before and
after 2 h of separation from their foals for milking, on day 45 (p = 0.99), 60 (p = 0.99), 75 (p = 0.99), 90
(p = 0.99), 105 (p = 0.44), 120 (p = 0.07) and 135 (p = 0.11) of lactation.

No significant differences were found for the duration of affiliative behaviour and
inactivity from jennies throughout lactation.

3.2. Salivary Cortisol Concentration

The salivary cortisol concentration of jennies on day 45, 60, 75, 90, 105, 120 and 135
of lactation, before and after 2 h of separation from their foals for manual milking, are
presented in Figure 7.
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Figure 7. Mean and standard error of salivary cortisol concentration of jennies before and after 2 h of
separation from their foals for milking, on day 45 (p = 0.41), 60 (p = 0.40), 75 (p = 0.94), 90 (p = 0.79),
105 (p = 0.44), 120 (p = 0.77) and 135 (p = 0.02) of lactation. * indicates a statistically significant
difference.

A statistically significant difference between salivary cortisol concentrations of jennies
before and after separation was found on day 135 of lactation (p = 0.02), but not on day 45,
60, 75, 90, 105 or 120 of lactation (p > 0.05).

The salivary cortisol concentrations of foals on day 45, 60, 75, 90, 105, 120 and 135
of lactation, before and after 2 h of separation from their dams for manual milking, are
presented in Figure 8.

Figure 8. Mean and standard error of cortisol concentration of foals before and after 2 h of separation
from their dams for milking, on day 45 (p = 0.19), 60 (p = 0.63), 75 (p = 0.03), 90 (p = 0.82), 105 (p = 0.62),
120 (p = 0.61) and 135 (p = 0.64) of lactation. * indicates a statistically significant difference.

A statistically significant difference between salivary cortisol concentrations of foals
before and after separation was found on day 75 of lactation (p = 0.03), but not on day 45,
60, 90, 105, 120 and 135 or lactation (p > 0.05).
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3.3. Milk Yield

The average milk yield of the Pêga jennies was 566.4 ± 205.2 mL/animal/milking.
There was no correlation found between the milk yield and salivary cortisol concen-

tration pre- or post-separation (Table 2).

Table 2. Correlation between milk yield and salivary cortisol concentrations of jennies pre- and
post-2 h of separation from their foals.

Milk Yield (mL/day)
Cortisol before
2 h Separation

(nmol/L)

Cortisol after 2 h
Separation
(nmol/pL)

Milk yield (mL/day) 1.00 −0.131 −0.044

Cortisol before
2 h separation (nmol/L) 1.00 0.432

Cortisol after
2 h separation (nmol/pL) 1.00

4. Discussion
4.1. Behaviour

Behavioural observation is considered the most reliable and immediate way to assess
the perception and interaction of an animal with its environment [51]. However, the social
behaviour of donkeys has not been sufficiently studied [35].

In this study, foals were separated from the jennies for milking management starting
at 45 days of age. It is likely that the age-dependent reduction in the proximity between
jennies and their foals partially explains the small behavioural responses reported in this
study [25].

Additionally, jennies and foals were allowed to remain in physical proximity and
maintained vocal communication, as the jennies were aware of the location of their foals
during the separation period. Donkey foals begin drinking water and graze by themselves
at four weeks of age [26], and mule foals have been observed at distances of 50 to 100 m
from their dams starting from the 3rd week of life, and distances of over 100 m after the
11th week [27].

The increase in the frequency of vocalisations post-separation on day 120 of lactation,
in comparison to the pre-separation period, may have been generated by various factors.
Vocalisations are important to maintain the interactions between jennies and their foals,
e.g., to signal the start of nursing bouts or direct the activities of the foal [25], and the
increase might represent the fact that the animals were not in visual contact. It is known
that equines utilise vocal communication to express many emotional states, ranging from
curiosity, playfulness, and anticipation to distress signals, discomfort, frustration, and
stress [23]. As this increase was only observed on one assessment day, it is not possible to
determine if the increased frequency of vocalisations were a response to potential stress
from the 2-h separation period, or an attempt to communicate in the absence of visual
contact. The relevance of vocalisations as indicators of emotionality in animals must be
analysed together with the other parameters.

The absence of significant differences in behavioural measures may indicate that
both jennies and foals coped with the 2-h separation period with biologically accept-
able responses that maintained good levels of animal welfare. When faced with routine
changes, external stressors, or poor welfare conditions, animals tend to demonstrate be-
havioural signs such as a rise in inactivity [25–27], elevated frequency of urination and
defecation [43,44], altered social interactions [28] and a rise in abnormal behaviours [26].

Animals also tend to perform greater amounts of abnormal and agonistic behaviour
when responding to adverse situations, which may relate to stressors caused by housing
problems and/or improper handling [26]. Changes in the environment and activities
performed by the animals may generate alterations in the social environment [45,46]. Such
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changes were not observed in the present study, in which management alterations and
separation between dams and foals for 2 h did not significantly impact social behaviour.
The study population of purebred Pêga donkeys is unique as they encounter a wealth
of human–animal interactions throughout all developmental stages, which may have
mitigated their responses.

It is important to mention that the absence of alterations in social behaviour of the
jennies in this study may be explained by the fact their social groups were not changed,
minimising potential conflicts related to hierarchy, and might also indicate that the 2-h
separation from their foals did not challenge social stability.

Affiliative behaviours among equids provide several social benefits [47]. Some known
affiliative behaviours described for equines are mutual grooming, touching between the
muzzle and body, playing, approaching, and following [36,49], though the occurrence of
grooming and greeting are considered rare in wild jennies [48]. The occurrence of these
actions is influenced by age, reproductive stage, hormones, social structures, and ecological
conditions [47,49,50], and their quality and quantity may also be altered according to
the quality of their habitat. Animals may display an increased frequency of affiliative
behaviours to ease tensions or in situations of low perceived risk; contrarily, they may
decrease their frequency to avoid imminent conflicts or in risky situations [47].

The results presented here may indicate an absence of stress in jennies when separated
from their foals for 2 h, but further investigations are needed in regard to the normal social
behaviours of donkeys and how they vary in response to adverse situations.

Even though no significant behavioural alterations were observed in the post-separation
periods, further investigations are required in respect to the affiliative, agonistic, abnormal,
and eliminative behaviours and inactivity in order to determine if the 2-h separation is
a stressor for these animals. The study is unique in that it monitored the responses of
purebred Pêga jennies and their foals. The animals were handled on a routine basis for
other purposes, and this could have mitigated the response to the separation.

4.2. Salivary Cortisol Concentration

Cortisol was measured from saliva. This collection method is non-invasive [51–54]
and reflects the biologically active portion of the total circulating concentration [52,53,55].
It is thus less likely to induce increases in cortisol concentration when compared to plasma
cortisol sampling [54,56,57]. The aversive stimuli of drawing blood in dairy jennies may
cause more intense stress than milking [31]. Significant differences between pre- and
post-separation samples were only observed from jennies on day 135 of lactation, and
from foals on day 75 of lactation. On all other assessment days, no significant differences
between pre- and post-separation samples were observed. The significant rise in cortisol
concentration in jennies after separation on day 135 of lactation, when compared to before
separation, might have been the result of changes in management, which caused some
animals to remain separated for longer than 2 h.

Few studies regarding the response and adaptation of jennies to milking have been
performed [13,31], and no significant variance has been found in salivary cortisol concentra-
tions before and after milking, even though donkeys can show great reactivity to milking
procedures [13].

The average concentration of salivary cortisol from jennies, before milking was
790 pg/µL (217.93 nmol/L), taken between 9:00 am and 10:00 am, and 840 pg/µL
(231.72 nmol/L), taken between 12:00 pm and 2 pm, before and after separation, respec-
tively. The sampling period can alter salivary cortisol concentrations, which can reach
values of 531.72 nmol/L when taken after milking [13]. In non-pregnant mares, basal
salivary cortisol concentrations vary between 110.34 nmol/L and 331.03 nmol/L [58].
Significant differences have been reported between salivary cortisol concentrations of
donkey stallions and equine mares or geldings [59,60], which have been ascribed to species
variation [56].
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The time of day in which samples are taken also affects results, due to circadian
rhythms. Cortisol concentrations follow a clear diurnal pattern in horses, with the highest
concentrations in the morning and the lowest in the late afternoon and evening [58,61–63].
This trend has also been observed in donkeys, with high plasma cortisol levels found in
jennies milked at 8:00 am and lower values in groups milked at 4 pm [31].

As salivary cortisol levels were not measured throughout the day without routine
changes, in the present study, and the circadian rhythm may influence basal cortisol levels,
it is uncertain whether the absence of significant difference between cortisol levels before
and after separation and milking is due to the absence of stress for the animals or lower
basal levels at later times of the day [31].

It has been stated that inherent diurnal rhythms can be easily disturbed by minor
challenges [59,61] and factors such as weather and ambient temperature, and interactions
within groups may cause transient alterations [59]. Experimentally induced increases in
salivary cortisol are often relatively small, and hardly exceed the range of physiological
variations [54]. More research is needed regarding the variations in cortisol level in jennies
according time of day and seasons of the year [13,31,56].

In horses, stressful events like separation from conspecifics acutely stimulates cortisol
release [62,64], but they quickly habituate to these situations, and there are no lasting
effects on diurnal rhythm. Furthermore, repeated stressful events also result in subsequent
decreased cortisol levels [60].

The average concentration of salivary cortisol from foals before the separation from
their dams was numerically higher than those of jennies, in agreement with studies per-
formed in horses, which reported higher cortisol levels in suckling foals compared to their
dams [59]. The elevated levels of cortisol in foals may be due to immaturity, following the
same pattern found in gilts and humans [65–67], in which cortisol levels are initially high
and gradually lower while forming a circadian rhythm.

The fact that the 2-h separation period, in all but two assessments, did not generate a
significant difference between pre- and post-separation salivary cortisol concentrations in
jennies or foals may indicate that this interval was not a stressful factor capable of altering
the HPA axis, and may not compromise the welfare of the animals involved. Therefore, the
ability of jennies and foals to adapt over time in response to stress remains unclear.

4.3. Milk Yield

The milk yield data differ from other studies, which, working with jennies of the
Pêga breed in an extensive farming system in the drought season and without nutritional
supplementation, reported an average milk yield in two daily milkings of 0.614 kg/day [68].

Ragusana donkeys receiving hay ad libitum and 3.5 kg feed/day have higher yields
than those reported in this study, ranging from 0.56 to 0.59 kg/milking, from two and
eight milkings, respectively [18]. This suggests that the difference in milk production of
the different breeds could be linked to their diet [69].

The ejection of alveolar milk may be altered by stress, due to oxytocin concentration
changes and myoepithelial contraction [42]. Jennies submitted to milking without previous
training show lower milk yield when compared to jennies previously habituated to milking
management, possibly due to reduced oxytocin supply via vasoconstriction or blocking of
its receptors in the myoepithelial cells of the udder alveoli [13]. If we consider the density
of Pêga asinine milk to be 1.03 g/mL [69], the milk yield was 0.6 kg/animal/milking,
which represents approximately 0.25% of the jennies’ average body weight. Since these
animals may be milked two [10] to eight times a day [18], the total milk yield from these
jennies may be up to 4.8 kg/animal/day.

Milk yield remained constant for all animals after the 2-h separation period on all
days of lactation, and there was no correlation between the volume of milk produced and
cortisol concentration pre- and post-separation, thus separation was not a stressor that
impaired milk ejection. However, many other factors can alter milk ejection, and must be
considered before concluding that there was no stressor present during the 2 h separation.

34



Animals 2021, 11, 178

It is important to consider the fact that the animals had interactions with humans on
a regular basis and some of the management practices involved short-term separation of
jennies and foals.

5. Conclusions

The results presented in this study show that the behavioural categories assessed for
the jennies were only mildly altered by the 2-h separation from their foals. The only be-
havioural variable that showed significant changes was vocalisation frequency, which may
express social signalling in the absence of visual contact, and this was only observed on
one assessment day.

The 2-h separation period also failed to generate significant changes in the majority
of salivary cortisol concentration levels of jennies or foals, with the exception of one
assessment in each animal category. Therefore, it does not appear to be a stressor capable
of altering the HPA axis. Additionally, there was no apparent relationship between milk
ejection and salivary cortisol concentrations.

We acknowledge several limitations to this study, such as the absence of a control
group, the lack of true measures of basal salivary cortisol, and the low quantity of milk yield
measurements to support more robust conclusions. Behavioural observations of foals will
enhance our understanding of the impact of separation on their welfare. Further research
is needed to determine whether the separation of these animals is indeed a stressor that
could result in severe welfare problems. Additional studies are also required to determine
the long-term consequences of the separation event, as well as the results of more frequent
separation periods, on the lifelong trajectory of these animals.

Considering these results, it is important to emphasise that they are limited to one
group of purebred Pêga jennies and foals in Brazil. It is possible that their responses were
confounded by the fact that these animals were handled non-aversively on a regular basis.
We hope that this study is useful to people interested in milking donkeys.
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Simple Summary: The prediction of sperm output and other reproductive traits based on testicular
biometry is an important tool in the reproductive management of stallions. Nevertheless, correspond-
ing research in donkeys remains scarce. Several donkey breeds in Europe face a compromising threat
of extinction, which has been accelerated by the low renovation of populations and their inbreeding
levels. Although research on female reproductive physiology has made crucial advances, much
less is known about the physiology of the male. In the present work, two Bayesian models were
built to predict for sperm output and quality parameters in donkeys. Models included combinations
of age as a covariate and biometric and testicular measurements as independent factors. Results
evidenced that the goodness-of-fit was similar for both models—hence, the combination of biometry
and testicular factors presented improved predictive power. The application of these models may
assist in the process of making decisions in respect to the reproductive/biological, clinical, and
selection handling of the animals.

Abstract: The aim of the present study is to define and compare the predictive power of two different
Bayesian models for donkey sperm quality after the evaluation of linear and combined testicular
biometry indices and their relationship with age and body weight (BW). Testicular morphometry
was ultrasonographically obtained from 23 donkeys (six juveniles and 17 adults), while 40 ejaculates
from eight mature donkeys were analyzed for sperm output and quality assessment. Bayesian
linear regression analyses were considered to build two statistical models using gel-free volume,
concentration, total sperm number, motility, total motile sperm, and morphology as dependent
variables. Predictive model 1 comprised the covariate of age and the independent factors testicular
measurements (length, height and width), while model 2 included the covariate of age and the
factors of BW, testicular volume, and gonadosomatic ratio. Although goodness-of-fit was similar,
the combination of predictors in model 1 evidenced higher likelihood to predict gel-free volume
(mL), concentration (×106/mL), and motility (%). Alternatively, the combination of predictors
in model 2 evidenced higher predictive power for total sperm number (×109), morphologically
normal spermatozoa (%), and total motile sperm count (×109). The application of the present
models may be useful to gather relevant information that could be used hereafter for assisted
reproductive technologies.

Keywords: Bayesian models; testicular; sperm output; biometry; donkey
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1. Introduction

Measuring testicular size reports an approximate measurement of the amount of tes-
ticular parenchyma present in a certain individual, which in turn determines the potential
for sperm production [1,2]. Studies on equine testicular biometry are fairly common, and
the correlation between testicular dimensions and the capacity for sperm production has
frequently been addressed in the literature, allowing the establishment of a predictive
formula for daily sperm output (DSO) [2–4]. Still, contextually, corresponding publications
on male donkey remain scarce. Besides biometric testicular data such as length, width,
and volume, other factors might be investigated as independent variables (covariates) in
DSO prediction, like age, body weight (BW), or the gonadosomatic ratio (GSI), which is the
gonadal weight/BW ratio [5]. Previous studies evidenced that knowledge from stallions
could not be directly assumed for donkeys, as their reproductive physiology may present
some specific particularities. For instance, donkeys present spermatogenesis cycles that
last for 47.2 days, with each spermatogenic stage lasting for 10.5 days [6].

The numbers of the population of the Burro de Miranda’s (Equus asinus), as it occurs
in other donkey breeds in southern Europe countries [7], dramatically fall, with a mature
male population of around 40 jackasses and 300 breeding females. Besides, reproduction
rates in such populations are low, with an excessive overuse of the same males in the
past, which derived in the occurrence of genetic bottlenecks. Although the reproductive
physiology of Miranda donkey females has already been studied [8], no research focusing
on the biometry or reproductive physiology of Miranda donkey males has been reported
to date. Considering the actual population structure, the interest in applying assisted
reproductive technologies (ARTs) have raised. However, the implementation of these
techniques requires consistent knowledge of reproductive biology in order to select the
best males for ARTs programs to be successful. Testicular biometry, due to its correlation
with sperm production, is a valuable tool to estimate male fertility and is also an essential
element of the breeding soundness evaluation (BSE). In light of the aforementioned points,
the accurate prediction of sperm output and quality parameters obtained from biometrical
and testicular morphometric parameters, will improve the effectiveness of reproductive
management in male donkeys.

In this context and bearing in mind the small but diverse mature male population,
some issues in regards the statistical approach to follow may arise. For these reasons, the
statistical tools used in this study were chosen to fit the characteristics of the data to be
analyzed. According to Oravecz and Muth [9], the popularity of growth curve modelling
(GCM) lies in its flexibility to simultaneously analyze within-individual changes (e.g.,
changes with age, change due to intervention, due to natural changes occurring along the
life of the individuals, etc.) and between-individual effects (i.e., individual differences). In
other words, GCM may be useful to model inter-individual differences and intra-individual
variation. GCM has been successfully used to model the evolution of semen parameters in
males from other species, such as boars [10].

An individual’s specific growth trajectory, specified as a mathematical function that
describes how variables reciprocally relate over time, captures how an individual uniquely
changes. GCM covers situations that range from those for which the change function is
linear to other occasions when curvilinear polynomial functions are fitted (for instance,
quadratic, cubic, etc.), which means that modelling is not limited to consider straight-line
functional growth. Beyond handling varying growth functions, GCM can flexibly handle
unbalanced designs, meaning study individuals may be measured at different occasions
and need not be excluded from the analysis, even if some of their measurements are
missing [8].

In these regards, Bayesian inference potentiates the flexibility of GCM, given Bayesian
analyses do not assume large samples, as it would happen in maximum likelihood
estimation (either it is nonparametric or parametric inference). Besides, smaller data
sets can be evaluated preventing power loss and retaining precision, as suggested by
Hox, et al. [11] and Lee and Song [12]. In small sample size conditions, the probability
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of finding significant results decreases [13]. Given power issues, this limitation often
translates into an increased hardness to obtain meaningful results [14].

According to Stoltzfus [15], the basic assumptions that must be met for the outputs
of regression analyses to be valid include independence of errors, linearity in continuous
variables, the absence of multicollinearity, and a lack of strongly influential outliers. Addi-
tionally, there should be an adequate number of events per independent variable (covariate)
to avoid an overfit model. Commonly recommended minimum “rules of thumb” range
from 10 to 20 events per covariate. This would be supported by Chen, et al. [16], who
suggested that the usual minimum number of observations for running a linear regression
to be 30 to obtain statistically significant estimates. The same authors would even state
that sometimes this requirement cannot be met, for instance when the number of individ-
uals in the sample is limited, which is common to all donkey breeds [17]. Consequently,
the general rule of thumb explains that, to succeed when conducting a linear regression
analysis, the number of observations must not be smaller than 30 or 3× (k + 1), where k
represents the number of independent variables (covariates); hence, the sample size used
in the present study fulfils all the assumptions to be used in linear regression analyses.

Contextually, Bayesian estimation methods have been reported to require a much
smaller ratio of parameters to observations (1:3 instead of 1:5); that is, Bayesian inference
maximizes the ability to determine significant effects for relatively limited sample sizes.
These sample limitations are reflected in the broadening of confidence intervals, which
must be accompanied by an acceptable Bayes factor value.

To the best of our knowledge, no previous study has reported an estimation of donkey
sperm output and quality traits using a Bayesian approach. In this context, the aims of the
present study are to define and compare the predictive power of two Bayesian predictive
models for sperm quality parameters using linear testicular measurements, combined
biometrical indices, and their relationship with age and BW as predictive factors.

2. Materials and Methods
2.1. Animals

The study was carried out in the Veterinary Teaching Hospital of University of Trás-os-
Montes and Alto Douro (VTH-UTAD, Vila Real, Portugal). Animals have been evaluated
with approval and in collaboration with the Association for Study and Protection of
the Donkey Breed Burro de Miranda (AEPGA), in the behalf of a scientific protocol of
caooperation signed between both institutions. All animal procedures were conducted
in accordance with national laws for animal welfare and experimentation as with the EU
Directive 2010/63/EU for animal experiments and the approval of the Directive Hospital
Committee (Approval Ref. 408/VTH-UTAD).

Animals were clinically examined, and the genital tract was palpated previous to
ultrasonographic (US) evaluation. Body weight (BW) (kg) was assessed using an equine
digital floor weighting scale. For the testicular morphometric evaluation, 23 Miranda
donkeys were considered. Animals were allocated to two groups by age; juvenile to
prepubertal (n = 6) (≤14 months) and mature (n = 17) (≥24 months) (Table 1). Only clinically
healthy animals with normal size and consistency symmetrical testis and epididymis
showing no echogenic changes in the testicular parenchyma were included. Epididymis
and spermatic cords were included. Either in the juvenile or adult group, only animals with
both testicles at scrotal position were considered. For the assessment of sperm, a sub-group
of eight Miranda mature donkeys was selected from the mature group for further sperm
collection and evaluation. Exams were performed during the autumn–winter season in
2018–2019 (US evaluations of the juveniles); and spring–summer in 2019 (semen collections
and US examination of adult males).
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Table 1. Donkeys enrolled in the study.

N Age Range Age Percentile Median Weight Evolution Per Percentile

6 7 to 14 months 14 months (P25) 200 kg
11 15 to 95 months 40 months (P50/Median) 248 kg
6 ≥96 months 96 months (P75) 302 kg

P25: value at 25% of observations; P50: value at 50% of observations and P75: value at 75% of observations.

2.2. Testicular Morphometry Evaluation

US testicular measurements were obtained from 23 donkeys aged from 7 to 259 months
old and with 120 to 400 kg of weight (juvenile donkeys means: 11.17± 2.77 months old and
160.33 ± 24.66 kg; mature donkeys means: 79.94 ± 50.25 months old and 279.47 ± 54.43 kg,
respectively). US measurements were performed with Philips® CX30 Portable Ultrasound
(Philips®, Amsterdam, Holland) with a sectorial 3.0–7.0 MHz transducer, following the
previously described technique for stallion measurements [4]. Longitudinal and transversal
plans were performed in each testicle, being the epididymis excluded from testicular US
measurements. The electronic cursors were placed at the limit of tunica albuginea, and
after three consecutive scans, the following parameters were obtained considering the
largest measurement (cm): right and left length (L), height (H), and width (W) (cm). Right
and left testicular volume (TV) were calculated using the Lambert formula, TV = L ×W
× H × 0.5233, used to measure the volume of an ellipsoid [4]. Total testicular volume
(TTV), which represents the sum of the right and left TV, was obtained for each donkey. To
compute gonadosomatic ratio (GSI) (%), i.e., testicular weight/BW, TTV (cm3) was directly
converted into grams, based on the fact that testis volume density in mammals is very close
to one [18]. After US measurements, routine orchiectomy was performed on five juvenile
and two adult donkeys. After surgery, the extirpated testis (n = 14) were measured—the
same measurements as in vivo—using precision sliding calipers.

2.3. Semen Collection and Evaluation

A sub-group of eight jackasses, ranging between 34 and 259 months of age (214–400 kg),
was selected from the mature group for semen collection and further evaluation. A total
of 40 ejaculates (five ejaculates per jackass) was collected. Donkeys had been successfully
used in previous natural services. Before starting the experiment, sperm collections were
performed for three consecutive days to minimize the number of sperm from extra-gonadal
reserves, as it has been previously reported for donkeys [19]. Collections were performed
at two-day intervals and using an artificial vagina (AV) (Hannover model—Minitub Iberica
S.L., Tarragona, Spain) lubricated with non-spermicidal gel (ReproJelly—Minitub Iberica
S.L., Tarragona, Spain), using a jenny in heat as a mount. The AV was filled with warm
water to reach and maintain an inner temperature of 50–55 ◦C. A sterile semen collection
bottle was used in each collection. The gel fraction was removed by filtering the whole
ejaculate with a nylon filter (Minitub Iberica S.L., Tarragona, Spain). Gel-free ejaculate
was immediately evaluated for volume (mL), motility (%), concentration (×106/mL), and
percentage of morphologically normal (%). Volume was measured in a graduated semen
collection bottle. Then, each collected ejaculate was evaluated for sperm motility and con-
centration. For sperm motility evaluation, an aliquot of gel-free ejaculate was immediately
extended 1:1 (vol/vol) with INRA 96 extender at 37 ◦C. Sperm motility was blind and
subjectively estimated by the same experienced operator after the evaluation of motile
spermatozoa (%) considering five different fields under light microscopy (×200), placing a
semen droplet in a prewarmed (37 ◦C) slide covered by a cover slip. Concentration was
determined using an improved Neubauer hemocytometer. Total sperm number (TSN,
×109) was computed considering the product between the volume of gel-free ejaculates
and sperm concentration, whereas total motile sperm count (TMS, ×109) was obtained by
computing the product between motility and TSN. Sperm morphology defects (head, inter-
mediary piece, tail) were evaluated in eosin-nigrosin stained smears using light microscopy
in oil immersion objective lens (×1000), counting a total of 200 sperm cells [20].
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2.4. Statistical Analysis
2.4.1. Parametric Assumptions Testing and Approach Decision

Since sample size was a limitation in this study, parametric assumptions were tested
to decide on the most appropriate statistical approach to follow to analyse the present
data. The Shapiro–Francia W’ test (for 50 < n < 2500 samples), Shapiro–Wilk test (for n < 50
samples), and Levene’s test were used to discard gross violations of parametric assumptions
(normality and homoscedasticity). The Shapiro–Francia W’ test was performed using the
Shapiro–Francia normality routine of the test and distribution graphics package of the
Stata Version 15.0 software (StataCorp [21]. Supplementary Tables S1 and S2 report a
gross violation of normality assumption occurred in all variables of testicular biometry
and sperm parameters (p < 0.01), respectively, except for gel-free volume (mL) and sperm
concentration (×106/mL). Homoscedasticity was violated as well (p < 0.01); hence, a
nonparametric approach was suggested.

All statistical tests, including all Bayesian procedures, were performed using the
explore procedure of the descriptive statistics package in SPSS Statistics (Version 25.0, IBM
Corp., Armonk, NY, USA) [22].

2.4.2. Comparative Analysis of US and Caliper Testicular Morphometry between Juvenile
and Mature Jacks

Bayesian one-way ANOVA procedure was used to detect differences in the means
for testicular measurements between juvenile and mature jackstocks using the Bayesian
ANOVA task from the Bayesian statistics procedure of SPSS Statistics, Version 25.0, IBM
Corp. [22].

2.4.3. Analysis of US Testicular Morphometry, Age and BW

Bayesian inference of Pearson’s correlation was used to characterize the posterior
distribution of the linear correlation between age and BW, US testicular measurements,
and composite indices using the Pearson correlation task from the Bayesian statistics
procedure of SPSS Statistics, Version 25.0, IBM Corp. [22]. The correlation methods used
and discussed in this paper can be validly used even if we work with repeated measures as
we tested independent data [23]. Furthermore, in case variable pairs tested held a perfect
linear correlation rxy = 1, the integral equation to perform Bayesian inference for Pearson’s
correlation would not have converged [24].

2.4.4. Analysis of US and Caliper Testicular Morphometry

Bayesian inference of Pearson’s correlation was used to characterize the posterior dis-
tribution of the linear correlation between caliper testicular biometry variables
(n = 14 testis) and US testicular biometry variables (n = 46 testis). The Pearson’s cor-
relation coefficient measures the pairwise linear relation between the dependent variable
y and the independent variable x. When rxy = |1|, the dependent variable y is perfectly
linearly correlated with the independent variable x. Then, following a decreasing or-
der, a coefficient of |0.8| < rxy <|1| suggests a strong linear correlation; a coefficient of
|0.3| < rxy <|0.6| suggests a moderate correlation; and a coefficient of 0 < rxy < |0.3|
suggests a weak correlation, respectivelyProfillidis and Botzoris [25].

The two methods were compared to decide on whether to use US or real biometric pa-
rameters or a combination of both to build Bayesian regression models. Bayesian inference
for Pearson correlation was performed using the Pearson correlation task from the Bayesian
statistics procedure of SPSS Statistics, Version 25.0, IBM Corp. [22]. The aforementioned
test evidenced that US and caliper measuring methods were significantly correlated.

Supplementary Table S3 summarizes the estimated Pearson’s correlation pairwise
coefficients and respective Bayes factors. For all measurement pairs, the estimated Pearson’s
correlation coefficient was always higher than 0.938, with corresponding Bayes factor of
<0.001. As a result, the use of US measurements was exclusively selected to integrate the
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models for predicting sperm output, provided measurements were taken in vivo, hence
they had a higher clinical applicability.

According to Doğan [26], although correlation analyses may erroneously detect the
occurrence of incidental relationships instead of meaningful clinical/biological association,
these may be a preferable choice under certain contexts. For instance, the same authors
reported that one of the critical problems in other presumably more robust techniques
such as the Bland–Altman analysis relies on the need for the data to meet the assumption
of a normal distribution. Contrastingly, when testing Pearson’s correlations, the pairs of
continuous variables need not be normally distributed, although their differences should.
To determine the violation of this assumption, data may be tested against the normal
distribution using classical methods such as the Shapiro–Wilk test or the Kolmogorov–
Smirnov test.

Additionally, the same authors reported the fact that the Bland–Altman analysis is
not an appropriate method to compare items for which repeated measurements were
considered, as in the present study. In these regards, Batterham [27] would suggest that in
a spreadsheet-based simulation of calibration and validity studies, a Bland–Altman plot
of difference versus mean values for the instrument and criterion may show a systematic
proportional bias in the instrument’s readings, even though none is present. This artifac-
tual bias arises in a Bland–Altman plot of any measures with substantial random error.
In contrast, a regression analysis of the criterion versus the instrument shows no bias. In
this context, a regression analysis also provides complete statistics for recalibrating the
instrument, if bias develops, or if random error changes since the last calibration. Conse-
quently, the Bland–Altman analysis of validity should therefore be abandoned in favor of
regression, as was performed in our study.

2.4.5. Bayesian Linear Regression Modelling for Sperm Quality and Output Predictions

Gel-free volume (mL), concentration (×106/mL), TSN (×109), motility (%), morpho-
logically normal (%), morphologically abnormal (%), gonadosomatic ratio (GSI) (%), and
TMS (×109) were considered the dependent variables in our study. Two separate statistical
models were built, in which the predictive power of combinations of certain independent
factors was evaluated.

Each of the regression models used in this study followed the general equation
yi = X1β1 + . . . Xiβi + εi, where i = 1,2, . . . i is the ith number of factors; yi is the vector
of records for the aforementioned dependent variables with dimension n (217 records
belonging to 31 jacks); Xi is the appropriate incidence matrix for factors; and βi are the
standardized regression coefficients for the ith number of factors and covariates con-
sidered, respectively. The general regression equation for model 1 was Y = Intercept +
βage (months)·age (months) + βLength LT (cm)·length LT (cm) + βLength RT (cm) ·length RT (cm)
+ βHeight LT (cm)· height LT (cm) + βHeight RT (cm)· height RT (cm) + βWidth LT (cm)· width LT
(cm) + βWidth RT (cm)·width RT (cm). Oppositely, the general regression equation for model
2 was Y = Intercept + βAge (months)·Age (months) + βBW (kg)· BW (kg) + βTTV (cm3)·TTV
(cm3) + βGSI·GSI, except for gonadosomatic ratio (GSI) (%), for which the last term in the
equation was not included, provided this term refers to gonadosomatic ratio (GSI) (%)
itself (βGSI·GSI).

According to Carlin [28], Bayesian inferences are sensitive to the dependence of
variables on time (conditional on θ and x). If such dependence is large, it needs to be
modeled, or the inferences will not be appropriate. For this reason, age was considered
in the models. Under this design, time (age) plays a similar role to a blocking variable or
covariable. For example, suppose that E(y|x, θ) has a linear trend in time (age) but that
this dependence is not modeled (that is, suppose that a model is fit ignoring time (age)).
Then, posterior means of factors or covariables in the model will tend to be reasonable,
but posterior standard deviations will be too large, because this design yields treatment
assignments that, compared to complete randomization, tend to be more balanced for
time (age).
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As Brewer [29] suggested, in our case, the use of an intercept was necessary as an
empirical need for it was detected (for instance when unstandardized coefficients are used
as in the present study). In these regards, confidence intervals for the estimated intercept
were used as empirical indicators for the need of the intercept. Residual effects (εi) were
assumed to follow a normal distribution as εi|XiN

(
0, σ2

εi
)
, where Xεi is an identity matrix

and σ2
εi is residual variance, respectively. For a continuous predictor variable, such as those

in the present study, unstandardized coefficients are produced by the linear regression
model using the independent variables measured in their original scales.

Unstandardized coefficients βi can be interpreted considering what was stated by
Hayes, et al. [30]—that all other variables being held constant, an increase of one unit in
Xi is associated with an average increase of βi units in Y. In the sections below, a detailed
summary of the priors and posterior distributions used in this study is reported. A full
description of the algorithms used by SPSS to perform Bayesian Inference on Multiple
Linear Regression Models in this study can be found in the public document IBM SPSS
Statistics Algorithms v. 25.0. by IBM Corp. [24].

When large number of parameters are being considered in a model, quadratic ap-
proximation has been reported to be computationally faster in terms of discretization and
computing the likelihood over all possible parameter combinations compared to other
approximations such as the Markov Chain Monte Carlo (MCMC) methods used in this
study. However, the use of this quadratic approach was not feasible given it assumes
the posterior distribution follows a normal distribution. In the context of our data, this
assumption cannot be presumed provided the gross violation reported for the distribution
properties reported at previous assumption testing stage.

After Bayesian Pearson’s correlation coefficients across variables had been performed,
two distinct combinations of factors were evaluated. First, model 1 comprised the covariate
of age (months) and the independent factors of LLT (length of left testicle) (cm), LRT (length
of right testicle) (cm), HLT (length of left testicle) (cm), HRT (height of right testicle) (cm),
WLT (cm) (width of left testicle), and WRT (width of right testicle) (cm). Second, model
2 comprised the covariate of age (months) and the factors BW (kg), TTV (total testicular
volume) (cm3) and GSI (%). Lowest correlations were found for age and any of the rest
of variables, hence, the covariate was retained in both models. The value of almost 1 for
the correlation found between VLT (cm3) (volume of left testicle) and VRT (volume of
right testicle) (cm3) and TTV (cm3) was the basis to decide on using composite TTV (cm3),
given the reduced number of variables in model 2. BW was only considered in model 2,
given the high generalized close to or above 0.9 correlations that it held with biometric
caliper measurements. Bayesian linear regression analyses were performed using the
linear regression package from the Bayesian statistics task of SPSS Statistics, Version 25.0,
IBM Corp. [22]. The Bayesian Linear Regression test routine of the linear regression and
related package of the Stata Version 16.0 software process was used to compute posterior
distribution statistics for each factor included in each model to predict for each dependent
variable. Once the analysis had been performed, we interpreted the estimated effect of the
factors considered in the resulting predictive models, their confidence intervals, and the
posterior distribution statistics.

2.4.6. Jeffrey–Zellner–Siow (JZS) Mixture of g-Priors

For the present analyses, the Jeffrey–Zellner–Siow mixture of g-priors [31] was used.
Jeffrey–Zellner–Siow’s prior somehow appears as a data-dependent prior through its
dependence on Xi, but this has been reported not to be a drawback since regression models
are conditional on Xi. As suggested by Heck [32], JZS prior could be an alternative that
may satisfy several theoretical requirements such as the equality constraint on the test-
relevant parameters, for instance of β, which leads to the null hypothesis H0 = β = β0 [33].
The benefits of JSZ prior distribution had also been reported by Rouder, et al. [34] and
Liang, et al. [31]. Contextually, conditional on the residual variance (σ2

εi), the JZS prior
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defines a multivariate Cauchy distribution for the slope parameters of the full model,
as follows

(βi|σ2
εi) ∼ MVC

(
0P,γi

2σ2
εiCi

−1), which is defined by a P-dimensional zero vector
(location vector) and a scale matrix. The constant γi determines the amount of scaling,
which is chosen by the user a priori, the residual variance σ2

εi, and the matrix Ci = X′iXi/Ni,
which is the covariance matrix of the centred design matrix Xi.

There are qualities of the JZS prior [34] that make it especially appropriate when
performing linear regression analyses. Among these, the prior is symmetric and centered
at zero in line with the predictive matching criterion as reported by Bayarri, et al. [35].
As a result, positive and negative values of the slope parameters have a priori the same
probability to occur. Furthermore, JZS prior is scale invariant, thus the resulting Bayes
factor does not depend on the scale of both the dependent variable and factors or covariates,
hence results do not change when different unit variables are evaluated together, which is
common in field conditions studies.

This independence from the measurements of model elements is achieved by scaling
the multivariate Cauchy distribution by the residual variance σ2

εi (a priori, a larger residual
variance implies larger slopes) and by the inverse of the covariance matrix Ci (a priori,
a covariate with a larger variance implies smaller slopes). It may be worth considering
that the procedure of defining a scaled prior for unstandardized coefficients (βi) equals the
process of defining a prior for standardized coefficients (β∗i ) [34].

Third, the scale parameter γ is fixed to a constant by the user, which allows prior
beliefs to be specified about the expected effect size. IBM Corp. [24] algorithm guide reports
that the algorithm of JZS prior for linear regression analyses, to compute the Bayes Factor
uses the default value of γ = 2

√
π = 3.5, which reflects a prior belief of a medium effect

size. For a single covariate x, this choice implies that the standardized regression slope
β∗i = βi· SD(xi)/σi has an a priori probability of 53.2% of being in the range [−0.50, +0.50].

Authors such as Rouder and Morey [36] also reported additional theoretical advan-
tages of the JZS prior, such as its consistency in model selection (the fact that the Bayes
factor, goes to infinity as the number of observations N increases without bound-favoring
the data-generating model) or consistency in information (the Bayes factor for a certain
effect goes to infinity as the proportion of explained variance or R Squared (R2) increases
to 1). Additionally, Bayes factors for JZS prior can be relatively easily and highly precisely
computed [37] and has been adapted for the default t-test [38], ANOVA [34], and linear
regression [32].

2.4.7. Factor and Covariate Effects Bayesian Modelling (FCEBM)

Being yi, any of the effects of any of the independent variables (covariates) considered
in this study, the posterior distribution of yi in the context of the data D is

p(yi/D) =
i

∑
i = 20

p(yi|Mi, D) p(Mi|D)

This is an average of the posterior distributions of each model, weighted by the
corresponding posterior model probabilities. In the previous equation, the posterior
predictive distribution of yi given a particular model Mi is

p(yi|MiD) =
∫

p(yi|βi, Mi, D)p(βi|MiD)dβi

and the posterior probability of model Mi is given by

p(Mi|D) =
p(D|Mi)p(Mi)

∑i
i = 20 p(D|Mi)p(Mi)
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where
p(Mi|D) =

∫
p(D|βi, Mi)p(βi|Mi)dβi

is the integrated likelihood of model Mi, βi is the vector of parameters of model Mi, p(βi|Mi)
is prior density of βi under model Mi, p(D|βi|Mi) is the likelihood, and p(Mi) is the prior
probability that Mi is the true model.

For a problem with P potential covariates, the number of models, K, can be enormous
(K = 2P in the absence of other constraints). Only a small number of these models will have
much support from the data, thus be selected by SPSS for each covariate. Marginal posterior
distributions of all unknowns were estimated using the Gibbs sampling algorithm.

2.4.8. Factors and Covariate Effect Bayesian Interpretation (CEBI)

The checklist proposed by Depaoli and Van de Schoot [39] was used to detect issues
to check before estimating the model, (b) issues to check after estimating the model but
before interpreting results, (c) understanding the influence of priors, and (d) actions to take
after interpreting results.

Interpreting the effect of each particular covariate (independent variables used in this
study) can be made as follows.

First, the posterior probability p[β∗i 6= 0/D] expresses the likelihood that the factor
or covariate has an effect on each particular variable. Standard rules of thumb [40] for
interpreting this posterior probability are as follows: <50% evidence against the effect;
50–75% weak evidence for the effect; 75–95% positive evidence; 95–99% strong evidence;
>99% very strong evidence, whose results are comparable to commonly used thresholds to
define significance of evidence through Bayes factor (BF) as reported in Supplementary
Table S4.

Second, posterior distribution estimates (means) are used to measure the magnitude
of the effect of a particular factor and covariate. For continuous predictor variables (metric
covariates), such as the numeric variables used in this study, the regression coefficient
represents the difference in the predicted value of the response variable for each one-unit
change in the predictor variable, assuming all other predictor variables are held constant.
When response variables are metric and can readily be interpreted in terms of impact, such
as the ones in our study, β regression coefficients effect sizes by themselves.

Third, the 95% credibility interval shows that there is a 95% probability that these
regression coefficients (posterior distribution mean value for each covariate and factor) in
the population lie within the corresponding credibility intervals. When 0 is not contained
in the credibility interval, a significant effect for such factor is detected.

Supplementary Table S5 report a summary of posterior distribution statistics from
Bayesian unstandardized linear (β) regression coefficients for each of the aforementioned
variables considered in the analyses and a summary of Bayesian ANOVA outputs to test
for differences in the means for US and caliper testicular measurements between juvenile
(n = 6) and mature donkeys (n = 17).

2.4.9. Convergence Criterion

The rounds of iteration continued until a tolerance convergence criterion of 10−8

was reached as suggested in literature [41]. Once the convergence criterion was reached,
initial parameters were set, and model fitting properties were evaluated. The maximum
number of iteration rounds used for each analysis was 2000 as suggested in IBM SPSS
Statistics Algorithms version 25.0 by IBM Corp. [24]. This convergence criterion was chosen
provided it has been used in Bayesian ANOVA and linear regression analyses in research
contexts of limited sample sizes [42].
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2.4.10. Model Validity, Explanatory Power of Present Data, and Predictive Power of
Future Data

The process of validation and comparison of Bayesian model is fully mathematically
described in Geweke [43]. In this context, some authors [44] have suggested a correct proof
for model validation should be based on the mean square error (MSE) of the models being
evaluated. Additionally, although mean square residual or error (MSE) and minimum
mean-square residual or error (MMSE) have been used and widely reported to measure
how close a regression line is to a set of points (how good a certain model fits the data
being observed), mean square prediction error or MSPE (= RSS/no. of observations) was
chosen to measure error variation given MSE has been reported to be influenced by the
number of predictors [26] in cases of reduced sample sizes [45,46].

Residual sum of squares (RSS) measures the amount of variance in a data set that is
not explained by a regression model. That is, if we consider a regression to be a measure of
the strength of the relationship between a dependent variable and an independent variable
from a set of independent variables, then the RSS measures the amount of error remaining
between the regression function and the data set—hence, it essentially determines how
well a regression model explains or represents the data in the model. A smaller RSS figure
represents a better suitability of the regression function to model for the data that it is
intended to model.

In Bayesian inference, Monte Carlo Standard Error (MCSE) is another measure of
accuracy of the chains. It is defined as the standard deviation of the chains divided by
their effective sample size. MCSE has been reported to be the nonparametric or Bayesian
counterpart of MSPE, and has been suggested to be used as the validation criteria in
Bayesian Linear Regression model comparison studies [47].

Bayes factor (BF) provides an indirect measure of the explanatory power of the model
to describe presently observed data (in our study). Larger BFs imply higher likelihoods for
the combination of factors considered to explain the response variables being modelled.
Commonly used thresholds to define significance of evidence following the premises by
Jeffreys [48] and Lee and Wagenmakers [49] are reported in Table S4. Intrinsically related
to BF, Bayesian R2 can be considered as a data-based estimate of the proportion of variance
explained for data. Additionally, acceptance rate, efficiency, and Monte Carlo standard
error (MCSE) were used to determine the validity of the Bayesian methods implemented.
Supplementary Table S4 reports a summary of the description and interpretation of each
model validity parameter used. Bayesian statistics predictive accuracy of the model [50]
can be estimated through posterior predictive checking [51] (Supplementary Table S6).

BIC was then calculated, as it explains how well the model will predict on new data.
Bayesian information criterion (BIC) or Schwarz information criterion (also SIC, SBC, SBIC)
was computed as follows:

BIC = N ∗N ln(MSPE) + K ∗ ln(N) (1)

where MSPE is the mean squared prediction error, N is the number of observations or
records, and K is the number of independent parameters of the model.

BIC was evaluated to compare predictive power across models. To summarize, BIC
considers both the statistical goodness of fit and the number of parameters that have to
be estimated to achieve this particular degree of fit, by imposing a penalty the number
of parameters is increased [52,53]. BIC measures the trade-off between model fit and
complexity of the model to determine [54]. Lower BIC values suggest that a particular
model should have improved prediction properties in comparison to models for which
higher values have been reported. In these regards, Bayesian R2 answers a different
question as Bayesian R2 estimates the explanatory power of observed data, when the model
is regression and non-adjusted R2 is used.
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Frequently, when more variables are added, model predictive accuracy decreases.
Consequently, a model with higher R2 will have higher-hence, worse-BIC values. The
addition of “noise” variables to the fit (for which a relationship has not been suggested)
will increase R2 values, but it will also decrease predictive power of the model. Hence, the
model with more “noise” variables will have higher R2 and higher BIC.

3. Results
3.1. Descriptive Analysis for US Testicular Morphometry, Combined Biometric Indices and
Sperm Output

Table 2 reports a summary of the descriptive statistics for age, BW, ultrasonographic
(US) and caliper testicular morphometry (cm); L, H, W, TTV, GSI for juvenile and mature
donkeys (n = 46 testis). Descriptive statistics of US and caliper measurements were com-
puted for each group to perform a comparative analysis (Supplementary Table S7a,b). In
the juvenile group, mean TTV (cm3) was 17.74 ± 9.89 (n = 12 testis), while in mature group,
TTV (cm3) was 271.69 ± 133.21 (n = 34 testis).

In the juvenile group, there was a progressive increase in all US testicular measure-
ments, namely in TTV, from seven to 24 months, which was especially noticeable after
11 months of age. At 12–14 months, mean TTV was 21.05 ± 9.30 cm3 (n = 10 testis), and at
24–26 months, TTV was 85.27 ± 18.66 cm3 (n = 4 testis) (P < 0.01). Additionally, an increase
in TTV was described after 150 kg of BW had been attained, which was verified in all
donkeys after 12 months. On the other hand, after 168 months of age, a gradual decrease in
TTV was noted. No difference between left and right testicle was found. Gonadosomatic
ratio (GSI) (%) means in juveniles was 0.11 ± 0.06 and in matures 0.95 ± 0.39. Significant
differences (p < 0.001) were found between juvenile and mature groups for all testicular
biometrical parameters (Table S5).

Results of sperm output and quality parameters (n = 40 ejaculates, observational unit);
gel-free volume (mL), motility (%), concentration (×106/mL), TSN (×109), TMS (×109),
normal and abnormal sperm morphology (%) are presented in Table 1. TSN and TMS
means was 18.453± 1.936× 109 sperm and 13.555± 1.479× 109 motile sperm, respectively.
Sperm morphological abnormalities description can be consulted in Table S8.

3.2. Statistical Analyses
3.2.1. Bayesian Pearson’s Correlation Coefficients Preliminary Testing

Following a probabilistic view of regression, it can be assumed that any dependent
variable (Y) has a certain associated variance σ2. Linear regression bases on identifying the
weight vector from observed data of a dependent variable to then use it to make predictions.
For the model to be stable enough, the variance of the weight vector (Wls) should be low.
If weight vectors variance is high, it means that the model is very sensitive to data. The
weights differ largely with observed data if the variance is high. This means that the model
might not perform well with observed data. When highly correlated covariables are used
in regression models, the variance of the weight vector will be large. This occurs because
when highly correlated features (covariates or factors) are considered, the values in the
Singular Value Decomposition “S” matrix will be small. Hence inverse square of “S” matrix
(S−2) will be large which makes the variance of Wls large. For these reasons, Pearson’s
correlation coefficients must be tested prior to performing regression analyses.

Table 3 summarizes the estimated sample Pearson’s correlation coefficient and the
Bayes factors for BW (kg), age (months), US testicular biometric parameters and composite
indices. For all variable pairs, the estimated Pearson’s correlation coefficient was always
higher than 0.461, with a corresponding Bayes factor of <0.001, in all cases. Besides,
moderate to high Bayesian inference Pearson’s correlation coefficients were found between
age, BW, and testicular biometric variables. Pearson’s correlation coefficients between
testicular biometry and BW were always >0.778, whereas Pearson’s correlation coefficients
between testicular biometry and age were >0.467.
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Table 3. Bayesian inference Pearson’s correlation output summary for BW (kg), age (months), US parameters, and
composite indices.

Body
Weight (kg)

Age
(months)

Length LT
(cm)

Length RT
(cm)

Height LT
(cm)

Height RT
(cm)

Width LT
(cm)

Width RT
(cm)

Volume LT
(cm3)

Volume RT
(cm3)

TTV
(cm3)

GSI
(%)

Body Weight (kg) 1.000 0.552 0.845 0.876 0.825 0.778 0.826 0.824 0.797 0.805 0.806 0.680
Age (months) 0.552 1.000 0.511 0.600 0.479 0.523 0.522 0.556 0.467 0.539 0.505 0.461

Length LT (cm) 0.845 0.511 1.000 0.977 0.944 0.924 0.942 0.925 0.916 0.908 0.918 0.917
Length RT (cm) 0.876 0.600 0.977 1.000 0.948 0.897 0.957 0.946 0.917 0.911 0.920 0.903
Height LT (cm) 0.825 0.479 0.944 0.948 1.000 0.908 0.940 0.926 0.962 0.922 0.949 0.939
Height RT (cm) 0.778 0.523 0.924 0.897 0.908 1.000 0.901 0.858 0.897 0.930 0.919 0.914
Width LT (cm) 0.826 0.522 0.942 0.957 0.940 0.901 1.000 0.962 0.922 0.901 0.917 0.923
Width RT (cm) 0.824 0.556 0.925 0.946 0.926 0.858 0.962 1.000 0.903 0.900 0.908 0.909

Volume LT (cm3) 0.797 0.467 0.916 0.917 0.962 0.897 0.922 0.903 1.000 0.976 0.994 0.964
Volume RT (cm3) 0.805 0.539 0.908 0.911 0.922 0.930 0.901 0.900 0.976 1.000 0.993 0.951

TTV (cm3) 0.806 0.505 0.918 0.920 0.949 0.919 0.917 0.908 0.994 0.993 1.000 0.964
GSI (%) 0.680 0.461 0.917 0.903 0.939 0.914 0.923 0.909 0.964 0.951 0.964 1.000

BF < 0.0001; GSI—gonadosomatic ratio (%).

3.2.2. Bayesian Linear Regression Modelling for Sperm Quality and Output Predictions
Model Explicative Power

Bayesian determination coefficients (R2) or percentages of variance captured for each
of the two models and their respective Bayes factors are provided in Table 4. Both models
were considerably more likely than others comprising just the intercept.

Bayesian estimates of linear regression coefficients for predictive models 1 and 2 for
gel-free volume, concentration, morphologically normal or abnormal, TSN, GSI, motility, and
TMS are presented in Tables 5–7. The intercept term in the regression evidences the average
expected value for the response variable when all of the predictor variables are equal to zero.

Predictive Power and Model Validity

Posterior predictive P values for models 1 and 2 were around 0.331. The combination
of predictors in model 1 evidenced a higher likelihood to predict for gel-free volume (mL),
concentration (×106/mL), and motility (%) (BIC: 387.587 to 534.480).

Table 4. Bayes Factor Model Summary for model 1 (comprising age and testicular morphometric parameters) and model 2
(comprising age, BW, TTV, and GSI) to predict for sperm output and quality in Miranda donkey breed.

Model 1 Bayes Factor R R Squared Adjusted R Squared

Gel-free volume (mL) 406,756.54 0.855 0.731 0.682
Concentration (×106/mL) 1554.89 0.788 0.621 0.553
TSN (×109) 1308.11 0.786 0.617 0.548
Motility (%) 180.53 0.754 0.568 0.490
Morphologically normal (%) 47,305.85 0.832 0.693 0.637
Morphologically abnormal (%) 8839.07 0.812 0.660 0.598
GSI 1.38 × 1019 0.980 0.961 0.954
TMS (×109) 52,401.57 0.833 0.695 0.639

Model 2 Bayes Factor R R Squared Adjusted R Squared

Gel-free volume (mL) 252,538.00 0.794 0.630 0.599
Concentration (×106/mL) 1169.55 0.706 0.498 0.457
TSN (×109) 370.37 0.682 0.465 0.420
Motility (%) 5160.20 0.734 0.539 0.500
Morphologically normal (%) 1,907,536.17 0.819 0.670 0.643
Morphologically abnormal (%) 259,329.18 0.794 0.631 0.600
GSI 4.89 × 1044 0.999 0.998 0.998
TMS (×109) 7080.51 0.740 0.547 0.509

TSN—total sperm number; TMS—total motile sperm count; GSI—gonadosomatic ratio.

Yet, the combination of predictors in M=model 2 evidenced a higher likelihood to
predict for TSN (×109), morphologically normal and abnormal spermatozoa (%), TMS
(×109) and gonadosomatic ratio (GSI) (%), (BIC: −40.559 to 34,635.240). Age-related effects
were verified on the following parameters: gel-free volume, morphologically abnormal
spermatozoa (%), and TSN (Tables 5 and 6). The summary of the results for the parameters
of validity of both models is reported in Table 8.
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4. Discussion
4.1. Testicular Morphometry (Juveniles and Matures) and Sperm Quality Parameters in Miranda
Donkey Breed

The indication that testis biometry could provide a quantitative indication of sperm
production has been previously reported in bulls [55,56], bucks [57,58], and dogs [59,60]. In
the horse, morphometric, ultrasonographic-echotextural, and histomorphometric studies
have been carried out [3,59,60], which evidenced the relation between testicular dimensions
and sperm outputs [2] and the contribution of the ultrasonographic (US) evaluation in the
accurate evaluation of the testicular functional status [61].

Albeit less than in horses, some studies on testicular morphometry have been con-
ducted in donkey breeds such as Brazilian Pêga [6,62]; Ethiopian [63]; Egyptian [64,65];
and in the Italian breeds, Ragusano [19] and Martina Franca [66,67]. These studies have
addressed the considerable existing variation among donkey breeds, which led to the need
of investigating testicular dimensions in Miranda donkey breed. Besides, no previous
works on Bayesian approaches to predict for sperm output and quality in donkeys has
been conducted to the knowledge of the authors.

Mean US values of TTV of 271.69 cm3 (±133.21) obtained in mature Miranda donkeys
were higher than those found in Egyptian donkeys [64], similar to those in Brazilian Pêga
donkeys [62], and lower than those reported for Ethiopian donkeys [63]. In comparison
to other morphologically similar breeds to Miranda donkey, our values were similar to
slightly lower than TTV values found in Ragusano and Martina Franca donkeys [19,66].
Even if all the aforementioned breeds were medium to large-sized, differences of TTV
could still be attributed to BW, age and management conditions of the males selected for
the studies.

In the juveniles, studies are still scarce, but the values in our study (17.74 ± 9.89 cm3)
were similar to those described for the prepubertal Egyptian [68] and Amiata donkeys [67].
Donkeys between 10 to 14 months are still in their pubertal transition period and, which
reaches its end at 19–20 months of age, when testis have presumably completed their
descent into the scrotum [37]. In the present work, a rapid increment of TV was verified
after 11–12 months, which, besides, was simultaneous to the increase of BW. According
to the work by Rota, et al. [67], a progressive increase of testicular width was noted after
10 months, and notably after 16 months of age; however, puberty—defined by the first
presence in the ejaculate of 50×106 sperm with at least 10% of motility-, was not attained in
donkeys before 19–20 months. A previous histological work by our group evidenced that
although a rapid increase of TV could be observed after 12–14 months, spermatogenesis
was still incipient at that age [69]. Still, further studies should be carried out to precisely
determine the age of Miranda donkey at puberty.

The comparative analysis of US measurements with those obtained using a precision
caliper after orchiectomy evidenced that the former were very accurate. The precise
position and orientation of the probe during US examination and the correct handling of
the testicle, avoiding excessive tension during the exam, may have additionally contributed
to the obtention of reliable US measurements.

The quantitative and qualitative sperm parameters obtained; total sperm number
(TSN) per ejaculate, volume, concentration and morphology were within the range found
for other European Donkey breeds such as Zamorano–Leonese [70], Catalonian [71], An-
dalusian [72–74], and Amiata donkey [67]. The values of GSI obtained for mature donkeys
(0.9494) were higher than those reported in other domestic species [5]. This finding is of
great interest and application when implementing ARTs’ strategies and is consistent with
previous studies that observed the comparatively greater efficiency for sperm production
of donkeys among mammals, characterizing by a high spermatogenic efficiency and short
length of spermatogenesis [6,75].
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4.2. Bayesian Approach and Predictive Models

Comparative observations were taken at different time points, from a population
whose membership changes over time, but retains some constant members. This sample
condition is known as partially overlapping samples and for this study, it implies the
fact that not all the animals which were measured for morphometric parameters were
evaluated for semen parameters. As reported by Kay, et al. [76] in studies working with
partially overlapping samples, when there has been a gross violation of normality, as in our
study, samples should be considered independent. In a nonparametric context, the strong
subdivision of samples across the different experiments may condition results, hence, a
Bayesian approach was followed given smaller data sets that can be evaluated avoiding
power loss and retaining precision.

Posterior predictive p values (total model probability) for models 1 and 2 of around
0.331. Indicated moderately plausible good-fitting models. Similarly, the difference of more
than 3 log likelihood units can be considered as strong evidence against models 1 or 2
depending on the parameters considered. The higher value reported for this parameter
may suggest the acceptance of a more parameter-rich or simpler model accordingly. BIC
explains how well the model will fit for new data (instead of explaining the existing data,
which is measured by Adjusted R2). Models presenting lower BIC values evidence im-
proved predictions for the dependent variable or variables that they model for. Frequently,
adding more variables decreases predictive accuracy, and in that case, the model with even
higher Adjusted R2 will display higher BIC, decreasing its predictive power [52,76,77].
However, considering the higher Adjusted R2 and the lower BIC, model 1 performs better
at explaining and predicting than model 2 for gel-free volume (mL) and concentration
(×106/mL). For motility (%), model 1 was more precise to predict for future data while
slightly worse at explaining present data (0.01 lower R2). The opposite situation was
reported for TSN (×109) and TMS (×109), for which model 2 was more precise to predict
for future data, although it may be slightly worse at explaining present data (0.13 lower R2).
For morphologically normal and abnormal spermatozoa (%) and gonadosomatic ratio (GSI)
(%), model 2 suggested a higher ability to explain for present and predict for future data.

In the present research, when comparatively analyzing testis’ biometry predictive
power on spermatic parameters, some differences were found. The left testicle seems to
exert a higher influence on gel-free volume, while, on the other hand, the biometry of the
testicles seems to affect TSN differently. Concretely, the length and width of the left testicle
and the height of the right testicle seem to increase in parallel with sperm quantitative
parameters. Oppositely, as length and width of right testicle and height of the left testicle
increase, sperms output parameters seem to decrease. Hence, the negative/positive balance
between linear regression coefficients of morphometry variables (length, width and height)
suggest that testis may reciprocally react to changes in the contralateral testicle, which
affects almost all sperm outputs variables.

A previous work purposes the “compensation hypothesis” in birds, that states that
one of the testis could serve as a “back-up” for any reduced function of the other and
provides a mechanism to explain intraspecific variation in degree and direction of go-
nad asymmetry [77]. Another work relates that the degree of testicular asymmetry was
positively correlated with inbreeding coefficient and negatively correlated with the pro-
portion of normal sperm [78]. However, in the present work, testicular asymmetry was
not found in both clinical and morphometric evaluation, as both features do not meet the
inclusion criterion.

Mahmoud Ali Omar, et al. [79] reported a similar compensatory effect in the right tes-
ticle after the removal of the contralateral testicle in donkeys. Other authors have ascribed
this compensation to the increase in serum LH and FSH concentrations and, potentially
higher intratesticular testosterone [80]. Unilateral orchiectomy has been reported to in-
crease the mean diameter of seminiferous tubules by 21% and of their lumina by 51% [81].
Additionally, two events in line with our results were described. A weight compensation
was reported for the remaining testis, which has been already described [82]. Also, the
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histological examination of the testis of donkeys after unilateral orchiectomy with scrotum
suture revealed hyperplasia of Leydig and Sertoli cells [79]. This had also been reported by
Putra and Blackshaw [83], who suggested an increase in the number of Sertoli cells and
germ cells occupying the seminiferous epithelium after unilateral orchiectomy. Our results
may evidence that compensation may occur physiologically without these events, as it
has also been reported in other species [78]. Still, future works are necessary in order to
confirm these findings in donkeys.

In the present study, the age covariate, included in both predictive models, was
significantly and positively correlated with several parameters, namely with gel-free
volume and sperm output (TSN). The significant age-related positive effects on gel-free
volume and TSN agreed those in previous works in stallions [84,85]. For instance, the
influence of age in testicular dimensions of juvenile and peripubertal donkeys was verified
by Rota, et al. [67], who suggested that age markedly influenced testicular width.

On the other hand, age shows a linear association with abnormal sperm morphology
in model 1. Morphologically abnormal spermatozoa percentage slightly increases with age;
while sperm concentration and morphologically normal spermatozoa linearly decrease.
The negative impact of advanced age on morphology has been already described in stallions
and has been ascribed to testicular degeneration, abnormal epididymal function [86] or to
age-related testicular dysfunction associated with deterioration in DNA sperm motility [87].
A study in Egyptian donkeys reports that from six years onward, histological features were
indicative of spermatogenic efficiency starting to decrease [65]; however, more studies
should be performed before concluding that the same occurs in Miranda donkey breed.

In general, stronger correlations between BW and testicular biometry than between
age and testicular biometry were verified in the present study. This agrees with the
findings in a previous study conducted in stallions which emphasized the influence of
body size in testicular measurements and sperm output [2]. However, the analysis of
regression coefficients evidenced that the association of motility and total motile sperm
(TMS) with TTV was not always constant. On the contrary, sperm motility, as well as TMS
and concentration, were positively and linearly associated with gonodasomatic ratio (GSI).
Overall, this supports the fact that even if the measurements of the testicular parameters
could provide useful information about the potential sperm production, when it comes to
predict motility, these parameters should be adjusted for the BW of the donkey, as reported
by [Woodall and Johnstone [88]] when predicting for fertility in dogs. Contextually, further
investigations should allow to determine and confirm the relationship between BW and
TV in donkeys.

5. Conclusions

The results of the present work evidence the reliability of ultrasonographic measure-
ments of testis, which emphasizes its importance and value to obtain reference values of
donkey testicular volumes. Values of testicular volume and sperm output in the Miranda
donkey breed are similar to those in other affine European donkey breeds. Gonadomatic
index (GSI) is higher in the donkey than in other domestic species as previously described,
which confirms the great reproductive potential of male donkeys.

Combinations of biometrical and testicular morphometric factors (age, body weight,
testicular volume and GSI) will likely improve the predictive accuracy of Models than
using factors separately. Besides biometry, considering data such as BW and age, testicular
volume, and GSI may be systematically taken into consideration and integrated on BSE
of donkeys. The present study provides new insights into donkey reproductive biology,
which may be transferred to ARS strategies. Appropriate use of both models may be useful
to further improve knowledge on the reproductive characteristics of donkey breeds, which
may reinforce clinical purposes and maximize the outcomes from direct conservation or
selection strategies.

57



Animals 2021, 11, 176

Supplementary Materials: The following Tables are available online at https://www.mdpi.com/20
76-2615/11/1/176/s1, Table S1. Testing for normality using Shapiro–Francia W’ test (for 50 < n <
2500 samples) for testicular biometry.; Table S2. Testing for normality using Shapiro–Wilk test (for n <
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test for differences in the mean for US and caliper testicular measurements between juvenile (n = 6)
and mature donkeys (n = 17).

Author Contributions: Conceptualization, A.M.-B. and F.J.N.G.; methodology, A.M.-B. and F.J.N.G.;
software, F.J.N.G.; validation, A.M.-B., M.Q., and A.C.; formal analysis, F.J.N.G.; investigation, A.M.-B.
and M.Q.; resources, M.Q., B.L., A.C., and A.M.-B.; data curation, F.J.N.G.; writing—original draft
preparation, A.M.-B., M.Q., and A.C.; writing—review and editing, A.M.-B. and F.J.N.G.; visualiza-
tion, A.M.-B. and F.J.N.G.; supervision, A.M.-B.; project administration, A.M.-B.; funding acquisition,
A.M.-B. and M.Q. All authors have read and agreed to the published version of the manuscript.

Funding: This work was supported by the project UIDB/CVT/00772/2020 funded by the supported
by the Portuguese Science and Technology Foundation (FCT).

Institutional Review Board Statement: The study was conducted in accordance with the Declaration
of Helsinki. Animals have been evaluated with approval and in collaboration with the Association
for Study and Protection of the Donkey Breed Burro de Miranda (AEPGA), in the behalf of a scientific
protocol of caooperation signed between both institutions. All animal procedures were conducted
in accordance with national laws for animal welfare and experimentation as with the EU Directive
2010/63/EU for animal experiments and the approval of the Directive Hospital Committee (Approval
Ref. 408/VTH-UTAD).

Informed Consent Statement: Not applicable.

Data Availability Statement: Data available on request due to restrictions eg privacy or ethical.

Acknowledgments: The authors thank the Veterinary Degree’ students for their willingness to partic-
ipate in the present study. Also, the authors would like to thank the support of AEPGA-Association
for the Study and Protection of Donkeys (Miranda do Douro, Portugal) and the Veterinary Teaching
Hospital of UTAD (Vila Real, Portugal) to carry out the present work. Critical comments from A.
Rocha (DACT) and T. Guimarães (DECAR) (ICBAS and CRAV, University of Oporto, Portugal) are
also highly appreciated.

Conflicts of Interest: The authors declare no conflict of interest.

References
1. Thompson, D.L., Jr.; Pickett, B.W.; Squires, E.L.; Amann, R.P. Testicular measurements and reproductive characteristics in stallions.

J. Reprod. Fertil. Suppl. 1979, 27, 13–17.
2. Kavak, A.; Lundeheim, N.; Aidnik, M.; Einarsson, S. Testicular measurements and daily sperm output of Tori and Estonian breed

stallions. Reprod. Domest. Anim. 2003, 38, 167–169.
3. Pricking, S.; Bollwein, H.; Spilker, K.; Martinsson, G.; Schweizer, A.; Thomas, S.; Oldenhof, H.; Sieme, H. Testicular volumetry

and prediction of daily sperm output in stallions by orchidometry and two-and three-dimensional sonography. Theriogenology
2017, 104, 149–155. [PubMed]

4. Love, C. How to measure testes size and evaluate scrotal contents in the stallion. In Proceedings of the 60th AAEP Annual
Convention, Salt Lake City, UT, USA, 6–10 December 2014; Volume 60, pp. 302–308.

5. Lara, N.L.; Costa, G.M.; Avelar, G.F.; Lacerda, S.; Hess, R.A.; França, L.R. Testis physiology—overview and histology. In
Encyclopedia of Reproduction; Skinner, M.K., Ed.; Academic Press: New York, NY, USA, 2018; pp. 105–116.

6. Neves, E.S.; Chiarini-Garcia, H.; França, L.R. Comparative testis morphometry and seminiferous epithelium cycle length in
donkeys and mules. Biol. Reprod. 2002, 67, 247–255.

7. Kugler, W.; Grunenfelder, H.P.; Broxham, E. Donkey Breeds in Europe: Inventory, Description, Need for Action, Conservation; Report
2007/2008; Monitoring Institute for Rare Breeds and Seeds in Europe: St. Gallen, Switzerland, 2008; p. 26.

58



Animals 2021, 11, 176

8. Quaresma, M.; Payan-Carreira, R. Characterization of the estrous cycle of Asinina de Miranda jennies (Equus asinus). Theriogenology
2015, 83, 616–624. [PubMed]

9. Oravecz, Z.; Muth, C. Fitting growth curve models in the Bayesian framework. Psychon. Bull. Rev. 2018, 25, 235–255. [CrossRef]
[PubMed]
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Simple Summary: Equids are part of the history of many countries, including Brazil, where they
were used in trade routes and expansion of the current states. Several skin diseases affect these
animals; however, visibility is higher on horses than on donkeys and mules, which is linked to
regional cultural and socioeconomic factors, even resulting in a decline of the world population of
these animals. In this context, the objective of this study was to review which skin diseases have been
reported in the scientific literature with emphasis on skin pathologies.

Abstract: The skin of donkeys and mules represents a promising source of income; however, cultural,
productive, and infectious factors can directly interfere with the quality of the integumentary tissue
and well-being of these species. The objective of this study is to present a literature review on equine
dermatopathies. This literature review included scientific articles related to equine medicine and
breeding according to pre-established search terms and expressions published in recently articles.
The evaluation of the clinical and pathological behavior of dermatopathies implies the use of control
strategies and the recognition of pathological patterns that may be particular to the species.

Keywords: skin; integument; donkey; mule

1. Introduction

Donkeys and mules represent an important share of the world’s equids, totaling
about 44 million in recent years, of which approximately 1 million are in Brazil [1,2]. The
breeding of these animals is important in developing countries, and their introduction in the
territories was quite variable, being associated with the colonial period in South America [3].
The work of donkeys and mules ranges from field work to recreation and entertainment [4],
safeguarding socioeconomic importance in many states of Brazil, especially in eastern
Brazil.

Many of the phenotypic and physiological characteristics of these animals favor sus-
tainable breeding to increase regional economy. Donkey breeding, however, still presents
major challenges in Brazil, which sees their population gradually decreasing over the
years [5]. On the other hand, there is a trend toward expansion of the consumer market
for meat, milk, and especially donkey skin, given the demand for these products in Asian
countries such as China [6].

In this context, the investigation of diseases affecting donkeys and mules becomes
important and gives rise to discussions on animal welfare and public health. This is
demonstrated particularly in serological studies that show the participation of donkeys
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and mules in the epidemiological chain of reportable diseases [7,8]. It is furthermore
important to highlight that cultural factors may influence the frequency of these diseases,
affecting both animal and human health and welfare. Integrating these concepts within
the population of an increasingly technological world is perhaps the greatest challenge of
sustainable breeding of donkeys and mules today.

Regarding skin diseases in productive animals, the literature lacks studies on der-
matopathies and their risk factors, especially in Brazil. Until recently, retrospective studies
in ruminants and equids [9,10] have been highlighted in the country, whereas studies on
donkeys are still incipient [11,12]. In this context, the objective of this study was to present
a literature review on skin diseases in donkeys and mules.

To identify the main dermatopathies diagnosed in equids today, this study consists of
a literature review containing the main studies on equine medicine and breeding, in which
four major themes were initially proposed to direct the bibliographic research: (a) the use
of donkeys and mules in Brazil and in the world; (b) the main diseases of donkeys and
mules; (c) skin diseases diagnosed in donkeys and mules; and (d) equid dermatopathies in
northeastern Brazil.

The search terms or expressions were chosen based on the major topics listed above
and then typed into the major digital veterinary medicine libraries. Where necessary,
Boolean operators such as and or not were used. The eligibility criteria were the terms
and/or expressions, timeliness, status, and relevance of the publication according to the
major themes. For this purpose, studies published or in press preferably from 2016 to 2020
were considered. The search was expanded to the last ten years when the terms and/or
expressions were not covered in the period previously stipulated. In this case, studies from
2010 onwards were evaluated. Studies published in English were considered; however,
those written in other languages, such as Portuguese, with an abstract in English, were not
removed from the archives.

2. Relationship between Disease Occurrence and Type of Donkey and Mule Farming
2.1. Overview of Donkey and Mule Farming in Brazil

Donkeys and mules represent a growing source of income, especially in Brazil,
which has approximately 1 million donkeys [2,4]. However, although there is a potential
consumer market, the Brazilian market is still not very expressive, which may be linked to
the gradually decreasing number of these animals over the years, a decline that reached
37.08% in 2016 [5].

Another factor to consider is the local culture, which associates the use of equids
mostly for traction and other field activities. Despite the economic importance, the exact
number of donkeys and mules is uncertain, partially due to extensive farming and ab-
sence of technical guidelines, and cultural aspects that associate these animals to poverty,
generating abandonment resulting in traffic accidents in the region [5,13].

Despite similarities, donkeys and mules are distinct animals that originated from
the cross-breeding of Equus asinus and Equus caballus species [14]. These animals have
intermediate characteristics between the progenitor species making their rearing relatively
easy due to their rusticity, easy breeding, longevity, less selective eating habits, docile tem-
perament, and dexterity in performing agricultural activities. In Brazil, three types of
donkeys which originated from Europe and Africa are recognized; the northeastern donkey
is well adapted to the semiarid climate [5]. Donkeys and mules are part of the herd in all
Brazilian states, which may be linked to their use in the colonial period while expanding
routes in the interior of the country.

The identification of these characteristics favored the investment in research directed
to the biotechnology of reproduction, serological research of microorganisms, as well as in
the food sector, raising the topic of the welfare of these animals. In the state of Bahia, Brazil,
a private company producing donkey meat and donkey-hide gelatin became an important
exporter to China [4,5]. The significant increase in the export of donkey hide to China [4].

63



Animals 2021, 11, 65

Similarly to ruminants, the erroneous notion that donkeys and mules are resistant
to the environment and adverse conditions is disseminated among farmers, generating
carelessness with nutritional and sanitary management, it is not uncommon to observe
working animals with chronic disease and skin lacerations due to whipping [13,15]. The
visibility that the articles achieve is essential to raise awareness and disseminate technical
information. In this context, Non-Governmental Organizations and other entities com-
monly promote care in the farming of these animals, although government agencies take
time to follow their recommendations [16].

There is further a growing number of articles published in journals relevant to the
scientific community addressing the health of these animals. A previous study tracking
publications on donkeys [13] showed that until 2018, there were only 114 publications from
56 different countries discussing varying topics. In this study, the themes of reproduction
followed by studies on anatomy, pathology, surgery, and equine medicine were highlighted.
This shows, among other things, that there is still a vast field of research to be explored
with donkeys and mules.

2.2. Disease Profile of Donkeys and Mules

Undoubtedly, diseases are the main obstacle in animal husbandry, so much so that
occurrence of disease outbreaks can generate significant losses. The role of diagnostic
laboratories is essential, considering that infectious diseases stand out among all other
diseases that affect herbivores, and are generally due to digestive disorders [17–19].

Even considering the economic relevance, the diagnosis of equine diseases is still
precarious in the literature. Diseases in donkeys and mules are largely unknown [20].
Generally, these animals develop diseases similar to horses, however, certain irregularities
must be considered before a presumptive diagnosis. The clinical differences tend to be
quite subtle, such as demonstration of pain, which is generally not as expressive as in
horses, justifying differentiated physical examination [14].

Therefore, studies aimed at diagnosing these diseases should be stimulated. The
importance of these studies is even more relevant when considering zoonotic agents,
such as the West Nile virus, a micro-organism that has re-emerged in recent years and that
leads to severe neurological lesions in horses and humans [21]. A serological investigation
was performed on donkeys and mules in southern Spain after the detection of West Nile
virus infection in the region. It was observed that nine of the 90 herds evaluated contained
at least one seropositive animal and antibodies against the virus were further detected
in 1/4 of the donkeys coming from farms where the cases were confirmed in horses,
demonstrating that serological surveillance of sentinel donkeys and mules is necessary for
the epidemiological monitoring of these diseases [8].

In Brazil, a recent study demonstrated the frequency of antibodies to some equine dis-
eases in donkeys in the state of São Paulo. Of the 85 serums evaluated, it was estimated that
50.6% exhibited antibodies against the H3N8 subtype of the influenza virus, 47% against
the equine Herpesvirus, and 20% against the equine arteritis virus, demonstrating that
these agents circulate among donkeys in the region and reiterating the importance of
epidemiological monitoring of equids in Brazil [7].

It is important to highlight, however, that a significant portion of diseases diagnosed
in domestic animals is performed through necropsy examination. Many retrospective
studies include pathological results and estimate the frequency of the diseases in a certain
geographical region, thus improving local clinical diagnosis, as it is possible to draw
an epidemiological and clinical-pathological profile in most of these studies. In Brazil,
only some studies approach the main equine diseases [17,22,23]. However, the literature is
limited regarding equine diseases, with only two studies [11,12] conducted in the Brazilian
semiarid region being found.

A North American study on causes of death and reason for euthanasia in equids
highlighted digestive disorders and lesions in the pituitary gland and locomotor system.
This study focused especially on geriatric diseases, represented by neurological, urinary,

64



Animals 2021, 11, 65

and neoplastic disorders, which alone accounted for more than 18% of the causes of death
in all animals evaluated [24]. These results are important when considering that donkeys
and mules have great longevity and often need appropriate veterinary medical attention.

2.3. Skin Diseases Diagnosed in Donkeys and Mules

Skin lesions have been reported in horses in several regions of the world, mainly as
case reports with the occasional retrospective study. Regarding skin diseases, there is
variation in the origin of the lesions, suggesting individual differences of the species or
factors related to the environment, for example traumatic injuries and lesions. Infectious
and parasitic dermatopathies impact the quality of life and skin byproducts of these animals.
Thus, certain studies report the occurrence or frequency of integument pathologies that
may interfere with donkey and mule skin health.

As for infectious and parasitic diseases, the first report of skin besnoitiosis by
Besnoitia besnnetti in donkeys in the United Kingdom was recently published, referring to
the analysis of 20 tissue samples characterized by nodular lesions on skin, mucous mem-
branes, and muco-cutaneous transitions [25]. A very important issue in this study was the
fact that the lesions were frequently attributed to sarcoid when macroscopically evaluated,
the histopathological findings essential for the definitive diagnosis of a disease that had
never before been diagnosed in the country, showing the need to pay more attention to
routine cases for skin and mucous membrane lesions in donkeys and mules.

These studies on skin diseases further the understanding of the epidemiology and
clinical presentation of diseases and infer the prognosis of the patients. A study conducted
in Egypt to evaluate filarial infection in donkeys showed a significant number of filarial
lesions in a period of two years, which were not restricted only to the integument. Of the
188 animals studied, 163 were parasitized by Onchocerca cervicalis, followed by Setaria equina,
Parafilaria multipapillosa, and Onchocerca reticulata being the infection most common in adult
males aged five to fifteen years [26].

A retrospective study on skin diseases in donkeys from European countries and
the USA has recently been published, emphasizing the geographical distribution of der-
matopathies on donkeys in the region. In this study, the following diseases were high-
lighted: hypersensitivity to insect bites, sarcoid, habronemiasis, superficial pyoderma,
and dermatophytosis, among other less expressive diseases. Dermatopathies were common
pathologies in equids and, as was already expected, factors such as age, sex, and diagnosis
varied by geographical location, showing the importance of a thorough dermatological
examination, regardless of the reason and clinical presentation of these diseases [27].

The following tables (Tables 1 and 2) show some of the main skin disorders caused by
fungi, bacteria, parasites and oomycetes described in donkeys and mules in the veterinary
literature.
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Table 1. Clinical and pathological characteristics of skin diseases caused by fungi and bacteria in donkeys and mules.

Disease Gross Pathology Histopathology Clinical References

Dermatophilosis
(Dermatophilus congonlensis)

Lesions are usually crusted,
alopecic, circumscribed and

with marked agglutination of
hair, or spread diffusely.

These areas characterize an
exudative dermatitis with the

formation of crusts interspersed with
layers of exudate.

In general, muzzle, face, eyes, limbs
and back are the main affected areas,

however they can manifest in a
widespread way.

[12,28,29]

Dermatophytosis

Unique, multifocal areas slightly
elevated and with regular edges,

accompanied by alopecia,
flaking and grayish crusts.

This lesion represents hyperplastic
dermatitis with suppurative
folliculitis, hyperkeratosis,

epidermal acanthosis
and microabscesses.

The lesions are generally not itchy and
start in areas of abrasions with loins,

rump and head, but which can expand
to the back and flank.

[12,28,29]

Epizootic lymphangitis
(Histoplasma farciminosum)

Single or multiple nodular areas,
of slow growth, which ulcerate

and drain purulent content.
There is usually granulation

tissue surrounding
these lesions.

Generally granulomatous lesions
with adjacent granulation tissue and

intrahistiocytic and extracellular
yeasts, stained positively with

Grocott’s methenamine silver and
Periodic acid-Schiff stains; that can

even show budding.

It can occur on lymphatic lines of the
legs, neck region, on the skin or in the

nasolacrimal region, limbs (in
particular after localized trauma).

[27,28,30,31]

Glanders
(Burkholderia mallei)

Lesions range from nodular
swelling in lymph vessels

(rosary beads)
to abscesses, alopecia,

ulcerations and edema.

These lesions are irregular and
characterized by a necrosis center

surrounded by a granulomatous to
pyogranulomatous infiltrate and

adjacent fibrous connective tissue.

The nodules usually follow the
distribution of the lymphatic vessels,
but are observed particularly in the
limbs and flank, head and neck, and

can “float” on palpation.

[32–34]

Table 2. Clinical and pathological characteristics of skin diseases caused by parasites and oomycetes in donkeys and mules.

Disease Gross Pathology Histopathology Clinical References

Habronemiasis
(Habronema sp.)

Small, crusted nodular lesions,
which progressively increase in
volume and acquire a spongy

and reddish appearance.

These nodulations represent severe
eosinophilic dermatitis and

panniculitis, with fibroplasia and the
presence of intralesional larvae.

It can occur on the skin of the limbs,
withers, penis or in the ocular

conjunctiva. In conjunctival form it
accompanies ocular discharge.

[12,27,29]

Filariosis
(Onchocerca sp.; Setaria equina;

Parafilaria multipapillosa)

Nodular swelling, of variable
size, which may ulcerate.

These lesions correspond to a
granulomatous inflammation that

usually forms in response
to the larvae.

Skin infections are often associated
with Oncocerca cervicalis, in the
nuchal ligament but can affect

tendons and ligaments of the limbs.

[26,28,35]

Pythiosis
(Pythium insidiosum)

Ulcerated nodules and drain
sero-bloody secretion.

Accompanied by fibrous,
whitish and shiny fabric,
interspersed by kunkers.

Areas of necrosis and eosinophilic
infiltrate, surrounded by granulation

tissue and fibrosis, with negative
images of intralesional hyphae;

Grocott-Gomori methenamine silver
stain positive.

Lesions are seen in the limbs, ventral
abdominal region, chest, neck, face,
lips, breast and genitals, and can be

itchy, predisposing to
self-mutilation.

[12,28,36–38]

Besnoitiosis
(Besnoitia spp.)

They may appear as small,
multiple, round,

yellowish-white, punctate
lesions, with thickening,

peeling, formation of
wrinkles/folds

and lichenification.

These lesions represent a mixed
inflammatory infiltrate involving the

cysts of Besnoitia spp. In addition,
hypeceratosis, scales and crusts

can be observed
accompanying dermatitis.

Lesions can be seen in the neck, head,
limbs and perineum are particularly
affected. The lesions can also appear
in areas that have suffered previous
trauma or in self-inflicted trauma.

[25,27]

Ulcerative lymphangitis is caused by bacteria belonging to the genera Corynebac-
terium pseudotuberculosis, Staphylococcus spp., Streptococcus spp., Pseudomonas aeruginosa and
Rhodococcus equi. They initially occur as swelling that fistulates and drains purulent content,
progressing to cutaneous or subcutaneous abscesses accompanied by edema. Lesions can
be seen particularly in the limbs, such as hocks and fetlock, usually accompanying the
lymphatic chain [39–41]. As for the ectoparasites that affect the skin of donkeys and mules,
there are different agents involved such as diptera causing myiasis, lice and scabies.

Dermatobia hominis, Gasterophilus nasalis, and Oestrus ovis are examples of myiasis-
causing flies. Infestation by small numbers of larvae may have little or no clinical effect
on the host. In general, these lesions do not require a biopsy to confirm the diagnosis.
Infestations are greater in rainy periods when the proliferation of flies and mosquitoes,
however the occurrence of myiasis does not follow seasonality, considering that traumatic
injuries and untreated injuries that determine their occurrence. The injuries are variable
and depend on the source of the injury [42].

Lice and scabies are frequently observed and their visualization already gives a diag-
nosis, however the skin may exhibit flaking and hyperemia resulting from the blood meal
(sucking lice particularly). The parasites can be observed dispersed in the animal’s coat,
usually in those most weakened immunosuppressed. Secondary infections are common,
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particularly in traumatized skin. The distribution in the animal organism varies according
to the species of mite, being Sarcoptes scabiei var. equi but common in the head and neck;
Psoroptes equi at the base of the mane and tail hair and Chorioptes equi below the hock
and knees. Chorioptes equi is the most common parasite reported in donkeys and mules,
associated with intense itching, which can stimulate the habit of self-mutilation [12,27,28].

Neoplastic diseases are an important group of skin diseases in most animals (Table 3),
whether during companionship or reproduction. A study conducted using the records of
five North American institutions, concluded that 125 of the 357 donkeys evaluated were
diagnosed with neoplasia. The skin tumors stood out, with sarcoid being the most common,
followed by soft tissue sarcomas. A very important finding highlighted by the authors
was the presence of different neoplasm behavior in donkeys when compared to horses.
For example, squamous cell carcinoma and melanoma were considered unusual to rare
tumors in donkeys, as well as lymphosarcoma, implying that there may be carcinogenesis
differences among equids, which should be considered at the time of diagnosis and therapy,
as well as at the time of informing veterinarians of the prevalence of tumors in these
species [43].

Table 3. Clinical and pathological characteristics of the main primary cutaneous neoplasms diagnosed in donkeys and mules.

Disease Gross Pathology Histopathology Clinical References

Sarcoids

Nodulations are classified based on
morphological patterns, being of
the type, fibroblastic, verrucous

and mixed.

These lesions are characterized as
proliferative masses that have two

histological constituents: an epithelial
tissue and a dermal connective tissue

with marked disorganized
proliferation of connective tissue.

Commonly affected sites include
ears, labial commissures, ventral

trunk and feet.
[43,44]

Squamous cell carcinoma

The lesions are nodular, expansive,
usually firm and sessile, which
gradually increase in volume,
ulcerating, with easy bleeding

and crusting.

These nodulations correspond to
infiltrative and irregular masses with
cells arranged in cords or nests whose

center may contain aggregates of
keratin (corneal pearls) according to

the degree of differentiation.

Its occurrence is often attributed to
sun exposure in anatomical regions
unprotected from pigmentation or
hair, particularly in eyelids, ears,

snout, perineum and udder.

[12]

Papilloma
The lesions are often arborescent or
filiform, with a dry surface and that
detach from the skin under traction.

This proliferation is benign and
corresponds to an epithelial

hyperplasia, forming papillary
projections, with moderate supporting

connective tissue.

The anatomical location is variable
but can be seen particularly in the
head, neck, belly, limbs, face, penis

and base of the tail. They are usually
benign and self-limiting.

[12,43]

Melanoma

Melanocytic tumors occur as single
or multiple, shiny masses, usually

blackened and multilobulated, with
a high rate of metastasis.

Neoplastic melanocytes can exhibit
intense pleomorphism with high

mitotic activity, and are
arranged in nests.

They are commonly seen in old,
light-haired equines, particularly in
the perineum, base of the tail and

external genitalia.

[12,44]

Skin wounds are a frequent problem in equids, especially those of traumatic origin
linked to traction activities.

A study evaluating 148 donkeys subjected to workloads three to five hours a day for
three to five days a week in Tanzania showed the presence of wounds (one or more) in 56.1%
of the animals. The lesions were mostly on the back and neck, and resulted from contact
with harnesses, breast collars, and the cart. According to the authors, the lesions were
variable in size and extension, most of them affecting the skin and subcutaneous tissues,
some deepening to the musculature, while another portion was associated to granulation
tissue, exudation, besides hemorrhages and necrosis [45]. An important finding of this
study was the report of owners using substances such as motor oil for the treatment of
injuries, a common practice in the northeast of Brazil, attributing to the oil protection and
lubrication of the injured skin.

In Ethiopia, of a total of 997 horses, the most common skin diseases included skin
wounds, followed by ectoparasites, dermatophilosis, sarcoid, and dermatophytes. A very
important finding of this study refers to risk factors for the occurrence of these lesions,
with the body score being very important for the occurrence of injuries, as well as what
kind of work these animals performed [15]. The use of donkeys and mules for a multitude
of tasks in Ethiopia is part of the culture of the country; however, sanitary and nutritional
conditions do not always follow the degree of effort to which these animals are subjected to,
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thus generating the aforementioned injuries. The approach in these cases should be more
holistic to consider cultural and socioeconomic issues and, at the same time, to improve
the health and welfare of the animals.

The following table (Table 4) show some of the main skin disorders caused by factors
related to the environment and traumatic injuries lesions.

Table 4. Environmental disease described in donkeys and mules.

Disease Gross Pathology Histopathology Clinical References

Photosensitization

The lesions are characterized by
erosions and crusts accompanied

by hyperemia, serous exudate,
and, subsequently, to cracks and

cutaneous detachment.

Microscopically, there are
hyperkeratosis, ulcers in the

epidermis, crusting and
infiltration in the dermis that

varies from polymorphonuclear to
mononuclear cells.

It particularly affects depigmented
areas such as the snout, udder,
back and vulva. This condition
can occur primary or secondary.

The animal exhibits intense
itching, contributing

to self-mutilation.

[46,47]

Wounds, exuberant
granulation tissue

Initial wounds can be of varied
causes, leading to ulcerative and
crusted lesions. These lesions can

evolve into the exuberant
granulation tissue becoming

spongy, irregular, with no
evident exudation.

In these lesions, there is a marked
proliferation of fibrous connective

tissue, neovascularization,
fibroplasia, in addition to a
chronic active inflammatory

infiltrate, depending on whether
the pathogenic stimulus

persists or not.

Varied location, usually associated
with the use of ropes, saddles and

whips for containment, being
commonly observed in the neck,

limbs, back and tail.

[12,28,45]

Hypersensitivity to mosquito bites in general are progressive lesions starting with
papules and crusts, accompanied by alopecia and erythema and may progress to ulcera-
tion. Mixed and perivascular dermatitis occurs with hyperplasia, orthokeratosis, crusts,
edema, hyperkeratosis in follicles and hyperplasia of adnexal glands [27,28,48]. Typically,
the disease manifests itself as chronic and itchy in character, particularly in the periocular
region and external auditory canal, extending to the neck, back, abdomen, tail and limbs.
Secondary mutilation and infections can occur secondarily and itching is variable, and the
exposure of the injured areas to the sun’s rays can cause serious complications [49,50].

Among the autoimmune diseases, pemphigus foliaceus stands out as being progres-
sive and may contain epidermal collarette, papules and crusts, progressing to a scaly and
alopecic lesion with or without exudation and easy hair removal. Microscopically these
lesions correspond to a dermatitis with intraepidermal pustules with acantholysis and
infiltration of intralesional and dermal neutrophils and eosinophils. Affected areas are
multifocal that can coalesce and become generalized. They usually start in the face and
limbs, but can affect mucocutaneous junctions [27,28,51].

3. Equine Dermatopathies in Northeast Brazil

Much of the attention given to donkey skin is due to the commercial value in the inter-
national market. In this context, similar to bovine leather, skin lesions may depreciate the
final product and interfere with quality. In Brazil however, reports of integument disorders
in donkeys and mules are little reported when compared to North American, European,
and Asian countries. The low value attributed to these animals in the northeastern rural
communities, associated with particularities of the species regarding clinical presentation
of some diseases, probably impact the owner’s decision not to take these animals to the
veterinarian, resulting in many diseases being underdiagnosed in the region.

A study in the semiarid region of Paraíba State reported that 258 donkeys and mules
seen in 10 years presented integumental diseases as the main causes of consultation
(88 cases), mainly traumatic wounds, sarcoids, and abscesses in donkeys and traumatic
wounds, squamous cell carcinomas, and habronemiasis in mules. A very important finding
raised in this study was that most diseases diagnosed could be linked to mistreatment
or lack of attention to these animals [11], a factor associated to the cultural habits of
many owners.

In the same year, another retrospective study exclusively on equid skin diseases in the
semiarid northeast was published [11]. According to this study, only one case of pythiosis
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was reported in donkeys in the northeast, which was subsequently approached regarding
clinical, epidemiological, pathological, immunohistochemical, and molecular aspects [36].
According to the authors, the pattern of the lesion was similar to cases of pythiosis in cattle,
and the origin of the disease was attributed to grazing in flooded areas, similarly to what is
described in equines.

Other diseases that deserve to be highlighted, despite the less expressive diagnosis,
are photosensitizing and allergic diseases, recently diagnosed in donkeys and mules in
the northeast of Brazil. A case of allergic dermatitis to a Culicoides bite was reported in
the state of Pernambuco, characterized by crusted papule and pruritic skin lesions with a
clinical progression of two years. A very important finding highlighted in this study was
the difficult clinical diagnosis due to similarities with other equid dermatopathies [48].

Primary photosensitization caused by Froelichia humboldtiana in equids have been
reported in the semiarid region of Brazil, affecting donkeys and mules. This condition
was described as exuberant, ulcerated lesions, with abundant serous exudation and crusts,
alopecia, erythema, edema and areas of necrosis (Figure 1), especially in face, croup,
and withers, accompanied by intense itching. The lesions were also associated with myiasis
and secondary infections and, in many cases, due to the impossibility of treating the
wounds, there was high mortality in the herd. The disease occurs at the end of the rainy
season in pastures highly invaded by F. humboldtiana. Animals usually recover after their
removal from areas invaded by this plant [46].
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4. Conclusions

The study of skin diseases in equines is essential, especially in Brazil, which has an
impressive number of donkeys and mules. The evaluation of the clinical and patholog-
ical behavior of these diseases implies the implementation of control strategies and the
recognition of pathological patterns may be specific to the species.

Geographical variations may further result in significant differences in the prevalence
of skin diseases, identifying the need for regional discussions on the emergence of common
diseases. In addition, cultural factors may interfere with the frequency of these diseases,
which implies losses in animal health and welfare. Incorporating these concepts in an
increasingly technological world is perhaps the greatest challenge for the sustainable
farming of donkeys and mules.
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Simple Summary: Donkeys are one of the six species of the equid family. Even though they may look
similar to horses, there are optical, behavioral, and physiological differences between the two species.
The most important endocrine diseases in horses (equine metabolic syndrome and pituitary pars
intermedia dysfunction: PPID) also exist in donkeys. The key symptoms of asinine metabolic syndrome
(AMS), similar to horses, are obesity, insulin dysregulation, and laminitis. It can be diagnosed with either
basal glucose and insulin concentration or dynamic tests. The intravenous glucose tolerance test and
the combined glucose insulin tolerance test were evaluated for donkeys. The therapy of AMS is aimed
at weight and exercise management. Donkeys suffering from PPID are often laminitic. Other authors
have reported on hypertrichosis as a cardinal sign. Donkey-specific differences in shedding compared
to horses have to be considered. The PPID can be diagnosed with donkey-specific reference values or
dynamic testing. The dexamethasone suppression test, the thyrotropin releasing hormone (TRH) test,
and the combined dexamethasone suppression/TRH test were evaluated for donkeys.

Abstract: Appropriate medical care for donkeys is challenging despite being important working
animals in non-industrialized countries and pets in first world countries. Although the same
principles of diagnosis and therapy as in horses are commonly applied, there are differences in
reference values and physiologic reaction to dynamic tests. However, donkeys seem to suffer from
typical equine diseases, such as metabolic syndrome and pituitary pars intermedia dysfunction
(PPID). Asinine metabolic syndrome (AMS) comprises obesity, insulin dysregulation, and laminitis.
The principles of diagnosis are similar to horses. Donkey-specific reference ranges for insulin and
glucose have been evaluated previously. Examinations regarding dynamic testing revealed differences
in the intravenous glucose tolerance test and the combined insulin tolerance test compared to horses.
The therapy of AMS is based mainly on weight loss and exercise. There are conflicting data regarding
the incidence of PPID in donkeys. Laminitis and hypertrichosis were described as the main clinical
signs. Species-specific and seasonal reference ranges were defined to diagnose PPID in donkeys.
Furthermore, the dexamethasone suppression test, the thyrotropin releasing hormone (TRH) test
and the combined dexamethasone suppression/TRH test were evaluated. Pergolide is commonly
recommended for treatment.

Keywords: ACTH; PPID; metabolic syndrome; insulin dysregulation
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1. Introduction

The equid family comprises donkeys and zebras in addition to the horse, as well as their hybrids [1].
Donkeys are commonly used as working animals and support humans mostly in farm work and
transport [2,3]. They are occasionally used for milk, leather, and meat production [3,4]. Mules and
hinnies, hybrids of horses and donkeys [5,6], that are also used as working animals, are especially
sure of step and, therefore, often used as pack animals in the mountains and under adverse climatic
conditions [3–8]. Donkeys and their hybrids are no longer required as working animals in many
European and North American countries but are kept as pets [2,9]. Consequently, the donkey
population has decreased significantly [2].

Even though donkeys are important working animals in developing countries and areas that are
difficult to access otherwise, and even kept as pets in first world countries [2], adequate medical care
for these animals is not ensured [10,11]. Donkeys show different pharmacokinetic characteristics than
the horse because of different genetic and physiological properties [11–13].

Endocrinologic diseases in the horse, such as pituitary pars intermedia dysfunction (PPID) and
equine metabolic syndrome (EMS), are a common diagnosis. These diseases also occur in donkeys,
but there are species-specific characteristics.

2. Asinine Metabolic Syndrome

2.1. Epidemiology

Donkeys are adapted to rough environmental conditions with extremes in temperature, low-quality
diets, and a high workload [2]. Under these harsh conditions, the donkey developed energy-efficiency
traits, with an efficiency to rapidly mobilize fat in situations of increased energy demands or when food
is scarce. Due to this evolution, the donkey can be considered as a typical “easy-keeper” [14]. Therefore,
obese donkeys are often encountered in developed countries if high-quality and/or calorie-rich food is
provided. In the authors’ experience, owners of donkeys are often not aware that their animal is obese.

2.2. Clinical Signs

Donkeys have a much better feed conversion ratio than horses: a donkey requires only 57–67%
of the digestible energy the pony needs compared to ponies of the same size, another point leading
donkeys to be considered as typical easy keepers [15–17]. As fat distribution and neck morphology in
donkeys differs from that in horses, a donkey-specific body condition score (BCS), and neck scoring
system were developed (see Tables 1 and 2). It is important to keep in mind that there is a possibility of
calcification of fat deposits in donkeys [15]. These no longer respond to weight loss and should not be
incorporated in the BCS [15]. Furthermore, donkeys may have intra-abdominal fat depots [16] that
may, for example, cover the linea alba [18,19].

Similar to horses, obesity and insulin resistance may contribute to laminitis [21]. Laminitis often
results in irreversible changes of the anatomy of the foot, which are caused by failure of the suspensory
apparatus of the distal phalanx [22,23]. These changes lead to altered biomechanics and, therefore,
also to secondary pathologies and altered hoof horn production, which, in turn, leads to changes in the
hoof conformation [24]. This disease causes foot pain and lameness [24]. In a study of radiological
signs for laminitis in donkeys, Collins et al. [24] based the clinical diagnosis of acute laminitis on stance
and gait irregularities, increased digital pulse amplitude, increased sensitivity to hoof testers in the
dorsal aspect of the foot, increased hoof temperature, the presence of supracoronary depression and
behavioral changes indicative of pain. Regarding the hooves themselves, the presence of divergent
growth rings, widening of the white line, extensive flattening of the sole, sole hemorrhage in the region
adjacent to the dorsodistal margin of the distal phalanx, distortion to the hoof capsule, dorsal concavity
of the hoof wall, and/or perioplic hyperproliferation were defined as signs consistent with laminitis [24].
Radiographic signs in laminitic donkeys include a rotation, distal displacement, and/or morphometric
change of the coffin bone and increases in the integument depth [24,25]. The radiological diagnosis
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of laminitis in donkeys, however, cannot be based on baseline data established for the horse [24].
Chronically laminitic hooves of a donkey are shown in Figure 1.

Table 1. Donkey-specific body condition scoring provided by the Donkey Sanctuary (https://www.
thedonkeysanctuary.org.uk/sites/uk/files/2018-10/body-scoring-chart.pdf).

Condition Score Neck and Shoulders Withers Ribs and Belly Back and Loins Hindquarters

1 Poor (Very thin)
Neck thin, all bones

felt easily.
Neck meets shoulder

abruptly,
shoulder bones felt

easily, angular.

Dorsal spine and
withers

prominent and
felt easily.

Ribs can be seen
from a distance
and felt easily.

Belly tucked up.

Backbone
prominent,

dorsal,
and transverse
processes felt

easily.

Hip bones visible
and felt easily
(dock and pin

bones).
Little muscle

cover. May be
cavity under tail.

2 Moderate
(Underweight)

Some muscle
development

overlying bones.
Slight step where

neck meets
shoulders.

Some muscle
development

overlying bones.
Slight step where

neck meets
shoulders.

Ribs not visible
but can be felt

easily.

Dorsal and
transverse

processes felt
with light
pressure.

Poor muscle
development
either side of

midline.

Poor muscle
cover on

hindquarters,
hip bones felt

easily.

3 Ideal
Good muscle
development,

bones felt under light
cover of muscle/fat.

Neck flows smoothly
into shoulder, which

is rounded.

Good cover of
muscle/fat over
dorsal spinous

processes,
withers flow

smoothly into
back.

Ribs just covered
by light layer of

fat/muscle,
ribs can be felt

with light
pressure. Belly
firm with good

muscle tone and
flattish outline.

Can feel
individual
spinous or
transverse

processes with
pressure. Muscle

development
either side of

midline is good.

Good muscle
cover over

hindquarters,
hip bones

rounded in
appearance,

can be felt with
light pressure.

4 Overweight
(Fat)

Neck thick,
crest hard,

shoulder covered in
even fat layer.

Withers broad,
bones felt with

pressure.

Ribs dorsally
only felt with
firm pressure,

ventral ribs may
be felt more easily.
Belly overdeveloped.

Can only feel
dorsal and
transverse

processes with
firm pressure.

May have slight
crease along

midline.

Hindquarters
rounded, bones
felt only with

pressure.
Fat deposits

evenly placed.

5 Obese (Very fat)

Neck thick,
crest bulging with fat
and may fall to one

side.

Shoulder
rounded and

bulging with fat.
Withers broad,
bones felt with
firm pressure.

Large, often
uneven fat

deposits covering
dorsal and

possibly ventral
aspect of ribs.

Ribs not palpable
dorsally.

Belly pendulous
in depth and

width.

Back broad,
difficult to feel

individual
spinous or
transverse
processes.

More prominent
crease along

midline fat pads
on either side.
Crease along

midline, bulging
fat either side.

Cannot feel hip
bones, fat may

overhang either
side of tail head,
fat often uneven

and bulging.
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Table 2. Donkey-specific neck scoring system provided by Mendoza et al. (2015) [20].

Score Description

0

Neck thin with absence of a visible and palpable crest.

1
Neck still slightly thin. Crest not visible, but palpable.

Normal appearance.

2 Neck moderately fatty. Noticeable crest that can be palpated from
withers to poll. Patchy fat deposits can be palpated.

Bony prominences cannot be felt.

3 Neck thick and rounded. Crest is enlarged, thickened and hard.
It is palpable from withers to poll. Crest begins to make

longitudinal fat deposit to both sides of the neck. Fat deposited
from the middle of the neck to withers. Crest width is increased.

4 Neck thick and rounded. Crest grossly enlarged and thickened.
Large fat deposits from poll to withers, forming longitudinal hard
bands of fat at both neck sides that can be grasped with the hand.
Crest width is grossly expanded and it cannot be grasped with one

hand. Occasionally in large breeds, crest may drop to one side.

Figure 1. Hooves of a donkey with signs of chronic laminitis. Note the divergent growth rings.

Insulin concentrations in obese donkeys were shown to be higher when compared to moderate
and thin donkeys [26]. Furthermore, an overall trend for an increasing BCS to lower insulin sensitivity
has been suspected previously [26]. Additionally, there are changes in the lipid and lipoprotein
metabolism in obese donkeys which may be a predisposition to hyperlipemia [27]. Compared to
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horses, the information available on AMS and insulin resistance in donkeys is scarce [28]. Figure 2
shows an obese donkey with a BCS of 5/5.

Figure 2. Obese donkey with a body condition score of 5.

2.3. Pathogenesis

The EMS is a collection of risk factors for the development of endocrinopathic laminitis [29].
This includes obesity (regional and/or generalized) and systemic insulin dysregulation/resistance [29].
The failure of the tissues to respond to insulin adequately and/or an altered insulin clearance is defined
as insulin dysregulation/resistance [29]. Genetic predisposition may be important in horses for the
development of obesity and insulin dysregulation [30]. Donkeys developed energy-efficiency traits,
with an efficiency to rapidly mobilize fat in situations of increased energy demands or when food is
scarce as they are commonly used as working animals under harsh environmental conditions. This may
predispose the animals to obesity [14].

Insulin dysregulation plays a key role in EMS and hyperinsulinemia is probably the most important
pathophysiologic component of insulin dysregulation in horses [31,32]. Donkeys have a decreased
insulin sensitivity [16] compared to horses and donkeys with insulin resistance often have higher insulin
plasma concentrations than horses with insulin dysregulation [28]. Insulin concentrations in obese
donkeys are often high, suggesting insulin dysregulation. Hyperinsulinemia in horses has previously
been identified as the most probable cause of endocrinopathic laminitis [32–35], but hyperinsulinemia
has not yet been identified as the direct cause of asinine endocrinopathic laminitis [17]. However,
one study suggested that insulin concentrations higher than 20µIU/mL were associated with laminitis in
donkeys [36]. The clinical relevance of this or higher cutoff values to diagnose a risk of endocrinopathic
laminitis remains unclear [17], especially as there are age-related variations in insulin concentration.
Geriatric donkeys often show lower insulin concentrations, indicating a reduced β-cell mass or less
β-cell sensitivity to glucose [20]. The gender of the animal may influence the concentration of metabolic
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parameters significantly [37,38]. Non-pregnant jennies have lower glucose and higher triglyceride
concentrations compared to male animals [20].

2.4. Diagnostic Testing for Insulin Dysregulation

The diagnostic principles of insulin dysregulation in donkeys do not differ from horses. In horses,
baseline insulin and glucose concentrations are recommended as a screening test for metabolic syndrome
(high specificity), but the sensitivity is not adequate for ruling out EMS [39]. Newer research suggests
that the cut-off values for suspected insulin dysregulation/resistance in horses might be lower than
initially anticipated [40,41]. Furthermore, glucose and insulin concentrations in donkeys may be altered
by previous transportation [42]. The literature suggests not providing feed containing more than 10%
nonstructural carbohydrates for 6–8 h before testing a horse for insulin dysregulation/resistance [29].
For donkeys, there is no consensus on how to prepare the animals for testing, however, Mendoza et al.
recommend allowing access to a flake of hay to reduce stress and avoid hyperlipemia [28]. If results of
baseline testing are variable or fasting insulin is normal despite a strong clinical suspicion of EMS,
dynamic testing is recommended [28]. Only a few studies have evaluated glucose-insulin dynamics in
donkeys [21,37,38,43]. The combined glucose-insulin test (CGIT) and the intravenous glucose tolerance
test (IVGTT) [37,43–45] for dynamic testing were evaluated in donkeys.

2.4.1. Combined Glucose Insulin Test

The CGIT assesses insulin sensitivity by determining the time when blood glucose concentrations
return to baseline values after the simultaneous intravenous administration of dextrose/glucose (150 mg/kg,
50 % dextrose/40% glucose solution) and insulin (0.1 IU/kg) [46]. The animals need to be fasted for 6 h but
are allowed free access to water. An intravenous catheter is also required. The blood glucose concentration
is determined at 0, 1, 5, 15, 25, 35, 45, 60, 75, 90, 105, 120, 135, and 150 min, and insulin concentrations are
measured at 0 and 45 min. The glucose curve in insulin-sensitive donkeys is shifted to the right, reaching
its lowest concentration at 120 min (horse: 75 min) and it takes 240 min for glucose concentrations to
return to baseline (horse: 150 min) (Figure 3) [43,47]. Insulin dysregulation in horses is suspected if
the blood glucose concentration is above baseline at 45 min or the insulin concentration is greater than
100 µIU/mL 45 min after dextrose/glucose administration [43,47].

Figure 3. Typical combined glucose insulin test in donkeys compared to horses.

78



Animals 2020, 10, 2335

2.4.2. Intravenous Glucose Tolerance Test

The IVGTT is a method frequently used for glucose tolerance in horses [46]. The animals need to
be fasted for 6–8 h for the IVGTT. Dextrose/glucose (150–300 mg/kg) is administered intravenously as a
50% or 40% solution, respectively, after collection of a baseline glucose and insulin sample. Afterwards,
samples for blood glucose determination are collected every 30 min for the next 180 min. Compared to
horses (150 min), donkeys also showed a right shift of the glucose curve in this test. In donkeys,
the positive glucose phase lasted 160.9 ± 13.3 min (Figure 4) [43]. Furthermore, donkeys showed
a negative phase in the IVGTT that is usually not present in the horse, which suggests a delayed
biological efficiency of insulin [43].

Figure 4. Typical intravenous glucose tolerance test in donkeys compared to horses.

Table 3 summarizes the concentrations of hormones and metabolites reported in donkeys that
are typically used to evaluate metabolic disease in equids. However, it has to be mentioned that
there were different methods used regarding both laboratory methods and fasting. Mendoza et al.
examined 63 healthy donkeys which were mostly of Andalusian breed (9 geldings and 53 non-pregnant
jennies) based on history and clinical examination as well as on hematology and blood biochemistry
results [20]. In this study, the animals were starved for 12 h. Glucose and triglycerides were determined
by spectrophotometry. Commercially available radioimmunoassay kits were used to determine the
leptin, total adiponectin and active ghrelin concentrations [20]. These radioimmunoassay kits had
been validated for horses and donkeys previously [48–50]. Insulin, IGF-1 and glucagon human
radioimmunoassay kits were validated for donkeys by assessing the specificity, sensitivity and
intra-assay precision [20], as Midgley described previously [51].
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Table 3. Biochemical parameters and dynamic testing to evaluate metabolic disease in donkeys.

Parameter Dynamic
Testing Mean ± SE Mean ± SE Mean ± SE Mean ± SE Mean ± SE

Glucose
(mg/dL) 79.2 ± 3.5 a 84.1 ± 3.7 a 80.01 ± 12.25 d

Triglycerides
(mg/dL) 75.3 ± 10.1a 66.6 ± 10.5 a 58.9 ± 3.6 b 66.4 ± 34.2 c 75.25 ± 43.75 d

Insulin
(µIU/mL) 8.1 ± 0.8 a 8.9 ± 0.7 a 10.1 ± 0.5 b 2.1 ± 2.05 c 4.16 ± 3.46 d

Glucagon
(pg/mL) 144.2 ± 6.7 b

Leptin
(ng/mL) 2.7 ± 0.3 b

Adiponectin
HE (ng/mL) 458.1 ± 11.8 b

Ghrelin HE
(pg/mL) 45.1 ± 1.6 b

IGF-1
(ng/mL) 234.9 ± 13.5 b

CGIT
positive

phase (min) 44.1 ± 3.01 a

negative
phase (min) 255.9 ± 3.01 a

IVGTT
positive

phase (min) 160.9 ± 13.3 a

negative
phase (min) 139.1 ± 13.3 a

a: [43], b: [36], c: [52], d: [53], SE: Standard error of the mean; CGIT: Combined glucose–insulin test; IVGTT:
Intravenous glucose tolerance test.

Another study evaluated the CGIT and IVGTT in ten healthy female non-pregnant Andalusian
jennies. Health was based on the history, clinical examination and blood work [43]. This reference also
gives two means for fasting glucose concentration. These were determined before the IVGTT and the
CGIT, respectively. Glucose and triglyceride concentrations were determined by spectrophotometry.
A commercial radioimmunoassay kit, that had previously been validated for donkeys [20], was used
for the insulin determination. Before testing, the donkeys were housed overnight (22:00–8:00) and
supplied with one flake of hay and water ad libitum.

Dugat et al. determined basal insulin and glucose concentrations in 44 mammoth donkeys and
1 miniature donkey. Animals were classified as healthy based on history and clinical examination.
Of these animals, 36 were non-pregnant jennies, 5 pregnant jennies, 3 intact males, and 1 castrated
male. There is neither information on feeding prior to testing nor on the laboratory methods used [52].

Gehlen et al. included data of 35–44 healthy donkeys based on history and clinical examination.
The night before testing, the animals had access to grass, hay and/or straw but not to concentrates.
A chemiluminescence assay was applied for insulin determination. Triglycerides and glucose were
determined by photometry [53].

2.5. Treatment

No specific treatments have been described for donkeys suffering from ASM so far. The same
principles for treating EMS generally apply [17,28]. The most important aspect of ASM therapy
is clearly weight loss, which can be achieved by offering a controlled diet rich in crude fiber and
low in starch [15,16]. Weight loss of 2% bodyweight per month until optimal weight and BCS is
reached is targeted [28]. Despite the need for weight loss and food restriction, it has to be kept in
mind that donkeys are prone to develop hyperlipemia in cases of caloric restriction/anorexia [16].
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Pharmacologic treatments described for horses, for example, metformin, have not been critically
evaluated in donkeys [17,28] are discussed controversially [16].

3. Pituitary Pars Intermedia Dysfunction

3.1. Epidemiology

According to McGowan, 20% of all horses, ponies, and donkeys over the age of 15 years suffer
from PPID [54]. There is no gender or breed predisposition [54]. Other authors report that PPID rarely
occurs in donkeys [55] and is less common than expected [56]. Cox et al. published a questionnaire
study in the United Kingdom (1114 questionnaires were returned) in 2010, in which no cases of donkeys
suffering from PPID were recorded [57]. Morrow et al. performed necropsies of 1444 donkeys, of which
1.9% (n = 27) had PPID [57]. Of these, 96.3% also had a foot disorder. This publication also reports on
adrenal changes in 127/1444 donkeys (8.8%). These changes, however, are not classified further [57].

3.2. Clinical Signs

Signs of PPID appear to be similar in horses and donkeys. According to some authors,
chronic laminitis is the cardinal symptom for PPID in donkeys [16,56], whereas others report
hypertrichosis as the clinical sign observed most frequently [17,27]. However, donkeys have a
physiologically longer and thicker haircoat and start shedding earlier in the autumn than horses [58].
Furthermore, shedding in donkeys takes more time in spring than it does in horses [58]. Remainders of
the winter coat may still sporadically be seen in the summer [58].

Other signs, such as insulin resistance, abnormal fat distribution and muscle wasting (pot belly),
that are common in horses [59] seem to also be common in donkeys suffering from PPID [17,28].
Polyuria has been reported in approximately 30% of horses suffering from PPID [60–69], but it has
not yet been reported in donkeys [17]. Fertility problems, secondary infections, and lethargy have not
been reported in donkeys suffering from PPID [28]. Lethargy may easily be misdiagnosed due to the
donkey-specific behavior [28].

3.3. Pathogenesis

The pars intermedia of the pituitary gland is inhibited by dopamine provided by the hypothalamus [70].
Upon activation by dopamine, the D2 receptors mediate inhibition of proopiomelanocortin (POMC) mRNA
expression and POMC-derived hormone release [71]. Degeneration of hypothalamic dopaminergic
neurons in the PPID patient leads to a loss of inhibition of the melanotropes located in the pars intermedia
of the pituitary gland [72]. The increased melanotrope activity results in adenoma formation and
dysregulated POMC secretion [59]. The hormone precursor molecule, POMC, is synthesized in the
anterior (corticotropes) and intermediate lobe (melanotropes) of the pituitary gland [73]; however,
the cleavage of POMC is different between the anterior and intermediate pituitary lobes [74,75].

The POMC is split into adrenocorticotropic hormone (ACTH) and β-lipotropin in the anterior lobe.
The ACTH is further cleaved in the intermediate lobe into α-melanocyte-stimulating hormone and
corticotropin-like intermediate lobe peptide. Furthermore, β-lipotropin is processed to β-endorphin [74,76],
of which a significantly more active form is present in the pituitary gland of PPID patients than in
normal tissues [75].

The ACTH in healthy horses is only a minor (2%) cleavage product of POMC in the pars
intermedia [77]. The POMC production and cleavage in the pars intermedia seems to be intact,
but the post-cleavage modification of the peptides is different [73,75]. The exact consequences of these
deviating concentrations remain unclear [78–80].

Cortisol may be responsible for some of the clinical signs associated with PPID, but many horses
suffering from PPID have cortisol concentrations within or below the reference range. A recent study
reported on similar total cortisol plasma concentrations in healthy and diseased horses [61,81] but found
an increased free cortisol concentration (active form) in PPID patients compared to normal horses [82].
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This might contribute to the clinical signs, even without an elevated total plasma cortisol concentration [82].
Similar to horses, hypercortisolemia is a rare finding in donkeys suffering from PPID [27].

3.4. Diagnosis

The diagnosis of PPID in donkeys relies on the same principles as in horses [17,28,59]. In horses,
the TRH test is recommended for early PPID and the basal ACTH concentration for moderate to
advanced PPID [83]. Plasma ACTH concentrations show seasonal changes in both horses and
donkeys [53]. Furthermore, the ACTH and cortisol concentration in donkeys may be increased even
after short transportation [84]. Ethylenediaminetetraacetic acid plasma is used to determine the ACTH.
It is important that the sample remains cooled during overnight transportation to the laboratory [83].

The Donkey Sanctuary mentions that the same diagnostic tests can be used in the donkey for
dynamic testing as those in the horse: The TRH test, the dexamethasone suppression test and the
combined dexamethasone suppression/TRH test [56]. The Equine Endocrinology Group recommends
firstly determining the basal ACTH concentration. If the basal ACTH concentration is within the
reference range but there is a high suspicion of PPID in the patient, the TRH test is recommended
for diagnostic testing [83]. At the time of writing this, performing the TRH test in autumn is not
recommended because reference values for this season have not yet been established [83].

Table 4 summarizes the reference concentrations of ACTH and cortisol for donkeys provided
in literature.

Table 4. Concentrations of ACTH and cortisol in donkeys reported in literature

Parameter Mean ± SE Mean ± SE Mean ± SE

ACTH (pg/mL) 66.7 ± 20.7 a

(May/June)

62.93 ± 37.4 b (Aug)
20.6 ± 14.06 b

(Feb, May, Nov)

21.3–24.7 c

25.9–36.9 (Jul–Oct) c

16.5–19.5 c

Cortisol (µg/dL) 4.0 ± 1.2 a

a: [52], no information on feeding status and laboratory method; b: [53], animals had no access to concentrate feed
the night before testing but unlimited access to hay, grass, and/or straw, chemiluminescence immunoassay; c: [20].

3.4.1. TRH Test

The basal ACTH concentration is determined for the TRH test. Afterwards, the patient receives
0.5 (equids < 250 kg) or 1 mg (equids > 250 kg) TRH intravenously and the ACTH concentration is
determined again 10 min after TRH administration. Transient side effects of TRH administration in
horses include coughing, flehmen, and yawning [83]. A recent study evaluated the TRH test with
ACTH determination in donkeys with the same criteria as in horses (positive if ACTH > 110 pg/mL
10 min post TRH administration). The test correctly identified 6/6 clinically suspect donkeys as PPID
positive. The ACTH peaked at 10–20 min post TRH and returned to baseline at 30 min [85]. The TRH
test can be performed after hay has been fed [86,87], but stimulation after a grain meal has not yet
been examined. The Equine Endocrinology Group does not recommend testing after a grain meal [83].
The TRH test with cortisol determination is no longer recommended. Furthermore, the conduction of
the TRH test in autumn is not recommended (no clinical data available) [83].

3.4.2. Dexamethasone Suppression Test

Dexamethasone administration does not suppress the cortisol release in the PPID patient as
much as in the healthy equid. After determination of the basal cortisol concentration, 40 µg/kg
dexamethasone is administered intramuscularly [88]. A second sample is collected 12–24 h later and
the cortisol is determined. A significant decrease in cortisol concentration can be observed in the
healthy patient. There is no decrease in the cortisol concentration in the PPID patient [59]. A recent
study on a small number of donkeys applied the same criteria as those reported for horses in this
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test, i.e., cortisol concentration higher than 27.6 nmol/L at 19 h post dexamethasone administration as
positive. Three out of six clinically suspect animals were identified as PPID positive in this test [85].

3.4.3. Combined Dexamethasone Suppression/TRH Test

The combined dexamethasone suppression/TRH test recombines the two tests
mentioned previously.

A basal sample for cortisol concentration determination is collected. Then, 40µg/kg dexamethasone
is administered intramuscularly. A second sample for cortisol determination is collected 3 h after
dexamethasone administration and 1 mg TRH is administered intravenously. Several blood samples
(15, 31, 45, and 60 min, 21 h) are collected afterwards [89]. A recent study evaluated the combined
dexamethasone suppression/TRH test in donkeys with the same criteria as those in horses (positive if
cortisol concentration >66% baseline value at 195 min post dexamethasone). This test correctly
identified 67% of clinically suspect donkeys tested (4/6) as PPID-positive [85].

3.5. Treatment

Pergolide, a dopamine agonist derived from ergot alkaloids, is most commonly used for PPID
treatment in the horse as its efficacy and safety have been demonstrated by various studies [64,90,91].
Pergolide has a high affinity to dopamine D2 receptors of the pars intermedia and, therefore, inhibits the
production of POMC successfully. Based on clinical results, pergolide dosing in donkeys seems to
be similar to that in horses [17,28]. A starting dose of 0.002 (0.001–0.003 mg/kg) per os once daily is
recommended [16,88,92].

Pergolide is licensed for the symptomatic treatment of PPID in horses (Prascend®,
Boehringer Ingelheim Vetmedica GmbH, Ingelheim/Germany) but not in donkeys. The side effects
reported in donkeys are diarrhea, colic, depression, and anorexia [16,56,88,92].

4. Conclusions

The ASM and PPID in donkeys have been insufficiently studied. Diagnostic testing has recently
been examined in small animal groups. Further studies are required, especially regarding the treatment
of these endocrine disorders in donkeys.
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Simple Summary: Dental health in donkeys has long been neglected, even though it is quite common
for them to have dental problems. Therefore, dental care, as basic as dental floating, can be a good
start to improve their dental condition. Oral microbiome sequencing is a reliable way to reflect the
oral health of animals. However, little is known on the effect of dental care on the oral microbiome of
donkeys. Hence, a research project was undertaken to investigate the relationship between dental
floating and oral microbial changes using a current sequencing technique. We found that the changes
of the oral microbiome were not significant, probably due to the necessity of more specific and
consistent treatment. However, the study provided an insight of the oral microbial composition and
helped increase awareness of dental care in donkeys.

Abstract: The objective of this study was to investigate the oral microbial composition of the
donkey and whether basic dental treatment, such as dental floating, would make a difference to the
oral microbial environment in donkeys with dental diseases using high-throughput bacterial 16S
rRNA gene sequencing. Oral swab samples were collected from 14 donkeys with various dental
abnormalities on day 0 (before treatment) and day 20 (twenty days after treatment). It is the first report
focusing on the oral microbiome in donkeys with dental diseases and the impact of common dental
procedures thereon. Identified in group Day 0 and group Day 20, respectively, were 60,439.6 and
58,579.1 operational taxonomic units (OTUs). Several taxa in Day 0 differed significantly from Day 20
at the phylum and genus levels, but no statistically significant difference was observed in richness
and diversity of Day 0 and Day 20. The results also indicated that a larger-scale study focusing on
healthy donkey oral microbiome, as well as the correlation of dental diseases and oral microbiomes at
different time frames following more specific and consistent dental treatment, are warranted.

Keywords: oral microbiome; 16S rRNA; dental treatment; donkeys; China

1. Introduction

Dental disease is a large welfare concern in donkeys [1]. The incidence of severe dental diseases
such as diastema, overgrown teeth and periodontal diseases is high, [2] yet little attention has
been paid to those conditions, and in fact, it is a common problem that most of donkeys do not
receive dental examinations and preventative treatments regularly, either due to economic reasons
or ignorance of dental care [3]. Diastema is the most common dental disease seen in donkeys [4]
causing food entrapment and bacteria building up. The result is usually gingivitis and periodontitis
and, in some cases, deep periodontal pockets [5] due to food mechanical irritation [6] and chemical
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destruction from bacterial infection [7]. In donkey farms in China, most donkeys are raised in large
numbers and in high density. Additionally, donkeys are usually very stoic and good at hiding their
discomfort, thereby eliminating clinical signs, even with severe dental diseases. As a result, their dental
abnormalities are usually undiagnosed, causing severe pain, weight loss or even colic, until declining
health leads to further examination and discovery of the dental disease [8]. Due to the high prevalence
and negative impact of dental diseases in donkeys, dental care, especially the basic dental floating, is the
most necessary treatment that can be provided routinely. There have been many studies conducted to
investigate equine oral microbiome and what kinds of bacteria predominate or are associated with
periodontal diseases in horses [8,9]; however, no report has focused on the donkey oral microbiome.
Therefore, this study was intended to explore the oral microbial composition in donkeys and assess the
impact of dental floating on the oral microbiome.

2. Materials and Methods

2.1. Animal Selection

The donkeys involved in this study were of the Liaoxi breed from a donkey farm in Northeast
China. Donkeys in this farm were mainly female, used for milk and reproduction. No dental care had
been performed on any of these animals before this study, and no antimicrobial medications had been
administered in the previous 8 weeks to any of them selected for this study. Fourteen donkeys were
randomly selected from a group of approximately 100 donkeys on Day 0. All were female, aged between
2 to 10 years old (mean age was 6). They were fed with mainly crop residue (corn stalk and millet stake)
and supplemented with a small amount of homemade concentrate (maize, bran, soybean meal and salt)
three times a day for years. None of the donkeys wore halters daily, only for special procedures—for
example, the dental exam in this study. The examination started with a visual inspection of the skull
symmetry and detection of ocular or nasal discharge. There was minimum-to-no obvious pain reactions
such as head tossing noted while palpating and pressing the cheeks against the cheek teeth. Incisors were
examined first to look for any abnormalities, such as brachygnathism, prognathism or occlusal surface
abnormalities such as a slant, “frown” or extreme “smile”. Whereafter, they were each sedated, and the
oral cavity was flushed with tap water. An incisor speculum (Hausmann speculum) was then applied
to facilitate examination. Other tools used to detect dental abnormalities of cheek teeth included a
head light, a dental mirror, a dental explorer and a periodontal probe. Dental disorders were recorded,
including severe sharp enamel points, periodontal pockets, hooks, diastemata, shear mouth, step mouth,
wave mouth, accentuated transverse ridges and caries. Following the dental examination, sample
procurement from the oral cavity was conducted in all 14 donkeys.

2.2. Sample Collection

On Day 0, after a thorough oral exam, samples were collected by using a sterile swab rubbed
around the gingival margin and on top of the gingival sulcus on the buccal side bilaterally with
sufficient pressure [10]. Each swab was then individually placed in a sterile tube containing 1-mL sterile
Tris-EDTA buffer solution and stored in ice until arrival at the laboratory and then deep-frozen at−20 ◦C
awaiting analysis. After sampling, the mouth was rinsed off with a chlorohexidine solution, and dental
floating was performed for each of the 14 donkeys to help reduce the severity of dental abnormalities
and improve occlusion. Twenty days after the dental treatment, another dental examination was
performed, and a second set of oral samples was collected and processed in the same way.

2.3. Sample Processing and DNA Extraction

All samples were maintained at -20 ◦C before DNA extraction. Sample DNA was obtained
from the oral swabs using a Hi-Swab DNA Kit (Tiangen, Beijing, China) in accordance with the
manufacturer’s instructions. The DNA concentration and purity were monitored by 1% agarose gel
electrophoresis. According to the concentration, DNA was diluted to 1 ng/µL using sterile water.
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2.4. 16S rRNA Sequencing

The V4 hyper-variable regions of the 16S rRNA genes were amplified by Novogene using
the specific primers 515F (5′-3′ GTGCCAGCMGCCGCGGTAA) and 806R (5′-3′ GGACTACHV
GGGTWTCTAAT), which target the V4 region of the bacterial 16S rRNA gene. Each PCR reaction
was carried out in total volume of 30 µL with 15 µL of Phusion® High-Fidelity PCR Master Mix
(New England Biolabs, Ipswich, MA, USA); 0.2 µm of forward and reverse primers, 10-ng template
DNA and ultrapure water. Thermal cycling consisted of initial denaturation at 98 ◦C for 60 s, 30 cycles
of denaturation at 98 ◦C for 10 s, 50 ◦C for 30 s, 72 ◦C for 30 s and one final cycle of 72 ◦C for 300 s.

2.5. Statistical Analysis

For α-diversity, the richness of samples representing the number of different bacterial taxa in each
group was assessed using the number of observed operational taxonomic units (OTUs) and the Shannon
index. In addition, the Simpson index was used for assessing evenness. The Illumina-sequenced
paired-end reads were merged by using FLASH (V1.2.7). Sequences were processed by using the
QIIME (V1.9.1, Quantitative Insights Into Microbial Ecology) software package for quality filtering
and construction of the OTUs [11]. Sequences with ≥97% similarity were assigned to the same OTUs.
The RDP (ribosomal database project) classifier was used to annotate the taxonomic information for
each representative sequence.

The Kolmogorov-Smirnov test and the Shapiro-Wilk test were used to assess continuous data for
normal distribution. T-test for paired samples was applied for the comparisons of the Shannon index.
β-diversity analysis was performed to compare samples. Principal component analysis (PCA) was
used to evaluate the general distribution of the resulting bacterial community composition. The linear
discriminant analysis effect size (LEfSe) pipeline was also applied.

Paired t-test (normally distributed values) and Mann-Whitney U test (non-normally distributed
values) were used for the statistical evaluation of continuous variables.

3. Results

3.1. Clinical Findings

On Day 0, all 14 donkeys in this study had mild-to-severe sharp enamel points and a varied degree
of periodontal pockets (Table 1). According to the incisor abnormalities, only four (29%) donkeys
had mild brachygnathism. No other disorders, such as smile, slant or prognathism, were noted.
In this study group, 50% of the donkeys had hooks and diastema. Additionally, nearly half of the
donkeys (43%) suffered from oral ulceration, and fibrously healed ulcers were observed in some of the
donkeys. Four (29%) donkeys had a transverse ridge, all of which also had diastema. The occurrence
of wave mouth (7%), step (14%), shear mouth (7%) and caries (14%) constituted the remainder of the
dental disorders in this study. On Day 20, there were no donkeys with sharp enamel points or hooks.
The diastema found in the seven donkeys on Day 0 was still there; however, less food was trapped,
especially those with concurrent transverse ridges on Day 0. Most of the ulcers noted on Day 0 started
healing, and some were almost healed. No significant changes were noted on periodontal pocket
depths. Steps, wave mouth and shear mouth were still noted, but the evenness was improved.
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Table 1. Prevalence of dental disorders (n = 14 donkeys).

Dental Disorders Number of Donkeys Prevalence

Periodontal pockets (2–5 mm) 14 100%
Sharp enamel points 14 100%

Hooks 7 50%
Diastemata 7 50%

Ulcers 6 43%
Disorders in the occlusal surface 5 36%

Transverse ridge 4 29%
Brachygnathism 4 29%

Caries 2 14%
Step 2 14%

Shear mouth 1 7%
Wave mouth 1 7%

3.2. Microbiome Profile Analysis

The mean values of the sequences were 60,439.6 and 58,579.1 (Mann-Whitney U test, P = 0.401)
from samples collected on Day 0 and Day 20, respectively. The microbial richness and diversity were
evaluated with α-diversity indexes, including the Chao1 index, observed OTUs, Shannon index and
Simpson index. The richer bacterial microbiomes are indicated by a higher Chao1 index or observed
OTUs, while more diverse bacterial microbiomes are indicated by a higher Shannon index or lower
Simpson index. There was no significant difference of the mean number of OTUs (paired t-test,
P = 0.414), Chao1 index (P = 0.291), Shannon index (P = 0.779) and observed OTUs (P = 0.306) (Figure 1)
between the two groups, meaning the richness of Day 0 and Day 20 were not significantly different.
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3.3. Compositional Analysis between the Groups

When the taxonomic abundance of the two groups of sequences was compared at the phylum level,
the microbial community of the two groups featured a similar profile. The relative abundance of the top
nine phyla in both groups are displayed in Figure 2a, which are Firmicutes, Proteobacteria, Actinobacteria,
Bacteriodetes, Fusobacteria, Cyanobacteria, Acidobacteria, Gemmatimonadetes, Chloroflexi and Spirochaetes.
Among these phyla, each of the first five phyla (Firmicutes, Proteobacteria, Actinobacteria, Bacteriodetes and
Fusobacteria) accounted for >1% of the total sequences amongst both groups. Firmicutes and Proteobacteria
were the most common bacterial phyla in the Day 0 group and Day 20 group, which accounted for
81.1–81.9% (Figure 2a). Cyanobacteria was 1.8% on Day 20, which increased significantly compared to
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0.06% on Day 0 (P = 0.004). Actinobacteria had significantly lower relative abundance (3.3%) on Day
20 after dental treatment compared to the data (8.8%) on Day 0 (P = 0.035).
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of Day 0 and Day 20 at the genus level.

There were also some differences of the taxonomic abundance at the genus level (Figure 2b).
Eight hundred and ninety-one operational taxonomic units (OTUs) were identified at the genus level.
The differences of taxonomic abundance were more notable from the two groups, and the shifts of the
bacterial taxa were more significant at this level. Gemella and Streptococcus were the most common
bacterial genera in both groups. Higher levels of Pseudoclavibacter (2.97%), Lautropia (9.74%), Moraxella
(2.17%), Leptotrichia (1.64%) and Rothia (1.35%) were found in the Day 0 group.

B-diversity was accessed by a principal coordinate analysis (PCoA), which did not show statistic
difference at the phylum level, while there was a greater overall variance in the Day 20 group than in
the Day 0 group (Figure S1). The linear discriminant analysis (LDA) effect size (LEfSe) was applied,
and ten discriminant taxa (Figure 3) at the genus or higher levels were found significantly different
between Day 0 and Day 20 (LDA score >2, P < 0.05). The genera found most associated with the Day 0
group were Lautropia and Pseudoclavibacter, while Fusobacterium was the genus most associated with the
Day 20 group. Burkholderiaceae and Bacteoidales yielded the highest LDA scores among the periodontal
biomarkers in the Day 0 group and Day 20 group, respectively.
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analysis effect size (LEfSe).
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4. Discussion

This is the first report investigating the oral microbiome in donkeys and comparing the microbial
changes before and after dental floating. All donkeys in this study were female due to the production
purpose of this farm. There has been no report of the correlation of sex and oral microbial composition,
while gut microbiota variance has exhibited an association with sex in other species [12], including horses,
through poorly understood mechanisms [13]. Therefore, the oral cavity, a part of the digestive system,
may also have different microbiomes between male and female donkeys. A study carried out in Mexico
involving 203 donkeys (69% males and 31% females) showed that sex was significantly associated with
dental diseases, probably due to the utility of nosebands in male donkeys causing more traumatic dental
and soft tissue buccal injuries. [5]. Hence, it is reasonable to consider that the individual’s sex may have
some influence on the oral microbial composition. While our study was not confounded by animal sex
influence, further investigation in this area is warranted.

The feeding pattern of donkeys in this farm only allowed them to chew for short periods of time
during the day, which may cause the teeth wearing down inadequately and unevenly [14]. Therefore,
it could lead to an increased risk of dental disorders such as sharp enamel points. There was also
much evidence showing that fiber functioned as a mechanical force on dental calculus in some animal
studies [15,16], which could impact the oral microbiome associated with different dental conditions.
Additionally, carbohydrates, lipids and minerals, as well as vitamins, were all factors that had exhibited
correlations with some bacterial taxa in human studies [17,18]. Therefore, further investigations
targeting the diet composition and oral microbiome of donkeys will help to promote scientific diets for
them and be beneficial to their welfare.

The environment is another popular variable input while studying a microbiome, yet no report
regarding the association of environmental changes and oral microbiota composition in animals has
been published. However, environmental factors such as husbandry conditions in terms of stable
types and grazing periods have been proven to have a great influence on the richness and diversity
of gut microbiota in horses [19]. Derived from these results, we hypothesized that oral microbiota
may change in different environmental conditions. Since, in this study, all donkeys were from the
same farm, a controlled study designed in different local donkey farms would be helpful to investigate
this hypothesis.

Oral microbiome changes have been associated with dental disease, especially periodontal diseases
in humans and many animal species, including horses [9,11] dogs [20], cats [21] and cattle [22], but not
yet in donkeys suffering from dental abnormalities. Dental floating, the most common dental treatment,
plays an important role in dental disease control within farm-raised donkeys. Therefore, it is meaningful
to know if there is an impact of dental floating on the oral microbiome in donkeys so that dental care
can be conducted in a more scientific way in the future.

The donkeys selected in our study had severe sharp enamel points prevalently, which are especially
common in younger donkeys [1], and periodontal pockets, which are commonly associated with
diastema in horses [23]. In equids, diastema is considered related to periodontal diseases, such as
periodontitis [24], which usually further impacts the oral microbiome [23]. Diastema generally
requires a series of dental treatments, similarly to other severe dental abnormalities seen in this study,
including shear mouth, wave mouth and step mouth. Dental care, especially dental floating, is usually
the fundamental step of treating most dental disorders and could also improve those dental disorders
to some extent. For example, decreasing the amount of food trapped into the diastema by reducing the
transverse ridges on the opposite site [25]; therefore, we proposed that it might subsequently lead to
some microbial changes before (Day 0) and after (Day 20) our dental treatment.

In the current study, 16S rRNA sequencing revealed that the composition of the oral microbiome
of the two groups (Day 0 and Day 20) were not significantly different in richness and diversity,
indicating that dental floating did not render many changes at the microbial level. However, the relative
differences indicated a shift in relative abundance, indicating a reassortment in dominance. Hence,
more specific and consistent dental treatments on dental disorders may yield more optimal outcomes,
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and more studies focusing on these topics are worthwhile for the better control and improvement
of donkey dental conditions. In previous research using the same 16S rRNA sequencing technique,
Actinobacteria, Bacteriodetes, Firmicutes, Proteobacterio and Spirochaetes, which were found predominant
in both groups at the phylum level in this study, were also commonly found in the mouths of
healthy humans [26], equines [5] and canines [27], with slightly different proportions between the oral
microbiomes. This suggests that the oral microbiome in the donkey share some similarities with those
of humans and other animals. Firmicutes, the most common bacteria phyla in this study, was also
a common inhabitant of the oral cavity, especially in the subgingival area. However, some studies
focusing on oral microbiomes in dogs and cats with periodontitis showed that it was one of the
predominant phyla in the periodontitis group. Firmicutes was also abundant in horse subgingival
plaque, likely acting as an opportunistic pathogen and contributing to periodontitis [8]. Proteobacteria,
the second-highest bacterial phylum in this study, was also abundant in horse subgingival plaques [9].
Further evaluations with specific sampling may provide more insight on whether they are associated
with periodontal diseases or not in donkeys.

Gemella spp. and Streptococcus spp. were the most common bacterial genera in this study, as well
as in many animals in other studies [28]. Gemella was slightly more predominant in the Day 20 group,
while Streptococcus was slightly lower in the Day 20 group. Gemella has been shown more prominent in
healthy horses [8], and Streptococcus has been reported to be the most common genera of Firmicutes in
the healthy human oral microbiome [29], but indeed, some species have been associated with active
caries [30]. Dental floating may have contributed to the increase of Gemella in the Day 20 group but not
enough for notable changes.

Fusobacterium, an obligate, anaerobic bacterium, is considered as a common oral niche inhabitant in
humans and some other animals, including horses [31]. In this study, it was shown to be most associated
with the Day 20 group, while Lautropia and Pseudoclavibacter were the genera most associated with
Day 0 in LEfSe. These changes were likely an indication of an expansion of the lesser phyla allowed by
suppression of the more dominant microflora present in Day 0. Its population can increase significantly
as an opportunistic pathogen in oral disease and has been cultured from a horse and a donkey with
dental abscesses [32]. Some specific species of Fusobacterium, such as F. nucleatum, have been associated
with periodontal diseases in many animals, including dogs, cats and horses [33–35]. However, in this
study, its population did not show a dramatic increase. The sampling specifically from periodontal
pockets from donkeys only with periodontitis may help reveal better associations with dental treatment.
Additionally, there was a relatively rare bacterial taxon at the genus level identified on Day 0 that was
Pseudoclavibacter, belonging to the Actinobacteria phylum. So far, nothing has been reported about this
bacterial genus in oral microbiome studies either in humans or in animals. It was not identified in
the Day 20 group and only associated with the Day 0 group according to the LDA score, which may
indicate some associations between this bacteria genus and donkey dental diseases. Further studies
involving more individuals will be helpful to decide whether Pseudoclavibacter is specific in donkeys
and associated with dental diseases or merely an environmental contaminant.

5. Conclusions

In conclusion, this is the first report of the donkey oral microbiome in association with basic
dental treatment. Our results did not reveal significant differences of the oral microbial composition in
selected donkeys; however, there were bacterial genera showing significant differences between the
Day 0 and Day 20 groups, as well as a strong association to each group. These shifts of relative diversity
and dominance indicated a reassortment relative to the dental treatment. Furthermore, our study
revealed that the donkeys shared many similarities with other animals at the phylum and genus
levels. Additional studies to investigate the donkey oral microbiome in healthy conditions, as well as
its associations with specific types of oral diseases, such as periodontitis and diastema, by selecting
samples specifically will promote an understanding of the impact of these diseases on donkey dental
health. It will also build up a basis for studying the influences of other potential factors, including diet,
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feeding pattern and farm environment on the donkeys’ dental condition, so that more scientific raising
methods can be established to improve their quality of life.

Supplementary Materials: The following are available online at http://www.mdpi.com/2076-2615/10/12/2245/s1,
Figure S1: Principal coordinates analysis (PCoA) plot showing overlap of oral microbiomes in group Day 0 and
group Day 20.
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Simple Summary: Semen collection in donkey jacks can last up to 90 min due to the long courtship
needed for this species’ males to obtain sexual excitation and erection. In several domestic animals,
ProstaglandinF2α successfully stimulated excitement in the male prior to collection and enhanced
semen production. In our study, the prostaglandin analog cloprostenol sodium, administered prior to
the semen collection, hastened erection and ejaculation in almost all donkey jacks. No differences
have been found in semen production compared to control.

Abstract: Due to the long courtship needed to attain excitation and erection, donkey semen collection
can take up to 90 min. ProstaglandinF2α (PGF2α) has been reported to hasten the onset of erection and
ejaculation in domesticated mammals, presumably by inducing smooth muscle contractions in the
internal genitalia. However, while it has been anecdotally used in donkeys, it has yet to be critically
evaluated. This study aimed to compare behavioral and semen parameters in Catalan, Balearic,
Amiata, and Miranda jacks treated with the PGF2α analogue cloprostenol sodium immediately
prior to exposure to an estrus jenny. Nineteen donkeys were assigned in a crossover design to
receive cloprostenol sodium (125 µg, i.m.; n = 53 collections) or saline (1 mL, i.m.; n = 53 collections).
There were no differences for erection (52/53 vs. 52/53) or ejaculation (52/53 vs. 48/53) for collection
attempts assigned to saline or cloprostenol sodium, respectively. Cloprostenol sodium significantly
hastened treatment-to-erection and treatment-to-ejaculation times from 12.0 ± 1.6 to 6.0 ± 1.6 min
and from 14.0 ± 1.4 to 9.6 ± 1.4 min, respectively. Significant effects of breed and age were observed
in behavioral and parameters, but there were no effects of cloprostenol sodium administration on
semen parameters. In conclusion, cloprostenol sodium administration immediately prior to semen
collection hastened time to collect semen in donkeys with no detrimental effects on semen quality
and can be used by practitioners to circumvent long delays in donkey semen collection.

Animals 2020, 10, 2231; doi:10.3390/ani10122231 www.mdpi.com/journal/animals
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1. Introduction

Throughout the centuries, domestication of donkeys has had numerous functions, such as
transportation, plowing plantation fields, mining, packing animals, and producing mules (hybrids with
horses) [1–3]. After the mechanization of agriculture, donkeys lost their value as agricultural commodities
in industrialized [4] and developing countries [5]. However, in developing countries, donkeys still
playing a paramount role as a valuable agricultural commodity [5].

The decreased importance of donkeys and their hybrids, particularly in Western Europe,
has resulted in a drastic reduction in donkey numbers. Most importantly, European donkey breeds
are at risk of extinction or have a low minimal critical number (<500) of animals recommended by
the conservation entities [4,6,7]. One of the ways to circumvent extinction is developing germplasm
banks of cryopreserved semen and embryos [6]. However, donkeys present a particular challenge
during intensive breeding management situations, as semen collection cannot, at times, be consistently
carried out. For instance, weather conditions or minor changes in management can drastically affect
time to collect semen, especially in young donkeys that take much longer to collect than older mature
donkeys [8]. In the American continent, donkeys are used primarily to produce show mules or to
herd beef cows [9]. As most mares are not receptive to donkeys [10], semen is typically collected,
extended, and mares are artificially inseminated [6,9]. Under intensive regimen of semen collection
for cryopreservation or immediate artificial insemination, procurement of semen in a consistent and
reasonable timely fashion is highly desirable and challenging in donkeys [8]. Collecting semen from
donkey jacks is often a time consuming and frustrating practice. The time needed to obtain an erection
followed by ejaculation varies from 6 to 32 min when mounting estrus jennies [11–13] or estrus
mares [14]. In a study of natural mating, the time between the introduction of the jack in the ‘jennies’
pen and the first mount with ejaculation varied between 25 and 93 min [15]. This study illustrated that
donkeys could take a long time to collect semen and take a long time to naturally cover jennies.

The luteolytic activity was the first reproductive action described for Prostaglandin F2α
(PGF2α) [16]. Prostaglandin F2α is known to induce smooth muscle contractions in several species’ male
internal genitalia, including humans, horses, and bulls [14,17]. This effect has been used to influence
the volume and composition of the ejaculate in domesticated mammals [15,17–22]. Administration
of PGF2α immediately before semen collection increases the total sperm number ejaculated in bulls,
rabbits, and stallions [17–21].

Synthetic prostaglandins with more potent luteolytic activity have been developed in the last two
decades. Uterine contractibility effect shows a high variability depending on the type of prostaglandin
and the stage of the estrous cycle. Cloprostenol, a PGF2α analog, induces uterine contractions,
nevertheless, causes no significant changes in any stage of the estrous cycle in cows [23]. Administration
of PGF2α analogs immediately before semen collection enhanced libido of boars with known decreased
sex drive [20,24] and reduced the time needed to train young boars for collecting semen and the
number of false mounts in boars trained to the dummy mount [25]. Similarly, the administration of
PGF2α to low libido bulls improved their libido [21]. It is unclear how PGF2α administration enhances
sexual behavior in bulls or boars, but it is known that PGF2α can stimulate several areas of the brain
in sows, which increase C-Fos mRNA expression and brooding behavior [26]. In horses, repeated
treatment with PGF2α prior to semen collections initially increased the number of ejaculated sperm,
and then an increase in semen volume and a reduction in sperm concentration was observed after
18 injections in nine weeks [27]. The same study reported no apparent deleterious effects on sperm
production and quality associated with nine weeks and 18 injections of PGF2α.

Prostaglandin F2α administration has been used in clinical practice to circumvent problems with
low libido in donkeys and to reduce time to collect semen under an intensive breeding management
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regimen [6,9]. However, the use of this eicosanoid has not been tested under controlled conditions.
An increase of PGFM, an inactive metabolite assessed as a proxy of PGF2α, has been found in the
plasma of jacks right before and after ejaculation time [13,17], suggesting that PGFα plays a role in
erection and ejaculation in this species.

The objectives of this study were to assess semen and behavioral parameters of four European
donkey breeds treated with cloprostenol sodium. We hypothesized that the administration of PGF2α
pre-courtship reduces the time to collect semen in donkeys successfully.

2. Materials and Methods

This study was conducted after revision and authorization by the Research Ethics Committee of
the Pisa University Ethics Committee under protocol# 8/2020, 31/01/2020.

2.1. Animals and Locations

A total of 19 jacks were enrolled in the study, and a total of 108 semen collections were attempted.
The breeds of donkeys used in the study were as follows: Amiata (n = 4, age 6 ± 0 years, body weight
266 ± 26 kg, height: 135 ± 6 cm, Body Condition Score 3.1 ± 0.1), Balear (n = 4, age 8 ± 5 years,
body weight 333 ± 20 kg, height: 142 ± 2 cm, Body Condition Score: 3.6 ± 0.5), Catalan (n = 5,
age 6 ± 2 years, body weight: 406 ± 4 6 kg, height: 154 ± 4 cm, Body Condition Score: 3.5 ± 0.0),
and Miranda (n = 6, age: 8 ± 6 years, weight 272 ± 34 kg, height 132 ± 5 cm, Body Condition Score
3.2 ± 0.4). The study was performed during the spring of 2020 in three research centers located
in Pisa, Italy (Amiata), Barcelona, Spain (Catalan and Balearic), and Vila Real, Portugal (Miranda).
Body condition score was calculated using the scale going from 1 to 4 described by Vall et al. [28].

During each semen collection, a jenny in good standing estrus was used as a mounting female
for all three locations. Good standing estrus was defined as standing to be mounted and full display
of “mouth clapping” [29]. One week before the beginning of the study, clean out semen collections
were performed Monday, Wednesday, and Friday to standardize extra-current duct sperm reservoirs
and to minimize possible effects of sexual inactivity. During the study, all jacks were housed in
individual stalls far away from females to avoid audio and visual stimulatory effects. Jacks were
collected with a Colorado (Amiata) or Hannover (Catalan, Balearic, and Miranda) artificial vagina
models. After the cleanout week, jacks in each of the three research centers were randomly assigned
in a cross over design between a treatment and control group. Immediately before exposure to an
estrus jenny, the treatment group received cloprostenol sodium (125 µg cloprostenol sodium, i.m.,
0.5 mL Estrumate®, MSD Animal Health SRL, Milan, Italy, PGF), whereas the control group received
1 mL of saline, i.m. (CTRL). After the cleanout week, jacks in each of the three research centers were
randomly assigned in a crossover design, using the Latin square method. On consecutive collection
days, the jacks would alternate between the treatment and control group. The order of collection
between the different jacks would also be different in each collection session. Each Amiata, Catalan,
and Miranda jack was submitted to three collections preceded by saline and three collections preceded
by cloprostenol sodium treatment. Balearic donkeys instead had a total of two collections preceded by
saline and two collections preceded by cloprostenol sodium treatment, following the same collection
design used for the other breeds. Seventy-two hours of an interval between two collections were
followed throughout the experiment across all breeds.

2.2. Behavioral Assessment

During all semen collection attempts, one observer recorded jacks’ sexual behavior in the presence
of an estrus jenny. Specifically, the number of mounts, number of erections, time from treatment to
erection, and time from treatment to ejaculation were recorded and used for comparisons across groups
and breeds. The number of erection failures, ejaculation failures, persistent erections, and the number
of sweating animals were accounted for and used for comparisons across groups and breeds. It was
deemed erection failure if a jack did not achieve an erection by 90 min after exposure to an estrus
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female. Ejaculation failure was defined as the failure to successfully ejaculate within 100 min after
exposure to an estrus jenny. Immediately after collection, jacks were assessed for a second persistent
erection, every 15 min for 2 h after treatment administration. An erection lasting for 15 min or more
was defined as “persistent erection”.

2.3. Semen Assessment

Immediately after collection, semen was assessed for total (pre-filtration) and gel-free
(post-filtration) volume and concentration using a hemocytometer counting chamber. An aliquot
of semen was extended (1:1) with a temperature-matched commercially available horse extender
(INRA 96, IMV, l’Aigle, France). The extended semen was placed on a warm slide, covered with a
coverslip, and then subjective sperm motility was assessed at 37 ◦C and 200×magnification under a
phase-contrast microscope.

2.4. Statistical Analyses

Data analyses were carried out with JMP software (JMP 7 SAS Institute Inc., Cary, NC, USA).
Fisher’s exact test was used to compare breeds, treatment regarding erection failure, ejaculation
failure, persistent erection, and sweating after each collection attempt. A Shapiro–Wilk test was
conducted to assess the normality of all variables and all dependent variables were shown to be
normally distributed. Additionally, a linear model was created to determine the effects of multiple
variables as described below.

yijzpq = m + Breedi + Treatmentj + Agez + Treatment orderq + Breedi x Treatmentj + Agez

x Treatmentj + Animalk(Breedi) + eijzpq

where:

yijzpq = number of mounts, number of erections, treatment to erection interval (minutes), treatment
to ejaculation interval (minutes), pre-filtration semen volume (mL), post-filtration semen volume (mL),
subjective sperm motility (%), response sperm concentration (spz/mL), total sperm number.

m = mean

Fixed effects were age, breed, treatment, order of treatment. Jacks were accounted as random effect.
Breedi = fixed effect of the ith breed (Amiata, Balearic, Catalan, Miranda).
Treatmentj = fixed effect of the jth treatment (CTRL, PGF).
Agez = fixed effect of the zth age level (≤5, >5).
Treatment orderq = fixed effect of the qth treatment order level (6 levels).
Animalk = random effect of the jth donkey (19 levels).
Since age is known to affect semen parameters and behavioral parameters [14], all jacks were

grouped together and then split into groups according to age to assess those effects. Arbitrarily jacks
were classified as young (i.e., ≤5 years old, n = 6), or mature (i.e., >5 years old, n = 13). Thereafter,
data analyses were carried to assess the age and body weight effects on behavioral and semen
parameters using the same similar linear model. Least-square means with their standard errors were
reported, and treatment effects were declared significant at P < 0.05. The linear contrasts were tested in
the first model by the t-test with Tukey’s adjustment within each parity level.

3. Results

An overall 3.7% erection failure was recorded in all 108 collections (Table 1). One Amiata donkey
failed to achieve an erection while receiving saline treatment, and one Miranda jack failed to achieve
an erection in the PGF group during a collection. Out of the 108 collection attempts, ejaculation failure
was recorded in 5.5% of the collections (Table 1). One Amiata jack failed to ejaculate in one collection
when assigned to the control group, whereas five jacks failed to ejaculate on one occasion (n = 1 Amiata,

100



Animals 2020, 10, 2231

n = 1 Balearic, n = 2 Catalan, n = 1 Miranda) when assigned to the PGF group. There were no significant
differences between groups regarding failures to achieve an erection or ejaculation (Table 1).

Table 1. Erection failure, ejaculation failure, persistent erection, and sweating in jacks treated with
125 µg of cloprostenol sodium (PGF) or 1 mL of saline (CTRL) prior to semen collection mount in an
estrus jenny. Three semen collections were performed in each of the assigned groups (PGF vs. Control)
at 72 h intervals for Amiata, Catalan, and Miranda, whereas only two collections per group were
performed in Balearic jacks at 72 h intervals.

Amiata (n = 4) Balear (n = 4) Catalan (n = 5) Miranda (n = 6) Total (n = 19)

CTRL PGF CTRL PGF CTRL PGF CTRL PGF CTRL PGF

Erection failure 1/12
(0%)

0/12
(0%)

0/8
(0%)

0/8
(0%)

0/15
(0%)

0/15
(0%)

0/18
(0%)

1/18
(5.5%)

1/53
(3.7%)

1/53
(3.7%)

Ejaculation
failure

1/12
(8%)

1/12
(8%)

0/8
(0%)

1/8
(12.5%)

0/15
(0%)

2/15
(13.3%)

0/18
(0%)

1/18
(5.5%)

1/53
(0.2%)

5/53
(9.4%)

Persistent
erection

0/12
(0%)

12/12
(100%)

0/8
(0%)

0/8
(0%)

0/15
(0%)

0/15
(0%)

0/18
(0%)

1/18
(5.5%)

0/53
(0%)

13/53
(24.5%)

Sweating 0/12
(0%)

0/12
(0%)

0/8
(0%)

0/8
(0%)

0/15
(0%)

0/15
(0%)

0/18
(0%)

6/18
(33.3%)

0/53
(0%)

6/53
(11.3%)

There were no differences between groups for any of the variables assessed. Only the Miranda jacks sweated in
response to PGF.

In all semen collection attempts, jacks performed at least one false mount. All jacks attaining an
erection had it after interacting with the estrus jenny. In the PGF group, a second persistent erection,
lasting for a minimum of 30 min, was observed after all collections in all the Amiata jacks and after
one collection in a Miranda jack, respectively. Around thirty min of sweating was observed in two
Miranda jacks in all cloprostenol sodium-treated collection attempts.

There were significant effects of breed, treatment, and breed by treatment interaction for behavioral
parameters (Table 2). Cloprostenol sodium administration, compared to control, reduced the number of
mounts per collection attempt (P = 0.025). Catalan and Balearic jacks had the lowest number of mounts
per collection attempt in comparison with the other two breeds (P < 0.001) that were not significantly
different from one another. The number of erections per attempt was affected by breed (P = 0.012),
but not by treatment (P = 0.11), and it tended to have an interaction between breed and treatment
(P = 0.06). There were effects of the breed (P < 0.001), treatment (P < 0.001), and breed by treatment
interaction (P < 0.001) for the variables time from treatment to erection and time from treatment to
ejaculation (Table 2). There were breed effects (P < 0.001) but no effect of treatment (P > 0.6) or breed
by treatment interaction (P > 0.4) for all semen parameter evaluation (Table 3).

Table 2. Behavioral parameters in 106 semen collections performed in 19 jacks of different breeds
(Amiata, n = 4; Balearic N = 4; Catalan n = 5; Miranda n = 6). In half of the collections, jacks were
treated with 125 µg of cloprostenol sodium (PGF) or 1 mL of saline (CTRL) prior to semen collection
mounting an estrus jenny.

Breeds (n)
Number of Mounts

Mean ± SEM
Number of Erections

Mean ± SEM
Treatment to Erection

Mean ± SEM (min)
Treatment to Ejaculation

Mean ± SEM (min)

CTRL PGF CTRL PGF CTRL PGF CTRL PGF

Amiata
(n = 4) 6.8 ± 1.5 a 6.8 ± 0.9 a 1.3 ± 0.2 1.5 ± 0.3 18.7 ± 3.0 A 6.3 ± 0.4 C 21.6 ± 3.0 a 15.6 ± 5.0 b

Balearic
(n = 4) 3.6 ± 0.3 b 1.1 ± 0.1 c 1.2 ± 0.2 1.0 ± 0.0 18.4 ± 1.7 A 6.7 ± 0.8 C 21.0 ± 1.3 a 9.1 ± 0.8 c

Catalan
(n = 5) 3.5 ± 0.2 b 1.6 ± 0.2 c 1.7 ± 0.2 1.1 ± 0.1 14.3 ± 1.1 B 6.4 ± 0.6 C 17.7 ± 0.8 b 9.9 ± 0.8 c

Miranda
(n = 6) 6.9 ± 1.5 a 4.8 ± 1.0 b 1.1 ± 0.1 1.1 ± 0.2 7.4 ± 0.6 C 6.0 ± 0.4 C 8.1 ± 0.5 c 7.2 ± 1.3 c

Mean
(n = 19) 6.0 ± 0.8 a 4.0 ± 0.8 b 1.0 ± 0.2 1.1 ± 0.2 12.0 ± 1.6 B 6.0 ± 1.6 C 14.0 ± 1.4 b 9.6 ± 1.4 c

a–c: Means within rows and columns within the same analyzed parameter, with different letters, significantly differ
(P ≤ 0.05); A–C: Means within a column with different letters significantly differ (P ≤ 0.01).
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Table 3. Seminal parameters in 106 semen collections performed in 19 jacks of different breeds
(Amiata, n = 4; Balearic N = 4; Catalan n = 5; Miranda n = 6). In half of the collections, jacks were
treated with 125 µg of cloprostenol sodium (PGF) or 1 mL of saline (CTRL) prior to semen collection
mounting an estrus jenny (P > 0.05).

Semen Volume (mL)
Total Motility

Mean ± SEM (%)
Sperm Concentration

Mean ± SEM (×106/mL)
Total Sperm Ejaculated

Mean ± SEM (×109)Pre-Filtration Mean ±
SEM

Post-Filtration Mean ±
SEM

CTRL PGF CTRL PGF CTRL PGF CTRL PGF CTRL PGF

Amiata
(n = 4) 33.8 ± 3.1 45.4 ± 8.6 31.7 ± 3.2 43.6 ± 8.6 70.0 ± 3.2 173.6 ± 4.6 425.5 ± 93.2 555.7 ± 138.9 11.3 ± 1.9 19.4 ± 4.4

Balearic
(n = 4) 79.7 ± 7.5 69.7 ± 7.2 78.1 ± 7.3 69.1 ± 7.2 87.0 ± 1.5 88.3 ± 1.5 175.3 ± 15.3 198.3 ± 17.9 13.0 ± 0.9 13.1 ± 0.9

Catalan
(n = 5) 68.0 ± 6.5 64.3 ± 7.4 67.1 ± 6.3 63.9 ± 7.6 88.2 ± 1.4 85.3 ± 1.9 237.8 ± 21.7 214.6 ± 22.1 14.8 ± 1.1 12.9 ± 1.7

Miranda
(n = 6) 88.2 ± 12.7 81.3 ± 10.1 74.6 ± 11.0 71.8 ± 10.2 65.7 ± 6.1 68.9 ± 6.4 266.4 ± 39.4 227.4 ± 41.6 17.9 ± 3.5 15.63 ± 3.5

Mean
(n = 19) 74.0 ± 7.5 70.0 ± 7.5 66.3 ± 7.0 64.5 ± 7.0 74 ± 3.1 76.0 ± 3.1 274.7 ± 42.4 279.3 ± 42.4 14.45 ± 1.85 15.3 ± 1.85

There were no differences between groups for any of the variables assessed.

The number of mounts on the female before ejaculation was significantly higher in young compared
to mature jacks (P = 0.001) as well as semen volume and total sperm number were higher in mature
jacks compared to young ones (P < 0.001) (Tables 4 and 5). Semen motility was, instead, higher in
young ones (P = 0.021). Total sperm ejaculated was not significantly higher in the mature group.

Table 4. Behavioral parameters in 106 semen collections performed in 19 jacks classified as young
(≤5 years old) and mature (>5 years old). In half of the collections, jacks were treated with 125 µg of
cloprostenol sodium (PGF) or 1 mL of saline (CTRL) prior to semen collection mounting an estrus jenny.

Groups Treatment Young
(n = 6; Mean ± SEM)

Mature
(n = 13; Mean ± SEM)

Number of mounts

CTRL 8.1 ± 1.7 A,X 4.8 ± 0.6 B,X

PGF 4.8 ± 1.2 A,Y 3.6 ± 0.5 B,Y

Total 6.5 ± 1.1 4.1 ± 0.4

Number of erections

CTRL 1.4 ± 0.2 1.2 ± 0.1

PGF 1.1 ± 0.1 1.2 ± 0.1

Total 1.2 ± 0.1 1.2 ± 0.1

Treatment to erection (min)

CTRL 11.5 ± 1.2 12.4 ± 1.6

PGF 6.4 ± 0.4 6.2 ± 0.3

Total 8.9 ± 0.9 9.32 ± 1.0

Treatment to ejaculation (min)

CTRL 13.6 ± 1.3 X 14.3 ± 1.7 X

PGF 10.1 ± 1.3 Y 9.4 ± 2.0 Y

Total 11.8 ± 0.9 11.8 ± 1.3
A,B: means within a line with different letters significantly differ (P ≤ 0.01). X,Y: For each parameter, means within a
column with different letters significantly differ (P ≤ 0.01).

There were effects of semen collection order for the number of mounts: In the second and third
collection, a reduced number of mounts per collection attempts was observed in the cloprostenol
sodium treated jacks, while treatment to erection and to ejaculation remained significantly shorter
in the cloprostenol sodium treated group compared to the CTRL (Figure 1). No differences between
treatment groups and semen collection order were found in seminal analyzed parameters (P > 0.05).
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Table 5. Seminal parameters in 106 semen collections performed in 19 jacks classified as young
(≤5 years old) and mature (>5 years old). In half of the collections, jacks were treated with 125 µg of
cloprostenol sodium (PGF) or 1 mL of saline (CTRL) prior to semen collection mounting an estrus jenny.

Groups Treatment Young
(n = 6; Mean ± SEM)

Mature
(n = 13; Mean ± SEM)

Pre-filtration semen volume (mL)

CTRL 50.4 ± 5.4 84.1 ± 7.6

PGF 50.3 ± 5.7 78.0 ± 6.3

Total 50.3 ± 3.6 A 81.0 ± 4.8 B

Post-filtration semen volume (mL)

CTRL 44.8 ± 5.7 75.9 ± 6.6

PGF 46.3 ± 5.9 72.7 ± 6.3

Total 45.5 ± 3.8 A 74.3 ± 4.4 B

Total motility (%)

CTRL 81.3 ± 2.4 71.1 ± 3.8

PGF 80.8 ± 2.3 74.1 ± 3.7

Total 81.1 ± 1.7 A 72.5 ± 2.5 B

Sperm concentration (×106/mL)

CTRL 271.6 ± 19.5 276.0 ± 47.5

PGF 243.3 ± 31.1 295.2 ± 62.0

Total 257.5 ± 12.0 285.7 ± 36.8

Total sperm ejaculated (×109)

CTRL 10.7 ± 1.0 17.7 ± 1.9

PGF 11.2 ± 1.1 17.3 ± 2.2

Total 10.9 ± 0.7 17.5 ± 1.4
A,B: means within a line with different letters significantly differ (P ≤ 0.01).

Figure 1. Effect of semen collection order (1, 2, or 3) and treatment (125 µg of cloprostenol = PGF, or 1 mL
of saline = Control) interaction for behavioral features of donkeys: Jumps on teaser jenny, number
of erections, treatment-erection interval (minutes), treatment-ejaculation interval (minutes). Data are
expressed as least squared mean ± standard error. a,b: means ± SEM within rows and columns within
the same analyzed parameter, with different letters significantly differ (P ≤ 0.05); A,B: means ± SEM
within a column with different letters significantly differ (P ≤ 0.01).
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4. Discussion

This is the first study comparing the sexual behavior and semen parameters of donkey jacks
receiving cloprostenol sodium to hasten time to semen collection. While studying donkeys in multiple
centers, we evaluated four donkey breeds: The Balearic donkey is considered a large donkey breed,
as well as the Catalonian, which is one of the founding breeds of the American Mammoth Jack;
the Miranda, a Portuguese donkey breed, which would be considered a small standard jack based on
size and the dairy Italian breed Amiata, which could be viewed as a standard size jack.

While we did not fully assess courtship behavior, cloprostenol sodium did not seem to drastically
affect normal behavior, other than shortening the pre-copulatory time and decreasing the number
of mounts without an erection. Worth noting that mounts with or without a full erection are part
of a normal donkey courtship behavior during mating [15] semen collection mounting jennies [11]
or mares. In the present study, cloprostenol sodium reduced the number of mounts per collection,
likely because of the time to obtain an ejaculate. The dose of cloprostenol sodium used herein was
half of the typical amount used to induce luteolysis in mares and jennies. The minimal effective dose
of cloprostenol sodium has not been studied in donkeys or horses. In clinical practice, cloprostenol
sodium (125–250 µg) or dinoprost (2.5–5 mg) have been used as either half or full luteolytic dose.
Herein, half of the dose usually administered to induce luteolysis in equids was able to hasten the
erection and ejaculation more rapidly and efficiently (with fewer false mounts before ejaculation) than
the control collections.

Erection was obtained in all but three collections (one after saline and two after cloprostenol sodium
administration) after female contact, showing the necessity of sexual stimulation to awake sexual activity,
and, probably, an exclusive action of cloprostenol sodium on the penis erectility, as demonstrated
in vitro in several species [18,30]. The interval from courtship to mount and ejaculation in the donkey
species is longer than in horses [12,13,15,30]. The inter-male variation regarding the minimal time
necessary for semen collection or mating has been well documented. Our findings are certainly
encouraging to suggest that cloprostenol sodium administration can be an alternative to hasten the
time necessary to attain a semen collection in donkeys.

Although it is impossible to recreate an identical environment during semen in three breeding
centers across Europe, attempts were carried out to keep the conditions as similar as possible.
The authors conducted extensive discussions to ensure standard conditions across centers. Therefore,
breed differences observed herein for all the variables (i.e., the number of false mounts, number of
erections before ejaculation, and the interval between treatment/female contact and ejaculation, in both
PGF treated and untreated jacks) are likely real.

Ejaculate volume (pre- and post-filtration) and semen concentration varied with breeds but not
between cloprostenol sodium vs. control treatment within the same breed. Semen concentration was
just affected by breed, while treatment, age and weight had no influence on the number of ejaculated
spermatozoa. Interestingly, 10 mg of dinoprost (natural PGF2α) resulted in increased post-filtration
volume and decreased sperm concentration in horses [27]. Breed differences in reproductive parameters
of donkeys have already been anecdotally reported [9]. One of the limitations of the present study is
that a small number of animals represented each breed, thus, it is possible that if a larger number of
jacks were enrolled in the study, the differences in breeds could have been different.

Surprisingly, age did not affect the behavioral parameters evaluated, except for the number of
mounts per collection. These results could be real or be due to the fact that the number of animals in
each group (i.e., ≤5 years old young, n = 5 vs. >5 years old mature, n = 14) was skewed. Previously,
it has been shown that younger donkeys took longer times to be collected than mature donkeys [5,14].
In the present study, mature donkeys had greater pre- and post-filtration ejaculate volume and lower
total motility, regardless of treatment received. Mature donkeys had greater total sperm ejaculated
compared to young donkeys. This could be because three of the donkeys in the young group were still
developing and not reached the supposed peak in sperm production expected to happen around five
years of age.
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Differences among subsequent treatments are not evident within treated and untreated jacks for
all the parameters studied (differently than from the horse stallion [27]). No negative or positive effects
on studied parameters could be attributed to this dose of cloprostenol sodium in jackasses included in
this study.

The sweating response found in two Miranda jacks, subsequent to cloprostenol sodium treatment,
is consistent with what was previously reported in horses [19], probably due to the release of epinephrine
from the adrenal medulla [31]. The jacks having this side effect were the smaller of the jacks included
in the study of their breed, a consequence of the dose/weight, and of a breed-enhanced sensibility to
cloprostenol sodium could be advocated.

Persistent erection in all the Amiata jacks treated with cloprostenol sodium could be due to the
spastic contractions of the smooth muscle apparatus of the reproductive tract caused by PGF2α as
seen in several species, such as humans [18], horses, and bulls [27,32]. The absence of this side effect in
two out of four breeds could be due to the inherent breed variations, or body size and the only case
in 1/4 breeds included could be due to the individual and breed differences already shown in this
species [33].

5. Conclusions

In conclusion, the administration of cloprostenol sodium was able to hasten erection and ejaculation
without affecting semen quality. The present multi-centric study certainly supports the previously
anecdotal use of cloprostenol sodium in clinical practice, a multi-breed controlled design study
described herein.
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Simple Summary: Donkeys have been neglected and threatened by abandonment, indiscriminate
slaughter, and a lack of proper sanitary management. They are often treated as “small horses.”
However, donkeys and horses have significant genetic, physiological, and behavioral differences.
Specific knowledge about viral infectious diseases that affect donkeys and mules is important to
mitigate disease outbreaks. Thus, the purpose of this review is to provide a brief update on viral
diseases of donkeys and mules and ways to prevent their spread.

Abstract: Donkeys (Equus asinus) and mules represent approximately 50% of the entire domestic
equine herd in the world and play an essential role in the lives of thousands of people, primarily in
developing countries. Despite their importance, donkeys are currently a neglected and threatened
species due to abandonment, indiscriminate slaughter, and a lack of proper sanitary management.
Specific knowledge about infectious viral diseases that affect this group of Equidae is still limited.
In many cases, donkeys and mules are treated like horses, with the physiological differences between
these species usually not taken into account. Most infectious diseases that affect the Equidae family
are exclusive to the family, and they have a tremendous economic impact on the equine industry.
However, some viruses may cross the species barrier and affect humans, representing an imminent
risk to public health. Nevertheless, even with such importance, most studies are conducted on
horses (Equus caballus), and there is little comparative information on infection in donkeys and mules.
Therefore, the objective of this article is to provide a brief update on viruses that affect donkeys and
mules, thereby compromising their performance and well-being. These diseases may put them at risk
of extinction in some parts of the world due to neglect and the precarious conditions they live in and
may ultimately endanger other species’ health and humans.

Keywords: donkeys; Equus asinus; mules; viral diseases; health; infectious diseases

1. Introduction

Horses (Equus caballus) and donkeys (Equus asinus) are mammals belonging to genus, Equus,
which emerged approximately 4.5 million years ago [1]. Although there is an inheritance shared
between them, the horses and the donkeys are notably different in their physical and behavioral
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characteristics [2]. The crossing of these two species results in a sterile hybrid, named mule, which has
the characteristics of the two progenitor species, generating a great diversity of body types and
temperaments, however, their physiological characteristics resemble those of the horse [3,4].

Currently, the world population of Equidae is estimated at 116.7 million animals, comprising
57.7 million horses, 50.4 million donkeys and 8.5 million mules [5]. Most donkey and mule populations
are concentrated in the Asian continent, as well as in some countries of Central America, South America
and Africa, ensuring the livelihood of 500 million people in poor communities in developing countries
around the world. These donkeys and mules are used mainly as work animals (transporting cargo
and traction) and for transporting people [6]. However, the industrialization and mechanization of
agriculture has also led to an increasing and global abandonment of animals, which start to live in
an “errant” way, roaming the roads and causing traffic accidents, in addition these stray animals
representing a potential source of transmission of infectious diseases for other species, due to the lack
of sanitary control [7]. Analysis of the complete genome of horses and donkeys showed divergences
in genes directly involved in the inflammatory response to trauma (ITIH4) and in the regulation of
cholesterol synthesis (HMGCR). These genes were positively selected in donkeys [1,8] and, they produce
significant differences in physiological and biochemical parameters when compared to horses (Table 1).
However, many benchmarks are still being established for specific breeds of donkeys [2,9,10].

Table 1. Comparison of the physiological parameters between donkeys and horses. Source [11,12].

Physiological Parameters Donkeys Horses

Temperature (◦C) 36.5–37.8 37.5–38.5
Pulse (Beats/Minute) 36–52 30–40

Respiration (Breaths/Minute) 12–28 18–20

Hematology and Biochemistry Parameters

RBC Count (106/µL) 4.4–7.1 6.0–10
Hemoglobin (g/dL) 8.9–14.7 12–17

MCV (fl) 53–67 42–58
Triglyceride (mmol/L) 0.6–2.8 0.05–0.5

Total Bilirubin (µmol/L) 0.1–3.7 0.06–0.12

Donkeys also have a different susceptibility to certain infectious agents and clinical manifestations
when compared to horses. However, there are few scientific studies on pathogenesis, immune response
and pathophysiology. Much of the available knowledge comes from the clinical experience of veterinarians,
as well as knowledge, which is extrapolated from horses to donkeys [2].

Just like horses, donkeys and mules are also susceptible to infection by important virus such
as equine infectious anemia (EIA), the eastern, western and venezuelan equine encephalomyelitis,
Japanese encephalitis (JE), West Nile fever (WNF), equine viral arteritis (EVA), equine herpesvirus
(EHV), equine influenza (EI), as well as the African horse sickness and rabies which are listed in the OIE
Terrestrial Animal Health Code [13], and countries are required to report their occurrence accordingly.
In addition to being relevant to the equine industry [14], some of them such as the Eastern, Western and
Venezuelan equine encephalomyelitis, JE, WNF, rabies and Saint Louis encephalitis (SLE) [15,16] are of
great importance for One Health. In addition, there are still unexplored viruses, such as the newly
discovered Nonprimate hepacivirus (NPHV) [17], whose impact on equids is still poorly understood.
Therefore, the main purpose of this article is to review the published literature and online resources
(e.g., official donkey websites and non-governmental organizations (NGOs)) compiling and providing
an update on the main viral diseases of equids on donkeys and mules.

2. Equine Infectious Anemia

Equine infectious anemia (EIA) is a worldwide disease caused by the Equine infectious anemia
virus (EIAV), a lentivirus classified in the family Retroviridae that exclusively affects horses, mules,
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and donkeys [18]. The official EIA statistics on equids do not accurately report the prevalence of
the disease in countries as they refer, and statistics are almost exclusively based on, laboratory tests
carried out on the transit of animals and/or participation in events controlled by the Official Veterinary
Services [19]. This most often involves animals of zootechnical interest value. It is believed that this
estimate is even more compromised for mules and donkeys, which are typically animals of low value.
Therefore, what is known about the occurrence of EIA in donkeys and mules comes from a limited
number of studies that are summarized in Table 2.

Table 2. Studies on the occurrence of equine infectious anemia (EIA) in horses, donkeys, mules and
zebras from 2009 to 2019.

Disease Species % Positivity Location References

EIA

Donkey 0% (0/1568)

Italy [20]Horse 0.2% (41/23971)
Mule 3.5% (27/767)
Zebra 0% (0/3)

Donkey 0.2% (1/662)
Ethiopia [21]Horse 0% (0/289)

Mule 0% (0/51)

Donkey 3.27% (12/367) Brazil [22]

Donkey 8.28% (14/169)
Sudan [23]

Horse 3.17% (6/189)

Blood from an infected horse, donkey and mule is the most important source of EIAV for
transmission to susceptible animals. The most common natural transmission of EIAV is via blood-feeding
insects of the family Tabanidae (e.g., horse flies and deer flies) [24]. Stable flies (Stomoxys calrcitrans) are
also capable of transmitting the virus but they are less efficient than the tabanids. Because the virus
does not replicate within the insect vector, insects only serve as mechanical vectors, transferring blood
though their mouth parts [25]. The virus can be transmitted iatrogenically via contaminated needles or
surgical instruments, as well as transfusion of contaminated blood products. The transmission of EIAV
can also occur through contact of the infected blood with exposed wounds of a healthy animal [26].
In addition to these routes of transmission, some studies have shown the possibility of spreading EIAV
by vertical transmission via the uterine/perinatal route (i.e., in utero, at parturition), or following the
ingestion of infected colostrum, as well as via aerosols [24,27–29].

The EIA clinical course is well described in horses and ponies, with little information on donkeys
and mules. It is known that the presentation of clinical signs can vary according to the virulence of the
infecting strain, the amount of virus to which the animal was exposed and the carrier’s immunological
status [30,31]. In horses, three clinical phases of EIA have been described: acute, chronic and inapparent.
The acute phase is characterized by viremia and thrombocytopenia, and occurs between 5 and 30 days
after infection [18,32], they can also be accompanied by fever, lethargy, inappetence and in more severe
cases may present petechiae and hemolytic anemia; however, the signs can also be mild or absent [33].
After the acute phase, the infected animal enters the chronic phase, characterized by recurrent cycles
of viremia, weight loss, edema, anemia, thrombocytopenia and, less frequently, neurological clinical
signs [18,33,34]. If the animal survives, the clinical signs of the chronic phase gradually decrease over a
period of approximately one year [35,36]. After this period, about 90% of horses infected with EIAV
evolve to the phase of inapparent carrier, where clinical signs are absent and viremia is undetectable in
most cases [33,36].

Clinical, pathological, and laboratory findings of the mules show that they produce clinical signs
similar to those seen in horses [35]. However, donkeys despite being susceptible to EIAV, have very low
levels of viremia, which may explain the fact that they do not usually demonstrate clinical signs of the
disease. Cook et al. [37] performed experimental infections of donkeys and horses with the pathogenic
strain of EIAVpv strain (Pathogenic variant). All horses in the experiment showed clinical signs of EIA,
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while the donkeys remained asymptomatic during the 365 days of observation. Seroconversion of the
animals occurred between 20- and 40-days post-infection for horses and donkeys. Interestingly, the viral
load in donkeys was 100,000 times lower than in horses during the first three weeks of infection. In the
case of infection with a highly virulent strain of EIAV (EIAV Wyoming), the difference in viral load
was approximately 1000 times lower in donkeys than in horses, and seroconversion of the donkeys
was detected two weeks after infection. In the same study, equine and donkey monocyte-derived
macrophages (MDM) were equally susceptible to EIAV infection in vitro, suggesting that the clinical
differences observed between these two species are not related to the permissiveness of the host cells.

A vaccine against EIA was developed in 1975 by the Harbin Veterinary Research Institute
in China [38]. This vaccine was obtained through a three-step attenuation process. The first and
second stages consisted of serial in vivo passage of the highly pathogenic strain EIAVLN (LN40) first
in horses and then in donkeys, producing the strain EIAVDV117 which was even more pathogenic.
Thus, attenuation was obtained in the third stage, after 121 serial in vitro passages of the strain EIAVDV117

in primary donkey macrophages (EIAVDLV121). Vaccination of horses and donkeys with this cell culture
adapted EIAVDLV121 strain provided 85% and 100% protection, respectively, when challenged with the
virulent virus [39].

Due to the cost and time spent isolating leukocytes, EIAVDLV121 was cultured in FDD (fetal donkey
dermal) cells and, after 13 passages, the new strain EIAVFDDV13 showed the same protective efficiency
as the previous strain (EIAVDLV121) [39]. This viral attenuation process shows that the interaction of
EIAV with horse and donkey cells is different, resulting in a distinct vaccinal protective efficacy between
these species, which suggests that they may differ in susceptibility. After a previously vaccination
with the attenuated strain (EIAVDLV121), 25% of horses and only 5% of donkeys did not develop an
effective immune response to EIAV when they were challenged with the pathogenic strain (LN40) [40].
To explain the greater susceptibility of horses even after vaccination, Yin et al., 2013 demonstrated
that EIAV uses the cell translation machinery of the horses more efficiently than when compared to
donkeys and this would increase viral proteins expression and consequently, increase the amount of
virions circulating in the animal [41]. In addition, other studies have suggested that the RNA editing
enzyme equine adenosine desaminase (eADAR1) upregulates EIAV in vitro by enhancement of viral
protein expression associated with the LTR region and the RRE in the env region [42]. A genomic
analysis revealed multiple mutations, specially A-to-G substitutions, in the genome of EIAVDV117

strain, when compared to the parental strain EIAVLN40. The mutations were found mostly at 5′TpA
and 5′ApA dinucleotides, that are commonly targeted by ADAR1, therefore ADAR1 is most likely to
be related in the EIAV adaptation from horses to donkeys [43].

Even though the induction of cellular and humoral immune responses has already been
demonstrated in animals vaccinated with the Chinese vaccine [44], its effectiveness is not fully
proven, especially when the animals are challenged with heterologous strains of EIAV. Therefore the
efficiency of the vaccine would be compromised in other regions of the world, due to the genetic
diversity of strains of EIAV [45,46]. An additional disadvantage of this vaccine is the impossibility of
distinguishing between vaccinated and naturally infected animals, which can compromise control
measures based on serological tests [24]. With the reported limitations on the vaccine developed
in China, there is no vaccine or treatment in the world for EIA and, its control occurs through
the identification, segregation, and/or euthanasia of EIAV-infected animals [44,47–49]. The official
method for diagnosing EIA in several countries around the world is the agar gel immunodiffusion
(AGID) technique, also known as the Coggins Test [50]. Some countries such as the USA, Brazil,
and Italy use the enzyme-linked immunosorbent assay (ELISA) as a screening method due to its
high sensitivity [24,51–53]. There is also a Western immunoblotting test, which can be used as a third
confirmatory technique, but it is not commercially available and is used only in reference laboratories
in the US and Italy [29].

One of the problems of using only serological tests for the diagnosis of EIA is that there is a
“immunological window”, that refers to the time after infection and before seroconversion. In horses
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and ponies, this period is usually less than 45 days, but periods of up to 157 days have already been
reported for the AGID test [29]. Experimentally donkey seroconversion took twice as long as that
for horses [37]. It is during the period of the “immunological window” that viral loads associated
with blood can reach their highest levels, thus maximizing the risk of transmission [24]. There is
also the hypothesis that EIAV can establish serologically silent infections similar to those seen with
woodchuck hepatitis virus (WHV) and simian immunodeficiency virus (SIV) [54] that is, viruses and
genetic material are identified, however by a mechanism not yet elucidated, viral replication does not
stimulate detectable humoral immune response [55].

Scicluna et al. [53] observed an increase in the efficiency of the diagnosis of EIA when using three
different methods in sequence, first the ELISA for screening, second the AGID to confirm the positive
results in the ELISA, and third the Immunoblot (IB), to conclude on conflicting results between the
two previous tests. It was observed that the frequency of samples with negative AGID and positive
ELISA/immunoblot results was significantly higher in mules than in horses, which suggests a problem
in the diagnosis of mules, which is important as this hybrid species has a role in the dissemination and
maintenance of EIAV in the infected field herds.

Oliveira et al. [22] evaluated the seroprevalence of EIAV in a donkey population in Brazil,
using the AGID, two ELISAs and the IB for discordant results. From the comparison between the
tests, it was observed that the ELISA showed false-positive results, while the AGID was associated
with false-negative results, which corroborates previous studies carried out in horses [29,53,56],
emphasizing the need for a new diagnostic approach for EIAV research in equines, and particularly
in donkeys, since they typically present an extremely weak reaction in AGID which is associated
with false-negative results or results which are difficult to interpret, probably due to the delay in
seroconverting or low levels of antibodies when compared to horses and ponies [37].

The other articles mentioned in Table 2 use only a single diagnostic test for EIA, the classic
AGID [20,21,57] or ELISA [23]. Due to the limited techniques used in these surveys, the seropositivity
found is likely to be overestimated in Sudan and underestimated in Italy, Bulgaria and Ethiopia.
As reported above, although very specific, AGID is not very sensitive, increasing the number of
false-negative results [53]. Therefore, the prevalence of studies that used only the AGID test is believed
to be underestimated. The occurrence of EIA in Italy, Sudan, and Brazil was correlated with geographic
location; regions less prone to the presence of natural fly vectors showed less seropositivity when
compared to other regions within each country [20,22,23].

In circumstances where serology is not adequate, the use of the polymerase chain reaction (PCR)
and even viral isolation are recommended, but these techniques have limitations. Viral isolation is
extremely complex and rare, due to the difficulty, cost and time consuming for the cultivation of
monocyte-derived macrophages, which prevents the routine use of this technique [24,58]. The molecular
diagnosis by PCR is limited by the fact that the EIAV has a very complex global epidemiology, presenting
a low level of identity between the known nucleotide sequences and their division into different
clades [59], making it difficult to use universal PCR primers for its diagnosis. The effectiveness of
molecular diagnosis in donkeys is still unknown, as there are no field isolates in this species that can
serve as a basis for standardizing assays.

3. Equine Viral Arteritis

Equine viral arteritis (EVA) is a respiratory and reproductive disease that affects equides
worldwide [60]. The etiological agent of EVA is the Alphaarterivirus equid (previously known as
equine arteritis virus (EAV)), a single stranded, positive sense RNA virus that belongs to the family
Arteriviridae, subfamily Equarterivirinae genus Alphaartevirus in the order Nidovirales [61].

Alphaarterivirus equid is transmitted via respiratory or venereal routes in horses, donkeys,
and mules [11,62]. Horizontal transmission occurs via the respiratory tract after aerosolization
of viral particles present in the respiratory secretions of horses with acute infection, facilitated by
direct and/or close contact with susceptible animals [63,64]. Other body secretions and excretions from
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infected animals such as urine, aborted fetuses, and fetal membranes can also transmit the virus and
play a significant role in precipitating new outbreaks of EVA [64,65]. Venereal transmission occurs
exclusively via infected stallion semen in the acute or chronic phase [66].

Although Alphaarterivirus equid is present worldwide, there are few studies on the prevalence
of this infection in donkeys and mules (Table 3). In horses, the prevalence of Alphaarterivirus equid
varies between countries and among horses of different breeds and ages within the same country
because of the management practices and genetics of host breeds that make stallions become long
term Alphaarterivirus equid shedders [60,62]; these findings may also apply to donkeys. In the last
10 years, the presence of Alphaarterivirus equid in donkeys has been reported on the Asian (Eastern
Anatolia, Turkey), European, and American continents (Central and South America). The highest
reported prevalence was in Bulgaria (79.1%), and this study suggested that the high rate was due to a
lack of control measures to prevent the disease [57]. In South Africa and Chile, Alphaarterivirus equid
strains that infect donkeys have been reported [57]. Comparative genomic sequence and phylogenitc
analyses of these strains with other equid Alphaarterivirus equid strains showed the existence of a
new Alphaarterivirus genotypes in these regions [67,68]. In a study conducted by Bolfa et al. [69],
only one donkey was positive for the presence of antibodies against Alphaarterivirus equid, and a
possible explanation is that this animal could have been an asymptomatic carrier that could have
been imported.

Table 3. Studies of the occurrence of Alphaarterivirus equid, including donkeys and/or mules, from 2009
to 2019.

Disease Species % Positivity Location References

EVA

Donkey 79.1% (152/192) Bulgaria [57]
Donkey 20% (17/85) Brazil [70]
Donkey 2 animals Chile [68]
Donkey 2.5% (1/40) West Indies [69]
Donkey 8.3% (19/227) Turkey [71]
Horse 15% (29/193)

Donkey 3.46% (53/1532) Turkey [72]

There are a few studies which raise the hypothesis that donkeys are more resistant to the
development of the disease caused by Alphaarterivirus equid than horses, presenting mostly inapparent
infections or mild clinical signs [73,74]. In cases where there are evident clinical signs, donkeys
usually present with fever, depression, ocular and nasal discharge [11]. Similar to equine stallions,
where 10–70% become inapparent carriers and maintain viral spread through semen. All the evidence
indicates that donkeys are mostly asymptomatic and also act as potential reservoirs of Alphaarterivirus
equid and help to maintain and perpetuate virus in the equid population [11,62].

4. Equine Hepacivirus

Nonprimate Hepacivirus (NPHV), also known as Equine Hepacivirus, belongs to the family
Flaviviridae and the species Hepacivirus A. Currently, the NPHV is described as the homologous virus
phylogenetically closest to the hepatitis C virus (HCV) [75,76]. The NPHV was identified in horses in
2012, and they were considered the main natural host of the virus [17]. NPHV infection was identified
in serum samples collected from 1974 to 2016 in donkeys from Germany, Spain, Bulgaria, Italy, France,
and Mexico as well as in mules from Bulgaria, where the presence of antibodies was detected in
31.5% (278/882) of the tested animals and viral RNA in only 0.3% (3/882), who were also seropositive,
suggesting a predominance of acute infection with rapid viral depletion [77]. This could explain
why studies have failed to detect the virus in donkeys and mules in Brazil (n = 1 and 35) [78,79],
China (n = 14) [80], United Kingdom (n = 16) [81] and Italy (n = 134) [82], since they used only
PCR-based techniques to screen the virus and also a limited sample number.
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A recently published work identified that a partial NPHV E2 nuccleotide sequence isolated from an
infected donkey showed a 22% divergence between the virus sequenced from horses [83]. This indicates
that the virus may acquire genetic variability when it crosses the species barrier. The accumulation of
variations can produce antigenically distinct variants between horses and donkeys, thereby interfering
with molecular diagnosis in donkeys.

NPHV is hepatotropic, and the infection is subclinical in horses. Although the viral load remained
similar between horses and donkeys, a slight increase in liver enzymes was observed in horses,
whereas in donkeys, enzyme concentrations remained within the reference range [76,77]. The absence
of changes in donkeys may be a reflection of the time interval between the initial infection and the tests
performed since over time, horses affected by the virus tend to overcome the infection and recover to
normal functioning [76]. However, it could be speculated that donkeys are more resistant to NPHV
and, therefore, clear the infection more quickly, as already observed in other diseases, such as EIA.

However, it is still not clear what the impact of this new virus is on the equine industry and, to date,
NPHV poses no risk to public health [84]. Meanwhile, the use of equines as an alternative animal
model to studies with HCV may help to elucidate the immunological mechanisms involved in viral
depletion and possibly in the natural resistance of the asinine species, which may have considerable
implications for the development of effective drugs and vaccines compared to other related viruses.

5. Equine Herpesvirus

Equine herpesviruses (EHVs) are pathogens that establish latent infections in their hosts and affect
all members of the Equidae family worldwide. They are DNA enveloped viruses belonging to the
family Herpesviridae [85]. There are currently nine identified equine herpesviruses (EHV-1 to EHV-9),
six of which belong to the subfamily Alphaherpesvirinae and three to the subfamily Gamaherpesvirinae.
There exist asinine herpesvirus (AHV) of both subfamilies (Table 4) [86,87].

EHV-1 and EHV-4 are clinically, economically, and epidemiologically the most relevant pathogens
within this family, causing problems in the respiratory tract of horses worldwide [97]. Both have
been associated with abortion and respiratory diseases in donkeys [98]. In addition, EHV-1 is also
associated with neurological diseases in donkeys [11,99,100]. Although the equine herpesvirus
myeloencephalopathy (EHM) caused by EHV-1 is uncommon, it has been described in donkeys
and mules in outbreaks in Ethiopia between the years 2011 and 2013. EHM was fatal in donkeys,
with deaths without apparent clinical signs [101]. These viruses are antigenically and genetically
related, showing cross-reactions due to similarity between 55% and 96% in the amino acid sequence
of surface glycoproteins [99]. EHV-1 and EHV-4 are distributed worldwide, in domestic equine
species [102,103]. However, there are few studies on the presence of antibodies against herpesvirus in
donkeys (Table 5).

Some of the studies listed in Table 5 describe a higher prevalence rate of equine herpesvirus
in donkeys, suggesting that they may represent an important source of infection for other
equines [21,101,104,110,111]. It was also suggested that older donkeys would have a higher infection
incidence rate. Depending on the study, both sexes could be considered as correlated with the
occurrence of the infection. The correlation between age and disease is easily explained, as older
animals have a longer time of exposure to infection; therefore, they are more likely to be naturally
challenged by EHVs and recover, increasing the prevalence of antibodies against the virus [101,104,105].
Regarding the correlation between sex and disease, there were differences in results among different
studies. Bolfa et al. [69] suggested that males are more susceptible to infection by EHVs 1 and 4,
while Lara et al. [70] and Negussie et al. [101] suggested a possible role of females in the “maintenance”
of the disease in the herd, as they are more susceptible to EHV infection.
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Table 5. Studies on the occurrence of equine herpesvirus, including donkeys and/or mules, from 2009
to 2019.

Disease Species Agent and % Positivity Location References

EHV

Donkey EHV-1/24.2% (31/128)
Turkey [104]Horse EHV-1/14.5% (42/290)

Mule EHV-1/37.2% (32/86)

Donkey EHV-1 and 4/0% (0/4)
Brazil [105]Horse EHV-1 and 4/18.7% (140/749)

Mule EHV-1 and 4/6.8% (5/73)

Donkey EHV-4/69.7% (134/192) Bulgaria [57]

Donkey EHV-1/20.2% (21/104)

Ethiopia [21]

EHV-4/84.6% (88/104)

Horse
EHV-1/7% (7/100)

EHV-4/91% (91/100)

Mule
EHV-1/0% (0/4)

EHV-4 100% (4/4)

Donkey EHV-1/33.3% (4/12)

Tanzania and
Namibia

[106]

EHV-9/0% (0/12)

Somali wild ass
EHV-1/73.6% (14/19)

EHV-9/5.2% (1/19)

Zebra
EHV-1/61.8% (55/89)
EHV-9/29.2% (26/89)

Donkey EHV-1/2 animals
EUA [107]Horse EHV-1/115 animals

Mule EHV-1/2 animals

Donkey EHV-1/51.85% (126/243)

Turkey [108]
EHV-4/64.2% (156/243)

Horse
EHV-1/52.48% (222/423)
EHV-4/83.69% (354/423)

Donkey EHV-1 and 4/69.5% (57/82)
Sudan [109]

Horse EHV-1 and 4/65.9% (83/126)

Donkey EHV-4/14.8% (16/108) Iran [110]
Mule

Donkey EHV-1/82 animals
Ethiopia [101]Horse EHV-1/6 animals

Mule EHV-1/3 animals

Donkey EHV-1 and 4/74.7% (201/269)
Ethiopia [111]Horse EHV-1 and 4/66.7% (64/96)

Mule EHV-1 and 4/50% (6/12)

Donkey EHV-1/10% (4/40)

West Indies [69]
EHV-4/53% (21/40)

Horse
EHV-1/27.6% (39/140)
EHV-4/90% (126/140)

Donkey 47% (40/85) Brazil [70]

In donkeys and mules, an infection with a gammaherpesviruses similar to Asinine herpesvirus type 5
(AHV-5), isolated from a pharynx swab of a donkey with neurological disease in Ontario, Canada have
been reported [112]. Beyond this, AHV type 4 and 5 are also considered potential causes of pulmonary
fibrosis, which is a common disease in elderly donkeys [98]. AHV-5 has also been detected in donkeys
with interstitial pneumonia, similar to AHV-4 [113]. Equine herpesvirus type 7 (EHV-7), also known as
asinine herpesvirus type 2 (AHV-2), was isolated from the blood of a healthy donkey and nasal secretions
of a mule after an outbreak of respiratory disease [114,115]. The first AHV-2 described in 1988 was
isolated from a healthy donkey, but when inoculated into two newly weaned donkeys, it produced
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signs of acute rhinitis [115]. Another study showed that EHV-7 was recovered from nasal secretions in
approximately 8% of healthy mules (n = 114) and donkeys (n = 13) [114]. Asinine herpesvirus type 3
(AHV-3) is a donkey virus that induces mild rhinitis in this species. Donkeys can also have lesions
similar to the equine-coital rash, which can be caused by AHV-1 [116].

There are no specific therapeutic or biosafety procedures for AHVs. The measures that must
be taken for donkeys infected with some herpesviruses must follow the protocols developed for the
treatment of EHV in horses [98]. However, the unique physiology of donkeys must not be ignored.
For example, respiratory infections can be aggravated because of hyperlipidemia, which is common in
donkeys [11].

6. Flaviviral Encephalitis

The West Nile virus (WNV), Saint Louis encephalitis virus (SLEV) and Japanese encephalitis virus
(JEV) are arboviruses belonging to the genus Flavivirus of the family Flaviviridae [117]. These viruses
are transmitted by the bite of hematophagous mosquitoes and cause fatal neurological conditions in
humans and horses [117]. In nature, the transmission cycle of the encephalitis, caused by those three
viruses, is maintained primarily by biological vectors of genus Culex. Birds of the order Passeriformes
may act as reservoirs and amplifiers of the WNV [118], just as water birds and pigs are potential
reservoirs for JEV [119]. Humans and equines are considered accidental end-hosts and are not able to
produce enough viremia to infect new vectors [117].

The neurologic clinical signs caused by these infections in horses are similar or identical to the signs
induced by several other pathogens, including EHV-1 and Rabies virus [120]. Therefore, laboratory tests
are crucial for an accurate diagnosis. Immunoenzymatic assays (i.e., ELISAs) are increasingly used because
they are fast and inexpensive. However, most flaviviruses are antigenically related, which results in
cross-reactivity between them, especially the SLEV, JEV, and WNV, which makes serological diagnosis
more difficult [117,121]. It is often necessary to use additional confirmatory tests, especially in certain
regions where there is co-circulation of those related viruses, with viral neutralization tests and plaque
reduction tests (PRNT) being the most specific [119,122]. RT-PCR-based techniques can be used for
direct detection of the virus and are highly specific. However, the transient nature of flavivirus viremia
represents an important limitation for the use of this methodology. WNV infections, for example,
have a single viremic phase of 4 to 6 days in horses. Therefore, due to the possibility of false-negative
results by PCR, confirmation by serological tests is necessary, usually ELISAs for anti-viral IgM are
used for this purpose [118,122].

Serological evidence of JEV infection has been reported in mules in the Himalayas and donkeys
in Pakistan [123,124]. Data from the World Organization for Animal Health (OIE) show that JEV has
already been identified in India, Japan, Korea, Bangladesh, Laos, Philippines, Timor-Leste, China,
Papua New Guinea, and Australia [125]. However, there is no description of the affected species. JEV
is a major public health problem in Asia as it is the leading cause of viral encephalitis in humans,
with approximately 68,000 clinical cases per year [119]. Approximately 50% of these cases occur
in China [126], where cases in equid are also frequent [125]. China is home to one of the largest
populations of donkeys and mules in the world [5] but has shown a significant decline due to the
deliberate culling of these species to obtain ejiao (Chinese gelatin made from donkey skin) raising the
concern of experts [127]. The occurrence of infectious diseases can further aggravate this situation,
as is the case of Japanese encephalitis, which has a high mortality rate, reaching up to 30–40% in more
severe cases in horses, with impacts undescribed for other equids species [119].

The SLEV circulation seems to be restricted to the Americas, and serological studies in horses
show its occurrence in Caribbean countries [128], Central America [129] and South America [121,130].
However, in donkeys and mules, the occurrence of the disease has only been described in Panama [129]
and in two states in Brazil, Mato Grosso do Sul and Minas Gerais [131,132].

According to the OIE, the occurrence of WNV has already been reported in countries on all
continents, except Antarctica, with emphasis on Israel, Hungary, Guatemala, Haiti, Canada, and the
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USA, which has presented cases for several consecutive years [125]. WNV infection has been described
in a donkey in the south of France with neurological signs, which showed a short period of remission,
followed by severe liver failure [133]. The virus has already been identified in the central nervous
system of symptomatic donkeys in Brazil, who had muscle tremors, dysphagia, anterior limb ataxia,
lateral decubitus, and rowing movements in the first 24 h, followed by paralysis of the pelvic limbs,
loss of sensation in the spine, and mandibular trismus [134]. In the USA, three mules with clinical
signs and diagnosed with WNV survived, and none of them remained in decubitus in the course of the
disease, while a donkey failed to recover [135]. Antibodies have also been found in clinically healthy
animals in several countries (Table 6).

Table 6. West Nile virus (WNV) seroprevalence studies that include donkeys and/or mules.

Disease Species % Positivity Location References

WNV

Donkey 20% (14/70) Anatolian Province
(Turkey) [136]

Horse 0.8% (1/118)

Donkey 1.28% (3/234) Turkey [137]
Horse 4.15% (27/650)

Equids 1 28% (332/1189) Tunisia [138]

Donkey 8.6% (5/58) Borno State (Nigeria) [139]
Horse 11.5% (11/96)

Donkey Horse 55.4% (249/449)
Punjab and Khyber

Pakhtunkhwa Provinces
(Pakistan)

[124]

Donkey 86.2% (25/29) Northwest Senegal [140]
Horse 68.7% (44/64)

Donkey 14.4% (33/222) Northeast Algeria [141]
Horse 26.8% (19/71)

Donkey 39.3% (50/127)
Palestine and Israel [142]

Horse 82.6% (380/460)

Donkey 15% (6/40) Leeward Islands (West
Indies)

[69]
Horse 18.6% (26/140)

Donkey 12.7% (83/150) Northern Egypt [143]
Horse 20.7% (83/400)

Donkey 47.6% (10/21) Guadaloupe Archipelago [144]
Horse/Pony 22.3% (69/309)

Donkey/Mule
Horse 25% (4/16) Chiapas and Puebla States

(Mexico) [145]

Equids 1 1.8% (4/217) Mato Grosso State (Brazil) [146]
1 Authors did not specify the evaluated species.

Some authors suggest that donkeys and mules may be more resistant to WNV infection or may
have milder clinical signs after exposure, even though severe signs may eventually occur [135,147].
Yildirim et al. [136] detected viral RNA in 28.5% (4/14) of seropositive donkeys, suggesting infection
with no clinical signs. During an outbreak in Spain, WNV-positive donkeys and mules were detected in
municipalities where clinical cases had not been reported, suggesting that there is greater geographical
spread than previously thought and that these species can be used as sentinels for the WNV since this
resistance to the virus supposedly allows the greater permanence of these animals in the herd [147].

Other studies have shown that the seroprevalence of WNV may be higher in donkeys than in
horses (Table 6). Yildirim et al. [136] attributed this finding to the fact that the donkeys in the study
were used mainly for the transport of water and therefore presented a greater risk of vector exposure.
Davoust et al. [140] detected greater seroprevalence in donkeys than in horses, but with no statistically
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significant difference, while Bargoui et al. [138] did not observe a difference in the seroprevalence rate
between both species, which was already expected since the animals were in similar environmental
conditions and were used for the same purpose. On the other hand, some studies show a trend of
greater seroprevalence in horses than in donkeys, but without statistical significance [124,143]. This is
a complicated relationship to establish and a sampling discrepancy is common, and most studies do
not fully explore the results obtained for donkeys and mules, while some do not differentiate between
species in their data. It seems that both species have the same chance of being infected, but the rate of
positivity can be influenced by factors such as geographical location, population size, and different
uses of each animal species.

Neurological disorders are important health and economic threats to the equine industry.
Publications from the last 20 years indicate that this morbidity represents the fifth largest cause
of death among adult horses [148]. Nevertheless, little research has been carried out to evaluate the
burden of neurological diseases in this species and even less in donkeys and mules, which are abundant
in regions of the world that are conducive to the existence of infections due to high loads of arthropod
vectors [116].

7. Equine Influenza

Influenza viruses makes up a large group of strains directly associated with severe respiratory
infections in several species. Influenza virus is a member of the family Orthomyxoviridae and in the genus
Influenza [149]. As the virus is airborne and is highly variable, it is constantly the target of concern
related to the possible pandemics [150]. The Influenza virus has been classified into four types: A, B,
C, and D, based on the matrix and nucleoprotein genes. Type A viruses infect animals and humans,
whereas type B and C viruses infect only humans. Subtype D has been reported in pigs, cattle, sheep,
and goats [151].

Equine influenza virus (EIV), classified as type A, is considered one of the most important viral
respiratory pathogens, causing a disease with high morbidity. Equine influenza disease is mainly
caused by the virus subtypes, H7N7, first recognized in 1956 [152] and H3N8, isolated for the first time
in 1963 [153]. Since then, the increase in the transit of infected animals without clinical signs and which
are subjected to inadequate quarantine procedures, has caused EIV to spread worldwide, except in a
small number of island countries, including New Zealand and Iceland [154].

Once in the host, EIV has a tropism for the ciliated cells of the upper and lower respiratory tract,
inducing necrosis of the epithelial cells, exudation of fluids rich in proteins, and agglomeration of the
cilia [155]. The onset of clinical signs occurs between 5 and 14 days after infection. In horses, they are
characterized by dry cough, fever, lethargy, anorexia, enlarged lymph nodes, tachycardia, hyperemia of
the airways and conjunctival mucous membranes, serous nasal discharge, edema of the limbs, pain,
muscle stiffness, and abortions [156]. Eventually, infected animals may develop more severe clinical
signs, characterized by myocarditis and chronic obstructive pulmonary disease. Despite the high
morbidity, the mortality rate is low and usually occurs in cases of pneumonia with sequelae [157].

Donkeys and mules, once affected, develop clinical manifestations similar to horses; however,
in donkeys, the symptoms are more clinically severe with signs of typical broncho-interstitial pneumonia
characterized by necrotizing bronchiolitis, hemorrhages, the presence of extremely swollen alveoli,
and fibrinous exudation are commonly observed [158]. There is evidence from outbreaks in China
between 1993 and 1994, that while mules and horses display mild clinical signs, donkeys infected under
the same conditions of exposure to the virus were severely affected, and most of them died [149,159].
The greater susceptibility of donkeys to EIV infection is due to the greater propensity of these animals
to develop bacterial bronchopneumonia [160]. Nevertheless, Rose et al. [161] attributed the greater
severity of clinical signs seen in these animals, with the recurrent coinfection with pulmonary nematodes
Dictyocaulus arnfieldii.

Although, approximately 50.5% of the world equine population corresponds to donkeys and
mules [5], so far, infection by EIV in these animals is considered rare, even with the greater predisposition
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of donkeys to develop the severe form of the disease when infected. Epidemiological data regarding
the presence of EIV in donkeys are limited to outbreaks of respiratory disease, caused by the H3N8
sub-lineage in Xinjuang in 2007, which affected approximately 13,600 animals [162], as well as in
Shandong in 2017, limited to one property, and 300 seropositive animals were affected with a 25%
mortality [158]. More recently, in 2020, in the city of Liaocheng, 120 unvaccinated donkeys showed an
average seropositivity of 32.5% [163]. All of these outbreaks have been described in China’s provinces,
indicating that the EIV is a major threat to the country’s large donkey farms.

Currently, vaccination is the most effective strategy, along with isolation measures, animal
traffic control, and the adoption of basic biosafety measures to prevent EIV infections or limit their
consequences [164,165]. However, as they are not mandatory, vaccination against EIV in herds, mainly of
donkeys and mules, which are neglected species, is uncommon. However, we believe that the
continuous circulation of EIV emphasizes the need for effective surveillance in herds of equines,
which includes maintaining the updated vaccination schedule and applying diagnostic tests to detect
subclinical cases before the animals move between different locations.

General information (taxonomy, natural host, transmission, diagnostic method and prevention) of
the aforementioned viruses is summarized in Table 7.

8. Other Viral Diseases That Affect Donkeys

Currently, there are several diseases affecting members of the Equidae family worldwide considered
of compulsory notification by the OIE; however only eleven are caused by viruses, and these include
the equine infectious anemia, the equine encephalomyelitis caused by flaviviruses or alphaviruses,
the equine influenza, infection with EHV-1 and Alphaarterivirus equid, as well as the African horse
sickness and rabies [168]. Although several studies have demonstrated that donkeys and mules as well
as horses are also affected by these diseases, almost all experimental studies, including epidemiological
surveys, are carried out on horses, and there is little information about the pathogenesis of these
diseases in donkeys and mules.

9. Rabies

Rabies is a zoonotic disease caused by Rabies virus (RABV), a highly neurotropic Lyssavirus,
which belongs to the family Rhabdoviridae, order Mononegavirales, whose main transmission mechanism
is through the bite of infected carnivorous animals (e.g., dogs, jackals, hyenas, and foxes) or
blood-sucking bats [11].

Equidae are the animals most susceptible to RABV [169] and the first clinical signs usually
appear between 2 and 9 weeks after infection and are initially characterized by fever, mild lameness,
and cramps. However, with active replication of the virus, Equidae when infected can develop three
distinct forms of rabies: the mute form characterized by muscle tremors, excessive salivation, ataxias,
and depression [170], the paralytic form with ascending paralysis, loss of tone of the tail and anal
sphincter [171] and the furious form, characterized by hydrophobia, photophobia, hypersensitivity
to touch, difficulty in swallowing, aggressiveness, and self-mutilation [172]. In mules and donkeys,
clinical signs such as abnormal vocalization, hyperesthesia, colic, self-bites, tendency to bite other
animals, restlessness, and excessive salivation, are commonly observed, followed by a flaccid tail,
phimosis, complete decubitus, and death [173].

Although some studies demonstrate that mainly working donkeys are an important source of
transmission of RABV to humans, due to recurrent accidents involving deep wounds caused by bites
which result in large scale loss of tissue, especially in children [174–176], the occurrence of rabies in
donkeys is still limited to isolated cases in Canada, China and some countries in Africa and the Middle
East [173,177–180].
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10. Alphaviral Encephalitis

The Eastern equine encephalitis virus (EEEV), Western equine encephalitis virus (WEEV), and Venezuelan
equine encephalitis virus (VEEV) are enveloped, single-stranded, positive-sense RNA viruses that belong
to the genus Alphavirus in the family Togaviridae, that cause neurological disease in equids (horses,
mules, donkeys and zebras) and humans [181]. The EEEV and WEEV have been reported in several
countries in the Americas, while VEE seems to be limited to South and Central Americas [182,183].
They are transmitted by mosquitoes, as biological vectors. Passerine birds (EEEV and WEEE) and
rodents (VEEV) are the main reservoir hosts, with high viremia to infect vectors, while equids and
humans are considered dead-end hosts, except for VEEV, where equids are efficient amplificators of
the virus and can act as a source of infection for mosquito transmission [117,182].

These viruses affect the nervous system, so the clinical signs can be identical for EEV, VEEV and
WEEV, with severe neurologic disease and frequently death [120]. The mortality rate of EEEV and
VEEV infection can reach up to 90% in most of the equine cases, while WEEV is least lethal in horses,
with a mortality rate of approximately 30% [184,185]. Donkeys and mules exhibit similar susceptibility
and clinical signals to horses [116,186]. In 1943, cases of fatal VEEV had occurred among horses,
asinines and mules in Trinidad. A suspension of donkey brain tissue was prepared and injected
intra-cerebrally into guinea pigs, originating the virulent Trinidad Donkey strain, from which was
developed the attenuated vaccinal TC-83 strain [117,186]. EEEV infection in donkeys and mules was
reported in Brazil, with a fatal case in a donkey [187]. There has been a dramatic reduction in cases of
WEEV during recent decades, with no outbreaks between equids reported since 1999 [183]. Even for
EEEV and VEEV, reports on donkeys and mules are scarce. The neglect of these species can have
negative impacts, especially regarding VEEV, since they also are important amplifiers of the virus.
For this reason, donkeys and mules should be included in vaccination programs. This is more relevant
in countries such as Brazil, which has one of the biggest populations of feral donkeys in the world [5].

11. African Horse Sickness

African horse sickness (AHS) is a disease caused by the African horse sickness virus (AHSV),
an Orbivirus belonging to the Reoviridae family, non-contagious, transmitted by mosquitoes of the
genus Culicoides. AHSV has a predilection for vascular endothelial cells, and equines when infected
can develop up to four distinct forms of the disease: the cardiac form characterized mainly by
edema, ocular and tongue hemorrhages, the pulmonary form where the infected animal has difficulty
breathing, dyspnea, cough, and sweating, the mixed form that occurs in a combination of the cardiac
and pulmonary forms and the form named sick fever characterized by moderate fever and some
edema of the supraorbital fossae [188]. Although the risk of mortality in affected horses may reach
95% [189,190], experimental infections carried out on African donkeys have shown the presence of
only minimal and mild histopathological lesions characterized by the accumulation of fluid in the
peritoneal cavity, petechiae, and equimotic hemorrhages in the left hepatic ligament. Due to this, it is
widely accepted that feral donkeys and mules are resistant and most of these animals, when affected,
become asymptomatic carriers of the virus [191].

Currently, AHS is a disease restricted to sub-Saharan Africa and epidemiological data from
Zimbabwe and Ethiopia, both African countries, have a prevalence ranging from 59.3% to 75% in
donkeys as well as 55.5% in mules [192,193]. Although typically limited to North Africa and Middle
Eastern countries, epizootic events affected Spain in 1987, after the importation of several infected
zebras with no apparent clinical signs. However, in 1988, the disease reemerged in the country and
killed about 13,000 horses. Studies have indicated that viral reemergence in Spain occurred due to
the clinical resistance of mules and donkeys with no apparent clinical signs and inaccurate detection
which facilitated disease spread in the region [194]. Recently, a new outbreak of AHS was reported
in different provinces of Thailand, infecting about 422 animals and leading to 386 deaths. Although
AHS is not a transmissible disease, possibly the number of infected animals is still increasing, due to
the large population of insect vectors in that region [195], representing a significant threat to other
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Asian countries, including China, which has the largest equids population in the world [196] and about
6.8 million animals without a history of AHS vaccination [197].

Although the presence of infections caused by RABV and AHSV are compulsory notifications,
the low economic importance of donkeys and mules, when compared to horses, make studies on
the pathogenesis of diseases that affect the Equidae family, increasingly scarce for these species and,
consequently, the world population of 50.4 million donkeys and 8.5 million mules poses a significant
risk, acting as a reservoir for the maintenance and transmission of important pathogenic viruses.
Considering their unique physiology and their natural resistance to the development of clinical signs
when affected by some diseases, it would be important for donkeys and mules to have the same focus
of interest when it comes to infection since they are abundant in number and have a close coexistence
with horses in various regions of the world.

12. Conclusions

Most of the viral diseases affecting the family Equidae are considered compulsory to be reported to
the OIE [168]. In the absence of an effective vaccine, the control of an infectious disease is dependent
on breaking the transmission cycle through the use of highly sensitive and specific diagnostic methods
capable of detecting positive animals, followed by segregation of them from the rest of the herd,
and reporting to state and/or government authorities.

Donkeys and mules are susceptible to infection by viruses such as EIAV, Alphaarterivirus equid,
NPHV, EHVs, WNV, SLEV, JEV, EIV, RABV, EEEV, WEEV, VEEV, and AHS. However, in many cases,
when infected, they show resistance/low susceptibility to the development of clinical signs. In this
situation, infected animals are hardly identified and remain for long periods as possible sources of
infection for horses and other species, including humans. In addition, with regard to the natural
“resistance” of donkeys and mules linked to their growing devaluation, there is a significant deficit of
studies related to the epidemiology and pathogenesis of viral infectious diseases in these animals. As a
result, the control of infectious diseases in donkeys and mules is most often compromised. Furthermore,
it would be important to create robust funding for studies of infectious diseases in donkeys and mules
with the development of diagnostic tests specific to them, when necessary, and that the OIE and
regional agencies in countries where donkeys and mules are abundant adopt preventive measures
against the viral spread in these animals, with compulsory disease notification in these populations.
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Simple Summary: In the event of death, euthanasia, or forceful castration for medical reasons,
epididymal semen harvesting represents the last opportunity to preserve the genetic material of
valuable sires. However, this technique has yet to be tested in donkeys. Three experiments were carried
out to assess epididymal semen cooling and freezing in donkeys. In experiment 1, semen cooling and
freezing were conducted immediately after castration, and in experiments 2 and 3, epididymides were
shipped overnight, and then epididymal semen cooled and frozen. Results showed that cooling of
epididymal semen up to 24 h after harvesting did not affect motility parameters or plasma membrane
integrity. Collectively, the post-thaw results revealed low motility parameters across groups; At the
same time, the plasma membrane integrity did not reflect this trend, and the values remained
high, suggesting that there was a lack of epididymal sperm activation after freezing. In summary,
freshly harvested and cooled-shipped epididymal donkey semen had satisfactory semen parameters.
New studies need to address donkey epididymal semen fertility in mares and jennies.

Abstract: The objectives of this study were to assess the cooling and freezing of donkey epididymal
semen harvested immediately after castration (Experiment 1, n = 4) or after the shipment (24 or
48 h) of epididymides attached to testicles (Experiment 2, n = 14) or dissected apart (Experiment 3,
n = 36). In each experiment, semen was frozen immediately (Non-Centrif) in an egg yolk-based semen
extender (EY) or after processing through cushion-centrifugation (Centrif) while extended in a skim
milk-based extender (SC). In all three experiments, cooled, pre-freeze, and post-thaw epididymal
semen was assessed for total motility (TM), progressive motility (PM), plasma membrane integrity
(PMI), and high mitochondrial membrane potential (HMMP). Data were analyzed with R using
mixed models and Tukey’s test as posthoc. Results showed that the cooling of epididymal semen up
to 24 h after harvesting did not affect motility parameters or plasma membrane integrity; furthermore,
in Experiment 3, the post-thaw evaluation of both Centrif and Non-Centrif achieved similar TM
and PM. Collectively, the post-thaw results revealed low motility parameters across groups; while,
the PMI and HMMP did not reflect this trend, and the values remained high, suggesting that there was
a lack of epididymal sperm activation with either centrifugation or extenders. In summary, freshly
harvested and cooled-shipped and cooled semen had satisfactory semen parameters. Future studies
need to address donkey epididymal semen fertility in mares and jennies.

Animals 2020, 10, 2209; doi:10.3390/ani10122209 www.mdpi.com/journal/animals
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1. Introduction

In the American continent, donkey-jacks (jacks, Equus asinus) are primarily used for breeding
mares (Equus caballus) to produce mules (Equus mulus) [1,2]. Top mule producers are increasingly
prized animals in the donkey and mule show industry in the United States and Brazil [1,3]. Most recently,
there has been a massive increase in the number of breeding programs to produce donkey-hide gelatin
(ejiao, colla cori asini), a collagen product extracted from the skin, which is the central pillar of
traditional Chinese medicine [2]. The increased value of show mule sires and interest for donkeys to
produce ejiao has generated an exponential interest in donkey semen freezing [2].

While much progress has been made in recent years to cryopreserve ejaculated jack semen [2,4,5],
harvesting epididymal semen has yet to be investigated in this species. In the event of death, euthanasia,
or forceful castration for medical reasons (e.g., trauma to the scrotum, life-threatening conditions,
and testicular neoplasia), epididymal semen harvesting represents the last opportunity to preserve the
genetic material of valuable sires [6]. Since most jacks are located far away from laboratories capable of
harvesting and freezing epididymal semen, cooling and shipping the epididymides alone or attached
to testicles could prove advantageous. In horses, epididymal shipment for semen freezing has been
successfully carried out by different groups [7–10]; however, to our knowledge, this approach has not
been investigated in donkeys.

Furthermore, the preservation of epididymal spermatozoa could be a valuable tool to preserve
the genetics of endangered domestic donkey breeds (e.g., Amiata, Catalan, Andalusian, Baudet
Du Poitou, and Martina Franca) and endangered wild donkey species, such as the African wild
ass (Equus africanus), Somali wild ass (Equus africanus somaliensis), and Asiatic wild ass (Equus
hemionus) [11,12]. To prevent the imminent extinction of these animals, decisive conservation measures
are needed to preserve the genetic material of endangered breeds and species [12]. Historically, routine
semen collections of captive equids in zoological collections have been performed via electroejaculation
under chemical restraint [12]. However, when ejaculated sperm are not available due to death or
euthanasia for medical reasons, epididymal semen harvesting could be used as an alternative method.
Despite having valuable species in the collection, zoos across the world are often not equipped or do
not have the expertise to process epididymal semen for cryopreservation. Therefore, zoos could benefit
from shipping epididymides to referral centers acquainted with freezing epididymal semen.

Numerous harvesting methods of epididymal semen have been evaluated and optimized in the
domesticated species [8,13–16]. In horses, the methods available for epididymal semen harvesting
include direct aspiration, slicing, and flotation, or retrograde flushing of the cauda epididymis; [8,17].
Although there is no consensus regarding the most suitable method, the latter appears to be the
most widely used [10]. Furthermore, if the retrograde flushing is performed with a freezing extender,
the semen can be directly frozen and requires no further processing; however, if the retrograde flushing
is performed with a cooling extender, the harvested semen needs to be centrifuged, the supernatant
discarded, and the pellet resuspended in a semen freezing extender. While some authors advocate for
the direct method [8], others advocate for the other approach, considering centrifugation a necessary
step to activate epididymal sperm motility [18,19]. The only study comparing the two approaches
failed to find any differences in post-thaw semen parameters for stallion epididymal semen processed
via either approach [6]. The use of centrifugation is controversial in harvested epididymal semen;
since epididymal sperm usually yields high sperm concentration, there is no need to concentrate
sperm and remove seminal plasma [6]. In the stallion, semen centrifugation can lead to a sperm loss
from 10 to 45% [20,21]. Therefore, the objectives of the present study were to compare the cooling
and freezing ability of donkey epididymal semen obtained either from retrograde flushing and direct
freezing or retrograde flushing and then cooling and freezing after cushion centrifugation. In addition,
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this study aimed to assess donkey epididymal semen cooling and freezing harvested immediately
after castration and on cooled shipped epididymides attached to testicles or dissected apart during
transport. We hypothesized that the semen quality parameters of donkey epididymal sperm result in
equivalent post-cooling and post-thaw semen parameters irrespective of the method used for sperm
harvesting, processing, and storage time.

2. Materials and Methods

Three experiments were conducted in the present study, from October 2019 to February 2020.
The donkey epididymal semen was harvested immediately after castration (Experiment 1) or after the
epididymides were shipped (Experiments 2 and 3). In Experiment 2, epididymides attached to the
testicles were shipped in eight passive semen cooling containers (Equitainer II; Hamilton Research,
Inc., Ipswich, MA, USA). In Experiment 3, epididymides dissected away from the testes were shipped
in twelve passive cooling containers (Botuflex, Botupharma USA, Phoenix, AZ, USA). In Experiments
2 and 3, subsets of the passive cooling containers were randomly chosen and processed after arrival
(cooled-shipped 24 h, n = 8 and n = 20 pairs for Experiments 2 and 3, respectively) and the next day
(cooled-shipped 48 h, n = 6 and n = 16 pairs for Experiments 2 and 3, respectively).

2.1. Experiment 1: On-Site Epididymal Semen Cooling and Freezing

2.1.1. Animals and Castration

Four privately-owned jacks (2 American Mammoth and 2 Miniature, ranging from 2 to 10 years
old, bodyweights in the range of 95–350 kg) were enrolled in this study. The jacks belonged to four
different clients and were presented for routine castration at the University of Illinois Veterinary
Teaching Hospital, Urbana, IL (40.1206◦N, 88.2073◦W). The owners reported that their diets consisted of
mixed alfalfa–grass hay and no grain supplementation. This experiment was carried out to determine
whether the techniques used to process horse epididymal semen could be effectively applied to donkeys.
For each jack, a full physical examination including palpation of the scrotal content was performed
prior to castration to exclude gross scrotal abnormalities (e.g., hernias, no adhesions, or lacerations and
confirmation of two descending testicles).

Standard intravenous general anesthesia was induced with triple-drip, which includes xylazine,
midazolam, and ketamine [22]. Once under general anesthesia, routinely closed castration was
performed through a scrotal approach using Reimer’s emasculators as previously described [22].
In addition, for each testicle, two mosquito hemostats were placed at the vas deferens distal to
the emasculator to minimize the loss of semen. The cord was transected immediately distal to the
emasculator and proximal to the mosquito hemostats, removing the testicle and a portion of the
spermatic cord. Client consent was obtained from all four owners.

2.1.2. Epididymal Semen Harvesting

The epididymides were rinsed with room temperature sterile Lactated Ringer’s Solution and
wiped with cotton gauze to remove any contamination from blood or debris. The epididymides
were dissected from the testes, as previously described [6]. Briefly, the vas deferens and tail of the
epididymides were dissected free of blood vessels and connective tissue working distally from the
vas deferens toward the body of the epididymis. Then, the tail of the epididymis was transected
with a straight-bladed Mayo scissor. Each epididymal tail was weighed on a scale before further
processing. An intravenous catheter (16 Ga × 13 cm, MilaCath®) was inserted into the proximal end of
the ductus deferens and slowly flushed with 5–10 mL of a cooling extender based on sodium caseinate
cyclodextrin–cholesterol loaded (SC; BotuSemen Gold, Botupharma USA, Phoenix, AZ, USA) or egg
yolk-based semen freezing extender (EY; Botucrio, Botupharma USA) as previously described [6].
One epididymis of each pair was submitted to retrograde flushing with EY, while the contralateral
epididymis was flushed with SC. Once the tail of the epididymis was fully distended, it was cut at its
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most distal portion with a straight-bladed Mayo scissor, and the fluid containing the semen allowed to
outflow into a 50 mL conical tube (Thermo Scientific™, Nunc™, Rochester, NY, USA) [6].

2.1.3. Epididymal Semen Processing

The semen recovered from the epididymides flushed with the EY extender was further extended
at 100 million sperm/mL, and a portion was frozen immediately without centrifugation (Non-Centrif-0
h) (as described in Section 2.1.4) or packed into an 18 oz disposable plastic bag (Whirl-Pak®, Nasco Inc.,
Fort Atkinson, WI, USA) and maintained in a passive cooling semen container (BotuFlex, Botupharma
USA) for 24 h before being frozen in a similar manner (Non-Centrif-24 h). The contralateral epididymides
flushed with SC extender were extended at 100 million sperm/mL and stored in a passive cooling
container (BotuFlex) for 24 h (Centrif-24 h), or cushion-centrifuged and then re-extended with the
same extender and then stored in the same container for 24 h (C-Centrif-24 h) or resuspended in the EY
extender (Centrif-0 h) and frozen. Cushion centrifugation was performed as previously described [6].
Briefly, the extended semen was loaded in 50 mL conical tubes (Thermo Scientific™, Nunc™) with
the addition of 1 mL cushion fluid (Red-Cushion, Botupharma USA) placed at the bottom of the tube
with a blunted spinal needle (18 Ga × 13.5 cm). Centrifugation was performed at 1000× g × 20 min at
room temperature.

Following centrifugation, the supernatant and cushion solution was discarded. The concentration
of the remaining pellet was assessed as described below, and the semen cushion-centrifuged was either
re-extended in the same SC extender at 100 million sperm/mL or in the EY extender at 100 million
sperm/mL. The semen extended in the EY extender was frozen immediately. After 24 h of cooled
storage, semen was cushion-centrifuged, resuspended in the EY extender, and then frozen. Sperm
motility parameters, plasma membrane integrity (PMI), and high-mitochondrial membrane potential
(HMMP) were assessed immediately before (pre-cooling) and after 24 h (post-cooling) of cooled-storage
in a passive cooling semen container, and before and after cushion centrifugation, as described in
Sections 2.4 and 2.5.

2.1.4. Epididymal Semen Freezing

Once semen was finally extended with the EY extender at 100 million sperm/mL, it was manually
loaded in 0.5 mL straws and sealed with a porTable Straw sealer (UltraSeal21TM, Minitube of America,
Vernon, WI, USA). Once the straws were sealed, they were placed in a cold room at 5 ◦C for 20 min.
The isothermal box (Lifoam™, Fishers, IN, USA) of 42 L capacity was filled with a depth of 6 cm of
liquid nitrogen. The straws were placed horizontally on a rack at 3 cm above the liquid nitrogen for
20 min in the airtight isothermal box. Subsequently, the straws were immersed in liquid nitrogen [8].
Then, the straws were loaded into canes and transferred to liquid nitrogen tanks until further analyses.
The thawing of semen was performed by placing one straw at the time in a water bath at 38 ◦C for 60 s.
Then, the samples were assessed for either treatment to determine the sperm motility parameters, PMI,
and HMMP, as described in Sections 2.4 and 2.5.

2.2. Experiment 2. Cooled-Transported Testicles and Epididymides for Semen Cooling and Freezing

2.2.1. Animals and Castration

Fourteen feral small standard jacks (ranging from 4 to 13 years old, bodyweights in the range of
150–200 kg) maintained in corrals at the Bureau of Land Management facility in Florence, AZ (33.0315◦
N, 111.3873◦ W) were enrolled in this experiment. The agency gave us permission to use the samples
harvested from these animals. This experiment was conducted to determine whether harvesting the
testicles and epididymides under field conditions and shipping them to a specialized laboratory could
be an alternative approach to cryopreserve epididymal donkey semen. The donkeys were housed in
small groups and fed alfalfa and bermudagrass hay. All jacks were gathered at least six months from
the states of Arizona, Nevada, and California. Physical examination was performed, which included
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the confirmation of two descending testicles with no adhesions, abrasions, or lacerations, and only
jacks with unremarkable physical examinations were enrolled in the study.

All jacks were anesthetized with the intravenous administration of detomidine, butorphanol,
and ketamine [22]. Once under general anesthesia, open castration was performed using Henderson’s
instrument, as previously described [22]. For each testicle, ligations were placed at the vas deferens
immediately after the cord transection. The testes attached to the epididymis and spermatic cord were
maintained in an isothermal box for about one hour until processing for shipping.

2.2.2. Epididymal Processing and Shipping

The epididymides attached to the testicles were rinsed and packed in a disposable, plastic
Whirl-Pak® bag containing fresh skim-milk based extender (25 mL, Botusemen, Botupharma USA,
Phoenix, AZ, USA), and shipped overnight in a passive cooling device (Equitainer II; Hamilton
Research, Inc.) to the University of Illinois Veterinary Teaching Hospital, Urbana, IL, USA for semen
cooling and freezing. The Equitainer cans were deep-frozen at −20 ◦C for at least 24 h. Upon arrival,
each Equitainer contained one to two pairs of testicles with the epididymides attached, individually
packed in Whirl-Pak® without an isothermolizer cup.

2.2.3. Epidydimal Semen Processing, Cooling, and Freezing

The samples (n = 14 pairs) were randomly divided and either processed after arrival (Cooled-shipped
24 h, n = 8) or the next day (Cooled-shipped 48 h, n = 6). Once each passive cooling device was opened,
the extender’s temperature where the sample was submerged was assessed. The epididymides were
dissected from the testes as previously described [6]. Briefly, the epididymides were rinsed with
room temperature sterile Lactated Ringer’s Solution and wiped with cotton gauze to remove any
contamination from blood or debris. Each epididymal tail was weighed before processing. Thereafter,
retrograde epididymal flushing was performed as aforementioned in Experiment 1—Section 2.1.2.
The lumen of the ductus deferens was cannulated with a 16 Ga × 13 cm (MilaCath®) and flushed
with 5–10 mL of the SC or EY extenders. Further semen processing and freezing were performed as
described in Experiment 1—Sections 2.1.3 and 2.1.4. The assessment of sperm motility parameters,
PMI and HMMP, was performed for all samples before (pre-cooling) and after cooling (post-cooling)
and pre-freezing and post-thaw, as described in Sections 2.4 and 2.5.

2.3. Experiment 3: Cooled-Transported Epididymides for Semen Cooling and Freezing

2.3.1. Animals and Castration

Thirty-six feral small standard jacks (ranging from 2 to 17 years old, 100–300 kg in body weight)
were housed in a 172-acre ranch in San Angelo, TX, USA (31.4638◦N, 100.4370◦W) at the Peaceful
Valley Donkey Rescue. This experiment was performed to determine the feasibility of dissecting the
epididymides away from the testicles and shipping overnight in a passive cooling container to a referral
laboratory equipped to perform semen cryopreservation and to investigate the epididymal semen
harvesting and processing techniques with a larger number of animals. The jacks were maintained in a
herd of approximately 1000 donkeys, and their diet consisted of free access to coastal bermudagrass,
Sudan grass hay, and the grain supplementation of ADM® Sweet UniqueTM 14% (ADM Animal
Nutrition™, Quincy, IL, USA). The rescue facility granted us full access to the samples and records to
conduct the present study. All jacks were gathered from Goldstone, Fort Irwin, and Butte Valley in
California. Only jacks with unremarkable physical examinations were enrolled in this study.

Each donkey was placed under general anesthesia by administering intravenous xylazine and
ketamine [22]. Prior to the aseptic preparation of the surgical site, both testicles were evaluated for gross
abnormalities. Following anesthetic induction and aseptic preparation of the scrotum, each donkey was
castrated with an open technique using a Serra and/or Reimer emasculators as previously described [22].
For each testicle, ligation of the vas deferens was performed while maintaining the longest portion to
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prevent loss of semen from the epididymis and deferent duct before the spermatic cord was transected.
The samples were maintained in an isothermal box until processing within one hour of surgical removal.

2.3.2. Epididymal Processing and Shipping

The epididymides were dissected away from the testes and packed in a disposable, plastic
Whirl-Pak® bag containing fresh skim-milk based extender (25 mL, Botusemen), and cooled-shipped
in a passive cooling device overnight (Botuflex). The Botuflex consists of two ice packs placed on
each side of the device. Ice packs were deep-frozen at −20 ◦C for 24 h. Three pairs of epididymides
individually packed in disposable plastic bags (Whirl-Pak®) were placed in the well of the container.

2.3.3. Epidydimal Semen Processing, Cooling, and Freezing

Samples were randomly processed after arrival (cooled-shipped 24 h n = 20 pairs) or in the next
day (Cooled-shipped 48 h n = 16 pairs). The epididymides were rinsed with Lactated Ringer’s Solution
at room temperature and wiped with cotton gauze to remove any contamination from blood or debris.
Each epididymal tail was weighed before processing. Thereafter, retrograde epididymal flushing
was performed as aforementioned in Experiment 1—Section 2.1.2. The lumen of the ductus deferens
was cannulated with a 16 Ga × 13 cm (MilaCath®) and flushed with 5–10 mL of the SC extender or
EY extenders. Further semen processing and freezing were performed as described in Experiment
1—Sections 2.1.3 and 2.1.4. The assessment of sperm motility parameters, PMI and HMMP was
performed for all samples before and after cooling and freezing as described in Sections 2.4 and 2.5.

2.4. Assessment of Sperm Concentration and Motility

Across the three experiments, sperm concentration was determined using an automated cell
counter (Nucleocounter® SP-100™, Chemometec, Denmark) following the manufacturer’s instructions.
Briefly, 50 µL of semen was diluted in 5 mL of lysis buffer (Reagent S100, Chemometec, Denmark) and
loaded into the cassettes before the assessment.

Throughout the three experiments, the assessment of the sperm motility parameters was
performed using computer-assisted sperm analysis (CASA) with default settings recommended by the
manufacturer (Spermvision, Minitube of America, Verona, WI, USA) for equine sperm. The preset
values for the CASA were: static cell area 14–100 µm2, straightness threshold for progressive motility
90%, average path velocity threshold for static cell <9.5 µm/s, light-emitting diode illumination intensity
180–255. Each sample was incubated for 10 min at 38 ◦C before each evaluation. A small aliquot (10 µL)
of extended semen was placed on a pre-heated slide with a coverslip for the assessments. Motility
parameters assessed included the total percent of sperm motility (TM), progressive sperm motility
(PM), curvilinear velocity (VCL, µm/s), average path velocity (VAP, µm/s), and straight-line velocity
(VSL, µm/s).

2.5. Flow Cytometry Analysis

The evaluation of PMI and HMMP was conducted using a spectral flow cytometer, as previously
described [23]. Briefly, the staining solution of Zombie Green dye (#423112 Biolegend, San Diego, CA,
USA) was freshly prepared with 100 µL of DMSO added to each vial of dye; similarly, MitoTracker
Deep Red FM (M22426, Molecular Probes, Eugene, OR, USA) stock solution was prepared by adding
DMSO to create a 10 µM solution. The stock solution was aliquoted and frozen at −20 ◦C until it
was used.

One milliliter containing 50 million sperm/mL was centrifuged (600× g × 10 min) and then
resuspended in PBS to a concentration of 3–5 million sperm/mL. Subsequently, a 100 µL aliquot of
this solution was stained with both dyes (1 µL of Zombie Green and 1 µL MitoTracker Deep Red).
After mixing, the sample was incubated for 30 min at room temperature in the dark. The incubation was
followed by centrifugation (400× g × 5 min). The supernatant was discarded, and each pellet was fixed
with 500 µL of 2% buffered formalin and stored in the dark until flow cytometric evaluation. Before
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the flow cytometric analysis, samples were washed with 1 mL of PBS, centrifuged at 400× g × 5 min,
and resuspended in PBS (250 µL). The analyses of the stained samples were conducted using a
full-spectrum detector based (filter-less) Cytek Aurora Flow Cytometer (Cytek Biosciences Inc.,
Fremont, CA, USA). The analysis was concluded when at least 10,000 fluorescent gated events were
recorded. Zombie Green was excited and detected with a 488 nm fluorescence detector, whereas
MitoTracker Deep Red was excited with a 644/665 nm detector. Unstained and single-stained controls
were used to unmix the signals. As previously described [23], four subpopulations of sperm were
identified. The populations of sperm with intact (low Zombie Green signal) or damaged (high Zombie
Green signal) plasma membrane were subdivided into low or high mitochondrial membrane potential
based on the intensity of the signal given by Mitotracker Deep Red staining. Debris was manually
excluded based on the minimal emitted fluorescence. Data from the flow cytometer were exported and
analyzed with FlowJo (FlowJo v. 10 Software, Ashland, OR, USA). The PMI and HMMP potential were
accounted for comparisons across groups.

2.6. Statistical Analysis

Assumptions of linearity, homogeneity of variance, and normality of the residuals were tested
with plots, Levene’s, and Shapiro–Wilk test. Data analyses were carried out with RStudio v 3.2.3
(RStudio Team, Boston, MA). Data were analyzed by mixed models with cooled-storage, shipment
duration, semen freezing, and the type of extender considered as fixed effects and the individual
donkey as a random effect. Tukey’s test was used for post-hoc comparisons. Statistical significance
was set at p < 0.05. A statistically significant tendency was determined with 0.05 < p < 0.1. All data are
presented as mean ± SEM.

3. Results

3.1. Experiment 1. On-Site Epididymal Semen Cooling and Freezing

The retrograde flushing of the epididymal tails was successfully performed on all four pairs.
None of the epididymides had appreciable gross lesions. The total number of sperm recovered from
each pair was 9.6 ± 2.2 billion (range 5.1–18.1 billion) (Supplementary Materials Table S1). The average
weight of each epididymis was 16.7 ± 2.5 g (range 10.1–25.1 g) (Supplementary Materials Table S1).

3.1.1. Cooling

There were no differences in any of the parameters (TM, PM, VAP, VCL, VSL, PMI, and HMMP)
measured at any timepoints during cooling or between groups (Table 1) (p > 0.05). The progressive
motility of the donkey semen harvested in the EY extender immediately after castration tended
(p = 0.08) to yield greater values compared to the semen recovered in the SC extender (Table 1).

3.1.2. Freezing–Thawing

There was a reduction in post-thaw TM and PM in comparison with pre-freeze values for all
groups (p < 0.05) (Table 2). Groups Non-Centrif-24 h and Centrif-0 h had a reduction in post-thaw
PMI in comparison to the pre-freeze values (p < 0.05) (Table 2). Post-thaw HMMP was reduced in
comparison to the pre-freeze values for the Non-Centrif-0 h group (p < 0.05) but not different for the
remaining groups (p > 0.05) (Table 2). There were no differences between the groups for the post-thaw
results of TM, PM, PMI, and HMMP (p > 0.05) (Table 2). Post-thaw, there was a reduction in VAP,
VCL, and VSL in comparison to the pre-freeze values for the groups Non-Centrif-0 h and Centrif-0 h
(p < 0.05) (Table 2). Pre-freeze values of VCL, VSL, and VAP were greater at 0 h than the ones at 24 h
groups (Non-Centrif-0 h vs. Non-Centrif-24 h and Centrif-0 h and Centrif-24 h) (p < 0.05) (Table 2).
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Table 1. Donkey epididymal semen parameters were assessed immediately after semen harvesting
(pre-cooling) or after cooling for 24 h (post-cooling). Harvesting was performed within 1 h post-castration
(n = 4 pairs). Each epididymal pair was submitted to retrograde flushing with a freezing egg yolk-based
extender (EY) or a cooling extender based on sodium caseinate cholesterol-loaded cyclodextrin (SC).
Thereafter, the semen extended in EY was cooled for 24 h, whereas the semen extended in SC was
cooled for 24 h, or cushion-centrifuged, re-extended with SC, and then cooled for 24 h (C-SC). Data are
expressed as mean ± SEM.

EY SC C-SC
Pre-Cooling Post-Cooling Pre-Cooling Post-Cooling Pre-Cooling Post-Cooling

TM 88.0 ± 0.6 71.5 ± 4.4 47.0 ± 15.6 51.6 ± 8.6 57.2 ± 13.3 54.4 ± 8.8
PM 81.8 ± 0.9 63.8 ± 4.1 37.4 ± 14.7 39.3 ± 8.5 44.7 ± 13.6 40.1 ± 10.4
VSL 66.8 ± 3.3 55.1 ± 7.1 55.3 ± 8.6 43.6 ± 2.4 52.7 ± 6.0 38.8 ± 1.4
VCL 153.5 ± 4.8 123.5 ± 9.3 135.6 ± 13.4 118.5 ± 11.8 131.9 ± 11.8 112.5 ± 7.2
VAP 82.0 ± 2.7 65.2 ± 6.9 67.9 ± 7.9 56.4 ± 3.0 65.5 ± 6.6 50.8 ± 0.9
PMI 91.1 ± 0.8 84.0 ± 4.5 86.9 ± 3.6 80.2 ± 8.7 86.3 ± 0.7 86.2 ± 0.7

HMMP 94.0 ± 1.8 93.5 ± 1.9 89.0 ± 2.0 93.7 ± 1.4 91.5 ± 1.5 91.9 ± 0.9
TM, total motility (%); PM, progressive motility (%); VAP, average path velocity (µm/s); VCL, curvilinear velocity
(µm/s); VSL, straight-line velocity (µm/s); PMI, plasma membrane integrity (%); HMMP, sperm with intact plasma
membrane and high mitochondrial membrane potential (%).

Table 2. Pre-freeze and post-thaw parameters of the epididymal semen obtained from freshly castrated
donkeys (n = 4 pairs). Each epididymal pair was submitted to retrograde flushing with a semen freezing
egg yolk-based extender (EY), or a cooling extender based on sodium caseinate cholesterol-loaded
cyclodextrin (SC). Thereafter, the semen extended in EY was frozen immediately after recovery
(Non-Centrif-0 h) or cooled for 24 h and then frozen (Non-Centrif-24 h). The semen extended in
SC was cushion-centrifuged, resuspended in EY and then frozen (Centrif-0 h); or cooled for 24 h
before being frozen (Centrif-24 h); or cushion-centrifuged, re-extended with SC, and then cooled for
24 h, re-centrifuged and extended in EY and then frozen (C-Centrif-24 h). Samples were assessed
pre-freezing and post-freezing. Data are expressed as mean ± SEM.

Non-Centrif Centrif C-Centrif

0 h 24 h 0 h 24 h 24 h
TM 88.0 ± 0.6 A 71.5 ± 4.4 A 86.4 ± 4.4 Aa 72.7 ± 4.6 Ab 75.3 ± 3.7 A

PM 81.8 ± 0.9 A 63.8 ± 4.1 A 80.2 ± 7.4 Aa 64.0 ± 5.2 Ab 64.4 ± 6.8 A

VSL 66.8 ± 3.3 Aa 55.1 ± 7.1 67.6 ± 10.1 aA 44.8 ± 0.8 b 46.6 ± 2.2 b

VCL 153.5 ± 4.8 aA 123.5 ± 9.3 146.8 ± 16.1 aA 117.1 ± 1.2 b 121.8 ± 5.8 b

VAP 82.0 ± 2.7 aA 65.2 ± 6.9 82.2 ± 8.8 aA 57.6 ± 1.0 b 58.6 ± 3.3 b

PMI 91.1 ± 0.8 84.0 ± 4.5 A 83.9 ± 6.0 A 88.2 ± 0.9 86.6 ± 0.9

Pre-Freezing

HMMP 93.8 ± 1.8 93.5 ± 1.9 94.5 ± 0.8 A 93.2 ± 3.8 92.9 ± 3.9

Post-Freezing

TM 35.2 ± 1.7 B 31.9 ± 7.7 B 22.3 ± 5.3 B 39.8 ± 8.2 B 36.2 ± 2.2 B

PM 26.9 ± 1.3 B 24.6 ± 6.8 B 15.4 ± 3.4 B 31.3 ± 5.9 B 27.0 ± 1.8 B

VSL 40.2 ± 7.3 B 39.1 ± 0.4 40.3 ± 0.2 B 36.9 ± 2.5 37.1 ± 0.7
VCL 111.1 ± 16.6 B 99.8 ± 4.9 118.4 ± 1.2 B 93.82 ± 2.2 97.3 ± 9.1
VAP 52.0 ± 7.0 aB 48.0 ± 0.6 52.5 ± 4.0 aB 45.2 ± 2.0 b 45.3 ± 1.3 b

PMI 70.0 ± 8.6 56.7 ± 10.6B 47.2 ± 7.3 B 68.8 ± 2.2 67.9 ± 3.2
HMMP 90.3 ± 0.9 91.0 ± 1.9 78.9 ± 3.7 B 89.5 ± 4.2 87.6 ± 1.9

TM, total motility (%); PM, progressive motility (%); VAP, average path velocity (µm/s); VCL, curvilinear velocity
(µm/s); VSL, straight-line velocity (µm/s); PMI, plasma membrane integrity (%); HMMP, sperm with intact plasma
membrane and high mitochondrial membrane potential (%). Different superscripts denote differences within (AB) or
between (ab) columns. (p < 0.05).

3.2. Experiment 2. Cooled-Transported Testicles and Epididymides for Semen Cooling and Freezing

The total number of sperm recovered was 6.4 ± 0.7 billion (range 0.4–16.2 billion) (Supplementary
Materials Table S2). One donkey was excluded from the study due to insufficient sperm counts to
assess all the different endpoints. The average weight for each epididymis was 25.1 ± 2.0 g (range
10.8–56.7 g) (Supplementary Materials Table S2). None of the epididymides had gross morphological
abnormalities. The average temperature of the samples upon arrival was 7.6 ± 0.7 ◦C (range 5–9.7 ◦C,
cooled-shipped 24 h), and 15.5 ± 0.4 ◦C (range 14–17 ◦C, cooled-shipped 48 h).
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3.2.1. Cooling

There were no differences across groups for any of the endpoints (TM, PM, PMI, HMMP, VCL,
VSL, and VAP) assessed pre- and post-cooling or between samples allocated to the cooled-shipped
24 h and the cooled-shipped 48 h (p > 0.05) (Table 3).

Table 3. Sperm velocity and viability parameters of donkey epididymal semen cooling harvested from
cooled shipped epididymides. The scrotal content was shipped in a passive cooling semen container.
The epididymides were processed upon arrival (n = 8 pairs, cooled-shipped 24 h) or the following
day (n = 6 pairs, cooled-shipped 48 h). All epididymides were kept in the passive cooling device
until processing. For each of the time points, one epididymis of each pair was submitted to retrograde
flushing with a freezing egg yolk-based extender (EY), while the contralateral epididymis was flushed
with a cooling extender based on sodium caseinate cholesterol-loaded cyclodextrin (SC). Thereafter,
the semen extended in EY was cooled for 24 h; whereas the semen extended in SC was cooled for 24 h,
or cushion-centrifuged, re-extended with SC, and then cooled for 24 h (C-SC). Semen was assessed
immediately after harvesting (pre-cooling) and after cooling for 24 h (post-cooling). Data are expressed
as the mean ± SEM.

Cooled-Shipped 24 h Cooled-Shipped 48 h

EY SC C-SC EY SC C-SC
TM 67.7 ± 7.5 55.6 ± 7.6 65.6 ± 7.4 67.6 ± 5.7 58.3 ± 12.7 73.3 ± 7.1
PM 58.0 ± 8.2 44.2 ± 7.0 59.5 ± 7.9 58.8 ± 6.6 52.1 ± 11.9 66.0 ± 6.7
VSL 58.8 ± 4.3 49.1 ± 3.9 66.9 ± 3.8 55.0 ± 1.4 59.7 ± 5.0 68.0 ± 4.0
VCL 134.5 ± 8.8 121.0 ± 4.4 149.2 ± 5.0 143.2 ± 3.2 146.5 ± 7.2 148.8 ± 2.6
VAP 71.7 ± 4.6 62.0 ± 3.3 80.7 ± 4.0 64.7 ± 5.5 69.2 ± 3.2 68.8 ± 2.8
PMI 78.5 ± 8.9 87.0 ± 2.2 83.8 ± 2.4 82.1 ± 10.0 85.7 ± 2.7 86.8 ± 1.1

Pre-Cooling

HMMP 94.2 ± 1.6 88.9 ± 2.4 91.2 ± 1.5 75.2 ± 18.8 89.0 ± 3.4 88.2 ± 2.5

Post-Cooling

TM 64.0 ± 6.2 40.0 ± 8.2 44.0 ± 7.6 71.3 ± 1.3 60.4 ± 9.7 60.8 ± 8.6
PM 55.8 ± 8.3 33.8 ± 7.7 37.1 ± 7.6 64.1 ± 1.5 53.8 ± 9.2 56.1 ± 7.2
VSL 50.8 ± 5.3 56.6 ± 3.3 57.4 ± 3.3 55.1 ± 7.7 61.9 ± 2.2 61.9 ± 2.4

VCL 138.1 ± 13.5 136.7 ± 4.0 135 ± 1.9 133.4 ±
19.0 145.1 ± 3.1 139.1 ± 5.0

VAP 70.6 ± 2.1 75.4 ± 4.8 83.5 ± 4.1 71.4 ± 7.6 76.0 ± 1.4 73.1 ± 2.3
PMI 84.8 ± 6.1 82.9 ± 4.1 78.6 ± 4.1 90.2 ± 1.3 83.4 ± 2.5 75.8 ± 3.4

HMMP 88.6 ± 2.9 86.9 ± 2.1 78.9 ± 7.6 91.5 ± 4.7 88.3 ± 1.7 84.3 ± 4.2

TM, total motility (%); PM, progressive motility (%); VAP, average path velocity (µm/s); VCL, curvilinear velocity
(µm/s); VSL, straight-line velocity (µm/s); PMI, plasma membrane integrity (%); HMMP, sperm with intact plasma
membrane and high mitochondrial membrane potential (%).

3.2.2. Freezing–Thawing

There were no differences between the cooled-shipped 24 h vs. the cooled-shipped 48 h (p > 0.05)
(Table 4). Post-thaw, there was an overall reduction in TM and PM across the groups in comparison
to the pre-freeze values (Table 4) (p < 0.05). However, there were no differences between groups
for pre-freeze and post-thaw TM and PM (p > 0.05). Pre- and post-freezing VCL and VSL did not
differ across groups (p > 0.05) (Table 4). Post-freezing VAP decreased in comparison to pre-freeze for
the Non-Centrif-24 h group (p < 0.05), but it was not different for other groups (p > 0.05) (Table 4).
There was a reduction of HMMP in post-thaw samples in comparison to pre-freeze values for group
Centrif-24 h (p < 0.05), but it was not different between other groups (p > 0.05) (Table 4).
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3.3. Experiment 3. Cooled-Transported Epididymides Tails for Semen Cooling and Freezing

The retrograde flushing of the epididymis tail was successfully performed on all thirty-six pairs;
total sperm count average was 8.4± 0.3 billion (range 0.4–19 billion) from each epididymis. The average
weight of each epididymis was 28.5 ± 0.6 g (range 20.8–45 g) (Supplementary Materials Table S3).
The average temperature of the samples upon arrival was 9.4 ± 0.5 ◦C (range 7–13 ◦C, cooled-shipped
24 h), and 17.2 ± 0.5 ◦C (range 14–20 ◦C, cooled-shipped 48 h).

3.3.1. Cooling

Semen harvested in the EY extender had greater TM and PM than SC and C-SC for both
cooled-shipped 24 h and cooled-shipped 48 h (p < 0.05) (Table 5). It is noteworthy that PM in the EY
group increased after 24 h of cooling in a passive-cooling device for both cooled-shipped 24 h and
cooled-shipped 48 h (p < 0.05) (Table 5).

Table 5. Motility and viability parameters of the donkey epididymal semen harvested from
cooled-shipped epididymides dissected away from the testes. The epididymides were processed
upon arrival (n = 20 pairs, cooled-shipped 24 h) or the following day post-arrival (n = 16 pairs,
cooled-shipped 48 h). All epididymides were kept in the passive cooling device until processing.
For each of the time points, each epididymal pair was submitted to retrograde flushing with a freezing
egg yolk-based extender (EY), or a cooling extender based on sodium caseinate cholesterol-loaded
cyclodextrin (SC). Thereafter, the semen extended in EY was cooled for 24 h; whereas the semen
extended in SC was cooled for 24 h, or cushion-centrifuged, re-extended with SC, and then cooled for
24 h (C-SC). Semen was assessed immediately after harvesting (pre-cooling) and after cooling for 24 h
(post-cooling). Data are expressed as the mean ± SEM.

Cooled-Shipped 24 h Cooled-Shipped 48 h

EY SC C-SC EY SC C-SC
TM 43.0 ± 3.9 a 22.3 ± 4.5 b 25.9 ± 5.2 b 43.3 ± 4.7 a 21.7 ± 3.1 b 18.7 ± 2.4 b

PM 31.7 ± 3.6 aA 15.3 ± 4.2 b 16.6 ± 5.0 b 32.8 ± 4.7 aA 12.9 ± 2.3 b 10.2 ± 1.8 b

VSL 44.0 ± 1.9 35.0 ± 4.0 38.1 ± 3.1 45.0 ± 2.1 38.3 ± 2.7 45.7 ± 3.6
VCL 107.5 ± 3.8 a 79.3 ± 9.1 b 98.4 ± 5.5 114.1 ± 5.1 97.8 ± 6.2 105.0 ± 6.8
VAP 53.6 ± 2.1 42.6 ± 4.6 46.8 ± 3.4 56.8 ± 2.7 48.6 ± 3.1 54.9 ± 4.0
PMI 76.0 ± 4.2 72.5 ± 4.0 a 74.0 ± 2.5 57.5 ± 5.0 A 54.9 ± 6.2 b 44.8 ± 4.5

Pre-Cooling

HMMP 80.3 ± 5.4 82.9 ± 4.7 77.3 ± 6.8 84.3 ± 4.5 83.6 ± 3.6 83.0 ± 3.9

Post-Cooling

TM 56.8 ± 5.9 21.9 ± 3.8 25.6 ± 4.5 53.6 ± 5.2 24.3 ± 2.8 23.0 ± 2.9
PM 48.1 ± 5.7 B 13.8 ± 3.1 15.1 ± 3.7 44.1 ± 4.9 B 15.4 ± 2.3 11.7 ± 2.0
VSL 44.9 ± 2.3 36.2 ± 2.3 35.8 ± 2.2 42.6 ± 1.6 36.1 ± 2.7 43.5 ± 3.8
VCL 111.0 ± 5.0 83.4 ± 6.6 94.2 ± 4.0 110.2 ± 5.1 87.9 ± 6.1 100.8 ± 3.0
VAP 56.9 ± 2.8 44.5 ± 2.7 44.8 ± 2.6 54.5 ± 2.4 45.6 ± 3.1 52.8 ± 3.5
PMI 78.9 ± 4.2 65.8 ± 6.1 72.0 ± 5.8 77.6 ± 2.9 B 61.9 ± 4.3 62.5 ± 2.4

HMMP 88.9 ± 2.5 75.8 ± 6.7 83.8 ± 5.2 87.6 ± 2.1 81.8 ± 2.6 78.2 ± 5.4

TM, total motility (%); PM, progressive motility (%); VAP, average path velocity (µm/s); VCL, curvilinear velocity
(µm/s); VSL, straight-line velocity (µm/s); PMI, plasma membrane integrity (%); HMMP, sperm with intact plasma
membrane and high mitochondrial membrane potential (%). Different superscripts denote differences within (AB) or
between (ab) columns. (p < 0.05).

There were no differences in PMI for any of the groups for cooled-shipped 24 h (p > 0.05)
(Table 5). In the cooled-shipped 48 h, PMI increased after cooling in comparison to pre-cooling for EY
(p < 0.05). In addition, after centrifugation (SC), the PMI was lower in cooled-shipped 48 h than in the
cooled-shipped 24 h (p = 0.0006) (Table 5). There were no differences between groups for VAP and VSL
across timepoints and processing (p > 0.05), whereas the VCL was higher in the EY semen than in the
SC semen cooled-shipped for 24 h (p < 0.05) (Table 5).

3.3.2. Freezing–Thawing

There was a reduction in post-thaw TM and PM across groups and cooled-shipped 24 h and
cooled-shipped 48 h (p < 0.05) (Table 6). In cooled-shipped 24 h, the pre-freeze values of PM in
Non-Centrif-24 h were greater than the one in Non-Centrif-0 h (p < 0.05) (Table 6). The pre-freeze values of
PM in Non-Centrif-24 h was greater than those in Centrif-24 h in cooled-shipped 24 h (p < 0.05) (Table 6).

144



A
ni

m
al

s
20

20
,1

0,
22

09

Ta
bl

e
6.

Pr
e-

an
d

po
st

-f
re

ez
in

g
pa

ra
m

et
er

s
of

th
e

ep
id

id
ym

al
se

m
en

ob
ta

in
ed

fr
om

do
nk

ey
co

ol
ed

-s
hi

pp
ed

ep
id

id
ym

id
es

(c
oo

le
d-

sh
ip

pe
d

24
h)

di
ss

ec
te

d
fr

om
th

e
te

st
es

.A
ll

ep
id

id
ym

id
es

w
er

e
ke

pt
in

th
e

pa
ss

iv
e

co
ol

in
g

de
vi

ce
un

til
pr

oc
es

si
ng

.T
he

ep
id

id
ym

id
es

w
er

e
pr

oc
es

se
d

up
on

ar
ri

va
l(

n
=

20
pa

ir
s,

co
ol

ed
-s

hi
pp

ed
24

h)
or

th
e

fo
llo

w
in

g
da

y
po

st
-a

rr
iv

al
(n

=
16

pa
ir

s,
co

ol
ed

-s
hi

pp
ed

48
h)

.E
ac

h
ep

id
id

ym
al

pa
ir

w
as

su
bm

itt
ed

to
re

tr
og

ra
de

flu
sh

in
g

w
ith

a
se

m
en

fr
ee

zi
ng

eg
g

yo
lk

-b
as

ed
ex

te
nd

er
(E

Y
),

or
a

co
ol

in
g

ex
te

nd
er

ba
se

d
on

so
di

um
ca

se
in

at
e

ch
ol

es
te

ro
l-

lo
ad

ed
cy

cl
od

ex
tr

in
(S

C
).

Th
er

ea
ft

er
,t

he
se

m
en

ex
te

nd
ed

in
EY

w
as

fr
oz

en
im

m
ed

ia
te

ly
af

te
r

re
co

ve
ry

(N
on

-C
en

tr
if

-0
h)

or
co

ol
ed

fo
r

24
h

an
d

th
en

fr
oz

en
(N

on
-C

en
tr

if
-2

4
h)

.T
he

se
m

en
ex

te
nd

ed
in

SC
w

as
cu

sh
io

n-
ce

nt
ri

fu
ge

d,
re

su
sp

en
de

d
in

EY
an

d
th

en
fr

oz
en

(C
en

tr
if

-0
h)

;o
r

co
ol

ed
fo

r
24

h
be

fo
re

be
in

g
fr

oz
en

(C
en

tr
if

-2
4

h)
;o

r
cu

sh
io

n-
ce

nt
ri

fu
ge

d,
re

-e
xt

en
de

d
w

it
h

SC
,a

nd
th

en
co

ol
ed

fo
r

24
h,

re
-c

en
tr

if
ug

ed
an

d
ex

te
nd

ed
in

EY
an

d
th

en
fr

oz
en

(C
-C

en
tr

if
-2

4
h)

.D
at

a
ar

e
ex

pr
es

se
d

as
th

e
m

ea
n
±

SE
M

.

C
oo

le
d-

Sh
ip

pe
d

24
h

C
oo

le
d-

Sh
ip

pe
d

48
h

N
on

-C
en

tr
if

C
en

tr
if

C
-C

en
tr

if
N

on
-C

en
tr

if
C

en
tr

if
C

-C
en

tr
if

0
h

24
h

0
h

24
h

24
h

0
h

24
h

0
h

24
h

24
h

Pr
e-

Fr
ee

zi
ng

T
M

43
.0
±

3.
9

A
56

.8
±

5.
9

A
43

.9
±

4.
1

A
43

.9
±

4.
2

A
50

.8
±

4.
8

A
43

.3
±

4.
7

A
53

.6
±

5.
2

A
a

49
.0
±

4.
1

A
36

.0
±

4.
8

A
b

39
.7
±

3.
9

A

PM
31

.7
±

3.
6

aA
48

.0
±

5.
7

A
b

33
.2
±

4.
3

A
30

.7
±

4.
0

A
a

37
.2
±

4.
7

A
32

.8
±

4.
7

A
44

.1
±

4.
9

A
a

39
.6
±

4.
3

A
27

.1
±

4.
1

A
b

27
.0
±

3.
8

A

V
SL

44
.0
±

1.
9

44
.9
±

2.
3

A
44

.8
±

2.
5

A
a

37
.0
±

1.
5

A
b

40
.3
±

1.
9

45
.2
±

2.
1

A
42

.6
±

1.
6

A
47

.5
±

2.
1

A
35

.8
±

2.
3

36
.3
±

1.
8

V
C

L
10

7.
5
±

3.
8

A
11

1.
0
±

5.
0

A
10

8.
8
±4

.7
A

a
10

1.
6
±3

.7
A

b
10

5.
7
±

3.
3

11
4.

1
±

5.
1

11
0.

2
±

5.
1

A
11

4.
7
±

4.
5

a
93

.0
±

7.
1

Bb
95

.2
±

4.
0

Bb

V
A

P
53

.6
±

2.
1

56
.9
±

2.
7

A
54

.6
±

2.
7

A
48

.3
±

2.
0

B
51

.2
±

2.
2

56
.8
±

2.
7

A
54

.5
±

2.
4

A
58

.9
±

2.
5

A
a

46
.4
±

2.
9

b
46

.7
±

2.
1

b

PM
I

76
.0
±

4.
2

76
.0
±

4.
2

A
76

.8
±

2.
4

A
68

.7
±

7.
0

A
72

.8
±

9.
3

57
.5
±

5.
0

a
77

.6
±

2.
9

b
61

.9
±

3.
8

A
69

.1
±

4.
6

A
73

.6
±

2.
7

A

H
M

M
P

80
.3
±

5.
4

a
80

.3
±

5.
4

a
52

.8
±

10
.1

b
76

.4
±

7.
5

a
91

.0
±

2.
0

a
84

.3
±

4.
5

87
.6
±

2.
1

76
.2
±

5.
7

83
.0
±

5.
4

90
.3
±

1.
6

Po
st

-F
re

ez
in

g

T
M

17
.6
±

1.
3

B
22

.5
±

2.
3

B
20

.4
±

2.
0

B
15

.7
±

2.
1

B
20

.3
±

2.
0

B
13

.3
±

1.
2

B
19

.8
±

2.
1

B
20

.0
±

2.
2

B
14

.2
±

1.
6

B
17

.5
±

1.
7

B

PM
10

.6
±

1.
3

B
15

.1
±

2.
2

B
11

.0
±

1.
5

B
8.

0
±

1.
8

B
10

.5
±

1.
6

B
6.

9
±

1.
0

B
12

.9
±

2.
1

B
11

.9
±

1.
5

B
6.

7
±

1.
2

B
8.

5
±

1.
1

B

V
SL

36
.3
±

1.
7

B
33

.6
±

1.
7

B
33

.9
±

1.
6

B
28

.6
±

2.
0

B
34

.0
±

1.
3

33
.9
±

1.
4

B
34

.0
±

1.
3

B
34

.7
±

0.
9

B
30

.6
±

1.
5

32
.4
±

0.
9

V
C

L
88

.9
±

3.
7

84
.4
±

4.
6

B
87

.7
±

4.
4

B
72

.0
±

7.
2

B
92

.9
±

2.
1

94
.5
±

3.
7

81
.7
±

4.
6

B
95

.4
±

3.
1

80
.4
±

4.
6

90
.9
±

3.
7

V
A

P
44

.1
±

1.
9

B
41

.1
±

1.
8

B
41

.4
±

1.
8

B
35

.5
±

2.
7

B
42

.2
±

1.
3

42
.4
±

1.
5

B
40

.7
±

1.
6

B
44

.0
±

1.
2

B
38

.8
±

1.
5

42
.5
±

1.
2

PM
I

44
.8
±

3.
1

B
41

.0
±

2.
1

B
53

.6
±

3.
1

B
41

.4
±

4.
8

B
53

.3
±

2.
9

44
.7
±

2.
7

49
.3
±

3.
8

50
.3
±

2.
3

B
47

.6
±

3.
7

B
53

.4
±

2.
5

B

H
M

M
P

83
.0
±

2.
0

84
.4
±

2.
9

86
.4
±

1.
9

79
.1
±

4.
8

83
.7
±

4.
7

82
.6
±

2.
7

90
.7
±

1.
5

86
.8
±

2.
2

80
.3
±

6.
2

87
.0
±

2.
2

T
M

,t
ot

al
m

ot
ili

ty
(%

);
PM

,p
ro

gr
es

si
ve

m
ot

ili
ty

(%
);

V
A

P,
av

er
ag

e
p

at
h

ve
lo

ci
ty

(µ
m

/s
);

V
C

L,
cu

rv
ili

ne
ar

ve
lo

ci
ty

(µ
m

/s
);

V
SL

,s
tr

ai
gh

t-
lin

e
ve

lo
ci

ty
(µ

m
/s

);
PM

I,
p

la
sm

a
m

em
br

an
e

in
te

gr
ity

(%
);

H
M

M
P,

sp
er

m
w

ith
in

ta
ct

pl
as

m
a

m
em

br
an

e
an

d
hi

gh
m

ito
ch

on
dr

ia
lm

em
br

an
e

po
te

nt
ia

l(
%

).
D

iff
er

en
ts

up
er

sc
ri

pt
s

de
no

te
di

ff
er

en
ce

s
w

ith
in

(A
B

)o
r

be
tw

ee
n

(ab
)c

ol
um

ns
.

(p
<

0.
05

).

145



Animals 2020, 10, 2209

Post-thaw velocity parameters (VSL, VAP, VCL) were reduced in cooled-shipped 24 h across
groups in comparison to the pre-freeze values (p < 0.05), except for group C-Centrif-24 h which
maintained its pre-freeze values (p > 0.05) (Table 6). Pre-freezing values of VSL and VCL were greater
in Centrif-0 h than in Centrif-24 h (p < 0.05). Post-thaw PMI decreased in comparison to pre-freeze
values for all groups (p < 0.05), except for semen in C-Centrif-24 h group, which maintained its
pre-freezing values (p > 0.05) (Table 6). The population of sperm HMMP did not change from pre-freeze
to post-thaw (p > 0.05) (Table 6). Pre-freeze HMMP was higher in Non-Centrif-0 h than semen in
Centrif-0 h (p < 0.05) (Table 6). Moreover, cooled-shipped 24 h pre-freezing values of semen extended
in Centrif-0 h group had less sperm with HMMP than any of the other groups at 24 h (p < 0.05) (Table 6).

Cooled-shipped 48 h pre-freeze values of TM and PM were greater in Non-Centrif-24 h than in
Centrif-24 h (p < 0.05). Post-thaw VSL and VAP decreased in comparison with pre-freeze values in
groups Non-Centrif-0 h, Centrif-0 h, and Non-Centrif-24 h. Moreover, post-thaw VCL decreased in
group Non-Centrif-24 h in comparison with pre-freeze values (p < 0.05) (Table 6). Pre-freeze values
of VCL and VAP were greater in the Centrif-0 h group than groups Centrif-24 h and C-Centrif-24 h
(p < 0.05). The values of PMI pre-freeze of semen extended in Non-Centrif-24 h was greater than in
Non-Centrif-0 h (p < 0.05) (Table 6). Post-thaw HMMP did not change after freezing with any extender
or methods or processing (p > 0.05) (Table 6).

4. Discussion

The present study was designed to assess donkey epididymal semen cooling and freezing, from
freshly harvested and cooled-shipped specimens. The first experiment was conducted to determine
whether freshly castrated donkeys could have epididymal semen harvested, cooled, and then frozen.
The second experiment was conducted to determine the feasibility of collecting, packaging, and shipping
testes attached to the epididymis and spermatic cord to a referral laboratory for epididymal semen
harvesting, cooling, and freezing. This design was implemented to simulate a scenario when a
layperson or an inexperienced practitioner was unable to effectively dissect the epididymides from the
testes before shipping to a referral laboratory. Additionally, a subset of the shipment was processed
after delivery (cooled-shipped 24 h), and another subset was processed the next day (cooled-shipped
48 h). The delay in processing the samples was created to mimic common problems encountered in
clinical practice. It has been estimated that about 5% of the semen shipments in the United States
may be delayed for various reasons. Furthermore, animals located in rural and remote indigenous
locations cannot have their testes and/or epididymis timely shipped to a referral laboratory for further
processing. Experiment three was conducted with a larger sample size to determine the feasibility of
dissecting the epididymal tail, packaging, shipping, and further processing for cooling and freezing.
In addition, shipping the epididymides dissected from the testes minimizes the potential for blood
contamination and debris, decreases the amount of space occupied in a passive cooling container and
shipping charges. In this experiment, a similar approach for delayed processing (cooled-shipped 24 h
vs. 48 h) was performed.

In all three experiments, the concept of cooling donkey semen after harvesting was assessed to
simulate cooled-shipped semen for potential artificial insemination with cooled semen or as a means
to pre-process semen before freezing. Cooling epididymal semen after harvesting could be a useful
strategy if a popular jack needs to be castrated or euthanized in the middle of the breeding season
when there are mares or jennies lined up to be inseminated. Breeding mares or jennies with cooled
semen could circumvent the problems with frozen semen (e.g., frequent follicular checks, low fertility,
and excessive post-breeding endometrial inflammation) [24]. Interestingly, the cooling extender used
in the present study contains cholesterol-loaded cyclodextrin (CLC). Although this compound had not
been tested yet to cool donkey epididymal semen, satisfactory fertility rates have been obtained in
mares inseminated with donkey ejaculated semen extended in the CLC SC extender (Papa FO, personal
communication). In addition, CLC has been reported to improve the sperm viability of post-thawed
donkey semen with no detrimental effect on fertility rates in mares [25]. The addition of CLC improved
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semen quality and fertility of cooled stallion semen [25,26]. The CLC has also been reported in one
study to decrease cooling-induced damages and to improve the semen freezing ability of stallion’s
epididymal sperm [27].

Cooling epididymal semen before freezing was assessed as a strategy herein; the authors were
interested in answering whether donkey semen could be cooled overnight before being frozen the next
day. Such a strategy could prove to be useful in clinical practice. For instance, if a donkey needs to
have epididymal semen harvested and processed outside regular working hours, the findings of the
present study suggest that semen can be harvested, cooled, and frozen the next day. Some mature jacks
have a large amount of semen, which requires a long processing time. The jacks used in the present
study were in general, of the small frame (except two among the young animals used in Experiment 1);
however, some yielded close to 40 billion sperm. Larger breeds such as Mammoth, Poitou, and Catalan
can easily surpass that amount [2]. While the fertility of this type of semen has not been assessed,
the present study provided an introductory concept for its use and future studies.

Across experiments, epididymal semen cooling displayed satisfactory parameters, and semen
flushed with EY tended to yield superior results than semen flushed with SC. The use of a freezing
extender for cooling semen may come as a surprise to investigators as it has been proposed that
stallion and donkey semen are sensitive to glycerol and high concentrations of this cryoprotectant
affect the fertility of semen extended in milk-based or milk-based protein extenders [28]. Vidament and
collaborators proposed that donkey semen extended with a milk-based extender containing glycerol
used to breed mares is less sensitive to glycerol-toxicity than the same semen used to breed jennies, as
the final concentration affecting the fertility of donkey semen in mares was ~5% and approximately
2% in jennies [28–30]. The EY extender used in the present study contained 1% of glycerol and 4% of
formamide, approximately half of the toxic glycerol concentration proposed by Vidament et al. [28].
A report comparing ejaculated donkey semen extended in EY, SC and milk-based extender cooled for
24 h demonstrated that the EY extender resulted in superior sperm motility parameters [31].

A study demonstrated that epididymal semen has superior cooling ability than ejaculated stallion
semen; this does not seem to be the case in donkeys [32]. While the present study did not compare
donkey ejaculated sperm with donkey epididymal semen, the overall results of the semen parameters
appear inferior to that expected with cooled ejaculated donkey semen [2]. However, it remains to be
determined if cooled donkey epididymal semen extended in the EY used in the present study can
result in satisfactory fertility when used to inseminate mares and jennies. It is also unknown if the
same formula of the EY extender used herein deprived of glycerol and formamide would result in
superior results than those obtained herein and by previous authors. Finally, donkey semen extended
in EY-based extender seems to behave similarly to ruminant semen regarding glycerol exposure
during cooling.

While the present design was not set to compare semen in the three different experiments,
a subjective comparison across experiments seems to trend towards a reduction in TM and PM between
the freshly harvested epididymal semen and the cooled-shipped semen. In stallions, it has been shown
that epididymal semen can be stored at 5 ◦C for up to 96 h before being processed [19]. However,
the apparent differences could have also been due to the different sample sizes, husbandry practices,
levels of stress, weather, and other potential confounding factors not identified. The shipment of the
entire scrotal content (Experiment 2) rather than the dissected epididymides (Experiment 3) seemed
to yield superior sperm parameters; however, the comparison was not included in the statistical
analyses. Several variables can be accounted for the different results. The temperature for both passive
cooling containers was equivalent both on the day of arrival and 24 h later. The donkeys included in
Experiment 2 appeared to be more mature than the donkeys used in Experiment 3 and were more
likely to be kept in a more stable environment. While a cross-over design involving both passive
cooling containers were not tested, the authors believe that the apparent different results cannot be
accounted for by the type of container. It is also unclear whether this difference is associated with
sample preparation. Upon arrival, both types of containers had a similar internal temperature; due to
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each container’s different features, it is reasonable to suggest that the cooling curve might have been
different. In Experiment 2, the testes were placed in direct contact with the iced can, without the
use of an isothermolizer cup. It is reasonable to assume that the presence of the testicles inside the
shipper could have mitigated the reduction temperature, creating a less steep cooling curve. Further
investigations are needed to evaluate the effect of different containers and cooling curves on the quality
of the semen harvested from the epididymis.

The results of the present study with the donkey epididymal semen parameters were lower than
those reported in the literature with raw or frozen-thawed donkey ejaculated semen [2]. Interestingly,
there was an overall high percentage of PMI with HMMP. Across mammalian species, sperm stored at
the tail of the epididymis is immotile due to plasma membrane-bound proteins that prevent premature
motility and loss of viability [33,34]. In stallions, the EY extender used in the present study was
shown to activate the motility of epididymal semen [8]; thus, the protocol of directly harvesting
epididymal semen with this extender became popular in equine clinical practice and has been used
in numerous investigations [6,32]. Semen centrifugation has been used as a means to potentially
activate epididymal sperm motility in mice by removing plasma membrane-bound proteins [35].
In addition, centrifugation is a mandatory step for the cryopreservation of ejaculated semen of a jack
or stallion to improve sperm interaction with cryoprotectants by removing the seminal plasma [2,9].
However, sperm harvested from the epididymis does not have seminal plasma; therefore, the need
for centrifugation is questionable, as a very high sperm concentration is often yielded. Some authors
do not recommend centrifugation before freezing epididymal semen in stallions [6,18]. One study
found no differences in the post-thaw parameters for semen flushed and frozen with the EY extender
used herein or semen flushed with a milk-based extender, cushion-centrifuged and then extended
and frozen in the same EY extender [6]. Our results in the present experiment appear to concur with
the latter study; in fact, it appears to suggest that centrifugation may not be beneficial for donkey
epididymal semen cooling or freezing. However, since we did not centrifuge semen flushed with the
EY extender, it is possible that some of the differences observed herein could have been simply the
difference between extenders rather than centrifugation. In addition, since semen freezing extenders
are more expensive than cooling extenders, the use of EY could be cost-prohibitive in practice; thus,
this approach was not tested. In addition, the sperm loss associated with traditional centrifugation
(600 g × 10 min, ~40%) or cushioned-centrifugation (1000 g × 20 min, ~10%) may be discouraging in
using either approach as the last chance to cryopreserve semen from a valuable stallion [21].

5. Conclusions

In conclusion, freshly harvested, cooled-shipped, and cooled semen had satisfactory semen
parameters. The post-thaw results revealed low motility parameters across any type of extender
or methods of processing; unexpectedly, the HMMP and PMI did not reflect this trend, and the
values remained high, suggesting that there was a lack of epididymal sperm activation with either
centrifugation or extenders. While fertility was not tested in the present study, our in vitro results
with cooled epididymal semen are encouraging and suggest that donkey epididymal semen may have
satisfactory fertility. New studies need to address the fertility of donkey epididymal semen in mares
and jennies.

Supplementary Materials: The following are available online at http://www.mdpi.com/2076-2615/10/12/2209/s1,
Table S1: Donkey ages, tail of epididymis weight, and total sperm recovery harvested freshly after castration;
Table S2: Donkey age, tail of epididymis weight, total sperm recovery harvested and temperature of the container
at the opening. Scrotal content was shipped in passive cooling semen containers. Donkeys 1–8 were processed
after arrival (Cooled-shipped 24 h), whereas donkeys 9–14 were processed 24 h later (Cooled-shipped 48 h);
Table S3: Donkey age, tail of epididymis weight, total sperm recovery harvested, and temperature of the container
at opening. Epididymides were shipped in passive cooling semen containers. Donkeys 1–20 were processed after
arrival (Cooled-shipped 24 h), whereas donkeys 21–36 were processed 24 h later (Cooled-shipped 48 h).
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Simple Summary: In this study, the thermal patterns of horses and donkeys in infrared thermography
(IRT) images are analyzed and compared. Thermal patterns are defined as statistically significant
differences between groups of regions of interest (ROIs) corresponding to underlying large muscles.
The dataset used in the experiments consists of images of healthy and rested animals: sixteen horses
and eighteen donkeys. Thermal patterns between species are compared, and the results are discussed
along with special cases of animals identified as outliers. The results support the thesis about the
similarities in the thermal patterns of horses and donkeys.

Abstract: Infrared thermography (IRT) is a valuable diagnostic tool in equine veterinary medicine;
however, little is known about its application to donkeys. This study aims to find patterns in thermal
images of donkeys and horses and determine if these patterns share similarities. The study is carried
out on 18 donkeys and 16 horses. All equids undergo thermal imaging with an infrared camera
and measurement of the skin thickness and hair coat length. On the class maps of each thermal
image, fifteen regions of interest (ROIs) are annotated and then combined into 10 groups of ROIs
(GORs). The existence of statistically significant differences between surface temperatures in GORs is
tested both “globally” for all animals of a given species and “locally” for each animal. Two special
cases of animals that differed from the rest are also discussed. The results indicate that the majority
of thermal patterns are similar for both species; however, average surface temperatures in horses
(22.72± 2.46 °C) are higher than in donkeys (18.88± 2.30 °C). This could be related to differences in
the skin thickness and hair coat. The patterns of both species are associated with GORs, rather than
with an individual ROI, and there is a higher uniformity in the donkeys’ patterns.

Keywords: infrared thermography; equids; thermal patterns; surface temperature; skin thickness;
hair coat

1. Introduction

Infrared thermography (IRT) is a non-invasive imaging technique that allows for the detection of
radiant energy emitted by any object with a temperature above absolute zero. The radiated power
detected by the thermal camera in the infrared spectrum is proportional to the fourth power of the
object’s absolute temperature, and it is used to calculate the temperature of the target, e.g., the surface
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of the animal’s body. Infrared radiation is often presented as a thermogram, which is an image
where the color gradient corresponds to the distribution of surface temperatures [1]. Furthermore,
the relationship of temperature gradients may create specific thermal patterns, which may be used, e.g.,
for assessing the influence of load on saddle fit in horses [2] or the horses’ response to the training [3].

IRT has been used as a diagnostic tool in equine veterinary medicine since the mid-1960s,
particularly in the field of orthopedics, in the management of lameness [4–7]. The surface temperature
changes, reflecting heat emitted from overloaded or injured tissue, are considered a valuable indicator
for identifying areas of inflammation and blood flow alterations [8,9]. This allows for the detection of
temperature changes before they can be detected by palpation [10,11] and before the onset of other
clinical signs of injury [11,12]. IRT also enables the identification of continuing subclinical changes and
allows the verification of the complete clinical healing and, hence, if the horse may return to exercise
after required rest [13]. In recent studies, IRT was also applied to interpret changes in the surface
temperatures of the thoracic region in the case of back pain diagnosis of equine athletes [14,15], as well
as the results of the impact of a load on a saddle [2] or incorrect saddle fit [16]. Moreover, the usefulness
of equine IRT in the assessment of transient stress response during training [17,18] and competitive
sport [19,20] has been demonstrated. Equine IRT seems to be highly related to thermoregulation,
the increase in blood flow due to exercise [18], and the blood concentration of metabolic biochemical
measurements [21,22]. During physical exercise, metabolic heat production increases as exercise
intensity increases [23], and only a quarter of the energy used by a muscle is converted to mechanical
energy. The remaining three quarters are dissipated as heat [24]. Therefore, the radiant energy
emitted from the horse’s skin surface may be found as a product of basic metabolic processes, exercise,
and pathological conditions. However, it should be kept in mind that the temperature measured from
the body surface is related not only to the above internal conditions, but also to the thermal properties
of the skin and hair coat and the thermal gradient between the skin surface and the environment [25,26].

It is easy to see that IRT is widespread in the equestrian industry as a valuable tool to monitor the
underlying circulation, tissue metabolism, and local blood flow in response to different physiological,
pathological, or environmental conditions. However, little or no attention has been paid to the
application of IRT in donkeys. The only work the authors are aware of is the study of the effects
of season and age on the daily rhythmicity of rectal temperature and body surface temperature
during the cold-dry and hot-dry seasons in a tropical savannah [27]. For the infrared measurement,
the infrared thermometer and seven landmarks adapted from equine IRT were used. Although this
study evaluated differences in the surface temperatures of donkeys of varying age groups under
changing environmental conditions, no studies to date have compared the thermal images of donkeys
and horses obtained in the same circumstances. The scarcity of works on the imaging of donkeys is a
motivation to try to answer the question of whether there are significant differences in the thermal
images of horses and donkeys. If the images of these animals were similar, it would suggest that
intensively researched methods for analyzing equine images are applicable to donkeys.

In this study, the imaging of horses and donkeys was performed under the same environmental
conditions. Following the methodology of previous equine researchers, body surface temperatures
in healthy animals were evaluated. The normal thermal image was already described, for e.g.,
the coronary band [28], distal forelimb joints [26,29], the thoracolumbar region [30], the back,
and pelvic regions [31] in the horse. It showed a high degree of symmetry between the left and
right sides of the body [1,26] and reproducibility over hourly, daily, and weekly intervals up to
90% [30].

The thermal images were manually segmented into fifteen regions of interest (ROIs) corresponding
to underlying large muscles. Since the phenomena observable in thermal images often includes more
than one ROI, individual ROIs were combined into groups of ROIs (GORs), and the differences in
their mean temperatures were examined. The differences, the occurrence of which was statistically
confirmed, constituted thermal patterns, which were the basis for the comparison of both species and
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the analysis of special cases (outliers). This comparison was the main focus of the experiments in this
study. The hypothesis of this study is that the thermal patterns of horses and donkeys are similar.

2. Materials and Methods

2.1. Animals

Eighteen donkeys (nine mares, seven geldings, and two stallions; mean age 7.78± 3.04 years,
minimum age 2 years, maximum age 13 years; mean height 119.00± 11.72 cm) and sixteen horses
(eight mares, six geldings, and two stallions; mean age 7.53 ± 2.83 years, minimum age 2 years,
maximum age 11 years; mean height 137.40± 9.33 cm) participated in the study. All horses met the
growth criteria for ponies, i.e., individual height at withers ≤148.00 cm, according to the standards of
the International Federation for Equestrian Sport. However, to facilitate comparison between species,
they are called horses throughout the manuscript. Most of the donkeys in the study were mixed breeds;
however, the following pedigrees could be listed: two half-breed Romanian donkeys, one half-breed
Martina Franca donkey, one half-breed Andalusian donkey, one half-breed Magyar Parlagi Szamér
donkey, two quarter-breed Grigio Siciliano donkeys, one quarter-breed Andalusian donkey, five mixed
breed donkeys with a quarter-blood Romanian donkey and a quarter-blood Andalusian donkey,
two mix-breed donkeys with a quarter-blood Martina Franca donkey and a quarter-blood Andalusian
donkey, and two local mix-breed donkeys. Furthermore, one donkey represented a pure bred Poitou
donkey (the donkey D.17 discussed as an outlier case). Horses, in general, represented two typical
polish pony breeds (eight Polish Koniks and five Hucul ponies); however, two Haflinger ponies and
one half-breed Connemara pony were also included. The donkeys and horses were privately owned
and were housed in the same stable located in southern Poland in Lubachów. The owners of the
animals consented to our research. The ethics approval was deemed unnecessary according to the
regulations of the II Local Ethical Committee on Animal Testing in Warsaw and the National Ethical
Committees on Animal Testing because all procedures in the study were non-invasive and did not
cause distress and/or pain equal to or greater than a needlestick. The equids were fed three times
a day with a dose of hay personalized to each animal to maintain an optimal, healthy condition
and had daily access to a grassy paddock no shorter than 8 h per day. All horses received a BCS 3
(body condition score) [32], and all donkeys obtained an FNS 3 (fatty neck score) [33], both on a
five-point scale. Both during the study and the month preceding the study, equids were not used
in riding, nor were harnessed. Before the IRT imaging, physical examinations were conducted to
ensure that the equids were free from preexisting inflammatory conditions. The general examination
including the evaluation of internal temperature, heart rate, respiratory rate, mucous membranes,
capillary refill time, and lymph nodes and was carried out following international veterinary standards.
The detailed examination of the musculoskeletal system was performed following the guidelines for
the lameness evaluation of athletic horses [34]. All donkeys and horses were clinically healthy, with
no clinical signs of lameness, back problems, or musculoskeletal injury. They had normal species
conformation and normal growth pattern. No horses were excluded due to the physical examination
results. Two donkeys were excluded due to the properties of their hair coat: the first of them due to
hair loss caused by abrasions during transport the week preceding the study and the second due to the
significantly longer hair length (7.6± 1.2 cm) in comparison with the hair length of the other donkeys
(3.4± 0.7 cm). Finally, sixteen donkeys were qualified for the formal analysis; however, an analysis of
the two donkeys deviating from the accepted uniform appearance is included in the Section 4.2.

2.2. Data Collection

To ensure the best possible conditions for the comparison of the collected thermal images, the skin
thickness, the hair coat length, and the constant thermal gradient between the skin surface and
the environment were taken into account. The study was performed in mid-September, and all
measurements were taken on the same day under the same circumstances (ambient temperature
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20.2 °C; humidity 45%). A total of 68 images were taken in a closed space, protected from wind and sun
radiation, to minimize the influence of external environmental conditions [35]. The imaging of donkeys
and horses was carried out following equine international veterinary standards [36]. The imaged area
was brushed, and dirt and mud were removed 15 min before imaging. The thermal images were
acquired on the left and right sides at a 90° camera angle from a distance of approximately 2 m from
the animal. During each imaging session, two images of each individual were taken. The images were
focused on the center of the trunk. The animals were imaged on the side where the mane was less
visible. The images were taken by the same researcher (M.M.) using an infrared radiation camera
(FLIR Therma CAM E25, Brazil) with an emissivity (e)∼0.99. The temperature range was standardized
in the professional software (FLIR Tools Professional, Brazil) during the preprocessing of the images at
the 10–30 °C level.

After each IRT imaging, an ultrasonographic image was taken with an ultrasound scanner
(SonoScape S9, SonoScape, Shenzhen, China) using a linear 5–12 MHz transducer (L752, SonoScape,
Shenzhen, China). Ultrasound scans were performed with the transducer placed on the animal’s
back, over the third lumbar vertebra, perpendicular to the spine. All images were collected on
the left side of the animal [37]. The hair was trimmed at the measurement place, and ultrasound
gel (Aquasonic 100, Parker Laboratories Inc., Fairfield, NJ, USA) was used as a coupling medium.
The real-time ultrasonographic examination was frozen, and the image was saved, as well as the
subcutaneous fat (SF) plus skin thickness (SF-Skin) measurements were obtained. An example of an
ultrasonographic image is presented in Figure 1. The hair coat samples were taken from the mid-neck
approximately 5 cm below the base of the mane. The length of individual hairs was determined from a
random sample of five pulled strands, including the roots [38].

(a) SF-Skin of horse (b) SF-Skin of donkey
Figure 1. Example of an ultrasonographic image taken over the third lumbar vertebra: (a) the horse
H.1; (b) the donkey D.3. The subcutaneous fat plus skin thickness (SF-Skin) is highlighted.

2.2.1. Dataset Preparation

Based on collected data, a dataset was prepared that was later used in the experiments. The dataset
consisted of images from a thermal camera and the corresponding annotations in the form of class
maps of the main muscle areas. Every thermal image was a table of 320× 240 pixels. The value in
each pixel was the measured temperature value. A corresponding class map was a table, where the
value in every pixel was the ROI number, and a value of zero was used for pixels without annotation.
An example class map is presented in Figure 2. The class maps were produced by hand annotating the
fifteen identified regions of interest (ROIs) in each image. The following ROIs corresponding to the
underlying large muscles were annotated:

1. ROI 1 m. brachiocephalicus—a parallelogram-shaped area from the lateral surface of the atlas,
behind the angle of the mandible, to the regio supraspinatus of the scapula.

2. ROI 2 mm. splenius capitis and cervicis—a triangle-shaped area from the lateral surface of the axis
to the regio supraspinatus of the scapula above ROI 3.
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3. ROI 3 m. trapezius pars cervicalis—a triangle ranging from the middle of the neck to the regio
cartilaginis of the scapula and along the regio supraspinatus of the scapula up to two-thirds of
the length of the scapula.

4. ROI 4 m. trapezius pars thoracica—a triangle ranging from the regio cartilaginis of the scapula
along the regio supraspinatus of the scapula up to one-thirds of the length of the scapula.

5. ROI 5 m. latissimus dorsi—a triangle-shaped area from the regio infraspinatus of the scapula up to
two-thirds of the length of the scapula along the back to the tuber coxae.

6. ROI 6 mm. glutei (superficialis and medius)—an irregular area in the regio tuberis coxae.
7. ROI 7 m. biceps femoris—an oblong s-shaped area in the regio femoris cranially from the m.

semitendinosus.
8. ROI 8 m. semitendinosus—an oblong s-shaped area in the regio femoris caudally from the m.

biceps femoris.
9. ROI 9 mm. in regio cruris—a rectangular-shaped area in the regio cruris between articulatio genus

and articulatio tarsi.
10. ROI 10 m. tensor fasciae latae—an irregular area between the regio tuberis coxae and the flank.
11. ROI 11 m. obliquus externus abdominis—a trapezoid-shaped area from the lower two-thirds of the

regio infraspinatus of the scapula to the tuber coxae and the regio of processus xiphoideus sterni.
12. ROI 12 m. pectoralis transversus—a triangle-shaped area behind the regio olecranon to the regio

processus xiphoideus sterni.
13. ROI 13 mm. in regio antebrachii—a rectangular-shaped area in the regio antebrachii between

articulatio humeri and articulatio cubiti.
14. ROI 14 m. pectoralis descendens—an irregular area in the projection of the regio infraspinatus of

the scapula.
15. ROI 15 m. deltoideus—an irregular area in the projection of the regio supraspinatus of the scapula.
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Figure 2. Visualization of a donkey D.3: (a) thermal data from the camera as a thermal map;
(b) annotated classes corresponding to selected ROIs (see Section 2.2.1); (c) extracted pixels used
in the experiments.

2.2.2. Dataset Availability

In order to facilitate the replication of the experiments presented in this work, the dataset [39]
(dataset location: https://zenodo.org/record/4085075) and the experimental source code (source code
location: https://github.com/iitis/thermal_patterns.git) are made available to the public under an
open license.

2.3. Thermal Patterns in the IRT Images of Horses and Donkeys

The main goal of this study was to find patterns in the thermal images of both species and
determine if these patterns share similarities. A thermal pattern was defined as a statistically significant
difference between the mean temperatures in any two areas composed of groups of ROIs.

2.3.1. Testing the Statistical Significance of Temperature Differences

The statements in this work are usually associated with the comparison of temperatures between
areas (subsets of pixels) in a thermal image or images, e.g., a statement “Animals A were warmer
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than Animals B in area C” means that based on the available sample, the surface temperatures of
Animals A were on average higher in this region. Therefore, to test the statistical significance of
these statements, the one-sided Mann–Whitney–Wilcoxon (MWW) test [40] was used. MWW is a
non-parametric statistical hypothesis test that allows for the comparison of two related sequences of
samples. A one-sided test was used because the direction of the difference was known, as it was the
average temperature difference in the compared areas. A non-parametric test was used because the
temperature distributions in ROIs were diverse and often non-Gaussian. The two sequences of samples
were obtained by randomly, uniformly sampling the compared ROIs or groups of ROIs. The number of
samples was the size of the smaller set; when comparing individual ROIs between animals, the average
difference in the sample count was (10.25± 6.58)% of the average ROI size for both species. Unless
stated otherwise, the statistical significance of the p-value was set at p < 0.001.

2.3.2. Finding Thermal Patterns in Animal Species

The definition of thermal patterns in this paper followed the assumption that the surface
temperature differences between different parts of the animal’s body repeat within species. To identify
these patterns, the following methodology was used:

Combining ROIs into Groups of ROIs

In the first step, based on the observation that visible patterns in the thermal images from our
dataset were often located in several ROIs, ten groups of ROIs (GORs) were manually designated for
analysis. The designated GORs, presented in Figure 3, were as follows:

1. GOR 1 Neck, ROIs {1, 2, 3}—represents an area of skin covering muscles located cranially from
the cranial border of the scapula.

2. GOR 2 Front quarter, ROIs {1, 2, 3, 4, 14, 15}—represents an area of skin covering muscles located
cranially from the spinous processes of the scapula.

3. GOR 3 Trunk, ROIs {5, 11}—represents an area of skin covering muscles between the caudal
border of the scapula and the vertical line defined by tuber coxae, excluding the area of m.
pectoralis transversus.

4. GOR 4 Hindquarter, ROIs {6, 7, 8, 9, 10}—represents an area of skin covering the examined muscles
of the pelvic limbs laid caudally from the vertical line defined by tuber coxae.

5. GOR 5 Rump, ROIs {8, 9}—represents an area of two ROIs of the pelvic limbs lying the
most caudally.

6. GOR 6 Dorsal aspect, ROIs {3, 4, 5, 6}—collects an area of skin covering muscles located above the
horizontal line halfway up the trunk.

7. GOR 7 Ventral aspect, ROIs {9, 10, 11, 12, 13}—collects an area of skin covering muscles located
below the horizontal line halfway up the trunk.

8. GOR 8 Abdomen, ROI {11}—represents an area of skin covering muscles lying between the
caudal border of the scapula and the vertical line defined by tuber coxae, excluding the area of m.
pectoralis transversus and m. latissimus dorsi.

9. GOR 9 Groins (Girth and Flank), ROIs {10, 12}—represents two areas of skin mostly covering
large muscles of thoracic and pelvic limbs represented by the girth area and flank area.

10. GOR 10 Legs, ROIs {9, 13}—represents two areas of skin covering muscles of the proximal parts
of limbs, both thoracic and pelvic.
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Figure 3. Visualization of a donkey D.3, divided into groups of ROIs (GORs).
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Comparing GOR Temperatures

In order to compare the average temperatures between the designated groups of ROIs (GORs)
and test whether the difference was statistically significant, the following methodology was used:

Let there be set of animals of a given species A = {a1, . . . , a16} and a set of GORs defined in the
previous paragraph G = {g1, . . . , g10}. Let a set T a

g be a set of pixels (temperatures) of an animal a ∈ A
from a group g ∈ G, and let the mean value of pixels in a set be denoted by δ, e.g., δ(T a

g ). For every
pair of groups (i, j) ∈ G × G, a difference in average values of temperatures in these groups for all
animals was computed, i.e.,

∆(i,j) = δ

(
⋃

k∈A
T j

k

)
− δ

(
⋃

k∈A
T j

k

)
.

Values ∆(i,j) form a matrix of differences M∆ ∈ R|G|×|G|. Due to the fact that values in the matrix M∆

represent temperature differences, the matrix is not symmetric.
In the next step, the MWW test described in Section 2.3.1 was applied to verify the statistical

significance of the difference ∆(i,j) for every pair of groups (i, j) ∈ G × G. This was done in two ways:

1. Globally—for every pair (i, j) ∈ G × G, the MWW test was applied to the whole population, i.e.,
the union of sets

⋃
k∈A
T k

i was compared with the union of sets
⋃

k∈A
T k

j .

2. Locally—for every pair (i, j) ∈ G × G, the MWW test was applied separately for every animal
a ∈ A, by comparing the set T a

i with the set T a
j . For the dataset used in this study, this resulted in

16 tests for every pair.

The results of “local” tests formed a matrix ML ∈ R|G|×|G|+ , where the value in every cell
represented the number of animals for which the difference was significant.

Thermal Patterns

For a given animal species, a statistically significant difference ∆(i,j) between two GORs
(i, j) ∈ G × G was treated as a thermal pattern. A thermal pattern can thus be interpreted as a statement
based on available data, e.g., the GOR 5 Rump was colder than the GOR 1 Neck. If the significance of
the difference was confirmed by the “global” test, but not for every animal, by the “local” test, i.e.,
the value in the matrix ML for this difference was less than 16, and this means that while the pattern
emerged in a population, it was susceptible to individual differences of animals; thus, there were
animals that did not show this pattern. If the pattern also appeared individually in all of the animals
tested, it was considered to be stable.

2.4. Thermal Images’ Visualization

In order to visualize the visible structures in IRT images from the dataset used in this study,
the temperatures are presented in the form of a color map, modeled on the visible part of the
electromagnetic spectrum, i.e., ranging from violet to red. To improve the clarity of the images,
the zero values representing the areas outside the ROIs are shown in black. By manipulating the color
map threshold values (assigned to its extreme colors), patterns common to all animals or patterns
specific to a particular animal are highlighted.

Temperature distributions within a specific ROI are visualized using histograms where the y-axis is
presented as a probability density, i.e., bin counts are divided by a total number of counts. Alternatively,
boxplots where the box extends from the lower to the upper quartile values are used. The line in the
boxplot denotes the median, the whiskers the range of {q1 − 1.5 ∗ (q3 − q1), q3 − 1.5 ∗ (q3 − q1)} where
q1, q3 denote the first and the third quartiles, and circles outliers.

Unless stated otherwise, in all thermal map visualizations, the presented color map temperature
values tc are limited to the common range of tc ∈ 〈8.8, 30.65〉 °C, which were extreme values in
annotated ROIs for all animals included in the study (temperatures in ROIs: horses, th ∈ 〈10.64, 30.65〉
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°C, E(th) = 22.72± 2.46 °C, donkeys, td ∈ 〈8.8, 29.56〉 °C, E(th) = 18.88± 2.30 °C), not including
the animals D.17, D.18, for reasons explained in Section 2.1. Alternatively, tc values were selected as
extreme temperature values in the ROIs for a given animal to highlight the features of visible thermal
patterns; these special cases are clearly indicated.

2.4.1. Data Visualization

An individual animal in the dataset could be represented by a vector vi ∈ Rd of d features
corresponding, e.g., to the means or variances of temperatures in every ROI, which led to d ≥ 15.
The extraction and visualization of data structures in a high-dimensional space are often performed
by using the principal component analysis [41] (PCA) and projecting data onto the first principal
components. However, PCA uses a sample covariance matrix. Since the dataset contained a limited
number of examples, the computation of a reliable covariance matrix was difficult. Therefore,
the t-distributed stochastic neighbor embedding (t-SNE) [42] algorithm was used for data presentation.
T-SNE visualizes data by giving each example a location in a two-dimensional map. An important
feature of the t-SNE is that its output is non-deterministic, which results from the fact that the
optimization problem solved by the technique has a cost function that is not convex. Since in this
work, t-SNE was only used to visualize patterns emerging in the data, it was considered acceptable.
The presented visualizations were selected as representative examples after several executions of
t-SNE. When t-SNE was applied for data visualization, its perplexity parameter was set to a value
of five.

Data features were extracted with common statistics such as the mean, standard deviation,
kurtosis, and skewness. In addition, a scenario in which the data were normalized by subtracting the
average global temperature of every animal from values of all pixels in this animal’s image was tested.

2.5. Implementation

Experiments were implemented in Python 3.6.9 using the libraries: NumPy 1.16.4, SciPy 1.3.1,
scikit-learn 0.22.1, Matplotlib 3.2.2, seaborn 0.11.0.

Experiments were conducted using a computer with Intel(R) Core i7-5820K CPU @ 330 GHz with
64 GB of RAM and with the Windows 10 Pro system. The running time of the experiments could be
measured in seconds.

3. Results

A comparison of temperatures between ROIs is presented in Figure 4. The surface temperatures
for horses were, on average, higher than for donkeys, which was confirmed as statistically significant
for every ROI (MWW, p < 0.001). Considerable variances in ROIs’ temperatures and the presence of
many outliers were observed. Example histograms for two ROIs with the most extreme differences in
mean temperatures of horses and donkeys are presented in Figure 5. The individual differences in
animal surface temperatures resulted in multi-modal temperature distributions, as, e.g., in Figure 5a.
Histograms of temperatures for all ROIs can be found in Figure A1 in Appendix A.

A comparison of hair coat length and SF-Skin values between donkeys and horses is presented in
Table 1. The skin and the subcutaneous fat were thicker and the hair coat was longer in donkeys than
in horses (MWW, p < 0.0001).
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Table 1. Measured features (mean ± SD) of horses (H.1–H.16) and donkeys (D.1–D.16): the length of
the hair coat and the thickness of the subcutaneous fat plus skin (SF-Skin).

Animals Hair Coat (cm) SF-Skin (mm)

Donkeys 3.39± 0.46 a 12.01± 0.83 c

Horses 1.78± 0.38 b 8.80± 0.87 d

p-value < 0.0001 < 0.0001

Different superscript letters indicate significant differences between horses and donkeys for hair coat (a, b) and
SF-Skin (c, d) respectively according to the Mann–Whitney–Wilcoxon (MWW) test.
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(b) Donkeys
Figure 4. Visualization of temperatures in ROIs (ordered by their medians) of all animals: (a) horses;
(b) donkeys.
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Figure 5. Histograms of temperatures for two ROIs where the difference ∆t between mean values of
temperatures for the two animal species is: (a) the smallest (ROI 4, ∆t = 1.59) and (b) the largest (ROI 7,
∆t = 5.26).

t-SNE data visualization is presented in Figure 6. When the examples were represented by mean
temperature vectors in ROIs, the data formed distinct clusters, separated by low-density areas, as, e.g.,
in Figure 6a. However, the labels of classes within a cluster were mixed, suggesting that the mean
temperature in ROIs alone was not a definite species descriptor. For features based on the standard
deviation, clusters ceased to be clearly separable, as, e.g., in Figure 6b. For features based on skewness,
kurtosis, or normalized temperatures, it was difficult to observe a consistent clustering of data.
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Figure 6. t-SNE visualization of the dataset. Every dot represents an animal described with features
extracted from the pixels of its 15 ROIs. Plots present different feature extraction statistics: (a) the mean;
(b) the standard deviation; (c) the kurtosis; (d) the mean, after removing the global mean temperature
of an animal from all pixel values. Notice that the examples in Plot (a) form clusters that correspond to
the species of the animal, although some examples are in the wrong cluster.

The visualization of thermal maps for horses in this study is presented in Figure 7 and for donkeys
in Figure 8. As visual comparison of the images reveals that visible temperature patterns were more
complex for horses, e.g.: average temperature values for horses H.8, H.13 were globally higher; GOR 8
Abdomen was visibly warmer for horses H.4, H.7, H.8, H.3; and GOR 4 Hindquarter was visibly warmer
for horses H.4, H.7, H.8, H.10, H.13.

The donkey temperatures were more uniform. Temperature values in GOR 5 Rump were visibly
lower than in other GORs, while in GOR 2 Front quarter, warm areas were observed. A comparison
of the histograms for four selected GORs is presented in Figure 9, where it can be observed that the
overlap between histograms is greater for GOR 2 than for GOR 5.

To highlight the visible patterns, individual thermal maps for two example animals are presented
in Figure 10. Visual examination of, e.g., the GOR 2 Front quarter in Figure 10c,d reveals how the
characteristic patterns are usually associated with groups of ROIs rather than an individual ROI.
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Figure 7. Thermal maps of annotated ROIs for horses in our dataset.
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Figure 8. Thermal maps of annotated ROIs for donkeys in our dataset.
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Figure 9. Comparison of temperature histograms between animal species in identified characteristic
areas corresponding to selected groups of ROIs: (a) GOR 2 Front quarter; (b) GOR 4 Hindquarter; (c) GOR
5 Rump; (d) GOR 9 Groins. Horses are represented in red and donkeys in blue.
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Figure 10. Selected examples of two animals from the dataset. The color map values tc for images
in the upper row are scaled to the common range, which makes them easy to compare: (a) horses;
(b) donkeys. Images in the bottom row are scaled to the minimal and maximal temperatures in the
annotated ROIs of each animal, which highlights individual thermal patterns: (c) horses; (d) donkeys;
e.g., warm horse’s GORs Abdomen and Neck, cool donkey’s GOR Rump, and warm donkey’s GOR
Front quarter.

Thermal patterns for both species, i.e., the differences in the temperatures between designated
GORs, are presented in Figure 11. For both species, GORs Rump and Legs were consequently colder than
the others, while GORs Neck and Front quarter were warmer. The majority of differences were globally
significant (p < 0.001). For horses, there were five exceptions: Neck/Front quarter, Trunk/Ventral aspect,
Trunk/Abdomen, Ventral aspect/Abdomen, and Rump/Legs. For donkeys, there were only two exceptions:
Ventral aspect/Abdomen and Trunk/Groins.

However, as for the local significance of differences, for horses, there were only five patterns that
consequently appeared for all animals: Dorsal aspect/Front quarter, Groins/Trunk, Groins/Hindquarter,
Legs/Neck, Legs/Front quarter. On the contrary, for donkeys, there were 21 such patterns,
which indicates that donkeys were individually more consistent with the global trend.

163



Animals 2020, 10, 2201

A summary of the pattern similarities between both species is presented in Figure 12. Figure 12a
presents patterns that are similar for both species, e.g., the relation in temperatures between GORs
Rump and Neck was the same for both species (the GOR 5 Rump was colder than the GOR 1 Neck),
and this relation was globally, statistically significant (p < 0.001), which is indicated with the green
color (the similar and globally statistically significant (SPS) class) in the image. Figure 12b presents the
minimal number of animals in each species that shared the corresponding pattern, e.g., for the pair
Rump and Neck, there existed at least 15 horses and 15 donkeys for which the pattern was also locally,
statistically significant (p < 0.001). The majority of patterns fell under the SPS class, which supports
the thesis about the similarities in the patterns for both species. In addition, the dissimilar patterns
were most common in GOR 6 Dorsal aspect and GOR 3 Trunk.
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Figure 11. Thermal patterns and statistically significant differences between GORs. The upper
panels present the matrix of differences within one species: (a) horses; (b) donkeys; e.g., the value
M∆

[4,0] = −2.12 in the cell [4, 0] in Panel (a) is the difference between the mean temperatures for the pair
Rump and Neck, indicating that the Rump GOR is colder. Bold font indicates “global” statistical
significance of this difference (p < 0.001). The bottom panels present tables for (c) horses and
(d) donkeys, with the number of animals for which the corresponding temperature difference in the
table above is statistically significant considering individual thermal pattern of this animal (p < 0.001);
e.g., the value ML

[4,0] = 15 in Panel (c), which indicates that the pattern Rump and Neck is locally
significant for 15 horses. A stable pattern should be statistically significant simultaneously for all data
combined and for each of the 16 animals of a given species.
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Figure 12. Comparison of thermal patterns for both species: (a) division of thermal patterns into six
classes: SPS denotes thermal patterns that are similar and globally statistically significant (p < 0.001)
for both species; SP: similar patterns, but not significant; HWS: opposite patterns where horses are
warmer (and donkeys colder), which are statistically significant; HW: same as HWS, but not significant;
HCS: significant patterns where horses are colder (and donkeys warmer); HC: same as HCS, but not
significant. Note that the SPS class is the most common, which suggests the global similarity of patterns.
(b) The minimum number of animals that locally confirm the global trend for classes SPS, HWS, and
HCS, i.e., for both species, at least this number of animals share a given pattern individually (p < 0.001).
Note that the maximum value in the table is 16, which indicates a stable pattern.

4. Discussion

To the best of the authors’ knowledge, this study is the first to describe the whole body surface
thermal patterns of donkeys using infrared thermography. Since there are many applications of IRT
in horses’ veterinary diagnostic procedures, training monitoring, and welfare evaluations, the initial
comparison between species is essential for further donkey IRT applications. Therefore, the motivation
of this work is to contribute to a better understanding of the normal thermal pattern for rested donkeys.

The surface temperatures of the horses in our study were on average higher than those of the
donkeys, and also, their individual temperatures varied more within the species. This was largely
due to the differences in the thermal properties of the skin and the hair coat. The skin and the
subcutaneous fat were thicker and the hair coat was longer in donkeys than in horses (see the values
in Table 1), providing a better thermal insulation for donkeys. Recent results suggest that the hair coat
properties of donkeys and horses are significantly different [38], even in animals with shorter hair
than in this study. This difference might be due to the considerably large seasonal variation in hair
weight and length typical for horses, but not for donkeys, or different breeds of horses participating in
our research (Polish-native warmblooded horses/ponies) compared to [38] (U.K.-native coldblooded
horses/ponies).

The use of a heterogeneous group of donkeys and horses in terms of their breed is one of the
limitations of this research. It should be taken into account that the horse breed affects coat growth [43].
Therefore, there is a considerable variation in the thermal insulation of the coat between different
breeds [44]. In this study, individuals in both groups could differ in skin thickness and/or hair
coat, which could influence their thermal insulation and thermal patterns. This is well visible in
the case of a long-haired donkey (pure-bred Poitou donkey D.17). On the other hand, the SD of
each hair length measurement was less than one-quarter of the mean, which indicates an acceptable
homogeneity. However, differences in the properties of the hair coat and skin within breeds, as well as
other breed-related features could not be excluded as a factor that influenced the presented results.
Further studies should consider a larger panel of populations, e.g., different breeds represented
by a larger number of individuals. Similar studies were carried out on the warmblooded horses,
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and the comparison of the superficial body temperatures between thoroughbreds, Arabian, and Polish
half-breed horses was reported in [45]. Thoroughbreds were reported as significantly warmer than
Arabian and Polish half-breed horses at most ROIs located on a distal part of the limbs and back region.
However, no differences in measured temperatures between Arabian and Polish half-breeds were
observed [45]. The authors did not find a comparison of whole body temperature patterns between
other breeds, especially Polish-native warmblooded ponies, in the available literature. In recent studies,
the strong relationship between BCS (body condition score) and SF-Skin, for both donkeys and horses,
was demonstrated [37,46]. The higher SF-Skin thickness in donkeys than in horses in this study may
indicate greater adiposity of donkeys and thus better insulation. As a result, slight local changes in
donkey surface body temperature may be difficult to observe. This makes the warm area visible in regio
scapularis associated with the GOR 2 Front quarter particularly interesting. Additionally, it suggests
the validity of animal temperature analysis through comparing the characteristics of different regions
of a given animal.

4.1. Similarities in Thermal Patterns of Horses and Donkeys

It was determined in this study that patterns in IRT images were often visible in groups of ROIs,
and a methodology of assessing these patterns based on the difference of temperatures in groups
was proposed. Figure 12 shows that the thermal patterns for both species share similarities: 77.8% of
patterns visible in Figure 12a were similar and statistically significant (p < 0.001); 8.9% of patterns
were the opposite; and the rest of them could not be statistically confirmed. For 88.8% of globally
significant patterns, half or more individual animals from every species shared this pattern. In the
authors’ opinion, this supports the thesis about similarities in IRT images of both species.

The results presented in Figure 11 indicate that donkeys were more “uniform” in their GORs,
which resulted in larger maximum differences between GORs and the fact that more individual animals
shared the global trend, when compared with horses.

The opposite thermal patterns were usually associated with the GORs Dorsal aspect and Trunk.
Both GORs cover a relatively large area of the animal’s body, which raises the question of whether a
more granular segmentation of these areas would allow for the discovery of further similarities.

An important question is whether the trends observed in the studied dataset are characteristic
of the entire population. As the number of cases was limited by practical considerations, we believe
that our results should be treated as a significant indication of the existence of the relationships
described. At the same time, we emphasize the need to further verify these conclusions in a larger
population. To facilitate this, all research data related to this study are available to the public under
open licenses. However, the authors speculate that many imaging approaches applied successfully in
equine veterinary medicine [1,25] can also be used for donkey IRT imaging, subject to the visualization
conditions presented here. The IRT may become a useful diagnosis tool in donkeys, particularly
in the field of orthopedics [5–7,14] or effort assessment [21,22,24], but even in the field of animal
welfare [2,18,33]. Given the increase in general interest in donkeys, as milk producers, companion
animals [33], and working animals under a saddle and in a harness [47], the new noninvasive imaging
approaches in donkeys are in demand.

4.2. Special Cases

The two animals identified as outliers, i.e., D.17–18, allowed for an interesting study of how
general or specific the proposed thermal patterns were. The visualization of the differences between
the patterns of these animals and the rest of the donkeys is presented in Figure 13. In Panels b and
c, the green color indicates the compliance of the animal thermal pattern with the global trend, i.e.,
the difference for a given pair of GORs has the same sign, and it is statistically significant (p < 0.001)
for the animal. Thermal patterns for the donkey D.17 with a thick hair coat were usually in line with
the global pattern, except for four pairs of GORs, where the statistical significance of the local animal
pattern could not be confirmed. The patterns of the donkey D.18 were much less in line with the global
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pattern. This was an expected result, as the patchy hair losses visibly affected its thermal characteristics
in the image. This also suggests that the proposed thermal patterns may be the basis for creating
temperature indexes, as, e.g., in [2], or features for detecting anomalies. The temperature difference
matrices for these two animals are provided in Figure A2 in Appendix A.
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Figure 13. Differences between donkeys D.17 and D.18, outlier cases, and the rest of the donkeys, i.e.,
animals D.1-16. The upper panels present thermal maps of the two cases: (a) donkey D.17; (b) donkey
D.18. Donkey D.17 was colder than other animals due to its long hair length. Donkey D.18 had an
unusual pattern of warm areas resulting from patchy hair loss. Bottom plots show differences in the
thermal patterns of these donkeys compared to the global pattern of other donkeys: (c) donkey D.17
compared to other donkeys; (d) donkey D.18 compared to other donkeys. The S class (green) indicates
that the individual animal pattern was in line with the global trend, and class NS (red) indicates
the opposite.

5. Conclusions

The results of this study indicate that the characteristic thermal patterns of both horses and
donkeys are mostly associated with groups of ROIs (GORs) rather than an individual ROI. Based on
this observation, the thermal pattern is defined as a statistically significant difference between the
mean temperatures of the designated GORs for a given animal species. The thorough verification of
the significance (both globally for all data and locally for individual animals) reveals the similarity for
the majority of proposed thermal patterns in both studied species. It is worth noting that the thermal
patterns of the donkeys are more uniform than those of the horses, and the donkeys are individually
more consistent with the global trend. The average surface temperatures compared within the proposed
thermal patterns are higher for the studied horses than for the donkeys, which may be related to
different thermal properties of their skin and hair coat.
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Figure A1. Histograms of temperatures for every ROI. The red color denotes horses, and the blue color
denotes donkeys. The last plot presents the combined histogram for all ROIs.
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Figure A2. Thermal patterns, i.e., statistically significant (p < 0.001) differences between the mean
temperatures in GORs for the two donkeys identified as outliers (see Section 2.1): (a) donkey D.17;
(b) donkey D.18. Bold font indicates the statistical significance of the difference for the given pattern
(p < 0.001).
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Simple Summary: Spermatogenesis and steroidogenesis are key functions of the testes. Molecular
markers that identify each stage of germ cells and Leydig cells can identify and isolate specific germ or
Leydig cells. Protein gene product (PGP)9.5 is observed in neuroendocrine cells and tumors; it is also
used for the immunohistochemical detection of spermatogonial stem cells (SSCs) in various species of
animals. It was found that the immunolabeling of PGP9.5 in testicular tissue was not observed in the
seminiferous tubules in the pre-pubertal stage. However, in the post-pubertal stage, spermatogonia
were immunolabeled with PGP9.5. Interestingly, some Leydig cells were immunolabeled with PGP9.5
in both pre- and post-pubertal stages. This study reflects that the PGP9.5 antibody can be used as a
tool to identify and isolate spermatogonia from seminiferous tubules in the post-pubertal stage of
donkey testes.

Abstract: Molecular markers can be used to identify and isolate specific developmental stages
of germ cells and Leydig cells. Protein gene product (PGP)9.5 expression in spermatogonia and
Leydig cells has been reported in several species. The stages of spermatogonia and Leydig cells
expressing PGP9.5 vary depending on the species and reproductive stages. Thus, the objectives
of this study were (1) to identify the localization of PGP9.5 in donkey testicular cells, and (2) to
compare the expression patterns of PGP9.5 in donkey testicular cells between pre- and post-pubertal
stages. Testes samples were collected following the routine field castration of six donkeys. Western
blotting was performed to verify the cross-reactivity of the rabbit anti-human PGP9.5 antibody to
donkey testes. Immunofluorescence was performed to investigate the expression pattern of PGP9.5
in testicular tissues at different reproductive stages. In Western blotting, the protein band of the
PGP9.5 antibody appeared at approximately 27 kDa, whereas the band was not observed in the
negative control treated with normal mouse IgG. In the pre-pubertal stage, the expression of deleted
in azoospermia-like (DAZL) was found in some spermatogonia in pre-pubertal testicular tissues.
However, the immunolabeling of PGP9.5 in testicular tissue was not observed in the seminiferous
tubules. In stages 1 and 2, spermatogonia were immunolabeled with either PGP9.5 or DAZL.
In contrast, PGP9.5 and DAZL were co-immunolabeled in some of the spermatogonia in stages 3 to 8.
Interestingly, some Leydig cells were immunolabeled with PGP9.5 in both pre- and post-pubertal
stages. In conclusion, the PGP9.5 antibody can be used as a tool to identify and isolate spermatogonia
from seminiferous tubules.

Keywords: PGP9.5; donkey; testes; spermatogenesis
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1. Introduction

Spermatogenesis and steroidogenesis are key functions of the testes. Molecular markers that
identify each stage of germ cells and Leydig cells can identify and isolate specific germ or Leydig cells.
Using tools such as molecular markers, biological processes for the proliferation and differentiation
of germ and Leydig cells can be explored. These markers can also be applied to develop advanced
assisted reproductive techniques such as spermatogonial stem cell (SSC) or Leydig cell transplantation
and diagnose subfertility or infertility in donkeys.

Previous studies have examined molecular markers for germ cells. Glial cell-derived neurotrophic
factor family receptor alpha-1, promyelocytic leukemia zinc finger, and colony-stimulating factor
1 receptor were found to be markers for SSCs [1]. In a previous study, our laboratory reported
that a co-immunolabeling system with undifferentiated embryonic cell transcription factor 1 (UTF1)
and deleted in azoospermia-like (DAZL) could be used to identify undifferentiated (UTF1 only),
differentiating (UTF1 and DAZL), or differentiated spermatogonia (DAZL only) [2]. Thus, the ability
to more efficiently detect more molecular markers that can identify various stages of germ and Leydig
cells would be beneficial.

Protein gene product (PGP)9.5, also known as ubiquitin C-terminal hydrolase L1 (UCHL1),
was initially found to be expressed in neuroendocrine cells and tumors [3]. The function of PGP9.5 is to
increase the available pool of ubiquitin that can attach to the proteins which are about to be degraded
by the proteasome [4]. The expression of PGP9.5 was also reported in reproductive systems such
as the testes in several animals, which include mice [5], cattle [6], pigs [7], sheep [8], and goats [9].
The expression of PGP9.5 was detected in spermatogonia and Leydig cells, but the immunolabeling
pattern varies depending on the species. In addition, the PGP9.5 was immunolabeled in a reproductive
stage-dependent manner. Thus, to confirm the localization of PGP9.5 in testes, the expression patterns
of the marker must be tested in each species at different reproductive stages.

We recently reported that PGP9.5 was expressed in the germ cells adjacent to the seminiferous
tubule membrane and cytoplasmic area of Leydig cells in stallions [10]. Based on the results of our
study and other previous studies, we hypothesized that PGP9.5 is expressed in donkey testes, and it
can be used as a marker for specific stages of germ cells and Leydig cells.

Thus, the objectives of this study were (1) to identify the localization of PGP9.5 in donkey testicular
cells, and (2) to compare the expression patterns of PGP9.5 in donkey testicular cells between pre- and
post-pubertal stages.

2. Materials and Methods

2.1. Testicular Sample Preparation

Testes were collected following the routine field castration of six donkeys from a private farm in
Icheon, South Korea. The reproductive stages of donkeys were categorized based on the morphological
characteristics of the cross sections of seminiferous tubules within donkey testes. Following castration,
the testes were directly transported to the laboratory in a 4 ◦C icebox. The testes samples were then cut
into small pieces (approximately 1 cm3), and the tissues were treated with paraformaldehyde for at
least 24 h at room temperature. During the dehydration process, the sample tissues were immersed
in phased ethanol concentrations of 25%, 50%, 70%, 80%, 90%, and 100%. Then, the tissues were
embedded in paraffin blocks, and the tissue pieces (1 mg each) were snap-frozen in liquid nitrogen and
stored at −80 ◦C for further Western blotting.

2.2. Western Blotting

Western blotting was performed to verify the cross-reactivity of rabbit anti-human PGP9.5
(7863-2004, Bio-Rad, Hercules, CA, USA) to the PGP9.5 present in donkey testes according to the
previously reported protocol with minor modifications [2,11]. The testicular samples, which had
been stored at −80 ◦C, were thawed at room temperature and homogenized using a Polytron PT
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1200 CL homogenizer (Kinematica AG, Littau, Lucerne, Switzerland). Sample preparation buffer (0.5 M
Tris-HCL (pH 6.8), 0.1% glycerol, 10% sodium dodecyl sulfate (SDS), 0.05% 2-β-mercaptoethanol,
and bromophenol blue in distilled water) was used to dilute the concentration of quantified protein to
2 mg/mL. After being heated in a boiling water bath for 15 min, 15-µL samples were loaded onto a 10%
SDS-polyacrylamide gel and separated using a Mini-Protean system (Bio-Rad, Hercules, CA, USA).
The samples were electrotransferred to a polyvinylidene difluoride membrane (Millipore) and blocked
with skim milk (BD Biosciences, San Jose, CA, USA). The membrane was incubated with PGP9.5
antibody diluted to 1:500 in skim milk overnight at 4 ◦C. For the negative control, the membrane was
treated with normal mouse immunoglobulin G (IgG) at the same concentration of primary antibody.
Horseradish peroxidase-conjugated anti-mouse IgG diluted in skim milk (1:10,000) was used as a
secondary antibody.

2.3. Immunofluorescence

Immunofluorescence was performed using a previously described protocol [12]. The testicular
tissues (5 µm), which were attached to the slides, were then deparaffinized using xylene solution.
The tissues were dehydrated with a series of ethanol baths (100%, 95%, 80%, 50%, and 25%), treated in
a citrate buffer for 30 min at 97.5 ◦C for antigen retrieval, and cooled via a cooling process for 30 min
to room temperature. The slides were blocked with 5% donkey serum (Sigma, St. Louis, MO, USA)
diluted in phosphate-buffered saline. The slides were co-stained with mouse anti-human PGP9.5
antibody and goat anti-human DAZL antibody diluted in blocking buffer at the ratio of 1:1000 and
1:100, respectively. Donkey anti-mouse IgG (Alexa Fluor 488, Thermo Fisher Scientific, Waltham,
MA, USA) and donkey anti-goat IgG (Alexa Fluor 594, Thermo Fisher Scientific, Waltham, MA, USA)
were used as secondary antibodies.

2.4. Imaging

Immunolabeling of the sample tissues was observed using a Leica DM2500 fluorescent microscope
(Leica, Wetzlar, Germany). The microscope was equipped with an EL 6000 external light source (Leica).
Green and red fluorescent expressions were observed using a dual-emission fluorescein-5-isothiocyanate
(FITC)/ tetramethyl rhodamine isothiocyanate (TRITC) filter. Cells showing green or red fluorescence
were considered positive for either PGP9.5 or DAZL, whereas cells with no fluorescence were considered
negative. The immunolabeled images were captured using a Leica DFC 450 C digital camera.

3. Results

3.1. Cross-Reactivity of the PGP9.5 Antibody in Donkey Testes

The cross-reactivity of the PGP9.5 antibody in testicular tissues of pre-pubertal and post-pubertal
donkeys was evaluated using Western blot analysis. The protein band appeared in the PGP9.5 antibody
at approximately 27 kDa (Figure 1). However, the band was not observed in the negative control
lane that was treated with normal mouse IgG with the same concentration as the primary antibody.
The β-actin band, which was used for positive control, was also detected at an approximate molecular
weight of 45 kDa in donkey testes. This result proves that the mouse anti-human PGP9.5 antibody
used in this study suggests cross-reactivity for the PGP9.5 protein of donkey testes.
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Figure 1. Cross-reactivity of protein gene product (PGP)9.5 in donkey testes. The PGP9.5 protein
band appeared at the molecular size of approximately 27 kDa. The β-actin band was also detected at
approximately 45 kDa in donkey testes. The negative control lane was treated with normal mouse IgG
with the same concentration as the primary antibody and showed no bands.

3.2. Identification of Reproductive Stageof Donkey Testes

The reproductive stage of donkeys is characterized according to the seminiferous tubular
morphology. The testes sample of pre-pubertal donkeys had relatively undeveloped seminiferous
tubules with lumen closing (Figure 2a,b). In contrast, the seminiferous tubules of post-pubertal donkeys
had all developmental stage of germ cells with lumen opening (Figure 2c,d).

Figure 2. Cont.
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Figure 2. Morphological characteristics of seminiferous tubules of pre- and post-pubertal donkey with
H&E staining. Pre-pubertal donkey testes had undeveloped seminiferous tubules with lumen closing
(a,b). In contrast, post-pubertal donkeys had all developmental stage of germ cells with lumen opening
gin the seminiferous tubules (c,d). The size bar = 50 µm.

3.3. PGP9.5 and DAZL Expression in the Testes of Pre-Pubertal Donkeys

The deleted in azoospermia-like (DAZL) is a molecular marker for undifferentiated spermatogonia
of pre-pubertal donkeys [10]. In this study, the expression of DAZL was detected in the spermatogonia
in pre-pubertal testicular tissues (Figure 3c,d,e). The immunolabeling of PGP9.5 in testicular tissue
was not observed in germ cells in the seminiferous tubules. However, the cytoplasms of myoid cells
located basal lamina in seminiferous tubules were immunostained with PGP9.5 (Figure 3b,d,e).

Figure 3. Immunostaining of PGP9.5 and deleted in azoospermia-like (DAZL) in the seminiferous
tubules of pre-pubertal donkeys. Testicular tissue stained with IgG showed no immunolabeling
(a). PGP9.5 immunolabeling was detected in the cytoplasms of myoid cells (b,d,e). The DAZL
immunolabeling was detected in the cytoplasm of germ cells (c,d,e). The white arrowhead indicates
myoid cells immunolabeled with PGP9.5. The red arrowhead indicates germ cells immunolabeled with
DAZL. The size bar = 50 µm.

3.4. PGP9.5 and DAZL Expressions in Testes of Post-Pubertal Donkeys in Different Seminiferous Epithelium
Cycle Stages

The stages of the seminiferous epithelium cycle of donkey testes were categorized with eight stages
following the results of previous studies [13,14] to determine the germ cell types immunostained with
PGP9.5. The DAZL is a molecular marker of undifferentiated spermatogonia and primary spermatocytes
in the post-pubertal stage of donkeys [10]. Most spermatogonia and primary spermatocytes near the
basal membrane of seminiferous tubules were immunostained with DAZL antibody in all reproductive
stages (Figure 4a(3–5), b(3–5), c(3–5), d(3–5), e(3–5), f(3–5), g(3–5), and h(3–5)). In addition, PGP9.5
displayed positive expression in spermatogonia in all eight different stages of the seminiferous
epithelium cycle (Figure 4a(4–5), b(4–5), c(4–5), d(4–5), e(4–5), f(4–5), g(4–5), and h(4–5)). The PGP9.5
was co-immunolabeled with DAZL from stages 3 to 8 (c(4–5), d(4–5), e(4–5), f(4–5), g(4–5), and h(4–5)),
whereas PGP9.5 and DAZL were immunolabeled, respectively, in spermatogonia in stages 1 and 2
(Figure 4a(4–5) and b(4–5)).
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Figure 4. Reproductive stage-dependent expression of PGP9.5 and DAZL in the spermatogonia of a
post-pubertal donkey. PGP9.5 immunolabeling was discovered in the cytoplasm of spermatogonia
in the post-pubertal stage co-stained with DAZL (a–h). The white arrowhead indicates germ cells
immunolabeled with PGP9.5. The red arrowhead indicates germ cells immunolabeled with DAZL.
The size bar = 50 µm.
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3.5. Expression of PGP9.5 in Leydig Cells of the Testes of Donkeys

Leydig cells were immunolabeled with the PGP9.5 antibody at both the pre-pubertal and
post-pubertal stages (Figure 5a–h). At both reproductive stages, PGP9.5 expression was localized in
the cytoplasm of Leydig cells.

Figure 5. Expression of PGP9.5 in Leydig cells of pre- and post-pubertal donkeys. Testicular tissue
stained with IgG showed no immunolabeling (a,e). The expression of PGP9.5 was observed in the testes
of pre-pubertal (b–d) and post-pubertal (f–h) donkeys. The white arrowheads indicate Leydig cells
stained with PGP9.5. The yellow arrowheads indicate Leydig cells without PGP9.5 staining. The white
bar = 50 µm.

4. Discussion

This study was conducted to find molecular markers to specify germ cell developmental stages in
donkey testes. First, we demonstrated the cross-reactivity of each antibody to its respective protein in
the testicular tissues of donkeys using Western blot analysis. The PGP9.5 protein band appeared at the
adequate molecular size (~27 kDa). The antibodies also had cross-reactivity with PGP9.5 expressed in
donkey testicular tissues, similar to a result seen in horses [15]. UCHL1 mRNA of horses is 99.44%
identical with donkey mRNA based on the sequence analysis. The similar immunolabeling pattern
of UCHL1 between horse and donkey testes appears to be due to high rate of sequence similarity.
In addition, in the study of chromosomal polymorphisms in the genus Equus, authors suggested that
the chromosome arms are homologous in UCHL1 [16]. Such results indicate that the structural motifs
recognized by the PGP9.5 antibody are identical in the two species.

PGP9.5 is observed in neuroendocrine cells and tumors; it is also used for the immunohistochemical
detection of SSCs in several animals such as mice [17], bovines [18], goats [9], and porcine [19]. Since SSCs
exist in the testes of either pre-mature or mature males, we expected that the expression of PGP9.5 is
present in both the pre- and post-pubertal tissues of donkeys. However, in the pre-pubertal stage, PGP9.5
was not immunolabeled in germ cells, while post-pubertal stage spermatogonia were immunolabeled
with the PGP9.5 antibody. This result indicates that PGP9.5 expression in spermatogonia is reproductive
stage-dependent in the donkey.

PGP9.5 is an essential modulator for germ cell apoptosis in testes [20–22]. The apoptosis of germ
cells regulates the number of germ cells by modulating dynamic cell differentiation of spermatogenesis.
In addition, apoptosis can eliminate defective germ cells during active spermatogenesis to maintain
testicular homeostasis [23,24]. During the pre-pubertal period, the gonocytes are gradually replaced
with spermatogonia, which is reserved, rather than undergoing active differentiation [25,26]. The static
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condition of spermatogenesis during the pre-pubertal stage may be why PGP9.5 expression was not
expressed in the seminiferous tubules of pre-pubertal donkeys.

In post-pubertal tissues, seminiferous tubules were categorized with eight different cyclic stages
based on the stage of the seminiferous epithelium cycle of the donkey [13,14]. In stages 1 and 2,
spermatogonia were immunolabeled with either PGP9.5 or DAZL. In contrast, the PGP9.5 and DAZL
were co-immunolabeled in some spermatogonia in stages 3 to 8. The distinct morphological difference
of spermatogonia immunolabeled with PGP9.5 only compared to immunolabeled with PGP9.5 and
DAZL was the absence of cytoplasmic bridges. Type A SSCs do not have cytoplasmic bridges with
which progenitor cells are connected [27]. Thus, spermatogonia immunolabeled with PGP9.5 only
should be SSCs in donkeys. We previously reported that DAZL might be a marker for differentiating
and differentiated spermatogonia and primary spermatocytes in donkeys [10]. Thus, germ cells stained
with DAZL only in stages 1 and 2 appear to be differentiating spermatogonia. In the stages of 3 to 8,
several PGP9.5-positive spermatogonia were connected with cytoplasmic bridges and placed adjacent
to the membrane of seminiferous tubules. This result also indicates that PGP9.5 is expressed in the
cytoplasmic area of spermatogonia A and B.

Interestingly, Leydig cells of donkeys were also immunolabeled with PGP9.5 at both pre- and
post-pubertal stages in this study. Our finding is consistent with previous research in other species such
as horses [15] and humans [28], showing the strong intensity of immunolabeling in the cytoplasmic area
of Leydig cells. However, this result is contrary to the results found in domestic dogs [29] and mice [17].
The results of those studies suggest that PGP9.5 expression in Leydig cells is species-dependent.
In horses, all types of Leydig cells were immunolabeled with PGP9.5 [15]. In contrast, in donkey
testes, some Leydig cells were immunolabeled with PGP9.5 in both pre- and post-pubertal stages.
Based on the developmental stages, different stages of Leydig cells can be identified as stem, progenitor,
immature, adult, or aged Leydig cells [30]. In this study, we could not identify the stages of Leydig
cells immunolabeled with PGP9.5. Interestingly, in the pre-pubertal stages, various Leydig cells were
immunolabeled with PGP9.5, whereas PGP9.5-positive Leydig cells had a round nucleus and wide
cytoplasmic area, assuming that Leydig PGP9.5-positive cells are adult Leydig cells. However, further
study should be conducted to confirm the developmental stages of Leydig cells expressing PGP9.5
at different reproductive stages. The results of this study indicate that PGP9.5 is a critical molecular
marker for the study of donkey Leydig cell development.

5. Conclusions

In conclusion, PGP9.5 expresses in germ cells and Leydig cells differently depending on the
reproductive stage. PGP9.5 antibody can be used as a marker to identify undifferentiated, differentiating,
and differentiated donkey spermatogonia. This antibody can also be used as a marker to study the
development of Leydig cells in donkey testes.
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Simple Summary: Reports or descriptions of medical management of thermal injuries in donkeys is
lacking. Four donkeys sustained burn injuries during the wildland–urban interface fire in Valparaiso,
Chile, in 2014. The donkeys received first aid care at the scene of the fire, and then were hospitalized
and treated for three months for thermal injuries, of various degrees of severity, in several body parts.
The clinical findings and treatment of four of the donkeys are described in this paper. All donkeys
recovered and were retired to an animal shelter.

Abstract: Burn injuries are uncommon in large animals and there are no reports of these injuries
in donkeys. Burns cause local and systemic effects. Extensive thermal injuries can be challenging
to manage and the extent of the burn surface affected will directly impact the severity of the
illness and the prognosis. Burns are classified according to the depth of injury into four categories,
from first-degree burns, and the least affect to fourth-degree burns, which are the more severely
affected patients. This case report describes the medical management of four donkeys that sustained
various degrees of external burn injuries during the wildland–urban interface fire in Valparaiso, Chile.
The donkeys were treated topically for several weeks and closely monitor for inadequate nutritional
intake. Water based topical medications are preferred in burn cases because they can be easily applied
and removed without interfering with wound healing. Of note, the caloric demands of these cases
can be achieved by increasing the amount of grain, adding fat (i.e., vegetable oil), and free-choice
alfalfa hay. All donkeys recovered and were retired to an animal shelter.

Keywords: donkeys; thermal injurie; burns; fire

1. Introduction

Burns are damage to body tissues caused by the action of high temperature or hot solutions,
lightning, friction, abrasions, or certain chemicals (alkalis, acids, salts of heavy metals) [1]. Burns are
uncommon in horses and there are no reports of thermal injuries in donkeys in scientific literature.
Emergency treatment guidelines are extrapolated from human and equine medical literature [2–6].

From 12 to 14 April 2014, a wildland-urban interface (WUI) fire occurred at a catastrophic scale.
Over 2827 acres were burned, 11,000 people affected, and 2900 homes destroyed in Valparaiso, Chile.
WUI fires occur more frequently during periods of drought and climate change. The wildfires also
significantly affect land used for agriculture and wildlife habitats, injuring and killing large numbers of
wildlife and farm animals. Valparaiso has a peculiar topography characterized by 45 hills, and the risk
for wildfires exist in most parts of rural areas every summer. The city of Valparaiso was declared a World
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Heritage Site by United Nations Educational, Scientific and Cultural Organization (UNESCO) in 2003.
The estimated number of affected domestic animals associated with the WUI fire was 146 (70 horses,
33 donkeys, 29 goats, 11 pigs, 2 cows, and 1 sheep), of which many of them died. Many of those
animals were examined and treated by veterinarians for burns and/or smoke inhalation. Four donkeys
suffered burns, two of them severe, requiring long-term hospitalization, and costly medical treatment,
therefore, the owner donated the donkeys to the Veterinary Clinic Service of Viña del Mar University.

During fires, thermal injuries are caused by direct exposition to the flames and/or inhalation
of toxic gases [7]. Inhalation injury is a common sequel of closed-space fires and develops through
three mechanisms: direct thermal injury, carbon monoxide poisoning, and chemical insult [4].
Horses exposed can suffer respiratory injury of varying degrees, ranging from mild irritation to
severe smoke inhalation-induced airway or lung damage [8]. The extent of the burns can vary in terms
of the surface area affected and the depth of tissue injury. Thermal injury can be life-threatening due to
subsequent denaturation of cellular metabolic processes and apoptosis, leading to necrosis [9].

Classification of the burn injuries is considered one of the more important determinants of
outcome. First-degree burns affect only superficial layers of the epidermis, causing erythema,
edema, and desquamation, and they heal without complication. Second-degree burns involve the
superficial and/or deep portion of the epidermis. Superficial second-degree burns affect the stratum
corneum, stratum granulosum, and a few cells of the basal layer; however, deeper burns involve the
epidermis, including the basal layers. Such burns are characterized by erythema and edema at the
epidermal-dermal junction, necrosis of the epidermis, accumulation of leukocytes at the basal layer of
the burn, eschar formation, and minimal pain [10]. These may heal within 3 to 4 weeks if further dermal
ischemia is prevented. Third-degree burns affect all layers of the epidermis and dermis, including the
adnexa. These burns heal by contraction and epithelialization from the wound margins and secondary
infections are common complications. Fourth-degree burns affect the skin and underlying muscle,
bone, ligaments, fat, and fascia [10–12].

In addition to the depth of the burn, the extent or total body surface area (TBSA) affected by
thermal injuries also needs to be assess. The “Wallace Rule of Nines” system used in human medicine
estimates the prognosis according to the extent of the burn. This system divides the body surface area
into regions that represent multiples of nine and allocates body regions as follows: each limb, head,
neck, thorax, and abdomen represent 9% [13]. Specific guidelines of the TBSA do not exist in large
animals [10–12]. Other evaluation methods are described [12].

Donkeys are particularly susceptible to hyperlipemia in stressful circumstances. It can progress
rapidly and is often life-threatening. Prompt diagnosis and treatment is required to improve the
outcome. If managed correctly, with an appropriate diet and regular (routine) preventive healthcare,
this risk can be minimized [14].

This report describes the medical management of veterinary care of thermal injuries in four donkeys.

2. Materials and Methods

History and Case Presentation

Case 1 (D1): a 7-year-old male donkey, weighing 150 kg was examined and treated within 2 h
after being burned. The donkey was kept in a small pen (10 × 10 m) with three other donkeys. Upon
physical examination, the body condition score (BCS) was 3/5, tachycardic 64 beats/min (reference range
36–52), tachypneic 30 breath/min (reference range 12–28), furthermore, the donkey had congested
mucous membranes. There were burn marks over the lips, face, ears, dorsum, and both front limbs.
All serous exudate was observed over the coronary bands in front limbs, but had a normal gait.
Immediate treatment included flunixin meglumine 1.1 mg/kg intravenously (IV) (83 mg/mL, Febrectal,
Drag Pharma Laboratory Chile Invetec S.A., Santiago, Chile); hosing with tap water (13 o 15◦C) all over
the body for 30 min to protect the tissue, and bandage with sterilized gauze and liquid paraffin gauze
dressing over the neck and back prior to transportation to the clinic 2 h later (Figure 1A).
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within 48 h of treatment; therefore, the bronchodilators were discontinued after three days. 

Figure 1. Donkey 1 received emergency medical attention for thermal injuries. (A) A large gauze
dressing was applied over his body and soaked with tap water. (B): corneal ulcer.

Approximately 12 h after the incident, the estimated TBSA was approximately 40–50%. Most of
the affected areas were classified as deep second-degree burns with some small areas of third-degree
burns on the distal area of the front limbs and face. There was also facial, abdominal, and limb edema.
The donkey was eating and drinking with difficulty (dysphagia—possibly caused by edema and pain).
He was placed on IV fluids with Hartmann’s solution 10 mL/kg bwt/h (Lactated Ringer’s solution,
Baxter, Toongabbie, New South Wales, Australia) for 3 h until he was stable and started to eat and
drink. Both eyes had bilateral corneal ulcers and uveitis (Figure 1B), with signs, such as epiphora,
blepharospasm, corneal edema, and episcleral congestion. Treatment with ophthalmic antibiotic ointment
containing zinc bacitracin 400 iu/g, neomycin sulfate 3.5 mg/g, and polymyxin B sulfate 6000 IU/g q 12 h
(Oftabiotico, Saval S.A. Laboratory, Santiago, Chile), ophthalmic atropine sulfate drops q 12 h × 2 days
(10 mg /mL, Atropina 1%, Saval S.A. Laboratory, Santiago, Chile), and dextran-70 lubricant drops 1 mg
with hidroxipropilmetilcelulosa 3 mg (Tears Naturale II, Alcon Laboratory Chile Ltd.a., Santiago, Chile)
was initiated several times a day. The eyes were treated with triple antibiotic ointment for six weeks,
and natural tear drops for four weeks.

A topical cream of sulfanilamide with zinc oxide was applied to the coronary bands (sulfanilamide 5 g,
zinc oxide 5 g, vitamin A 250,000 IU, vitamin D2 90,000 IU/100 g, Pomada Sulfavitaminada, Drag Pharma
Laboratory Chile Invetec S.A., Santiago, Chile).

Respiratory distress was observed, characterized by tachypnea, nostril flaring, and cough—a suspected
result from smoke inhalation; therefore, treatment with corticosteroid, dexamethasone sodium
phosphate 0.2 mg/kg IV (5,26 mg/mL, Hasyun, Drag Pharma Laboratory Chile Invetec S.A.,
Santiago, Chile) was administered. A parasympatholytic drug and beta-2 agonist inhalation therapy
by aerochamber (Aerofacidose Aerocamara A.E., Chile Laboratory S.A. Teva, Santiago, Chile),
using ipratropium bromide 0.8 µg/kg q 6 h (250 µg/mL, Atrovent, Boehringer Ingelheim International
GmbH, Rhein, Germany) and albuterol 2 µg/kg q 4 h (100 µg/doses, Sinasmal SF Salbutamol,
Chile Laboratory S.A. Teva, Santiago, Chile) were also administered. The aerochamber was placed
in one nostril and the opposite side was occluded (Figure 2). Airway endoscopy was performed the
second day (1800PVS9150, PortaScope, FL, USA), and mild to moderate irritation with hyperemia
of the mucous membrane from a common nasal meatus, and the first part of a ventral nasal meatus
of both nostrils, as well as mild hyperemia in the pharynx and trachea, were observed. The cough
resolved within 48 h of treatment; therefore, the bronchodilators were discontinued after three days.
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Figure 2. Use of the aerochamber for inhalator therapy in donkey 1, placed in the left nostril with the
opposite side occluded.

Complete blood cell count and serum biochemistry profile were performed on the second and eight
days post rescue (Biosystems BA400, Biosystems S.A., Barcelona, Spain). The first analysis, done at
day two, revealed: neutrophilia, increased alkaline phosphatase, muscle enzymes creatine kinase,
aspartate aminotransferase and triglycerides, decreased total protein and albumin, increased glucose,
and decreased total calcium and chloride concentration. Slightly cloudy serum was observed in the
clotted blood sample (Table 1).

Table 1. Serial complete blood count and serum biochemistry profile of two burned donkeys (D1–D2).

Parameters
D1 D2 D1 D2 D1 D2 RI

LRL-URLDay 2 Day 8 Day 15

RBC (×106/µL) 4.6 5.5 6.6 6.6 6.8 7.0 4.4–7.1
Hemoglobin (g/dL) 11.1 9.3 11.4 11.4 12.2 13.9 8.9–14.7

Hematocrit (%) 30.0 29.0 32.0 36.0 32.0 38.0 27–42
WBC (×109/L) 15.1 15.8 14.8 14.2 11.1 13.4 6.2–15.0

S. neutrophils (×109/L) 8.4 7.1 6.2 6.0 6.0 5.5 2.4–6.3
Lymphocytes (×109/L) 4.1 1.5 1.9 3.0 2.6 2.7 2.9–9.6
Eosinophils (×109/L) 0.3 0.1 0 0,7 0.1 0.1 0.1–0.9
Monocytes (×109/L) 0.2 0 0.1 0 0 0 0–0.75

Thrombocyte (×109/L) 210 146 167 117 133 158 95–384
Urea (mmol/L) 4.0 3.0 4.2 3.6 1.9 2.5 1.5–5.2
Creat (µmol/L) 55 72 81 87 70 82 53–118

ALP (U/L) 328 293 291 270 123 201 98–252
AST (U/L) 829 712 621 589 399 512 238–536
GGT (U/L) 26 20 36 41 29 36 14–69
CK (U/L) 1024 619 319 375 326 208 128–525

Trig (mmol/L) 4.2 3.2 2.5 2.1 2.2 1.8 0.6–2.8
Total Proteins (g/L) 55 48 58 62 71 58 58–76

Albumin (g/L) 21 19 23 22 26 28 22–32
Globulin (g/L) 33 46 39 41 35 47 32–48
Tbil (µmol/L) 0.9 0.3 0.9 1.0 2.1 2.2 0.1–3.7

Chol (mmol/L) 2.9 3.0 2.5 2.8 1.9 2.3 1.4–2.9
Glucose (mmol/L) 5.1 4.0 4.5 4.6 4.1 4.5 3.9–4.7
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Table 1. Cont.

Parameters
D1 D2 D1 D2 D1 D2 RI

LRL-URLDay 2 Day 8 Day 15

Calcium (mmol/L) 2.1 1.9 2.5 2.9 3.0 3.2 2.2–3.4
Na (mmol/L) 130 131 129 135 129 133 128–138
K (mmol/L) 3.5 5.0 3.9 4.1 4.9 3.9 3.2–5.1
Cl (mmol/L) 95 100 98 104 99 104 96–106

D1: case donkey 1; D2: case donkey 2; RBC: Red Blood Cells; ALP: Alkaline phosphatase; AST: Aspartate aminotransferase;
GGT: Gamma-glutamyl transpeptidase; Creat: Creatinine, BUN: blood urea nitrogen, CK: Creatine phosphokinase,
Tri: Triglycerides, Tbil: Total bilirubin, Cho: Cholesterol, Na: Sodium, K: Potassium, Cl: Chloride. RI = Reference interval.
LRL = Low RI. URL = Upper RL [14].

The second analysis at day 8 showed increased alkaline phosphatase, aspartate aminotransferase.
Blood analysis was repeated on day 15 of the hospitalization and all of the parameters were within
normal limits (Table 1). Antibiotics therapy was initiated with procaine g penicillin 20,000 IU/kg +

dihydrostreptomycin 15 mg/kg q 24 h intramuscular (IM)/7 days (200,000 IU procaine G penicillin
+ 250 mg dihydrostreptomycin sulfate/mL, (Pentril, Drag Pharma Laboratory Chile Invetec S.A.,
Santiago, Chile).

During the hospitalization time period (90 days), the burn surfaces, appetite, and pain level of the
donkey were monitored. The donkey appeared more comfortable, with good appetite, and showed
interest in socializing with other donkeys and his environment; these responses became evident since
day 7 in the clinic. The edema (described) was observed since the first day of the rescue and decreased
after 6 days, the skin became dry and sensitive to touch, and he experienced hair loss on his legs, neck,
and back.

Flunixin was given daily for pain control for 10 days since the rescue (3 days, 1.1 mg/kg q12 h, then
7 days, 1.1 mg/kg q 24 h IV), and continued with a natural product (devil’s claw 726 mg + Yucca schidigera
extract 954 mg + vitamin B12 10 mcg/ 10 mL, Bute-Less Paste, Absorbine, Massachusetts, MA, USA),
5 mL oraly q 24 h/15 days, supplement to discomfort and pain relief. Omeprazole 2 mg/kg per os
q 24 h/4 weeks (20 mg tablets, Omeprazole, Chile Laboratory S.A. Teva, Santiago, Chile) was given for
treatment and/or prevention of gastric ulceration.

During the following 2 weeks, the eyelids, ears, and back became dry, hairless, and painful,
and there was a loss of elasticity (Figure 3). Topical treatment with aloe vera gel was initiated twice
daily to exposed areas before washing and debridement. The pinna of both ears developed ulcers and
contracture of the cartilage.Animals 2020, 10, x 6 of 14 
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Daily skin care initially required sedation xylazine 0.5 mg/kg IV, with butorphanol tartrate
0.01 mg/kg IV (10 mg/ mL, Torbugesic, Zoetis, NJ, USA) as potent analgesic for the first six days
in the clinic. On day seven, sedation and potent analgesic for treatment was no longer required.
Local anesthetic instillation with lidocaine hydrochloride was used in some affected areas on the back
and face (20 mg/ 1 mL, Lidocalm, Drag Pharma Laboratory Chile Invetec S.A., Santiago, Chile).

Wounds were lavaged every 24–36 h, for debridement of devitalized tissue, and dead skin
was removed with sterile scissors or a hypodermic needle. The blisters were left intact, however,
gauze dressing with impregnated paraffin (Jelonet) was used in some areas where blisters opened.
Local antibacterial drugs were used every 24 h. The wounds were lavaged with chlorhexidine gluconate
solution (2 g/100 mL, Inveclor, Drag Pharma Laboratory Chile Invetec S.A., Santiago, Chile) and diluted
in water with sterilized gauze using gloves and triclosan (0.3%/100 g, Sanigermin, Sanitas S.A.
Laboratory, Santiago, Chile). A variety of topical products were used in conjunction with the dressings
for the following weeks: cream of Buddleja globosa (Matihorse, Drag Pharma Laboratory Chile Invetec
S.A., Santiago, Chile), raw honey, aloe vera, and nitrofurazone cream (0.2 g/100 g, Furasep Drag Pharma
Laboratory Chile Invetec S.A., Santiago, Chile). Nitrofurazone was used in areas with exudation and
erythema and, locally, raw honey on areas with less exudation and erythema. Dry skin areas were
treated with Jelonet, and then it was changed to Buddleja globosa cream. Fly repellent was used around
wounds (dichlorvos 1250 mg + triclosan, 500 mg/ 100 g, Moskation larvicida spray, Drag Pharma
Laboratory Chile Invetec S.A., Santiago, Chile).

Three weeks later, the donkey developed pruritus, which was treated with chlorpheniramine
maleate 0.5 mg/kg IV (50 mg/mL, Histamil, Troy Laboratories Pty. Limited, Glendenning, Australia)
as needed.

After 2 months, a thin layer of skin started to regrow. Exuberant granulation tissue on some areas
was periodically de-bulked. After 3 months, all treatments were discontinued, and most of the burned
areas had healed, but the area of the face and front limbs were without hair growth. At this time,
the only product used on his legs and body was aloe vera gel. His coronary bands from the front limbs
did not separate significantly, but a horizontal line of damage was evident around the hoof wall (1 cm
below the coronary band), walk, and trot sound.

Case 2 (D2): a 15-year-old female donkey, 120 kg, was examined with D1. The jenny appeared
anxious and painful. Upon physical examination, her BCS was 3/5, she was tachycardic (72 beats/min),
tachypneic (30 breath/min), and had congested mucous membranes and muscle tremors. Burns over
her face, neck, back, perineal area, vulva, and coronary band swelling of the left hind limb were
observed. She was transported to the clinic with the other affected animals and was treated, as per
case 1.

Her burns were classified as second-degree, with some areas with third-degree (perineal area);
estimated TBSA approximately 40–50%. She had bilateral corneal ulcers and uveitis, and her eyes were
treated with the same antibiotic ointments and regime as case 1. The left coronary band was inflamed
and a serious exudate was present; therefore, topic cream with sulfanilamide + zinc oxide was applied.
She was five-months in gestation, which was closely monitored at the clinic. Intravenous fluids with
Hartmann’s solution were administered at the same rate as described above, as well as flunixin and
omeprazole. Fluids were discontinued on the second day at the clinic, when the laboratory report
indicated adequate hydration. Moreover, she was eating hay with a good appetite at this time.

Complete blood cell count and serum biochemistry profile were performed in the clinic
similar to D1. The first blood analysis, taken at day two, revealed: neutrophilia, increased alkaline
phosphatase, muscle enzymes creatine kinase, aspartate aminotransferase, triglycerides and cholesterol,
decreased total protein and albumin, increased glucose, and decreased mineral calcium and chloride
concentration. Slightly cloudy serum was observed in the clotted blood sample (Table 1).

Antibiotic therapy started with procaine penicillin + dihydrostreptomycin IM, and for the skin,
aloe vera cream, at the same doses rates described in D1. The wounds from the skin were periodically
lavaged and cleaned using disinfectant, and a similar topic cream, as described in D1, removing the
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devitalized tissue when necessary (sedation and potent analgesic, described in D1, were previously
used). The pinna of the left ear also developed ulcers and permanent cartilage contracture, as D1.
A second blood analysis performed eight days post rescue showed increases in alkaline phosphatase
and aspartate aminotransferase. Concerning the third blood analysis performed on the 15th day of
hospitalization, all parameters were within normal limits (Table 1). Pruritus was evident on day 10;
therefore, the antihistamine product used was the same as D1. Over the next 2 weeks, her wounds
continued to improve and the burns re-epithelialized rapidly (Figure 4).
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The left coronary band lesion, increasing in size and lameness, was graded 2/5. Radiographs were
taken, which revealed no sign of distal phalangeal rotation. Flunixin meglumine (1.1 mg/kg) for pain
was continued, daily, for 12 days (3 days 1.1 mg/kg q12 h, then 9 days 1.1 mg/kg q 24 h IV), and the
supplement for pain relief was the same dose rates as D1. After six weeks, she could canter when
turned out into a paddock in the evenings, or early mornings, when the outdoor temperatures were
cooler. His left coronary band from the hind limb did not separate, but a horizontal line of damage
was evident around the hoof wall (1 cm below the coronary band).The jenny was discharged after
3 months of hospitalization. She was doing well on her 3- and 8-month pregnancy checks. She foaled
a healthy donkey foal after 13 months of gestation (range of 11–14.5 months) [11].

Cases 3 and 4 (D3–D4): the next two cases were a 12-year-old female donkey, 160 kg, and a 5-year-old
male, 110 kg. Both were examined at the site of the fire, as described for both previous cases (D1 and D2).
They both had a BCS of 2/5, were tachycardic, and small burn areas with hair loss on their heads (noses and
cheeks), as well as necks, were observed. Their TBSAs were approximately 5% and the burn areas classified
as first degree. These two donkeys were in the same paddock with the others; however, they were less
affected. Cases D1–D2 were tied up to a fence, close to the burning vegetation until the rope was burned
by fire, while cases 3 and 4 were free. This most likely explains the severity of the injuries in the first
two cases.

D3 and D4 were also hosed with tap water all over their bodies, and moved to the same clinic.
They were also treated with flunixin meglumine for 3 days and the burn areas were treated with aloe
vera as the previous two cases. Superficial burns healed without complication. The areas affected
became dry between 5 and 8 days. The wounds from the skin were periodically lavaged and cleaned
using disinfectant, and similar topic cream, as described in D1, was used. It was necessary to use
xylazine and butorphanol tartrate for wound management for 2 days after they arrived at the clinic.
After 3 weeks, most of the burned areas healed (Figure 5).
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Figure 5. Appearance of burned skin in donkeys 3 (A) and 4 (B), 5 days after the fire.

The hematologic and biochemical analyses of D3–D4 performed two days after the recue showed
no abnormalities (Table 2). They showed no signs of discomfort and had good appetite. They were
treated for 5 days and then discharged from the clinic to a free ranged pasture.

Table 2. Complete blood count and serum biochemistry profile of two burned donkeys (D3–D4).

Parameters D1 D2 RI
LRL-URL

RBC (×106/µL) 4.9 6.3 4.4–7.1
Hemoglobin (g/dL) 8.7 9.8 8.9–14.7
Hematocrit (%) 31 38 27–42
WBC (×109/L) 7.4 14.2 6.2–15.0
S. neutrophils (×109/L) 3.1 5.8 2.4–6.3
Lymphocytes (×109/L) 3.5 6.9 2.9–9.6
Eosinophils (×109/L) 0.1 0.3 0.1–0.9
Monocytes (×109/L) 0.2 0 0–0.75
Thrombocyte (×109/L) 128 305 95–384
Urea (mmol/L) 4.0 3.6 1.5–5.2
Creat (µmol/L) 53 92 53–118
ALP (U/L) 104 211 98–252
AST (U/L) 257 322 238–536
GGT (U/L) 26 49 14–69
CK (U/L) 130 513 128–525
Tri (mmol/L) 0.7 2.1 0.6–2.8
Total Proteins (g/L) 63 70 58–76
Albumin (g/L) 26 23 22–32
Globulin (g/L) 33 38 32–48
Cho (mmol/L) 2.2 2.7 1.4–2.9
Tbil (µmol/L) 0.4 1.5 0.1–3.7
Glucose (mmol/L) 3.9 4.1 3.9–4.7
Calcium (mmol/L) 2.3 2.6 2.2–3.4
Na (mmol/L) 130 134 128–138
K (mmol/L) 3.5 4.7 3.2–5.1
Cl (mmol/L) 98 104 96–106

D1: case donkey 1; D2: case donkey 2; RBC: Red Blood Cells; ALP: Alkaline phosphatase; AST: Aspartate aminotransferase;
GGT: Gamma-glutamyl transpeptidase; Creat: Creatinine, BUN: blood urea nitrogen, CK: Creatine phosphokinase,
Tri: triglycerides, Tbil: Total bilirubin, Cho: cholesterol, Na: Sodium, K: Potassium, Cl: Chloride. RI = Reference interval.
LRL = Low RI. URL = Upper RL [14].

All of the donkeys were fed alfalfa hay and grass (Medicago sativa and Lolium perenne), 1.7% daily of
their bwt in dry matter (DM) intake, which is equivalent to 2.6 kg D1, 2.1 kg D2, 2.7 kg D3, 1.9 kg D4 per
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day (Figure 6). What was also given daily included: vegetable oil, 30 mL, and 20 mL of multivitamin
and mineral oral supplements for horses containing: copper 150 mg, cobalt 6 mg, potassium 330 mg,
magnesium 70 mg, manganese 130 mg, zinc 370 mg, iron 1000 mg, calcium pantothenate 170 mg, folic acid
35 mg, biotin 0.08 mg, vitamin: A 80,000 IU, B1 200 mg, B2 100 mg, B6 35 mg, B12 400 µg, D2 12,000 IU,
E 150 IU, sucrose 50 G, choline chloride 675 mg, and selenium 3.1 mg/ 100 mL (Equifort, Drag Pharma
Laboratory Chile Invetec S.A., Santiago, Chile). All were orally de-wormed with fenbendazole 7.5 mg/ mL
(10 g/100 mL, Lombrimic, Drag Pharma Laboratory Chile Invetec S.A., Santiago, Chile).Animals 2020, 10, x 9 of 14 
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3. Results and Discussion

To the best of our knowledge, this is the first case report on the medical management of severely
burned donkeys. There is extensive literature regarding thermal injuries in humans and horses, and the
lack of reports of thermal injuries in donkeys may be due to the costs associated with treatments,
which are usually prolonged and expensive. The market value of donkeys is usually lower than horses,
and owners cannot afford to cover the medical treatment. Therefore, euthanasia may be their only
option. In these cases, the owner donated the donkeys to the attending veterinary clinic for treatments,
and then, rehomed them to a shelter.

After first aid assessment and treatment at the site of the fire, the donkeys were transferred and
fully evaluated at the clinic. The day after the fire, D1–D2 injuries were worse than initially assessed,
and the extent of burns was greater than the predicted survival rate reported in the literature [15].

Furthermore, estimates of the extent and depth of the burns made prior to admission to a burn
center, as well as experts in this field, have consistently shown to be inaccurate, despite standardization
attempts and availability of tools, such as the Rule of Nines [9,16]. Given the unreliability of burn size
and depth assessment by clinicians who are not burn experts, developing a scale for burn equid patients,
we believe, is essential. A new approach from human medicine includes the use of computer-assisted
programs to improve burn size estimation [17,18]. The treatment of donkeys with extensive burns
was a major challenge. After the initial fluid therapy, however, the most severely affected donkeys
(D1 and D2) improved and started to eat and drink. At this stage, however, prognosis for survival
remained guarded.

Earlier intervention of burn patients is associated with favorable outcomes, lower complication,
and mortality rates. The immediate emergency recommendation for severe burns is the application of
copious amounts of cold water for a minimum of 20 min, within the first three hours of injury [19,20].
Water with temperature between 2 ◦C and 15 ◦C is preferred [20]. All donkeys described in this report,
were managed using the considerations described (2 h after bring burned). Overcooling, resulting in
hypothermia, was reported to be associated with adverse outcomes, including clotting disorders and
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increased mortality [19,20]. Animal studies showed that the immediate application of cold water was
associated with faster re-epithelialization and reduced scarring [21].

D1 showed respiratory signs from smoke inhalation, which resolved in 3 days with the established
treatment. The area where the donkeys were rescued from the fire that day was windy, which helped
blow away smoke and ash into the atmosphere—this could be why D2 to D4 did not present problems
in their respiratory systems. A case report of horses injured in open range fires described one horse
with problems from smoke inhalation, which resolved in 24 h [5]. Barn fires are unfortunately too
common and, each year, hundreds of horses die or are severely injured in these incidents. Gimenez et al.
describe a review of strategies to prevent and respond to barn fires in the horse industry [22].

All of the parameters of complete blood count and serum biochemistry profile were normal,
since the second analysis.

In some areas of deep second-degree and third-degree burns, skin grafting may be considered [4];
however, in these donkeys this intervention was unnecessary, since the wounds healed as per the
reported time, according to the burn depth classification [4].

There are several methods to treat burn wounds in a horse, and the choice depends on the extent and
location of the injury. Full-thickness burns can be managed by occlusive dressings (closed technique),
continuous wet dressings (semi-open technique), eschar formation (exposed technique), or excision
and grafting [4]. In this case report, bandaging the burned limbs was not performed as mentioned
in burned horses [5], and was managed as open wounds with no complications. The use of the
compression garments or compression suits post-burn injury is described as an important component
of a human patient’s rehabilitation program, and reported for horses [5,23,24].

Cleaning with mild soap and water was used to facilitate softening and removal of dead
skin. Aloe vera appeared to be helpful for managing dry skin, which appeared to prevent the skin
from sloughing, and allegedly has anti-inflammatory effects and promotes wound healing [25,26].
This product had been reported to cause pruritus in some horses [5], but such adverse side effects were
not observed in D1 and D2. The precise mechanism of post-burn pruritus has not been elucidated in
humans or animals, but it appears to have pruritogenic and neuropathic aspects [27]. The occasional
pruritus presented in D1 and D2 were managed by the use of chlorphenamine. Many burned equine
patients are pruritic, and measures must be taken to prevent self-mutilation of the wound [4]. Reserpine
had been used in burned horses for this complication, decreasing the urge to scratch by successfully
breaking the itch–scratch cycle [4,5]. One author mentioned that the use of air conditioning fans
directed to the stall may help [5]. The same author mentioned that topical corticosteroid creams were
ineffective at controlling the itching in burned horses [5].

Honey has been used in burn patients for many years. The antibacterial activity of honey, its low
pH, high viscosity, hygroscopic effect, and hydrogen peroxide content, may play a combined role in
its effectiveness for the treatment of burns, and may also provide a moist environment for optimum
healing conditions [28,29]. There are several types of honey—raw honey was used in these donkeys,
and appeared to be useful in superficial and moderate burns, as reported in horses [5].

The donkeys with corneal ulcers (D1 and D2) responded well to treatment and healed with no
complications. Human studies report 7.7%−18% of the incidence of chemical and thermal injuries to
the eye of all ocular trauma, with corneal ulcers and blepharospasm [30]. Burned horse may have
blepharospasm, epiphora, or both, which signify corneal damage [4]. Ocular emergency treatment by
thermal injuries in humans is described [30]. Case reports in horses injured in open range fires that
reported corneal ulcers were successfully treated with twice-daily treatments of topical antibiotics
(zinc bacitracin, neomycin sulfate and polymyxin B sulfate), as well as daily cloxacillin benzathine eye
ointment [5].

Long-term use of nonsteroidal anti-inflammatory drugs (NSAIDs) did not result in adverse
effects during hospitalization, but other NSAIDs could have been used described for donkeys [14,31].
Gastrointestinal motility and appetite were normal in the first two days for donkeys 1 and 2.
The prophylactic use of omeprazole may have been beneficial in preventing gastric ulceration with
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long-term use of NSAIDs. Omeprazole intended for use in humans was prescribed to these cases by the
economic possibility of that moment, but there is no evidence about their efficacy in preventing ulcers in
these donkeys. The authors recommend the use of an approved omeprazole product manufactured for
horses, using the standard equine dosage appropriate for donkeys [14].

The application of sulfanilamide with zinc oxide around the coronary band was an effective
topical treatment in these cases. Sulfanilamide acted with a differential bactericidal activity, and mild
astringent, and decongestive effect, in addition to the absorbent and insulating properties conferred by
zinc oxide [32,33]. Coronary band effusion was noted on the first day on D1 and D2, but separation
was also noted. Abnormal hoof growth was observed—moved down over time until the old hoof was
replaced—as was noted 8 months after the fire. The thickened hoof wall distal to the coronary band
protected the majority of the laminae from thermal injury [5].

Preventive antibiotic therapy was used in D1 and D2, but the literature mentioned that the role of
prophylactic antibiotics for severe burns is controversial, both in humans and horses [34]. Therefore,
their use has not been advocated in recent guidelines or recommendations owing to a lack of evidence
for efficacy and induction of antibiotic resistance. Systemic antibiotics do not favorably influence
wound healing, fever, or mortality, and can encourage the emergence of resistant microorganisms.
Additionally, circulation to the burned areas is often compromised, making it highly unlikely that
parenteral administration of antibiotics can achieve therapeutic levels to the wound [4]. However,
topical antimicrobials have been the mainstay of nonsurgical burn treatment [16]. In human reports,
the use of prophylactic antibiotics may result in improved 28-day in-hospital mortality in mechanically
ventilated patients with severe burns, but not in those who do not receive mechanical ventilation [35].
The use of antibiotics had been recommended in equine burn cases because of puncture wounds that
occurred while attempting to escape the fire [5]. We do not find evidence that systemic therapy was
useful, and we will not recommend it in future cases.

A hallmark of burn injury is a hypermetabolic response that results in significant pathological
alterations in a number of tissues [36]. Studies in large animal models of burn hypermetabolism showed
that 25% TBSA burns can generate a hypermetabolic response greater than smaller animals and closer
to that seen in human patients [37,38]. It is recommended to gradually increase the grain, adding fat
in the form of vegetable oil, and offering free-choice alfalfa hay increase caloric intake as nutritional
needs for burned horses [4]. An anabolic steroid may be used to help restore a positive nitrogen
balance [4]. Donkeys are highly efficient at digesting poor nutritional quality fiber and have lower
energy requirements than horses and ponies of similar size (it is even lower in sick donkeys) [14,39,40].
Equine feedstuff based upon cereals or containing high levels of molasses should be avoided. It has
been shown that they are risk factors for the development of gastric ulcers, laminitis, hyperlipidemia,
and fatty liver disease in donkeys [14,40]. Early intervention to restore a positive energy balance,
even before triglyceride values, are known to greatly increase the chance of survival. The restoration
of a positive energy balance will stimulate endogenous insulin secretion and switch off lipolysis.
Soya bean meal or alfalfa are excellent sources of digestible protein for convalescent donkeys [14,40].
The primary goal of this response is to provide adequate energy levels to maintain organ function
and whole-body homeostasis. In addition to the food offered, multivitamin and mineral supplements,
and vegetable oil to increase the energy intake, were added.

In veterinary emergency medicine and critical care, teamwork to provide adequate patient
care is essential. The entire team consisted of two veterinarians, a technician, and eight graduate
students to provide continues care. The care and devotion provided to each animal by the veterinarian
staff highlights the concept of the animal-human bond and the dedication veterinarians provide to
their patients.

4. Conclusions

Domestic and wild animals can suffer major thermal injuries during wildfires, and reports of these
injuries in donkeys is lacking. This manuscript describes the clinical findings, medical treatments,
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and evolution of four donkeys that suffered thermal burns. All of the donkeys recovered and were
sent to an animal shelter after their recovery.
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Simple Summary: Donkey Artificial Insemination (AI) with frozen/thawed semen results in
poor fertility outcomes. Jennies show a significant post-AI endometrial reaction, with a large
amount of defense cells—polymorphonuclear neutrophils (PMN)—migrating to the uterine lumen.
Seminal plasma (SP) has a detrimental effect on sperm conservation and its removal is a necessary step
in the semen freezing protocol. However, several SP proteins seem to control sperm-PMN binding.
Single layer centrifugation (SLC) with colloids, which has been used to select spermatozoa and
improve reproductive performance in different species, is known to remove SP proteins attached to the
sperm membrane. In this study, two experiments were performed. The first one compared the quality
of SLC-selected and non-selected fresh donkey spermatozoa. In the second experiment, PMN obtained
from the peripheral blood were co-incubated with selected and unselected spermatozoa, and the
interaction between PMN and spermatozoa was analyzed. In conclusion, SLC of fresh donkey semen
increases the proportion of functionally intact spermatozoa and appears to remove the SP proteins
that inhibit sperm-PMN binding, thus increasing sperm phagocytosis by PMN.

Abstract: This study sought to determine whether single layer centrifugation (SLC) of fresh donkey
semen with Equicoll has any impact on sperm quality parameters and on the modulation of
endometrial reaction following semen deposition using an in vitro model. Seventeen ejaculates
from five jackasses were obtained using an artificial vagina and diluted in a skim-milk extender.
Samples were either selected through SLC (Equicoll) or non-treated (control). Two experiments
were performed. The first one consisted of incubating selected or non-selected spermatozoa at 38 ◦C
for 180 min. Integrity and lipid disorder of sperm plasma membrane, mitochondrial membrane
potential, and intracellular levels of calcium and reactive oxygen species were evaluated at 0, 60, 120,
and 180 min. In the second experiment, polymorphonuclear neutrophils (PMN) isolated from jennies
blood were mixed with selected and unselected spermatozoa. Interaction between spermatozoa and
PMN was evaluated after 0, 60, 120, and 180 min of co-incubation at 38 ◦C. SLC-selection increased the
proportions of spermatozoa with an intact plasma membrane and low lipid disorder, of spermatozoa
with high mitochondrial membrane potential and with high calcium levels, and of progressively
motile spermatozoa. In addition, selection through SLC augmented the proportion of phagocytosed

Animals 2020, 10, 2128; doi:10.3390/ani10112128 www.mdpi.com/journal/animals
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spermatozoa, which supported the modulating role of seminal plasma proteins on sperm-PMN
interaction. In conclusion, SLC of fresh donkey semen increases the proportions of functionally
intact and motile spermatozoa, and appears to remove the seminal plasma proteins that inhibit
sperm-PMN binding.

Keywords: sperm; fresh semen; donkey; single layer centrifugation; sperm–PMN binding

1. Introduction

Proper management of breeding and genetic diversity in equine species requires the use of assisted
reproduction technologies (ART), which includes artificial insemination (AI), embryo transfer (ET),
intracytoplasmic sperm injection (ICSI), and cryopreservation [1,2]. It has been reported that when
sperm are selected, fertility outcomes following ART increase [3,4]. This selection is usually based on
sperm motility, morphology, and the integrities of plasma membrane, acrosome, and DNA. In addition,
sperm selection allows for the removal of seminal plasma, non-viable sperm, pathogens, and debris
particles [5]. While seminal plasma has been described to have a detrimental effect on sperm motility
and viability during storage, the presence of non-viable, morphologically abnormal spermatozoa may
be a source of reactive oxygen species (ROS), which can also be detrimental to sperm survival during
storage [6].

Several sperm preparation techniques have been designed to separate male gametes from seminal
plasma and to select spermatozoa with better quality. Because simple sperm washing does not remove
all seminal plasma components [7], the other two alternatives, i.e., sperm migration and colloid
centrifugation, are the most used in equine practice [8]. Sperm migration through swim-up is based
on sperm motility and yields low recovery rates [7]. In contrast, centrifugation with colloids uses
silane-coated silica particles in a species-specific formulation that allows the separation of heterogeneous
sperm into sub-populations according to their density. Not only does this technique select sperm on
the basis of their motility, but also on their normal morphology, and plasma membrane and chromatin
integrities [8].

Single layer centrifugation (SLC) is a simplification of the density gradient centrifugation as
only one layer of colloid is employed [9]. Previous studies have demonstrated that, following SLC,
spermatozoa show higher motility, less DNA fragmentation, and higher pregnancy rates in subfertile
stallions [10,11]. With respect to jackasses, SLC using Equicoll improves sperm quality parameters,
such as motility, viability, and morphology, after 24 h of cooled storage [12], and after thawing of
cryopreserved doses [13]. To the best of our knowledge, however, no study with fresh donkey
semen has been performed nor has any evaluated the effects of SLC with Equicoll on mitochondrial
activity, and intracellular levels of ROS and calcium. Other studies in rams [14], pigs [15], bulls [16],
and brown bears [17,18] have demonstrated that centrifugation with SLC increases the proportions of
spermatozoa with an intact plasma membrane and acrosome, high mitochondrial activity, an intact
DNA, and progressive motility, and has also been found to increase sperm cryotolerance when
performed before cryopreservation [19,20].

While elimination of seminal plasma is beneficial for sperm cryopreservation [21] and improves
the stability of plasma membrane in fresh and cooled-stored stallion spermatozoa [22], one should
bear in mind that several seminal plasma factors are involved in the regulation of the inflammatory
response within the female reproductive tract. In addition, studies conducted in other species, such as
the pig, showed that SLC removes seminal plasma components, including porcine spermadhesins
PSP-I and PSP-II, and some cholesterol molecules from sperm plasma membrane [23]. Remarkably,
the presence of seminal plasma has been shown to reduce chemotaxis, sperm-neutrophil binding,
phagocytosis, and the formation of DNA-based neutrophil extracellular traps (NETs) [24]. In the
donkey, in vitro models suggest that seminal plasma can suppress sperm-PMN attachment [25,26] and
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that, when added to frozen/thawed sperm, downregulates the expression of COX2 in endometrial cells,
which leads PMN chemotaxis to reduce [27].

Against this background, we hypothesized that SLC of jackass semen with Equicoll could increase
the proportions of donkey spermatozoa exhibiting high motility, an intact and functional plasma
membrane and high mitochondrial activity, and modify sperm-PMN binding. The effects of SLC on
the proportions of spermatozoa with high levels of intracellular calcium and reactive oxygen species
were also investigated. In addition, we tested the effects of SLC with Equicoll on donkey sperm not
only after centrifugation, but also after 60, 120, and 180 min of incubation at 38 ◦C. The rationale of
testing SLC-effects over this incubation period is related to the time that sperm are deemed to reside
within the uterus (3 h).

2. Materials and Methods

2.1. Animals

Semen samples (N = 17) were collected from five Catalonian jackasses, whose age ranged from 3
to 11 years, that were in good health and shown to be fertile. Jackasses underwent a regular semen
collection, every other day during the week, and were housed in individual paddocks at the Equine
Reproduction Service, Autonomous University of Barcelona (Bellaterra, Cerdanyola del Vallès, Spain),
which is an EU-approved equine semen collection center (ES09RS01E).

Polymorphonuclear neutrophils were isolated from the peripheral blood of three Catalonian
jennies as described previously [26]. These animals, which were also in good health and of proven
fertility, were housed in a big paddock at the Equine Reproduction Service, Autonomous University
of Barcelona.

Animals were handled following the European Union Directive 2010/63/EU for animal experiments
and the Animal Welfare Law from the Regional Government of Catalonia (Spain). In addition, this study
was approved by the Ethics Committee, Autonomous University of Barcelona (Code: CEEAH 1424).

2.2. Experimental Design

This study consisted of two separate experiments. The goal of the first experiment was
to determine the effects of SLC with Equicoll on sperm function parameters, such as motility,
plasma membrane integrity, membrane lipid disorder, intracellular calcium levels, intracellular
ROS levels, and mitochondrial activity. The effects of SLC-selection on donkey sperm subpopulations
were also considered. Although previous works evaluated the effects of SLC with Equicoll on donkey
semen, they used cooled-stored and cryopreserved sperm [12,13]; in contrast, the current study used
fresh semen. Ejaculates (N = 10) were collected through a Hannover artificial vagina (Minitüb GmbH,
Tiefenbach, Germany) with an in-line nylon mesh filter to remove gel and debris. Immediately after
collection, gel-free semen was extended at a ratio of five volumes of skim milk extender (4.9% glucose,
2.4% skim milk, 100 mL double distilled water), previously warmed at 38 ◦C, and one volume of
semen. After assessing sperm concentration, viability, morphology, and motility, each ejaculate was
divided into two fractions. The first one was utilized as a control and was directly adjusted to a final
concentration of 25 × 106 sperm/mL. The second fraction was centrifuged through a single layer of a
silane-coated silica-based colloid formulation (Equicoll, SLU, Sweden; formerly known as Androcoll-E)
according to the protocol for small centrifuge tubes described by Morrell et al. [28]. Briefly, 1.5 mL of
extended semen containing up to 100 × 106 sperm/mL was pipetted on top of 4 mL Equicoll in a 15-mL
tube. After centrifugation at 300× g and room temperature for 20 min, the supernatant and most of the
colloid was discarded and the sperm pellet was transferred to a clean centrifuge tube containing 0.5 mL
of the same skim milk extender. Sperm concentration was evaluated and subsequently adjusted to a
final concentration of 25 × 106 sperm/mL. Aliquots were incubated at 38 ◦C under aerobic conditions for
3 h. Sperm motility and other functional parameters evaluated with flow cytometry were determined
immediately after SLC-selection (0 min), and after 60 min, 120 min, and 180 min of incubation at 38 ◦C.
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The second experiment aimed to determine the effects of SLC with Equicoll on the interaction
of donkey sperm with polymorphonuclear neutrophils (PMN). With this purpose, each ejaculate
(N = 7) was split into two fractions. One fraction was used as a control and its sperm concentration
was adjusted to 500 × 106 sperm/mL. The other fraction was centrifuged through a single layer
of a silane-coated silica-based colloid formulation (Equicoll) as described for Experiment 1.
After centrifugation, sperm concentration was evaluated and subsequently adjusted to a final
concentration of 500 × 106 sperm/mL. Treatments consisted of in vitro co-incubation of sperm cells with
PMN-rich samples (1:1; v:v) in a water bath at 38 ◦C for 3 h, as previously described by Miró et al. [26].
Briefly, peripheral blood neutrophils were isolated from healthy jennies. Following incubation in
a water bath at 38 ◦C for 30 min, heparinized blood was subjected to centrifugation at 400× g and
4 ◦C for 5 min prior to removing plasma. The buffy coat was mixed with an isotonic saline solution
(PBS) and again centrifuged at 400× g and 4 ◦C for 5 min. The PMN-rich buffy coat was collected
and re-suspended in PBS to a final concentration of 100 × 106 PMN/mL. All samples (selected and
non-selected) were examined for sperm phagocytosis immediately after SLC-selection (0 min), and after
60 min, 120 min, and 180 min of incubation at 38 ◦C.

2.3. Flow Cytometry

Sperm quality parameters were determined using a Cell Laboratory Quanta SCTM flow cytometer
(Beckman Coulter; Fullerton, CA, USA). The following sperm parameters were evaluated: plasma
membrane integrity (viability), membrane lipid disorder, acrosome integrity, mitochondrial activity
(mitochondrial membrane potential), and intracellular levels of calcium (Ca2+), superoxides (O2

−•) and
peroxides (H2O2). Prior to any staining, each sample was diluted with HEPES buffered saline solution
(10 mmol/L HEPES (4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid); 150 mmol/L NaCl, 10% BSA;
pH = 7.4) to a final concentration of 1 × 106 spermatozoa/mL. Samples were subsequently incubated
with the corresponding fluorochromes under dark conditions. After fluorochrome staining, an argon
ion laser was used to excite samples at 488 nm (22 mW). Spermatozoa were selected on the basis of
electronic volume (EV) and side scatter (SS) and the sheath flow rate was set at 4.17 µL/min. Based on
EV/SS dot-plots, sperm cells were selected and the other events, including subcellular debris (particle
diameter <7 µm) and cell aggregates (particle diameter >12 µm), were gated out. The flow cytometer
was calibrated every day using 10-µm flow-check fluorospheres (Beckman Coulter), positioning the
bead size (10 µm) on the EV channel (EV = 200).

Up to 10,000 events were analyzed per replicate and a total of three independent replicates per
sample were evaluated. FL1 detector (BP, band pass: 525 nm; DRLP, dichroic long pass: 550 nm)
was used for monitoring the green fluorescence emitted by SYBR14, YO-PRO-1 (1-(4-[3-methyl-2,3-
dihydro-(benzo-1,3-oxazole)-2-methylidene]-quinolinium)-3trimethylammonium propane diodide),
JC1mon (5,5′,6,6′-tetrachloro-1,1′3,3′tetraethyl-benzimidazolylcarbocyanine iodide monomers),
H2DFCDA (2′,7′-dichlorodihydrofluorescein diacetate), and Fluo3-AM (acetoxymethyl, ester form)
fluorochromes. FL2 detector (BP: 575 nm; DRLP: 600 nm) was used for monitoring the orange
fluorescence emitted by JC1agg. FL3 detector (LP, long pass: 670 nm) was used for monitoring the
red fluorescence emitted by HE (hydroethidine), PI (propidium iodide), M540 (merocyanine 540),
and Rhod5.

Post-acquisition analyses were conducted using the Cell Lab Quanta® SC MPL Analysis Software
(version 1.0; Beckman Coulter; Fullerton, CA, USA). Data were corrected by subtracting the percentage
of debris particles found in SYBR14/PI staining from the percentages of particles appearing at the lower
left quadrant in the other tests [29]. The proportions of the other sperm populations were normalized.
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2.3.1. Evaluation of Sperm Membrane Integrity (SYBR14/PI)

Sperm viability was assessed using a combination of two fluorochromes (SYBR14 and propidium
iodide, PI) available from a commercial kit (Live/Dead Sperm Viability kit, Molecular Probes,
ThermoFisher Scientific; Waltham, MA, USA). After adjusting cell concentration to 1 × 106 sperm/mL,
spermatozoa were stained with SYBR14 (final concentration: 100 nM) at 38 ◦C for 10 min. Following
this, PI (final concentration: 12 µM) was added and samples were incubated at 38 ◦C for 5 min.
The following three categories of spermatozoa were identified: (i) spermatozoa with an intact plasma
membrane, stained in green (viable spermatozoa; SYBR14+/PI−); (ii) spermatozoa with an altered
plasma membrane, stained in red (non-viable spermatozoa; SYBR14−/PI+); and (iii) spermatozoa with
an altered plasma membrane, stained in both red and green (non-viable spermatozoa; SYBR14+/PI+).
Non-DNA containing particles (debris particles; SYBR14−/PI−), which appeared at the lower left
quadrant, were subtracted from the total number of events and, as aforementioned, were used to correct
the other tests. The protocol included compensation of FL1-spill over into the FL3-channel (2.45%).

2.3.2. Evaluation of Sperm Membrane Lipid Disorder (M540/YO-PRO-1)

Lipid disorder of plasma membrane was evaluated following the protocol set by Rathi et al. [30]
with minor modifications [31], which is based on M540 and YO-PRO-1 fluorochromes (Molecular Probes,
ThermoFisher Scientific). Briefly, samples were incubated with M540 (final concentration: 2.6 µM)
and YO-PRO-1 (final concentration: 25 nM) at 38 ◦C for 10 min. A total of four sperm populations
was identified in flow cytometry dot-plots: (1) viable spermatozoa with low membrane lipid disorder
(M540−/YO-PRO-1−); (2) viable spermatozoa with high membrane lipid disorder (M540+/YO-PRO-1−);
(3) non-viable spermatozoa with low membrane lipid disorder (M540−/YO-PRO-1+); and (4) non-viable
spermatozoa with high membrane lipid disorder (M540+/YO-PRO-1+). Correction was performed
following the procedure described previously and data were not compensated.

2.3.3. Evaluation of Mitochondrial Membrane Potential (JC1)

Assessment of mitochondrial membrane potential (MMP) was conducted using JC1-staining
(Molecular Probes, ThermoFisher Scientific), following the protocol set by Ortega-Ferrusola et al. [32].
With this purpose, samples were incubated with JC1 (final concentration: 0.3 µM) at 38 ◦C for 30 min.
When MMP is low, JC1 remains as monomers (JC1mon); when MMP is high, JC1 forms aggregates
(JC1agg). Three different sperm populations were identified: (1) spermatozoa with green-stained
mitochondria, which had low MMP (JC1mon); (2) spermatozoa with orange-stained mitochondria;
and (3) spermatozoa with green- and orange-stained mitochondria. Populations 2 and 3 were
considered as having high MMP (JC1agg). The protocol included compensation of FL1-spill over into
the FL3-channel (68.50%).

2.3.4. Evaluation of Intracellular Calcium Levels (Fluo3/PI and Rhod5/YO-PRO-1)

Two different co-staining protocols were used to determine intracellular calcium levels. Fluo3-AM
is able to penetrate cell membranes and displays better affinity for the calcium present in the sperm
mid-piece [33]. This test, which is combined with PI, was performed as described by Harrison et al. [34]
and Kadirvel et al. [35]. Briefly, spermatozoa were incubated with Fluo3-AM (final concentration:
1 µM) and PI (final concentration: 12 µM) at 38 ◦C for 10 min. Four different sperm populations were
identified: (1) viable spermatozoa with low levels of intracellular calcium (Fluo3−/PI−); (2) viable
spermatozoa with high levels of intracellular calcium (Fluo3+/PI−); (3) non-viable spermatozoa with
low levels of intracellular calcium (Fluo3−/PI+); and (4) non-viable spermatozoa with high levels of
intracellular calcium (Fluo3+/PI+). The protocol included compensation of FL1-spill over into the
FL3-channel (28.72%), and of FL3-spill over into the FL1-channel (2.45%).
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Rhod5 has more affinity for the calcium residing in the sperm head than for that found in the
mid-piece. This test was performed following the protocol set by Yeste et al. [33]. In brief, spermatozoa
were incubated with Rhod-5N (final concentration: 5 µM) and YO-PRO-1 (final concentration: 25 nM)
at 38 ◦C for 10 min. Four sperm populations were distinguished in flow cytometry dot-plots: (1) viable
spermatozoa with low levels of intracellular calcium (Rhod5−/YO-PRO-1−); (2) viable spermatozoa
with high levels of intracellular calcium (Rhod5+/YO-PRO-1−); (3) non-viable spermatozoa with low
levels of intracellular calcium (Rhod5−/YO-PRO-1+); and (4) non-viable spermatozoa with high levels
of intracellular calcium (Rhod5+/YO-PRO-1+). The protocol included compensation of FL3-spill over
into the FL1-channel (3.16%).

2.3.5. Evaluation of Intracellular Reactive Oxygen Species (ROS) Levels: H2O2 and O2
−•

(H2DCFDA/PI and HE/YO-PRO-1)

The evaluation of intracellular levels of hydrogen peroxides (H2O2) was performed following
the protocol set by Morrell et al. [36]. In brief, sperm samples were stained with H2DCFDA (final
concentration: 140 µM) and PI (final concentration: 12 µM) and incubated at 25 ◦C for 30 min.
H2DCFDA consists of a non-fluorescent probe that is able to penetrate plasma membranes.
Upon intracellular oxidation, H2DCFDA is de-esterified and converted into highly green fluorescent
2′,7′-dichlorofluorescein (DCF+), which is detected through FL1. Flow cytometry dot-plots depicted
four sperm populations: (1) viable spermatozoa with high levels of intracellular peroxides (DCF+/PI−);
(2) viable spermatozoa with low levels of intracellular peroxides (DCF−/PI−); (3) non-viable spermatozoa
with high levels of intracellular peroxides (DCF+/PI+); and (4) non-viable spermatozoa with low levels
of intracellular peroxides (DCF−/PI+). The protocol included compensation of FL1-spill over into the
FL3-channel (2.45%).

The determination of intracellular levels of superoxide (O2
−•) radicals was performed through

co-staining with hydroethidine (HE) and YO-PRO-1, following the protocol set by Guthrie and
Welch [37]. Briefly, sperm samples were mixed with HE (final concentration: 4 µM) and YO-PRO-1
(final concentration: 25 nM) and incubated at 25 ◦C for 30 min. In the presence of O2

−•, HE, which is
known to pass across plasma membranes, is oxidized to ethidium (E+; detected by FL3). A total of four
sperm populations were identified: (1) viable spermatozoa with high levels of intracellular superoxides
(E+/YO-PRO-1−); (2) viable spermatozoa with low levels of intracellular superoxides (E−/YO-PRO-1−);
(3) non-viable spermatozoa with high levels of intracellular superoxides (E+/YO-PRO-1+); and (4)
non-viable spermatozoa with low levels of intracellular superoxides (E−/YO-PRO-1+). The protocol
included compensation of FL1-spill over into the FL3-channel (5.06%).

2.4. Evaluation of Sperm Motility

Sperm motility and kinetic parameters were assessed using a computer-assisted sperm motility
analysis (CASA) system (ISAS v. 1.0; Proiser S.L., Valencia, Spain) and an Olympus BX41 microscope
(Olympus 20x 0.30 PLAN objective; Olympus Europe, Hamburg, Germany). With this purpose,
5 µL of each sample was placed into a Neubauer Chamber and then observed using a phase contrast
microscope with a pre-warmed stage (38 ◦C). For each sample, three fields per drop and at least
1000 spermatozoa were assessed. The following variables were analyzed: percentages of total motile
spermatozoa (TMOT), percentages of progressively motile spermatozoa (PMOT), straight line velocity
(VSL), curvilinear velocity (VCL), average path velocity (VAP), linearity index (LIN), straightness
index (STR), oscillation index (WOB), amplitude of lateral head displacement (ALH), and beat cross
frequency (BCF) [38]. Cut-off values for a given sperm cell to be considered as motile or progressively
motile were VAP ≥ 10 µm/s and STR ≥ 75%, respectively.

201



Animals 2020, 10, 2128

2.5. Evaluation of Sperm–PMN Binding

Smears were prepared on microscope slides for each treatment and stained with a modified
Wright’s dye (Diff Quick®, Quimica Clinica Aplicada, Amposta, Spain). Phagocytosis was determined
at 1000× magnification (Olympus Europe, Hamburg, Germany) under immersion oil, and was
expressed as the percentage of PMN that ingested at least one spermatozoon [26]. The percentages of
spermatozoa in contact with PMN were also counted. Two hundred PMN per slide were counted,
and three technical replicates were made.

2.6. Statistical Analysis

Data obtained from the analysis of all sperm parameters were first tested for normality
(Shapiro–Wilk test) and homogeneity of variances (Levene test). Following this, all variables except
those related to the effects of SLC-selection upon sperm motile populations (i.e., % SYBR14+/PI−
spermatozoa, % M540−/YO-PRO-1− spermatozoa, % spermatozoa with high MMP, JC1agg/JC1mon

ratios, % Fluo3+/viable spermatozoa, % Rhod5+/viable spermatozoa, % DCF+/viable spermatozoa, %
E+/viable spermatozoa, % TMOT spermatozoa, % PMOT spermatozoa, VCL, VSL, VAP, LIN, STR,
WOB, ALH, and BCF) were evaluated through a linear mixed model (intra-subjects factor: time of
incubation; inter-subjects factor: control vs. SLC-Equicoll), followed by Sidak post-hoc test.

In order to classify spermatozoa into separate motile subpopulations, the procedure described
by Luna et al. [39] was conducted with minor modifications; this procedure combines Principal
Component (PCA) and cluster analyses. First, a PCA with the individual kinematic parameters (VSL,
VCL, VAP, LIN, STR, WOB, ALH, and BCF) obtained for each spermatozoon (CASA assessment)
was run; data were sorted into PCA components and the matrix was rotated using the Varimax
approach and Kaiser standardization. Thereafter, cluster analyses were conducted through a
two-way procedure based on Schwarz’s Bayesian Criterion and log-likelihood distance using the
individual regression scores of each PCA component. Four separate motile sperm subpopulations
were identified, and proportions of spermatozoa belonging to each subpopulation (SP1, SP2, SP3,
or SP4) were subsequently calculated. The effects of SLC-selection upon sperm motile populations
were evaluated through a Scheirer–Ray–Hare ranked ANOVA followed by Mann–Whitney test for
pair-wise comparisons. Proportions of SP1, SP2, SP3, and SP4 spermatozoa were considered as
dependent variables.

Results are shown as mean ± standard error of the mean (SEM); the minimal level of significance
was set at p ≤ 0.05 in all cases.

3. Results

3.1. Integrity and Lipid Disorder of Sperm Plasma Membrane

Figure 1a shows (mean ± SEM) the proportions of viable spermatozoa (i.e., spermatozoa with an
intact plasma membrane; SYBR14+/PI−) in the control and samples selected through SLC with Equicoll.
Incubation led to a significant (p < 0.05) decrease in the proportions of viable spermatozoa in both the
control and SLC-selected samples. However, proportions of viable spermatozoa were significantly
(p < 0.05) higher in samples selected through SLC than in their control counterparts, immediately
after selection (0 min) and after 60 min and 120 min of incubation at 38 ◦C. At 180 min of incubation,
no significant differences between treatments were observed.

Proportions of viable spermatozoa with low membrane lipid disorder (M540−/YO-PRO-1−;
mean ± SEM) also decreased (p < 0.05) over incubation time (Figure 1b). Again, these percentages
were significantly (p < 0.05) higher in SLC-selected samples than in the control immediately after
centrifugation (0 min) and after 60 min of incubation at 38 ◦C. No significant differences between the
control and SLC-selected samples were observed after 120 min and 180 min of incubation.
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Figure 1. Percentages of (a) membrane-intact spermatozoa (SYBR14+/PI−) and (b) viable spermatozoa
with low membrane lipid disorder (M540−/YO-PRO-1−) in control (non-selected samples) and
SLC-selected samples (Equicoll). Different superscript letters (a, b) indicate significant differences
(p ≤ 0.05) between treatments within a given time point, and different superscript numbers (1–3)
mean significant differences between time points within the control or samples selected with Equicoll.
Data are shown as mean ± SEM for 10 separate experiments. SLC: single layer centrifugation.

3.2. Mitochondrial Membrane Potential

Incubation at 38 ◦C led to a significant (p < 0.05) decrease in the proportions of spermatozoa with
high MMP (Figure 2a; mean ± SEM). Upon selection (0 min) and after 60 min of incubation at 38 ◦C,
proportions of spermatozoa with high MMP were significantly (p < 0.05) higher in samples selected
through SLC than in their control counterparts. No significant differences between the control and
SLC-selected samples were observed after 120 min and 180 min of incubation at 38 ◦C. In addition,
JC1agg/JC1mon ratios in the sperm population with high MMP were significantly (p < 0.05) lower in
the control than in SLC-selected samples at 0 min, and after 60 and 120 min of incubation at 38 ◦C
(Figure 2b; mean ± SEM).
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Figure 2. (a) Percentages of spermatozoa with high mitochondrial membrane potential (MMP) and
(b) ratios between JC1agg and JC1mon of the sperm population with high MMP in control (non-selected
samples) and SLC-selected samples (Equicoll). Different superscript letters (a, b) indicate significant
differences (p ≤ 0.05) between treatments within a given time point, and different superscript numbers
(1–3) mean significant differences between time points within the control or samples selected with
Equicoll. Data are shown as mean ± SEM for 10 separate experiments. SLC: single layer centrifugation.

3.3. Intracellular Calcium Levels

As shown in Figure 3a (mean ± SEM), proportions of spermatozoa with high levels of intracellular
calcium calculated over the total number of viable spermatozoa and evaluated through both Fluo3
and Rhod5 fluorochromes were significantly (p < 0.05) higher in SLC-samples than in the control, not
only immediately after selection (0 min) but also after 60 min, 120 min, and 180 min of incubation at
38 ◦C. While proportions of spermatozoa with high levels of intracellular calcium calculated over the
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total number of viable spermatozoa and evaluated through Fluo3/PI staining significantly (p < 0.05)
decreased in SLC-selected samples after 180 min of incubation at 38 ◦C, this effect was not observed
when the Rhod5/YO-PRO-1 test was used (mean ± SEM; Figure 3b).
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3.5. Sperm Motility 
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38 °C are shown, as mean ± SEM, in Figure 5. Proportions of total and progressively motile 
spermatozoa were significantly (p < 0.05) higher in SLC-samples than in the control at 0 and 60 min. 
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Figure 3. Proportions of viable spermatozoa with high intracellular calcium levels evaluated with two
separate fluorochromes: Fluo3 (a) and Rhod5 (b) in control (non-selected samples) and SLC-selected
samples (Equicoll). Data are given considering the viable sperm population. Different superscript
letters (a, b) indicate significant differences (p ≤ 0.05) between treatments within a given time point,
and different superscript numbers (1–3) indicate significant differences between time points within
the control or samples selected with Equicoll. Results are shown as mean ± SEM for 10 separate
experiments. SLC: single layer centrifugation.

3.4. Intracellular Levels of Peroxides and Superoxides

Figure 4 shows, as mean ± SEM, the proportions of spermatozoa with high levels of peroxides and
superoxides over the number of viable spermatozoa. While incubation at 38 ◦C significantly (p < 0.05)
decreased the proportions of spermatozoa with high levels of intracellular peroxides over the total
number of viable spermatozoa (DCF+/viable spermatozoa), no significant differences between the
control and SLC-selected samples were observed (Figure 4a). In contrast, not only did incubation
at 38 ◦C induce a significant (p < 0.05) decrease in the proportions of spermatozoa with high levels
of superoxides over the total number of spermatozoa (E+/viable spermatozoa), but SLC-selected
samples showed significantly (p < 0.05) higher values of this parameter than their control counterparts
(Figure 4b).

Animals 2020, 10, x 9 of 17 

the control and SLC-selected samples were observed (Figure 4a). In contrast, not only did incubation 
at 38 °C induce a significant (p < 0.05) decrease in the proportions of spermatozoa with high levels of 
superoxides over the total number of spermatozoa (E+/viable spermatozoa), but SLC-selected samples 
showed significantly (p < 0.05) higher values of this parameter than their control counterparts (Figure 
4b). 

 
Figure 3. Proportions of viable spermatozoa with high intracellular calcium levels evaluated with two 
separate fluorochromes: Fluo3 (a) and Rhod5 (b) in control (non-selected samples) and SLC-selected 
samples (Equicoll). Data are given considering the viable sperm population. Different superscript 
letters (a, b) indicate significant differences (p ≤ 0.05) between treatments within a given time point, 
and different superscript numbers (1–3) indicate significant differences between time points within 
the control or samples selected with Equicoll. Results are shown as mean ± SEM for 10 separate 
experiments. SLC: single layer centrifugation. 

 
Figure 4. Proportions of viable spermatozoa with high intracellular levels of peroxides (DCF+; a) and 
superoxides (E+; b) in control (non-selected samples) and SLC-selected samples (Equicoll). Data are 
given considering the viable sperm population. Different superscript letters (a, b) indicate significant 
differences (p ≤ 0.05) between treatments within a given time point, and different superscript numbers 
(1–3) mean significant differences between time points within the control or samples selected with 
Equicoll. Results are shown as mean ± SEM for 10 separate experiments. SLC: single layer 
centrifugation. 

3.5. Sperm Motility 

Proportions of total and progressively motile spermatozoa after SLC-selection and incubation at 
38 °C are shown, as mean ± SEM, in Figure 5. Proportions of total and progressively motile 
spermatozoa were significantly (p < 0.05) higher in SLC-samples than in the control at 0 and 60 min. 
After 120 min of incubation at 38 °C, progressive but not total motility was significantly (p < 0.05) 
higher in SLC-selected samples than in the control.  

Figure 4. Proportions of viable spermatozoa with high intracellular levels of peroxides (DCF+; a) and
superoxides (E+; b) in control (non-selected samples) and SLC-selected samples (Equicoll). Data are
given considering the viable sperm population. Different superscript letters (a, b) indicate significant
differences (p ≤ 0.05) between treatments within a given time point, and different superscript numbers
(1–3) mean significant differences between time points within the control or samples selected with
Equicoll. Results are shown as mean± SEM for 10 separate experiments. SLC: single layer centrifugation.
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3.5. Sperm Motility

Proportions of total and progressively motile spermatozoa after SLC-selection and incubation
at 38 ◦C are shown, as mean ± SEM, in Figure 5. Proportions of total and progressively motile
spermatozoa were significantly (p < 0.05) higher in SLC-samples than in the control at 0 and 60 min.
After 120 min of incubation at 38 ◦C, progressive but not total motility was significantly (p < 0.05)
higher in SLC-selected samples than in the control.
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Table 1. Sperm kinematic parameters (as mean ± SEM) in control (non-selected samples) and SLC-
selected samples (Equicoll). 

Kinematic 
Parameters 

0 min 60 min 120 min 180 min 
Control Equicoll Control Equicoll Control Equicoll Control Equicoll 

VCL 155.0 ± 7.8 a 138.4 ± 9.3 a 143.4 ± 12.2 a 102.5 ± 11.2 a 136.3 ± 14.6 a 84.8 ± 5.4 b 108.5 ± 10.7 a 67.7 ± 4.7 a 
VSL 115.3 ± 6.0 a 96.8 ± 6.9 a 112.4 ± 5.3 a 80.6 ± 6.0 b 109.1 ± 9.0 a 68.5 ± 4.2 b 106.9 ± 3.8 a 53.9 ± 4.2 b 
VAP 141.6 ± 5.7 a 121.9 ± 7.6 a 130.0 ± 9.5 a 91.9 ± 9.2 b 124.7 ± 12.0 a 76.3 ± 5.2 b 100.1 ± 9.1 a 58.9 ± 4.5 b 
LIN 74.7 ± 3.4 a 70.2 ± 2.3 a 79.6 ± 3.8 a 79.8 ± 3.1 a 81.6 ± 4.1 a 81.0 ± 1.2 a 84.5 ± 2.3 a 79.5 ± 1.2 a 
STR 81.4 ± 2.6 a 79.4 ± 2.5 a 87.2 ± 3.0 a 88.6 ± 2.5 a 88.4 ± 3.0 a 90.1 ± 1.9 a 91.3 ± 1.6 a 91.5 ± 0.8 a 

WOP 91.6 ± 1.7 a 88.2 ± 1.0 a 91.1 ± 1.6 a 90.0 ± 1.1 a 92.2 ± 1.6 a 89.8 ± 0.7 a 92.4 ± 1.4 a 86.8 ± 1.2 b 
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Figure 5. Proportions of (a) total and (b) progressively motile spermatozoa in control (non-selected
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Sperm kinematics parameters are shown, as mean ± SEM, in Table 1. After 120 min of incubation
at 38 ◦C, samples selected with SLC showed significantly (p < 0.01) lower values of VCL than the
control. After 60 min, 120 min, and 180 min of incubation, VSL and VAP were significantly (p < 0.01)
lower in SLC-selected samples than in the control. At 180 min, significantly (p < 0.05) lower values of
WOB were observed in samples selected through SLC than in their control counterparts.

Table 1. Sperm kinematic parameters (as mean ± SEM) in control (non-selected samples) and
SLC-selected samples (Equicoll).

Kinematic
Parameters

0 min 60 min 120 min 180 min

Control Equicoll Control Equicoll Control Equicoll Control Equicoll

VCL 155.0 ± 7.8 a 138.4 ± 9.3 a 143.4 ± 12.2 a 102.5 ± 11.2 a 136.3 ± 14.6 a 84.8 ± 5.4 b 108.5 ± 10.7 a 67.7 ± 4.7 a

VSL 115.3 ± 6.0 a 96.8 ± 6.9 a 112.4 ± 5.3 a 80.6 ± 6.0 b 109.1 ± 9.0 a 68.5 ± 4.2 b 106.9 ± 3.8 a 53.9 ± 4.2 b

VAP 141.6 ± 5.7 a 121.9 ± 7.6 a 130.0 ± 9.5 a 91.9 ± 9.2 b 124.7 ± 12.0 a 76.3 ± 5.2 b 100.1 ± 9.1 a 58.9 ± 4.5 b

LIN 74.7 ± 3.4 a 70.2 ± 2.3 a 79.6 ± 3.8 a 79.8 ± 3.1 a 81.6 ± 4.1 a 81.0 ± 1.2 a 84.5 ± 2.3 a 79.5 ± 1.2 a

STR 81.4 ± 2.6 a 79.4 ± 2.5 a 87.2 ± 3.0 a 88.6 ± 2.5 a 88.4 ± 3.0 a 90.1 ± 1.9 a 91.3 ± 1.6 a 91.5 ± 0.8 a

WOP 91.6 ± 1.7 a 88.2 ± 1.0 a 91.1 ± 1.6 a 90.0 ± 1.1 a 92.2 ± 1.6 a 89.8 ± 0.7 a 92.4 ± 1.4 a 86.8 ± 1.2 b

ALH 3.2 ± 0.4 a 3.1 ± 0.3 a 3.0 ± 0.4 a 2.4 ± 0.2 a 3.0 ± 0.4 a 2.1 ± 0.1 a 2.5 ± 0.3 a 2.1 ± 0.1 a

BCF 9.5 ± 0.8 a 10.1 ± 1.1 a 10.0 ± 10.9 a 9.9 ± 0.6 a 10.1 ± 1.0 a 9.1 ± 0.2 a 8.7 ± 0.1 a 9.7 ± 0.3 a

Different superscript letters (a, b) indicate significant differences (p ≤ 0.05) between treatments at 0, 60, 120,
and 180 min. Data are shown as mean ± SEM for 10 separate experiments. VCL: sperm curvilinear velocity
(µm/s); VSL: sperm linear velocity (µm/s); VAP: mean velocity (µm/s); LIN: linear coefficient (%); STR: straightness
coefficient (%); WOB: wobble coefficient (%); ALH: mean lateral head displacement (µm); BCF: frequency of head
displacement (Hz). SLC: single layer centrifugation.

3.6. Motile Sperm Subpopulations

A two-step clustering procedure based on log-likelihood distance and the Schwarz Bayesian
criterion was run with 24,399 motile spermatozoa. Four sperm subpopulations (SP1, SP2, SP3, and SP4)
were identified. SP1 and SP2 exhibited the highest average path velocity (VAP), whereas SP3 was
characterized by moderate VAP, and SP4 showed the lowest VAP (Table 2; mean ± SEM).
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Table 2. Kinematic parameters (mean ± SEM) of each motile sperm population.

Kinematic Parameters SP1 SP2 SP3 SP4

n 8422 8133 6152 1692
VCL 165.8 ± 0.2 103.8 ± 0.3 120.1 ± 0.1 0.6 ± 0.1
VSL 132.8 ± 0.3 90.7 ± 0.3 46.4 ± 0.3 2.0 ± 0.1
VAP 150.5 ± 0.2 97.5 ± 0.3 94.4 ± 0.6 0.3 ± 0.0
LIN 80.2 ± 0.1 87.3 ± 0.1 40.6 ± 0.2 0.3 ± 0.1
STR 88.2 ± 0.1 93.2 ± 0.1 53.2 ± 0.3 0.67 ± 0.1

WOB 90.6 ± 0.1 93.4 ± 0.1 767.0 ± 0.1 1.0 ± 0.2
ALH 3.6 ± 0.0 2.1 ± 0.0 3.6 ± 0.0 0.1 ± 0.0
BCF 11.0 ± 0.0 8.4 ± 0.0 7.8 ± 0.0 0.1 ± 0.0

Abbreviations: SP1: subpopulation 1; SP2: subpopulation 2; SP3: subpopulation 3; SP4: subpopulation 4;
VCL: sperm curvilinear velocity (µm/s); VSL: sperm linear velocity (µm/s); VAP: mean velocity (µm/s); LIN: linear
coefficient (%); STR: straightness coefficient (%); WOB: wobble coefficient (%); ALH: mean lateral head displacement
(µm); BCF: frequency of head displacement (Hz).
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Figure 6. Proportions of spermatozoa belonging to one of each sperm subpopulations ((a), SP1; (b), SP2;
(c), SP3; (d), SP4) in control (non-selected samples) and SLC-selected samples (Equicoll). Different
superscript letters (a, b) indicate significant differences (p ≤ 0.05) between treatments within a given
time point, and different superscript numbers (1–3) mean significant differences between time points
within the control or samples selected with Equicoll. Data are shown as box-whisker plots for 10
separate experiments. SLC: single layer centrifugation. SP1: subpopulation 1; SP2: subpopulation 2;
SP3: subpopulation 3; SP4: subpopulation 4.

Immediately after centrifugation with Equicoll (0 min) and after 60, 120, and 180 min of incubation
at 38 ◦C, proportions of motile spermatozoa belonging to SP1 were significantly (p < 0.05) lower
in SLC-samples than in the control (Figure 6a). The proportions of motile spermatozoa belonging
to SP2 were significantly (p < 0.05) lower in the control than in SLC-selected samples (Figure 6b).
With regard to SP3, the proportions of spermatozoa belonging to that population were significantly
(p < 0.05) higher in SLC-selected samples than in the control after 180 min of incubation (Figure 6c).
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Finally, no significant differences in the proportions of sperm belonging to SP4 were observed between
the control and SLC-selected samples either at 0 min or over the incubation period at 38 ◦C (60, 120,
and 180 min; Figure 6d).

3.7. Sperm-PMN Interaction

At 0 min, proportions of sperm bound to PMN were significantly (p < 0.05) higher in SLC-selected
samples than in the control. In contrast, no significant differences between control and SLC-selected
samples were observed after 60, 120, or 180 min of incubation (Figure 7a; mean ± SEM). Moreover,
and as shown in Figure 7b (mean ± SEM), percentages of spermatozoa phagocytosed by PMN were
significantly (p < 0.05) higher in SLC-selected samples than in the control after 60, 120, and 180 min of
incubation at 38 ◦C.
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Figure 7. Percentages of (a) spermatozoa bound to PMN and (b) sperm phagocytosed by PMN in
control (non-selected samples) and SLC-selected samples (Equicoll). Different superscript letters (a, b)
indicate significant differences (p ≤ 0.05) between treatments within a given time point, and different
superscript numbers (1, 2) mean significant differences between time points within the control or
samples selected with Equicoll. Data are shown as mean ± SEM for 7 separate experiments. SLC: single
layer centrifugation. PMN: Polymorphonuclear neutrophils.

4. Discussion

Pregnancy rates after AI are affected by sperm quality and by the ability of the female reproductive
tract to support an embryo. Consequently, selection of high-quality sperm represents a challenge
in equine assisted reproduction. Previous studies have already shown that SLC with cooled-stored
and frozen/thawed semen significantly improves sperm quality parameters in both stallions [11] and
jackasses [12]. On the other hand, one should note that using a species-specific formulated colloid is
highly advisable, as the specific particularities of each species require the design of concrete formulations.
In the current study, we observed that fresh donkey semen samples previously centrifuged with
SLC (Equicoll) showed higher proportions of spermatozoa with an intact plasma membrane (viable
spermatozoa), low membrane lipid disorder, high intracellular calcium (which was evaluated with
two separate fluorochromes [33,34]), high superoxide levels, and high MMP, and of progressively and
total motile spermatozoa than the control. In contrast, after centrifugation with SLC, spermatozoa
showed lower VSL, VCL, and VAP, and the proportions of spermatozoa belonging to SP1, which was
the motile sperm subpopulation that exhibited the highest VAP, were also significantly lower than
the control. Furthermore, the removal of seminal plasma components due to centrifugation with SLC
led to an increase in the percentages of sperm phagocytosed by PMN after 60, 120, and 180 min of
incubation, and in the percentages of spermatozoa bound to PMN, although in this case significant
differences were only observed at 0 min.

Overall, our data support that SLC selects a sperm functional population, which exhibits high
plasma membrane integrity. This increase in plasma membrane integrity is not only apparent from the
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analysis of SYBR14/PI staining but also from that of M540/YO-PRO-1. However, the higher plasma
membrane integrity and lower membrane lipid disorder of SLC-selected spermatozoa compared to the
control were statistically significant immediately after centrifugation and after 60 min of incubation
at 38 ◦C but not later, which indicates that further incubation at this temperature abolishes these
differences. In this context, it is worth mentioning that the 3-h period was set to mimic the time deemed
for sperm to reside within the uterus. However, this post-selection incubation time was not included in
previous studies, which made our results difficult to compare. Moreover, most of the previous works
investigating how selection with SLC affects sperm quality were focused on stored semen (cooled and
frozen). In donkeys, Ortiz et al. obtained significantly higher values of sperm quality parameters with
colloid centrifugation using Equicoll after 24 h of cooled storage [12] and after freezing/thawing [13].
It is worth highlighting that sperm samples included in this study were initially within the standard
values for donkey semen [40]. In this regard, even if SLC-selected spermatozoa are the ones exhibiting
the highest quality, it is difficult to observe much apparent differences between the control and
SLC-selected samples when the raw semen is of good quality. Under this perspective, our results are in
agreement with those obtained by Ortiz et al. who observed that the use of SLC-selection to improve
post-thaw sperm quality yielded better results when ejaculates with poor freezability were used [41].
Be that as it may, further research comparing the effects of SLC-selection on groups of fresh ejaculates
with high and low sperm quality is warranted.

As aforementioned, in this work, we found a significant improvement in different sperm function
parameters. In agreement with our data, centrifugation with species-specific designed colloids gives
similar results. In horses, centrifugation of cooled-stored semen with Equicoll has been reported to
increase the proportions of the most functional spermatozoa [42,43]. Despite not being evaluated
in our study, the aforementioned research also demonstrated that SLC with Equicoll removes much
of the bacterial load present in their ejaculates [42,43] and increases pregnancy rates after AI [44,45].
In rams, Šterbenc et al. [14] observed that centrifugation of frozen/thawed semen with a species-specific
colloid (Androcoll-O) increases the proportions of spermatozoa with an intact plasma membrane
and DNA, and of motile spermatozoa. In pigs, SLC with Porcicoll (formerly known as Androcoll-P)
has been found to enhance the quality of frozen/thawed sperm, in terms of viability, mitochondrial
activity and intracellular levels of ROS [15]. Also in pigs, centrifugation of semen with SLC with
Porcicoll prior to cryopreservation increases the cryotolerance and fertilizing ability of frozen/thawed
sperm [19,20]. Even in brown bears, centrifugation with SLC has also been reported to improve the
proportion of spermatozoa with intact plasma membrane and acrosome [17,18]. In bulls, centrifugation
through SLC with a species-specific colloid (Androcoll-B/Bovicoll) also results in an increase in the
proportions of spermatozoa with high mitochondrial membrane potential and high relative levels
of peroxides [16], and in some kinematic parameters, but has no impact upon total and progressive
motility of cooled-stored semen [46].

Another novel and interesting finding of this study is related to the evaluation of the percentages of
sperm bound to PMN and those of sperm phagocytosed by PMN. We observed that, immediately after
SLC-selection (0 min), the percentages of spermatozoa bound to PMN were higher in samples washed
through SLC than in the control. In addition, the percentages of sperm phagocytozed by PMN were
significantly higher in washed SLC-samples than in the control after 60, 120, and 180 min of incubation.
As aforementioned, not only is centrifugation through SLC expected to select the sperm population
with higher sperm quality and fertilizing ability, but it also removes seminal plasma components [23,47].
This means that donkey spermatozoa, especially when seminal plasma components are removed,
are very susceptible to bind to PMN and, in some cases, be phagocytozed. In this context, it is worth
mentioning that while sperm separation methods seek to mimic in vitro the natural selection occurring
within the female reproductive tract [48], they also entail the removal of seminal plasma, which plays a
crucial role in the response of the endometrium [26]. Upon ejaculation, specific components of seminal
plasma, notably proteins such as spermadhesins, are adsorbed onto the sperm surface [49]. These sperm
coating components confer important properties to the plasma membrane and prevent premature sperm
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capacitation [50]. Furthermore, previous studies have described that seminal plasma components
are able to regulate the endometrial inflammatory reaction [25,51]. In effect, in the horse, the seminal
protein CRISP3 has been found to inhibit the binding mechanism between viable spermatozoa and
PMN involved in phagocytosis [52], improving fertility in mares [53]. In jennies, suppression of
sperm-PMN binding by the presence of seminal plasma has also been identified [18], which would
also be in agreement with the observed effect of seminal plasma in this study. We can thus hypothesize
that sperm selection with Equicoll leads to the removal of seminal plasma components involved
in the sperm protection from phagocytosis, since a previous study reported that the percentages
of phagocytosis are low in the presence of seminal plasma [26]. In addition, one should also take
into consideration that donkey semen has been reported to activate PMN and that PMN can create
complexes known as neutrophil extracellular traps (NETosis) in the presence of spermatozoa [54–56].
NETosis is another type of programmed cell death that differs from apoptosis and is triggered by
neutrophils (although monocytes and macrophages also show that ability, which is known as METosis).
During NETosis, PMN undergo morphological changes, which include the disintegration of nuclear and
granule membranes and the combination of nuclear, granular, and cytoplasmic components; the final
result is the formation of traps made up of DNA and antimicrobial proteins. These extracellular traps
allow capturing microbial agents and spermatozoa [57]. Therefore, further studies should elucidate
whether the modifications of the sperm surface due to selection through SLC modify the ability of
PMN to trigger NETosis, and determine the impact upon sperm fertilizing ability and endometrial
reaction in the jenny.

5. Conclusions

We can conclude that previous centrifugation of donkey spermatozoa with SLC (Equicoll)
likely selects the most functional spermatozoa, which are the ones that exhibit intact membranes,
high mitochondrial membrane potential, and high intracellular calcium levels. In addition, selection
with SLC increases the proportion of progressively and total motile spermatozoa. Finally, since selection
of donkey sperm through SLC augments phagocytosis by PMN, further studies analyzing the effect of
SLC-selection on sperm–PMN interaction, particularly NETosis, are much warranted.
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Simple Summary: A reliable sperm motility exam is important for semen analysis and breeding
soundness examination. Different parameters can affect the Computer Assisted Sperm Analysis
(CASA) motility results. Today, new high-resolution cameras and different chambers are introduced
to CASA systems, and protocol optimization is required to render the estimation results for donkey
sperm. The objective of this study is the optimization of the conditions used for donkey semen
motility analysis with CASA-Mot by defining the optimum frame rate for different chamber types.
Additionally, to study the effect of different chamber types, chamber field and sperm dilution on the
sperm kinematic parameters with higher frame rates are examined.

Abstract: In order to optimize the donkey sperm motility analysis by the CASA (Computer Assisted
Sperm Analysis)-Mot system, twelve ejaculates were collected from six jackasses. Capillary loaded
chamber (CLC), ISAS®D4C depths 10 and 20 µm, ISAS®D4C Leja 20 and drop displacement chamber
(DDC), Spermtrack® (Spk) depths 10 and 20 µm were used. Sperm kinematic variables were
evaluated using each chamber and a high-resolution camera capable of capturing a maximum
of 500 frames/second (fps). The optimum frame rate (OFR) (defined according to curvilinear
velocity—VCL) was dependent on chamber type. The highest OFR obtained was 278.46 fps by
Spk20. Values for VCL, straight-line velocity (VSL), straightness (STR), amplitude of lateral head
displacement (ALH) and beat cross frequency (BCF) were high in DDC and 10 µm depth. In both
DDC 10 and 20 µm, the sperm velocities (VCL, VSL, VAP) and ALH values decreased significantly
from the centre to the edges, while Wobble and BCF increased. No defined behavior was observed
along the CLC. However, all the kinematic variables had a higher value in a highly concentrated
sample, in both chamber types. In conclusion, analyzing a minimum of nine fields at 250 fps from the
centre to the edges in Spk10 chamber using a dilution of 30 × 106 sperm/mL offers the best choice for
donkey computerised sperm motility analysis.

Keywords: frame rate; drop displacement chambers; capillary loaded chambers; chamber depth;
field; sperm dilution
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1. Introduction

The domestic donkey (Equus asinus) is one of the two domestic species of the genus Equus
along with the horse (Equus caballus) [1]. In developed zones, donkeys have suffered a significant
decrease due to industrialization and mechanization of agriculture. However, in recent years, there has
been an increase in donkey product interest: milk, meat or skin [2]. Donkey farming is expanding
and the research interest about donkey production and reproduction optimization is increasing [3,4].
This implies a more complete knowledge of their semen quality and general reproductive characteristics
especially for achieving a productive-assisted reproduction [5].

Semen quality can be defined upon certain criteria performing certain tests, such as motility,
concentration and morphology [5–7]. Nonetheless, from all those tests, sperm motility is commonly
considered the most significant parameter for breeding soundness examination [8,9]. Usually, motility is
analysed subjectively looking for just the total and progressive motility, but in the last few decades,
an objective method—CASA (Computer Assisted Sperm Analysis)—was introduced and is now
available and used widely by veterinarians and laboratories [10]. CASA-Mot technology is based on
the computational reconstitution of sperm trajectory from image sequences; the last ones are captured
by a video camera mounted on a microscope. Then, the sperm sequences are automatically analysed
by the computer in a concise time [11]. Moreover, CASA-Mot systems provide a battery of kinematic
quantitative parameters that define the sperm cell motility rather than the progressivity [12].

A critical review of the literature revealed that no standard practices have been embraced or
recommended by professional societies in the case of donkey samples and thus, no defined protocols are
followed within or across CASA-Mot instruments [13]. In fact, in other species, it has been proved that
the accuracy and the sensitivity of the measurements obtained with CASA-Mot systems can be affected
by different factors, such as the mathematical algorithms, suspending medium, sample concentration,
frame rate, chamber type and depth, hardware, and instrument settings [14]. Usually, for the donkey
semen assessment within CASA, we use the same setting and protocol as horses. However, comparative
studies in both species have identified differences in reproductive strategy as well as in the sperm
form and function [15,16]. Effectively, the donkey testis is bigger and has been proved to have more
efficient spermatogenesis than a stallion [17–20]. In effect, donkey sperm heads are smaller with a
larger mid-piece than the stallion resulting in differences in motility patterns [21]. It was reported
that donkey spermatozoon is faster than the horse when using the same CASA set up [22]. However,
we need to consider those differences in the definition of the most adequate setting when analysing
donkey sperm.

On the other hand, in recent years, the development of high-resolution cameras, the improvement
of informatic systems and the development of specific chambers to analyze sperm motility have changed
the published data completely on sperm motility patterns in different species by CASA-Mot systems.

The objective of this study was to standardise the method of sperm motility assessment in the
donkey, by first defining the optimal frame rate (OFR) based on VCL (curvilinear velocity) data for
different counting chambers for the use in CASA-Mot system. Secondly, we analyse the kinematic
variables at OFR in different chamber types and depths (including the considered counting area).
Finally, an investigation of the effect of semen dilution on donkey sperm motility parameters is
carried out.

2. Materials and Methods

2.1. Animals Used and Ethics Statement

The experiment was carried out on six Catalan donkeys with two ejaculates for each one. All males
were aged between 3 and 20 years old and they are known for their successful fertility. Animals involved
in the study were housed at the Equine Reproduction Service, Autonomous University of Barcelona
(Bellaterra, Cerdanyola del Valles, Spain) at a Europe-approved equine semen collection centre
(authorization number: ES09RS01E). The centre operates under strict protocols of animal welfare
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and health control. All jackasses were semen donors, which were housed in an individual paddock
at the centre. Semen has been collected under CEE health conditions (free of Equine Arteritis,
Infectious Anaemia and Contagious Metritis). It is important to note that the service runs under the
Catalonia Regional Government’s approval (located in Spain) and no manipulations to the animals
other than semen collection were carried out. The Ethics committee of this institution indicated that no
further ethical approval was required. Additionally, all the animals received a standard diet (with
mixed hay and basic concentrate) and were provided with water ad libitum. Three times a week,
donkeys underwent regular semen collection once a day under the same conditions and samples were
collected throughout the year.

2.2. Semen Preparation

The semen was collected manually using an artificial Hannover vagina (Minitüb GmbH, Tiefenbach,
Germany) with an in-liner nylon filter to eliminate the gel fraction. Once semen collected, the volume
was recorded, then was immediately diluted 1:5 (v/v) in a skim-milk-based semen extender (Kenney) [23]
and allowed in 50 mL conical tubes. Morphological abnormalities and viability were determined
by bright field microscopy (mag. ×1000) when examining 200 cells after smear staining with
Eosin–Nigrosin. Total sperm concentrations were determined using a Neubauer Chamber (Paul
Marienfeld GmbH and Co. KG, Lauda-Königshofen, Germany); counting was performed in triplicate
using a phase-contrast microscope (mag. ×20).

2.3. Semen Dilution

The sperm concentration of semen diluted previously was reevaluated and adjusted to obtain two
groups: the first one with a high concentration (80 × 106 spz/mL) and the second, low concentrated,
(30 × 106 spz/mL) in order to analyze the effect of concentration on sperm motility.

2.4. Counting Chambers and Loading Technique

Five commercial counting chambers (all from Proiser R + D S.L., Paterna, Spain) were used:
(1) three disposable, capillary loaded chambers ISAS®D4C having a fixed cover-slide attached by
glue, ISAS®D4C10, ISAS®D4C20 (hereafter D4C10 and 20) of 10 and 20 µm depth (Figure 1a) and
ISAS®D4C20L (hereafter D4CL20) of 20 µm depth (Figure 1b). (2) two reusable drops displacement
chambers Spermtrack® (Proiser R + D, Paterna, Spain) having a separate cover slide, Spermtrack®10
and Spermtrack®20 (hereafter Spk10 and 20) of 10 and 20 µm depth (Figure 1c).

The samples were well homogenized just before being charged in the chambers. All chambers
were loaded with the adequate technique and quantity (Figure 1) of semen as recommended by the
manufacturer. When using the Spermtrack® chambers, the covers were rapidly but gently put in place
to achieve a homogenous distribution of the sample. The other chambers were loaded by depositing
the sperm sample in the loading area. Then, the sperm travels by capillarity into the different areas of
the chamber. Chambers were maintained on a thermo-plate for 15 s at 37 ◦C to prevent heat shock and
allowing the fluid to cease permitting correct observation. For the analysis, the order of chambers used
was randomized to avoid the effect of incubation time.

To study the effect of the field location on sperm motility, 7 fields were identified longitudinally in
D4C10 and 20 (Figure 1c). However, in D4C20L two captures were made in each zone A, B and C from
the proximal position to the distal position as presented in Figure 1b. Finally, in Spermtrack® chamber
different fields were captured from the center to the edges as shown in Figure 1c. An average of 500
sperm was captured per field.
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Figure 1. The different chambers types and forms used and the filed analyzed. (a): Disposable 
chamber D4C10, D4C20. (b): Disposable chamber D4C20L and (c): Reusable chambers SpK10, SpK 20. 
The arrow demonstrates the place of drop deposition. Numbers (1–7) and characters (A, B, C) inside 
the chambers demonstrate different capture fields. 

2.5. CASA-Mot Analysis 

Objective motility assessment was performed using ISAS® v1.2 CASA-Mot system (Proiser R + 
D, Paterna, Spain) combined with a UOP200i microscope (Proiser R + D) equipped with a negative 
phase contrast 10× objective (AN 0.25) and an MQ003MG- CM digital camera (Proiser R + D S.L.) 
which was capable of capturing a maximum frame rate of 500 per second. The final resolution was 
0.48 µm/pixel in both x- and y-axis. The system was set with particle area between 4 and 70 µm2 and 
connectivity set value of 6 µm. All samples analysis was performed by the same technician to avoid 
errors related and biases. 

Sequences were captured at 500 fps and recorded during 3 s in different fields. For the study, 
these original videos were later segmented into 25, 50, 100, 150, 200 and 250 fps working videos, using 
the following command: [echo off: set fps = 25, 50, 75, 100, 150: for %%i in (.Ä*.avi) do (set fname = 
%%~ni) & call: encodeVideo; goto eof: encodeVideo: ffmpeg.exe -i%fname%.avi -r %fps% -clibx264 -
preset slow -qp 0”%fname%_(%fps%fps).avi”; goto eof]. 

The following kinematic parameters were considered for this study: the sum of the distances 
between each measured sperm position divided by the analysis time (VCL, µm/s), the straight-line 
distance between the first and last sperm position divided by the analysis time (VSL, µm/s), the 
average path velocity is the time-averaged velocity of a sperm head along its average path (VAP, 
µm/s), the wobble is a measure of oscillation of the actual path about the average path (WOB = 
VAP/VCL, dimensionless), the straightness is a measure of the linearity of the average path (STR = 
VSL/VAP, dimensionless), the linearity of forward progression, the linearity of the curvilinear path 
(LIN = VSL/VCL, dimensionless), the average distance of the sperm head from the average sperm-
swimming path where the average path (ALH, µm) and the beat cross frequency the number of lateral 
oscillatory movements of the sperm head around the mean trajectory (BCF, Hz). 
  

Figure 1. The different chambers types and forms used and the filed analyzed. (a): Disposable chamber
D4C10, D4C20. (b): Disposable chamber D4C20L and (c): Reusable chambers SpK10, SpK 20. The arrow
demonstrates the place of drop deposition. Numbers (1–7) and characters (A, B, C) inside the chambers
demonstrate different capture fields.

2.5. CASA-Mot Analysis

Objective motility assessment was performed using ISAS® v1.2 CASA-Mot system (Proiser R + D,
Paterna, Spain) combined with a UOP200i microscope (Proiser R + D) equipped with a negative phase
contrast 10× objective (AN 0.25) and an MQ003MG- CM digital camera (Proiser R + D S.L.) which was
capable of capturing a maximum frame rate of 500 per second. The final resolution was 0.48 µm/pixel
in both x- and y-axis. The system was set with particle area between 4 and 70 µm2 and connectivity set
value of 6 µm. All samples analysis was performed by the same technician to avoid errors related
and biases.

Sequences were captured at 500 fps and recorded during 3 s in different fields. For the study,
these original videos were later segmented into 25, 50, 100, 150, 200 and 250 fps working videos,
using the following command: [echo off: set fps = 25, 50, 75, 100, 150: for %%i in (.Ä*.avi) do (set
fname = %%~ni) & call: encodeVideo; goto eof: encodeVideo: ffmpeg.exe -i%fname%.avi -r %fps%
-clibx264 -preset slow -qp 0”%fname%_(%fps%fps).avi”; goto eof].

The following kinematic parameters were considered for this study: the sum of the distances
between each measured sperm position divided by the analysis time (VCL, µm/s), the straight-line
distance between the first and last sperm position divided by the analysis time (VSL, µm/s),
the average path velocity is the time-averaged velocity of a sperm head along its average path
(VAP, µm/s), the wobble is a measure of oscillation of the actual path about the average path (WOB
= VAP/VCL, dimensionless), the straightness is a measure of the linearity of the average path (STR
= VSL/VAP, dimensionless), the linearity of forward progression, the linearity of the curvilinear
path (LIN = VSL/VCL, dimensionless), the average distance of the sperm head from the average
sperm-swimming path where the average path (ALH, µm) and the beat cross frequency the number of
lateral oscillatory movements of the sperm head around the mean trajectory (BCF, Hz).

2.6. Calculating the Optimum Frame Rate

Optimal frame rates were determined from the VCL of the sperms using point-to-point
reconstructions of their trajectories at each tested FR. For this, the results were subjected to exponential
regression analysis:

y = β.α exp (−β/x) (1)
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where y is the VCL, x is the FR, α is the asymptotic level, β is the rate of increase to the asymptote and
exp based on the natural logarithm. The biological meaning of the formulae is that the asymptotic
level (α) represents the maximum achievable when the FR is above the threshold value. The threshold
level is conventionally calculated as the FR needed to obtain 95% of the maximum value. The rate of
the approach to the asymptote represents the dependence on the curve on the FR; a higher value of β
indicates high growth of the VCL as FR increases and vice versa. There is no substantial increase in the
VCL with the increase of FR which represents α the asymptotic value (at least 95% of the maximum
VCL has been achieved). The rate of approach to the asymptote represents the dependence of the curve
on the FR, thus, a high β value indicates an increase in VCL with increasing FR and vice versa.

Although, the maximum image captured by the camera was 500 f/s. There is no software that
can analyse the huge amount of data generated by capture frequency higher than 250 f/s. Therefore,
given the OFR for all the studied chambers was either virtually identical to 250 f/s or >250 f/s.
The following experiments were performed at 250 f/s for every chamber.

2.7. Statistical Analysis

The data obtained for the analysis of all sperm variables were first assessed for normality and
homoscedasticity by using Shapiro–Wilk and Levene tests respectively. A normal probability plot was
used to assess normal distribution. In trying to obtain a normal distribution, data were transformed
using acrsine square root (acrsin

√
x) before repeated-measures ANOVA was run. An ANOVA was

applied to evaluate statistical differences in the distributions of observation (individual spermatozoa)
within disposable and reusable counting chambers and then a generalized linear model (GLM)
procedure was used to determine the effects on the mean kinematic values defining the different fields
of disposable counting chambers ISAS®D4C depth. Differences between means were analyzed by a
Bonferroni test. The statistical model used was:

Xijk = µ + Ai + Bj + AB (ij) + εijk (2)

where Xijk = the measured sperm motility variable, µ = the overall mean of variable x, Ai = the effect
of depth, Bj = the effect of the counting chamber; AB (ij) = the effect of the interaction depth-counting
chamber; and εijk = the residual.

Results are presented as mean ± standard error of the mean (SEM) Statistical significance was
considered at p < 0.05. All calculations were performed using the IBM SPSS V.23.0 package for Windows
(IBM Inc., Chicago, IL, USA).

3. Results

3.1. Optimum Frame Rate in Different Chambers

The OFR was calculated for each chamber type (Figure 2). The higher OFR found was obtained by
means of reusable chambers. However, OFR was higher in the chamber of 20 µm in depth compared
to 10 µm in depth whatever the chamber type. Therefore, the highest value of the OFR was in Spk20
(278.4 fps) while the lowest was in D4C20L (225.3 fps) as presented in Table 1.

The OFR of all the chambers was between 225 f/s and 278 f/s. Thus, all the subsequent experiments
were performed at 250 f/s for every chamber assuring a reliable measurement for sperm kinematic
parameters in donkey semen.

Sperm trajectory showed a different form as the FR increase. At a higher FR, the trajectory showed
a much higher oscillation that was not possible to appreciate at lower FR as shown in Figure 3.
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3.2. Effect of Chamber Type and Depth on Sperm Kinematic Parameters

The analysis of sperm kinematic parameters (VCL, VSL, VAP, LIN, STR, ALH) was generally
characterized by a significantly higher value in reusable chambers compared to disposable chambers
(p < 0.05). On the contrary, WOB and BCF were lower in reusable chamber Spk.

Then, when comparing the motility parameters in different depths for the same type and design
chamber, a disposable D4C chamber of 10 µm depth reveals a higher value for the VAP, LIN, WOB and
BCF rather than the D4C 20 µm depth chamber. Nevertheless, ISAS®D4C20L reusable chamber had
the lowest value for all kinematic parameters except for WOB, STR and LIN which showed a higher
value compared to D4C 20 µm (Table 2).

Table 2. Motility parameters (mean ± SEM) of donkey spermatozoa determined by CASA system using
disposable and reusable chambers obtained at 250 frames.

Chambers
Disposable Reusable

D4C D4C D4CL Spk Spk

Depth 10 µm 20 µm 20 µm 10 µm 20 µm

VCL 227.91 ± 1.19 d 238.16 ± 0.83 c 223.77 ± 0.77 d 260.47 ± 0.78 b 268.07 ± 0.54 a

VSL 70.19 ± 0.67 c,d 71.16 ± 0.45 c 68.93 ± 0.42 d 83.57 ± 0.45 a 80.46 ± 0.3 b

VAP 181.57 ± 0.8 a 177.18 ± 0.52 b 168.15 ± 0.5 c 183.8 ± 0.48 a 181.66 ± 0.33 a

LIN 29.82 ± 0.27 a,b 28.3 ± 0.18 c 29.32 ± 0.19 b 30.23 ± 0.18 a 28.46 ± 0.12 a,b

STR 37.67 ± 0.38 d 38.09 ± 0.25 d 39.06 ± 0.24 c 42.61 ± 0.23 a 41.47 ± 0.16 b

WOB 79.1 ± 0.19 a 73.72 ± 0.13 c 74.39 ± 0.15 b 70.19 ± 0.13 d 67.5 ± 0.09 e

ALH 1.17 ± 0.01 e 1.26 ± 0.01 c 1.22 ± 0.01 d 1.39 ± 0.01 b 1.44 ± 0.0049 a

BCF 42.58 ± 0.2 a 40.35 ± 0.14 c 38 ± 0.14 d 40.79 ± 0.12 b 39.96 ± 0.08 c

SEM: Standard Error of the Mean; VCL (µm/s) curvilinear velocity; VSL (µm/s) straight line velocity; VAP (µm/s)
average path velocity; LIN (%) linearity; STR (%) straightness; WOB (%) wobble; ALH (µm) amplitude of lateral
head displacement; BCF (Hz) beat-cross frequency. Disposable chambers D4C 10 µm and 20 µm depth. Reusable
chambers. Spk 10 µm and 20 µm depth. a,b,c,d Within columns, rates with different superscripts differed (p < 0.05).

3.3. Effect of the Capture Field Inside the Counting Chamber

In D4C10, there was no clear tendency observed in the kinematic parameters as the spermatozoids
travel from the point of deposition to the last field. However, the velocities (VCL, VSL, VAP) and BCF
were higher in the last field while LIN increased along the counting way (form field 1 to 7) (Table 3).

The same results were found in the D4C20 chamber; we can observe an oscillatory change along
the counting way. However, we observed a reduction in the velocity value (VCL, VSL, VAP) and the
linearity in the last field (Table 3).

Regarding the D4C20L chamber, the highest values for all kinematic parameters (exception from
the WOB) were observed closer to the point of deposition. However, the sperm had the lowest
kinematic values in the middle of the chamber. The only value that showed no changes in the three
counting zones was the BCF (Table 4).

Finally, in the reusable chambers, Spk spermatozoa showed similar behavior for both depths.
In both Spk10 and 20 the sperm velocities (VCL, VSL, VAP) and ALH, values decreased significantly
from the centre to the edges, while WOB and BCF increased (p < 0.05). Yet, VAP and LIN showed the
highest value in the second counting ring in Skp20 (Table 5).
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4. Discussion

In the present study, we attempted to standardize the technique used for the motility assessment
of donkey sperm using high-resolution cameras and specific chambers.

The first step was to define the OFR for sperm kinematic analysis. Our work evidenced a direct
positive relationship between capture frequency and VCL. Thus, capture frequency is the number of
captures that permit the tracking of the sperm from one dot to another, hence we can reconstruct the
sperm trajectory while VCL is the speed of the sperm (sperm trajectory/time) and dependent on sperm
trajectory. As demonstrated in this study using non-linear regression, we could calculate the maximum
frames needed, defined as OFR representing the threshold (α) where more captures will lead to the
same sperm path. The OFR for the donkey sperm was different between chambers with a higher value
in Spermtrack® (278 fps) having a VCL of 248.36 µm/s. The lower frames were needed in the D4C20L
chamber (225.7 fps). It has been noted in other studies in horses that the calculated OFR (309 fps) with
a VCL is remarkably superior compared to the donkey (not published). Contrarily to what was found
with lower frames (25 fps), the VCL was higher in donkeys compared to the horse [22]. This can be
explained by the loss of information with a lower frame. It is believed that donkey sperm is faster
than a stallion, but the current study showed less VCL with higher VSL and a straighter trajectory in
donkey than the horse. Thus, this explains the lower OFR found in the horse compared to the donkey.
Additionally, in recent studies, while using a high-performance camera and the same study design,
depending on each species that the sperm shows non-linear trajectory will need more captures to
define the correct track. This explains the differences obtained in the calculation of the OFR in the bull
(256 fps) [24], the boar (212 fps) [25], and the salmon (250 fps) [26].

It was also found that the OFR is dependent on the chamber type and depth. In fact, the sperm
motion or the flagellar beat is affected by the space where it is placed. In a similar study designed for
bulls [24], this was also found in a different frame for different chambers.

The second step was to analyse the sperm behavior in different chamber types. As we can observe,
the kinematic parameters were high in the reusable chamber compared to disposable chambers, except
that the BCF and WOB values were higher in the disposable chamber. In fact, the same results were
observed for VC, VSL and VAP on different species like horses, bulls, boars and bucks. Yet, the other
parameters were variable depending on the species [24,27–32]. Those differences could be explained
by the loading technique that could generate physical forces on the spermatozoa affecting its motility.
As well, it was showed the existence of a certain interaction between sperm and ions of the glass
mounted on the chamber, which would be toxic in certain species [14]. Furthermore, the chamber’s
designs can exercise a certain force and affect sperm movement as seen in the D4C20L chamber where
donkey sperm showed the lowest values for all kinematic parameters compared to other chambers
which could be due to turbulence created inside this chamber [14]. The same results were found for
the bull [33]. All these effects, as we can see, are specific to each species. So, it is essential to take these
parameters into account for each species when choosing the chamber for sperm motility analysis.

The results of our study additionally demonstrated that the depth of the counting chamber
influenced kinematic values. In fact, comparing the chambers of the same type for a different depth,
we can observe that donkey sperm had greater VAP, VSL, LIN, STR, WOB and BCF in a narrow chamber
of 10 µm rather than 20 µm chamber while VCL and ALH were greater in 20um chamber. The same
result was found in other species such as the goat [27]. In the Belgian Blue bull and the Limousine
bull breed [24], D4C10, 20 µm depths were used. This kind of linear motility movement is defined by
low lateral amplitude and a high straight-line velocity. In actuality, it was found that this movement
was essential for the sperm migration from the cervix to the uterus and then to the oviduct [34,35].
Moreover, this movement was also observed in the seminal plasma and the uterine fluids, with a low
concentration of glucose. However, a study on the boar [36], the Holstein bull breed [24] and the
stallion [29] determined that the sperm was faster (high VCL, VSL and VAP) with higher index values
in the deepest chamber 20 µm. Yet, it has also been suggested that sperm kinematics are unaffected
by the chamber depth [13]. Looking at the studies referred to above, it was observed that the frame
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rate setting and the chambers used to achieve different depths were not identical in all other respects.
Therefore, differences in sperm kinematics could not be attributed solely to a chamber depth. A study
conducted by [36], using lensless microscopy, showed that the kinetic parameters of boar semen in
the deepest chambers of 100 µm increase significantly. Considering all these parameters discussed
previously, it was demonstrated that the sperm behave differently depending on the chamber’s depth
and the species. It is important to contemplate that there is a possibility that in the OFR with a higher
chamber depth (more than the size of the sperm), the sperm will show different behavior.

To the best of our knowledge, this is the first work that studies the effect of the chamber field in
the analysis of donkey sperm. The semen analysis demonstrated that the zone analysis in the chamber
had a significant effect on the kinematic outcomes. The analysis in D4C10 rectangular chamber showed
that the sperm increased in velocity as the drop moved to the last field. However, it was observed that
the sperm lost its linearity. On the contrary, it was demonstrated that in the D4C20 chamber, the sperm
showed opposite comportment for the velocity parameters. The same outcome was found in the fox
samples [37] using the same chambers. It was suggested that the Segre–Silderberg effect altered the
sperm movement as a consequence of the hydrodynamic drive of the fluid within the capillary-loaded
chambers [38]. In this case, it affected the sperm tail [30,32] and the vitality [33]. In fact, we can observe
that the results were emphasised in a narrow chamber when observing the sperm of the donkey. In the
circle form chamber, Spermtrack®, the drop is moved by the force of the coverslip. In our study, it was
found that when the drop moves from the centre to the edges, the motility decreased in both chambers’
depth, but the linearity increased. This result could be explained by the force of the fluid in the centre,
which is generated by the cover that moves the sperm forward increasing the linearity but affecting
the velocity. A similar result was found in the ram using a slide-coverslip [27,32]. However, [39]
when using a Makler® for the bull sperm, no differences between the centre and the edges could be
determined [39]. As we can see, this could implicate the biology or metabolism of each species which
behave differently [40].

Finally, it is important to also consider the dilution rate which had a direct effect on sperm motility
parameters as observed in our study. The sperm velocity (VAP and VCL) and the progressiveness
(BCF, STR and LIN) values were higher in the high-density sample (80 × 106 sperm/mL) compared
to a low density (30 × 106 sperm/mL) sample for all the chambers. As previously reported in many
studies, the semen concentration could affect sperm motility parameter values recorded by CASA [41].
The same results were found for different studies in dogs [42] and bulls [43] with a higher initial sperm
concentration resulted in an increase in sperm velocity (VAP, VSL and VCL) and progressiveness.
This difference can be related to the “dilution effect” referring to the detrimental effect on sperm quality,
motility and resistance to a cold shock when adding a high volume of diluent of raw semen. The dilution
effect was observed in a low sperm concentration (i.e., <20 × 106 sperm/mL) and demonstrated in
various species [44–46]. Nevertheless, a study on horses [45,47,48] and humans [49] using a lower
sperm density (2.5 × 106 sperm/mL) revealed higher motility parameters due to the minor effect
that the “dilution effect” had on the sperm motility comparatively to other species. We propose a
concentration of 80 × 106 sperm/mL for further experiments in the study of the donkey when using a
narrow chamber of 10 µm and especially in a disposable chamber. Usually, at high concentrations, the
sperm aggregates affecting the CASA system results. This was reported for a concentration higher
than 100 × 106 sperm/mL [32]. Yet, in the present study, with a concentration of 80 × 106 sperm/mL,
the videos were clear, and the trajectories were defined correctly. On the other hand, in reusable
chambers, we recommend using a lower concentration since the concentration of 80 × 106 sperm/mL
was too dense. Nonetheless, when using the playback facility for sperm tracking, the result showed
a wrong trajectory reconstruction due to erroneous head detection in following frames, collision,
and cross-tracks. Essentially, a different sperm concentration was proposed for CASA evaluation for
different species [43,50,51] such as the horse where the concentration used is between (25 × 106 and
50 × 106 sperm/mL) [46,52]. The differences in the sperm concentration suggested for the analysis,
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in different studies, that it is likely due to the different usage of CASA devices and chambers and it is
directly related to the species-specificities.

In the present study, a classical skim-milk extender (Kenney extender) was used. Rota et al. [53],
by means of a previous CASA system, observed an effect of extender on sperm motility patterns of
Amiata donkey spermatozoa. Further studies are needed to better understand the changes in motility
patterns of donkey spermatozoa caused by semen extenders, with different composition and fluidity
and using new CASA devices and chambers.

5. Conclusions

Each species, including horse and donkey, has its own sperm motility patterns; as a result,
each species needs its own CASA system analysis conditions. These conditions are changing according
to the constant improvement of related technologies. Current and new high-resolution video-cameras,
informatic software and hardware-increased capacities (but limited) or new specific chambers to
analyse sperm motility are changing previously defined sperm motility patterns. Then, to define
the OFR, the kinds and depths of analysis chambers or the sample dilution are very important to
more accurately describe the species-specific sperm motility. Thus, when examining the motility of
donkey sperm, the 250 fps in Spk10 chamber and analyzing a minimum of nine fields considering
all the capture area (centre and edges) and means determined at a concentration 30 × 106 sperm/mL
represents an excellent choice.

Author Contributions: Conceptualization. C.S. and J.M.; methodology. S.G., J.C. and J.M.; software. C.S.;
validation. C.S. and J.M.; formal analysis. A.V.; investigation. S.G., J.C. and J.M.; data curation. S.G., C.S.;
writing—original draft preparation. S.G.; writing—review and editing. S.G., C.S., J.M.; visualization. C.S. and
J.M.; supervision. C.S. and J.M. All authors have read and agreed to the published version of the manuscript.

Funding: This work was funded by the Equine Reproduction Service, Department of Animal Medicine and
Surgery, Faculty of Veterinary Medicine, Autonomous University of Barcelona. Spain.

Acknowledgments: We are grateful to Peggy Le Bleguet for English correction of the manuscript.

Conflicts of Interest: The authors declare no conflict of interest. Some of the authors (C.S. and D.B.) are employees
for the company that manufacture the CASA-Mot system and the counting chambers used or collaborate through
a collaborative agreement between the València University and the company that manufacture some of the
components used here. In any case, it does not imply any conflict of interest, because no publicity (direct or
indirect) is done in the manuscript. These components were just used in the same way we could use from other
brands and the elements studied are not related with the brand but with physic and biological topics.

References

1. Carneiro, G.F.; Lucena, J.E.C.; Barros, L.D.O. The Current Situation and Trend of the Donkey Industry in
South America. J. Equine Vet. Sci. 2018, 65, 106–110. [CrossRef]

2. Faccia, M.; D’Alessandro, A.G.; Summer, A.; Hailu, Y. Milk products from minor dairy species: A review.
Animals 2020, 10, 1260. [CrossRef] [PubMed]

3. Camillo, F.; Rota, A.; Biagini, L.; Tesi, M.; Fanelli, D.; Panzani, D. The Current Situation and Trend of Donkey
Industry in Europe. J. Equine Vet. Sci. 2018, 65, 44–49. [CrossRef]
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Simple Summary: Embryo transfer has been successfully used for the conservation of equine
endangered species, but a number of factors may affect the outcome of these techniques in mares.
However, only a few studies have evaluated these factors in donkeys. The present study was
conducted to determine which factors affect the recovery rate, morphological quality, and diameter in
embryos from Andalusian donkey jennies. According to our results, the factors affecting embryo
recovery rate were donor jenny, donor age, successive cycle within donor, number of flushings,
and jack. Day of flushing and number of flushings had an effect on embryo diameter, whereas donor
jenny and day of flushing had an effect on embryo quality. The knowledge of these factors is crucial
to achieve a higher efficiency of embryo transfer in endangered donkey breeds.

Abstract: Embryo transfer and the vitrification of embryos could be used for the conservation
and recovery of endangered donkey breeds. It is important to develop techniques that optimize
recovery rates and the cryotolerance of donkey embryos. This study evaluates factors affecting
the recovery rate, quality, and diameter of embryos obtained from donor jennies as a starting point
for the use of vitrification and embryo transfer in the conservation of the Andalusian donkey. A total
of 100 embryos were recovered out of 124 estrous cycles (80.6%). The donor jenny affected the rates of
positive flushings (PFR; p = 0.040) and embryo recovery (ERR; p < 0.05) as well as embryo quality
(p = 0.004). ERR was also affected by the number of flushings (p < 0.001), donor age (p < 0.05),
successive cycle within donor (p < 0.001), and jacks (p < 0.05). Number of flushings (p < 0.001) and jack
(p < 0.05) had a significant effect on PFR, whereas the day of flushing influenced the developmental
stage (p < 0.001), embryo quality (p < 0.05), and diameter of embryos (p < 0.001). The number of
flushings significantly influenced the diameter (p = 0.038) and embryo developmental stage (p = 0.001),
whereas the developmental stage was statistically different between herds (p = 0.020). The factors
influencing the success of this assisted reproductive technique were donor jenny, donor age, successive
cycle within donor, day of flushing, number of flushings, and jack. The identification of these key
points is crucial to achieve a higher efficiency of embryo transfer and vitrification processes, before
considering their application in the conservation of endangered donkey breeds.

Keywords: donkey; embryo transfer; embryo recovery rate; embryo quality
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1. Introduction

In the past, domestic donkeys (Equus africanus asinus) were used as pack animals in agricultural
activities, commerce, and militia [1,2], mainly due to their easy care, their resistance to diseases,
and their physical resistance [3]. However, the mechanization of agriculture in Europe together
with the consequent sharp decrease in mule breeding caused a drastic reduction of the donkey
population [4–7]. Currently, all Spanish donkey breeds (Andaluza, Catalana, Balear, Majorera, Asno
de las Encartaciones, and Zamorano-Leonés) are considered endangered (Real Decreto 2129/2008,
regulation of the National Catalogue of Endangered Species). Although the population size of
the Andalusian donkey has increased to 839 animals in 2018, only 14 females were pure breed.
Moreover, the number of herds across Spain has decreased (163 herds), and the average herd size is five
heads [8], thereby increasing the possibility of mating of related animals. Considering the contribution
of donkeys to biodiversity [9], milk and meat products production [3,10], or pet therapy [2], strategies
for the preservation of the genetic pool of donkey breeds and for the maintenance of the genetic
heterozygosis of equine endangered species is highly advisable.

The conservation of endangered species is an excellent opportunity for applying assisted
reproductive technologies such as embryo transfer, embryo cryopreservation, and germplasm
cryobanking. Embryo transfer (ET) has been successfully used for the conservation of equine
endangered species such as Przewalski´s horses (Equus przewalskii) [11], and numerous studies have
been conducted in the past decades to investigate the suitability and efficiency of equine ET [12].
Together with this technique, the cryopreservation of embryos and their storage in embryo banks
offer several advantages to the preservation and management of equine endangered species [13,14].
However, in donkeys, the studies on both procedures are scarce and recent [15–21].

It is known that some factors may affect the embryo recovery rate and embryo diameter
and morphological quality in mares, including the day of flushing, number of ovulations, age
of the donor, and quality of semen [22], and that morphological embryo quality has a major effect on
pregnancy rates [13]. Other factors such as the size and age of embryos and storage of embryos may
also affect pregnancy rates after ET in horses [23,24]. In addition, previous studies have demonstrated
that early-stage horse embryos (<300 µm) show better survival rates after cryopreservation than
large embryos collected at a later day [25,26]. In donkeys, only a few studies have been conducted,
and the results could not prove the influence of embryo quality and age on embryo recovery rate [16,17].
Similarly, no effect on embryo recovery rate and quality was observed by Pérez-Marín et al. [20]

The aim of the present study was to determine which factors affect the recovery rate, morphological
quality, and diameter in embryos from Andalusian donkey jennies as a prerequisite to improve
the success of both embryo transfer and cryopreservation in this endangered donkey breed.

2. Materials and Methods

2.1. Experimental Animals and Study Location

All animal procedures were approved by the Ethical Committee for Animal Experimentation of
the University of Cordoba (no. 31/08/2017/105) and are in accordance with Spanish laws for animal
welfare and experimentation (Real Decreto 53/2013).

From February to December of three consecutive years (2015–2017), a total of twenty-six healthy
Andalusian jennies (3–13 years old), of known fertility, served as embryo donors, and eight Andalusian
jacks (6–9 years old) known to be fertile were used to mate the donors. To assess the effect of the age,
the donor jennies were divided into three categories: ≤3 (n = 5), 4–9 (n = 17), and ≥10 years old (n = 5).

General health and reproductive history were recorded, and jennies were submitted to a general
and reproductive physical examination [23]. Donors were housed, monitored, mated, and flushed
in three different herds: the Equine Center for Assisted Reproduction of the Centro de Selección y
Reproducción Animal (CENSYRA, Badajoz, Spain), the Centro Rural Malpica (Palma del Río, Cordoba,
Spain) or the Centro de Medicina Deportiva Equina (CEMEDE, Cordoba, Spain). The jennies were
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housed in paddocks, the jacks were housed in stalls, and they were fed with hay, barley, and water
ad libitum.

2.2. Oestrus Synchronization and Mating

Ovarian activity was evaluated by transrectal ultrasonography (Aloka SSD 500, ALOKA Co.
Ltd., Tokyo, Japan) on a biweekly schedule during diestrus and daily during oestrus until ovulation
(Day 0 = day of ovulation). Estrus was induced with one intramuscular injection of 5.25 mg luprostiol
(Prosolvin®, Virbac, Barcelona, Spain) in the presence of corpus luteum. Donor jennys received
human chorionic gonadotropin (hCG; 1500 IU, intramuscularly; Veterin Corion®, Divasa-Farmavic
S.A., Barcelona, Spain) to induce ovulation when a follicle of 35–40 mm was detected. Next day, donor
jennies were bred by live cover every other day until ovulation.

2.3. Embryo Recovery and Evaluation

Six to nine days after ovulation, donor jennies were flushed 3 times with a total of 3 L of Lactated
Ringer´s solution (B. Braun VetCare S.A., Rubí, Spain), as described by Camillo et al. [17] for donkeys.
After the flushing, luprostiol was administered to donors to induce luteolysis. Recovered embryos
were evaluated for developmental stage (morula, early blastocyst, blastocyst, or expanded blastocyst)
and morphological quality, and they were graded on a scale of 1–4 [27], 1 being excellent, 2 being good,
3 being fair, and 4 being poor, degenerate, or dead (Figure 1). After the quality evaluation, the embryos
were washed ten times in Syngro® holding (Bioniche Animal Health, Washington, DC, USA), as
previously described [16]. The diameter of the embryos was measured under bright field conditions
(SZ51 Olympus optical, Tokyo, Japan) using an ocular micrometer (scale of 1 mm/100), as previously
described [28].
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Figure 1. Donkey embryos of various developmental stages and quality grades. (a) Expanded blastocyst
stage embryo, Grade 1. Note blastocoele cavity and distinct inner cell mass. The zona pellucida has
been shed, and the capsule is surrounding the embryo. No morphologic abnormalities are present in
this embryo; (b) Blastocyst stage embryo, Grade 2. Note the distinct blastomere cells around the edge
of the embryo and the capsule. A blastocoele cavity is just beginning to form within the center of
the embryo. Note minor imperfections, such as a few extruded cells, occasional discolored cells,
and slight shrinkage of trophoblast from zona pellucida; (c) Early blastocyst stage embryo, Grade 3.
Note thick zona pellucida and capsule. Note moderate level of imperfections, such as a high proportion
of extruded cells, discoloration of remaining cell mass, and moderate shrinkage of trophoblast from zona
pellucida; (d) Expanded blastocyst stage embryo, Grade 4. Note complete collapse of the blastocoele.

2.4. Statistical Analysis

Descriptive statistical analysis was performed, presenting the qualitative variables as frequencies
and percentages, and quantitative as a mean ± standard error of the mean (SEM). The effects of the year
in which the study was performed (1–3), season (winter: December 22–March 20; spring: March
21–June 20; summer: June 21–September 22; autumn: September 23–December 21), photoperiod
(positive: March–October; negative: November–February), herd (1–3), days of flushing for embryo
recovery (6–9), number of flushings (1–3), donor (25 jennies), donor age (≤3; 4–9; ≥10 years old),
parity (nulliparous vs. multiparous), successive cycle within donor (1–5; 6–14; 15–23), number of
ovulations per cycle (single vs. double), and jack (8 donkeys) on positive uterine flushing rates (PFR;
flushing where at least one embryo was recovered), embryo recovery rate (ERR; embryos recovered per
cycle), and on ovulation rate (OR; number of ovulations per cycles) were analyzed by the Chi-square
test and by the Kruskal–Wallis one-way ANOVA, respectively. When the effect was statistically
significant, post-hoc multiple comparisons were made using Chi-square tests for categorical variables
and Mann–Whitney U tests for continuous variables.

To evaluate the effects of single factors (year, season, photoperiod, herd, day of flushing, number
of flushings, donor, donor age, parity, successive cycle within donor, number of ovulations, and jack)
on embryo quality (Grade 1–4), diameter (µm), and developmental stage (morula, early blastocyst,
blastocyst, expanded blastocyst) the Kruskal–Wallis one-way ANOVA was performed. Mean values
were compared by Duncan’s test.

All analyses were performed using the statistical package SPSS v15.0 (IBM Spain, Madrid, Spain).
Differences were considered statistically significant when p < 0.05.
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3. Results

The average ovulation rate in donor jennies is shown in Table 1. The average rate per jenny
was 1.26 ± 0.04 and varied significantly among jennies (p = 0.01). Results of statistical analysis also
showed differences among herds (p = 0.031), while no differences (p > 0.05) were observed among
donor age categories, years, photoperiods, and seasons (Table 1). The single ovulation rate was 59.2%
(93/157), while for double ovulation, the rate was 40.8% (64/157). Single ovulation occurred with equal
frequency (p > 0.05) on both ovaries (left ovary: 42.5%; right ovary: 32.5%). However, the incidence of
bilateral double ovulation (18.3%) was significantly higher (p < 0.01) than that of ipsilateral double
ovulation (6.7%).

Table 1. Ovulation rate (mean ± SEM) in 124 cycles of 26 donor jennies according to donor age
categories (≤3, 4–9 or ≥10 years old), parity (nulliparous or multiparous), year of the study (first, second
or third), season of the year (spring, summer, autumn, or winter), photoperiod (positive or negative),
and herd (1, 2, or 3).

Variable No. of Cycles Ovulation Rate p-Values

Donor age
≤3 years 34 1.24 ± 0.07 0.433
4–9 years 65 1.23 ± 0.05
≥10 years 25 1.36 ± 0.10

Parity

Nulliparous 35 1.26 ± 0.08 0.988

Multiparous 89 1.26 ± 0.05

Year
First 33 1.21 ± 0.07 0.073
Second 42 1.17 ± 0.06
Third 49 1.37 ± 0.07

Season
Spring 44 1.18 ± 0.06 0.095
Summer 12 1.08 ± 0.08
Autumn 52 1.37 ± 0.07
Winter 16 1.25 ± 0.11

Photoperiod
Positive 66 1.20 ± 0.05 0.099
Negative 58 1.33 ± 0.06

Herd
1 6 1.33 ± 0.21 ab 0.031
2 71 1.17 ± 0.05 b

3 47 1.38 ± 0.07 a

Total 124 1.26 ± 0.04
a,b Values with different superscript differ significantly.

A total of 124 uterine flushings were carried out during the study, of which 92 were positive (PFR:
74.2%; 92/124), and 100 embryos were recovered out of 124 estrous cycles (ERR: 80.6%; 100/124) and 157
ovulations (embryo recovery per ovulation: 63.7%; 100/157).

The embryo diameter and morphological quality score of donkey embryos are shown in Table 2.
Overall, 77 of 100 embryos (77%) were classified as Grade 1 (excellent), 17 (17%) were classified as Grade
2 (good) and 6 (6%) were classified as Grade 3 (fair). The most frequent stages of development observed
were early blastocyst (37%, 37/100) and expanded blastocyst (36%, 36/100), which were followed by
morula (20%, 20/100) and blastocyst (7%, 7/100) stages. The embryo quality score significantly (p < 0.05)
varied according to developmental stage and day of recovery, being lower for blastocysts or when
flushed at day 8 after ovulation (Table 2). As expected, the embryo diameter was also affected (p < 0.001)
by the developmental stage and day of flushing. The mean diameter of embryos was 179.39 ± 9.61 µm
(range: 150–300 µm) for morulae, 210.81 ± 7.90 µm (range: 150–325 µm) for early blastocysts, 425.00
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± 45.32 µm (range: 275–600 µm) for blastocysts, and 1022.92 ± 125.22 µm (range: 250–3300 µm) for
expanded blastocysts. Moreover, it was observed that embryos recovered at 6 days after ovulation had
a diameter of 187.50 ± 15.23 µm (range: 150–300 µm); those collected on day 7 measured 236.48 ± 13.83
µm (range: 150–600 µm); while the mean diameter at 8 and 9 were 806.25 ± 83.31 µm (range: 275–2400
µm) and 2275 ± 300.14 µm (range: 1525–3300 µm), respectively (Table 2).

Table 2. Diameters (mean ± SEM) and morphological quality score (1–4) of donkey embryos collected
at Days 6 to 9 after ovulation according to their developmental stage (morula, early blastocyst, blastocyst,
or expanded blastocyst) and day of recovery (6, 7, 8, or 9).

Variable Grade Diameter (µm) No. (%)
Embryo Quality at Collection

Grade 1 Grade 2 Grade 3

Developmental stages
Morula 1.50 ± 0.15 b 179.39 ± 9.61 a 20 (20%) 12 (60%) a 6 (30%) 2 (10%)

Early blastocyst 1.38 ± 0.11 ab 210.81 ± 7.90 a 37 (37%) 26 (70.3%) a 8 (21.6%) 3 (8.1%)
Blastocyst 1.00 ± 0.00 a 425.00 ± 45.32 a 7 (7%) 7 (100%) b 0 (0%) 0 (0%)

Expanded blastocyst 1.14 ± 0.07 ab 1022.92 ± 125.22 b 36 (36%) 32 (88.9%) b 3 (8.3%) 1 (2.8%)
Day of recovery

6 1.46 ± 0.22 b 187.50 ± 15.23 a 13 (13%) 9 (69.2%) a 2 (15.4%) b 2 (15.4%) b

7 1.38 ± 0.08 ab 236.48 ± 13.83 a 53 (53%) 36 (67.9%) a 14 (26.4%) b 3 (5.7%) a

8 1.04 ± 0.04 a 806.25 ± 83.31 b 28 (28%) 27 (96.4%) b 1 (3.6%) b 0 (0%) a

9 1.33 ± 0.33 ab 2275.00 ± 300.14 c 6 (6%) 5 (83.3%) a 0 (0%) a 1 (16.7%) b

Total 1.29 ± 0.06 515.24 ± 59.95 100 (100%) 77 (77%) 17 (17%) 6 (6%)
a–c Values with different superscript differ significantly (p < 0.05).

Presented in Table 3 are the developmental stage and embryo size for Day 6–9 embryos. At Day 6
after ovulation, embryos were mostly at the morula stage (12/13, 92.3%); meanwhile, 67.9% (36/53) of
embryos recovered at Day 7 were early blastocyst stage embryos. Expanded blastocysts were recovered
on Day 8 (25/28, 89.3%) and 9 (6/6, 100%). At Day 6–7, most of the embryos recovered were small (<200
µm) or medium (200–300 µm) embryos; meanwhile, large embryos (>300 µm) were recovered at Days
8 (27/28, 96.4%) and 9 after ovulation (6/6, 100%; Table 3).

Table 3. Developmental stage (morula, early blastocyst, blastocyst, or expanded blastocyst) and embryo
size (<200 µm, 200–300 µm or >300 µm) of donkey embryos collected at Day 6 to 9 after ovulation.

Day of
Recovery

No. (%)
Developmental Stage Embryo Diameter

Morula Early
Blastocyst Blastocyst Expanded

Blastocyst <200 µm 200–300 µm >300 µm

6 13 (13%) 12 (92.3%) a 1 (7.7%) b 0 (0%) b 0 (0%) b 9 (69.2%) a 4 (30.8%) b 0 (0%) c

7 53 (53%) 8 (15.1%) b 36 (67.9%) a 4 (7.5%) b 5 (9.4%) b 24 (45.3%) a 19 (35.8%) a 10 (18.9%) b

8 28 (28%) 0 (0%) b 0 (0%) b 3 (10.7%) b 25 (89.3%) a 0 (0%) b 1 (3.6%) b 27 (96.4%) a

9 6 (6%) 0 (0%) b 0 (0%) b 0 (0%) b 6 (100%) a 0 (0%) b 0 (0%) b 6 (100%) a

Total 100 (100%) 20 (20%) 37 (37%) 7 (7%) 36 (36%) 43 (43%) 14 (14%) 43 (43%)
a–c Values with different superscript differ significantly (p < 0.05).

Table 4 shows extrinsic factors that affect the rate of positive flushings (PFR) and the embryo
recovery rate (ERR). None of the factors studied affected (p > 0.05) PFR or ERR; however, there was
an effect of the number of flushings (1, 2, or 3) on both rates, which were significantly (p < 0.001)
reduced in the third flushing (PFR: 15.8%; ERR: 0.16).
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Table 4. Extrinsic factors affecting the rate of positive flushings and embryo recovery rate in
Andalusian donkeys.

Factor Positive Flushings p-Value Embryo Recovery Rate p-Value

Year
First 21/33 (63.6%) NS 24/33 (0.73) NS
Second 33/42 (78.6%) 36/42 (0.86)
Third 38/49 (77.6%) 40/49 (0.82)

Season
Spring 33/44 (75.0%) NS 34/44 (0.77) NS
Summer 10/12 (83.3%) 10/12 (0.83)
Autumn 36/52 (69.2%) 42/53 (0.79)
Winter 13/16 (81.3%) 14/15 (0.93)

Photoperiod
Positive 50/66 (75.8%) NS 53/66 (0.80) NS
Negative 42/58 (72.4%) 47/58 (0.81)

Herd
1 4/6 (66.7%) NS 5/6 (0.83) NS
2 51/71 (71.8%) 56/71 (0.79)
3 37/47 (78.7%) 39/47 (0.83)

Day of flushing
6 12/16 (75.0%) NS 13/16 (0.81) NS
7 49/68 (72.1%) 53/68 (0.80)
8 25/31 (80.6%) 28/31 (0.90)
9 6/9 (66.7%) 6/9 (0.67)

No. of flushings
1 66/66 (100%) a 0.001 73/66 (1.11) a 0.001
2 20/20 (100%) a 21/20 (1.05) a

3 6/38 (15.8%) b 6/38 (0.16) b

Total 92/124 (74.2%) 100/124 (0.81)
a,b Values with different superscript differ significantly; NS, not significant.

The intrinsic factors that affect PFR and ERR are shown in Table 5. PFR did not vary (p > 0.05) with
any of the studied variables except the donor (p = 0.040). No differences between parity (p = 0.2610)
and number of ovulations (p = 0.0971) were detected for ERR (Table 5). In contrast, ERR not only varies
among donors (p < 0.05) but also among donor age groups (p < 0.05) and successive cycles within
the donor (p < 0.001). ERR was higher (p < 0.05) in jennies of 4–9 years of age (0.94; 51/54) with respect
to the other groups (≤3 years: 0.77 (26/34); ≥10 years: 0.64 (23/36)). With regard to the number of
ovulations in the same donor, ERR was significantly higher (p < 0.001) in the first group (1–5 cycles: 1.44;
49/34) with respect to the second (6–14 cycles: 0.78; 39/50) and third (15–23 cycles: 0.30; 12/40) groups.

As shown in Table 6, PFR and ERR varied (p > 0.05) among jacks. Four jacks (numbers 169, 192,
2895, and 4457) that were used in 79.7% of cycles (94/118) showed good results for both rates (PFR:
70.8–100%; ERR: 0.77–1.00). The other three jacks (numbers 95, 148, and 9025) that were used in 18.6%
of cycles (22/118) yield a lower PFR (50–58.3%) and ERR (0.50–0.67) than the previous group, but this
was not significant statistically (p > 0.05). No embryos were obtained with jack number 232, although
he was used only two times.

Developmental stage, embryo quality, and diameter of the embryos recovered in this study are
shown in Tables 7–9. None of the extrinsic factors studied significantly influenced (p < 0.05) these three
variables, except for the day of flushing (6–9), which significantly influenced the developmental stage
(p < 0.001), embryo quality (p < 0.05), and diameter of embryos (p < 0.001; Table 7). Similarly, the number
of flushings (1–3) significantly influenced the diameter (p = 0.038) and embryo developmental stage
(p = 0.001), whereas the developmental stage was statistically different among herds (p = 0.020; Table 7).

235



Animals 2020, 10, 1967

Table 5. Intrinsic factors affecting the rate of positive flushings and embryo recovery rate in
Andalusian donkeys.

Factor Positive Flushings p–Value Embryo Recovery Rate p–Value

Donor
60 0/1 (0%) b 0.040 0/1 (0.00) b 0.011
64 1/1 (100%) a 1/1 (1.00) a

142 9/10 (90%) a 9/10 (0.90) a

167 10/17(58.8%) ab 11/17 (0.65) a

193 4/5(80%) a 4/5(0.80) a

1159 1/2 (50%) ab 1/2 (0.50) ab

1161 14/18 (77.8%) a 15/18 (0.83) a

1220 1/1 (100%) a 1/1 (1.00) a

1372 1/1 (100%) a 1/1 (1.00) a

1826 0/1 (0%) b 0/1 (0.00) b

2089 1/1 (100%) a 2/1 (2.00) a

2339 1/1 (100%) a 1/1 (1.00) a

2629 4/8 (50%) ab 4/8 (0.50) ab

3223 6/6 (100%) a 6/6 (1.00) a

3977 1/1 (100%) a 1/1 (1.00) a

4103 12/13 (92.3%) a 12/13 (0.92) a

5372 0/1 (0%) b 0/1 (0.00) b

6069 1/1 (100%) a 1/1 (1.00) a

6517 2/2 (100%) a 2/2 (1.00) a

7148 12/15 (80%) a 14/15 (0.93) a

7171 2/6 (33.3%) ab 2/6 (0.33) b

7590 0/2 (0%) b 0/2 (0.00) b

8310 2/2 (100%) a 3/2 (1.50) a

8311 6/6 (100%) a 8/6 (1.33) a

9695 1/2 (50%) ab 1/2 (0.50) ab

Donor age
≤3 years 25/34 (73.5%) NS 26/34 (0.77) b 0.013
4–9 years 48/65 (73.8%) 51/54 (0.94) a

≥10 years 19/25 (76%) 23/36 (0.64) b

Parity
Nulliparous 25/35 (71.4%) NS 26/35 (0.74) NS
Multiparous 67/89 (75.3%) 74/89 (0.83)

Successive cycle within donor
1–5 44/63 (69.8%) NS 49/34 (1.44) a 0.001
6–14 36/45 (80%) 39/50 (0.78) b

15–23 12/16 (75%) 12/40 (0.30) c

No. of ovulations
Single 70/92 (76.1%) NS 71/92 (0.77) NS
Double 22/32 (68.8%) 29/32 (0.91)

Total 92/124 (74.2%) 100/124 (0.81)
a–c Values with different superscript differ significantly; NS, not significant.

Table 6. Variation in the rate of positive flushings and embryo recovery rate between Andalusian jacks.

Jack Mated Donors Positive Flushings p-Value Embryo Recovery Rate p-Value

95 12 7/12 (58.3%) ab 0.0253 8/12 (0.67) ab 0.0253
169 36 27/36 (75%) a 29/36 (0.81) a

192 3 3/3 (100%) a 3/3 (1.00) a

232 2 0/2 (0%) b 0/2 (0.00) b

1481 2 1/2 (50%) ab 1/2 (0.50) ab

2895 7 6/7 (85.7%) a 6/7 (0.86) a

4457 48 34/48 (70.8%) a 37/48 (0.77) a

9025 8 4/8 (50%) ab 4/8 (0.50) ab

Total 118 * 82/118 (69.5%) 88/118 (0.75)
a,b Values with different superscript differ significantly; * Missing data (n = 6).
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Table 7. Extrinsic factors affecting the developmental stage, embryo quality, and diameter of embryos
in Andalusian donkeys.

Factor No. Developmental Stage p-Value Embryo Grade p-Value Embryo Diameter p-Value

Year
First 24 2.25 ± 0.24 NS 1.25 ± 0.11 NS 548.91 ± 140.10 NS

Second 36 2.69 ± 0.20 1.28 ± 0.10 637.50 ± 124.22
Third 40 2.70 ± 0.18 1.33 ± 0.09 385.83 ± 52.24

Season
Spring 34 2.74 ± 0.20 NS 1.26 ± 0.09 NS 660.29 ± 142.21 NS

Summer 10 3.20 ± 0.33 1.10 ± 0.10 602.50 ± 176.48
Autumn 42 2.38 ± 0.18 1.40 ± 0.10 410.91 ± 62.66
Winter 14 2.43 ± 0.33 1.14 ± 0.14 405.77 ± 87.90

Photoperiod
Positive 53 2.66 ± 0.16 NS 1.25 ± 0.07 NS 619.87 ± 100.27 NS

Negative 47 2.51 ± 0.17 1.34 ± 0.09 399.47 ± 56.92
Herd

1 5 1.20 ± 0.20 a 0.020 1.60 ± 0.40 NS 270.83 ± 30.90 NS
2 56 2.61 ± 0.16 b 1.25 ± 0.07 619.20 ± 97.36
3 39 2.74 ± 0.12 b 1.31 ± 0.09 391.03 ± 53.33

Day of flushing
6 13 1.08 ± 0.08 a 0.000 1.46 ± 0.22 b 0.045 187.50 ± 15.23 a 0.000
7 53 2.11 ± 0.11 b 1.38 ± 0.08 b 236.48 ± 13.83 a

8 28 3.89 ± 0.06 c 1.04 ± 0.04 a 806.25 ± 83.31 b

9 6 4.00 ± 0.00 c 1.33 ± 0.33 ab 2275.00 ± 300.14 c

No. of flushings
1 73 2.84 ± 0.14 c 0.001 1.23 ± 0.06 NS 604.79 ± 78.25 b 0.038
2 21 2.05 ± 0.22 ab 1.48 ± 0.15 290.42 ± 32.19 a

3 6 1.50 ± 0.22 a 1.33 ± 0.21 175.00 ± 9.13 a

Total 100 2.59 ± 0.14 1.29 ± 0.06 515.24 ± 59.95
a–c Values with different superscript differ significantly; NS, not significant.

Table 8. Intrinsic factors affecting the developmental stage, embryo quality, and diameter of embryos
in Andalusian donkeys.

Factor No. Developmental Stage p-Value Embryo Grade p-Value Embryo Diameter p-Value

Donor
60 * - NS - 0.004 - NS
64 1 1.00 ± - 1.00 ± - -

142 9 2.89 ± 0.39 1.11 ± 0.11 a 631.11 ± 244.42
167 11 2.36 ± 0.34 1.36 ± 0.15 ab 279.55 ± 55.17
193 4 3.00 ± 0.58 1.25 ± 0.25 ab 368.75 ± 110.10
1159 1 2.00 ± - 1.00 ± - 200.00 ± -
1161 15 1.50 ± 0.22 1.20 ± 0.15 ab 405.00 ± 101.07
1220 1 1.00 ± - 1.00 ± - 175.00 ± -
1372 1 1.00 ± - 2.00 ± - 175.00 ± -
1826 * - - -
2089 2 1.00 ± 0.00 2.00 ± 1.00 b 287.50 ± 12.50
2339 1 1.00 ± - 1.00 ± - 175.00 ± -
2629 4 3.50 ± 0.50 1.00 ± 0.00 a 1143.75 ± 722.51
3223 6 2.67 ± 0.56 1.50 ± 0.34 ab 954.17 ± 440.29
3977 1 4.00 ± - 1.00 ± - 1625.00 ± -
4103 12 3.50 ± 0.26 1.17 ± 0.11 a 662.50 ± 181.36
5372 * - - -
6069 1 1.00 ± - 2.00 ± - 183.33 ± -
6517 2 2.00 ± 0.00 3.00 ± 0.00 c 325.00 ± 0.00
7148 14 2.21 ± 0.33 1.43 ± 0.17 ab 360.71 ± 92.94
7171 2 2.00 ± 1.00 1.00 ± 0.00 a 262.50 ± 112.50
7590 * - - -
8310 3 3.00 ± 1.00 1.00 ± 0.00 a 725.00 ± 291.91
8311 8 2.63 ± 0.42 1.13 ± 0.13 a 571.88 ± 222.88
9695 1 2.00 ± - 1.00 ± - 325.00 ± -

Donor age
≤3 years 26 2.58 ± 0.22 NS 1.27 ± 0.09 NS 414.74 ± 91.94 NS
4–9 years 51 2.67 ± 0.17 1.29 ± 0.09 579.50 ± 96.80
≥10 years 23 2.43 ± 0.26 1.30 ± 0.12 489.13 ± 108.25

Parity
Nulliparous 26 2.58 ± 0.22 NS 1.27 ± 0.09 NS 414.74 ± 91.94 NS
Multiparous 74 2.59 ± 0.14 1.30 ± 0.07 551.03 ± 74.30
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Table 8. Cont.

Factor No. Developmental Stage p-Value Embryo Grade p-Value Embryo Diameter p-Value

Successive cycle
within donor

1–5 49 2.41 ± 0.17 NS 1.35 ± 0.09 NS 556.42 ± 93.53 NS
6–14 39 2.72 ± 0.19 1.26 ± 0.09 534.62 ± 97.97

15–23 12 2.92 ± 0.29 1.17 ± 0.11 287.50 ± 37.75
No. of ovulations

Single 71 2.61 ± 0.14 NS 1.25 ± 0.06 NS 538.33 ± 79.70 NS
Double 29 2.55 ± 0.23 1.38 ± 0.13 459.48 ± 70.70

Total 100 2.59 ± 0.14 1.29 ± 0.06 515.24 ± 59.95
a–c Values with different superscript differ significantly; NS, not significant; * Missing data.

Table 9. Variation in developmental stage, embryo quality, and diameter of embryos between
Andalusian jacks.

Jack Mated Donors Developmental Stage p-Value Embryo Grade p-Value Embryo Diameter p-Value

95 8 3.00 ± 0.38 NS 1.25 ± 0.16 NS 475.00 ± 140.71 NS
169 29 3.03 ± 0.21 1.24 ± 0.08 447.41 ± 67.59
192 3 2.33 ± 0.33 1.67 ± 0.67 258.33 ± 44.10
1481 1 1.00 ± - 2.00 ± - 183.33 ± -
2895 6 1.83 ± 0.48 1.50 ± 0.22 366.67 ± 177.09
4457 37 2.51 ± 0.19 1.27 ± 0.10 629.05 ± 136.72
9025 8 2.25 ± 0.75 1.00 ± 0.00 681.25 ± 412.36
Total 88 * 2.65 ± 0.12 1.28 ± 0.06 521.97 ± 66.52

NS, not significant; * Missing data (n = 12).

Table 8 shows that no influence was detected (p > 0.05) of the intrinsic factors on developmental
stage, embryo quality, and diameter of embryos, except for the donor, which affected the embryo
quality (p = 0.004). Moreover, no differences (p > 0.05) were detected among jacks for these three
variables (Table 9).

4. Discussion

Due to the similarities in the reproductive physiology between horses and donkeys, several
assisted reproductive technologies (ARTs) routinely used in horses have been applied directly to
donkeys. Hence, previous studies have demonstrated the suitability of mare ET techniques for
collecting embryos in jennies [16]. In this line, numerous studies have been conducted to examine
the factors that affect embryo recovery, quality, and diameter in mares [13,22,29]. However, in donkeys,
these studies have been very scarce [17,20], and they are often performed on a limited number of
animals, cycles, or embryos. Therefore, more studies are needed to optimize embryo recovery rates
and maximize the success of future ET programs in donkeys.

In this study, in which 26 donor jennies and 124 cycles were used, the average ovulation rate per
jenny was 1.26 ± 0.04. This finding was slightly lower than the reported average in spontaneous (1.57
± 0.06) and prostaglandin F2 alpha (PGF2α)-induced (1.56 ± 0.10) estrus of Andalusian jennies [30].
These small differences could be explained by other factors (such as feeding management, donor
age, reproductive status, season of the year, and the use of drugs to induce ovulation) that can affect
the incidence of multiple ovulations, as reported in mares [22,31–33] and donkeys [30,34].

In jennies, the incidence of multiple ovulation was reported to range between 5.3% and 61% [35–37].
In our study, the single ovulation rate was 59.2%, while the double ovulation rate was 40.8%. Double
ovulation in jennies was similar to that reported in Catalonian jennies (42.45%) [34] and in the Asinina
de Miranda jennies (36.36%) [38]. However, the incidence of double ovulation in this study was
lower than that reported in spontaneous (51.7%) and PGF2α-induced cycles (56.5%) in Andalusian
jennies [30]. It is interesting to note that single ovulation occurred with equal frequency on both ovaries,
as also reported by other authors [30,34]. Similar to that reported by Taberner et al. [34], a minimally
greater frequency of ovulation for the left ovary was found (42.5% vs. 32.5%), but the difference was
not significant. On the other hand, the incidence of bilateral double ovulation was significantly higher
than that of ipsilateral double ovulation, which agrees with findings for mares [31] and jennies [30].
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No influence of the age of the donor on the ovulation rate was observed in this study; however,
the ovulation rate was numerically (1.36 ± 0.10%), but not significantly higher, in the older jennies
(≥10 years old). These results are consistent with previous findings in jennies [20,30] and mares [31].
Although the reason for this fact remains still unclear, it has been suggested that increased ovarian
stimulation or enhanced ovarian receptivity to that stimulation may be involved. Thus, multiovulation
would be a natural strategy to ensure gestation in older females, which have a reduced ability to
become pregnant [32].

The ovulation rate did not vary among years, seasons, and photoperiods, but it tended to be lower
in summer (p = 0.095). Similar findings have been reported in previous studies [20,30]. Ginther et al. [39],
in a study using different breeds and geographical latitude than our study of donkeys, observed that
the incidence of multiple ovulations was not affected by the season of the year. The statistical analysis
revealed significant differences among herds (p = 0.031), which could be explained by the individuals
comprising each herd. In fact, this study pointed out the existence of significant differences among
jennies (p = 0.01).

In our study, in which 100 embryos were used, the overall ERR following non-surgical flushing on
Days 6–9 was 80.6%, which was higher than those previously reported in different breeds of donkeys:
53.3% in jennies of unknown breed [40], 63.6% in Poitou jennies [41], 75.9% in Pantesca jennies [17],
50% in Amiata jennies [16], 52.3% in Pega jennies [42], and 40.7% in Andalusian and Zamorano-Leones
jennies [20]. The EER obtained in our experiment was also higher than the rates reported in the literature
for fertile mares in commercial ET programs [43]—60–77% for fresh, 44% for chilled, and 46% for frozen
semen—but similar to that obtained in young fertile mares inseminated with fresh semen, 87% [44].
These results are likely due to the age of the jennies used in the study and the physical and reproductive
assessment performed before, including donors in the experimental group.

It is known that the major factor affecting embryo recovery is the donors´ reproductive history.
Hence, embryo recovery for old sub-fertile mares can be as low as 30–40% per cycle [45]. Other factors
that affect embryo recovery include semen quality and semen type (fresh, cooled, or frozen) [45]. In our
study, all donors were selected carefully, based on their reproductive history and clinical examination,
and they were mated naturally with jacks of proven fertility. Although the PFR and ERR varied
among jacks, seven out of eight jacks showed moderate to good results for both rates (≥50% and ≥0.50,
respectively). Only one jack had low fertility (zero out of two positive flushes), but he was used only
twice, which could mitigate its negative effect on average PFR and ERR. In addition, hCG was used
as the ovulation inductor. Previous studies have clearly demonstrated that ovulation induction can
enhance the efficiency of ARTs in domestic animal species, including the donkey [46].

The embryo morphology score is the most common method used to evaluate embryo quality [27].
In line with previous findings [16,17,20,42], 94% of the recovered embryos had a quality grade of
excellent (Grade 1) or good (Grade 2).

In our experiment, none of the extrinsic factors analyzed (year of the study, season of the year,
photoperiod, herd or day, of flushing) affected significantly PFR or ERR. Consistent with previous
findings [17], the ERR obtained in the first year (0.73) was numerically lower than that obtained
in the second (0.86) and third (0.82) year, which could be explained by the inexperience with this
technology (i.e., ET) in donkeys. The absence of a photoperiod influence on embryo recovery has
been previously described in donkeys [17,20]. The study carried out in Pantesca donkeys [17] also
noted that the time of the year did not affect PFR and ERR. Considering these results, we could state
that seasonality has little impact on reproductive performance of Andalusian jennies, which can get
pregnant naturally all year round, as previously reported for other donkey breeds [17]. This fact brings
the possibility of applying ET in Andalusian donkeys along the year.

In donkeys, the influence of the day of flushing on ERR has not been well established in
the literature [17,20]. Under our experimental conditions, PFR and ERR were not different among
Days 6, 7, 8, and 9. Similar findings have been reported in mares [22,47]. However, embryo diameter
and developmental stage varied widely depending on the day of recovery, which is consistent with
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previous studies [16,41]. In line with these findings, poor-quality embryos were collected at Day 8,
and ERR tended to be lower (p = 0.08), flushing the uterus 9 days after ovulation. Taken all together,
our results emphasize the importance of collecting Day 6 to 7 donkey embryos, smaller than 300 µm in
diameter and with good morphological score, to ensure vitrification success, as has been previously
suggested [19].

From a practical point of view, another interesting observation was the effect of the number of
flushings (1, 2, or 3) on both rates (PFR and ERR), which were significantly reduced in the third flushing
(15.8% and 0.16, respectively), indicating that the majority of embryo collections require one or two
maximum flushings. In addition, embryo diameter and developmental stage varied among flushings,
with larger and older embryos in the first flushing. Thus, our results could suggest that the larger
diameter of the older embryos could facilitate their recovery [17].

The embryos recovered in herd 1 were in earlier developmental stages than in the other herds.
These results were probably due to the fact that all the embryo rerecovered in this herd (5 embryos)
were flushed 6–7 days after ovulation, while in herds 2 (56 embryos) and 3 (39 embryos), flushes were
carried out from Day 6 to 9 after ovulation, thus increasing the average diameter and developmental
stage of the recovered embryos.

Regarding the intrinsic factors, PFR did not vary with any of the studied variables (i.e., donor age,
parity, successive cycle within donor, and number of ovulations) except for the donor jenny. In contrast,
ERR not only varied among donors but also among donor age categories, showing higher values in
jennies of 4–9 years of age (0.94) compared with all the other categories of age. Moreover, both PFR
and ERR were not different between younger (≤3 years old) and older (≥10 years old) jennies. Our
findings are in contrast with the results of previous studies [17,20], which reported no effect of donor
age and donor jenny on the aforementioned rates. However, the effect on ERR of donor age and donor
mare have been reported by many authors [13,22,48,49], in which old age (>15 years old) and a history
of sub-fertility were related to a lower ERR. Our results could suggest that embryo donors between 4
and 9 years are the best to be used in an ET program.

The effect of repeated uterine flushings has been previously described in mares [50], which was
associated with increased chronic inflammation of the uterus. Although previous studies failed to
observe this negative effect in donkeys [17], in our experiment, the ERR on successive cycles from 1
to 5 was higher (1.44) than in attempts from 6 to 14 (0.78) and from 15 to 23 (0.30). The differences
observed between studies may be explained by different experimental conditions. Therefore, in our
study, young (≤3 years), mature (4–9 years), and old (≥10 years) donor jennies were employed during
the entire period of the study, while only young jennies (2–5 years old) were used in this previous
work [17]. Moreover, a higher number of donors (10, 8, and 6, respectively) and cycles (63, 45, and 16,
respectively) were used in each group.

It has been previously described that the occurrence of multiple ovulations enhances ERR in
mares [22,51] and donkeys [17,20], but this effect was not shown in our study. However, despite
the absence of statistical significance, ERR after single ovulation tended to be lower than that obtained
after double ovulation (0.77 vs. 0.91; p = 0.0971). It has been also reported that ipsilateral double
ovulations resulted in a lower ERR than bilateral double ovulations [52], which could be caused
by interference between two or more simultaneous ovulations in the limited space of the ovulation
fossa [23,53]. In the present study, the incidence of ipsilateral double ovulations was only 6.7%, and no
significant difference in ERR was observed between bilateral and ipsilateral ovulations (1.62% vs.
1.88%; p = 0.196).

Conversely, the number of ovulations in the same donor influenced ERR, being significantly
higher in the first group (1–5 cycles: 1.44; 49/34), but no effect on PFR was observed. These results
partially agree with the findings of Camillo et al. [17], who observed a significant effect on both rates.
Finally, we observed that the parity of the donors did not have an effect on PFR and ERR. In cattle,
the parity of recipients does not affect pregnancy rates following the transfer of fresh and frozen
embryos [54]. However, to our knowledge, no data are available for mare and jenny donors.
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5. Conclusions

Based on our results, we can conclude that the donor jenny was the main factor that affects the rate
of positive flushings and recovery rates as well as the embryo quality. Other factors that affected
embryo recovery rate were the number of flushings, donor age, successive cycle within donor, and jack.
Meanwhile, the rate of positive flushings was affected by the number of flushings and the jack. From
a practical point of view, these findings could indicate that the majority of embryo collections require
one or two maximum flushings per cycle. Moreover, the negative effect of repeated uterine flushings on
embryo recovery rate was proven, being lower after six consecutive cycles. On the other hand, the day
of flushing had a significant effect on embryo quality and diameter, which emphasizes the importance
of collecting Day 6 to 7 donkey embryos, with good morphological score and smaller than 300 µm in
diameter, if embryos are going to be cryopreserved.
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Simple Summary: Toxoplasma gondii and Neospora spp. are major pathogenic parasites of animals
worldwide, with the first also affecting humans. These parasites have two-host life cycles, with
the cat and the dog being the definitive hosts of T. gondii and N. caninum, respectively. Both parasites
can infect various animal species, as intermediate hosts, in which they form tissue cysts and may
cause abortions and neurological disease. Both parasites have been reported in wild and domestic
animals in Israel. This study aimed to evaluate the serologic exposure of donkeys to these parasites.
A total of 98 donkeys were examined. Half of them (n = 49) were from animal shelters in Israel, and
the rest (n = 49) were working donkeys from the Palestinian Authority. Anti-T. gondii antibodies and
anti-Neospora spp. antibodies were found in 94% and in 70% of the donkeys, respectively. In addition,
two cases of donkeys presenting N. caninum tissue cysts, which were detected during post-mortem
examination, were described. This is the first report of the exposure of donkeys to Toxoplasma gondii
and Neospora spp. in the area. The exposure of donkeys to both parasites was considerably higher
than the exposure of other species in the area and may be the result of poor husbandry conditions
and higher exposure to infection. These results indicate that donkeys may have an important role in
the maintenance and transmission of these parasites.

Abstract: Toxoplasma gondii and Neospora spp. are closely related cyst-forming coccidian parasites,
which infect various animal species and have considerable zoonotic and economic implications,
respectively. Both parasites are endemic in Israel and have been reported to infect wild and domestic
animals. This study was conceived to evaluate the serologic exposure of donkeys to these parasites.
Serum samples were collected from 98 donkeys. Half of them (n = 49) were from animal shelters in
Israel, and the rest (n = 49) were working donkeys from the Palestinian Authority. The donkeys were
screened for the presence of anti-Toxoplasma and anti-Neospora antibodies by immunofluorescence
antibody tests (IFATs). The seroprevalence of T. gondii and Neospora spp. was 94% and 70%,
respectively, and 69% of the donkeys were exposed to both parasites. In addition, N. caninum tissue
cysts were documented in two donkeys during post-mortem examination. This is the first report of
the exposure of donkeys to T. gondii and Neospora spp. in the area. The high prevalence found in this
study suggests that donkeys may have a role in the maintenance of these parasites in the area, thus
serving as a source of infection for the definitive hosts.

Animals 2020, 10, 1921; doi:10.3390/ani10101921 www.mdpi.com/journal/animals

245



Animals 2020, 10, 1921

Keywords: Toxoplasma gondii; Neospora; donkey; IFAT; serology

1. Introduction

Cyst-forming coccidian parasites, mainly Toxoplasma gondii and Neospora spp., are major pathogens
of animals with worldwide distribution. These closely related apicomplexan intracellular parasites
have heteroxenous life cycles, with felids being the definitive hosts of T. gondii and canids of N. caninum.
Both parasites infect various mammalian species as intermediate hosts in which they form tissue
cysts [1].

Toxoplasmosis may cause abortions, fetal damage or neurologic disease in a wide range of animals
and humans. It is a prominent cause of abortion in sheep and a common zoonosis [1–4]. The clinical
significance of T. gondii infection in horses is unclear. Nevertheless, horses may be exposed to or
infected by the T. gondii parasite with no apparent clinical signs, and may pose a zoonotic risk through
the consumption of infective horse or donkey meat [5–7]. In Israel, the seroprevalence of T. gondii was
evaluated as 20–60% in humans [8], 25% in sheep [9], 36% in dogs [10], 17% in cats [11], 43% in crows,
40% in Griffon vultures [12] and 2.5% in horses [13].

Neosporosis causes abortion and neurologic disease in various animals. Neospora caninum is
a major cause of abortion and economic loss in the cattle industry, and has been reported in horses [1,14].
Neospora hughesi is known to affect only equids and was isolated from cases of neurological disease in
horses [14,15]. These two species are indistinguishable when using standard serological methods [16].
Horses may be infected with both parasites, and since most surveys were based on serology, the reported
prevalence in horses and donkeys was of Neospora spp. In Israel, the seroprevalence of Neospora spp. was
evaluated as 51% in cattle [17], 1.3–67% in wild animals [18] and 12% in horses [19]. The seroprevalence
in aborting mares and cows was significantly higher than in the general population [17,19].

Domestic donkeys (Equus africanus acinus) in Israel are used as draught animals, riding animals,
as pets and in petting zoos, and therefore are in close contact with humans. In other countries, donkeys
are also used for their meat as food, and certain donkey-derived items are also important for traditional
Chinese medicinal purposes [20]. Since donkeys are closely related to horses, they may be affected by
similar pathogens. Exposure to both parasites has been reported in donkeys worldwide [5,6,21–27].
However, little is known about the role of donkeys in the epidemiology of these parasites. In Israel,
data concerning the exposure of donkeys to infectious diseases are scarce. The aim of this study was to
assess whether donkeys in Israel are exposed to T. gondii and Neospora spp. protozoan parasites, and to
report two neosporosis cases of affected donkeys.

2. Materials and Methods

2.1. Sample Collection for Serological Survey

The sample size was calculated according to the prevalence of Neospora spp. in horses in Israel
(12%) [19] using WinPepi 11.43®. A sample size of 77 donkeys met the criteria for an expected
prevalence under 30%, with a relative error of ≤20% and 95% confidence level.

Since no data are available for estimating the distribution of donkeys in Israel, it was unfeasible to
design a sample that would reliably represent the donkey population in the area. Therefore, donkeys
were sampled at two donkey shelters in Israel that receive donkeys from different locations (49 donkeys),
and at three locations in the Palestinian Authority (PA) to which working animals were brought to
receive veterinary care given through a humanitarian association (49 donkeys).

Blood collections were performed with owners’ consent, and the study was approved by
the Internal Research Review Committee of the Koret School of Veterinary Medicine—Veterinary
Teaching Hospital (KSVM-VTH/23_2014). Blood was collected from the jugular vein of each animal
into a sterile vacuum tube without anticoagulant. Sera were obtained from the clotted blood samples

246



Animals 2020, 10, 1921

by centrifugation (4000× g for 10 min) and stored at −20 ◦C until processing. During sample collection,
data for each donkey were recorded including the farm’s location, sex, age, and origin of the donkey,
when available. At the time of sampling, all donkeys were apparently healthy according to both
the owners and the veterinarians who collected the samples.

2.2. Serological Screening Using Immunofluorescence Antibody Test (IFAT)

Serological screening for the presence of anti-T. gondii antibodies was conducted on 1:2 serial
dilutions of the sera, starting at 1:64 as a cut-off value for screening [28,29], up to a final dilution of
1:16,384.

Serological screening for the presence of anti-Neospora spp. antibodies was conducted on 1:2 serial
dilutions of the sera, starting at 1:50 as a cut-off value for screening [19,25,29], up to a final dilution of
1:3200.

In-house antigens were prepared as previously described [30]. Briefly, free tachyzoites were
obtained from an infected Vero cell culture, separated by centrifugation, diluted in phosphate buffered
saline (PBS), dropped onto slides and stored at −80 ◦C until use. The slides were thawed at 37 ◦C for
30 min and air dried. The sera were diluted in PBS with 1% bovine serum albumin (BSA). A volume of
35 µL of serum was added to each antigen drop well and incubated in a humid chamber at 37 ◦C for
30 min. The slides were washed for 10 min in carbonate buffer (pH 9, diluted 1:4 in distilled water)
before the application of 35 µL of anti-horse fluorescein isothiocyanate (FITC) secondary antibody
(Sigma-Aldrich, St. Louis, MO, USA) diluted 1:80 with PBS–BSA, and incubation at 37 ◦C for 30 min in
a humid chamber. The slides were later washed for 10 min in carbonate buffer, dried, mounted with
glycerol/carbonate buffer (50%) and examined under a fluorescence microscope. Positive and negative
control serum samples from positive horses were added to each run.

2.3. Statistical Analysis of Serology Results

Risk factors associated with exposure to either parasite or both parasites were assessed separately
and included the farm, the geographical area (Israel versus the Palestinian Authority), the donkey’s sex
and age. Association with nominal independent variables was assessed by using the χ2 test or Fisher’s
exact test, as appropriate, and odds ratios were calculated. Association with quantitative parameters
was assessed using t-tests. Association between potential risk factors and antibody titer was assessed
using ANOVA. Statistical significance was set at p < 0.05. The analysis was performed using the SPSS
22.0® and Win Pepi 11.43® statistical software.

2.4. Sample Collection, Histopathology and Polymerase Chain Reaction (PCR) of Clinical Samples

Skeletal muscle tissue from the triceps brachi muscle was collected from two donkeys (Donkeys 1
and 2) and was sent to the Kimron Veterinary Institute pathology department for post-mortem
examination. Brain tissue was collected from one of these donkeys (Donkey 1), which was reported
to have neurological signs prior to euthanasia, and stored at −20 ◦C until processing. Muscle tissue
samples were transferred into 4% formaldehyde solution before the preparation of histological slides
with hematoxylin and eosin (H&E) staining.

DNA was extracted from the paraffin-embedded muscle tissue dissolved in xylene and
washed with PBS, using the DNeasy blood and tissue kit (QIAGEN, Hilden, Germany) according
to the manufacturer’s instructions. The presence of coccidian parasites was confirmed using
PCR targeting the small-subunit rRNA (COC1 F: AAGTATAAGCTTTTATACGGCT, COC2 R:
CACTGCCACGGTAGTCCAATAC), and the classification of the species was achieved by sequence-
and species-specific PCRs targeting Besnoitia besnoiti, Hammonidia, N. caninum, Sarcocystis spp., T. gondii
and Trypanosoma spp. (the primers and targets are specified in Table 1).

RNA was extracted from brain tissue, and the presence of West Nile virus (WNV) RNA was
tested for and confirmed by real-time reverse transcription PCR (qRT-PCR) and further amplified and
sequenced, as previously described [31].

247



A
ni

m
al

s
20

20
,1

0,
19

21

Ta
bl

e
1.

Th
e

PC
R

pr
im

er
s

us
ed

to
id

en
ti

fy
th

e
co

cc
id

ia
n

sp
ec

ie
s

of
th

e
ti

ss
ue

cy
st

s
fo

un
d

in
do

nk
ey

s’
m

us
cl

e
ti

ss
ue

.

O
rg

an
is

m
Pr

im
er

Se
qu

en
ce

A
m

pl
ic

on
Si

ze
(b

p)
Ta

rg
et

G
en

e
R

ef
er

en
ce

Be
sn

oi
tia

sp
p.

IT
S1

-F
TG

A
C

A
T

TT
A

A
TA

A
C

A
A

TC
A

A
C

C
C

TT
25

0
IT

S
[3

2]
IT

S1
-R

G
G

TT
TG

TA
TT

A
A

C
C

A
A

TC
C

G
TG

A
Be

s-
F

A
TT

G
G

G
A

C
C

G
TT

TT
G

TG
G

IT
S

Be
s-

R
C

C
TC

TC
G

A
G

G
C

TA
C

A
A

G
TC

G
Be

s-
F2

C
C

TC
C

TC
A

C
TC

TG
C

TA
TC

A
C

G
75

0
(n

es
te

d)
Be

s-
R

2
TT

C
C

A
C

TG
G

TA
A

C
G

C
C

TC
T

Sa
rc

oc
ys

ts
pp

.

71
-F

C
G

G
A

TC
G

C
A

TT
A

TG
A

C
C

TT
T

18
S

rR
N

A
89

4-
R

G
G

TG
C

A
G

G
A

G
A

A
G

TC
A

A
G

G
A

31
7-

F
A

TT
G

G
A

A
TG

A
TG

G
G

A
A

TC
C

A
30

0
(n

es
te

d)
54

8-
R

TG
C

C
A

C
C

A
A

C
A

C
A

A
TG

A
A

G
T

To
xo

pl
as

m
a

go
nd

ii
To

x4
C

G
C

TG
C

A
G

G
G

A
G

G
A

A
G

A
C

G
A

A
A

G
50

0
N

on
-c

od
in

g
[3

3]
To

x5
C

G
C

TG
C

A
G

A
C

A
C

A
G

TG
C

A
TC

TG
G

H
am

m
on

di
a

sp
p.

JS
4

C
G

A
A

A
TG

G
G

A
A

G
TT

TT
G

TG
A

A
A

C
27

0
IT

S
[3

4]
JS

5
C

A
G

C
A

G
C

TA
C

A
TA

C
G

TA
G

A

N
eo

sp
or

a
sp

p.

47
6-

F
C

TG
C

TG
A

C
G

TG
TC

G
TT

G
T

N
C

5
[3

5]
10

14
-R

C
A

TC
TA

C
C

A
G

G
C

C
G

C
TC

TT
C

63
1-

F
G

C
G

T
C

A
G

G
G

TG
A

G
G

A
C

A
G

TG
27

9
(n

es
te

d)
91

0-
R

C
TC

TC
C

G
TT

C
G

C
C

A
G

C
A

G
TG

IT
S1

D
-F

TA
C

C
G

A
TT

G
A

G
TG

TT
C

C
G

G
TG

IT
S

[3
6]

IT
S1

D
-R

G
C

A
A

TT
C

A
C

A
TT

G
C

G
TT

TC
G

C
IT

S1
D

i-
F

C
G

TA
A

C
A

A
G

G
TT

TC
C

G
TA

G
G

48
0

(n
es

te
d)

IT
S1

D
i-

R
TT

C
A

TC
G

TT
G

C
G

C
G

A
G

C
C

A
A

G

Tr
yp

an
os

om
a

sp
p.

IT
S1

G
A

TT
A

C
G

TC
C

C
TG

C
C

A
TT

TG
IT

S
IT

S2
TT

G
TT

C
G

C
TA

TC
G

G
TC

TT
C

C
IT

S3
G

G
A

A
G

C
A

A
A

A
G

TC
G

TA
A

C
A

A
G

G
12

00
(n

es
te

d)
IT

S4
TG

T
TT

TC
TT

TT
C

C
TC

C
G

C
TG

248



Animals 2020, 10, 1921

All positive PCR products were sent for sequencing by HyLabs (Rehovot, Israel). Sequences were
evaluated using the Chromas software (Technelysium Pty Ltd., Tewantin, QLD, Australia, version 2.6)
and assembled using the MEGA7 software (http://www.megasoftware.net, version 7.0.18). Consensus
sequences were created for each gene from both donkeys and were submitted to GenBank.

3. Results

3.1. Serologic Exposure to T. gondii and Neospora Spp. in Donkeys

The study population comprised donkeys from Israel (n = 49) and the Palestinian Authority
(n = 49). Sixty of the donkeys were males (61%), and 38 were females (39%). Age was available for 70
of the donkeys and ranged between four months and 25 years (mean = 7.6 years, median = 7.0 years,
standard deviation = 5.1 years). All donkeys were apparently healthy during blood collection.

Anti-T. gondii antibodies were detected in 92 of 98 donkeys (94%). The antibody titers ranged
between 1:64 and 1:16,384 (Figure 1a), while high titers (≥1:256) were found in 66% of the animals. No
significant risk factors for exposure were identified.
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Anti-Neospora spp. antibodies were detected in 69 of 98 donkeys (70%). The antibody titers ranged
between 1:50 and 1:800 (Figure 1b), while high titers (≥1:200) were found in 14% of the animals. No
significant risk factors for exposure were identified. High antibody titers (≥1:200) were associated with
one farm in Israel. In this farm, 10 out of 25 donkeys had high antibody titers, representing 71.4% (10 of
14) of the donkeys with high antibody titers (p > 0.001, odds ratio (OR) = 11.5, 95% confidence interval
(CI) = 2.76–55.29).

The majority of donkeys (68/98, 69.4%) were exposed to both parasites. An additional 24 donkeys
(24.5%) were exposed only to Toxoplasma gondii, one donkey (1%) was exposed only to Neospora spp.,
and five donkeys (5.1%) were not exposed to any of these parasites. No significant risk factors for
co-exposure were identified.

3.2. Clinical Cases of Neosporosis in Donkeys

Parasitic tissue cysts were identified in the skeletal muscles of two donkeys sent for post-mortem
examination (Figure 2). Both donkeys were sent from the same animal shelter. The first donkey
(Donkey 1) was over 30 years old and presented with neurological signs and severe weakness before
euthanasia. The second donkey (Donkey 2) was over 20 years old, and his left thoracic limb had
been amputated several years prior to his death from unrelated causes. After his demise, the right
thoracic limb was sent for evaluation for any potential effect of the amputation on the contralateral limb.
The donkey that had presented with neurological signs (Donkey 1) was diagnosed as being infected
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with WNV after viral RNA was isolated and sequenced from its brain tissue (MT828577). In both
donkeys, multifocal tissue cysts containing parasites were observed (Figure 2). Neospora caninum DNA
was identified in the skeletal muscle tissue of both donkeys and was confirmed by the sequencing of
two different species-specific target genes (NC5 (MT831977) and ITS1 (MT826198), over 97% homology
with species-specific sequences in GenBank). Specific PCRs targeting Besnoitia spp., Hammonidia, T.
gondii, Neospora spp., Sarcocystis spp., T. gondii and Trypanosoma spp. were negative, and the presence
of these related cyst-forming parasites was ruled out.
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4. Discussion

The seroprevalence of both T. gondii and N. caninum in donkeys in Israel is high, and higher than
the recorded prevalence in any other mammalian species in the area, including horses [13,18]. Donkeys
in Israel are sometimes kept as burden animals, being more prevalent in Arab and Bedouin villages and
often receiving little veterinary care, in comparison to horses. Half of the donkeys in this survey were
sampled in animal shelters that receive neglected donkeys from various locations, while the other half
were sampled in Arab villages in the Palestinian authority, by a veterinarian giving free veterinary care
through a humanitarian organization. The high exposure to both parasites may be the result of the poor
sanitation associated with low-income populations, which may increase the chance of exposure to
oocysts in water sources or the environment. The association between low income and higher exposure
to T. gondii has been previously described in humans and in horses [7,37,38]. In addition, in poor
sanitary conditions, stray dogs and cats may have access to and feed on donkey carcasses, thus
enhancing the maintenance and transmission of Neosporosis and Toxoplasmosis in these areas.

The seroprevalence of T. gondii in horses varies between countries and ranges between 1.2% in
Sweden [39] and 71.2% in Iran [40]. The differences in prevalence may be associated with housing,
stable hygiene and feeding practices [7,41]. The prevalence of T. gondii was higher in donkeys (72.7%)
than in horses (27.7%) in a recent study from Brazil [42], as well as in other studies from Spain [23] and
Pakistan [43]. However, since there are fewer studies evaluating both horses and donkeys in similar
cohorts, it is difficult to determine whether these differences reflect a higher susceptibility of donkeys,
or merely reflect differences in sanitation or management practices between these species. Since horses
are considered to be naturally resistant to T. gondii infection [42], it is possible that they develop lower
antibody titers that are not detected by serological tests.

In Israel, T. gondii seroprevalence was significantly higher in the Arab population (60.4%)
than in Bedouins (27.5%) or Jews (19.9%) [8], and similar to the reported prevalence in Lebanon
(62.2%) [44]. The seroprevalence was age-dependent and reached 96% in Arabs over 60 years of age [8].
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The differences within ethnic groups in Israel may be attributable to a combination of economic status,
exposure to animals and climate [8]. Since donkeys in Israel are more abundant in Arab settlements,
the high seroprevalence may reflect similar conditions for exposure.

Although the consumption of donkey or horse meat is not common in this area, infection from
contaminated meat is still a potential source for zoonotic transmission. Viable T. gondii parasites have
been isolated from horse and donkey meat intended for human consumption worldwide [5,6,45–47],
with a possible link to human disease [46].

In a recent study [48], an association between T. gondii seropositivity and the prevalence of impaired
cognitive function was demonstrated in humans. Researchers theorize that behavior manipulation
increases the parasite’s likelihood of transmission by manipulating the host to engage in risky behaviors
so that the host is likely to be preyed upon, particularly by a feline [48]. This was demonstrated in
rats [49]. In this study, behavioral changes were not observed in any of the animals. To the best of our
knowledge, behavioral changes have never been reported in equids in regard to T. gondii infection.

Neosporosis is not considered zoonotic, and its main impact is economic, mostly due to its effect
on the reproduction of cattle and small ruminants, which are considered as the main intermediate
hosts [14,50]. Therefore, fewer data are available regarding its prevalence in equines. In Israel,
the prevalence in horses (12%) [19] was considerably lower than our findings in donkeys (70%).
In neighboring Jordan, the reported seroprevalence in horses was 32% [51], and that in small ruminants
was 63% [52]. Both dogs and donkeys often accompany small ruminant flocks in the Middle East,
which may increase the chance of infection of both the primary and secondary hosts. In 1998, a new
species of Neospora, N. hughesi, was identified in a horse from California [15]. Since then, N. hughesi has
been reported only in horses and mostly from North America; however, since the two Neospora species
are indistinguishable serologically, the global distribution of N. hughesi is unclear [14]. In the two cases
of tissue cysts described here, parasites were classified as N. caninum based on two loci. In addition,
N. caninum was identified in several cases of Neospora-induced abortion in mares in Israel (Mazuz et al.,
unpublished data), while N. hughesi has never been described in the area.

In horses, both toxoplasmosis and neosporosis had been associated with neurological disease,
while neosporosis had also been described as a cause of abortions and neonatal disease [53,54]. However,
reports of equine clinical cases are rare, and the majority of seropositive horses are asymptomatic.
The clinical significance of high exposure to these parasites in donkeys is unclear. All donkeys in this
study were apparently healthy, and to the best of our knowledge, clinical toxoplasmosis or neosporosis
in donkeys has never been reported in Israel or elsewhere. Although one of the clinical cases in this
report (Donkey 1) exhibited marked neurological signs, the cause of the neurological disease was
determined as WNV, which is the most common cause of neurological disease in horses in the area [55].
Nevertheless, the identification of N. caninum tissue cysts in muscle specimens from two donkeys
suggests that donkeys may be susceptible to clinical infection.

5. Conclusions

This is the first epidemiological survey investigating the exposure of donkeys to T. gondii and
N. caninum in Israel. The high seroprevalence of both parasites in donkeys may reflect a high
susceptibility of this species or high exposure due to poor husbandry conditions. The pathological
findings of N. caninum tissue cysts in two donkeys suggest that donkeys may also be clinically infected
and highlight the potential of donkeys to be a source of infection to other animal species. The higher
exposure of donkeys in relation to other animal species in these areas suggests that donkeys could be
used as sentinels to monitor exposure to these important, and potentially zoonotic, parasites.
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Simple Summary: This study aimed to assess the pathogen exposure status of recently captured feral
donkeys from Death Valley National Park, California. Assays to detect the presence of antibodies to
equine herpesvirus 1, equine influenza virus, West Nile virus, and Borrelia burgdorferi (the causative
agent of Lyme disease) were performed on serum samples from these feral donkeys. The results
indicate that this population is mostly naïve and likely susceptible to these common equid pathogens
upon removal from the wild.

Abstract: Recent removal and relocation of feral donkeys from vast public lands to more concentrated
holding pens, training facilities, and offsite adoption locations raises several health and welfare
concerns. Very little is known regarding the common equid pathogens that are circulating within
the feral donkey population in and around Death Valley National Park, California, USA. The aim
of this study was to utilize serologic assays to assess previous exposure of these donkeys to equine
herpesvirus 1 (EHV-1), equine influenza (EIV), West Nile virus (WNV), and Borrelia burgdorferi
(the causative agent of Lyme disease). The results of this study indicate that this feral equid
population is mostly naïve and likely susceptible to these common equid pathogens upon removal
from the wild.

Keywords: Borrelia burgdorferi; burro; donkey; equid; equine herpesvirus; equine influenza;
West Nile virus

1. Introduction

The feral donkey (Equus asinus), or burro, was introduced to North America as a result of Spanish
colonization in the sixteenth century. Being well adapted to thriving in desert environments, and useful
as a mode of transportation for people and equipment, these donkeys later became utilized by miners
in geographical regions that would later become United States of America’s (US) National Parks,
such as Death Valley National Park [1]. As is the case with many introduced species, feral donkeys
are the subject of much debate regarding the perceived associated positive and negative ecological
impacts. Some studies allege these feral burros are problematic due to competition with native animals
for limited resources, changes to vegetation, damage to soils, and negative impacts on springs [2,3].
Other researchers have studied the feral burros of the Sonoran Desert and found beneficial ecological
impacts where they are noted to dig deep groundwater wells that are subsequently also utilized by
several other species of mammals and birds [3,4]. One strategy employed to maintain appropriate
management levels by both the US Department of the Interior’s Bureau of Land Management (BLM)
and the United States Department of Agriculture’s Forest Service is removal of excess donkeys
from public rangelands. Many of these donkeys subsequently become available for adoption into
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private care, while others go on to live in BLM-managed off-range facilities. Free-roaming donkeys
in resource-limited environments, such as Death Valley, tend to spend their lives in small groups
or pairs, or sometimes even in solitude, unlike the large herd formations that are typical of other
equines in the wild [5]. Capturing these donkeys from the wild and placing them in groups with other
unfamiliar animals likely produces some stress. This combination of stress and co-mingling creates an
increased potential for viral reactivation (as in the case of equine herpesvirus 1 (EHV-1)) and pathogen
transmission for communicable diseases such as EHV-1 and equine influenza (EIV) [6]. Moreover,
there is a scarcity of scientific literature available regarding the common pathogen exposures and
subsequent humoral immune responses of these feral donkeys in the wild, which has a direct impact
on their risk of developing clinical disease upon capture, co-mingling, and relocation. Nasal samples
were taken from this same population of donkeys to detect viral and bacterial pathogen levels using
quantitative real-time PCR (qPCR). The study found little evidence of EHV1, 4, EIV, or Streptococcus
equi subspecies equi, but the samples did contain DNA from asinine herpes virus 2, 3, and 5 and
Streptococcus equi subspecies zooepidemicus [7].

Due to the vast land area, the desert climate, and the tendency for donkeys to roam in small groups
or even alone, we hypothesized that the feral donkeys recently captured from Death Valley National
Park would be naïve to many common pathogens that circulate in equid populations throughout the
United States, including equine herpesvirus 1 (EHV-1), equine influenza (EIV), West Nile virus (WNV),
and Borrelia burgdorferi (the causative agent of Lyme disease). The viral pathogens were selected as they
are all commonly circulating among our domestic equids in the US and elsewhere, with the potential to
cause significant clinical disease, and all have readily available serological assays to indicate previous
exposure [8–11]. B. burgdorferi was selected, as it is a common infection in horses living in endemic
areas, and the geographic range of the vector continues to expand across the United States [12].

EHV-1 and EIV are both contagious pathogens capable of being transmitted among equids,
especially those in close proximity. Likewise, equid populations commonly demonstrate exposure to
WNV and B. burgdorferi; however, these two pathogens require competent vectors for transmission.
Commercial equine vaccines are available for EHV-1, EIV, and WNV, although they have not been
evaluated for use in donkeys. Likewise, commercial B. burgdorferi vaccines exist for use in dogs; however,
some research suggests they may offer protection against infection in horses as well, although antibody
response may be short-lived, and more frequent boosters may be required [13,14]. Our objective was to
assess antibody levels to these common equid pathogens in recently captured feral burros from Death
Valley as a means of understanding their risk for disease development and transmission. The results
from this study can be used to inform protocol design surrounding the handling of feral donkeys
upon removal from the wild, especially with regard to preventive medicine, vaccination practices,
and movement to other geographical regions.

2. Materials and Methods

Blood was collected from 98 feral donkeys removed from the Death Valley National Park range
(Shoshone, CA, USA) on three separate occasions. The first set of samples was collected in early
November 2018 from 51 donkeys that were captured within 10 days. A second (n = 35) cohort was
sampled in late November, and a third (n = 12) was sampled in December before leaving short-term
holding. Each of the animals in these later two groups was sampled within 5 days of capture. Donkeys
were co-mingled with adult females and foals held together and separated from the adult male
group. A 10 mL blood sample was collected by venipuncture of the jugular vein. All animals were
observed by veterinarians prior to sampling. Body condition score (BCS) on a 5-point scale [15],
sex (n = 49 males, n = 49 females), and approximate age were recorded based on that veterinary
evaluation. The protocol was approved by the University of California Davis Institutional Animal
Care and Use Committee #20611.

The equine herpesvirus type 1 risk evaluation assay (Animal Health Diagnostic Center (AHDC),
Cornell University, Ithaca, NY, USA) was performed as previously described [16]. Briefly, a fluorescent
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bead bound to an EHV-1 recombinant protein, glycoprotein C (gC), was incubated for 30 min with
serum diluted 1:400 in phosphate buffered saline ((PBN) with 1% (w/v) bovine serum albumin
(BSA) and 0.05% (w/v) sodium azide). Multiscreen®HTS plates (Millipore, Danvers, MA, USA)
were used for incubations, wash steps were performed with phosphate buffered saline containing
0.05% (v/v) Tween 20 (PBS-T) using an ELx50 plate washer (Biotek Instruments Inc, Winooski, VT,
USA), and all incubations were performed at room temperature. Serum antibodies bound to beads
were detected with either biotinylated goat anti-horse IgG (H+L) antibody (Jackson Immunoresearch
Laboratories, West Grove, PA, USA) or biotinylated anti-equine IgG4/7 (RRID: AB_ 2820277), incubated
for 30 min. Streptavidin-PE (Invitrogen™, Carlsbad, CA, USA), incubated for 30 min, was used to
label the detection antibody. Finally, beads were suspended in PBN and analyzed in a Luminex IS
100 instrument (Luminex Corp, Austin, TX, USA). The data were reported as median fluorescent
intensities (MFI). The two values obtained from the assay were used to categorize animals as “high
risk”, “moderate risk”, “low risk”, and “very low risk” of contracting EHV-1 if exposed to the virus [16].

The equine influenza virus (EIV) hemagglutination inhibition assay (HAI) assay (AHDC,
Cornell University, Ithaca, NY, USA) was performed as previously described [17], using an
equine influenza strain isolated in New York in 2018, A/Eq/NY/192142/18 (H3N8). Briefly, serum
samples were heat-inactivated at 56 ◦C for 30 min and treated with 0.016M potassium periodate
solution, then subsequently neutralized with glycerol to prevent nonspecific reactions. Nonspecific
hemagglutinins were removed by pre-incubation with turkey red blood cells for 30 min. Two-fold
serial dilutions of each prepared serum, beginning at 1:4, were incubated with constant concentration
of virus for 30 min at room temperature, and turkey red blood cells were then added. Following
30–45 min incubation at room temperature, wells were examined for the presence or absence of viral
induced hemagglutination. The antibody titer of the serum was reported as the reciprocal of the last
dilution of serum, which completely inhibited hemagglutination. Samples were run in duplicate with
half titers reported when the end point was between two dilutions. Positive, negative, and serum
sample controls were run concurrently. Historic data from diagnostic submissions requesting EIV HAI
serologic testing (AHDC, Cornell University), totaling 916 equine samples submitted from 2013 to
2017 and 18 Equidae samples submitted from 2012 to 2020 were used to compare to expected results in
domestic populations.

The West Nile virus (WNV) antigen capture IgG and IgM ELISAs (AHDC, Cornell University,
Ithaca, NY, USA) were performed as previously described [18], with anti-equine IgM (RRID:AB_2737323)
or anti-IgG1/3 (RRID:AB_2737325) as capture antibody, and biotinylated anti-WNV E-protein
(RRID:AB_2744504) as the detection antibody. Briefly, Nunc MaxiSorp™ plates (Invitrogen™, Carlsbad,
CA, USA) were coated overnight at 4 ◦C with 4 µg/mL of the capture antibody in Carbonate buffer,
pH 9.65. Plates were washed between each incubation step with phosphate buffered saline containing
0.05% (v/v) Tween 20 (PBS-T). Each test and control sample was diluted 1:100 in tris-buffered saline
containing 0.05% (v/v) Tween 20 (TBS-T) with 5% (w/v) nonfat dry milk and incubated for 1 h at 37 ◦C.
Cell-culture-derived WNV antigen and control antigen were added to the positive and negative wells
of each sample, respectively, and incubated overnight at 4 ◦C; inactivated WNV antigen was prepared
from Verocells infected with a chimeric WNV [19], and control antigen was prepared from non-infected
cells. Detection antibody was incubated for 1 h at 37 ◦C, followed by streptavidin-peroxidase (Jackson
ImmunoResearch, West Grove, PA, USA) for 1 h at 37 ◦C. Plates were developed with TMB (KPL,
Gaithersburg, MD, USA). Results were reported as a positive/negative (P/N) ratio—the optical density
(OD) of the WNV antigen wells, divided by the OD of the negative antigen wells.

The Lyme Multiplex assay (AHDC, Cornell University, Ithaca, NY, USA) was performed as
previously described [20]. Briefly, three sets of fluorescent beads bound to recombinant OspA,
OspC, and OspF proteins, respectively, were incubated for 30 min with serum diluted 1:400 in PBN.
Multiscreen HTS plates (Millipore, Danvers, MA, USA) were used for incubations, wash steps were
performed with PBS-T using an ELx50 plate washer (Biotek Instruments Inc, Winooski, VT, USA),
and all incubations were performed at room temperature. Serum antibodies bound to beads were
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detected with biotinylated goat anti-horse IgG (H + L) antibody (Jackson Immunoresearch Laboratories,
West Grove, PA, USA), incubated for 30 min. Streptavidin-PE (Invitrogen™, Carlsbad, CA, USA),
incubated for 30 min, was used to label the detection antibody. Finally, beads were suspended in
PBN and analyzed in a Luminex IS 100 instrument (Luminex Corp, Austin, TX, USA). The data
were reported as median fluorescent intensities (MFI), and cut-off values for “negative”, “equivocal”,
and “positive” were determined based on values from horse serum [20]. Historic data from diagnostic
submissions requesting B. burgdorferi serologic testing on serum (AHDC, Cornell University) totaling
5468 equine samples submitted the summer of 2018 and 1271 Equidae samples submitted 2011 to 2020
were used to compare expected results in domestic populations.

3. Results

Approximate ages of the 98 donkeys removed from the Death Valley National Park ranged from
4 months to 20 years, with a median of 6 years (48 females and 48 males). Of the 70 animals for which
BCS data were approximated, two were <2, and the remaining 68 had a mean BCS of 3.08, with a
median of 3.0 on a scale of 1–5 [21]. Results of the serologic assays are summarized in Table 1.

Table 1. Summary of Serologic Assay Results. The number of animals with serum antibodies that
were reactive, moderately reactive, or non-reactive against each of the pathogens investigated.

Item EHV-1 EIV WNV Lyme

Reactive 3 0 0 6
Moderately Reactive 29 9 0 1

Non-Reactive 60 61 92 85

A total of 92 serum samples were tested in the EHV-1 risk evaluation assay. In total, 3% (3/92)
of the donkeys that were tested had antibody values that would categorize them as “low risk” for
infection with EHV-1, 32% (29/92) demonstrated evidence of exposure to an equine herpes virus and
would be categorized as “moderate risk” for infection with EHV-1, and the remaining 65% (60/92) of
the burros were categorized as “high risk” for EHV-1 infection at the time of sampling.

Sufficient serum was available for testing 70 of the donkeys for evidence of exposure to EIV.
Equine influenza H3N8 antibody titers were not detected at a minimum dilution of 1:4 in 13% (9/70) of
donkeys, the highest titer of 12 was found in 13% (9/70) of donkeys, and the remaining 74% (52/70) of
donkeys had a titer of 6 (Figure 1). Of the 18 historic domestic Equidae submission, only two samples
had a titer of <8.

All of the donkeys tested negative for both IgM and IgG antibodies to West Nile virus. In total,
7% (6/92) of the donkeys tested positive for at least one of the three antibodies to B. burgdorferi. Five of
those animals were positive for antibodies against the chronic infection marker, OspF, and one donkey
was positive for only the early infection marker, OspC. One additional donkey had an “equivocal”
value for OspF. In the domestic equidae submissions, 48% (616/1271) of animals tested positive for the
infection markers OspC and/or OspF, compared to only 27% (1480/5468) of domestic equines.
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Figure 1. Equine Influenza Virus Hemagglutination Inhibition Titers (EIV HAI). Results for 70 feral
donkeys from Death Valley in November and December, 2018, are compared to those obtained for
over 900 domestic equines and Equidae (vaccinated and unvaccinated) tested at the AHDC, Cornell
University, Ithaca, NY from 2013–2018.

4. Discussion

Our hypothesis was that equids removed from Death Valley National Park would have had
limited contact with common infectious disease agents that are frequently found in equid populations
in the USA and would be serologically naïve. The serologic survey conducted in this study supports
this hypothesis.

A significant portion of this population of donkeys was found to be at high risk for infection with
EHV-1, a common pathogen ubiquitous in most equine populations. EHV-1 can affect all members
of the Equidae family, including donkeys. Infection with EHV-1 can manifest as a range of clinical
presentations, from mild respiratory illness, to neurologic sequelae that can be fatal, and EHV-1 infection
of pregnant mares during gestation can lead to late-term abortion [9,22–24]. EHV-1 typically results in a
latent infection with subsequent re-activation and associated clinical disease and viral shedding during
periods of stress, such as traveling and co-mingling [9,23]. A limitation of this testing is the specificity
for EHV-1; while infection with asinine herpesvirus 3 (EHV-8) or EHV-9 might generate cross-reactive
antibodies based on homology to the target antigen in the EHV-1 assay, evidence of infection with other
herpesvirus strains, including EHV-4, might not be detected. However, asinine herpesvirus 2, 3, and 5
were detected in nasal swabs using qPCR in this population of donkeys [7]. Numerous vaccines are
commercially available to protect horses and other equids from EHV-1 infection, including killed virus
vaccines, a live virus vaccine, and formulations approved for use during pregnancy to prevent abortion,
although there are no current vaccine claims to protect against the neurologic form of disease [25].

EIV infection in horses typically causes acute febrile respiratory disease, which can frequently be
complicated by secondary bacterial infection, especially in unvaccinated animals [26]. EIV infection in
donkeys can cause pyrexia, cough, nasal discharge, and lethargy, similar to the signs seen in infected
horses [24]. However, donkeys appear to be more susceptible than horses to infection with EIV and
to developing more severe clinical disease, including secondary bronchopneumonia [27,28]. In 1963,
an H3N8 strain of influenza was identified as the cause of a major epidemic in equines in the state
of Florida, and in the following years, it spread throughout the USA and Europe [29]. The virus
used in the EIV HAI assay was a Florida clade 1 virus isolated in NY that matches isolates recently
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found in the USA [30]. EIV HAI result titers below 8 are typically considered negative, indicating
high risk for infection if exposed to EIV, and titers of 12 are low positive. All donkeys in this study,
including the few donkeys with low positive EIV HAI titers, would likely be completely susceptible to
infection with equine influenza if exposed. One limitation of this assay is the specificity for the H3N8
strain—if a novel strain were circulating in these donkeys, this assay may not detect those antibodies;
however, these animals would likely still be susceptible to the commonly circulating strains in the USA.
Numerous EIV vaccines are commercially available in the USA, including a modified live vaccine,
a canary pox vector vaccine, and inactivated virus vaccines [31].

WNV has been endemic in North America since 1999 and can be transmitted to susceptible hosts
through the bite of an infected Culex mosquito [32]. Birds typically serve as the predominant reservoir
for WNV, and humans and equids are considered dead-end hosts [33]. Although only about 10% of
unvaccinated, exposed equids usually develop associated neurologic disease, the clinical manifestation
can be quite severe, including fever, ataxia, weakness, recumbency, muscle fasciculations, and death,
with a case fatality rate of 30–40% [34–37]. WNV infection is diagnosed by identifying WNV-specific
IgM in horse serum [38]. Following infection or vaccination, horses will develop WNV-specific
IgG [18]. None of the donkeys in this population had evidence of previous exposure to WNV and
could be completely susceptible to infection if transported to a region where WNV infected mosquitos
are present. Numerous vaccines are currently available to protect horses and other equids from
WNV infection [39].

In North America, B. burgdorferi is the most common cause of Lyme disease, with Ixodid ticks
serving as the vector for transmission [12]. Clinical signs of Lyme disease in equids are not well
described owing to the fact that cause and effect are very difficult to document; however, stiffness,
lameness, hyperesthesia, and behavior changes are often described [40]. The associated clinical
syndromes that have been well described in equids, although rare, include neuroborreliosis, uveitis,
and cutaneous pseudolymphoma [12]. Seroprevalence studies suggest that B. burgdorferi exposure
among equids is common throughout many regions of the United States and that the range is likely
increasing [12]. In addition, these studies indicate that it is common for clinically normal horses living
in endemic regions to have antibodies against B. burgdorferi [12]. Given the sensitivity of Ixodes ticks to
desiccation [41] and the rugged, arid environment of Death Valley, it was surprising to find that a small
number of donkeys had evidence of infection with B. burgdorferi. However, B. burgdorferi has been
identified in ticks in areas of the Mojave desert surrounding Death Valley [42]. There is no significant
information available regarding the susceptibility of donkeys to Lyme disease; however, the high
seroprevalence in the diagnostic submissions from domestic Equidae suggests that these wild donkeys
will be at risk for infection with B. burgdorferi if they are moved to a Lyme endemic area. There is
not currently an approved vaccine to protect against infection with B. burgdorferi in horses; however,
in endemic areas, some clinicians will use a canine Lyme vaccine off-label [14].

Throughout this study, comparisons were made utilizing historic diagnostic data, which have
limitations. These limitations in some instances include unknown clinical history provided to the
AHDC, and testing for specific indications which may include clinical disease or to measure vaccine
response. The comparison serologic data in this study were not sorted in any way to account for
these limitations. In addition, this study is not a comprehensive serologic survey of all possible equid
pathogens; however, the results of this study and one other study do indicate that these wild equid
populations may be extremely naïve and susceptible to many common pathogens upon removal from
the wild, and there appears to be an increase in pathogen detection upon introduction to long-term
holding facilities [7].

5. Conclusions

Given the fact that donkeys in the wild tend to remain in pairs or very small groups and that they
often live in vast arid landscapes, the findings in this study may be applicable to feral donkeys in similar
locations. The apparently naïve nature of these donkeys to common pathogens supports the need
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for exceptional care and biosecurity measures upon removing wild equids from their native habitat.
Transportation vehicles and holding pens should be appropriately cleaned prior to movement in order
to minimize risk of exposure to common equine pathogens. Further work is needed to understand the
incidence of clinical disease from these pathogens in these populations upon removal from the wild,
and co-mingling, in order to determine the optimal vaccination recommendations.
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Simple Summary: Working donkeys suffer from many welfare challenges associated with,
for example, physical health, poor living conditions, and unfair treatment. The aim of this study is to
assess the welfare of working donkeys in the El-Saf brick kilns, identifying the health risk factors,
establishing welfare regulations, enacting legislation, and implementing welfare strategies aimed
at improving the quality of life of donkeys and owners within communities. The study found that
working donkeys in Egypt suffer from many types of wounds associated with parts of the harness,
such as the saddle, breeching, and neck collar, and with excessive force/beating, the shaft of the cart,
and improper tethering. They often live in unhealthy housing situations, and a high percentage suffer
from aggressive behavior. The study found an association between these health risks, behavioral
parameters, and body condition in Egyptian working donkeys. Body condition was affected by
multiple factors, including the number of hours worked/day, the number of donkeys/kilns, the distance
from loading to unloading bricks in an oven, and the amount of concentrated food/donkey.

Abstract: Donkeys are a cornerstone in human existence, having played an important role throughout
history in different economic activities, such as working in brick kilns in Egypt. This study was
conducted from January 2017 to the end of April 2017 in the El-Saf brick kilns, which are located to the
south of the Giza Governorate and 57 Km away from Cairo. Physical clinical health and behavior data
were collected from 179 donkeys spanning over a random sample of 20 brick kilns selected from the
El-Saf brick kilns. Behavioral, physical health, harness, and environmental parameters were assessed
and recorded. The study found that 80 ± 3% (n = 179) of kiln donkeys have some type of wound,
and the most serious wound is a beating wound (49 ± 3.7%), which is caused by drivers hitting the
donkeys. The drivers are mostly children, who have insufficient knowledge, skills, and attitudes to
effectively communicate with their donkeys and no motivation to enhance the welfare of these equids.
Other wounds are related to the harness, such as the breeching (10 ± 2.2%), saddle (43 ± 3.7%), neck
collar (40 ± 3.6%), and shaft of the cart (12 ± 2.4%). A poor body condition was seen in 56 ± 3.7%
of kiln donkeys. A correlation in terms of the prevalence of wounds was found between the body
condition (p-value < 0.01) and/or cleanliness of the harness. There was a negative association between
the body condition and wound prevalence in brick kilns (Pearson coefficient of correlation −0.71).
The physical enviromental factors that affect the body condition of working donkeys are the working
hours of donkeys/day, the number of donkeys in a kiln, the distance from loading to the oven, and the
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concentrated food/donkey (p-value < 0.01). These three variables can explain 78.85% of the variability
in body conditions based on a 1–5 scale. In addition to health parameters, behavior parameters, such
as the donkeys’ general attitude, reaction to observers, and chin contact are associated with the body
condition (p-value < 0.01). As a consequence, it is important for the owners of working donkeys to pay
attention to their body condition in order to avoid compromising their body condition and welfare.

Keywords: Donkeys; welfare; behavior; working equids; brick kilns

1. Introduction

Donkeys are a cornerstone in human existence and have played an important role throughout much
history in different economic activities. The world donkey population is estimated to be about 43 million,
with approximately 95% of them used for work in developing countries carrying out domestic activities,
as well as tasks relating to agriculture, transport, and different industries (e.g., construction) [1–3].
It is not uncommon to find working donkeys suffering from many welfare-related problems,
including wounds, poor body condition, respiratory diseases, parasites, a poor dental condition,
and lameness [3–6]. Welfare problems do not stop with physical ailments; many working donkeys
experience compromised mental states, such as a fear of humans and even depression [4]. Poor welfare
is commonly associated with working donkeys in Africa and the Middle East. Their poor welfare has
been linked to both harsh working conditions [3,5] and to handlers with insufficient knowledge of
general husbandry and properly caring for working donkeys, such as wound management, harness
care and fitting, watering, nutritional requirements, appropriate shelter arrangements, and veterinary
services [6–9].

Approximately 3.7% of the world donkey population is found in Egypt, with close to 1.6 million
animals [10]. Donkeys have a long history in Egypt, having been first domesticated there around
3000–4000BC [11]. Recently, the increasing human population has caused an increase in construction
activities, including the building of new cities, and this has increased the demand for bricks.
Consequently, there has been an increase in the demand for working donkeys in Egypt. Despite the
increase of mechanization in brick kilns, donkeys are still well deserving of the name the “beasts of
burden”, and are heavily relied upon for production. In the El-Saf brick kilns, where the Egyptian
Society for the Protection and Welfare of Working Animals (ESPWWA) is located, the donkey is the
preferred working equid. Donkeys are responsible for transporting green dried bricks from the loading
area to the ovens inside by pulling overloaded carts, which are driven by children. Donkeys working
in these brick kilns face multiple challenges. They often receive little nutrition and veterinary care,
and they are often over-worked, overloaded, and wear ill-fitted, poorly designed harnesses [4]. These
deficiencies in care lead to many welfare problems, including harness-induced injuries, dehydration,
wounds from beating, lameness, and other health problems [12]. There is no training for donkeys
in performing such hard work. The average load of bricks weighs 6 to 12 times the body weight of
a donkey found working in the kilns. Apart from pulling heavy loads, the donkeys work in a very
harsh environment for long hours, pulling loads on difficult and uneven terrain and being exposed to
extreme temperatures from the heat radiating from the ovens. Furthermore, the handlers are young
children or adolescents, who have little knowledge of how to properly work, care for, and communicate
with donkeys. Thus, the donkeys are subjected to many conditions that compromise their welfare.
Despite their invaluable contribution to brick kilns and to sustaining over 250 workers/brick kiln,
donkeys are the most neglected part of the industry, with brick kiln owners considering donkeys as
machines with a low economic value. The welfare of working donkeys is very important not only
for the health and survival of those animals, but also for the livelihood of the people who depend
on them [9]. A welfare assessment of working equids is crucial for establishing welfare regulations,
enacting legislation, and implementing welfare strategies aimed at improving the quality of life of
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owners and equids within communities [13]. The use of a combination of physical, behavioral, and
mental parameters has been commonly used in the welfare assessment of working equids [5,14–17].
The ESPWWA faces many challenges in assessing the welfare of donkeys in brick kilns, including
the fact that the work in brick kilns is temporary, and there is a dynamic movement of handlers from
kilns. This variation of the welfare of donkeys in brick kilns may help us to understand the risk factors,
including management practices that can lead to the compromise or improvement of donkey welfare.
Studies focused on identifying the conditions that have a severe and negative impact on welfare, along
with research that focuses on how to successfully implement changes that improve donkey welfare,
are important. However, the current research in both of these areas is limited [18]. The aim of this
study is to assess the welfare of working donkeys in the El-Saf brick kilns and identify the associated
risk factors that may compromise the welfare of working donkeys in many Egyptian brick kilns.

2. Materials and Methods

2.1. Study Area

The study was conducted from January 2017 to the end of April 2017 in the El-Saf brick kilns, south
of Giza Governorate, 57 Km from Cairo, Egypt. There are 250 brick kilns in El-Saf, with 120 operating
kilns. Twenty kilns (16.6% of all kilns) were randomly selected from the operating kilns for the study.

The operating kilns are home to 1350 male donkeys and 55 mules, and 179 donkeys from this
population were surveyed for this study. No female donkeys work in the brick kilns. The 20 selected
kilns had no mules, so the random sample in this study consisted of 179 male donkeys.

2.2. Behavior Parameter Examination

Physical, clinical, and behavioral data were collected from the 179 donkeys in the random sample
of 20 brick kilns selected from the El-Saf brick kilns. The behavior parameters were measured first,
as soon as the donkey had completed its work [19]. The following measurements were assessed and
recorded: general behavior (alert, apathetic, or depressed), response to an observer (unfamiliar person),
and acceptance of chin contact. The sequence and procedure for taking the behavior measurements
was as follows: to assess the alertness of the donkey (alert, apathetic, or depressed), and to observe the
donkey from a distance of at least 3 m and for up to 10 s. Then, the observer walked slowly at an angle of
30◦ (based on visual observation) toward the head of the donkey and stopped approximately 30 cm from
the head of the donkey to assess the response of the donkey at the moment that the observer stopped.
Next, the donkey’s reactions that fall within the following categories were recorded: discovering,
not moving, avoiding, running away, and showing an aggressive reaction. Lastly, the observer put his
hand very gently under the donkey’s chin, enough to take some weight but not so much as to lift the
head. If the donkey took his head away from the hand, the observer would not pursue it and recorded
the acceptance of chin contact (acceptance or non-acceptance). After initiating the physical contact,
the observer started the physical and health examination.

2.3. Physical Health Parameter Examination

The physical examination started from the head and progressed toward the rear of the working
donkey. Any abnormalities or skin lesions were recorded. In addition to the number of wounds,
the area of the wounds (multiplying the width by the length) were estimated as well. The wounds
were classified into two categories, harness-induced wounds, and excessive force/beating wounds. The
harness wounds were recorded and related to the anatomical part of the donkey’s body and the part
of the harness where the lesions were found, for example, lesions on the back caused by the saddle;
wounds on the shoulders or top of the neck from the neck collar; wounds on the chest or sides from
the shaft of the cart; and lesions on the hind legs or hips from the breeching. Lesions and wounds
inflicted by the driver from excessive force were described as beating wounds. Figure 1 shows how the
harness should fit (Figure 1a), and the other images (Figure 1b–d) display different types of wounds
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related to ill-fitting harnesses. Figure 2a–c shows wounds caused by excessive force and beating, limb
wounds from improper tethering, and shaft wounds caused by the cart. Other physical parameters
were measured, such as the age, estimated from the mandibular incisor occlusal table appearance [20].
The body condition was recorded using a scale from 1–5, where 1 stands for poor, and 5 stands for
obese (1–5) [21]. The body weight was measured by measuring the body height (from the ground to
the top of the withers) and by measuring the circumference of the heart girth. Then, the results were
plotted on a nomogram [22]. Figure 3 shows two donkeys, one with a good body condition (Figure 3a)
and a working donkey with a poor body condition (Figure 3b).

Figure 1. This figure shows a donkey with a full harness and different types of wounds caused by
the harness: (a) a full harness setting, (b) a breaching wound, (c) a neck collar wound, and (d) a
saddle wound.

Figure 2. (a) A wound from excessive force/beating, (b) a limb wound from improper tethering,
and (c) a shaft wound from the cart.

Figure 3. (a) Body condition was assessed using a scale of 1 (poor) to 5 (obese). The donkey in (a) would
be considered to have a good body condition (3) and no wounds, and the donkey in (b) would be
considered to have a poor body condition (2) and multiple lesions from the harness and excessive force.
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2.4. Physical Environmental Parameters Assessment

In addition to physical and behavioral parameters, environmental parameters were assessed and
recorded, such as the harness, cart, housing, watering, feeding, roads, and the load of bricks. During
the period when the donkey was working, the following parameters were assessed: time working,
harness condition, harness cleanliness, and the fitness of the harness. The condition of the harness was
scored from 1 (very bad) to 5 (very good), as described in Table 1. The cleanliness of the harness was
assessed from 1 (bad) to 3 (good) (Table 2). Figure 4a shows an example of an unacceptable or bad neck
collar. The fitting of the hitching point, neck collar, and breeching were assessed and noted as either
fitting or not fitting the animal. The cart condition was assessed by giving an overall rating to the cart’s
wheel bearings, tires, and shafts. The cart condition was scored from 1 (bad) to 3 (good), as described
in Table 3. The road from the loading area to the oven was evaluated according to the amount of debris
from bricks. A bad rating was given if the path had a lot of broken bricks that hindered the movement
of the carts; a fair rating was given if a small amount of broken bricks were found in the path; and the
path was considered to be good if the path was free of brick debris. Roads were assessed based on their
slope. A bad rating was applied if there was a negative slope (traveling to or from the kiln); it was fair
if a slope was found on part of the path; and it was good if a slope toward the oven was present. The
water was assessed based on several parameters, such as clean or unclean, taste (salty or sweet). If the
water was found to be salty or unclean, it was considered to be bad. Water found to be clean and sweet
was scored as a good water source. Figure 4b shows unclean water. Donkey housing was assessed in
terms of the floor condition (bad if it is muddy, dirty with urine and fecal matter; good if it is clean and
dry) and ventilation (bad if there are not enough windows; good if there are enough windows). Brick
loads were measured three times, first at the beginning of the workday, two hours later, and before the
end of the workday. The average brick load was recorded. Figure 5 shows a cart loaded with bricks.
Other parameters were assessed, such as the hours worked/day/kiln, the number of ovens in a kiln,
the distance between the loading point and the oven, and the average amount of concentrate food
provided for each donkey.

Table 1. The harness condition scores.

Grade Description

1 = very bad
Poor contact surfaces due to excessive wear, broken parts, or bad construction

(despite being new), and the use of non-equine-friendly materials, such as wire,
plastics, and nylon, in areas that are in physical contact with the donkey

2 = bad Well used, but developing problems with contact surfaces
3 = fair Well used, but in a good condition and with good contact surfaces for the donkey

4 = good A harness level that falls between 3 and 5
5 = very good Well made, not well used, with good contact surfaces for the donkey

Table 2. Harness cleanliness scores.

Grade Description

1 = bad Encrusted and dried on bodies (blood, mud, feces, etc.) and likely to cause injury
2 = fair Dusty, but not abrasive

3 = good Totally dirt free

Table 3. Cart condition scores.

Grade Description

1 = bad Very poor, with no bearing left, and the shaft is narrow, causing injuries to donkeys’ sides.
It may contain sharp objects, and the tires are deflated

2 = fair The wheel bearings have space to move from one side to the other, the shaft is tight, and
the tires are not completely deflated, but the pressue inside is low

3 = good
The wheel bearings have no space to move from side to side, the wheels easily rotate, the
distance between the two shafts is wide enough to prevent injuries to the donkeys’ sides,

and the tires are not deflated
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Figure 4. Examples of parameters compromising working donkey welfare including (a) a dirty neck
collar, and (b) unclean water.

Figure 5. A cart loaded with brick cargo; the driver hits the donkey on its rump.

2.5. Statistical Analysis

To assess the welfare and identify the risk factors compromising the welfare of donkeys, as well as
explore the association between these factors, different types of analyses were performed. Descriptive
analyses were performed with numerical variables, such as the percentage, means, standard errors,
median, maximum, and minimum. A chi-square test was performed to explore the association between
variables and factors. T-tests were performed to compare donkeys with wounds to donkeys without
wounds and considered to be healthy. ANOVA and Tuckey pairwise multiple comparisons were
performed to compare the impact of body condition related to different types of wounds and/or
behavioral parameters, and to detect groups that are statistically different in terms of body condition.
Multiple linear regression was used to find the factors that impacted body condition. Two types of
statistical software were used to analyze and graph the data. Minitab version 19 (Minitab, Inc., State
College, PA, USA) and R version 3.6.3 (Free Software Foundation, Inc., Boston, MA, USA).

3. Results

3.1. Physical Health Parameters

The average of the numerical parameters was calculated and is displayed as the mean ± standard
error. The average age of the donkeys in this study was 13.23 ± 0.32 years, and their body condition
was 2.41 ± 0.06. The incidence of different types of wounds was calculated and is displayed as the
percentage ± standard error. The study found that 80 ± 3% of kiln donkeys had some type of wounds,
and 49 ± 3.7% had lesions or wounds caused by excessive force or beating. For the harness-related
wounds, 43 ± 3.7% of kiln donkeys had wounds caused by the saddle, and 40 ± 3.6% had wounds in the
neck region from the collar. These last two wounds were the result of unfit, dirty harnesses and the poor
body condition of the working donkeys, as we found in this study. Wounds were found on 16 ± 2.7%
of the donkeys’ limbs, and of these wounds, 10 ± 2.2% were caused by the breeching, and 12 ± 2.4%
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were caused by the shaft of the cart. Other wounds represented 13.5 ± 0.82%, which were found on the
donkeys working in the kilns.

For the wound area, Table 4 shows a numerical summary of the area of the different wound types
in cm2 as the mean ± standard error. The serious wounds included both the wounds/lesions caused
by the shaft (89.60 ± 31.2 cm2) and breeching wounds (77.80 ± 40.3 cm2). However, few donkeys
had wounds that covered large areas; therefore, the median measure was also reported. The highest
median was found for beating wounds (30 cm2), followed by breeching wounds (19 cm2) and shaft
wounds (16 cm2).

Table 4. Numerical summary of the area of different wound types (cm2).

Wound Type Mean ± SE 1 Median Minimum Maximum

Saddle 25.86 ± 3.60 13.00 0.13 150.0
Beating 47.95 ± 6.26 30.00 1.75 365.5

Limb 35.5 ± 17.80 8.50 0.20 385.0
Neck 23.32 ± 4.75 7.50 0.25 197.5

Breeching 77.80 ± 40.3 19.10 0.80 625.0
Shaft 89.60 ± 31.2 16.80 0.30 577.0

1 SE = standard error of the mean.

The chi-square test was used to test the association between the different types of wounds and the
cleanliness, condition, and fit of the harness. We found that neck collar, saddle, and breeching wounds
were associated with the level of cleanliness (p < 0.01). The neck collar wounds were associated with
the condition and fit (p < 0.01). For the association between the most serious wounds, i.e., beating
wounds, and other types of wounds, the chi-square test found a correlation between beating wounds
and saddle and breeching wounds (p < 0.01). In addition, anssociation was found between wounds
caused by beating and the overall condition of the harness including fit, condition, and cleanliness
(p < 0.01). A relationship was found between the cleanliness of the saddle and breeching (p< 0.01) and
the fit of the neck collar.

The results found that 56 ± 3.7% of the donkeys had body condition scores of 2 or less. A t-test
was used to study the association between body condition and skin wounds. A significant difference
(p < 0.01) was found in body condition, where injured donkeys had body condition scores of 2.3 ± 0.06,
and healthy donkeys had a higher BCS (Body Condition Score) (2.9 ± 0.17). This suggests that there was
an association between body condition and injuries or wounds, which means that donkeys received
better treatment, healthier food, and improved care, and they had an overall better body condition and
fewer injuries. For each type of wound, the body condition of the donkeys was found to be as follows:
donkeys with saddle wounds (2.22 ± 0.08) and without saddle wounds (2.56 ± 0.9); donkeys with limb
wounds (1.98 ± 0.11) and without limb wounds (2.49 ± 0.07); and donkeys with neck collar wounds
(2.17 ± 0.08) and without collar wounds (2.57 ± 0.08). The scatter plot in Figure 6 shows that there
was a negative association between the two parameters, wound prevalence and BCS. Additionally,
the Pearson coefficient of correlation was −0.71 between body condition and wound prevalence in
brick kilns. The regression equation was BSC = 144.2 − 25.78 (wound prevalence). The p-value of the
intercept and slope are 1.8e-08 and 0.0003, respectively, and the coefficient of determination R2 = 0.52.
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Figure 6. A scatter plot of the mean body condition and wound prevalence (%) in the 20 brick kilns
selected, along with a regression line.

3.2. Behavioral Parameter Assesment

Table 5 shows that 82% (63 + 19%) of the kiln donkeys were apathetic or depressed, 68%
(24 + 7 + 37%) were avoidant, ran away, or were aggressive, and 64% did not accept chin contact.
To explore the association between body condition and behavior parameters, an ANOVA test was
performed for the general attitude and reaction to an observer, and a t-test was performed for chin
contact. A correlation was found between the general attitude and BCS (p < 0.01), reaction to observer
and BCS (p < 0.01), and chin contact and BCS. Tuckey’s pairwise comparison test was used to compare
the difference between behavior and reactions based on BCS (refer to Table 5). When measuring
behavioral responses in donkeys there was a correlation between response and BCS. Donkeys that
expressed an alert behavior had a BCS of 2.95 ± 0.14. A correlation between BCS and response to
observers was found by donkeys being more reactive to observers had a higher BCS of 3.42 ± 0.14. A
correlation was found between chin contact acceptance and BCS. The donkeys that allowed chin contact
had a higher BCS (2.68 ± 0.11), compared to donkeys that did not accept chin contact (2.27 ± 0.07).
Figure 7 shows the body condition means of the statuses of the behavior parameters along with
the standard error and shows the groups that are significantly different based on Tuckey’s multiple
comparisons as well.

The results suggest that the higher the BCS, the better the behavior of the donkey. We found an
association between donkeys being injured and BCS, suggesting that body condition has an impact on
the physical and behavioral conditions of working donkeys. Last, a correlation between donkeys with
wounds from excessive force/beating and behavior was found (p-value < 0.05).
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Table 5. Numerical summary of body condition for different statuses of general attitude, reaction
to an observer, and chin contact, along with the statistical test values and p-values of the t-test and
ANOVA test.

Parameter Donkey Status N (%) Mean ± SE 1 Test Value p-Value

General attitude Alert 32 (18%) 2.95 ± 0.14 a F-value = 10.38 <0.001 **
Apathetic 113 (63%) 2.34 ± 0.07 b

Depressed 34 (19%) 2.14 ± 0.14 b

Reaction to observer Discovering 13 (7%) 3.42 ± 0.14 a F-value = 6.65 <0.001 **
Not moving 44 (25%) 2.46 ± 0.13 b

Avoiding 43 (24%) 2.35 ± 0.12 b

Running away 13 (7%) 2.35 ± 0.17 b

Being aggressive 66 (37%) 2.24 ± 0.09 b

Chin contact Accepting 64 (36%) 2.68 ± 0.11 a T-value = 3.24 0.002 **
Not accepting 115 (64%) 2.27 ± 0.07 b

1 SE = standard error of the mean, ** means significant at the 1% significance level, shared letters are not significantly
different groups, based on the Tuckey’s multiple comparison method. a refers to significant different status compared
to the others and b refers to nonsignificant values in each group.

Figure 7. Error bars for the statuses of the behavior parameters: (a) the mean body condition of alert,
apathetic, and depressed kiln donkeys, along with the mean ± standard error of the mean; (b) the
mean body condition of donkeys that were aggressive and avoidant and that reacted to the observer
by discovering, not moving, and running away, along with the mean ± standard error of the mean;
(c) the mean body condition of donkeys who accepted and did not accept chin contact, along with
the mean ± standard error of the mean. The bars labeled with different letters indicate a significant
difference based on the Tuckey’s test, p < 0.05, for attitude and response to observer, and the t-test for
chin contact.

3.3. Physical Environmental Parameters

To explore the significant environmental parameters that have impacted the welfare of donkeys in
brick kilns, including the BC, a multiple linear regression model was performed, with body condition as
a response variable and all other environmental parameters included as explanatory variables. Table 6
shows the regression results and a numerical summary of the significant parameters. It was found
that BCS was affected by three significant parameters (p-value < 0.05): hours worked/day, the number
of donkeys working/brick kiln, and the cleanliness of the road. These three variables were able to
explain 78.85% (R2 = 78.85%) of the variability seen in the body conditions. However, no significant
difference was seen in the following parameters with BCS: production of bricks, which relates to how
the drivers (children) are paid (this could have led to an increase in the pressure or beatings imposed
on the donkeys), and/or the number of ovens/kilns.
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Table 6. Numerical summary of the environmental parameters (median and mean ± standard error),
and the coefficient values, t-values, and p-values of the multiple linear regression.

Parameter Mean ± SE 1 Median Coef 2 T-Value p-Value

Working hours/day 6.23 ± 0.19 6.0 −0.32 −2.75 0.016 *
Number of donkeys 8.95 ± 0.60 7.5 0.22 4.20 0.001 **

Distance 54.70 ± 3.53 53.5 −0.02 −2.40 0.031 *
Concrete amount/donkey 2.52 ± 0.20 2.15 0.48 4.85 0.000 **

1 SE = standard error of the mean, * means significant at the 5% significance level, and ** means significant at the 1%
significance level, 2 Coef = coefficient value

As for the housing condition, we found that 65 ± 0.11% of the working donkeys drink salty or/and
unclean water. The results suggest that the water condition has a significant impact on the body
condition (p-value < 0.01). Another housing factor found that 85 ± 0.08% of working donkeys live in
areas where there is mud, urine, and fecal matter on the floor of the donkey corrals/paddocks/stalls.
Most of the donkeys’ housing (70 ± 0.10%) had poor ventilation and few windows. The floor
conditions and ventilation have a significant impact on the body condition (the p-values are 0.011 and
0.000, respectively).

4. Discussion

Based on an ESPWWA estimation, there are more than 1000 brick kilns in Egypt, most of which
are in the Giza and Qalyubia governorates. These brick kilns are not similar; they are different in terms
of the mechanization, types of working equids, responsibilities of the stakeholders, and ownership
of the donkeys. In the El-Saf kilns, the ownership of the donkeys belongs to the brick kiln owners,
and the donkey drivers are children or adolescents, who are usually illiterate and do not have enough
knowledge to properly communicate with the working equids. They live in villages near the brick
kilns, and most of them are relatives of the owners or foreman. Working in these brick kilns is a
temporary job for them. There is a dynamic movement of the handlers from kilns to other locations,
and all stakeholders in the brick kilns are under pressure to work in order to meet the daily brick
production target, even in harsh working conditions and bad weather.

Wounds or lesions have been considered to be one of the most prevalent and severe welfare
problems facing working donkeys [3–5,23,24]. Wounds and lesions may have many origins, but little
research has focused on the cause of wounds and their relationship to specific welfare parameters.
This is true for donkeys working in brick kilns in various locations in Egypt. Some of the expected
causes of wounds are improperly fitted and designed harnesses (saddles, collars), poor materials used
to make the harness (natural and synthetic), poor communication between handlers (beating wounds)
and their donkeys, aggressive behavior from other donkeys (e.g., bites and kicks), and improper
husbandry/management practices [4,5].

This study revealed that the overall wound prevalence in working donkeys in brick kilns was
high (80%), and it is by far the highest prevalence recorded, compared with other studies. For example,
77.5% was reported by Curran et al. [8], 79.4% was reported by Biffa and Woldemeskel [23], 48.9%
was reported by Moltumo et al. [24], 42.2% was reported by Birhan et al. [25], 54.9% was reported by
Fikru et al. [26], 59% was reported by Burn et al. [27] in Jordan, and 54% was reported by Sells et al. [28]
in Morocco. This difference in the prevalence is attributed to the difference in environmental conditions,
type of work, and the harness system for the donkeys in brick kilns. Brick kiln donkeys have the
highest prevalence of the most severe lesions [5], which lead to severe pain and chronic suffering [29].

They often receive inadequate nutrition and veterinary care; they are overworked and overloaded;
and they wear poorly fitted, insufficiently padded harnesses and are hitched to poorly designed
harness [4], which may lead to many welfare problems, including harness-induced injuries, dehydration,
and beating wounds [25]. In the El-Saf brick kilns, there is no training for donkeys to do such hard
work, where sometimes they pull brick loads weighing 6 to 12 times their body weight. The work is
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often prolonged and strenuous under high environmental temperatures, with heat radiating from the
kilns themselves. The terrain is harsh, there is limited access to clean fresh water, and the donkeys
receive relatively little husbandry or veterinary care. There is a large proportion of working donkeys
that are suffering from injuries due to poor handling by their handlers [29,30].

This study revealed that 49% of donkeys have wounds from excessive force or from being beaten,
which is considered to be the most serious wound for donkeys. Pritchard et al. [3] reported the
prevalence of hindquarter wounds from mistreatment to be 12.1% in donkeys. Another study [25]
reported the prevalence of lesions from mistreatment to be 25.2% in donkeys and 41.7% in mules. The
difference reported by other researchers and what was found in this study is likely due to the overall
health of the working equids, the species (donkey or mule), the type of work, and environmental
conditions. Considering that most drivers in El-Saf kilns are children or adolescents with little
knowledge or skills relating to how to communicate and care for donkeys, coupled with their poor
attitude toward donkeys, it is no surprise that the donkeys are mistreated. The drivers have little
to no motivation to enhance the welfare of these equids, and so we find donkeys to be the most
neglected animal. Brick kiln owners consider donkeys as machines with a low economic value, and the
stakeholders of brick kilns work under severe pressure to meet daily production targets. From personal
observations, it was frequently observed that the foreman in the El-Saf kilns imposed additional
pressure on the young handlers, which resulted in the children beating their donkeys to achieve
production goals.

A decrease in injuries may have been recorded if properly designed, well-fitted, and comfortable
harnesses had been used in the brick kilns, or if the drivers had access to training relating to how to
construct such harnesses. We know from other studies that properly fitted harnesses allow working
animals to pull the equipment to the best of their ability, without risk of injuries. Unfortunately,
we found many harnesses that were poorly designed or ill-fitted, which relates to the inefficient transfer
of power from the animal to the implement, fatigue, discomfort, and/or injury to the animal [29].
While harness wounds can be avoided and represent 70% of veterinary intervention for working
equids in developing countries, similar conditions were observed in this study. We could improve
the performance of working equids by improving the overall harness quality and fit, as well as the
material used to make the harnesses. With such improvements, we would likely see a decrease in
wounds in the El-Saf brick kilns, as reported in other studies [31].

There are no available data on the harnesses of working donkeys in Egyptian brick kilns. This
study revealed the prevalence of wounds caused by harness in working donkeys in brick kilns was
correlated with certain parts of the harness such as the pack saddle, neck collar, and breeching or
the wound was caused by the shafts of the cart. It is difficult to compare the prevalence of harness
wounds found in this study with that found in other studies due to the fact that the harness system
used in Egyptian brick kilns is different from that used in other studied areas, such as Ethiopia and
Morocco [32]. Donkeys working in the El-Saf brick kilns are found pulling overloaded carts/wagons
with harnesses in poor condition and ill-fitting and the cart is poorly attached to the donkey (Figure 5).

The study showed that the frequency of the wounds found on the limbs were related to the
harness quality (e.g., poor) and donkeys being overworked and overloaded. This study and a study by
Pearson et al. [29] showed that the level of severity and location of the wounds was associated with
parts of the harness, BCS, and/or mistreatment.

This study revealed a correlation between cleanliness and wounds in the following locations and
parts of the harness: the neck collar, pack saddle, and breeching. In 2009, Sells et al. [28] found that the
cleanliness of the pack saddles is a significant factor in developing a pack wound. The presence of dirt
may contribute to the early stages of wound formation by increasing the abrasiveness of the material.
A poorly designed or ill-fitted harness will result in fatigue, discomfort, or lesions on donkeys [33].

We found that there is an association between beating wounds and saddle and breeching wounds
(p-value < 0.01). In addition, the association between beating wounds and the cleanliness, condition,
and fit of different parts of the harness was explored, and it was found that it is associated with the
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cleanliness of the saddle and breeching and associated with the fitness of the neck collar as well.
Moreover, because the poorly designed or ill-fitted and unclean harness leads to an inefficient transfer
of power from the donkey to the cart [33], painful lesions, which reduce the work capacity of working
donkeys [34], it will result in an increase in the frequency of being beaten by their handlers to meet the
daily production target.

Regarding the BCS of working donkeys in brick kilns, it is found that BCS is an important
animal-based indicator in assessing the health status and welfare of working equids [35,36],
without determining whether the nutrient requirements are met or exceeded [37]. A healthy equid
should be fit, neither not too fat nor too thin [38]. A poor body condition is a major welfare concern
for working equids [5,39]. Thin donkeys have less natural padding (adipose tissue and muscle),
which protects them from friction, pressure, and lesions caused by harnessing. The present study
revealed that 56% of kiln donkeys have a BCS of 2 or less. This score is higher than what other studies
have reported for donkeys in similar scenarios [24,25]. This difference may be attributed to a difference
in the working and environmental conditions, management practice, working load, and type of work.
In general, poor body condition scores of working equids may be attributed to malnutrition [40] and/or
parasitic infestation, coupled with a heavy working load [41]. Working equids used for strenuous
work in hotter weather and or hot and humid weather are likely to suffer from dehydration and a poor
body condition [42].

A poor body condition is generally coupled with many underlying factors, such as exhaustion
from being overworked [30] and chronic pain [43]. Donkeys in such conditions may suffer from
negative mental states (e.g., depression) [44] and live a life that is generally characterized by poor
welfare [45–47].

The study found a difference between injured donkeys and healthy donkeys in terms of BCS.
This finding suggests that a higher BCS and likely an overall improved care may decrease the number
and severity of wounds. Pritchard et al. [3] identified the highest correlation coefficient to be that
between a low body condition score and wounds of the skin and deeper tissues (r = 0.37), because they
may have less natural padding protecting them from pressure, friction and shear lesions caused by the
harness. The same results were reported by Abdela et al. [40], who found that there was a significant
association between body condition and occurrences of wounds (p-value = 0.000), and animals with a
poor body condition are more likely to be wounded than animals found to be in a good body condition.
This finding agrees with the report of Birhan et al. [25] and Tsega et al. [41], who reported a significant
difference between a poor and good BCS.

Behavior can be modified by several variables, including the following: workload, working
conditions, and housing environment, as reported in this study. There is a need to understand the
behavior of working donkeys and how it is associated with different management and production
demands in order to improve the conditions and welfare of donkeys. Behavioral tests, such as those
used in this study, can begin to identify compromised behavior that is linked to poor welfare, from a
low BCS to excessive injuries or animals that have become apathetic due to being overworked.

In the present study, the majority of the donkeys displayed behavioral signs associated with
being apathetic or depressed, and some even showed signs of aggression. The results in our study,
compared to other studies, such as that of Ali et al. [18], suggest the findings that apathetic, depression
and aggressive behaviors are more prevalent. Pritchard et al. [35] suggested that behavior could be
related to or attributed to the severity of work, environmental and working conditions, type of work,
and prevalence of harness-induced wounds in donkeys. The results in this study showed that donkeys
had multiple challenges to overcome in order to live a healthy life. Factors that influenced their welfare
and were documented included poor nutrition, water sources, harnesses, mental states, and overall
BCS, which led to a compromised welfare. Such parameters have been shown to have similar results
in other working equid studies [4]. Brick kiln donkeys have the highest prevalence of the most severe
lesions [42]. In the El-Saf brick kilns, as mentioned before, the prevalence of wounds was the highest,
compared with previous reports, and the prevalence of beating wounds in the present study was
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higher than the prevalence of mistreatment lesions reported by Ali et al. [18]. Burn et al. [4] reported
that working equids that suffer from severe physical injuries showed depression and unresponsive
behavior. Unresponsiveness behavior is considered to be an indicator of several poor welfare problems,
for example, fatigue due to a heavy workload [30,48] and chronic pain [30] in the El-Saf brick kiln. The
donkeys and their handlers are generally found to work for more than 8 h without rest in extreme
conditions that are hot and to be under a high production pressure. Donkeys are generally overloaded
and pull carts averaging 2.25 tons, in addition to the weight of the handlers, while suffering from
pain and open lesions. In many cases, we found donkeys displaying aggressive reactions toward
observers due to the working conditions and the fact the donkeys were regularly beaten by their
handlers. This resulted in continuously compromised human–donkey interactions, and the donkeys
continued to develop behaviors, such as fearfulness and aggression toward humans, which is generally
not commonly observed in donkeys [42]. Rousing et al. [43] reported that depressed and unresponsive
donkeys experienced improper handling. Positive human–animal interactions are very important
when it comes to working equids, as it facilitates daily activities, encourages positive human attitudes,
and improves animal welfare [44]. Burn et al. [4] reported that a low BCS is correlated most strongly
with unresponsive behavior. The causes of a low BCS are multifactorial and likely include malnutrition,
overwork, parasitism, and disease, which can simultaneously cause behavioral sickness that leads
to anorexia and the development of a poor BCS [38,44,45]. Both fatigue from overworking, being
overloaded [16] coupled with chronic pain [30], and depression or learned helplessness [36] can lead to
a compromised welfare [37–39]. In the present study, we found that donkeys with a higher BCS show
more alert behaviors and are friendlier with humans.

5. Conclusions

There is a need for basic research to understand the management, environmental, and working
conditions in brick kilns to be able to promote a sustainable improvement program for donkey welfare.
The El-Saf brick kilns are similar in terms of the work and mechanization systems, but there are
differences in terms of the management practices and resources available for the donkeys in each kiln.
This study introduced methods to measure the welfare status of the working donkeys in the El-Saf
brick kilns and how to identify associated risk factors that compromise their welfare. We have found
that the variation in the level of welfare associated with the donkeys in each kiln, along with differences
found in the management practices, can help us to better understand why some kilns have a better
welfare than others. The behavior, along with the welfare, of many of the donkeys was found to be
compromised. The highest incidence of wounds was caused by beating, improper handling, and/or
poor communication, which all reflected the missing link in human–animal interactions. Future studies
could possibly measure the attitudes of donkey handlers in relation to overall donkey welfare. Another
possibility would be measuring the correlation of human welfare to donkey welfare in each kiln.
We believe that increasing brick kiln managers’ and workers’ knowledge of proper donkey husbandry,
care, management, harness design, and function, as well as providing them with information on
working donkeys, could improve the overall welfare of working donkeys. A standard protocol would
need to be developed and shared in training sessions with brick kiln managers and then handlers.
A further investigation may be warranted to understand the attitudes and knowledge of donkey
handlers concerning the donkeys in brick kilns. Then, a strategy showing that an improved welfare
(e.g., a higher BCS) leads to fewer wounds or clean water and improves the production of the donkeys
and handlers is essential. This would be key to gaining the assent of stakeholders. A step toward this
goal is understanding the risk factors, which this study has accomplished. We can now a design an
effective educational program for the El-Saf brick kilns, which can be applied to all Egyptian Brick kilns.
This study suggests that improvements can easily be made through knowledge transfer, if human
behavior change can be facilitated.
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Simple Summary: Conventional donkey sperm-freezing using permeable cryoprotectants has
been successfully performed, and good sperm parameters have been obtained after thawing.
Unfortunately, artificial insemination of jennies with cryopreserved semen has given unsatisfactory
results. Vitrification by directly dropping the sperm into the liquid nitrogen following the spheres
methodology has been developed in human beings as an alternative to conventional freezing.
This technique has shown to be a species-specific methodology and the concentration of cryoprotectants
should be optimized in donkeys. Additionally, in this study, a permeable cryoprotectant (glycerol) has
been tested for the first time for donkey sperm vitrification. According to our findings, vitrification of
donkey sperm was effectively carried out using an extender supplemented with sucrose or bovine
serum albumin (BSA) as non-permeable agent. When glycerol, a permeable agent, was compared
to sucrose 0.1 M and BSA 5%, sperm quality significantly decreased. Therefore, donkey sperm
vitrification in the absence of permeable agents obtained better results and gives a new approach to
create a pattern for future studies of fertility trials.

Abstract: Vitrification by direct exposure of sperm to liquid nitrogen is increasing in popularity
as an alternative to conventional freezing. In this study, the effect of permeable cryoprotectant
agents for donkey sperm vitrification was compared to an extender containing non-permeable
cryoprotectants. First, three different concentrations of sucrose (0.1, 0.2, and 0.3 molar, M) and bovine
serum albumin, BSA (1, 5, and 10%) were compared. Secondly, the concentration of non-permeable
agents producing the most desirable results was compared to an extender containing glycerol as
permeable agent. Vitrification was performed by dropping 30 µL of sperm suspension directly
into LN2 and warming at 42 ◦C. Sperm motility (total, TM; and progressive, PM) and plasma
membrane integrity, PMI (mean± SEM) were statistically compared between treatments. Sucrose 0.1 M
showed a significantly higher percentage of total sperm motility (21.67 ± 9.22%) than sucrose 0.2 M
(14.16 ± 4.50%) and 0.3 M (8.58 ± 6.22%); and no differences were found in comparison to the
control (19.71 ± 10.16%). Vitrification with sucrose 0.1 M or BSA 5% obtained similar results for TM
(21.67 ± 9.22% vs. 19.93 ± 9.93%), PM (13.42 ± 6.85% vs. 12.54 ± 6.37%) and PMI (40.90 ± 13.51%
vs. 37.09 ± 14.28); but both showed higher percentages than glycerol (TM = 9.71 ± 4.19%;
PM = 5.47 ± 3.17%; PMI = 28.48 ± 15.55%). In conclusion, donkey sperm vitrification in spheres
using non-permeable cryoprotectants exhibited better sperm motility and viability parameters after
warming than sperm vitrification using extenders containing permeable cryoprotectants.

Keywords: donkey; sperm; vitrification; spheres; sucrose; BSA; glycerol
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1. Introduction

According to the Food and Agricultural Organization, European donkey populations have
diminished considerably in the last century [1]. According to the Spanish regulations, the Andalusian
donkey breed is in danger of extinction, with a breeding population of 100 males and 436 females in the
last update in 2020 [2]. In this sense, and considering the importance of environment and biodiversity
preservation of domestic species resources, the creation of sperm banks contributes to preserve valuable
genetic material from these endangered populations. Unfortunately, artificial insemination (AI) with
cryopreserved donkey semen has resulted in poor fertility outcomes [3]. Different strategies have
been developed to improve pregnancy rates, including the combination of different cryoprotectant
agents (CPAs) [4], addition of seminal plasma to frozen-thawed donkey semen before AI [3], post-thaw
centrifugation for cryoprotectant removal [5], study of the jennies endometrial response after AI [6,7],
or the influence of different insemination protocols [8]. The low fertilizing capacity of cryopreserved
donkey sperm has been attributed to the impact of permeable CPAs, but this hypothesis remains
unclear [3,9,10].

In addition, the osmotic stress produced in the sperm cell during conventional freezing and thawing
may induce structural and functional damage through the formation of ice crystals, and affects the
fertilizing ability of cryopreserved sperm [11]. Vitrification is a cryopreservation method widely used
for embryo, oocyte or tissue storage [12,13]. It involves the solidification of a solution, which turns into
a glass-like state [14]. During vitrification, viscosity greatly increases, and intracellular or extracellular
ice crystals are not formed because water does not precipitate [15]. A high concentration of permeable
CPAs has been used to reach the high viscosity needed for oocyte and embryo vitrification [13].
However, this methodology has yet to be applied to the sperm cell due to its higher sensitivity
to increasing concentrations of permeable CPAs [16,17]. Nevertheless, it has been demonstrated
that the concentration of CPAs required for achieving vitrification is inversely related to the rate of
cooling/warming. This means that if the sample is ultra-fast cooled (immersing small volume samples
directly into LN2), high concentration of permeable CPAs are not necessary to achieve a vitrified state,
therefore avoiding their toxicity [13,18]. This methodology, combined with non-permeating substances
such as proteins and/or carbohydrates, has been called ’kinetic sperm vitrification’ or ‘permeable
cryoprotectant-free sperm vitrification’ and has been successfully developed in human [15], dog [19],
fish [20,21] wild ungulates [17,22], cats [23] and, recently, in stallions [24] and donkeys [25]. It is
a simple, fast, and cost-effective method to cryopreserve sperm, even under field conditions, since
a reasonably equipped laboratory is required, making it attractive for the conservation of wild or
endangered species and genetically valuable animals distributed in different regions, as it usually
happens in endangered donkey breeds. Taking into account that sperm vitrification has led to similar
or an increase in sperm quality after warming in comparison to conventional freezing in stallion [24],
it could be considered to be another alternative to improve sperm cryopreservation in donkeys.

The optimal concentration of CPAs seems to be species-specific and has been proposed as a key
factor for sperm vitrification success, depending on the methodology used [24]. In a preliminary
research, donkey sperm vitrified in straws showed significant higher sperm motility percentages
when compared to vitrification in spheres [25]. However, only sucrose was tested as cryoprotectant
agent, and a fixed concentration was employed for both methods derived from previous studies in
other species. Consequently, the optimal concentration of non-permeable CPAs for donkey sperm
vitrification using the spheres methodology has not been determined yet. Additionally, as previously
stated, sperm vitrification has been developed using non-permeable CPAs [26] and a few attempts
for sperm vitrification have been performed using a combination of permeable and non-permeable
CPAs [27]. To the best of our knowledge, donkey sperm vitrification in spheres with the sole use of
permeable CPAs has not been tested yet.

Therefore, the present study was designed to examine the effectiveness of different concentrations
of sucrose and bovine serum albumin for donkey sperm vitrification in spheres, in comparison to a
vitrification extender containing permeable CPAs by examining the post-thaw quality in vitro.
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2. Materials and Methods

2.1. Animals, Semen Collection, and Processing

All procedures were approved by the Ethical Committee for Animal Experimentation of the
University of Cordoba, in compliance with the Regional Government of Andalusia (project no.
31/08/2017/105) and the Spanish law for animal welfare and experimentation (RD 53/2013).

The jackasses were housed in individual paddocks at “Centro Rural Malpica” (Palma del Rio,
Cordoba, Spain). They were fed with teff hay, oat grains and water “ad libitum”. Semen was collected
from four adult, healthy and fertile Andalusian donkeys using a Missouri artificial vagina (Minitüb,
Tiefenbach, Germany) in the presence of a jenny in estrus. Semen was collected one or twice a week
per donkey until a total of 16 ejaculates was completed (four ejaculates per donkey). Immediately
after collection, volume (mL) and sperm concentration (×106 spermatozoa/mL) were measured in
each gel-free semen sample using a graduated collector and a sperm photometer (Spermacue®,
Minitüb, Tiefenbach, Germany) respectively. Sperm motility and viability parameters were evaluated
as described below. Thereafter, sperm was extended 1:1 (v/v) with INRA96 (IMV Technologies,
France) and centrifuged at 400× g for 7 min to remove seminal plasma. Sperm pellets were then
re-extended in each vitrification media (see experimental design) to reach a final concentration of
200 × 106 spermatozoa/mL. Sperm suspensions were maintained at room temperature for 10 min and
slowly cooled for 1 h at 5 ◦C into a sperm container (Equitainer, Hamilton Research, Inc. Ipswich,
Massachusetts, USA) before the vitrification procedure was performed.

2.2. Vitrification and Warming

Sperm vitrification was carried out following the methodology previously described [24,25].
Briefly, a styrofoam box was loaded with LN2 and five 30 µL drops from each treatment were plunged
directly into the LN2. A micropipette held at an angle of about 45◦ and a distance of 10 cm from the
surface was used (Figure 1a,b). After contact with the LN2 a sphere is immediately formed (Figure 1c).
Spheres were then packaged into 1.8 mL cryotubes and stored LN2 tanks. The warming procedure
was performed by introducing the spheres one by one into two milliliters of extender (INRA-96)
previously warmed to 42 ◦C. A gentle vortexing for a few seconds of each sample was done before
centrifugation as described above. Sperm pellets were re-extended with INRA-96 after supernatant
removal, to reach final concentration of 25 × 106 spermatozoa/mL for sperm evaluation. Sperm motility
was objectively evaluated by using the Sperm Class Analyzer (SCA v.5.4.0, Microptic S.L., Barcelona,
Spain) as previously described [4]. The following kinetic parameters were calculated by the system:
total (TM, %) and progressive motility (PM, %); curvilinear (VCL, µm/s), straight line (VSL, µm/s) and
average path velocities (VAP, µm/s), linearity (LIN, VSL/VCL × 100), straightness rate (STR, VSL/VAP
× 100), wobble (WOB, VAP/VCL × 100), lateral head displacement amplitude (ALH, µm) and beat
cross frequency (BCF, Hz). Sperm membrane integrity was assessed using Vital-Test commercial kit
(Halotech DNA S.L., Madrid, Spain) for sperm staining following the manufacturer´s instructions.
In brief, an aliquot of 10 µL of diluted semen was mixed with 1 µL propidium iodide stock solution
and 1 µL of acridine orange stock solution and evaluated under epifluorescence microscopy. At least
200 spermatozoa were counted, and sperm with intact plasma membrane was recorded (PMI, %).

2.3. Experimental Design

2.3.1. Experiment 1. Vitrification of Donkey Sperm Using Different Concentrations of Sucrose

Sucrose (Sigma-Aldrich Corp., St. Louis, MI, USA) was added to a control base extender (Control)
commonly used for horse sperm. This base extender contains egg yolk and antibiotics (Gent, Minitüb,
Tiefenbach, Germany). Powder sucrose was weighted with a precision balance and mixed with the
control extender by vortexing. Three concentrations of sucrose (mol/L, M) were compared: 0.1 M,
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0.2 M and 0.3 M; each extender was then added to the sperm pellets and vitrified as described before.
Post-warming sperm parameters were recorded and compared between treatments.

2.3.2. Experiment 2. Vitrification of Donkey Sperm Using Different Concentrations of Bovine
Serum Albumin

Bovine serum albumin (BSA, Sigma-Aldrich, Sant Louis, MI, USA) was weighted and added to
the same control base extender as described before at the following concentrations: 1%, 5% and 10%.
Each sample was then vitrified, and post-warming analysis was carried out as previously described,
comparing the results obtained among treatments.

2.3.3. Experiment 3. Comparison Between Permeable and Non-Permeable CPAs for Donkey
Sperm Vitrification

Having identified the best concentration of non-permeable CPAs for donkey sperm vitrification in
spheres, a commercial extender for stallion sperm-freezing containing permeable CPAs, in particular
glycerol (Gent B, Minitüb, Tiefenbach, Germany), was compared for sperm vitrification. Post-warming
sperm parameters were assessed for each treatment as described before.

2.4. Statistical Analysis

Results were analyzed using the Statistical Analysis Systems software (SAS version 9.0; SAS
Institute Inc, Cary, NC, USA). All data was first tested for normality of the data distribution and
homogeneity of variances using the Kolmogorov–Smirnov and Levene test, respectively. The sperm
parameters assessed were compared between treatments using a repeated measured general lineal
model (GLM). Animals and ejaculates were considered to be random factors. The Post-Hoc HSD
Tukey test was used to compare differences between mean values. Results were expressed as mean ±
standard deviation of the mean (SD). The level of significance was set at p < 0.05.

3. Results

Mean average parameters of ejaculates used in this study were as follows: gel-free volume of
112 ± 41 mL, sperm concentration of 191 ± 68 × 106 spermatozoa/mL, total motility 79.7 ± 12.8%,
progressive motility 64.7 ± 15.4% and sperm with intact plasma membrane 58.7 ± 15.7%.

3.1. Experiment 1. Vitrification of Donkey Sperm Using Different Concentrations of Sucrose

Vitrification in spheres using a sucrose concentration of 0.1 M resulted in the greatest values
(p < 0.05) for all the sperm motility variables assessed in comparison to the other sucrose concentrations
(Table 1). There were no significant differences (p > 0.05) between control and sucrose treatments for
the assessment of plasma membrane integrity. There were no differences between sucrose 0.1 M and
the control for total (21.67 ± 9.22 vs. 19.71 ± 10.16) and progressive (13.42 ± 6.85 vs. 12.34 ± 8.13) sperm
motility, respectively; however, sucrose 0.1 M showed a tendency to obtain higher values of sperm
motility percentages.

Table 1. Vitrification of donkey semen samples (n = 16) using different concentrations of sucrose.

Sperm Parameters
Vitrification Extender

p-Values
Control Sucrose 0.1 M Sucrose 0.2 M Sucrose 0.3 M

TM (%) 19.71 ± 10.16 a,b 21.67 ± 9.22 a 14.16 ± 4.50 b 8.58 ± 6.22 c <0.001

PM (%) 12.34 ± 8.13 a 13.42 ± 6.85 a 7.69 ± 3.01 b 3.53 ± 4.42 b <0.001

PMI (%) 33.66 ± 14.84 40.90 ± 13.50 39.67 ± 13.12 38.62 ± 10.32 >0.05

VCL (µm/s) 77.04 ± 19.70 a 82.16 ± 13.31 a 65.07 ± 13.04 b 44.69 ± 16.98 c <0.001
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Table 1. Cont.

Sperm Parameters
Vitrification Extender

p-Values
Control Sucrose 0.1 M Sucrose 0.2 M Sucrose 0.3 M

VSL (µm/s) 62.52 ± 19.12 a 66.91 ± 12.48 a 50.42 ± 13.80 b 32.61 ± 15.43 c <0.001

VAP (µm/s) 67.23 ± 19.51 a,b 71.96 ± 12.93 a 56.46 ± 11.74 b 36.75 ± 16.58 c <0.001

ALH (µm) 2.34 ± 0.29 a 2.46 ± 0.43 a 2.04 ± 0.56 b 1.78 ± 0.67 b <0.001

LIN (%) 80.02 ± 5.69 a 81.16 ± 6.19 a 76.52 ± 11.01 a,b 68.13 ± 17.85 b <0.05

STR (%) 92.74 ± 2.80 a 92.84 ± 2.85 a 88.08 ± 11.32 a,b 84.44 ± 17.97 b <0.05

WOB (%) 86.40 ± 4.32 a 87.34 ± 4.64 a 86.70 ± 3.79 a 78.35 ± 13.85 b <0.05

BCF (Hz) 9.65 ± 0.82 a 9.64 ± 0.66 a 8.60 ± 1.79 a,b 7.68 ± 2.90 b <0.001

Different letters (a–c) in the same row indicate significant differences. TM, total motility; PM, progressive motility;
PMI, plasma membrane integrity; VCL, curvilinear velocity; VSL, straight line velocity; VAP, average path velocity;
ALH, amplitude of lateral head displacement; LIN, linearity; STR, straightness; WOB, wobble; BCF, beat cross
frequency; Control, control extender without sucrose. Values are expressed as mean ± standard deviation of
the mean.

3.2. Experiment 2. Vitrification of Donkey Sperm Using Different Concentrations of Bovine Serum Albumin

The addition of different concentrations of BSA to the vitrification extender resulted in no
significant differences (p > 0.05) in any of the sperm parameters assessed when compared to control
samples (Table 2).

Table 2. Vitrification of donkey semen samples (n = 16) using different concentrations of bovine serum
albumin (BSA).

Sperm Parameters
Vitrification Extender

p-Values
Control BSA-1% BSA-5% BSA-10%

TM (%) 19.71 ± 10.16 19.51 ± 9.67 19.93 ± 8.93 15.52 ± 6.37 >0.05

PM (%) 12.34 ± 8.13 12.58 ± 7.65 12.54 ± 6.37 9.24 ± 4.39 >0.05

PMI (%) 33.66 ± 14.84 36.37 ± 11.36 37.09 ± 14.28 35.49 ± 13.28 >0.05

VCL (µm/s) 77.04 ± 19.70 83.74 ± 15.80 83.27 ± 16.31 79.69 ± 16.87 >0.05

VSL (µm/s) 62.52 ± 19.12 68.74 ± 14.78 68.19 ± 15.88 64.57 ± 17.07 >0.05

VAP (µm/s) 67.23 ± 19.51 74.54 ± 15.59 73.86 ± 16.43 69.91 ± 17.06 >0.05

ALH (µm) 2.34 ± 0.29 2.31 ± 0.36 2.46 ± 0.22 2.49 ± 0.31 >0.05

LIN (%) 80.02 ± 5.69 81.72 ± 4.40 81.09 ± 5.06 80.14 ± 5.74 >0.05

STR (%) 92.74 ± 2.77 92.12 ± 2.73 92.08 ± 2.48 91.96 ± 3.16 >0.05

WOB (%) 86.40 ± 4.31 88.67 ± 3.28 88.04 ± 3.95 87.06 ± 4.13 >0.05

BCF (Hz) 9.65 ± 0.82 9.67 ± 0.62 14.82 ± 21.65 15.16 ± 21.58 >0.05

TM, total motility; PM, progressive motility; PMI, plasma membrane integrity; VCL, curvilinear velocity; VSL,
straight line velocity; VAP, average path velocity; ALH, amplitude of lateral head displacement; LIN, linearity; STR,
straightness; WOB, wobble; BCF, beat cross frequency; Control, control extender without BSA; Values are expressed
as mean ± standard deviation of the mean.

3.3. Experiment 3. Comparison Between Permeable and Non-Permeable CPAs for Donkey Sperm Vitrification

The sole use of glycerol for sperm vitrification in spheres decreased (p < 0.05) TM (9.71 ± 4.19%),
PM (5.47 ± 3.17%) and PMI (28.48 ± 15.55%) compared to vitrification using sucrose 0.1 M and BSA 5%
(Table 3). No significant differences (p > 0.05) were found in the remaining sperm parameters assessed.
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Table 3. Comparison between permeable (glycerol) and non-permeable (sucrose and BSA)
cryoprotectants for donkey sperm vitrification (n = 16).

Sperm Parameters
Vitrification Extender

p-Values
Glycerol Sucrose 0.1 M BSA-5%

TM (%) 9.71 ± 4.19 b 21.67 ± 9.22 a 19.93 ± 8.93 a <0.001

PM (%) 5.47 ± 3.17 b 13.42 ± 6.85 a 12.54 ± 6.37 a <0.001

PMI (%) 28.48 ± 15.55 b 40.90 ± 13.51 a 37.09 ± 14.28 a <0.05

VCL (µm/s) 80.72 ± 17.14 82.16 ± 13.31 83.27 ± 16.31 >0.05

VSL (µm/s) 68.09 ± 18.06 66.91 ± 12.48 68.19 ± 15.88 >0.05

VAP (µm/s) 71.97 ± 17.55 71.96 ± 12.93 13.86 ± 16.43 >0.05

ALH (µm) 2.32 ± 0.54 2.46 ± 0.43 2.46 ± 0.22 >0.05

LIN (%) 83.04 ± 6.19 81.16 ± 6.19 81.09 ± 5.06 >0.05

STR (%) 93.68 ± 3.26 92.84 ± 2.85 92.08 ± 2.48 >0.05

WOB (%) 88.56 ± 4.26 87.34 ± 4.64 88.04 ± 3.95 >0.05

BCF (Hz) 9.47 ± 1.36 9.64 ± 0.66 14.82 ± 21.65 >0.05

Different letters (a,b) in the same row indicate significant differences. TM, total motility; PM, progressive motility;
PMI, plasma membrane integrity; VCL, curvilinear velocity; VSL, straight line velocity; VAP, average path velocity;
ALH, amplitude of lateral head displacement; LIN, linearity; STR, straightness; WOB, wobble; BCF, beat cross
frequency; Values are expressed as mean ± standard deviation of the mean.
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4. Discussion

Permeable CPAs have been conventionally employed for the cryopreservation of donkey sperm
samples by slow freezing in donkey sperm, and by vitrification in spheres in other species, but they
had not been employed for vitrification in donkeys yet. Non-permeable CPAs have been successfully
used for sperm vitrification in different animal species [15,19,24,25,28]. It has been pointed out that
the optimal concentration of non-permeable cryoprotectants varies between vitrification techniques.
In this sense, studies comparing different concentrations of non-permeable cryoprotectants for sperm
vitrification using the spheres technique in donkey sperm are so far lacking in the scientific literature.

In the first experiment of the present study, the addition of sucrose 0.1 M to the extender had a
positive effect on sperm motility percentages in comparison to the control without sucrose. Sucrose
concentrations were selected taking into consideration other reports of sperm vitrification in spheres
in mammals [12,17,19,23–25,29], in which various amounts of sucrose between 0.02 M to 0.5 M were
added. According to the results obtained in this study, the lowest sucrose concentration (0.1 M)
resulted in the greatest values for sperm motility parameters in comparison to higher concentrations of
sucrose (0.2 M and 0.3 M). These results are in agreement with previous reports in which different
sucrose concentrations were compared, and higher sucrose concentrations (0.3 M and 0.5 M) resulted
in significantly lower values for sperm motility in comparison to 0.1 M in wild goat [17] and sheep [22].
Similarly, sucrose 0.1 M has also been successfully used for sperm vitrification in spheres in 14 different
wild endangered species [30] and in mouflon and fallow deer [31]. However, previous research of
sperm vitrification using the spheres method have shown sucrose requirements to be slightly higher
than 0.1 M in other species. In this regard, concentrations of 0.2 M [32] and 0.25 M [29,33] have
been successfully employed in studies performed in human; 0.125 M in fish [20]; 0.2 M in cat [23],
and 0.25 M in dog [19]. Interestingly, though, despite the phytogenic proximity between horse and
donkey species [24], sucrose requirements for vitrification of stallion sperm showed to be much lower
than that of in donkeys. It has been reported the upper limit of sucrose concentration to be 0.02 M in
stallions [24], which is far lower than those used in the present study.

Our results once again reaffirm the previously described differences of cryoprotectant requirements
between species [22,24]. A reasonable explanation for the diverse responses to vitrification extender is
that species have different sperm cryosurvival, as described by other authors [12,27]; it seemed to be
species-specific, which in turn may be a consequence of the cryostability and properties of the sperm cell:
sperm size, water content, membrane fluidity, osmotic content and/or internal compaction [30,31,34].
In agreement with previous reports in other species [17,28], in the current study no differences
were found between the different sucrose concentrations and the control extender regarding plasma
membrane integrity.

Serum albumin has been traditionally added to the vitrification extender for sperm
cryopreservation in several species. Thus, human serum albumin has been employed at 1% in
human [29]; and BSA at 0.5% in rabbit [12]; 1% in equine [35], dog [19], fish [28], donkey [36] and
wild goat [17]; and 2% in ram [37]. This molecule has shown to reduce oxidative stress [38] and to
protect the sperm membrane against cryodamage, although the exact mechanism is still not clear [39].
Few studies have, however, tested different concentrations for sperm vitrification to determine the
most adequate [24]. Moreover, to the best of the authors knowledge, the effect of BSA for sperm
vitrification has always been examined in combination with sucrose and other cryoprotectants, but
not by itself. Therefore, we aimed to test if the sole use of BSA could increase sperm quality after
vitrification. Surprisingly, no differences among BSA concentrations nor with the control extender were
found in any of the parameters assessed. However, the concentration of BSA 5% showed a tendency to
obtain higher motility results.

In the last experiment, and considering that the use of 0.1 M of sucrose in the extender highly
improved motility parameters, and BSA 5% also showed a tendency to improve motility results, both
extenders were compared with an extender with a permeable CPA for donkey sperm vitrification.
Glycerol was selected as the permeable agent because it has been widely and successfully employed
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for donkey sperm cryopreservation in previous studies [3,4,40–42], and could be considered to be a
starting point to study the impact of permeable agents in donkey sperm vitrification. Glycerol has
been previously included in vitrification extenders following the spheres or straws method, with
positive results in sperm quality parameters after warming in several species such as ram [16] and
sea bream [43]; dimethyl sulfoxide in salmon [21], and a combination of ethylene glycol and dimethyl
sulfoxide in goat [44]. According to our results, the addition of glycerol to the vitrification extender
significantly reduced sperm motility and plasma membrane integrity after warming; however, similar
results were obtained when sperm vitrification was performed using either sucrose 0.1 M or BSA
5% as non-permeable agents. These results agree with previous reports in wild sheep [22], in which
glycerol addition to the vitrification extender decreased sperm motility and plasma membrane integrity
compared to the sole use of non-permeable CPAs. Nonetheless, other authors reported no motile
or viable boar sperm after vitrification with only sucrose, neither in combination with permeable
agents [27]. Sperm vitrification in spheres using only non-permeable agents have also been problematic
in other species, obtaining few motile or viable sperm after warming in rabbit [12] and ram [37].
Interestingly, in a previous study performed in donkeys [42] in which authors compared between slow
freezing using only non-permeable agents and the same freezing protocol but containing glycerol,
no differences were found for sperm motility and DNA integrity. Therefore, it seems that glycerol
may protect donkey sperm during slow freezing but no during vitrification. As mentioned before,
these differences among studies can be explained in part by the cryopreservation method employed,
an inadequate concentration and/or type of non-permeable agent [12], sperm cryosurvival regarding
the species [27], as well as the lack of equilibration temperature, which have shown to be essential for
sperm vitrification in spheres [24].

5. Conclusions

The present study showed that donkey sperm could not be vitrified in small volumes (spheres)
using only glycerol as permeable CPAs. Vitrification using non-permeable CPAs (sucrose 0.1 M and
BSA 5%) enhanced sperm motility and viability after warming. Further studies will concentrate
on evaluating combinations of permeable and non-permeable CPAs for donkey sperm vitrification,
assessing a wider range of sperm parameters after warming.
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Simple Summary: Donkeys originally evolved as a desert animal, and unlike the horse (which flees
or runs away from danger), the donkey fights to avert danger. Hence, donkeys are more stoic and tend
to express fear, pain, and discomfort in more subtle ways than horses. For owners and practitioners,
it can prove to be challenging to identify donkeys in a state of pain or discomfort until the animal
has reached an advanced degree of disease, at which point veterinary intervention may be too late.
This study aims to identify signs of pain from both facial and body parameters in donkeys undergoing
a surgical procedure. Scores were based on noted signs of discomfort/pain from the observed body
language of the face, such as the eyes, ears, nose, nostrils, and muzzle, along with their overall body
appearance. The study demonstrated that developing a scoring system donkey grimace scale proved
to be accurate in identifying discomfort related to pain. However, the accuracy of the scale can be
influenced by the observers’ gender, level of donkey knowledge, and experience.

Abstract: The objectives of this study were to establish a donkey ethogram, followed by a donkey
grimace scale to be applied to donkeys pre- and post-castration and to test if there was a notable
difference in scores based on observer knowledge, gender, and experience, which could reveal possible
discomfort/pain. Nine healthy male adult donkeys were surgically castrated. Fifty-four photos were
selected from frontal, lateral, and body views taken pre- and post-castration. Observers ranging from
minimal to extensive knowledge and levels of experience based on education and hours/month spent
with donkeys scored six photos/donkey on a scale of 0–2 (0 = not present, 1 = moderately present,
2 = obviously present). Scores were based on body language and facial parameters: Ears down,
ears back, eye white showing, glazed look, orbital tightening, eyes round shape, nostril tension,
eyes narrow shape, muzzle tension, and abnormal stance and overall perception of the animal being
in pain. Level of experience and knowledge, as well as gender significantly (p < 0.001), affected
observers’ ability to accurately score images. The study suggests that the most significant indicators
of pain in donkeys are overall appearance and abnormal body stance provided their sensitivity,
specificity and accuracy values of 63.18%, 62.07%, and 62.60%, respectively.

Animals 2020, 10, 1411; doi:10.3390/ani10081411 www.mdpi.com/journal/animals
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1. Introduction

The misconception that donkeys do not feel pain to the degree that horses do, by suggesting
donkeys have a higher level of pain tolerance, combined with a difficulty to identify indicators of pain in
donkeys [1], has likely deprived many donkeys of receiving treatment when ill or injured [2,3]. Although
there have been limited studies examining specific indicators of pain in donkeys, few behavioral signs
of pain displayed in horses have not been described in donkeys [2–4]. Donkeys likely feel pain and
yet display little signs of pain, but currently, there is no evidence that donkeys have a different pain
tolerance to that of other equines [2,5,6].

Animal pain has been described as “an aversive sensory experience that elicits protective
motor actions, results in avoidance and may modify species-specific traits of behavior, including
social behavior” [5]. Since animals are unable to verbally communicate with humans, owners and
veterinarians are left with the task of identifying when an animal is in pain. Signs of pain have been
associated with specific behavioral indicators in the face and body in many animals from humans
to livestock [7]. However, identifying pain in donkeys presents a specific challenge. Donkeys are
often described as stoic animals, meaning they may endure pain or hardship without the display of
feelings and complaints. Due to this behavior, a donkey may ultimately mask pain with behaviors,
such as sham eating or by only showing slight indications of pain, such as a twitch to the tail or
change in posture. These subtle behaviors may go unnoticed, thus concealing illness/injury [2,3,8,9].
These behavioral adaptations allow the donkey to appear normal, and likely decrease the risk of
an ill/injured donkey being targeted by a predator. As useful as these behaviors and stoicism may
be to a wild donkey, they make it difficult to identify pain when evaluating domesticated donkeys
(e.g., working, companion or production donkeys) or feral donkeys now living in captivity.

As donkeys become increasingly popular as companion animals along with the use of donkeys
for draft animals and growing use for production (milk, meat, and skin), there is a growing need to
understand more about their behavior related to their overall well-being from both an owner and
veterinary perspective. Previous studies have yielded facial expression ethograms [10] and composite
ethograms (face and body) to assess pain in horses [5,11], as well as facial expression pain scales for
donkeys and visual analogue score based on disease conditions observed [12,13]. The objectives of
this study were to construct a donkey ethogram, followed by a donkey grimace scale to be applied to
donkeys in order to determine whether there was a notable difference in scores pre- and post-castration,
which could reveal possible discomfort/pain. The study also aimed to compare the reliability of
observers with different levels of experience and knowledge with donkeys. It was hypothesized that a
change would be seen in the pre- and post-castration score per donkey; more specifically, on average
the post castration pictures would have higher scores, when compared to the pre-castration pictures,
indicating a higher presence of pain behavior markers in donkeys post-castration. The hypothesis
regarding the reliability of observers was that the more donkey experience and knowledge an observer
had, the higher probability they would correctly identify pain markers in the images.

2. Materials and Methods

2.1. Animal Sample

Nine adult male standard donkeys (Standard is a breed of donkey recognized in the U.S. according
to height and weight, 150 to 300 kg), ranging from 2 to 10 years old were photographed pre- and
post-castration. All donkeys were clinically evaluated by the attending veterinarian (a board-certified
surgeon with over thirty years of clinical experience working with and owning donkeys) and his
team. Any donkey not deemed healthy based on physiological parameters and overall appearance did
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not undergo castration. The evaluation of pain based on the evidence reported by Dyson et al. [11],
who suggested the recognition of certain behavioral features may act as potential indicators of
musculoskeletal pain, which may enable the early recognition of certain distressing conditions in
equids. The indicators proposed by Gleerup and Lindegaard [14] were considered as behavioral
indicators of pain in the context of normal equine behavior. The donkeys were physiologically
evaluated by veterinarians before their free-from-pain condition could be ensured, and these could
be returned to their habitual housing. The review by Ashley et al. [2] was considered to adjust the
information and protocols of identification of pain-related signs to the specific behavioral nature of
donkeys. The overall appearance was evaluated following the premises in McLean et al. [15].

Donkeys were acclimated to the farm and arrived 10 days before surgery and housed in a group
in paddocks with shelter, ad libitum hay, and free access to water. All donkeys were part of a private
donkey rescue.

2.2. Photo Set and Selection Protocol

A total of 270 photographs were initially taken for the present study. All photos were taken with
an Apple mini iPad (version ISO 11.4.1, Apple Computer, Cupertino, CA, USA). The photos were
identified depending on whether they were taken pre- or post-castration. Five photos were taken of
each donkey from the following positions: One frontal photograph, one lateral photograph from the
right side, one lateral photograph from the left side, one body photograph from the right side and one
body photograph from the left. Each donkey was photographed 48 h, 24 h, 0 h before surgery and
8 h, 24 h and 48 h post-surgery on the farm. Fifty-four photos were randomly selected (27 pre- and
27 post-castration) to build the materials used for the surveys as suggested by Dalla Costa et al. [16],
seeking a balanced design to perform the statistical analysis.

2.3. Anesthesia and Surgery Protocol

Donkeys were anesthetized beginning in the morning by a standard xylazine/ketamine protocol [5]:
xylazine hydrochloride 1 mg/kg and butorphanol tartrate 0.02 mg/kg IV for sedation, followed by
ketamine 2 mg/kg and midazolam 0.03 mg/kg IV for induction of anesthesia. Donkeys requiring
additional anesthesia to complete the procedure were given 0.5 mg/kg xylazine mixed with 1 mg/kg
of ketamine. No catheter was used. All injections were administered IV in the jugular vein with a
3 cm, 18 ga needle. Flunixin meglumine (Merck Animal Health USA, De Soto, KS, USA) 1 mg/kg
was administered IV intraoperatively as an analgesic drug to reduce inflammation and to relieve
pain. Procaine Penicillin G (Pfizer, New York City, NY, USA) 18,000 IU/kg IM was administered
intraoperatively for infection prophylaxis. All patients were placed in either right or left lateral
recumbency, with the uppermost rear leg elevated and restrained with a soft rope. Their spermatic
cords were identified by palpation, and 10 mL of 2% lidocaine was injected into each cord. Following a
routine surgical prep using povidone-iodine surgical scrub (First Priority Inc., Elgin, IL, USA) and
povidone-iodine solution rinse (First Priority Inc.), two incisions were made ventrally in the scrotum.
The fascia covering the vaginal tunic was bluntly dissected, and each testis with an attached spermatic
cord was exteriorized, while keeping the tunic closed (“closed technique”). The cremaster muscles
were broken to decrease the diameter of the tissue to be ligated. A modification of the “Miller’s” knot
was used for transfixation and ligation of the spermatic cords. The ligation process was completed by
using Coated Polyglactin 910 (Coated Vicryl Plus, Ethicon, Somerville, NJ, USA) and Triclosan suture
(Coated Vicryl Plus, Ethicon). The spermatic cords were crushed and transected 1 cm distal to the
ligature with Serra Emasculators, and spermatic cord stumps were examined for hemorrhage. Excess
loose fascia that might extend from the incision site was removed, and incision stretched to maintain
postoperative drainage. All surgeries were performed on the same day with the same experienced
NGO team, including donkey surgeon, team, and anesthetics, and recovered on site. The surgeries
were done in the field. No complications were found, nor any of the donkeys needed redosing during
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the application of the castration procedures. Castration took 5 min ± 5 min to perform. The whole
procedure, including preparation, surgery, and recovery, took an average of 20 min ± 5 min per donkey.

2.4. Procedure for Volunteer Classification, Development of Donkey Ethogram, Survey and Sample Description

2.4.1. Observer Demographics

Twelve observers (41.7% males and 58.3% females) with ages ranging from 20 to 70 years
volunteered to participate in the donkey ethogram training and castration image survey. Those who
volunteered had various levels of donkey experience and knowledge and included veterinarians,
veterinary students, researchers, and donkey owners or were a combination of the aforementioned
descriptors. All levels of knowledge and experience were equally represented in their frequency in the
sample. All observers were then placed into categories based on the amount of time they spent with
donkeys (interaction); minimal (<4 h/month), intermediate (4–6 h/month), and extensive (>6 h/month),
and knowledge: Minimal (up to 100 h of formal training, attended a symposium dedicated to donkeys or
had a certified course in donkey related science), moderate (more than 100 h of formal training, attended
two or more donkey symposiums or had more than one certified course in donkey related science),
and extensive knowledge (more than 100 h of formal training, a degree or PhD in donkey-related
science, and research/work with donkeys on an everyday basis). Observer sample distributed across
knowledge and experience levels as follows—33.3% of the observers presented minimal interaction
with donkeys and minimal knowledge, 25% of the observers presented intermediate interaction with
donkeys and moderate knowledge, and 41.7% of the observers presented extensive interaction with
donkeys and extensive knowledge. The observers in the sample were chosen seeking an almost-equal
representation of sexes, interaction and knowledge levels, to prevent the bias derived from the potential
overrepresentation of some categories over the rest.

2.4.2. Ethogram

An ethogram displaying key body language often used to evaluate pain in other animals was
developed to train observers to evaluate this body language for signs of change (Refer to supplemental
information for ethogram) [10,11,15]. The training module included photographs, written descriptions,
and a voice-over to describe each descriptor and photograph. Changes in tension, posture, or position
were displayed in the training material and described by written and voice descriptions. Signs of
discomfort or pain, such as orbital tightening of eyes, muzzle tension, along with ear and body
language were illustrated and described [2–4,17–20] (Figures 1–5). Each observer was required to
complete the donkey ethogram training module before completing the study survey. From the
ethogram training materials, nine facial and body language markers (ear frontal and side position,
eye description (shape and tension), muzzle and nostril description (shape and tension), and stance)
were then identified as possible pain indicators and were utilized for the development of the donkey
grimace scale tested in the survey.

2.4.3. Survey

The survey included 54 photographs taken with an Apple mini iPad, six pictures per donkey:
Lateral, frontal head, and lateral body view (one pre and post castration photograph/view). Each observer
took the survey once per day on their own device (e.g., computer, laptop, tablet, or smartphone),
for three consecutive days to ensure intraobserver reliability. Photographs were presented in a digital
form and survey to the observers in the same order on each consecutive day. Observers were blinded to
the treatment of each donkey photograph, meaning the observer did not know whether each picture
was pre-castration or post-castration. The database comprised of 18,072 scores.
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Figure 1. An ethogram describing ear position related to grimace scale (0—not present, 1—moderately 
present, and 2—obviously present). Ear positions that maybe associated with pain or discomfort 
include both ears back (C), down (D), one ear forward, one to the side I, One ear to the side and one 
back (F), one ear to the side and one down (H), and one forward and one down (I) along with other 
facial action units associated with pain. Ear positions that are less likely to be associated with pain 
would include both ears are erect to side (A), both ears are forward (B), one ear forward and one to 
the side (E), and possibly one ear forward and one ear back (G).  

Figure 1. An ethogram describing ear position related to grimace scale (0—not present, 1—moderately
present, and 2—obviously present). Ear positions that maybe associated with pain or discomfort
include both ears back (C), down (D), one ear forward, one to the side I, One ear to the side and one
back (F), one ear to the side and one down (H), and one forward and one down (I) along with other
facial action units associated with pain. Ear positions that are less likely to be associated with pain
would include both ears are erect to side (A), both ears are forward (B), one ear forward and one to the
side (E), and possibly one ear forward and one ear back (G).
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Figure 2. Ethogram showing nostril and muzzle tension presences. Tension is not present in picture 
(A) meaning the donkey is likely not in pain or discomfort. The tension associated with pain can be 
found in picture (B). 

Figure 2. Ethogram showing nostril and muzzle tension presences. Tension is not present in picture
(A) meaning the donkey is likely not in pain or discomfort. The tension associated with pain can be
found in picture (B).
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Figure 3. Ethogram displaying eye shape related to pain (0—not present, 1—moderately present, and 
2—obviously present) with (A), (D), and (E) suggesting discomfort or pain. Eyes that are round in 
shape (B) and almond shape (C) are likely not in pain or discomfort.  

Figure 3. Ethogram displaying eye shape related to pain (0—not present, 1—moderately present,
and 2—obviously present) with (A,D,E) suggesting discomfort or pain. Eyes that are round in shape
(B) and almond shape (C) are likely not in pain or discomfort.
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Figure 4. Ethogram showing orbital tightening present not present ((A), pain grimace score 0), 
moderately present ((B), pain score 1) and tightening present ((C), pain score 2). 

Figure 4. Ethogram showing orbital tightening present not present ((A), pain grimace score 0),
moderately present ((B), pain score 1) and tightening present ((C), pain score 2).
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Figure 5. Ethogram displaying body stance, normal (A) and abnormal (B) which may be associated 
with discomfort or pain. 

  

Figure 5. Ethogram displaying body stance, normal (A) and abnormal (B) which may be associated
with discomfort or pain.

2.4.4. Sample Description

Observers were asked to score eleven parameters per photograph of each of the nine donkeys.
The observer responded with a score ranging from 0 to 2 (0 being absent, 1 being moderately present,
and 2 being obviously present) for each of the body language and facial parameters: Ears down,
ears back, eye white showing, glazed look, orbital tightening, eyes round shape, nostril tension,
eyes narrow shape, muzzle tension, and abnormal stance [18]. The observers were also given an
“I don’t know” option (in addition to the 0–2 scale) which they were instructed to select if they could

299



Animals 2020, 10, 1411

not identify the donkey’s response for that marker based on the image. Also, observers were asked to
score their overall perception of the animal’s pain status, while being blinded to the treatment (pre or
post castration) present in the images (Figures 1–5).

2.5. Intra and Interobserver Reliability Testing

Interobserver reliability was assessed at two levels. First, the measurements of every observer
were compared for days one to three, and second, measurements of scores across the total panel for
the summation of all three days were compared. Intraobserver reliability was tested by comparing
the responses of the same observer over three consecutive days scoring the survey. The intraclass
correlation coefficient of the Reliability Analysis procedure of the Scale package in SPSS Statistics,
Version 25.0, IBM Corp., Armonk, NY, USA, (2017) was used to assess inter (across observers) and
intraobserver (for the observations of the same observer across the different days) reliability. Responses
were then classified as successful or not, depending on whether the observers had identified signs of
discomfort related to pain or not compared to pre-castration images [8,21]. Per clinical examination
from attending veterinarian, all donkeys were considered to be in the absence of pain before castration,
and thus, served as their control. Post castration pain status was determined after the diagnosis issued
by the attending veterinarian. The pain status determined was used to evaluate the responses by each
of the observers participating in the survey. The summaries of the results for inter and intraobserver
reliability are shown in Tables S1 and S2.

2.6. Conditioning Factors Identification and Testing for the Probability of Success to Identify Post Procedure
Pain-Related Signs

Before testing for the probability of success to identify signs of pain, Kolmogorov-Smirnov (Table S3)
and Levene’s test were performed to study data distribution and variance across groups to discard
gross violations of normality and homoscedasticity assumptions. As both parametric assumptions had
been grossly violated (p > 0.01), a nonparametric approach was considered. Frequency analysis and
Pearson’s Chi-squared were performed to test for differences in the probability of success to identify
pain signs (ability to detect true positive signs of pain, true negative signs of pain, false-positive signs
of pain and false-negative signs of pain) across factors: Castration status, observer gender, donkey
knowledge, donkey interaction, body language. Frequency analysis and Pearson’s Chi-squared were
performed using the Crosstab task from the descriptive statistics procedure in SPSS Statistics, Version
25.0, IBM Corp. (2017). Pearson’s chi-square test is used to determine whether there is a statistically
significant difference between the expected frequencies and the observed frequencies in one or more
categories of a contingency table [22], with each of the observation being exclusively categorized in
one category (false or true positive or false or true negative [23]). As stated in Roscoe and Byars [24],
when sampling from a uniformly distributed populations (as the one in our study), the Kolmogorov
test is markedly and consistently conservative even under conditions most favorable to the test,
and chi-square proved to be quite robust even with very small samples. Additionally, chi-square has
proven to be robust in tests of goodness-of-fit to uniform with fractional expected frequencies, as it
occurs in our study.

2.7. Overall and Specific Body Language Sensitivity, Specificity and Accuracy for Post Procedure Pain-Related
Signs Identification

Overall sensitivity, specificity, and accuracy were computed to determine the efficacy of the
technique to report a comprehensive, accurate assessment of pain-related body language signs across
body areas and on the whole, as a way to identify potential body language which should be considered
better predictors for pain-related conditions versus those which may report misleading information.
Sensitivity is the percentage of donkeys’ post castration being identified as in pain. Specificity is the
percentage of donkeys pre castration being identified as not in pain. Accuracy is the likelihood of
detecting either a true positive or true negative [25].
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2.8. Declaration of Ethics

The study was reviewed and approved by the University of California Davis’ Institutional
Animal Care and Use Committee, but no protocol number was given, since only observations were
being conducted by the research team. Castrations were scheduled and performed by a veterinary
nongovernmental organization on-farm (in the field) independent of the study. No additional
permission was needed following the recommendations of Royal Decree-Law 53/2013 and its credited
entity, the Ethics Committee of Animal Experimentation from the University of Córdoba, given the
application of the protocols present in this study followed the premises cited in the 5th section of its
2nd article, as the animals assessed were used for credited zootechnical use.

3. Results

3.1. Intra and Interobserver Reliability Testing

All observers showed a Cronbach’s α parameter above 0.70 (average measures), suggesting that
each observer reliably scored across all test days. Reliability coefficients (Cronbach’s alpha) above 0.85
are generally regarded as high and those between 0.65 and 0.85 as moderate. The total panel across all
three days reported a Cronbach’s α parameter above 0.90 (average measures), suggesting total panel
reliably scored across days. It was likely for the panel to score the same for the same photo on the three
repeated sessions. Additionally, interobserver reliability for the whole panel was tested, and the value
of 0.97 (average measures) suggests agreement between observers was excellent. Hence, any of the
members is valid, reliable, and provides consistent enough measures to be considered independently.

3.2. Conditioning Factors Identification

There was a significant (p < 0.001) difference between female and male observers in their ability to
correctly identify signs of pain after castration (Table S4). The relationship between knowledge and
gender was studied using partial eta squared (ηp2). Partial eta squared (ηp2) was 0.08, which meant
that the effect of gender accounted for 8% of the differences in knowledge plus associated error
variance. Sample size and possible factor combinations were not sufficient to justify the performance
of univariate follow-up statistical analyses to determine whether significant differences could be
ascribed to the interaction between knowledge and gender—however, these factors separately, as some
of the categories, could be misrepresented. The study of the interaction between knowledge and
gender may imply the multiplication of the number of possibilities within the interaction factor.
Hence, instead of considering two variables (knowledge and gender) with two (male and female) and
three levels (minimal, intermediate and extensive knowledge), respectively, we would be considering
one variable (knowledge level-gender) with six levels (male-minimal knowledge, female-minimal
knowledge, male-intermediate knowledge, female-intermediate knowledge, male-extensive knowledge
and female-extensive knowledge). Then, in the context of our sample and to maintain the balance
in the representativity of each possibility, clustering both variables under an interaction term may
reduce the frequency of cases across levels to two cases per level. This offers lower chances to compare
than in a case in which the variables of knowledge level and gender are considered separately [26].
Males were slightly less likely to identify a true positive (identify pain in the post castration images)
and to score a false-negative (fail to identify markers considered to be pain indicators) than female
observers were (Figure 6). There was also a significant difference across levels of donkey knowledge in
the observers’ ability to correctly identify signs of pain in post castration images. The probability of
scoring true positives was higher when observers had moderate or extensive knowledge of donkeys
(Table S5). Conversely, observers with minimal knowledge of donkeys had higher a likelihood to
score false-positives or false-negatives than those with moderate or extensive knowledge of donkeys.
Observers with moderate knowledge of donkeys reported a slightly higher ability to accurately detect
signs of pain after castration than those having extensive knowledge and considerably higher than
those having minimal knowledge. However, observers having minimal or moderate knowledge
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of donkeys presented a higher likelihood to make a false-negative. On the contrary, observers
presenting extensive knowledge of donkeys had a higher likelihood to make false-positives (Table S5).
A significant difference across the levels of interaction with donkeys was seen in the results from
the observers’ ability to correctly identify signs of pain after castration. The pattern of scoring
false-negatives, true negatives/positives and false-positives between observers who occasionally
(<4 h/month), sometimes (4–6 h/month), and often (>6 h/month) spent time with donkeys followed the
same trend as observers with minimal, intermediate, and extensive knowledge of donkeys (Table S6
and Figure 7).
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Figure 6. Frequencies of pain identification success possibilities across the different levels of donkey
knowledge from minimal, moderate to extensive in both pre-and post-castration images. In medical
diagnosis, test sensitivity represents the ability of a test to correctly identify those with the disease
(true positive rate), whereas test specificity is the ability of the test to correctly identify those without
the disease (true negative rate). Hence, the bar representing true values provides an overall direct
measure of the quality (sensitivity/specificity) of the test in comparison to its potential drawbacks
(false-positives or -negatives).Animals 2020, 10, x 13 of 23 
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in Table 1, 2.6% and 8.7% higher frequencies were found when moderately present signs were 
detected, and obviously present signs were detected for post castration images, respectively. 
Frequencies for the absence of signs were 14.3% higher for pre castration images. ‘I don’t know’ 
response frequency was quite similar with only 0.30% higher frequency of ‘I don’t know’ responses 
from post castration pictures (Figure 8). 

Table 1. Summary for the results of frequency analyses and frequency differences between pre and 
post castration conditions. 

Score Frequencies I Don’t Know Not Present Moderately Present Obviously Present 

Pre-castration 3.90% 54.00% 32.00% 10.20% 

Post-castration 4.20% 42.30% 34.60% 18.90% 

Frequency differences Value df Asymptotic p-value (2-sided) 

Pearson Chi-Square 373.496 3 0.001 

Figure 7. Frequencies of pain identification success possibilities across genders (male and female
observers) identifying false-negative signs of pain, actual/true signs of pain and false-positive signs of
pain (p- value 0.001). In medical diagnosis, test sensitivity is the ability of a test to correctly identify
those with the disease (true positive rate), whereas test specificity is the ability of the test to correctly
identify those without the disease (true negative rate). Hence, the bar representing true values provides
an overall direct measure of the quality (sensitivity/specificity) of the text in comparison to its potential
drawbacks (false-positives or -negatives).
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3.3. Testing for the Probability of Success to Identify Post Procedure Pain-Related Signs

Significant differences (p < 0.001) were found for the distribution of the intensity of signs
identified by the observers between pre castration and post castration images (Table 1). As reported in
Table 1, 2.6% and 8.7% higher frequencies were found when moderately present signs were detected,
and obviously present signs were detected for post castration images, respectively. Frequencies for
the absence of signs were 14.3% higher for pre castration images. ‘I don’t know’ response frequency
was quite similar with only 0.30% higher frequency of ‘I don’t know’ responses from post castration
pictures (Figure 8).

Table 1. Summary for the results of frequency analyses and frequency differences between pre and
post castration conditions.

Score Frequencies I Don’t Know Not Present Moderately Present Obviously Present

Pre-castration 3.90% 54.00% 32.00% 10.20%
Post-castration 4.20% 42.30% 34.60% 18.90%

Frequency differences Value df Asymptotic p-value (2-sided)
Pearson Chi-Square 373.496 3 0.001Animals 2020, 10, x 14 of 23 
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Figure 8. Comparing score responses related to signs of pain identification in pre- and post-
castration images.

3.4. Overall and Specific Body Language Sensitivity, Specificity and Accuracy for Post Procedure Pain-Related
Signs Identification

Significant differences were found for the probability of detecting signs of pain across the body
language markers tested (Table S7). A change in stance and overall appearance reported the lowest
rates of false-positives and false-negatives, improving the specificity and sensitivity of the technique.
Eyes presenting a narrow shape, orbital tightening, and glazed were used to correctly classify 60% of
cases, however, the possibility of making a false-positive increased in comparison to false-positive
and negative frequency reported for abnormal stance or overall appearance. Nostril tension and eye
whites showing described the opposite trend, although they were able to correctly classify around
54% of the cases. The nostril tension marker yielded 33% of false-positive cases, while the eye white
showing marker yielded 40% of false-negatives. Contrastingly, nostril tension reported the lowest
rate for false-negatives (12.40%) and eye whites showing reported the lowest rate for false-positives
(6.90%). The sign reporting the least accurate results was eyes round shape; only 39% were classified
correctly, with 35% being false-negatives, and 25% false-positives. Our results may be in line with
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those for sheep by Häger et al. [27], who reported an accuracy rate of 68.2%, and a false-positive rate of
22.7% (more common than false-negatives, 9.1%). These similar results may base on the suggestions by
Larrondo et al. [28], who reported an increased difficulty in pain recognition in lambs which indeed
conditions the use of analgesics. A slightly higher accuracy of 73.3% was reported for a Horse Grimace
Scale, which may reflect a relative higher ease to identify signs [10], which has traditionally been
supported by the literature [2]. Higher values have been reported by Reijgwart et al. [29] when using
their Grimace scales methods for ferrets. These authors reported sensitivity and specificity values of
85% and 74%, respectively. The highest accuracy reported (80%) was achieved when whisker retraction
was excluded, and only orbital tightening was considered. Lower rates of false-negatives together
with higher rates of false-positives may be indicative of a rather cautious assessment of pain, due to
the difficulty to identify pain-related behavioral signs in donkeys. Our results may complement those
reported by Dai et al. [30], as it may be the ability of panel training methods to inform about the subtle
signs reported by animals rather than the time needed to train the members of the panel, especially for
signs, such as tension above the eye area, prominent strained chewing muscles, mouth strained and
pronounced chin and strained nostrils. This could also be supported on the higher accuracy found
in our DGS (Donkey Grimace Scale) for overall appearance and abnormal stance, which may indeed
reflect a higher interobserver agreement, and indirectly indicative of a successful training period.
Body language markers that have sensitivity or specificity below 50% should not be considered when
aiming at assessing pain (for instance, eyes round shape) (Figure 9). The sensitivity of post castration
images was 63.18% with detected pain. Significant differences were the distribution of the intensity of
signs identified by observers between pre-castration and post-castration images. Higher frequencies of
pain markers were found when moderately (2.6%) and obviously present signs (8.7%) were detected
for post castration images. Table 2 reports a summary of the results for sensitivity, specificity and
accuracy of each body language as a pain indicator and of the overall donkey grimace scale.
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Figure 9. Accuracy comparison of frequency scores (false-negative, true, or false-positives) for different
facial and body parameters related to signs of pain. Pre- and post-castration results were considered as
the figure represent the quality of the donkey grimace scale used. In medical diagnosis, test sensitivity is
the ability of a test to correctly identify those with the disease (true positive rate), whereas test specificity
is the ability of the test to correctly identify those without the disease (true negative rate). Hence, the bar
representing true values provides an overall direct measure of the quality (sensitivity/specificity) of the
text in comparison to its potential drawbacks (false-positives or -negatives).
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Table 2. Summary for the results of sensitivity, specificity and accuracy for each body language sign
and overall donkey grimace scale.

Sensitivity Specificity Accuracy

Ears Down 54.04% 56.91% 55.10%
Ears Back 51.51% 56.86% 53.65%

Eye White Showing 52.05% 59.88% 53.40%
Glazed Look 61.18% 58.26% 59.50%

Orbital Tightening 61.17% 57.70% 59.30%
Eyes Round Shape 41.24% 36.91% 39.50%

Nostril Tension 57.68% 53.18% 54.50%
Eyes Narrow Shape 61.77% 58.84% 60.10%

Muzzle Tension 54.51% 53.76% 54.10%
Abnormal Stance 60.91% 64.25% 62.70%

Overall Appearance/Donkey Grimace Scale 63.18% 62.07% 62.60%

4. Discussion

The original lack of scientific support in regard to the assessment of specific donkey welfare contrasts
the advances that have recently appeared in the scene. This methodological revolution appeared as an
effort to address the misattributions and misconceptions of the donkey species. Incorrect evaluation of
donkey welfare often bases on an incorrect perception of the behavioural, physiological, pathological
idiosyncrasies of the species, among others. In this context, complex validated welfare approaches [31] can
benefit from the methodologies implemented by large scale applicable methods [32] to report replicable
and still trustable results in contexts, such as medium- or low-income countries, for which donkey is
a common and relatively frequent element. The present research can complement the aforementioned
methods as, it focuses on the human ability to determine signs of pain, which according to literature has
often been deemed difficult provided to the subtleness of donkeys to display signs of distress [2].

Castration is considered to be one of the most common surgical procedures practiced by
veterinarians [10]. The present study measured indicators of pain in donkeys before and after
the procedure by observing changes in facial units and body language with the objective that this tool
could be easily applied and used to identify pain in donkeys. Previous studies have sought to identify
indicators of pain in equids. One study measured similar facial action units in horses before and after
castration and created a grimace scale to assist with recognizing signs of discomfort and pain, but this
has not been achieved in donkeys until this study was conducted [10]. The horse study assessed pain
in similar areas to this study, such as orbital tightening, muzzle and ear position and similar indicators
were observed in donkeys in this study in the same facial areas.

Ashley et al. [2] reported the present paucity of scientific research into equine pain behavior in
spite of the relevance that it is attributed to it in horse clinics. In their review involving papers published
during a period of 20 years, the same authors would state, this lack of scientific attention to the horse’s
pain-related behavior is extensive and even less common in regards other equine species, such as the
donkey or its hybrids. This becomes explicit in the review as among the nonspecific behavioral indicators
of pain in equids, the review by Ashley et al. [2] offers an extensive description of horse pain-related
behavior, such as considerable restlessness, agitation and anxiety, rigid stance and reluctance to move,
lowered head carriage, fixed stare and dilated nostrils, clenched jaw, aggression towards own foal,
handlers, other horses, objects and self. Oppositely, the same authors claim these signs cannot either be
relied upon, are often misdiagnosed, are difficult to differentiate, are not reported or described, or appear
in a more subtle display for the donkey, respectively. In regard to the signs of abdominal pain, the review
reports deep groaning or vocalization, rolling, abdominal kicking, flank watching, stretching and
dullness and depression, in horses. Oppositely, the first four aforementioned behavior was not reported
or have not been described in the donkey, while, stretching, which has importantly been related to other
signs with the purpose to evaluate analgesia, has been nonspecifically been ascribed to colic, and is
often accompanied by difficulty in defecating or urinating. Dullness and depressive-like-behaviors
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have been commonly reported as the only observable pain-related behaviors in donkeys, which is
often simultaneous to lethargy and reduced alertness, self-isolation or handlers’ contact reluctance.

Among the behavioral indicators of limb and foot pain in equids collected by Ashley et al. [2] in
their review mention weight-shifting between limbs, limb guarding, abnormal weight distribution,
pointing, hanging and rotating limbs, abnormal movement and reluctance to move in horses. Later,
the authors add these patterns involving the limbs and foot are normally unreported or not commonly
seen in donkeys (we understand, if they are experiencing the same level of pain). Furthermore,
these authors suggest literature may have reported reluctance to move to be weakly associated with
limb pain in the donkey, while repeated episodes of lying down may offer a rather evident sign of the
donkey being in distress. Last, Ashley et al. [2] report the set of most frequent behavioral indicators of
head and dental pain in horses and donkeys may involve headshaking, abnormal bit behavior, altered
eating; anorexia, quidding, food pocketing. Particularly, quidding partially chewed portions of feed
may be indicative of severe chewing discomfort and can particularly lead to choking in older donkeys.
Contextually, the information reported shows the noticeable lack of specific or updated information in
regards how pain is behaviorally expressed by donkeys, which makes the development of a donkey
grimace scale necessary in order to avoid the misconception of pain-related signs as a result of an
incorrect comparison with other affine species, such as horses.

Another study measured pain thresholds in donkeys and horses with mechanical stimuli applied
to their limb and recorded behavioral responses; the animals served as their own controls [3]. In the
present study, a donkey grimace scale was developed and applied to pre- and post-castration images
to measure a difference in facial action units and body language. A recent study included a facial
grimace scale for donkeys experiencing acute and chronic pain from various anatomical locations
(such as the head, limbs, and abdomen), and, compared their signs of pain with donkeys, assumed to
not be in pain [1]. Granted, pain behavior may be dependent upon individual animal basis, and signs
of discomfort may vary depending on the type of pain if it is acute versus chronic. Accordingly,
donkeys in the present study served as their own control, following the model used in some previous
pain studies [3,11,33]. When using the same donkey as a self-control, facial expression and body
language could be observed and recorded before a painful procedure, castration, and after; thus,
emphasizing changes in behaviors before and after the procedure. In donkeys, signs of discomfort and
pain may be subtler; therefore, one must consider the whole donkey to be able to accurately identify
the presence of pain [1,3,4]. Furthermore, being able to recognize these subtle differences may prove to
be challenging to those who have limited experience working with donkeys. Regan et al. [3] observed
that painful donkeys would swish their tails, hold their ears to the side (facing down) and exhibit
changes to head posture. The ethogram created from the present study suggested that observing
the overall body posture and reactions of donkeys may improve our chances of recognizing pain
in donkeys, as has been indicated in a study by Grint et al. [4]. The results of the present study
indicated there was a statistically significant difference in observer scores when using the donkey
grimace scale for both the face and body between castration images. All observers had undergone
an extensive training process to recognize signs of donkey discomfort from observations in facial
action units and body stance and/or posture, thus increasing the likelihood that observers would
be able to identify subtle pain indicators. Observer training is strongly recommended to assess and
improve interobserver reliability if necessary and possible before trials start [26]. As suggested by
Bell et al. [27], an improvement of interobserver reliability (ICC, κ or Cronbach’s α) from 0.50 to 0.80
(below the levels found in the present study) within 3 to 5 training sessions (three sessions were used
in our study) may be associated with a reduction of approximately 40% of the number of patients
in each treatment group required to show a particular true score group difference. In a recently
published study, researchers were able to correlate a change in donkeys’ facial grimace, behavior,
and physiology with head pain, lameness and post colic surgery [1,3,4]. A previous study observed
donkeys during castration surgery as having the same or greater amount of pain when compared to
ponies [5]. Other studies have indicated that many mammals, including sheep, pigs, cows, and horses,

306



Animals 2020, 10, 1411

experience some degree of pain after castration [17–20]. Therefore, it was assumed that post-castration
donkeys were not completely comfortable, despite receiving an analgesic drug, and that changes in
scores from the donkey grimace scale seen after castration could be indicators of pain. One of the
most accurate body language markers we found for detecting distress related to pain was the overall
appearance of the donkey and body stance. Our study’s results indicate the importance of observing
more than just the face of the donkey to identify signs of pain. Facial indicators, such as ears, eyes,
nostrils may be more easily influenced by external factors, such as other donkeys and the environment
of the donkeys, thus it is important to look at the donkey as a whole for signs of behavior related
to pain [21]. In previous studies, indicators of a donkey in pain or sick may include the following
behavioral signs associated with pain, such as a slight twitch to the tail, but authors claimed they were
subtler than those of horses [2,9,10,34–36]. Several studies have confirmed that indicators of a donkey
in pain may include sham eating, chewing, generalized dullness, shifting weight to contralateral
limb, unresponsive/decreased mobility of ears, twitching tail, and tail tucked [3–5]. The present study
confirmed the importance of observing the overall appearance of the donkey to accurately identify
pain. However, since the present study examined pictures and not the video of the donkeys, it was
difficult to monitor ear mobility or sham eating.

Some studies have developed and tested a Horse Grimace Scale [10], an ethogram of facial
expressions of ridden horses [36] and applied this ethogram to differentiate between sound and lame
ridden horses [37]. Another study developed an ethogram for the body, face, and gait of the horse and
aimed to differentiate between lame and non-lame ridden horses [11]. Similarly, to the aforementioned
study, the current study also aimed to distinguish pain indicators based on the whole body in addition
to facial indicators. Contrastingly, the present study examined donkeys with post-operative pain
instead of horses with musculoskeletal pain. Although multiple studies have utilized facial action units
to recognize signs of pain in horses, therefore, suggesting a similar scale, such as the scale used in this
study could be effectively applied and used in donkeys. Recent studies have applied various pain scales,
such as a Facial Expression Pain Scale, EQUUS-DONKEY-COMPASS and EQUUS-DONKEY-FAP,
to groups of donkeys experiencing different kinds of pain, including acute orthopedic pain, colic,
head-related pain, and post-operative pain and applied the same scales to a control group of healthy
donkeys. Although these studies did not yield significant results in regards to post-operative donkeys,
likely due to the variation in how long the donkey may have been experiencing pain or the stage of the
disease, both studies yielded significant results for facial pain, colic, and lameness [6,12], and provided
a basis for the implementation of a grimace scale to be used to identify pain indicators in donkeys.

Donkeys in the current study served as self-controls. The decision for using donkeys as self-controls
was supported in previous studies for three main reasons. First, for ethical reasons, as well as to adhere
to a high standard of welfare, a control group of donkeys undergoing castration without analgesic
treatment was not used in this study [10]. This is based upon the claims made on Mair et al. [38],
who reported that providing no analgesia for castration in equines is inhumane.

The second main reason this study was designed using donkeys as their own self-control was due
to findings in previous donkey studies attempting to measure and define pain behavior and measure
the clearance of analgesic agents. Donkeys were used as self-controls in a study that tested for the
palliative effect of detomidine as a sedative and analgesic in cases where severe pain was reported
during abdominal colic [39]. The severity of abdominal pain accompanying colic was determined prior
to (time 0) and after drug administration (15, 30, 45 and 60 min) using a standardized scoring system
to describe several clinical parameters common to equine colic. Among these clinical parameters,
the presence or absence of body signs was considered using a scale from no evidence of signs of
discomfort to severe evidence of signs of discomfort. This study, similar to our study, photographed
the donkeys as various times [40]. For our study, additional times were set to take photos prior to
castration, as a way to monitor the animals to make sure no evident changes occurred prior to castration
at 48 h, 24 h, 0 h before surgery. Amin and Najim [40] also compared detomidine, ketamine and other
anesthetics stated that full recovery was achieved at 40 min in donkeys. In regard to the metabolism of
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analgesics, donkeys may describe two different trends, one characterizing the period of time that takes
for half-life to be reached, then afterwards the period of time needed for the analgesic to disappear
from the body or at least its effects to not be present. Contextually, Grosenbaugh et al. [41], reported
NSAIDs may be clinically effective longer in donkeys than in horses as indicated by the respective
plasma t1/2 (half time in donkeys ranges from 0.75 to 4.5 h, with maximum limit only being half an
hour longer than in horses). The study suggested a faster reduction of drug plasma levels after the
drug had reached half its concentration (half-life) provided the notably increased clearance times of
1.78 (ml/kg bwt/h), which almost double those in horses [2]. Bearing this in mind and to ensure the
effects of any of the drugs did not alter the donkeys’ behavior, post castration photos were taken 8 h,
24 h and 48 h post-surgery. Another comparison to this study was the differences in scales—our study
developed a scale that included a “don’t know” possibility to be able to gather those cases in which
observers were not able to identify the degree of expression of a certain body sign related to pain which
was not included in other studies [41].

Finally, we considered a previous study [10], which indicated that horses receiving varying levels
of flunixin meglumine as analgesic post castration still had a significantly higher composite pain scale
score and horse grimace scale score than the respective scores of the control group that did not undergo
a surgical procedure; furthermore, there was no significant difference in horse grimace scale score
or composite pain scale score between the two treatment groups that received different amounts of
flunixin as an analgesic at varying time intervals. Another option that may have been considered for a
control would have been to have one group of donkeys undergo analgesic, but no surgery procedure
and another group complete the surgery. However, based on the fact other studies had used a similar
protocol to this study (animals serving as self-controls pre-/post-surgery) we did not see it necessary
nor in the best interest of the donkey’s welfare to place them under general anesthesia to simply
photograph their face pre and post sedation.

Behavior and images for each donkey were recorded before the procedure and then after.
Each donkey underwent the same medical procedure at the same time so the differences in scores and
subsequently pain indicators should be due, in the majority, to the individual donkey’s acute response,
thus effects derived from factors other than the procedure itself were minimized. Often donkeys will
not exhibit signs of pain or discomfort until the disease and/or condition is in advanced stages or is a
chronic condition (e.g., laminitis), therefore the subtle signs of pain may go unnoticed. Even when
the disease or condition becomes chronic, the signs may remain unnoticed, due to the donkey having
become habituated to the discomfort. This study began to define signs of discomfort related to pain in
an acute phase versus chronic, in hopes of providing a tool to assist practitioners and owners in noticing
these subtle behavioral changes and ultimately lead to providing treatment for pain [2–4,9,10,34–36].

The ability to recognize signs of pain in this study was significantly dependent on gender
(Table S4), experience or interaction with donkeys (Table S5), and knowledge level of observers
(Table S6). These factors impacted the observer’s ability to correctly score a post castration donkey as
painful. Previous studies have indicated that female respondents, when surveyed, tend to provide a
significantly higher pain score among cattle, dogs, cats, and horses across a variety of conditions and
procedures, however, the studies in which this was observed did not include whether the scores of
male versus female participants were more accurate [42–44]. The present study found a significant
difference between the ability of male versus female observers to identify pain indicators after castration.
More specifically, female observers were more likely than male observers to provide a higher score
for post castration pictures. Furthermore, female observers were less likely to score a false-positive
(identify pain markers in pre castration pictures—control group).

Results of the present study indicated that observers with more donkey experience and knowledge
are less likely to miss indicators of pain (score false-negatives). This is likely because by spending more
time observing donkeys, one may become more skilled at noticing behavioral deviations from “normal”,
and therefore, be more likely to pick up on subtle signs. These results suggest that practitioners and
owners can become more successful at identifying when a donkey is painful by spending more time
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observing and becoming familiar with donkey behavior in general. Previous studies examining donkey
behavior have confirmed that because donkeys demonstrate different clinical signs of pain/illness
when compared to horses, previous knowledge and an understanding of the donkey can be crucial to
correct examination, diagnosis and medical treatment of the donkey [9,10,21,35,36]. Another study
indicated that painful conditions in donkeys, such as laminitis, are often overlooked by the owner
and veterinarian, due to the donkey’s stoicism [44]. One survey of donkey owners and veterinarian
surgeons investigated how pain is identified and then treated in donkeys [33]. The study found that a
majority of the responses from veterinarians administered horse rate and doses of analgesic drugs
to control pain in donkeys which likely is not effective. Therefore, in addition to considering the
variations in the obviousness of pain behavior between horses and donkeys, once a veterinarian can
identify clinical signs of a painful donkey, the treatment of whatever ails the donkey must likely be
approached slightly differently to the way it would be treated for a horse [9,10,21,35]. When pain is
identified in donkeys, it is possible that therapeutic levels of analgesic drugs are not met, due to species
differences; previous studies have shown that donkeys have the ability to metabolize analgesics at a
faster rate than a horse of similar size [45,46].

Practitioners and owners should be aware of differences between donkey and horse medication
dosages, and appropriate donkey dosages should be administered [9,10,21,35,36]. The present study
provided all donkeys with an injectable nonsteroidal anti-inflammatory and analgesic drug, flunixin
meglumine, during the surgery. This may have influenced pain indicators seen post-surgery, though
donkeys clear the drug much more rapidly than horses or mules. The sedative, xylazine, the sedative
analgesic drug, butorphanol, and the dissociative anesthetic, ketamine, also have short term analgesic
effects [47]. While these drugs might affect the donkey’s pain perception, they would be unlikely to
change responses 24 h after surgery [47]. For this reason, even with the administration of this commonly
used analgesic drug to the donkeys in this study, signs of discomfort and pain were still noted as
early as eight hours post-castration. It is important to reiterate that the donkey’s stoicism does not
diminish the donkey’s pain or distress, hence it is important for owners and veterinarians to observe
what normal donkey behavior looks like. The present study has shown that there are behavioral
indicators of pain in faces and bodies of donkeys (abnormal stance and overall appearance of the
donkey proved to be particularly accurate); identification of these markers may require observation by
a more experienced observer familiar with donkeys.

5. Conclusions

The ability to recognize subtle body language signals may prove to be challenging to those who
have limited experience working with donkeys. Observing the overall body posture and reactions of
donkeys may improve our chances of recognizing pain in donkeys. This indicates the importance of
observing more than just the face of the donkey to identify signs of pain. Facial indicators, such as ears,
eyes, and nostrils, may be more easily influenced by external factors, such as other donkeys and the
environment of the donkeys, thus it is important to look at the donkey as a whole for signs of behavior
related to pain. Gender, experience or interaction with donkeys, and knowledge level of observers
impacted the observer’s ability to correctly score a post castration donkey as painful. Female observers
were more likely than male observers to provide a higher score for post castration pictures and were
less likely to score a false-positive. By spending more time observing donkeys, one may become more
skilled at noticing behavioral deviations from “normal”, and therefore, be more likely to pick up on
subtle signs. Conclusively, identifying the appearance of a normal donkey may assist in decreasing the
number of donkeys that go untreated, due to the subtleness of their behavioral pain indicators, as the
biggest obstacle of treating pain in donkeys may be identifying the pain in the first place.

Supplementary Materials: The following are available online at http://www.mdpi.com/2076-2615/10/8/1411/s1,
Table S1. Testing for Intra class correlation coefficient (Cronbach’s α) for interobserver reliability, Table S2. Testing
for Intra class correlation coefficient (Cronbach’s α) for intraobserver reliability across days and for the total panel,
Table S3. Testing for normality (Kolmogorov-Smirnov) for castration status, score and success to identify pain,
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Table S4. Summary for the results of frequency analyses and frequency differences between female and male
observers, Table S5. Summary for the results of frequency analyses and frequency differences across knowledge
levels, Table S6. Summary for the results of frequency analyses and frequency differences across experience or
interaction levels, Table S7. Summary for the results of frequency analyses and frequency differences across body
language signs.
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Simple Summary: Donkeys and goats are animals adapted to graze in understories, and thus
contribute to the prevention of forest fires. In this work, the preferences of donkeys and goats have
been determined for five key plant species of the Mediterranean forest, where large forest fires
have increased as a result of global change. Using a multiple selection test, it has been observed
that both species can complement each other, since donkeys consume more fine fuel, such as
Brachypodium retusum, and goats, highly flammable woody species, such as Pinus halepensis. In this
way, browsing becomes an ecosystem service, which, in the case of donkeys, can even help prevent
their extinction.

Abstract: During the second half of the 20th century, European countries experienced an increase
in their forest area due to the global change. Consequently, there has been an increase in large
forest fires, mainly in the Mediterranean basin, and this has forced the development of several
types of prevention programs. One of them is the control of the understory by livestock. In this
sense, browsing with a combination of donkeys and goats could be a good option, as both animals
usually feed on forest species. However, little is known about their preferences for the key species of
the Mediterranean forest. Using a cafeteria test, the preferences and consumption of both animals
have been determined for five typical species of the Mediterranean forest, such as Quercus ilex,
Pinus halepensis, Phillyrea latifolia, Rubus ulmifolius, and Brachypodium retusum. Results showed
that donkeys and goats could act complementarily in the reduction of the fuel biomass of forests.
Donkeys appear to act more on fine fuel, such as B. retusum, and goats on the more pyrophyte species,
in this case P. halepensis. In addition, given that donkeys are at severe risk of extinction in Europe,
this role of providing ecosystem services could contribute to their conservation. Despite this study
only showing that goats and donkeys would consume all five presented plant species and that there
are some differences in consumption during a short-term test, it constitutes a useful first step for
conservation and fire prevention in the Mediterranean forests.

Keywords: cafeteria test; Quercus ilex; Pinus halepensis; Phillyrea latifolia; Rubus ulmifolius;
Brachypodium retusum
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1. Introduction

There has been massive depopulation in rural areas due to the intense socio-economical changes
since the industrial revolution, as well as the reduction of subsistence and traditional agriculture,
forestry, and animal husbandry [1]. One of the consequences of this process has been that Europe,
North America, and part of Asia experienced an increase in their forest area during the second half
of the 20th century [2]. The forests have accumulated into a thick carpet of biomass with highly
combustible undergrowth, which ultimately has contributed to the recurrent and virulent forests fires
in the Mediterranean basin [3]. In recent decades, fires in Mediterranean Europe have become larger
and more frequent [4]. In the past, livestock used to graze the undergrowth, even if it was dedicated to
logging, looking for the scarce food resources that the forest produces, and contributing to diminishing
the fire hazard.

Grazing programs in forests from the private and public sectors have currently been implemented
in some Mediterranean areas, with the explicit intention of reducing fire risk [5–7]. These have
shown that grazing management of forest vegetation not only prevents fires, but also preserves or
increases ecosystem biodiversity, activates the rural economies (e.g., ecotourism, controlled hunting),
and enhances scenic qualities [8,9]. In addition, control of the undergrowth by livestock is considered
the most cost-effective treatment, even though it requires certain investments (fences, water supplies,
forage supplementation), and occasionally needs to be combined with another method [10,11].

Different livestock species have been used as a control tool for the Mediterranean understory.
Small ruminants, such as sheep and goats, have often been used due to their hardiness and ability
to include a wide variety of woody species in their diet [12]. Due to their more selective nature,
and their ability to tolerate many secondary compounds [13], goats are surely the most widely used
animal for this purpose (e.g., Mancilla-Leytón et al. [5]; Lovreglio at et al. [6]). For instance, several
organizations have recently appeared in California, dedicated to renting their goats to clear public and
private land in order to prevent fire risk (e.g., https://www.citygrazing.org/). However, limitations in
the cut diameter of bites, the difficulty of penetrating very dense understories, and the avoidance of
grasses by goats [6] have led, in many cases, to larger livestock to be preferred for forest management.
Bovines and equines can browse in thicker branches than small ruminants, and add the greatest effect
of trampling on vegetation. However, the cattle effect is limited by their preference for herbaceous
plants [14] and by the quality of the food offered by the Mediterranean understory [15]. The equines are
well suited to reduce grass encroachment as they can graze in low-quality fodder [16,17]. It has been
observed that horses and goats grazing together in a Mediterranean scrub reduced plant phytovolume
significantly [18]. Lamoot et al. [19] showed that donkeys preferred a grassy habitat for foraging in all
seasons. Donkeys have also been used successfully to control flammable grasses in the Mediterranean
scrub [20]. Along these lines, the combination of donkeys and goats seems to be a good option to
control the biomass of the Mediterranean understory. However, donkeys were the livestock most
affected by the industrial revolution, and with the upheaval in agriculture, most European donkey
breeds are disappearing [21]. In this sense, providing the species with an ecosystem service role could
strengthen its survival. Finally, the success of this type of management will depend on the preferences
of both animals for the most abundant and most flammable species in the forest. There is currently
very little information on this aspect. For this reason, the objective of this work was to determine
preferences, and compare the consumption of donkeys and goats for key plant species of the Western
Mediterranean forests.

2. Materials and Methods

2.1. Plant Species

Five plants were offered to animals during the experiment: Quercus ilex, Pinus halepensis,
Phillyrea latifolia, Rubus ulmifolius, and Brachypodium retusum. These are important components
of the Western Mediterranean forests. They are all evergreen, so their twigs and leaves are available
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year-round. Q. ilex and P. halepensis are the most common tree species in these forests. Both are highly
flammable [5,22]. In addition, P. halepensis is a pyrophyte species, with several traits that facilitate its
dispersion after fire [23]. Ph. latifolia and R. ulmifolius are common shrubs in the understory. The first is
a deep-rooted shrub distributed in the warmer and drier Mediterranean basin, and with good resilience
after fires [24]. The second can become dominant after fire, especially if it is not affected by grazing [25].
Both facilitate the spread of fire from the understory to the canopy of trees. B. retusum is a grass usually
abundant in the herbaceous layer, and constitutes fine fuel for the initiation of many fires [26].

2.2. Animals and Feeding Trials

The study was performed with seven Catalan donkeys (Equus asinus) and seven female
Murciano–Granadina goats (Capra hircus) at the Experimental Farm of Autonomous University
of Barcelona (Spain). Both are autochthonous breeds of the Iberian Peninsula. Animals were 3–8 years
of age in the case of donkeys and 1–2 years in the case of goats, and their initial body weight was 375± 25
and 39 ± 6 kg for donkeys and goats, respectively. These animals were selected in a pre-experiment
from two herds of 15 donkeys and 30 goats, obtaining the average values of preference on basic feeds,
such as barley (Hordeum vulgare), alfalfa (Medicago sativa), and rye-grass (Lolium multiflorum), offered in
the same proportion, of the whole herd. The seven animals that presented the values closest to the
mean were chosen. All of them were in excellent condition and remained at a constant live weight
throughout the experiment. No more animals were used in the experiment for logistical reasons.
In order to avoid biases from acquired diet preferences [27], the selected animals had not previously
grazed in a Mediterranean forest. In addition, they were given a 5-day adaptation period to adjust to
the 3 × 4 m individual boxes environment. During this period, each morning the animals remained in
the boxes for 15 min without any food supply.

Every day, animals were placed in the individual boxes, and were tested separately, and in turn.
Each one could consume 500 g of fresh forage of each plant species for 15 min undisturbed. It was
considered that 15 min was enough time for the animals to finish the offered food. The plant material
consisted of bundles of branches less than 5mm in diameter, collected daily from the forest near the
farm, and tied to a metal bar located within reach of the animals’ mouths. Plant material in the box was
randomly changed every day to avoid bias by side preferences of certain animals. Species availability
allowed animals to make their own choices. The first choice was recorded as an estimation of preferred
species [28,29]. An observer (the same person in all trials) standing in the neighboring enclosure
recorded the choices made by each animal. Consumption was calculated by subtracting the remaining
fresh weight from the initial weight. These cafeteria trials were conducted between 0800 and 1100 in the
morning. The order in which animals were tested varied randomly every day to prevent conditioned
patterns. The animals were within sight of companions during tests to minimize isolation and stress.
The experiment was carried out for a period of fifteen consecutive days. After the feeding trial, animals
were reincorporated to the corresponding stable, where the rest of the farm herd was. Once there,
the herd received a basic diet of concentrated feed and barley straw in its feeder. All animals had free
access to water and salt blocks. According to McArthur et al. [27], it is important for animals to receive
a basic diet in order to test preferences between plant species under conditions in which nutritional or
energetic requirements are satisfied.

2.3. Legal Requirements

The experiment complied with the Decree 214/97 of the Catalan Autonomous Government
regarding the use of animals in scientific experiments. It was authorized by the Institutional Animal
Care and Use Committee of the Autonomous University of Barcelona.

2.4. Statistical Analysis

Multivariate analysis of variance (MANOVA) with repeated measurements was used to determine
whether there were any differences in the fresh weight consumed (dependent variable) among plant
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species and between animals throughout the 15 days of experimentation. Time (days) was the repeated
factor, and the time × species interaction term was used to recognize differences among plant species
in consumption patterns over time.

The analysis of the first plant species chosen every day by the animals was carried out using a
logistic regression model for nominal responses. JMP7 software (Version 7.0: SAS Institute, Inc., Cary,
NC, USA) was employed in this statistical analysis.

3. Results

There were no significant differences in the amounts of plant material consumed between both
animal types (MANOVA, p = 0.1915), despite a clear difference in size between both species. This can
probably be explained by the difference in the consumption rate between both species. Thus, Hoffmann
et al. [30] and Lamoot et al. [19] got ranges of 8 to 15 and 9 to 12 bites per minute respectively for
donkeys, and Negui et al. [31] and Rodrigues et al. [32] got ranges of 15 to 31 and 19 to 24 bites per
minute, respectively, for goats. Figures 1 and 2 show the evolution of the consumption of each species
over time by goats and donkeys, respectively.
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Significant differences were obtained in the consumption of the different species, with Q. ilex
being the most consumed, and B. retusum the least (MANOVA, p < 0.0001). Significant differences
were also obtained for the interactions between animal type and plant species (MANOVA, p < 0.0001),
animal type and time (MANOVA, p = 0.0004), time and plant species (MANOVA, p < 0.0001), and for
the interactions of the three factors (MANOVA, p < 0.0001).

The species that was consumed the most by donkeys were Q. ilex, and by goats, P. halepensis
and Q. ilex. The species least consumed by donkeys was Ph. latifolia, and by goats it was B. retusum.
Donkeys consumed more B. retusum and Q. ilex than goats, and goats more Ph. latifolia than donkeys.
The amount of plant consumed throughout the time is more constant in goats than in donkeys. The only
plant species in which the amount consumed did not vary significantly throughout the 15 days was
Ph. latifolia. The consumption of Q. ilex and R. ulmifolius increased during the firsts five days and
then remained high, with a peak towards the last days. The amount of B. retusum oscillated, with a
maximum consumed the first day, and a minimum consumed the second, then increased again until
the sixth day and from that decreased again. Finally, the consumption of P. halepensis was decreasing
with small oscillations throughout the period.

Goats consumed more Ph. latifolia than donkeys for almost the whole period, and more P. halepensis
mainly during the first half of the period. On the other hand, donkeys ate much more B. retusum than
goats, with the only exception of the first day. They also ate more Q. ilex during the whole period.

There was no significant difference observed in the first choice of the animals. Clearly, Q. ilex was
the first chosen in most times, and B. retusum was the last (Figure 3). Despite this, the first choice of
goats was more constant between animals and between days than in donkeys. A couple of donkeys
never chose P. halepensis as a first choice, another never chose B. retusum, and another one never chose
Ph. latifolia. On the other hand, there was a donkey that chose this last species for most of the days.
Donkeys chose Ph. latifolia as the first option, mainly during the first days, Q. ilex mainly during the
second half of the period, and B. retusum mainly during the intermediate days.
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4. Discussion

This study is an encouraging first step in a much longer process to establish if goats and donkeys
could really reduce fire hazards in Mediterranean forests. From the results obtained, it can be concluded
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that donkeys and goats could act complimentarily in the reduction of the fuel biomass of forests.
Both species have a long history of browsing on Mediterranean shrub ranges, and both animals
consumed all the plant species considered, although in different ways. The higher consumption and
higher preference for Q. ilex, as well as the lower consumption and lower preference for B. retusum
could be related to their nutritional value. The dominant woody species in the Mediterranean basin
are generally of low nutritional quality and contain secondary metabolites, such as tannins, terpenes,
and volatile oils [33,34]. Nonetheless, these woody species are often selected by grazing animals,
because their leaves have more protein and less fiber than leaves and stems of grasses [35,36]. Q. ilex is
known to have a higher crude protein content and lower fiber content than B. retusum [34]. R. ulmifolius
also has an acceptable crude protein content [37], and this could possibly explain the consumption
increase over the days in both animals, as happened with Q. ilex. The higher consumption of Q. ilex
by donkeys could perhaps be explained by the differences in the bite size of both animals. However,
both species have physical defenses, small spines on the leaves of Q. ilex and spikes on the stems of
R. ulmifolius. Several studies have reported on the influence of spinescence in shrubs on the feeding
behavior of mammalian browsers [38,39]. Apparently, in this case, these defenses do not represent an
impediment for either animal.

Goats consumed P. halepensis at the same level as Q. ilex, despite the content of secondary
compounds that this species contains. P. halepensis is a terpene-storing plant [40]. Something similar
occurs with Ph. latifolia, with a high number of biologically active substances, such as glycosides and
terpenes [41], and it was consumed more by goats than by donkeys. This is surely due to the salivary
secretions of goats containing proline-rich proteins that bind some of these secondary compounds,
thus alleviating their aversive effects [13].

On the other hand, the fact that donkeys consumed more B. retusum could be related to their
ability to eat foods with high fiber content and low nutritional quality. Equids can compensate for
low-quality fodder through increased fodder uptake [42]. The ability of donkeys to reduce biomass
of easily flammable grasses has been highlighted by Gulias et al. [20], in the case of the tall grass,
Ampelodesmos mauritanica. Control of dominant tall grasses by other non-ruminants, such as horses,
was also shown in sub-Mediterranean mountain pastures in Italy [43]. For its part, the preference in
goats seems to be more affected by the fiber content than by secondary compounds [44].

Another interesting result is the fact that goats, compared to donkeys, had more constant
consumption and preferences over time, and with less variability between individuals. This is
surprising because goats tended to select a mixed diet when different food species were simultaneously
available, and this has been suggested as a foraging strategy for reducing the risk of toxicity [45].

Finally, some limitations of this study, related to the fact that the study was carried out under
controlled conditions and not in the field, should be explicitly mentioned. This includes the fact that
there may have been novelty effects of using animals who had never consumed those plant species.
The relative attractiveness may vary when animals have more options, such offered by an actual forest
situation. In addition, animals were tested individually, looking for possible differences between
individuals, but it should be recognized that social effects could alter feed consumption in highly
gregarious animals like goats and donkeys in field conditions.

5. Conclusions

In summary, considering the consumption and preferences of both animals, the use of mixed
herds of donkeys and goats as a tool for controlling biomass fuel allowed us to predict an effect on
key species in fires in the Mediterranean forest. Donkeys acted on fine fuel, such as B. retusum, while
goats acted on the more pyrophyte species, such as P. halepensis. However, caution is required in
extrapolating these results to free-ranging situations. Obviously, much larger studies (more animals,
exposed to the feed for much longer each day and considering Mediterranean seasonality) are essential
to provide a more realistic idea of how actual implementation would work.
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Finally, it is worth noting that since the donkey can be a good manager of the Mediterranean
forest, this is another possible strategy for the conservation of endangered breeds.

Author Contributions: Conceptualization: J.B., J.M., J.P., and T.R.; methodology: J.M., T.R., and J.B.; validation:
J.M.; investigation: J.B., J.M., T.R., J.P., X.P., and M.J.M.; resources: J.B. and J.M.; data curation: M.J.B. and E.B.;
writing—original draft preparation: X.P. and J.B.; writing—review and editing: J.B. and J.M.; supervision: J.B.,
J.M., T.R., J.P., X.P., M.J.M, E.B., and M.J.B.; project administration: J.B. All authors have read and agreed to the
published version of the manuscript.

Funding: This research was funded by Ministry of Economy and Competitiveness (MINECO) of Spain through
the project CGL2015-70449-R.

Acknowledgments: The authors wish to thank Ramón Casals and Ramón Costa for their technical assistance in
handling the experimental animals, and in the overall conducting of the experiment.

Conflicts of Interest: The authors declare no conflict of interest.

References

1. Collantes, F.; Pinilla, V. Peaceful Surrender: The Depopulation of Rural Spain in the Twentieth Century;
Cambridge Scholars Publishing: Newcastle upon Tyne, UK, 2011; pp. 10–15.

2. Keenan, R.J.; Reams, G.A.; Achard, F.; de Freitas, J.V.; Grainger, A.; Lindquist, E. Dynamics of global forest
area: Results from the FAO Global Forest Resources Assessment. For. Ecol. Manag. 2015, 352, 9–20. [CrossRef]

3. Lasanta-Martínez, T.; Vicente-Serrano, S.M.; Cuadrat-Prats, J.M. Mountain Mediterranean landscape
evolution caused by the abandonment of traditional primary activities: A study of the Spanish Central
Pyrenees. Appl. Geogr. 2005, 25, 47–65. [CrossRef]

4. Pausas, J.G.; Fernández-Muñoz, S. Fire regime changes in the Western Mediterranean Basin: From fuel-limited
to drought-driven fire regime. Clim. Change 2012, 110, 215–226. [CrossRef]

5. Mancilla-Leytón, J.M.; Pino Mejías, R.; Martín Vicente, A. Do goats preserve the forest? Evaluating the effects
of grazing goats on combustible Mediterranean scrub. Appl. Veg. Sci. 2013, 16, 63–73. [CrossRef]

6. Lovreglio, R.; Meddour-Sahar, O.; Leone, V. Goat grazing as a wildfire prevention tool: A basic review.
IForest 2014, 7, 260–268. [CrossRef]

7. Mena, Y.; Ruiz-Mirazo, J.; Ruiz, F.A.; Castel, J.M. Characterization and typification of small ruminant farms
providing fuelbreak grazing services for wildfire prevention in Andalusia (Spain). Sci. Total Environ. 2016,
544, 211–219. [CrossRef] [PubMed]

8. Gutierrez-Peña, R.; Mena, Y.; Ruiz, F.A.; Delgado-Pertíñez, M. Strengths and weaknesses of traditional
feeding management of dairy goat farms in mountain areas. Agroecol. Sustain. Food Syst. 2016, 40, 736–756.
[CrossRef]

9. Speed, J.D.M.; Austrheim, G. The importance of herbivore density and management as determinants of the
distribution of rare plant species. Biol. Conserv. 2017, 205, 77–84. [CrossRef]

10. Ruiz-Mirazo, J. La prevención de incendios forestales mediante pastoreo controlado en Andalucía. Ganaderia
2008, 55, 46–51.

11. Casals, P.; Baiges, T.; Bota, G.; Chocarro, C.; de Bello, F.; Fanlo, R.; Sebastià, M.T.; Taull, M.
Silvopastoral Systems in the Northeastern Iberian Peninsula: A Multifunctional Perspective. In Agroforestry
in Europe; Rigueiro-Rodróguez, A., McAdam, J., Mosquera-Losada, M.R., Eds.; Springer: Dordrecht,
The Netherlands, 2009; Volume 6, pp. 161–181.

12. Bartolomé, J.; Franch, J.; Plaixats, J.; Seligman, N.G. Diet selection by sheep and goats on Mediterranean
heath-woodland range. J. Range Manag. 1998, 51, 383–391. [CrossRef]

13. Hofmann, R.R. Evolutionary steps of ecophysiological adaptation and diversification of ruminants:
A comparative view of their digestive system. Oecologia 1989, 78, 443–457. [CrossRef] [PubMed]

14. Calleja, J.A.; Escolà, M.; Carvalho, J.; Forcadell, J.M.; Serrano, E.; Bartolomé, J. Cattle Grazing Fails to Control
Shrub Encroachment in Mediterranean Landscapes. Rangel. Ecol. Manag. 2019, 72, 803–811. [CrossRef]

15. Teruel-Coll, M.; Pareja, J.; Bartolomé, J.; Serrano, E.; Mentaberre, G.; Cuenca, R.; Espunyes, J.; Pauné, F.;
Calleja, J.A. Effects of boom and bust grazing management on vegetation and health of beef cattle used for
wildfire prevention in a Mediterranean forest. Sci. Total Environ. 2019, 665, 18–22. [CrossRef] [PubMed]

16. Süss, K.; Schwabe, A. Sheep versus donkey grazing or mixed treatment: Results from a 4-year field experiment
in Armerio-Festucetum trachyphyllae sand vegetation. Phytocoenologia 2007, 135–160. [CrossRef]

319



Animals 2020, 10, 1302

17. Schwabe, A. What are the long-term effects of livestock grazing in steppic sandy grassland with high
conservation value? Results from a 12-year field study. Tuexenia 2013, 33, 189–212.

18. Bartolomé-Filella, J.; Josep Broncano-Atienza, M.; Plaixats-Boixadera, J. Efecte de la pastura amb equí i
cabrum en el fitovolum d’un matollar mediterrani. Quaderns Agraris 2016, 40, 55–72.

19. Lamoot, I.; Vandenberghe, C.; Bauwens, D.; Hoffmann, M. Grazing behaviour of free-ranging donkeys and
Shetland ponies in different reproductive states. J. Ethol. 2005, 23, 19–27. [CrossRef]

20. Gulías, J.; Mairata, A.; Frontera, J.; Janer, I.; Jaume, J.; Cifre, J. Firebreak maintenance with equines in Serra de
Tramuntana mountains (Mallorca, UNESCO world heritage). In Mountain Pastures and Livestock Farming
Facing Uncertainty: Environmental, Technical and Socio-Economic Challenges; Casasús, I., Lombardi, G., Eds.;
Options Méditerranéennes: Zaragoza, Spain, 2016; pp. 333–336.

21. Kugler, W.; Grunenfelder, H.P.; Broxham, E. Donkey Breeds in Europe: Inventory, Description, Need for Action,
Conservation; Report 2007/2008; Monitoring Institute for Rare Breeds and Seeds in Europe: St. Gallen,
Switzerland, 2008; pp. 13–14. Available online: https://www.doc-developpement-durable.org/file/Elevages/
Anes/donkey%20(1).pdf (accessed on 18 March 2020).

22. El-Amine Henaoui, S.; Bouazza, M.; Hassiba, S. Rural livelihoods diversity—the coping strategies in Wa
West District in Northern Ghana. J. Biol. Agric. Healthc. 2013, 3, 101–113.

23. Ne’eman, G.; Goubitz, S.; Nathan, R. Reproductive traits of Pinus halepensis in the light of fire—A critical
review. Plant EcoL. 2004, 171, 69–79. [CrossRef]

24. Goudelis, G.; Ganatsas, P.P.; Spanos, I.; Karpi, A. Effect of repeated fire on plant community recovery in
Penteli, central Greece. In Eco-and Ground Bio-Engineering: The Use of Vegetation to Improve Slope Stability;
Springer: New York, NY, USA, 2007; Volume 103, pp. 337–343.

25. Mazzoleni, S.; Rego, F.; Giannino, F.; Vincenot, C.E.; Pezzatti, G.B.; Legg, C. Ecosystem modelling:
Vegetation and disturbance. In Environmental Modelling: Finding Simplicity in Complexity; Wainwright, J.,
Mulligan, M., Eds.; John Wiley & Sons Ltd.: Chichester, UK, 2004; pp. 171–186.

26. Vilà-Cabrera, A.; Saura-Mas, S.; Lloret, F. Effects of fire frequency on species composition in a Mediterranean
shrubland. Écoscience 2008, 15, 519–528. [CrossRef]

27. McArthur, C.; Goodwin, A.; Turner, S. Preferences, selection and damage to seedlings under changing
availability by two marsupial herbivores. For. Ecol. Manag. 2000, 139, 157–173. [CrossRef]

28. Litviatis, J. Investigating food habits of terrestrial vertebrates. In Research Techniques in Animal Ecology:
Controversies and Consequences, 2nd ed.; Boitani, L., Fuller, T.K., Eds.; Columbia University Press: New York,
NY, USA, 2000; pp. 165–190.

29. Vallentine, J.F. Grazing Management, 2nd ed.; Academic Press: Cambridge, MA, USA, 2001; pp. 261–302.
30. Hoffmann, M.; Cosyns, E.; Deconinck, M.; Lamoot, I.; Zwaenepoel, A. Donkey Diet in a Flemish Coastal

Dune Area in the First Year of Grazing. Available online: https://www.environment.nsw.gov.au/resources/
coasts/coastal-dune-mngt-manual.pdf (accessed on 18 March 2020).

31. Negi, G.C.S.; Rikhari, H.C.; Ram, J.; Singh, S.P. Foraging Niche Characteristics of Horses, Sheep and Goats in
an Alpine Meadow of the Indian Central Himalaya. J. Appl. Ecol. 1993, 30, 383–394. [CrossRef]

32. Rodrigues, M.M.; de Oliveira, M.E.; de Moura, R.L.; de Rufino, M.O.A.; Silva, W.K.A.;
do Nascimento, M.P.S.C.B. Forage intake and behavior of goats on Tanzania-grass pasture at two regrowth
ages. Acta Sci. Anim. Sci. 2013, 35, 37–41. [CrossRef]

33. Tisserand, J.L.; Alibes, X. Feeds of the Mediterranean área. In Ruminant Nutrition. Recommended Allowance
and Feed Tables; Jarrige, R., Ed.; INRA and John Libbey Eurotext: Paris, France, 1989; pp. 305–323.

34. Bartolomé, J.; Baraza, E.; Rita, J.; Serrano, E.; Pareja, J.; Ibáñez, M.; Capó, M.; Alomar, D.; Domenech, O.
Cabra I forest: La qualitat dels recursos dels bosc per a la cabra mallorquina. In Recerca I Gestió Dins L’àmbit
Cinegètic; Pons, G.X., Barceló, A., Muñoz, M., del Valle, L., Seguí, B., Eds.; Mallorca-Societat d’Història
Natural de les Balears: Palma de Mallorca, Spain, 2019; Volume 28, pp. 95–100.

35. Holechek, J.L.; Pieper, R.D.; Herbel, C.H. Range Management: Principles and Practices; Prentice Hall:
Englewood Cliffs, NJ, USA, 1989; pp. 23–25.

36. Papachristou, T.G.; Nastis, A.S. Nutritive value of diet selected by goats grazing on kermes oak shrublands
with different shrub and herbage cover in Northern Greece. Small Rumin. Res. 1993, 12, 35–44. [CrossRef]

320



Animals 2020, 10, 1302

37. Decandia, M.; Molle, G.; Sitzia, M.; Cabiddu, A.; Ruiu, A.; Pampiro, F.; Pintus, A. Effect of polyethylene glycol
on browsing behaviour and performance of late lactating goats. In Sheep and Goat Nutrition: Intake, Digestion,
Quality of Products and Rangelands; Ledin, I., Morand-Fehr, P., Eds.; Cahiers Options Méditerranéennes,
CIHEAM: Zaragoza, Spain, 2000; Volume 52, pp. 147–150.

38. Cooper, S.M.; Owen-Smith, N. Effects of plant spinescence on large mammalian herbivores. Oecologia 1986,
68, 446–455. [CrossRef]

39. Milewski, A.V.; Young, T.P.; Madden, D. Thorns as induced defenses: Experimental evidence. Oecologia 1991,
86, 70–75. [CrossRef]

40. Blanch, J.S.; Peñuelas, J.; Sardans, J.; Llusià, J. Drought, warming and soil fertilization effects on leaf volatile
terpene concentrations in Pinus halepensis and Quercus ilex. Acta Physiol. Plant. 2009, 31, 207–218. [CrossRef]

41. Recuero Carretero, C.; Díaz Lanza, A.M.; Fernández Matellano, L.; Rumbero Sánchez, A.;
Villaescusa Castillo, L. Phytochemical Analysis of Phillyrea latifolia, L., a New Source of Oleuropeoside.
Z. Naturforsch. C J. Biosci. 2018, 56, 353–356. [CrossRef]

42. Duncan, P.; Foose, T.J.; Gordon, I.J.; Gakahu, C.G.; Lloyd, M. Comparative nutrient extraction from forages
by grazing bovids and equids: A test of the nutritional model of equid/bovid competition and coexistence.
Oecologia 1990, 84, 411–418. [CrossRef]

43. Catorci, A.; Gatti, R.; Cesaretti, S. Effect of sheep and horse grazing on species and functional composition of
sub-Mediterranean grasslands. Appl. Veg. Sci. 2012, 15, 459–469. [CrossRef]

44. Alonso-Díaz, M.A.; Torres-Acosta, J.F.J.; Sandoval-Castro, C.A.; Hoste, H.; Aguilar-Caballero, A.J.;
Capetillo-Leal, C.M. Is goats’ preference of forage trees affected by their tannin or fiber content when
offered in cafeteria experiments? Anim. Feed Sci. Technol. 2008, 141, 36–48. [CrossRef]

45. Duncan, A.J.; Young, S.A. Can goats learn about foods through conditioned food aversions and preferences
when multiple food options are simultaneously available? J. Anim. Sci. 2002, 80, 2091–2098. [PubMed]

© 2020 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

321



animals

Article

Survey of Serum Amyloid A and Bacterial and Viral
Frequency Using qPCR Levels in Recently Captured
Feral Donkeys from Death Valley National
Park (California)

Sara Jerele 1, Eric Davis 1, Samantha Mapes 2, Nicola Pusterla 2,
Francisco Javier Navas González 3,4,* , Carlos Iglesias Pastrana 3,4 ,
Essam Mahmoud Abdelfattah 5 and Amy McLean 4,6,*

1 International Animal Welfare Training Institute, School of Veterinary Medicine, University of California Davis,
Davis, CA 95617, USA; jerele.sara@gmail.com (S.J.); ewdavis@ucdavis.edu (E.D.)

2 Equine Viral Disease Laboratory, Department of Pathology, Microbiology, and Immunology,
School of Veterinary Medicine, University of California Davis, Davis, CA 95617, USA;
smmapes@ucdavis.edu (S.M.); npusterla@ucdavis.edu (N.P.)

3 Department of Genetics, Faculty of Veterinary Sciences, University of Córdoba, 14071 Córdoba, Spain;
ciglesiaspastrana@gmail.com

4 The Worldwide Donkey Breeds Project, Faculty of Veterinary Sciences, University of Córdoba,
14071 Córdoba, Spain

5 Department of Animal Hygiene, and Veterinary Management, Faculty of Veterinary Medicine,
Benha University, Qalubiya Governorate 13511, Egypt; essam.abdelfattah@fvtm.bu.edu.eg

6 Department of Animal Science, University of California Davis, Davis, CA 95616, USA
* Correspondence: fjng87@hotmail.com (F.J.N.G.); acmclean@ucdavis.edu (A.M.);

Tel.: +34-651-679-262 (F.J.N.G.); +1706-296-8743 (A.M.)

Received: 5 May 2020; Accepted: 22 June 2020; Published: 23 June 2020
����������
�������

Simple Summary: This study aimed to measure the inflammatory marker (Serum Amyloid A; SAA)
derived from such pathogenic processes specifically bacterial and virus found in recently captured feral
donkeys. Quantitative Real-Time PCR (qPCR) was performed to detect and quantify RNA and DNA
viruses and bacterial DNA. Behavior, body condition score, nasal discharge, and coughing were found
to be related in cases of Asinine Herpesvirus 2 (AHV-2) and Streptococcus equi subspecies zooepidemicus
DNA. SAA concentrations descended with age, with foals presenting higher concentrations. Positive
tests differed for AHV-2 and Streptococcus equi spp. zooepidemicus between sampling moments.
In conclusion, donkeys caught in the wild may not be a source of disease for domestic horses.
However, the transmission of some pathogens, such as Streptococcus equi subspecies zooepidemicus,
and/or AHV-2, may occur.

Abstract: Feral donkey removal from state land has raised concerns in terms of disease transmission
between equine species. Disease outbreaks may occur as a result of the relocation of animals to new
environments. Virus and bacteria DNA load and serum amyloid A derived from the pathogenic
processes that they involve were measured in recently captured donkeys. Blood and nasal swabs
were collected from 85 donkeys (Death Valley National Park, Shoshone, California); 24 were retested
after 30/60 days in the Scenic (Arizona) long-term holding facility co-mingled with feral donkeys
from Arizona and Utah. Quantitative Real-Time PCR (qPCR) was performed to detect viral and
bacterial genomic material (equine influenza A [EIV], equine rhinitis A and B viruses, AHV-2, AHV-3,
AHV-5 and EHV-1, EHV-4, Streptococcus equi subspecies equi and zooepidemicus,). Significant relations
between behavior, body condition score, nasal discharge, and coughing were found in donkeys for
which AHV-2 and Streptococcus zooepidemicus DNA was detected. Higher SAA concentrations were
found in foals. AHV-2 and Streptococcus zooepidemicus DNA concentrations significantly differed

Animals 2020, 10, 1086; doi:10.3390/ani10061086 www.mdpi.com/journal/animals
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between sampling moments (p < 0.05). In conclusion, donkeys do not appear to be a substantial risk
for disease transmission to horses but could be if they carried strangles or other processes in which
AHV-2 and Streptococcus zooepidemicus were involved.

Keywords: donkeys; burro; serum amyloid A; Streptococcus equi; Asinine Herpesvirus; PCR

1. Introduction

The feral burro or donkey population of Death Valley presumably originates from the descendants
of domesticated donkeys that were brought to the southwestern deserts by miners in the USA over
100 years ago [1]. These hardy animals found an ideal environment in Death Valley, with enough feed
and water and no natural predators. In the past century, the burro has become part of the megafauna
of this inhospitable area, though some believe their effect on native flora and biota is deleterious [2].
Like the Bureau of Land Management (BLM) on other state lands, the National Parks Service (NPS)
has been tasked with the management of all wild animals living in the Death Valley National Park.
As part of their mission, the NPS assesses burro (donkey) populations and has made the managerial
decision to reduce herd sizes with a nonprofit capture and relocate the burros [3].

As little is known about the overall health of feral donkeys and the prevalence of pathogens,
specifically in the category of infectious equine viruses and bacteria in their populations [4]; it is critical
to conduct field health assessments of donkeys to predict early potential diseases before relocation.
In this regard, Serum Amyloid A (SAA), is an acute-phase apolipoprotein, synthesized by the liver as a
response to inflammation derived from infection or injury [5–7]. A new SAA test kit provides rapid
on-site SAA blood concentrations (StableLab, Sligo, Ireland), which may be of help when assessing
the health condition of feral donkeys or in field conditions. Normal concentrations of plasma SAA
are virtually undetectable [7]; rapid increasing concentrations of SAA, from ten to 1000 times that of
normal levels, indicate some form of inflammation or infection [8]. Countries such as the USA have
run surveillance programs for equine infectious respiratory pathogens [9]. These programs focus on
the prevalence and epidemiology of important viral and bacterial agents, such as equine influenza
virus (EIV), equine herpesvirus-1 and -4 (EHV-1 and EHV-4), and Streptococcus equi subspecies equi in
horses (Equus caballus). However, such studies have not been performed on donkeys.

Contextually, Streptococcus equi subspecies zooepidemicus (S. zooepidemicus) and subspecies equi
(S. equi) infect equids worldwide but are especially prevalent in donkeys [10]. S. zooepidemicus,
a commensal organism in the equine nasopharynx, can occasionally invade the respiratory mucosa,
resulting in purulent rhinitis, bronchitis, lymphadenopathy, and pneumonia in horses and donkeys
of all ages [10,11]. Furthermore, single strains with S. zooepidemicus phenotypes similar to those
found in the nasopharynx of healthy horses have been reported to cause pneumonia in donkeys [12].
Donkeys have been reported to act as asymptomatic chronic carriers of S. zooepidemicus, with conditions
being characterized by guttural pouch infection or intermittent nasal discharge. Indeed, clinical
observations [13] have suggested an increased likelihood of guttural pouch disease in asses.

The herpesviridae family plays an important role in the prevalence and epidemiology of equid
respiratory disease. This viral family sub-divides into the alpha- (EHV-1, -3, and -4) [14], beta-, and gamma-
(EHV-2 and -5) herpesviridae which can infect all equids [15]. Donkeys and hybrids (mules and hinnies)
may not be a source of herpesviruses transmission to other equids [16], but host a range of specific
Asinine Herpesviruses [17]. Asses are susceptible to EHV-1 and -4, with respiratory and abortion
being described in the literature. Three of the herpesviruses found in donkeys have been isolated and
identified as similar to EHV-1, -7, and -8 [11–16,18] and have been described and designated as both
equid (EHV) and Asinine Herpesviruses (AHV) [18]. Asinine Herpesvirus 2 (AHV-2), also denoted
as EHV-7 [18], closely resembles gamma-herpesviruses EHV-2 and -5 [16], can cause clinical signs of
respiratory infection, and can also be isolated from clinically healthy donkeys [18].
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Limited information is available regarding AHV-3 (designated as EHV-8) [17,18] AHV-4,
AHV-5 [19], and AHV-6 [20]. The GG nucleotide sequences-assisted phylogenetic assessment addressed
a shorter evolutionary distance between AHV-3 and EHV-1 than between either virus or EHV-4.
These outcomes contribute to the hypothesis that AHV-3, or other affine or related viruses, are the
precursors of EHV-1 and only adapted to horses relatively recently [17].

Thiemann [21] described AHV-5 isolates from lungs displaying interstitial pneumonia and
remarkable syncytial cell formation which did not affect lung tissue in donkeys, which presented
evidence of pneumonia with a bacterial or verminous underlying etiology [19]. Furthermore, this
gamma herpesvirus was similar to that of a donkey identified with neurological disease [22]. AHV-4
and -5 isolates have been obtained from lungs belonging to donkeys coursing pulmonary fibrosis.
Donkey’s pulmonary fibrosis is similar to horses’ multinodular pulmonary fibrosis, which has been
ascribed to the action of EHV-5. Positive cases of alpha herpesviruses EHV-1 and -4 from animals
presenting respiratory and neurological conditions have been clinically described as well [21].

Stress from relocation and social comingling present an increased likelihood for outbreaks of latent
infections [23]. Typically described clinical signs, such as a harsh cough, pyrexia, serous nasal secretion,
and lethargy have been reported, as also described for horses. Donkey herpesviruses may differ from
that of horses, although the guidelines for diagnosis, treatment, and control remain the same [21].
However, horse EHV-1 and EHV-4 vaccination viability have not been reported in donkeys. Coinfection
of some of S. zooepidemicus group C and Asinine Herpesvirus 5 (AHV-5) with Dictyocaulus arnfieldi
has been hypothesized to contribute to the clinical disease, but without empirical or experimental
evidence [24].

This study aimed to measure the frequency of potential pathogens in recently captured feral
donkeys from Death Valley National Park, testing for the potentially existing correlations of pathogen
loads with respiratory, ocular, behavioral, ambulatory clinical signs and inflammatory markers (serum
amyloid A) to assess whether changes in pathogen presence after donkeys are co-mingled with
domestic equids is warranted.

2. Materials and Methods

2.1. Animal Sample and Sampling

Whole blood and nasal discharge were sampled from 85 feral donkeys (37 jennies and 48 jacks)
removed from Death Valley National Park range in Shoshone, California (GW4C+56 Skidoo, California,
United States/ 36◦29′58.7” N 117◦03′07.7” W). A 12 mL blood sample was collected by venipuncture
of the jugular vein by syringe for further analysis. Nasal secretions were collected on a synthetic
swab with a plastic applicator and stored in a small zip-lock plastic bag at −20 ◦C until extraction.
All jennies and foals were moved to a long-term holding facility in Scenic, Arizona (176 miles away)
and co-mingled with other wild donkey populations from Arizona and Utah (sampling moment
one, 4–5 November 2018 (group one) and 4–5 December 2018 (group two)). Twenty-four donkeys
were retested for SAA and nasal secretions (NS) (sampling moment two, around 30/60 days later,
7 January 2019). The second sampling (moment two) was set at 30/60 days to ensure a minimum period
of 21 days had been left as a way to cover the incubation period of all potential pathogens present.
Clinical examination was performed on all animals before sampling by two operators. Invasive
procedures were limited to blood sampling and nasal swabs. Temperature Pulse Respiration (TPR) was
not performed as abnormally elevated values could be expected. In this context, the correct assessment
of health status could have been distorted, as a result of the lack of handling and human interaction of
the feral donkeys participating in the study until the moment of the sampling. Visual examination
comprised records on body condition score (BCS), gender (37 jennies and 48 jacks), age (81 adults
of ≥2 years old, and 4 foals, 1 jenny foal and 3 male foals, which were still nursing), the presence of
skin/hair conditions (absent, alopecia, photosensitivity/photodermatitis, minor wound, deep wound),
the presence of lameness (1 lame, 2 not lame when visually observed walking from holding pen to
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chute), the presence of either ocular or nasal discharge (1 present and 2 not present), the presence of
coughing (1 present if animal was coughing and 2 not present if animal was not coughing), the presence
of abnormal breathing (1 if abnormal breathing was observed during sample collection and 2 if it was
not present), and behavior signs (alert, lethargic, aggressive, fearful). BCS was determined following a
1 to 5 scoring system, 1 poor to 5 obese, described in Valle et al. [25] and Polidori and Vincenzetti [26]
and represented in Figure 1. The presence of lameness was assessed through visual examination of
the holding pen where they were kept to the area were these were sampled in the chutes. Since the
donkeys were feral/wild animals, lameness was evaluated by only visual observation: 1 if donkey
was lame and displayed signs of lameness like bobbing head, irregular gait, non-weight bearing
limb were visually observed; or 2 if no irregular gait or obvious visual signs were observed by the
clinicians. Behavior signs were evaluated following the premises in Navas González et al. [27] by
visually observing the face (eye, nostril and ear position), head, neck and body posture and language.
Cronbach’s alpha parameter to test for interobserver reliability reported agreement based on internal
consistency was over 0.8 for the observations of the two operators performing a clinical examination,
hence their information could be considered objective enough to be included in the study.
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SAA concentrations were obtained from the kit after 10 min post-sampling on-field, and the values for
SAA concentrations expressed in mg/L were recorded. Further information on the procedures used to
test for SAA can be found in Kay et al. [7].

2.3. Load Quantification for Viruses and Bacteria

Nasal swabs were collected from the left nostril as the position in which the animal was restrained
made it more accessible. Immediately after collection, blood samples were collected and transferred to
the lab in portable refrigerators. Nasal swabs were collected in virus transport media (VTM) and stored
at −80 ◦C until testing. The median time-lapse from collection to processing was 2 days (Interquartile
range 2–3 days). Additional information about sample preparation, submission, and process can be
found in the q-PCR diagnostic submission packet (University of California Davis’ Veterinary Medicine
PCR Laboratory [28]).
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Once at the lab, swabs were placed in a 15 mL conical with 500 µL phosphate-buffered saline,
vortexed and spun at 4000 rpm to obtain a cell pellet. Total nucleic acid was extracted from the
swabs using a QIAcube HT automated nucleic acid (ANA) workstation (Qiagen, Valencia, CA, USA)
according to the manufacturer’s instructions for the QIAamp 96 DNA QIAcube HT Kit (Qiagen).

Real-time PCR (quantitative PCR, qPCR) was performed using nasal secretions for the detection
and quantification of different microbial agents: Streptococcus equi subspecies equi, Streptococcus equi
subspecies zooepidemicus, equine influenza type A (H3N8), equine Rhinitis A, equine Rhinitis B, AHV-2,
AHV-3, AHV-5, Equine Herpesvirus 1, Equine Herpesvirus 1 (EHV-1, neuropathogenic), Equine
Herpesvirus- 1 EHV-1(non-neuropathogenic), and Equine Herpesvirus-4 (EHV-4).

2.4. Quantitative PCR Systems

Primer Express software (Thermo Fisher Scientific, Carlsbad, CA, USA) was used to design two
primers and an internal hydrolysis fluorescent-labeled probe (5′ end, reporter dye fluorescein amidite
(FAM) (6-carboxyfluorescein), 3′ end, quencher NFQMGB (Non-Fluorescent Quencher Minor Grove
Binding) for each target gene (Table 1). Unique species detection was confirmed by a Basic Local
Alignment Search Tool (BLAST) of each amplicon. Ten-fold dilutions of DNA testing positive for
the target genes were used to validate qPCR (real-time or quantitative polymerase chain reaction)
systems. The dilutions were analyzed in triplicate and a standard curve plotted against the dilutions.
Amplification efficiencies were computed through the formula E = 10 1/-s-1 (slope of the standard
curve). A minimum of 90% efficiencies was required to pass validation.

Table 1. Target genes used for qPCR-assay pathogen loads testing.

Assay Name Gene, NCBI a Accession # Assay Location (bp) Amplicon Length (bp)

Asinine Herpesvirus 2 Polymerase, EU165547 100 81
Asinine Herpesvirus 3 Glycoprotein B, U24184 740 145
Asinine Herpesvirus 5 Polymerase, AY054993 600 64
Equine Herpesvirus 1 Glycoprotein B, NC_001491 400 89

Equine Herpesvirus 1, neuropathogenic ORF 30, KF644574 200 92
Equine Herpesvirus 1, non-neuropathogenic ORF 30, KX101095 200 92

Equine Herpesvirus 4 Glycoprotein B, AF030027 440 77
Streptococcus equi subspecies equi M Protein, AF012927 150 185

Streptococcus equi subspecies zooepidemicus ITS, EU860336 80 88
Influenza A (H3N8) Hemagglutinin Precursor, EF541443 350 200

Equine rhinitis A virus RNA polymerase, X96870 150 111
Equine rhinitis B virus RNA polymerase, X96871 350 87

Glyceraldehyde-3-phosphate dehydrogenase GAPDH, AF097179 60 105
a NCBI: National Center for Biotechnology Information.

2.5. RT-Reaction and Quantitative PCR

The cDNA synthesis was performed following the modified protocol of manufacture prescriptions
of the Quantitect Reverse transcription kit (Qiagen). Ten microliters of RNA were digested with 1 µL
of gDNA wipeout buffer by incubation at 42 ◦C for 5 min and then briefly centrifuged. A total of
1 µL of digested RNA and the real-time PCR housekeeping gene was used to test for genomic DNA
contamination. Then, 0.5 µL of Quantitect Reverse Transcriptase, 2 µL Quantitect RT (Real-Time) buffer,
0.5 µL RT primer mix, 0.5 µL 20 pmol random primers (Invitrogen) were added and brought up to a
final volume of 20 µL and incubated at 42 ◦C for 40 min. The samples were inactivated at 95 ◦C for
3 min, chilled, and 80 µL of water was added.

Each PCR reaction contained 20× primer and probes for the respective qPCR system, with a final
concentration of 400 nM for each primer and 80 nM for the probe and commercially available PCR
master mix (TaqMan Universal PCR Mastermix, Applied Biosystems) containing 10 mM Tris-HCl
(pH 8.3), 50 mM KCl, 5 mM MgCl2, 2.5 mM deoxynucleotide triphosphates, 0.625 U AmpliTaq Gold
DNA polymerase per reaction, 0.25 U AmpErase UNG per reaction and 5 µL of the diluted gDNA and
cDNA sample in a final volume of 12 µL. The samples were placed in 384 well plates and amplified in
an automated fluorometer (ABI PRISM 7900 HTA FAST, ABI). ABI’s standard amplification conditions
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were used: 2 min at 50 ◦C, 10 min at 95 ◦C, 40 cycles of 15 s at 95 ◦C and 60 s at 60 ◦C. Fluorescent
signals were collected during the annealing temperature and CT (cycle threshold) values extracted
with a threshold of 0.1 and baseline values of 3–12.

2.6. Statistical Analyses

Field observations were collected at two moments (sampling moments one and two).
The population membership changed over time from sampling moment one to sampling moment
two but retained certain common participants, which are known as partially overlapping samples.
As suggested by Derrick et al. [29], the assumptions of partially overlapping samples t-test with Welch’s
degrees of freedom are the same as those for Welch’s test (normality and heteroscedasticity [30]).
When a non-gross violation of the normality assumption has occurred, Welch’s test power could
be comparable to t-test power if homoscedasticity is still met, as suggested Rasch et al. [31]. Still,
in cases of unequal variances and skewness values < 3, Welch’s test has been reported to keep 20%
robustness. Parametric assumptions were tested to determine the best set of tests to statistically process
data. All parametric assumption testing tests, except for the normality tests, were performed using
SPSS Statistics for Windows, Version 25.0, IBM Corp. [32]. Normality assumptions were tested using
StataCorp Stata version 14.2 one-way ANOVA routine of the compare samples task of SPSS Statistics
for Windows, Version 25.0, IBM Corp. [32], and partially overlapping samples t-test with Welch’s
degrees of freedom using the “Partially overlapping” package by Derrick [33] of RStudio 1.1.463 by the
R Studio Team [34] were used to detect differences in the mean of viral and bacterial DNA quantities.

Pearson correlations were used to determine the relationship between SAA maximal concentration
expressed in mg/L and microbial DNA quantity using the Bivariate procedure from the correlate task
from SPSS Statistics for Windows, Version 25.0, IBM Corp. [32]. Afterward, categorial regression
(CATREG) was performed to determine best-fitting linear predictive models for SAA maximal
concentrations and AHV-2 and S. zooepidemicus DNA quantities using combinations of the five significant
independent factors (sampling moment, BCS, behavior, nasal discharge presence, and coughing).
Categorical regression was performed using the Optimal Scaling procedure from the Regression task
from SPSS Statistics for Windows, Version 25.0, IBM Corp. [32].

2.7. Ethical Approval

This study was approved by the University of California Davis’ Animal Care and Use Committee
IACUC #20611.

3. Results

Parametric assumptions were tested to decide whether a parametric or nonparametric approach
should be implemented. Homoscedasticity (Levene’s test for equality of error variance, p < 0.05)
assumption for DNA quantity across the different categories for all the factors studied (respiratory,
ocular, behavioral, ambulatory clinical signs, and SAA maximal approximate concentration) was
violated. Normality was assumed (Shapiro–Wilk’s Francia W, p > 0.001) as our sample was obtained
out of a presumably normal population, hence a partially overlapping samples t-test with Welch’s
degrees of freedom was carried out to determine the differences in the means across factor levels for
each of the pathogens. Summaries of the descriptive statistics for both sampling moments one and two
are reported in Tables 2 and 3, respectively.

The summary of the results for the partially overlapping samples t-test to determine the differences
in the means in levels for clinical signs, the SAA maximal concentration expressed in mg/L, qPCR
microbial load detection, and controls between sampling moment one and two are shown in Table S1.
Significant differences across the levels for BCS, behavior signs, nasal discharge, and coughing presence
were found (p < 0.05) between sampling moments one and two (Table S1). In these regards, for pathogens
quantification and controls between sampling moments one and two, significant differences were
found for AHV-2 aka EHV7, and Streptococcus equi subspecies zooepidemicus.
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Table 2. Summary of descriptive statistics for clinical examination signs, Serum Amyloid A (SAA)
maximal concentration expressed in mg/L, qPCR-assay microbe loads, and controls at sampling
moment one.

Parameters Mean SEM SD Skewness Kurtosis

C
lin

ic
al

Ex
am

in
at

io
n

Si
gn

s Body condition score (BCS) 3.12 0.09 0.83 −0.15 −0.96

Behavior signs 2.11 0.04 0.38 1.14 3.13

Skin/hair condition 1.29 0.10 0.94 3.21 9.14

Lameness presence 1.96 0.02 0.19 −5.13 24.88

Ocular discharge presence 1.82 0.04 0.38 −1.73 1.01

Nasal discharge presence 1.66 0.05 0.48 −0.68 −1.57

Abnormal breathing presence 1.07 0.03 0.26 3.41 9.88

Coughing presence 1.93 0.03 0.26 −3.41 9.88

SA
A

SAA maximal concentration (mg/L) 10.80 3.72 34.27 5.42 33.75

Pa
th

og
en

Lo
ad

qP
C

R
-A

ss
ay

Asinine Herpesvirus 2 (AHV-2) aka EHV7 39.69 0.14 1.30 −4.33 18.30
Asinine Herpesvirus 3 (AHV-3) aka EHV8 39.74 0.14 1.30 −5.92 36.83

Asinine Herpesvirus 5 (AHV-5) 34.39 0.50 4.59 −0.51 −0.38
Equine Herpesvirus 1 (EHV-1) 40.00 0.00 0.00 N/A N/A

Equine Herpesvirus 1 (EHV-1) neuropathogenic 40.00 0.00 0.00 N/A N/A
Equine Herpesvirus 1 (EHV-1) non-neuropathogenic 40.00 0.00 0.00 N/A N/A

Equine herpesvirus 4 (EHV-4) 40.00 0.00 0.00 N/A N/A
Streptococcus equi subspecies equi 39.94 0.04 0.39 −6.77 46.45

Streptococcus equi subspecies zooepidemicus 35.04 0.44 4.08 -0.75 0.07
Influenza AH3N8 40.00 0.00 0.00 N/A N/A

Equine rhinitis A virus 40.00 0.00 0.00 N/A N/A
Equine rhinitis B virus 40.00 0.00 0.00 N/A N/A

C
on

tr
ol

s Glyceraldehyde 3 phosphate dehydrogenase
(First control) 29.24 0.38 3.49 0.83 1.91

Glyceraldehyde 3 phosphate dehydrogenase
(Second control) 32.13 0.41 3.78 0.27 −0.87

Fibrinogen 0.44 0.09 0.50 4.56 23.39

SEM: Standard error of the mean; N/A: Not applicable as all animals reported the same values. Skewness Standard
Error was 0.26 and Kurtosis Standard Error was 0.52 for all variables except for Fibrinogen, whose values were 0.41
and 0.81, respectively. BCS (1–5), Behavior signs (1 alert, 2 apathetic, 3 lethargic, 4 aggressive, 5 fearful, 6 withdrawn),
Lesions (1 present, 2 not present), Lameness (1 present, 2 not present), Ocular discharge (1 present, 2 not present),
Nasal discharge (1 present, 2 not present), Breathing (1 normal, 2 abnormal), coughing (1 present, 2 not present),
SAA maximal concentration expressed in mg/L, qPCR-assay pathogen loads (40 = zero viral or bacterial agents
present; lower numbers indicate higher number of DNA found), and controls at sampling moment one in 53 donkeys
including jacks, jennies and foals.

The BCS reported a 0.69 higher score in sampling moment one compared to sampling moment
two. Behavior signs reported a 0.15 higher score, which translated into a higher trend to display
alert or fearful responses; nasal discharge reported a significant increased higher frequency of 0.24
in sampling moment one, while this increased higher trend was reported for coughing, which was
more frequent in sampling moment one than two (0.80 value for estimate difference in the means,
as shown in Table S1). When the qPCR results were compared from the initial sampling to the final
sampling, there was a significant increase in the mean of 1.66 and 2.00, for AHV-2 aka EHV7 and
Streptococcus equi subspecies zooepidemicus, respectively.

Afterward, a CATREG (Categorical Regression)was performed using five independent significant
factors in Table S1 (sampling moment, body condition score, behavior, nasal discharge presence,
and coughing) as predictors and AHV-2 and Streptococcus zooepidemicus qPCR findings as the dependent
variables. Table S2 reports a model summary of stepwise linear regression for AHV-2 and Streptococcus
equi subspecies zooepidemicus qPCR-assay. The standardized coefficients (β) for predictive factors are
listed in Table S3 and were used to build predictive equations.
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Table 3. Summary of descriptive statistics for clinical examination signs, SAA maximal concentration
expressed in mg/L, qPCR-assay for organisms and controls at sampling moment two.

Parameters Mean SEM SD Skewness Kurtosis

C
lin

ic
al

Ex
am

in
at

io
n

Si
gn

s Body condition score 2.43 0.08 0.37 0.97 1.81

Behavior signs 1.96 0.07 0.36 −0.65 6.34

Skin/Hair condition 1.00 0.00 0.00 N/A N/A

Lameness presence 2.00 0.00 0.00 N/A N/A

Ocular discharge presence 1.87 0.07 0.34 −2.42 4.21

Nasal discharge presence 1.42 0.10 0.50 0.36 −2.05

Abnormal breathing presence 1.13 0.07 0.34 2.42 4.21

Coughing presence 1.13 0.07 0.34 2.42 4.21

SA
A

SAA maximal concentration (mg/L) 17.42 10.73 52.58 4.43 20.53

Pa
th

og
en

Lo
ad

qP
C

R
-A

ss
ay

Asinine Herpesvirus 2 (AHV-2) aka EHV7 38.03 0.90 4.40 −2.57 6.18
Asinine Herpesvirus 3 (AHV-3) aka EHV8 39.94 0.06 0.31 −4.90 24.00

Asinine Herpesvirus 5 (AHV-5) 32.65 0.89 4.36 −1.37 2.84
Equine Herpesvirus 1 (EHV-1) 40.00 0.00 0.00 N/A N/A

Equine Herpesvirus 1 (EHV-1) neuropathogenic 40.00 0.00 0.00 N/A N/A
Equine Herpesvirus 1 (EHV-1) non-neuropathogenic 40.00 0.00 0.00 N/A N/A

Equine Herpesvirus 4 (EHV-4) 40.00 0.00 0.00 N/A N/A
Streptococcus equi subspecies equi 40.00 0.00 0.00 N/A N/A

Streptococcus equi subspecies zooepidemicus 33.04 0.69 3.38 -0.65 0.77
Influenza AH3N8 40.00 0.00 0.00 N/A N/A

Equine rhinitis A virus 40.00 0.00 0.00 N/A N/A
Equine rhinitis B virus 40.00 0.00 0.00 N/A N/A

C
on

tr
ol

s Glyceraldehyde 3 phosphate dehydrogenase
(First control) 23.61 0.97 4.76 2.04 5.02

Glyceraldehyde 3 phosphate dehydrogenase
(Second control) 29.37 0.85 4.17 1.45 1.75

Fibrinogen 0.63 0.54 2.67 4.73 22.74

N/A: Not applicable as all animals reported the same values. Skewness Standard Error was 0.47 and Kurtosis
Standard Error was 0.92 for all variables. BCS (1-5), Behavior signs Behavior signs (1 alert, 2 apathetic, 3 lethargic,
4 aggressive, 5 fearful, 6 withdrawn), Lesions (1 present, 2 not present), Lameness (1 present, 2 not present), Ocular
discharge (1 present, 2 not present), Nasal discharge (1 present, 2 not present), Breathing (1 normal, 2 abnormal),
coughing (1 present, 2 not present), SAA maximal concentration expressed in mg/L, qPCR-assay microbe loads
(40 = zero viral or bacterial present; lower numbers indicate higher number of DNA found), and controls at sampling
moment two in 30 donkeys (28 jennies and 4 foals) in long-term holding facilities.

The CATREG reported that none of the factors was linearly related with AHV-2 load. However,
Streptococcus equi subspecies zooepidemicus significantly depended on the independent variables of
behavior, coughing presence, and sampling moment. Concretely, the CATREG reported the model
predicting for AHV-2, explained 20.5% of the variability in qPCR quantifications for such pathogen
(Table S3). Considering the value of the bootstrap (1000) estimate of standard error, we could identify a
nonlinear monotonic relationship between AHV-2 qPCR pathogen load and nasal discharge presence.

The model predicting for Streptococcus equi subspecies zooepidemicus was able to capture 15.2%
of the variability in qPCR results (Table S3). In this case, and considering the value of the bootstrap
(1000) estimate of standard error, we could identify a significant linear monotonic relationship between
Streptococcus equi subspecies zooepidemicus PCR quantities and the behavior, coughing and sampling
moment. The resulting predictive regression equation for Streptococcus equi subspecies zooepidemicus
qPCR detection is as follows:

Zy’Streptococcus equi subspecies zooepidemicus = βbehavior * Zbehavior + βcoughing * Zcoughing + βsamplingmoment * Zsamplingmoment (1)

where Zy’Streptococcus equi subspecies zooepidemicus is the phenotypic record of Streptococcus equi subspecies
zooepidemicus PCR quantities, β is the standardized coefficient for each independent factor as marked by
a sub-index for the whole population, and Z is the specific value for that same factor for each individual.
β is the standardized coefficients and can be found in Table S3. Only significant coefficients were
considered for the regression equation as they identified the variable which holds a linear relationship
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with the amount of DNA tested by qPCR. The analysis of Pearson correlations reported a significant
linear correlation between age and the SAA maximal approximate concentration of 0.561 (p < 0.001),
while the rest of the factors seemed not to be correlated to SAA maximal approximate concentration
expressed in mg/L.

4. Discussion

Donkeys in general are stoic animals that often do not respond in the same manner to disease
as horses. When working with feral donkey and attempting to diagnose the health status without
diagnostic tools or the ability to fully perform clinical exams, the methodology used in this study
may provide an adequate approach to identifying healthy and/or sick animals. Donkeys gathered
and relocated to short-term and or long-term facilities will likely go through increased stress. During
the relocation process to new environments, incoming donkeys co-mingling with many animals for
multiple locations may further expose donkeys to pathogens. This exposure in a stressed state may
cause disease outbreaks [35]. Jennies relocated to a long-term holding facility and co-mingled with
donkeys from multiple locations showed an increase in AHV-2 and Streptococcus zooepidemicus. Equine
herpesviruses (EHVs) can affect all members from the Equidae family by establishing acute [36] and
latent infections [37]; hence, transmission does not face any totally effective preventive interspecific
barrier. Over an animal’s lifetime, latent herpes infections can reoccur or new acute infections can
occur [36].

Generally, few clinical signs of infection or suggested guidelines for prevention and control
in donkeys have been made [36] for Asinine Herpesviruses. However, one study suggested that
donkeys subjected to stress (e.g., relocation or transport) are at higher risk of the recrudescence of latent
infections [38]. The use of such stable side tests like SAA may assist in detecting such disease at an
early stage. In this study, we found an increase in SAA in young donkeys less than a year of age along
with an increase in Streptococcus zooepidemicus and AHV-2 after being moved to long-term holding.

Our findings also suggested that nasal discharge presence was the most relevant sign to be
considered given its direct relationship with an increased AHV-2 pathogen DNA quantity. The present
information provides further insight into the recognition of AHV-2 in previously undiagnosed
donkeys. AHV-2 (EHV-7) and other barely characterized gamma-herpesviruses have been isolated
from asymptomatic healthy equids (horses, donkeys and mules), and from donkeys presenting
encephalitis or severe interstitial pneumonia conditions [39].

The detection of AHV-5 from respiratory fluids from nasal swabs of horses that did not present
any clinical sign of respiratory disease has been described [40,41]. Similarly, the asymptomatic donkeys
in this study could test positive for AHV-5. Presumably, they have similar infection and latency
patterns as those reported for EHV-2 and EHV-5 [41]. Goehring [42] reported EHV-2 to be present in
the respiratory fluids and PBMCs (peripheral blood mononuclear cells) of the majority of foals from
birth to weaning. These findings were in conjunction with moderate clinical disease symptoms such as
fever, nasal discharge, pharyngeal follicular hyperplasia, and mandibular lymphadenopathy. These
symptoms may agree with our findings, which address nasal discharge as the most relevant sign to be
found in cases of EHV-2 infection. Similarly, when both EHV-2 and EHV-5 were found, the disease
presented a rather severe course, as also suggested by our positive results.

In this group of animals, Streptococcus equi ssp. zooepidemicus genome quantities were latent for a
longer time, potentially making this commensal bacterium more prone to the active transmission when
feral animals are introduced with other equids. Coughing has been reported to be the most relevant sign
and to be linearly correlated to Streptococcus equi ssp. zooepidemicus DNA quantity. The increased levels
of coughing as bacterial loads increase may be also the basis for greater discomfort, which translates
into the animal adopting a more alert or fearful status as reported by our study, while appetite appeared
unaffected. Streptococcus equi ssp. zooepidemicus has been considered an opportunistic commensal in
horses, though it has also been identified in the guttural pouches of systemically ill donkeys with
empyema and chondroids [43]. This may suggest the role of Streptococcus zooepidemicus as a primary
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pathogen in donkeys. Contextually, our results suggest that this bacterium may be more important
when recently feral donkeys are introduced to domestic equines.

Some authors [44] have even provided evidence supporting the fact that some highly frequent
beta-hemolytic streptococci other than S. equi, such as S. equisimilis and S. zooepidemicus, could be
the causative agent of strangle-like disease also associating its presence with other epidemic upper
respiratory diseases. This contradicts Timoney [10], who reported that the related species S. equi is
more virulent and much more likely to cause lymphadenopathy and abscessation (“strangles”) [10].

Donkeys and mules may be more susceptible to strangles with S. zooepidemicus acting as a primary
pathogen, with a variable clinical presentation ranging from fever, purulent nasal discharge, and the
abscessation of mandibular and retropharyngeal lymph nodes to mild persistent nasal discharge,
as supported by our results. In this context, the first description of a strangles outbreak in donkey
intensive farming systems was described in China in 2018 [45].

5. Conclusions

In conclusion, captured feral donkeys harbor some asinine viruses and Streptococcus zooepidemicus
but not pathogens that might potentially infect other equine species. The comingling of wild-caught
feral donkeys with domestic animals in a holding facility increases the levels of detectible
Streptococcus zooepidemicus and AHV- 2 in the population, suggesting that captured wild donkeys may
be at risk in holding facilities and during transport. Nasal discharge and coughing may be symptoms
of the presence of potentially pathogenic organisms such as Streptococcus zooepidemicus and AHV- 2.
The use of diagnostic testing tools such as stable side SAA kits and testing for pathogens through PCR
nasal swab samples along with basic clinical exams may aide in the early detection of the disease and
overall improve the health of donkeys. This study has contributed to our knowledge about SAA levels
in healthy donkeys but additional research measuring SAA in clinically ill animals would be beneficial.
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Simple Summary: Horses and donkeys are often lumped together but as separate species; they
differ from each other in many ways. We examined the head characteristics of deceased horses and
donkeys and measured various structures of both the skull and the brain. We calculated various
ratios of skull measurements from horses and donkeys to be able to compare them to each other.
We noted that donkey skulls have a larger forehead than horses. The olfactory bulb was smaller in
donkeys and was rotated more forward than in horses. Most strikingly, we noted that the hair whorl
on the forehead of horses almost always corresponded with the location of the olfactory bulbs, but in
donkeys, the hair whorl was located much further down the nose. While it is unclear why these
differences exist, it may relate to some of the striking differences in behaviour and physiology that
have also been noted between donkeys and horses.

Abstract: Horses and donkeys belong to the genus Equus, but important differences exist between
the species, many of which affect their management and welfare. This study compared skull
morphology between horses and donkeys. Horse (n = 14) and donkey (n = 16) heads were obtained
post-mortem, sectioned sagittally close to the midline, and photographed for subsequent measurement
of various skull structures. Skull, cranial, nasal, and profile indices were calculated for topographical
comparisons between the species. The olfactory bulb area (OBA), OB pitch (the angle between the
hard palate and the OB axis), and whorl location (WL) were also measured. A General Linear Model
determined the main effect of species with Sidak’s multiple comparisons of species’ differences among
the various measurements. There was no species difference in cranial or nasal indices (p > 0.13), but
donkeys had a larger cranial profile than horses (p < 0.04). Donkeys had a smaller OBA (p < 0.05)
and a steeper OB pitch (p < 0.02) than horses. The WL corresponded to the level of the OB in horses
but was extremely rostral in donkeys (p < 0.0001). These results show clear differentiation in skull
morphology between horses and donkeys. This may be useful in validating other physiological and
behavioural differences between horses and donkeys.

Keywords: olfactory bulb; skull morphology; breed differences; hair whorl

1. Introduction

Since equids were domesticated, over 5000 years ago, humans have given them diverse roles
ranging from work and transportation to sport and leisure. The selection of breeding animals has
focused on specific traits such as colour, conformation, behaviour, and personality. Over time,
such selection pressures have given rise to a wide variety of breeds with highly diverse physical
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characteristics from bulky draft horses to fine-boned Arabians, to miniature horses, to donkeys
and mules.

Equine intraspecific diversity is evident in size, shape, colouration, conformation and, behavioural
suitability for a particular purpose. Manifestations of selection pressures in various breeds have been
documented in reports that focus on colour [1], genetics [2], anatomy [3], physiology [4], reproduction [5],
trainability [6], personality [7], and behaviour [8]. Even within a breed, conformational differences are
evident depending on the geographical region of origin [9,10].

Breed types can be broadly categorised according to their typical conformational characteristics
based on genetic heritage. Cold-blooded horses refer to those from draft lineage, generally exhibiting
a so-called coarse head, short neck, broad chest, and muscular body [9,11] compared to hot-blooded
horses who descend mainly from Thoroughbred and Arabian lines. Thoroughbreds demonstrate longer
withers, and Arabians have more sloping shoulders than draft horses [12]. Hot-blooded horses (e.g.,
Arabians) have a more concave head profile, while warm- to cold-blooded horses (e.g., Standardbreds)
have relatively more convex profiles and longer skulls [13]. Warmbloods, originating from agricultural
stock, changed their breeding goals over time to a lighter sport horse type, presenting a conformational
mix between hot- and cold-bloods [14].

Breed types also show specific variations in behaviour and temperament. The Standardbred,
as an example of a cold-blooded-type horse, is less reactive and quicker to habituate to aversive stimuli
than more refined breeds, such as Thoroughbreds [7]. Cold-blooded horses are easier to handle [15]
while Thoroughbreds are said to be more nervous [16], and take longer to learn a training task than
other breeds [17]. Breeders of the Austrian Noriker draft horse have a firm belief in the effect of coat
colour on temperament [9], for example, black Norikers are considered more lively.

Horses and donkeys belong to the same family of Equidae. However, within the genus Equus,
there are clear variances in anatomical structure and behaviour of the various species. While donkeys
and Standardbred racehorses both typically exhibit convex nasal profiles, the physiology and behaviour
of these two equids is markedly different. Donkeys, evolving from arid climates, are more affected by
intemperate weather than horses, but are less reactive to biting insects [18]. Donkeys can thrive on
lower quality forage than horses, but this also puts them at risk for metabolic diseases when donkey
owners feed them like horses [19–21]. While horses show more obvious behavioural responses to pain
than donkeys [22,23], both donkeys and mules show more metabolic changes indicative of stress than
horses when subjected to transportation and mixing at auction houses [24].

It has been suggested that behavioural differences among dog breeds may be predicted by skull
size and shape [25–27]. Thus, phenotypic and behavioural dissimilarities among different horse breeds
may also be reflected through skull morphology. The objective of this preliminary research is to
determine differences in skull morphology between the Standardbred (as a cold-blooded representative)
and donkeys, as a starting point for further investigation into the brain organisation that may underlie
behavioural differences.

2. Materials and Methods

2.1. Subjects and Head Preparation

No approval for the use of animals in research was obtained as the research dealt only with material
from deceased subjects. All horses and donkeys used in this research were euthanized for reasons
unrelated to the research project. Heads of mature Standardbred-type horses (n = 14) and mature
donkeys (n = 16) were obtained post-mortem. Donkeys ranged in size from standard to so-called
mammoth. Ages of the horses were estimated from an assessment of their dentition while ages of the
donkeys were known. The estimated age of the horses ranged from 3–16 years (mean 7.5 ± 4.5 years).
The age of the donkeys ranged from 3–38 years (mean 21 ± 10 years). The skulls were separated
from the body by cutting through the proximal end of the first cervical vertebrae using a band-saw.
Each skull was sectioned sagittally as close to the midline as possible, and each section was weighed.
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No other preparation was performed on the skulls. Coloured pins were inserted to mark topographical
landmarks (occipital crest, olfactory bulb, orbital notch, incisive bone), and a ruler was placed along
the hard palate to reference a horizontal dimension and provide a known length for measurement
calibration. Photographs of the sectioned skulls were taken (Canon Powershot SD940 IS 12.1MP;
Ottawa, ON, Canada) for retrospective measurement of various structures using the open-source
software Image J (v1.46r; Madison, WI, USA).

2.2. Skull Measurements

Skull measurements included: cranial length (measured from the occipital crest to the frontonasal
suture line), nasal length (measured from the rostral point of the incisive bone to the frontonasal
suture line), skull length (sum of cranial length + nasal length), zygomatic width (sum of left and
right sections measured from the zygomatic bone to the midline), cranial width (sum of left and right
sections measured from the orbital notch to the midline along the frontonasal suture line) (Figure 1A),
mandibular depth (measured from the orbital notch to the widest part of the mandible; Figure 1B), and
whorl location (described by the facial distance between the rostral tip of the olfactory bulb (OB) and
the centre of the forehead whorl). The frontonasal suture line was estimated by a line perpendicular to
the orbital notch. Brain measurements included the OB pitch (the angle between the hard palate and
the OB’s longitudinal axis), the brain pitch (the angle between the hard palate and the longitudinal
axis of the cerebral hemispheres) (Figure 2), and the OB area estimated from the right olfactory bulb
in situ. For skull length, nasal length, cranial length, mandibular depth, OB pitch, and brain pitch,
averages were calculated from the measurements from the left and right skull sections. Raw data are
available in Table S1.

From these measurements, the following indices were calculated as described by Evans and
McGreevy [13], using the relevant averages from the above measurements:

skull index (SI) = zygomatic width × 100/skull length

cranial index (CI) = cranial width × 100/cranial length

nasal index (NI) = zygomatic width × 100/nasal length

mandibular index (MI) = mandibular depth × 100/skull length

nasal profile area (NPA) = rectangular area defined by 80 mm vertical line from the orbital notch to
the rostral point of incisive bone (Figure 1B)

nasal profile index (NPI) = NPA/nasal length

cranial profile area = rectangular area defined by 80 mm vertical line from the orbital notch to
the occipital crest (Figure 1B)

cranial profile index (CPI) = CPA/cranial length

For NPA and CPA, averages were calculated from the measurements from the left and right
skull sections.
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incisive bone is marked by the yellow dot. (A): The frontonasal suture line is estimated by a horizontal
line joining the left and right orbital notches to determine cranial width = CW blue line. Cranial
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(B): mandibular depth = MD green line, nasal profile area = NPA blue area, cranial profile area = CPA
purple area. See text for details of each measure.Animals 2020, x, x 4 of 11 
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Figure 2. Diagram of brain measurements on horse (n = 14) and donkey (n = 16) skulls. The olfactory
pitch (OP) was measured as the angle between the hard palate (green line) and the longitudinal axis
of the olfactory bulb (purple line). The brain pitch (BP) was measured as the angle between the hard
palate and the longitudinal axis of the brain (blue line).

2.3. Statistical Analyses

All brain measures and calculations were analysed using SAS (v9.4, SAS Institute, Cary, NC, USA).
Pearson correlations determined any relationships between skull morphology and brain measurements.
A General Linear Model determined the main effect of species with Sidak’s multiple comparisons of
species differences among the various measurements.

3. Results

3.1. Horses

The results of the morphometric measurements of the horse skulls are presented in Table 1.
There was large variability in the measurements among individual horses. For example, NI had
a mean of 76.1 ± 14.4, with measurements ranging from 63.6 to 108.3. The brain pitch and olfactory
pitch also exhibited a wide range (2.3◦ to 176.5◦ and 51.4◦to 75.9◦, respectively). The olfactory
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bulb pitch showed a trend of being correlated to cranial width (X2 (1, n = 12) = −0.55, p = 0.063).
The location of the whorl aligned to the location of the olfactory bulbs within 1.5 cm. The whorl
location tended to be correlated weakly to nasal length (X2 (1, n = 14) = −0.49, p = 0.078) and brain
pitch (X2 (1, n = 14) = 0.48, p = 0.08).

Table 1. Morphometric measurements (mean± SD) of horse (n = 12) and donkey (n = 14) skulls. P values
were calculated using a General Linear Model, with a value <0.05 considered significantly different.

Variable
Horse Donkey

p-Value
Mean Mean

Head weight (kg) 22.5 ± 4.9 13.6 ± 3.7 <0.0001 *
Skull length (cm) 53.6 ± 2.6 46.6 ± 5.0 0.0080 *

Cranial length (cm) 23.6 ± 1.4 20.4 ± 2.7 0.0002 *
Nasal length (cm) 30.4 ± 3.9 27.5 ± 3.1 0.1919

Zygomatic width (cm) 22.6 ± 1.8 21.9 ± 2.2 0.0776
Cranial width (cm) 19.0 ± 0.8 16.3 ± 2.4 <0.0001 *

Mandibular depth (cm) 27.2 ± 1.1 24.5 ± 2.4 0.0019 *
Skull index 42.2 ± 3.2 46.2 ± 3.4 0.0025 *

Cranial index 80.9 ± 6.2 77.2 ± 9.1 0.1399
Nasal index 76.0 ± 14.5 79.6 ± 7.5 0.6600

Mandibular index 50.8 ± 2.6 52.2 ± 5.2 0.5791
Cranial profile index 8.8 ± 1.0 7.6 ± 1.2 0.0335 *
Nasal profile index 9.1 ± 2.8 7.3 ± 0.8 0.8359

Olfactory bulb area (cm2) 2.3 ± 1.3 1.98 ± 1.3 0.0478 *
Olfactory bulb pitch (◦) 66.0 ± 11.8 56.6 ± 1318 0.0163 *

Brain pitch (◦) 18.3 ± 45.7 16.7 ± 37.8 0.4338
Whorl location (cm) 0.1 ± 1.5 8.0 ± 6.5 0.0001 *

* denotes the statistical difference between horses and donkeys at the level of p < 0.05.

3.2. Donkeys

The results of the morphometric measurements of the donkey skulls are presented in Table 1.
A greater range in measurements was seen in the donkeys as the animals in the current sample ranged
in size from standard to so-called mammoth. In particular, skull length and cranial length varied
widely (40.3–54.9 cm and 16.3–24.9 cm, respectively). The location of the whorl was almost exclusively
located quite rostrally. The whorl location was correlated to NPI (X2 (1, n = 12) = 0.66, p < 0.019),
skull length (X2 (1, n = 14) = 0.75, p < 0.002) and nasal length (X2 (1, n = 14) = 0.74, p = 0.0023).

3.3. Comparison of Measurements between Donkeys and Horses

Table 1 shows the statistical outcomes of the skull morphometrics between species. Donkeys
had smaller heads than horses, as reflected in lower skull weights (F (1.18) = 26.38, p < 0.0001),
a smaller cranial width (F (1.15) = 42.67, p < 0.0001), and mandibular depth (F (1.21) = 13.05, p = 0.0019).
Donkeys had shorter heads than horses, mostly due to a shorter cranial length (F (1.23) = 51.49,
p = 0.0002), given that there was no statistical difference in their nasal lengths (F (1.23) = 2.09, p > 0.19).
The calculated indices provide a better comparison between the species because donkeys ranged in
size much more than the horses did. There was no species difference in cranial index, nasal index,
or mandibular index (p > 0.13), but donkeys had a larger skull index than horses (F (1.15) = 14.01,
p = 0.0025). Donkeys had a smaller CPI than horses (F (1.21) = 7.54, p < 0.034), but there was no
difference in NPI (F (1.21) = 0.05, p > 0.83). Donkeys also had a smaller OB area (F (1.13) = 4.96, p < 0.05)
and a smaller OB pitch (F (1.15) = 7.60, p = 0.0163) than horses, although there was no difference in
the brain pitch (F (1.23) = 0.69, p > 0.43). The greatest difference was seen in the location of the whorl,
which corresponded to the level of the OB bulb in horses, but was located extremely rostrally in
donkeys (F (1.21) = 56.28, p < 0.0001). Age (p > 0.08) and sex (p > 0.09) were not statistically significant
for any of the measures.
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4. Discussion

These preliminary results show that donkeys and Standardbred horses have similarly shaped
heads, although donkeys have smaller heads and a more distinct forehead than horses. Donkeys also
have smaller olfactory bulb areas than horses. While the orientation of the brain does not significantly
differ between horses and donkeys, the olfactory bulbs in donkeys are rotated more rostrally. Facial
whorls in donkeys are located lower down the face while in the current series of horses, they are in close
proximity to the olfactory bulb. Anatomical differences between horses and donkeys have been noted
in the jaws and teeth [19], but this is the first report of morphometric differences in skull morphology.

Values obtained for horse skull measurements in the current study corresponded quite
closely to those previously obtained for Arabians [28], and Standardbreds [13]. However,
Evans and McGreevy [13] demonstrated that Standardbreds had longer and wider skulls than
Arabians or Thoroughbreds. This difference might be attributed to differing measurements since
Cervantes et al. [28] did not indicate landmarks from which they conducted their head length and
width measurements. The relatively large head of the Standardbred may have accentuated the
differences in skull length and width between the Standardbred horses and donkeys measured in the
current study. The use of indices helped to account for these variations in absolute size, and given that
there was no difference between Standardbred horses and donkeys in the nasal, cranial, or mandibular
indices, it appears that donkeys and Standardbred horses have similar ratio aspects. However, the skull
index did differ, showing donkeys to have somewhat shorter and narrower faces than Standardbred
horses. In contrast, the nasal profile index did not differ between Standardbred horses and donkeys,
indicating they both exhibit a more convex profile. That said, donkeys did exhibit more convexity than
Standardbred horses in the cranial profile, as is often manifested by their distinct forehead (Figure 3).
Interestingly, while others have indicated a greater variability in measurements of horse skulls due to
the nasal component [9,13,29,30], here we show greater variability in the cranial component between
Standardbred horses and donkeys.
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Figure 3. Comparison between the Standardbred (A) and donkey (B) head profiles. Donkeys have
shorter and narrower faces than Standardbreds, but they did not differ in the nasal, cranial or, mandibular
indices. While the nasal profile index also did not differ, donkeys did exhibit a smaller cranial profile
index, as portrayed by the distinct forehead in the donkey.

Selective breeding in dogs has similarly resulted in great diversity in conformation across different
breeds, notably seen in the range of facial features. Skull length can range from 7–28 cm [31,32].
Brachycephaly has resulted not only in a frontal rotation of the brain of domestic dogs [32] but in
shifts of typical behaviour. For dog owners, this implies higher levels of fear and increased chasing
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behaviour in long-nosed dogs suitable for hunting, while short-nosed dogs appear to have the capacity
for increased visual focus on human cues suitable for companion animals [26,27]. These behavioural
differences may be the result of accompanying differences in both brain organization and retinal
structure. In dogs, the concentration of retinal ganglion cells is positively correlated to the skull
shape and the eye size, with a more concentrated distribution in the equivalent of the area centralis
in short-nosed dogs, possibly indicating increased visual acuity in the centre of the visual field [31].
In contrast, long-skulled dogs have a visual streak with ganglion cells distributed across the retina in
a band that suggests good peripheral vision. Correspondingly, horse breeds with longer heads display
increased retinal ganglion cell density along with their equivalent of a visual streak [33].

Standardbred horses are predominantly bay, which may even be a contributing factor to their skull
morphometrics. While the Austrian Noriker draft horse has larger absolute skull measurements than
Standardbred horses due to its larger overall size, researchers have demonstrated differences in head
size in that breed that are dependent on colour; bay or black horses have longer noses than tobiano
Noriker horses, and roans have smaller heads [9].

The current study provides the first reported finding of an external landmark for the position of
the olfactory bulbs, which are always found in close proximity to the facial whorl in horses, while in
donkeys, the whorl is located extremely rostral to the olfactory bulbs. Despite having a relatively larger
cranial space, donkeys; nevertheless, have smaller olfactory bulbs than Standardbred horses. Olfaction
plays a key role in social interactions, such that in rodents, the removal of olfactory cues through cage
cleaning causes an increase in anxiety and aggression [34]. Olfaction is the second-most represented
behaviour between jennies and their new-born foals (only behind visual observation) [35], resulting in
changes in the neural structure of the olfactory bulb affecting memory that drives maternal recognition
and bonding critical to survival [34]. In honey bees, the olfactory bulb is responsible for identifying
odours that stimulate memory to help relocate food sources [36].

Olfactory stimuli are processed in the amygdala, which is also a centre for processing emotional
stimuli [37]. The amygdala, among other roles, regulates feeding behaviour through odour intensity,
enhances memory performance through emotions elicited from odours, particularly in response to
aversive stimuli [38], and is important in associative learning [39,40]. The hippocampus also responds
to olfactory stimuli and plays a role in long-term memory, emotional experience, and response to
stress [38]. For example, mice show higher activity in the dorsal hippocampus when detecting familiar
odours in a novel environment, but this ability is impaired with olfactory lesions [41]. The significance
of the olfactory bulb size and angle to species differences is unclear. However, horses have significantly
larger olfactory bulbs than humans and are able to detect a wider range of odours [42]. Further studies
in equids on the impact of olfactory memory on behavioural responses in relation to the location of
their olfactory bulbs may prove interesting. Given that population laterality in nostril use has been
reported in horses [43], it may pay to explore the evidence for a similar attribute in donkeys.

It appears that in Standardbred horses, at least, the location of the olfactory bulb can be inferred by
the forehead whorls. This may have relevance to documented temperament differences based on whorl
location. In cattle, whorls located above the eye line (that can be drawn between the medial canthi) are
related to individuals who are more reactive when placed in a squeeze chute [44]. In horses, forehead
hair whorls have been used to predict the temperament of a horse since ancient times [45]. Anecdotally,
horses with whorls located below the eye level indicate so-called intelligence, while whorls located in
the centre of the forehead present a so-called uncomplicated personality [45]. While whorls can vary
greatly in size and shape, the location of the forehead whorl is a highly heritable trait (h = 0.83 [46]),
and horses with whorls located above the eye line are harder to manage [47]. Associations between
the development of neural tissue and hair whorls have been suggested as the processes occur
simultaneously during embryonic development [48]. Furthermore, the direction of hair in the whorl
pattern correlates with laterality, with clockwise whorls predicting left side bias and counter clockwise
whorls predicting right-side bias in horses presented with a novel object [48]. To the authors’ knowledge,
there are no published studies of any relationship between whorl location and temperament in donkeys,
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but the notion that lower whorls are related to calmer temperaments may align with anecdotal
observations that donkeys, in general, are less reactive than horses.

Temperament in horses is a very important trait related to a horse’s usefulness for its selected
purpose [49]. Researchers have demonstrated specific temperament traits related to dog-specific
breeds [50,51], so it follows that specific horse breeds would also tend to display certain behavioural
traits. Temperament has been investigated in a number of horse breeds, and researchers have
demonstrated a more reactive temperament in Thoroughbreds and Arabians than in cold-blooded
horses [52,53]. Thoroughbreds take longer to perform a stepping backward test than other breeds [17],
indicating some relationship between breed and cognition. The hot-blooded ancestry of Thoroughbreds
and Arabians contributes to higher levels of anxiousness, excitability, sociability, and inquisitiveness
compared to Quarter Horses, Appaloosas, and Irish Draft Horses [7,16]. These breeds also exhibit
particular conformation as reinforced by stud books and breed standards, thus conformation and
temperament are quite likely genetically linked [54].

Temperament in donkeys differs from horses in that they are generally less overtly reactive,
leading them to be defined as stoic [23]. Donkeys generally live alone or in very small groups, thus do
not exhibit typical “herd” behaviour like horses [19]. They may be territorial and display aggression
toward other species sharing their space [19]. While generally regarded as a flight animal, donkeys’
resort to fight behaviour much more readily than horses. Donkeys may also assume a “freeze” posture
when presented with frightening stimuli, which may be defined as “stubborn” by some [19]. However,
although donkeys may take more time, they are more adept at solving puzzles than horses [55].
Similarly, Baragli and Regolin [56] showed donkeys to be proficient at finding a hidden object while
Standardbred horses in the same study failed to do so. Anatomically, donkeys differ from horses with
their large ears, short neck, and small feet [19], and coupled with differences in skull morphometrics
shown in the current study; this may explain some of the behavioural differences between the two
species. However, it is important to bear in mind that environment and individual experience have
a significant impact on how an animal responds to any particular stimuli.

5. Conclusions

This pilot study compared the skull morphology of horses and donkeys, revealing that donkeys
have a more distinct forehead, and yet have smaller olfactory bulbs rotated more rostrally compared to
horses. Further, the facial whorl in donkeys is not associated with the location of the olfactory bulbs
as it is in horses. These results may be linked to other documented differences between horses and
donkeys, particularly behavioural differences. Future research exploring possible links between skull
morphology and behaviour may result in better prediction of behaviours based on more than merely
breed or species. Thus, horses and donkeys of a given morphotype could be better matched to a job or
discipline suitable to their temperament, improving their welfare, increasing the safety of humans
working with them, and reducing behavioural wastage due to miscommunication with humans.
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Table S1: Raw morphometric data from horse and donkey skulls.
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Simple Summary: Mules and donkeys are often treated as horses from a therapeutic point of view.
This approach could be dangerous due to species differences in drug pharmacokinetics which could
reflect on the drug effectiveness. Ivermectin is a commonly used anthelmintic compound due to
the broad spectrum of activity. The improper use of ivermectin (i.e., dosage, route of administration)
could cause a lack of parasite control and contribute to development of drug resistance. Studies on
the pharmacokinetics and efficacy of antiparasitic molecules in mules are limited, although these drugs
are crucial for the welfare of these equines. The aim of the present study was to evaluate the efficacy
and pharmacokinetics of ivermectin administered to mules at the same dosage (200µg/kg body weight)
and route licensed for horses. Results show that administering ivermectin orally, at the same dosage
of horses, has a pharmacokinetic intermediate behavior between horses and donkeys. This study
demonstrates that ivermectin oral paste at horse dosage is effective and safe for the treatment of
cyathostomins in mules.

Abstract: Ivermectin (IVM) is an anthelmintic compound commonly used off-label in mules due to
its broad-spectrum of activity. Despite the general use of IVM in mules with the same dose and route
of administration licensed for horses, significant pharmacokinetic differences might exist between
horses and mules, as already observed for donkeys. The aim of the present study was to evaluate
the pharmacokinetic profile and anthelmintic efficacy of an oral paste of IVM in mules naturally
infected with cyathostomins. Fifteen adult mules with fecal egg counts (FEC) ≥ 200 eggs per gram
(EPG), with exclusive presence of cyathostomins, were included in the study. All mules were orally
treated with IVM according to the manufacturer's recommended horse dosage (200 µg/kg body
weight). FECs were performed before (day-10 and day-3) and after treatment at days 14 and 28
by using a modified McMaster method. The FEC reduction (FECR%) was also calculated. Blood
samples were collected from five animals at various times between 0.5 h up to 30 days post treatment
to determine pharmacokinetic parameters. The maximum IVM serum concentration (Cmax) was
42.31 ± 10.20 ng/mL and was achieved at 16.80 ± 9.96 h post-treatment (Tmax), area under the curve
(AUC) was 135.56 ± 43.71 ng × day/mL. FECR% remained high (>95%) until the 28th day.

Animals 2020, 10, 934; doi:10.3390/ani10060934 www.mdpi.com/journal/animals
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1. Introduction

The estimated global equine population is 117 million, including 58 million horses, 50 million
donkeys and 9 million mules [1]. Although there has been a decrease in mule populations in Europe
and the Mediterranean European countries, mules are still widely used as a beast of burden or working
equids for draft purposes in developing countries because they are considered to be strong and hardy
animals [1,2]. Furthermore, in some countries such as the U.S. there has been a growing interest
in using mules also for recreational riding, racing and show purposes [3,4]. The increase in mule use
has created the need for more information on how to properly treat and care for them [4].

Little research is available for donkeys but even less is known about mules [5]. In literature,
only limited data is available on the dosage, pharmacokinetics and efficacy of drugs in mules [6,7].
The lack of scientific information for mules may be due to the idea that these equids are considered less
demanding from a health point of view (mules are considered less susceptible to diseases and fatigue
compared to horses) or the fact that they are mostly reared in parts of the world where little routine
veterinary care is available [8]. However, mules may be susceptible to the same parasites affecting
horses and donkeys. Among all nematodes that may have the greatest negative impact on the wellness
of mules, cyathostomins (small strongyles) are of major concern and efficient control based on
the appropriate use of anthelmintic drugs is mandatory [9,10].

The three anthelmintic drug classes (e.g., benzimidazoles, pyrimidines and macrocyclic
lactones) [11] registered for horses are currently not available for treatment of parasites in mules
and only few drugs are specifically licensed for use in other equids like donkeys [12–14]. Therefore,
mules and donkeys are usually treated with anthelmintic drugs at the same dosage, route and intervals
licensed for horses, despite the lack of scientific reports evaluating pharmacokinetics and efficacy
related to their use in these animals [11,15,16].

Among anthelmintic compounds registered for equine species, ivermectin (IVM) is a
macrocyclic lactone (ML), commonly used due to its broad-spectrum of activity against both endo-
and ectoparasites [11,17]. Ivermectin administered as oral paste, at dosage of 200 µg/kg body weight
(BW), is characterized by a highly safe margin and extensively used in the equine industry [18–20].
Ivermectin is a very lipophilic drug and, in general, its pharmacokinetics in domestic species is
characterized by a slow phase of absorption, extensive distribution, scant metabolization and slow
excretion, principally with feces [21]. In horse species the oral administration of IVM shows a faster
absorption compared to subcutaneous injection [22], a mean resident time in the organism that ranges
from about four to seven days [20,23,24] and a slow elimination with feces in which the maximum
concentration is achieved after two days from administration [25].

Despite the general use of IVM in the mule at the same dose and route indicated for
horses, significant pharmacokinetic differences might exist between horses and mules, as already
observed between horses and donkeys both for IVM [26] and other drugs [27,28]. Some differences
in pharmacokinetics and efficacy have already been observed between mules and horses for antibiotics
(i.e., sulfamethoxazole and trimethoprim) [6] and for sedatives (i.e., xylazine) [7].

Anthelmintic activity depends on the interaction between the active drug ingredient and the specific
receptors in the parasitic target, but also on drug concentrations obtained at the parasitic site [29,30].
Animal species is one of the main factors affecting the blood drug disposition and thus the concentrations
attained for the parasitic targets.

The aim of the present study was to evaluate the blood disposition and the anthelmintic efficacy
of an oral formulation of IVM administrated in mules naturally infected by cyathostomins, in terms of
percentage of fecal egg count reduction (FECR%), following the international guidelines recommended
by the American Association of Equine Practitioners (AAEP) [31].
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2. Materials and Methods

2.1. Animals and Experimental Groups

Fifteen adult mules, ten females and five males, with a mean age (±standard deviation) of
11 ± 6 years and a mean weight (±standard deviation) of 511 ± 48 kg were included in the study.
Weight was estimated as previously described [32]. Owner’s consent was given for all animals included
in the study.

The mules were reared in central Italy as working animals and were kept in outdoor paddocks with
no shared pasture with other equids. The management was the same for all the mules, animals were
allowed to graze for several hours per day and their diet consisted of fresh forage (grass), 8 kg grass
hay and 4 kg concentrates per day, and water ad libitum. All the animals enrolled in the study
belonged to the same farm and shared the same paddocks from at least 12 months. The mules received
treatments for gastrointestinal parasites occasionally in previous years, and no anthelmintic drugs
were administrated to the mules in the previous 12 months.

Before starting the study on day−10 (D−10), clinical examinations and hematological investigations
were performed on each animal to ensure their health status. Parasitological examinations, consisting
of individual fecal egg count (FEC) followed by coproculture, were performed at ten (D−10) and three
(D−3) days before anthelmintic administration. All mules used in the study had a FEC ≥ 200 eggs per
gram (EPG) with exclusive presence of cyathostomins. A total of fifteen mules were tested for IVM
efficacy, in accordance with the guidelines of the World Association for the Advancement of Veterinary
Parasitology (WAAVP) [33].

The study was conducted with the favorable consent of the local organization for animal welfare
(OPBA, protocol number E81AC.10) of the University of Camerino and the approval of Ministry
of Health (protocol number 677/2018-PR) in accordance with directive 2010/63/EU of the European
Parliament on the protection of animals used for scientific purpose.

2.2. Treatment Procedures

On day 0 (D0), a commercially available equine oral paste formulation of IVM (Eqvalan Oral
Paste, Merial Italia, Boehringer Ingelheim Animal Health) was administered orally to each mule six
hours before feeding (after a fasting period of 12 h) at the horse dosage of 200 µg/kg of BW. All treated
animals were observed continuously for the first three hours after drug administration and then weekly
until the end of the trial period to detect possible adverse reactions following treatment.

2.3. Sampling Procedures

Individual fecal samples were collected from the rectum of each animal on D−10, D−3 and D0

immediately prior to anthelmintic administration, and then on day 14 (D+14) and day 28 (D+28) post
treatment. According to general recommendations proposed by Nielsen et al. (2010) [34], the fecal
samples were stored at +4 ◦C waiting for FEC.

In order to assess IVM pharmacokinetics 5 of the 15 treated mules (females, between 6–21 years),
chosen on the basis of a mildest character, and consequently more easily manageable, were enrolled.
Whole blood samples (about 10 mL) were collected by jugular vein puncture before drug administration
and then at predetermined time-points: 30 minutes (min), 1, 2, 4, 6, 8, 10 and 24 hours (h) and 2, 3, 4,
7, 10, 15, 20, 25 and 30 days (d) after the treatment. Blood samples were centrifuged at 2500 g for 10
min and the serum was collected and stored at −80 ◦C until estimation of drug concentration.

The sample size as well as the timing of blood sampling was assessed on the basis of previous
studies on IVM pharmacokinetics in equine species [20,22–24,26].

2.4. Coprological Examinations

Individual FECs were performed in all mules at D−10, D−3, D0, D+14 and D+28, using a modified
McMaster technique with a lower detection limit of 50 eggs per gram (EPG) and a saturated sodium
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chloride (NaCl) solution with a specific gravity of 1.200 [35]. Pooled fecal cultures were performed
at D−10 and D−3, while individual fecal cultures were performed for all mules with FEC ≥ 200 EPG
at D0, D+14 and D+28. Fecal cultures were incubated at 27 ◦C for 7–10 days for larval development
and 3rd stage larvae were identified according with morphological identification keys [35]. When a
coproculture had 100 or less third stage larvae, all were identified; when a coproculture had more than
100 larvae, only 100 larvae were identified.

2.5. Analytical Determination of Ivermectin

One milliliter of serum was added to a 15 mL Falcon tube with 50 µL of a methanolic solution
of the internal standard, ivermectin, at 1 µg/mL, 2.5 mL of acetonitrile and 4 g of anhydrous sodium
sulphate. After centrifugation, the supernatant was collected in a new tube and the extraction was
repeated with 2.5 mL of acetonitrile. The combined extracts were evaporated to dryness and then
re-dissolved in 200 µL of water and 2.5 mL of ethyl acetate. The samples were purified through a SPE
cartridge (NH2, 100 mg/3 mL, Biotage IST Isolute, Uppsala, Sweden) previously conditioned with 3 mL
of methanol and 3 mL of ethyl acetate. Furthermore, 3 mL of ethyl acetate was used to wash the sample
tube and transfer onto the SPE cartridge. The eluate was evaporated until dry and the analyte
derivatization was executed according to a previously published method [36]. After derivatization,
the samples were injected into a high-performance liquid chromatography (HPLC) system.

The HPLC equipment consisted of a Thermo Finnigan Spectrasystem (San Jose, CA, USA) with a
P4000 quaternary pump, an AS3000 autosampler and a fluorescence detector (FL3000). The separation
was achieved on a Luna C8 (150 × 3.0 mm, 5 µm, Phenomenex, Torrance CA, USA) analytical column
equipped with a guard column C8 4 × 2.0 mm (Phenomenex). The mobile phases were acetonitrile (A)
and water (B). The flow rate was 1.2 mL/min and the injection volume 50 µL. The gradient profile was
as follows (1) 0–3 min, to 85% A; (2) 3–7 min, to 97% A; (3) 7–10 min, 97% A; (4) 10–12 min, to 85%
A; and (5) 12–14 min, to 85% A. The total run time per single injection was 14 min. Fluorescence of
the derivatized compounds was detected at excitation and emission wavelengths of 364 and 470 nm,
respectively. In each analytical batch, a series of five concentration points (2.5, 5, 25, 50 and 100 ng/mL)
prepared by spiking blank serum samples were injected for calibration.

Validation parameters were determined in accordance with EMA guidelines on bioanalytical
method validation [37]. Five spiked samples were analyzed at four concentrations (5, 50, 100
and 200 ng/mL) on two different days. The observed recoveries ranged from 90% to 106%. Within-run
and between-run precisions were in the range 3.5–8.5% and 8.5–13%, respectively. The lower limit of
quantification (LLOQ) was 2.5 ng/mL, whereas the upper limit (ULOQ) was 200 ng/mL.

2.6. Pharmacokinetic and Anthelmintic Efficacy

Pharmacokinetic parameters were calculated, for each animal, from serum concentration–time
data executing non-compartmental analyses by PK-Solver program [38].

To determine the efficacy of IVM against cyathostomins at each fecal sampling time, an arithmetic
mean of EPG was calculated following the American Association of Equine Practitioners (AAEP)
parasite control guidelines [31]. For each mule, the percentage efficacy (%) was assessed in terms of
fecal egg count reduction (FECR) at different days (D+14 and D+28) using the following formula:

FECR (%) = 100× (Mean EPG pre-treatment−Mean EPG post-treatment/Mean EPG pre-treatment).

2.7. Statistical Analyses

Microsoft Office Excel 2016 software was used for data recording, and FECR, expressed as
percentage with 95% confidence intervals, was calculated using the RESO FECRT analysis program,
version 4 (http://sydney.edu.au/vetscience/sheepwormcontrol/). The values of the FECR were
interpreted according to the AAEP parasite control guidelines [31]. The 95% lower confidence
limits (LCL; %) observed for all time points was selected so that resistance would be indicated if the %
mean FECR was below 95% and the LCL was below 90% [39].
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3. Results

3.1. Parasitological Results

Clinically, none of the animals enrolled in the current study showed any adverse reaction following
IVM administration.

The FECs (mean, range and standard deviation) obtained at the different sampling times
and the results of the FECR with 95% CI are shown in Table 1. At baseline (D0), mules included
in the study had an average of 1360 EPG, consisting of 100% of cyathostomins; the mean EPG
at D+14 and D+28 were 46.67 and 26.67 EPG, respectively and did not differ statistically (p > 0.05)
(Supplementary Data). The FECR was 96.57% and 98.04% at D+14 and D+28, respectively. The lower
95% CI was over 90% at D+14 and D+28.

Table 1. Initial (Day0) and post-treatment (D+14 and D+28) fecal egg counts (FECs) expressed as
mean of egg per gram (EPG), relative standard deviation (SD) and percentage of fecal eggs count
reduction (FECR%), with their 95% lower and upper confidence intervals (CIs) after an oral treatment
of ivermectin (IVM) in mules naturally infected by cyathostomins.

Days FECs EPG AM EPG Range SD FECR (%) Lower 95% CI Upper 95% CI

0 1360.00 200–3550 908.46 - - -
14 46.67 0–250 68.26 96.57 90.65 98.74
28 26.67 0–200 57.06 98.04 93.40 99.42

Abbreviations: FECs, fecal egg counts; EPG, egg per gram; AM, arithmetic mean; SD, standard deviation; FECR,
fecal egg count reduction; CI, confidence interval.

3.2. Pharmacokinetics Results

Ivermectin was quantifiable in serum 30 min following drug administration in two mules, after 1 h
in two mules and after 2 h in one mule. The concentrations of IVM in systemic circulation ranged
from 4.2 to 7.4 ng/mL at the first time of appearance in systemic circulation, achieving the Cmax
(42.31 ± 10.20 mean ± SD; range 28.3–56.7) between 4 h (only one mule) and 24 h post-treatment.
Finally, the serum concentration of IVM decreased progressively, remaining detectable in all animals
up to seven days post administration. In one animal, the drug was detectable in serum for 10 days
post oral administration, 15 days in another mule and until 20 days in one mule. Figure 1 illustrates
the trend of serum IVM concentrations in relation to time. Table 2 shows the main pharmacokinetic
parameters of IVM in serum following per os administration at dosage of 200 µg/kg BW following
non-compartmental analysis.
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Figure 1. Average (solid line) and single (dot lines) IVM serum concentrations vs. time after oral 
administration at a dose of 200µg/kg BW in mules (n = 5). 

 

Figure 1. Average (solid line) and single (dot lines) IVM serum concentrations vs. time after oral
administration at a dose of 200 µg/kg BW in mules (n = 5).
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4. Discussion

The current study represents the first study that has explored both pharmacokinetics and efficacy
of IVM orally administered in mules. Ivermectin orally administered at 200 µg/kg BW showed
intermediate pharmacokinetic parameters between horses and donkeys and seems to be efficacious
against cyathostomins.

Ivermectin was the first ML approved in horses as a broad spectrum antiparasitic compound at
the recommended dose of 200 µg/kg BW [18]. Since its introduction as an antiparasitic drug in equid
species, many authors have investigated the efficacy of IVM on different parasites when administered
orally to horses, and also its pharmacokinetics has been well documented [20,22–24,40]. However, there
is a paucity of data available in the literature on the pharmacokinetics and antiparasitic efficacy in other
equids. Even if donkeys, mules and horses are morphologically similar, they can have considerable
differences in pharmacokinetic profiles [6,41,42]. Several studies report a greater capability of drug
elimination in donkeys than in horses [13,43,44]. Latzel et al. (2012) [7] observed a significant difference
in the half-life of xylazine between horses and mules following IV administration, and at the same
time, a less intense sedation in mules. A mule may require up to 50% more of a sedative when
compared to a horse to obtain an appropriate level of sedation [45]. Thus, the importance of studying
the pharmacokinetics of each drug in the specific target species is evident.

The value of efficacy obtained at D+14 in the present study may be considered correctly estimated
according to the recommendations by Kaplan and Nielsen (2010) [46], in fact FECR tests have been
calculated in fecal samples collected 14 days after treatment and not in the early period post-treatment
when ML might cause temporary suppression of the egg shedding and thus leading to a overestimation
of the anthelmintic efficacy. However, the obtained FECR values showed an efficacy rate of IVM against
cyathostomins lower than those detected in previous studies conducted in horses and donkeys ranging
from 96% to 100% [10,47–49]. Since a FECR% ranging between 95–98% should be considered suspected
of resistance according to the AAEP guidelines [31], we decided to perform an additional FEC at
Day+28 to assess if a higher decrease in efficacy may support suspected anthelmintic resistance. ML are
characterized by very long ERPs (egg reappearance periods), but recent reports have documented
ERPs shortened to 4–5 weeks which may be considered an early indicator of resistance to MLs [31].
The FECR obtained at D+28 (98.04%) was higher than D+14 (96.57%), which is different from what
we would expect; however, the average FECs obtained at two distinct sampling times did not differ
statistically. Possible reasons for why an increased percentage in the FECR at D+28 was observed, could
be related to: (i) few individual variations of egg excretion commonly observed in horses and possibly
in mules, (ii) scant efficacy of IVM on the encysted parasites (L3–L4 larval stages) that could conclude
their cycle within 28 days increasing the FEC post-treatment and (iii) the analytic sensitivities of
the McMaster technique based on a conversion rate, which is however still considered the reference
method for the FECR tests.

Consideration for resistances to IVM remained inconclusive because we detected borderline
reduced efficacy rates at D+14 and D+28. Unfortunately, we were not able to continue to calculate ERP
due to behavioral resistances from the animals making it impossible to continue the collection process.

However, borderline reduced efficacy detected in the present study could be related to other
factors not associated with resistance. For example, the concern that the sub-optimal dosing of
200 µg/kg of BW may relate to reduced efficacy. We think that it is extremely unlikely that resistant
cyathostomin populations infected the sampled mules for a number of reasons: (i) the animals did
not share pastures with other equids e.g., horses or donkeys, that could harbor resistant strongyle
strains; (ii) any external introduction of animals was done in the last 10 years and (iii) pharmacological
pressure within the herd was minimal since the anthelmintic treatments were only occasional.

In this study, the Cmax and AUC observed in mules (42.31±10.20 ng/mL and 135.56±43.71 ng×day/mL,
respectively), when treated orally with 200 µg/kg of IVM, are greater than that observed in donkeys
(23.4 ± 4.4 ng/mL and 119.3 ± 12.3 ng × day/mL) by Gokbulut et al. (2005) [26] and similar for horses
(44.0 ± 23.1 ng/mL and 132.7 ± 47.3 ng × day/mL) [23].
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Likewise, Coakley et al., (1999) [50], following administration of flunixin in mules, observed a
greater similarity to horses rather than donkeys in drug serum levels.

Nevertheless, it is important to underline that in other studies, after oral IVM administration
to horses, greater Cmax and AUCs were seen in respect to the present study [22,24]. The reasons
for the differences among these various studies are not clear, but could be due to a different feeding
regime. Some authors have speculated that IVM could be absorbed by the particles of digesta causing
a low availability of the drug after its oral administration [20,22]. In order to maximize standardization
of the treatment conditions in this study, we used a protocol that included fasting for 12 h followed
by feed administration 6 h after treatment. Other factors that could lead to a difference in results
in above-cited studies could be differences in environment, age, gender and level of fitness as already
hypothesized for hematological and blood biochemistry among different equids [4]. Another thought
on inconsistent results could be related to a different expression of P-glycoprotein (which has been
shown to be involved in the absorption of IVM following its oral administration [21]) in intestinal
epithelium of mules compared to other equids. In addition, because IVM is a very lipophilic drug that
accumulates in adipose tissue, a different body fat content in mules, compared to horses and donkeys,
could be responsible for a different drug distribution and, consequently, for a different profile of drug
serum concentrations [21]. Lastly, the different LOQ of the analytical method could have affected
the computation of the AUCs [51].

In this study, the Cmax was achieved later than in horses (16.8 h vs. a range, expressed as mean
value, between 3.3 and 9.2 h) [20,23,24] and before than in donkeys (24 h) [26]. In three out of five
mules, the Tmax was obtained at 24 h; this value was closer to that observed in donkeys compared
to that seen in horses [26]. It is important to highlight that the large individual variability observed
in serum drug concentrations in the present study, did not allow for generalization of pharmacokinetic
behavior of IVM in mules being closer to horses or donkeys. The same large individual variability
in systemic drug concentrations was observed in other pharmacokinetic studies on IVM [23,24].

Unfortunately, according to our knowledge and review of literature, there are no PK/PD predictors
of efficacy for anthelmintic agents, contrary to antibacterial drugs. Therefore, currently it is not
possible to evaluate the potential clinical impact of IVM, orally administered at doses of 200 µg/kg BW
in mules, on other parasites. This study may be considered as a first step towards knowledge about
pharmacokinetic properties of IVM in mules; further studies are warranted in the future.

5. Conclusions

Studies on correct use of anthelmintic molecules in mules could contribute to improved control of
parasites and, consequently a gradual increase in their welfare, supporting a rising of the population
worldwide. The present study demonstrated that IVM administered orally at 200 µg/kg BW to mules
has intermediate pharmacokinetic parameters between horses and donkeys. Furthermore, IVM seems
to be efficacious against cyathostomins in mules even if an optimization of the dosage should be
obtained based on further studies.
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