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Parasites and Parasitic Diseases in Small Animals
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1. Introduction

Parasites and parasitic diseases in small animals pose a significant challenge to public
health, animal health, and environmental sustainability, and this Special Issue is partic-
ularly relevant within the context of the One Health approach, which recognizes their
interconnectedness [1].

Humans coexist with animals that are part of our ecosystem, although they are often
not visible due to their small size. In addition to animals naturally present in the environ-
ment, a large number of small mammals are commonly kept as pets—including dogs, cats,
rodents, hedgehogs, and rabbits, not to mention other exotic animals like birds, reptiles,
amphibians, and fish. These close relationships explain why some parasitic diseases are
also zoonotic, infecting humans and even causing severe illnesses. Zoonoses can also
lead to significant economic losses due to decreased productivity and increased healthcare
costs. Domestic and wild animals can act as reservoirs and vectors for zoonotic parasites,
facilitating disease transmission between species and increasing the risk of outbreaks that
compromise both human well-being and the ecological balance [1,2].

Flea infestations and many other parasitic infections are examples that illustrate how
parasites can affect multiple hosts in various environments [3-5]. These diseases not only
cause severe health problems in humans and animals but also lead to significant economic
losses due to treatment and control costs, as well as decreased productivity in sectors
related to livestock and wildlife management [6]. Furthermore, factors such as climate
change, urbanization, and increased human-—animal contact have exacerbated the spread of
parasites to new geographical regions [6,7].

Although there have been advances in this field in recent years, many aspects remain
unknown. The success of the One Health concept now requires breaking down the inter-
disciplinary barriers that still separate human and veterinary medicine from ecological,
evolutionary, and environmental sciences. The surveillance and control of these diseases is
essential to mitigate their impact and, without effective strategies that limit transmission
from reservoir animals to humans, the optimal control of these infections is not possible.
The implementation of measures based on the One Health approach encourages interdisci-
plinary collaboration among physicians, veterinarians, ecologists, and other specialists to
develop integrated solutions that address both the underlying causes and consequences of
zoonotic parasitoses [8,9].

In this regard, it is crucial to strengthen epidemiological monitoring initiatives, im-
prove diagnostic tools, and promote educational programs targeted at the general public
and health professionals. These actions will not only protect human and animal health
but also contribute to maintaining healthy and sustainable ecosystems in an increasingly
interconnected world [8,10]. For these reasons, studying and controlling parasitic diseases
in small animals is crucial to improving global public health.

Animals 2025, 15,1183 https://doi.org/10.3390/ani15081183
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2. The Structure of This Special Issue

This Special Issue includes eleven papers addressing the challenge of parasitic diseases
in small animals, exploring their impact on both wildlife and domestic species. It includes
studies on the diversity and host specificity of avian haemosporidians in an Afrotropical
conservation region, suggesting that biodiverse areas may harbor a greater variety of
parasites, which is crucial for understanding host—parasite dynamics and potential dis-
ease emergence in avian populations. On the other hand, the application of geometric
morphometrics is introduced to differentiate three populations of synanthropic fleas in An-
dalusia (Spain), highlighting the importance of this technique for studying and managing
arthropod communities.

Further research investigates the detection of 3-tubulin polymorphisms in Trichuris
trichiura, offering promising tools for improving the diagnosis and treatment of trichuriasis.
In addition, the prevalence and risk factors of gastrointestinal parasites in domestic dogs in
Serbia are explored, providing recommendations to improve parasite control in canines.
The Special Issue also covers the occurrence of Platynosomum illiciens infection in cats with
elevated liver enzymes, shedding light on the epidemiology of this parasitic infection and
its effects on feline health.

Additionally, one study examines the status of Trypanosoma grosi and Babesia microti in
small mammals in the Republic of Korea, emphasizing the need to understand the distribu-
tion and genetic diversity of these parasites to better manage zoonotic diseases; another
reports the detection of Theileria sinensis-like and Anaplasma capra in ticks, contributing to
the knowledge of the distribution and genetic diversity of these pathogens.

The prevalence of Sarcocystis spp. macrocysts in wildfowl in the Eastern Baltic region is
analyzed over a specific time frame, with a focus on the economic impact of Sarcocystis rileyi
infections on game birds. Data on new intermediate and accidental hosts of Angiostrongylus
cantonensis in the Canary Islands (Spain) highlight the parasite’s spread into new areas,
underscoring the importance of monitoring its distribution. In addition, the prevalence
of microsporidia in the North African hedgehog (Atelerix algirus) in the Canary Islands is
reported, and its implications for wildlife health and conservation are discussed. Finally,
the detection of Sarcocystis pilosa in a red fox (Vulpes vulpes) reintroduced in South Korea
provides insights into the presence of intermediate and definitive hosts in the region,
emphasizing the need for monitoring reintroduced wildlife for parasitic infections.

These studies collectively illustrate the complex relationships between parasitic infec-
tions, animal health, and ecosystem dynamics.

3. Conclusions

This Special Issue highlights a variety of innovative contributions that provide a better
understanding of the epidemiology, host specificity, and diversity of parasites and parasitic
diseases in small animals. Monitoring and controlling these diseases not only protects
animal health but also safeguards public health by reducing the risk of zoonotic infections,
due to their close contact with humans, without forgetting the potential outbreaks that may
arise in the near future.
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Simple Summary: African tropical regions have a remarkably high bird diversity, yet few studies
have tried to unravel the presence of blood parasites in birds found in conservation areas. Knowing
which blood parasites are present will help us to prepare for potential disease outbreaks. We test
the hypothesis that conservation regions have a high diversity of parasites. Molecular methods
were used to screen 1035 blood samples from 55 bird species for blood infections on sites inside and
adjacent to the Kruger National Park in South Africa. Overall, 28.41% of birds were found infected
with at least one type of blood parasites. Bird malaria of the type Haemoproteus and Plasmodium was
found in 17.39% and 4.64% of the birds respectively. Leucocytozoon blood parasite was found in 9.24%
of birds. One hundred distinct blood parasite types were detected, of which 56 were new types.
Similar bird malaria (Haemoproteus and Plasmodium) infections were found in closely related birds,
while Leucocytozoon was found in almost every bird type. Sites with a high bird diversity also had
a high parasite diversity. These findings provide insight of how birds can gradually survive their
blood parasite infections.

Abstract: Afrotropical regions have high bird diversity, yet few studies have attempted to unravel
the prevalence of avian haemosporidia in conservation areas. The diversity and host specificity
of parasites in biodiversity hotspots is crucial to understanding parasite distribution and potential
disease emergence. We test the hypothesis that biodiverse regions are associated with highly diverse
parasites. By targeting the cytochrome b (Cytb) gene, we molecularly screened 1035 blood samples
from 55 bird species for avian haemosporidia infections to determine its prevalence and diversity
on sites inside and adjacent to the Kruger National Park. Overall infection prevalence was 28.41%.
Haemoproteus, Leucocytozoon, and Plasmodium presented prevalences of 17.39%, 9.24%, and 4.64%,
respectively. One hundred distinct parasite lineages were detected, of which 56 were new lineages.
Haemoproteus also presented the highest diversity compared to Leucocytozoon and Plasmodium with
varying levels of specificity. Haemoproteus lineages were found to be specialists while Plasmodium and
Leucocytozoon lineages were generalists. We also found a positive relationship between avian host
diversity and parasite diversity, supporting an amplification effect. These findings provide insight
data for host—parasite and co-evolutionary relationship models.

Keywords: avian malaria; diseases; diversity; parasites; prevalence

1. Introduction

The diversity of parasites is an important selective force shaping communities and
ecosystems. Parasites generally have a higher mutation rate than their hosts, in order
to evade the host immune system and successfully proliferate in an ecosystem [1]. The
parasites’ ability to diversify and mutate can lead to niche expansions and pathogen host
shifts allowing the infection of numerous hosts [2]. On the other hand, parasite diversity
may be driven by the diversity and evolutionary life-history traits of the available hosts [3]

Animals 2024, 14, 2906. https:/ /doi.org/10.3390/ani14192906 4 https://www.mdpi.com/journal /animals



Animals 2024, 14, 2906

as well as the prevailing environmental factors [4]. Changes in the environment affect
hosts as well as the host—parasite relationship [5]. Host specificity is therefore a strong
determinant of both parasite diversity and prevalence, which provides an opportunity to
understand the mechanisms driving parasite spillovers and factors linked with emerging
infectious diseases [6].

The survival and proliferation of parasites in an ecosystem is dependent on several
evolutionary strategies and traits developed in relation to their host (The Red Queen
hypothesis) and the habitat type where they occur. One such trait is host specificity, which
represents the number and/or diversity of the host species that a parasite can infect [7].
Such a strategy can be explained by the “Trade-off” hypothesis and the “Niche-breadth”
hypothesis [8]. The parasite could be a generalist, i.e., it can infect multiple host species
achieving a high or low prevalence, as opposed to a specialist that will be found in only
one or a few closely related species, achieving a higher prevalence than a generalist by
predominantly infecting more closely related host species [9,10]. The ability of a parasite to
infect a host is also dependent on the presence of susceptible hosts, competent vectors, and
a permissive environment [11]. As such, a parasite that is a specialist in one ecosystem may
appear to be a generalist in another and vice versa [10], a pattern that was observed with
vector species as well [12]. Host switching strategies may also occur where parasites infect
many host species to avoid the host’s defences [13]. In birds, a host species” anti-parasite
behaviours (i.e., body maintenance, nest maintenance, avoidance of parasitized prey using
cues to their presence in conspecifics and intermediate hosts, migration, and tolerance) in
combination with immune system defences may reduce a parasite load thus driving host
switching by the parasite [14]. Although poorly understood, the interaction of behaviours
such as preening, scratching, dusting, nest site avoidance, nest sanitation, migration, and
other behavioural defences may drive a parasite to switch from one host species to another.

Specialist parasites with life cycles interdependent with that of hosts (e.g., in lice
where the host represents the parasite’s only environment), usually develop a narrow level
of host specificity and only infect members of a single species which in turn determines
their population structure, abundance, and prevalence [15]. In such cases, a change in
host ecology can either cause a proliferation or extinction of the parasite lineage. However,
Medeiros et al. [16] observed that specialists can compensate for the reduced host breadth
by achieving a higher prevalence in a single host species. Generalist parasites, whose life
history is not exclusively limited to one specific host, benefit from a high host diversity
because they can infect multiple host species, which enables them to persist in ecosystems
and potentially spread to immunologically naive hosts, i.e., hosts that have not evolved
with the parasite [13]. Host specificity is an important aspect of parasite communities
and should be a key component of all wildlife disease studies because it can determine
the chance of survival of a parasite in the case of a host species’ extinction, the invasion
potential of a parasite in new habitats such as islands, or the establishment and spread of a
parasite following its introduction to a new geographical area [7].

Avian haemosporidian parasites of the genera Plasmodium, Haemoproteus, and Leuco-
cytozoon are widespread vector-transmitted blood parasites that exhibit varying levels of
prevalence, diversity, and host specificity at various spatiotemporal scales and across ecore-
gions [17]. This spatiotemporal variation could be the result of host- or parasite-mediated
adaptions to the environment. Previous studies of avian haemosporidian parasites in the
southern African region found varying prevalence levels, which were generally affected
by the sampling effort (a low prevalence with a small sampling size and small sampling
areas), while parasite lineage diversity was high as predicted [18-20]. Avian haemosporidia
also exhibit varying levels of host preferences that may be driven by the host’s ecological
traits [19,21]. While Haemoproteus spp. tend to be more host specific [22], Plasmodium spp.
have generally been found to be generalists [22,23] and Leucocytozoon parasites exhibit
varying degrees of host specificity depending on the species and the ecological context [24].
Exceptions have also been observed where certain lineages may be restricted to a specific
group of birds for all three avian haemosporidian parasite genera [25].
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Despite a growing number of avian haemosporidian parasites studies, certain ecore-
gions and bird species remain under-sampled [26]. Few large-scale studies have been
conducted on avian haemosporidia in the Afrotropical regions. In the face of global envi-
ronmental change and large-scale disease emergence and spread, a substantial number of
studies, especially in biodiversity hotspots, are necessary to improve our understanding
of disease prevalence, diversity, and disease risk mapping. This large-scale study unrav-
els the avian haemosporidian parasite community and host specificity at an Afrotropical
biodiversity conservation region. Notwithstanding the significant role of the environment,
we test the hypothesis that biodiverse regions are associated with highly diverse parasite
communities. In other words, a conservation region with a high variety of potential hosts
will present opportunities for a diverse parasite community. We also examined the rela-
tionship between host specificity and parasite prevalence, and test the hypothesis that host
specificity, parasite prevalence, and diversity are correlated.

2. Materials and Methods
2.1. Study Area

Birds were sampled from nine sites in an Afrotropical lowveld conservation area
within the greater Kruger region in South Africa. The sampling was conducted in Kruger
National Park (Skukuza, Satara, Phalaborwa, Shangoni, and Shingwedzi) and the surround-
ing settlement areas (Acornhoek, Hazyview, Mkhuhlu, and Malelane). Sampling sizes
and sampling events differed between sites and seasons where certain sites were sampled
only once whilst other sites were sampled repeatedly due to ease of access and availability.
More than 500 bird (both resident and migrant) species were recorded in this region [27].
This biodiversity rich region is approximately 19,600 km? in size; consists of three overlap-
ping ecoregions of the world (Drakensberg montane grasslands, woodlands and forests,
Southern Africa bushveld, and Zambezian and Mopane woodlands [28]; and experiences a
subtropical climate (K&ppen climate classification: BSh (Climate: arid; Precipitation: steppe;
Temperature: hot arid)) characterised by hot wet summers (average temperature of 26.4 °C)
and mild frost free dry winters (average temperature 17.8 °C). The rainy season is from
September to May, with a rainfall gradient which decreases from the southern (750 mm per
annum) to the northern parts of Kruger National Park (350 mm per annum).

2.2. Sampling Design and Protocol

Fieldwork was performed during the dry and wet seasons from April 2015 to Novem-
ber 2017. Five sampling sites were located within Kruger National Park and another four
sampling sites outside the park were selected (Figure 1). Because of the nature of the park
(a Big five area with security and poaching problems) and the frequent civil unrest among
communities outside the park, birds were sampled opportunistically or as the sampling
permits allowed and when the opportunity to visit the sites was presented. As such, certain
sites were sampled only once during the three-year sampling period (Acornhoek and
Malelane—2017 wet and dry) and for one single season (Hazyview—2016 wet season;
Shangoni—2015 dry season; Phalaborwa—2016 dry season and 2017 wet season) whilst
others were sampled for more than one year and multiple seasons were covered. Skukuza
was sampled throughout the three years and during both wet and dry seasons. Satara and
Shingwedzi were sampled during the wet and dry seasons of 2016 and 2017.

Live birds were sampled using birdcall lure baited mist-nets [29]. Standard mor-
phometric measurements were taken from all captured birds (tarsus; head and culmen
lengths; body mass; state of moult). Blood samples were obtained by venepuncture of the
brachial vein on the right wing using a sterile 25 G needle, with blood drawn into a 75 pL
micro-haematocrit capillary tube. A drop of blood was added in a vial with lysis buffer for
DNA extractions and molecular detection screening. Sampled birds were released at the
capture site immediately after processing.
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Figure 1. Geographic location of sampling sites inside and outside Kruger National Park.

2.3. Parasite Screening

To determine whether the birds harboured any avian haemosporidian parasites (gen-
era: Haemoproteus, Plasmodium, and Leucocytozoon), genomic DNA was extracted from blood
samples using the commercial DNeasy Blood and Tissue extraction kit (Qiagen, Valencia,
CA, USA) and Invisorb Spin Blood mini kit (Stratec molecular, Berlin, Germany). Extracted
DNA was quantified using the NanoDrop 2000 Spectrophotometer (Thermo Fisher Sci-
entific, Wilmington, DE 19810 USA running the NanoDrop 2000 operating software) and
then diluted to a working concentration of approximately 25 ng/uL using a TE buffer.
Samples with lower DNA concentrations were not diluted. Thereafter, DNA samples
were screened for haemosporidian parasites using the nested PCR protocol described by
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Hellgren et al. [30]. A 479 bp fragment of the parasite’s cytochrome b gene was amplified.
Primer set HaemNFI and HaemNR3 were used in the first PCR to amplify the DNA of all
three genera: Plasmodium, Haemoproteus, and Leucocytozoon. In the second PCR, we used
the product of the first PCR with primer set HaemF and HaemR2 to amplify Plasmodium
and Haemoproteus, and primer set HaemFL and HaemR2L for Leucocytozoon. A positive
control (DNA template from the bird infected with Haemoproteus / Plasmodium and Leuco-
cytozoon) and a negative control (distilled water) were included for every 24 samples in a
96-well plate. PCR products (1.5 pL) were checked in a 2% agarose gel stained with GelRed
(Biotium, Fremont, CA, USA) using the Mupid-One electrophoresis system (Mupid Co.,
Ltd., Tokyo, Japan) at 50 V for 45 min and observed under UV light for bands, looking for
bands of the appropriate size (479 bp). The PCR run was validated if all positive controls
showed positive amplification, and the negative controls showed no amplification within
the 96-well plate. Samples were run twice to confirm the results and exclude instances of
false positivity or negativity. All positive PCR products were sent to Macrogen (Macrogen
Inc., Amsterdam, The Netherlands) for purification and forward sequencing. Suspected
new lineages were subjected to a second nested PCR protocol and sent to Macrogen for
reverse sequencing to obtain the full length of the sequence.

2.4. Parasite Prevalence and Diversity

All statistical analyses were conducted using R version 4.0.1 [31] on its integrated
development environment R Studio version 1.3.959 [32]. Infection prevalence was calcu-
lated as the proportion of infected individuals of each host species, determined per site as
well as per parasite genus. Host species diversity (Hy) and parasite lineage diversity (Hp)
of the parasite lineages infecting each host species were both calculated using Shannon’s
diversity index [33] as implemented in the R package vegan version 2.6 [34]. Data were
tested for normality and a Pearson correlation coefficient was used to measure the linear
association between the host (bird) and parasite diversity indices. A rarefaction analysis
was also carried out to evaluate the completeness of our sample diversity.

2.5. Phylogenetic Analyses

Sequences obtained from Macrogen were individually checked, edited, and aligned
manually using BioEdit version 7.0.5.2 [35]. The resulting sequences were individually
entered in the GenBank [36] and MalAvi (accessed on 26 February 2020 [37]) databases
for search and identification purposes using BLAST (Basic Local Alignment Search Tool
version 2.7.1 [38]). Newly identified lineages were assigned new lineage names following
the MalAvi standardized nomenclature [37] whilst sequences that were a 100% match to
a lineage in the databases were assigned the corresponding MalAvi lineage name. All
unique parasite lineages were subjected to phylogenetic analyses. Newly recovered parasite
lineages were deposited in the GenBank database (accession numbers MW546939-94) and
submitted to the MalAvi database.

A phylogenetic analysis was carried out to determine the evolutionary relationships
between all the unique parasite lineages detected in this study using the Maximum Likeli-
hood method [39]. A full phylogenetic tree was also drawn. The General Time Reversible
with 5 gamma distributions (GTR + G) model was determined as the best substitution
model suitable for phylogenetic reconstruction by the model function in MEGA X [40],
with the lowest Bayesian Information Criteria (BIC) score. The analysis made use of
1000 bootstrap replications to generate bootstrap values.

2.6. Host Specificity

The host specificity index (Stp-) described by [7] was used to determine the host
specificity of the haemosporidian lineages identified in this study. The program Taxo-
Biodiv2 (http:/ /www.otago.ac.nz/parasitegroup/downloads.html, accessed on 20 April
2023) was used. The index measured the average taxonomic distinctness of all host species
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infected by a parasite species, weighted by the prevalence of the parasite in these different
hosts, and is calculated as follows:

Srpr — Y icjwij(pipj)
22i<j(pipj)

where the summations are above theset (i=1,...,5;j=1,...,5,such thati <jand s is the
number of host species used by the parasite), wj; is the taxonomic distinctness between the
host species i and j, and p; and p; are the prevalence of the parasite in the host species i
and j, respectively [7]. In this study, the lineages that infected only one bird species were
excluded from the analysis and were assigned an Stp+ value of 1 as suggested by [7]. The
lower values indicate parasite lineages that infect closely related hosts, while the higher
values indicate parasite lineages that infect a wide range of host species.

For the host specificity index, only the lineages that infected two or more bird species
were used; those detected only once were excluded since they do not provide information
on the range of hosts. The construction of lineage networks for each parasite genus was
performed using the medium joining network method, to test if a group of lineages or
cluster of lineages were specific to certain avian families.

3. Results
3.1. Host and Parasite Diversity

A total of 1035 birds belonging to 55 species, 46 genera, 33 families, and 12 orders were
sampled, of which 294 individuals (28.41%) were infected with at least one parasite genus
including coinfections (Supplementary Table S1). The observed rarefaction curve indicated
that our sampled bird numbers and diversity (except for Wire-tailed Swallow, Hirundo
smithii) were indeed sufficient for the haemosporadian parasites detected (Figure 2).
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Haemosporidian parasite diversity

— Pemslsims==n =
1
0
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Number of sampling units (Individuals)
Buphagus erythrorhynchus Hirundo rustica Passer diffusus Pycnonotus tricolor Tockus erythrorhynchus
Creatophora cinerea Hirundo smithii Passer domesticus Quelea quelea Tockus leucomelas
=@-| Crithagra mozambica Lamprotornis chalybaeus Ploceus cucullatus Spilopelia senegalensis
Dicrurus adsimilis Lamprotornis nitens Ploceus intermedius Streptopelia decipiens
= Rarefaction ==+ Extrapolation

Figure 2. Rarefaction and extrapolation curves of the sampled birds against the haemosporidian
parasite diversity.
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The prevalence of Haemoproteus was 17.39% (n = 180 birds), Leucocytozoon was 9.28%
(n =96 birds), and Plasmodium infection was 4.64% (n = 48 birds, Table 1). Of the 294 in-
fected birds, 180 were infected with Haemoproteus (61.22%), 48 with Plasmodium (16.32%),
and 96 with Leucocytozoon (32.65%). Considering the bird species with sample sizes >
30 birds, the highest infection prevalence for any parasite was in the Southern grey-headed
Sparrows (Passer diffusus) and the Village Weaver (Ploceus cucullatus) at 65% and 55%,
respectively. Whereas the lowest infection prevalence for any parasite was in the Red-billed
Quelea (Quelea quelea) and Southern yellow-billed Hornbill (Tockus leucomelas) at 2% and
3%, respectively. Fifteen out of fifty-five bird species did not present any form of avian
haemosporidian infection (Supplementary Table S1).

Table 1. Summary of infections per parasite genus in the lowveld region of South Africa.

Haemoproteus Plasmodium  Leucocytozoon Total
No of infections detected 180 48 96 294
Prevalence (%) 17.39 4.64 9.28 28.41
Number of lineages 45 26 29 100
New identified Lineages 23 16 17 56
Existing MalAvi Lineages 22 10 12 44

One hundred distinct avian haemosporadian parasite lineages were detected for which
56 were new while 44 were already in the MalAvi database (Table 1). The most prevalent
lineage was RS4 (Leucocytozoon sp.) and it infected the highest number of birds (1 = 28
individuals, from six different bird species).

Coinfection (defined as infections with two or more different parasites, [37]), was
recorded in 28 individual birds from 15 species (12 families, namely: Columbidae, n = 7;
Passeridae, nn = 4; Pycnonotidae, n = 4; Fringillidae, n = 3; Ploceidae, n = 3; Buphagidae,
n =1; Lybiidae, n = 1; Monarchidae, n = 1; Muscicapidae, n = 1; Paridae, n = 1; Phasianidae,
n = 1; and Sturnidae, n = 1). They comprised 18 Haemoproteus + Leucocytozoon and four
Plasmodium + Leucocytozoon infection combinations. The infections by Haemoproteus and
Plasmodium could not be resolved. Six cases of infections by two different lineages of
Leucocytozoon were also recorded. Another case of multiple infections by three parasite
lineages was also observed in a Laughing Dove (Spilopelia senegalensis) which comprised
one Haemoproteus lineage and two Leucytozoon lineages.

The calculated bird species diversity index among sites ranged from 1.13 to 2.51.
Whereas the bird species richness varied between four and thirty-six (Table 2). In compari-
son, parasite lineage diversity indices per site ranged between 0 and 3.28. While parasite
lineage richness was found to be between one and forty-six (Table 2). Overall, bird species
diversity was positively correlated with parasite lineage diversity (y = 2.028x — 1.805,
r=0.866, F = 21.059, p = 0.0025, Figure 3).

Table 2. A comparison of bird and parasite lineage species richness (Sg and Sp) and diversity indices
(Hy an Hp) calculated for each sampling site (inside vs. outside Kruger National Park).

Host Species  Parasite Lineage

Location Sampling Sites Coordinates Sy Hy Sp Hp
Outside Kruger 31.041156°

National Park Acornhoek —24.587340° 10 1s 13 246
. 31.185619°

Hazyview —95.032365° 4 1.13 1 0

31.574146°

Malelane —25.467964° 11 1.73 7 191
31.241542°

Mkhuhlu —24.995130° 15 213 22 2.72

10
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Table 2. Cont.

Host Species ~ Parasite Lineage

Location Sampling Sites Coordinates Su Hyg Sp Hp
Inside Kruger 31.169120°
National Park Phalaborwa —93.937940° 16 2.51 14 2.56
31.774039°
Satara —24.397730° 19 2.08 21 2.77
. 30.975002°
Shangoni —93.239999° 7 1.89 4 1.39
. . 31.425900°
Shingwedzi —93.113545° 11 1.82 14 2.34
31.603911°
Skukuza 24.996356° 36 2.46 46 3.28
Skukuza @
3 -
Satara @ Mkhuhlu
o
Phalaborwa @
@ Acornhoek
5 . .
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©
£
2 =
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&
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Figure 3. Relationship between bird diversity and parasite lineage diversity indices across the nine
sampling sites inside and adjacent to Kruger National Park. Fitted linear regression: y = 2.028x —
1.805; r = 0.866; F = 21.059; p = 0.0025.

Four Haemoproteus lineages (AFR041, AFR076, CRECRIO1 and SPISEN02) infected the
most individuals whilst three Leucocytozoon lineages (REB7, RS54, and SPISEN06) and one
Plasmodium lineage (TOCERY01) were also common (Table S1). The birds infected with the
highest number of parasite lineages were the Village Weavers (19 lineages), Greater blue-
eared Starlings (Lamprotornis chalybaeus; 12 lineages), and Southern grey-headed Sparrows
(12 lineages). All three are resident species.

11
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3.2. Phylogenetic Relationships

The individual parasite genus phylogenetic trees are provided separately (in sub-trees)
for better visibility of the relationship between the lineages (Figures 4-6). The Plasmodium
phylogenetic tree formed five clusters, with the largest cluster comprising eight lineages
(Figure 4). The smallest cluster contained only two parasite lineages. The lineage PELSEP04,
a novel parasite lineage detected from a Crested Francolin (Peliperdix sephaena), was unique
and differed by 24 bp from its most closely related lineage in the MalAvi and Genbank
databases, with a 95% similarity to the lineage TURPELO5 (GenBank accession number:
MG018674.1).

Plasmodium sp. PLOCUCT1 (MW546974)
% MALNIO2 (EUB10645)

P im sp. PLOCUC10 (MW546973)

Plasmodium sp. PYCTRIOT (MW546979)
Plasmodium parahexamerium ALDI1 (FJ389155.1)
P ium sp. PELSEP04 (MW546968)

Plasmodium homopolare BAEBIC02 (AF465555.1)
Plasmodium sp. PELSEPO1 (MW546994)
98 | Plasmodium sp. PELSEP02 (MW546366)
Plasmodium sp. PLOCUC12 (MW546975)
73 ’_r Plasmodium sp. CRECINOT (MW546945)

73

RTSR1 (AF495568)
Pi; dium sp. LAMCHAO4 (MWE46956)
Plasmodium sp. PASDIFO4 (MW546962)
75 Plasmodium sp. LAMCHAQZ2 (MW546954)
Plasmodium sp. LAMCHAOS (MW546957)
LUME1 (DQ368383)

95
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|— Plasmodium lutzi DIGLAFOT (KF537276.1)
Pi fum matutinum LINNT (DQ847270.1)

2 MELMELO6 (KT193637)

WW3 (AF495577)
98 | _ Plasmodium sp. CRIMOZ03 (MW546948)
&5 L AEMOOT (FJ355919)
Plasmodium sp. TOCLEU0T (MW546987)

Plasmodium sp. PLOCUCO8 (MW546971)
Plasmodium sp. PLOCUC13 (MW546976)

Plasmodium relictum GRW4 (AF254975.1)

LINOLIOT (DQ659554)
89 | RBQ22 (EF117208)
Plasmodium relictum SGS1 (AF495571.1)
L COLL7 (DQ368376)

Leucocytozoon buteonis BUTREGOT (HF543630.1)
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Figure 4. Phylogenetic relationship between Plasmodium parasite lineages (479 bp mitochondrial
cytochrome b) detected inside and adjacent to Kruger National Park, as determined by the Maximum
Likelihood (ML) method. ML bootstrap values >50% are indicated next to the branch nodes. The
closest described species match from the NCBI BLAST search, for each cluster, is included in the tree.
GenBank accession numbers are included in brackets.

The Leucocytozoon tree identified three clusters, including the largest cluster (with
22 parasite lineages) and two small clusters with two and three lineages (Figure 5). All
22 lineages in the largest cluster showed between 96 and 99% similarity to Leucocytozoon
gentili. Similar to lineage PELSEP04 (Plasmodium sp.) described above, lineage PELSEP03
(Leucocytozoon sp.) was unique, and it was also found in the same individual. PELSEP03
was 95% similar to Leucocytozoon schoutedeni, which was previously recovered and de-
scribed in chickens (lineages GALLUS06 and GALLUS07; accession numbers DQ676823
and DQ676824, respectively). Both lineages PELSEP03 and PELSEP04 were newly identi-
fied lineages in this study and were a coinfection case in the same bird and the first record in
this species. Perhaps this is indicative of some level of specialisation of these two lineages.
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Leucocytozoon sp. PYCTRIO4 (MW546982)
AFR223 (KM056537)

Leucocytozoon sp. TYCQUAOT (MW546992)
REB7 (DQ847218)

AFR173 (KM056491)

Leucocytozoon sp. PASDIF03 (MW546961)

AFR164 (KM056483)

RS4 (DQ847231)

Leucocytozoon sp. PLOCUCO06 (MW546969)
Leucocytozoon sp. PASDIF02 (MW546960)

RECOB3 (DQ847221)

AFR161 (KM056480)

PYCBARO03 (MG018664)

SYBOR6 (DQ847237)

Leucocytozoon sp. SPISEN0S (MW546984)
EUPHORO02 (KT376947)

WCH?2 (DQ847240)
L—— Leucocytozoon sp. PYCTRIO2 (MW546980)
Leucocytozoon sp. PYCTRIO3 (MW546981)

L /t sp. TYCQUAO2 (MW546993)

Leucocytozoon sp. TURJARO2 (MW546988)

Leucocytozoon sp. ANARUB02 (MW546939)

_94|:Leucocytozoon sp. TURJARO3 (MW546989)
Leucocytozoon sp. TURJARO4 (MW546990)

p Leucocytozoon sp. TURJAROS (MW546991)
_'— Leucocytozoon sp. BUPERY01 (MW546943)

Leucocytozoon sp. PELSEP03 (MW546967)

—{: Leucocytozoon sp. SPISEN04 (MW546983)
87 CIAE02 (EF607287)

0.050

AF069609.1 Plasmodium falciparum

Figure 5. Phylogenetic relationship of Leucocytozoon parasite lineages (479 bp mitochondrial cy-

tochrome b lineages) detected inside and adjacent to Kruger National Park, as determined by
Maximum Likelihood (ML) method. ML bootstrap values >50% are indicated next to the branch
nodes. GenBank accession numbers are included in brackets.

The Haemoproteus tree identified seven clusters with the largest clusters comprising

seven parasite lineages each (Figure 6). Twelve lineages did not cluster, of which six of those
new lineages were detected for the first time in this study. Six previously reported lineages
did not fall within the identified clusters and stood on their own. The Haemoproteus lineages
appeared to be more diverse and less related than the Plasmodium and Leucocytozoon lineages.
Most of the newly identified Haemoproteus lineages fell within the identified clusters. The
lineage BUTVERO1 (Haemoproteus sp.) was 96% similar to the lineage CATAURO1 in the
MalAvi and GenBank databases (GenBank accession number MF953291), was described as
Haemoproteus catharti, and was found in a Water thick-knee (Burhinus vermiculatus).

A comparison of the parasite lineages with closely described species in the Genbank

and MalAvi databases revealed varying levels of diversity. The largest Plasmodium cluster
grouped parasite lineages were unknown (unclassified). The second largest cluster aligned
with Plasmodium relictum (96% to 100% similarity). Plasmodium parahexamerium and Plasmod-
ium homopolare had similarity percentages ranging between 95% and 97% with the lineages
PELSEPO1, PELSEP02, and PELSEP04. Plasmodium lutzi and Plasmodium matutinum aligned
with CRIMOZ03 with 97% and 98% similarity, respectively.

The Leucocytozoon lineages recorded in this study mainly represented two known Leu-

cocytozoon species: Leucocytozoon gentili (22 lineages) and Leucocytozoon californicus (MalAvi
ID FASPAQ2; three lineages). The Haemoproteus clusters were common and the most diverse
represented the following species Haemoproteus homobelopolskyi, Haemoproteus homominutus,
Haemoproteus homopalloris, Haemoproteus homopicae, Haemoproteus lanii, Haemoproteus pallidus,
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Haemoproteus paranucleophilus, Haemoproteus pastoris, Haemoproteus sacharovi, Haemoproteus

sanguinis, and Parahaemoproteus passeris.
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Figure 6. Phylogenetic relationship of Haemoproteus parasite lineages (479 bp mitochondrial cy-
tochrome b lineages) detected inside and adjacent to Kruger National Park, as determined by the
Maximum Likelihood (ML) method. ML bootstrap values (>50%) from 1000 replications are indicated
next to the branch nodes. The closest described species match from the NCBI BLAST search for each
cluster is shown. GenBank accession numbers are included in brackets.
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3.3. Host Specificity

The eight Haemoproteus, six Plasmodium, and four Leucocytozoon lineages infected at
least two host species. The calculated Stp+ values for all three parasite genera ranged
between one and four and indicated the marked variation in host specificity. The parasite
lineage that infected the highest number (1 = 6) of bird species was RS4 (Leucocytozoon
sp.; Table 3). For Plasmodium, three out of six lineages (RTSR1, SYBOR10, and TOCERY01)
had an S7p+ value larger than three, suggesting that there were generalists. The lineage
RBQ22 from Plasmodium, with an Stp+ value of three was also identified as a generalist,
which was recorded in the Lesser striped Swallow (Cecropis abyssinica) and the Village
Weaver (Ploceus cucullatus) who belong to the superfamilies Sylvioidea and Passeroidea,
respectively. For Haemoproteus, most of the lineages were recorded as specialists. It was,
however, noted that the lineages SPISEN02 and AFR173 (Haemoproteus sp.) had the highest
Stp~ values of four and three, respectively, and infected two unrelated species, indicative
of a generalist lineage. For Leucocytozoon, two of the lineages (PASDIF03 and LAMCHAO04)
were generalists and the other two (REB7 and RS4) were specialists. In general, when
considering only the lineages that infected two or more hosts in this study, Plasmodium and
Leucocytozoon recorded the average Stp+ values of 2.44 and 2.48, respectively, and were
identified as generalists, whilst Haemoproteus had an average index of 1.76 indicating that
the lineages found were specialists.

Table 3. Number of hosts infected by each parasite lineage and their corresponding specificity index
(Stp+). Only lineages that infected more than one host are presented.

Genus Lineage Host Infected Stp* Host Specificity
AFR041 2 1 Specialist
AFR076 2 1 Specialist
AFR084 2 2 Specialist
Haemoproteus PAMELO1 3 1.98 Specialist
SPISEN02 2 4 Generalist
VILWE2 4 1.32 Specialist
VIMWE1 3 1 Specialist
AFR173 2 3 Generalist
PASDIF03 2 1 Specialist
Leucocytozoon REB7 4 3 Generalist
RS4 6 2.90 Generalist
LAMCHAO4 2 1 Specialist
LAMCHAO5 2 1 Specialist
MALNIO02 2 1 Specialist
. RBQ22 2 3 Generalist
Plasmodium RTSR1 3 3.98 Generalist
SYBOR10 4 3.73 Generalist
TOCERY01 3 3.37 Generalist

Haplotypes were specific to avian families.

4. Discussion

Although studies on parasite-host interactions have greatly improved our understand-
ing of the co-evolutionary relationship between a parasite and its host, a lot remains to be
deciphered. Variations in the host specificity of parasite species (i.e., the diversity of the
host species a parasite infects, ranging from specialist to generalist parasites) have shown
to markedly differ from one region to another, driven by both the host’s traits and envi-
ronmental factors (i.e., biomes and geographical barriers; [41]). In this study, we examined
parasite prevalence, diversity, and host specificity in a community of avian haemosporidian
parasites and explained these in relation to avian host diversity and sampling localities.
Our findings, even though some samples were collected seven years ago, revealed a total
avian haemosporidian infection prevalence of 28.41% which varied between parasite gen-
era. There was also a relatively high degree of diversity in bird host species and parasite
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lineages, as well as a varying degree of host specificity among parasite lineages. Previous
studies in other Afrotropical regions reported a higher avian haemosporidian infection
prevalence than observed in this study, and a high level of parasite lineage diversity [20,42].
The authors in Illera et al. [43] also suggested that host richness might explain the variations
in parasite prevalence and richness. In their study, Plasmodium prevalence and richness
showed a negative correlation with host richness, whereas Haemoproteus and Leucocytozoon
were positively correlated with host richness. The observed prevalence in this study could
be explained by the dilution effect hypothesis [44—47]. This hypothesis posits that diverse
ecosystems will limit disease transmission and spread, thus leading to a low disease preva-
lence [44]. In essence, it is in the interest of global public health to conserve biodiversity
since rich and diverse communities will dilute the effect of parasites by lowering the risk
of disease and reducing the rates of pathogen transmission. Hence, Civitello et al. [48]
stressed that human-induced biodiversity loss would increase wildlife disease prevalence.
Conversely, it is worth noting that a positive relationship (an amplification effect) between
pathogen prevalence and biodiversity may occur [49]. The authors in Roiz et al. [50] for
example, recorded a higher prevalence of the Usutu virus in areas with richer avian commu-
nities. This study did not exhaust all other elements, specifically assessing factors driving
dilution, but perhaps it should be a topic to explore in another study.

Despite the relatively low prevalence recorded in this study compared to other
Afrotropical regions, a high parasite lineage diversity was recorded here, corroborating
previous findings and predictions from the region and globally [23,51-53]. The authors
in Chaisi et al. [51] recorded an overall parasite prevalence of 68.82% in the Afrotropi-
cal terrestrial birds from 93 samples collected in South Africa (n = 76) and West Africa
(N =17), whilst Lutz et al. [20] recorded 79.1% from 532 birds sampled in Malawi. They also
recorded an exceptionally high parasite diversity with 248 parasite cytochrome b lineages
identified from 152 host species. The authors in Outlaw et al. [52], on the other hand,
demonstrated that avian haemosporidian parasites exhibit a similar pattern of diversity
to their hosts and suggested that parasites should be the most diverse in regions with
the greatest proportions of endemic host species. Our study area was conducted in an
Important Bird and Biodiversity Area (IBA), and, with the exception of four migrant bird
species (Violet-backed Starling Cinnyricinclus leucogaster, Barn Swallow Hirundo rustica,
Red-backed Shrike Lanius collurio, and the African Paradise Flycatcher Terpsiphone viridis),
all other birds sampled during this study are endemic to the region, suggesting a link be-
tween host endemicity and the high diversity of the parasite lineages recorded (100 unique
parasite lineages from 294 infected individuals). This assertion is further confirmed by
the observed positive relationship between the bird and parasite diversity indices and
confirmed by Wardjomto et al. [54]. In line with these findings, where parasite diversity
is expected to increase with improved sampling, perhaps more bird samples and species
diversity would unravel an elevated infection prevalence and diversity. Our current sample
of the diversity (55 out of 490 species) represents approximately 11% of all bird species
in this region. Nevertheless, the contribution of this study is significant since new avian
haemosporidian lineages were found in 12 resident bird species, from the 55 bird species
that were sampled.

The parasite diversity observed in this study can also be attributed to the diversity of
the habitats, which sustain large populations of host species intertwined in a multitude of
ecological and co-evolutionary processes with the vectors—we will further explore this in
other studies. In essence, the ubiquitous nature of the Plasmodium vector (generally Culex
mosquito, [24]) and the endemicity of human malaria in the region suggest that the habitat
and environmental conditions are suitable for vector proliferation and disease prevalence.
The vectors of the Haemoproteus and Leucocytozoon parasites, which require a semi-moist to
arid habitat [24], may also find a suitable habitat in this Afrotropical region.

Most bird species sampled were infected by a single parasite lineage, indicating a
high degree of host specificity in the area. Host specificity, in this case, could explain the
low prevalence. The host-specific parasite lineage may infect a single or closely related
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species and thus affect their prevalence in the area, especially if the host distribution and
numbers are limited. The longitudinal and latitudinal variation in the host species in the
area is expected to limit the host distribution and therefore, affect parasite prevalence [55].
As observed here, sites inside Kruger National Park had a marginally higher infection
(prevalence = 30%) than those outside (prevalence = 23%) the park, supporting the asser-
tion that avian haemosporidian parasites are more prevalent in undisturbed areas than
disturbed areas [11]. Although, urban and arid environments may hinder the development
of competent vectors [11], thus keeping their prevalence relatively low in the region.

The host specificity index used in this study measured the average taxonomic distinc-
tiveness weighted by the prevalence of the parasite in different hosts [7] and considered
the haemoparasite species that infected two or more hosts for comparison purposes. This
index is such that the lineages infected by one parasite only are assigned a value of zero
or one or omitted altogether [7] with their host specificity classified as undetermined.
The value of Stp+ increases as the taxonomic distinctiveness between the high-prevalence
hosts increases, although the effect on Stp+ is greater with a more drastic change in the
taxonomic distance than with changes in prevalence. The average observed host specificity
index (Stp+) values of 2.44 and 2.48 for Plasmodium and Leucocytozoon, respectively, suggest
that these parasite genera were infecting birds that are distantly related (from different
families or different orders) whilst Haemoproteus was infecting more closely related bird
hosts (generally constrained to the family level). This finding is in line with those of [56] in
Madagascar where the Haemoproteus lineages were mainly host-specific and the Plasmodium
and Leucocytozoon lineages were generalist. The proximity of Madagascar to the mainland
of Southern Africa could explain this similarity. Although the Leucocytozoon lineages are
generally host specific [42], transitions from generalist to specialist and vice versa are
common [3,57]. These transitions are suspected to be an evolutionary strategy driven by
competition, climate change, and large-scale ecological perturbation [57,58]. By probing
only the Haemoproteus Lineage SPISEN02 identified as a generalist (with the highest host
specificity index of Stp+ = 4), it was observed that it was present in two distantly related
bird species (Red-headed Weaver: Anaplectes rubriceps and Laughing Dove) with equal
prevalence value of 10% thus driving the value of Stp+ up. Until now, this lineage had only
been detected in Laughing Doves (evidenced by the MalAvi database; [37]). It is therefore
possible that this lineage, although identified as a generalist, could be a host specific lin-
eage. However, more data are needed to confirm this assertion. The Leucocytozoon lineages
AFR173, RB7, and RS54 were found in birds of different orders and classes (i.e., highest
taxonomic distance), confirming that these were generalist infections.

For the existing parasite lineages with undetermined host specificity in this study,
the MalAvi database shed some light on their host specificity status. The lineage BUL2
(Haemoproteus sanguinis) was recorded infecting closely related bird species in the MalAvi
database (Willow Warbler Phylloscopus trochilus, Dark-capped Bulbul Pycnonotus tricolor,
White-spectacled Bulbul Pycnonotus xanthopygos, Malagasy Bulbul Hypsipetes madagascarien-
sis, and African red-eyed Bulbul Pycnonotus nigricans) mainly from the African continent
and predominantly infecting the Dark-capped Bulbul (Pycnonotus tricholor) observed in this
study. The lineage BUL2 could therefore be classified as host-specific, infecting closely re-
lated species [37]. The lineages CRECRI01, CRECINO1, and CRECINO2 are also host-specific
infecting only the Wattled Starling (Creatophora cinerea). In essence, except for SPISENO1
(infecting Passer domesticus and Streptopelia senegalensis), nearly all the Haemoproteus lin-
eages recorded in this study were host-specific. Similarly, except for the parasite lineages
recorded for the first time in this species, the existing Plasmodium lineages (AEMOO01,
COLL?7, LINOLIO1, MELMELO6, MALNIO02, RBQ22, RTSR1, and SYBOR10) appeared to be
generalists. Furthermore, except for the lineages recorded for the first time in this study, all
existing MalAvi Leucocytozoon lineages recorded in this study (AFR161, AFR164, AFR173,
EUPHORO02, PASDIF03, REB7, RECOB3, RS4, SYBOR06, and WCHZ2) also appeared to
be generalists.
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The relationship between the parasite lineages and infection patterns confirmed the
findings of the host specificity pattern of the lineages recovered in this study, although
exceptions were observed. The parasite lineages from the largest cluster of the Haemopro-
teus genus were found to be infecting other bird species in the MalAvi database as well,
suggesting that parasite lineages from this cluster are generalists. A high level of parasite
lineage endemicity was observed among the parasite lineages recorded in this study. This
was evident in the high number of new parasite lineages recorded and the lack of described,
closely related, parasite species for a large number of the lineages recorded in this study
(26 lineages in total). Six parasite lineages (COLL?7, LINOLIO1, PLOCUCO08, PLOCUC13,
RBQ22, and TOCLEUO1) were closely related to Plasmodium relictum, the causal agent
of avian malaria responsible for the mortality and extinction of several Hawaiian bird
species [59]. It is, however, noted that the level of pathology may differ for closely related
parasite lineages and strains in different bird species [37]. Further studies may be necessary
to provide clarity on the extent of the effect of closely related parasite strains on avian hosts.

5. Conclusions

This study is the first large-scale study to molecularly describe avian haemosporidian
parasites in the Afrotropical conservation area around Kruger National Park in South Africa.
A low parasite prevalence was observed in this study, but a high parasite diversity and a
large number of new parasite lineages were identified which will contribute to enriching
the existing avian malaria and associated haemosporidian parasites database (MalAvi). The
Haemoproteus lineages were generally specialist whilst the Plasmodium and Leucocytozoon
lineages were generalist, resulting in a marked phylogenetic structure. The observed
positive relationship between avian host diversity and parasite diversity is indicative of
an amplification effect. These findings provide the opportunity to test new hypotheses to
improve our understanding of host—parasite co-evolution, the drivers of parasite infection,
the prevalence and diversity of parasites in a fairly natural setting, as well as the factors
that lead to host specialisation and generalisation.

Supplementary Materials: The following supporting information can be downloaded at: https://
www.mdpi.com/article/10.3390/ani14192906/s1, Table S1: summary of all birds sampled, as well as
the prevalence and corresponding parasite lineages recorded in each infected bird host. Title headings:
n = sample size; H = Haemoproteus spp.; P = Plasmodium spp.; and L = Leucocytozoon. The bold lineages
indicate new lineages. The numbers in the grey column indicate the sample sizes of the bird(s) infected
by a lineage for that species.
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Simple Summary: Fleas are blood-sucking insects that are not only a nuisance but can also act
as vectors for various diseases in animals and humans, including dangerous ailments such as the
bubonic plague. Identifying and classifying these insects accurately is crucial for understanding how
they spread and how to control them. Geometric morphometrics, a cutting-edge technique, is proving
to be an invaluable tool in this regard, alongside traditional methods and molecular biology. In the
present study conducted in Andalusia, Spain, this technique successfully differentiated between
three populations of fleas, providing insights into their distribution, size, and characteristics. Image
processing software was employed to obtain measurements, such as perimeters and areas, of the fleas
under study. These findings underscore the importance of geometric morphometrics in studying
and managing arthropod populations, particularly in cases where other methods fall short or are
not available.

Abstract: Fleas (Siphonaptera) are ectoparasitic hematophagous insects responsible for causing bites
and itchy skin conditions in both humans and animals. Furthermore, they can act as vectors of
different pathogens of a wide variety of diseases worldwide, including bartonellosis, rickettsiosis,
and bubonic plague. Accurate identification of fleas is necessary for the study of their epidemiology,
prevention, and control. In addition to traditional morphological classification approaches and
molecular biology techniques, geometric morphometrics is increasingly proving to be a useful
complementary tool for discriminating between Siphonaptera taxa. With the objective of determining
the capacity of this technique to identify and differentiate synanthropic fleas, a principal component
analysis was carried out on populations of Ctenocephalides felis, Pulex irritans, and Archaeopsylla erinacei
collected in distinct regions of Andalusia (Spain). The analysis carried out on 81 male and female
specimens revealed factorial maps that allowed the differentiation of the populations under study,
with only partial overlaps that did not prevent their correct identification. Global size differences
were also detected, with a slightly larger size in P. irritans males and a bigger size in A. erinacei
females. Therefore, the present study emphasizes the role of geometric morphometrics as a useful
complementary technique in taxonomic studies of arthropods, especially in the case of flea specimens
lacking representative morphological features.

Keywords: Siphonaptera; Ctenocephalides; Pulex; Archaeopsylla; morphometrics

1. Introduction

Fleas (Siphonaptera) comprise a highly specialized order of holometabolous ectopara-
sitic insects with a cosmopolitan distribution and about 2700 species described so far [1]. In
addition to being able to provoke bites and pruritic welts on the skin, these arthropods are
also known to be vectors of different pathogens, responsible for causing a wide variety of
diseases worldwide, including bartonellosis, rickettsiosis, and bubonic plague [2-9]. This
is due to the nature of some flea species, which present a low host specificity that facilitates
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the exchanging of microorganisms, posing a potential threat to the health of both humans
and animals [10-12].

The prevention and control of fleas require a large investment of money per year,
which represents a significant economic burden [13]. It is crucial to enhance our knowledge
about the taxonomy of fleas to develop effective strategies to reduce flea infestations and
their negative impact on our environment.

Recently, in addition to the traditional morphological identification and molecular
biology approaches, geometric morphometrics has proven to be a useful complementary
technique for discriminating taxa across different groups [14-16]. One of the main features
of geometric morphometrics is that it is especially helpful in cases of taxa that present
morphological ambiguity [15], a situation relatively common in fleas [17-19]. This scenario
invited the exploration of the affordable criterion offered by geometric morphometrics in
systematic studies on flea genera, with promising results in Ctenocephalides Stiles & Collins,
1930 [20,21], Ctenophthalmus Kolenati, 1856 [22], Pulex Linnaeus, 1758 [23], and Stenoponia
Jordan & Rothschild, 1911 [24].

In Europe, there is evidence of an escalating frequency of vector-borne diseases and
heightened pathogen circulation, primarily influenced by human-related factors [25]. One
region remarkably affected by arthropod-borne diseases is Andalusia, situated in the
southern of Spain, where the West Nile Virus circulation is more widespread than initially
considered [26], and outbreaks have been reported in recent years [27].

Furthermore, the incidence of murine typhus, a zoonosis caused by Rickettsia typhi
da Rocha Lima, 1916 transmitted to humans by fleas, seems to be increasing slowly in
Andalusia [28], an aspect that reveals the ability of some flea species present in the region
to transmit pathogenic bacteria. Hence, it is essential to resort to techniques that allow us
to safely discern between taxa.

The cat flea, Ctenocephalides felis Bouché, 1835, succeeded in its expansion as a global
parasite, and it is one of the most common flea species identified in domestic dogs and
cats worldwide [11,19]. In Southwestern Europe, C. felis is the dominant species, although,
in Eastern Europe, the infestation by Ctenocephalides canis Curtis, 1826 and Pulex irritans
Linnaeus, 1758 also occurs [19,29-31].

On the other hand, hedgehogs inhabit rural, urban, and suburban environments, and
they are frequently parasitized by blood-sucking arthropods, such as hard ticks and fleas,
including the hedgehog flea, Archaeopsylla erinacei Bouché, 1835, and other flea species such
as C. felis, C. canis, and Nosopsyllus fasciatus Bosc, 1800 [32-35]. Since they usually cohabit
with pets and humans, they can potentially act as reservoirs of pathogen microorganisms
responsible for zoonoses [12].

The main objective of the present study was to determine the capacity of geometric
morphometric analysis to identify and discriminate fleas from populations of C. felis,
P. irritans, and A. erinacei collected in Andalusia, in order to strengthen its role as a useful
complementary technique in arthropod taxonomical studies.

2. Materials and Methods
2.1. Collection of Samples

Opver a period of 19 months, we collected flea samples from dogs (Canis lupus familiaris
Linnaeus, 1758) and one hedgehog (Erinaceus europaeus Linnaeus, 1758) that coexisted with
other dogs.

To gather flea samples from the hosts, we reached out to some veterinary clinics,
veterinary hospitals, pet shelters, and some pet owners. In total, we contacted 145 veterinary
clinics and 30 pet shelters and kennels. Among these, 18 centers agreed to participate
in the sample collection (see Acknowledgements). All participants volunteered for this
sampling process. Only animals parasitized by fleas were sampled. Veterinary practitioners
performed an initial inspection of pets brought to their facilities. Each pet was checked for
fleas and examined by a veterinarian who recorded clinical signs related to flea infestation.
Adult flea counts were conducted according to the World Association for the Advancement
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of Veterinary Parasitology guidelines [36]. In brief, the animals were combed over their
entire bodies with a fine-toothed comb for 5-10 min.

All captured fleas from each infested host were transferred to a plastic 1.5 mL tube
containing 96% ethanol for subsequent identification and morphometrics analyses.

2.2. Morphological Identification and Metric Data Processing

For morphological analysis, all specimens were initially examined under an optical
microscope for specific classification. Following this, the specimens were cleared using
10% KOH, prepared, and mounted on glass slides following conventional procedures with
the EUKITT mounting medium (O. Kindler GmbH & Co., Freiburg, Germany) [37]. The
cleared and mounted specimens were examined again for a more detailed morphological
analysis using a BX61 microscope (Olympus, Tokyo, Japan) and submitted to image capture
processes with the imaging software cellSens Standard version 4.2 (Olympus, Tokyo, Japan).
The diagnostic morphological characters of all samples were analyzed by comparison with
figures, keys, and descriptions reported previously [38—42]. The measurement images of
each flea were made using the image analysis software Image-PRO v11 (Media Cybernetics,
Rockville, MD, USA). A total of 28 different parameters were measured for males and
36 for females (Tables 1 and 2).

Table 1. Biometrical data of males of C. felis, P. irritans, and A. erinacei collected from Canis lupus
familiaris and Erinaceus europaeus from Andalucia (Spain).

C. felis P. irritans A. erinacei

MAX MIN Mean SD vC MAX MIN Mean SD vC MAX MIN Mean SD vC
Global measures
Area (mm?) t 1058.4 659.3 8473 1234 15 1379.8 688.6 1009.6 276 27 1436.7 990.3 1225.5 153.3 13
Roundness t 2.41 2.02 2.20 0.11 5 2.06 1.88 1.95 0.08 4 248 2.09 2.32 0.14 6
Circularity + 0.36 0.30 0.33 0.02 5 0.5 0.42 0.46 0.03 6 0.43 0.35 0.38 0.02 6
Perimeter (um) 5642.4 42139 48285 4183 9 5676.4 41148 49254 649.5 13 6685.8 5424.4 5958 410.7 7
TL (um) 2084 1563.0 1777.7 138.3 8 2027.7 1312.2 1650.0 285.8 17 2094.5 1667.3 1877.9 158.5 8
TW (um) + 815.1 627.5 7221 526 7 1064.1 772.3 926.0 1209 13 989.4 810.1 890.0 56.4 6
Head measures
Area (um?) t 78,287 53,982 68,194 6318 9 100,673 74,318 83,921 9520 11 145,712 114,111 127,334 11,327 9
Roundness t 1.39 1.29 1.35 0.02 2 1.31 1.23 1.27 0.03 2 1.24 1.17 1.19 0.02 2
Circularity t 0.46 0.42 0.44 0.01 3 0.50 0.45 0.48 0.02 4 0.63 0.59 0.61 0.02 3
Perimeter (um) 1153 953.8 1072.6 49.8 5 1261.0 1071.6 11539 68.6 6 1502.9 1302.7 1379.8 64.0 5
HL (um) + 391.1 306.8 360 229 6 357.0 293.4 317.6 250 8 453.2 378.3 412.6 23.2 6
HW (um) 251.2 210.0 2284 121 5 263.0 228.3 2482 15.1 6 378.1 323.4 352.2 16.2 5
Prothorax measures
Area (um?) t 24,848 14,287 19,192 3395 18 20,140 9635 13,081 3712 28 33,268 18,711 28,802 4038 14
Roundness t 1.45 1.23 1.37 0.06 4 2.08 1.68 1.90 0.14 7 1.60 1.25 143 0.11 8
Circularity t 0.58 0.46 0.51 0.04 8 0.36 0.26 0.32 0.04 11 0.61 0.38 0.46 0.07 16
Perimeter (um) 665.5 478.9 570.2 503 9 651.1 466.6 550.1 60.4 11 778.0 594.9 715.2 53.0 7
PROTW (um) t 1204 82.0 100.8 11.0 11 83.5 46.1 60.1 12.8 21 151.0 88.6 120.7 16.6 14
Mesothorax
measures
Area (um?) t 31,142 14,043 22,358 4518 20 28,396 8581 18,186 7347 40 33,772 23,289 28,643 3716 13
Roundness t 1.64 1.33 1.46 0.08 6 2.05 1.65 1.81 0.19 10 1.92 1.40 1.72 0.19 11
Circularity + 0.57 0.42 0.48 0.04 8 0.43 0.29 0.37 0.05 15 0.55 0.37 0.42 0.05 13
Perimeter (um) 7239 512.8 634.1 633 10 764.6 467.7 624.0 1074 17 858.8 670.8 783.0 64.7 8
MESOW (um) 1 137.4 88.7 109.0 13.8 13 103.5 47.7 76.2 21.8 29 137.0 99.3 111.3 13.6 12
Metathorax
measures
Area (um?) t 37,152 20,305 28,528 5061 18 53,522 20,280 35569 12,210 34 48,486 33,659 38,673 4209 11
Roundness 1.57 1.28 1.46 0.07 5 1.64 1.38 1.53 0.10 7 1.81 147 1.60 0.10 7
Circularity + 0.57 0.39 0.44 0.04 10 0.47 0.42 0.44 0.02 5 0.42 0.34 0.39 0.02 6
Perimeter (um) 877.8 625.5 758.6 716 9 1024.4 667.7 857.8 1235 14 1023.2 883.7 922.7 419 5
METW (pum) + 142.8 102.3 1204 126 10 177.1 97.5 1314 304 23 157.1 109.7 134.2 139 10
AW (pum) 349 129 20.7 6.0 29 51.3 19.2 37.0 122 33 31.3 113 23.1 6.2 27

TL = total length, TW = total width, HL = total length of the head, HW = total width of the head, PROTW = total
width of the prothorax, MESOW = total width of the mesothorax, METW = total width of the metathorax, AW: apex
width, MAX = maximum, MIN = minimum, SD = standard deviation, Mean = arithmetic mean, VC = coefficient
of variation (percentage converted), T = significant differences between groups (p < 0.005).
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Table 2. Biometrical data of females of C. felis, P. irritans, and A. erinacei collected from Canis lupus

familiaris and Erinaceus europaeus from Andalucia (Spain).

C. felis P. irritans A. erinacei

MAX MIN Mean SD VvC MAX MIN Mean SD vC MAX MIN Mean SD vC
Global measures
Area (mm?) 2290.4 827.8 17247 4382 25 2876.6 1180.3 15964  567.1 36 2874.6 1368.8 2023.6 4341 21
Roundness t 2.57 1.82 2.10 0.20 10 211 1.80 1.90 0.08 4 2.34 1.76 2.02 0.17 8
Circularity t 0.40 0.33 0.36 0.02 5 0.50 0.40 0.46 0.02 5 0.49 0.36 0.41 0.03 8
Perimeter (um) 7967.9 4583.8 6661.7  837.0 13 8379.8 5310.4 60929 9937 16 8733.5 6038.3 7127.7  902.6 13
TL (mm) t 2859.5 1616.2 2439.8  337.8 14 2861.0 1757.8 20413 3728 18 2938.3 1885.7 24251 3328 14
TW (mm) 1208.6 767.4 1038.7  136.2 13 1495.9 1003.5 11502  144.0 13 1487.5 1058.3 1220.5 112.7 9
Head measures
Area (um?) 1 100,169 67,749 83,173 9264 11 135,023 87,601 111,137 12,669 11 163,067 107,663 135,800 18,243 13
Roundness 1.55 1.35 1.45 0.05 3 1.40 1.22 1.30 0.06 4 1.26 1.16 1.20 0.02 2
Circularity + 0.46 0.38 0.42 0.02 5 0.50 0.43 0.46 0.02 5 0.58 0.51 0.55 0.02 4
Perimeter (um) 1354.0 1102.8 1229.3 73.2 6 1455.0 1238.6 1342.4 65.3 5 1564.9 1273.1 1423.1 89.7 6
HL (um) t 449.5 357.9 406.6 27.3 7 428.5 344.0 371.5 24.4 7 463.8 380.5 421.3 26.4 6
HW (um) + 296.8 243.2 265.4 15.1 6 330.1 243.7 287.6 222 8 383.9 274.2 324.7 30.5 9
Prothorax measures
Area (um?) t 36,972 15,844 25,774 5347 21 29,118 16,764 22,842 3602 16 48,287 25,729 37,136 7542 20
Roundness 1.92 1.40 1.65 0.14 8 2.22 1.53 1.78 0.18 10 1.50 1.26 1.42 0.08 5
Circularity + 0.53 0.36 0.45 0.05 10 0.43 0.26 0.34 0.04 13 0.59 0.41 0.48 0.05 11
Perimeter (um) 876.7 576.8 723.8 74.3 10 812.5 615.0 709.3 51.4 7 879.0 691.0 805.6 71.8 9
PROTW (um) 139.0 67.7 105.0 18.3 17 98.6 56.9 84.8 122 14 168.1 106.3 138.2 20.2 15
Mesothorax
measures
Area (um?) 48,419 20,032 35,002 8398 24 49,243 27,112 37914 5734 15 50,800 29,397 40,732 6543 16
Roundness 1.69 1.24 1.51 0.11 7 1.86 1.52 1.64 0.10 6 1.86 1.50 1.60 0.12 7
Circularity + 0.60 0.33 0.46 0.06 13 0.46 0.35 0.42 0.03 7 0.51 0.40 0.47 0.03 6
Perimeter (um) 967.0 638.1 807.6 101.4 13 1031.0 732.8 879.5 78.2 9 1012.9 783.6 899.3 75.2 8
MESOW (um) 161.4 88.1 135.2 19.0 14 1455 105.9 1245 10.0 8 168.1 113.8 140.8 15.6 11
Metathorax
measures
Area (um?) t 63,421 26,207 46,240 10,448 23 73,621 48,603 63,117 7854 12 66,054 44,555 54,053 7425 14
Roundness 1 2.09 141 1.68 0.17 10 1.73 1.37 1.51 0.10 7 1.59 1.31 1.48 0.07 5
Circularity + 0.48 0.34 0.41 0.03 9 0.48 0.37 0.44 0.03 8 0.50 0.40 0.44 0.03 7
Perimeter (um) 1185.4 772.5 979.9 1289 13 1199.2 943.2 1090.1 70.3 6 1116.9 897.5 997.9 73.2 7
METW (um) + 175.8 109.0 147.5 18.5 13 206.9 145.3 1784 15.8 9 188.3 1449 170.2 l6.1 9
Spermatheca
measures
Area (um?) t 3088 2162 2619 259 10 3489 2439 3062 309 10 11,768 3875 7474 2120 28
Roundness t 1.21 1.05 1.14 0.04 4 1.06 1.01 1.03 0.01 1 1.25 1.05 1.12 0.06 6
Circularity t 0.76 0.59 0.65 0.05 7 0.89 0.76 0.85 0.04 5 0.81 0.53 0.66 0.08 12
BULGAP (um) t 212.1 167.8 192.7 10.9 6 210.8 176.3 198.0 10.3 5 396.7 227.0 3204 45.6 14
BULGAL (pm) t 71.5 52.6 61.2 5.0 8 70.6 54.3 63.9 47 7 127.0 80.3 99.7 15.0 15
BULGAW (pm) t 58.2 46.4 50.9 3.0 6 66.7 55.6 59.6 3.1 5 133.7 57.8 90.8 22.6 25
APEHILL (um) t 52.8 229 35.6 9.1 25 64.2 26.9 46.9 122 26 118.9 38.4 83.4 21.0 25
APEHILW (um) 31.7 17.0 24.7 44 18 64.5 23.4 317 10.7 34 57.9 209 38.1 9.4 25
DBMV (um) 349 131 251 57.1 23 485 290 378 56.7 15 503.8 150.3 2934 1165 40

TL = total length, TW = total width, HL = total length of the head, HW = total width of the head, PROTW = total
width of the prothorax, MESOW = total width of the mesothorax, METW = total width of the metathorax, BULGAP:
perimeter of the bulga, BULGAL: total length of the bulga, BULGAW: total width of the bulga, APEHILL: total
length of the apex of the hilla, APEHILW: total width of the apex of the hilla, DBMV = distance from bulga to the
ventral margin of the body, MAX = maximum, MIN = minimum, SD = standard deviation, Mean = arithmetic
mean, VC = coefficient of variation (percentage converted), t = significant differences between groups (p < 0.005).

Descriptive univariate statistics based on arithmetic mean, standard deviation, and
coefficient of variation for all parameters were determined for male and female populations.
The data were subjected to one-way ANOVA (analysis of variance) for statistical analysis of
the parameters. The results were statistically significant when p < 0.05. Statistical analysis
was performed using Microsoft Excel for Microsoft 365 MSO (v2402). In addition, biometric
characters of fleas were compared between different species and the most significant
parameters were assayed for a morphometrics study.

Morphological variation was quantified using geometric morphometrics [43], a tech-
nique that provides an estimate of size integrating different growth axes into a single
variable known as “centroid size” [44]. The estimate of size was represented by a single
variable that reflected variation in multiple directions, as many as there were landmarks
under study, and shape was defined as their relative positions after correction for size,
position, and orientation. With these informative data, and the corresponding software
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freely available to conduct complex analyses, significant biological and epidemiological
features can be quantified more accurately [45].

Multivariate analyses were applied to assess phenotypic variations among the sam-
ples, using size-free canonical discriminant analysis on the covariance of log-transformed
measurements. These analyses are applied to exclude the effect of within-group ontoge-
netic variations by reducing the effect of each character on the first pooled within-group
principal component (a multivariate size estimator) [46]. principal component analysis
(PCA) was used to summarize most of the variations in a multivariate dataset in a few
dimensions [47]. Morphometric data were explored using multivariate analysis in three
parameters in males (TW, HW, and AW) (Table 1) and females (Global Circularity, BULGAP,
and HL) in females (Table 2) using BAC v.2 software [21,48].

3. Results

A total of 81 fleas (34 males and 47 females) were collected from different regions of
Andalusia and classified as follows: 39 as C. felis (18 males and 21 females), 19 as P. irritans
(6 males and 13 females), and 23 as A. erinacei (10 males and 13 females) (Table 3). All
C. felis specimens and three P. irritans (the only male from Huelva and two female fleas
from Seville) were collected from dogs (Canis lupus familiaris), whereas A. erinacei were
collected from a hedgehog host. The rest of the P. irritans fleas were collected off-host from
a neglected horse stable (Table 3).

Table 3. Distribution of fleas collected from dogs from different geographical origins.

C. felis P. irritans . .
A. erinaceid
. . (Number of (Number of
Geographical Origin Fleas) Fleas) (Number of Fleas)
Male Female Male Female Male Female
Sanlucar de Barrameda (Cadiz, Spain) 18 21 - - - -
Seville (Seville, Spain) - - 5 13 - -
Huelva (Huelva, Spain) - - 1 - - -
Dos Hermanas (Seville, Spain) - - - - 10 13
Total 18 21 6 13 10 13

To carry out the classification of the samples, we considered descriptions used tra-
ditionally to discern between these species and, additionally, remarkable morphological
features based on the measurements performed. Statistical tests showed several significant
measurements for subsequent morphometric analyses. Therefore, the following parameters
were used: total width (TW), total width of the head (HW), and apex width (AW) in males
(Table 1) and total length of the head (HL), perimeter of the bulga (BULGAP), and Global
Circularity in females (Table 2). This perimeter is the length of the bulga’s boundary,
whereas the circularity is calculated as the ratio of the area of an object against a circle
whose diameter is equal to the object’s maximum feret. The influence of size was analyzed
using PCA in C. felis, P. irritans, and A. erinacei, involving the regression of each character
separately on the within-group first principal component (PC1). The resulting factor maps
for male and female populations are shown in Figures 1 and 2, respectively.

Male variables significantly correlated with PC1, contributing 71% to the overall
variation. The male factor maps showed global size differences in the flea populations,
with a slightly larger size in P. irritans males (Figure 1). The three male communities are
well grouped in the factor map, with a lack of noteworthy overlapping areas between
them. Only C. felis and P. irritans showed a partial overlap but with no inconvenience in
their identification.

On the other hand, female variables significantly correlated with PC1, contributing
90% to the overall variation. The resulting factor maps (Figure 2) clearly illustrate global
size differences in the populations analyzed, including a bigger size in A. erinacei. As in
the previous factor maps, there is a lack of notable overlapping areas between the female
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populations. As in the male factor maps, C. felis and P. irritans showed a partial overlap
that did not prevent their identification.
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Figure 1. Factor map corresponding to C. felis, P. irritans, and A. erinacei male adults. Samples are
projected onto the first and second principal components: PC1 (71%) and PC2 (26%). Each group is
represented by its perimeter.
0.08
0.06
0.04
0.02
mm C, felis
o 0 msm P, jrritans
= A. erinacei
-0.02
-0.04
-0.06
-0.08
-0.15 -0.1 -0.05 0 0.05 0.1 0.15 0.2 0.25 0.3
PCI

Figure 2. Factor map corresponding to C. felis, P. irritans, and A. erinacei female adults. Samples are
projected onto the first and second principal components: PC1 (90%) and PC2 (8%). Each group is
represented by its perimeter.
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4. Discussion

The accurate classification of fleas requires careful morphological examination or
molecular confirmation, and therefore, the possibility that prior studies may have inad-
vertently misidentified fleas cannot be discarded [19,49]. In fact, authors like Ménier
and Beaucournu reported numerous misidentifications in specimens of the genus Cteno-
cephalides [50]. The study of flea epidemiology, control, and prevention requires the accurate
identification of species and subspecies.

In general, the classification of genera and species of fleas is based on external mor-
phological characters. The presence or absence of combs and eyes, along with the length of
the head, are typically significant features in morphological identification [51]. However,
the size itself could never represent a way to reliably recognize the sex or the species of
a flea specimen [52], and some flea species do not have easily identifiable morphological
characters. For instance, A. erinacei and P. irritans do not possess pronotal or genal combs,
so their classification process can be more complex in case the required specialized skills in
flea identification are lacking. It is necessary to pay great attention to detail to recognize
developmental stages and adequate sex identification [52]. Additionally, C. felis is a good
example of a flea species known for its morphological ambiguity and the underlying issues
in the study of their global populations [19]. In terms of molecular biology techniques,
the notable lack of large-scale phylogenetic data for flea taxa causes some genera like
Ctenocephalides to not have a defined genetic identity [17,19,40], especially if we consider
subspecies [19].

Furthermore, it is still surprising that, despite the considerable veterinary and public
health significance of dog fleas, studies investigating the diversity of these ectoparasite
species on pets and the occurrence of flea-borne pathogens are scarce in certain regions [20].

Given the difficulties associated with flea morphological identification, the limited
genetic information available, and the insufficient knowledge of the common pathogens of
each flea species, the need to resort to complementary diagnosis techniques arises.

Geometric morphometrics analysis is one of these novel approaches applied to par-
asitological diagnosis, usually employed in arthropod identification [43]. The technique
is based on the utilization of computer software for data processing and interpretation,
with the advantage being that costly reagents and equipment are not required. Its af-
fordability and the simplicity of data collection make it especially useful in low-resource
settings [52,53].

To the best of our knowledge, the present work is the first in which flea measurements
have been obtained using the imaging software Image-PRO. This program has been used
before to study arthropods and other parasites [54-57]. It allowed us to incorporate into the
analysis accurate measures such as areas, perimeters and circularities of the flea specimens
for the first time. Global Circularity and BULGAP were revealed as useful features that
contribute to the identification of flea species via geometric morphometrics.

The distribution of the three analyzed flea species showed a comparable pattern in
both factor maps. A. erinacei appeared distant from C. felis and P. irritans, showing an
appreciably larger size in the case of females. C. felis and P. irritans presented a small
overlapping area, which did not prevent their individual identification. In both cases,
P. irritans has always appeared larger than C. felis.

Although A. erinacei and C. felis are part of the Pulicinae family, the factor maps illus-
trated that fleas at the same taxonomic level are not necessarily closer at the morphological
level since A. erinacei appears further away from both C. felis and P. irritans.

The selection of representative measurements for the morphometrics analyses was in
accordance with previously published works. Total width (TW), head width (HW), and
apex width (AW) are consolidated as useful parameters that define the morphological
identity in males [21,50,58], as well as the total length of the head (HL) and the perimeter of
the bulga (BULGAP) for females [21]. Due to the lack of genal ctenidium in P. irritans and
A. erinacei, the difference in length between first and second spines (DEG parameter [21])
could not be considered in the present analysis, whereas the inclusion of the degree of
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elongation of the apical part (hilla) in females offered similar results but with a bit more
overlap between P. irritans and C. felis. This is why the parameter APEHILL [21] was
substituted by BULGAP, which permits the best differentiation between species.

The three analyzed flea species are among the most frequent in our environment,
and, as a result, there is a notable risk of encountering them, with consequently associated
parasitism suffered by humans and animals. After applying geometric morphometrics to
differentiate flea communities of the same genera [21-24], the present work represents a
step further, since this technique allowed us to identify different flea genera.

5. Conclusions

Accurate identification of fleas is necessary for studying the epidemiology, prevention,
and control of these arthropods. In situations of uncertainty, alternative approaches are re-
quired to ensure correct classification. Geometric morphometrics is increasingly recognized
as a reliable complementary technique for identifying flea species, particularly valuable in
environments with limited resources.

In the present work, we were able to discern between the flea species A. erinacei,
P.irritans, and C. felis using principal component analysis of males and females. Differences
in overall size were also detected: A. erinacei presented the largest size in females, whereas
P. irritans was slightly larger in males. Therefore, morphometrics is a relevant technique
with great potential for application in the field of fleas, considering the existence of species
that have traditionally posed challenges in their identification.
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Simple Summary: Soil-transmitted worm infections, usually treated with benzimidazoles, can
develop resistance due to genetic variations in a specific gene called 3-tubulin isotype 1. This study
aimed to create a new, quick, and accurate way to identify these genetic variations. We designed a
test to spot changes in certain parts of the 3-tubulin gene of Trichuris trichiura, the worm causing the
infection. By using two different primers, we could distinguish between different genetic types at
specific positions in the gene. We tested our method on samples from captive primates and found it
to be reliable. Additionally, we explored whether the 3-tubulin gene could be useful as a marker in
genetic studies. Our tests worked well when we used them on samples from the field. However, we
did not find any of the expected genetic variations in the worms or eggs we examined. Instead, all
the samples showed the same genetic type. Despite this, our analysis of the 3-tubulin gene confirmed
the close relationship between T. trichiura and a related Trichuris suis species, which suggests that this
gene could be valuable for understanding their evolutionary history.

Abstract: Soil-transmitted helminth (STH) infections, commonly treated with benzimidazoles, are
linked to resistance through single nucleotide polymorphisms (SNPs) at position 167, 198, or 200 in
the B-tubulin isotype 1 gene. The aim of this study was to establish a novel genotyping assay
characterized by its rapidity and specificity. This assay was designed to detect the presence of
SNPs within the partial 3-tubulin gene of Trichuris trichiura. This was achieved through the biallelic
discrimination at codons 167, 198, and 200 by employing the competitive binding of two allele-specific
forward primers. The specificity and reliability of this assay were subsequently confirmed using
Trichuris samples isolated from captive primates. Furthermore, a molecular study was conducted
to substantiate the utility of the -tubulin gene as a molecular marker. The assays showed high
sensitivity and specificity when applied to field samples. Nevertheless, none of the SNPs within the
B-tubulin gene were detected in any of the adult worms or eggs from the analyzed populations. All
specimens consistently displayed an SS genotype. The examination of the -tubulin gene further
validated the established close relationships between the T. trichiura clade and Trichuris suis clade.
This reaffirms its utility as a marker for phylogenetic analysis.

Keywords: anthelmintic resistance; Trichuris trichiura; 3-tubulin gene; thAmp™ SNP genotyping; phylogeny

1. Introduction

Worldwide, soil-transmitted helminth (STH) infections are among the most common
infections that can cause serious harm to human health. It is estimated 1.5 billion people,
accounting 24% of the global population, are infected with these parasites, with a higher
prevalence observed among preschool and school-age children. The main STH species
are Ascaris lumbricoides (the roundworm), Trichuris trichiura (the whipworm), and Necator
americanus and Ancylostoma duodenale (hookworms). These infections are transmitted
through eggs found in human feces, which contaminate soil in regions with inadequate
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sanitation. This mainly affects impoverished and marginalized communities in tropical and
subtropical areas, where the access to clean water, sanitation, and hygiene is limited [1].

The World Health Organization (WHO) has developed a strategy to control the in-
fection of STHs. This strategy aims to regulate morbidity through the periodic treatment,
known as preventive chemotherapy, of individuals at risk residing in endemic areas. The
objective is to reduce and sustain low infection intensity and protect against morbidity
by implementing large-scale mass drug administration programs. WHO recommends
treatment with benzimidazoles (BZs) such as albendazoles and mebendazoles due to their
effectiveness, affordability, and ease of administration by non-medical personnel [1]. BZs
are known to exert their action by blocking the microtubule functions of parasites. This is
achieved through the inhibition of 3-tubulin polymerization in microtubules, leading to the
subsequent inhibition of glucose uptake and transport. As a result, the parasites experience
a deficiency of glycogen [2]. However, several studies suggest that the therapeutic efficacy
of BZ against trichuriasis is progressively diminishing over time. This decline is believed
to be partially attributed to the emergence of anthelminthic drug resistance (AR) [3-5],
which develops because of prolonged and extensive reliance on BZ anthelmintics over an
extended period of time [6]. Furthermore, the drugs are administered in single doses, and
while this approach is operationally practical, it does not achieve 100% efficacy [4,7-9].
Therefore, this practice of administering suboptimal doses extensively over a prolonged
period may contribute to the selection and development of AR. Additionally, periodic
treatment has the potential to select for subpopulations of parasites that are resistant to the
drugs [10-12]. Moreover, there are only a limited number of anthelmintic drugs that have
been approved for the treatment of STH infections in humans [13,14].

Single nucleotide polymorphisms (SNPs) have been extensively employed for gene
identification. Achieving allelic discrimination for a single SNP with a high degree of
reliability and flexibility is of utmost importance for the precise detection of advantageous
genes associated with specific SNP sites [15]. BZ resistance in T. trichiura is attributed to
SNPs in the 3-tubulin isotype 1 gene, specifically at codon 167, codon 200 (TTC > TAC),
or codon 198 (GAG > GCG) [16-20]. In addition, the frequency of SNPs at codon 200 and
198 was found to increase following treatment, and it was significantly higher in individuals
who exhibited a poor response to BZ compared to those who responded well [19]. To
maintain the advantages of mass drug administration programs, it is crucial to have tools
that can facilitate the large-scale detection of BZ resistance in human STHs. The current
challenge of limited detection of phenotypic resistance may be attributed to multiple factors,
including the absence of reliable and sensitive methods to monitor resistance genotypes
before and after BZ treatment [21], a low frequency of resistance alleles, and the probability
that BZ resistance is recessive, as in veterinary parasites [11].

To date, various platforms have been developed for genotyping individual SNPs.
These include Kompetitive Allele Specific PCR (KASP) [22,23], RNase H2 enzyme-based
amplification (rhAmp) [24], TagMan [25], and semi-thermal asymmetric reverse PCR
(STARP) [26]. Likewise, PCR-based methods, such as real-time PCR (RT-PCR), pyrose-
quencing, and genotyping assays using the SmartAmp2 method, have been developed for
the detection of putative BZ resistance SNPs in human STH [17,18,27,28].

The main objectives of this study were (i) to develop a new genotyping assay, thAmp™
SNP genotyping, for the screening of 3-tubulin SNPs in T. trichiura; (ii) to assess the pres-
ence of BZ resistance-associated SNPs at positions 167, 198, and 200 within the -tubulin
gene in various populations of T. trichiura obtained from non-human primates (These SNPs
are likely associated with BZ resistance in Trichuris spp.); and (iii) to conduct a molecular
investigation aiming to validate the 3-tubulin gene as a molecular marker applicable across
different Trichuris spp. This validation was carried out to infer phylogenetic relationships
between different clades of Trichuris spp. and detect the emergence of AR, thus gaining
insights into its distribution among distinct clades.
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2. Materials and Methods
2.1. Ethics Statement

This study did not require the approval of an ethics committee. Whipworms and eggs
were isolated from stool and cecum samples from various vertebrate animal hosts. These
animals were housed in zoological gardens and slaughterhouses in Spain and maintained
with good animal practices.

2.2. Collection Samples

In this study, we have formulated two distinct sections. The first section is based
on genotyping assays, for which we utilized T. trichiura samples, both eggs and adults,
which were collected from different primate hosts. The primate host species analyzed were
the Barbary macaque (Macaca sylvanus) and patas monkey (Erythrocebus patas), from Zoo
Castellar (Cadiz, Spain), the vervet monkey (Chlorocebus aethiops) from Selwo Aventura
(Malaga, Spain), and the Guinea baboon (Papio papio) from Parque de la Naturaleza de
Cabarceno (Cantabria, Spain) (Table 1). The second section is centered on a phylogenetic
analysis, also utilizing the previously mentioned samples, in addition to adult samples
from suids (Sus scrofa domestica) from slaughterhouses in Seville and Huelva (Spain) and
porcupine (Hystrix cristata) from Bioparc Fuengirola in Malaga, Spain (Table 1).

Table 1. Sequences of Trichuris spp. species obtained in the present study based on 3-tubulin partial
gene including sample ID, host species, geographical origin, GenBank accession numbers, length,
and G + C content.

Species Sample ID Adult/Eggs Host Species/Geographical Origin Accession Number Length (bp) G + C Content (%)

Trichuris trichiura TMSM9 Adult Macaca sylvanus /Spain 0Q446467 445 44.94
Trichuris sp. TMSF10 Adult Macaca sylvanus /Spain 0Q446468 445 44.94
Trichuris trichiura TPPM1 Adult Papio papio/Spain 0Q446469 445 45.39
Trichuris trichiura TPPF1 Adult Papio papio/Spain 0Q446470 445 45.39
Trichuris trichiura TPPF2 Adult Papio papio/Spain 00446471 445 45.39
Trichuris trichiura TCAE_1 Eggs Chlorocebus aethiops /Spain 0Q446472 445 44.94
Trichuris trichiura TCAE_2 Eggs Chlorocebus aethiops /Spain 0Q446473 445 44.94
Trichuris trichiura TCAE_3 Eggs Chlorocebus aethiops /Spain 0Q446474 445 4494
Trichuris trichiura TCAE_4 Eggs Chlorocebus aethiops /Spain 0Q446475 445 4494
Trichuris trichiura TEPE Eggs Erythrocebus patas/Spain 00446476 445 44.94
Trichuris colobae TCO_901 Adult Colobus guereza kikuyensis /Spain 0Q446477 445 44.94
Trichuris suis TSF1 Adult Sus scrofa domestica/Spain 0Q446478 445 4472
Trichuris suis TSF2 Adult Sus scrofa domestica/Spain 0Q446479 445 44.72
Trichuris sp. THCF10 Adult Hystrix cristata/Spain 00446480 448 47.99
Trichuris sp. THCF15 Adult Hystrix cristata/Spain 0Q446481 448 47.99

Specimens were isolated from stool samples after treatment or collected from the ce-
cum post-mortem and, consequently, washed in saline solution (0.9% w/v), and separately
frozen at —20 °C until further analysis.

Sheather’s sugar solution was used for egg concentration [29], and then, they were
embryonated at 32 °C for 3 to 4 weeks with potassium dichromate solution (0.2% w/v) to
provide moisture to the medium and to prevent the growth of fungi and bacteria [30].

2.3. Molecular Analysis
2.3.1. DNA Extraction

Whipworm identification and morpho-biometric analysis were performed in previous
studies [31,32]. According to the manufacturer’s protocol, total genomic DNA from samples
(adult worms and batches of eggs) were extracted using DNeasy Blood and Tissue Kit
(Qiagen, Hilden, Germany). To assess the quality of the extractions, 0.8% agarose gel
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electrophoresis infused with SYBR™ Safe DNA gel stained with 2% w/v Tris-Borate-EDTA
(TBE) was used.

2.3.2. Genotyping by rhAmp SNP Assays

In this study, to carry out the genotyping analysis, we used a dual enzyme chem-
istry technology called rhAmp™ SNP genotyping [33]. This technology is based on the
RNase H2-dependent polymerase chain reaction (rhPCR) and universal reporters [24].
Three SNPs from p-tubulin partial gene (codon 167, 198, and 200) were selected for the
rhAmp assays. The selected SNPs with corresponding flanking sequences were submit-
ted to the thAmp™ Genotyping Design Tool at IDT (Integrate DN ATechnologies, IDT;
https:/ /eu.idtdna.com/site/order/designtool/index/ GENOTYPING_PREDESIGN (ac-
cessed on 12 February 2024)) and based on the strength of the thermodynamics, the highest
ranked assays were retained. For primer design, flanking sequences shorter than 50 bp
(base pairs) were extended up to 50-60 bp based on the T. trichiura reference -tubulin
sequence at the probe target sites to meet the technical requirements (Table 2). For each
assay, thAmp used two allele-specific primers and a locus-specific primer. For each SNP,
synthetic gBlocks™ Gene fragments were used as known genotype controls during assays,
where one represented the wild type (WT) and the other, the mutant allele (MA), and fur-
thermore, both were mixed in an equal molar ratio to represent the heterozygous genotype

(Table 3).
Table 2. Primers designed for rhAmp SNPs Assays for each codon using thAmp™ Genotyping
Design Tool at IDT.
T. trichiura rhAmp SNP Assays
Codon
Primer Type Primer Sequence
Allele-Specific Primer 1 CCTGACCGAATTATGACAACTTT
Codon 167 Allele-Specific Primer 2 CCTGACCGAATTATGACAACTTA
Locus-Specific Primer GCCCCAACGTGAACAGTATCAAA
Allele-Specific Primer 1 GCTTCATTATCTATGCAGAATGTTT
Codon 198 Allele-Specific Primer 2 GCTTCATTATCTATGCAGAATGTTG
Locus-Specific Primer GCATGCAACTCTGTCAGTCCA
Allele-Specific Primer 1 AGCGCTTCATTATCTATGCAGAA
Codon 200 Allele-Specific Primer 2 AGCGCTTCATTATCTATGCAGAT
Locus-Specific Primer GCATGCAACTCTGTCAGTCCA

Table 3. gBlocks® designed for B-tubulin partial gene of T. trichiura genotyping corresponding
to the three SNPs (codon 167, 198, and 200). The SNPs are indicated in red color and in bold in
the sequences.

T. trichiura gBlocks® Gene

Fragments Sequence
GAATCGGAAAGCTGCGACTGCCTGCAAGGGTTCCAGTTGACTCATTCCCTCGGCGGCG
GAACTGGGAGTGGAATGGGTACGCTTCTGATATCTAAAATTCGGGAAGAGTATCCTGACC
GAATTATGACAACTTTTAGTGTCGTTCCGTCTCCGAAGGCAAGTTGTTTGATACTGTTCACG

¢Blocks® WT TCGTGAACTATCGCCTTTTTAGGTTTCAGATACAGTTGTAGAACCATATAATGCAACTCTGT

CAGTCCACCAGTTGGTAGAGAACACGGACGAAACATTCTGCATAGATAATGAAGCGCTTT
ACGATATTTGTTTCCGAACTTTGAAGTTAACAACACCAACTTACGGAGACTTAAATCATT
TGGTTTCGGCAACCATGTCTGGAGTAACGACATGCCTACGCTTTCCTGGTCAGTTGAAT-
GCTGATTTGCGGAAGCTGGCAGTC
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Table 3. Cont.

T. trichiura gBlocks® Gene
Fragments

Sequence

gBlocks® 167

GAATCGGAAAGCTGCGACTGCCTGCAAGGGTTCCAGTTGACTCATTCCCTCGGCGGCGG
AACTGGGAGTGGAATGGGTACGCTTCTGATATCTAAAATTCGGGAAGAGTATCCTGACCG
AATTATGACAACTTATAGTGTCGTTCCGTCTCCGAAGGCAAGTTGTTTGATACTGTTCACGTC
GTGAACTATCGCCTTTTTAGGTTTCAGATACAGTTGTAGAACCATATAATGCAACTCTGTC
AGTCCACCAGTTGGTAGAGAACACGGACGAAACATTCTGCATAGATAATGAAGCGCTTTA
CGATATTTGTTTCCGAACTTTGAAGTTAACAACACCAACTTACGGAGACTTAAATCATTTG
GTITTCGGCAACCATGTCTGGAGTAACGACATGCCTACGCTTTCCTGGTCAGTTGAATGCTG
ATTTGCGGAAGCTGGCAGTC

gBlocks® 198

GAATCGGAAAGCTGCGACTGCCTGCAAGGGTTCCAGTTGACTCATTCCCTCGGCGGCG
GAACTGGGAGTGGAATGGGTACGCTTCTGATATCTAAAATTCGGGAAGAGTATCCTGACC
GAATTATGACAACTTTTAGTGTCGTTCCGTCTCCGAAGGCAAGTTGTTTGATACTGTTCACG
TCGTGAACTATCGCCTTTTTAGGTTTCAGATACAGTTGTAGAACCATATAATGCAACTCTGT
CAGTCCACCAGTTGGTAGAGAACACGGACGCAACATTCTGCATAGATAATGAAGCGCTTIT
ACGATATTTGTTTCCGAACTTTGAAGTTAACAACACCAACTTACGGAGACTTAAATCATTT
GGTTTCGGCAACCATGTCTGGAGTAACGACATGCCTACGCTTTCCTGGTCAGTTGAATGCT
GATTTGCGGAAGCTGGCAGTC

gBlocks® 200

GAATCGGAAAGCTGCGACTGCCTGCAAGGGTTCCAGTTGACTCATTCCCTCGGCGGCGG
AACTGGGAGTGGAATGGGTACGCTTCTGATATCTAAAATTCGGGAAGAGTATCCTGACCG
AATTATGACAACTTTTAGTGTCGTTCCGTCTCCGAAGGCAAGTTGTTTGATACTGTTCACGT
CGTGAACTATCGCCTTTTTAGGTTTCAGATACAGTTGTAGAACCATATAATGCAACTCTGTC
AGTCCACCAGTTGGTAGAGAACACGGACGAAACAATCTGCATAGATAATGAAGCGCTTTA
CGATATTTGTTTCCGAACTTTGAAGTTAACAACACCAACTTACGGAGACTTAAATCATTTGG
TTTCGGCAACCATGTCTGGAGTAACGACATGCCTACGCTTTCCTGGTCAGTTGAATGCTGA
TTTGCGGAAGCTGGCAGTC

SNP genotyping assays were performed using 0.25 puL of rhAmp SNP Assays (20X),

2.65 pL of combined thAmp Genotyping Master Mix (2X) and rhAmp Reporter Mix (40X),
0.10 pL of nuclease-free water and 2 pL of sample DNA, and 2 uL of control template
(gBlocks fragments controls) or 2 uL of nuclease-free water (for no-template control reac-
tions). Reactions were run on the CFX Connect Real-Time PCR Detection System (Bio-Rad
Laboratories, Hercules, CA, USA), and analyses were carried out using CFX Maestro Soft-
ware version 2.3 (Bio-Rad, Hercules, CA, USA). The thermal conditions were 95 °C for
10 min, followed by 40 cycles at 95 °C for 10 s, 60 °C for 30 s, and 68 °C for 20 s per the pub-
lished protocol (www.idtdna.com/rhAmp-SNP-protocol (accessed on 29 February 2024).

The bi-allelic specificity of the thAmp assays was provided by two probes, one labelled
with Amidite-fluorescein (FAM™) dye and the other with Hexachloro-fluorescein (HEX™)
dye (Table 4). These different dye reporters were independently detected with excitation
sources and emission filters at the respective wavelengths. A total of 91 Trichuris genomic
DNA samples were quantified. Hence, each specimen was called resistant (RR), susceptible
(SS), and heterozygous (RS) in relation to the melting temperature obtained.

Table 4. Different excitation and emission spectra for fluorophores.

Dye A Excitation Filter (nm) A Emission Filter (nm)
FAM™ 450 533
HEX™ 483 568

2.3.3. PCR and Sequencing

In the samples analyzed in the present study, the partial molecular marker gene
B-tubulin was amplified by a polymerase chain reaction (PCR) using a thermal cycler
(Eppendorf AG and sequenced. (Hamburg, Germany). The primers and PCR conditions
were previously described by Hansen et al. [34]. Amplification reactions consisted of 5 puL
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(10 uM) of each primer, 5 puL of template DNA (50 ng/uL,) 25 uL of GoTaq G2 Green
Master Mix, and nuclease-free water up to 50 puL. A negative (no-template DNA) control
sample and a positive DNA control sample were included in each PCR reaction. PCR
products were visualized on agarose gels (0.8%). Subsequently, bands were eluted and
purified using the Wizard SV Gel and PCR Clean-Up System Kit (Promega, WI, USA). Once
purified, PCR products were concentrated and sequenced in both directions by Stab Vida
(Lisbon, Portugal).

2.3.4. Phylogenetic Studies

Accession numbers obtained in this study are available in the GenBank database
(Table 1). To analyze the relationships among the different Trichuris species, additional se-
quences from GenBank database were included in the alignments (Supplementary Table S1).

The aligned nucleotide dataset was obtained by the MUSCLE alignment method in
MEGA (Molecular Evolutionary Genetics Analysis) version 11 [35]. Moreover, the number
of nucleotide differences per sequence was calculated to evaluate the identity among
Trichuris 3-tubulin partial sequences by Compute Pairwise Distances based on the number
of differences method of MEGA11 [35].

All phylogenetic trees were inferred by two different methods, Maximum Likelihood
(ML) and Bayesian Inferences (Bls). To generate the ML tree, PhyML 3.0 package [36]
was used, and for the Bl tree, MrBayes v3.2.6 [37] was used. To resolve the best-fit substi-
tution model for the nucleotide dataset jModelTest [38] was employed, and the models
of evolution were determined in agreement with Akaike Information Criterion [36,39].
Bootstrapping (heuristic option) of more than 1000 replications was used to examine the
topology support to assess the relative reliability of the clades, and the Bayesian Pos-
terior Probabilities (BPPs) comprised the percentage converted. Standard deviation of
split frequencies was used to determine if the number of generations completed was ade-
quate. Each dataset was run for 10 million generations, and the chain was sampled every
500 generations. In addition, trees from the first million generations were discarded based
on an assessment of convergence. Empirically, during the burn, the examination of the
log-likelihood values of the chain was carried out.

3. Results
3.1. SNP Genotyping Assays

thAmp™ SNP Genotyping were completely optimized at codon 167, 198, and 200 of
the B-tubulin gene in T. trichiura and were able to detect the presence or absence of the WT
and MA genotypes.

Before real-time analysis, for each SNP analyzed, standard peaks were created for RR
(homozygote-resistant), SS (homozygote-susceptible), and RS (heterozygote) using WT,
MA, and heterozygote DNA samples obtained commercially from IDT.

For each point mutation site, the melting peaks obtained from RT-PCR were analyzed
and determined as RR, SS, and RS as reported by the specific Tm. Ninety-one Trichuris sam-
ples were collected from non-human primates, and genotyping assays by RT-PCR revealed
the different dots, homozygote and heterozygote, obtained in the present work (Figure 1).
Positive (WT, MA, and heterozygote) and negative controls were always included, and no
amplification in negative controls was observed.

Out of the three analyzed SNPs in the partial 3-tubulin gene, all specimens exhibited
SS (100%). However, for codon 168, low signal intensity was observed in all twenty-one
egg batch samples for both fluorophores. For codon 198, only four egg batch samples
showed low signal intensity, and for codon 200, seven egg batch samples displayed low
signal intensity. To ensure the accuracy of the results, all experiments were repeated twice.
In concordance with these results, the resistance allele frequency (RAF) was 0.0 for each
SNP studied.
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Figure 1. Allelic discrimination plots obtained for rhAmp™ SNP genotyping assays targeting the
three SNPs: (A) codon 167; (B) codon 198; (C) codon 200. Homozygous genotypes are represented by
orange dots and blue squares, where the orange dots correspond to an SS and the blue squares to an
RR, the green triangles represent heterozygous genotypes, and the black rhombus on the bottom left
of the plot are no-template controls.
3.2. Molecular Analysis
The phylogenetic tree inferred by ML and Bl methods revealed three main clades
(Figure 2). Clade 1 consisted of sequences from both, Trichuris sp. and T. trichiura, isolated
from humans and non-human primates (100 BPP and 94% ML BV). In the BI analysis,
the sequences were in polytomy, but the support for different subclades was not strong
based on ML methods. Clade 2 consisted of sequences from Trichuris colobae and Trichuris
suis (100 BPP and 89% ML BV), which were grouped into two distinct and well-supported
subclades. Further, clade 3 consisted of sequences from Trichuris sp. isolated from H. cristata
that were strongly supported (100 BPP and 85% ML BV) (Figure 2).
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Figure 2. Phylogenetic tree inferred based on the molecular marker -tubulin partial gene of Trichuris
species using ML method. Bayesian Posterior Probabilities (BPPs) are listed first, followed by ML
bootstrap values (BVs) of clades, for clade frequencies exceeding 60%.

The results obtained were consistent with the identity analysis, where sequences clustered
within the same clade displayed an inter-populational similarity percentage of over 98.7% for
clade 1, ranging from 98 to 100% for clade 2, and 100% for clade 3 (Supplementary Table S2a,b).
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The similarity percentage between clade 1 and clade 2 ranged from 91.3 to 92.3%, between
clade 1 and clade 3, 81.8-82.9%, and between clade 2 and clade 3, 82.9-83.1% (Supplementary
Table S2a,b).

Phylogenetic analysis revealed a sister relationship between clade 1, which included
T. trichiura and Trichuris sp. isolated from humans and non-human primates, and clade 2,
which comprised T. suis and T. colobae (100 BPP and 69% ML BV). Likewise, both clades
remained separate from Trichuris sp. from porcupine (Figure 2).

4. Discussion

STHs have been widely treated with mass drug administration, a highly effective
approach in reducing helminth-related morbidity by limiting transmission within endemic
communities. However, while this strategy brings numerous advantages to the population,
it may also lead to unintended consequences, such as the gradual reduction in treatment
effectiveness [40,41]. Consequently, with the expansion of drug donations, the emergence of
AR becomes increasingly probable. This decline in treatment efficacy has been particularly
concerning in veterinary parasites, where certain nematode species have demonstrated
high levels of resistance to drugs, including BZ [11,12,42-44]. Moreover, in these helminths,
SNPs in the 3-tubulin isotype 1 gene have been associated with resistance to BZ [10-12].

Several tests have been proposed to identify mutations related to BZ resistance in
helminths [19,45,46]. The SmartAmp2 constituted an alternative approach utilized. This
method streamlines the process by implementing a single-step protocol, enabling enhanced
expediency, showcasing distinct advantages over conventional PCR. Additionally, it has
demonstrated efficacy in the investigation of diverse STHs identified in fecal samples.
Nevertheless, utilizing this technique, the optimization of all necessary SNP detections
proved unattainable, as the identification of codon 167 in T. trichiura was unsuccessful [28].
Diarra et al. [19] conducted an evaluation of the SNPs in codon 200 in A. lumbricoides using
pyrosequencing, which necessitates specialized equipment. Another method employed was
the RFLP-PCR, which is considered simpler and more sensitive but has certain limitations,
such as cases where the DNA sequences are not recognized by commercially available re-
striction enzymes or possess multiple recognition sites for a single enzyme [45]. In contrast,
Furtado et al. [46] employed ARMS-PCR, a technique that solely requires a conventional
thermocycler, offering a straightforward and immediate result. Broccanello et al. [47] con-
ducted a comparison of the accuracy, sensitivity, and costs of TagMan, KASP, and rhAmpTM
SNP Genotyping methods in sugar beet (Beta vulgaris L.). The sensitivity test revealed that
both TagMan and thAmp were able to accurately determine SNP genotypes. In the case of
thAmp™ SNP Genotyping, 24 of the 33 SNPs exhibited 100% concordance with other two
technologies. The genotype concordance with both technologies for the remaining nine
targets exceeded 99%.

This study represents the initial endeavor to establish rhAmp assays for genotyping
SNPs in the B-tubulin partial gene of Trichuris spp. samples. The primary objective
was to develop a rapid and highly sensitive method capable of discriminating between
different alleles in Trichuris samples, while also determining the genotyping frequencies.
The developed rhAmp methods proved effective in accurately identifying the three different
genotypes. Sequencing of the PCR products further confirmed the high conservation
of the region flanked by the primers (PCR) and probes (thAmp) which also contained
the mutation.

None of the analyzed SNPs were found in our examined samples. Hence, the preva-
lence observed in our study was found to be lower compared to previously reported
prevalence rates for other parasites. For instance, the prevalence of A. lumbricoides was
reported to be 0.5% [46], while Haemonchus contortus showed a much higher prevalence of
74% [48]. Nonetheless, certain studies examining theses SNPs in parasites of veterinary
significance, such as P. equorum and Ascaridia galli, have failed to detect these alterations,
even in parasite populations subjected to frequent treatments throughout the year [49-51].
However, our findings are consistent with those obtained by Hansen et al. [34], wherein
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none of the 27 adult worms and 39 egg batched of Trichuris from human analyzed, or
the 49 adult worms of Trichuris samples from baboons, exhibited mutations in any of the
analyzed SNPs. This suggests that the identified SNPs may not be the primary mechanism
responsible for BZ resistance in these nematode species.

The methodology proposed here offers a robust tool for screening the emergence of
anthelmintic resistance mutations in populations of parasitic nematodes. Furthermore, it
represents a rapid, highly sensitive, and specific technique that obviates the need for PCR
amplification, a thermocycler, and electrophoresis.

Additionally, according to previous phylogenetic studies carried out by other authors,
which were based on both nuclear and mitochondrial markers and focused on Trichuris
species, two main clades have been identified. These clades have been previously referred
to as the “T. trichiura lineage”, which parasitizes humans and non-human primates, and the
“T. suis lineage”, which infects suids and other primates, such as Colobus guereza kikuyensis
or Papio ursinus [31,32]. Furthermore, various authors have reported the hypothesis that
a complex whipworm species may exist in primates, suggesting that different Trichuris
species infect both primates and humans [32,52-56]. In addition, our results align with
those obtained by Rivero et al. [57], where, based on nuclear and mitochondrial markers
as well, the Trichuris sequences isolated from porcupines were distinct from the rest of the
analyzed sequences, remaining isolated from the rest of the sequences in the obtained tree.
As a result, the results obtained confirmed the sister relationship between clade 1 and clade
2 as identified in the phylogenetic tree. This finding corroborates the utility of 3-tubulin
as an additional marker, in addition to those previously described, for the phylogenetic
analysis of the Trichuris species.

5. Conclusions

The current study provides a novel genotyping assay for assessing the prevalence
of frequency of AR-associated (3-tubulin SNPs at codons 167, 198, and 200 in T. trichiura.
This investigation has showcased the efficacy of rhAmp methods in accurately discrimi-
nating and identifying 3-tubulin SNPs within T. trichiura adults and eggs. Consequently,
thAmp™ SNP Genotyping can be considered a molecular tool that is both rapid and
sensitive for the in vitro assessment of BZ susceptibility in Trichuris spp. Moreover, using
pooled samples, it can be proposed as a cost-effective method, offering immediate practical
advantages in the field.

Furthermore, this study provides further insights into the phylogeny of 3-tubulin in
Trichuris spp., reaffirming the previously established close relationship between the T. trichiura
clade and T. suis clade. Thus, we affirm its usefulness as a marker for phylogenetic analysis.
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//www.mdpi.com/article/10.3390/ani14111545/s1, Table S1: Sequences of Trichuris spp. and out-
groups species obtained from GenBank and used for phylogenetic analysis; Table S2a: Intra-specific
and inter-specific similarity observed in 3-tubulin partial gene sequences in Trichuris species isolated
from different hosts. Values are given in percentages (%); Table S2b: Continuation of Table S2a.
Intra-specific and inter-specific similarity observed in 3-tubulin partial gene sequences in Trichuris
species isolated from different hosts. Values are given in percentages (%).
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Simple Summary: This research conducted in Serbia aimed to identify intestinal parasites in dogs
that could potentially infect humans. Total prevalence of intestinal endoparasites was 62.6%. Various
endoparasites such as Cystoisospora spp., Sarcocystis spp., Neospora caninum /Hammondia spp., Giardia
intestinalis, Toxocara canis, Toxascaris leonina, Ancylostomatidae, Trichuris vulpis, Capillaria spp., Alaria
alata and Taeniidae were found. Factors like age, outdoor living, attitude and diet were linked to
higher infection rates. This study emphasizes the importance of educating dog owners, conducting
routine parasitological tests on their pets and regular deworming strategies.

Abstract: Dogs are the most popular pets worldwide. Close contact between dogs and people
increases the risk of transmission of various zoonotic parasitic infections. Given the importance of
veterinary medicine in preserving the One Health concept, the aim of this research was to identify
intestinal parasites that may have zoonotic potential and to evaluate risk factors (individual and
environmental). The research was conducted in Serbia in 2022 and 2023 on 382 owned dogs, using
qualitative methods of coprological examination with a concentration on parasitic elements. The over-
all prevalence of intestinal parasites was 62.6%, with the following detected: protozoa: Cystoisospora
spp- (9.2%), Sarcocystis spp. (4.5%), Neospora caninum/Hammondia spp. (3.7%), Giardia intestinalis
(11.8%); nematoda: Toxocara canis (11.5%), Toxascaris leonina (4.2%), family Ancylostomatidae (38.0%),
Trichuris vulpis (21.5%), Capillaria spp. (10.5%); trematoda: Alaria alata (1.6%) and cestodes from the
Taeniidae family (1.3%). Factors like age, size and coat length, as well as the way of living, attitude
and diet were linked to a significantly higher (p < 0.05) prevalence of intestinal parasites. Based
on the results of coprological diagnostics, this research indicates the importance of educating dog
owners, conducting routine parasitological tests on their pets and regular deworming strategies.

Keywords: dogs; helminths; protozoa; zoonoses; risk factors

1. Introduction

Among social animals, dogs are considered the most popular pets worldwide. Over the
last decade, the interaction between humans and dogs has significantly increased, leading
to these animals being treated as equal members of the family [1]. Such interactions may
pose a risk of transmitting zoonotic pathogens. Dogs can be infected with different intestinal
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parasites, including protozoa (Giardia intestinalis, Cystoisospora spp., Sarcocystis spp., Neospora
caninum) and helminths (roundworms, hookworms, whipworms and tapeworms) [2-9].
Clinical symptoms depend primarily of the dog’s health, the type and severity of the parasite
infection and the presence of additional parasitic infections in other organ systems (e.g.,
cardiorespiratory, urinary). However, infections are often asymptomatic.

Various studies conducted worldwide report a high prevalence of different types
of parasites in the category of owned dogs [2,7,10-12]. Accordingly, they may serve as
reservoirs of zoonotic parasites and can contaminate soil with the infectious stages of the
parasites, such as the eggs and larvae of helminths, as well as the cysts of protozoa [13-17].
Some dog parasites can also infect humans, causing disease. Infection can occur either
directly (i.e., trophically) and/or indirectly through contaminated food and water in the
environment [18,19]. The risk of infection depends on various factors, both biological and
environmental, which vary based on the parasite’s life cycle and human behavior. Studies
indicate that many pet owners are unaware of how dog endoparasites are transmitted and
the public health risks they pose [10,11,20].

Knowing the epidemiological situation of intestinal parasites in dogs and identifying
the ways they spread are key elements for effectively monitoring this threat. Bearing in
mind the importance of veterinary medicine in maintaining the One Health concept, and
recognizing the role of dogs in the spread of parasitic zoonoses, the aim of this study was
to (i) identify gastrointestinal (GI) parasites in owned dogs using coprological diagnostics
and (ii) to assess the risk factors important for the occurrence, maintenance and spread of
parasitic infections.

2. Material and Methods
2.1. Study Area

The survey was conducted from November 2022 to June 2023 in seven administrative
districts in the Republic of Serbia: Belgrade, Podunavlje, Kolubara, Ma¢va, West Backa,
Toplica and Bor (Figure 1). Serbia is a landlocked country located in the Balkan peninsula
and the Pannonian Plain. Serbia lies between latitudes 41° and 47° N, and longitudes 18°
and 23° E. In the northern part of the country, the climate is more continental, with colder
winters and warmer summers, while in the southern part, the climate tends to be more
Mediterranean, with milder winters and hotter summers. The average annual rainfall
ranges from around 600 to 1000 mm. The average elevation of Serbia is approximately
500 m above sea level.
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Figure 1. Map of Serbia with administrative districts where the survey was conducted. The map was
generated by using QGIS v3.36 [21].

2.2. Coproparasitological Examination

A total of 382 fecal samples were collected from owned dogs. The samples were
stored at +4 °C in labeled disposable containers and transported to the Department of Para-
sitology at the Faculty of Veterinary Medicine, University of Belgrade, for parasitological
analysis. Coproparasitological examination included the assessment of samples using both
macroscopic and microscopic methods. Macroscopic examination was used to evaluate
the presence of adult nematodes and proglottids of tapeworms (described in Ili¢ et al. [3]).
For microscopic examination, samples (approximately 5-10 g per sample) were prepared
using qualitative coprological diagnostic procedures—centrifugal flotation with saturated
zinc sulphate solution (with a specific density of 1.18 at 20 °C). Each fecal sample was
examined in duplicate under a light microscope (Olympus CX 23, Olympus, Tokyo, Japan)
at magnifications of 100x and 400x. All eggs found were photographed and identified
according to their morphological characteristics [22].
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2.3. Risk Factors Assessment

In this study, we investigated the influence of various individual factors and envi-
ronmental variables. The analysis of individual variables encompassed the following
parameters: sex (male or female), age (<1 year, 1-5 years, 5-10 years, >10 years), size
(<25 kg and >25 kg) and coat length (short, medium and long hair). The analysis of envi-
ronmental variables considered the following parameters: attitude (pet, hunting, guard),
diet (commercial, mixed, combined), habitat (indoor, outdoor, indoor/outdoor) and contact
with other animals (yes or no).

The category of “pet dogs” includes animals kept in households for companionship,
as well as those under the owner’s care with restricted movement. “Hunting dogs” are
animals owned and maintained by hunters, assisting in locating, chasing, and recovering
prey during hunting activities. The “guard dogs” category comprises dogs protecting
property in yards, with controlled or partially controlled movement [12].

Commercial diets included branded foods designed to meet the nutritional require-
ments of pets for each stage of life or lifestyle. A mixed diet implied the consumption of
different foods (such as raw meat, offal and bread) and access to paratenic or intermediate
hosts. A combined diet included both, commercial and mixed diet.

2.4. Statistical Analyses

Results were analyzed using Graph Pad Prism software, version 7 (GraphPad, San Diego,
CA, USA). Factors (individual and environmental variables) associated with parasitism
were analyzed using the Chi-Square (X?) test. The odds ratio (OR) was calculated to verify
the level of risk associated with variables that correlated with parasitism. To calculate
the odds ratio, the following formula was used: p = Z (p x (1 — p)/n) x 0.5, where p is
prevalence, Z is the multiplier from the normal distribution at a 95% confidence interval
(1.96) and n is the number of examined samples. In all analyses, the confidence level was
95%, and statistical analyses were considered significant if p < 0.05, p < 0.01 and p < 0.001.

3. Results
3.1. Prevalence of Gastrointestinal Parasites

Through copromicroscopic investigation of fecal samples, endoparasites were found
with a total prevalence of 62.6% (239/382). The prevalence of infections caused by proto-
zoa was 12.3% (47/382), helminths 37.7% (144/382) and co-infection with protozoa and
helminths was 12.6% (48/382). Eleven different species, genera or families of intestinal
parasites were detected (Figure 2). The most prevalent protozoa was Giardia intestinalis
(11.8%, 45/382). The presence of oocysts of Cystoisospora spp. (9.2%, 35/382), Sarcocystis
spp- (4.5%, 17/382) and Neospora caninum/Hammondia spp. (3.7%, 14/382) were also
detected. Of the nematodes, the most prevalent were Ancylostomatidae (38.0%, 145/382)
and Trichuris vulpis (21.5%, 82/382), followed by Toxocara canis (11.5%, 44/382), Capillaria
spp. (10.5%, 40/382) and Toxascaris leonina (4.2%, 16/382). Low prevalence of the trematode
Alaria alata (1.6%, 6/382) and cestodes from the family Taeniidae (1.3%, 5/382) were also
diagnosed. The most prevalent were monoinfections of dogs (29.8%, 114/382), followed by
infections with two (18.1%, 69/382), three (9.2%, 35/382), four (2.1%, 8/382), five (2.62%,
10/382) and six (0.3%, 1/382) types of parasites (Table 1).

48



Animals 2024, 14, 1463

4

o t‘ ,
PR e
.-:'-'\lém.’n.-';-:’»M' !

Figure 2. Parasitic elements detected in fecal samples, zinc sulphate flotation (x400):
(A)—Cystoisospora spp. oocyst (blue arrow); (B)—Giardia intestinalis cysts; (C)—Neospora can-
inum/Hammondia spp. oocyst; (D)—Sarcocystis spp. sporocysts; (E)—Ancylostomatidae egg;
(F)—Toxocara canis egg; (G)—Toxascaris leonina egg; (H)—Trichuris vulpis egg; (I)—Capillaria spp.
egg; (J)—Alaria alata egg; (K)—Taeniidae eggs.

Table 1. Prevalence of intestinal parasites.

n =382
Endoparasites —
Positive Samples Y% 95% CI
Cystoisospora spp. 35 9.2 6.30-12.10
Sarcocystis spp. 17 4.5 2.42-6.58
Neospora caninum /Hammondia spp. 14 3.7 1.81-5.69
Giardia intestinalis 45 11.8 8.56-15.04
Toxocara canis 44 11.5 8.30-14.70
Toxascaris leonina 16 4.2 2.10-6.20
Ancylostomatidae 145 38.0 33.13-42.87
Trichuris vulpis 82 21.5 17.38-25.62
Capillaria spp. 40 10.5 7.43-13.57
Alaria alata 6 1.6 0.34-2.86
Taeniidae 5 1.3 0.16-2.44
. n =382
Occurrence of Infections Positive Samples % 95% CI
Protozoa 47 12.3 9.01-15.59
Helminths 144 37.7 32.84-42.56
Protozoa + Helminths 48 12.6 9.06-16.14
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Table 1. Cont.

n =382
Occurrence of Mixed Infections Positive Samples % 95% CI
With one parasite 114 29.84 25.25-34.43
With two parasites 69 18.06 14.20-21.92
With three parasites 35 9.16 6.27-12.05
With four parasites 8 2.09 0.66-3.52
With five parasites 10 2.62 1.02—4.22
With six parasites 1 0.26 0-0.77

n—number of examined samples, CI—Confidence interval.

3.2. Individual Fisk Factors

The prevalence of endoparasitic infections was higher in male dogs (64.2%, 122/190)
than in female dogs (60.9%, 117/192). Regarding the age of the dogs, a significantly
higher prevalence of endoparasites (p < 0.001) was recorded in dogs younger than 1
year (83.3%, 55/66) compared to dogs aged 1-5 years (64.4%, 239/216), aged 5-10 years
(46.2%, 36/78) and those older than 10 years (40.9%, 9/22) (Table 2). The prevalence of
G. intestinalis (36.36%, 24/66), T. canis (27.27%, 18/64) and T. leonina (10.61%, 7/66) was
significantly higher (p < 0.05; p < 0.001) in dogs <1 year, while a significantly higher (p <
0.05) prevalence of Ancylostomatidae was found in dogs <1 year and 1-5 years (Table 3).
Endoparasitic infections were significantly higher (p < 0.05) in dogs weighing less than
25 kg (67.2%, 154/229) compared to those weighing over 25 kg (55.6%, 85/153) (Table 2).
A significantly higher (p < 0.05) prevalence of T. canis (14.41%, 33/229), T. leonina (6.11%,
14/229) and Ancylostomatidae (41.92%, 96/229) was recorded in dogs weighing less than
25 kg (Table 4). Prevalence of endoparasites was significantly higher (p < 0.001) in short-
haired dogs (67.2%, 160/238) compared to medium-haired (60.7%, 54/89) and long-haired
dogs (45.5%, 25/55) (Table 2). The prevalence of Ancylostomatidae (42.86%, 102/238) and
Capillaria spp. (13.87%, 33/238) was significantly higher (p < 0.05) in short-haired dogs
(Table 4).

Table 2. Individual and environmental risk factors.

n N % X p Odds Ratio
Sex
Male 190 122 64.2
Female 192 117 609 04 051 115
Size
@ <25kg 229 154 67.2
Q
g >25 kg 153 8 556 0% 7 164
% Age
= <1 year 66 55 83.3
2 1-5 year 216 139 e SN, 2.77
= 5-10 year 78 36 462 ' 5.83
2 >10 year 22 9 40.9 7.22
Coat length
Short 238 160 67.2
Medium 89 54 60.7 922 1.33
Long 55 25 455 2.96
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Table 2. Cont.

n N % x> p 0Odds Ratio

Living with other animals

Yes 272 172 63.2

No 110 67 60.9 0.45 0.50 0.85
0 Habitat
£ Indoor 55 9 16.4
& Outdoor 127 86 67.7 59.17  #** 0.09
é Indoor/Outdoor 200 144 72.0 0.07
s Diet
g
g Commercial 86 40 46.5
5 Mixed food 200 145 72.5 19.53 o 0.33
E Combined 96 54 56.3 0.68
(=1
K Attitude
Pet 143 64 44.8
Guard dog 92 55 59.8 42.49 o 0.54
Hunting dog 147 120 81.6 0.18

n—number of examined samples; N—number of positive samples; * p < 0.05; *** p< 0.001.

3.3. Environmental Risk Factors

Gastrointestinal parasites were more prevalent among dogs that were living with
other animals (63.2%, 172/272) compared to those that were not (60.9%, 67/110) (Table 2).
A significantly higher prevalence (p < 0.05, p < 0.01, p < 0.001) of Cystoisospora spp. (11.76%,
32/272), Sarcocystis spp. (5.88%, 16/272), G. intestinalis (15.07%, 41/272) and T. canis (14.34%,
39/272) was found among dogs that were living with other animals. On the contrary, a
significantly higher prevalence (p < 0.05, p < 0.01) of Ancylostomatidae (50.0%, 55/110)
and Capillaria spp. (15.45%, 17/110) was observed among dogs without contact with other
animals (Table 5). Considering attitude, the prevalence of endoparasites was significantly
higher (p < 0.001) among hunting dogs (81.6%, 120/147) compared to guard dogs (59.8%,
55/92) and pets (44.8%, 64/143) (Table 2). Among hunting dogs, a significantly higher
prevalence (p < 0.05, p < 0.01, p < 0.001) was found for Sarcocystis spp. (9.52%, 14/147), T.
canis (17.01%, 25/147), T. leonina (8.16%, 12/147), Ancylostomatidae (61.22%, 90/147), T.
vulpis (34.01%, 50/147) and Capillaria spp. (17.69%, 26/147) (Table 5).

A significantly higher (p < 0.001) prevalence of parasites was recorded in the cat-
egory of indoor/outdoor dogs (72.0%, 144/200) compared to outdoor (67.7%, 86/127)
and indoor (16.4%, 9/55) dogs (Table 2). A significantly higher prevalence (p < 0.05;
p <0.01; p < 0.001) of Cystoisospora spp. (15.75%, 20/127), Sarcocystis spp. (8.66%, 11/127),
N. caninum/Hammondia spp. (7.09%, 9/127) and Alaria alata (3.94%, 5/127) was found
in the outdoor dog category. On the contrary, a significantly higher prevalence (p < 0.05;
p <0.01; p <0.001) of G. intestinalis (17.5%, 35/200), Ancylostomatidae (45.5%, 91/200), T.
vulpis (26.0%, 52/200) and Capillaria spp. (13.5%, 27/200) was found in the category of
indoor/outdoor dogs (Table 6). In the category of dogs consuming mixed food (72.5%,
145/200), the prevalence of endoparasites was significantly higher (p < 0.001) compared
to dogs consuming combined food (56.3%, 54/96) or commercial food (46.5%, 40/86)
(Table 2). The prevalence of Cystoisospora spp. (13.5%, 27/200), Sarcocystis spp. (7.0%,
14/200), Ancylostomatidae (51.0%, 102/200) and T. vulpis (29.0%, 58 /200) was significantly
higher (p < 0.05; p <0.01; p < 0.001) in dogs fed with a mixed diet, while the prevalence of
G. intestinalis was significantly higher (p < 0.05) in dogs fed with a combined diet (Table 6).
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4. Discussion

In our research, the total prevalence of gastrointestinal parasites in owned dogs was
62.6%. This finding is in accordance with previous research on dogs in public shelters in
Serbia [3], which reported a total GI parasite prevalence of 58.3%. The results of numerous
studies conducted in European countries reveal the different prevalence of endoparasites
in dogs. In Greece [23,24], the prevalence ranged from 26% to 65%, in Slovakia from
27.1% to 45.7% [12,25], in Spain 53.6% [26], in Portugal from 41.0 to 81.19% [27-29] and in
Germany 41.2% [30]. From the total number of examined fecal samples, the most frequent
findings were monoinfections (29.8%), followed by infections with two (18.1%), three
(9.2%), four (2.1%), five (2.62%), and six (0.3%) endoparasites. Similar to our findings, other
studies have reported monoinfections as the most prevalent, while polyparasitism was also
confirmed [8,12,27,31-34]. The prevalence of infections caused by protozoa in dogs in this
research was 12.3%, helminths 37.7%, and co-infections with both protozoa and helminths
12.6%. A study from Spain found a higher prevalence of helminths (63.6%) in hunting
dogs compared to intestinal protozoa (20.4%). In contrast, dogs from shelters had a higher
prevalence of intestinal protozoa (67.9%) than helminths (9.8%) [35]. The heterogeneity of
the available results depends on the origin of the samples (farm dogs, hunting dogs, owned
dogs, shelter dogs, stray dogs) and the socio-economic status of the countries where the
research was carried out [20].

4.1. Protozoa

Among the protozoa, Giardia intestinalis was the most prevalent (11.8%). It is widely
reported in both domestic and wild animals, which can serve as hosts and reservoirs of
zoonotic Assemblages [36-39]. This parasite is among the most common in humans, with
an estimated 200 million people infected [40]. The prevalence of giardiosis in humans in de-
veloped countries ranges between 2 and 7%, and in developing countries 20 and 30% [41].
In this research, G. intestinalis was the most prevalent protozoa in dogs younger than
one year (36.36%). Our results are in accordance with the results in the study by Murnik
et al. [30], where the prevalence of G. intestinalis was 29%. An increased risk of giardiosis
in dogs younger than one year has been confirmed in studies by other authors [42—45].
A higher prevalence was detected among the category of guard dogs and pets, as well
as those who lived indoors/outdoors. Additionally, dogs that were fed commercial or
combined diets and were in contact with other animals had a higher prevalence. Given the
various ways G. intestinalis can spread through contaminated food and water [46-48], it
is clear that these specific groups of dogs can serve as a source of environmental contami-
nation, posing an indirect threat to individuals, particularly farmers, veterinarians, and
animal handlers [41].

Oocysts of Cystoisospora spp. were identified in 9.2% of the samples examined. Oocysts
were found most frequently in dogs younger than one year. The higher prevalence of
Cystoisospora spp. found in younger dogs was confirmed in our previous study [3]. These
results are also in accordance with Papazahariadou et al. [23], who reported a significantly
higher number of coccidiosis cases in young dogs compared to adults. In addition, a higher
prevalence of Cystoisospora spp. was found in dogs that live outside, have contact with other
animals and consume mixed diets. This finding may be associated with the contaminated
environment and the presence of this protozoa in the soil [15].

Among protozoa, a lower prevalence of Sarcocystis spp. (4.5%) and Neospora can-
inum /Hammondia spp. (3.7%) was found. The highest prevalence of Sarcocystis spp. was
diagnosed in the category of hunting dogs (9.52%), which is not in accordance with results
from Germany, where a high prevalence of sarcocystosis (63.3%) was found in hunting
dogs in areas inhabited by wolves [49]. In that research, prevalence was determined using
molecular methods, which is a more sensitive method than microscopical examination.
Such differences could be explained by the assumption that the investigated hunting dogs
originated from areas where wolves live. Compared to pet dogs in Germany, where the
prevalence of sarcocystosis ranged from 2 to 9% [50], we found a lower prevalence in both
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pet dogs (1.40%) and guard dogs (1.09%) in our study. A higher prevalence was found in
dogs that live outdoors, have contact with other animals and consume mixed diets. Such
dogs are allowed to feed on the meat of herbivores, which are intermediate hosts for these
protozoa, thus maintaining the circulation of this parasite [49,51].

Oocysts of N. caninum/Hammondia spp. were the most frequent in the category of
dogs living outside (7.09%). Dogs fed a mixed diet had the highest number of positive
samples (5.5%). This is likely because these dogs have the opportunity to consume infected
tissues (raw or undercooked meat, fetal membranes) or intermediate hosts containing tissue
cysts [52]. Given that N. caninum can cause abortions in cattle and cause economic loses in
livestock, this category of dogs may pose a risk to cattle health. This risk is supported by
the findings of Klun et al. [53], who reported a seroprevalence of this coccidia of 7.2% in
cattle in Serbia.

4.2. Nematoda

The most common GI parasites identified in our study were hookworms from the
Ancylostomatidae family (38.0%). This finding is in accordance with results from Bulgaria,
where these parasites were most prevalent in owned and stray dogs, dogs that live outside
and harbor dogs [54-56]. In our previous study on dogs from public shelters [3], the
prevalence of Ancylostomatidae was 15.4%. A significantly higher prevalence of parasites
was found in the category of dogs younger than one year and aged from 1 to 5 years, short-
haired dogs and dogs lighter than 25 kg. Also, a higher prevalence of these nematodes
was found in hunting dogs, dogs fed mixed diets and those living indoors/outdoors. Our
finding aligns with Letra Mateus et al. [27], who reported a high prevalence of Ancylostom-
atidae in hunting dogs. This could be due to the dogs being kept together in groups and
creating a favorable environment for parasite transmission. Also, factors such as hunting
prey and consuming a wider variety of food sources might contribute to a higher risk
of infection [9]. Rubel et al. [57] reported that the prevalence of hookworm is higher in
regions with lower socio-economic status. On the contrary, in a study in Germany, in dogs
younger than one year, the prevalence of these parasites was 0.9% [30]. Nematodes from
the Ancylostomatidae family pose a risk to human health, given that their infectious stage
can cause cutaneous larva migrans, and in the case of Ancylostoma caninum, eosinophilic
enteritis or neuroretinitis [58-60].

Trichuris vulpis was the second most common parasite and was diagnosed in 21.5%
of examined dogs. In research conducted in Bulgaria, this nematode was found in 15.1%
of owned dogs kept outdoors [56] and 20% of dogs from shelters [54]. Additionally, it
was found in 13.6% of dogs from shelters in Italy [32] and in 20% of dogs in Romania [61].
A lower prevalence was observed in 9.5% of owned dogs in Albania [62], 9.6% of hunting
and herding dogs in Greece [23] and 4.8% of domestic dogs, along with 13.6% of shelter
dogs in Italy [32]. In research conducted in Spain [35] and Portugal [27], trichuriosis was
the most prevalent in hunting dogs, similar to our study (34.01%). A higher prevalence
of T. vulpis was found in the category of dogs using mixed and combined food. The eggs
of these parasites can remain viable for years, contaminating the environment, food and
water, thereby posing a risk for infections in dogs [63].

Toxocara canis was found in 11.5% of the examined samples, with the highest prevalence
in the population of hunting dogs (17.01%) and in dogs younger than one year (27.27%). The
obtained results are consistent with findings from Europe, where T. canis prevalence ranged
from 17.72% in Spain [64] to 11.9% to 16.5% in Slovakia [13,65], 12.8% in Greece [23], 5.1%
to 11.28% in Portugal [27,28], 8% in Albania [62] and 6.4% in Bulgaria [56]. Comparing this
with previous research conducted in Serbia, a higher prevalence of toxocarosis in pet dogs
was observed at 16.6% [2], while in owned dogs that visit public parks it ranged from 36.6%
to 38% [4], and in dogs from shelters it was 33.5% [3]. The larvae of this ascarid may pose a
risk to humans, as upon infection they migrate into internal organs, potentially leading to
visceral and ocular larva migrans [66]. In this regard, Deutz et al. [67] confirmed a high
seroprevalence of T. canis among farmers, slaughterhouse staff, veterinarians and hunters.
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Eggs of the trichurid type, exhibiting morphological characteristics specific to species
from the genus Capillaria, were diagnosed in 10.5% of the fecal samples, with the assumption
that they belong to a species of C. aerophila. The prevalence of C. aerophila in dogs across
Europe and the Balkan countries varies, ranging from 0.4% to 0.5% in Italy [32], 0.65% in
Romania [61], 2.8% in Albania [62] and from 2% to 11% in Bulgaria [55]. The prevalence
of respiratory capillariosis in dogs cannot be determined with certainty, as the excreted
eggs may not exclusively originate from adult parasites inhabiting the trachea. They could
also appear in feces due to coprophagia or ingestion of food previously contaminated with
eggs of Capillaria spp. from the feces of other dogs or animals [62]. A Higher prevalence of
Capillaria spp. was found in the category of hunting dogs, those who live outside and those
in contact with other animals. These results are not surprising, since a higher prevalence of
C. aerophila (38%) was found in red foxes in Serbia [68].

The prevalence of Toxascaris leonina species in owned dogs was 4.2%. The highest
number of positive findings was observed in hunting dogs (17.01%) and in the category of
dogs younger than one year (10.61%). Ili¢ et al. [3] reported a prevalence of toxascarosis of
3.4% in dogs from public shelters in Serbia, while authors from Slovakia found this ascarid
in 1.6% of various categories of dogs [12].

4.3. Trematoda and Cestoda

Among the other parasites, a lower prevalence of the trematode Alaria alata (1.6%) was
diagnosed in this study. Besides wild carnivores, which are definitive hosts and contribute
to the spread of A. alata [69], this parasite was confirmed in our study among hunting and
guard dogs, as well as in dogs that live outdoors. The presence of A. alata was also found in
the category of dogs that were fed with a mixed and combined diet. However, one positive
sample was recorded in a dog fed commercial food, suggesting that the infection occurred
after the consumption of intermediate hosts while the dog was outside.

Cestodes from the family Taeniidae were confirmed in five dogs (1.3%), which is
slightly lower than the prevalence found in different categories of dogs (4%) in Slovakia [12]
and in Germany (up to 12.2%) [30,49]. The positive samples were mostly obtained from
hunting dogs that frequently stay in the wild during hunting, which is why they are at a
higher risk of consuming intermediate hosts [27,70]. Although the eggs of species from the
family Taeniidae cannot be differentiated by light microscopy, in veterinary medicine, as a
precaution, any eggs of the taeniid type found are considered as the presence of eggs of the
species Echinococcus granulosus. The presence of E. granulosus in the feces of owned dogs is
particularly important for public health.

5. Conclusions

In the research, the total prevalence of endoparasites was 62.6%. Of particular im-
portance for public health is the discovery of the largest number of gastrointestinal par-
asites found in categories of dogs younger than one year, hunting dogs, dogs kept in-
doors/outdoors and those fed with mixed food. Considering the finding of zoonotic
endoparasites and the presence of species with zoonotic potential, the obtained results are
particularly important for owners and veterinarians in clinical practice. These findings
can aid in the adequate selection of antiparasitics, planning of deworming regimens and
implementation of programs for the prevention of parasitic infections in dogs.
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Simple Summary: Platynosomiasis is a feline hepatobiliary disease caused by Platynosomum illiciens,
the most significant and widely distributed trematode in tropical and subtropical areas. In this study,
we investigated the occurrence of Platynosomum spp. infection in cats with elevated serum alanine
aminotransferase (ALT) levels and confirmed the species through DNA sequencing. Additionally,
we assessed the association of factors and clinicopathological abnormalities with Platynosomum spp.
infection to raise awareness and emphasize the importance of an appropriate deworming regimen to
reduce the risk of P. illiciens infection.

Abstract: Platynosomum spp., a hepatic trematode, causes fatal hepatobiliary disease in cats. Feline
platynosomiasis is often underestimated due to a lack of awareness and diagnostic challenges. This
study aimed to investigate the occurrence, factors, and clinicopathological abnormalities associated
with Platynosomum spp. infection in cats with elevated serum ALT levels. Platynosomum infection
was determined using zinc sulfate flotation and formalin-ether sedimentation. DNA sequence
analysis of PCR products from the Platynosomum internal transcribed spacer 2 (ITS2) region and cox1
gene was used to identify Platynosomum species. Of a total of 43 cat fecal samples, the proportion
of Platynosomum spp. infection by microscopic examination was 11.63% (5/43). All PCR-positive
samples were molecularly identified as Platynosomum illiciens. From the logistic regression analysis,
the odds of Platynosomum infection in cats without a deworming program were 16 times higher
than those of regularly dewormed cats. Demographic data, housing conditions, and predatory
behavior were not significantly associated with the infection. Regarding blood profiles, infected
cats had higher eosinophil counts (p = 0.014), with no significant differences in ALT (p = 0.791) or
ALP (p = 0.970) levels compared to non-infected cats. Our findings demonstrate that eosinophilia
in cats with increased serum ALT may suggest P. illiciens infection in endemic areas. We strongly
recommend a regular deworming program to mitigate the risk of P. illiciens infection.
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1. Introduction

Over the decades, helminthic infections in cats have gained the scientific interest of
researchers due to the severity of their clinical manifestations [1]. The hepatic trematode
Platynosomum illiciens (syn. P. fastosum and P. concinnum) is the most important and widely
distributed parasite of cats in tropical and subtropical areas. The prevalence of this liver
fluke has been reported to range from 0.07% to 81% worldwide [2]. In Asian countries,
liver fluke infection in cats has been reported in Malaysia [3], Sri Lanka [4], Vietnam [5,6],
Thailand [7-9], and Korea [10].

Feline platynosomiasis is considered a fatal disease; however, the information on
this parasitic infection is scattered. Cats become infected by ingesting intermediate
hosts (terrestrial isopods) or paratenic hosts (lizards, amphibians, and insects) contain-
ing metacercaria, which then migrate through the common bile duct, smaller biliary
ducts, and the gall bladder, causing hepatobiliary problems such as cholangiohepati-
tis, cholangiocarcinoma, hepatic fibrosis, and bile duct obstruction, resulting in related
clinicopathologic abnormalities [2,11]. Eosinophilia and an increased activity of the hep-
atic enzymes alanine aminotransferase (ALT) and alkaline phosphatase (ALP) have been
detected in platynosomiasis cases. However, increased serum ALP concurrent with
eosinophilia is sporadically reported [11-13]. Infected cats present a variety of clini-
cal signs such as cachexia, vomiting, diarrhea, ascites, progressive jaundice, and death.
Nonetheless, some cats remain asymptomatic. These signs vary according to the severity
of the infection, the number of adult parasites, the duration of infection, and the immune
response [14,15].

Platynosomum spp. infection can be diagnosed by coproparasitological evaluation,
including zinc sulfate flotation and formalin—ether sedimentation techniques [16,17]. Addi-
tionally, molecular techniques such as polymerase chain reaction (PCR) assays and DNA
sequence analyses of multiple target genes have been applied to identify Platynosomum
species [18]. However, most cases of platynosomiasis have been diagnosed as incidental
findings during necropsies due to its non-specific clinical effects [2,11]. This problem may
lead to the underdiagnosis of this parasite and a lack of prompt treatment. To our knowl-
edge, many reports have documented sudden deaths in platynosomiasis cases presenting
only clinical pathology abnormalities, with a notable increase in hepatic enzymes [2,13,19].
Therefore, this study aimed to investigate the occurrence, risk factors, and clinical pathol-
ogy abnormalities associated with Platynosomum infection in cats with elevated serum
ALT levels. This fundamental study could increase awareness of this fatal disease among
veterinary practitioners.

2. Materials and Methods
2.1. Ethical Approval

The research protocols were approved by the animal ethics committee of the Faculty
of Veterinary Medicine, Chiang Mai University (9 July 2021; Ref. No. 519/2564), under
the guidelines for the Care and Use of Experimental Animals, National Research Council
of Thailand.

2.2. Study Area and Animal Selection

The study area was Chiang Mai Province in the northern region of Thailand, at the
coordinates 18°47'47.22"" N, 98°57/40.644" E (Figure 1), and samples were collected at the
Small Animal Veterinary Teaching Hospital, Faculty of Veterinary Medicine. Domestic
cats with elevated serum ALT levels (over 97 U/L, reference range 25-97 U/L) [20] and
without a history of acute traumatic conditions were selected from this hospital between
January 2020 and October 2021. Inclusion criteria were as follows: cats aged over three
months, regardless of breed, sex, pregnant or lactating status, and cat’s housing. No cats
were treated with topical or systemic parasiticides in the 8 weeks preceding the study.
The sample size of 43 cat fecal samples was calculated based on a 2.7% prevalence rate
from a previous study conducted in an animal refuge in Nakhon Nayok, Thailand [8],
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with an acceptable relative error of 5% and a 95% confidence interval. The samples were
randomly selected from cat populations to increase detection potential using a list of
random numbers generated from the Open Epi program 3.01 [21].

Figure 1. Map of the study area in Chiang Mai Province, Thailand. The star indicates the Small
Animal Veterinary Teaching Hospital, Faculty of Veterinary Medicine. The 43 selected cats that
reached the inclusion criteria resided in 11 districts, including Fang (Fa), Chai Prakan (CP), Phrao
(Ph), Mae Tang (MT), Mae Rim (MR), San Sai (SS), Doi Saket (DS), Mueang Chiang Mai (M), Hang
Dong (HD), Saraphi (Sr), and San Kamphaeng (SK).

2.3. Data and Sample Collection

The individual demographic data (age, sex, and breed) of 43 selected cats, as well
as risk factors including the cats” housing (indoor or outdoor), predatory behavior, and
deworming regimens (time and frequency of deworming), were retrieved from the cats’
owners using a questionnaire. Clinical signs and blood profiles for each selected cat were
recorded, including ALT, ALP, and eosinophil levels. Eosinophil count was performed
using an automated hematological analyzer (BC-5300 Vet, Mindray, Shenzhen, China),
and serum ALT and ALP assessments were performed using an automated chemistry
analyzer (BX-3010, Sysmex Corporation, Tokyo, Japan) according to the manufacturer’s
recommendations.

Forty-three fecal samples were collected from the litter boxes of individually housed
cats. After that, fecal samples were transported on ice to the Parasitology Laboratory at
the Faculty of Veterinary Medicine, Chiang Mai University, Chiang Mai, Thailand. The
samples were stored at 4 °C and analyzed within 1 week.
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2.4. Parasitological Procedures and Identification
2.4.1. Fecal Analysis

All fecal samples were examined under a light microscope after simple flotation using
zinc sulfate solution (specific gravity: 1.35) and formalin—ether sedimentation techniques [1,17].
A fecal sample was considered Platynosomum-positive if at least one Platynosomum-like egg,
primarily identified using Basu et al.’s morphological keys [2], was identified. The remaining
positive fecal samples were stored at —20 °C until further molecular analysis.

2.4.2. Molecular Technique for Species Identification

Genomic DNA samples from Platynosomum-positive fecal samples were extracted
using the NucleoSpin® DNA stool kit (Macherey-Nagel GmbH, Diiren, Germany) according
to the manufacturer’s instructions.

Two PCR assays were conducted to identify the species of Platynosomum in the
positive samples. DNA fragments of the internal transcribed spacer 2 (ITS2) region
(~560 bp) and trematode mitochondrial cytochrome ¢ oxidase 1 (coxI) gene (396 bp)
were amplified using published primers and thermocycler programs [18,22]. A forward
primer, ITS5 (5-GAAGTAAAAGTCGTAACAAGG-3'), and a reverse primer, d58R (5'-
CACGAGCCGAGTGATCCACCGC-3'), were used for the ITS2 amplification, and a for-
ward primer, JB3 (5-TTTTTTGGGCATCCTGAGGTTTAT-3'), and a reverse primer,
Trem.cox1.rrnl (5'-AATCATGATGCAAAAGGTA-3'), for cox] amplification. An annealing
temperature of 55 °C was used to amplify the ITS2 fragment [18], and 50 °C was used
for the cox1 fragment [22]. Distilled water (DW) and adult Platynosomum illiciens DNA
harvested from an infected cat carcass were used as negative and positive controls, re-
spectively. PCR-positive products were purified using a Nucleospin® PCR Clean-up Kit
(Macherey-Nagel GmbH, Diiren, Germany) and submitted for direct sequencing using a
commercially available direct sequencing service (Macrogen, Seoul, Republic of Korea)
in the forward and reverse directions using the PCR primer sets described above. Only
two cox1 and four ITS2 nucleotide sequences of Platynosomum were successfully retrieved.
Nucleotide sequences from forward and reverse directions were edited and manually
aligned to retrieve a consensus sequence using BioEdit Sequence Alignment Editor Soft-
ware version 7.7 [23]. Phylogenetic analysis was performed using MEGA X [24]. Available
sequences of Platynosomum spp. from Vietnam [6], Brazil [18], and Sri Lanka [4] were used
as reference sequences for tree construction. In addition, a sequence of Dipylidium caninum
from Italy (MT806359) [25] and Dicrocoelium dendriticum from Japan (LC629058) [26] were
used as an outgroup species for the coxI gene and ITS2 region, respectively. Multiple
sequences were aligned using ClustalW, and phylogenetic analysis was performed using a
maximum likelihood (ML) method based on the Tamura—Nei model [27]. A consensus tree
was obtained after a 1000-replication bootstrap analysis.

2.5. Statistical Analysis

Demographic data, factors, clinical signs, and blood profiles were entered into a
spreadsheet, and all statistical analyses were performed using Stata statistical software
release 16.1 (StataCorp, College Station, TX, USA). The prevalence of Platynosomum
infection in cats with elevated ALT levels was calculated with a 95% confidence interval
(CI). Odds ratios (OR) and the 95% CI were estimated to measure the strength of the
association using univariable logistic regression analysis. Variables associated with
Platynosomum infection (p < 0.1) were included in a multivariable logistic regression
analysis. A multivariable logistic regression model was performed using a backward
stepwise elimination procedure against the parasitic examination results. The normality
of serums ALT and ALP and eosinophil levels was assessed using the Shapiro-Wilk test.
Differences in ALT, ALP, and eosinophil levels between parasitized and non-parasitized
cats were compared using the Mann—-Whitney U test. p-values < 0.05 were considered
statistically significant.
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3. Results
3.1. Occurrence of Platynosomum spp. Infection

A total of 43 fecal samples were obtained from cats of different ages, sexes, and breeds
(Table 1). The study population comprised 65.12% female and 34.88% male cats; most of
them were juvenile (1-7 years old, 72.1%) and domestic short-haired cats (74.42%). The
proportion of Platynosomum spp. infection in cats with elevated ALT levels was 11.63% (95%
CI: 4.70-25.58), and all were determined as microscopically positive in both the zinc sulfate
flotation and formalin—ether sedimentation techniques. The single infection rate of this
hepatic trematode was 4.65%, whereas dual infections with Toxocara spp. or Ancylostoma

spp. occurred at 2.33%, and triple infections with Toxocara spp. and Toxascaris spp. were
found at 2.33% (Table 2).

Table 1. The demographic data (age, sex, and breed) of selected cat samples.

Demographic Data Number (%)
Age
Kitten (<1 year) 7 (16.28)
Juvenile (1-7 years) 31 (72.10)
Adult (7-14 years) 4(9.30)
Geriatric (>14 years) 1(2.33)
Sex
Female 28 (65.12)
Neutered 19 (67.86)
Unneutered 9 (32.14)
Male 15 (34.88)
Neutered 6 (40.00)
Unneutered 9 (60.00)
Breed
Domestic short-haired 32 (74.42)
Siamese 1(2.32)
Persian 7 (16.28)
Scottish fold 2 (4.65)
British shorthair 1(2.32)

Table 2. Occurrence of Platynosomum spp. infection and co-infection of other helminths assessed by
microscopic examination.

Helminthic Infections No. Positive (% Positive)

Overall helminthic infections 14 (32.56)
Platynosomum spp. 5(11.63)
Ancylostoma spp. 3 (6.98)

Toxocara spp. 8 (18.60)
Toxascaris spp. 2 (4.65)
Spirometra spp. 1(2.33)

Single helminthic infection 10 (23.26)
Platynosomum spp. 2 (4.65)
Ancylostoma spp. 2 (4.65)

Toxocara spp. 5(11.63)
Spirometra spp. 1(2.33)
Dual helminthic infections 3 (6.98)
Platynosomum spp. + Toxocara spp. 1(2.33)
Platynosomum spp. + Ancylostoma spp. 1(2.33)
Toxocara spp. + Toxascaris spp. 1(2.33)
Triple helminthic infections 1(2.33)
Platynosomum spp. + Toxocara spp. + Toxascaris spp. 1(2.33)
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The Platynosomum eggs presented with a mean length of 32.34 £ 10.85 um (range:
13.75-40.0 pm) and a width of 22.6 + 7.27 um (range: 10.0-30.0 pm). A varied size
of typical eggs was predominantly observed in the fecal samples of four infected cats.
Morphologically, they were golden to dark brown, elliptical, and embryonated with an
operculum at one end (Figure 2A-D). In one infected cat, an atypical egg was smaller and
lacked an embryo (Figure 2E).
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Figure 2. Platynosomum spp. eggs from infected cat fecal samples assessed by simple flotation
method and examined under a light microscope. (A-D) Platynosomum spp. eggs were operculated,
brown, and elliptical, containing undefined and granular embryos, and possibly germ balls inside.
(E) Another form of Platynosomum spp. egg was smaller in size and brown, with a thick shell, long
elliptical, and no internal germ balls.

3.2. Platynosomum Species Confirmation and Genetic Characteristics of P. illiciens Based on ITS2
Region and cox1 Gene

Four of the five Platynosomum-egg-positive samples were assessed using PCR assays
targeting the ITS2 region and the cox1 gene. One positive fecal sample was not available for
PCR assays (Cat13-CMU). Platynosomum DNA was successfully amplified in all samples
using ITS2 PCR assays, and in two samples using a coxI PCR assay. Nucleotide sequence
analyses revealed that all Platynosomum-positive samples were P. illiciens. The sequences
of P. illiciens in cat isolates were deposited in GenBank (DDBJ/EMBL/GenBank database
Accession No. LC779845-1.C779848 for ITS2 and LC779849-L.C779850 for cox1). The cox1
sequence in one cat (Catl-CMU) exhibited 100% identity with P. illiciens found in a cat
isolate from Brazil (GenBank: OM368257). The ITS2 sequence presented 99.74% identity
with P, illiciens isolates from cats from Sri Lanka (GenBank: OK254044) and Costa Rica
(GenBank: LC500530). As displayed in Figure 3A, the cox1 sequence of one isolate, P1-
COX1-Catl-CMU, was placed in the same group of P. illiciens isolates from cats from
Brazil (GenBank: MH155181-184), while P16-COX1-Cat16-CMU was separated in the
different clade. Regarding the ITS2 sequences (Figure 3B), P9-ITS2-Cat9-CMU was close
to P. illiciens isolates from cats from Brazil (GenBank: MH156565). Two isolates, P2-ITS2-
Cat2-CMU and P16-ITS2-Cat16-CMU, were close to P. illiciens isolates from cats from
Sri Lanka (GenBank: OK254044). One isolate, P1-ITS2-Cat1-CMU, was separated into a
different clade.
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Figure 3. The evolutionary relationship of P. illiciens isolates from cats, based on 396-bp fragments
of the mitochondrial cytochrome ¢ oxidase subunitl (cox1) gene (A), and on 396-bp fragments of
the internal transcribed spacer 2 (ITS2) region (B). The tree was constructed using a maximum
likelihood method based on the Tamura—Nei model using MEGA X software 10.2.6. The number
in each branch indicates the percentage of 1000 bootstrap replications. Sequences obtained from
GenBank are indicated by their accession numbers.

3.3. Associations of Demographic Data, Clinical Signs, and Factors with Platynosomum Infection

The associations of demographic data, clinical signs, factors, and Platynosomum in-
fection are summarized in Table 3. Univariable logistic regression analyses demonstrated
no significant association of Platynosomum infection with age, sex, breed, cat’s housing,
predatory behavior, or clinical signs, including anorexia, weakness, vomiting, and jaundice.
On the other hand, the deworming program (p = 0.003) and deworming time (p = 0.003)
were statistically significantly associated with the parasitic infection. For the multivariable
logistic regression analysis, when controlling for jaundice, the odds of Platynosomum
infection in cats without a deworming program were 16 times higher than those of regu-
larly dewormed cats (Table 4). Interestingly, two out of five infected cats had a history of
receiving deworming drugs but followed an irregular deworming program.
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Table 3. Univariable analysis of the associations between factors and Platynosomums infection in cats

with increased alanine aminotransferase (ALT) (n = 43).

Variable Platynosomum-Positive Number (%) Odds Ratio 95% CI p Value
Sex 0.643
Male 1/15 (6.70) Reference
Female 4/28 (14.3) 2.33 0.24-23.00 0.468
Neuter status 0.717
Female—intact 1/9 (11.10) Reference
Female—spayed 3/19 (15.80) 1.48 0.10-88.45 ~1.000
Male—intact 0/9 (0.00) 1.00 0-39.00 1.000
Male—castrated 1/6 (16.70) 1.55 0.02-141.06 ~1.000
Age 0.771
Kitten (<1 year) 0/7 (0.00) Reference
Juvenile (1-7 years) 5/31 (16.1) 1.67 0.20-inf. 0.677
Adult (7-14 years) 0/4 (0.00) 1.00 0.00-inf.
Geriatric (>14 years) 0/1 (0.00) 1.00 0.00-inf.
Breed 0.738
Persian 0/7 (0.00) Reference
Domestic short-haired 5/32 (15.60) 1.61 0.19-inf. 0.700
Siamese 0/1 (0.00) 1.00 0.00-inf.
Scottish fold 0/1 (0.00) 1.00 0.00-inf.
British shorthair 0/2 (0.00) 1.00 0.00-inf.
Cat’s housing 0.589
Indoor 3/32 (9.40) Reference
Outdoor 2/11 (18.20) 2.11 0.15-21.62 0.760
Predatory behavior 0.145
Yes 5/28 (17.9) 4.09 0.15-inf. 0.204
No 0/15 (0.00) Reference
Deworming program 0.003
Regular 0/28 (0.00) Reference
Irregular 2/8 (25.00) 943 0.70-inf. 0.089
No deworming 3/7 (42.90) 20.68 2.00-inf. 0.011
Deworming time 0.003
2-6 months 0/24 (0.00) Reference
6-12 months 1/10 (10.00) 2.40 0.06-inf. 0.588
>12 months 1/2 (50.00) 12.00 0.31-inf. 0.154
No deworming 3/7 (42.90) 17.70 1.71-inf. 0.016
Clinical signs £21.000
No 3/25 (12.00) Reference
Yes 2/18 (11.11) 0.92 0.07-9.02 ~1.000
Anorexia 0.575
No 3/33(9.09) Reference
Yes 2/10 (20.00) 2.44 0.18-25.41 0.657
Vomiting =1.000
No 5/37 (11.63) Reference
Yes 0/6 (0.00) 0.86 0-7.49 0.906
Jaundice 0.060
No 3/39 (7.69) Reference
Yes 2/4 (50.00) 10.72 0.59-202.65 0.120
Weakness 0.116
No 4/42 (9.52) Reference
Yes 1/1 (100.00) 7.60 0.19-Inf 0.233
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Table 4. Multivariable analysis of the associations between factors and Platynosomums infection in
cats with increased alanine aminotransferase (ALT) (n = 43).

Factor Odds Ratio 95%ClI p Value
Irregular deworming 5.10 0.30-Inf 0.259
No deworming 15.95 1.40-Inf 0.022
Jaundice 6.13 0.23-522.33 0.439

Regarding the systemic deworming drugs, praziquantel at 5 mg/kg combined with
pyrantel embonate at 57.5 mg/kg was the most commonly used parasiticide (34.88%;
15/43), followed by pyrantel embonate at 5 mg/kg (9.3%; 4/43) and fenbendazole at
30 mg/kg (4.65%; 2/43). Spot-on parasiticides were sporadically used, including fipronil
at 11.11-33.2 mg/kg combined with (S)-methoprene at 13.51-40 mg/kg and praziquantel
at 11.11-33.2 mg/kg (9.3%; 4/43); and imidacloprid at 12.5-25 mg/kg combined with
moxidectin 1.25-2.5 mg/kg (4.65%; 2/43). Additionally, nine of the forty-three cats (20.93%)
were dewormed with unknown medications.

3.4. Comparisons of Blood Profiles between Cats with and without Platynosomum Infection

Comparisons of serums ALT and ALP and eosinophil levels in parasitized and non-
parasitized cats are shown in Figure 4. In platynosomiasis cats, the median of ALT was
134 U/L (IQR: 101-773 U/L), ALP was 80 U/L (IQR: 50-80 U/L), and eosinophil was
1.45 x 103 cells/puL (IQR: 1.00-3.27 x 103 cells/uL); in non-infected cats, the median of ALT
was 199 U/L (IQR: 115-277 U/L), ALP was 75.5 U/L (IQR: 52-101 U/L), and eosinophil was
0.57 x 103 cells/uL (IQR: 0.37-1.04 x 103 cells/pL). Notably, the median eosinophil level
in infected cats was significantly higher than in non-infected cats (p = 0.014). However, the
two groups had no significant differences in levels of ALT (p = 0.791) and ALP (p = 0.970).
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Figure 4. Box-plot comparison of alanine aminotransferase (ALT), alkaline phosphatase (ALP), and
eosinophils counts between Platinosomum-positive and -negative cats. *, p < 0.05.

4. Discussion

In this study, we estimated the occurrence of and assessed factors and clinicopatholog-
ical abnormalities associated with Platynosomum infection in cats with elevated serum ALT
levels that visited the Small Animal Veterinary Teaching Hospital, Chiang Mai University,
Chiang Mai, Thailand. The infection of Platynosomum illiciens in cats with increased ALT lev-
els was common at a proportion of 11.63%. However, detecting this liver fluke in the fecal
samples of cats can vary depending on the population tested and diagnostic techniques.

Platynosomum infection represents a significant concern in cat populations, with doc-
umented prevalence rates varying from 0.07% to 9.76% in Asia [3-10]. In Thailand, the
prevalence of Platynosomum infection in stray cats has been reported at 0.07% (1/1485) in
Bangkok, 2.67% (4/150) in Pathum Thani and Nakhon Pathom Provinces, and 2.7% (8/300)
in Nakhon Nayok Province [7-9]. In contrast, the prevalence of this parasite in cats
with elevated ALT levels in the current study was 11.63% (95% CI: 4.70-25.58), notably
higher than previous reports in Thailand. Previous reports have revealed that P. illi-
ciens infection is typically asymptomatic, with animals often harboring parasites with-
out displaying specific clinical abnormalities [11,28]. In a recent systematic review by
Silva et al., the predominant specific symptom of Platynosomum-infected cats was icterus
(45.8%), whereas the general symptom was weakness (65.8%) [29]. In this study, 60% (3/5)
of infected cats were asymptomatic, while 40% (2/5) exhibited jaundice and anorexia.
Furthermore, there were no statistically significant associations between other clinical
signs and the presence of Platynosomum infection (p > 0.05). These findings are consis-
tent with several previous studies [11,28,30]. Therefore, the difference in the estimated
prevalence of Platynosomum infection in this study compared to others in Thailand may
be attributed to the fact that all cats in this study had elevated serum ALT levels, sug-
gesting problems in the hepatobiliary system that pose a high risk for platynosomiasis.
It is also important to note that the severity of clinical signs depends on several factors,
including the fluke burden, the infection duration, and the animal’s immune system
response [14,15].

Detecting Platynosomum infection is challenging. The detection of Platynosomum eggs
can vary depending on the sources of the sample and diagnostic techniques. Using fecal
detection, the prevalence has been reported to be as low as 0.07%, but the prevalence
of this parasite in necropsies is reportedly 3.16 to 45% [1,2]. In addition, the study of
Ramos et al. revealed that microscopic egg detection from bile samples was 1.6 times
more sensitive than manual trematode collection during necropsy. Regarding diagnos-
tic techniques, many gaps remain in the history of platynosomiasis. This indicates that
the infection may have occurred sporadically or has been underestimated over time due
to the inefficiency of diagnostic methods [1]. However, recent studies have revealed
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that distinct coproparasitological evaluations, including the FLOTAC technique, using a
flotation solution with a specific gravity of 1.35, and formalin—ether sedimentation, are
effective tools for diagnosing P. illiciens [1,2]. With detection under a light microscope
after these concentrating techniques, false positives are unlikely; however, a false neg-
ative can result from a too-low specific gravity of flotation solution that cannot float
Platynosomum eggs or from excessive debris in the sample that masks the detection of the
egg [16]. In one study, the formalin—ether concentration technique was superior to the
sugar flotation technique with a specific gravity of 1.27 [8]. In this study, fecal flotation
using a flotation solution with a specific gravity of 1.35 showed a detection rate simi-
lar to formalin—ether sedimentation. Therefore, the flotation technique with a specific
gravity solution of 1.35 or formalin—ether sedimentation may be suggested for detecting
trematode eggs.

Upon examination of the Platynosomum eggs under light microscopy, we expected
golden to dark brown, elliptical, and embryonated eggs containing an operculum at one
end, with a size range of 20-35 x 34-50 um [6,31,32]. The morphology of Platynosomum
spp- eggs found in this study was primarily consistent with previous reports. However,
Platynosomum eggs from one cat (Cat2) were smaller (10.0-13.75 x 13.75-20.0 pm) with
a thick shell, long elliptical shape, and lack of internal germ balls. We speculate that the
smaller size and unusual morphology of these eggs could point to the detection of immature,
atypical, unfertilized, or abnormal eggs that have been previously reported [2,32,33]. As
morphological examination cannot be used for species differentiation, in this study, the
species of all Platynosomum-positive eggs were identified using nucleotide sequence
analyses of products from PCR assays targeting the ITS-2 region and cox-1 gene. All
positive samples were 100% identical to Platynosomum illiciens.

Regarding age, cats” housing, and the predatory behaviors of cats, previous studies
have reported a significant association with P illiciens infection, while sex, neutering status,
and breed are not considered risk factors for platynosomiasis cases [14,15,29]. Cats older
than two years have been shown to have a higher prevalence and higher odds of infection
than cats aged less than 2 years [19]. Outdoor cats or free-roaming cats with hunting
behaviors are at a higher risk of contracting parasitic infections, as they have increased
accessibility to intermediate or paratenic hosts, which play an essential role in the life
cycle of this parasite [31]. The present study demonstrated no significant associations
between demographic data (age, sex, and breed), cats’ housing, or predatory behavior
with P. illiciens infection. This finding may be due to the small sample size of cats in this
study. However, we found that juvenile (1-7 years) outdoor cats with predatory behavior
were more frequently infected, which aligned with findings from previous studies [14,19].
The higher prevalence rates in the juvenile group could be attributed to their carnivorous
habits, which are typically expressed from one year of age. The prepatent period of this
parasite is 56-60 days [27,34]. Although our findings did not demonstrate a statistically
significant association with the infection, it is advisable to recommend keeping cats indoors
as a preventive measure to reduce the risk of exposure to intermediate or paratenic hosts of
Platynosomum spp.

The multivariable logistic regression analysis revealed an association between de-
worming programs and P. illiciens infection. Cats with no deworming schedule were
16 times more likely to be infected with P. illiciens than cats with a regular schedule.
This result confirmed the findings of previous studies regarding the importance of a reg-
ular deworming program in decreasing the chances of infection [35,36]. Notably, two
out of five infected cats underwent a deworming regimen but still were positive for P.
illiciens infection. Of these two cats, one received a combination of pyrantel embon-
ate at 57.5 mg/kg combined with praziquantel at 5 mg/kg, and another one received
pyrantel embonate at 5 mg/kg for over a year without a repeat deworming program.
Therefore, the infection may be due to these cats not receiving appropriate deworming,
which could involve using an ineffective anthelmintic agent, underdosing, or irregular
deworming. Regarding the treatment efficacy of anthelmintic medications for platyno-
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somiasis, praziquantel at 20-30 mg/kg PO once daily for three to five consecutive days,
with a repeat treatment 12 weeks after the initial medication, is the most commonly used
method, reported to be more efficient than fenbendazole at 50 mg/kg PO twice a day
for five days [36,37]. Therefore, we recommend regular deworming with praziquantel,
accompanied by at least an annual fecal examination, to reduce the risk of infection, as
well as monitoring for cats over one year of age that roam freely and lack a consistent
deworming program.

Regarding platynosomiasis in cats, signs of hepatocellular injury have been reported,
including changes in serum ALT, with ALP usually remaining unaffected [11]. A marked
increase in ALT indicates hepatic parenchymal cell damage, resulting in cytosol content
leakage into the circulation. The elevation of ALP was associated with severe cholestasis,
which was observed at a low frequency (16.6%) in platynosomiasis cases [28,38]. In this
study, ALT and ALP showed no statistically significant differences between parasitized
and non-parasitized cats. We speculate that these results were due to the small sample
population of infected cats and the variability in the infectious status of the individual
animals. The fluke burden and host immune status determined the severity of the parasitic
infestation and the time the animals developed hepatic inflammation, leading to cholangitis
or cholangiohepatitis related to clinicopathological abnormality consequences [11,28]. In
this study, eosinophil counts were significantly higher in parasitized cats than in non-
parasitized cats (p = 0.014). This result is entirely in agreement with other studies, in which
eosinophilia has been reported to be more common in cats with platynosomiasis [39-41].
The study of Taylor et al. revealed that all cats experimentally infected with 125 flukes
(small dose) and 1000 flukes (large dose) exhibited eosinophilia at peak level 4 to 5 months
after infection [41]. It is well documented that helminths induce Th2-dominant immune
responses and increase the number of eosinophils. The eosinophil chemotaxis has a direct
cytotoxic effect on parasites [42].

Based on our findings, an elevation in eosinophil counts in cats with elevated serum
ALT may be in accordance with P. illiciens infection. Nevertheless, a larger sample size is
essential for a more comprehensive evaluation of the association between clinicopathologic
abnormalities and the infection. Regarding other hepatobiliary enzymes, serum aspartate
aminotransferase (AST) and gamma-glutamyl transferase (GGT) are interesting parameters
for evaluating chronic hepatobiliary abnormalities. Therefore, further studies should
investigate the changes in these enzyme parameters that might be associated with P. illiciens
infection. Regarding the detection of fluke ova, using only coproparasitological evaluation
was not robust enough to detect the infection. Fecal examination can only detect parasitic
eggs during the shedding period. Thus, fecal samples should be collected and re-evaluated
every 2-3 months due to the prepatent period of this fluke [28,34]. In platynosomiasis
cases involving bile duct obstruction, the fluke ova cannot pass into the feces through the
intestinal tract, potentially leading to misdiagnosis [11,31]. Therefore, additional diagnostic
techniques, such as hepatobiliary ultrasonography and bile microscopic evaluation, should
be investigated in further studies to enhance the diagnostic efficiency of P. illiciens infection
in cats.

5. Conclusions

In conclusion, this study provided insights into the occurrence, factors, and clinico-
pathologic abnormalities associated with P. illiciens infection in cats with elevated liver
enzymes. Our findings demonstrate that the presence of eosinophilia in cats, along with
an increase in serum ALT levels, may suggest P. illiciens infection in endemic areas. These
findings should raise awareness of this parasitic infection among veterinary practition-
ers. Furthermore, the implementation of an appropriate deworming program is strongly
recommended as a preventive measure to minimize the risk of P. illiciens infection.
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Simple Summary: Parasitic protozoa are a common cause of vector-borne disease outbreaks and
have been identified in different groups of wild animal species. Small mammals, such as rodents and
shrews, play an important role in the transmission and maintenance of parasites. To understand the
risk of parasitic protozoa, it is essential to have a good understanding of the status of transmitting
vectors. This study aimed to investigate the diversity and current status of parasitic protozoa,
including Trypanosoma, Babesia, and Theileria, from small mammals in the Republic of Korea. We
found that the prevalence of Trypanosoma grosi was 23.9% (79/331) and Babesia microti was 10%
(33/331), while Theileria was not detected in small mammals. These results can be used to raise
awareness of parasite infection in the Republic of Korea.

Abstract: Small mammals, such as rodents and shrews, are natural reservoir hosts of zoonotic
diseases, including parasitic protozoa. To assess the risk of rodent-borne parasitic protozoa in the
Republic of Korea (ROK), this study investigated the status of parasitic protozoa, namely Trypanosoma,
Babesia, and Theileria, in small mammals. In total, 331 blood samples from small mammals were
analyzed for parasites using PCR and sequenced. Samples were positive for Trypanosoma grosi (23.9%;
n =79) and Babesia microti (10%; n = 33) but not Theileria. Small mammals from Seogwipo-si showed
the highest infection rate of T. grosi (48.4%), while the highest B. microti infection rate was observed
in those from Gangneung-si (25.6%). Sequence data revealed T. grosi to be of the AKHA strain.
Phylogenetic analysis of B. microti revealed the US and Kobe genotypes. B. microti US-type—infected
small mammals were detected throughout the country, but the Kobe type was only detected in
Seogwipo-si. To our knowledge, this is the first nationwide survey that confirmed T. grosi and B.
microti infections at the species level in small mammals in the ROK and identified the Kobe type of B.
microti. These results provide valuable information for further molecular epidemiological studies on
these parasites.

Keywords: wild animal; rodents; shrews; protozoa; molecular epidemiology

1. Introduction

Small mammals, such as rodents and shrews, are well-known hosts and reservoirs of
zoonotic diseases that pose a crucial threat to human health. Over 2000 species of rodents
are distributed worldwide and live closely with humans [1,2]. Of these, approximately
200 species are reservoirs of more than 60 zoonotic diseases caused by viruses, bacteria,
and parasites [3,4]. Yersinia pestis, Salmonella, and Hantavirus are among the most important
pathogens affecting public health [5,6].

Zoonotic parasites are a common cause of vector-borne disease outbreaks and have
been identified in different groups of wild animal species. Rodents play an important
role in the transmission and maintenance of zoonotic parasites [6,7]. Most parasites in
the blood and tissues of rodents can be transmitted to humans through contaminated
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food, water, rodent urine and feces, or via ectoparasites [8]. Therefore, it is necessary to
investigate zoonotic parasite infections in small mammals to reduce exposure risk and
predict future trends in pathogen prevalence and distribution according to seasonal and
environmental changes.

Several zoonotic parasitic protozoa, such as Trypanosoma and Babesia, which cause
trypanosomiasis and babesiosis, respectively, have gained importance as infectious agents.
Trypanosoma is a parasitic hemoflagellate protozoan belonging to the Trypanosomatidae
family that can infect animals and humans [9,10]. Certain species of this parasite may be
transmitted by blood-feeding arthropods such as Triatoma sp. (kissing bug) and Glossina
sp. (tsetse fly). Trypanosoma cause serious diseases in humans, such as Chagas disease
(also known as American trypanosomiasis), caused by Trypanosoma cruzi, and African
trypanosomiasis, caused by the Trypanosoma brucei complex [11].

Piroplasms are parasitic protozoa belonging to the genera Babesia and Theileria, which
are the causative agents of babesiosis and theileriosis, respectively. Both intraerythrocytic
protozoan parasites are transmitted by ticks [12,13] and are recognized for their important
economic effects on the livestock industry and human health. Zoonotic babesiosis, mainly
caused by Babesia microti, has recently posed a serious public health risk worldwide, in
contrast to theileriosis, which has no zoonotic potential [14,15]. Approximately 100 Babesia
species are known to infect animals and humans. The common clinical symptoms of
babesiosis include fever, chills, fatigue, and headache [16,17]. The incidence of babesiosis
has increased between 2011 and 2019 in the United States [18]. Cases of Babesia infections
have been reported in various countries worldwide, including China, Germany, Canada,
Australia, Japan, and the Republic of Korea (ROK) [19,20].

Therefore, given the importance of these three parasitic protozoa within the livestock
industry and/or Public Health and as they can also be found in wild small mammals as
reservoir hosts, we used molecular methods to investigate the diversity and current status

of parasitic protozoa, including Trypanosoma, Babesia, and Theileria, in small mammals in
the ROK.

2. Materials and Methods
2.1. Ethical Approval

All animal experiments were performed according to the guidelines for ethical conduct
in the care and use of animals and approved by the Institutional Animal Care and Use
Committee of the Korea Disease Control and Prevention Agency (approval number: KDCA-
102-22). Permission to capture small mammals was obtained from each site in accordance
with the Wildlife Protection and Management Act of the ROK.

2.2. Small Mammal Sampling

This study was conducted at 16 sites in the ROK in 2021 (Figure 1). Trapping was
performed in the spring (March and April) and autumn (October and November). Small
mammals were captured using Sherman folding live traps (BioQuip Products, Rancho
Dominguez, CA, USA) baited with pieces of cheese crackers set in various habitats, includ-
ing rice paddy fields, dry paddy fields, waterways, meadows, and reservoirs. Live small
mammals were transferred to the laboratory and euthanized with carbon dioxide. After
the identification of small mammals [2], blood was drawn from the heart using syringes,
preserved in EDTA vacutainer tubes (BD, Franklin Lakes, NJ, USA), and stored at —20 °C
until further use.
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Figure 1. Trapping sites (®) in the Republic of Korea (ROK). Map was created using the Free and
Open Source QGIS (QGIS 3.28.10. Geographic Information System, http:/ /www.qgis.org, accesed on
8 September 2023).

2.3. Molecular Detection of Parasites in Small Mammals

Genomic DNA was extracted from 331 small mammal blood samples (100 pL each)
using the QIAamp DNA Blood Mini Kit, following the manufacturer’s protocol (Qiagen,
Hilden, Germany). To detect parasite infection, we used the extracted DNA and amplified
the ITS1 gene of Trypanosoma spp. using TRYPIR (5'-GGAAGCCAAGTCATCCATCG-3')
and TRYP1S (5'-CGTCCCTGCCATTTGTACACAC-'3) primer sets targeting for ~623 bp
fragments [21]. PCR was performed with 20 puL using an AccuPower PCR PreMix (Bioneer,
Daejeon, Republic of Korea). Each PCR mixture was composed of 1 pL of each oligonu-
cleotide primer (10 pmol/pL), 3 puL of genomic DNA as template, and 15 pL of distilled
water. The conditions were initial denaturation at 95 °C for 5 min, followed by 35 cycles
of 30 s at 95 °C, 1 min at 55 °C, and 1 min at 72 °C, with a final extension at 72 °C for
10 min in a C1000™ Thermal Cycler (Bio-Rad, Hercules, CA, USA). Thus, we amplified the
185 rRNA gene of Babesia and Theileria to obtain a 561 bp fragment using the commercial
AccuPower Babesia & Theileria PCR Kit (Bioneer, Daejeon, Republic of Korea) according
to the manufacturer’s instructions. Briefly, the lyophilized premix and primer comprised
3 uL genomic DNA as template, and 17 pL distilled water. The PCR reaction mixture was
subjected to thermal cycling at 95 °C for 5 min, followed by 40 cycles of 20 s at 95 °C, and
50 s at 59 °C, with a final extension at 72 °C for 5 min. The genomic DNA of B. microti and
T. cruzi, obtained from American Type Culture Collection (ATCC, Manassas, VA, USA), and
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Theileria, obtained from Bioneer (Daejeon, Republic of Korea), were used as positive con-
trols. A suitable positive control and negative control were included in each amplification
reaction. Amplification products were analyzed using a QIAxcel capillary electrophoresis
system (Qiagen). The DNA extraction, PCR amplification, and automated electrophoresis
were performed in separate rooms to prevent contamination.

2.4. Sequencing and Phylogenetic Analysis

Positive PCR products were purified using QIAquick PCR purification kits (Qiagen)
and sequenced using Sanger sequencing and an ABI PRISM 3730xI analyzer (Life Tech-
nologies, Carlsbad, CA, USA). The nucleotide sequences were compared with reference
sequences obtained from GenBank using nucleotide BLAST (National Center for Biotech-
nology Information, NCBI). All sequences used in phylogenetic analyses were downloaded
from GenBank, available through the NCBI. A phylogenetic tree was constructed using the
neighbor-joining method and p-distance model in MEGA X (Pennsylvania State University,
State College, PA, USA). The sequences obtained in this study were submitted to GenBank
(accession numbers: OP804252, OP804253, OP804254, OP297200, and OP297201).

2.5. Statistical Analysis

Statistical analyses were performed using IBM SPSS Statistics software version 26
(IBM, Armonk, NY, USA). Pearson’s chi-square test or Fisher’s exact test was used to
examine the association between parasitic infections in small mammals and related factors,
including small mammal species, seasonal habitat type, and trapping site. p < 0.05 was
considered significant.

3. Results
3.1. Prevalence of Parasitic Protozoa in Small Mammals in the ROK

Over the two trapping seasons in 2021, 331 small mammals belonging to eight genera
and ten species were collected from 16 sites in the ROK. The results showed that 14 sites
harbored parasitic protozoa, T. grosi or B. microti, infecting small mammals, with the
exceptions being Boryeong-si and Cheongju-si (Table 1); Theileria was not detected in any
of the samples. The small mammals collected from Seogwipo-si had the highest T. grosi
infection rate at 48.4% (15/31). The results also showed that 10 sites harbored B. microti,
with the highest B. microti infection rate being 32.6% (14/43) in Gangneung-si. The infection
rates in Seogwipo-si and Gangneung-si were significantly higher than those in other sites
(p < 0.05). Also, our results showed that one genotype of B. microti was confirmed in each
site. Among positive samples of B. microti, the US type was found to be the dominant
genotype in the ROK; only the B. microti Kobe type was detected in Seogwipo-si, which is
the first confirmation from small mammals in the ROK (Table 1).

Table 1. Molecular prevalence of Trypanosoma grosi and Babesia microti and genetic diversity of
B. microti in small mammals collected from different sites of the Republic of Korea (ROK) in 2021.

. No. T. grosi- No. B. microti- B. microti
Site No. Tested Positivge (%) Positive (%) Genotype
Gangneung-si 43 11 (25.6) 14 (32.6) $8 US type
Hwaseong-si 33 12 (36.4) 1(3.0) US type
Seogwipo-si 31 15 (48.4) S 2(6.5) Kobe type
Jinan-gun 24 5(20.8) 2(8.3) US type
Cheorwon-gun 23 6 (64.7) 1(4.3) US type
Geoje-si 23 6(26.1) 0 (0.0)
Yeoju-si 22 3 (13.6) 0 (0.0)
Yeongdeok-gun 20 4(20.0) 2 (10.0) US type
Paju-si 19 6 (31.6) 6 (31.6) US type
Jeongeup-si 18 1 (5.6) 2 (11.1) US type
Gimcheon-si 18 1(5.6) 0 (0.0)
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Table 1. Cont.

. No. T. grosi- No. B. microti- B. microti
Site No. Tested Positivge (%) Positive (%) Genotype
Boseong-gun 17 1(5.9) 1(5.9) US type
Hapcheon-gun 16 1(6.3) 2 (12.5) US type
Yesan-si 14 2 (14.3) 0(0.0)
Boryeong-si 8 0(0.0) 0(0.0)
Cheongju-si 8 0(0.0) 0 (0.0)
Total 331 79 (23.9) 33 (10.0)

§ Significantly higher T. grosi infection rate in Seogwipo-si vs. other sites; S8 Significantly higher B. microti infection
rate in Gangneung-si vs. other sites.

3.2. Prevalence and Phylogenetic Analysis of T. grosi and B. microti in Small Mammals

Three species, Apodemus agrarius (striped field mouse), Crocidura sp., and Apodemus
peninsulae (Korean field mouse), were confirmed to be infected with parasitic protozoa.
A. agrarius was highly dominant, accounting for 87.6% (290/331) of trapped small mammals,
and co-infected with T. grosi and B. microti in six individuals (Table 2).

Table 2. Prevalence of Trypanosoma grosi and Babesia microti in blood samples from small mammals
collected from the ROK in 2021.

Small Mammal No. Tested No. of T. grosi- No. of B. microti- No. of
Species ) Positive (%) Positive (%) Coinfection (%)

Apodemus agrarius 290 77 (26.5) 32 (11.0) 6 (2.0)
Crocidura sp. 23 2 (8.7) 0 0
Apodemus peninsulae 2 0 1(50.0) 0
Craseomys regulus 4 0 0 0
Craseomys rufocanus 1 0 0 0
Cricetulus triton 1 0 0 0
Micromys minutus 6 0 0 0
Microtus fortis 2 0 0 0
Myodes regulus 1 0 0 0
Rattus norvegicus 1 0 0 0

Total 331 79 (23.9) 33 (10.0) 6 (1.8)

To detect Trypanosoma in small mammals, we target the ITS1 gene of the protozoa. Of
the 331 samples, 79 (23.9%) were positive and sequencing revealed 98.8% identity with
T. grosi (AB175624), identified in two species of small mammals: A. agrarius (26.5%) and
Crocidura sp. (8.7%). Of the 79 sequences identified as T. grosi, two representative sequences
were selected without duplicates of sequences and host source. Therefore, the two T. grosi
ITS1 sequences were deposited in GenBank under the accession numbers OP297200 and
OP297201. Phylogenetic analysis revealed that OP297200 (from A. agrarius) and OP297201
(from Crocidura sp.) are closely related with the previously reported T. grosi AKHA strain
sequence (AB175624), which was isolated from A. speciosus in Japan (Figure 2).

A total of 33 (10.0%) samples were positive and sequencing revealed 100.0% similarity
to B. microti, found in two species of small mammals: A. agrarius (11%) and A. peninsulae
(50%). Of the 33 sequences identified as B. microti, three representative sequences were
selected without duplicates of sequences and host source. The three B. microti 18S rRNA
sequences were deposited in GenBank under accession numbers OP804252, OP804253, and
0OP804254. Phylogenetic analysis revealed that OP804252 (from A. agrarius and A. peninsulae)
OP804254 (from A. agrarius) were closely related to B. microti US type (AY693840, AF231348,
AB190435, and AB190459). These clusters contained B. microti US type that have been
isolated from small mammals or humans in different regions, including USA (AY693840
and AF231348 from human) and Japan (AB190435 from A. speciosus and AB190459 from
M. auratus). OP804253 (from A. agrarius) belonged to the B. microti Kobe type (KY649339
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from R. tanezumi, AB112050 from R. coxinga, AB032434 from Human, AB241633 from
N. confucianus, and KX008036 from human) (Figure 3).

Il OP297200 Trypanosoma grosi ROK1 Apodemus agrarius ROK

65
Il OP297201 Trypanosoma grosi ROK2 Crocidura spp. ROK

AB175624 Trypanosoma grosi AKHA Apodemus speciosus Japan
45
AB175622 Trypanosoma grosi SESUJI Apodemus agrarius Russia

® AB175623 Trypanosoma grosi HANTO Apodemus peninsulae Russia

EU861192 Trypanosoma lewisi Rattus norvegicus China

100 99

EU599639 Trypanosoma lewisi Rattus norvegicus China

97| LT575228 Trypanoaosoma nabiasi Nab-A Oryctolagus cuniculus Spain
LT575231 Trypanosoma nabiasi Nab-D Oryctolagus cuniculus Spain
70 AB175626 Trypanosoma kuseli Pteromys volans Japan
100 ' AB175625 Trypanosoma otospermophili Spermophilus richardsonii Japan
99 | AY230240 Trypanosoma rangeli B450 Rhodnius sp. Brazil
AY230233 Trypanosoma rangeli strain SC58 Echimys dasythrix Brazil

AF362827 Trypanosoma cruzi Esmeraldo

i
010

Figure 2. Phylogenetic tree based on neighbor-joining analysis of internal transcriptional spacer 1 (ITST)
from GenBank and Trypanosoma grosi-positive small mammal specimens captured in the ROK in
2021. Trypanosoma grosi sequences obtained in this study are denoted by a solid square (ll, GenBank
accession numbers OP297200 and OP297201). The numbers on the branches indicate bootstrap
percentages based on 1000 replication.

A OP804254 Babesia microti Apodemus agrarius ROK
AY693840 Babesia microti Gray Homo sapiens USA
96 | AF231348 Babesia microti G| Homosapiens USA

AB190435 Babesia microti AsHK/SP301 Apodemus speciosus Japan
57 A OP804252 Babesia microti Apodemus agrarius & Apodemus peninsulae ROK
AB190459 Babesia microti ATCC 30222 Mesocricetus auratus Japan ]

AB243680 Babesia microti AaAO401 Apodemus speciosus Japan

’ AB243677 Babesia microti AsSRK/HM109 Apodemus speciosus Japan Hobetsu type

US type

40 AB050732 Babesia microti Hobetsu Apodemus speciosus Japan
63 | KY649339 Babesia microti TC04 Rattus tanezumi China
A OP804253 Babesia microti Apodemus agrarius ROK

% | AB112050 Babesia microti ReMS201 Rattus coxinga Taiwan

Kobe type
94 || AB032434 Babesia microti Kobe524 Homo sapiens Japan

AB241633 Babesia microti NcWY504 Niviventer confucianus China
KX008036 Babesia microti bm3 Homo sapiens China

100 | AB071177 Babesia microti Munich Mus musculs Japan
—| Munich type
AY789075 Babesia microti Munich Microtus agrestis Poland

AF 158700 Piroplasmida gen. sp. WA1 Homo sapiens USA

—_
0.02

Figure 3. Phylogenetic tree based on neighbor-joining analysis of Babesia 18S rRNA from Gen-
Bank and Babesia microti-positive small mammal specimens captured in the ROK in 2021. Babesia
microti sequences obtained in this study are denoted by a solid triangle (A, GenBank accession
numbers OP804252-OP804254). The numbers on the branches indicate bootstrap percentages based
on 1000 replication.
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3.3. Relationships between Season, Ecological Habitat, and T. grosi and B. microti Infections

In ecological habitats, the prevalence of T. grosi in small mammals from reservoirs
was significantly lower than that in small mammals from other habitats (rice paddy fields,
dry paddy fields, watery ways, and meadows; p = 0.006). The seasonal T. grosi positivity
rate was higher in spring (26.4%; 46/174) than in autumn (21.0%; 33/157); however, the
difference was not significant. The infection rate of T. grosi in A. agrarius was significantly
higher than that in other species (p = 0.0014). The infection rates of B. microti per ecological
habitat, season, and small mammal species are shown in Table 3. The seasonal B. microti
positivity rate was 9.8% (17/174) for small mammals in spring and 10.2% (16/157) in
autumn. There were no significant differences between seasons, small mammal species,
and ecological habitats with respect to B. microti infection. However, B. microti DNA from

small mammals was consistently detected throughout the study period in all habitats
(Table 3).

Table 3. Relationship between season, ecological habitat, and Trypanosoma grosi and Babesia microti
infections in small mammals collected from the ROK in 2021.

. No. of T. grosi- No. of B. microti-
Categories No. Tested Positive (%) p-Value Positive (%) p-Value

Spring 174 46 (26.4) 17 (9.8)
Season Autumn 157 33 (21.0) 0.248 16 (10.2) 0.598

. . Reservoir 70 8 (11.4) 9 (12.8)
Ecological habitat Other 261 71(27.2) 0.006 24(9.2) 0.363

Small mammal A. agrarius 290 77 (26.5) 32 (11.0)
species Other 41 2(4.8) 0.0014 1(2.4) 0.098

4. Discussion

This study was a nationwide investigation of parasitic protozoa, including Trypanosoma,
Babesia, and Theileria, in small mammals from 16 sites across the ROK and demonstrates
a wide prevalence of parasitic protozoa. Over two trapping seasons in 2021, 331 small
mammals belonging to eight genera and ten species were collected from 16 sites. Blood
samples from small mammals were analyzed for parasites using PCR and positive samples
were sequenced. Samples were positive for Trypanosoma grosi (23.9%) and Babesia microti
(10.0%) but not Theileria. These results suggest that the diversity of parasitic protozoa in
the ROK is high and even new species can be involved in the infections.

Trypanosoma is a flagellate blood parasite found in every vertebrate class [22,23]. Over
500 species of Trypanosoma have been recorded worldwide [24-26]. Trypanosomes can
be categorized into two groups based on their transmission route from the vector to the
host [27]. The first group, known as salivarian trypanosomes, includes T. brucei, the
causative agent of human African trypanosomiasis; this species develops in the midgut
of the vector, migrates to the salivary glands or proboscis, and is transmitted to the host
through the vector’s saliva during the biting process. The second group, stercorarian
trypanosomes, includes T. cruzi, the causative agent of Chagas disease. Stercorarian try-
panosomes develop in the hindgut of the vector and are transmitted to the host either
through the ingestion of vectors, such as fleas, or the contamination of bite wounds with
vector feces [26,27]. A total of 44 Trypanosoma species have been identified in 144 rodent
species, the majority of which belong to the stercorarian group [11,27]. Most of stercorarian
trypanosomes are considered nonpathogenic, except for T. cruzi. To date, there has been no
investigation of wild small mammals infected with Trypanosoma in the ROK, resulting in a
critical knowledge gap.

Trypanosoma grosi belongs to the nonpathogenic stercorarian group [23,26] and has
been detected in species of Apodemus from several countries, including Russia (A. sylvaticus),
France (A. sylvaticus), Japan (A. speciosus), and China (A. agrarius) [26,28-30]. To the best
of our knowledge, T. grosi has not yet been reported in small mammals in the ROK. Our
results revealed that there were two species of small mammals (A. agrarius and Crocidura
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sp.) infected with T. grosi in the ROK, with a high infection rate of 23.9% compared to other
protozoa such as Babesia and Theileria. This is also the first confirmed report of co-infection
of B. microti and T. grosi in small mammals at the molecular level. To date, there has been
no evidence of human infection with T. grosi, however, several cases have been reported of
humans infected with T. lewisi or T. lewisi-like (T. grosi-involved group) [31-33]. Although
T. grosi is harmless in humans, further investigation to maximize the understanding of
these diseases should be considered. This study may be helpful in future molecular
epidemiological studies of T. grosi in the ROK.

Babesia and Theileria are parasitic protozoa, mainly transmitted by ticks, that can infect
a variety of domestic and wild animals. The prevalence of Babesia in small mammals was
as high as 20.8% (32/154) in the ROK in 2001 [34]. However, there was a low infection rate
of 0.52% (3/578) in 2008, reported for two districts (Gangwon-do and Gyeonggi-do) [35].
Both studies only detected the B. microti US type in small mammals. Compared to previous
studies, our study showed that the infection rate of Babesia in small mammals in the
ROK decreased from 20.8% in 2001 to 10.0% in 2021. Additionally, previous studies only
confirmed the B. microti US type, but we used molecular methods to target Babesia 18S rRNA
from small mammals in the ROK to identify two genetic groups of B. microti: the US and
Kobe types. B. microti US-type—infected small mammals were distributed across various
sites of the ROK, whereas B. microti Kobe-type—infected small mammals were detected
only in Seogwipo-si. However, molecular evidence of Babesia genera in ticks has already
been reported in the ROK, such as B. duncani, B. venatorum, B. divergens, and B. microti
US type [36-39]. According to a recent report, the US type of B. microti was detected in
ticks from small mammals in the ROK in 2017, while the Kobe type was only detected in
ticks from the southern region of the ROK (Goheung-gun and Jeju island) [40]. This result
is similar to that of our study, which showed that the Kobe type of B. microti was only
detected in small mammals collected from Seogwipo-si, Jeju island. In the ROK, the first
report of human babesiosis was reported in 1988. Around 16 cases of human babesiosis
have been recorded since, most of which were imported from other countries [41,42]. Two
cases were known to be locally infected with Babesia sp. KO-1 and B. motasi-like [37,43].
To date, these studies have revealed that there have been no cases of human infection by
vectors transmitting B. microti in the ROK. Therefore, this study reinforces the importance
of further studies addressing changes in Babesia microti genotypes in the study area.

Some species of Theileria such as T. annulata and T. parva are pathogenic to livestock
and cause high rates of mortality in sheep and cattle [44]. Other Theileria spp. are thought
to be less virulent, probably because of evolutionary interactions between Theileria and
the host [45]. Recently, several studies have investigated the presence of Theileria spp. in
various wild animals, including rodents. For example, Theileria peramelis was identified in
Rattus (black rat) and Perameles nasuta (long-nosed bandicoots) in Australia [46]. Theileria
sp. were successfully amplified from the rodents Le. Striatus and Praomys sp. in Gabon [47].
Those findings have not been confirmed for the zoonotic potential of Theileria. Therefore,
further research is needed to investigate the potential consequences of infection in wildlife,
especially the effect of pathogens spreading to native wildlife.

Our study has a few limitations: (1) we did not double-check positivity of T. grosi
and/or B. microti in small mammals through microscopic examination. The difficulty with
identifying species-level parasitic protozoa by microscopy has been described in several
studies. Therefore, we used molecular methods to investigate the diversity and current
status of parasitic protozoa at the species level in the small mammals. (2) only blood
samples from small mammals were used to investigate the prevalence of parasitic protozoa.
Further studies including the diversity and rate of parasitic infection from ectoparasites
(such as fleas and ticks) in small mammals should be conducted to better understand these
parasitic protozoa circulating in small mammals.

In this study, 33 of 331 samples (10.0%) were positive for B. microti in two small
mammal species, A. agrarius and A. peninsula. These two small mammal species were
confirmed to play an important role as reservoirs of B. microti, especially because A. agrarius
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is abundant and widely distributed across the country [48]. Although no statistical differ-
ences were observed between B. microti infection and season or habitat, B. microti DNA in
small mammals was consistently detected over the study period and sites. Therefore, our
findings suggest that small mammals infected with T. grosi and B. microti are widely and
non-seasonally distributed throughout the ROK; however, there is no detection of Theileria.
Additionally, this is the first study to detect B. microti Kobe type in small mammals in
the ROK. These results provide useful information for further molecular epidemiological
studies on parasites, especially those on T. grosi and B. microti transmission to humans or
animals via vectors.

5. Conclusions

This study aimed to investigate the diversity and status of parasitic protozoa, including
Trypanosoma grosi, Babesia microti, and Theileria, in small mammals in the ROK. Here,
we present the rate of parasitic protozoa infection in small mammals in the study area.
T. grosi was detected in small mammals for the first time. Furthermore, B. microti US-type—
infected small mammals were detected throughout the country, but the Kobe type was only
detected in Seogwipo-si. These results provide valuable information for further molecular
epidemiological studies on these parasites.
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Simple Summary: Ixodes species are the main vectors of bacteria and piroplasm for different verte-
brate hosts. Research on these unexplored concerns has been neglected in different regions including
Pakistan. Recently, we molecularly characterized Ixodes kashmiricus ticks and associated Rickettsia spp.;
however, the cox1 sequence and associated Theileria spp. and Anaplasma spp. for this tick are unknown.
This study aimed to genetically identify I. kashmiricus based on the cox1 sequence and associated
Theileria spp. and Anaplasma spp. A total of 352 ticks including adult females, nymphs and males were
collected from small ruminants. The BLAST results and phylogenetic analysis of the cox1 sequence
revealed a close resemblance with the Ixodes ricinus complex sequences. The 185 rDNA and 16S rDNA
sequences showed maximum identity with Theileria cf. sinensis or Theileria sinensis and Anaplasma
capra, respectively, and they phylogenetically clustered with the same species. This is the first report
on the cox1 sequence of the I. kashmiricus tick, new locality records, and associated T. sinensis-like
and A. capra. In order to determine the epidemiology of Ixodes ticks and their related pathogens, a
widespread tick investigation is required.

Abstract: Ixodes ticks transmit Theileria and Anaplasma species to a wide range of animals. The
spreading of ticks and tick-borne pathogens has been attributed to transhumant herds, and research
on these uninvestigated issues has been neglected in many countries, including Pakistan. Recently,
we used internal transcribed spacer (ITS) and 165 ribosomal DNA partial sequences to genetically
characterize Ixodes kashmiricus ticks and their associated Rickettsia spp. However, the data on its
cox1 sequence and associated Theileria spp. and Anaplasma spp. are missing. This study aimed to
genetically characterize I. kashmiricus based on the cox1 sequence and their associated Theileria spp.
and Anaplasma spp. The I. kashmiricus ticks were collected from small ruminants: sheep (Ovis aries)
and goats (Capra hircus) of transhumant herds in district Shangla, Dir Upper and Chitral, Khyber
Pakhtunkhwa (KP), Pakistan. Out of 129 examined hosts, 94 (72.87%) (56 sheep and 38 goats) were
infested by 352 ticks, including adult females (175; 49.7%) followed by nymphs (115; 32.7%) and
males (62; 17.6%). For molecular analyses, 121 ticks were subjected to DNA isolation and PCR
for the amplification of the cox1 sequence for I. kashmiricus, 18S rDNA for Theileria spp. and 16S
rDNA sequences for Anaplasma spp. The obtained cox1 sequence showed 89.29%, 88.78%, and 88.71%
identity with Ixodes scapularis, Ixodes gibbosus, and Ixodes apronophorus, respectively. Phylogenetically,
the present cox1 sequence clustered with the Ixodes ricinus complex. Additionally, the 18S rDNA
sequence showed 98.11% maximum identity with Theileria cf. sinensis and 97.99% identity with
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Theileria sinensis. Phylogenetically, Theileria spp. clustered with the T. cf. sinensis and T. sinensis. In
the case of Anaplasma spp., the 165 rDNA sequence showed 100% identity with Anaplasma capra and
phylogenetically clustered with the A. capra. PCR-based DNA detection targeting the amplification of
groEL and flaB sequences of Coxiella spp. and Borrelia spp., respectively, was unsuccessful. This is the
first phylogenetic report based on cox1 and new locality records of I. kashmiricus, and the associated
T. sinensis-like and A. capra. Significant tick surveillance studies are needed in order to determine the
epidemiology of Ixodes ticks and their associated pathogens.

Keywords: Ixodes kashmiricus; cox1; Theileria sinensis-like; Anaplasma capra; transhumant herds; Pakistan

1. Introduction

Genus Ixodes (Acari: Ixodidae: Prostriata) developed during the Mesozoic era’s cre-
taceous period (65-95 million years ago) [1,2]. The Ixodes genus comprises more than
265 species, which are divided based on morphology into 18 subgenera [3]. Among them,
the largest subgenus Ixodes comprises 18 species and includes the most studied ticks [4].
Ixodes ticks are known to adopt in particular environmental conditions for survival and
development, and these are considered to limit their dispersal [3,5]. Climatic conditions
and the availability of a suitable host are the two most important factors determining the
distribution and abundance of Ixodes ticks. Ixodes ticks have been commonly found in wood-
land or mixed forest and grassland, which provide moist vegetation and approximately
80% humidity—a critical threshold for the survival and development of these ticks [2,5].

Ixodes ticks are known to parasitize a wide range of hosts including birds, reptiles,
and mammals [3]. These ticks are capable of transmitting pathogens of medical and
veterinary importance like Theileria spp., Anaplasma spp., Coxiella spp., Babesia spp. and
Borrelia spp. [5-8]. Hard ticks, particularly of the Haemaphysalis, Dermacentor, Ixodes and
Rhipicephalus genera are the primary vectors that transmit Anaplasma spp. [9,10]. To date,
only two species of Anaplasma spp. like Anaplasma phagocytophilum have been detected in
Ixodes ticks such as Ixodes ricinus [11], Ixodes trianguliceps [12], Ixodes scapularis [13] and Ixodes
frontalis [14], while the Anaplasma capra has been detected in Ixodes persulcatus [15]. Several
other hard tick species, including Haemaphysalis longicornis, Haemaphysalis qinghaiensis,
Rhipicephalus sanguineus, Rhipicephalus turinicus, Rhipicephalus haemaphysaloides, Rhipicephalus
microplus and Dermacentor everstianus have been shown as carrier of A. capra [9,10,16].
Similarly, some piroplasm species such as Theileria annae in Ixodes hexagonus [17], Theileria
fuliginosa in Ixodes australiensis [18], and Theileria spp. in I. ricinus [14] have been described.
On the other hand, Ha. ginghaiensis is the only known vector of Theileria sinensis [19].
Coxiella spp. such as Coxiella burnetii [7], and Borrelia spp. such as Borrelia burgdorferi,
Borrelia miyamotoi, Borrelia genospecies and “Candidatus Borrelia sibirica” of the relapsing
fever group, have been detected in the Ixodes ticks [6,20].

The identification of ticks, particularly those belonging to the genus Ixodes, has been
traditionally based on morphological features, such as the shape of the spiracular plates,
grooves of the scutum and punctations [2,4,21]. However, these methods are often insuffi-
cient for accurate identification and differentiation, particularly for Ixodes and other closely
related ticks [22,23]. Molecular techniques have been alternatively used for the accurate
identification and differentiation of different tick species [22,24-28]. Some genetic markers,
such as cox1, 16S ribosomal DNA (rDNA) and internal transcribed spacer (ITS), have been
shown suitable for the accurate delineation of ticks [21,29-32]. Ixodes kashmiricus tick has
been reported based on ITS and 165 rDNA sequences, and their associated Rickettsia spp.
has been reported based on gltA and ompA sequences [21]. However, genetic data based on
cox1 sequence for I. kashmiricus and associated Theileria spp. and Anaplasma spp. are miss-
ing. Herein, I. kashmiricus ticks were for the first time genetically characterized based on a
mitochondrial cox1 sequence and screened for associated Theileria spp. and Anaplasma spp.
in Khyber Pakhtunkhwa (KP), Pakistan.
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2. Materials and Methods
2.1. Ethical Approval

This study was approved by the Advance Studies Research Board (ASRB: Dir/ A&R/
AWKUM/2022/9396) committee members of Abdul Wali Khan University, Mardan KP,
Pakistan. The oral permission was obtained from the owners of the transhumant herds
during the host’s observation and tick collection.

2.2. Study Area and Tick Collection

This study was conducted in district Shangla (34°46/34.6” N 72°40'45.8" E), Dir Upper
(35°13'23.4” N 71°55'12.2" E) and Chitral (35°50'11.7” N 71°48'18.0" E) of KP, Pakistan.
These districts are highly mountainous, with an elevation approximately 3000-3500 m (m),
and situated in the north or northwest of KP. The elevation study map was designed
in ArcGIS 10.3.1, using the “Global Positioning System” to determine the locations of
the collection sites (Figure 1). Tick specimens were collected from small ruminants in
transhumant herds during May-July 2022 in district Shangla, Dir Upper and Chitral. The
ticks were isolated from the host body carefully via tweezers to avoid any external damage
to the specimens. The tick specimens were washed in distilled water followed by 70%
ethanol and preserved in 100% ethanol in 1.5 mL Eppendorf tubes for further experiments.

Elevation
- High: 7861

Keys
Bl Shangla

B Dir Upper

| Chitral

' Pakistan

% Collection sites

Iz
100 200 400 600 800 Km

Figure 1. Map showing the locations (black stars) where Ixodes ticks were collected during this study.

2.3. Morphological Identification of Ticks

The collected tick specimens were morphologically identified under a stereozoom
microscope (StereoBlue-euromex SB.1302-1, Arnhem, The Netherlands) using standard
morphological identification keys [2,21,33].
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2.4. DNA Isolation and PCR

Individually, 121 ticks including 20 males, 44 adult females and 27 nymphs from sheep,
as well as 16 females and 14 nymphs from goats, were selected and subjected to molecular
analyses. Before the DNA isolation, tick specimens were washed with distilled water
followed by 70% ethanol and kept in an incubator (3045 min) until dried. The specimens
were cut with sterile scissors and homogenized in 200-300 puL phosphate-buffered saline
(pH 7.4, 137 mM NaCl, 2.7 mM KCl, 8 mM Na,HPO,, 2 mM KH;POy) using a micro-pestle.
The genomic DNA was extracted using a phenol-chloroform protocol [34], and the isolated
DNA pellet was diluted by the addition of 20-30 puL of “nuclease-free” PCR water. The
isolated genomic DNA was quantified via NanoDrop (Nano-Q, Optizen, Daejeon, Republic
of Korea) and stored at —20 °C.

The tick genomic DNA of I. kashmiricus (1 male, 2 adult females, and 2 nymphs) were
subjected to conventional PCR (GE-96G, BIOER, Hangzhou, China) for the amplification
of mitochondrial cytochrome C oxidase 1 (coxI) sequence. Each PCR reaction mixture
contained 25 pL volume—comprising 1 puL of each primer (10 uM), 2 pL of template DNA
(50-100 ng/uL), 8.5 uL of PCR water “nuclease-free” and 12.5 uL of DreamTaq green
MasterMix (2 x) (Thermo Scientific, Waltham, MA, USA).

All extracted genomic DNA was used for the screening of associated pathogens based
on genetic markers such as 185 rRNA for Theileria spp., 165 rRNA for Anaplasma spp., groEL
for Coxiella spp. and flaB for Borrelia spp. Each PCR contained a positive control (DNA of
Anaplasma marginale, Theileria annulata, Coxiella burnetii and Borrelia anserina for pathogens
and genomic DNA of Hy. anatolicum for ticks) and a negative control (“nuclease-free” PCR
water instead of DNA). The primers used in this study and their thermocycler conditions
are given in Table 1.

Table 1. List of the primers used to amplify target DNA of the Ixodes kashmiricus and associated
Theileria and Anaplasma species.

Organism/Marker Primer Sequences 5'-3' Amplicons Annealing References
Temperature

HC02198: TAAACTTCAGGGTGACCAAAAAATCA

Ticks/cox1 649 bp 55°C [35]
LCO1490: GGTCAACAAATCATAAAGATATTGG
EHR165SD: GGTACCYACAGAAGAAGTCC

Anaplasma spp./16S rDNA 344 bp 55°C [36]
EHR16SR: TAGCACTCATCGTTTACAGC
185_F: GGTAATTCTAGAGCTAATACATGAGC

Theileria spp./18S rIRNA 897 bp 56 °C This study
18S_R: ACAATAAAGTAAAAAACAYTTCAAAG
CoxGrF1: TTTGAAAAYATGGGCGCKCAAATGGT
CoxGrR2: CGRTCRCCAAARCCAGGTGC

Coxiella spp./groEL * 619 bp 56 °C [37]
CoxGrF2: GAAGTGGCTTCGCRTACWTCAGACG
CoxGrFR1: CCAAARCCAGGTGCTTTYAC

] Fla SS: AAGAGCTGAAGAGCTTGGAATG
Borrelia spp./flab 354 bp 55°C [38]

Fla RS: CTTTGATCACTTATCATTCTAATAGC

* Nested PCR.

The PCR-amplified products were electrophoresed on a 1.5% agarose gel and visu-
alized under ultraviolet light in the Gel Documentation System (BioDoc-It™ Imaging
Systems UVP, LLC, Upland, CA, USA). PCR-positive samples were purified by using
a DNA Clean & Concentrator Kit (Zymo Research, Irvine, CA, USA) by following the
manufacturer’s instructions.
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2.5. DNA Sequencing and Phylogenetic Analysis

All amplified amplicons of cox1 (5: 1 male, 2 adult females, and 2 nymphs) for
ticks, 185 rDNA (2: 1 adult female and 1 nymph) for Theileria spp. and 165 rDNA
(4: 2 adult females and 2 nymphs) for Anaplasma spp. were sequenced (Macrogen Inc., Seoul,
Republic of Korea) by Sanger sequencing. The obtained sequences were trimmed /edited
via SeqMan v. 5 (DNASTAR, Inc., Madison/WI, USA) for the removal of poor reading
sequences and subjected to Basic Local Alignment Search Tool (BLAST, https:/ /blast.ncbi.
nlm.nih.gov/Blast.cgi, accessed on: 10 July 2022) at the National Center for Biotechnology
Information (NCBI, https://www.ncbi.nlm.nih.gov/, accessed on: 10 July 2022). After
BLAST, maximum identity sequences of the most similar/subgenus species were down-
loaded in FASTA format from the NCBI. Obtained sequences were aligned with the down-
loaded sequences using ClustalW multiple alignments in BioEdit Sequence Alignment
Editor v. 7.0.5 [39]. The phylogenies were constructed individually for each DNA sequence
of tick and associated pathogens through the Maximum Likelihood statistical method and
Kimura 2-parameter model in Molecular Evolutionary Genetics Analysis (MEGA-X) with a
bootstrapping value of 1000 [40]. The coding sequences like cox1 sequences were aligned
by using MUSCLE algorithms [41].

2.6. Statistical Analyses

All recorded data such as the numbers of collected ticks and their life stages in the
three districts, as well as associated pathogens like Theileria spp. and Anaplasma spp.,
were arranged in the spreadsheet (Microsoft Excel v. 2016, Microsoft 365%) for descriptive
statistical analyses. The differences were considered significant at a p-value less than 0.05
under chi-square tests using the GraphPad Prism v. 8 (Inc., San Diego, CA, USA).

3. Results
3.1. Morphological Identification and Description of Ixodes kashmiricus

Altogether, 352 1. kashmiricus ticks (Table 2) were collected in this study and morpho-
logically identified. During this study, 94 out of 129 (72.87%) hosts of small ruminants
including 56 sheep and 38 goats were infested by 352 ticks comprising adult females
(175/352, 49.7%) followed by nymphs (115/352, 32.7%) and males (62/352, 17.6%). A
significantly high prevalence of I. kashmiricus was found on sheep (271/352, 77%) followed
by goats (81/352, 23%) in transhumant herds.

Furthermore, other tick species were not found co-infesting sheep and goats afflicted
by I. kashmiricus ticks. During collection from district Chitral, only an adult female of
L. kashmiricus was found on sheep. Details of host records, prevalence of ticks, and detection
of Theileria and Anaplasma species in the selected districts are summarized in Table 2.

3.2. Sequences and Phylogenetic Relationship of Ticks

A sum of five ticks’ (one male, two adult females and two nymphs) genomic DNA
was amplified via PCR targeting the cox1 sequence. The BLAST analysis of the cox1
sequence of 1. kashmiricus showed 89.29% maximum identity with I. scapularis followed by
88.78% with Ixodes gibbosus and 88.71% with Ixodes apronophorus from Canada, Turkey and
Russia, respectively. The obtained 16S rDNA sequence for I. kashmiricus was identical to
the sequences of the same species from Pakistan (MW578839). Therefore, the 165 rDNA
sequence was not included in further analysis. The obtained cox1 sequence of I. kashmiricus
was submitted to GenBank under the accession number OR244356.

Phylogenetically, the cox1 sequence was clustered to the species of the subgenus Ixodes
ricinus complex such as L. apronophorus (MH784873) reported from Russia. Furthermore, the
cox1 sequence formed sister clades with I. ricinus complex such as I. scapularis, I. gibbosus,
Ixodes acuminatus, Ixodes redikorzevi, Ixodes laguri, Ixodes inopinatus, Ixodes ricinus, and Ixodes
affinis reported from Canada, Turkey, Malta, Romania, Serbia, Tunisia, Italy and the United
States (Figure 2).
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Figure 2. Phylogenetic tree of Ixodes species based on the cox1 sequences. The cox1 sequence of Ixodes
simplex belonging to the subgenus Eschatocephalus was taken as an outgroup. The obtained cox1
sequence was highlighted with bold and underlined fonts (OR244356).

3.3. Sequences and Phylogenetic Relationship of Theileria spp. and Anaplasma spp.

Among all molecularly analyzed ticks, Theileria spp. and Anaplasma spp. DNA were
detected in two (1.65%: one adult female and one nymph) and four (3.3%: two adult females
and two nymphs) I. kashmiricus ticks, respectively (Table 2). Moreover, other pathogens
such as Coxiella spp. and Borrelia spp. based on groEL and flaB markers, respectively, were
not amplified by PCR.

The 18S rDNA sequence of Theileria spp. showed 98.11% maximum identity with
Theileria cf. sinensis reported from South Africa, which was followed by 97.99-97.87%
identity with T. sinensis reported from Malaysia and China. Similarly, the 165 rDNA
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sequence of Anaplasma spp. showed 100% identity with A. capra reported from the Republic
of Korea, China, and Iraq. The obtained 185 rDNA sequence of T. sinensis-like and 165 rDNA
sequence of A. capra were submitted to GenBank (OR244360: T. sinensis-like and OR244358:
A. capra). The details regarding the detection rate of T. sinensis-like and Anaplasma capra are
shown in Table 2.

KF559355 Theileria sinensis China

94
60 |! KX115427 Theileria sinensis China

MT271911 Theileria sinensis Malaysia
MT271902 Theileria sinensis Malaysia
JQO037786 Theileria cf. sinensis South Africa
84

100 1 JQ037787 Theileria cf. sinensis South Africa

84 OR244360 Theileria sinensis-like Pakistan

— HMS38195 Theileria sergenti

100 r HM538209 Theileria buffeli

o7 99 | MH208631 Theileria orientalis

L19082 Theileria taurotragi

96 | —————— 128999 Theileria parva

68 | L EU083799 Theileria annulata

AY 508459 Theileria ovis

79 75 KT959224 Theileria cervi

KU206310 Theileria mutans

—— ON429018 Theileria haneyi

100 KF559357 Theileria equi

KY953264 Theileria tachyglossi

100

KY953227 Theileria ornithorhynchi

MT903297 Theileria bicornis

MG758113 Theileria palmeri

DQ437686 Theileria fuliginosus

02 MG758115 Theileria paparinii
60 MK 182522 Theileria apogeana

86 DQ437684 Theileria brachyuri

95

IX454779 Theileria annae

—
0.01

Figure 3. Phylogenetic tree of Theileria species based on the 185 rDNA sequences. The 185 rDNA
sequence of Theileria annae was taken as an outgroup. The obtained 18S rDNA sequence was
highlighted with bold and underlined fonts (OR244360).
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The phylogenetic tree of the 185 rDNA sequence for T. sinensis-like clustered with
T. sinensis (JQ037786-JQ037787) reported from South Africa and T. cf. sinensis reported from
Malaysia (MT271902 and MT271911) and China (KX115427 and KF559355). It formed a
sister clade with the sequences of Theileria sergenti, Theileria buffeli and Theileria orientalis
(Figure 3). In the case of 16S rDNA, A. capra clustered to the corresponding species reported
from South Korea (LC432114), China (MG869594), and Iraq (ON872236) (Figure 4).

HG916767 Anaplasma phagocytophilum
54

MW899040 Anaplasma phagocytophilum
63

AF470700 Anaplasma phagocytophila

621 1 AY082656 Anaplasma phagocytophila

—— MK726038 “Candidatus Anaplasma camelii”

—— KUS586183 “Candidatus Anaplasma cinensis”

L2 L MT898675 Anaplasma platys

MKS814450 “Candidatus Anaplasma boleense”

68

190 | K X987335 “Candidatus Anaplasma boleense”

MKO028574 Anaplasma bovis

99

MH794247 Anaplasma bovis

OMO095294 Anaplasma ovis

KC189837 Anaplasma centrale
67

LC432114 Anaplasma capra South Korea

62
MG869594 Anaplasma capra China

o7 OR244358 Anaplasma capra PakKistan

ONB872236 Anaplasma capra Iraq

MG748724 “Candidatus Anaplasma sphenisci”

—

0.01

Figure 4. Phylogenetic tree of Anaplasma species based on the 165 rDNA sequences. The 16S rDNA
sequence of “Candidatus Anaplasma sphenisci” was taken as an outgroup. The obtained 16S rDNA
sequence was highlighted with bold and underlined fonts (OR244358).
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4. Discussions

Ixodes ticks are known to transmit various pathogens such as Anaplasma spp., Theileria spp.,
Coxiella spp., Rickettsia spp., and Borrelia spp. to different hosts [5,7,11,14,20,21,42,43]. Ge-
netic data of I. kashmiricus based on cox1 sequence and their associated pathogens like
Theileria spp. and Anaplasma spp. are missing. To date, a total of five Ixodes spp. such as
Ixodes hyatti (Peshawar) [44], Ixodes redikorzevi (Kaghan) [45], Ixodes stromi [46], I. kashmiricus
(Kashmir and Shangla) [21,33] and an undetermined Ixodes spp. (Swat) [47] have been
reported in Pakistan. Among these, only I. kashmiricus (Shangla) has been characterized
based on the morphology and molecular level [21]. In addition to the Rickettsia spp.,
I. kashmiricus associated with any other pathogens have not been characterized. In the
current study, I. kashmiricus ticks collected from sheep and goats in district Shangla, Dir
Upper and Chitral were characterized based on the cox1 sequence and their associated
T. sinensis-like and A. capra for the first time.

Small ruminants such as sheep and goats were found infested by I. kashmiricus ticks.
The significantly higher infestation of I. kashmiricus on sheep among small ruminants shows
that this tick prefers sheep as a host. The majority of the Ixodes spp. in the I. ricinus com-
plex are associated with small ruminants: sheep and goats [33,48], which graze in areas
having favorable climate conditions [49]. Similarly, the study districts are mountainous,
having temperatures in the winter season below 10 °C, in the summer season 15-30 °C, a
high relative humidity of ~70-80%, and precipitation throughout the year approximately
1000-1400 mm (climate-data.org, [26]). Notably, these transhumant herds seasonally mi-
grate toward the frontiers of the country in northern and northwest areas during the spring
and summer seasons (March-September). The frontiers of the country lie in the Palearctic
region, which has a high prevalence and distribution of Ixodes ticks because of the availabil-
ity of suitable environmental conditions [21,33,50]. Moreover, this transhumant movement
of the infested hosts can enhance the dispersal of the I. kashmiricus ticks and associated
pathogens to novel localities [51].

Ixodes kashmiricus ticks have been described previously by Pomerantzev [33] in India
and then genetically characterized by Numan et al. [21] in Pakistan. These locations are at
approximately 300 km (km) distance, while the current study’s new localities, Dir Upper
and Chitral, are about ~130 km and ~165 km away from the previous collection site in the
district Shangla, respectively. These ticks were collected from highly mountainous areas (up
to 3000-3500 m elevation), as other members of the I. ricinus complex have been reported
from hilly ranges in the Palearctic and Oriental regions [50]. Until the present study, only
ITS and 165 rDNA sequences are freely available for I. kashmiricus in GenBank. Herein, we
provided for the first time a cox1 sequence for I. kashmiricus, which shared a high identity
with the I. ricinus complex. The morphological compatibility of I. kashmiricus was confirmed
by molecular characterization, as the 165 rDNA sequence has close resemblance to the
I. ricinus complex and clustered with the same species, which was previously reported in
Pakistan. Whereas, due to the unavailability of cox1 sequences for I. kashmiricus in GenBank,
the obtained cox1 sequence clustered to the . ricinus complex from the Neotropical and
Palearctic regions. The topologies of the constructed phylogeny for I. kashmiricus were
paralleled to the sequences of 1. ricinus complex [4,21].

Until the present study, except for the undetermined Rickettsia spp., no other pathogens
in I. kashmiricus have been reported [21]. Ticks of the I. ricinus complex are the main vector of
piroplasmids such as T. annae, T. fuliginosa, and undetermined Theileria spp. [14,17,18]. These
Ixodes-associated pathogens have been genetically characterized based on the 185 rDNA.
This genetic marker has been demonstrated to be valuable for determining evolutionary
studies of protozoans [52-55]. The suggested identity or threshold level of 185 rDNA
locus for Theileria spp. to be considered the same species is 99.3% [52]. However, the use
of various parameters to determine genetic distances has led to insufficient use of this
measure [18,55]. For instance, Theileria fuliginosa [18] and Theileria ornithorhynchi [56] have
been considered similar species with 97.6% and 98.2% maximum identity, respectively.
Likewise, the corresponding sequence of T. sinensis-like detected in I. kashmiricus showed
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98.11% maximum identity. Furthermore, the obtained 185 rDNA sequence of T. sinensis-like
showed a minimum nucleotide difference of 16 bp with the sequences of T. sinensis, which
showed 1.89% (16/844 bp) genetic difference. Due to the high genetic differences, this
species was considered as T. sinensis-like or related to T. sinensis. Similarly, the phylogeny
of the obtained 185 rDNA sequence indicated a similar relationship or related to the T.
sinensis reported from the Old World. The constructed phylogeny work has a comparable
topology to those demonstrated by Loh et al. [18], whereas Theileria spp. is derived from
Ixodes spp.

Ixodes ticks collected from cattle and sheep have been reported as a vector of
A. phagocytophilum and A. capra [11-15]. This study presents the first evidence for A. capra
in I. kashmiricus. For the molecular identification of Anaplasma spp., a highly conserved 16S
rDNA sequence has been used historically [27,57]. Likewise, the 165 rDNA sequence of
A. capra was detected in I. kashmiricus, which was reported for the first time. The present
study reported T. sinensis-like and A. capra in I. kashmiricus ticks infesting small rumi-
nants that closely related to the corresponding species. The zoonotic pathogenicity of the
T. sinensis-like and A. capra was detected in this survey remains to be examined considering
the significance of piroplasm and bacterial species as an agent of novel emerging infectious
agents carried by I. kashmiricus ticks.

5. Conclusions

A new locality for I. kashmiricus was recorded, and its phylogenetic position based on
the cox1 sequence was delineated for the first time. Based on a phylogenetic analysis, the
I. kashmiricus tick is closely related and clustered with the species of same subgenus—the
L. ricinus complex. Theileria sinensis-like and A. capra were detected in I. kashmiricus for
the first time. These findings may help to further understand the epidemiology of the
I. kashmiricus tick and its associated Theileria and Anaplasma species, and they may strengthen
the need for tick and tick-borne pathogen surveillance programs.
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Simple Summary: Macrocysts of the protozoan Sarcocystis rileyi, resembling rice grains, are found in
the muscles of numerous duck species. Meat from ducks contaminated with S. rileyi is not suitable
for consumption, and severe S. rileyi infections are harmful to infected birds. This Sarcocystis species
was reported only in North America for a long time. However, recently, the number of reports of
S. rileyi infection in European wild ducks has increased. The present research is the first long-term
surveillance study on macrocysts in wildfowl species. Overall, 3268 individuals of wildfowl species
collected in Lithuania, Latvia, Russia, and Belarus were tested for macrocysts of Sarcocystis. The
examined parasite was detected in 237 Mallards and in two Eurasian Teals. Macrocysts isolated
from 37 Mallards were examined by DNA methods and identified as S. rileyi. The infection rates
of macrocysts in Mallards in the examined region ranged from 3.1% to 8.7%. The fluctuations in
infection rates were observed in different years, months, and studied countries. Based on the results
of the current research and previous studies, the prevalence of macrocysts depends on the duck
species, age of the bird, year, geographical region, and hunting season but is not related to the sex of
the bird.

Abstract: Wildfowl meat infected with S. rileyi macrocysts is not suitable for human consumption.
Ducks are among the main game birds in Europe, and S. rileyi infections cause significant economic
losses. In 2011-2022, a total of 2649 anseriforms collected in Lithuania and 619 Mallards (Anas
platyrhynchos) hunted in the Kaliningrad region of Russia, Belarus, and Latvia were tested for
macrocysts. In Lithuania, macrocysts were detected in 206 of 2362 Mallards (8.7%) and in two of
88 (2.3%) Eurasian Teals (Anas crecca). The prevalence of macrocysts in the other three countries,
Belarus (5.9%), Russia (5.0%), and Latvia (3.1%), was similar. For species identification, macrocysts
isolated from 37 Mallards (21 from Lithuania, 8 from Russia, 6 from Belarus, and 2 from Latvia) were
subjected to sequencing of the ITS1 region. Based on DNA analysis, S. rileyi was confirmed in all
tested birds. By comparing the infection rates of macrocysts in Mallards in Lithuania, significant
differences were observed in different years (p = 0.036), and a significantly higher prevalence of
infection was established in November-December than in September-October (p = 0.028). Given the
amount of data per decade on the prevalence of S. rileyi, awareness of infection needs to be increased.

Keywords: ducks; hunting; macrocysts; Sarcocystis rileyi; infection rates; long-term monitoring

1. Introduction

The genus Sarcocystis is a large group of worldwide distributed protozoan parasites
that infect mammals, birds, and reptiles. These parasites have an obligatory two-host life
cycle [1]. The intermediate host gets infected through food or water-containing sporocysts,
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whereas the definitive host becomes infected through predating or scavenging tissues
containing mature sarcocysts [1,2].

Wild and domestic birds are intermediate hosts for 28 Sarcocystis species [3,4]. Some
of these species are pathogenic, causing severe myositis, encephalitis, hepatitis, and pneu-
monia [5-10]. Birds of the order Anseriformes are known to be intermediate hosts of five
Sarcocystis species: Sarcocystis albifronsi, Sarcocystis anasi, Sarcocystis platyrhynchosi, Sarco-
cystis rileyi, and Sarcocystis wobeseri [4,11-14]. Four of these species, S. albifronsi, S. anasi, S.
rileyi, and S. wobeseri, have been detected in ducks and geese from Lithuania [12-15]. Only
macrocysts of S. rileyi are visible to the naked eye [11,14-16], while other Sarcocystis species
form microcysts in the muscles of anseriforms [4,12,13]. Although S. rileyi is not considered
to be pathogenic, hunted birds infected with macrocysts of this species are not suitable for
human consumption [17-22]. Therefore, extensive efforts have been made to investigate
the epidemiology and determine hosts of S. rileyi.

For a long time, reports of macrocysts in the muscles of anseriforms came almost
exclusively from North America. Macrocysts were observed in numerous duck species
of the genera Aix, Anas, Aythya, Bucephala, Mareca, Melanitta, and Spatula [11,16,18,23-34].
Based on the first summary list of Sarcocystis spp. in birds, presented by Erickson in
1940, macrocysts of Sarcocystis spp. were detected in the Mallard (Anas platyrhynchos),
American Black Duck (Anas rubripes), Gadwall (Mareca strepera), Northern Pintail (Anas
acuta), Blue-Winged Teal (Spatula discors), and Northern Shoveler (Spatula clypeata) in
North America [24]. Later in North America, macrocysts were recorded in the Green-
Winged Teal (Anas carolinensis), Wood Duck (Aix sponsa), Greater Scaup (Aythya marila),
Bufflehead (Bucephala albeola), American Wigeon (Mareca americana), Redhead (Aythya
americana), Canvasback (Aythya valisineria), Common Goldeneye (Bucephala clangula) [26],
Mottled Duck (Anas fulvigula), Lesser Scaup (Aythya affinis) [27], and Velvet Scoter (Melanitta
fusca) [30].

In 2003, a detailed morphological characterization of macrocysts found in the Shoveler
Duck (Anus cylpeata) was provided using light microscopy and transmission electron
microscopy, and the parasite detected was redescribed as S. rileyi [11]. The first molecular
characterization of S. rileyi was carried out in 2010 on macrocysts isolated from the Mallard
collected in the USA [16]. Based on DNA sequencing of three genetic loci, macrocysts
found in Mallards were confirmed as S. rileyi in Europe in 2011 [14]. Notably, reports on
macrocysts in waterfowl, mainly Mallards, have increased in the twenty-first century in
Europe [14,15,17,19-22,35,36].

Based on the experimental infection, the striped skunk (Mephitis mephitis) (Mephistidae
family) was confirmed to be a definitive host of S. rileyi in North America [37,38]. The
striped skunk is unsuitable for the distribution of S. rileyi in Europe since this small
predatory animal lives on this continent only in captivity [39]. The molecular analysis
enabled the identification of S. rileyi sporocysts in representatives of the families Canidae
and Mustelidae in Europe. In Germany, S. rileyi was confirmed in the red fox (Vulpes vulpes)
and in the raccoon dog (Nyctereutes procyonoides) [40]. In addition to these two predatory
species, S. rileyi was also identified in the small intestines of the members of the family
Mustelidae, in the American mink (Neogale vison), the European polecat (Mustela putorius),
and the European badger (Meles meles) from Lithuania [41,42].

The prevalence of macrocysts of Sarcocystis in wild ducks depends on various factors,
such as bird species, age, sex, location, etc., and has been broadly studied in North Amer-
ica [27,28,30]. However, detailed studies on Sarcocystis species identification, variety of
intermediate hosts, life cycle, and infection rates of macrocysts in anseriforms in Europe are
still lacking. Results of the first long-term (over a decade) surveillance study on macrocysts
of Sarcocystis in wildfowl species in Europe (with more than 3000 anseriforms checked for
macrocysts in Lithuania, Latvia, Russia, and Belarus) and molecular identification of S.
rileyi in Mallards from four countries are presented in the present paper.
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2. Materials and Methods
2.1. Sample Collection

For the evaluation of macrocysts in wildfowl, 2649 birds were collected in Lithuania
in 2011-2014 and 2017-2022. Mallards accounted for the largest number of birds surveyed
(2362), although 287 wildfowl belonging to other 12 species were also analyzed. The
examined birds were collected from all counties in Lithuania.

The majority of the analyzed birds were legally hunted during the open hunting
season (August—December) by licensed third parties, following the Hunting Law of the
Republic of Lithuania. It should be noted that the birds were not hunted for the survey.
Specifically, all examined Mallards, as well as 88 Eurasian Teals (Anas crecca), 46 Greater
White-Fronted Geese (Anser albifrons), 29 Tufted Ducks (Aythya fuligula), 25 Garganeys
(Spatula querquedula), 16 Common Goldeneyes, five Barnacle Geese (Branta leucopsis), and a
single Bean Goose (Anser fabalis) were hunted. Furthermore, birds of several other wildfowl
species found dead were received from Kaunas Tadas Ivanauskas Zoology Museum (the
national authority responsible for monitoring wild birds found dead) and examined. This
sample included 42 Velvet Scoters, 14 Gadwalls, 10 Long-Tailed Ducks (Clangula hyemalis),
10 Eurasian Wigeons (Mareca penelope), and a single Common Pochard (Aythya ferina).
Carcasses of birds collected by hunters and staff from the Kaunas Tadas Ivanauskas Zoology
Museum were frozen and delivered to scientific laboratories for examination of sarcocysts.

In addition, a total of 619 Mallards were received from neighboring countries. Specifi-
cally, 319 Mallards were delivered from the Kaliningrad Region of Russia, 202 birds came
from Belarus, and 98 were sent from Latvia. All analyzed Mallards were hunted in the
autumn seasons of 2012-2014 in accordance with the national hunting regulations valid in
the countries concerned and checked for macrocysts of Sarcocystis.

The skin of all collected birds was peeled from the head to the area of the knee tendons,
and the muscles were examined grossly for macrocysts of Sarcocystis spp. visible to the
naked eye.

2.2. Molecular Examination of Macrocysts

During the study, the investigators presumed that macrocysts observed in ducks
belonged to S. rileyi. For the confirmation of the parasite species, only some of the macro-
cysts isolated from the infected birds were subjected to DNA analysis. Sarcocystis species
have not been molecularly identified in all infected ducks, mainly due to the fact that the
research was carried out by two independent research groups and also taking financial
issues into account.

During the period of 2011-2014, birds examined were transported to the Laboratory of
Molecular Ecology of the Nature Research Centre (Vilnius, Lithuania). At that time, macro-
cysts isolated from 32 infected Mallards were subjected to DNA analysis for confirmation
of Sarcocystis species. In all cases, a single macrocyst was excised from an individual bird.
In total, two of the infected Mallards came from Latvia, six from Belarus, eight from the
Kaliningrad Region of Russia, and the remaining sixteen birds were hunted in Lithuania.

Meanwhile, from 2017 to 2022, monitoring of macroscopic sarcocysts found in ducks
hunted in Lithuania was carried out. The collected individuals of wildfowl species were
submitted to the Laboratory of Forest Sciences Department of the Faculty of Forestry and
Ecology of the Agriculture Academy of Vytautas Magnus University (Kaunas, Lithuania).
The carcasses of birds were surveyed for the macrocysts of Sarcocystis, but only five macro-
cysts isolated from individual Mallards hunted in late autumn 2022 in Lithuania were
examined by molecular methods. Thus, in total, macrocysts isolated from 37 Mallards were
used for molecular identification of Sarcocystis species.

Prior to the molecular analysis, the macrocysts were stored in individual tubes filled
with 75% ethyl alcohol at —20 °C. The genomic DNA from the sarcocysts was extracted
using spin-column based commercial kits, “NucleoSpin Tissue, Mini kit” (Macherey-Nagel,
Diiren, Germany), ”QIAamp® DNA Micro Kit” (Qiagen, Hilden, Germany), or “GeneJET
Genomic DNA Purification Kit” (Thermo Fisher Scientific Baltics, Vilnius, Lithuania).
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Regardless of the kit, 100 pL of commercial Elution Buffer was added in the last step of DNA
purification to elute the genomic DNA. For Sarcocystis species identification, all the DNA
samples were subjected to the amplification of internal transcribed spacer 1 (ITS1), situated
between 185 rRNA and 5.85 rRNA. This molecular locus is considered to be the most
variable for Sarcocystis spp. in birds [43]. Furthermore, eight DNA isolates obtained from
macrocysts of Mallards hunted in Lithuania were genetically characterized at 185 rDNA and
285 rDNA, and four of these isolates were also characterized at mitochondrial cytochrome
c oxidase I (cox1) and the RNA polymerase B gene of the apicoplast genome (rpoB). The
oligonucleotide primers used for the amplification, conditions of PCRs, purification of
amplified PCR products, and procedures of direct Sanger sequencing were performed as
described previously [44]. The resulting sequences were manually checked for ambiguously
placed nucleotides and merged into a single fragment in the case of 18S rDNA. Finally,
the obtained DNA fragments were checked for similarity using the nucleotide BLAST
program [45].

2.3. Statistical Data Analysis

A 95% confidence interval (CI) for the determined prevalence of macrocysts in differ-
ent years, host species, countries, sexes, and months was computed using Sterne’s exact
method [46]. A pair-wise comparison of infection rates of macrocysts was made by the
unconditional exact test [47]. The following analysis is more sensitive in detecting differ-
ences than Fisher’s exact test and is especially advantageous in the case of small samples
(n1, n2 < 100). Fisher’s exact test was used to compare the prevalence data of macrocysts
between three and six samples, and the Chi-squared test was used when more than six
samples were compared. Statistical analyses were performed in Quantitative Parasitology
3.0 software [48].

3. Results
3.1. The Occurrence of Macrocysts in Wildfowl Species and Parasite Load

Macroscopic sarcocysts were found almost exclusively in the pectoral muscles of birds,
although they were also detected in the neck muscles of several individuals. The exact
number of birds with macrocysts in their necks was not recorded.

Macrocysts of Sarcocystis were yellowish-white in color and 2.0-7.0 x 1.5-2.0 mm
(1.8 x 4.6 mm) in size. They resembled rice grains in shape and color. It is noteworthy that
the parasite load varied greatly in infected birds. Among all the examined individuals,
several were heavily infected, some birds acquired moderate infection, and in the carcasses
of other birds, only single macrocysts were detected (Figure 1). However, during this study,
the parasite load in the muscles of birds was not examined in detail, and parasite load
categorization according to the number of macrocysts observed was subjective.

3.2. The Prevalence of Macrocysts of Sarcocystis in Wildfowl in Lithuania and Neighboring Countries

Overall, macrocysts were found in 206 of 2362 (8.7%, CI = 7.65-9.93%) Mallards col-
lected in Lithuania during different years (2011-2014 and 2017-2022). A similar prevalence
was observed in the examined Mallards collected in Lithuania, the Kaliningrad Region
of the Russian Federation, Belarus, and Latvia, from 3.1% (CI = 0.84-8.53%) in Latvia to
5.9% (CI = 3.37-10.08%) in Belarus (Table 1), although differences were not significant.
However, significant differences were noticed when comparing the prevalence of infection
in 2012 (p = 0.005) and 2014 (p = 0.002). In 2012, infection rates were much higher in the
Kaliningrad Region of Russia (p = 0.002) and Belarus (p = 0.010) than those in Lithuania.
Whereas in 2014, a significantly higher prevalence of macrocysts was recorded in Lithuania
than that observed in the Kaliningrad Region of Russia (p = 0.005) and Belarus (p = 0.008)
(Table 1).
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Figure 1. Different parasite loads of macrocysts of Sarcocystis in Mallard carcasses. Images are ordered
by the size of the parasite load, from highest to lowest. The scale shows the size of macrocysts in mm.

Table 1. The prevalence of macrocysts in examined Mallards collected in four countries in 2012-2014.

Kaliningrad

Year Lithuania Region (Russia) Belarus Latvia
2012 2/158 (1.3%) b2 10/107 (9.4%) of 6/72 (8.3%) 8 3/98 (3.1%)
2013 1/21 (4.8%) 2/74 (2.7%) 5/62 (8.1%)
2014 9/66 (13.6%) " 4/138 (2.9%) 44 1/68 (1.5%)

Overall 12/245 (4.9%) 16/319 (5.0%) 12/202 (5.9%) 3/98 (3.1%)

The statistically significant p values (p < 0.05) obtained by comparing the prevalence of macrocysts in four
countries in different years are given below. 2 >? p <0.001;¢ > 9 p =0.034; f > ¢ p=0.002;8 > ¢ p=0.010; " > p =
0.005; M > p =0.008.

A significant difference (x? = 17.97, df = 9, p = 0.035) was observed when comparing the
prevalence of macrocysts in Mallards collected in different years (2011-2014 and 2017-2022)
in Lithuania (Figure 2). The difference remained significant (x> = 15.70, df = 7, p = 0.028)
when samples containing fewer than 150 birds (2013 and 2014 years) were excluded. The
lowest prevalence was estimated in 2012 (1.3%, CI = 0.23-4.60%), while the highest was in
2014 (13.6%, CI = 7.07-24.01%) (Figure 2). Prevalence was relatively consistent, varying
from 7.7 to 11.9% in 2017-2022. The prevalence of macrocysts in 2012 was significantly
lower than that determined in 2011 (p = 0.002), 2014 (p < 0.001), 2017 (p < 0.001), 2018
(p <0.001), 2019 (p < 0.001), 2020 (p = 0.001), 2021 (p < 0.001), and 2022 (p = 0.002). Also,
a low prevalence was determined in Mallards collected in 2013 (4.8%, CI = 0.2-23.3%);
however, this data should be interpreted with caution due to the small sample size of the
birds examined (n = 21).
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Figure 2. Prevalence of macrocysts in Mallards collected in Lithuania in August-December 20112014
and 2017-2022. Error bars indicate 95% confidence intervals. 1 shows the size of the sample in each
analyzed year.

Out of the other 12 wildfowl species tested (287 individuals), macrocysts were detected
only in the breast muscles of the Eurasian Teal, with a low prevalence (2.3%, 2 infected of
88 analyzed, CI = 0.41-7.79%). In Lithuania, a significantly higher (p = 0.030) prevalence of
macrocysts was established in Mallards (206/2362, 8.7%) than that observed in Eurasian
Teals (2/88, 2.3%).

3.3. Factors Influencing the Prevalence of Macrocysts of Sarcocystis in the Mallard

In 2011-2014 and 2017-2022, the lowest prevalence of macrocysts of Sarcocystis spp. in
Mallards in Lithuania was noticed in October (7.4%, CI = 5.56-9.72%) and in September
(7.7%, CI = 5.78-10.01%) (Figure 3), while the highest was observed in December (14.1%,
CI = 8.07-23.40%). The infection rate in August (9.6%, CI = 7.63-11.83%) and in November
(10.6%, CI = 7.05-15.31%) was similar. The prevalence was independent of the month
when Mallards were hunted. However, a pair-wise analysis demonstrated a significantly
higher prevalence in November—December than in September—October (p = 0.028). Also,
a significantly higher prevalence of macrocysts was determined in November—December
than in October (p = 0.036) and in December than in September—October (p = 0.038).

In Lithuania, during the hunting season (2011-2014 and 2017-2022), a higher but statis-
tically insignificant prevalence was detected in Mallard males (99 infected of 1085 analyzed,
9.1%, CI =7.55-10.99) than in females (107 infected of 1277 examined, 8.4%, CI = 6.98-10.03).

3.4. Molecular Identification of S. rileyi in Mallards from Lithuania, Russia, Belarus, and Latvia

Based on the comparison of the current work-generated DNA sequences, S. rileyi was
confirmed in all tested Mallards, 21 from Lithuania, eight from the Kaliningrad Region of
Russia, six from Belarus, and two from Latvia. Comparing the present work determined
sequences of the five genetic loci, intraspecific variation was not observed.

Thirty-seven 942 bp-long sequences of the complete ITS1 region were 100% identical
to each other and showed 100% identity to S. rileyi previously identified in Mallard from
Lithuania (HM185744) and to other European isolates of S. rileyi from ducks (KJ396584,
MZ151434, MZ468639-40, LT992314). Single ITS1 region sequences from four different
countries have been submitted to GenBank under accession numbers OR416415-OR416418.
The obtained ITS1 sequences also displayed 99.9% identity to S. rileyi from Mallard col-
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lected in the USA (GU188427) and 99.5-100% identity to S. rileyi observed in the small
intestines of the American mink, European polecat, and European badger (OP970971-81)
from Lithuania.
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Figure 3. Monthly prevalence of macrocysts infection in Mallards in Lithuania from August to
December. Dots represent the percentage infection rates. Error bars indicate 95% confidence intervals
of prevalence. n indicates the sample size in the months studied.

In addition to the ITS1 region, eight partial 1753 bp-long 185 rDNA, eight 1499 bp-long
28S rDNA, four 1053 bp-long cox1, and four 762 bp-long rpoB sequences were identified.
As the sequences identified during this study were identical in the same genetic region,
one each of 185 rDNA (OR416136), 285 rDNA (OR416169), cox1 (OR423018), and rpoB
(OR423019) were uploaded to the GenBank. In the current work, the obtained rDNA
sequences were 100% identical with homological sequences of S. rileyi previously defined
in Mallard from Lithuania (HM185742-43). Our 1753 bp-long 18S rDNA sequences showed
100% identity with S. rileyi isolated from various countries and hosts (GU120092, KJ396583,
KM233682, MZ151434, MZ468637-38), 99.8% identity with S. rileyi isolates obtained from
Mallard, Gadwall European and Eurasian Wigeons in the UK (LT992317-23), and 99.8%
identity with the 1010 bp-long sequence of S. rileyi (KX170885) obtained from Northern
Shoveler in Mexico. Notably, sequence mismatches were observed only at the ends of
the aligned 185 rDNA sequences, suggesting that these differences are due to sequencing
errors rather than representing intraspecific genetic variability. The 1499 bp-long 285 rDNA
sequences determined in the present work demonstrated 100% identity to S. rileyi from
Mallards in Denmark (MZ151434, MZ468640—-41) from Mallard in the USA (GU188426)
and 99.9% identity to S. rileyi from Common Eider in Norway (KJ396585). The 762 bp-long
rpoB sequence determined in the present study showed 100% identity with that of S. rileyi,
previously also isolated from Mallard in Lithuania (MF596308). Finally, our 1053 bp-long
cox1 sequence displayed 100% similarity compared to S. rileyi from Common Eider in
Norway (KJ396582).

In terms of interspecific genetic variability, the largest differences between S. rileyi and
the most related species, Sarcocystis atraii, Sarcocystis wenzeli, Sarcocystis cristata, Sarcocystis
chloropusae, S. anasi and S. albifronsi [3,49,50], were observed in the ITS1 region (9.9-25.7%).
Comparing S. rileyi with the listed Sarcocystis species, much less variability was determined
within cox1 (2.4-3.6%), rpoB (2.6-4.1%) and 28S rDNA (0.6-3.8%) while differences in 185
rDNA were minimal (0.3-1.1%).
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4. Discussion
4.1. The Genetic Identification and Variability of S. rileyi

Among hunters and veterinarians, S. rileyi is known as a parasite that forms “rice-
like grains”. Macrocysts were discovered in a duck by Riley and were named S. rileyi by
Stiles in 1893 [51]. Thus, S. rileyi is the first Sarcocystis species discovered in birds and, in
general, one of the first Sarcocystis species described [1]. Researchers finding macrocysts
in the muscles of waterfowl attributed them to S. rileyi [11,23,24,26]. Taking into account
that five Sarcocystis spp. are known to form sarcocysts in the muscles of anseriforms [4],
the possibility that more than one species of Sarcocystis may constitute macrocysts in the
muscles of ducks cannot be excluded [16]. Therefore, molecular methods are needed for
the identification of S. rileyi [11,16]. In the current investigation, macrocysts were found
in 239 individuals of two wildfowl species (237 Mallards and two Eurasian Teals). Due
to the limitation of this study that molecular methods were only used on the part of the
infected birds, we cannot claim that all infected ducks harbored macrocysts of S. rileyi.
Overall, thirty-seven macrocysts were molecularly analyzed, and S. rileyi was identified
in twenty-one Mallards from Lithuania, eight Mallards from Russia’s Kaliningrad Region,
six Mallards from Belarus, and two Mallards from Latvia. To the best of our knowledge,
this is the first report of S. rileyi in Russia, Belarus, and Latvia. Notably, macrocysts have
previously been found in the muscles of ducks from Russia, but no molecular investigations
have been carried out on the parasites detected [52,53]. Based on the recent reports on
S. rileyi in various European countries [14,15,17,19-22,35,36] and records of experienced
local hunters, macrocysts of Sarcocystis are assumed to be spreading geographically [22].
In Lithuania, S. rileyi in Mallards has been previously confirmed using DNA sequence
analysis [14,15]. Summarizing the results of this research and previous studies carried
out in Lithuania, all 40 genetically examined macrocysts isolated from different Mallard
individuals were identified as S. rileyi [14,15; and present work]. In light of these data, we
believe that most of the macrocysts found in the muscles of Mallards hunted in Lithuania
should belong to S. rileyi.

Based on the results of the present and earlier studies [14-16,21,22,43,54], the ITS1
region is the most suitable loci for the identification of S. rileyi, as significantly less inter-
specific variation is observed when comparing nuclear sequences of the 185 rDNA, 285
rDNA, mitochondrial cox1, and apicoplast rpoB loci. Recently, the complete ITS2 region
of S. rileyi, which is located between 5.85 rDNA and 28S rDNA, has been reported [22].
This genetic marker has good potential for the identification of species in the Sarcocystidae
family [55]. In the current study, no intraspecific variation has been observed when ana-
lyzing sequenced isolates of S. rileyi. The restricted genetic diversity of S. rileyi has been
reported previously [15]. Among the genetic regions currently used most frequently for the
characterization of Sarcocystis species employing birds as intermediate hosts [3,56], ITS1
is known to be the most variable at the intraspecific level [57]. The current data available
in GenBank show low intraspecific variability of S. rileyi within ITS1. Intriguingly, high
intraspecific genetic variation was observed for Sarcocystis halieti [54,58] and Sarcocystis
falcatula [59-61] using birds of several different orders as their intermediate hosts. Thus,
the relatively low intraspecific genetic variability of S. rileyi might be explained by the high
intermediate host specificity, as macrocysts of S. rileyi have only been validated in ducks of
the family Anatidae [11,14-22].

4.2. The Distribution of Sarcocystis Macrocysts in Different Wildfowl Species

Summarizing record data on macrocysts of Sarcocystis spp. in wildfowl species in North
America, this infection occurs significantly more often in dabbling ducks than in diving
ones [27,32]. Dabbling ducks feed in shallower wetlands and upland regions, so they have
a greater chance of ingesting the fecal material of predators than divers do [28]. Apart from
North America, macrocysts have been found in ducks in Europe [14,15,17,19-22,35,36,62] but
not in Australia or Asia [63,64], while ducks were not examined for Sarcocystis spp. in detail
in South America and Africa [1,11,16].
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The range of intermediate hosts of macrocysts of Sarcocystis is considerably smaller in
Europe than in North America. In Europe, macrocysts were mostly recorded in
Mallards [14,17,19-22,35,62], Common Eider (Somateria mollissima) in Norway [36], Eurasian
Wigeon, Eurasian Teal in Finland and the UK [15,21], in the Gadwall, and Northern Pintail
in the UK [21]. In the present study, macrocysts were observed in Mallards and Eurasian
Teals collected in Lithuania. This is the first survey in which macrocysts of Sarcocystis have
been detected in European Teal Lithuania. In the previous study conducted in Lithuania,
macrocysts were found only in Mallards [14,15,62]. In the present study, macrocysts were
not noticed in other wildfowl species analyzed. The non-detection of macrocysts in other
bird species can be explained by the small number of individuals examined (n = 1-46).
However, taking into account records of macrocysts and data on infection rates in this
study and previous investigations [14,15,21], it is suggested that the Mallard is the main
source of macrocyst infection in Europe. Nevertheless, it cannot be ruled out that the
highest number of detections of macrocysts in Mallards in Europe [15,21] is related to the
fact that this species is the most hunted of all the anseriforms [65,66]. On the contrary, in
North America, the prevalence of macrocysts in Mallards was not the highest as compared
to that in Northern Pintails, Blue-winged Teals, Green-Winged Teals, American Wigeons,
Northern Shovelers [27,28], Lesser Scaups, Velvet Scoters [30], American Black Ducks [32],
and Mottled Ducks [34]. Thus, in North America, compared to Europe, macrocysts are
more common in various duck species [11,16,18,23-34]. A smaller range of intermediate
hosts in Europe, compared to North America, may indicate that in Europe, the infection of
macrocysts of Sarcocystis spp. has spread recently [14,15,17,19-22,35,36,62].

4.3. Factors Affecting the Prevalence of Macrocysts of Sarcocystis spp. in the Mallard in Lithuania

The first report on macrocysts in Mallards in Europe was recorded in Russia in the
middle of the 20th century [52,53]. Reports of macrocysts of Sarcocystis in Europe have
increased in the 21st century. Macrocysts in ducks were detected in Lithuania [14,15,62],
Poland [17], the Slovak Republic [35], Finland [15], Norway [36], the Czech Republic,
Sweden, the Netherlands, Austria [for details see 15], Hungary [20], UK [19,21], and
Denmark [22]. Thus, macrocysts were most commonly reported in northern, eastern, and
central Europe. Based on molecular results, the invasive American mink is one of the
definitive hosts of S. rileyi [42]. This predator of the family Mustelidae is native to North
America, and its introduced range [67,68] partially coincides with the geography of the
distribution of macrocysts of Sarcocystis spp. in Europe. Therefore, it can be speculated that
the spread of S. rileyi in Europe is associated with the introduction of American mink to
this continent.

In the present study, the exceptionally low prevalence of macrocysts (1.3%, CI = 0.23—4.60%)
was determined in Mallards hunted in 2012 in Lithuania (Figure 3). Infection rates deter-
mined in 2012 were significantly lower than those observed in 2011, 2014, and 2017-2022.
Furthermore, infection rates of macrocysts of Sarcocystis spp. observed in Lithuania and
Kaliningrad /Belarus differed significantly in 2012 and 2014 (Table 1). These findings can be
partly accounted for by the different periods when Mallards were hunted in the countries
concerned. In Lithuania, the majority of the ducks analyzed in 2012 were hunted in August-
early September (with local breeders forming the majority of the analyzed ducks), whereas
in Belarus and the Kaliningrad Region of Russia, ducks were hunted in August-December
2012. Some Mallards staging and wintering in Lithuania, Belarus, and the Kaliningrad
Region of Russia in October—December are breeders from Northern Europe [69]. A higher
prevalence of macrocysts detected in Belarus and the Kaliningrad Region of Russia in 2012
is likely to have been caused by a larger proportion of the analyzed migrants from the major
region of Northern Europe [70,71]. It should be noted that a different prevalence of macro-
cysts was also observed in different geographical areas of the USA and Canada [27,30]. The
data obtained was explained by the different migratory routes of the infected birds and the
abundance of predators in the breeding and wintering grounds of ducks [30].
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To the best of our knowledge, the current study is the first to evaluate the prevalence of
macrocysts of Sarcocystis spp. in intermediate hosts in different months. We demonstrated
that the infection rate of macrocysts in Mallards hunted in Lithuania was significantly
higher in November-December than in Mallards hunted in September—October. The data
obtained can be explained by the fact that in November-December, migrants from Northern
Europe form a significant proportion of all Mallards recorded in Lithuania [65,66]. However,
to test the above assumption, further research on this infection is needed by comparing
epidemiological data on parasites with genetic data on Mallard populations.

In this study, we found no significant differences when comparing the detection of
macrocysts in the muscles of female and male Mallards. Thus, our findings are in agreement
with previous studies showing that the prevalence of macrocysts does not depend on the
sex of the birds examined [27,30].

4.4. The Significance of Macrocyst Infection in Ducks

Previous studies have demonstrated that some ducks infected with macrocysts of
Sarcocystis show signs of myopathy [5-10]; however, histological examination does not
show that the muscles of ducks are severely affected [21]. Even though this infection is
not considered pathogenic, it may interfere with the energy and protein metabolism of
birds [33]. Furthermore, severe infections of macrocysts in muscles used for locomotion
may cause a reduced flying capacity and ability to withstand migration, weakness, and an
increased probability of becoming a victim of predators [72].

Significant economic losses are incurred worldwide as a result of macrocysts of Sarco-
cystis spp. [21]. The Mallard is the world’s most abundant and widely distributed dabbling
duck species, whose global population is estimated at 20 million individuals [66]. In Lithua-
nia, it is the most abundant breeding wildfowl species, with an estimated population of
about 60,000 pairs [71]. The Mallard is one of the most harvested game species worldwide,
with more than 4.5 million birds annually hunted in Europe [65]. Activities related to the
hunting of the Mallard constitute an important part of income in the recreation, tourism,
agriculture, food, and catering sectors. Meat from hunted ducks infected with macrocysts
of Sarcocystis is not suitable for human consumption [1,15,19,21,22,35,36]. The toxic effects
of the parasites can be harmful when eating heavily infected ducks [30], though properly
cooked meat from infected ducks is considered to be harmless to humans [73]. Therefore,
awareness related to the infection of macrocysts must be increased among hunters, veteri-
narians, and the general public. Infection by Sarcocystis spp. parasites and their prevention
are mentioned among the biological contamination risk factors specified in the game meat
safety requirements valid in Lithuania and in other countries of the European Union. There
is a lack of such strict regulations in the countries of Eastern Europe, where large quantities
of meat from hunted ducks are consumed in the households of hunters. Furthermore,
changes in game eating habits are observed; dishes are increasingly being prepared from
raw, uncooked game meat. Therefore, hunters should be able to recognize macroscopic
sarcocysts and know how to utilize the infected birds [19,21,22].

The Mallard can also form a potential link between domestic birds and wild ducks in
spreading parasites of the genus Sarcocystis. During migration periods, staging Mallards
are recorded in numerous pools and ponds used for the production of domestic ducks and
geese in various regions of Eastern Europe [71]. These ducks are very tolerant of human
presence and are common in urban and agricultural habitats, thus forming a potential
link between wild waterfowl, poultry, and humans [74]. More than three million Mallards
reared in captivity are released annually for hunting purposes in Europe [75]. There is a
lack of knowledge about the infection of macrocysts of Sarcocystis in poultry, as reports
on macrocysts in domestic ducks are very scarce [24,53]. Therefore, it is important to
undertake studies into the potential infection of macrocysts in poultry, particularly among
the millions of farmed Mallards that are released for hunting purposes in Europe each year.
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5. Conclusions

Sarcocystis rileyi was, for the first time, identified in Mallards hunted in the Kaliningrad
region of the Russian Federation, Belarus, and Latvia based on DNA sequencing analysis
of some of the birds infected with macrocysts. Findings of the present work show that
infection rates of macrocysts of Sarcocystis in the muscles of ducks depend on the host
species, hunting year, geographical region, and hunting season.

The Mallard is the main source of infection by macrocysts in Europe. Since the Mallard
is one of the most harvested game bird species worldwide and its meat contaminated with
macrocysts of Sarcocystis is not suitable for consumption, awareness of the infection of
macrocysts must be increased. Hunted ducks should be tested for rice-like macrocysts, and
it is recommended that hunted macrocyst-infected ducks not be left in the wild, consumed
as food, or fed to domestic predators. Also, further studies on the macrocysts of Sarcocystis
spp. in farmed ducks are needed.
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Simple Summary: The rat lungworm, Angiostrongylus cantonensis, is the world’s leading cause of
eosinophilic meningitis in humans. It is an emerging zoonotic parasite endemic to Asia and the
Pacific Islands that has spread to all continents except Antarctica. In the Canary Islands, its presence
was first detected in 2010 on the island of Tenerife. Numerous studies demonstrated the high capacity
of A. cantonensis to colonize new areas, especially its ability to parasitize a wide range of animals.
Due to the similarity of the ecosystems that we can find between the islands that make up the Canary
Archipelago and the great diversity of species of both vertebrates and terrestrial gastropods, the
objective of this study was to analyze several species as possible hosts of A. cantonensis on other islands
in the Canary Islands, with the use of molecular tools. The present study confirmed the presence
of A. cantonensis in two mammalian species, Mus musculus and Felis catus, and in four terrestrial
gastropod species, Limacus flavus, Milax gagates, Insulivitrina emmersoni, and Insulivitrina oromii. The
presence of A. cantonensis implies a possible risk to humans and other animals, which justifies the
need for control measures to control the possible risk of infection and, thus, prevent public health
and veterinary problems.

Abstract: Angiostrongylus cantonensis is a metastrongyloid nematode and the etiologic agent of
angiostrongyliasis, a disease characterized by eosinophilic meningitis. This emerging zoonotic
parasite has undergone great expansion, including in some regions of Europe and America. In the
Canary Islands, the parasite was first discovered parasitizing Rattus rattus on the island of Tenerife
in 2010. To date, the distribution of this parasite in the Canary Islands has been restricted to the
northern zone and the main cities of Tenerife. Using molecular tools for the sentinel species present
in the Canary Islands, this study confirmed the presence of the nematode on two other islands
in the Canary Archipelago: La Gomera and Gran Canaria. Furthermore, this emerging parasite
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was detected, besides in the common definitive host R. rattus, in wild Mus musculus and Felis catus
and in four terrestrial gastropod species, Limacus flavus, Milax gagates, Insulivitrina emmersoni, and
Insulivitrina oromii, two of them endemic to La Gomera, for the first time, increasing the number
of non-definitive host species. This study reinforces the expansion character of A. cantonensis and
highlights the importance of knowledge about sentinel species for identifying new transmission
locations that help prevent and control the transmission of the parasite and, thus, prevent public
health problems.

Keywords: Angiostrongylus cantonensis; eosinophilic meningitis; Rattus rattus; Mus musculus;
Felis catus; Limacus flavus; Milax gagates; Insulivitrina oromii; Insulivitrina emmersoni

1. Introduction

The rat lungworm, Angiostrongylus cantonensis, is a parasitic nematode that causes
a reemerging zoonotic disease, human eosinophilic meningitis, as well as neurological
abnormalities in wild and domestic animals [1,2]. It has been reported worldwide since
its first description in the Guangzhou region of China in the pulmonary arteries of brown
rats, Rattus norvegicus [3]. This parasite has a complex life cycle involving various species
of rats as definitive hosts [4], numerous gastropod species from widely different taxonomic
groups as intermediate hosts, and various paratenic hosts. It was identified as a human
pathogen in 1945 [5] and is now recognized as the leading cause of eosinophilic meningitis
worldwide [6]. The most recent globally reported cases of human neuroangiostrongyliasis
were approximately 7000 cases [7]. These data may be higher since many cases are not
published. As non-permissive hosts, humans mainly become infected by eating raw or
undercooked intermediate or paratenic hosts containing the infective larvae and by eating
vegetables and salads contaminated with this parasite [7,8].

Upon ingestion, the infective larvae invade the intestinal wall, causing enteritis, and
enter the bloodstream [9]. The central nervous system (CNS) is the most common site
of migration and is the main clinical manifestation of eosinophilic meningitis. Human
angiostrongyliasis presents with a broad clinical spectrum, ranging from mild disease to
eosinophilic meningitis or encephalitis [10]. As a result, neurological damage and even
death may occur, especially if prompt and proper treatment is not administered [11-13].

Traditionally, A. cantonensis was an endemic parasite of the tropical and subtropical
areas of the Far East, including Southeast Asia, the Pacific Islands, areas of South and
Central America, and the Caribbean [9,14]. It was widely spread, mainly across the tropics
and subtropics [15]. More recently, it was reported in rodents (Rattus rattus) on the Atlantic
archipelago of the Canary Islands (Spain) [16]; on the Mediterranean island of Mallorca
(Spain) parasitizing hedgehog, Atelerix algirus [17]; and later in the rodent populations
(R. rattus and R. norvegicus) of continental Europe (Valencia, Spain) [18]. These data suggest
that despite the lack of tolerance of A. cantonensis, which has traditionally been largely
limited to tropical and subtropical regions, to cold temperatures [19], with the fulcrum of
its presence in Europe, the parasite could spread across the continent to more temperate
regions [15], as already mentioned in Australia [20] and the United States [21]. These data
suggest the geographic expansion of the parasite, resulting in a possible rapid increase in
the incidence of infection in humans [22].

The influence of increasing factors, such as globalization and climate change, may
influence the invasion of non-endemic regions by lungworms. Furthermore, many authors
attributed the spread of A. cantonensis to the great diversity of its intermediate hosts and
its high adaptability to new intermediate host species [21]. In addition, the invasion of
A. cantonensis was associated with cargo shipments by aircraft or ships, which sometimes
unintentionally import rats and gastropods [9,23].

The Canary Islands constitute an archipelago consisting of eight volcanic islands
located in the Atlantic Ocean that settled on the African plate. This archipelago is in the

116



Animals 2023, 13, 1969

Northwest of the African Coast near Southern Morocco and northern Western Sahara
(13°23-18°8 W and 27°37-29°24 N). It is one of the outermost regions of the European
Union and a part of the natural region of Macaronesia, of which it is the largest and most
populated archipelago. The population of the Canary Archipelago is mainly concentrated
on its two capital islands, Tenerife and Gran Canaria, at approximately 43% and 40%,
respectively [24]. In the Canary Islands, A. cantonensis was detected in R. rattus on the
island of Tenerife in 2010 [16] and posteriorly in three mollusk species [25] and in the
endemic lizards Gallotia galloti [26]. Although previous studies were carried out with
rodents from all the Canary Islands, A. cantonensis was only detected in Tenerife [23].

Taking into account the rapid dispersal of A. cantonensis worldwide and the health
implications for humans and wildlife, there is a need to determine the distribution of A.
cantonensis in the Canary Archipelago. Given the similarity of the climatic and orographic
conditions between Tenerife and the other islands of the Canary Archipelago and the
fact that A. cantonensis was reported in non-definitive hosts, such as A. algirus, in other
regions [17], the aim of this study was to detect the presence of A. cantonensis using
molecular tools in different possible host species on two other Canary Islands, La Gomera
and Gran Canaria.

2. Materials and Methods
2.1. Samples Collection

From February 2022 to January 2023, sampling campaigns were conducted in rural
and urban areas on La Gomera and Gran Canaria islands (Figure 1). On the island of La
Gomera, rural areas are mainly composed of Laurisilva and Fayal-Brezal zones, biotopes
with the presence of horizontal rain biotopes. On Gran Canaria, rural areas are composed
of cultivated fields, ravines, and pine forests.
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Figure 1. Map of the sampled areas on the islands of La Gomera and Gran Canaria (Canary Islands,
Spain). In the upper left corner, the geographical situation of the Canary Islands is shown in relation
to the African continent and the Iberian Peninsula. The red marks show the sampled locations.
The numbers indicate the sampled municipalities. 1: Hermigua; 2: San Sebastian de La Gomera;
3: Alajerd; 4: Vallehermoso; 5: Valle Gran Rey; 6: Agulo; 7: Arucas; 8: Firgas; 9: Artenara; 10: Ingenio.
(Image created with BioRender.com; accessed on 30 March 2023).
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Samples of rodents of Mus musculus (60), R. norvegicus (4), and R. rattus (40) species
were obtained from six and four municipalities of La Gomera and Gran Canaria islands,
respectively (Figure 1 and Tables 1 and 2), using live traps. Traps were set in the afternoon
and collected the following day in the morning. Once captured, euthanasia was performed
with CO, or by cervical dislocation for rats and mice, respectively. Animal work was
approved and authorized by “Consejeria de Transicion Ecoldgica, Lucha contra el Cambio

Climatico y Planificacion Territorial” (Gobierno de Canarias) (Expte. 2021/51732).

Table 1. Origin of analyzed host species in this study.

Host Species Island Sample Size Total
Felis catus La Gomera 40 40
Mus musculus Téariog f;ria ;2 60
Rattus norvegicus La Gomera 4 4
Rattus rattus Téarglog ‘;raaria 33 40
Insulivitrina oromii La Gomera 8 8
Insulivitrina emmersoni La Gomera 28 28
Limacus flavus La Gomera 10 10
Milax gagates Gran Canaria 24 24
Total 214

Table 2. Prevalence of Angiostrongylus cantonensis obtained on the La Gomera and Gran Canaria

islands (Canary Islands, Spain) in this study, divided by host species as well as location.

Prevalence of

. . Angiostrongylus Total
Island Location Host Species cantonensis P (%) * (+/n)
P (%) * (+/n)
Felis catus 0(0/2)
La Gomera Agulo Mus musculus 0(0/5) 11.11(1/9)
Insulivitrina oromii 50(1/2)
Felis catus 0(0/1)
Alajer6 Mus musculus 0(0/3) 0(0/6)
Insulivitrina oromii 0(0/2)
Felis catus 12.5(1/8)
. Mus muculus 0(0/15) o
Hermigua Insulivitrina oromii 66.06 (2/3) 25% (9/36)
Limacus flavus 60 (6/10)
San Sebastian de la Gomera Mus musculus 0(0/6) 0(0/6)
Felis catus 0(0/6)
Valle Gran Rey Insulivitrina oromii 0(0/1) 0(0/7)
Felis catus 17.39 (4/23)
Vallehermoso Mus musculus 0(0/5) 23.21 (13/56)
Insulivitrina emmersoni 32.14 (9/28)
Total of La Gomera 19.16 (23/120)
Gran Canaria Artenara Mus musculus 0(0/2) 0(0/2)
Arucas Mus musculus 16.66 (1/6) 16.66 (1/6)
. Mus musculus 100 (1/1)
Firgas Milax gagates 4.16 (1/24) 8(2/25)
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Table 2. Cont.

Prevalence of

Island Location Host Species Anﬁz:gzzﬁus P (%"I;oia(l-'- /)
P (%) * (+/n)
Ingenio Mus musculus 41.17 (7/17) 41.17 (7/17)
Total of Gran Canaria 20 (10/50)
Total 13.52% (33/170)

* Prevalence of Angiostrongylus cantonensis %; (+/n): positive samples for nested PCR/analyzed samples.

Further, terrestrial gastropods were collected from five municipalities in La Gomera
and one in Gran Canaria (Figure 2 and Tables 1 and 2). The collected terrestrial gastropods
included the endemic species Insulivitrina emmersoni (28) and Insulivitrina oromii (8), present
only on the island of La Gomera (Figure 2 and Tables 1 and 2). On the other hand,
Limacus flavus (10) and Milax gagates (24), possible native species to the Canary Islands,
were collected on the islands of La Gomera and Gran Canaria, respectively (Figure 2 and
Tables 1 and 2). This field study was authorized by the “Consejeria de Transiciéon Ecoldgica,
Lucha contra el Cambio Climatico y Planificacién Territorial” (Gobierno de Canarias) (Expte.
19-2022/1110092705). The capture of animals in protected areas (Garajonay National
Park) was approved by “Cabildo Insular de La Gomera” (Expte. 4121/2022) and “Parque
Nacional de Garajonay” (749.153, TELP /122.918).

Insulivitrina emmersoni Limacus flavus
(Morales, 1088) (Linnaeus, 1758)
Insulivitrina oromii Milax gagates
(Ibafiez & Alonso, 1988) (Draparnaud, 1801)

Figure 2. Terrestrial gastropod species included in the study. L.G. collected on the island of La
Gomera; G.C. collected on the island of Gran Canaria.

On the other hand, Felis catus (40) samples from La Gomera were also analyzed
(Tables 1 and 2). These animals were donated for this study by Gobierno de Canarias
staff (approved by the Gobierno de Canarias, expedient number 2022 /25073, and Excmo.
Cabildo Insular de La Gomera, expedient numbers 1872/2021 and 1821/2022).

2.2. Search for Angiostrongylus cantonensis and Sample Isolation

After dissection of rodents, the lungs and hearts were isolated in physiological saline
and examined with a Leica M80 stereo microscope (Leica Mikrosysteme Vertrieb GmbH,
Wetzlar, Germany) to detect the presence of A. cantonensis. For terrestrial gastropods,
tissue samples were placed in 1 mL of 0.01% pepsin0.7% HCl for digestion and observed
under the Leica DM750 Microscopium model ICC50 HD (Leica Microsystems, Heerbrugg,
Switzerland) for the search for larval forms of A. cantonensis.
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On the other hand, for rodents and F. catus, approximately 1 g of the liver was asepti-
cally removed using a sterile scalpel. For terrestrial gastropods, samples were cut from the
posterior end of the mollusk foot (~0.5 g) under aseptic conditions. The samples were fixed
in absolute ethanol and stored at 4 °C until DNA extraction.

2.3. DNA Extraction

Genomic DNA was extracted using approximately 25 mg of liver tissue, and the
posterior end of terrestrial gastropod foot tissue was cut into small pieces and used for
DNA extraction. Other tissues were not included in the analyses, following the success of
Anettova et al. [26] looking for DNA of A. cantonensis in the livers of paratenic hosts. The
tissues were deposited in tubes containing a mixture of 250 uL of a lysis solution composed
of 30 mM Tris-HCL pH 8.0 mM EDTA and 0.4% SDS, and three microliters of proteinase
K (20 mL~!) (PanReac AppliChem ITW Reagents, Germany) was added and incubated
at 56 °C overnight. Then, 250 uL of NH4Ac 4M was added, thoroughly mixed, and sub-
sequently incubated for 30 min at room temperature (1525 °C). The mix was spun for
10 min at 13,000 rpm, and the pellet was discarded. DNA was then precipitated from the
supernatant with ethanol, and the pellet was suspended in 200 uL of 1X TE (10 mM Tris-HCL
pH 8.1 mM EDTA) [27]. The quantity and quality of genomic DNA were checked using
DeNovix DS-11 + Spectrophotometer (DeNovix Inc., Wilmington, DE, USA) (Table S1).

2.4. PCR Amplification

For the detection of A. cantonensis in the extracted genomic DNA, nested PCR was
performed using the primers (10 uM) described by Qvarnstrom et al. [28] to amplify the
entire region of internal spacer 1 (ITS1) and the second PCR with specific primers for A. can-
tonensis, as described by Izquierdo-Rodriguez et al. [29]. Both rounds of PCR contained 1X
buffer (VWR International, Haasrode, Belgium), 0.2 mM of each dNTP (VWR International,
Haasrode, Belgium), 1.5 mM MgCl, (VWR International, Haasrode, Belgium), and 2040 ng
of total genomic DNA for each sample in a total volume of 25 pL. Positive controls (gDNA
extracted from A. cantonensis adult worm with the procedure described by Lopez et al. [27])
and negative controls (H,O) were included in all assays to verify nested PCR performance.
All DNA samples were run in duplicate. Amplification was performed with the XP Cycler
(Bioer Technology, Hangzhou, China) using the following parameters: 94 °C for 5 min;
35 cycles at 94 °C for 30 s, 57 °C for 90 s, and 72 °C for 90 s; and a final extension at 72 °C
for 10 min. The resulting amplifications were checked on 1.5% agarose gel.

2.5. Sequencing and Sequencing Data Analysis

PCR products with the expected size (642-bp) were sequenced at Macrogen Spain
(Madrid, Spain) with primers ITS1 Canto F3 and ITS1 Canto R1 [29]. The sequences obtained
using the Sanger method were interpreted with MEGA X software [30], using the multiple
alignment program ClustalW included in MEGA X, and minor corrections were made by
hand. Subsequently, the sequences were analyzed using the Basic Local Alignment Search
Tool (BLAST), and their identities were confirmed by homology comparison.

Phylogenetic relationships based on the neighbor joining [31] method were carried
out with the Kimura 2-parameter model [32], and 1000 bootstrap replications explored
the relationships among them. The sequence of Protostrongylus oryctolagi (Acc. Number:
OM307447) was used as the outgroup.

3. Results

After observation of the rodent lungs and hearts, the nematode A. cantonensis was
not observed in any of the specimens. In the case of terrestrial gastropods, microscopic
observation was negative for the presence of A. cantonensis larvae. However, it should be
noted that some of the individuals had observed structures similar to the larvae of this
parasite, but due to the poor conditions in which they were found, it was impossible to
perform a morphometric study of them. Regarding the molecular study, A. cantonensis
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was detected on the two analyzed islands, La Gomera and Gran Canaria, and in all the
analyzed species, both vertebrates and invertebrates.

The overall prevalence of A. cantonesis was 15% in M. musculus (9/60); 12.5% (5/40) in
feral cats, and 27.14% in terrestrial gastropods (1. oromii: 37.5% (3/8); I. emmersoni: 32.14%
(9/28); L. flavus: 60% (6/10); and M. gagates: 4.16% (1/24)). The prevalence data for all the
analyzed hosts and areas are shown in Table 2.

The molecular results for the definitive hosts revealed the presence of A. cantonensis in
the 2.5% (1/40) of R. rattus that were analyzed, concretely in the municipality of Hermigua
(7.14%; 1/14) on La Gomera island.

The BLAST analysis confirmed that the sequences obtained from all the hosts analyzed
in this study showed 100% homology with A. cantonensis (Query Cover (Q.C.): 100%).
With respect to the other Angiostrongylidae species, the BLAST analyses showed a lower
identity: 84.8% with Angiostrongylus vasorum (Q.C.: 39%) and Angiostrongylus chabaudi
(Q.C.: 40%) and 81% with Angiostrongylus abstrusus (Q.C.: 19%).

Of the 34 amplified samples obtained by nested PCR (Figure 3), 16 sequences were
obtained for the 18 S ribosomal RNA gene partial sequence, the internal transcribed
spacer 1 complete sequence, and the 5.8S ribosomal RNA gene partial sequence. Phyloge-
netic analyses confirmed the identity of A. cantonensis observed by BLAST with an average
Query Cover and Identity of 99.8% and 99%, respectively.

1 2 3456 78 910111213 14 15 16 17 18 19 20

*1: 1000 pb
*2. 700 pb

Figure 3. Results of nested PCR for Angiostrongylus cantonensis (642 bp) in samples included in this
study. Line 1: Felis catus; Lane 2: Mus musculus; Line 4: Rattus rattus; Line 7: Insulivitrina emmersoni;
Line 8: Insulivitrina oromii; Line 10: Limacus flavus; Line 11: Milex gagates; Line 19: negative control;
Line 20: positive control; Lines 3, 5, 6, and 12-18: negative samples for A. cantonensis DNA; Line 9:
molecular ladder ranging from 100 to 4000 bp (VWR International, Haasrode, Belgium). (1%, 2%, and
3* each refer to the above lines.)

The nucleotide sequences obtained in this study were submitted to the GenBank
database under accession numbers 0Q702304-0Q702319. An alignment of 482 bp was
used for phylogenetic analysis. The results of the neighbor joining analysis based on the
partial sequence of internal transcribed spacer 1 are shown in Figure 4.
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0Q702304 Angiostrongylus cantonensis (Gran Canaria- Mus musculus)
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GU733323 Angiostrongylus cantonensis (Hawaii- Parmarion martensi)

y GU587755 Angiostrongylus cantonensis (Hawaii- Parmarion martensi)
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- 0Q702316 Angiostrongylus cantonensis (La Gomera- Insulivitrina emmersoni)

0Q702314 Angiostrongylus cantonensis (La Gomera- Felis catus)
GUS87758 Angiostrongylus cantonensis (MNew Orleans- Pomacea insularum)
GUS87751 Angiostrongylus cantonensis (Brazil)

0Q702307 Angiostrongylus cantonensis (La Gomera- Limacus flavus)
_4' MW024044 Angiostrongylus cantonensis (Hawaii)
» GUS8B7753 Angiostrongylus cantonensis (Brazil)
KP776405 Angiostrongylus mackerrasae (Australia)
GUS87759 Angiostrongylus cantonensis (New Orleans- Pomacea insularum)
GUS87756 Angiostrongylus cantonensis (Hawaii- Parmarion martensi)
- KP776415 Angiostrongylus cantonensis (Australia)

0Q702317 Angiostrongylus cantonensis (La Gomera- Limacus flavus)
GUS87750 Angiostrongylus cantonensis (Brazil)

0Q702308 Angiostrongylus cantonensis (La Gomera- Limacus flavus)

88%

0Q702306 Angiostrongylus cantonensis (La Gomera- Insulivitrina emmersoni)

0Q702315 Angiostrongylus cantonensis (La Gomera- Insulivitrina emmersoni)

- KP776409 Angiostrongylus mackerrasae (Australia)

0Q702319 Angiostrongylus cantonensis (La Gomera- Insulivitrina emmersoni)

0Q702312 Angiostrongylus cantonensis (Gran Canaria- Mus musculus)
KP776413 Angiostrongylus cantonensis (Australia)

‘ L KMY79214 Angiostrongylus chabaudi (ltaly- Felis catus)

\— i
98% MT345058 Angiostrongylus vasorum (France- Sus scrofa)

I —

0.050

OM307447 Protostrongylus oryctolagi (ltaly)

Figure 4. Phylogenetic relationships between sequences of the partial sequence of the internal

transcribed spacer 1 of Angiostrongylus spp., including the nucleotide sequences obtained in this

study (shown in bold and highlighted in green). The tree was built using neighbor joining method

based on genetic distance calculated by the Kimura 2-parameter model. There were a total of

482 positions in the final data set.

4. Discussion

The present study constitutes the first detection of A. cantonensis on the islands of
La Gomera and Gran Canaria (Canary Islands, Spain). Previous studies reported this
nematode on the neighboring island of Tenerife, but it was not detected on any other
Canary Islands [16,23]. Therefore, the present results demonstrate the expansion of A. can-
tonensis to new locations in the Canary Archipelago, confirming the colonizer character of
this nematode, recently widely reported by other authors, such as Barrat et al. [22], and
Cowie et al. [15], among others. In the present work, on La Gomera and Gran Canaria,
A. cantonensis was detected by molecular methods both in mammals and invertebrates;
specifically, in two of the analyzed rodent species, M. musculus and R. rattus; in F. catus;
and in the four analyzed terrestrial gastropod species, I. emmersoni, 1. oromii, L. flavus, and
M. gagates; all of these are the first reports, except for R. rattus, of natural infection in these

host species.
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The role of many rodent species as definitive hosts of A. cantonensis is widely known [22].
These mammals are present in different ecosystems that are widely distributed throughout the
world. In this study, we included the species M. musculus and F. catus on the list of accidental
hosts, which are also present worldwide. Both species were introduced to the Canary Islands
and are present on the eight islands that make up the Canary Archipelago.

Despite the numerous studies carried out on A. cantonensis in M. musculus, it was only
reported in experimentally infected mice [33,34]. With the detection of genetic material
of A. cantonensis in wild M. musculus, we can confirm the ability of this vertebrate to be
naturally infected by A. cantonensis, increasing the list of the accidental hosts of this parasite.
This host may also play a fundamental role in the dispersion to non-endemic regions.

Regarding F. catus, there are no previous data about its parasitization by A. cantonensis.
In the Canary Islands, the feral cat is widely distributed on all the islands, being a top
predator in the vertebrate food chain [35]. Its role as an accidental host of A. cantonensis
is now confirmed with the detection of its DNA. This fact makes sense considering that
its diet includes mammals, birds, reptiles, gastropods, and arthropods [36,37], many of
which were confirmed as hosts of A. cantonensis in the Canary Islands, as is the case of the
endemic lizard G. galloti, recently cited as a paratenic host [26]. It is important to note that
the presence of A. cantonensis in feral cats does not involve health risks for humans.

Regarding the matter of the studied gastropod species, the four analyzed species
presented DNA of A. cantonensis, also increasing the number of known intermediate hosts.
Limacus flavus and M. gagates are common species with a wide distribution in the Canary
Islands and are also widely distributed in Europe, Asia, and South America [38]. However,
I. oromii and I. emmersoni are endemic to the Canary Islands and are exclusively found on
the island of La Gomera in the biotopes of Laurisilva and Monteverde [38]. This finding is
consistent with the previously demonstrated ability of A. cantonensis to naturally infect a
wide variety of freshwater and terrestrial gastropods species [25,39].

The biotopes where A. cantonensis was detected coincides with the biotopes where this
parasite had previously been detected on the island of Tenerife [23]. Specifically, on the
island of La Gomera, the areas where it is located coincide with the areas of incidence of
trade winds and horizontal rain, and on the island of Gran Canaria the areas where it is
located coincide with the urban and peri-urban areas.

Some studies relate the rate of development of A. cantonensis in intermediate hosts
or sentinel species to climate [40]. The survival of many of the hosts of this parasite
depends on optimal humidity and temperature conditions for their development and life
cycle, as can be the case for many terrestrial gastropods. Overall, in most natural systems,
climate change affects hosts and parasites by altering their survival, reproduction, and
transmission, among other factors [21,41,42]. Additionally, increased international trade,
travel to disease-endemic regions, and changes in dietary habits are collectively expected
to facilitate the further range expansion of A. cantonensis [43,44]. This fact was verified
by numerous studies citing this emerging zoonotic parasite in many regions of the world
under diverse environmental conditions [15,21].

The current rapid expansion of a multitude of emerging pathogens indicates that the
control levels of many of them must be increased to avoid public health problems, both
locally and globally. Many studies advocate the use of sentinel animals because of their
potential [45], and, by studying a wide range of potential hosts, we can increase vigilance
regarding the spread of emerging pathogens such as A. cantonensis.

Autochthonous or introduced species that act as hosts in regions recently invaded by
A. cantonensis were previously identified [41,45,46], as in this study. Hence, further research
is needed to confirm the presence of the rat lungworm in a wide range of animals that
can act as sentinel species and even as intermediate or paratenic hosts. One factor that
should be considered for any future epidemiological studies of this emerging pathogen is
the technique that we used to detect its presence, since, as we were able to verify in this
study, it is not always possible to visualize the adult in definitive hosts. Therefore, the use
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of more sensitive techniques is vital to rule out false negatives in species with the potential
to harbor the parasite.

In many regions, awareness of the rat lungworm is low, not only among the general
community but also among physicians and health authorities. Therefore, the education
of medical professionals and local and tourist populations must be prioritized in endemic
areas. This makes even more sense if we observe that the spread of this emerging zoonotic
pathogen has exponentially increased over the years.

5. Conclusions

Overall, the results of this study indicate, for the first time, the presence of A. canto-
nensis on La Gomera and Gran Canaria, in the Canary Islands, using molecular tools. In
addition, the parasite was first reported in naturally infected M. musculus and F. catus and
in four species of terrestrial gastropods: I. emmersoni, I. oromomii, L. flavus, and M. gagates.
All of these have a wide distribution, except for the gastropod species I. emmersoni and
I. oromii, which are endemic to La Gomera. Based on these data, this study reinforces
the high potential for the expansion of A. cantonensis and stresses the importance of the
knowledge that sentinel species have when controlling infectious or parasitic diseases to
indicate possible sources of risk of infection.
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www.mdpi.com/article/10.3390/ani13121969/s1, Table S1: Quantification of the DNA obtained in the
study samples.
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Simple Summary: It is well known that mammals can harbor various pathogens that can affect hu-
mans (known as zoonotic pathogens) including viruses, bacteria, fungi and parasites. Microsporidia
are a group of pathogens related to fungi and parasites of several animals that can cause diarrhea
or systemic infection in humans. Due to the limited knowledge about microsporidia infection in
hedgehogs worldwide, this study aimed to analyze the presence and identity of microsporidia in
a group of North African hedgehogs from the Canary Islands (Spain). Enterocytozoon bieneusi and
Encephalitozoon cuniculi, two zoonotic species of microsporidia, were identified. These results suggest
that microsporidia species with zoonotic risk circulate in the archipelago.

Abstract: Microsporidia are unicellular eukaryotic obligate intracellular parasites with a wide range of
hosts reported worldwide; however, little is known about the epidemiological data on microsporidia
infection in animals from the Canary Islands. Since data on microsporidia infection in hedgehog
species are scarce, the aim of this study was to analyze the presence and identity of microsporidia in a
group of North African hedgehogs (Atelerix algirus) using microscopic and molecular methods. From
December 2020 to September 2021, a total of 36 fecal samples were collected from naturally deceased
hedgehogs from Tenerife and Gran Canaria. All samples showed spore-compatible structures (100%;
36/36) under microscopic analysis, of which 61.1% (22/36) were amplified via the nested-polymerase
chain reaction (PCR) targeting the partial sequence of the 165 rRNA gene, the internal transcribed
spacer (ITS) region, and the partial sequence of the 5.8S rRNA gene. After Sanger sequencing and ITS
analysis, Enterocytozoon bieneusi was detected in 47.2% (17/36) of the samples, identifying two novel
genotypes (AAE1 and AAE2), followed by the detection of an undetermined species in 8.3% (3/36)
and Encephalitozoon cuniculi genotype Iin 5.6% (2/36) of the samples. This study constitutes the first
report of microsporidia species in Atelerix algirus worldwide, highlighting the high prevalence of
zoonotic species.

Keywords: microsporidia; Enterocytozoon bieneusi; Encephalitozoon cuniculi; hedgehog; Atelerix algirus;
zoonotic; Canary Islands

1. Introduction

Microsporidia are unicellular eukaryotic obligate intracellular parasites, spore-forming,
and phylogenetically related to the fungi kingdom. Seventeen species have been described
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as human-pathogenic microsporidia, especially in immunocompromised individuals, of
which Enterocytozoon bieneusi and the genus Encephalitozoon are the most frequent [1].

Enterocytozoon bieneusi, with approximately 500 genotypes described based on the
sequence analysis of the internal transcribed spacer (ITS) of the rRNA gene, is clustered
within 11 phylogenetic groups. Group 1 and Group 2 are considered zoonotic, while
the remaining groups (3-11) are considered host-specific [2]. In Encephalitozoon cuniculi,
four genotypes (I-IV) based on the number of 5'-GTTT-3’ repeats in the ITS have been
described, all of which have confirmed zoonotic potential [3]. The number of genotypes
of Encephalitozoon hellem depends on the target for genotyping (ITS, the polar tube protein
locus, or other intergenic spacers), suggesting high intraspecies variability [4]. However,
there are no genetic differences within the ITS for genotyping the Encephalitozoon intestinalis
isolates [5].

Spore transmission can occur through ingestion of contaminated water and food,
inhalation of contaminated aerosols, contact with infected animals (zoonotic transmission)
or persons (anthroponotic transmission). Zoonotic transmission has been supported by the
identification of the same genotypes in humans and animals [6,7].

Microsporidia have been found in several hosts, including livestock, companion
and wildlife animals worldwide, but little is known about microsporidia infection in
hedgehogs [8]. To our knowledge, the detection of E. bieneusi has only been reported in an
undetermined species of hedgehog [9], in the Amur hedgehog (Erinaceus amurensis) [10]
and more recently in the African pygmy hedgehog (Atelerix albiventris) [11].

In the Canary Islands (13°23/-18°8' W and 27°37'-29°24' N), the only hedgehog
species recorded is the North African hedgehog (Atelerix algirus), an introduced species
from Northwest Africa. The distribution of this mammal in Spain includes the Iberian
Peninsula, the Balearic and Canary Islands, as well as Ceuta and Melilla. The introduction
of this species has been suggested as an anthroponotic introduction from Morocco to
Fuerteventura in 1892, and is currently present in Fuerteventura, Lanzarote, Gran Canaria,
and Tenerife. Nonetheless, isolated specimens are also known from La Gomera, El Hierro,
and La Palma [12,13].

Epidemiological data on microsporidia infection in the fauna of this archipelago are
scarce, and there are no data on A. algirus as a host for these parasites. Therefore, the
present study aimed to investigate the prevalence and identification of microsporidia in
fecal samples from hedgehogs on the Canary Islands.

2. Materials and Methods
2.1. Ethical Agreement

This study was carried out under the agreement of “Consejeria de Transicién Ecoldgica,
Lucha contra el Cambio Climatico y Planificacién Territorial” (Gobierno de Canarias)
named “Estudio de patégenos en aves migratorias y en especies exoticas en un escenario
de cambio climatico”, available online in the Official Bulletin of the Canaries (BOC n° 248, 4
December 2020) [14].

2.2. Study Area, Sample Collection, and Preparation

From December 2020 to September 2021, a total of 36 fecal samples were collected
by dissecting naturally deceased hedgehogs (1 = 33) donated by “La Tahonilla” Wildlife
Recovery Center in Tenerife, and found dead individuals (n = 3) collected by technical
personnel of “RedEXOS” in Gran Canaria (Figure 1). For each sampled animal, sex and
location were recorded whenever possible (Supplementary Material—Table S1).

All fecal samples were placed in tubes containing 2.5% (w/v) aqueous potassium
dichromate solution (K;Cr,O7) (Merck, Darmstadt, Germany) and stored at 4 °C until
further processing.
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Figure 1. Map of the sampled locations in Tenerife and Gran Canaria. The municipalities are
shown in gray—1: Santa Cruz de Tenerife; 2: San Cristobal de La Laguna; 3: Tacoronte; 4: El
Sauzal; 5: El Rosario; 6: Arafo; 7: Giiimar; 8: Granadilla de Abona; 9: San Miguel de Abona;
10: Arona; 11: Adeje; 12: Icod de Los Vinos; 13: Las Palmas de Gran Canaria. The symbols
indicate samples confirmed via nested-PCR. The original images were taken from Wikimedia
Common (https://commons.wikimedia.org/w/index.php?title=File:zMapa_Canarias_municipios.
svg&oldid=478721455, accessed on 2 March 2023; https://commons.wikimedia.org/wiki/File:
Islas_Canarias_(real_location)_in_Spain.svg, accessed on 2 March 2023) and Gobierno de Canarias
(https:/ /www3.gobiernodecanarias.org/medusa/mediateca/ecoescuela/?attachment_id=3333, ac-
cessed on 2 March 2023; https:/ /www3.gobiernodecanarias.org/medusa/mediateca/ecoescuela/
?attachment_id=3265, accessed on 2 March 2023), in which permission to copy, distribute, or
adapt was established. Users: Julio Reis (https://commons.wikimedia.org/wiki/User:Tintazul,
accessed on 2 March 2023), TUBS (https:/ /commons.wikimedia.org/wiki/User:TUBS, accessed on
2 March 2023), GRAFCAN (https:/ /www.grafcan.es/, accessed on 2 March 2023), and IDE Canarias
(http:/ /www.idecanarias.es/, accessed on 2 March 2023) (Source: Gobierno de Canarias).

2.3. Staining Method

Fecal samples were stained with Weber’s chromotrope stain (chromotrope 2R [Sigma-
Aldrich, St. Louis, MO, USA], and Fast Green [Sigma-Aldrich, St. Louis, MO, USA] and
phosphotungstic acid [Sigma-Aldrich, St. Louis, MO, USA]) [15] and microscopically
screened for microsporidia spores at a magnification of 1000x under a Leica DM750
microscope model ICC50 HD (Leica Microsystems, Heerbrugg, Switzerland). Samples
with spore-compatible structures, ovoid and refractile structures stained pink-red, were
considered positive.
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2.4. DNA Extraction

The total DNA of each fecal sample was extracted using ~500 uL of the sample,
previously washed with sterile Phosphate-Buffered Saline (PBS) 1X at room temperature,
and centrifuged at 3500 rpm for 15 min to remove the potassium dichromate solution. A
commercial FastDNA ® Spin Kit for Soil (MP Biomedicals, Solon, OH, USA) was used
following the manufacturer’s instructions, and the homogenizer FastPrep-24™ 5G (MP
Biomedicals, Solon, OH, USA) was used as the spore disruptor.

2.5. Nested-PCR Amplification

Nested-PCR was carried out in an XP Cycler (Bioer Technology, Hangzhou, China)
targeting the partial sequence of the 16S rRNA gene, the complete internal transcribed
spacer region (ITS), and the partial sequence of the 5.85 rRNA gene [16].

The amplification reaction of both steps (25 uL) included 0.15 puL of Taq DNA poly-
merase (5 UI/ uL) (VWR International, Haasrode, Belgium), 2.5 pL of ANTPs mix (200 uM)
(Bioline, London, UK), 2.5 uL of 10x key buffer (15 mM Mg?*) (VWR International, Haas-
rode, Belgium), 1.25 uL of MgCl, (25 mM) (VWR International, Haasrode, Belgium),
0.1 puL of each primer and 1 puL of DNA template (or 1 uL of primary PCR product). The
primers used were MSP-1, MSP-2A, and MSP2B for the first step and MSP-3, MSP-4A,
and MSP4B for the second step. The pairs of primers were used to identify E. bieneusi
(MSP1/MSP2B—MSP3/MSP4B) and Encephalitozoon spp. (MSP1/MSP2A—MSP3/MSP4A)
with the following conditions in each reaction: initial denaturation at 94 °C for 3 min,
35 cycles of denaturation at 94 °C for 45 s, annealing at 54 °C for 45 s, and extension at
72 °C for 1 min, and a final step at 72 °C for 7 min [17].

Ten microliters of each PCR product were examined via electrophoresis on 1.5% (w/v)
agarose gels (Fisher Bioreagents, Madrid, Spain) stained with REALSAFE Nucleic Acid
Staining Solution (20,000x, REAL, Durviz S.L., Valencia, Spain). An amplified DNA prod-
uct with sizes between 300 and 500 bp (expected size for Encephalitozoon spp. and E. bieneusi,
respectively) was considered positive and was sequenced using secondary primers.

2.6. Sequencing and Phylogenetic Analysis

All nested-PCR positive products were purified using ExoCleanUp FAST (VWR Inter-
national, Haasrode, Belgium) and sequenced using the Sanger method at the University of
La Laguna Sequencing Services (Servicio de Genémica—Servicios Generales de Apoyo a la
Investigacion de la Universidad de La Laguna, Universidad de La Laguna, Spain).

The obtained sequence chromatograms were analyzed and aligned using the ClustalW
program included in MEGA X v10.2.6 (Molecular Evolutionary Genetic Analysis) software
(Hachioji, Japan) [18] and compared using the Basic Local Alignment Search Tool (BLAST)
in the GenBank database.

Phylogenetic trees were generated using the neighbor-joining method, and genetic
distances were calculated using the Kimura 2-parameter model [19,20] with 1000 bootstrap
replicates.

Nucleotide sequences were deposited in GenBank under the following accession
numbers for E. bieneusi (0Q646695-0Q646706; and OQ646730-0Q646734), E. cuniculi
(0Q646736 and OQ646737) and the undetermined species (0Q646735).

3. Results
3.1. Light Microscopy

Of the 36 hedgehogs, spore-compatible structures were found in 100% (36/36) of the
samples stained with Weber’s chromotrope stain.

3.2. Molecular Characterization

A total of 22 (61.1%) samples yielded fragments of the expected sizes (300-500 bp).
Sanger sequencing revealed the presence of E. bieneusi in 47.2% (17/36) and E. cuniculi
in 5.6% (2/36) of samples. In addition, three samples (8.3%; 3/36) were identified as
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undetermined species based on BLAST analysis because of the low homology observed
(less than 95%) or because they were not long enough for homology comparison with the
reference sequences in MEGA X.

3.2.1. Molecular Characterization of Enterocytozoon bieneusi

Genotyping was successful in 94.1% (16/17) of E. bieneusi-positive samples. One
sequence (5.9%) was not sufficiently long to be genotyped. Two novel genotypes were
identified, named AAE1 (n = 13) and AAE2 (n = 3).

The sequence of the ITS region of genotype AAE1 (242-bp) showed 99.18% homology
with genotypes isolated from several mammal species in China: HND-I in snub-nosed
monkeys (Rhinopithecus bieti) (MK965088.1) and sika deer (Cervus nippon) (KX383628.1);
and Type IV in raccoon dog (Nyctereutes procyonoides) (MN747469.1) and Pere David’s deer
(Elaphurus davidianus) (KP057598.1).

The sequence of the ITS region of the genotype AAE2 (243-bp) showed 99.69% homol-
ogy with various isolates of WildBoar3 (syn. NCF2, NCF3, NCF4) in the silver fox (Vulpes
vulpes) and arctic fox (Vulpes lagopus) from China (MN029056.1), beech marten (Martes foina)
(MN218601.1) from Poland, European badger (Meles meles) (MG458713.1) from Spain, and
red fox (Vulpes vulpes) from Poland and Spain (MK256483.1 and MG458714.1, respectively).

The ITS region of genotype AAE1 was 242 bp in length, as a result of the deletion
of one nucleotide (position 53), differed by one single nucleotide polymorphism (SNP)
compared with genotype HND-I, two SNPs compared with genotype EA1, one SNP
and two nucleotide insertions compared with genotype EA2, two SNPs compared with
genotype EA3, one SNP compared with EA4, and two SNPs compared with genotype S9.
The positions of the SNPs and the insertions are listed in Table 1.

Table 1. Sequence differences in the internal transcribed spacer region of the rRNA gene of the novel
genotype AAE1 compared to the closest matched sequences.

Genotype (Host) Nucleotide Position (5'— 3') 1
31 32 51 52 53 86 131 155

AAE]1 (Atelerix algirus) A T G T - G G A
HND-I (Rhinopithecus bieti) G T G T A G G A
EA1 (Erinaceus amurensis) G C G T A G G A
EA2 (Erinaceus amurensis) G T - - A G G A
EA3 (Erinaceus amurensis) G T G T A A G A
EA4 (Erinaceus amurensis) G T G T A G G G
S9 (Vulpes vulpes) G T G T A G A A

1 Nucleotide positions in the internal transcribed spacer region (ITS) of Enterocytozoon bieneusi (~243-bp). Hyphen
indicates a deletion in this position.

The ITS region of genotype AAE2, 243 bp in length, showed only one SNP at position
104 (G— A) compared to genotype WildBoar3.

The novel genotypes clustered within Group 1 based on phylogenetic analysis (Figure 2).
Genotype AAE] fell into an independent clade close to two clades, one of which was formed
by the genotypes isolated from the Amur hedgehog (E. amurensis) in China (EA1-EA4)
(bootstrap value of 100%). Genotype AAE2 clustered in a clade with the genotype Wild-
Boar3 (syn. NCF2, NCF3, NCF4), which have been previously detected in carnivores in
mainland Spain.

3.2.2. Molecular Characterization of Encephalitozoon cuniculi

Two of the thirty-six (5.6%) fecal samples were positive for E. cuniculi. Both sequences
showed >99% homology with E. cuniculi sequences deposited in GenBank (AB713183.1,
L13332.1, and OP555067.1). Phylogenetic analysis confirmed the identity of the isolates
as E. cuniculi (bootstrap 100%) (Figure 3) and were identified as genotype I based on ITS
sequence analysis.
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Figure 2. Phylogenetic relationships between the sequence of the internal transcribed spacer region
of the rRNA gene of Enterocytozoon bieneusi obtained in this study and the sequences of known
genotypes deposited in GenBank. The tree was constructed using the neighbor-joining method based
on the genetic distance calculated using the Kimura 2-parameter model. Representative sequences
from each phylogenetic Group of E. bieneusi genotypes (Groups 1-11) were used. Accession numbers
are shown in bold, and information regarding the host species and origin are shown in parentheses.
There were a total of 239 positions in the final dataset.
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Figure 3. Phylogenetic relationships between partial sequences of the 165 rRNA gene, the complete
internal transcribed spacer region (ITS), and the partial sequence of the 5.8S rRNA gene of Encephali-
tozoon cuniculi obtained in this study and known genotype sequences deposited in GenBank. The tree
was constructed using the neighbor-joining method based on the genetic distance calculated using
the Kimura 2-parameter model. Representative sequences for each E. cuniculi genotype (I-IV) were
used. Accession numbers are shown in bold, and information concerning the host species and origin
are shown in parentheses. Enterocytozoon bieneusi (MK895034.1) was used as an outgroup. There were
a total of 211 positions in the final dataset.
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3.2.3. Geographical Distribution

Of the 16 genotyped E. bieneusi isolates, the most frequently detected was genotype
AAEF]1 (81.25%; 13/16). It showed a wide distribution, being detected in seven municipalities
in Tenerife and in the sampled municipality in Gran Canaria. In contrast, the genotype
AAE2? (18.75%; 3/16) was detected only in two northern municipalities of Tenerife Island,
El Sauzal, and Tacoronte.

Encephalitozoon cuniculi-positive hedgehogs were found in the northeastern zone of
Tenerife, specifically in Santa Cruz de Tenerife and El Rosario.

Undetermined species were detected in Adeje and San Cristébal de La Laguna; no
other species were detected at these locations (Figure 1, Table 2).

Table 2. Geographical distribution of microsporidia species and genotypes identified in Atelerix
algirus on the Canary Islands.

Location Sample Nested-PCR Confirmed E. bieneusi E. cuniculi Undetermined
Size (1) Samples (1) Genotypes (n) Genotypes (n) Species
Adeje 1 1 - - 1
Arafo 1 - - - -
AAE1 (5)
Arona 7 6 Undetermined - -
genotype (1) *
El Rosario 3 2 AAE1 (1) 1(1) -
El Sauzal 1 AAE2 (1) - -
Granadilla de Abona 3 2 AAE1 (2) - -
Giimar 1 - - - -
Icod de Los Vinos 1 - - - -
Las Palmas de Gran Canaria 3 3 AAE1L (3) - -
San Cristobal de La Laguna 7 2 - - 2
San Miguel de Abona 1 - - - -
Santa Cruz de Tenerife 5 3 AAE1 (2) 1(1) -
Tacoronte 2 2 AAE2 (2) - -
TOTAL 36 22 17 2 3

* The sample was not successfully genotyped.

4. Discussion

The present study constitutes the first report of microsporidia in the North African
hedgehog (A. algirus), highlighting the presence of human-pathogenic microsporidia, E.
bieneusi and E. cuniculi.

In Spain, E. bieneusi has been reported as the most frequent etiological agent of intesti-
nal microsporidiosis in patients with human immunodeficiency virus (HIV) [21-29], as
well as in non-HIV patients [30-36], and in sporadic cases of extraintestinal microsporidio-
sis [21,22,28,30,34,35,37]. However, cases of Encephalitozoon spp. have rarely been identified
in Spain [29,32,38-42].

Data on microsporidia infection in patients from the Canary Islands are scarce, with
only two reports of E. bieneusi in immunocompetent patients from Tenerife [35] and trans-
plant recipients from Gran Canaria (genotype D) [36].

Regarding the zoonotic role of microsporidia, several animal hosts have been de-
scribed as reservoirs of this group of parasites. To date, E. bieneusi is the most com-
mon species in Spain and has been detected in pet dogs [43-46], wild animals (lago-
morphs, rodents, carnivores, and ungulates) [43,47-52], animals in urban environments
(pigeons and cats) [46,53,54], farm animals (goats, rabbits, pigs, ostriches, cattle, and
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deer) [43-45,51,52,55,56] and animals in zoos (chimpanzees) [57]. In studies wherein geno-
typing was performed, most of the detected genotypes clustered within Group 1, suggesting
zoonotic potential. Encephalitozoon intestinalis is the second most frequent species in animals.
It has been reported in domestic cats [45], wildlife rabbits and hares [47,58], pigeons from
parks [53], and farmed pigs and ostriches [45], whereas there are only a few reports of E.
hellem [53,59] and E. cuniculi [50,60,61].

The prevalence obtained using the microscopic method in this study (100%; 36/36)
differed from that obtained using nested-PCR (61.1%; 22/36), as reported in other stud-
ies [46,50]. This difference can be explained by the spontaneous extrusion of spores or
low parasitic load, as suggested in the studies conducted by Izquierdo et al. [50] and Haro
et al. [53], respectively.

The overall prevalence obtained in animals using the molecular methods in studies
conducted in Spain with similar sample sizes ranged from 43.8% (14/32) in domestic dogs
in Madrid [45], to 55.6% (15/27) in farmed pigs in Extremadura and Castile and Leon, [45]
and 65.4% (17/26) in Iberian lynx in Andalusia [50], with E. bieneusi being most commonly
detected in fecal samples in the latter studies. However, E. bieneusi was detected in 7 of the
14 PCR-positive dog samples and in 7 of the 15 PCR-positive pig samples compared to the
17 of the 22 nested-PCR-positive samples detected in this study.

In the case of the Iberian lynx, the results were in agreement with the positive samples
obtained in this study for E. bieneusi (76.5%; 13/17 in lynxes vs. 77.3%; 17/22 in hedgehogs)
and E. cuniculi (11.8%; 2/17 in lynxes vs. 9.1%; 2/22 in hedgehogs).

Considering the host species, the 47.2% (17/36) prevalence of E. bieneusi reported
in A. algirus fecal samples is higher than that reported in a study conducted in China,
which reported a prevalence of 9.8% (4/41) in E. amurensis intestine samples [10], but lower
than the 70.0% (266/380) reported in fecal samples from farmed and pet A. albiventris,
also conducted in China. The highest genetic diversity was recorded in A. albiventris with
one known genotype, SCR05 (88.3%; 235/266) and 10 novel genotypes, GDHO1 (3.4%;
9/266), GDHO2 (0.8%; 3/266), and GDH03—- GDH10 (one sample each) [11], followed by E.
amurensis with four novel genotypes, EA1, EA2, EA3, and EA4 (one sample each) [10]. The
population of A. algirus on the Canary Islands showed low genetic diversity and two novel
genotypes, AAE1 and AAE2.

To the best of our knowledge, this is the first study to detect E. cuniculi in hedgehogs.
The prevalence obtained (5.6%; 2/36) was similar to that recently reported in fecal samples
from European rabbits in Tenerife (4.0%; 2/50) [61]. Genotype I of E. cuniculi has been
the only genotype detected in animal hosts in Spain to date [60,61], and the species is
less frequent in this country, with a few cases in humans [40-42]. However, molecular
detection in water sources, in addition to serological analysis of domestic and wild animals,
demonstrates the presence of this parasite in the environment [50,61,62].

Considering that the diet of hedgehogs is mainly based on Coleoptera [63] and numer-
ous species of microsporidia have been described as insect parasites [64], the undetermined
species detected in fecal samples of hedgehogs are suspected to be microsporidia species
infecting invertebrate hosts. Other studies have also detected undetermined species using
molecular methods [45,61,62].

The remaining human-pathogenic Encephalitozoon species, E. intestinalis and E. hellem
were not detected in this study. A low prevalence of E. intestinalis has been reported in
animals in Spain [45,47,53,58] and E. hellem in mammals worldwide [65].

Considering the high prevalence of E. bieneusi genotypes with zoonotic potential,
veterinary control measures should be implemented to detect this pathogen, given that
hedgehogs have been kept as pets on the Canary Islands [66] and could pose a risk to
children who are most susceptible to microsporidiosis [67]. Despite the limited number
of E. cuniculi cases detected in this study, the zoonotic risk should not be underestimated
because symptomatic cases have been documented in humans [9].
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5. Conclusions

This study constitutes the first report of microsporidia in fecal samples of the North
African hedgehog (A. algirus). The overall prevalence of nested-PCR-confirmed samples
was 61.1% (22/36), with E. bieneusi being the most common species, followed by the
undetermined species and E. cuniculi. Two novel genotypes of E. bieneusi were identified,
named AAE1 and AAE2, both clustered within Group 1, and the E. cuniculi isolates were
identified as genotype L

The results obtained in this study provide new data on the epidemiology of mi-
crosporidia on the Canary Islands (Spain), suggesting that zoonotic genotypes of human-
pathogenic microsporidia circulate in the fauna of the islands, posing a risk to public and
veterinary health.
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Simple Summary: In South Korea, the red fox (Vulpes vulpes) has been introduced and released as
part of a restoration project since 2012. One of the released individuals was found dead two months
after release in 2019. During necropsy, the intestinal contents were collected and oocysts of Sarcocystis
sp. were found during coprological examination. PCR of the 185 rRNA gene and cox1 gene sequences
was conducted, and the isolate was identified as Sarcocystis pilosa. This is the first report of this
species in South Korea, implying that there were mammals that originally acted as intermediate and
definitive hosts.

Abstract: The red fox (Vulpes vulpes) is a known host for various parasites, including numerous
helminths and protozoans. Among these, certain species in the genus Sarcocystis (phylum Apicom-
plexa) have been documented to possess the capability to infect red foxes as definitive hosts. In
South Korea, red foxes have been introduced and released as part of a re-introduction program.
However, two months after its release, one of the foxes was found dead because of illegal trapping.
The fox was necropsied, and a subsequent coprological study revealed oocysts of Sarcocystis sp.
in the intestinal contents. The oocysts were identified as Sarcocystis pilosa based on the 185 rRNA
and cytochrome ¢ oxidase subunit 1 (coxI) gene sequences. It exhibited a 99.7-100% identity with
18S rRNA gene sequences and 99.1-99.8% identity with cox1 gene sequences from other previously
reported S. pilosa samples. Additionally, it showed identities of 95.4-96.4% and 91.1-91.5% with
the cox1 gene sequences of S. hjorti and S. gjerdei, while demonstrating 99.6 and 98.1% identity with
the 185 rRNA gene sequences of S. hjorti and S. gjerdei, respectively. This is the first report from
mainland Asia, excluding the Japanese archipelago, indicating that the life cycle of S. pilosa persists in
South Korea.

Keywords: 185 rRNA; cytochrome ¢ oxidase subunit 1; host; red fox; restoration

1. Introduction

Red foxes (Vulpes vulpes) have stable populations in many countries. However, in-
terestingly, they became completely extinct in Korea in the 1990s [1]. Accordingly, a red
fox restoration project was initiated in 2012 as part of an effort to establish a stable pop-
ulation on the Korean Peninsula [2]. These efforts may be advantageous when using
foxes as sentinel species for assessing ecosystems [3]. Meanwhile, the re-introduction of
foxes also presents an intricate challenge to public health, given their susceptibility to
a wide range of parasites, including zoonotic parasites such as Cryptosporidium, Babesia,
Trichinella, Toxocara, and Echinococcus, among others [3]. Among these, the genus Sarcocystis,
a protozoan parasite classified under the phylum Apicomplexa, has a broad host range
and a two-host life cycle, with specificity that varies among species. Globally, this genus
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includes approximately 200 recognized species [4]. In South Korea, four Sarcocystis species
have been identified among six mammalian host species [5-10]. Within the genus Sarco-
cystis, several species (such as S. alces, S. capracanis, S. cruzi, S. gracilis, S. hjorti, S. pilosa, S.
tenella, etc.) are recognized for utilizing canids, including red fox, as their definitive host,
while concurrently relying on ruminants (cervids, cattle, sheep, etc.) as their intermediate
host. This has been observed in either natural or experimental settings in previous studies
conducted in U.S.A., Australia, Europe and Japan [11-15].

The majority of Sarcocystis spp. rely on a predator—prey relationship, in which sarco-
cysts formed in the muscles of intermediate hosts are ingested by definitive hosts, leading
to the development of oocysts/sporocysts in the intestinal mucosa of definitive hosts and
their subsequent transmission through feces. Some species have been reported to utilize
humans as either intermediate or definitive hosts [16]. To elucidate and address questions
related to species and host identification of Sarcocystis spp., molecular methods, such as the
analysis of 185 rRNA and cox1 gene sequences, have become essential. Traditional methods
based on parasite morphology and intermediate host identification can be limited and
inconclusive. Specifically, 185 rRNA and cox1 genes are ideal for this purpose due to their
distinct advantages. The 185 rRNA gene is highly conserved across eukaryotes, enabling
robust phylogenetic reconstruction and identification of closely related species [17], while
the cox1 gene has a faster rate of evolution compared with rRNA genes, offering higher
resolution within closely related species [18]. These methods offer a more precise means of
understanding the relationships between different species within the same clade. When
Sarcocystis species are clustered together in phylogenetic trees based on genetic analyses,
they often share common definitive hosts. This shared evolutionary history between the
parasite and its host allows for the inference of definitive hosts, even for species with
known intermediate hosts but unknown definitive hosts. This inference is based on the
established definitive hosts of genetically related species [19].

Sarcocystis pilosa has been reported to utilize deer (Cervus spp.) as an intermediate host,
and is predicted to utilize Canidae as a definitive host from a phylogenetic standpoint [20].
This prediction was confirmed as a fact when S. pilosa was identified in the feces of foxes
(Vulpes vulpes schrencki) from Japan [15]. However, as there are currently no reports of S.
pilosa in Korea, the primary objective of this study is to establish foundational information
for monitoring diseases and parasites during the restoration of the red fox. This will be
achieved by reporting and discussing the coincidental discovery of S. pilosa in Korea.

2. Materials and Methods
2.1. Animal and Sample Collection

An adult female fox, coded CF1624, was initially introduced from Northeast China to
South Korea as part of a restoration project in 2018, following confirmation of its genetic
identity as part of a group of Northeast Asian populations. Subsequently, it was released
into the wild in South Korea in 2019 after a period of acclimation. Before being released
into the wild, all introduced individuals were kept in outdoor enclosures of various sizes
(100-8400 m?) in their untamed state. The foxes were provided with live chicks and chicken
meat as food sources twice a day, with water provided ad libitum. All individuals were
vaccinated for DHPPL (distemper, hepatitis, parainfluenza, parvo, and leptospirosis) and
rabies and were administered anthelmintics four times during their stay in the enclosure.
No significant findings were observed in pre-release fecal or blood examinations. CF1624
was found dead two months after being released because of illegal poaching. The move-
ment of the individual was continuously monitored by GPS tracking, and the carcass
was discovered a day after the movement stopped. During post-mortem examination
to determine the cause of death and pathological peculiarities, the contents of the small
intestine were collected and stored frozen at —20 °C. The weight of the individual before
release was 6.16 kg, whereas that of the carcass was 4.84 kg.
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2.2. Fecal Flotation and Cyst Observation

After fecal flotation using a saturated zinc sulfate solution, the supernatant was placed
on a coverslip and observed under a light microscope (BX53; Olympus, Tokyo, Japan).
Subsequently, the widths and lengths of the cystic structures were measured using the
imaging software cellSens® (version 3.2, Olympus cellSens software).

2.3. DNA Extraction and PCR Sequencing

The sample, diluted with PBS buffer, underwent three cycles of treatment: 10 min in a
deep freezer and 3 min at 70 °C for each cycle. Subsequently, DNA was extracted using the
QIAamp PowerFecal Pro DNA Kit® (Qiagen, Hilden, Germany), following the manufac-
turer’s instructions. The concentration of extracted DNA was measured using a NanoDrop
OneC spectrophotometer® (Thermo Scientific, Waltham, MA, USA). The extracted DNA
was subjected to PCR for the 185 rRNA gene (approximately 1600 bp) using the forward
primer 1 L (5-CCATGCATGTCTAAGTATAAGC-3') [21] and the reverse primer R6 (5'-
CGGAACACTCAATCGGTAGG-3') [22] and for the cytochrome ¢ oxidase subunit 1 gene
(approximately 1000bp) using the forward primer SF1 (5'-ATGGCGTACAACAATCATA-
AAGAA-3') [14] and the reverse primer SR9 (5'-ATATCCATACCRCCATTGCCCAT-3') [23],
utilizing the Mastercycler Nexus gradient® (Eppendorf, Hamburg, Germany). Amplified
DNA was sequenced by Cosmo Genetech (Seoul, South Korea).

2.4. Sequence and Phylogenetic Analysis

The 185 rRNA gene and cox1 gene sequences obtained were used for phylogenetic
analysis using MEGA X software version 10.0.5. For the 185 rRNA gene analysis, a set of
four sequences was compiled from different geographical regions where S. pilosa was found,
including South Korea, mainland Japan, Hokkaido, and Lithuania. Additionally, another
set of 71 sequences was gathered, representing various Sarcocystis species and outgroup
species sourced from different hosts. Notably, this compilation included sequences from
S. hjorti, which is recognized as the species most closely related to S. pilosa [20].

For the analysis of the coxI gene, a collection of five sequences was assembled from
diverse geographical locations where S. pilosa had been identified. These regions encompass
South Korea, mainland Japan, Hokkaido, Lithuania, and Germany. Furthermore, we
compiled an additional set of 35 sequences, focusing on Sarcocystis specimens collected
from other canid fecal samples or Sarcocystis species recognized for utilizing canids as
their definitive host. To broaden the scope, we incorporated S. arctica collected from
canids’ muscle tissue, known for utilizing avians as their definitive host [24], to serve as
an outgroup species. This dataset also encompassed S. hjorti and S. gjerdei, mirroring the
inclusion in the 185 rRNA gene analysis.

Sequences were sourced from GenBank and aligned using the parameters specified
in the ClustalW algorithm, which was integrated into the MEGA X software. The se-
quences used in the present study are provided in Table S1, which can be found in the
Supplementary Materials.

To facilitate further analysis, minor truncations were applied to both ends of all se-
quences to ensure the preservation of homologous nucleotide positions. After truncation,
the phylogenetic tree dataset ultimately consisted of sequences spanning 1248 positions for
the 185 rRNA gene and 1002 positions for the cox1 gene. To construct a phylogenetic tree,
we chose the most suitable substitution model for sequence evolution using the jModelTest
2.1.10. In the analysis, we employed the optimal model GTR + I + G along with its corre-
sponding parameters. A maximum likelihood (ML) tree was constructed using the PhyML
3.1/3.0 aLRT web server (http:/ /www.phylogeny.fr/one_task.cgi?task_type=phyml, ac-
cessed on 25 October 2023, 14 December 2023) and subsequently evaluated using the
bootstrap technique with 100 iterations for bootstrapping. The ultimate tree visualization
was created using FigTree version 1.4.4. 185 rRNA gene sequences of Sarcocystis pilosa from
mainland Japan, Hokkaido, and Lithuania, as well as S. hjorti and S. gjerdei sequences,
were individually compared with sequences from South Korea. A similar comparison was
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carried out with cox1 gene sequences. This was accomplished using the distance calculation
function in MEGA X.

3. Results
3.1. Morphological Observations

The cystic structures observed were Sarcocystis sporocysts, which had four sporozoites
and were 16.0 (12.9~17.9) pm (SD = 0.9) long and 9.8 (7.0~13.8) um (SD = 1.4) wide
(mean values for 39 sporocysts). Some structures showed intact oocyst forms, which were
composed of two sporocysts and a thin cyst wall (Figure 1).

Figure 1. Morphology of a detected sporulated oocyst extracted from the feces of Vulpes vulpes under
light microscopy. Scale bar: 10 um; sp = sporozoite.

3.2. Molecular Characteristics

The newly generated 185 rRNA gene sequence was 1095 bp in length and was submit-
ted to GenBank (accession number: OR724702). The sequence exhibited 100% similarity to
S. pilosa isolated from diaphragm muscles of Lithuanian sika deer (KU753891). Further-
more, the sequence displayed 100%, 100% and 99.7% similarity with samples obtained
from diaphragm muscles of Hokkaido sika deer (LC466178), feces of Hokkaido red fox
(LC496069) and muscles of sika deer in mainland Japan (LC349474), respectively. The
sequences were 99.6 and 98.1% identical to the 185 rRNA gene sequences of S. hjorti
(EU282017) and S. gjerdei (LC349475).

The newly generated cox1 gene sequence was 1035 bp in length and was submitted
to GenBank (accession number: OR947924). The acquired sequence showed a 99.7% simi-
larity to S. pilosa identified in the diaphragm muscles of Lithuanian sika deer (KU753910)
and a 99.8% similarity to that identified in the diaphragm muscles of German sika deer
(OP617449). Additionally, it exhibited 99.8%, 99.7% and 99.1% similarity with specimens
collected from Hokkaido (diaphragm muscles of sika deer: LC466201 and feces of red fox:
LC496070) and mainland Japan (muscles of sika deer: LC349967), respectively. Furthermore,
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the sequences showed 95.4-96.4% and 91.1-91.5% identity with the cox1 gene sequences of
S. hjorti and S. gjerdei, respectively.

3.3. Phylogenetic Analysis

The acquired 185 rRNA gene sequence formed a monophyletic group with previ-
ously reported 18S rRNA gene sequences of S. pilosa in the phylogenetic tree (Figure 2).
Nevertheless, this monophyletic group also encompasses S. gjerdei and S. hjorti, making it
challenging to achieve a complete differentiation from S. pilosa.
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Figure 2. Maximum likelihood tree for Sarcocystis based on 185 rRNA gene sequences constructed
using the GTR + I + G model. Bootstrap scores are expressed as proportion of 100 replications and
are shown on each node. The sequence from the present study is highlighted in red. Node values less
than 0.7 are not shown.
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In Figure 3, the acquired cox1 gene sequence formed a monophyletic group alongside
previously reported cox1 gene sequences of S. pilosa. Outgroup species (Eimeria tenella,
Sarcocystis arctica) were excluded from the phylogenetic tree due to their considerable ge-
netic divergence. The original tree is available in Figure S1 of the Supplementary Materials.

KY973288 Sarcocystis hjorti (Spain, Red deer)

OP617425 Sarcocystis hjorti (Austria, Sika deer)

ose F OMO06802 Sarcocystis hjorti (Mansfield, Austrailia, Wild dog)

[ OM906806 Sarcocystis hjorti (Mansfield, Austrailia, Fox)

KC209643 Sarcocystis hjorti (Norway, Moose)

OP617397 Sarcocystis hjorti (Schlitzer Land, Germany, Sika deer)

MK234162 Sarcocystis hjorti (Lithuania, Moose)

SARCOJO Sarcocystis pilosa (Yeongju, South Korea, Red fox)
OP617449 Sarcocystis pilosa (Oberpfalzer Wald, Germany, Sika deer)
KU753910 Sarcocystis pilosa (Lithuania, Sika deer)

LC496070 Sarcocystis pilosa (Hokkaido, Japan, Red fox)

LC466201 Sarcocystis pilosa (Hokkaido, Japan, Sika deer)

LC349967 Sarcocystis pilosa (Gifu, Japan, Sika deer)

KC209596 Sarcocystis capreolicanis (Norway, Roe deer)
KY018941 Sarcocystis capreolicanis (ltaly, Roe deer)
KF241311 Sarcocystis capreolicanis (Norway, Roe deer)
KC209662 Sarcocystis rangi (Norway, Reindeer)
2% KC209665 Sarcocystis rangi (Norway, Reindeer)
KC209667 Sarcocystis rangi (Norway, Reindeer)
KT901090 Sarcocystis cruzi (Argentina, Cattle)
LC171862 Sarcocystis cruzi (New Zealand, Cattle)
MT796944 Sarcocystis cruzi (Lithuania, Cattle)
OR570876 Sarcocystis cruzi (China, Cattle)
KC209588 Sarcocystis alceslatrans (Canada, Moose)
KC209591 Sarcocystis alceslatrans (Canada, Moose)
*| KC209593 Sarcocystis alceslatrans (Canada, Moose)
OM906801 Sarcocystis linearis (Mansfield, Australia, Wild dog)
—_ KC209614 Sarcocystis gracilis (Norway, Red fox)
587 OM906805 Sarcocystis tenella (Mansfield, Australia, Wild dog)
o971 OM906809 Sarcocystis tenella (Swifts Creek, Australia, Fox)
LC349941 Sarcocystis gjerdei (Gifu, Japan, Sika deer)
LC349952 Sarcocystis gjerdei (Gifu, Japan, Sika deer)
LC349953 Sarcocystis gjerdei (Gifu, Japan, Sika deer)
LC481084 Sarcocystis gjerdei (Gifu, Japan, Sika deer)
LC349954 Sarcocystis gjerdei (Gifu, Japan, Sika deer)
LC481086 Sarcocystis gjerdei (Gifu, Japan, Sika deer)

083

0.98
0.73

0.98)

0.8

T F _Ef

0.71

L

0.

0.87

04

Figure 3. Maximum likelihood tree for Sarcocystis based on cox1 gene sequences constructed using
the GTR + I + G model. Bootstrap scores are expressed as proportion of 100 replications and are
shown on each node. The sequence from the present study is highlighted in red. Node values less
than 0.7 are not shown.

The distinction between S. pilosa and S. hjorti is more effectively accomplished through
cox1 gene sequences, as demonstrated in Prakas et al.’s study [20], rather than using 185
rRNA gene sequences.

4. Discussion

Sarcocystis infections such as S. cruzi, S. miescheriana, S. tenella, and S. grueneri have
been reported from cattle (Bos taurus coreanae), pigs (Sus scrofa domesticus), goats
(Capra hircus coreanae), red deer (Cervus elaphus), Korean water deer (Hydropotes inermis
argyropus), and striped field mice (Apodemus agrarius) in South Korea [5-10]. These infected
animals are intermediate hosts, and no natural infection with Sarcocystis has been reported
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in definitive hosts in South Korea, except for experimental infections conducted in dogs
with S. cruzi [6]. In the present study, we confirmed that Sarcocystis sp. naturally infect
red foxes in South Korea. Based on the 185 rRNA sequence, it was identified as S. pilosa.
This is the first report of its definitive host on the main landmass of Eurasian continent.
Previously reported definitive hosts of S. pilosa have been limited to a single fox species
in Hokkaido, Japan, as in the present study. Sarcocystis pilosa has been previously docu-
mented in intermediate hosts such as sika deer (Cervus nippon) and red deer (C. elaphus),
with confirmed occurrences in Lithuania, Japan, Switzerland, and Germany [20,25-27].
In the constructed phylogenetic tree, we confirmed that the sequences obtained in this
study formed a clade with previously reported sequences of S. pilosa. As this was not
a full-sequence analysis, it was challenging to identify significant sequence differences
based on geographical distribution. However, we have confirmed the genetic similarity of
S. pilosa, indicating its possible distribution across the Eurasian region.

Sarcocystis infection in this red fox may have originated from the source popula-
tion in China before its translocation to Korea, but it also could have originated from
local prey sources after its release. Considering the latent period within the definitive
hosts of Sarcocystis, it takes approximately 14 days post-infection for oocysts to become
fully sporulated in closely related species, such as S. alces and S. hjorti [13]. However,
regarding the shedding period (patent period) in S. falcatula using Virginia opossums
(Didelphis virginiana) as definitive hosts, shedding continued until euthanasia of all infected
individuals (46200 days post-infection) [28]. Similarly, in other studies involving dogs and
cats experimentally infected with Sarcocystis species utilizing various intermediate hosts,
such as cattle, horses, pigs, and sheep, shedding persisted until euthanasia, making it chal-
lenging to precisely determine the common shedding period of Sarcocystis [29]. Therefore,
while it is not possible to completely exclude either of the two hypotheses, it is noteworthy
that when Sarcocystis sp. utilizing guanacos (Lama guanicoe) as an intermediate host was
experimentally induced in dogs, an average patent period of 45.6 days (19-61 days) was
observed [30]. Additionally, experimental infections with S. tenella in dogs and red foxes
have been reported to result in sporocyst counts of 100 or fewer per gram of feces at
60 days post-infection [12]. Considering the absence of significant findings related with
internal parasite infection in the pre-release fecal examination (microscopical observation
after flotation and sedimentation method) and release one year after introduction from
China, it appears unlikely that the individual was infected at the time of introduction.
Additionally, considering the spectrum of intermediate hosts for S. pilosa and closely re-
lated species, under the assumption of post-release infection from local prey sources, the
reported intermediate hosts were limited to cervids, with no records beyond that.

Four native cervid species naturally coexist on the Korean Peninsula: roe deer
(Capreolus pygargus), musk deer (Moschus moschiferus), sika deer (Cervus nippon), and water
deer (H. inermis argyropus). Among these, the sika deer is the sole reported intermediate
host of S. pilosa. Indeed, foxes have been observed opportunistically scavenging on cervid
carcasses as a food source [31], and beyond the sika deer, other cervid species, like water
deer, also hold the potential to act as intermediate hosts. Therefore, there is a need to
confirm the presence of S. pilosa from these hosts. Furthermore, considering the proximity
of the dead fox’s activity area to deer farms where captive cervids (Cervus nippon, C. elaphus,
C. canadensis) are raised, it is essential to investigate the potential infection of captive deer
by Sarcocystis species. Additionally, it is important to ascertain which canid species served
as definitive hosts before the introduction of foxes for restoration. Excluding domestic
dogs, raccoon dogs (Nyctereutes procyonoides) are the most prevalent species among the
indigenous wild canids of the Korean Peninsula. Experimental evidence has revealed
its potential role as a definitive host for Sarcocystis species [32]. Consequently, future
research employing fecal analyses should be undertaken to determine the occurrence of
Sarcocystis infections in raccoon dogs. Such investigations would greatly aid in unraveling
the ecological circulation pathways of Sarcocystis in domestic landscapes.
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Sarcocystis infection in definitive hosts causes symptoms that are generally mild or
asymptomatic and are regarded as less pathogenic. In humans, clinical symptoms such
as stomach aches, nausea, and diarrhea have been reported in cases of intestinal sarcocys-
tosis [10]. In other definitive host species, especially canines and felines, most infected
individuals appear asymptomatic or may show acute-to-chronic diarrhea. However, an
unusual case of megacolon and amyloidosis due to chronic inflammation induced by
Sarcocystis sp. infection has been reported in a dog [33]. In the present study, the deceased
red fox exhibited gastric perforation, intraperitoneal leakage of gastric contents, and con-
striction of the rectum and bladder neck. The bladder was congested with blood, and
the collected intestinal contents displayed slight mucoid features. However, no histolog-
ical analysis was conducted, making it difficult to correlate these findings directly with
Sarcocystis infection.

From a One Health perspective, Sarcocystis typically demonstrates a generalized pat-
tern of infecting related host species within its host range. Although the potential of S. pilosa,
which utilizes ruminants as intermediate hosts, to infect humans seems low owing to this
common pattern, it has not been experimentally confirmed. However, when non-human
Sarcocystis spp. sporocysts are accidentally ingested, humans can also become dead-end
hosts (aberrant intermediate hosts), exhibiting possible clinical symptoms of extraintesti-
nal sarcocystosis ranging from asymptomatic muscle cysts to a severe, sudden-onset
eosinophilic myositis accompanied by systemic symptoms and blood eosinophilia [10].
Therefore, it is essential to consider concerns related to water or food contamination from
wildlife feces in the context of this issue.

5. Conclusions

In the present study, we confirm that, as previously reported, red foxes can serve
as definitive hosts for S. pilosa in their natural environment. Additionally, we report the
presence of S. pilosa in Korea, a country that is geographically close to Japan and part of
continental Asia. Furthermore, this study indirectly highlights the potential intermediate
hosts of S. pilosa and suggests the presence of mammalian species that previously acted as
definitive hosts before the introduction of foxes to the Korean Peninsula. This highlights the
direction for future research, including the confirmation and reporting of existing natural
hosts of S. pilosa in South Korea. In addition, it suggests that conservation programs to
restore ecosystem health may further accelerate the spread of diseases, highlighting the
need to recognize the importance of disease epidemiology and quarantine, as well as the
ecological implications, in this type of re-introduction program.
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