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José Costa, Patrı́cia C. Braga, Irene Rebelo, Pedro F. Oliveira and Marco G. Alves

Mitochondria Quality Control and Male Fertility
Reprinted from: Biology 2023, 12, 827, https://doi.org/10.3390/biology12060827 . . . . . . . . . 5

Inês Moniz, Maria Soares, Ana Paula Sousa, João Ramalho-Santos and Ana Branco

The Low Survivability of Transplanted Gonadal Grafts: The Impact of Cryopreservation and
Transplantation Conditions on Mitochondrial Function
Reprinted from: Biology 2024, 13, 542, https://doi.org/10.3390/biology13070542 . . . . . . . . . 27

Isabella Bracchi, Juliana Morais, João Almeida Coelho, Ana Filipa Ferreira, Inês Alves,
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Editorial

Beyond Powerhouses: Roles of Mitochondria, from
Development to Therapeutic Potential
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Mitochondria, long recognized as the powerhouse of the cell, have emerged as master
regulators of cellular fate and therapeutic potential through a broad range of signaling
pathways and metabolic modulation. This Special Issue of Biology brings together ten
original research and review articles that collectively trace a compelling arc, from the
role of mitochondria in reproduction and early-life programming to their dysfunction in
pathophysiology and emergence as novel therapeutic targets.

This Special Issue begins by focusing on the reproductive lifespan, as mitochondrial
quality control is essential in fertility and gamete viability. Costa et al. [1] contribute
a comprehensive review of mitochondrial quality control mechanisms in male fertility,
highlighting how disruptions in mitophagy, biogenesis, and dynamics can impair sper-
matogenesis and sperm function. Their work underlines the importance of mitochondrial
surveillance systems in maintaining reproductive health and suggests that mitochondrial
dysfunction may underlie idiopathic male infertility.

Complementing this topic, Moniz et al. [2] explore the impact of cryopreservation
and transplantation on mitochondrial function in gonadal grafts. Employing a rodent
model, they demonstrate that both procedures significantly compromise mitochondrial
membrane potential and respiratory capacity, contributing to the low survivability of
transplanted tissue. Their findings emphasize the need for improved preservation protocols
that safeguard mitochondrial integrity to enhance reproductive outcomes.

Bracchi et al. [3] extend the reproductive theme by investigating the cardiometabolic
consequences of Rebaudioside A exposure during the reproductive stage. Their experimen-
tal research in female rats reveals that a chronic intake of this non-caloric sweetener alters
mitochondrial function in cardiac tissue, leading to increased oxidative stress and impaired
energy metabolism. These results raise important questions about the long-term metabolic
effects of dietary additives during sensitive reproductive windows.

In the Guest Editor’s experience [4–16], a large body of research has focused on how
the maternal environment shifts early-life mitochondrial programming, exerting lasting
effects on offspring health. In this Special Issue, this theme is further explored; Lomas-
Soria et al. [17] show that maternal obesity induces premature aging in mitochondrial
electron transport chain genes in the liver of rat offspring, with sex-specific differences.
Their transcriptomic analysis reveals the downregulation of key mitochondrial genes in
male offspring, suggesting that maternal metabolic status can epigenetically reprogram
mitochondrial function in a sex-dependent manner.

Biology 2025, 14, 1367 https://doi.org/10.3390/biology14101367
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Similarly, Yan et al. [18] report that maternal nutrient excess reduces the number
of mitochondria and activates stress signaling in fetal baboon skeletal muscle. Using a
non-human primate model, they demonstrate that overnutrition during pregnancy leads to
mitochondrial depletion and increased expression of unfolded protein response markers,
potentially predisposing offspring to metabolic dysfunction. These findings reinforce the
concept that mitochondrial health is shaped in utero and may influence disease susceptibil-
ity later in life.

Metabolic programming is currently a research hotspot, and as we learn more, increas-
ing attention is being given to the mitochondrial contribution to the onset of pathophysio-
logical processes and the progression of chronic diseases. Mitochondrial dysfunction can
not only reflect underlying metabolic disturbances but also actively contribute to patho-
physiological mechanisms across various organ systems. For instance, Kulovic-Sissawo
et al. [19] investigated mitochondrial dysfunction in endothelial progenitor cells (EPCs),
revealing that EPCs exhibit impaired mitochondrial respiration and increased oxidative
stress compared to mature endothelial cells. Their study suggests that mitochondrial
deficits in EPCs may compromise vascular repair capacity, with implications for cardiovas-
cular disease and aging, highlighting a potential mechanistic link between mitochondrial
dysfunction and cardiovascular aging.

Similarly, Amorim et al. [20] explore the progression of non-alcoholic fatty liver
disease (NAFLD/MASLD) to hepatocellular carcinoma, as a paradigm of maladaptive
mitochondrial responses. Their review demonstrates how impaired β-oxidation, excess
ROS production, and disrupted mitochondrial dynamics drive a cascade from steatosis to
fibrosis and ultimately to malignancy, positioning mitochondria as both biomarkers and
active players in liver disease progression.

Extending this perspective to genetic mitochondrial disorders, Tomczewski et al. [21]
provide a phenotypic characterization of female mice heterozygous for Tafazzin deletion,
a model of Barth syndrome. They report subtle but significant alterations in cardiac and
skeletal muscle mitochondrial function, even in the absence of overt pathology. This
study underscores the importance of considering carrier status and sex-specific effects in
mitochondrial diseases, and it adds to our understanding of how partial gene deletions can
manifest subclinically.

Together, these studies illustrate that mitochondrial dysfunction, whether develop-
mentally programmed, environmentally induced, or genetically inherited, serves as a
critical nexus in disease pathogenesis and warrants further investigation as both a target
and indicator in the context of aging and chronic disease progression.

Thus, the final arc of this Special Issue explores therapeutic strategies targeting mito-
chondrial dysfunction. Chang et al. [22] demonstrate that Formoterol, a β2-adrenoreceptor
agonist, restores mitochondrial function in cells harboring a Parkinson’s disease-related
UQCRC1 mutation. Their data show improved mitochondrial dynamics, transport, and
bioenergetics, suggesting that β2-agonists may offer neuroprotective benefits by modulat-
ing mitochondrial homeostasis.

Closing this Special Issue, Lin et al. [23] explore the bidirectional relationship be-
tween mitochondria and the complement system. Their review synthesizes evidence that
mitochondrial damage can activate complement pathways while complement proteins
can localize to mitochondria and influence their function. This “double-edged sword”
highlights the complex interplay between innate immunity and mitochondrial signaling in
health and disease.

Collectively, these ten manuscripts offer a panoramic view of mitochondrial biology,
from its foundational role in reproduction and development to its critical involvement
in disease and its potential as a therapeutic target. Far from being mere energy facto-
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ries, mitochondria emerge here as dynamic regulators of cellular fate, often exhibiting
sex-specific idiosyncrasies. As our mechanistic understanding deepens, so too does the
potential of mitochondria-centered strategies to diagnose, treat, and prevent a wide array of
complex diseases.

The Guest Editors would like to gratefully acknowledge the Biology Editorial Office
for their continued support, as well as the peer reviewers, authors, and respective research
units for their valuable contributions. We hope that this Special Issue will provide both
insight and inspiration, to enable continued development in this rapidly advancing field.
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Simple Summary: Mitochondria play a crucial role in numerous cellular processes, including energy
production, apoptosis, and calcium homeostasis. In the male reproductive system, mitochondria are
particularly important for the development and maintenance of germ cells, which ultimately lead to
the production of healthy sperm. Dysfunction in mitochondrial physiology can lead to an imbalance
in reactive oxygen species, which can have detrimental effects on sperm quality. Thus, mitochondrial
quality control can ultimately define male reproductive capacity. Studies have shown that non-
communicable diseases such as obesity, diabetes, and cardiovascular disease can have a negative
impact on mitochondrial function in sperm, leading to decreased sperm motility, concentration, and
viability. Therefore, understanding and managing mitochondrial quality control could be a valuable
approach to developing new strategies to combat male infertility. Herein we discuss the relevance
of mitochondria quality control to male fertility, particularly the role of oxidative stress and the
parameters needed to be evaluated.

Abstract: Mitochondria are pivotal to cellular homeostasis, performing vital functions such as
bioenergetics, biosynthesis, and cell signalling. Proper maintenance of these processes is crucial to
prevent disease development and ensure optimal cell function. Mitochondrial dynamics, including
fission, fusion, biogenesis, mitophagy, and apoptosis, maintain mitochondrial quality control, which
is essential for overall cell health. In male reproduction, mitochondria play a pivotal role in germ
cell development and any defects in mitochondrial quality can have serious consequences on male
fertility. Reactive oxygen species (ROS) also play a crucial role in sperm capacitation, but excessive
ROS levels can trigger oxidative damage. Any imbalance between ROS and sperm quality control,
caused by non-communicable diseases or environmental factors, can lead to an increase in oxidative
stress, cell damage, and apoptosis, which in turn affect sperm concentration, quality, and motility.
Therefore, assessing mitochondrial functionality and quality control is essential to gain valuable
insights into male infertility. In sum, proper mitochondrial functionality is essential for overall health,
and particularly important for male fertility. The assessment of mitochondrial functionality and
quality control can provide crucial information for the study and management of male infertility and
may lead to the development of new strategies for its management.

Keywords: male fertility; mitochondrial quality control; non-communicable diseases; spermatozoa

Biology 2023, 12, 827 https://www.mdpi.com/journal/biology5
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1. Introduction

Mitochondria, commonly known as the “powerhouses of the cell”, are intricate or-
ganelles present in all eukaryotic cells. They consist of two membranes, the outer mitochon-
drial membrane (OMM) and the inner mitochondrial membrane (IMM), which separate
the mitochondrial matrix from the cytoplasm of the cell and define the intermembrane
space and mitochondrial matrix [1]. While OMM is highly permeable, IMM is selectively
impermeable to most substances. This property is essential for the development of specific
transport systems that regulate the movement of molecules to and from mitochondria [1].
The IMM can be further divided into two subdomains, an inner boundary membrane
which is in contact with the OMM and the cristae membrane [2]. The cristae membrane
is responsible for enclosing the oxidative phosphorylation (OXPHOS) respiratory chain
complexes, including complexes I, II, III, and IV [3].

Mitochondria play a critical role in maintaining cellular homeostasis, by facilitating distinct
and essential physiological processes such as bioenergetics, biosynthesis, and cell signalling. One
of its primary functions is the synthesis of ATP, which occurs through cellular respiration and
involves the conversion of ADP and phosphate ions into ATP by the mitochondrial ATP synthase.
ATP is the primary energy currency of the cell and is required for various cellular processes,
including muscle contraction, protein synthesis, and signal transmission [2]. ATP is also used in
a variety of cellular functions, including biosynthesis and degradation of proteins, maintenance
of membrane potentials [4] and also to many other physiological functions. Furthermore,
mitochondria are known to be a major source of reactive oxygen species (ROS). Specifically,
ROS are primarily generated in the respiratory complexes I and III of the electron transport
chain (ETC) [5]. Mitochondria regulate the production of ROS through several mechanisms,
including the modulation of mitochondrial membrane potential (MMP), the redox state of
the ETC complexes, and the availability of oxygen [2,6]. These organelles are considered cell
signalling centres and may participate in stress responses [7]. In addition to their primary
functions, mitochondria are also involved in several other biological processes. They play a
role in aging, thermogenesis, and calcium storage, thereby contributing to the maintenance of
cellular calcium homeostasis [2]. Mitochondria use fission and fusion as the primary processes
to regulate multiple aspects, including their distribution in the cytoplasm, as well as their size,
shape, and number [2]. Mitochondrial quality control is maintained through various processes,
including mitochondrial fission and fusion, biogenesis, mitophagy and apoptosis [8]. All these
processes are essential for several physiological functions, including male reproduction.

Mitochondria play a crucial role in the male reproductive tract, contributing to the
occurrence of spermatogenesis (sperm production) and oocyte fertilization. Spermatogen-
esis occurs in the seminiferous tubules, where germ cell proliferation and differentiation
processes lead to the production of a high quantity of spermatozoa, which heavily rely on
mitochondrial function [9]. It can be divided into three phases—spermatogonia mitosis
(amplification of spermatogonial stem cells (SSCs)), spermatocytes meiosis (reduction in
the chromosome number), and spermiogenesis where the round shaped spermatids are
transformed into a more elongated shape [10]. Mitochondria found in spermatogonia
and early spermatocytes are small and conventional, exhibiting limited OXPHOS activity.
As spermatogenesis progresses to later stages, such as spermatocytes, spermatids, and
spermatozoa, the mitochondria undergo a transformation to become more condensed,
elongated, and efficient in their OXPHOS activity [11].

Changes in mitochondria morphology depicted in Figure 1 appear to occur prior to
their structural association with the sperm flagellum. While most mitochondria are lost
during spermiogenesis, some are arranged within the developing spermatid tail [12] and
are metabolically more efficient [13] (Figure 1).
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Figure 1. Schematic representation of the stages of spermatogenesis and the corresponding alterations
in mitochondrial morphology. Mitochondria has a more orthodox shape in the early stages and
become increasingly elongated and condensed as spermatogenesis progresses exhibiting a more
efficient Oxidative Phosphorylation (OXPHOS) activity.

In testicular tissue, mitochondria have multiple functions that include energy produc-
tion [14], steroid hormones production in the testis [15], the maintenance of cell prolifera-
tion [16] and cell death [17]. Moreover, in spermatozoa, mitochondria-generated ROS play
a vital role in the physiological processes that enable these cells to fertilize an oocyte. These
processes include biochemical changes linked to tyrosine phosphorylation, cholesterol
release, and the interaction between sperm and egg. However, excessive ROS production
can lead to oxidative stress (OS) and contribute to several deleterious events [18]. Human
spermatozoa contain only one copy of mtDNA per mitochondrion [19] and their mtDNA
sequence is identical to that found in somatic cells. However, the absence or weakness of
DNA repair mechanisms in sperm mtDNA leads to a higher mutation rate [2]. Mitochon-
dria in spermatozoa play a crucial role in ATP production, which is essential for promoting
sperm motility [20], thus human spermatozoa motility depends on the correct performance
of the OXPHOS [21]. Overall, the appropriate functionality of the ETC is inexorable to
mitochondrial performance which, in turn, is associated with sperm function [2]. Any
alterations that affect mitochondrial quality and performance in sperm have the potential
to cause male infertility. Therefore, this review aims to explore the role of mitochondria
throughout the male reproductive tract and how their quality control, including dysfunc-
tion in response to various metabolic cues such as metabolic disorders and environmental
pollutants, may affect male fertility.

2. Mitochondria Physiology throughout the Male Reproductive Tract

As stated, spermatogenesis is an event that can be divided in three phases to transform
spermatogonial stem cells (SSCs) into spermatozoa and occurs in the seminiferous tubules
of the testis [13]. In the spermatozoa, there are between 70–80 mitochondria located in the
midpiece [12,13]. Notably, there are metabolic and morphological changes in mitochon-
dria physiology along the different cellular microenvironment of the testis which encloses
SSCs, spermatocytes and spermatids [13]. Sertoli cells play a vital role in maintaining
the homeostasis of the testis by forming the blood–testis barrier (BTB), which creates a
specialized microenvironment in the adluminal space of the seminiferous epithelium [22].
The BTB is a highly specialized tight junction located in the adluminal compartment of
the seminiferous epithelium. Its main function is to prevent autoantigens present in sper-
matogenic cells from being recognized by immune cells of the host [22,23]. The SSCs are
located at the base of the BTB, which enables them to utilize nutrients and glucose from
the blood supply to produce ATP [24]. Mitochondria in SSCs are immature and highly
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vacuolated, with a spherical shape and a low electron-lucid matrix and few cristae. In con-
trast, spermatocytes and spermatids possess a large number of mature mitochondria [25].
Throughout spermatogenesis, germ cells go through several microenvironments with vary-
ing concentrations of glucose and metabolites as SSCs are turned into mature sperm [26].
During this process, the mitochondria not only increase in number but also change shape,
particularly in meiotic prophase I [26]. These variations in mitochondrial size and shape
depend on the proper functioning of fusion/fission and mitophagy, which are essential
for maintaining intracellular homeostasis [27], as it will be explained further in detail.
Moreover, as spermatogonia and SSCs are located in the basal compartment, they have
direct contact with blood and interstitial fluid, providing them with access to glucose and
other metabolites. However, spermatocytes and spermatids have limited access to these
nutrients [26]. The differential access to metabolites between the basal compartment and
adluminal compartment reflects the changing metabolic needs of male germ cells during
the various stages of spermatogenesis. It appears that spermatogonia primarily rely on glu-
cose to produce energy through glycolysis [28], while spermatocytes and spermatids rely
on lactate provided by Sertoli cells, as well as pyruvate, as their main energy sources [29].
The lactate produced by Sertoli cells is converted to pyruvate by lactate dehydrogenase.
Pyruvate is then utilized in mitochondria to produce ATP, indicating that spermatocytes
and spermatids in the adluminal compartment are dependent on mitochondrial OXPHOS
activity for energy generation [26]. The high energy demand of meiotic spermatocytes,
particularly during the meiotic prophase I (MPI), requires a substantial supply of lactate
and pyruvate. This demand is expected given the significant energy needed to complete
meiosis, including DNA replication, recombination, and chromosomal segregation [26].
This phase represents approximately 90% of meiosis, a quarter of the spermatogenic pro-
cess, and can be further divided into four different stages (leptotene, zygotene, pachytene,
and diplotene) [30]. Electron microscopy studies conducted in rodent testes have shown
that there is an increase in OXPHOS activity during the MPI stage of meiosis. Specifically,
during pachytene, mitochondria present in the spermatocytes assume a more elongated
shape while the cristae are more compact [31]. This type of mitochondrial organization
has been shown to be associated with increased OXPHOS activity [32]. Conversely, in
spermatids that have completed the meiosis process, the mitochondria are fragmented, and
the cristae do not have either an orthodox or a condensed shape, indicating a return to
reliance on glycolysis [31].

Sertoli cells play a crucial role in regulating the number of germ cells in the testis. They
do this by modulating apoptosis during mitosis, which prevents the overproduction of
germ cells and maintains the homeostasis of the testis [33]. After phagocytosis of apoptotic
spermatogenic cells, the lipids from these cells are degraded into fatty acids which undergo
β-oxidation to generate ATP in Sertoli cells. The degradation of the apoptotic cells into
lipids results in a significant increase in long-chain acyl-CoA dehydrogenase, an enzyme
involved in β-oxidation, in the mitochondria of Sertoli cells. This process of utilizing lipids
from apoptotic germ cells for energy production is an important mechanism for maintaining
the metabolic activity of Sertoli cells and for supporting the development of germ cells [34].
In addition to promoting β-oxidation of lipids, Sertoli cells also play a role in regulating
mitochondrial biogenesis and OXPHOS activity in germ cells. Activin A, a protein secreted
by Sertoli cells, has been shown to promote mitochondrial biogenesis and the formation
of elongated cristae-rich mitochondria in spermatocytes and spermatids. This is achieved
through transcriptional regulation of key genes involved in mitochondrial biogenesis,
including peroxisome proliferator-activated receptor-γ coactivator 1α, nuclear respiratory
factor (NRF) 1, and NRF2 [24,31]. These transcription factors activate the expression of
genes involved in mitochondrial DNA replication, transcription, and translation, as well as
those encoding components of the electron transport chain, leading to increased OXPHOS
activity in germ cell [35].

Leydig cells are another crucial somatic cell type found in the testis. Their role in male
germ cell differentiation is less well studied than that of Sertoli cells [13]. Leydig cells are
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in the interstitial tissue of the testis and are responsible for the production and secretion
of steroid hormones, particularly androgens such as testosterone. These hormones are
synthesized and released into the bloodstream in response to the stimulation of luteinizing
hormone (LH) from the pituitary gland [36]. While the exact role of Leydig cells in male
germ cell differentiation is not fully understood, it is known that androgens play an im-
portant role in the regulation of spermatogenesis and male fertility. Testosterone plays an
essential role in spermatogenesis as it is required for the development of spermatogonia
and the initiation of meiosis. It also regulates the release of spermatids from Sertoli cells
into the lumen of the seminiferous tubules [37]. When circulating LH binds to its receptor
on Leydig cells, it triggers a signalling cascade that increases the production of cyclic AMP
(cAMP). This increase in cAMP promotes the transport of cholesterol to the inner mito-
chondrial membrane (IMM) and initiates the first step of testosterone production. This step
involves the conversion of cholesterol into pregnenolone by the P450 cholesterol side-chain
cleavage enzyme (P450scc). Pregnenolone then undergoes further enzymatic reactions to
eventually produce testosterone [38]. When referring to cholesterol in mitochondria, its
typical functions are biogenesis, membrane maintenance and the production of steroids [39].
Although the primary function of mitochondria is to produce ATP, this is not the case for
Leydig cells. The morphology of the cristae in Leydig cells does not allow the connection
between the F1 complexes of ATP synthase in the mitochondrial matrix when they are
close to the mitochondrial membrane [40]. Therefore, Leydig cells produce less ATP, and
their mitochondria are mainly responsible for the production of steroid hormones, such as
testosterone, through the steroidogenesis pathway.

After leaving the testicular seminiferous tubules, spermatozoa have to mature in the
epididymis where they gain the capacity to reach and fertilize the oocyte [41]. Epididymal
cells create a unique microenvironment in the epididymal lumen to support sperm matura-
tion. This microenvironment is maintained by epithelial cells, which keep the pH acidic
and the bicarbonate concentration low. This ensures that the spermatozoa do not become
prematurely activated while they are maturing in the epididymis [41]. The acidic pH is
supported by proton secretion by V-ATPases, which are abundant in the apical membrane
and intracellular vesicles of the narrow and clear cells in the epididymis [41]. The narrow
and clear cells present in the epididymis are considered mitochondria-rich cells and these
abundant mitochondria are linked to the acidification of the lumen due to their carbonic
anhydrase activity, endocytic activity and most importantly, proton secretion through
V-ATPase [42].

It is important to mention the importance of ROS in spermatozoa capacitation, since
protein tyrosine phosphorylation is regulated by ROS production [43]. The presence of ROS
triggers a cascade of biochemical reactions that enhance sperm motility. First, ROS induces
the conversion of ATP to cAMP by the enzyme adenylyl cyclase. Next, cAMP activates
protein kinase A (PKA), which further stimulates ROS production and the enzyme NADPH
oxidase. PKA also phosphorylates serine and tyrosine residues, leading to activation of pro-
tein tyrosine kinase (PTK). Finally, PTK triggers phosphorylation of tyrosine residues in the
sperm flagellum axoneme, resulting in increased motility [43]. Another key event during
capacitation is the mobilization of calcium ions, which is also triggered by ROS. This in-
crease in calcium ions leads to the cleavage of PIP2 (phosphatidylinositol-4,5-biphosphate),
producing DAG (diacylglycerol). The presence of DAG and PKC (protein kinase C) induces
the phosphorylation of phospholipase A2, a membrane enzyme that plays a critical role
in sperm function. This phosphorylation event increases the fluidity of the spermatozoa
membrane, enabling it to fuse with the oocyte. This membrane fusion is a crucial step in
fertilization and requires precise coordination between sperm and oocyte. [44]. Overall, the
interplay between ROS, calcium ions, PKC, and phospholipase A2 during capacitation is a
finely tuned process that ensures successful fertilization.

Spermatozoa are highly vulnerable to the harmful effects of ROS, which include
superoxide anion, hydrogen peroxide, hydroxyl radical, nitric oxide, and peroxynitrite.
Elevated levels of ROS can lead to oxidative damage, impairing sperm function [45]. This
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impairment translates into a loss of sperm motility and mitochondrial activity and also
the possibility of losing the ability to fertilize oocytes [46]. Spermatozoa have limited
capacity to repair oxidative damage, as their chromatin is highly compacted and lacks
the necessary machinery to synthesize new proteins. Therefore, they rely on antioxidant
enzymes that are produced during spermatogenesis and epididymal maturation to provide
some degree of protection [46]. During epididymal maturation, the plasma membrane
of spermatozoa becomes enriched with polyunsaturated fatty acids (PUFAs) [13]. While
PUFAs contribute to the integrity of the sperm membrane and improve its ability to fuse
with the oocyte during fertilization, they also increase the sperm susceptibility to OS.
Therefore, the balance between ROS and antioxidants is critical for maintaining proper
sperm function and fertility [47].

As discussed above, to fertilize an oocyte, spermatozoa must be prepared through
morphological alterations, such as the remodelling of the plasma membrane. Those changes
will assist the penetration of the oocyte and the survival of sperm in the female reproduc-
tive tract. This process, known as capacitation, is mainly characterized by the activation
of tyrosine kinase via cAMP [13]. Capacitation is related to the improvement of sperm
characteristics such as membrane fluidity, motility, and calcium inflow, facilitating sper-
matozoa to penetrate the oocyte [48]. Glycolysis and mitochondrial OXPHOS are the
main metabolic pathways that support capacitation, as ATP is required for this process to
occur [49]. In a study by Carrageta and colleagues, human spermatozoa were incubated
under in vitro capacitation conditions with varying glucose concentrations. Spermatozoa
incubated without glucose exhibited a lower viability, while those incubated with glucose
maintained viability over time [49]. The study also revealed that the sperm cells incubated
with glucose exhibited higher levels of tyrosine residue phosphorylation, which is a com-
monly used biomarker for sperm capacitation. This finding demonstrates the importance
of glucose in promoting human sperm capacitation [49]. ATP production via OXPHOS
occurs in the midpiece of spermatozoa, primarily supporting sperm motility. However, it
is also crucial for maintaining chromatin structure and regulating the acrosome reaction
in spermatozoa [50]. Zhang and colleagues investigated sperm MMP in young college
students, using the N-α-benzoyl-DL-arginine-para-nitroanilide HCl (BAPNA) substrate
method to measure acrosin activity and DNA fragmentation index (DFI) to assess chro-
matin integrity. Their findings indicated that individuals with low MMP had reduced
acrosin activity and lower DFI when compared to those with high or moderate MMP [50].
This study also found that sperm MMP dissipation led to ROS overproduction and reduced
ATP content [50]. Overall, mitochondria play a vital role throughout the male reproductive
tract, and their dysfunction can cause errors during spermatogenesis, sperm capacitation
and oocyte fertilization, leading to male infertility.

3. Relevance of Mitochondrial (Dys)function to Male Fertility

Mitochondrial activity plays a crucial role in all stages of male reproductive potential,
from spermatogenesis to oocyte fecundation. In spermatozoa, mitochondria are located in
the midpiece and form the mitochondrial sheath that surrounds the axoneme [51]. This
structure is connected to the axoneme by a reticulum of filaments and synthesizes ATP,
which is necessary for the proper sperm function [52,53]. Recent comparative studies have
shown that the amount of mitochondria in the sheath is directly related to sperm velocity
and ATP production. For instance, Gu and colleagues studied sperm morphology and
mitochondrial functions in 10 mammalian species, including humans, and found that a
higher number of mitochondria in the sheath was positively correlated with increased
sperm motility and ATP production [54]. In humans, studies have shown that low sperm
motility is associated with smaller midpieces, abnormally assembled mitochondria, and
mitochondrial membranes with structural defects [51]. These findings suggest a direct
correlation between the correct mitochondrial structure and fertilization rates [55].

Sperm quality is closely linked to proper mitochondrial function, and disruptions in
the ETC pathway can adversely affect sperm quality [51]. In humans, the MMP, which
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serves as an indicator of energy and mitochondrial functions, has been found to be asso-
ciated with sperm viability [56] and the ability to perform acrosome reaction [57] as well
as the capacity to fertilize oocytes naturally or in vitro [58]. When measuring the enzy-
matic activity of the respiratory chain complexes, Ruiz-Pesini and colleagues used specific
modulators of the ETC complexes and found that their correct functioning influenced
sperm parameters such as motility and vitality [21]. They were also able to demonstrate
a direct correlation between mitochondrial enrichment of complex II and more efficient
spermatogenesis, leading to a higher number of ejaculated spermatozoa [21]. Lastly, mito-
chondrial respiration and oxygen consumption have been linked to higher sperm motility
and capacitation [59], further highlighting the direct relationship between mitochondrial
function and healthy sperm physiology, as we summarized in Table 1.

Mitochondria are also involved in other processes that can affect sperm quality, such as
generation of ROS, calcium control and cell signalling [51] (Figure 2). The overproduction of ROS
by leukocytes, immature germ cells, and defective spermatozoa can exceed the physiological
threshold leading to oxidative stress, which is very deleterious for the sperm [51]. Therefore,
it is crucial to maintain a delicate balance of ROS levels in the male reproductive system.
Oxidative stress can have a negative impact on sperm quality and function, including reducing
sperm motility, affecting mitochondrial activity, and ultimately, reducing the ability of sperm
to successfully fertilize the oocyte [60]. The high levels of PUFAs in the sperm membrane
make them highly susceptible to lipid peroxidation caused by ROS. This peroxidation of lipids
can also trigger the generation of ROS by sperm mitochondria. PUFAs penetrate the IMM
and inhibit the proper flow of electrons in the ETC, leading to the production of superoxide
anions, oxidative DNA damage [61] and DNA base oxidation [62]. When OS is present, there
is increased amount of ROS that stimulates more generation of ROS [2]. This is due to the
formation of aldehyde–protein adducts, which are by-products of lipid peroxidation and bind to
proteins in the mitochondrial ETC, causing the generation of more ROS in the mitochondria [63]
(Figure 2). This perpetuates a cycle of ROS generation and the resulting OS, which ultimately
leads to apoptosis of spermatozoa. This occurs because sperm mitochondria are extremely
sensitive to oxidative stress, despite being the main intracellular ROS generator [51]. Therefore,
the maintenance of ROS levels within the physiological range is crucial for preserving sperm
quality and function.

Koppers and colleagues demonstrated that mitochondrial ROS generated from com-
plex III can cause the release of hydrogen peroxide into the extracellular space without
detectable peroxidative damage. In contrast, the induction of mitochondrial ROS from com-
plex I results in leakage into the mitochondrial matrix, leading to peroxidative damage to
the IMM [61]. This damage to the IMM caused by mitochondrial ROS from complex I may
result in the opening of the mitochondrial permeability transition pores and fragmentation
of the IMM, leading to activation of the mitochondrial intrinsic apoptotic pathway [64].
Since the chemical triggers for apoptosis that exist in somatic cells are not present in the
spermatozoa, these will automatically undergo truncated apoptosis unless pro-survival
factors are able to prevent this process [65]. However, the specific signalling pathways that
mediate these processes in spermatozoa are not well understood. An important signalling
molecule is calcium, which plays a crucial role in sperm function. Calcium is a messenger
that participates in a variety of cellular processes. In humans, it has been demonstrated to
be crucial in sperm function, being involved in the movement of the flagellum, capacitation,
acrosome reaction and chemotaxis [66]. Calcium-dependent pores in the sperm IMM open
in response to high intracellular calcium levels, allowing calcium to enter mitochondria
and reduce MMP [67], activating the apoptotic pathway [51].
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Figure 2. Schematic summary of the complex relationship between mitochondrial quality and
spermatozoa health. An efficient oxidative phosphorylation (OXPHOS), particularly at the complex
II (CII) level in the electron transport chain, will lead to more ejaculated spermatozoa presenting a
better health sperm physiology. Furthermore, a higher mid piece of the spermatozoon is directly
linked with a higher motility. However, an imbalance between reactive oxygen species (ROS), will
lead to lower sperm motility as well as an increase in mitochondrial DNA damage, an increase
in polyunsaturated fatty acids (PUFAs) and increase in the mitochondrial apoptotic pathway. The
enzymes superoxide dismutase 1 and 2 (SOD1 and SOD2, respectively) composed the metabolic
machinery that handles reactive oxygen species (ROS) in the mitochondrial matrix. Specifically, these
enzymes are able to convert superoxide radical anion (O2

•−) into hydrogen peroxide (H2O2).

Research on sperm apoptosis has demonstrated that apoptotic markers in sperm are
similar to those found in somatic cells. In both cases, phosphatidylserine is externalized
in the plasma membrane, mitochondrial integrity is compromised, caspase is activated,
and DNA damage occurs [68–71]. Despite the similarities, understanding and explaining
the apoptotic process in spermatozoa remains a challenge due to the unique physiological
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conditions of these cells [51]. Apoptotic markers of immature sperm, such as blebbing of
the plasma membrane, formation of apoptotic bodies, impaired mitochondrial integrity,
defects of the nuclear envelope, and fragmentation of the nucleus, have been associated
with infertility in men with reproductive issues [72]. Conversely, these markers are not
present in fertile men and mature sperm [73]. The mitochondria, responsible for the
intrinsic apoptotic pathway, are thought to play a crucial role in triggering apoptosis in
spermatozoa. For example, a study conducted on infertile men with spermatic alterations
showed a direct positive correlation among ROS, cytochrome c outside the mitochondria,
and the induction of caspases 9 and 3. In another study by Paasch and collaborators it
was shown that inducing apoptosis in human sperm leads to higher activity of caspase 9
and 3, along with lower MMP and sperm motility [74]. Activation of caspases 9 and 3 is
associated with low sperm quality, higher DNA fragmentation, and reduced fertilization
capabilities. Furthermore, when caspase 3 is activated together with disrupted MMP, it
leads to the release of phosphatidylserine in spermatozoa [75]. These findings are consistent
with the notion that the intrinsic apoptotic pathway involving mitochondria plays a role in
regulating sperm apoptosis.

The phosphatidylinositol 3-kinase (PI3K)/AKT signalling pathway plays a crucial
role in regulating cell cycle progression, growth, proliferation, survival, and migration [2].
Under stress, the activation of AKT promotes cell survival [76]. Activation of the PI3K
enzyme leads to the phosphorylation of AKT1, which, in turn, silences apoptotic pathway
promoters, helping to maintain the functionality of spermatozoa. [65]. Inhibition of the
PI3K enzyme in this pathway results in the dephosphorylation of AKT1, leading to the
initiation of the intrinsic apoptotic pathway in spermatozoa [2]. Consequently, this leads to
caspase activation, increased production of mitochondrial ROS, oxidative DNA damage,
and reduced sperm motility [77]. Due to the unique architecture of the sperm head,
which separates the nucleus from the mitochondria and cytoplasm in the sperm midpiece,
endonucleases that are activated during apoptosis are unable to cleave nuclear DNA. As a
result, DNA fragmentation in nuclear DNA is not a consequence of apoptosis [77].

Multiple changes can occur in mtDNA at the molecular level, including deletions,
substitutions, and other point mutations. These changes can result in poor sperm quality
and subsequently male infertility [14]. Mouse models have been used to study the role of
OXPHOS in spermatogenesis. Specifically, mice with error-prone mtDNA replication and a
mutation in the subunit of the mtDNA polymerase γ have been found to have infertility
issues [78]. The “mtDNA mutator” mice presented early degradation in multiple organ
systems, particularly the testes, where severely degenerated seminiferous tubes and germ
cell depletion were observed at 10 months of age [78]. Jiang and colleagues demonstrated
that altering the expression levels of the mtDNA regulator, mitochondrial transcription
factor A (Tfam), could affect infertility in mtDNA mutant mice. Increasing Tfam expression
levels mitigated the infertility phenotype, while decreasing levels worsened the pheno-
type [79]. Additionally, mitochondrial dysfunction has been shown to affect MPI in mice.
Mice with a high level (4696 bp) pathogenic deletion in mtDNA had low OXPHOS activity,
which resulted in meiotic arrests at the transition between zygotene and pachytene [15]. In
mice lacking the testis-specific adenine nucleotide translocator 4 (Ant4), a genetic ablation
caused spermatogenic arrest in the leptotene phase of MPI [80].

In humans, it has been reported that males with poor sperm quality have a higher
prevalence of sperm mitochondrial DNA deletions compared to normozoospermic males [81].
Large-scale mtDNA deletions have been reported to occur more frequently in males with ob-
structive azoospermia compared to fertile and infertile men with non-obstructive azoosper-
mia [2]. This can be attributed to blockage in the reproductive tract, which creates a higher
level of OS and mitochondrial dysfunction. These deletions can affect the OXPHOS system,
causing a decrease in ATP production, which can lead to poor sperm motility and decreased
fertilization capacity. In addition, these deletions can also cause oxidative damage to sperm
DNA, leading to increased levels of sperm DNA fragmentation and subsequent infertility.
Additionally, large deletions or a high number of deletions can lead to disruption of ETC,
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reducing the efficiency of oxidative phosphorylation and impairing ATP synthesis [82].
This mitochondrial dysfunction can affect sperm quality and motility. Indeed, one of the
most sensitive biomarkers of male fertility is sperm mtDNA copy number [83]. When
the copy number of human mtDNA is altered, both sperm motility and fertilization ca-
pacity are be affected [84]. It has been demonstrated that infertile males or those with
abnormal semen parameters have a decline in mtDNA integrity when copy number in-
creases [85]. Conversely, a decrease in mtDNA copy number in spermatozoa has been
associated with lower sperm motility [86]. The regulation of proteins in sperm has been
shown to be differentially affected in patients with decreased sperm motility [87], particu-
larly proteins involved in the fibrous sheath and energy production [88], as well as those
involved in spermatogenesis, sperm maturation, sperm tail structure and motility, and
mitochondrial quality control [89]. In samples from patients with reduced sperm motility,
it has been shown differential protein expression of several proteins. Proteins involved
in energy and metabolism, such as triose-phosphate isomerase, glycerol kinase 2, and
succinyl-CoA:3-ketoacid co-enzyme A transferase 1, are expressed at higher levels com-
pared to those involved in sperm motility and structure, as well as stress response [90].
This suggests a possible shift in energy production towards glycolysis rather than OX-
PHOS, which may be a compensatory mechanism to maintain ATP levels and reduce OS
in spermatozoa with impaired motility. Additionally, proteins involved in mitochondrial
quality control, such as Lon peptidase 1 and prohibitin, were downregulated, suggesting
a possible role of mitochondrial dysfunction in reduced sperm motility. In many cases,
mitochondrial dysfunction leading to errors in spermatogenesis, sperm capacitation, and
oocyte fertilization, which affect sperm quality, motility, and fertilization capacity, are
caused by external factors such as metabolic diseases. Thus, a deeper understanding of the
impact of metabolic diseases on mitochondrial quality control is imperative to manage and
ensure adequate spermatogenesis and prevent male infertility. Appropriate management
of metabolic diseases may include lifestyle modifications, pharmacological interventions,
or other treatments aimed at reducing mitochondrial dysfunction and improving overall
metabolic health. By doing so, we can improve male fertility outcomes and reduce the
incidence of infertility caused by metabolic diseases.

Table 1. Spermatozoa fitness alterations due to mitochondrial dysfunction.

Mitochondrial Associated
Mechanism

Spermatozoa Outcomes References

↓ MMP ↓ sperm viability
↓ Acrosome reaction [57]

↓ ETC ↓ sperm motility
↓ sperm vitality [21]

↑ amount of mitochondria in
the sheath

↑ sperm morphology
↑ ATP production [53]

Enrichment of complex II More efficient spermatogenesis
↑ ejaculated spermatozoa [21]

↑ Oxidative stress ↓ sperm motility
↓ fertilization capacity [59]

Damage in IMM
↑ apoptotic pathway

↓ MMP
↓ sperm motility

[63]

↓ mtDNA integrity Poor sperm quality [14,83,85]

4. Non-Communicable Diseases and Environmental Impact on Mitochondrial Quality
of Testicular Cells and Sperm

When analysing mitochondrial quality in male fertility, it is crucial to take into account
both internal mitochondrial parameters and cues that may alter the mitochondria’s proper
operation. Indeed, non-communicable diseases (NCDs) are an example of a condition
that can impact male fertility by altering mitochondrial function. NCDs refer to chronic,

14



Biology 2023, 12, 827

non-infectious and non-transmissible diseases that can have a significant impact on overall
health and well-being [91]. By studying the relationship between NCDs and mitochondrial
function, we can gain a deeper understanding of how these diseases can affect male
fertility and develop targeted strategies to mitigate their negative effects. Among the most
common NCDs are cardiovascular and neurological diseases, as well as cancer and diabetes.
Obesity, which is associated with a group of other NCDs including diabetes mellitus (DM),
hypertension, metabolic syndrome, non-alcoholic fatty liver disease, and cardiovascular
diseases, is also a major risk factor [91]. In addition, recent studies have linked obesity to
some types of cancer such as colorectal, liver, and prostate [92].

Obesity is associated with mitochondrial dysfunction, which results in lower energy
metabolism. When nutrient supply is abundant, cells produce more mitochondria. How-
ever, if nutrient supply remains excessive, the mitochondrial system becomes overloaded,
leading to dysfunction and accumulation of non-oxidized lipid products. This causes
accumulation of fat and OS, which leads to mitochondrial damage and a further decline
in energy metabolism [91]. Excess adipose tissue is known to increase aromatase activ-
ity, which converts testosterone to oestradiol, leading to decreased testosterone levels in
men [93]. Since testosterone is crucial for regulating spermatogenesis, this reduction in
testosterone levels can significantly reduce sperm production [94]. Moreover, decreased
testosterone levels are also accompanied by mitochondrial dysfunction in Leydig cells,
resulting in oxidative damage to lipids, proteins, and mtDNA, promoting the production
of ROS and reduced ATP levels [95]. Obesity is often correlated with a diet rich in satu-
rated fats (SFA) and low in PUFAs [96]. In humans, a direct correlation between increased
amounts of SFA and decreased sperm count and concentration has been described [97].
Conversely, a higher intake of omega-3 PUFAs has been linked to better sperm quality.
These findings highlight the importance of a balanced and healthy diet in maintaining
mitochondrial function and male fertility, as described in Figure 3.

Figure 3. Overview of the interconnected homeodynamics of sperm cells and mitochondrial quality
control. Various factors can influence this delicate balance, including non-communicable diseases,
metabolic diseases, mitochondrial dynamics, and environmental factors. An imbalance in any of
these conditions can result in unhealthy spermatozoa, compromising male fertility. Abbreviations:
ROS- Reactive oxygen species; MMP—mitochondrial membrane potential; MFN-1—mitofusin 1 and
MFN-2—mitofusin 2.

Regarding PUFAs, it has been suggested to play a role in modulating sperm bioener-
getic pathways. Indeed, PUFAs are important components of cell membranes and play a
role in regulating mitochondrial function, oxidative stress, and inflammation [98]. There is
a isoenzyme form of sperm lactate dehydrogenase (LDH-C4) that is crucial for the nutri-
tional regulation of omega-3 PUFA [98]. This enzyme is present in both the mitochondrial
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matrix and the cytosol of spermatozoa, and plays a crucial role in the energy metabolism of
spermatozoa by catalysing the conversion of pyruvate to lactate and the adjuvant oxidation
of NADH [20,99]. LDH-C4 also enables the concurrent advancement of OXPHOS and
glycolysis transporting reducing equivalents from the cytosol into the mitochondria and by
regenerating NAD+, respectively [94]. It has also shown that a that a diet rich in omega-3
PUFAs can reduce OS in sperm cells by increasing the ratio of aconitase to fumarase ac-
tivity [98]. The activity ratio of these two Krebs cycle enzymes is considered a marker for
mitochondrial production of ROS [100]. On the other hand, a diet high in SFA and low
in PUFA has been linked to decreased activity of LDH-C4, pyruvate dehydrogenase, and
respiratory enzymes [100].

Despite growing interest in the relationship between diet and reproductive health,
the potential effects of dietary carbohydrates on sperm quality remain largely unexplored
by scientific research [94]. Glucose is the main fuel for glycolysis in sperm cells, where
it is metabolized to pyruvate and/or lactate to produce ATP, the essential energy source
for sperm motility. Thus, any reduction in glucose uptake and metabolism by sperm can
lead to a decrease in ATP levels, impairing their ability to swim and fertilize an egg [94].
Elevated blood glucose levels have been associated with decreased testosterone production
and increased OS in the body [101]. These factors can negatively impact sperm health by
impairing mitochondrial function, which is crucial for generating energy and maintaining
motility [102]. As a result, high blood glucose levels may lead to reduced sperm motility,
highlighting the importance of controlling blood glucose levels for optimal reproductive
health. Diabetes mellitus (DM) refers to a group of metabolic disorders characterized
by chronic hyperglycaemia resulting from defects in insulin secretion, insulin action, or
both. It is a complex and heterogeneous condition, with multiple subtypes and underlying
mechanisms, but chronic hyperglycaemia is the defining feature of all forms of DM [103].
The pathogenesis of DM involves a complex interplay of various factors, including an
imbalance between free radical formation and the antioxidant defence mechanisms in the
body. This OS can result in damage to cellular components, leading to impaired insulin
signalling and glucose metabolism [104]. Hence, the dysregulation of the redox balance,
characterized by increased free radical formation and/or decreased antioxidant defences,
plays a crucial role in the development and progression of DM. DM is associated with a
range of vascular and organ-related complications that arise due to overproduction of ROS
induced by hyperglycaemia. ROS can cause oxidative damage to various tissues and organs,
leading to inflammation, cell injury, and impaired organ function [105]. Mitochondrial
dysfunction is a critical factor in the pathogenesis of diabetes, as evidenced by the lower
rates of ATP synthesis observed in individuals with a family history of the disease, even
before the onset of poor glucose tolerance [106]. Hyperglycaemia promotes the synthesis
of pyruvate and increases the flow of reducing equivalents into the ETC [105], resulting
in a higher increased ATP/ADP ratio and MMP polarization. However, the significant
electrochemical potential difference created by the proton gradient can partially inhibit
complex III of the ETC, leading to coenzyme Q accumulation in its reduced form and
subsequent generation of superoxide [106]. This increased reduction in coenzyme Q
and the resulting production of ROS is suggested to be responsible for mitochondrial
dysfunction, which is a key factor in the metabolic abnormalities and tissue histopathology
associated with DM [106]. Normally, mitochondria maintain a slightly reduced MMP
that generates less ROS, but in hyperglycaemia, hyperpolarization of the MMP leads to
increased production of ROS [105].

It was found that exposure to high glucose concentrations causes rapid fragmentation
of mitochondria, leading to increased production of ROS [107]. Incubating sperm with high
glucose concentrations prevented periodic fluctuations in ROS production by inhibiting
mitochondrial fission [107]. This suggests that hyperglycaemic conditions induce dynamic
changes in mitochondrial morphology that contribute to the overproduction of ROS. Thus,
the mitochondrial fission/fusion machinery represents a potential target for monitoring and
regulating acute and chronic ROS production in hyperglycaemia-related disorders [105].
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Taken together, these findings indicate that one of the main complications of obesity and
DM is the overproduction of ROS and the resulting OS. Understanding the mechanisms
underlying ROS production and regulation is critical for developing effective interventions
to mitigate the negative consequences of hyperglycaemia and OS. As discussed above, both
spermatozoa and germ cells are vulnerable to oxidative stress (OS), which can negatively
impact sperm quality by reducing sperm count, motility, and increasing the incidence of ab-
normalities [108]. Furthermore, oxidative damage to mitochondrial DNA can increase the
frequency of large-scale deletions and DNA strand breaks, accelerating germ cell apoptosis
and reducing sperm quantity, which is associated with male infertility and lower semen
quality [86]. The importance of mitochondrial respiratory activity in mammalian spermato-
genesis has also been highlighted by studies linking defects in mitochondrial respiration to
meiotic arrest and abnormal sperm morphology [15]. These findings emphasize the crucial
role of mitochondrial function and OS regulation in maintaining sperm quality and male
reproductive health.

In recent years, there has been an increase in life expectancy, leading to an increase
in the age of parents and a corresponding rise in infertility issues. However, there is still
limited research on the effects of aging on male fertility and how advanced paternal age
affects offspring [109]. Aging in males is associated with changes in the hypothalamic–
pituitary–gonadal axis and alterations in the testis, penis, and prostate [12]. Testosterone
levels decrease, sperm motility slows, and erectile dysfunction becomes more common in
older men [12]. In addition, there is an increase in chromosomal defects and DNA damage,
which may have consequences for the offspring [110]. In cells, mitochondrial dysfunction
also has a direct correlation with age, where respiratory chain function is affected with
advancing age [12]. Studies in mice expressing defective polymerase gamma (POLG),
which is essential in mitochondrial DNA replication, have shown premature aging [111].
Using nuclear magnetic resonance (NMR) spectroscopy, Jarak and colleagues were able
to identify metabolic changes associated with different stages of reproductive maturity in
mice. A notable finding was a significant decrease in testicular creatine content in older
mice, indicating changes in the conditions required for male germ cell development [112].
Creatine is a crucial component in the energy metabolism of tissues with high energy
demands, including the testis, and assists in ATP replenishment. Therefore, alterations
in creatine levels may suggest metabolic changes associated with aging in the testis. In
addition, the study showed that advanced age in mice was associated with increased levels
of complex I protein, which is linked to ROS overproduction, as well as increased expression
levels in the other OXPHOS complexes [112]. However, when comparing 24-month-old
mice to 12-month-old mice, there was a significant decrease in the expression levels of the
OXPHOS complexes with age, suggesting a decline in mitochondrial function [112].

While NCDs and aging can contribute to mitochondrial dysfunction in the male
reproductive tract, there are several environmental factors that can also impact male fertility.
In particular, there is growing interest in the potential impact of toxicants, such as herbicides
on sperm quality [113]. Despite increased research in this area, our understanding of
how these chemicals affect the molecular processes that influence sperm quality remains
limited [114]. Anifandis and colleagues demonstrated the negative impact of herbicides on
human sperm motility and mitochondrial function by treating spermatozoa with 1 mg/L of
Roundup, whose primary active component is glyphosate (GLY) [113]. Using mitochondrial
staining, the researchers observed a decrease in sperm motility and mitochondrial staining
after one hour of exposure to Roundup, compared to control cells. This suggests that
GLY may cause reduced sperm motility by inducing oxidative stress in mitochondria and
increasing the production of mitochondrial apoptotic signals [113]. In a more recent study,
Ferramosca and colleagues investigated the effects of GLY and glufosinate ammonium (GA)
on the efficacy of mitochondrial respiration in human sperm mitochondria. Their findings
showed that GLY significantly reduces mitochondrial functionality by lowering oxygen
in both the active and passive stages of mitochondrial respiration. In addition, GA may
induce mitochondrial permeability by altering the PI3K/AKT complex phosphorylation
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status, resulting in the loss of motility in human sperm mitochondria [114]. These examples
underscore the impact of environmental factors such as pesticides and herbicides on
mitochondrial quality control in sperm, which can compromise male fertility.

Cigarette smoking is one of the major health concerns in people of fertile age, and nicotine is
its main component. [115]. Detection of nicotine and its major metabolite, cotinine, in the seminal
plasma of smokers has demonstrated that tobacco chemicals can penetrate the blood–testis
barrier and cause harm to spermatozoa [116]. Components of cigarette smoke are known to be
toxic and their intake can lead to testicular microcirculation, DNA, and chromosomal damage in
germ cells [117]. Numerous studies have shown that cigarette smoking reduces semen volume,
sperm concentration, motility, and normal physiology [118–120], while also decreasing the
sperm’s ability to fertilize [121,122]. Additionally, sperm from smokers have higher levels of
oxidative DNA damage and aneuploidy compared to non-smokers [123]. Chohan and Badawy
used phosphorescent analysis to measure oxygen concentrations in sperm suspensions and
compared sperm respiration rates in smokers and non-smokers. Their findings revealed that
cigarette smoking significantly influences sperm respiration by reducing mitochondrial oxygen
consumption [115]. Overall, cigarette smoking has a detrimental effect on male fertility, and
its negative impact on sperm motility, morphology, and DNA integrity is well-established. It
is important for individuals of reproductive age to avoid cigarette smoking to protect their
reproductive health.

While the health advantages of physical activity have been extensively studied for a
variety of medical conditions, the impact of exercise on male fertility remains unclear [95].
Several studies indicate that the type, duration, and intensity of exercise have varying
impacts on male fertility [95]. Vigorous exercise has been found to reduce male reproduc-
tive capacity [124], whereas aerobic, resistance, or combined exercises have been shown to
improve male fertility [125]. Although the effects of physical exercise on sperm quality are
well established, the underlying mechanisms remain unclear [95]. However, some com-
pelling evidence suggests that high-intensity exercise can induce OS [126,127], which may
play a role on impacting male fertility. Aerobic exercise leads to increased oxygen consump-
tion, which is associated with a higher rate of electrons passing through the mitochondrial
respiratory chain complexes, possibly causing OS [128,129]. Additionally, catecholamines
released during exercise, prostanoid metabolism, xanthine oxidase, and NAD(P)H oxi-
dase are sources of ROS [95]. Regular exercise or chronic anaerobic training can enhance
endogenous antioxidant defence mechanisms, reducing oxidative damage [129,130]. How-
ever, it has been suggested that rigorous training or prolonged competition periods may
increase OS [131]. This is because ROS release can dysregulate the inflammatory and neu-
roendocrine systems, which may exceed the capacity of the antioxidant system to protect
against damage [132]. In healthy young adults who do not exercise regularly, any type of
exercise can increase free testosterone concentrations. However, for athletes, only high-
intensity exercise appears to lead to an increase in testosterone levels [95]. Recent studies
among elite athletes have revealed that their testosterone levels are significantly lower than
the physiologically normal range, which could be a consequence of chronic exposure to
high levels of aerobic exercise volume and intensity [133,134]. This puts athletes at risk
of overtraining and persistent fatigue [95]. Unfortunately, low testosterone levels have
been associated with OS, which can result in a decline in sperm quality, thus affecting male
fertility [18].

5. Mitochondria Quality Control Parameters Essential to Evaluate

Mitochondria play a crucial role in male fertility, contributing to spermiogenesis, ca-
pacitation of the spermatozoa, and oocyte fecundation [13]. Therefore, when assessing
the quality of mitochondrial functions as a biomarker or sentinel for sperm quality, sev-
eral factors should be considered along the male reproductive tract. As already explored,
mitochondria morphology differs significantly along spermatogenesis. Specifically, mito-
chondria in SSCs are heavily vacuolated, spherical, and lack cristae. Furthermore, fusion of
OMM and IMM is regulated by proteins anchored to the membrane, including mitofusin

18



Biology 2023, 12, 827

(MFN)-1,2 and optic atrophy (OPA)-1. These proteins facilitate the fusion of the OMM
and IMM, and when they are non-functional, they can lead to the disintegration of the
mitochondria [135]. On the other hand, fission is controlled by proteins such as cytosolic
dynamin, Fission1 protein (Fis-1), mitochondrial fission factor (MFF), and dynamin-related
protein 1 (Drp1). Drp1 is transported from the cytosol to the mitochondria, and a Drp1
deficiency can result in mitochondria hyperfusion [136]. A recent study conducted by
Varuzhanyan and colleagues aimed to investigate the significance of mitochondrial fusion
in mouse spermatogenesis. They found that double mutants for MFN-1 and MFN-2 were
unable to produce any sperm, indicating that mitochondrial fusion is necessary for proper
spermatogenesis functioning [137]. In Drosophila melanogaster, a mutation in the mitofusin
homolog (Marf) has been associated to male sterility, being essential for the maintenance of
male germline stem cells [138]. Therefore, it is evident that mitochondrial fusion/fission
is essential for the correct functioning of spermatogenesis and these mechanisms could
pointed as a possible biomarker on mitochondrial fitness that can be correlated with sper-
matozoa health (Figure 3). Additionally, recent findings have highlighted the critical role
of autophagy in post-meiotic spermatids for cellular remodelling [139]. Although excess
mitochondria are removed during spermatogenesis, the involvement of mitophagy in
maintaining mitochondrial quality in the male reproductive tract is still under intense
debate and requires further understanding [26].

Throughout the male reproductive tract, a significant amount of energy is required
to complete the complex processes involved in spermatogenesis and oocyte fertilization.
The primary source of energy is derived from OXPHOS [140]. Sperm contains substrates
such as glutamic acid (GLU) [141], pyruvate, and lactate that serve as potential energy
sources [142]. GLU can be converted into α-ketoglutarate through reactions involving
alanine aminotransferase (ALT) and aspartate aminotransferase (AST). In this process,
pyruvate and oxaloacetate are transformed into alanine and aspartate, respectively, which
contribute to OXPHOS [141]. Alternatively, pyruvate can be reduced to L-lactate by lac-
tate dehydrogenase, generating NAD+ for glycolysis. Pyruvate can also enter the Krebs
cycle to support OXPHOS [99]. LDH activity in the mitochondrial matrix of sperm was
first discovered in rabbit epididymal spermatozoa and has since been reported in several
species, including humans [143]. In humans, LDH-C4 is present in the sperm mitochondrial
matrix and facilitates the conversion of lactate to pyruvate, thereby aiding in mitochondrial
energy production [144]. Studies have shown that supplementation of sperm media with
lactate and pyruvate improves mitochondrial function compared to media containing only
glucose [145]. However, this finding has sparked debate over the preferred metabolic
pathway for maintaining optimal sperm function [146]. Both oxidative and glycolytic
energy metabolism pathways work in tandem to generate energy [145]. Despite the on-
going debate, the crucial question remains whether sperm mitochondria should operate
at their maximum capacity, as increased mitochondrial activity leads to increased ROS
production [145]. As previously mentioned, ROS are considered harmful by-products of
mitochondrial metabolism. When the level of ROS exceeds the antioxidant defences of
the cell, it leads to cell damage and oxidative stress [147]. However, mild oxidative stress
is necessary for sperm functions such as fertilization, motility, and capacitation, despite
causing damage to sperm structure and function [148]. For example, ROS can promote
capacitation by regulating tyrosine phosphorylation through redox, which enhances the
sperm’s ability to bind to the zona pellucida [149]. Research on stallion spermatozoa has
associated increased ROS production with rapid mitochondrial activity in sperm [142].
In another study, higher ROS levels were observed in stallion spermatozoa with good
freezability after cryopreservation, compared to those with poor freezability, indicating in-
creased mitochondrial activity [150]. Therefore, while excessive ROS production can cause
OS and impair sperm function, a moderate amount of ROS is required for proper sperm
function. The optimal balance between ROS generation and antioxidant defence should be
maintained to support healthy sperm function [145]. In conclusion, mitochondria play a
vital role in male fertility, and their quality and proper functioning in sperm are maintained
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not only through biogenesis mechanisms, but also by balancing oxidative and glycolytic
metabolic pathways and by balancing the overproduction and underproduction of ROS.
The goal is to prevent cell damage, oxidative stress, and apoptosis, and to enable all phases
of the male reproductive tract to function properly. Maintaining optimal mitochondrial
function is essential for healthy sperm and successful fertilization. Therefore, future re-
search should focus on understanding the precise mechanisms that regulate mitochondrial
metabolism and identifying potential therapeutic targets to enhance mitochondrial function
and improve male fertility.

6. Conclusions

Mitochondria are essential organelles for male fertility, and their correct functioning is
critical for the success of the reproductive process. Mitochondria play an essential role in
generating ATP, the energy required for the physiological mechanisms involved in sper-
matogenesis and fertilization. However, mitochondria also produce ROS, which can lead
to cellular damage, oxidative stress, and apoptosis if not properly maintained. One of the
crucial functions of mitochondria in sperm is to produce ATP, which is necessary for various
sperm processes, including motility, hyperactivation, capacitation, and acrosome reaction.
The correct functioning of mitochondria in sperm is directly related to sperm quality, and
defects in mitochondrial function can lead to male infertility. Mitochondria are susceptible
to damage from both internal and external factors. Internal factors include overproduction
of ROS by leucocytes, immature germ cells, and defective spermatozoa, which can cause
oxidative stress and damage mitochondria. External factors that can damage mitochondria
include NCDs, such as obesity and diabetes, aging, and poor health habits such as lack of
exercise and smoking. Mitochondria have quality control mechanisms to prevent malfunc-
tions. One such mechanism is biogenesis, which ensures that only functional mitochondria
are retained, and dysfunctional ones are eliminated. Metabolic pathways in sperm also play
a crucial role in maintaining mitochondrial function, by balancing oxidative and glycolysis
metabolic pathways and maintaining a physiological equilibrium in the production of ROS.
Assessing mitochondrial functionality and quality control is crucial to understanding and
managing male infertility. Measuring mitochondrial DNA quality and assessing mitochon-
drial function in sperm can provide valuable information for diagnosing and treating male
infertility. Additionally, developing interventions that target the mitochondrial pathways
involved in sperm function may lead to improved treatments for male infertility. In con-
clusion, mitochondria play a critical role in male fertility, and their correct functioning is
essential for the success of the reproductive process. Maintaining a balance between ATP
generation and ROS production is necessary to prevent damage to the sperm and maintain
sperm quality. By understanding the mechanisms involved in mitochondrial function and
quality control, we can develop effective interventions for the treatment of male infertility.
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Simple Summary: Gonadal tissue transplantation as a fertility preservation technique is highly
conditioned by our current knowledge of functionality following transplantation, tissue cryodam-
age, and ischemia–reperfusion injury. This paper presents an updated review of the literature on
mitochondrial dysfunction and oxidative stress in the context of gonadal tissue cryopreservation
and transplantation.

Abstract: Advances in tissue preservation techniques have allowed reproductive medicine and as-
sisted reproductive technologies (ARTs) to flourish in recent years. Because radio- and chemotherapy
procedures are often gonadotoxic, irreversible damage can preclude future gamete production and
endocrine support. Accordingly, in recent years, the freezing and storage of gonadal tissue fragments
prior to the first oncological treatment appointment and autologous transplantation post-recovery
have been considered improved solutions for fertility recovery in cancer survivors. Nevertheless, the
cryopreservation and transplantation of thawed tissues is still very limited, and positive outcomes
are relatively low. This review aims to discuss the limitations of oncofertility protocols with a focus
on the impacts of mitochondrial dysfunction, oxidative stress, and the loss of antioxidant defense in
graft integrity.

Keywords: oncofertility; cryopreservation; transplantation; mitochondrial dysfunction; oxidative
stress; fertility preservation

1. Fertility Preservation in Oncological Patients

Fertility preservation has evolved considerably in the past two decades. Young patients
with cancer undergoing radiotherapy, systemic chemotherapy, and/or oncological gonadec-
tomy can have their fertility severely compromised, as most of these therapeutic approaches
target not only malignant cells, but also a wide variety of healthy cells. With chemotherapy,
the loss of reproductive function can occur in a cell-cycle-dependent manner—with the
usage of antimetabolites (e.g., Cytarabine)—or in a cell-cycle-independent manner—with
anthracyclins, alkylating, and/or platinum agents [1–3]. These highly aggressive drugs can
have short- and long-term effects on the ovary, starting with primordial follicle atresia and
apoptosis and culminating in inflammation and vascular and stromal injury, permanently
disrupting estradiol production and altering the follicular reserve [1,3]. In the testis, these
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compounds can damage the germinal epithelium and target Leydig and proliferating sper-
matogonial stem cells (SSCs), disrupting sperm and hormone production and ultimately
contributing to infertility [4,5].

Radiotherapy to the head and neck is potentially damaging to the hypothalamus–pituitary
axis and to the central nervous system (hindering gonadotropin production), whereas
exposure to the pelvic and abdominal regions can directly damage the highly sensitive
testes and ovaries [6,7].

In a 2018 survey, more than 60% of all cancer patients monitored reported a strong
desire to have children [8], while a 2023 survey involving pediatric patients found that
more than 50% of all questionees wished to have children in the future [9]. Therefore,
all patients should be counseled about the possible risks of infertility before beginning
oncological treatment to guarantee full awareness of all available options.

For post-pubertal men, sperm cryopreservation and banking have been viable options
for several decades. Nevertheless, these approaches are unviable for non-sperm-producing
pre-pubertal patients with cancer [10]. In such cases, there have been ongoing clinical
trials focused on the possibility of cryopreserving testicular tissue (TT) containing SSCs.
This experimental protocol encompasses a unilateral orchiectomy or an open testicular
biopsy to collect the testicular tissue and carry out its preparation and fragmentation, the
embedding in cryoprotectant solution, and its ensuing cryopreservation. After completing
all oncological treatments, the preserved tissue is thawed and grafted to homotopic or
ectopic sites (e.g., peritoneal space) [5,11,12]. This provides cancer survivors with a tool to
recover hormone production and restore spermatogenesis. Fayomi and colleagues recently
proved that the autologous transplantation of cryopreserved testicular tissue into a priorly
damaged (through chemotherapy) testis could recover the endocrine function and fertility
of non-human primates [13]. As of 2023, the cryopreservation of testicular tissue from pre-
and post-pubertal patients has been reported in more than 700 patients worldwide [10–14].
Thus, although still mostly experimental, testicular tissue cryopreservation might be a
possible method of preserving germ cell lines in pre-pubertal patients [11,12,15].

Contrastingly, the cryopreservation of unfertilized mature oocytes is the most estab-
lished fertility preservation option for adult women [2,10]. This method allows patients
to preserve oocytes in the absence of a reproductive partner, proving an advantage over
the cryopreservation of fertilized eggs [2]. However, to complete fertilization, this option
requires intracytoplasmic sperm injection (ICSI) and follicular phase controlled ovarian
stimulation, which is inconceivable in young patients and many times impractical in adults
due to the urgency to begin oncological treatments. Most importantly, oocyte cryopreser-
vation fails to legitimately restore reproductive independence and ovarian and endocrine
function to cancer survivors [2]. Instead, patients can opt to cryopreserve ovarian tis-
sue grafts for future autologous transplantation. This protocol encompasses a surgical
laparoscopy or laparotomy, followed by the segmentation of the collected tissue into small
transplantable fragments, the equilibration of the tissue in a cryoprotectant solution, and,
finally, the cryopreservation of the prepared grafts by slow-freezing or vitrification [16–18].
Contrary to testicular tissue cryopreservation, ovarian tissue banking is no longer experi-
mental, and since the first human birth registered in 2004, it has allowed patients—even
those unqualified for ovarian stimulation and IVF—to successfully preserve thousands
of immature follicles [17–19]. After completing all oncological treatments, the tissues
are thawed, cleansed of their cryoprotective media, and transplanted back into the re-
maining ovary, eventually restoring the patient’s fertility and endocrine function. A 2022
meta-analysis that included 735 women throughout 87 distinct studies estimated that this
fertility preservation technique summed a pooled success rate of 37% for pregnancies and
28% for life births [13,20]. Endocrine function—indicated by the production of estrogen,
follicle-stimulating hormone (FSH), luteinizing hormone (LH), and anti-Müllerian hor-
mone (AMH)—was recovered in most of the cases, validating this protocol as a reasonably
reliable tool for cancer survivors [20,21].
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Regardless, pregnancy and live birth rates continue to be subpar in patients who
undergo these procedures, so it is important to notice that the cryopreservation of human
samples for future clinical application—whether cellular or tissue in nature—is still highly
conditioned by our current understanding of the mechanisms behind cryodamage and
ischemia–reperfusion (I/R) injury.

2. Cryopreservation: Principles of Cryopreservation and Known Limitations

Cryopreservation is the process whereby living cells, tissues, or organs can be stored
for an indeterminate amount of time in sub-zero temperatures while maintaining structure,
viability, and biological function in a transiently quiescent state [22,23]. Most cryopreser-
vation techniques follow the same core principles, starting with bathing the tissue in
a cryoprotectant (CPA) solution, followed by slow-freezing or vitrification, and ending
with storage in liquid nitrogen [24]. This first step is essential for the successful bank-
ing of biological samples, as it impedes ice crystal formation and physical and osmotic
injury that disrupts cellular membranes and intracellular structures [23,25]. Most cry-
oprotectant solutions can be categorized into permeating CPAs—which include glycerol,
dimethyl sulfoxide (DMSO), ethylene glycol (EG), and 1,2-propanediol (PROH)—and non-
permeating CPAs—such as sugars (e.g., sucrose and trehalose) and proteins (e.g., human
serum albumin (HSA)) [26–29].

The preservation of complex tissues can be an especially arduous process. Whereas
with single-cell-line cryopreservation, the main obstacle is to maintain the cell’s internal
architecture and to suspend all biological function, with complex tissues—many times
comprising different cell lines and organized structures and vessels—there is a need to
uniformly preserve each cell type, their three-dimensional organization, and biochemical
activity, while also taking into account that cells from different natures might respond
differently to specific CPAs and cryogenic temperatures [23,30,31]. Diffusion through multi-
cellular structures can be hindered by differing membrane permeabilities and complexities;
ergo, each cryopreservation protocol must be designed and optimized according to the
particularities of the target tissue [23,30]. Moreover, composite tissues are also susceptible
to damage caused by the formation of ice crystals and osmotic injury.

Cryoprotectants can, for the most part, prevent cryodamage by limiting water trans-
port and by stopping ice crystal formation [26–28]. However, CPAs can also contribute
to cell toxicity during cryopreservation [28,32,33]. Thus, recent efforts have focused on
exploring new techniques that might mitigate the damage caused by the freezing process
and by the cytotoxicity inherent to the usage of CPAs [34,35].

2.1. Cryodamage: Mitochondrial Dysfunction and Oxidative Stress

Under homeostatic conditions, mitochondria generate adenosine triphosphate (ATP)
via oxidative phosphorylation (OXPHOS), with the passage of electrons being carried
out through the electron transport chain (ETC); at the final complex, the electrons are
delivered from cytochrome c oxidase to molecular oxygen (O2), reducing it to water
(H2O) [36–38]. Throughout this process, the leak of electrons from the ETC (0.1–2% of
the total electron transport) can, instead, precociously reduce molecular O2 to the free
radical superoxide (O2

•−) that, in turn, can be converted into hydrogen peroxide (H2O2)
by superoxide dismutases (SODs) [36–38]. In normal physiological levels, O2

•− and H2O2
can participate in numerous redox pathways to eliminate invading microorganisms [39,40].
Under cryogenic temperatures, however, ROS production can escalate to dangerous levels
(Figure 1).

Throughout the freezing protocol, the cell enters a metabolically dormant state, where
mitochondrial ATP is not produced. During this time, the mitochondria can undergo
a permeability transition, resulting in swelling that, in extreme cases, culminates in the
rupture of the mitochondrial membrane [41,42]. The consequent release of proteins from
ruptured organelles activates caspases and nucleases to initiate apoptosis. In fact, several
reports reveal that cryopreserved samples can suffer mitochondrial dysfunction, concurrent
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with a great decrease in ATP synthesis and a surge in the generation of mitochondrial ROS
(mtROS) [42–45]. Excess O2

•− drives the export of cytochrome c from the mitochondria
into the cytosol, where it binds to Apaf-1 to form apoptosomes that, in turn, activate
caspase-9 to trigger apoptosis [37,45,46]. Likewise, surplus H2O2 can undergo the Fenton
reaction—triggered by Fe(II) salts—to generate the highly reactive hydroxyl (•OH); this
free radical can cleave the covalent bounds in proteins and carbohydrates to induce DNA
damage and disrupt chromosomal alignment and microtubule formation in metaphase II
mouse oocytes [40,45,46].

 

Figure 1. The generation of mitochondrial ROS under cryogenic conditions. The electrons (e-) are
transported through the ETC (complex I, complex II, coenzyme Q (CoQ), complex III, cytochrome c
(Cyt c), and complex IV) to ultimately produce ATP (complex V). Under cryogenic conditions, the
leak of electrons from the ETC reduces O2 to O2

•−. Excess O2
•− alters the mitochondrial membrane’s

permeability, resulting in the release of cytochrome c (Cyt c) to the cytosol. Cyt c interacts with Apaf-1
to form the apoptosome that, in turn, activates caspase-9 to trigger the caspase cascade and initiate
apoptosis. O2

•− is converted to H2O2 by superoxide dismutase 1 (SOD1) on the mitochondrial
intermembrane space (IMS) and by superoxide dismutase 2 (SOD2) on the mitochondrial matrix.
Under cryogenic conditions, the activity of both SODs is inhibited. H2O2 can traverse to the outer
mitochondrial membrane, where it is converted to the highly damaging •OH. GSH fails to degrade
H2O2 in cryogenic conditions. DMSO elicits ER stress, resulting in the mass release of Ca+. The
excessive internalization of Ca+ by the mitochondria results in mitochondrial swelling and the loss of
MMP. Abbreviations: NAD (nicotinamide adenine dinucleotide); FAD (flavin adenine dinucleotide);
and GSSG (glutathione disulfide).

It is important to note that the freezing–thawing cycle also strongly reduces SOD
activity and the expression of intracellular glutathione (GSH) [47,48]. While SOD catalyzes
the removal of O2

•−, GSH is responsible for degrading H2O2 [40]. Thus, by lowering SOD
and GSH activity, cryopreservation compromises the cells’ antioxidant defenses and leaves
them vulnerable to further oxidative damage.

CPAs fail to protect the cell against oxidative stress and, alone, can be a source of
ROS. For instance, DMSO is known to illicit endoplasmic reticulum (ER) stress that results
in the exacerbated release of Ca2+ from the ER. The excess ions are then incorporated by
the mitochondria, where they prompt mitochondrial Ca2+ overload, swelling, and loss
of mitochondrial membrane potential (MMP). In concert, these alterations magnify the
generation of ROS in a redundant and vicious cycle [49,50]. Ultimately, there is still a need
to develop new strategies that mitigate mitochondrial dysfunction and oxidative damage
caused by the currently established cryopreservation techniques.
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2.2. Freezing Conditions and the Mitochondrial Health of Reproductive Tissues

With ovarian tissue cryopreservation (OTC), follicle loss begins with the mechanical
damage intrinsic to the initial preparation of the tissue. After the ovary is collected,
the ovarian medulla is removed so that only a thin section of the cortex remains. This
fragmentation facilitates the rapid penetration of the CPAs into the tissue, reducing the
formation of ice crystals and effectively minimizing the harm caused by low temperatures.
Naturally, during this thinning process, the largest developing follicles, including most of
the primary, secondary, and antral follicles, are lost [49]. Following preparation, the tissue
is exposed to second and third aggressors, the cytotoxic CPAs, and sub-zero temperatures.
Historically, the first report of a human life birth after OTC used DMSO (1.5 mmol/L) and
followed a slow-freezing protocol [19]. Most techniques now employ a combination of
permeating and non-permeating CPAs. Additionally, given the significant stromal cell
damage and follicle loss observed during most slow-freezing protocols, vitrification has
emerged as a promising alternative to store OT. This approach involves ultra-swift cooling
in the presence of concentrated CPAs, inducing an ice-free, glassy, amorphous state that
effectively preserves stromal integrity and safeguards the sample against cellular damage.
Vitrification assures a more efficient alternative to slow-freezing, particularly in regard to
the preservation of secondary follicles and stromal cells, as it minimizes the damage caused
to granulosa cells in secondary follicles (Table 1) [50,51].

Table 1. Most used protocols and CPA concentrations for human OT cryopreservation.

Freezing Technique CPA Working Concentration Reference

Slow-freezing

DMSO 0.0015–1.5 M [19,50,52,53]

EG 1.5 M [32,52]

PROH 1.26–1.5 M [21,52,54,55]

Glycerol 1.5 M [32,52]

Sucrose 0.1–0.175 M [21,54]

Vitrification

DMSO 2 M; 20% [56,57]

EG 17–38% [56,58–60]

Trehalose 0.2–0.5 M [57,59]

Sucrose 0.175–1 M [55,56,58,60]

It has been hypothesized that primordial follicles are the most resistant to cryogenic
conditions since they have lowered metabolic activity. Studies carried out on different
animal models confirmed that the mitochondria of oocytes contained within cryopre-
served OT exhibited ultrastructural abnormalities, including the loss of cristae, granulated
matrixes, swelling, and degeneration [61–63]. Simultaneously, the neighboring stromal
cells presented loss of intracellular organelles, vacuolization, and similar mitochondrial
abnormalities [62,63]. Other studies identified a significant loss of MMP and a decrease
in mitochondrial OXPHOS in oocytes and stromal cells from cryopreserved-thawed OT,
respectively [62,64]. In OT grafts, mitochondrial dysfunction is progressively more evident
in its inner sections, closer to where the medulla was removed, rather than the outer sec-
tions [21]. Coincidently, follicle loss during OTC protocols is more marked in the medullar
area [16,21]. In a recent study, Wu and colleagues reported that transplanted cryopre-
served OT suffered a higher decline in follicle reserve when compared to transplanted
fresh OT [64]. These results are consistent with those obtained by Rodrigues et al., who
found that cryopreservation markedly decreased the tissues’ global oxygen consumption
rates and the number of morphologically intact follicles—especially in tissues undergoing
transplantation after being previously cryopreserved (transplanted-cryopreserved) [65].
Conjointly, these studies confirm that OTC directly impacts the graft’s ability to survive
transplantation with its initial follicle pool intact, probably due to a decline in mitochon-
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drial function and a reduced ability to meet the required energetic demands to survive
transplantation. As described in the previous section, in frozen samples, mitochondrial
dysfunction is accompanied by a corresponding increase in the generation of ROS. Studies
show that slow frozen OT displays abnormally high levels of ROS, known to interact and
damage lipids, proteins, and nucleic acids, prompting phospholipidic membrane disrup-
tion and DNA double-strand breakage [58,64,65]. Such alterations potentiate telomere
shortening and the occurrence of spindle malformations and chromosomal abnormalities
that not only contribute to tissue injury and stromal death, but also to a decline in oocyte
quality [58,64,65] (Figure 1).

As a mostly experimental procedure, there is still no consensus regarding the freezing
conditions, the type and concentration of CPAs used, or the thawing/warming protocols
followed when cryopreserving testicular tissue. The few trials conducted with humans
used a combination of permeating and non-permeating CPAs at varying concentrations to
minimize individual cytotoxicity (Table 2).

Table 2. Most used protocols and CPA concentrations for human TT cryopreservation.

Freezing Technique CPA Working Concentration Reference

Slow-freezing

DMSO 0.7 M; 5% [5,11,66,67]

EG 1.5 M [68,69]

PROH 1.5 M [5]

HSA 5%; 10 mg/mL [11,66]

Glycerol 6% [5]

Sucrose 0.1 M [5,67–69]

Vitrification

DMSO 2.8 M; 15% [67,70]

EG 2.8 M; 15% [67,70]

HSA 25 mg/mL [67,70]

Sucrose 0.5 M [67]

Nevertheless, these few studies demonstrated that these storing conditions con-
tribute to structural damage to the seminiferous tubes and ultrastructural changes to
spermatogonia and SCs, as evidenced by increased vacuolization and dilated mitochon-
drial cristae [5,66]. In animal models, different reports also attest to mitochondrial damage
connected to a wide variety of testicular tissue cryopreservation (TTC) conditions. In fact,
studies demonstrated that most CPAs promote the formation of free radicals and lipid
peroxides [71,72]. As with OTC, TT slow-freezing protocols lead to intracellular ice crystal
formation and high levels of ROS that damage sperm cell integrity, membranes, DNA struc-
ture, and mitochondrial function [73]. After thawing, TT samples can also exhibit germ cell
DNA fragmentation, mitochondrial dysfunction, a lowered MMP, and increased ROS levels
concurrent to a decrease in cell viability, cytolysis, and tissue disintegration [71,74–76].
Moreover, by severely decreasing the GSH content and SOD and CAT activity, TTC also
contributes to the loss of antioxidant capacity, increasing the potential damage to these
structures [75,77].

3. The Transplantation of Cryopreserved Gonadal Tissues: The Effects of
Ischemia/Reperfusion (I/R) on Reproductive Cells, Mitochondrial Function,
and Tissue Integrity

Although cryopreservation damages gonadal tissues, it is important to stress that
mass gamete loss occurs primarily after the transplantation of the preserved graft. Indeed,
several studies report that follicle loss in ovarian grafts occurs essentially after autotrans-
plantation [49,78]. Some estimate that transplantation is responsible for the loss of 26%
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of the primordial follicle reserve and up to 75% of all follicle loss during these fertility
preservation protocols; this is mostly attributed to I/R injury (IRI) [49,52].

The ovarian graft is first exposed to ischemia when it is removed from the ovary and
separated from its original nutrient and oxygen supply. Without vascular anastomosis,
the tissue remains ischemic since angiogenesis and revascularization are only complete
after an average of 10 days [78]. During this ischemic period, the OT is susceptible to
hypoxic damage. Deprived of O2, ATP production through OXPHOs is interrupted, and a
more glycolytic anaerobic metabolism is induced. This causes the ATP levels to plummet
and results in the reduction in redox-active enzymes and ETC carriers (e.g., NADH and
coenzyme Q) [79,80]. Hypoxic cells are unable to meet the energetic demands required
to keep the tissue healthy, although primordial follicles are marginally more resistant to
hypoxic injury and can remain intact even when surrounded by damaged cortical stromal
cells [81]. Nevertheless, hypoxic injury triggers the production of ROS and the release of
cytokines and growth factors (e.g., TGF-β and TNF-α) that promote apoptosis and the
recruitment of immune cells to initiate an inflammatory response [82]. Meanwhile, there is
a build-up of metabolic products (such as lactate and succinate)—which cause metabolic
acidosis—and a rise in the production of hypoxanthine and lipid peroxides [83–86]. With
revascularization, the reestablishment of blood vessels sends a rush of said products to
the tissue; succinate is quickly oxidized, causing the mass production of O2

•− via reverse
electron transport, whereas xanthine oxidase catalyzes the oxidation of the produced
hypoxanthine to xanthine in a reaction that reduces O2 to form O2

•− and H2O2 [79,84,85,87].
This burst of ROS causes damage to proteins and nucleic acids and leads to the peroxidation
of lipids that disrupts cell membrane integrity; these ROS are also responsible for the
activation of the mitochondrial permeability transition pore (MPTP), which allows for the
release of mitochondrial apoptotic and inflammatory cytokines—such as cytochrome c and
TNF-α, respectively—which trigger apoptotic and inflammatory pathways [80,83,85,88,89].

Regardless, primordial follicle loss post-transplantation is not exclusively caused by
cell death and tissue injury. Numerous reports confirm that after surgery, a great number of
inactive follicles undergo premature activation as early as 3 days post-transplantation. With
ischemia and oxidative stress, there is a corresponding release of insulin-like growth factor-
1 (IGF-1) and hypoxia-inducible factor-1 (HIF-1) that stimulate the rise in granulosa cell
proliferation and follicle growth, concurrent to early primordial follicle activation [50,89,90].
This “follicle burnout” depletes the pool of dormant follicles and compromises the long-
term reproductive function of the patient [91]. In concert, ischemia and reperfusion provoke
mitochondrial alterations that can be directly connected to OT inflammation, degeneration,
edema, vascular congestion, and early follicle activation, and can thus be considered
greatly responsible for the decline in ovarian reserve observed in transplanted ovarian
grafts (Figure 2) [80].

Similar results have been reported in the limited studies focused on TT transplan-
tation. Accordingly, transplantation, rather than cryopreservation, is also to blame for
the significant loss of spermatogonia observed in grafted TT. After the removal of the
testicular strips from the testis, and during the ischemic period before revascularization,
ATP production through the ETC declines, and the levels of hypoxanthine rise [92]. This
is consistent with a recent report that attested to a significant loss of SSCs during the
ischemic period, concurrent with tubule degeneration at the center of the graft [12]. The
angiogenesis of testicular grafts can be completed within 7 days after transplantation; the
reestablishment of the blood supply to the transplant causes a burst in ROS production
that increases oxidative stress. This, in turn, activates mitogen-activated protein kinases
and furthers lipid peroxidation, protein and DNA damage, and the initiation of apoptotic
pathways [92,93].
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Figure 2. Cryopreservation and transplantation damage to ovarian tissue.

4. Prevention against Cryodamage

Multiple complementary approaches involve enhancing cryoprotectant solutions with
supplements such as antioxidants, hormones, and anti-apoptotic agents. For instance,
the combination of N-acetylcysteine (NAC) and pulsed electromagnetic fields (PEMFs) in
vitrified mouse ovarian tissue demonstrated a synergistic effect in promoting angiogenesis
and protecting the OT against oxidative stress and inflammation [94]. On the other hand,
antioxidants such as vitamin E or selenium have been shown to mitigate oxidative stress
during the freezing and thawing processes. In ducks, the administration of the antioxidant
resveratrol, before cryopreservation, significantly upregulated the expressions of the VEGF,
HIF-1α, Nrf2, CAT, and Bcl-2 mRNA genes, which are associated with increased antioxidant
capacity (via SOD, CAT, and GSH peroxidase upregulation), decreased apoptosis, and
enhanced angiogenesis post-transplantation [95].

Alternatively, pre-conditioning techniques such as ischemic preconditioning or hor-
monal priming can be applied to augment graft survival and function in the subsequent
post-transplantation phase. The combined use of the hormone FSH and the anti-apoptotic
agent S1P during vitrification has been shown to preserve the primordial follicle pool and
suppress apoptosis [96]. The use of the anti-freezing protein during the warming procedure
can also prevent OT damage and improve ovarian follicle morphology and apoptosis [97]
(Table 3).
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Table 3. Methods proposed to mitigate cryodamage to OT fragments.

Author, Date Model Treatment Main Findings

Bedaiwy et al., 2006
[98] Human

Slow-freezing;
intact ovary with vascular pedicle;

DMSO
75% and 78% primordial follicle viability

Westphal et al., 2017
[99]

Bovine,
human

Slow-freezing;
perfusion and submersion in DMSO 90–100% protection against cryodamage

Lee et al., 2021
[100] Human Slow-freezing;

Z-VAD-FMK

Improved follicle preservation
Improved follicular cell proliferation

Prevention against DNA damage

Terren et al., 2021
[101] Mouse

Slow-freezing;
rapamycin and

LY294002
Preservation of primordial follicle reserve

Kong et al., 2021
[97] Bovine

Vitrification;
anti-freezing protein

(AFP)

↑ OT quality after xenotransplant
Prevention against OT damage and apoptosis

Improvement in follicle morphology

Rasaeifar et al., 2023
[94] Mouse Vitrification;

NAC and PEMF

↑ angiogenesis
Protection against oxidative stress
Protection against inflammation

Wang et al., 2023
[96] Mouse Vitrification;

FSH and S1P

Preservation of the primordial follicle pool
↓ follicular atresia

Suppression of cell apoptosis

Qin et al., 2023
[95] Duck Vitrification;

resveratrol

↑ VEGF, HIF-1α, Nrf2, CAT, and Bcl-2 mRNA
expression

↓ TUNEL-positive cells

↑ Increase; ↓ Decrease.

With testicular tissue, most studies have addressed the need for optimizing CPA
solutions and concentrations. DMSO is considered more effective for immature TT—which
is more susceptible to CPA toxicity—whereas EG has been indicated for adult TT more [30].
Supplementation with trehalose has also been consistently reported to harbor positive
results when it comes to reducing the number of apoptotic cells—via BAX downregulation
and BCL-2 upregulation—and preserving testosterone production by cryopreserved Leydig
cells [75,102–104]. This compound is known to promote the activity of SOD and CAT,
antioxidant enzymes that protect cells against cryogenic-associated oxidative damage [75].
By contrast, vitamin A was reported to preserve SSC differentiation capacity and global cell
division in TT while preventing spermatid DNA damage and nuclear alterations, ultimately
promoting a higher spermatic yield [105] (Table 4; Figure 3).

Table 4. Methods proposed to mitigate cryodamage to TT fragments.

Author, Date Model Treatment Main Findings

Zhang et al., 2015
[75] Bovine Slow-freezing;

trehalose

↑ Viability
↑ Antioxidant enzyme activity (SOD and

CAT)
↓ Oxidative damage

Dumont et al., 2016
[105] Mouse Vitrification;

vitamin A

↑ Tissue development
Improved differentiation of SSCs

↑ Cell division
↓ DNA damage

↓ Round spermatid nuclear alterations
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Table 4. Cont.

Author, Date Model Treatment Main Findings

Xi et al., 2019
[102] Goat Slow-freezing;

trehalose

↓ Apoptosis
Downregulation of BAX

Upregulation of BCL-2, CREM, BOULE and
HSP70-2

↑ Testosterone production by Leydig cells

Jung et al., 2020
[103] Monkey

Slow-freezing;
trehalose, hypotaurine,

necrostatin-1, melatonin

↑ Tissue viability
↓ Apoptosis

Zhu et al., 2021
[104] Bovine

Slow-freezing;
trehalose and KSR; uncontrolled

slow-freezing

↓ Apoptosis
↑ Cell viability

Preservation of structural integrity and
seminiferous epithelial cohesion

Maintenance of SSCs germline characteristics

↑ Increase; ↓ Decrease.

Figure 3. Gonadal tissue cryodamage and preventive measures.

5. Prevention against Ischemic Damage in Transplanted Gonadal Grafts

As previously discussed, the primary challenge encountered during gonadal tissue
transplantation is ischemia and ischemia–reperfusion injury. Therefore, efforts have been
primarily focused on reducing the damage caused by inadequate blood supply rather than
on solely preventing cryoinjury.
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In mice, the administration of hormones such as erythropoietin increased angio-
genesis, reduced ischemic damage, decreased fibrosis, and maintained ovarian follicle
proliferation after transplantation [106]. Taurine, on the other hand, was found to decrease
oxidative stress and apoptosis and expedite angiogenesis by augmenting CD31 expression
(Figure 4) [107]. In this context, the pro-angiogenic growth factor VEGF also has a promi-
nent role in follicle growth as it promotes endothelial proliferation and triggers signaling
pathways crucial for early follicle activation. These pathways include PI3K/Akt and the
mammalian target of rapamycin (mTOR) [108]. Hence, as master regulators of primor-
dial follicle recruitment, the pharmacological inhibition of PI3K—using LY294002—or the
suppression of mTOR—using rapamycin or the NGF inhibitor K252a—was revealed to safe-
guard the tissue against follicle pool depletion and overexhaustion by effectively preventing
the premature activation of primordial follicles from their dormant state [56,101,109–112].
This renders the tissue more suitable for clinical application. Moreover, treatments based on
the recombinant anti-mullerian hormone (which acts as an inhibitor of primordial follicle
activation) have also demonstrated efficacy in preserving the primordial follicle pool by
suppressing their transition to primary follicles [56].

Figure 4. Prevention against ischemic damage in transplanted gonadal grafts.

As reoxygenation kinetics exacerbate oxidative damage, new strategies are also being
developed with the goal of enhancing revascularization and limiting the prolonged expo-
sure to ischemia. The daily administration of NAC (up to 7–12 days after transplantation)
produced promising results by reducing IRI and promoting follicle survival in immunode-
ficient mice; these are effects that were attributed to the upregulation of the antioxidant
defense system (increased SOD1, HMOX1, and CAT) and to a boost in anti-inflammatory
and antiapoptotic mechanisms (via BCL2) [113]. The combination of NAC and estradiol
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(E2) has produced similar outcomes [114]. The administration of glutathione (GSH) and uli-
nastatin (UTI), on the other hand, has helped block macrophage accumulation and increase
the levels of VEGF, CD31, and SOD 1 and 2 in mice, who also presented lowered levels of
IL6, TNF-α, and MDA [115]. Thus, various strategies aimed at mitigating inflammation
and oxidative harm have been explored; these also include the use of L-carnitine and
Etanercept, the latter of which is known to neutralize the activity of TNF-α and inhibit the
release of cytokines, chemokines, and stress hormones [116,117].

Finally, adult stem cells exhibit suitable attributes when it comes to maintaining the
follicle pool. They are considered promising tools for tissue regeneration and possess
the ability to release paracrine factors that, in turn, modulate a wide variety of cellular
mechanisms from apoptosis to inflammation [118,119]. Ergo, some authors have presented
the usage of mesenchymal stem cells (MSCs) as a tool to protect against ischemic expo-
sure [120–122]. Adipose stem cells (ASCs) were observed to encompass and penetrate OT
grafts and increase vessel density and angiogenesis through the secretion of VEGF [123].
The resulting increase in angiogenesis is pivotal in elevating follicle survival rates and
reducing apoptosis and follicular activation. One study demonstrates that oogonial stem
cells (OSCs) can also be incorporated by the OT and partially restore normal ovarian func-
tion after chemotherapy; by maintaining the ability to differentiate into oocytes, these cells
were successfully matured to produce a viable offspring through in vitro fertilization [124]
(Table 5).

Table 5. Potential methods of mitigating IRI in OT fragments.

Author, Date Model Treatment Main Findings

He et al., 2017
[109] Mouse K252a

Rapamycin ↓ Primordial follicle activation

Eken et al., 2019
[116] Rat Etanercept ↑ GSH and SOD levels

↓ Inflammation and apoptosis

Manavella et al., 2019
[123] Mouse ASCs ↑ Vessel density

Celik et al., 2020
[56] Rat Rapamycin ↓ Primordial follicle activation

Liu et al., 2021 [111] Mouse Rapamycin
↓ Primordial follicle activation

↑ Ovarian survival rate
↓ Apoptosis

Olesen et al., 2021
[113] Human NAC

↑ Expressions of SOD1, HMOX1, and CAT
↓ IRI

↓ Follicle apoptosis
↑ Follicle density

↓ Expression of VEGFA

Li et al., 2021
[115] Human GSH, UTI, or GSH+UTI

↑ Follicle survival
↑ Antioxidant enzyme activity

↑ Angiogenesis
↓ Oxidative stress
↓ Inflammation

Ahmadi et al., 2021
[107] Mouse Taurine

Prevention against oxidative stress
↑ Angiogenesis
↓ Apoptosis

↑ Follicle survival and growth

Sanamiri et al., 2022
[117] Mouse L-carnitine

↑ Number of follicles
↑ Estradiol and progesterone production

↓IL-6, TNF-α and MDA levels
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Table 5. Cont.

Author, Date Model Treatment Main Findings

Rodrigues et al., 2023
[106] Mouse Erythropoietin

↑ Follicle viability
↓ Follicle degeneration

↑ Angiogenesis
↓ Fibrotic areas

Bindels et al., 2023
[112] Mouse Rapamycin or

LY294002
↓ Follicle proliferation

Maintenance of primordial follicle reserve

Celik et al., 2023
[125] Mouse Anti-Mullerian Hormone ↓ Primordial follicle loss

Ebrahimi & Nasiri, 2024
[114] Mouse Estradiol and NAC

↑ Primordial, preantral, and antral follicle numbers
↓ Levels of TNF-α and FGF-2
↑ Levels of IL-1β and IL-6

↑ Levels of VEGF

↑ Increase; ↓ Decrease.

Notably, MSCs also demonstrate a promising ability to produce large quantities of
extracellular vesicles (EVs)—lipidic bilayer complexes capable of transporting cargo such
as microRNAs (miRNA), small interfering RNA (siRNA), messenger RNA (mRNA), pro-
teins, and lipids [126]. Due to their low immunogenicity, membrane integrity, and stability,
EVs have been considered important cell-free therapeutic tools for translational applica-
tions [127]. Studies carried out in the context of organ and tissue transplantation have
revealed that these EVs can be endocytosed and significantly reduce and attenuate inflam-
mation and I/R damage [128–130]. Interestingly, recent reports demonstrate that these cells
can also transfer viable mitochondria to damaged neighboring cells, thereby contributing
to tissue regeneration [131,132]. Altogether, these reports provide the theoretical basis to
support the idea that adult stem cells and EVs might be useful solutions to minimize IRI
caused to gonadal grafted tissues, and that their usage and further research on them might
be of relevant scientific and clinical interest.

While numerous other studies have demonstrated the efficacy of various compounds
in enhancing ovarian cortex transplantation programs, there is still comparatively little
research on testicular tissue transplantation. Nevertheless, some authors have ventured into
similar strategies adapted to TTC. These include supplementation with diverse compounds,
namely with gonadotropin (FSH/LH) and Knockout Serum Replacement (KSR) [133].
Concomitantly, Del Vento and colleagues were able to improve TT revascularization by
encapsulating the grafts in calcium alginate hydrogels and delivering VEGF and platelet-
derived growth factor (PDGF)-loaded polymeric nanoparticles [134].

In summary, strategies aimed at promoting early blood supply to the graft, mitigating
germ cell burnout post-transplantation, and reinforcing the tissue’s antioxidant, anti-
apoptotic, and anti-inflammatory capacities have consistently been the primary focus
of most studies. Although mitochondrial dysfunction can be seen at the basis of all
these comorbidities, there is very little research targeting and prioritizing mitochondrial
dysfunction and metabolic alterations in cryopreserved transplanted gonadal grafts.

6. Conclusions and Future Perspectives

With the rise in cancer survivors intrinsic to improved survival odds, there has been
an accompanying demand for ART, and the cryopreservation of gonadal tissues has been
increasingly carried out as a resort. There is still limited research focused on the impact that
these protocols have on the energetic and biomolecular functions of reproductive structures
and cells; ergo, to understand the shortfalls of fertility preservation techniques, scrutiny
should go not only to the systemic, quantitative, and morphological alterations caused by
cryostorage and transplantation, but also further into the ultrastructural, bioenergetic, and
metabolic abnormalities caused by these techniques.
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A lot of recent research has ventured into medium supplementation to mitigate
cryodamage and IRI. Apropos of cryostorage, a combination of different permeating and
non-permeating agents—namely DMSO and trehalose—stands out as a promising method
to safeguard germ cell integrity. MSCs—with their low immunogenicity and ability to
release protective EVs, healthy mitochondria, and anti-inflammatory, anti-apoptotic, and
antioxidant factors—might also be a future tool for the prevention against mitochondrial
dysfunction-associated tissue degeneration.

How these preventive measures safeguard mitochondrial function and oxidative and
energetic balance remains to be confirmed and merits further research. We anticipate that
by targeting the mitochondria, we might find an important solution for the protection of
gonadal tissues against cryodamage and IRI.

Author Contributions: Conceptualization, I.M.; resources, J.R.-S. and A.P.S.; data curation, I.M.,
M.S. and A.B.; writing—original draft preparation, I.M., M.S. and A.B.; writing—review and editing,
J.R.-S., A.P.S., M.S. and A.B.; supervision, J.R.-S., A.B. and A.P.S.; funding acquisition, J.R.-S. and
A.P.S. All authors have read and agreed to the published version of the manuscript.

Funding: This work was financed by the European Regional Development Fund (ERDF) through the
Centro 2020 Regional Operational Programme and through the COMPETE 2020—Operational Pro-
gramme for Competitiveness and Internationalisation and Portuguese national funds via FCT—Fundação
para a Ciência e a Tecnologia and Fundo Social Europeu (FSE) under projects UIDB/04539/
2020, UIDP/04539/2020, and LA/P/0058/2020. I.M. and M.S. were funded by FCT Portugal under a
PhD fellowship (2022.10535.BD and 2020.06180.BD, respectively). A.B was funded under a CEEC
contract (CEECIND/00860/2018).

Institutional Review Board Statement: Not applicable.

Informed Consent Statement: Not applicable.

Data Availability Statement: Data sharing is not applicable.

Acknowledgments: We extend our sincere appreciation to the designer Rita Moniz for the illustra-
tions provided.

Conflicts of Interest: The authors declare no conflicts of interest.

References

1. Sonigo, C.; Beau, I.; Binart, N.; Grynberg, M. The Impact of Chemotherapy on the Ovaries: Molecular Aspects and the Prevention
of Ovarian Damage. Int. J. Mol. Sci. 2019, 20, 5342. [CrossRef] [PubMed]

2. Pai, H.D.; Baid, R.; Palshetkar, N.P.; Pai, A.; Pai, R.D.; Palshetkar, R. Oocyte Cryopreservation—Current Scenario and Future
Perspectives: A Narrative Review. J. Hum. Reprod. Sci. 2021, 14, 340–349. [CrossRef] [PubMed]

3. Himpe, J.; Lammerant, S.; Van den Bergh, L.; Lapeire, L.; De Roo, C. The Impact of Systemic Oncological Treatments on the
Fertility of Adolescents and Young Adults-A Systematic Review. Life 2023, 13, 1209. [CrossRef] [PubMed]

4. Howell, S.J.; Shalet, S.M. Testicular function following chemotherapy. Hum. Reprod. Update 2001, 7, 363–369. [CrossRef] [PubMed]
5. Keros, V.; Rosenlund, B.; Hultenby, K.; Aghajanova, L.; Levkov, L.; Hovatta, O. Optimizing cryopreservation of human testicular

tissue: Comparison of protocols with glycerol, propanediol and dimethylsulphoxide as cryoprotectants. Hum. Reprod. 2005, 20,
1676–1687. [CrossRef] [PubMed]
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Simple Summary: Since foods rich in refined sugars promote obesity, the use of non-caloric sweet-
eners has gained popularity, and their consumption by pregnant women has increased. Stevia (a
non-caloric sweetener) consumption was considered safe for humans by the European Food Safety
Authority in a dose of up to 4 mg/kg body weight/day. However, the World Health Organization
recommended in 2023 the restraint of these sweeteners at any life stage, highlighting the need for
research on pregnant women and early stages of development. So, we aimed to study the effects
of chronic consumption of the main sweetener compound of stevia (Rebaudioside A) during the
reproductive stage. Female rats were treated with Rebaudioside A (4 mg steviol equivalents/kg
body weight/day) in the drinking water from 4 weeks before mating until weaning. Food and
water consumption, blood glucose and lipids, as well as heart structure, function and mitochondrial
function, were assessed. Rebaudioside A decreased heart size, cardiomyocyte area and fibrosis
without repercussions on cardiac or mitochondrial function. Both fasting blood glucose and choles-
terol decreased. This work suggests that stevia consumption at this dose may be safe for females
during the reproductive stage. However, more studies are mandatory to explore the effects of stevia
consumption on offspring’s health.

Abstract: The consumption of non-sugar sweeteners (NSS) has increased during pregnancy. The
European Food Safety Agency suggested that steviol glycosides, such as Rebaudioside A (RebA),
the major sweetener component of stevia, are safe for humans up to a dose of 4 mg/kg body
weight/day. However, the World Health Organization recommended in 2023 the restraint of using
NSS, including stevia, at any life stage, highlighting the need to study NSS safety in early periods of
development. We aimed to study the mitochondrial and cardiometabolic effects of long-term RebA
consumption during the reproductive stage of the life cycle. Female rats were exposed to RebA (4 mg
steviol equivalents/kg body weight/day) in the drinking water from 4 weeks before mating until
weaning. Morphometry, food and water consumption, glucose and lipid homeostasis, heart structure,
function, and mitochondrial function were assessed. RebA showed an atrophic effect in the heart,
decreasing cardiomyocyte cross-sectional area and myocardial fibrosis without repercussions on
cardiac function. Mitochondrial and myofilamentary functions were not altered. Glucose tolerance
and insulin sensitivity were not affected, but fasting glycemia and total plasma cholesterol decreased.
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This work suggests that this RebA dose is safe for female consumption during the reproductive
stage, from a cardiometabolic perspective. However, studies on the effects of RebA exposure on the
offspring are mandatory.

Keywords: rebaudioside A; pregnancy; lactation; cardiometabolism

1. Introduction

Obesity is a multifactorial and complex disease and one of the most common risk
factors for cardiovascular disease. Obesity prevalence is alarmingly high worldwide. The
World Health Organization (WHO) European Regional Obesity Report states that obesity
affected 23.3% of the adult population in the WHO European region in 2022 [1]. The report
also estimates that more than 20% of European women have obesity before pregnancy [1].

Since excessive energy intake from foods rich in free sugars (such as sucrose, glucose,
or fructose) promotes overweight and obesity [2], the use of non-sugar sweeteners (NSS) as
low-calorie alternatives has gained popularity in recent decades as a means of preventing
obesity. In fact, the USA authorities reported a 50% increase in the prevalence of low-calorie
sweeteners consumption by pregnant women from 1999 to 2014 [3].

Stevia is a generic name attributed to the plant, leaves, and sweetener compounds of
Stevia rebaudiana Bertoni [4]. It is a natural NSS, introduced in the market as a sweetener in
the 1970s [4]. The sweet-tasting properties of stevia are due to steviol glycosides, of which
rebaudioside A (RebA) is the major component with 200 to 400 times sweetening capacity
compared with sucrose [4].

Paradoxically, the consumption of NSS has been associated with increased food in-
take, weight gain, and adiposity in animal and human studies, suggestive of increased
cardiometabolic risk and altered gut microbiota [5,6].

Not surprisingly, this topic has raised controversy. The European Food Safety Author-
ity (EFSA) Panel on Food Additive and Flavourings (FAF) concluded in 2021 that using
steviol glycosides up to 4 mg steviol equivalents/kg body weight/day presented no safety
concerns for humans [7]. On the other hand, the WHO released in May 2023 a guideline
recommending the restraint of using NSS, including stevia, for weight gain control at any
life stage [8]. Importantly, this guideline highlights the need for future research addressing
the potential long-term effects of NSS use in children and in pregnant and lactating women.

Considering the above, this work aimed to study the cardiometabolic effects of a
natural NSS long-term consumption during the reproductive stage of a rodent’s life cycle,
while searching for putative mitochondrial involvement. To address this objective, 8-week-
old Sprague Dawley females were exposed to 4 mg steviol equivalents/kg body weight/day
/kg body weight/day RebA, the human dose corresponding to the EFSA’s acceptable daily
intake (ADI) [9], in drinking water, for 13 weeks (from 4 weeks before mating, throughout
pregnancy and lactation), until sacrifice at 21 weeks of age. Morphometry, food and
water consumption, glucose and lipid homeostasis, and heart structure, function, and
mitochondrial function were assessed.

2. Materials and Methods

2.1. Animals and Treatments

This project was approved by the Animal Welfare and Ethics Body (ORBEA) from the
Faculty of Medicine of the University of Porto, Portugal, and by the Directorate General of
Food and Veterinary of the Portuguese Government (0421/000/000/2022).

As depicted in Figure 1, 8-week-old female Sprague Dawley rats (Charles River Labo-
ratories, Barcelona, Spain) were kept under controlled environmental conditions (22–24 ◦C
and 12 h light/dark cycles) for 1 week before the beginning of the experimental treatment
and thereafter. Beverage and food (were administered ad libitum during the entire exper-
iment. Body weight, beverage, and food consumption were evaluated daily during this
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acclimation week and then weekly during the entire experiment. The naso-anal length
was measured weekly. At 8 weeks, females were randomly distributed into two groups:
(i) the RebA group (n = 8), which was consumed 4.71–5.61 mg steviol equivalents/kg
body weight/day (according to the ADI set by the Scientific Committee on Food (SCF) and
EFSA [9]) (Rebaudioside A 96% HPLC, 01432-0010, Sigma-Aldrich®, Lisbon, Portugal) in
the drinking water starting 4 weeks before mating, throughout pregnancy, and until the
end of lactation, for a total duration of 13 weeks of treatment; and (ii) the control group
(Control, n = 8) receiving drinking water. Both groups received the same standard diet
(Mmucedolas.r.l., 4RF21, Settimo Milanese, Italy). Animals’ weight was measured weekly,
and RebA concentration was adjusted twice a week according to beverage consumption.
Upon mating, elicited according to estrous cycle staging, pregnancy was confirmed by
vaginal plug detection and vaginal cytology, allowing for the estimation of the delivery date.
Mating efficiency (the number of encounters with males until conception) was also evalu-
ated, as well as the gestational age (in days) at birth, litter size (n pups), and female-to-male
ratio of each litter.

Figure 1. Experimental design. RebA, Rebaudioside A.

At 21 weeks of age, after weaning, female rats were sacrificed by exsanguination
under anesthesia by intraperitoneal administration of 400 mg/mL sodium pentobarbital
(Euthanimal, Nephar). Blood was obtained via cardiac puncture, and plasma and serum
were separated and preserved at −80 ◦C for future analysis. Organs and tissues were
dissected, weighed, and immediately frozen in liquid nitrogen and preserved at −80 ◦C or
fixed in 10% formaldehyde (PanReac AppliChem, Castellar del Vallès, Spain) and processed
until its inclusion in paraffin.

As considered equivalent to the body mass index in humans, the Lee index was
determined using the following equation: Lee index = body weight1/3 (g)/nasal–anal
length (cm) × 1000.

Body surface area (BSA = 9.1 × body weight.667(g)) was calculated and used to
normalize echocardiographic dimensions, mass and organ weights.

2.2. Oral Glucose Tolerance Assessment and Insulin Sensitivity Assessment

Oral glucose tolerance test (OGTT) was performed in 7 h fasting animals after admin-
istering glucose (2 g/kg body weight, Fisher Scientific, London, UK) by gavage. Blood glu-
cose concentration was measured with a FreeStyle Precision Neo system (Abbott, Amadora,
Portugal) at 0, 15, 30, 60, 90, and 120 min of glucose oral gavage.

Insulin sensitivity test was performed in 7 h fasting animals after an intraperitoneal
injection of insulin (0.75 U/Kg body weight, Actrapid®, Novo Nordisk®, Paço de Arcos,
Portugal), and blood glucose concentration was measured as mentioned above.

2.3. Plasma Biochemical Markers Determination

Plasma biochemical markers were measured in the Central Laboratory, Department
of Clinical Pathology, Centro Hospitalar Universitário São João, using conventional meth-
ods with an AU5400 automated clinical chemistry analyzer (Beckman-Coutler, Paço de
Arcos, Portugal).
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Hepatic function was evaluated by the determination of aspartate aminotransferase
(AST), alanine aminotransferase (ALT), and alkaline phosphatase (ALP). Blood lipid pa-
rameters such as triglycerides, total cholesterol, and high-density lipoprotein cholesterol
(HDL-c) were also measured, and low-density lipoprotein cholesterol (LDL-c) was calcu-
lated using the Friedwald equation.

2.4. Echocardiographic Evaluation

One day before euthanasia, each animal was anesthetized in a ventilated container
(sevoflurane 5% for induction and 2.5–3% for maintaining anesthesia, Abbvie, Amadora,
Portugal) to assess cardiac function. A linear 15 MHz probe (Sequoia 15L8W, UMI,
Bellflower, CA, USA) and an echocardiograph Acuson Sequoia C512 (Siemens, Erlangen,
Germany) were used to perform the transthoracic echocardiography. After 3 consecutive
heartbeats, the recordings were averaged. M-mode was used to determine systolic and
diastolic wall thickness, cavity dimensions, and transverse aortic root diameter via the
parasternal short-axis view. The left ventricle (LV) mass, the ejection fraction, and the
fractional shortening were calculated as previously described [10]. Mitral flow velocity
tracings were obtained via pulsed-wave Doppler just above the mitral leaflets [10].

2.5. Mitochondrial Respiration Evaluation Using Permeabilized Cardiac Fibers

A portion of freshly isolated myocardium was immediately immersed in ice-cold
BIOPS, a preservation solution composed of 10 mM Ca-EGTA buffer, 0.1 μM free calcium,
20 mM imidazole, 20 mM taurine, 50 mM K-MES, 0.5 mM DTT, 6.56 mM MgCl2, 5.77 mM
ATP, and 15 mM phosphocreatine with a pH of 7.1. Using two pairs of sharp forceps,
the fiber bundles were mechanically separated in a small, ice-cold Petri dish and then
placed into individual wells of a 12-well tissue culture plate with ice-cold BIOPS until all
fibers were prepared. Subsequently, fiber bundles were submersed into a well with freshly
prepared saponin solution (50 μg/mL of BIOPS) and incubated for 30 min with gentle
agitation. Finally, the fibers were placed into 2 mL of ice-cold MiR06 [a mitochondrial
respiration medium composed of MiR05 (0.5 mM EGTA, 3 mM MgCl2, 60 mM lactobionic
acid, 10 mM KH2PO4, 20 mM taurine, 20 mM HEPES, 110 mM D-sucrose, and 1 g/L
essentially fatty acid-free bovine serum albumin (BSA) with a pH of 7.1) supplemented
with 280 U/mL catalase] during 10 min on ice. Permeabilized fiber bundles were then
carefully blotted on filter paper, weighed, and 1–2 mg wet weight was transferred into each
chamber of the high-resolution respirometer (Oroboros Instruments, Innsbruck, Austria),
containing 2 mL of MiR06 [11]. Using the high-resolution respirometer Oroboros Oxygraph-
2k (Oroboros Instruments, Innsbruck, Austria), mitochondrial respiratory function was
assessed. The Substrate-uncoupler-inhibitor titration (SUIT)-001 O2 pfi D002 protocol for
permeabilized muscle fibers was followed at 37 ◦C (sequential addition of 5 mM pyruvate,
2 mM malate, 7.5 mM ADP, 10 μM cytochrome C, 0.5 μM CCCP, 10 mM glutamate, 10 mM
succinate, 0.5 mM octanoylcarnitine, 0.5 μM rotenone, 10 mM glycerophosphate, 2.5 μM
Antimicin A, 2 mM ascorbate, 0.5 mM TMPD, and 200 mM sodium azide). Oxygen flux
rate and concentration were recorded and analyzed using DatLab software (Oroboros
Datlab Version 7.0, Oroboros Instruments Innsbruck, Innsbruck, Austria). Oxygen flux
was expressed in pmol·s−1·mg−1 normalized for the weight of the fiber bundle (mg). All
reagents referred to in this section were the ones recommended by the Oroboros Instrument,
Innsbruck, Austria (https://wiki.oroboros.at/index.php/OROBOROS_INSTRUMENTS).

2.6. Force Measurements in Isolated Permeabilized Cardiomyocytes

The specimen preparation protocol has been previously described [12]. In brief, LV
myocardial tissue from each animal was cut into small pieces, mechanically disrupted,
and incubated for 5 min in extraction solution (in mM: Na2ATP, 5.97; MgCl, 6.28; C3H6O2,
40.64; BES, 100; CaEGTA, 7; and Na2PCr, 14.5) supplemented with 0.5% Triton X-100 (All
from Merck Millipore, Burlington, MA, USA) at room temperature, to remove membrane
structures. Cardiomyocytes were washed with extraction solution by consecutive centrifu-
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gations. An isolated cardiomyocyte was attached with glue between a force transducer and
an electromagnetic motor length controller (Aurora Scientific Inc. (Aurora, ON, Canada)
model 403A and model 315C-I, respectively). Passive tension (PT)-sarcomere length (SL)
relationships ranging between 1.8 and 2.3 μm were acquired at 15 ◦C, with 0.1 μm step
increases. Maximal activation at pCa 4.5 was used to calculate maximal calcium-activated
isometric force (Total tension, Tt) and the slack test (the cell was shortened for 1 ms to 80%
of its original length). A relaxing solution (in mM: Na2ATP, 5.89; MgCl, 6.48; C3H6O2, 40.76;
BES, 100; CaEGTA, 6.97; and Na2PCr, 14.5; all reagents were from Merck Millipore, Burling-
ton, MA, USA), pCa 9.0, was used to determine passive tension (Tp). The cardiomyocyte
cross-sectional area was used to normalize the force values to the cell’s dimensions. Data
acquisition was made by the ASI 600 A program with a sampling frequency of 2 KHz.

2.7. Histology

The heart (at the ventricular base) was sliced and fixed in 10% formaldehyde (PanReac
AppliChem, Castellar del Vallès, Spain), dehydrated in ethanol (100%, 90% and 70% v/v),
cleared in xylol (Fisher Scientific, London, UK), and impregnated in paraffin (“Epredia™
Paraffin Type 6”, Epredia, Breda, The Netherlands). Five-micrometer slides were dewaxed,
rehydrated, stained with Hematoxylin–Eosin (HE) (Hematoxylin H and Eosin Y 1% v/v
alcoholic, Biognost, Zagreb, Croatia) to assess the cardiomyocyte area, or Picrosirius Red
(Direct Red 80, Sigma-Aldrich, St. Louis, MO, USA), to assess myocardial fibrosis, and
finally mounted with Entellan™ (rapid mounting medium for microscopy, Merck, Darm-
stadt, Germany). A photographic camera (Olympus XC30, Tokyo, Japan) coupled with
an optic microscope (Leitz Wetzlar—Dialux 20, Wetzlar, Germany) was used to visualize
and photograph the histological preparations. The area of 60 cardiomyocytes per animal
was measured using CellˆB software serial number A5607500-74EBB51C (Olympus, Tokyo,
Japan). To calculate the area of fibrosis and perivascular fibrosis, eight and five fields per
animal, respectively, were photographed and analyzed using Image-Pro Pus 6 software
(Media Cybernetics, Rockville, MD, USA).

2.8. Biomarker of Myocardial Fibrotic Assessment

Transforming growth factor-beta (TGF-β1), a powerful fibrogenic cytokine, was
tested by ELISA following the standard protocol provided by Elabscience Corporation
(Wuhan, China).

2.9. Statistical Analysis

Results are expressed as mean ± SEM. Statistical analysis was performed using Graph-
Pad Prism software (Version 10.1.2). Shapiro–Wilk was used to assess parametric distribu-
tion. Comparison between the two groups was assessed by t-test. Comparisons between
more than two groups were performed by one- or two-way ANOVA, and appropriate post
hoc tests were used. The probability values < 0.05 were considered significant.

3. Results

3.1. Gestational and Morphometric Data

RebA did not affect mating efficiency, gestational age at birth, litter size, or female-to-
male ratio of each litter (Table 1).

Figure 2 displays weight evolution as well as the daily amount of food and water intake.
RebA did not affect weight gain or the Lee index until sacrifice (Figure 2A,B). Accordingly,
RebA did not significantly change water or food consumption over time (Figure 2C,D),
even though the RebA group drank more water at two time points after gestation.
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Table 1. Gestational and morphometric data.

Control RebA p-Value b

Mean ± SEM (n) Mean ± SEM (n)

Mating efficiency (n mating attempts) a 1.9 ± 0.4 (8) 2.5 ± 0.5 (8) 0.300
Gestational age at birth (days) 21.5 ± 0.3 (8) 21.9 ± 0.1 (8) 0.224

Litter size (pups) 12.5 ± 1.1 (8) 14.3 ± 0.5 (8) 0.526
Female-to-male ratio 1.1 ± 0.2 (6) 0.8 ± 0.1 (8) 0.138

Body weight at euthanasia (g) 323.4 ± 4.8 (8) 314.5 ± 5.8 (8) 0.257
a Corresponds to the number of encounters with males until conception was confirmed. b t-test. RebA, rebaudio-
side A; SEM, standard error of the mean.

Figure 2. Body weight and feeding. Rebaudioside A in the drinking water (RebA) or drinking water
alone (Control) was given from 4 weeks before mating (throughout pregnancy and lactation) until
sacrifice at 21 weeks of age. During the study, (A) body weight, (B) Lee index, (C) water, and (D) food
intake were measured. Results are presented as mean ± SEM (C or RebA, n = 8 each). Two-way
ANOVA indicated a significant effect of time upon all measures (p < 0.001). * p < 0.05 versus Control
(Bonferroni’s multiple comparisons test).

Interestingly, RebA consumption reduced liver and heart weight, even after adjusting
for BSA, as seen in Table 2.

Table 2. Organ weight adjusted for body surface area.

Organ Weight
Control RebA p-Value b

Mean ± SEM (n) Mean ± SEM (n)

Liver/BSA (mg/cm2) 23.3 ± 0.38 (8) 21.6 ± 0.31 (8) 0.005
Pancreas/BSA (mg/cm2) 1.94 ± 0.22 (7) 2.42 ± 0.21 (8) 0.188

Heart/BSA (mg/cm2) 26.8 ± 0.05 (8) 25.0 ± 0.04 (8) 0.031
Skeletal muscle/BSA (mg/cm2) 4.73 ± 0.17 (8) 4.87 ± 0.06 (7) 0.505

b t-test; RebA, rebaudioside A; SEM, standard error of the mean.

3.2. Glycemic Control

At the end of the experiment (20 weeks of age), a significant reduction in fast-
ing glycemia in the RebA group was observed when compared to the Control group
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(72.8 ± 2.18 mg/dL versus 84.8 ± 3.04 mg/dL, Figure 3A). Nevertheless, RebA chronic
consumption did not affect oral glucose tolerance (Figure 3B,C) or insulin sensitivity
(Figure 3D).

Figure 3. Glycemic control. Animals were treated with rebaudioside A in the drinking water (RebA)
or with drinking water alone (Control) from 4 weeks before mating (throughout pregnancy and
lactation) until sacrifice at 21 weeks of age. At 20 weeks of age, (A) fasting glycemia; (B) oral glucose
tolerance test (OGTT); (C) the corresponding area under the curve (AUC); and (D) insulin sensitivity
were measured. Data are represented as mean ± SEM (Control or RebA, 4 ≤ n ≤ 8 each). Two-way
ANOVA indicated a significant effect of time upon all measures (p < 0.001). * p < 0.05 versus Control
(t-test).

Two-way ANOVA indicated a significant effect of time upon all measures (p < 0.001)
(Figure 3B,D) but revealed no statistically significant effect of RebA treatment or interaction
between treatment and time for any measured parameter.

3.3. Plasma Biochemical Markers

Figure 4 shows the plasma levels of triglycerides, total cholesterol, LDL-c, and HDL-c
of all animals at 21 weeks of age. RebA group presented a significantly lower plasma con-
centration of total cholesterol (67.75 ± 2.46 mg/dL), LDL-c (27.88 ± 1.81 mg/dL) and HDL-c
(43.63 ± 1.40 mg/dL) compared to control group (total cholesterol, 84.13 ± 6.04 mg/dL;
LDL-c, 35.75 ± 3.11 mg/dL and HDL-c, 53.88 ± 4.09 mg/dL). Nevertheless, the ratio
HDL-c/LDL-c was not different between the two groups (1.53 ± 0.05 mg/dL for Control
and 1.60 ± 0.08 mg/dL for RebA, p = 0.473). Regarding triglyceride levels, no differences
were found between groups.
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Figure 4. Lipid profile of animals at 21 weeks of age after treatment with rebaudioside A in the
drinking water (RebA) or drinking water alone (Control) from 4 weeks before mating (throughout
pregnancy and lactation) until sacrifice at 21 weeks of age. (A) Triglycerides, (B) total cholesterol,
(C) low-density lipoprotein cholesterol (LDL-c), and (D) high-density lipoprotein cholesterol (HDL-c)
were measured. Data are represented as mean ± SEM (Control or RebA, n = 8 each). T-test indicated a
significant effect of RebA upon total cholesterol, LDL-c, and HDL-c. * p < 0.05 versus Control (t-test).

When evaluating the plasma activity of aspartate aminotransferase (AST), alanine
aminotransferase (ALT), and alkaline phosphatase (ALP) at 21 weeks of age, no differences
were found between groups.

3.4. Left Ventricle Cardiac Structure and Functional Characterization

The echocardiographic evaluation showed no differences in cardiac function between
groups. Regarding structure, posterior LV wall thickness and relative wall thickness were
significantly reduced in the RebA group (25% and 12% reductions compared to control,
respectively, Table 3).

Subsequently, we aimed to explore if the slight cardiac atrophy assessed by decreased
heart weight/BSA (Table 2) and by echocardiography (Table 3) had any cardiac func-
tional impact. In vivo echocardiography further confirmed that this atrophic effect had
no major impact on systolic or diastolic function (Table 3). Consistently, we showed
that RebA reduced cardiomyocyte cross-sectional area (Control, 358.6 ± 7.486 vs. RebA,
288.5 ± 9.381 μm2) (Figure 5A), cardiac interstitial fibrosis (Control, 3.99 ± 0.18 vs. RebA,
3.25 ± 0.13%) (Figure 5B), and perivascular fibrosis (Control, 18.29 ± 0.933 vs. RebA,
11.79 ± 0.583 μm2) (Figure 5C).
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Figure 5. Cardiac morphological characterization at 21 weeks of age. Animals were treated from
4 weeks before mating (throughout pregnancy and lactation) until sacrifice (21 weeks of age) with
rebaudioside A in the drinking water (RebA) or drinking water alone (Control). (A) Hematoxylin-
eosin of left ventricular slices to assess cardiomyocyte cross-sectional area, (B) Picrosirius-red staining
of left ventricular slices to assess fibrosis was measured, and (C) Picrosirius-red staining of left
ventricular perivascular fibrosis. The representative sections of each group are represented at a
magnification of ×40. Data are presented as mean ± SEM (Control or RebA, n = 8 each). T-test
indicated a significant effect of RebA upon heart cardiomyocyte area, fibrosis, and perivascular
fibrosis. ** p < 0.05 and **** p < 0.0001 versus Control (t-test).

In fact, despite the differences found in the values of cardiomyocyte fibrosis and
perivascular fibrosis between groups, plasma levels of TGF-β1, a generally accepted pro-
moter of myocardial fibrosis, was similar between groups (Figure 6).

The mechanical properties of single-skinned cardiomyocytes were measured to as-
sess function at the cardiomyocyte level without interferences from the extracellular ma-
trix (Figure 7A). Stiffness was similar between groups, as confirmed by similar passive
tension–sarcomere length relationship curves and passive tension at 2.2 μm (Figure 7B,D).
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Additionally, no changes were observed in the maximal developed tension or myofilament
Ca2+ sensitivity (Figure 7C,E).

Table 3. In vivo echocardiographic evaluation of cardiac function and structure.

Parameter
Control

Mean ± SEM
(n)

RebA
Mean ± SEM

(n) p-Value

Heart rate (bpm) 287.5 ± 6.9 (8) 269.2 ± 9.4 (8) 0.165
LV end-diastolic volume/BSA

(cm3.cm−2) 1.260 ± 0.065 (8) 1.20 ± 0.054 (8) 0.604

LV end-systolic volume/BSA
(cm3.cm−2) 0.049 ± 0.042 (8) 0.050 ± 0.040 (8) 0.969

Interventricular septum (mm) 1.48 ± 0.13 (8) 1.39 ± 0.13 (8) 0.171
Posterior LV wall (mm) 0.004 ± 85 × 10−5 (8) 0.003 ± 12 × 10−5 (8) 0.047
LV mass/BSA (g·cm−2) 1.614 ± 0.081 (8) 1.508 ± 0.060 (8) 0.329
Relative wall thickness 0.890 ± 0.025 (8) 0.780 ± 0.029 (8) 0.025

Ejection fraction (%) 75.38 ± 2.30 (8) 71.28 ± 1.43 (8) 0.176
Cardiac index mL·min·cm−2 0.113 ± 0.005 (8) 0.102 ± 0.005 (8) 0.152

E/A 1.88 ± 0.54 (8) 2.15 ± 0.69 (8) 0.398
Tei index 0.44 ± 0.06 (8) 0.46 ± 0.10 (8) 0.748

RebA, rebaudioside A; SEM, standard error of the mean; BSA, body surface area; E/A: ratio between peak E and
A waves of pulsed-wave Doppler mitral flow velocity; LV, left ventricle.

Figure 6. Plasma levels of TGF-β1 in animals treated from 4 weeks before mating (throughout
pregnancy and lactation) until sacrifice (21 weeks of age) with rebaudioside A in the drinking water
(RebA) or drinking water alone (Control).

The impact of RebA administration on cardiac mitochondrial respiratory function
was evaluated by high-resolution respirometry of permeabilized cardiac fibers. RebA
administration did not significantly affect mitochondrial respiratory function. Namely, no
differences were observed in mitochondrial oxygen fluxes using Complex I and II substrates
(Figure 8). Similarly, mitochondrial outer membrane integrity and the stimulation of
respiration by fatty acid oxidation were unaffected (Cyt and Oct, Figure 8).

A trend towards increased Complex IV-associated respiration was observed with the
administration of RebA (Δ20.4%) (Figure 8). Nevertheless, the values are very scattered,
and there are no significant differences between groups.
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Figure 7. Force measurements in isolated permeabilized cardiomyocytes of the left ventricle (LV).
Rebaudioside A in the drinking water (RebA) or drinking water alone (Control) was given from
4 weeks before mating (throughout pregnancy and lactation) until sacrifice at 21 weeks of age.
(A) Representative image of a skinned cardiomyocyte stretched at 2.2 μm, (B) stiffness assessed by
passive tension–sarcomere length relationship, (C) maximal tension developed, (D) stiffness assessed
by passive tension, and (E) myofilament Ca2+-sensitivity expressed by pCa50. Data are presented as
mean ± SEM (Control or RebA, n = 8 each).

Figure 8. Heart mitochondrial function assessed by high-resolution respirometry, using the Oroboros
Oxygraph-2k, of females treated with Rebaudioside A in the drinking water (RebA) or drinking water
alone (Control) from 4 weeks before mating (throughout pregnancy and lactation) until sacrifice at
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21 weeks of age. Results are presented as mean ± SEM (Control, n = 6 and RebA, n = 7). (T-test or
Mann–Whitney test). PM: pyruvate + malate (Complex I, leak state); ADP: adenosine diphosphate
(Complex I, OXPHOS state); Cyt C: cytochrome c (test for mitochondrial outer membrane integrity);
CCCP (uncoupler); Glu: glutamate (Complex I, electron transfer (ET) state); Suc: succinate (Complex
I+II, ET state); Oct: octanoylcarnitine (Fatty acid oxidation + Complex I+II, ET state); Rot: rotenone
(Complex II, ET state); Gp: glycerophosphate (Complex II + glycerophosphate dehydrogenase, ET
state); Ant A: antimycin A (residual oxygen consumption, ROX); Asc + TMPD: ascorbate + TMPD
(Complex IV); Azide: sodium azide.

4. Discussion

This work showed that long-term (13 weeks) RebA consumption during the reproduc-
tive stage of female rats with the human ADI defined by EFSA did not majorly impact the
cardiometabolic health of female rats.

Interestingly, RebA showed an atrophic effect in the heart without any repercussions
on cardiac function. This result was further confirmed histologically, as demonstrated
by a decreased cardiomyocyte cross-sectional area. Importantly, myocardial fibrosis was
reduced in the RebA group, while mitochondrial and myofilamentary function was pre-
served.

Glucose homeostasis was also not majorly affected by RebA consumption, except for a
reduction in fasting glycemia at the end of the study, for values close to the lowest value of
the rat’s euglycemic range (70–180 mg/dL) [13]. Sunanarunsawat and colleagues demon-
strated increased insulin and decreased glucagon serum levels in diabetic rats, but not in
the normoglycemic group, after receiving unspecified stevioside (0.25 g/kg body weight)
or aqueous extract of Stevia rebaudiana (4.66 g/kg body weight) for 8 weeks [14]. These
authors concluded that the beneficial impact of Stevia rebaudiana on glucagon and insulin
levels could underlie its anti-hyperglycemic actions [14]. In our study, although the rats
were normoglycemic, we detected a slight hypoglycemic trend induced by RebA as fasting
glycemia decreased from 84.8 ± 3.04 mg/dL in the control group to 72.8 ± 2.18 mg/dL
in the RebA group, in line with previous reports claiming that RebA reduces glycemia in
humans [15–17] and in rats [18]. Moreover, the anti-hyperglycemic effects of stevia have
been ascribed to the properties of stevioside and RebA as agonists of insulin receptors,
causing an increase in glucose uptake by cardiac fibroblasts [19].

In our study, the observed decrease in liver weight could contribute to the observed
hypoglycemic effect of RebA since the liver is the major source of glucose during fasting.
Although other authors have shown no differences in liver weight, they report RebA
(40 mg/Kg/day i.p.) to prevent liver injury, oxidative stress, and liver fibrosis caused
by thioacetamide (200 mg/kg) [20]. In high-fat diet-induced nonalcoholic steatohepatitis
obese mice, the administration of RebA decreased fasting glucose levels and hepatic stress
enzymes, such as alanine aminotransferase (ALT) and plasma aspartate aminotransferase
(AST) at 15 weeks post-intervention [21]. The authors suggest that hepatoprotection
induced by RebA can be associated with, or even mediated by, improved pancreatic
endocrine function that leads to anti-hyperglycemic effects [21]. Despite the observed
decrease in in liver weight upon RebA treatment, we did not observe any changes in the
hepatic ALT, AST, and ALP enzymes, suggesting that RebA at treatment dosage did not
cause hepatic toxicity or hepatoprotection, probably because females were not submitted
to a diet or metabolic challenge. Importantly, RebA doses used in the above-mentioned
studies were higher than the dose used in the present study, which may also underlie
variations in its biological effects. It is known that rat’s liver increases during pregnancy
because of the proliferation of hepatocytes, a process that is reverted during weaning by
hepatocytes’s death and liver remodeling [22]. As we could observe that RebA exposure
decreased liver weight after 21 weeks, it would be interesting to evaluate liver changes
during pregnancy and weaning to understand if this decrease in liver size observed only in
dams exposed to RebA was already seen during pregnancy and weaning and to further
understand the effects on offspring health.
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RebA treatment also improved lipid homeostasis as it decreased total plasma choles-
terol and LDL-c while maintaining the HDL-c/LDL-c ratio. Dyslipidemia is one of the
major cardiovascular risk factors. In fact, total plasma cholesterol is directly associated
with cardiovascular risk, as well as the decrease in HDL-c/LDL-c ratio. Although we could
not observe an increase in the ratio HDL-c/LDL-c, the decrease in total plasma cholesterol
upon RebA treatment already represents a better cardiovascular profile. Saravanan and
Ramachandran also observed a decrease in total plasma cholesterol upon administration of
a higher dose of RebA treatment (200 mg/kg/day for 45 days) on diabetic animals [23].
Ilias et al. suggested that RebA promotes the internalization of cholesterol by hepatocytes,
modulating the expression of genes involved in cholesterol metabolism, such as HMGCR,
LDLR, and ACAT2 [24], which may, in part, explain our results.

Despite the anti-diabetic actions, stevia derivatives are also reported to have anti-
fibrotic effects [25], corroborating our results. Our study was carried out in healthy female
rats. Pregnancy is expected to physiologically induce cardiac hypertrophy and decreased
fibrosis, which are expected to revert in rodents 14 days after delivery [26], a process called
postpartum cardiac reverse remodeling. In our study, RebA-fed females showed cardiac
atrophy and decreased cardiac fibrosis far beyond the period of reverse remodeling (40 days
after delivery). These alterations may underlie the observed LV atrophy.

The anti-fibrotic properties observed for Reb A are of great therapeutic potential and
deserve to be further explored. Indeed, our data agree with the study by Zhao et al., who
have shown that a non-identified stevioside reduced cardiac fibrosis in Type 1 diabetic
mice by modulating the expression of matrix metallopeptidases while increasing glucose
tolerance [27]. Conversely to our observations, stevioside increased heart weight but in
diabetic animals, which, in the case of Zhao’s study, is beneficial as it counterbalances
the type 1 diabetes-induced pathologic atrophy. It is important to note that, in that study,
stevioside was used in a dose more than 10 times higher than the dose administered in
our study.

To understand whether the morphological adaptations caused by RebA (reduced heart
weight and decreased posterior and relative wall thicknesses) impacted cardiac function,
we carried out in vivo echocardiographic and in vitro single-skinned cardiomyocyte evalu-
ations. The observed structural changes did not affect cardiac myofilamentary function as
assessed by preserved ejection fraction, cardiac output, and E/A between groups. Accord-
ingly, in vitro, we did not find differences in cardiomyocyte contractile force, stiffness, or
sensitivity for Ca2+ between groups. However, we cannot rule out that these results can be
time- or dose-dependent.

Known as critical metabolic players, mitochondria have been recognized as essential
for multiple functions beyond energy production, regulating cell apoptosis, inflammation,
and immunological processes [28,29]. It is also known that they are dysfunctional in several
pathological conditions, such as obesity and diabetes [30]. Hepatic lipid accumulation may
result from mitochondrial dysfunction [31], and several diabetic complications can be, in
part, attributed to excessive production of ROS by mitochondria in a chronic hyperglycemia
environment, increasing oxidative stress and activating stress-response pathways. Interest-
ingly, RebA extended the lifespan and health of C. elegans via the reduction in ROS, de-
creasing aging lipid accumulation [32]. In addition to this, the microbiome–mitochondrion
axis is currently suggested as an important player in cardiometabolic fitness [33,34], and
RebA consumption has been described as a modulator of gut microbiota in obese dams [35]
and in male rats [36].

Studies assessing the effect of Stevia rebaudiana (or their components, stevioside and
rebaudioside) on mitochondrial function are scarce. To the best of our knowledge, this is the
first study to explore the effects of steviol glycosides (RebA) on mitochondrial respiration
using high-resolution respirometry. In accordance with metabolic and cardiac function
results, we reported no differences in the function of cardiac mitochondria of female rats
after 13 weeks of RebA treatment (4.71–5.61 mg steviol equivalents/kg body weight/day)
when compared to the control group. However, a non-significant 20% increase in oxygen
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flux was observed in complex IV. Mutations and deficiencies in complex IV have been
associated with dilated, hypertrophic, and histiocytoid cardiomyopathies [37]. In addition,
in a model of insulin resistance with metabolic syndrome, myocardial mitochondria were
smaller but had an increased amount of mitochondrial complex IV proteins reflecting an
adaptative mitochondrial activity [38]. As we observed, RebA promoted a reduced heart
weight, and the effect in Complex IV could be an adaptative response. Nonetheless, the
results obtained are very scattered and non-significant in the RebA group.

Despite this, unravelling whether RebA chronic consumption could interfere with the
microbiome–mitochondrion axis would be interesting.

In human breast cancer cells (MCF-7), stevioside is a potent inducer of apoptosis via
altering mitochondrial transmembrane potential [39]. In rats supplemented with whey
protein sweetened with 0.2% S. rebaudiana extract, peroxisome proliferator-activated
receptor γ coactivator 1-α (PGC-1α), an important mitochondrial biogenesis marker, was
significantly higher when compared with control animals [40]. In line with our results, Han
and colleagues also demonstrated that mitochondrial activity was enhanced in the skeletal
muscle of diabetic mice treated with a high dose of stevia extract (500 mg/kg/day) but not
in the stevioside group (40 mg/kg/day) [41].

The physiological actions of RebA are still unclear due to the high heterogeneity of
studies, the huge differences in doses used, the times of intervention, and stevia derivatives.
In a systematic review with meta-analysis including 756 participants, RebA did not improve
blood pressure or cardiovascular risk in contrast to stevioside, which seems to decrease
blood pressure and fasting glycemia, although the small effect and the robustness of the
results are limited to the heterogeneity of the studies included [42].

The fact that we did not find major cardiometabolic effects may be explained by the
dose administrated, the one recommended by EFSA as safe for humans (4 mg/kg body
weight/day). The more marked effects obtained in other studies described above may
reflect the use of higher doses or combined with reducing glucose ingested. Considering
that steviol glycoside is currently the third most common NSS across all food groups [43],
new studies regarding exposures during the reproductive stage with higher doses of RebA
are needed to analyze the effects of overconsumption of glucosylated steviol glycosides in
comparison to the effects of recommended doses [9]. Although the absence of significant
cardiometabolic alterations may indicate that this RebA dose is safe regarding female
consumption during the reproductive stage, we did not evaluate these cardiometabolic
parameters during pregnancy and lactation, which is a limitation of this study. The fact that
RebA did not affect mating efficiency, gestational age at birth, litter size, or female-to-male
ratio of each litter is also important regarding safety during the reproductive stage of the
life cycle as they are indicators of successful reproduction.

Nevertheless, concerns have been raised regarding the safety of RebA consumption
during pregnancy as it may pass the placenta [44] and induce metabolic disease in the
offspring in the long term [35]. This issue deserves future research.

5. Conclusions

In conclusion, our work shows that chronic RebA consumption during the reproduc-
tive stage in the human dose recommended as safe by EFSA (4 mg/kg/day) induced a
hypoglycemic effect without altering glucose tolerance or insulin sensitivity and improved
blood lipid profile. Additionally, RebA consumption reduced cardiac fibrosis, preserving
cardiac, myofilamentary, and mitochondrial function.
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Simple Summary: Developmental programming is now an area of considerable interest throughout
the biomedical research community as it is now well accepted that challenges during fetal and early
neonatal life program the trajectory of the development and function of multiple systems across the life
span. There is now also compelling evidence that developmental programming alters the trajectory of
aging, beginning early in life. The present study links mitochondrial function to molecular signaling
pathways that regulate life span and to the aging process; it demonstrates the role and importance
of mitochondria in the predisposition to developing a fatty liver. The overall message we wish to
emphasize is that hepatic aging in offspring caused by maternal obesity in rats involves changes in the
mitochondrial function pathways that result in fatty livers. These processes show sexual dimorphism
as they occur in males and females at different ages. These findings throw new light on the mechanisms
that underlie the well-established sexual dimorphism in aging. We hope this paper will be a stimulus
to similar studies on other tissues.

Abstract: We investigated whether maternal obesity affects the hepatic mitochondrial electron transport
chain (ETC), sirtuins, and antioxidant enzymes in young (110 postnatal days (PND)) and old (650PND)
male and female offspring in a sex- and age-related manner. Female Wistar rats ate a control (C) or
high-fat (MO) diet from weaning, through pregnancy and lactation. After weaning, the offspring
ate the C diet and were euthanized at 110 and 650PND. The livers were collected for RNA-seq and
immunohistochemistry. Male offspring livers had more differentially expressed genes (DEGs) down-
regulated by both MO and natural aging than females. C-650PND vs. C-110PND and MO-110PND
vs. C-110PND comparisons revealed 1477 DEGs in common for males (premature aging by MO) and
35 DEGs for females. Analysis to identify KEGG pathways enriched from genes in common showed
changes in 511 and 3 KEGG pathways in the male and female livers, respectively. Mitochondrial
function pathways showed ETC-related gene down-regulation. All ETC complexes, sirtuin2, sirtuin3,
sod-1, and catalase, exhibited gene down-regulation and decreased protein expression at young and old
ages in MO males vs. C males; meanwhile, MO females down-regulated only at 650PND. Conclusions:
MO accelerates the age-associated down-regulation of ETC pathway gene expression in male offspring
livers, thereby causing sex-dependent oxidative stress, premature aging, and metabolic dysfunction.

Keywords: maternal obesity; aging; RNA-seq; liver; mitochondria; oxidative phosphorylation
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1. Introduction

Obesity is considered a global pandemic and a worldwide public health issue [1]. In
recent decades, the proportion of women of reproductive age who are overweight and obese
has increased significantly, as has the incidence of obesity during pregnancy [2,3]. Human
and controlled animal studies have shown that maternal obesity has detrimental lifelong
consequences on offspring by programming their cells, tissues, and organs, as well as their
structures and functions. Maternal obesity programs offspring metabolic disorders through
several mechanisms, including metabolic, hormonal [4–7], and epigenetic changes [8,9], as
well as through oxidative stress [10,11], a commonly proposed mechanism for liver injury
and the progression of age-related diseases [10]. Non-alcoholic fatty liver disease (NAFLD)
is the most prevalent form of liver disorder and is considered a global epidemic. Obese
young children and adults are more likely to develop early liver diseases [12,13].

There is evidence that the onset of a fatty liver in offspring may occur early in devel-
opment [14,15]. Moreover, maternal obesity accelerates the onset of offspring metabolic
and liver dysfunction and shortens life span [10,16,17].

We have reported that maternal obesity programs premature metabolic aging in
offspring in a sex-dependent manner, possibly due to increased oxidative stress, changes in
steroid hormones, cardiovascular changes, and other functional alterations [10]. In most
cases of programming by maternal obesity, such as NAFLD, we, and others, have observed
a sexual dimorphism of outcomes as the male offspring of obese mothers exhibit more
pronounced NAFLD characteristics (physiological, biochemical, histological, and gene
changes) than the females [4,10].

Aging is a complex and dynamic biological process that, over time, causes a variety
of structural, functional, molecular, and cellular damage, thereby increasing the risk of
multiple diseases [18]. Cellular senescence, including telomere shortening and genomic and
mitochondrial DNA damage, is a major cause of aging, and plays an important role in the
progression of NAFLD and other liver diseases [19–21]. Mitochondrial dysfunction, such
as a decreased oxidative capacity and increased reactive oxygen species (ROS) production,
has been proposed as a cellular and molecular hallmark of aging [22,23].

Mitochondria are highly sensitive to their environmental conditions and undergo
adaptations during the development of NAFLD diseases. Thus, mitochondrial alterations
are implicated in liver aging and fatty liver diseases [24–30]. Mitochondrial dysfunction
has been proposed as a central process in the development of liver disease programmed
by maternal obesity [31]. Offspring of obese rodent mothers exhibit elevated oxidative
stress and mitochondrial dysfunction in both fetal and young adult livers [32–35]. Some
studies have evaluated the effects of maternal obesity programming on mitochondrial gene
expression in offspring livers [15,36–38]. However, few studies have examined the extent
to which these changes persist until old age. There is a need to determine whether adverse
outcomes can be caused by aging and/or by maternal diet.

In the current study, RNA-seq was used to determine the difference in transcriptome
changes between the male and female offspring of obese mothers at the young age of 110
and the old age of 650PND. We also measured protein products for key genes with altered
expressions. We focused on the liver mitochondrial oxidative phosphorylation pathway in
the young and old male and female offspring of control and obese mothers. Importantly, in
our rat colony, the offspring of the control mothers (normally fed and normal weight) lived
for ~850 days; whereas, the offspring of the obese mothers did not live for much longer
than 650PND.

We hypothesized that maternal obesity: (1) produces sex-specific age-related liver
transcriptome changes in offspring; (2) leads to offspring liver dysfunction by impairing
antioxidant defenses and mitochondrial function; and (3) causes offspring hepatic mito-
chondrial electron transport chain (ETC) gene down-regulation, leading to an increase in
reactive oxygen species (ROS) concentrations and liver damage.
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2. Materials and Methods

2.1. Animals

The Animal Experimentation Ethics Committee of the Instituto Nacional de Ciencias
Médicas y Nutrición Salvador Zubirán (INCMNSZ), Mexico City, Mexico (ethical approval
code, CINVA 271 and 1868) approved all procedures, which are in accordance with the
ARRIVE criteria for reporting animal studies [39,40]. Female albino Wistar rats were born
and raised in the INCMNSZ animal facility, which is accredited by the Association for
Assessment and Accreditation of Laboratory Animal Care International (AAALAC) and
follows its standards. The rats were kept at 22–23 ◦C under controlled lighting (lights on
from 07.00 to 19.00 h) with free access to food and water.

2.2. Experimental Design

First, 120-day-old female Wistar rats were randomly mated with proven fertile non-
littermates to produce the founder generation (F0) of mothers. The F0 litters were adjusted
to ten pups at birth (day 0), with at least four females [41]. At weaning (21 days old) F0
females were randomly assigned to one of the two experimental groups: control (F0C) or
maternal obesity (F0MO) groups to be fed either a standard laboratory chow diet or a high-
fat diet (HFD). The C diet consisted of standard laboratory chow (Zeigler Rodent RQ22-5,
Gardners, PA, USA) containing 22.0% protein, 5.0% soy oil fat, 31.0% polysaccharide, 31.0%
simple sugars, 4.0% fiber, 6.0% minerals, and 1.0% vitamins (w/w) (physiological fuel
3.4 kcal/g). The HFD was produced in the INCMNSZ’s specialized dietary facility, with
23.5% protein, 20.0% lard, 5.0% soy oil fat, 20.2% polysaccharide, 20.2% simple sugars, 5.0%
fiber, 5.0% mineral mix, 1.0% vitamin mix (w/w), and physiological fuel 4.8 kcal/g.

At 120 days, 10 female rats from the F0C group and 20 from the F0MO group were
mated overnight (up to 5 days) with non-experimental males to produce offspring. Daily
vaginal smears were obtained and the day a sperm plug was found was designated as day
0 of conception. To ensure similar pregnancy conditions, this study excluded litters with
fewer than 9 or more than 14 pups. In addition, to achieve offspring homogeneity, on the
second PND, all offspring litters studied were adjusted to 10 pups, with equal numbers of
males and females whenever possible (C and MO). This adjustment to litter size had no
effect on the metabolic variables as the litter size was considered normal.

2.3. Care and Maintenance of Offspring to Study for Developmental Programming
and Aging Interactions

Our studies have routinely been conducted at 110PND, to obtain data at a young adult
life stage, and at 650PND, to obtain data at a mature aged adult life stage. The litters were
weaned at 21PND and males and females were divided into separate cages at weaning.
After weaning, all offspring ate a control diet until the end of the experiment (110 and
650PND). There was no mixing of litters or sexes from different age groups. The offspring
were maintained in this situation until PND50, after which, no more than 4 rats were placed
in one cage. After 110PND the number was reduced to a minimum of 2 or a maximum
of 3 per cage, as previously reported. All females at 110PND were evaluated during the
diestrus phase of the ovarian cycle.

2.4. Offspring Tissue Collection

One male and one female from different litters were euthanized at 110 and 650PND
by exsanguination through aortic punctures under isoflurane general anesthesia; this was
conducted by the same experienced person under identical conditions at each timepoint
(light period (12:00 to 14:00 h) and 6 h of fasting). Thus, the males and females evaluated at
the two ages were groups of siblings. For each age group, the livers were dissected, cleaned,
and weighed. The right inferior lobes were fixed in 4% paraformaldehyde and embedded
in paraffin for immunohistochemical analysis. The left lobes were stored at −70 ◦C for
RNA-seq analysis. We report data with the following number of animals per group and sex:
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110PND—males: C n = 6, MO n = 5; females: C n = 6, MO n = 5; 650PND—males: C n = 6;
MO n = 6; females: C n = 6 and MO n = 6.

2.5. RNA Extraction and cDNA Library Preparation and Sequencing

Liver tissue samples (10–20 mg) were homogenized with the BioSpec BeadBeater
(BioSpec products, Bartlesville, OK, USA) and RNA was extracted using the Qiagen
miRNeasy mini kit (Qiagen, Hilden, Germany), according to the manufacturer’s instruc-
tions. RNA quantity and quality were determined using a Nanodrop spectrophotometer
(Nanodrop Technologies, Wilmington, DE, USA). RNA was stored at −80 ◦C until it was
used. cDNA libraries were generated from 1 μg of total RNA using an Illumina TruSeq
RNA LS Sample Preparation kit v2, according to the manufacturer’s instructions (Illumina,
San Diego, CA, USA). The Agilent DNA 1000 was used to evaluate the quality and fragment
size of the final individual cDNA libraries. The sequencing libraries were quantified using
the KAPA Library Quantification kits for Illumina platforms. The libraries were normalized
to 10 nM and diluted to 20 pM before loading on the cBot 2X100; the Illumina HiSeq 2500
sequencer was used for paired-end sequencing.

2.6. Bioinformatic Analysis

Output demultiplexed reads were exported to Partek Flow for analysis. Read FASTQ
files were trimmed for quality to Phred 30 at each end. STAR aligner v2.3.1j was used to
align trimmed reads to the Rattus norvegicus genomic reference (RGSC 5.0/rn5). Gene and
transcript abundance were quantified against the rn5 RefSeq annotation and transcript
abundance was normalized for all samples as a dataset using the Reads Per Kilobase
per Million mapped reads (RPKM) values of all Refseq genes. To identify the functional
pathways related to maternal obesity programming–aging interactions, we evaluated the
differentially expressed genes (DEGs) between 650PND and 110PND in the male and
female livers of the C and MO groups using pairwise comparisons with Partek Flow
(Partek®, St. Louis, MO, USA). Genes were filtered based on >1 fold change (FC) and a
nominal p-value of <0.05 (Student’s t-test). All DEGs were mapped to the KEGG database
(Kyoto Encyclopedia of Genes and Genomes) and searched for principal mitochondrial
function-related pathways.

2.7. KEGG Pathway Analysis

The Web Gestalt application (WEB-based Gene SeT AnaLysis Toolkit) was used to
perform analyses for enrichment KEGG pathways; the statistical significance p-value
cutoff was set at 0.05 [42]. The KEGG is an online bioinformatics analysis system for
over-represented pathways [43].

2.8. Liver Immunohistochemical (IHC) Analysis

Each liver’s right inferior lobe was dissected, sectioned longitudinally, and immedi-
ately fixed in 4% paraformaldehyde in a neutral phosphate saline buffer. Following a 24 h
fixation period, liver sections were dehydrated with ethanol at increasing concentrations
from 75 to 95% and were then embedded in paraffin.

IHC analysis was carried out using the avidin–biotin complex (ABC) IHC method.
Liver sections (4 μm) were deparaffinized, hydrated, and quenched for endogenous perox-
idase with 0.3% hydrogen peroxide in PBS at room temperature for 30 min. To perform
antigen retrieval, slides were placed in citrate buffer at pH 6.0 (ImmunoDNA Retriever
Citrate, BioSB, Inc., Santa Barbara, CA, USA) and heated in a pressure cooker for 5 min.
The sections were then incubated overnight at room temperature. The following primary
antibodies were used for IHC analysis: anti Atp5f1, 1:500 (goat polyclonal SC-162552, Santa
Cruz Biotechnology, Dallas, TX, USA); anti Ndufa10, 1:500 (mouse monoclonal SC-376357,
Santa Cruz); anti Cox5a, 1:100 (mouse monoclonal SC-376907, Santa Cruz Biotechnol-
ogy); anti Sdhc, 1:1000 (rabbit polyclonal SC-67256, Santa Cruz Biotechnology); anti Sirt-2,
1:1000 (mouse monoclonal SC-28292, Santa Cruz Biotechnology); anti Sirt-3, 1:300 (rabbit
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polyclonal SC-99143, Santa Cruz Biotechnology); anti Sod-1, 1:1000 (rabbit polyclonal SC-
11407, Santa Cruz Biotechnology); Catalase, 1:600 (rabbit polyclonal SC-50508, Santa Cruz
Biotechnology). Antibody binding was detected with a Vectastain Elite ABC kit (Vector
Laboratories, Burlingame, CA, USA) and 3, 3′-diaminobenzidine as a chromogen. After
tissue sections were stained, hematoxylin was used as a counterstain. Negative controls
were performed without the primary antibody. Due to space limitations, the negative
staining controls are presented as Supplementary Material. Twenty random digital images
were taken of each rat using an Olympus BX51 microscope (Olympus Co. Model BX51RF,
Tokyo, Japan). The staining areas of the images were analyzed using digital image analyz-
ing software (ImageJ, U.S. National Institute of Health, Bethesda, MD, USA) and a color
deconvolution plug-in.

2.9. Statistical Analysis

Gene expression is expressed as mean Log2 RPKM± standard error of the mean
(SEM). Immunohistochemical analyses are presented as mean ± SEM. A p-value < 0.05 was
considered statistically significant. To analyze differences between the groups, we used the
Tukey test (one-way ANOVA) for males and females separately. Analysis was performed
with the Sigma Stat 3.5 statistical program (2005). Gene expression from RNA-seq data is
shown as the mean of Log2FC and SEM based on normalized data. There was no overlap
in DEGs between the sexes in the pathways examined, indicating that it was not necessary
to compare males and females to determine sexual dimorphism.

3. Results

3.1. Liver Differentially Expressed Genes (DEGs)

We performed four different comparisons to evaluate the effects of maternal obesity at
two different ages (young and old) and the effect of aging in the control group’s and obese
mothers group’s offspring. The comparisons were as follows: (1) the effect of maternal
diet on the young (MO-110PND vs. C-110PND); (2) the effect of maternal diet on the old
(MO-650PND vs. C-650PND); (3) the effect of aging on the control groups (C-650PND vs.
C-110PND); and 4) the effect of maternal obesity on aging (MO-650PND vs. MO-110PND).
Males and females were analyzed separately.

The number of DEGs for male comparisons: (1) MO-110PND vs. C-110PND showed
that 3030 genes were down- and 118 genes were up-regulated; (2) MO-650PND vs. C-650PND
revealed that 35 genes were down- and 604 were up-regulated; (3) C-650PND vs. C-110PND
indicated that 4218 genes were down- and 127 were up-regulated; (4) MO-650PND vs.
MO-110PND showed that 480 genes were down- and 1285 were up-regulated.

The number of DEGs for female comparisons: (1) MO-110PND vs. C-110PND ex-
hibited that 51 genes were down- and 127 genes were up-regulated; (2) MO-650PND vs.
C-650PND revealed 9244 down- and 3 up-regulated genes; (3) C-650PND vs. C-110PND
showed that 57 genes were down- and 415 were up-regulated; (4) MO-650PND vs. MO-
110PND exhibited 3346 down- and 44 up-regulated genes.

Based on the DEG analysis for the effects of maternal obesity, we observed that 96%
of the genes were down-regulated in male comparisons in both maternal obesity (MO-
110PND vs. C-110PND) and age (C-650PND vs. C-110PND). We performed a Venn analysis
to determine if the DEGs in both conditions shared common genes; then, we evaluated
whether these genes are associated with premature aging (Figure 1).

The Venn diagram shows the distribution of DEGs by maternal diet in the young
and by age in the control groups for males (Figure 1A) and for females (Figure 1B). Male
Venn diagram with DEG comparisons: C-650PND vs. C-110PND and MO-110PND vs.
C-110PND reveal that there are 1477 genes in common for both comparisons; we refer to
these genes as genes involved in premature aging due to MO. In the same comparison,
females only shared 35 genes. Clearly, maternal diet affects more genes involved in
premature aging in males compared to females.
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Figure 1. Venn diagram of up- and down-regulated liver genes, (A) males and (B) females.

3.2. KEGG Pathway Analysis for Prematurely Aging Genes in Males and Females

Using the lists of 1477 and 35 common genes (premature aging) in males and females,
respectively, we performed an over-represented analysis to identify the KEGG pathways
enriched from these two DEG lists (Supplementary Tables S1 and S2). The two lists were
mapped to KEGG pathways separately; we found that fifty-one KEGG pathways showed
significant changes in the male livers but just three did so in the livers of the females.
Table 1 shows the most significant KEGG pathways (by p-value). In males (Table 1A), the
pathways related to liver metabolism and aging, oxidative phosphorylation, and NAFLD
are at the top of the KEGG pathway analysis; however, in females (Table 1B), there were
only three pathways that changed significantly.

Table 1. List of the most significant KEGG pathways enriched with DEGs by p-value (up- and
down-regulated), showing premature aging for males (A) and females (B).

(A). MALE.
Id Pathway Name Size p-Value

rno01100 Metabolic pathways 1380 <2.2 × 10−16

rno00280 Valine, leucine, and isoleucine degradation 56 1.7 × 10−6

rno00640 Propanoate metabolism 32 1.0 × 10−5

rno00190 Oxidative phosphorylation 143 4.1 × 10−5

rno04932 Non-alcoholic fatty liver disease (NAFLD) 159 9.4 × 10−5

rno04714 Thermogenesis 243 9.5 × 10−5

rno00260 Glycine, serine, and threonine metabolism 40 1.0 × 10−4

rno00310 Lysine degradation 61 1.1 × 10−4

rno00140 Steroid hormone biosynthesis 84 1.1 × 10−4

rno01200 Carbon metabolism 127 1.4 × 10−4

rno00270 Cysteine and methionine metabolism 49 1.7 × 10−4

rno00630 Glyoxylate and dicarboxylate metabolism 30 2.2 × 10−4

rno03022 Basal transcription factors 45 1.3 × 10−3

rno00760 Nicotinate and nicotinamide metabolism 32 1.8 × 10−3

rno00380 Tryptophan metabolism 47 1.9 × 10−3
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(A). MALE.
Id Pathway Name Size p-Value

rno04122 Sulfur relay system 9 2.8 × 10−3

rno04142 Lysosome 129 2.8 × 10−3

rno00510 N-Glycan biosynthesis 51 3.6 × 10−3

rno03420 Nucleotide excision repair 47 6.6 × 10−3

rno04144 Endocytosis 275 6.6 × 10−3

rno04217 Necroptosis 161 7.5 × 10−3

rno04120 Ubiquitin mediated proteolysis 141 7.6 × 10−3

rno00670 One carbon pool by folate 18 8.3 × 10−3

rno00830 Retinol metabolism 85 9.1 × 10−3

rno03060 Protein export 26 1.0 × 10−2

rno00053 Ascorbate and aldarate metabolism 27 1.2 × 10−2

rno00563 Glycosylphosphatidylinositol (GPI)-anchor biosynthesis 27 1.2 × 10−2

rno00650 Butanoate metabolism 28 1.5 × 10−2

rno04141 Protein processing in the endoplasmic reticulum 164 1.8 × 10−2

rno00071 Fatty acid degradation 47 2.0 × 10−2

rno00350 Tyrosine metabolism 40 2.5 × 10−2

rno04146 Peroxisome 88 2.8 × 10−2

rno00410 Beta-Alanine metabolism 33 3.2 × 10−2

rno00730 Thiamine metabolism 17 3.2 × 10−2

rno00920 Sulfur metabolism 10 3.3 × 10−2

rno00330 Arginine and proline metabolism 52 3.5 × 10−2

rno00010 Glycolysis/Gluconeogenesis 72 3.8 × 10−2

rno00980 Metabolism of xenobiotics by cytochrome P450 74 4.5 × 10−2

rno03040 Spliceosome 138 4.7 × 10−2

(B). FEMALE
Id pathway Name Size p-Value

rno04064 NF-kappa B signaling pathway 97 5.4 × 10−3

rno00230 Purine metabolism 182 1.8 × 10−2

rno04060 Cytokine–cytokine receptor interaction 269 3.8 × 10−2

3.3. Pathway Analysis Related to Mitochondria

To determine that the pathways implicated in the MO-110PND vs. C-110PND and
C-650PND vs. C-110PND comparisons were enriched and significant separately, we eval-
uated the over-represented analysis of the pathways of DEGs in each comparison using
three different databases: KEGG, Wikipathway, and Reactome. In Table 2A–C, the results
of the male DEGs in each database are displayed. For the analysis, we focused on mito-
chondrial function-related pathways; for each comparison, oxidative phosphorylation was
significantly enriched and all DEGs in the pathways were down-regulated.

Table 2. List of (A) KEGG, (B) Wikipathway, and (C) Reactome enrichment pathways from DEGs
(up- and down-regulated) in male livers from the MO-110PND vs. C-110PND and C-650PND vs.
C-110PND comparisons.

(A). KEGG Pathway

Comparison p-Value
Genes
Down

Genes
Up

MO-110PND vs. C-110PND Oxidative phosphorylation 7.8 × 10−5 39 0
Maternal diet effect (young) Lysosome 1.7 × 10−4 37 0

Ribosome 3.0 × 10−3 41 0
Peroxisome 9.5 × 10−3 23 0

Citrate cycle (TCA cycle) 1.1 × 10−2 11 0
C-650PND vs. C-110PND Peroxisome <2.2 × 10−16 55 0

Aging effect in controls Oxidative phosphorylation 2.9 × 10−14 68 0
Mitophagy 1.6 × 10−4 27 0
Lysosome 8.6 × 10−4 43 0

Citrate cycle (TCA cycle) 7.2 × 10−2 11 0
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(B). Wikipathway

Comparison p-Value
Genes
Down

Genes
Up

MO-110PND vs. C-110PND Oxidative phosphorylation 1.0 × 10−3 22 0
Maternal diet effect (young) Electron Transport Chain 1.5 × 10−3 30 0

TCA Cycle 1.7 × 10−2 10 0
Oxidative Stress 1.9 × 10−2 12 0

C-650PND vs. C-110PND Electron Transport Chain 1.0 × 10−10 51 0
Aging effect in controls Mitochondrial LC-Fatty Acid Beta-Oxidation 1.5 × 10−7 14 0

Oxidative phosphorylation 8.1 × 10−7 32 0
Oxidative stress 1.4 × 10−5 20 0

TCA Cycle 7.3 × 10−2 10 0

(C). Reactome

Comparison p-Value
Genes
Down

Genes
Up

MO-110PND vs. C-110PND Mitochondrial translation termination 5.2 × 10−14 46 0
Maternal diet effect (young) Mitochondrial translation 9.5 × 10−14 46 0

The citric acid (TCA) cycle and respiratory electron
transport 1.3 × 10−6 46 0

Respiratory electron transport 7.1 × 10−5 25 0
Citric acid cycle (TCA cycle) 9.8 × 10−4 10 0

Pyruvate metabolism and Citric Acid (TCA) cycle 1.3 × 10−3 17 0
Peroxisomal protein import 1.9 × 10−3 18 0

C-650PND vs. C-110PND Mitochondrial translation <2.2 × 10−16 66 0
Aging effect in controls Mitochondrial translation termination <2.2 × 10−16 66 0

Mitochondrial translation elongation <2.2 × 10−16 65 0
Peroxisomal protein import 2.5 × 10−10 47 0

Respiratory electron transport 3.4 × 10−10 39 0

3.4. Oxidative Phosphorylation KEGG Pathway

In accordance with the aims of this study, we restricted our detailed analysis to changes
in genes related to the oxidative phosphorylation KEGG pathway (Table 3). This pathway
showed no overlap in DEGs between sexes or diet comparisons, clearly demonstrating a
sex-dependent aging and maternal diet effect on the liver transcriptome.

Table 3. List of DEGs for males and females in each comparison of the oxidative phosphorylation
KEGG pathway.

Comparison Genes, Male p-Value Genes, Female p-Value

(1) MO-110PND vs.
C-110PND Maternal diet

effect (young)

atp5d, atp5g2, atp5i, atp5o, atp6v0a1,
atp6v1f, cox15, cox5b, cox7a2l, cyc1,
lhpp, ndufa10l1, ndufa11, ndufa12,
ndufa9, ndufb10, ndufb11, ndufb2,

ndufb3, ndufb6, ndufb8, ndufc2, ndufs1,
ndufs2, ndufs7, ndufs8, ndufv1, ndufv2,
ndufv3, ppa2, sdha, sdhb, tcirg1, uqcr11,

uqcrc1, uqcrc2,

7.8 × 10−5 cox6a ---
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Comparison Genes, Male p-Value Genes, Female p-Value

(2) MO-650PND vs.
C-650PND Maternal diet

effect (old)
atp6v0a4, atp6v0a2 ----

atp5f1a, atp5f1b, atp5f1c, atp5f1c,
atp5f1d, atp5f1e, atp5mc1, atp5mc2,

atp5me, atp5mf, atp5mg, atp5pb, atp5pd,
atp5pf, atp5po, atp6ap1, atp6v0a1,

atp6v0a2, atp6v0a2, atp6v0c, atp6v0d1,
atp6v0d2, atp6v0e1, atp6v1a, atp6v1b2,
atp6v1c1, atp6v1c2, atp6v1d, atp6v1e1,

atp6v1f, atp6v1g1, atp6v1h, cox15,
cox17, cox4i1, cox5a, cox5b, cox6a1,

cox6b1, cox6c, cox7a2, cox7a2l,
cox7a2l2, cox7b, cox7c, cox8a, cox8b,

cyc1, lhpp, ndufa1, ndufa10, ndufa10l1,
ndufa11, ndufa12, ndufa13, ndufa2,

ndufa4, ndufa5, ndufa6, ndufa7, ndufa8,
ndufa9, ndufab1, ndufb10, ndufb11,

ndufb2, ndufb3, ndufb4, ndufb5, ndufb6,
ndufb7, ndufb8, ndufb9, ndufc2, ndufs1,
ndufs2, ndufs3, ndufs4, ndufs5, ndufs6,
ndufs7, ndufs8, ndufv1, ndufv2, ndufv3,

ppa1, ppa2, sdha, sdhb, sdhc, sdhd,
tcirg1, uqcr10, uqcr11, uqcrb, uqcrc2,

uqcrfs1, uqcrh, uqcrq

1.3 × 10−8

(3) C-650PND vs. C-110
PND Aging effect in

controls

atp5f1c, atp5mc1, atp5me, atp5mf,
atp5mg, atp5pb, atp5pd, atp5pf, atp5po,
atp6v0a2, atp6v0c, atp6v0d1, atp6v0e1,

atp6v1a, atp6v1f, atp6v1g1, atp6v1h,
cox15, cox17, cox4i1, cox5a, cox5b,

cox6a1, cox6b1, cox6c, cox7a2, cox7a2l,
cox7a2l2, cox7b, cox7c, cox8a, ndufa1,
ndufa10l1, ndufa11, ndufa12, ndufa13,
ndufa2, ndufa4, ndufa5, ndufa6, ndufa7,

ndufa8, ndufa9, ndufb10, ndufb11,
ndufb2, ndufb3, ndufb4, ndufb5, ndufb6,
ndufb7, ndufb9, ndufs3, ndufs5, ndufs6,
ndufs8, ndufv1, ndufv2, ndufv3, ppa1,
ppa2, sdhb, sdhc, sdhd, tcirg1, uqcr10,

uqcrb, uqcrfs1, uqcrh, uqcrq

2.42 × 10−14 cox6a, cox8, atpev1c ---

(4) MO-650PND vs.
MO-110PND Aging effect

in MO
Cox8 ---

ap2s1, apaf1, atp5f1c, atp5f1d, atp5f1e,
atp5mc1, atp5mc2, atp5pb, atp5pd,

atp5pf, atp5po, bax, casp3, cox4i1, cox5a,
cox5b, cox6a1, cox6b1, cox6c, cox7a2,

cox7a2l, cox7a2l2, cox7b, cox7c, cox8a,
cox8b, crebbp, creb3l1, cycs, cyct, cyct,

dlg4, dnah1, gpx1, hdac2, ndufa1,
ndufa10, ndufa11, ndufa12, ndufa13,

ndufa2, ndufa4, ndufa5, ndufa6, ndufa7,
ndufa9, ndufab1, ndufb10, ndufb11,

ndufb2, ndufb3, ndufb4, ndufb5, ndufb6,
ndufb7, ndufb9, ndufc2, ndufs3, ndufs4,
ndufs5, ndufs6, ndufs7, ndufs8, ndufv2,

ndufv3, plcb1, polr2f, polr2g, polr2h,
polr2i, polr2j, polr2k, pparg, sdhd,

slc25a5, sod1, sod2, uqcr10, uqcr11,
uqcr11, uqcrb, uqcrfs1, uqcrh, uqcrq,

vdac3

<2.2 × 10 −16

The genes in bold were up-regulated between comparisons in each sex.

Figure 2 shows the overlapping genes between the comparisons for aging (1) C-650PND
vs. C-110PND and for programming by obesity (2) MO-110PND vs. C-110PND. Genes
that were in common in these two comparisons were involved in premature liver aging,
specifically in the oxidative phosphorylation KEGG pathway (Figure 2A) and on the ETC
Wikipathway (Figure 2B).
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Figure 2. Overlapping genes for (A) the oxidative phosphorylation KEGG pathway and (B) the
electron transport chain (Wikipathway) between the comparisons C-650PND vs. C-110PND and
MO-110PND vs. C-110PND, enriched with common DEGs of male premature aging. Genes that were
down-regulated in both comparisons are indicated in blue.

3.5. Male and Female Liver Oxidative Phosphorylation Complexes

We selected one representative gene from each oxidative phosphorylation complex.
In males, the genes ndufa10 (Complex I), sdhc (Complex II), cox5a (Complex IV), and
atp5f1 (Complex V) were down-regulated in the groups MO-110PND, C-650PND, and
MO-650PND in comparison to the C-110PND group (Figure 3A–D). In contrast, the gene
expression of ndufa10, sdhc, cox5a, and atp5f1 was down-regulated only in MO-650PND
females (Figure 4A–D).
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Figure 3. Male hepatic gene expression and protein abundance of four proteins in oxidative phospho-
rylation complexes in the control (C) and maternal obesity (MO) groups. Gene expression level (Log2
RPKM) of (A) ndufa10; (B) sdhc; (C) cox5a; (D) atp5f1; the immunostained area (%) of (E) Ndufa10;
(F) Sdhc; (G) Cox5a; (H) Atp5f1; and (I) representative IHC micrograph (40×). Data for RNA-seq,
mean Log2 RPKM ± SEM. Protein values are mean ± SEM. p < 0.05 for data not sharing a lowe case
letter between groups. N = 5–6 rats/group/litter. PND = Postnatal days. Scale bar: 50 μm.

To determine whether changes in gene expression are associated with changes in
gene protein products, proteins encoded by the ndufa10, sdhc, cox5a, and atp5f1 genes were
quantified by an IHC analysis. Males in the MO-110PND, C-650PND, and MO-650PND
groups exhibited a lower liver fractional area being stained for Sdhc and Atp5f1 proteins
than those in the C110-PND group; for the Ndufa10 and Cox5b proteins, only the MO-
650PND group differed from the C-110PND group (Figure 3E–H). In contrast, the results
for females varied across all proteins evaluated. The percentage of the Ndufa10 protein’s
stained area was higher in MO-650PND compared to C-110PND, with no differences
between the MO-110PND and C-650PND groups. In terms of the Sdhc protein, C650-
PND and MO-650PND had higher percentages of stained areas compared to the C and
MO groups at younger ages. The Cox5a protein was similar in all groups; whereas, the
groups from obese mothers, regardless of age, exhibited lower percentages of stained
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areas for the Atp5f1 protein (Figure 4E–H). Figures 3I and 4I show representative sections
stained by IHC analysis for all of the oxidative phosphorylation proteins for males and
females, respectively.

 
Figure 4. Female hepatic changes in gene expression and abundance of proteins in four oxidative
phosphorylation complexes in the control (C) and maternal obesity (MO) groups. Gene expres-
sion (Log2 RPKM) of (A) ndufa10; (B) sdhc; (C) cox5a; (D) atp5f1; the immunostained area (%) of
(E) Ndufa10; (F) Sdhc; (G) Cox5a; (H) Atp5f1; and (I) representative IHC micrograph (40×). Data for
RNA-seq, mean Log2 RPKM ± SEM. Protein values are mean ± SEM. p < 0.05 for data not sharing a
lower case letter between groups. n = 5–6 rats/group/litter. PND = Postnatal days. Scale bar: 50 μm.

3.6. Male and Female Liver Sirtuins

The sirt-2 mRNA expression and protein content were both decreased in all groups
in comparison to the C-110PND group (Figure 5A,B). Despite C-650PND exhibiting the
lowest level of sirt-3 gene expression, the protein abundance did not differ from C110PND;
for the groups representing maternal obesity (MO-110PND and MO-650PND), both gene
and protein contents were lower compared to C-110PND (Figure 5D,E). Figure 5C,F show
representative sections stained by IHC analysis for the Sirt-2 and Sirt-3 proteins, respectively.
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Figure 5. Male hepatic gene expression and protein abundance of Sirt-2 and Sirt-3 in the control
(C) and maternal obesity (MO) groups. (A) Expression level of sirt-2 (Log2 RPKM); (B) Sirt-2
immunostained area (%); (C) representative IHC micrograph of Sirt-2 (40×); (D) expression level of
sirt-3 (Log2 RPKM); (E) Sirt-3 immunostained area (%); and (F) representative IHC micrograph of
Sirt-3 (40×). Data for RNA-seq, mean Log2 RPKM ± SEM. Protein values are mean ± SEM. p < 0.05
for data not sharing a lower case letter between groups. n = 5–6 rats/group/litter. PND = Postnatal
days. Scale bar: 50 μm.

In terms of sirtuin gene expression in female livers, only the MO-650PND group showed
a decrease in sirt-2 and sirt-3 (Figure 6A and D, respectively). However, unexpectedly Sirt-
2 and Sirt-3 protein content was higher in C-650PND, and even higher in MO-650PND,
compared to MO-110PND and C-110PND (Figure 6B,E). Figure 6C,F show the representative
sections stained by IHC analysis for the Sirt-2 and Sirt-3 proteins, respectively.

 

Figure 6. Female hepatic gene expression and protein abundance of Sirt-2 and Sirt-3 in the control
(C) and maternal obesity (MO) groups. (A) Expression level of sirt-2 (Log2 RPKM); (B) Sirt-2
immunostained area (%); (C) representative IHC micrograph of Sirt-2 (40×); (D) expression level of
sirt-3 (Log2 RPKM); (E) Sirt-3 immunostained area (%); and (F) representative IHC micrograph of
Sirt-3 (40×). Data for RNA-seq, mean Log2 RPKM ± SEM. Protein values are mean ± SEM. p < 0.05
for data not sharing a lower case letter between groups. n = 5–6 rats/group/litter. PND = Postnatal
days. Scale bar: 50 μm.
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3.7. Male and Female Liver Sod-1 and Catalase

For males, the groups C-650PND and MO-650PND presented less gene expression and
a lower protein percentage of the area stained for Sod-1 and Cat compared to C-110PND
(Figure 7A,B,D,E). Figure 7C,F show representative sections stained by IHC analysis for
Sod-1 and catalase proteins, respectively.

Figure 7. Male hepatic gene expression and protein abundance of Sod-1 and Catalase in the control
(C) and maternal obesity (MO) groups. (A) Expression level of sod-1 (Log2 RPKM); (B) Sod-1
immunostained area (%); (C) representative IHC micrograph of Sod-1 (40×); (D) expression level of
catalase (Log2 RPKM); (E) Cat immunostained area (%); and (F) representative IHC micrograph of
Cat (40×). Data for RNA-seq, mean Log2 RPKM ± SEM. Protein values are mean ± SEM. p < 0.05 for
data not sharing a lower case letter between groups. n = 5–6 rats/group/litter. PND = Postnatal days.
Scale bar: 50 μm.

In females, sod-1 and catalase gene expression were only down-regulated in the MO-
650PND group in comparison to all groups (Figure 8A and D, respectively). However, when
it came to the Sod-1 protein, MO-650PND had a higher protein percentage of area stained
than C-110PND and C-650PND (Figure 8B). Regarding the catalase protein, C-650PND and
MO-650PND exhibited higher protein concentrations than C-110PND and MO-110PND
(Figure 8E). Figure 8C,F show representative sections stained by IHC analysis for the Sod-1
and catalase proteins, respectively.
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Figure 8. Female hepatic gene expression and protein abundance of Sod-1 and catalase in the
control (C) and maternal obesity (MO) groups. (A) Expression level of sod-1 (Log2 RPKM); (B) Sod-1
immunostained area (%); (C) representative micrograph of Sod-1 (40×); (D) expression level of cat
(Log2 RPKM); (E) Cat immunostained area (%); and (F) representative micrograph of Cat (40×).
Data for RNA-seq, mean Log2 RPKM ± SEM. Protein values are mean ± SEM. p < 0.05 for data
not sharing a lower case letter between groups. n = 5–6 rats/group/litter. PND = Postnatal days.
Scale bar: 50 μm.

4. Discussion

Exposure to a high-fat diet prior to and/or during pregnancy and lactation has long-
term consequences for both mothers and their offspring. Maternal obesity increases off-
spring liver fat accumulation, which negatively affects offspring metabolism and predis-
poses neonates and children to obesity and NAFLD, increasing oxidative damage, inflam-
mation, insulin resistance, lipid metabolism, and mitochondrial function [31]. The fetal liver
function is immature and vulnerable to dysregulated maternal metabolism. Exposing the
fetus to an excess of metabolic fuels from an obese mother during gestation contributes to
the programming of NAFLD in childhood [36,38,44]. Studies in rodents [4,10,45], ewes [15],
and non-human primates [46] have shown that maternal obesity programs offspring to de-
velop hepatic metabolic disorders later in life and correlates with the severity of childhood
NAFLD [47].

There is also considerable interest in the potential that developmental programming
can alter the trajectory of aging [48–50]. Aging is a multifactorial degenerative process in
which physiological and metabolic processes decline and is a risk factor for the development
of metabolic diseases [51]. The natural biological changes that occur during aging differ
among major organs and are sexually dimorphic [52]. In this regard, males aged earlier
than females [53]. In humans, fatty liver disease is more severe and has a worse prognosis
in the elderly than in young adults [54].

In addition to alterations in genes, proteins, and metabolites, liver aging is accompa-
nied by a redox imbalance and a decline in hepatic metabolism. Among the alterations
associated with liver aging, several signaling pathways are implicated, such as those re-
lated to xenobiotic metabolism, lipid metabolism, oxidative stress [55], cell growth [56],
immune cell responses [53,57], metabolic processes, cell activation [57], and inflammatory
processes [58,59].

In our animal model, the male and female offspring of obese mothers have higher
adiposity indexes, triglycerides, and insulin resistance compared to those of control moth-
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ers. Males from the MO group exhibit greater physiological and histological NAFLD
characteristics than females at 110 days [4]. Also, human studies indicate that the preva-
lence of NAFLD is higher in men [60]. However, little is known about developmental
programming–aging interactions and the molecular mechanisms of NAFLD programmed
by MO.

Our observations showed that where genes that were down-regulated in C-650PND
vs. C-110PND (natural aging) were also down-regulated in the MO-110PND vs. C-110PND
comparison (effect of maternal diet at a young age) they were considered to be genes
programmed by maternal obesity to age prematurely. Furthermore, at a young age, we
observed sex differences in the gene expression profiles between the offspring of obese
mothers and offspring born to the control mothers, as well as in the natural liver aging
course in our animal model at old age (650PND) vs. young age (110PND), with males again
having more pronounced changes. Clearly, in all studies, the sexual dimorphism of the
outcomes must be addressed in determining the underlying mechanisms involved.

In the MO-programmed NAFLD phenotype, we have also previously observed im-
portant metabolic and liver oxidative stress sexual dimorphism. In the liver transcriptomic
analysis, we observed diet and age effects in a sex-dependent manner regarding mitochon-
drial pathways. In our model, we reported the phenotypic characterization of NAFLD in
the offspring of obese mothers [10]. The changes observed in MO offspring compared to C
offspring were programmed by the mother’s consumption of a high-fat diet; since offspring
were weaned onto a C diet and did not consume a high-fat diet, the observed changes in the
NAFLD phenotype in gene expression and protein concentration were programmed from
fetal and neonatal exposure to excess fetal nutrients. Importantly, changes in mitochondrial
function have been demonstrated from fetal and neonatal ages, prior to the establishment
of NAFLD [31].

The liver is an organ that plays a central role in the body’s main metabolic processes,
including energy production, and is therefore essential for regulating energy balance [61].
In this regard, oxidative phosphorylation is by far the principal pathway for cellular energy
production and is the primary source of ROS production [62]. Aging induces morphological,
structural, and functional changes in the liver, as well as increased levels of ROS, oxidative
damage, decreased mitochondrial energy production capacity, and dysfunction of the res-
piratory chain [62–64]. Among the molecular mechanisms of NAFLD programmed by MO,
major pathways and genes related to mitochondrial function, such as lysosome, ribosome,
peroxisome, TCA cycle, mitophagy, ETC, oxidative stress, and oxidative phosphorylation,
are involved in premature aging in males. Therefore, mitochondria and peroxisomes are
significant ROS sources [64].

We studied genes involved in oxidative phosphorylation as possible contributors to
increased ROS concentrations. During both normal aging and accelerated aging in the
offspring of obese mothers, a number of sex-related gene-expression changes were detected.
Age-related declines in mitochondrial function and antioxidant enzymes result in a rise in
mitochondrial ROS production. Different studies comparing old and young animals have
evaluated mitochondrial function and found that the number of mitochondria and the
mitochondrial protein concentrations decrease with age in the liver cells of mice, rats, and
humans [24]. In addition, the respiratory chain capacity of liver mitochondria in aged rats
(720 days) is reduced by 40% compared to young rats (90–120 days) [25]. Mitochondrial
dysfunction is one of the hallmarks of aging [22–27,65,66] and is related to the progression
of NAFLD.

In males, maternal obesity and aging led to the down-regulation of representative
genes for Complexes I, II, IV, and V. These findings are consistent with the decreased
immunolocalization of Complexes I and IV, mainly in the MO groups, as well as the
decreased immunolocalization of Complexes II and V observed in the MO and aged groups.
In fact, the activity of Complexes I and IV decreased with age in the livers of mice and rats;
whereas, the activity of Complexes II, III, and IV remained relatively unchanged [25]. In a
mouse model of maternal obesity, it has been reported that 105-day-old female offspring
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reduced the hepatic mitochondrial ETC activity of Complexes I, II/III, and IV [32]. This
observation suggests the presence of post-translational mechanisms in ETC-associated gene
expression. Maternal obesity also programs increased adiposity in males and females [7],
which worsens with age [10]. In this regard, it is known that obesity alone accelerates
aging and adipose tissue dysfunction can be observed earlier than in normal aging [67]. In
addition, the continued delivery of FFAs to liver mitochondria induces a hypermetabolic
state, as occurs with insulin resistance, which further impairs mitochondrial bioenergetics
in the adipocytes of diabetic (db/db) individuals. This situation may resemble our model
in which the offspring of obese mothers accumulated much dysfunctional adipose tissue
with signs of insulin resistance in which the suppressed expression of mitochondrial
proteins caused mitochondrial loss, decreased fatty acid oxidation, and lowered ATP
production [68]. Thus, the loss of mitochondrial function plays an important role in the
progression of NAFLD [29].

MO led to the down-regulation of representative genes for Complexes I, II, IV, and V,
only in females at 650PND. Nevertheless, the increased immunolocalization of Complexes
I and II was mainly observed in aged offspring MO females. These findings suggest an
adaptation mechanism for offspring MO females as they age. Compared to males, females
have greater respiratory function and mitochondrial biogenesis in several tissues [69].
In addition, females exhibit a tighter regulation of mitochondrial processes than males,
which affords them increased protection in the presence of metabolic challenges [70].
In this regard, the ETC can be regulated through the expression of Complexes I and
II by tuning the availability of NADH and succinate [71]. In addition, the observed
increased immunostaining for Complex II, which catalyzes the oxidation of succinate
to fumarate, suggests a mechanism for protecting the integrity of the TCA cycle and
oxidative phosphorylation [72]. Regardless of age, the decreased immunolocalization of
Complex V was observed mainly in the MO groups for both sexes. The primary function
of mitochondria is to generate ATP via oxidative phosphorylation, which is carried out by
the four respiratory chain complexes (I–IV) and the ATP synthase (Complex V), which are
localized within the mitochondrial inner membrane.

Through the ATP synthase system, the ETC is tightly coupled with the oxidative
phosphorylation pathway to enable the production of metabolically useful energy in the
form of ATP. The lack of consistency observed between the transcription and expression
of mitochondrial complexes in each sex indicates that mitochondrial biogenesis is sex-
dependent. The increased expression of sirt-2 (from the cytoplasm) and sirt-3 (from the
mitochondria) that we observed in females in the offspring of the MO 650PND group
may be related to a potential increase in mitochondrial biogenesis as SIRTs are known to
indirectly regulate the expression of mitochondrial biogenesis through PGC-1 activation.

NAFLD is graded as simple steatosis, nonalcoholic steatohepatitis (NASH), liver cirrho-
sis, or hepatocellular cancer [73]. The progression from simple steatosis to NASH involves
the generation of reactive oxygen species, lipotoxicity, and inflammatory cytokines [74]. The
sirtuins family are highly conserved NAD+-dependent histone deacetylases that have been
related to antioxidant and oxidative stress-related processes and functions like longevity,
mitochondrial function, DNA-damage repair, and metabolism [75]. In mammals, seven
members (sirt1-7) have been identified, with sirt-2 being the least recognized but highly
expressed in metabolically active tissues, including the liver, heart, brain, and adipose
tissue [76]. In obese mice, it has been shown that sirt-2 hepatic overexpression ameliorates
insulin sensitivity, oxidative stress, and mitochondrial dysfunction [77]. However, a link
between sirt-2 and NAFLD has not yet been established. In obese ob/ob mice and HFD-fed
mice, it has been reported that liver Sirt-2 protein levels gradually decreased with age.
This reduction was also confirmed in HepG2 cells treated with palmitate in a time- and
dose-dependent manner, indicating that hepatic sirt-2 expression significantly decreased
in the context of NAFLD [78]. Our findings showed that maternal obesity decreased liver
sirt-2 expression in offspring in a sex-dependent manner, with the reduction starting at
PND110 in MO males and PND650 in females. The sirt-3 is also highly expressed in the liver
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and other metabolic tissues with high oxidative capacity. Sirt-3 plays an important role in
mitochondrial metabolism through the reversible acetylation of mitochondrial proteins [79].
Low Sirt-3 activity, mitochondrial dysfunction, and protein hyperacetylation were observed
in the liver of mice fed a chronic HFD [80]. In a separate study, sirt-3-deficient mice fed a
chronic HFD developed obesity, insulin resistance, and steatohepatitis more rapidly than
wild-type mice [81]. Our findings showed that maternal obesity decreased liver sirt-3
expression in a sex-dependent manner, with the reduction starting at 110PND in MO
males and 650PND in MO females. Therefore, the reduction in sirt-2 and sirt-3 expression
might be related to the decline in the expression of antioxidant enzyme genes and the
increased reactive oxygen species, oxidative stress, and fatty liver accumulation [10]. It
is well known that oxidative stress contributes to aging. During the aging process, cells
defend themselves against oxidative damage by expressing a variety of non-enzymatic
and enzymatic antioxidant defenses that convert ROS into less dangerous byproducts. Sod
converts the anion superoxide to hydrogen peroxide and it mitigates the ROS produced
by the mitochondria; but, as NAFLD progresses, Sod decreases. In the present study, age
and diet reduced sod gene expression in both males and females. However, the amount
of protein was higher in MO-650PND compared to MO-110PND and the C group. This
observation merits further study. It may be due to post-translational changes in protein
production. In mice, the deletion of liver sod-1 accelerates aging, shortens the life span, and
results in the development of hepatocellular carcinoma [82].

The observed changes in gene and protein expression associated with the mitochon-
drial function pathways (Figure 9), together with those previously observed in our experi-
mental model, such as insulin resistance, increased liver fat accumulation, visceral fat and
oxidative stress, decreased antioxidant enzymes, and liver morphological alterations in
MO offspring, contribute to the programming of the MO offspring fatty liver phenotype.
Likewise, the differences in the changes in gene expression observed between the diet,
age, and sex comparisons could be associated with the severity of the fatty liver over the
life span as the changes observed at 110PND remain at age 650PND. This study links
mitochondrial function to signaling pathways that regulate the life span and the aging
process; it demonstrates the role and importance of the mitochondria in the predisposition
to developing NAFLD.

  

Figure 9. Summary of findings.

5. Conclusions

Maternal obesity programs sex-specific changes associated with the natural aging
process leading to liver dysfunction in offspring. In males at 110PND, maternal obesity
accelerates the age-associated down-regulation of genes and pathways related to mitochon-
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drial function. In females, these programming effects occur at 650PND. Moreover, maternal
obesity programs decreased offspring liver ETC gene expression, especially Complex 1,
the major site of ROS production. These changes can lead to metabolic dysfunction and
offspring obesity and are potential mechanisms for programming offspring from maternal
obesity life-course metabolic dysfunction.
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Simple Summary: Obesity during pregnancy can impact the development of the fetus and
increase the risk of diseases throughout life, beginning from an early stage. We proposed
that maternal obesity, caused by excess nutrient intake, affects the offspring’s skeletal
muscle by causing inflammation and disrupting the normal function of mitochondria,
essential structures for producing energy in cells. To investigate this, female baboons were
fed either a normal diet or a nutrient-excess diet with increased fat and sugar content before
and during pregnancy. Near the end of gestation, muscle samples from baboon fetuses
from mothers on the nutrient-excess diet showed increased indicators of inflammation and
decreased levels of key players for proper mitochondrial function. These changes suggest
that maternal nutrient excess interferes with mitochondrial metabolism, which may raise
the risk of metabolic diseases like diabetes early in life.

Abstract: Maternal obesity programs the fetus for increased risk of chronic disease devel-
opment in early life and adulthood. We hypothesized that maternal nutrient excess leads
to fetal inflammation and impairs offspring skeletal muscle mitochondrial biogenesis in
non-human primates. At least 12 months before pregnancy, female baboons were fed a
normal chow (CTR, 12% energy fat) or a maternal nutrient excess (MNE, 45% energy fat,
and ad libitum fructose sodas) diet, with the latter to induce obesity. After 165 days of
gestation (0.9 G), offspring baboons were delivered by cesarean section, and the soleus
muscle was collected (CTR n = 16, MNE n = 5). At conception, MNE mothers presented
increased body fat and weighed more than controls. The soleus muscle of MNE fetuses
exhibited increased levels of stress signaling associated with inflammation (TLR4, TNFα,
NF-kB p65, and p38), concomitant with reduced expression of key regulators of mitochon-
drial biogenesis, including PGC1α, both at the protein and transcript levels, as well as
downregulation of PPARGC1B, PPARA, PPARB, CREB1, NOS3, SIRT1, SIRT3. Decreased
transcript levels of NRF1 were observed alongside diminished mitochondrial DNA copy
number, mitochondrial fusion elements (MFN1, MFN2), cytochrome C protein levels, and
cytochrome C oxidase subunits I and II transcripts (cox1 and cox2). MNE coupled to
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MO-induced stress signaling in fetal baboon soleus muscle is associated with impaired
mitochondrial biogenesis and lower mitochondrial content, resembling the changes ob-
served in metabolic dysfunctions, such as diabetes. The observed fetal alterations may have
important implications for postnatal development and metabolism, potentially increasing
the risk of early-onset metabolic disorders and other non-communicable diseases.

Keywords: maternal obesity; fetal programming; skeletal muscle metabolism; cellular
bioenergetics; developmental programming; nutrient excess

1. Introduction

Obesity is considered a global epidemic that has alarmingly reached middle- and
low-income countries and affects men and women of all ages [1]. The prevalence of obesity
in women of childbearing age is increasing [2]. According to the World Health Organization
(WHO), 17.9% of women aged 18 and over were obese in 2022, and 44% were overweight [3].
In the United States (US), where obesity has reached staggering proportions, almost 42% of
women aged 20 and over are obese, of whom around 40% are women between 20 and
39 years of age [4]. Moreover, the percentage of women in the US with pre-pregnancy
obesity increased to 29% in 2019 (26.1% in 2016) [5]. This increasing obesity trend has also
been observed among children [6]. The WHO estimated that 35 million children under
5 were overweight in 2024, and more than 390 million children and adolescents (5–19 years
of age) were overweight in 2022, of which 160 million were obese [3].

Numerous epidemiological studies have shown that maternal weight and nutrition dur-
ing pregnancy may have short- and life-long implications for the offspring’s health [7–10].
Increased maternal body mass index (BMI), either overweight (BMI ≥ 25 kg/m2) or obesity
(BMI ≥ 30 kg/m2) was associated with adverse neonatal outcomes, including large for gesta-
tional age, macrosomia, and extreme pre-term birth [7]. Studies also associated maternal obesity
(MO) with neonatal hyperinsulinemia [8] and hypoglycemia [8,9], independently of gestational
diabetes mellitus. A multi-cohort meta-analysis estimated that up to 41.7% of the children born
to mothers with pre-pregnancy overweight or obesity were themselves overweight or obese [8].
Maternal BMI was also strongly associated with early type 2 diabetes (T2D) and cardiovascular
disease development in the offspring of the Helsinki Birth Cohort Study [10].

Fetal exposure to an adverse intrauterine environment can induce metabolic program-
ming [11,12]. The skeletal muscle (SM) represents 40–50% of total body mass and has a
paramount role in whole body postprandial insulin-stimulated glucose uptake and fatty
acid utilization [13]. Given that muscle fibers do not increase in number after birth, poor
fetal SM development may result in permanently reduced muscle mass and function, with
long-term effects on body energy homeostasis, thus potentially representing an under-
lying cause for increased T2D predisposition. Lower muscle mass was associated with
increased diabetes development [14,15], independent of body fat distribution, in young
adults [14]. Considering the volume of epidemiological studies establishing associations
regarding maternal nutrition–adverse intrauterine environment– and developmental dis-
ease, it has become clear that the molecular pathways underlying offspring disease must
be tackled. Non-human primates (NHP) and other precocial species such as sheep [16] are
excellent models to achieve the closest translation to human health and disease, given their
similarities concerning genetics, physiology, immunology, the reproductive system, and
developmental processes [17].

The effects of MO and nutrient-excess diet during pregnancy on fetal SM have started
to be explored. Japanese macaques fetuses (130 days of gestation (d)) exposed to MO and
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western diet consumption during pregnancy (term 173 d) had reduced insulin-stimulated
glucose uptake and Akt phosphorylation [18], which we also found in our study in the fetal
SM of ewes at 135 d (term 148 d), similarly exposed to a nutrient-excess diet before and during
pregnancy [19]. While neither study showed changes in phosphorylated insulin receptor
substrate (IRS-1), Omar et al. reported an increased ratio of phosphorylated (inhibited) IRS-1 in
the fetal SM of ewes mid-gestation (75 d), along with elevated active c-jun-NH2 terminal kinase
(JNK) levels [20], which we also observed at late ewe gestation [19]. This kinase responds to
inflammatory signals and inhibits insulin signaling [21]. Maternal obesity is characterized
by a low-grade systemic and placental inflammation state [22]. Indeed, in our ewe model,
toll-like receptor (TLR) 4 levels were increased, as well as the levels of phosphorylated TLR
ligands activate IkB kinases (IKK) and nuclear factor-kB (NF-kB) p65 in the fetal SM [19],
indicating an MO-induced inflammatory environment for this model.

Despite this knowledge, the bridge between fetal SM inflammation and mitochondrial
(dys)function is yet to be established. Increasing evidence reports mitochondria, pivotal
controllers of oxidative phosphorylation and energy metabolism, as key players in the
underlying mechanisms of metabolic syndrome [23], obesity [24], diabetes [25], and other
chronic diseases. For example, obese individuals have abnormally shaped and less efficient
mitochondria, with compromised bioenergetic capacity and reduced oxidative capacity [24].
Mitochondrial density is reduced, and ATP production is compromised in T2D patients
and insulin-resistant individuals [25]. In T2D, skeletal muscle mitochondrial dysfunction is
observed through reduced levels of oxidative enzymes, decreased mitochondrial size, and
altered mitochondrial morphology, while reduced expression of oxidative metabolism and
mitochondrial respiration-related genes are reported as drivers of insulin resistance [26],
supporting mitochondrial dysfunction and obesity as risk factors for insulin resistance and
T2D development.

We hypothesized that obesity induced by MNE diet, before conception, and continued
during pregnancy, alters fetal soleus skeletal muscle development in offspring of a non-
human primate model, with consequences for mitochondrial biogenesis.

2. Materials and Methods

2.1. Care and Use of Animals

All animal procedures were approved by the Texas Biomedical Research Institute
(TBRI) Institutional Animal Care and Use Committee (protocol number 1675 PC) and
conducted in Association for Assessment and Accreditation of Laboratory Animal Care
international-approved facilities. The experimental design adhered to the ARRIVE guide-
lines and incorporated the principles of the 3Rs [27]. Animals were housed in group cages
with a floor area of 37 m2 and 3.5 m in height. Groups of up to 16 non-pregnant, outbred fe-
male baboons (Papio spp.) were initially housed with a vasectomized male in outdoor gang
cages to promote social stability, facilitate natural social behaviors, and ensure unrestricted
physical activity. Details of the housing structure and environmental enrichment have
been previously published [28]. Maternal morphometric measurements were performed
before pregnancy to ensure weight homogeneity and general morphometrics in females
randomly assigned to the two groups, as described elsewhere [29]. Nulliparous female
baboons of similar age and body weight (10–15 kg) were either assigned to the control
(CTR) or maternal nutrient-excess (MNE) group. Females in the CTR group (n = 16) were
fed normal chow, the Purina Monkey Diet 5038 (Purina LabDiets, St. Louis, MO, USA),
containing stabilized vitamin C and all required vitamins. MNE females (n = 5) had ad
libitum access to the same diet as the CTR group and additional ad libitum access to the
Purina 5045-6 (Purina LabDiets, St. Louis, MO, USA) high-fat and high-energy diet, as
well as free access to fructose sodas [28]. This diet was consumed for at least 12 months
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before pregnancy to increase body fat (Figure 1). The composition of each diet, along
with the basic composition of the biscuit, is presented in Table 1. Of note, the content
of protein and essential minerals and vitamins required for the baboon was matched for
both CTR and MNE diets. Twelve months after the nutritional intervention, a fertile male
was introduced into the group cages. Male baboons used for breeding were maintained
on standard chow and were not subjected to any dietary intervention. Female baboons
were monitored twice daily for general well-being and three times per week for perineal
turgescence and vaginal bleeding to determine the time of conception. Pregnancy was
dated initially by the changes in swelling of the sex skin and confirmed at 30 days of
gestation by ultrasonography. Only singleton pregnancies were studied.

Figure 1. Maternal diet before conception and during pregnancy until cesarean section (C-section) at
90% of the gestation (0.9 G). CTR—control diet; MNE—maternal nutrient-excess diet.

Table 1. Composition of experimental diets and basic biscuit formulation.

Energy Source (%) Purina Monkey Diet 5038 Purina 5045-6

Fat 12 45
Glucose 0.29 4.62
Fructose 0.32 5.64

Metabolizable Energy
Content (kcal/g)

3.07 4.05

Biscuit Basic Composition
Crude protein (≥15%), crude fat (≥5%), crude fiber (≤6%), ash

(≤5%), added minerals (≤3%)

2.2. Cesarean Sections and Tissue Sampling

Surgical procedures and postsurgical care were performed by a fully certified MD or
DVM. Cesarean sections were performed at 165 days of gestation (90% of the gestation,
0.9 G, Figure 1) under isoflurane anesthesia (2%, 2 L/min) [28]. Fetuses were euthanized by
exsanguination, removed from the uterus, and immediately submitted for morphometric
analyses and tissue sampling. Fetal soleus muscle was collected, aliquoted, immediately
snap frozen in liquid nitrogen, and stored at −80◦. Postoperative maternal analgesia was
provided with Buprenorphine hydrochloride 0.015 mg.kg−1.d−1 (Reckitt Benckiser Health
Care UK Ltd., Hull, UK) during 3 days. After recovering from anesthesia, the baboon
mothers were initially housed individually during the post-operative period. Following
this, they were group-housed for at least 90 days with a vasectomized male to prevent
pregnancy until the surgical site had fully healed [28].

2.3. Dual-Energy X-Ray Absorptiometry (DEXA)

To assess body adiposity before pregnancy, a DEXA scan was conducted in MNE
(n = 5) and CTR (n = 7) females after 12 months on the respective diets. For that, a GE Lunar
Prodigy 8743 (GE Healthcare, Madison, WI, USA) was used as previously described [30].
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2.4. Immunoblotting Analysis

Immunoblotting analyses were conducted according to the procedures previously de-
scribed [19]. Membranes were visualized using an Odyssey Infrared Imaging System (LI-COR
Biosciences, Lincoln, NE, USA). Band density was quantified and normalized to β-tubulin
protein levels. Immunoblotting was performed using the antibodies listed in Table S1.

2.5. Analysis of mtDNA Copy Number by Quantitative Real-Time PCR

Total DNA was extracted from the soleus skeletal muscle tissue using the QIAamp
DNA mini-kit (#50951304 Qiagen, Düsseldorf, Germany), according to the manufacturer’s
instructions. The SsoFast Eva Green Supermix (Bio-Rad, Hercules, CA, USA) was used to
perform the RT-PCR, with the primers listed in Table S2. DNA amplification was performed
with an initial cycle of 2 min at 98 ◦C, followed by 40 cycles of 5 s at 98 ◦C plus 5 s at 60 ◦C.
For quality control, melting curves were performed, and no template controls were run.

For absolute quantification and amplification efficiency, standards at known copy
numbers were produced by purifying PCR products. After optimizing the annealing
temperature, products were amplified for each primer pair using the HotstarTaq Master
Mix Kit (#203445 Qiagen). The amplification protocol started with an initial activation step
of 15 min at 95 ◦C, followed by 35 cycles of 1 min at 94 ◦C plus 1 min at 60 ◦C, and 1 min
at 72 ◦C, and a final extension step of 10 min at 72 ◦C. After amplification, the products
were purified using the MiniElute PCR purification kit (#280006 Qiagen) following the
manufacturer’s instructions. All DNA was quantified using a Nanodrop 2000 device
(ThermoFisher Scientific, Waltham, MA, USA), and all reactions were performed in a
CFX96 real-time PCR system (Bio-Rad). mtDNA copy number was determined by the ratio
between the absolute amounts of mitochondrial gene ND1 versus nuclear gene B2M, using
the CFX96 Manager software (v. 3.0; Bio-Rad).

2.6. Real-Time Quantitative PCR (RT-PCR)

Total mRNA was extracted from the fetal soleus muscle using TRI reagent (Sigma, St.
Louis, MO, USA) and reverse transcribed into cDNA using a kit (Qiagen, Valencia, CA,
USA). RT-PCR was performed using the SYBR Green RT-PCR kit from Bio-Rad (Hercules,
CA, USA) in a CFX96 real-time PCR system. The reaction was set with the CFX96 Manager
software (v. 3.0; Bio-Rad). The list of primers is given in Table S2. Each reaction yielded
amplicons between 80–200 bp. PCR conditions were as follows: 10 s at 95 ◦C, 10 s at 58 ◦C,
and 30 s at 72 ◦C for 40 cycles. After amplification, a melting curve (0.01 C/s) was used to
confirm product purity. The changes in the threshold cycle (CT) values were calculated
by the equation CT = CT target − CT input. The fold differences were calculated by the
2−(dCT) method [31]. Results are expressed relative to β-actin.

2.7. Measurement of Citrate Synthase and β-Hydroxyacyl-CoA Dehydrogenase Enzyme Activity

Citrate synthase and β-Hydroxyacyl-CoA dehydrogenase activities were measured by
adapting the previously described protocol [32]. The detailed methodology description of
each enzymatic activity is provided in the Supplementary Material.

2.8. Statistical Analysis

Each pregnant animal or the respective offspring was considered as an experimental
unit. Data were analyzed as a complete randomized design using GLM (General Linear
Model of Statistical Analysis System, SAS). For the offspring, the control group was composed
of 8 female and 8 male fetuses, and the MNE group of 3 female and 2 male fetuses. The
discrepancy of sample size between the two experimental groups resulted from the collection
of additional soleus muscle samples from control groups of parallel studies conducted in the
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same facility, allowing a more robust analysis. Importantly, the variability and main findings
remained consistent with results from smaller groups, ensuring reliability. An initial analysis
of offspring birth weight and citrate synthase (CS) enzyme activity was performed to assess
potential sex differences. CS activity serves as a reliable marker of mitochondrial content
and oxidative capacity. Since no differences were observed between female and male fetuses
(mean ± SEM: 800.5 ± 34.2 g vs. 859.0 ± 41.7 g in CTR, respectively, and 668.1 ± 64.3 g vs.
686.0 ± 13.0 g in MNE, respectively), data were pooled. Differences in mean values were
compared by Tukey’s multiple comparison test, which controls for Type I error across pairwise
comparisons. Mean ± standard errors of mean (SEM) are reported. Statistical significance
was considered as * p < 0.05, ** p < 0.01 for MNE vs. CTR.

3. Results

In this study, we evaluated the effects of a maternal nutrient-excess diet (MNE) and
maternal obesity at conception on fetal soleus muscle at 0.9 G in a baboon model. Maternal
obesity was induced through the MNE diet described, starting 12 months before conception
and maintained during pregnancy (Figure 1).

3.1. Maternal and Fetal Body Weight

The MNE 12-month diet intervention increased female body weight by 18% at con-
ception compared to females fed a normal chow diet during the same period (p < 0.05,
Figure 2A). The DEXA scan performed at conception revealed that MNE mothers had a
significant increase in overall body adiposity (p < 0.05, Figure 3A), especially denoted in the
maternal trunk (~30% increase, Figure 3B) but also observed in the legs (~12.5%, Figure 3C)
and arms (~10%, Figure 3D). CTR mothers gained on average 1.7 kg (9.4%) during gestation,
while MNE mothers lost nearly 0.5 kg (2.5%) (p < 0.01, Figure 2C), displaying a similar
body weight at cesarean section (Figure 2B). At cesarean section, fetuses of MNE mothers
presented a 16% lower body weight compared to CTR fetuses (p < 0.01, Figure 2D).

Figure 2. Body weight of mothers subjected to a control (CTR) or maternal nutrient-excess (MNE)
diet, and respective fetuses developed in these different maternal conditions. (A) Maternal body
weight at conception (baseline). (B) Maternal body weight at cesarean section (90% of the gestation).
(C) Maternal weight gain during pregnancy. (D) Fetal body weight at cesarean section. CTR: open,
n = 16; MNE: closed, n = 5. Data are expressed as mean ± SEM. ** p < 0.01, * p < 0.05.
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Figure 3. Maternal fat percentage from DEXA scan evaluation after 12 months on the control (CTR) or
maternal nutrient-excess (MNE) diet, before conception. (A) Total body fat percentage. Fat percentage
in the (B) trunk, (C) legs, and (D) arms. CTR: white, n = 7; MNE: black, n = 5. Data are expressed as
mean ± SEM; * p < 0.05.

3.2. MNE Increased Stress and Pro-Inflammatory Markers in Fetal Soleus Muscle

In light of the characteristic low-grade inflammation associated with obesity, we
evaluated the effects of maternal obesity at conception and the MNE diet before and during
pregnancy on markers related to inflammation and stress signals within the fetal soleus
muscle. The transcript levels of TNF and TLR4 were increased in the soleus muscle of MNE
fetuses (p < 0.05 and p < 0.01, respectively, Figure 4A). A higher WB band density of the
proteins encoded by these genes was also observed (p < 0.05, Figure 4B). Moreover, the
MNE diet contributed to an increased ratio between the phosphorylated form of the NF-kB
subunit p65 (Ser536) to total p65 protein content (p-p65/p65, p < 0.05, Figure 4C), suggesting
the activation of the NF-kB pro-inflammatory pathway in the soleus muscle. A pro-
inflammatory environment is further suggested by the observed activation of the p38 MAPK
canonical pathway by higher levels of the phosphorylated form of p38 (Thr180/Tyr182)
in fetal soleus muscle (p-p38, p < 0.05, Figure 4D). Pro-inflammatory signaling is usually
associated with altered mitochondria function in several tissues, particularly in the context
of chronic diseases, disrupting mitochondrial homeostasis and oxidative capacity [23,24].
Therefore, we next addressed how maternal obesity at conception induced by an MNE diet
maintained during pregnancy affected fetal soleus muscle mitochondria quality control.

3.3. Mitochondrial Biogenesis and Mitochondrial Fusion Markers Are Decreased in the Soleus
Muscle of MNE Fetuses

The peroxisome proliferator-activated receptors (PPAR) family plays a crucial role
in cellular energy homeostasis regulation and metabolic function. In skeletal muscle,
PPARs are highly involved in energy utilization and substrate preference but also play
a role in inflammation. The relative mRNA levels of PPARA PPARD were decreased in
the MNE fetal soleus muscle (p < 0.05, Figure 5A). Lower levels of the transcriptional
co-activators of the PPARγ co-activator family, PPARGC1A and PPARGC1B, known as the
“master regulators” of mitochondrial biogenesis, were also observed (p < 0.01 and p < 0.05,
respectively, Figure 5A). This was accompanied by decreased cAMP responsive element
binding protein 1 (CREB1) and endothelial nitric oxide synthase (NOS3 transcript levels
(p < 0.05, Figure 5C). CREB1 and NO levels, the latter partly regulated by eNOS, are highly
involved in cellular signaling, contributing to the transcriptional induction of PGC1α, thus
promoting mitochondrial biogenesis [33]. The protein levels of PGC1α were also found
to be decreased in the MNE fetal soleus muscle (p < 0.05, Figure 5B). Furthermore, the
transcript levels of nuclear respiratory factor 1 (NRF1), a crucial factor for the transcription
of nuclear-encoded mitochondrial genes and whose expression is induced by PGC1α, were
also lower in the soleus muscle of MNE fetuses (p < 0.05, Figure 5C).
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Figure 4. Markers involved in pro-inflammatory pathways and stress responses in fetal baboon soleus
muscle at 90% of the gestation were exposed to different maternal conditions, including control (CTR)
diet and maternal nutrient-excess (MNE) diet, which included a high-fat, high-sugar diet, and free
access to high-fructose sodas. (A) Transcript levels of tumor necrosis factor α (TNF) and toll-like receptor
4 (TLR4). (B) Relative protein content of TNFα and TLR4. (C) Nuclear factor kappa-light-chain-enhancer
of activated B cells (NF-κB) subunit p65, phospho-p65 protein level, and ratio of phosphorylated p65 to
total protein. (D) Protein levels of phospho-p38 mitogen-activated protein kinase (MAPK). CTR: white,
n = 16; MNE: black, n = 5. Data are expressed as mean ± SEM. ** p < 0.01, * p < 0.05, § p < 0.10.

Since mitochondrial quality is also governed by mitochondria’s dynamic capacity,
i.e., fusion and fission processes, we assessed the levels of two transcripts involved in
mitochondrial fusion. The relative mRNA expression of mitofusin 1 and 2 (MFN1, MFN2)
was decreased in the MNE fetal soleus muscle (p < 0.05, Figure 5C), suggesting a potential
impairment in mitochondrial fusion, which may have implications for mitochondrial
quality control and performance.
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Figure 5. Effects of maternal nutrient excess (MNE) versus control (CTR) conditions on mitochondrial
biogenesis and fusion-related markers in the fetal soleus muscle at 90% of the gestation. (A) Transcript
levels of peroxisome proliferator-activated receptor (PPAR) α (PPARA) and PPARD and mitochondrial
biogenesis-related genes PPARγ coactivator 1 α (PPARGC1A) and PARGC1B. (B) Relative protein levels
of PGC1α. (C) Transcript levels of cAMP responsive element binding protein 1 (CREB1), endothelial
nitric oxide synthase (NOS3), mitofusin 1 (MFN1), MFN2, and nuclear respiratory factor 1 (NRF1); CTR:
white, n = 16; MNE: black, n = 5. Data are expressed as mean ± SEM. ** p < 0.01, * p < 0.05.

3.4. Fetal Soleus Muscle Expression of SIRT1 and SIRT3

Sirtuins are deacetylases involved in the regulation of various cellular processes,
including those related to mitochondrial function, biological responses to stress, metabolism
modulation, and development. Sirtuins also play a protective role in several chronic
diseases due to their distinct ability to regulate autophagy. While SIRT1 has a diverse
subcellular localization pattern, SIRT3 is primarily localized in mitochondria [34,35]. In
this study, SIRT1 and SIRT3 transcript levels were both lower in the soleus muscle of
MNE fetuses (p < 0.05, Figure 6A) and while only a decreasing trend was observed for
SIRT1 protein levels (Figure 6B), SIRT3 levels were lower in MNE fetal soleus muscle
(p < 0.05, Figure 6B), with possible implications for mitochondrial oxidative capacity and
function regulation.

Figure 6. Fetal soleus muscle expression of SIRT1 and SIRT3 at 90% of the gestation as a result of
control (CTR) or maternal nutrient-excess (MNE) diets. (A) Transcript levels of sirtuin 1 (SIRT1) and
SIRT3. (B) Relative protein content of SIRT1 and SIRT3. CTR: white, n = 16; MNE: black, n = 5. Data
are expressed as mean ± SEM. * p < 0.05, § p < 0.10.
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3.5. Decreased Fetal Skeletal Muscle Mitochondrial Abundance and Function

Diverse parameters can be used to assess mitochondrial health in frozen tissues. In this
work, we determined mitochondrial DNA copy number, often used as a direct indicator of
mitochondrial content. In the soleus muscle of MNE fetuses, mtDNA copy number was
decreased compared to the levels observed in CTR fetuses (p < 0.05, Figure 7A). Alterations
in transcripts and protein levels can often manifest as alterations in enzymatic activities.
Citrate synthase’s (CS) activity, commonly used as a marker to assess mitochondrial content,
showed a decreasing trend in the soleus muscle of MNE fetuses (Figure 7B). A similar trend
was observed in the activity of a key mitochondrial enzyme involved in the third reaction
of β-oxidation, the β-hydroxyacyl-CoA dehydrogenase (BHAD, Figure 7B). Elements of the
mitochondrial electron transport chain (ETC) might also be subject to dysregulation due to
chronic disease. In the fetuses of MNE mothers, the protein expression of cytochrome C
was lower (p < 0.05, Figure 7C). Cytochrome C is an ETC essential component that transfers
electrons between ubiquinol cytochrome C oxidoreductase (Complex III) and cytochrome C
oxidase (Complex IV), the latter being the terminal enzyme of the mitochondrial respiratory
chain, as it catalyzes the electron transfer from reduced cytochrome C to molecular oxygen.
Three mitochondrial DNA-encoded subunits compose the cytochrome C oxidase catalytic
core (COX I, COX II, and COX III). The transcript levels of the Icox1 and cox2 subunits were
decreased in the soleus skeletal muscle of MNE fetuses (p < 0.05, Figure 7D). All in all, these
data suggest impaired mitochondrial function in the soleus muscle of fetuses from mothers
obese at conception and fed an MNE diet throughout pregnancy.

Figure 7. Alterations in fetal soleus muscle mitochondrial content at 90% gestation in mothers
on control (CTR) or maternal nutrient-excess (MNE) diets. (A) Mitochondrial DNA copy number.
(B) Enzymatic activities of citrate synthase (CS) and β-hydroxyacyl-CoA dehydrogenase (BHAD).
(C) Relative protein content of cytochrome C. (D) Transcript levels of cytochrome C oxidase subunit 1
(cox1) and 2 (cox2). Control (CTR): white, n = 16; Maternal nutrient excess (MNE): black, n = 5. Data
are expressed as mean ± SEM. * p < 0.05, § p < 0.10.
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4. Discussion

Maternal obesity and nutrient-excess diets are increasingly common and can disrupt
fetal metabolism, with lasting effects on offspring health [36]. While adverse intrauterine
environments are linked to chronic disease risk, the molecular mechanisms involved remain
unclear. Using a non-human primate model (baboon), we show that maternal metabolic
stress activates pro-inflammatory and stress factors in the fetal soleus skeletal muscle,
affecting mitochondrial content and activity.

Consumption of an MNE diet at least 12 months pre-conception resulted in increased
pre-pregnancy body weight in female baboons and increased fat mass, especially in the
trunk, denoting a dysfunctional fat distribution. Obesity in humans also portrays an
abnormal fat distribution, predominantly in the upper body, with increased visceral fat
accumulation [37], which is associated with an increased risk of insulin resistance, dyslipi-
demia, hypertension, and other irregular metabolic factors observed within the metabolic
syndrome cluster [38] and that predispose for T2D and other chronic diseases [39].

In the current study, female baboons on the MNE diet presented reduced gestational
weight gain (GWG). Women with pre-pregnancy overweight or obesity have the highest
prevalence of excessive GWG [11]. Thus, studies have highly focused on how excessive
GWG on obese mothers predisposes them and their offspring to complications (e.g., macro-
somia) [40,41]. Some studies suggest that pre-pregnancy weight has a stronger impact on
childhood overweight/obesity [8], while emerging evidence links GWG below the guide-
lines in obese mothers to low birth weight and other offspring complications [42,43], even
independently of pre-pregnancy BMI [44]. As previously shown for our model, despite
the reduced GWG, MNE mothers show potential metabolic disturbances with increased
circulating levels of low-density lipoprotein and triglycerides during pregnancy compared
to CTR mothers. The increased triglycerides were still observed at cesarean section and
accompanied by increased levels of glucose and insulin [45]. A meta-analysis including
only obese women showed that mothers with inadequate GWG had a higher risk of having
small for gestational age babies [43]. Indeed, in our study, fetuses of MNE baboons had
decreased body weight at term, which could be a consequence of the observed low maternal
GWG. A compelling explanation for the observed effects could be the decreased placental
efficiency, previously reported in this model [46]. Similar effects were observed in offspring
of high-fat fed female mice [47,48]. Our model also previously showed decreased fetal
blood levels of amino acids directly involved in one-carbon metabolism, accompanied by a
higher Apolipoprotein B to Apolipoprotein A1 ratio, an established marker of atherogenic
and cardiovascular risk [46]. Moreover, circulating fetal insulin levels were increased at
cesarean section [45]. On another note, a human investigation that included 905 mother-
child pairs enrolled in the Hyperglycemia and Adverse Pregnancy Outcome (HAPO) study
revealed that independently of pre-pregnancy BMI, both excessive and inadequate GWG
were associated with increased offspring hypertension and insulin resistance at 7 years of
age [44]. Altered postnatal growth trajectories have already been reported in our model,
showing that offspring of obese mothers, with reduced body weight at the fetal stage, had
a steeper growth in their first 2 years of life [49].

The maternal obesity-promoted low-grade inflammation generates an intrauterine
environment suboptimal for offspring health. One well-known pro-inflammatory cytokine
is TNFα, which has been highly associated with obesity and T2D given its implications
for insulin signaling and insulin resistance development [50]. Although mostly known
as an adipokine, TNFα is also produced in SM [51]. Both transcript and protein TNFα
levels were increased in the SM of MNE fetuses, and these were accompanied by increased
levels of other proteins involved in inflammatory pathways. We previously showed that
TLR4, a key receptor abundantly expressed in the SM and highly involved in immune and
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inflammatory responses, was upregulated in the sheep fetal SM [19]. Microbial lipopolysac-
charides are the main agonists of TLR4, but saturated fatty acids and fibrinogen have been
suggested as stimuli for TLR4 dimerization and signaling cascade activation in the context
of obesity [21,52]. TLR4 signaling cascade can, through a series of interactions, lead to
NF-kB and MAPK activation, ultimately resulting in the transcription of pro-inflammatory
factors [52], including TNFα. In this study, both transcript and protein levels of TLR4 were
higher in MNE baboon fetal SM, which was accompanied by increased phosphorylation of
the NF-kB p65 heterodimer, suggesting activation of the NF-kB pathway, in accordance
with our observations in ewes [19]. The increased phosphorylation of p38 MAPK observed
further supports this TLR4-induced inflammatory response, given that p38 MAPK can
upregulate activator protein 1 (AP1), resulting in pro-inflammatory cytokines transcription.

Nuclear factor-kB activation has been associated with mitochondrial dysfunction in
the muscle in response to cellular fuel overload in L6 myotubes, with decreased PGC1α
expression, as well as in other genes related to mitochondrial dynamics [53], a similar effect
to the one observed in the MNE baboon fetal SM in this study. The group of transcription
factors PPAR (PPARα, PPARδ, and PPARγ) has an important role in the SM’s metabolic
flexibility but also in the regulation of inflammatory responses [54]. Particularly, PPARδ
is highly expressed in the SM [55] and has been shown to stimulate PGC1α expression in
mice SM, while its ablation induced muscle fiber-type switching, reducing muscle oxidative
capacity and consequently predisposing to obesity and diabetes [56]. Indeed, the transcript
levels of PPARB were lower in the SM of fetal MNE baboon in our study and coupled to the
observed reduced transcript levels of PPARA, another transcription factor involved in the
regulation of lipid metabolism and fatty acid uptake and the second most expressed in the
SM [57], these data suggest an impairment in the fetal SM metabolic flexibility, which could
have repercussions for MNE offspring future health. Peroxisome proliferator-activated
receptors have also been shown to regulate inflammation processes in the SM, and, for
instance, PPARα has been shown to inhibit NF-kB transcriptional activity [54].

Several genes involved in mitochondrial dynamics and homeostasis are regulated
by PGC1α and PGC1β. Studies have associated mitochondrial alterations in the SM
of T2D patients and animal models with altered PGC1α, PGC1β, and Mfn2 levels [58].
In the current study, PPARGC1A and PPARGC1B transcript levels were reduced, which
was previously found in the human SM of not only T2D patients but also of offspring
from insulin-resistant individuals [58]. Decreased PPARGC1B mRNA levels were also
observed in the SM of pig fetuses of high-energy fed mothers [59] and in mice fetal SM
of hyperglycemic mothers at late gestation [60]. Moreover, lower levels of the MFN2 and
MFN1 transcripts were also observed, suggesting unbalanced mitochondrial dynamics,
with impaired fusion events. Multiple studies have reported reduced MFN2 levels in the
context of obesity, diabetes, and high-fat diets in the SM, and modulation of its expression
can reverse, prevent, or ameliorate SM mitochondrial function [61]. Although these effects
do not seem to regularly extend to alterations in MFN1 levels [61], in our study, MFN1
transcript levels were more strongly impacted in the fetal SM of MNE offspring than MFN2
levels, which may represent a specific response of fetal SM programming by maternal
obesity at conception and nutrient excess during pregnancy.

The transcription of PGC1α is enhanced by the interaction of multiple factors with
the promoter region of its gene. The transcription factor CREB is capable of promoting
PGC1α transcription, although mostly studied in response to exercise [62]. Palacios et al.
showed that not only exercise, but also nutritional status can influence PGC1α transcription
through SIRT3 levels [34]. The study revealed decreased SIRT3 levels due to a high-fat
diet and that SIRT3 knockout resulted in decreased CREB phosphorylation and PGC1α
transcription [34]. Yan and colleagues reported decreased CREB phosphorylation associated
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with reduced Ppargc1α transcription in the SM of mice fetuses exposed to a hyperglycemic
intrauterine environment [60]. In the present study, SIRT3 transcript and protein levels were
decreased in the fetal SM of MNE offspring. Although we only measured CREB1 transcript
levels, which were lower in the SM of MNE fetuses, regulation of PGC1α transcription
through CREB interaction modulated by diet deserves further attention, especially since it
is well described that SIRT3 activity is increased in response to exercise and poor nutrient
intake and decreased in diabetic models [35]. Likewise, SIRT1 stimulates PGC1α [63], and
exercise training contributes to increased activation of the SIRT1/PGC1α axis with reduced
NF-kB signaling in diabetic mice [64], demonstrating a crosstalk between inflammatory
mediators and PGC1α. One of the observed effects of PGC1α transcription enhancement
by these factors is the upregulation of NRF1 and mitochondrial transcription factor A
(TFAM), required for mitochondrial DNA transcription [64]. In this study, the lower CREB1,
SIRT1, and SIRT3 transcript levels alongside decreased PPARGC1A and NRF1 suggest
dysregulation of mitochondrial biogenesis in the SM of fetuses developed in a nutrient-
excess environment. Zou et al. reported decreased transcription of NRF1, TFAM, and
SIRT1 in fetal SM of pigs exposed to maternal high-energy intake, with decreased mRNA
levels of DNA polymerase (POLG) and single-strand DNA binding protein 1 (SSBP1),
accompanied by lower mtDNA copy number [59]. McCurdy et al. also reported reduced
PGC1α expression in fetal SM of Japanese macaques exposed to a maternal Western-style
diet and obesity. Although TFAM and MFN2 transcript levels were not significantly
altered, they observed a reduction in mitochondrial content [65]. In the current study,
mtDNA copy number was also found to be decreased in the SM of MNE baboon fetuses.
Further supporting the involvement of inflammatory cues in mitochondrial biogenesis
dysregulation, a study revealed that lower mRNA expression of Ppargc1a, Nrf1, and Tfam,
accompanied by lower expression of eNOS, was ameliorated by TNFα signaling deficiency
in the SM of different rodent models of obesity [66]. Accordingly, the transcript levels of
NOS3 in the fetal SM of MNE baboons were substantially lower. On another note, increased
NO levels, partly derived from increased eNOS, can lead to increased S-nitrosylation
of CREB, stimulating its binding to the PGC1α gene promoter, thus increasing PGC1α
transcription [33].

Unsurprisingly, some of the studies mentioned above reported that alterations in
mitochondrial-related proteins were important for SM mitochondrial oxidative capacity.
For instance, in Liu and Chang’s work, cytochrome C oxidase activity was lower in diabetic
mice, and exercise stimulation contributed to an increase in mRNA levels of mitochon-
drial complexes subunits, through the induction of PGC1α, NRF1, and TFAM levels [64].
Moreover, Valerio et al. reported decreased protein levels of COX IV and cytochrome C in
obese rodents with decreased eNOS expression [66]. Cytochrome C protein levels were
lower in the fetal SM of MNE offspring in our study, and we also found implications for
COX IV catalytic core subunits COX I and COX II, with lower mDNA copy number, lower
mitochondrial CS and BHAD enzymatic activity. In the previously mentioned study using
fetal SM from Japanese macaques, mitochondrial electron transport chain activity was
elevated, but coupling efficiency was reduced. This was accompanied by lower CS activity
and increased markers of oxidative stress [65]. Levels of mtDNA were also reported to be
lower in the different rodent models of obesity [66].

Overall, our data show a strong association between maternal obesity at conception
and a nutrient-excess diet during pregnancy-induced chronic inflammation in the fetal
soleus skeletal muscle, with implications for mitochondrial content and function. Fur-
thermore, PGC1α seems to represent a major interface between inflammatory signaling
pathways and SM mitochondrial alterations that are already present at late gestation in a
non-human primate model.
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5. Conclusions

The underlying mechanisms of the adverse effects of maternal nutrition and health on
fetal soleus skeletal muscle development and metabolism are still poorly understood, espe-
cially with regard to mitochondrial consequences. Despite the constant emphasis on chronic
inflammation induced by maternal obesity or diabetes, there is a lack of molecular studies
during the fetal stage and in animal models with high human translational relevance. In
this study, we demonstrate that baboon fetuses exposed to an adverse intrauterine environ-
ment resulting from maternal obesity at conception and a nutrient-excessive diet during
pregnancy exhibit molecular alterations in the soleus muscle. Specifically, we observed
altered activity in soleus muscle mitochondria, posing a potential risk for widespread cel-
lular dysfunction and early disease development. Notably, these effects could potentially
program the fetus for insulin resistance, a key factor in the development of T2D, thereby
increasing the risk of life-long metabolic complications in the postnatal period.

6. Study Limitations

In this study, we only measured the transcript levels of CREB1, NOS3, MFN1, MFN2,
NRF1, cox1, and cox2. While we observed differences between the groups, it is crucial
to recognize that mRNA levels may not accurately reflect protein content or enzymatic
activity. For instance, evaluating the activity of CREB1 and eNOS could have provided
a more comprehensive understanding of their contributions to the alterations observed
in this study, particularly regarding mitochondrial biogenesis, and might have identified
alternative pathways worthy of exploration. One limitation of our NHP model, consistent
with observations in other NHP studies, is that despite its robust translational value, the
small sample size restricted our capability to assess sexual dimorphism. Nevertheless, when
dealing with maternal interventions, acknowledging sex-specific responses is imperative
in cohorts with larger sample numbers. This is crucial not only because morphometric
parameters differ but also due to variations in molecular alterations observed in different
tissues based on fetal sex [67–69]. Furthermore, it is important to note that we exclusively
used the first cohort of animals, consisting of only 5 MO offspring, paired in time with
the respective controls. This limited sample size, along with the potential for individual
variation, further restricted our ability to explore more granular aspects of the data, such
as sexual dimorphism or the potential for other molecular alterations not captured in this
initial analysis.
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Simple Summary: Endothelial cells (ECs) form the inner lining of all blood vessels. This endothelium
has vital functions for the body, and endothelial dysfunction is associated with several lifestyle-
related diseases, including cardiovascular and neurodegenerative diseases. Therefore, endothelial
dysfunction contributes significantly to the global health burden. Mitochondria are the powerhouses
of cells and regulate metabolism and cell behavior. The function of ECs is highly dependent on
mitochondria. Cardiovascular risk factors (CVRFs), such as obesity, diabetes mellitus (DM), or chronic
inflammation, can impair mitochondria and thus ECfunction. Endothelial progenitor cells (EPCs) are
a backup for ECscirculating in the bloodstream. They can be recruited from the blood for endothelial
repair. After attachment to the vessel wall, EPCs differentiate into ECs. Recent research has shown
that, like ECs, EPCs are also sensitive to CVRFs., but the mechanisms of damage, and whether
mitochondria play a role, are not yet known. In this review, we describe the role of mitochondria
in endothelial dysfunction. Based on recent studies investigating EPCs in diseases and under the
influence of CVRFs, we discuss the role of mitochondria in EPC deterioration. Moreover, we address
potential therapeutic interventions targeting mitochondrial health to promote endothelial function.

Abstract: Endothelial dysfunction is associated with several lifestyle-related diseases, including
cardiovascular and neurodegenerative diseases, and it contributes significantly to the global health
burden. Recent research indicates a link between cardiovascular risk factors (CVRFs), excessive
production of reactive oxygen species (ROS), mitochondrial impairment, and endothelial dysfunction.
Circulating endothelial progenitor cells (EPCs) are recruited into the vessel wall to maintain appropri-
ate endothelial function, repair, and angiogenesis. After attachment, EPCs differentiate into mature
endothelial cells (ECs). Like ECs, EPCs are also susceptible to CVRFs, including metabolic dysfunc-
tion and chronic inflammation. Therefore, mitochondrial dysfunction of EPCs may have long-term
effects on the function of the mature ECs into which EPCs differentiate, particularly in the presence
of endothelial damage. However, a link between CVRFs and impaired mitochondrial function in
EPCs has hardly been investigated. In this review, we aim to consolidate existing knowledge on the
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development of mitochondrial and endothelial dysfunction in the vascular endothelium, place it in
the context of recent studies investigating the consequences of CVRFs on EPCs, and discuss the role
of mitochondrial dysfunction. Thus, we aim to gain a comprehensive understanding of mechanisms
involved in EPC deterioration in relation to CVRFs and address potential therapeutic interventions
targeting mitochondrial health to promote endothelial function.

Keywords: mitochondrial dysfunction; reactive oxygen species; cardiovascular risk factors; endothelial
dysfunction; endothelial progenitor cells; cardiovascular disease; neurodegenerative disorders

1. Introduction

Endothelial cells (ECs) cover the lumen of all blood vessels and fulfill various functions
that are essential for the body’s homeostasis. For instance, ECs participate in vascular
tone regulation, blood clotting, and immune functions. Endothelial dysfunction arises,
in particular, under the influence of cardiovascular risk factors (CVRFs), including obe-
sity, physical inactivity, low-grade inflammation, aging, and smoking [1–6]. Endothelial
dysfunction is a major contributor to a plethora of cardiovascular disorders [7], which are
the leading cause of disease burden worldwide [8]. In particular, oxidative stress plays a
key role in endothelial dysfunction and cardiovascular disorders [7,9]. Oxidative stress is
characterized by an imbalance between the overproduction and accumulation of reactive
oxygen species (ROS) and lower antioxidant defense, which can lead to cell damage by
altering proteins, lipids, and nucleic acids [10]. ROS can be formed as signaling molecules
generated by enzymes of the redox signaling pathway [11], which is induced by a range
of stimuli, including pro-inflammatory cytokines and growth factors [12,13]. ROS are
predominantly generated as natural by-products in the mitochondrial electron transport
chain (ETC) [9]. Oxidative stress, hypoxia, and metabolic derangements lead to excessive
ROS production through oxidative phosphorylation due to uncoupled electron transport
in the mitochondrial ETC and adenosine triphosphate (ATP) synthesis [9,14]. Hence, mito-
chondria are a primary hub in ROS production, ROS signaling, and oxidative stress. Any
failure of normal mitochondrial function is referred to as mitochondrial dysfunction and
is characterized by a loss of efficiency in energy production paralleled by increased ROS
generation [15]. Mitochondrial dysfunction is a characteristic of aging [16] and various
chronic diseases [17–19] and is closely linked to endothelial dysfunction and cardiovascular
disease (CVD) development [20].

Within the cardiovascular system, cardiomyocytes, in particular, have a high density
of mitochondria to respond to the energetic demands of the cardiac muscle [21]. In contrast,
endothelial mitochondria are not as abundant or relevant for energy production, as in EC,
75% of energy is obtained through glycolysis [22]. Thus, the potential role of endothelial
mitochondrial dysfunction in endothelial pathophysiology and CVD has been unnoticed
for a long time. However, endothelial mitochondria can generate ROS and relevant other
metabolic intermediates. During inflammation, hypoxia, or stress, ROS may exceed its
physiological levels, disturbing endothelial function and thus promoting the progression
of CVD. Recent research highlights the mitochondria’s central and long-underestimated
contribution in endothelial dysfunction [21,22].

In addition to mature ECs, which are part of the vascular endothelium, there is a
distinct population of circulating endothelial progenitor cells (EPCs). These cells function
as a reserve pool of ECs recruited to repair damaged vascular endothelium or engage in
angiogenesis when needed. Upon recruitment into the vascular wall, EPCs differentiate
into mature ECs, which is why EPCs are also termed endothelial colony-forming cells
(ECFCs) [23]. CVRFs not only adversely affect vascular ECs but also circulating EPCs and
trigger reduced EPC numbers and decreased proliferative and angiogenic potential in situ-
ations of compromised vascular health [24–26]. While EPCs play a vital role in maintaining
the vascular endothelium, their specific involvement in endothelial dysfunction repair
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remains largely unexplored, and the potential impact of mitochondria on EPC function
has received limited attention. Therefore, this review aims to elucidate the significance
of mitochondrial (dys)function in vascular ECs. It also discusses the largely unexplored
area of mitochondrial dysfunction in EPCs and its potential implications in the context of
endothelial dysfunction and associated chronic diseases.

2. Endothelial Function and Dysfunction

ECs play a critical role in the cardiovascular system. ECs form the inner layer of blood
vessels, regulate blood flow, function as a semi-permeable barrier between the circulation
and surrounding tissues, participate in immune response, regulate blood clotting, and initiate
growth and repair of blood vessels, thus ensuring proper vascular function. If dysfunctional,
ECs vastly contribute to the development of CVD. The following subsections will introduce
the main endothelial functions and alterations leading to a dysfunctional endothelium.

2.1. Endothelial Function Is Versatile

Among their multifaceted features, ECs regulate the vascular tone through the release
of vasodilatory and vasoconstrictive molecules, which actively modulate blood vessel
diameter. The main vasodilatory molecule released by ECs is nitric oxide (NO), gener-
ated by the enzyme endothelial nitric oxide synthase (eNOS). In an immediate response,
NO stimulates cyclic guanosine monophosphate (cGMP) production through the enzyme
soluble guanylyl cyclase (sGC) in vascular smooth muscle cells (VSMCs), leading to relax-
ation and vasodilatation [27]. Moreover, NO inhibits the proliferation of VSMCs, prevents
platelet and leukocyte adhesion, and inhibits the expression of pro-inflammatory cytokines,
thus exhibiting vasodilatory and anti-thrombotic features [3,4]. Other endothelial-derived
vasodilating factors are prostacyclin (PGI2) and bradykinin (BK). ECs also secrete balanced
levels of vasoconstricting factors, such as endothelin-1 (ET-1), prostaglandin H2 (PGH2),
thromboxane A2 (TXA2), or angiotensin II (AngII) [3–5], serving as vascular tone regulators.

Furthermore, the endothelium represents an adjustable, semi-permeable barrier. There-
fore, ECs form special structures, so-called junctions, between neighboring cells. Three
types of junctions contribute to the controlled transfer of macromolecules and immune
cells, intercellular communication, and paracellular permeability [28–30]. Gap junctions
(GJs) enable the transport of small molecules between ECs and support intercellular com-
munication, whilst adherence junctions (AJs) and tight junctions (TJs) form structures that
determine paracellular permeability. TJs, on the one hand, fulfill a barrier function by
controlling permeability for small molecules and ions, whereas AJs, on the other hand,
are mainly required for selective transendothelial migration of immune cells [29]. Envi-
ronmental signals lead to junctional remodeling, thus regulating permeability and the
exchange of nutrients and blood cells [28]. In addition to paracellular transport, molecule
transport across the endothelium occurs through transcytosis, i.e., the transcellular trans-
port of molecules via vesicles by carrier-mediated active transport through concentration
gradient-dependent facilitated transport, or through diffusion [31]. Endothelial barrier
function is organ-specific. For instance, in the brain and retina, the endothelial monolayer
is tightly connected to maintain a close barrier, even with reduced transcytosis [32]. The
essential transport of glucose occurs via facilitated transport through glucose transporters
(GLUT), foremost GLUT1 [33]. In contrast, in the liver and kidneys, the endothelium is
discontinuous to allow the desired increased exchange of molecules [34].

ECs also actively participate in immune and inflammatory responses as they not only
secrete a plethora of cytokines and chemokines but also express specific cell adhesion
molecules for immune cells upon activation by inflammatory signals. Thus, ECs mediate
the recruitment and transendothelial migration of leukocytes from the circulation to the
target tissue [35].

In healthy conditions, ECs act by secreting anti-coagulant factors, such as tissue
plasminogen activator (tPA) [4], in an anti-coagulant way to prevent thrombosis and
maintain blood fluidity [4,5]. Upon injury, ECs secrete pro-thrombotic factors, including
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von Willebrand factor (vWF) and plasminogen activator inhibitor-1 (PAI-1), to induce
blood clotting [5].

Two other pivotal roles of ECs are vasculogenesis and angiogenesis, which comprise
the formation and growth of blood vessels [3,4,36]. The strongest angiogenic trigger is
hypoxia, which induces the release of proangiogenic factors, such as vascular endothelial
growth factor (VEGF). Upon binding to the VEGF receptor 2 (VEGFR2) on ECs, VEGF
activates quiescent ECs and initiates angiogenesis, ensuring the reestablishment of oxygen
and nutrients in the tissue [36,37]. However, other bioactive molecules, including growth
factors [38], cytokines [39,40], hormones [41], and non-coding RNAs, such as microRNAs
(miRNA) and long non-coding RNAs (lncRNA), also regulate angiogenesis [42].

Given the versatility of these multifaceted functions of ECs, the vascular endothelium
can emerge as an extensive and dynamic endocrine organ, acting as a vital interface between
the circulation and tissues to ensure body homeostasis. By actively participating in immune
responses, coagulation processes, and vascular remodeling, ECs maintain vascular health,
playing an indispensable role in the cardiovascular system.

2.2. Endothelial Dysfunction: The Central Role of Reactive Oxygen Species

The intricate endothelial functions are crucial for ensuring adequate blood flow and
the overall well-being of the heart and vessels, as well as the organs supplied. However,
when the endothelium loses balance, a cascade of health issues can unfold, particularly
in CVD. This endothelial dysfunction is not an isolated event but rather a consequence
of a complex interplay involving various CVRFs. These factors, dependent on lifestyle
and health conditions, conspire to activate and inflame ECs, setting the stage for health
issues. Obesity, poor dietary habits, physical inactivity, type II diabetes mellitus (T2DM),
aging, smoking, chronic inflammation, and even microbial infections are some of the
underlying causes, as they create a hostile environment characterized by inflammation and
oxidative stress [1–6].

Oxidative stress, driven by ROS, is a key player in endothelial (dys)function. Several
ROS sources in ECs contribute to oxidative stress generation, which can eventually lead
to mitochondrial dysfunction, inflammation, and endothelial dysfunction, as illustrated
in Figure 1.

The majority (~90%) of cellular ROS is generated in mitochondria [43,44]. Key contrib-
utors are ETC constituents: complex I at the flavin mononucleotide (FMN) site [45], and
complex III at the quinol cycle (Q-cycle) [46,47]. Additional ROS-producing enzymes associ-
ated with nutrient metabolism and oxidative phosphorylation are succinate dehydrogenase
(complex II), glycerol-3-phosphate dehydrogenase (GPD), 2-oxoglutarate dehydrogenase
(OGDH), pyruvate dehydrogenase (PDH) complex, proline dehydrogenase (PRODH), dihy-
droorotate dehydrogenase (DHODH), branched chain keto acid dehydrogenase (BCKDH)
complex, acyl-CoA dehydrogenases (very long-chain acyl-CoA dehydrogenase ACDVL;
long-chain acyl-CoA dehydrogenase ACADL) [48], electron transfer flavoprotein dehydro-
genase (ETFDH), and sulfide quinone reductase (SQR) [49,50], which constitute significant
sources of mitochondrial ROS (mtROS). Mitochondrial dysfunction, due to possible dam-
ages in the respiratory chain, loss of cytochrome c (CytC), and imbalanced energy demand,
is associated with excessive ROS production [51].

In addition to mtROS generated by ETC, redox signaling also contributes to ROS
generation. Redox signaling regulates cell growth, differentiation, senescence, apopto-
sis, and autophagy and is induced by [52,53] pro-inflammatory cytokines and growth
factors [12,13,54,55]. By binding to their receptors, reduced nicotinamide adenine dinu-
cleotide phosphate (NADPH) oxidases 1, 2, 4, and 5 (NOX1,2,4,5) become activated and
produce ROS as signaling molecules [55–57]. NOX enzymes are localized in the plasma
membrane and thus contribute to cytosolic ROS [58]. However, NOX4 is also localized in
other intracellular compartments, including mitochondria, and it also adds to mtROS [59].
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Figure 1. The interplay between metabolism, inflammation, reactive oxygen species, and mitochon-
drial dysfunction in the development of endothelial dysfunction and cardiovascular disease. Arrows
indicate the directionality and stimulation of the respective processes. Influences that represent
cardiovascular risk factors (CVRFs), i.e., nutrient excess and inflammation, are marked with yellow
flashes. AGE: advanced glycation end products; CVD: cardiovascular disease; EC: endothelial cell;
eNOS: endothelial nitric oxide synthase; mt: mitochondrial; NO: nitric oxide; NOX: NADPH oxidases;
ROS: reactive oxygen species; XDH: xanthine dehydrogenase; XO: xanthine oxidase. The figure was
created using BioRender.com, accessed on 22 January 2024.

The interaction between glucose molecules and essential cellular components leads to
the formation of advanced glycation end products (AGE). These AGE-infused structures
become agents of chaos, promoting the release of cytokines, enhancing cell adhesion, and
even triggering blood coagulation. The downstream effects are several, influencing every-
thing from angiogenesis to overall endothelial function [60–62]. In addition to cytokines
and growth factors, the interaction of AGE with their receptor (RAGE) also induces redox
signaling by NOX [63].

Another enzyme capable of producing ROS is the purine catabolizing enzyme xan-
thine dehydrogenase (XDH). Oxidative stress [64,65] or inflammation [66,67] induce post-
translational modifications that modify the enzymatic action of XDH to xanthine oxidase
(XO) activity, generating superoxide anion (O2·−) [68,69].
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Oxidative stress can be self-reinforcing through a process referred to as eNOS uncou-
pling [70]. Uncoupled eNOS increasingly forms superoxide instead of NO. Superoxide
reacts with NO, which is still formed by eNOS at lower levels, to generate peroxynitrite
anion (ONOO-) [71]. In mitochondria, peroxynitrite can overwhelm mitochondrial scav-
enging and repair systems for peroxynitrite-dependent oxidative modifications and, thus,
impair mitochondrial energy and calcium (Ca2+) homeostasis and membrane permeability.
This contributes to mitochondrial dysfunction and augmented ROS production, perpetu-
ating a dysfunction cycle. Uncoupling of eNOS hence promotes and reinforces oxidative
stress and mitochondrial dysfunction, but, at the same time, it causes a reduction in NO
bioavailability, with severe effects on endothelial function [72,73].

Besides mitochondria, the endoplasmic reticulum (ER) is a source of ROS under
certain conditions: ER stress triggers unfolded protein response (UPR), which activates
protein kinase RNA (PKR)-like ER kinase (PERK), inositol-requiring protein-1 (IRE1), and
activating transcription factor-6 (ATF6). These three UPR signal transduction mechanisms
can activate inflammatory signaling via various pathways, including nuclear factor kappa
B (NFκB) signaling, which also increases ROS production [74]. Moreover, an ER enzyme
involved in disulfide bond formation within protein folding, i.e., ER oxidoreductin (ERO1),
generates hydrogen peroxide (H2O2) [75].

In the scope of ROS generators, red blood cells (RBCs) are also considerable con-
tributors [76,77]. The release of ROS is, on the one hand, induced by endogenous factors,
including, in particular, the autoxidation of oxyhemoglobin (HbO2) formed by oxygen bind-
ing to ferrous heme (FeII) [76,77]. It is thereby oxidized to its ferric form (FeIII), generating
methemoglobin (metHb) and superoxide anion [78], which, via several mechanisms, lead
to the formation of H2O2, hydroxyl radical (•OH), and hydroxyl anion (OH−) [76,79,80].
Notably, superoxide anion -also rapidly reacts with NO, generating the highly reactive
peroxynitrite, a potent inducer of endothelial injury [81]. In T2DM, RBC-released ROS in-
duce endothelial dysfunction via arginase I [82], with peroxinitrite operating as an arginase
stimulator and mediating the malfunction of ECs [83]. Similar findings were reported in
mice models [84].

On the other hand, oxidative stress in RBCs can be triggered by exogenous metabo-
lites like superoxide anion, peroxynitrite anion, and H2O2 from adjacent cells, including
endothelial and immune cells [76]. Thus, besides their role in oxygen transportation, RBCs
are crucial for redox balance [85,86], and RBC autoxidation is a considerable source of
ROS-promoting oxidative stress in the vasculature [76,77].

Oxidative stress is not an isolated phenomenon. It is closely linked to inflammation
as increased ROS reinforce inflammation by promoting leukocyte extravasation and by
stimulating cytokine production [3–5,87,88]. Pro-inflammatory stimuli destabilize the junc-
tions and thus disrupt the endothelial barrier and increase the permeability [89]. Moreover,
oxidative stress per se causes a redistribution of junctional molecules and interferes with
signaling pathways associated with barrier function regulation [90].

Under physiological conditions, ROS production and maintenance are regulated
through an antioxidant system constituting enzymatic and non-enzymatic factors. The
most prominent enzymes are superoxide dismutases (SOD1-3), catalase (CAT), glutathi-one
peroxidases (GPX1-7), NAD(P)H quinone dehydrogenase 1 (NQO1), heme oxygenases
(HOX1-2), thioredoxin (TXN), and sulfiredoxin 1 (SRXN1). The non-enzymatic system
includes uric acid, glutathione, vitamins, and plant secondary metabolites (e.g., polyphe-
nols) [91,92]. These enzymes and antioxidants act in concert to balance the equilibrium
between ROS production and oxidative stress.

An imbalance in the antioxidant system and ROS production leads to increased ox-
idative stress, reduced NO bioavailability, and inflammation as the endothelium shifts
to an activated, pro-inflammatory, vasoconstrictive, and pro-thrombotic phenotype with
increased cytokine and growth factor release, which promote proliferation, migration, and
permeability, as well as imbalanced production of vasodilatory vs. vasoconstrictive fac-
tors [3–5,93] (Figure 2). The intricate interplay between oxidative stress, a pro-inflammatory
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milieu, and EC activation and dysfunction contributes to endothelial dysfunction and car-
diovascular disorders. Notably, the significance of mitochondrial dysfunction as a primary
source of ROS in endothelial dysfunction has started to gain recognition.

 

Figure 2. Characteristics of healthy and dysfunctional endothelia and the role of endothelial pro-
genitor cells in repair. Cardiovascular risk factors (CVRFs) disturb normal endothelial function and
promote an activated endothelial cell phenotype. A dysfunctional endothelium is accompanied by
oxidative stress with increased reactive oxygen species (ROS), inflammation, and reduced nitric
oxide (NO) bioavailability. Under healthy conditions, circulating endothelial progenitor cells (EPCs)
support, as endothelial colony-forming cells (ECFCs), endothelial repair and recovery. However, it is
unclear how CVRFs affect ECFC efficacy and whether the cells remain able to complete repair and
restore the endothelium. The figure was created using BioRender.com, accessed on 22 January 2024.

3. Mitochondrial Function in a Healthy Endothelium

Mitochondria are highly dynamic organelles that not only generate energy in form of
ATP, but also sense and respond to the surrounding environment. The following subsections
will describe the role of mitochondrial dynamics, mitochondrial metabolism, and mtROS
in EC function.

3.1. Mitochondrial Structure and Dynamics in Endothelial Cells

Mitochondria, essential powerhouses within cells, possess a distinct structure char-
acterized by outer and inner membranes that enclose the mitochondrial matrix [94]. Mi-
tochondrial function is highly dependent on the ETC system, a compilation of proteins
intricately associated with the inner membrane comprising four distinct enzymatic com-
plexes (I–IV) [95]. The electron transport is coupled to proton ejection from the mitochon-
drial matrix into the intermembrane space in every complex except for complex II [95].
Proton ejection generates an electrochemical gradient, creating a proton-motive force to
phosphorylate adenosine diphosphate (ADP) into adenosine triphosphate (ATP) through
ATP synthase [96,97]. In the intact endothelium, healthy mitochondria appear to have
cylindrical structures with an inner mitochondrial membrane with folded cristae enclosing
the mitochondrial matrix [98].

The mitochondrial structure is dynamic and balanced between fission and fusion
processes, which determine not only mitochondrial shape but also mitochondrial functions,
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including performance, ROS production, and quality control [99]. The term ‘mitochondrial
quality control (MQC) system’ has been established for this network, which tightly balances
mitochondrial dynamics, i.e., fission and fusion events and mitophagy [100,101]. Mitochon-
drial fission is mainly regulated by cytoplasmic dynamin-related protein 1 (DRP1) with the
assistance of numerous factors, including mitochondrial fission protein 1 (FIS1), mitochon-
drial fission factor (MFF), and mitochondrial dynamic proteins (MID49 and MID51) located
at the outer membrane [102,103]. Mitochondrial fusion is controlled by membrane proteins
mitofusin (MFN) 1 and MFN2, together with optic atrophy protein 1 (OPA1) [102,103].
OPA1 furthermore promotes tight folding of cristae, which increases mitochondrial respira-
tory efficiency and blunts mitochondrial dysfunction [104]. Mitochondrial dynamics, such
as migration and proliferation, are essential for EC function [105], highlighting the central
role of mitochondrial morphology for endothelial function.

3.2. Mitochondrial Metabolism in Endothelial Cells

The energy metabolism of the vascular endothelium comprises four major metabolic
processes: glycolysis, oxidative phosphorylation, fatty acid oxidation (β-oxidation), and
glutamine metabolism [106]. Depending on the distinct physiological and pathological
stimulations, such as hypoxia and inflammation, cells can adapt their metabolism. This
metabolic switch precedes functional changes and disease developments [107,108].

In contrast to neurons and cardiomyocytes, which are highly endowed with mito-
chondria and perform mitochondrial oxidative phosphorylation and fatty acid oxidation
for energy metabolism [109,110], ECs in both macro- and microcirculation depend mainly
on glycolysis, which occurs in the cytoplasm [109–115]. On the one hand, using a less
energy-efficient metabolic pathway facilitates oxygen diffusion to surrounding cells by
consuming minimal oxygen [116]. On the other hand, using glycolysis can reduce ROS
generation [116]. In fact, except for ECs from the blood–brain barrier (BBB) [117], ECs have
fewer mitochondria and consume lower amounts of oxygen than other cell types, such
as neurons and liver and muscle cells [118,119]. Importantly, mitochondria in ECs have
functions other than the generation of ATP, such as biomass generation and signaling [120].
Thus, in a healthy state, ECs are quiescent, mainly relying on glycolysis [111], but this
steady cellular metabolism changes during cell activation [111]. During vessel growth and
sprouting, fatty acids are important for ECs, being metabolized by mitochondrial fatty
acid oxidation [112,121] and thereby producing acetyl-coenzyme A (acetyl-CoA), reduced
nicotinamide adenine dinucleotide (NADH) and flavin adenine dinucleotide (FADH2)
and yielding high amounts of ATP [122]. Also, glutamine metabolism leads into the mi-
tochondrial tricarboxylic acid (TCA) cycle, providing about a third of TCA cycle-derived
carbon [123]. However, under normal conditions, ECs do not use fatty acids or glutamine
for obtaining energy but mostly for de novo synthesis of nucleotides required for DNA
replication and cell proliferation [123,124]. Excess intracellular fatty acids can be stored as
cytosolic lipid droplets in ECs [125].

3.3. Mitochondrial ROS Homeostasis in Endothelial Cells

Remarkably, even at physiological levels, mtROS and the proteins orchestrating mito-
chondrial biogenesis play a central role in the regulation of angiogenesis [126]. ROS activate
the promoter of the transcription factor hypoxia-inducible factor-1 α (HIF1α) [126,127],
which transactivates genes involved in promoting angiogenesis, including VEGF [128],
and reinforces VEGFR2 signaling [129]. In contrast, under hypoxic conditions, HIF plays a
critical role in maintaining homeostasis. HIF1α and HIF2α promote the activation of the cy-
tochrome c oxidase 4 isoform 2 (COX4I2) subunit gene transcription, resulting in improved
electron transfer within the ETC [130]. HIF1α further contributes to decreased complex
I activity through induction of the NADH dehydrogenase (ubiquinone) 1 alpha subcom-
plex, 4-like 2 (NDUFA4L2) gene [131]. As mentioned above, mtROS is mainly formed
in ETC complex I and III [45–47,132–134]. Depending on the general cellular conditions,
ROS formation can vary between physiological and pathological [132–134]. At complex
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I [132], a high NADH/NAD+ ratio results in reduced FMN levels and triggers excessive
ROS production. This scenario is induced by damage, ischemia, loss of CytC (apoptosis),
and low ATP demand [133,134]. ROS production at complex III mainly happens through
auto-oxidation of the Q-cycle intermediate ubisemiquinone [132–134].

Moreover, exposure to H2O2 increases mitochondrial Ca2+ concentration in ECs and
regulates barrier function maintenance and eNOS activity [22,135,136]. Indeed, NO plays a
key role in mitochondria and can inhibit mitochondrial respiratory chain complex I (through
S-nitrosylation) and complex IV, modulating EC respiration and ATP production [21].
Dysregulation of this mechanism has also been associated with mitochondrial oxidative
stress [21]. Consequently, despite their modest presence within EC, mitochondria harbor
the latent potential to exceed physiologic ROS formation, with pathologic ROS levels
exerting notable disruptions in endothelial function.

4. Unveiling Endothelial Mitochondrial Dysfunction in Pathophysiology

Mitochondrial dysfunction is characterized by a loss of efficiency in the ETC, resulting
in reduced synthesis of high-energy molecules, such as ATP [137], increased ROS gen-
eration, and oxidative stress [15]. Mitochondrial dysfunction is associated with aging
as well as many chronic diseases, including CVD, neurodegenerative disorders (NDDs),
metabolic diseases, and chronic infections [16–20,100,138–141]. The following subsections
will describe the mechanisms of dysfunction in ECs and the mitochondrial contribution to
CVD, NDDs, and DM.

4.1. Mitochondrial Dysfunction in Endothelial Cells

At physiological levels, ROS act as signaling molecules and are beneficial for mito-
chondria. However, when in excess, ROS are harmful, altering biomolecules and impairing
mitochondrial function [142], highlighting the importance of tight mitochondrial regulation
of ROS generation. One origin of excess mtROS is damaged mitochondria, which are prone
to shifting mitochondrial dynamics to fission, resulting in an overload of mitochondrial
fragments. Therefore, a highly efficient mechanism of removing damaged mitochondria
exists, i.e., mitophagy, to maintain mitochondrial health, which is of particular value for
the cardiovascular system [143,144].

The mitochondrial structure, related to fission and fusion processes, plays a vital role in
maintaining the fine-tuning of mitochondrial dynamics and cellular function [145]. In line
with this, mitochondrial structural damage has been identified in the context of endothelial
dysfunction. For instance, throughout aging, human umbilical vein ECs (HUVECs) present
degenerated cristae and swollen regions, along with decreased mitochondrial membrane
potential (MMP) and loss of fusion and fission events [146]. Treatment with high glucose
and palmitate induces structural changes in rat aortic EC mitochondria, and reduced
mitochondrial size is associated with elevated ROS levels and augmented cellular levels of
superoxide anion and cytoplasmic H2O2. This increased oxidative stress is accompanied
by a loss of MMP [147]. Furthermore, ECs reveal pronounced alterations, on the one
hand, in mitochondrial dynamics, with increased mitochondrial fission (increased FIS1
and phosphorylated-DRP1/DRP1 ratio) and decreased MFN2. On the other hand, ECs
differ in apoptosis, with increased expression of cleaved caspase 3 and caspase 9, CytC
release, decreased B-cell lymphoma 2 (BCL2), and increased BCL2-like protein 4 (BAX)
levels [147]. These data highlight the link between oxidative stress, altered mitochondrial
dynamics, mitochondrial dysfunction, and impaired ECs. Mitochondria from HUVEC
subjected to high-glucose treatment show an opening of the mitochondrial permeability
transition pore (mPTP) and CytC release. These effects are inhibited by overexpression
of uncoupling protein 2 (UCP2), a mitochondrial protein able to uncouple the oxidative
phosphorylation from ATP synthesis by regulating MMP, modulating ROS generation,
and contributing to increased NO levels [148]. UCP2 is often upregulated as an adaptive
cellular response to demanding environments, and it has a protective role in high-salt-
induced injury in ECs by regulating autophagy. Moreover, UCP2 overexpression results
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in a higher number of mitochondria and the upregulation of Parkin (PARK2), a critical
protein involved in mitophagy [149].

An inflammatory environment mimicked by stimulation with tumor necrosis factor
(TNF)α in primary rat aortic ECs resulted in augmented mitochondrial fission with in-
creased NF-κB activation [150]. This response was found to be mediated by Drp1 [150], and,
indeed, pharmacological inhibition of mitochondrial fission with mitochondrial division
inhibitor 1 (Mdivi-1) improved endothelial function in these cells [147,150].

But, there is another link between mitochondria and inflammation. Deficiency of
isocitrate dehydrogenase NADP+ 2 (IDH2), a TCA cycle enzyme, is associated with in-
creased endothelial inflammation in HUVEC [151] and contributes to enhanced levels of
cytokine transcripts, such as TNFα and interleukin (IL) 1β, coincidently with activated
p66shc (SHC adaptor protein 1) [151], a protein known to promote oxidative stress in ECs.
Furthermore, Idh2 downregulation and increased activation of p66shc in mouse umbilical
vein ECs lead to changes in the abundance of ETC complexes, which result in decreased
oxygen consumption [151], demonstrating a link between p66shc and mitochondrial en-
dothelial dysfunction. In fact, this damaging role of p66shc is regulated by sirtuin 1 lysine
deacetylase (Sirt1) acetylation [152].

Oxidative stress overload also adversely affects mitochondrial DNA (mtDNA) [142].
In general, circular mtDNA is more prone to ROS-induced damage and mutation not only
due to the close proximity to one of the ROS sources, i.e., mtROS, but also because of
the lack of additional protection from histones compared to genomic DNA [142]. It has
been previously described that EC exposed to ROS undergo mtDNA damage [153], which
alters mitochondrial gene and protein expression, impairs mitochondrial function, and
contributes to vascular disease development [153].

Impaired mitochondria activate innate immune pathways with the release of mtDNA [154]
recognized as damage-associated molecular patterns (DAMPs) by pattern recognition
receptors (PRR) [155]. Thereby, the nod-like receptor family pyrin domain-containing 3
(NLRP3) inflammasome is triggered. The NLRP3 inflammasome is a protein complex in
the cytoplasm that mediates an innate immune response and detects microbial motifs and
endogenous danger signals. NLRP3 induction leads to caspase 1 activation and the release
of pro-inflammatory molecules, including cytokines IL1β and IL18, and potentially leads
to cell death [156–158].

Thus, mitochondrial and endothelial dysfunction are tightly related. Altered and dam-
aging cellular environments, including increased levels of glucose [147,148], palmitate [147],
and inflammatory cytokines [150], contribute to endothelial dysfunction, with particular
implications for mitochondria-controlled mechanisms. Hyperglycemia, hyperlipidemia,
and inflammation represent major CVRFs that ultimately lead to an increased risk for
CVD or NDDs (Figure 3). Therefore, tackling the mechanisms involved in mitochondrial
dysfunction in ECs can provide critical insights into the development and progression
of CVD.

4.2. Endothelial Mitochondrial Dysfunction in Atherosclerosis: A Catalyst for
Cardiovascular Diseases

Atherosclerosis is a chronic inflammatory condition and a common precursor of
CVD [159]. It is characterized by lipid, mainly cholesterol, and fibrin accumulation in
the form of atheroma plaques, accompanied by calcification, endothelial activation, and
an inflammatory response within arterial walls [160]. One of the major driving forces of
the inflammatory response in ECs is low-density lipoprotein (LDL) in its oxidized form
(oxLDL), promoting plaque formation [161–163]. OxLDL binds to the injured vascular
endothelium, attracts immune cells, enhances their adhesion, and thereby initiates an
immune response [162].
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Figure 3. Mitochondria play a decisive role in shaping healthy vs. dysfunctional endothelial phe-
notypes. Cardiovascular risk factors (CVRFs) trigger detrimental mitochondrial impairment and
dysfunction. In this context, impaired or damaged mitochondria discharge reactive oxygen species
(mtROS) and mitochondrial-damage-associated molecular patterns (mtDAMPs) into the cytoplasm,
which are degraded in the NLRP3 inflammasome. Mitochondrial dynamics shift towards increased
fission. Mitophagy, a cellular process that involves the selective removal of damaged or dysfunctional
mitochondria, emerges as a guardian of endothelial homeostasis. This process takes on the role of an
athero-protective sentinel, as it systematically rids the endothelium of compromised mitochondria,
thus safeguarding against the progression of atherosclerosis. Disruption of mitochondrial function
and dynamics can pave the way for the onset of endothelial dysfunction and diseases. The figure
was created using BioRender.com, accessed on 22 January 2024.

Mitochondrial dysfunction in atherosclerosis was extensively studied in SMCs [164,165]
and immune cells, including macrophages [166,167]. Only recently has the significance
of mitochondrial damage in ECs been recognized as a pivotal factor contributing to the
derangement of the endothelium in atherosclerosis. Consequently, this recognition bears
significant new implications for the understanding of CVD development [20,73,168]. The
crucial role of properly functioning endothelial mitochondria is highlighted by several
publications extensively reviewing its function in the onset and advancement of atheroscle-
rosis [142,145,169–171]. Moreover, the pivotal role of ECs and the result of a damaged
endothelium have been widely studied in regard to atherosclerotic progression [172,173].

In fact, endothelial activation [174], accompanied by reduced NO generation [175], ini-
tiates atherosclerosis [160], in particular in arterial segments with turbulent flow [174,176]
and low wall shear stress [177]. Disturbed flow triggers changes in mitochondrial mor-
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phology by stimulating fission, resulting in increased DRP1 levels, excessively fragmented
mitochondria, and mtROS release [176]. In vascular pathologies, including atherosclerosis,
endothelial mitochondria show functional disturbances and structural changes within
the inner arrangement of the mitochondrial membrane and reduced and disorganized
cristae [98]. A recent study underlined the importance of mitochondrial dynamics in regard
to atherosclerosis progression by investigating the athero-protective role of Opa1 in ECs
from LDL receptor (LDLR)-deficient mice [103]. OPA1 silencing in HUVECs resulted in
reduced endothelial migration and increased oxidative stress, highlighting the role of
OPA1 in EC response to laminar flow by reducing oxidative stress [103]. When exposed to
disturbed flow, Opa1 expression was reduced in mouse ECs, indicating that endothelial
mitochondria indeed tend to fragment under atherosclerotic conditions [103]. An overview
of mitochondrial dynamics can be found at the top right in Figure 3.

Endothelial mitochondrial damage can further be induced by Porphyromonas gingivalis
(P. gingivalis), a pathogen found in atherosclerotic plaques, also elevating mtROS [178]
and promoting mitochondrial fragmentation in a DRP1-dependent manner [179]. Mito-
chondrial impairment in P. gingivalis-infected ECs is partially regulated by the rat sarcoma
(Ras) homolog family member A/Rho associated coiled-coil containing protein kinase 1
(RhoA/ROCK1) pathway activation, resulting in elevated DRP1 phosphorylation levels at
Ser616 and promoting DRP1 mitochondrial translocation [180]. Moreover, mitochondria of
infected ECs were characterized by a loss of MMP, lower ATP levels [179], and decreased
mtDNA copy numbers [180]. These findings emphasize that damaged mitochondria are
prone to shifting mitochondrial dynamics to fission.

Besides regulating mitochondrial dynamics [181,182], DRP1 plays an important role in
oxLDL-induced endothelial damage, supporting the development of atherosclerosis [183].
The inhibition of this protein by Mdivi-1, studied both in vivo in apolipoprotein E (ApoE)-/-
mice [184] and in vitro in HUVECs [185], resulted in athero-protective effects, which
suggests its potential as a therapeutic target for multiple CVDs, including atherosclero-
sis [182,186]. Moreover, oxLDL directly affects the NLRP3 inflammasome in ECs [158,187].
In in vivo studies utilizing endothelial-specific NLRP3 mutant mice, a notable reduction in
atherosclerosis severity was observed [187]. The attenuated disease progression was sug-
gested to be due to a lower ROS generation, thus decreasing apoptotic cell death rates [187].

Although the mechanism behind endothelial mechano-transduction remains elusive,
recent studies reported oxidative phosphorylation driving mitochondrial ATP generation
upon shear stress [188]. Vascular ECs exposed to flow transduce shear stress into mitochon-
drial ATP synthesis, activating Ca2+ influx via purinoceptors, i.e., purinergic receptors [189],
with mitochondria regulating Ca2+ homeostasis [190]. Elevated intracellular Ca2+ levels
stimulate NO generation and, therefore, induce flow-dependent vessel relaxation [191].
Thus, changes in shear stress are associated with cardiovascular disorders, i.e., atheroscle-
rosis [192–194]. Ca2+ overload initiates the opening of mPTP, causing tissue damage,
including ischemia-reperfusion injury [195]. Recently, it was found that the expression of
endothelial mitochondrial Ca2+ uniporter (MCU) complex in HUVECs is modulated by
shear stress both on gene expression and protein levels, with the most prominent change in
mitochondrial Ca2+ uniporter regulator 1 (MCUR1) expression (downregulation) under
atheroprone, i.e., disturbed, flow [196]. It is suggested that MCUR1 levels regulate the
sensitivity of mPTP to mitochondrial Ca2+ concentration [196].

The effect of shear stress on endothelial mitochondria depends on shear stress prop-
erties [197,198]. On the one hand, laminar shear stress promotes an anti-inflammatory
phenotype [199,200] and positively influences endothelial mitochondria [201,202], and, on
the other hand, oscillatory shear stress shows pro-inflammatory characteristics in ECs [203].
Oscillatory shear stress causes mitochondrial dysfunction, producing excessive ROS and
inflammation in vascular ECs, followed by mitochondrial-induced inflammation [197]. It
promotes an inflammatory environment [204] and directly influences plaque formation and
stability [205]. In line with these findings, oscillatory shear stress enhances fission but does
not support mitophagy in mouse aortic ECs [203]. Enlarged and swollen mitochondria with
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damaged membranes, fewer cristae, and an abnormal internal arrangement were observed
in the ECs of human atherosclerotic plaques through transmission electron microscopy [98].

4.3. Endothelial Mitochondrial Dysfunction in Diabetes Mellitus

Hyperglycemia is a main characteristic of DM, and it is considered a major contribu-
tor to endothelial dysfunction, a detrimental event in the pathogenesis of DM-associated
micro- and macro-vasculopathies [206]. High intracellular glucose increases ROS lev-
els in ECs, ultimately leading to cell and tissue injury [207]. As ECs rely mainly on
glycolysis for their energy source, mitochondria are essential for Ca2+ homeostasis and
ROS generation. Overproduction of ROS by the mitochondrial ETC caused by hyper-
glycemia affects various aspects of mitochondrial function, as discussed in the Sections 3.3
and 4.1. Hyperglycemia-induced endothelial mitochondrial dysfunction ultimately leads
to mitochondria-dependent apoptosis [208].

In fact, mitochondrial fragmentation has been identified in ECs isolated from the arm
vein of diabetic patients [209] and in retinal and coronary ECs of diabetic rodents [210,211].
These changes in diabetic patients and mice, which correlated with increased FIS1 and
DRP1 levels, respectively [209,211], were also observed in aortic ECs cultured under hy-
perglycemic conditions [209]. Diabetic retinopathy is also associated with disturbed mito-
chondrial dynamics in human retinal ECs, where the acetylation of MFN2 protein plays
a role [212]. However, hyperglycemia also affects other mitochondrial aspects, such as
mtDNA repair mechanisms, which are impaired in hyperglycemia. Moreover, downregula-
tion of the lncRNA lncCytB is involved in mitochondrial genomic stability and is reduced
in streptozotocin (STZ)-induced diabetic mice and human donors with retinopathy [213].

In addition to these isolated effects of DM on the endothelium, hyperglycemia exac-
erbates mitochondrial dysfunction in ECs in CVD. Mitochondrial fragmentation occurs
in hemorrhagic transformation after middle cerebral artery occlusion, but only under
conditions of hyperglycemia, i.e., in STZ-induced diabetic mice [214]. In line with these
findings, mtROS production is impaired in saphenous veins of coronary artery disease
(CAD) when patients are also diabetic [215]. Thus, the endothelial dysfunction induced by
hyperglycemic insults in DM multiplies the patient’s cardiovascular risk.

4.4. Endothelial Mitochondrial Dysfunction in Neurodegenerative Disorders

Several NDDs are characterized by endothelial dysfunction [216–219]. Moreover,
the risk for dementia is increased by CVRFs, such as obesity, physical inactivity, and
smoking [220]. Notably, endothelial mitochondrial dysfunction was associated with the
development and progression of several NDDs [19,100,138,218].

The blood brain barrier (BBB) poses a significant challenge in the context of endothe-
lial dysfunction in NDDs, which mediates brain homeostasis [221] and consists of ECs,
mural cells, including pericytes and VSMC, and astrocytes [216]. Brain microvascular
ECs (BMECs) are directly in contact with circulating factors [221] and, due to their unique
features, have a decisive role in maintaining the BBB. Highly developed TJs [222] ensure
low BBB permeability and high mitochondria content [138,223,224]. Moreover, BMECs are
special regarding their mitochondria. Already in 1977, a distinct difference in endothelial
mitochondria abundance, dependent on their properties, was described in rats [224]. The
endothelial cytoplasmic volume of the BBB comprises 8–11% of mitochondria, whilst cap-
illary ECs from non-BBB regions have fewer mitochondria, occupying only 2–5% of the
cytoplasm [224]. This implicates a higher metabolic activity and capacity and highlights a
particular role of mitochondria in the physiology and pathology of ECs from the BBB [224].

In fact, the dominating role of mitochondrial oxidative stress in BMECs and its con-
tribution to BBB damage was recently reviewed by Wang et al. [100]. Mitochondrial
ROS [225,226] and oxidized mtDNA [227,228], together with CytC [229], n-formyl pep-
tide [230], and cardiolipins [231] released in the cytoplasm, are recognized as DAMPs and
trigger inflammatory responses in BMECs [100,138,232]. The NLRP3 inflammasome is
activated by mtROS or mtDNA [227] or through binding to the CD36 membrane receptor,
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which further activates NF-κB [138]. As an inflammatory response, ECs express cellular ad-
hesion molecules (CAMs), including vascular and intracellular CAMs (VCAM and ICAM),
which also stimulate the NLRP3 inflammasome to release pro-inflammatory cytokines,
causing BBB injury [138]. The mtDAMP-induced inflammatory response in cerebral ECs
(CECs) was also extensively reviewed [138,232]. In addition, lipopolysaccharide (LPS) can
efficiently contribute to BBB leakage by triggering an inflammatory response [233] and
also by inducing mitochondrial dysfunction [234]. LPS impairs mitochondrial oxidative
phosphorylation and reduces mitochondrial function in CECs [234]. Furthermore, by in-
hibiting oxidative phosphorylation, ECs suffer from TJ disruption [234] and high oxidative
stress, promoting mitochondrial fragmentation due to Drp1 activation, which increases
BBB permeability [235]. The important role of cerebral endothelial mitochondria for BBB in-
tegrity was also shown in vivo through pharmacological mitochondrial inhibition [234]. A
disrupted BBB can exacerbate the deposition of disease-specific toxic substances, including
amyloid β (Aβ), α-synuclein, fibrin, neurotoxins, and pathogens, with mitochondria being
involved in multiple pathological processes leading to unfavorable BBB changes [100].

Alzheimer’s disease (AD) is an NDD that progresses with age; it has the strongest
causality for dementia. It is characterized by Aβ accumulation, which leads to plaque
formation [236]. Mitochondrial dysfunction has also been proposed as the potential primary
cause of AD [237].

In fact, among all cellular organelles, mitochondria are most susceptible to Aβ-induced
dysfunction [238]. Exposure of mouse brain capillary ECs to Aβ causes increased oxidative
phosphorylation, cellular respiration characterized by accelerated oxygen consumption,
and mitochondrial superoxide anion generation, potentially generating oxidative dam-
age [239]. All of these changes are accompanied by elevated mitochondrial Ca2+ concen-
tration, with the Ca2+ influx regulated by multiple pathways stimulating ROS production
and, consequently, mitochondrial dysfunction [239]. Complexing Ca2+ with EDTA not
only abolished mitochondrial activity dysregulation but prevented morphological changes
(superoxide anion-induced fragmentation) and apoptotic cell death, indicating the cyto-
toxic properties of mitochondrial Ca2+-overload [239]. In addition, ECs exposed to Aβ

peptides had elevated ROS levels, further contributing to BBB damage [240]. Moreover,
Aβ peptides (unmodified, isomerized, and phosphorylated) diversely impact mitochon-
drial function in vitro, with isomerized Aβ causing the most adverse outcomes: high
oxidative stress, cytotoxicity, and increased mitochondrial potential and respiration. This
indicates that post-translational Aβ modifications affect endothelial BBB cells [240]. Inter-
estingly, the long-lasting destructive impact of Aβ on mitochondrial respiration capacity is
strongest under hypoglycemia in primary human brain ECs, elucidating the underlying
mechanism cohering dysglycemia and AD in DM [241]. In Aβ-challenged CECs, H2O2
synthesis is upregulated together with mitochondrial membrane depolarization [242]. Aβ

uptake in endothelial mitochondria is hindered by Coenzyme Q10 (CoQ10), an antioxidant
lipophilic coenzyme showing cytoprotective properties [243]. The detrimental impact
of Aβ on mitochondria and BBB was also described in humans [244]. Notably, human
cerebral microvasculature is characterized by mitochondrial loss in AD [245]. The first
in vivo study with transgenic mice investigating mitochondrial abnormalities occurring
close to Aβ plaques was published in 2013 [246], which demonstrated that mitochondria
proximal to dense Aβ plaques reveal structural and functional abnormalities, including
reduced MMP, swollen and dystrophic morphology, and increased mitochondrial loss
and fragmentation [246].

Although AD is probably the most prominent and best-studied example of the relation-
ship between mitochondrial dysfunction in ECs and NDDs, it is not a unique phenomenon.
Vascular dementia (VD), for example, is caused by CVRFs and is associated with endothelial
dysfunction and cardiovascular problems throughout the body. Also, in VD, an implication
of mitochondrial dysfunction in ECs is suggested [218]. These findings emphasize the
contribution of endothelial mitochondrial dysfunction to the development and progression
of NDDs, and targeting mitochondria in this regard is of relevant therapeutic potential.
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5. Endothelial Progenitor Cells in Health and Disease

Due to the limited regenerative potential of mature vascular ECs, circulating EPCs,
which mainly derive from hematopoietic stem cells in the bone marrow [247], can be re-
cruited to support endothelial recovery during vascular growth and repair [24]. In vitro,
two main types of EPCs are classified. ‘Early’ EPCs emerge soon after isolation, show a
spindle-shaped morphology, proliferate slowly, and have an in vitro life span of only about
one month. Early EPCs support the existing endothelium in a paracrine way [23,248]. ‘Late’
EPCs, i.e., ECFCs, are progenitor-derived cells that grow out in culture after several days
and form colonies of mature ECs with a cobblestone morphology. ECFCs can form de
novo vessels in vitro and in vivo [23,248]. Regardless of completed differentiation, ECFCs
still exhibit progenitor cell features. Despite sharing the same phenotype and morphology
with mature ECs, e.g., HUVECs, ECFCs not only proliferate faster but also react more
sensitive towards angiogenic factors, highlighting their importance in neovascularization
and repair mechanisms [249] (Figure 2). Additionally, ECFCs are characterized by high
clonogenic potential (colony-forming ability). Differentiated to mature ECs, ECFCs express
endothelial markers including CD31, vWF, vascular endothelial (VE)-Cadherin (CD144),
CD146, and VEGFR2, and are negative for the leukocyte and monocyte markers CD45 and
CD14. Expression of CD34, a marker for vascular EPCs, diminishes throughout in vitro
culture [23,250,251]. ECFCs have the ability to home to ischemic tissue and initiate neovas-
cularization [252]. The angiogenic capacity of ECFCs is facilitated by their ability to form
new vessels and to release paracrine factors that promote and support vascular repair [250].

ECFCs can be isolated from peripheral or umbilical cordblood (UCB) by culturing
mononuclear cells under endothelial-specific conditions [23,251,252]. The cell number is
about 15-fold higher in UCB compared to adult peripheral blood, with neonatal ECFCs also
showing faster outgrowth [253]. Due to their minimally invasive isolation method, ECFCs
enable personalized patient-related studies on endothelial function and dysfunction [254].

5.1. Endothelial Progenitor Cells and Cardiovascular Risk Factors: Implications for Cardiovascular
Disease and Diabetes

Similar to mature vascular ECs, EPCs are susceptible to CVRFs. The number EPC
is reduced in peripheral blood in type I and type II DM and exhibit functional abnor-
malities [255,256], which worsen throughout the course of DM [255]. Moreover, EPCs
from diabetic patients differ regarding in vitro cultivation. For instance, isolated ECFCs
from T2DM patients show impaired colony outgrowth, less tube formation, decreased
proliferation, migration, and impaired in vivo neovascularization (the latter was shown
in an animal model) [25,257]. Notably, improved glycemic control also positively impacts
EPC numbers and improves the function of differentiated ECFCs [256,258]. Furthermore,
the number of EPCs inversely correlates with body mass index (BMI) [259,260] and levels
of insulin, leptin, and C-reactive protein (CRP) [260], with ECFCs originating from obese
patients showing a slower proliferation rate [260].

These findings indicate that CVRFs have long term effects on circulating EPCs, or even
their stem cell precursors (Figure 4). The underlying mechanisms may include epigenetic
changes [261,262] as well as covalent modifications of cell components, i.e., oxidative
damage of biomolecules, including proteins and lipids, which may lead to potentially
irreversible and adverse consequences [263]. Additionally, oxidative DNA damage can
induce either permanent genetic or epigenetic changes [264], that might be passed on
daughter cells through cell division.
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Figure 4. Exposure of endothelial progenitor cells to cardiovascular risk factors disturbs mitochon-
drial function in the differentiated endothelial cells. Exposure of circulating endothelial progenitor
cells (EPCs) and progenitor cells in the bone marrow to cardiovascular risk factors (CVRFs) modulates
their mitochondrial function in the long term. Thus, after recruiting the progenitors to the vascular
wall, the differentiated endothelial cells remain with dysfunctional mitochondria, elevated reactive
oxygen species (ROS) production, reduced mitochondrial membrane potential (MMP), and increased
cytokine release. The figure was created using BioRender.com, accessed on 22 January 2024.

5.2. Endothelial Progenitor Cells and Cardiovascular Risk Factors in Pregnancy: Programming of
Future Health

In pregnancy, maternal CVRFs may also act on the fetus and affect fetal UCB-derived
EPCs. For instance, maternal metabolic state affects EPC function and number. Moreover,
maternal pre-pregnancy BMI highjacks the number of fetal UCB-EPCs [265]. Additionally,
we have previously demonstrated that during pregnancy, a higher fasting blood glucose
within a healthy, non-diabetic range is associated with delayed colony outgrowth of fetal
ECFCs [266]. However, there are inconsistencies in the literature regarding the effect
of gestational diabetes mellitus (GDM) on fetal EPCs [267]. Several studies reported
decreased ECFC colonies with impaired migration and tube formation, accompanied
by enhanced cellular senescence and reduced proliferation [26,268]. Others, however,
revealed higher proliferation of GDM-derived ECFCs, although with preserved reduced
network-formation capacity [269]. In addition, similar outcomes were obtained in fetal
EPCs derived from pregnancies complicated by preeclampsia [267]. Findings, such as
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the developmental programming concept and the Developmental Origins of Health and
Disease (DOHaD) paradigm, that describe future susceptibility to disease based on prenatal
influences contribute to better understanding of CVD programming in utero.

Thus, circulating EPCs are sensitive to CVRFs, and their acquired impairments may
persist even after their recruitment and differentiation to ECs. However, the specific
involvement of mitochondria in ECFC dysfunction has remained unexplored.

5.3. Endothelial Progenitor Cells in Neurodegenerative Disorders

Early in its disease progression, AD is characterized by the appearance of vascular alter-
ations and BBB disruption [216,244,270,271]. In fact, animal studies in rodents have shown
that ECFCs-injections have beneficial effects on plaque deposition and memory [272,273].
Human studies also indicate a role of ECFCs in NDDs, however with variable as well as
contradictory results, reporting increased [274], unchanged [275,276], or decreased cell
numbers [277,278], possibly due to limited cohort sizes. A new study with over 1500
subjects—currently only published as a preprint—shows a correlation between the number
of circulating ECFCs and a reduced risk of AD [279].

ECFC mitochondria in AD have not been investigated so far. As mentioned, CVRFs
are affecting ECFCs and therefore, lower cardiovascular risk is associated with slower pro-
gression, i.e., cognitive decline, in the general population [280]. Due to the fact that CVRFs
cause mitochondrial dysfunction in ECFCs, a link between mitochondrial dysfunction in
ECFCs and AD, underlining the importance of future research in this field is suggested.

6. Role of Mitochondria in Endothelial Progenitor Cell Dysfunction

As ECFC number and function are sensitive to CVRFs, CVRFs could—similarly to
vascular, mature ECs—disrupt mitochondrial function in ECFCs. In fact, mitochondria
of senescent human ECFCs demonstrate an elongated shape associated with increased
oxidative stress, reduced ATP levels, and decreased mitochondrial fission, as observed by
lower FIS1 levels. The same senescent phenotype was induced by FIS1 silencing in young
(low-passage) ECFCs, which demonstrate reduced proliferation activity, denoting the role
of FIS1 in mitochondrial and endothelial dysfunction in an aging model [281].

Besides the role of mitochondria in ECFC aging, studies show mitochondrial alter-
ations in ECFCs in patients or animal models with endothelial dysfunction. ECFCs of
patients suffering from recurrent venous thromboembolic disease, a condition character-
ized by impaired endothelial function, reveal elevated ROS levels, cytokine release, and
abnormalities in the organization of mitochondrial cristae, with no changes in network
formation [282]. ECFCs of hypertensive patients with capillary rarefaction show swollen
mitochondria with a loss of mitochondrial cristae, molecularly accompanied by increased
ROS and NADH levels. Additionally, mitochondrial bioenergetics are impaired, with
decreased oxygen consumption rates (OCR) and reduced MMP. These alterations are
paralleled by impaired migration and adhesion of ECFCs and less CXCR4/JAK2/SIRT5
signaling, a pathway involved in mitochondrial metabolic function [283]. Similar results
were found in ECFCs differentiated from bone-marrow-derived EPCs of an atherosclerotic
mouse model evidencing mitochondrial dysfunction, as revealed by increased size with
distorted cristae and elevated mitochondrial superoxide anion generation [284]. Altered mi-
tochondrial function has also been observed in ECFCs isolated from patients with CAD, as
demonstrated by higher superoxide anion production. ECFCs derived from CAD patients
also possess increased network formation on Matrigel besides migratory and proliferative
capacities compared to ECFCs from individuals without CAD [285], highlighting the rela-
tionship between mitochondrial and endothelial function. Mitochondrial morphology was,
however, not investigated in that study. ECFCs of type II diabetic patients show increased
mitochondrial fragmentation and dysregulation of proteins involved in mitochondrial
dynamics [286]. Furthermore, and as mentioned before, diabetic ECFCs are functionally
compromised, with reduced proliferation, tube formation, and weakened survival ca-
pacities [25,257]. However, upregulated expression of nuclear factor erythroid 2–related
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factor 2 (NRF2), a transcription factor involved in redox balance, seems to counteract these
DM-induced effects in ECFCs from diabetic patients. and in ECFCs differentiated from
bone-marrow-derived EPCs of diabetic mice by regulating the transcription of IDH2 [286].
The relationship between the metabolic state and mitochondrial function of ECFCs is
further highlighted by a study using db/db diabetic mice, a model of T2DM. The study
investigated mitochondrial function, i.e., MMP, of bone marrow-derived ECFCs in the
bone marrow as a source, in the circulation, and in the retina, where ECFCs are poten-
tially recruited to repair and counteract retinopathy. The decreased MMP of diabetic mice
ECFCs is paralleled by impaired peroxisome proliferator-activated receptor alpha (PPARα)
levels [287]. The link between the action of CVRFs, circulating EPCs, and mitochondrial
dysfunction in the differentiated ECFCs is illustrated in Figure 4.

Further evidence highlighting the relationship between metabolism, oxidative stress,
and ECFC function comes from studies investigating the effect of hyperlipidemia on ECFCs.
Increased Nox-derived ROS production is characteristic of hyperlipidemic rats and was
associated with reduced ECFC adhesion and migration [288]. This link between NOX
activity, ROS, and reduced ECFC function was also found in hyperlipidemic patients,
where NOX2 and NOX4 RNA expression and protein levels are increased in ECFCs, which
is associated with reduced ECFC adhesion, migration, and tube formation [289].

Apart from the earlier described detrimental effects that pathologies cause in the
mitochondrial function of ECFCs, in vitro experiments also highlight the interplay of
mitochondrial function and ROS with ECFC function [290] in physiology. For instance,
in vitro experiments have demonstrated that the pulsatile pressure within the blood ves-
sels promotes vascular homing of ECFCs, both by stimulating adhesion and endothelial
differentiation. Cyclic stretch, when applied to ECFCs, decreases the content of long-chain
fatty acids (LCFAs) and induces the expression of long-chain fatty acyl-CoA synthetase 1
(ACSL1), which facilitates the catabolism of LCFAs in mitochondria via fatty acid oxidation
and oxidative phosphorylation [290]. Transplantation of ECFCs overexpressing ACSL1 into
a rat carotid artery injury model enhances ECFC adhesion and endothelialization. Further-
more, ROS signaling within the physiological range has positive effects on ECFC function:
Action of NOX4, the major ROS-producing enzyme in ECFCs, stimulates angiogenesis
in these cells by upregulating pro-angiogenic factors linked with eNOS signaling [291],
highlighting the importance of fine-tuning mitochondrial metabolism for ECFC function.

The role of mitochondria in the angiogenesis of rat ECFCs has been further emphasized
by the fact that pyruvate kinase M2 (Pkm2), a protein responsible for energy metabolism
and mitochondrial morphology, promotes ECFC angiogenesis through modulation of gly-
colysis, mitochondrial fission, and fusion [292]. Further evidence relating mitochondrial
function to angiogenesis of ECFCs comes from a study using very low-density lipopro-
tein receptor knockout mice as a model of ocular neovascularisation induced by Wnt
signaling overactivation. The study revealed that circulating EPCs of this mouse model
possess higher MMP, with isolated ECFCs showing increased mitochondrial function and
biogenesis, as well as a more active state towards endothelial differentiation [293].

As pointed out in this critical review, recent studies clearly show that despite the
relatively low number of mitochondria in ECs, mitochondrial dysfunction and ROS are
major contributors to endothelial dysfunction. In regard to EPCs and ECFCs, respectively,
there are less data available, but these also suggest that mitochondrial function is essential
for ECFC physiology and pathology. In summary, the evidence supports the proposition
that mitochondrial dysfunction in ECFCs and ECs is intricately linked to endothelial
dysfunction and CVD pathogenesis. However, whether this also applies to NDDs, such as
AD, remains to be investigated.

7. Mitochondria-Targeted Therapeutic Strategies to Improve Endothelial Function

In recent years, several strategies aiming to restore optimal mitochondrial function
have emerged. Notable approaches include using mitochondrial-targeted antioxidants,
mitophagy inducers, and mitochondrial biogenesis enhancers. The mitochondrial-targeted
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antioxidants are compounds specifically targeting mtROS and counteracting oxidative
stress. By restoring redox balance, these compounds hold promise for mitigating mito-
chondrial impairment in ECFCs and ECs, thus ultimately thwarting CVD progression.
MtROS overproduction can be hindered, for example, by mitoquinone (MitoQ) [294], a
mitochondria-targeting antioxidant accumulating within the organelle and neutralizing
oxidative stress [294]. Findings from a randomized controlled trial revealed that acute oral
intake of MitoQ restored mitochondrial function and improved endothelial function in
patients suffering from peripheral artery disease [295]. Acute and, importantly, chronic
intake of MitoQ delivered promising results in elderly adults [296]. In an ex vivo model,
exposure of human aortic ECs (HAECs) to plasma from MitoQ-treated adults reduced
mtROS, lowered circulating oxLDL levels, and improved endothelial properties [206]. Other
promising mitotropic molecules are SkQ1 [297–300], MitoTEMPO [301], SS-31 [302,303],
and AntiOxCIN4 [304–306]. As discussed, enhancing mitophagy can prevent the accu-
mulation of dysfunctional mitochondria, preserve cellular health, and improve EPC and
EC function. Rapamycin [307,308], urolithin A [309], carbonyl cyanide m-chlorophenyl
hydrazone (CCCP) [310], and PTEN-induced kinase 1 (PINK1)/parkin pathway activa-
tors [311] were described as potential mitophagy inducers. Another therapeutic strategy is
using mitochondrial biogenesis enhancers to facilitate mitochondrial function. That would
allow for replenishing the pool of functional mitochondria, bolstering cellular energy pro-
duction, and combating dysfunction. Resveratrol, PPARγ, Adenosine monophosphate
(AMP)-activated protein kinase (AMPK) activators, carnitine, berberine, exercise, and
starvation have been described as mitochondrial biogenesis activators [312–318].

Implementing these strategies carries profound implications for comprehending the
pathogenesis of CVD and NDDs and formulating therapeutic approaches. Directing atten-
tion toward mitigating mitochondrial dysfunction provides an innovative perspective for
addressing the fundamental mechanisms fueling endothelial dysfunction. By reinstating
optimal mitochondrial function within EPCs and ECs, the progression of endothelial dys-
function, atherosclerosis, other cardiovascular complications, and NDDs may potentially
be abated.

8. Conclusions and Future Perspectives

Endothelial dysfunction resulting from the action of CVRFs underlies and contributes
to various non-communicable and age-related diseases, including CVD, NDDs, and
metabolic diseases. CVD, for instance, has been categorized by the WHO as the disease with
the highest mortality worldwide [319]. The relationship between CVRFs, mitochondrial
and endothelial dysfunction highlights that a profound understanding of endothelial mito-
chondrial damage is crucial to improve the prevention and treatment of CVD and NDDs.
Until now the role of ECFCs in CVD and NDDs is not yet fully understood. However, the
fact that not only ECs but also circulating ECFCs and even their precursors located, for
instance, in the bone marrow, are damaged by CVRFs demonstrates the harm that CVRFs
exert on the vasculature. Circulating ECFCs would normally be responsible for endothelial
repair and recovery. It is, therefore, all the more important to understand the cellular
processes of CVD and other non-communicable diseases to develop possible therapies.

Within the framework of the DOHaD concept, an intriguing question surfaces: Can
mitochondrial dysfunction be orchestrated by early influential factors in utero? This
perspective aligns with the notion that events occurring during critical developmental
stages might exert a lasting impact on mitochondrial health, consequently contributing
to the trajectory of endothelial, cardiovascular, and neuronal health or susceptibility to
disease later in life [320]. This introduces an additional layer of complexity when striving
to address CVD. It is imperative to account for the fact that a significant proportion of the
proposed strategies to enhance mitochondrial function have not undergone testing during
pregnancy, except for exercise [321–326] and MitoQ [327–329], nor has the particular effect
on ECs or EPCs been evaluated.
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Future research endeavors should delve deeper into the mechanisms that contribute
to mitochondrial dysfunction in EPCs and ECs. Additionally, clinical translation of these
strategies requires rigorous testing in preclinical models and human trials to validate
their efficacy, safety, and long-term benefits. As our understanding of mitochondrial
involvement in endothelial dysfunction deepens, successfully translating these approaches
could revolutionize cardiovascular therapeutics, potentially leading to more effective
strategies for managing and preventing CVD and NDDs.
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NADPH quinone dehydrogenase 1; NDUFA4L2—NADH dehydrogenase ubiquinone 1 alpha subcom-
plex, 4-like 2; NOX—NADPH oxidase; NDDs—neurodegenerative disorders; NADH—nicotinamide
adenine dinucleotide; NADPH—nicotinamide adenine dinucleotide phosphate; NO—nitric oxide;
NLRP3—nod-like receptor family pyrin domain-containing 3; NRF2—nuclear factor erythroid 2–related
factor 2; NFκB—nuclear factor kappa B; OPA1—optic atrophy protein 1; oxLDL—oxidized LDL; OCR—
oxygen consumption rates; HbO2—oxyhemoglobin HbO2; PARK2—Parkin; PRR—pattern recognition
receptors; PPAR α/γ—Peroxisome Proliferator-Activated Receptor PPAR Alpha/Gamma; ONOO−—
peroxynitrite anion; PAI-1—plasminogen activator inhibitor-1; P. gingivalis—Porphyromonas gingivalis;
PRODH—proline dehydrogenase; PGI2—prostacyclin; PGH2—prostaglandin H2; PERK—protein
kinase RNA PKR-like ER kinase; PINK1—PTEN-induced kinase 1; PDH—pyruvate dehydrogenase;
Pkm2—pyruvate kinase M2; Q-cycle—quinol cycle; RhoA—Ras homolog family member A; Ras—rat
sarcoma; ROS—reactive oxygen species; RBCs—red blood cells; ROCK1—Rho associated coiled-coil
containing protein kinase 1; Sirt1—sirtuin 1 lysine deacetylase; SMCs—smooth muscle cells; sGC—
soluble guanylyl cyclase; STZ—streptozotocin; SRXN1—sulfiredoxin 1; O2

•−—superoxide anion;
SOD—superoxide dismutase; TXN—thioredoxin; TXA2—thromboxane A2; TJs—tight junctions;
tPA—tissue plasminogen activator; TCA—tricarboxylic acid; TNFα—tumor necrosis factor alpha;
T2DM—type II DM; UCB—Umbilical cordblood; UCP2—uncoupling protein 2; UPR—unfolded pro-
tein response; VCAM—vascular CAM; VD—Vascular dementia; (VE)-Cadherin—vascular endothelial
Cadherin; VEGF—vascular endothelial growth factor; VSMCs—vascular SMCs; VEGFR2—VEGF
receptor 2; ACDVL—very long-chain acyl-CoA dehydrogenase; vWF—von Willebrand factor; XDH—
xanthine dehydrogenase; XO—xanthine oxidase.
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Simple Summary: Non-alcoholic fatty liver disease (NAFLD) is a global pandemic that affects 25%
of the world’s population and represents a serious health and economic concern worldwide resulting
from unhealthy dietary habits combined with a sedentary lifestyle, although genetic contributions
have been documented. Although the molecular mechanisms that cause the progression are not
fully understood, metabolic-dysfunction-associated fatty liver disease is strong evidence that mito-
chondrial dysfunction plays a significant role in NAFLD. This review postulates that the regulation
of hepatocytes’ mitochondrial physiology to maintain hepatic mitochondrial mass, integrity, and
function are differently altered during NAFLD progression. This review summarizes evidence linking
mitochondrial (dys)function with NAFLD pathophysiology, discriminating it in different disease
stages (simple steatosis, steatohepatitis, liver fibrosis, cirrhosis, and hepatocellular carcinoma). As
mitochondrial dysfunction is considered a driving force in NAFLD progression, targeting hepatocytes’
mitochondrial physiology could contribute to establishing an effective therapy for NAFLD. However,
additional studies on distinct mitochondrial sub-populations roles in NAFLD, the impact of mito-
chondrial (mis)communication with other subcellular organelles (peroxisomes and lipid droplets),
the impact of negligible pathways, such as fatty acid oxidation, de novo lipogenesis, and the pentose
phosphate pathway in the hepatocytes’ mitochondrial physiology in different stages of NAFLD are
topics to explore.

Abstract: Non-alcoholic fatty liver disease (NAFLD) is a global pandemic affecting 25% of the world’s
population and is a serious health and economic concern worldwide. NAFLD is mainly the result
of unhealthy dietary habits combined with sedentary lifestyle, although some genetic contributions
to NAFLD have been documented. NAFLD is characterized by the excessive accumulation of
triglycerides (TGs) in hepatocytes and encompasses a spectrum of chronic liver abnormalities,
ranging from simple steatosis (NAFL) to steatohepatitis (NASH), significant liver fibrosis, cirrhosis,
and hepatocellular carcinoma. Although the molecular mechanisms that cause the progression of
steatosis to severe liver damage are not fully understood, metabolic-dysfunction-associated fatty liver
disease is strong evidence that mitochondrial dysfunction plays a significant role in the development
and progression of NAFLD. Mitochondria are highly dynamic organelles that undergo functional
and structural adaptations to meet the metabolic requirements of the cell. Alterations in nutrient
availability or cellular energy needs can modify mitochondria formation through biogenesis or
the opposite processes of fission and fusion and fragmentation. In NAFL, simple steatosis can
be seen as an adaptive response to storing lipotoxic free fatty acids (FFAs) as inert TGs due to
chronic perturbation in lipid metabolism and lipotoxic insults. However, when liver hepatocytes’
adaptive mechanisms are overburdened, lipotoxicity occurs, contributing to reactive oxygen species
(ROS) formation, mitochondrial dysfunction, and endoplasmic reticulum (ER) stress. Impaired
mitochondrial fatty acid oxidation, reduction in mitochondrial quality, and disrupted mitochondrial
function are associated with a decrease in the energy levels and impaired redox balance and negatively
affect mitochondria hepatocyte tolerance towards damaging hits. However, the sequence of events
underlying mitochondrial failure from steatosis to hepatocarcinoma is still yet to be fully clarified.
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This review provides an overview of our understanding of mitochondrial adaptation in initial
NAFLD stages and highlights how hepatic mitochondrial dysfunction and heterogeneity contribute
to disease pathophysiology progression, from steatosis to hepatocellular carcinoma. Improving
our understanding of different aspects of hepatocytes’ mitochondrial physiology in the context of
disease development and progression is crucial to improving diagnosis, management, and therapy of
NAFLD/NASH.

Keywords: non-alcoholic fatty liver disease (NAFLD); mitochondrial hepatic populations; mitochondrial
adaptation; mitochondrial dysfunction

1. Introduction

Non-alcoholic fatty liver disease (NAFLD) is a spectrum of fatty liver phenotypes
that do not result from alcohol consumption abuse (i.e., ≤30 g alcohol/day in men; ≤20 g
alcohol/day in women), viral or autoimmune factors, or drug exposure. Global prevalence
of NAFLD is around 25–29% and is closely associated with multiple metabolic disorders
such as type 2 diabetes mellitus (T2M), obesity, hypertension, and hyperlipidemia, but a
contribution of the hereditary component has also been demonstrated [1]. The diagnosis of
this disease requires evidence of an excessive accumulation of TG in the hepatocytes while
excluding other factors that also can lead to development of hepatic steatosis. NAFLD
can range from NAFL or simple steatosis, a more benign stage, to NASH, which can
progress to cirrhosis and hepatocellular carcinoma (HCC) [2,3]. The pathophysiology of
NAFLD/NASH is multifactorial, and the progression to advanced forms remains unclear.
Notwithstanding, two-hit or, more recently, the multiple-hit hypothesis is the most widely
accepted explanation for NAFLD development. Accordingly, hepatic steatosis (first-hit) can
progress to further stages due to several second hits (mitochondrial dysfunction, oxidative
stress, proinflammatory cytokines, or gut-derived bacterial endotoxins).

Mitochondria play an important role in maintaining homeostasis in the liver and,
consequently, are closely involved in the development of NAFLD disease. Although
mitochondria counteract lipotoxic insults in the initial stage of the disease, prolonged
uncontrolled stimulation of basal reactive oxygen species (ROS) production or failure of
antioxidant defenses to neutralize them results in oxidative stress and hepatocyte injury [4].
Still, some aspects of hepatocytes’ mitochondrial physiology in NAFLD remain unclear.

This review postulates that multiple pathways involved in regulating hepatocytes’
mitochondrial physiology to maintain hepatic mitochondrial mass, integrity, and function
are altered differently during NAFLD progression. This review summarizes the current
evidence that links mitochondrial (dys)function with NAFLD pathophysiology, discrimi-
nating them in different disease stages. This knowledge of the mitochondrial physiology
of hepatocytes and associated signaling pathways involved in disease development and
progression will decisively impact diagnosis, management, and therapy of NAFLD/NASH.

2. NAFLD Disease

2.1. Epidemiology

The incidence and prevalence of NAFLD is increasing worldwide. Statistically, the
global prevalence of NAFLD is around 25–29%, with the lowest rate in Africa (13%) and the
highest in Southeast Asia (42%) [5]. In Europe, the prevalence of NAFLD is approximately
24%, with notoriously higher rates in Southern than Northern Europe [6,7]. Additionally, a
time-dependent uptrend in NAFLD prevalence is documented (from 25% between 1999
and 2005, to 28% between 2006 and 2011, and 34% (32–36) between 2012 and 2017) [5].
NAFLD incidence is higher in men than in women (37% vs. 23% and more common in older
populations (age ≥ 45 years) than in younger populations (age < 45 years; 32% vs. 27%) [5].
Although NAFLD is strongly associated with obesity episodes, lean NAFLD is also a health
concern. From the NAFL patient population, 59% progress to NASH, of whom 41% develop
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fibrosis. Additionally, 40% of the patients with fibrosis become cirrhotic [8]. NASH has
a global prevalence estimated between 3% to 5%. Still, NASH is responsible for 18% of
all HCC cases in the USA, which corresponds to an 8-fold increase from 2002 to 2017 [9].
Concerningly, NAFLD is a rising cause of HCC worldwide.

2.2. Risk Factors

NAFLD is mainly the result of unhealthy dietary habits such as high caloric intake
and fructose consumption combined with sedentary lifestyle [9]. A meta-analysis showed
that 51% of patients with NAFLD were obese, 23% had type 2 diabetes mellitus (T2DM),
69% had hyperlipidemia, 39% had hypertension, and 42% had metabolic syndrome [5].
Obesity, defined by the World Health Organization (WHO) as a body mass index (BMI)
higher or equal to 30, is proportional to the rising prevalence of NAFLD [10]. T2DM is
another critical risk factor for NAFLD and NASH. The manifestation of NAFLD among
people with diabetes is 56%, whereas the overall prevalence of NASH in people who have
diabetes type II (T2DM) is around 37% [7]. Likewise, dyslipidemia is a risk factor that is
characterized by exacerbated triglycerides (TGs) and low-density lipoprotein cholesterol
(LDL-C) levels and by diminished high-density lipoprotein cholesterol (HDL-C) concentra-
tions. Hypertension is also recognized as a major (cardio)metabolic risk for NAFLD, since
50% of hypertensive patients have the disease [11–13].

In addition, some genetic contributions to NAFLD have been documented, accounting
for between 20–70% of NAFLD development (Table 1). Although five major variants in
genes associated exclusively with NAFLD, such as patatin-like phospholipase domain-
containing 3 (PNPLA3), transmembrane 6 superfamily member 2 (TM6SF2), glucokinase
regulator (GCKR), membrane-bound O-acyltransferase domain-containing 7 (MBOAT7),
and hydroxysteroid 17-beta dehydrogenase 13 (HSD17B13), have been described, rare
variants were also reported in NAFLD patients [14]. PNPLA3 gene, responsible for encod-
ing adiponutrin (ADPN) protein and located on the lipid droplets of hepatocytes, acts as
a hydrolase towards to TGs and transacylase at polyunsaturated fatty acids (PUFAs) in
phospholipids. The replacement of glutamic acid with lysine at position 434 (PNPLA3
148M, rs2294918) impairs ubiquitylation and proteasomal degradation, resulting in lipid
droplet accumulation and NAFLD development [15]. TM6SF2, highly abundant in the
liver and small intestine, is mainly localized in the endoplasmic reticulum (ER) and the
ER–Golgi intermediate compartment (ERGIC) and plays a regulatory function in liver
fat metabolism, orchestrating triglyceride secretion and hepatic lipid droplet content. A
nonsynonymous mutation in TM6SF2 (TM6SF2 E167K, rs58542926) leads to a substitution
of a glutamine by a lysine at residue 167 that promotes protein degradation [16]. TM6SF2
E167K variant can contribute to liver steatosis due to abnormal TG synthesis or low secre-
tion of VLDL-TG or a combination of both as it impairs the second stage of lipidation of
VLDLs, affecting the incorporation of PUFAs into serum TGs and liver phosphocholines
(PCs) [17]. The GCKR gene encodes glucokinase regulatory protein (GCKRP), which plays
a huge role in preserving plasma glucose homeostasis and metabolic traits. A common
missense variant (rs1260326) resulting from a proline-to-leucine substitution at position
446 (P446L) showed impaired regulation of fructose-6-phosphate levels that turned out
to increase GCK activity [18] continually. In fact, augmented liver GCK activity is known
to stimulate glycolytic flux, which promotes hepatic glucose metabolism and increased
concentrations of malonyl-CoA, leading to hepatic fat storage due to β-oxidation blocking
ability of malonyl-Coa [19]. HSD17B13 gene expression is confined to the liver, in particular
hepatocytes. It is a lipid droplet (LD)-associated protein involved in the insulin-regulated
lipogenic transcription factor steroid-responsive element-binding protein 1c (SREBP1c) and
upregulated in human NAFLD livers [20,21]. Additionally, it catalyzes multiple substrates
such as steroids, lipids including leukotriene B4 and 12(R)-hydroxyeicosatetraenoic acid,
and retinol. A protein-truncating variant of HSD17B13 (rs72613567) resulted in lower risks
of developing chronic hepatic inflammation and ballooning as well as fibrosis [22]. Notably,
this variant did not prevent steatosis, and its protective effect may be determined by the co-
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existence of other genetic variants such as PNPLA3 rs2294918 and TM6SF2 rs58542926 [21].
The MBOAT7 gene is highly expressed in circulating monocytes and lymphocytes codify-
ing the MBOAT7 enzyme that participate in the phospholipid acyl-chain remodeling of
the membranes. MBOAT7 catalyzes a desaturation of the second acyl-chain of phospho-
lipids by transferring a PUFA in the form of acyl-CoA to lysophosphatidylinositol (LPI)
and other lysophospholipids. Since it uses arachidonoyl-CoA as a substrate, MBOAT7
can regulate the levels of free arachidonic acid and consequently eicosanoids that are
potent triggers for hepatic inflammation and fibrosis. The MBOAT7 variant (rs641738 C>T
MBOAT7/TMC4) reduces the levels of the MBOAT7 protein in the liver and predisposes
to advance forms of NAFLD, mainly by modifying the hepatic levels of phosphatidyli-
nositol (PI) and LPI and stimulating hyperinsulinemia and hepatic IR [23,24]. Many
other rare genetic variants related to NAFLD have been described. Among them, protein
phosphatase 1 regulatory subunit 3B (PPP1R3B, rs4240624), autophagy-related 7 (ATG7,
rs143545741), immunity-related GTPase M (IRGM, rs10065172), lipin 1 (Lpin1, rs13412852),
uncoupling protein 2 (UCP2, rs695366), mitochondrial amidoxime reducing component
1 (MARC1, rs2642438), interferon-l4 (IFNL4, rs368234815), MER proto-oncogene, tyrosine
kinase (MERTK, rs4374383), superoxide dismutase 2 (SOD2, rs4880), and Kruppel-like
factor 6 (KFL6, rs3750861) were reported in NAFLD patients [25].

Table 1. Expression patterns and function of genes associated with NAFLD risk.

Gene Function Variant Outcomes in NAFLD

PNPLA3 Lipid remodeling;
Lipogenesis rs738409

Decreased lipolysis, phospholipase and retinyl-plamitate
lipase activity; [26]

Increased hepatic fat content, elevated liver enzymes,
hepatic fibrosis, and cirrhosis [27]

GCKR Glucose uptake;
Lipogenesis rs1260326

Inhibition of glucokinase; [28]
Increased glycolytic flux and malonyl-CoA levels; [29]

Increased hepatic fat storage and decreased β-oxidation [30]

TM6SF2 VLDL secretion rs58542926

Increased hepatic TG content and higher risk of advanced
fibrosis in NAFLD; [31]

Lower concentration of hepatic-derived TG-rich
lipoproteins; [32]

Impaired incorporation of polyunsaturated fatty acids into
hepatic TGs, phospholipids, and cholesterol ester [20]

HSD17B13 Lipid droplet remodeling;
Retinol metabolism rs72613567

Decreased risk of chronic liver damage in NAFLD
patients; [33]

Increased hepatic phospholipids and downregulation of
inflammation-related genes [21]

MBOAT7 Remodeling of PI rs641738

Increased liver damage; [24]
Decreased PI species with arachidonoyl side chains; [23]

Increased PI species with monounsaturated fatty acids; [23]
Elevated plasma levels of LPI [24]

In summary, rare genetic variants can contribute to NAFLD development, but the
lack of information on the role of rare variants, as well as structural variation, gene-by-
gene-interaction, and gene-by-environment interaction emphasize the need to improve
our understanding as they likely contribute to the disease development and may impact
NAFLD clinical diagnosis.

2.3. Pathophysiology

NAFLD pathophysiology is characterized by excessive fat in the liver, specifically
when at least 5% of hepatocytes exhibit lipid droplets (LDs) that surpass 5–10% of total
liver weight in patients. The histological hallmark of NAFLD is steatosis, the accumulation
of hepatic TGs, which relies on the acinar architecture and is classified according to the per-
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centage of liver parenchyma containing steatotic hepatocytes: 0–33%, 33–66%, or >66% [34].
The increasing FFA flux into the liver from lipolysis (the hydrolysis of FFAs and glycerol
from triglyceride) within adipose tissue, dietary sources, and de novo lipogenesis (DNL),
combined with an imbalance in its oxidation or secretion, leads to hepatic steatosis [35].
Once in the liver, FFAs are metabolized either through β-oxidation or re-esterification to
TGs and storage as LD or wrapped and exported as very low-density lipoproteins (VLDLs).
In NAFLD patients, 60% of liver TG content is derived from nonesterified fatty acid pool
(NEFA), 26% from DNL, and 15% from the diet, while in healthy individuals DNL only
contributes to <5% of hepatic TG formation [36].

Classically, progressive liver steatosis, if not treated, may advance to NASH and fibro-
sis. The NASH histological diagnostic criteria include steatosis, hepatocellular injury, and
lobular inflammation, with or without fibrosis. As the subsequent impairment of insulin
signaling in the adipose tissue results in the suppression of lipolysis and inflammation,
and the adaptive mechanisms in the liver are overburdened, lipotoxicity occurs, a process
that can contribute to ROS formation, mitochondrial dysfunction, and ER stress. Elevated
proinflammatory adipocytokines such as TNF-α, IL-6, and IL-1β produced by adipose
tissue activate the immune system in the liver and act as precursors to the development of
insulin resistance and compensatory hyperinsulinemia [37]. The cellular damage caused
by the combination of these insults leads to the transition from NASH to fibrosis [38].
Once fibrosis progresses, hepatic architectural remodeling occurs, and hepatocellular injury
occurs in the form of ballooning, the formation of apoptotic bodies, and lytic necrosis. Hep-
atocyte ballooning describes the presence of enlarged, swollen hepatocytes, with rarefied
cytoplasm that may have a reticulated appearance or contain Mallory–Denk bodies. The
need to replace dead cells leads to the activation of liver regeneration and fibrogenesis,
extracellular matrix (ECM) production, and augmenting collagen, promoting liver fibro-
sis [39]. Approximately 25% of NAFL-diagnosed patients develop advanced fibrosis during
a relatively short follow-up period (median: 6.7 years; mean: 3.3 years), which reflects an
active disease predisposing denominator to both liver- and non-liver related morbidity
and mortality. Advanced fibrosis increases the likelihood of cirrhosis and, ultimately, may
develop into hepatocellular cancer and liver failure due to impaired liver regeneration
brought on by unsuccessful attempts to restore healthy liver architecture [39–41].

3. Two-Hit or Multiple-Hit Hypothesis

The full understanding of the mechanisms underlying the development of NAFLD
is of extreme importance, although the pathophysiology is complex and incompletely
understood. The ‘two-hit’ hypothesis is now obsolete, as it is inadequate to explain the
several molecular and metabolic changes that take place in NAFLD. The “multiple-hit”
hypothesis considers multiple insults acting together on genetically predisposed subjects
to induce NAFLD and provides a more accurate explanation of NAFLD pathogenesis.
According to this hypothesis, the first hit consists of hepatic fat accumulation that occurs in
response to increased fat synthesis and delivery, decreased fat export, and/or diminished
fat oxidation [42].

Hepatic steatosis can progress to further stages due to “second hits” such as mitochon-
drial dysfunction, proinflammatory cytokines (IL-1β, TNF-α, and IL-6) and adipokines
(adiponectin and IL-37), ER stress, and gut-derived bacterial endotoxins [43–47]. The theory
evolved as new evidence showed that NAFLD may be a consequence of parallel “multi-
hits” [48]. In this context, insulin resistance leads to enhanced lipogenesis and increased
uptake of FFAs into the liver, which predispose the liver to injury by “multiple parallel hits”
(oxidative damage, activation of fibrogenic pathways, activation of hepatic stellate cells
(HSCs), altered expression of adipokines) leading to NASH and fibrosis. Mitochondrial
dysfunction has been described as a crucial driving force in NAFLD progression. In the
sections below, the role of mitochondria in NAFLD progression will be discussed.
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4. Mitochondrial (Dys)Function in NAFLD

4.1. Hepatic Mitochondrial Populations: Implications for NAFLD

The number and type of mitochondrial structures diverge from tissue to tissue, de-
pending on their metabolic state. However mitochondrial heterogeneity can occur even
within the same tissue, including liver. Experimental data using intact livers and isolated
liver mitochondria revealed an increment in mitochondrial oxidative function induced
by simple steatosis [49], even though in primary hepatocytes and human hepatoma cell
lines subjected to lipotoxicity insults opposing effects were observed [50,51]. In a study in
brown adipose tissue (BAT), two segregated populations of mitochondria, the peridroplet
mitochondria (PDM) and the cytosolic mitochondria (CM), were detected [52]. Mitochon-
dria bound to lipid droplets (LDs), namely PDM, can stimulate TG synthesis and expand
LDs in a process involving protein perilipin 5 (PLIN5) [52]. Similarly, hepatic PLIN5 re-
tains the dietary excess of FAs in LDs and blocks lipolysis, which protect hepatic from IR
damage induced by HFD feeding [53]. Likewise, it was proposed that hepatocytes possess
segregated mitochondria, which would be dedicated to sustaining dietary FA esterification
into TGs but also to producing new FAs and assembling lipoproteins in the ER (Figure 1).
As TG, cholesterol, and phospholipids can be carried inside of this type of lipoprotein,
which allows their efflux from hepatocytes to plasma, a new segregated mitochondrial
population, ER-anchored mitochondria, were suggested [54]. In this scenario, ER-anchored
mitochondria showed inhibited CPT-1 activity and are probably responsible for lipoprotein
assembly and de novo FA synthesis. Peridroplet mitochondria (PDM) have a limited capac-
ity to execute FAO. On other hand, cytosolic mitochondria (CM) are proposed to be more
involved in oxidizing FAs. Since hyperinsulinemia stimulates lipogenesis, it is possible that
the increase in ER–mitochondria contacts with IR and that simple steatosis is a consequence
of hyperinsulinemia [54]. Notably, overexpression of PLIN5 and consequently PDM do
not augment de novo lipogenesis or the assembly of lipoproteins in the ER, as observed
by the unchanged VLDL export and plasma lipid levels [55]. Furthermore, diacylglycerol
o-acyltransferase 2 (DGAT2) and not PLIN5 appears to be the mediator in mitochondria
segregation and ER-anchored lipogenic mitochondria generation [56], as demonstrated by
the reduction on steatosis and hypertriglyceridemia upon DGAT2 ablation [57]. Function-
ally, DGAT2 catalyzes the last step of TG synthesis and is found in mitochondria-associated
membranes (MAMs).

These segregated subpopulations of mitochondria can be independent and have
diverse oxidative functions, which may explain why the tricarboxylic acid (TCA) cycle
fluxes and mitochondrial fatty acid β-oxidation (FAO) rates increase in NAFLD (in animal
models). This process is not always observed in isolated liver mitochondria by the inability
to access in ex vivo experiments full mitochondrial oxidative function. Although studies
on distinct mitochondrial sub-populations roles in NAFLD are still scarce, and their role
in metabolic dysregulation remains poorly understood, the idea that liver ER-anchored
mitochondria and PDM are functionally disconnected from cytosolic mitochondria can
explain the mitochondria oxidative function heterogeneity in NAFLD.

4.2. Adaptation (Hormesis) vs. Maladaptation (Dysfunction)

Multiple pathways can be involved in the regulation of hepatocytes’ mitochondrial
physiology in order to maintain hepatic mitochondrial mass, integrity, and function. Al-
terations in mitochondria-associated signaling pathways decisively impact development
and progression of NAFLD/NASH. Hormesis, a “biphasic dose response” [58], is defined
as a beneficial or stimulatory effect caused by exposure to low doses of an agent capable
of stimulating adaptive responses in cells and organisms to preserve homeostasis, pro-
moting health and longevity. More recently, the “mitohormesis” concept was introduced
as the hormetic response that promotes health and vitality upon sublethal mitochondrial
stress [59]. Activation of ROS-mediated (mainly H2O2) cell signaling pathways is crucial
for mitohormesis regulation [60,61].
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Figure 1. Distinct mitochondrial populations in hepatocytes. Mitochondria attached to different
organelles can have distinct roles, reinforcing the hypothesis that not all mitochondria in the same cell
are homogeneous. This concept supports the assumption that some mitochondria in hepatocytes can
be specialized in synthesizing lipids, while other mitochondria can oxidize lipids. The functional seg-
regation of mitochondria can be determined by their anchorage to specific organelles, which prevents
motility and thus fusion between the different subpopulations. In this context, it is believed that three
mitochondrial populations exist in hepatocytes: (1) cytosolic mitochondria, which are responsible for
fatty acid oxidation, production of ketone bodies, and ureagenesis to support glucose production;
(2) mitochondria attached to lipid droplets, namely peridroplet mitochondria (PDM), which promote
the esterification of fatty acids into triglycerides; and (3) ER-anchored mitochondria, responsible
for fatty acid synthesis, lipoprotein assembly, and excretion. VLDL, very low-density lipoprotein;
PLIN5, perilipin 5; DGAT2, diacylglycerol O-acyltransferase 2; ER, endoplasmic reticulum; OAA,
oxaloacetate. Created with BioRender.com (accessed on 5 February 2023).

NAFLD patients showed increased serum levels of antioxidant enzymes such as
SOD, GPx, and GSH in an initial stage of NAFLD [62], indicating a possible adaptation
mechanism to mild increase in oxidative stress (Figure 2). Activation of the SIRT1-PGC-1α
pathway, either by an alteration in AMP/ATP ratio or AMPK activation and fluctuation
in NAD+ levels, can upregulate mitochondrial energy metabolism and biogenesis [63].
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In mouse models, it was observed that SIRT1 overexpression attenuated HFD-induced
liver steatosis and inflammation by inhibiting CD36 expression and the NF-κB signaling
pathway [64].

Figure 2. Mitochondrial adaptation and maladaptation in NAFLD progression. Different stages
of Non-alcoholic fatty liver disease (NAFLD), comprising non-alcoholic fatty liver (NAFL), non-
alcoholic steatohepatitis (NASH), cirrhosis, and hepatocellular carcinoma (HCC). During NAFLD
progression, mitochondria increase their function in order to counteract lipotoxic insults. However,
uncontrolled stimulation of basal ROS production or failure of antioxidant defenses to neutralize
ROS results in exacerbated ROS levels that lead to oxidative stress and culminate in hepatocyte injury.
ROS, reactive oxygen species. Created with BioRender.com (accessed on 5 February 2023).

Proteotoxic signals, such as mitochondrial unfolded protein response (UPRmt), are
also involved in hormetic processes. UPRmt alteration was observed in mouse studies
and obese humans [65–67], constituting a stimulus that may trigger UPRer, UPRmt, or
both. Moreover, the downregulation of the TOR signaling pathway led to an early increase
in mtROS levels [68]. In liver tumors, mTOR activation has been associated with NASH
in both mouse models and humans [69]. The nuclear factor erythroid-derived 2-like 2
(Nrf2, NFE2L2) also contributes to hormetic induction of increased stress resistance [70].
Specific overexpression of hepatic Nrf2 in HFD-fed mice protects against OxS induced by
prolonged methionine- and choline-deficient (MCD) exposure [71], while Nrf2 deletion
results in progression from simple steatosis to NASH [72]. Interestingly, liver macrophages
showed diminished levels of Nrf2 [73].

Mitochondrial homeostasis is assured by the successful removal of physiological ROS
through endogenous antioxidant mechanisms as well as by assisting metabolic adaptations
that prevent substrate supply to the TCA cycle. However, amplified and chronic mito-
chondrial ROS production and redox processes that damage mitochondria can be part of
a deleterious cycle as mitochondria can continuously produce more ROS (Figure 2) [74].
While mitochondria are the preferential site of ROS production, particularly under patholog-
ical conditions, other mitochondrial enzymes such as glycerol 3-phosphate dehydrogenase
and 2-oxoglutarate dehydrogenase can also contribute to a decay of mitochondrial home-
ostasis [75] and induce a stress signaling response and mitochondrial dysfunction. Liver
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tissues from patients with NASH exhibited high levels of mtROS and mtDNA damage [76].
mtDNA depletion and augmented levels of 8-hydroxy-20-deoxyguanosine (8-OHdG), an
oxidized form deoxyguanosine, were reported in NAFLD [77]. Critical regulators of mito-
chondrial metabolism and biogenesis such as TFAM, Nrf2, and PGC-1α showed reduced
expression levels in NAFLD [75]. Due to the high FA hepatic influx, patients with NAFLD
have elevated mitochondrial FAO and TCA cycle turnover, which result in a consistent high
source of reducing equivalents to the ETC. Although increased mitochondrial FAO charac-
terizes NAFLD, in NAFLD patients and high-fat-fed mice, the upregulation proliferator-
activated receptor-α (PPAR-α) and ACOX genes and higher levels of peroxisomal-related
proteins in livers were detected [78,79]. The increased content of oxidized cardiolipin (CL),
a phospholipid present in the inner mitochondrial membrane, contributes to mitochondria
dysfunction by decreasing ETC complex activity and promoting the mPTP opening [80].
This process seems to involve ALCAT1, a lyso-CL acyltransferase.

Ceramides are crucial cell membranes components that can act as signaling molecules
coordinating various cellular processes such as proliferation and apoptosis. In response to
HFD feeding of mice, ceramide synthesis can be exacerbated, leading to the decrease in
mitochondrial respiration and contributing to NASH. Sphingolipid ceramide 16:0 directly
decreases mitochondrial FAO in hepatocytes from steatotic mice, accompanied by reduced
hepatic insulin signaling and hyperglycemia [81]. Notably, the data from cohorts of NASH
patients presented a strong correlation between serum and liver ceramide levels [82].
Exacerbated hepatic ceramide content is linked to diminished mitochondrial oxidative
capacity [83]. Ceramides accelerate the synthesis of ganglioside GD3 at the ER, promoting
its translocation to mitochondria, where it enhances OxS by stimulating superoxide anion
production at complex III [84]. Steatotic livers from ob/ob mice also showed exacerbated
levels of TNF-α and FFAs [4,85], together with decreased ETC coupling, as demonstrated
by the higher proton leak and subsequent decrease in ATP synthesis [86].

The activation of pathways involving mitogen-activated protein kinases (MAPKs) play
a critical role in the development of liver diseases and injuries, such as steatosis, NASH,
fibrosis and hepatocarcinoma [87]. Oxidative stress prompts a progressive and irreversible
escalation of oxidative damage that markedly influences critical aspects of mitochondrial
physiology (oxygen consumption, ATP and ROS production, FAO, autophagy, among
others), which might contribute to NAFLD disease progression. However, the mitochon-
drial capacity breaking point, i.e., the sequence by which signaling pathways transform
functional mitochondria into dysfunctional mitochondria, is unknown.

5. Mitochondrial (Dys)Function in NAFLD Progression

5.1. Mitochondrial Function in Simples Steatosis

In simple steatosis, the dysregulation of lipid and glucose metabolism occurs mainly
in the presence of a high intake of high-caloric fat diets, which results in accumulation
of TGs and FFAs in the liver. The overall process contributes to modifying the mitochon-
drial proteome [88]. In response to fat overload, hepatocytes increase fatty acid oxidation
(FAO) processes, followed by increasing the TCA cycle and OXPHOS to avoid hepatic
lipid burden. AMPK triggers catabolic pathways (e.g., fatty acid and glucose oxidation
pathways) by inducing the activation of PGC-1α (Figure 3) [89]. When PGC-1α is activated,
it powerfully coordinates gene expression that stimulates mitochondrial fatty oxidation.
Through interaction with PPAR-α, PGC-1α induces the expression of several enzymes
involved in fatty acid-metabolism, including carnitine palmitoyltransferase-1 (CPT-1) and
acyl-CoA dehydrogenases [76]. The carnitine palmitoyltransferase system is an essential
step in the β-oxidation of long chain fatty acids, as CPT-1 catalyzes the import of FFAs into
the mitochondria. Clinically, CPT-1 activation can increase NAFLD biomarkers in patients,
as demonstrated by the decrease in serum levels of AST, ALT, bilirubin, and mtDNA [90].
Moreover, the observed alterations in the mitochondrial composition may reflect the adap-
tation to the chronic rise in gluconeogenesis and intrahepatic lipid management induced
by NAFLD, leading to accumulation of mitochondrial ATP and TCA cycle intermediates.
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Studies in the fatty liver of human and mice demonstrated that mitochondrial pyruvate
oxidation and TCA cycle flux are elevated in the fasted stage and that ketogenesis does not
follow the same tendency [91]. The mismatch of mitochondria between high TCA fluxes
and decreased OXPHOS activity alongside high rates of FAO could be the key pathogenic
mechanism in NAFLD. In fact, impaired ketosis can raise TCA flux in NAFLD, which
increases acetyl-CoA available to the TCA cycle. Notably, in HFD mice, the deletion of the
mitochondrial pyruvate carrier 1 (MPC1), which decreases TCA fluxes, led to diminished
hepatic glucose production and inflammation [92,93].

 

Figure 3. Mitochondrial dysfunction in NAFLD progression. Mitochondria rely on diverse mech-
anisms to preserve their function including dynamics, redox signaling, mitophagy, and calcium
homeostasis. In contrast to a healthy liver, mitochondria in NAFLD were reported to be fragmented
and overloaded with calcium, with decreased oxidative capacity and increased ROS production,
which cause JNK activation. JNK activation itself can induce these same defects in mitochondrial
function, constituting a feed-forward cycle of mitochondrial dysfunction. Mitochondrial dysfunction
in NAFLD was also explained by defective mitophagy. The decrease in fatty acid oxidation (FAO)
caused by this compromise in mitochondrial function may induce FA accumulation in hepatocytes
while impairing insulin signaling. ER, endoplasmic reticulum; JNK, c-Jun NH2-terminal kinase;
SAB, SH3 homology associated BTK-binding protein; ROS, reactive oxygen species. Created with
BioRender.com (accessed on 5 February 2023).
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Several in vitro studies mimicking NAFLD conditions as well as mice subjected to
HFD showed impaired mitophagy, culminating in increased fat accumulation, elevated
OxS, and inflammation [94,95] (Figure 3). HFD-fed mice presented exacerbated expres-
sion levels of ALCAT1 and defective mitophagy in isolated hepatocytes, which were
restored after genetic ablation of ALCAT1, strengthening the importance of maintaining
mitochondrial morphology and mtDNA integrity [96]. Knockout mouse studies showed
that BNIP3, an important regulator of hepatic lipid metabolism, led to augmented lipid
synthesis, mainly by reducing AMPK activity and increasing expression of lipogenic genes.
In addition, decreased β-oxidation was reported [97]. Finally, it was found that peroxire-
doxin 6 (PRDX6), an antioxidant PRDX family member, can translocate to dysfunctional
mitochondria upon increased ROS production, where it plays a crucial role in the initial
stage of mitophagy by controlling ROS homeostasis. Moreover, PRDX6 antagonizes the
positive feedback loop between lipid accumulation and ROS production through the regu-
lation of mitochondrial antioxidant function and β-oxidation to maintain mitochondrial
integrity [98]. Although OxS is clearly documented as a trigger of NAFLD progression,
the role of mitochondria ROS in severity transition remains controversial. In fact, several
authors showed no alterations in ROS levels of isolated liver mitochondria from mice with
the NAFL phenotype [99,100] Peroxisomes are important organelles in fat metabolism,
also being responsible for ROS generation. The knowledge of how these two organelles
communicate is very limited. Further studies on contact sites between mitochondria and
peroxisomes and the sub-localization of ROS in steatosis are still needed.

5.2. Mitochondrial Function in NASH and Non-Alcoholic Fibrosis (NAF)

In liver biopsies of NASH patients, mitochondria presented ultrastructural abnormal-
ities [101]. In NAFLD, the sequential events of increased FFAs and de novo lipogenesis
(DNL) and accumulation of TGs induce adaptations of mitochondrial oxidative metabolism.
However, even a dynamic organelle such as mitochondria cannot infinitely protect cells
against lipotoxicity with the excessive deposition of FFAs.

NAFLD progression is amplified by inhibition of CPT-1, diminished mitochondrial
FAO, and continuing ATP depletion, which is promoted by increased hepatic expression
of uncoupling protein-2 (UCP2) [102]. Subsequently, increased ROS levels also contribute
to TNF synthesis and several other cytokines, which can cause apoptosis and necropto-
sis. DNA-enriched mitochondria-derived danger-associated molecular patterns (DAMPs)
(Figure 4) produced by damaged hepatocyte mitochondria, activate NOD-like receptor fam-
ily pyrin domain-containing 3 (NLRP3) and other innate immune system inflammasomes
through pattern recognition receptors such as toll-like receptors (TLRs) (Figure 4) [103–105].
Moreover, OxS and lipid peroxidation participate in inflammatory response by activating
NF-κB and the production of proinflammatory cytokines (TNF-α, IL-1β, Il-6, and IL-8),
which culminate in apoptosis and necrosis in hepatocytes [106,107]. The combination of
events comprising ROS-associated lipid peroxidation, mitochondrial DAMPs, and activa-
tion of caspases promote chronic liver injury via intrusion of inflammatory cells [106,108].
Studies in HFD-fed mice showed that mtDNA released by injured hepatocytes activate
TLR9 on Kupffer cells (KCs) and HSCs, stimulating the innate immune as well as fibro-
genic responses [108]. Transition from steatosis to NASH is accelerated by mitochondrial
cholesterol deposition, as it causes alterations in mitochondrial membrane permeability
and impairs protein transport from mitochondria to cytosol and vice versa [109]. In fact,
mPTP opening episodes appear critical in hepatocyte cell death [110]. This process seems
to be correlated with overexpression of StARD1, a mitochondrial cholesterol-transporting
polypeptide involved in the trafficking of cholesterol to IMM [109]. Although the impact
of autophagic dysregulation in NAFL progression to NASH is still under debate, sev-
eral mechanisms of autophagy impairment have been described in NAFLD. Decreased
in ATG7 expression levels and increased activation of proteases, such as calpain-2, which
can diminish autophagy proteins levels, namely ATG3, ATG5, Beclin1, and ATG7, were
found to reduce autophagy flux in NAFLD [111]. Moreover, accumulation of LC3-II and
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p62 were detected in NASH patients, and their increase positively correlates with disease
severity [112]. Silencing of macrophage stimulating 1 (MST1), a cell survival regulator,
stimulated PINK1/Parkin-mediated mitophagy and counteracted HFD-induced liver in-
jury [113]. Moreover, impairment of MFN2 activity induced by JNK activation during
inflammation could trigger mitophagy defects, as MFN2 supports the formation of au-
tophagosomes [114]. OPA1 ablation in the liver led to the recovery of mitochondrial
homeostasis and reduced the accumulation of mitophagy intermediates, which could con-
tribute to alleviation of MCD diet-induced liver damage in mice [115]. Patients diagnosed
with NASH showed a negative correlation between cholesterol content and mitochondrial
GSH levels [116], probably resulting from an impairment in the mitochondrial GSH trans-
port system. Finally, the high levels of cholesterol in obese mice also seem to stimulate
TNF-α and Fas-induced apoptosis in hepatocytes, contributing to mitochondrial GSH abla-
tion [117]. Nutritional and genetic NASH mouse models exhibited an increased expression
in the levels of SOD2, paralleled by a significant impairment in its activity, which may
reflect sensitivity to OxS in the later NAFLD stages [118]. Interestingly, hepatocyte-specific
deletion of GPx1 resulted in diminished hepatic lymphocytic infiltration, inflammation,
and liver fibrosis in mice with the NASH phenotype [119]. As result of GPx1 ablation,
H2O2 signaling led to protein-tyrosine phosphatase 1B (PTP1B) inactivation. Hyperactiva-
tion of PTP1B promotes IR and steatosis by dephosphorylating the insulin receptor and
increasing SREBP-1c activity [120]. Moreover, heme oxygenase 1 (HMOX1) deletion in
hepatocytes increased H2O2-mediated PTP1B inactivation, protecting mice from NAFLD
and hyperglycemia [121].

Summing up, the transition from NAFL to NASH is accompanied by a decrease
in mitochondrial plasticity, resulting in decline in ketogenesis, TCA turnover, OXPHOS
capacity, and ATP production. As mitochondria are important immune-cell mediators, at
this stage, the release of mitochondrial danger signals by damaged mitochondria impacts
inflammation and leads to the recruitment and activation of KCs. Several mitochondrial
damage-associated molecular patterns (DAMPs) containing intact mitochondria and high
levels of mitochondrial oxidized DNA enclosed in microparticles of hepatocyte origin were
already identified in plasma from patients with NASH [122]. However, it remains unclear
whether DAMPs play a role in the development of extra-hepatic complications associated
with NAFL/NASH.

5.3. Mitochondria Function in Hepatocellular Carcinoma (HCC)

The last stage of liver disease progression can be hepatocellular carcinoma (HCC).
An increase in the prevalence of HCC was observed in NAFLD patients, in which tumor
development occurred in non-cirrhotic livers, indicating that HCC can still develop in the
NASH stage [123]. Lipotoxicity, inflammation, OxS, mitochondrial dysfunction, and ER
stress are factors that produce an ideal environment for tumor promotion. Lipid-induced
alterations in intracellular Ca2+ homeostasis play a crucial role in the progression of the
disease. In fact, ob/ob mice fed with a high-fat diet exacerbated lipid accumulation causing
ER stress and impaired ER–mitochondria connections in steatotic hepatocytes [124]. More-
over, changes in Ca2+ channels and transporters promote decreased Ca2+ concentration
in the ER and increased Ca2+ concentration in the cytoplasm and in the mitochondrial
matrix. As a consequence of the increase in ROS levels and subsequent mitochondrial
damage, oxidative damage and mutations of both nDNA and mtDNA induce aberrant
activation of proliferative pathways and inhibition of oncosuppressors [124]. Moreover,
increased ROS levels induced by dysregulation of Ca2+ homeostasis can activate Nrf2
signaling pathways. Although Nrf2 is a transcription factor essential to protecting the liver
from OxS in the initial stage of NAFLD, it is also considered a promotor of HCC [125]. In
fact, activation of Nrf2 was found to contribute to the progression of the preneoplastic
lesion to malignancy, which was confirmed by in vivo detection of the inhibition of the
Nrf2 pathway that accompanied the regression of cytokeratin 19-positive [125]. In addition,
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Nrf2 was found to take part in the protection processes of HCC cells by facilitating the
survival response of FGF19 to endoplasmic reticulum stress [126].

 

Figure 4. Mitochondria involvement in NAFL progression to steatohepatitis and fibrosis. The
augmented accumulation of damaged/dysfunctional mitochondria within hepatocytes results in
cell necrosis and induces the leakage of mitochondrial DAMPs, such as mtDNA, N-formyl peptides,
and ATP. Further, these signals trigger the activation of toll-like receptor 9 (TLR9) and formyl
peptide receptor 1 (FPR1), which in turn activates the IRFs and NF-kB and thereby the production
of inflammatory cytokines. mtDNA and ATP also activate the inflammasomes NLRP3 and AIM2,
respectively. Multiple inflammatory cytokines and the activation of inflammasomes provide a chronic
inflammatory milieu, which contributes to the development of steatohepatitis and fibrosis. Created
with BioRender.com (accessed on 5 February 2023).

One of the main hallmarks of cancer pathogenesis is metabolic reprogramming. In fact,
HCC cells present a high DNL rate and survive in a highly rich lipid environment [127,128].
Thus, inhibition of lipogenesis might be a possible therapeutic target to counteract HCC
progression. PGC-1β is the master regulator of oxidative metabolism, mitochondria bio-
genesis, and antioxidant response in the liver. However, in both genetic hepatic-specific
PGC-1β-overexpressing (LivPGC-1β) and diethylnitrosamine (DEN)-induced HCC mouse
models, PGC-1β plays an important role in HCC development, sustaining metabolic repro-
gramming through the induction of lipogenic enzymes and promoting tumor growth [128].
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High levels of PGC-1β can boost reactive oxygen species (ROS) scavenger expression, there-
fore limiting the detrimental ROS accumulation and, consequently, apoptosis. Moreover,
it supports tumor anabolism, enhancing gene expression in fatty acid and triglyceride
synthesis. By contrast, the knockout of PGC-1β protects mice from developing HCC [128].

Mitochondrial dynamics have been also associated with cancer progression [129]. High
metastatic HCC (MHCC-LM3, MHCC97-H, and MHCC97-L) cell lines appear to have more
fragmented mitochondria due to the imbalance toward mitochondrial fission [130,131]. Z.
Zhang et al. demonstrated that MFN1 overexpression, through the increase in mitochon-
drial fusion and expression of the epithelial marker E-cadherin, and reduction in expression
of mesenchymal markers including N-cadherin inhibited tumor proliferation and subse-
quent metastatic potential [131]. MFN1 seems to also modulate metabolic reprogramming
in HCC cells. Increased mitochondrial fusion by overexpression of MFN1 induced the
expression of the main enzymes involved in OXPHOS and mediated metabolic shift from
aerobic glycolysis to OXPHOS [131].

In summary, unbalanced mitochondrial dynamics alongside damaged mitochondria
accumulation prompts metabolic reprogramming of hepatocytes, marked by the switch
towards the Warburg effect, mutagenesis, epithelial–mesenchymal transition (EMT), and
apoptosis escape, stimulating compensatory proliferation and HCC onset. Although
mitochondrial metabolic reprogramming and mechanotransduction have been investi-
gated in carcinogenesis, the crosstalk between the extracellular matrix and mitochondrial
metabolism remains underexplored in NAFLD-driven HCC.

6. Conclusions

The prevalence of NAFLD is increasing at an impressive rate, and it is becoming the
most common liver disease worldwide. The increase in NAFLD prevalence has led to an
urgent need to develop better diagnostic and therapeutic approaches. In liver hepatocytes,
multiple adaptive mechanisms are triggered to reduce liver fat accumulation and reestablish
homeostasis. The failure of the adaptive mechanisms leads to OxS, ER stress, mitochondrial
dysfunction, and inflammation, contributing to NAFLD progression. Indeed, mitochondria
play a critical role in the advancement of NAFLD to NASH by decreasing mitochondrial
FAO and continuing ATP depletion due to the loss of capacity to catabolize the excessive
FFAs. During the development of NASH to HCC, the decreased FAO contributes to cancer
cells adapting to the lipid-rich environment, and mitochondrial damage can also promote
the activation of proliferative pathways. As mitochondrial dysfunction is considered a
driving force in NAFLD progression, targeting these intracellular organelles and/or the
pathways that can modulate their structure, function, and dynamics could contribute to
establishing an effective therapy for NAFLD. However, a clear understanding of disease
pathophysiology in its different stages is crucial but still not fully understood.

7. Future Perspectives

Regulation of different aspects of hepatocytes’ mitochondrial physiology decisively
impacts the development and progression of NAFLD/NASH. Nevertheless, studies on
distinct mitochondrial sub-population roles in NAFLD are still scarce, and their role in
metabolic dysregulation remains poorly understood. Moreover, the impact of mitochon-
drial (mis)communication with other subcellular organelles (peroxisomes, lipid droplets,
etc.) is unclear in NAFLD. Additionally, the impact of negligible pathways, such as fatty
acid oxidation, DNL, and PPP, in the hepatocytes’ mitochondrial physiology in different
stages of NAFLD is a topic to explore. As mitochondria are involved in the different stages
of the disease, several molecular markers involved in mitochondrial metabolism, dynamics,
and quality control mechanisms change differently across the disease spectrum; therefore,
the study of these alterations may facilitate diagnosis. Finally, the impact of hepatocytes’
mitochondrial physiology in NAFLD-associated HCC remains unclear. Thus, there is
a well-justified need to improve our understanding of different aspects of hepatocytes’
mitochondrial physiology in the context of NAFLD.
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Abbreviation

8-OHdG 8-Hydroxy-20-deoxyguanosine; ACOX1 Peroxisomal acyl-coenzyme A oxidase 1;
ALCAT1 Acyl-CoA:lysocardiolipin acyltransferase-1; ALT Alanine transaminase; AMP Adenosine
monophosphate; AMPK 5′ Adenosine monophosphate-activated protein kinase; AST Aspartate
transaminase; ATF6 Transcription factor 6; ATG7 Autophagy-related protein 3; ATG5 Autophagy-
related protein 5; ATG7 Autophagy-related protein 7; BAT Brown adipose tissue; BMI Body
mass index; BNIP3 BCL2/adenovirus E1B 19 kDa protein-interacting protein 3; CAT Catalase;
CHOP C/EBP homologous protein; CL Cardiolipin; CM Cytosolic mitochondria; CPT-1 Carnitine
palmitoyltransferase-1; CR Caloric restriction; DALYs Disability-adjusted life years; DAMPs Danger-
associated molecular patterns; DEN Diethylnitrosamine; DGAT2 Diacylglycerol o-acyltransferase 2;
DNL de novo lipogenesis; ECM Extracellular matrix; ER Endoplasmic reticulum; ETC Electron
transport chain; FAO Mitochondrial fatty acid β-oxidation; FFA Free fatty acids; GCKR Glucok-
inase regulator; GPAT1 Glycerol phosphate acyltransferase 1; GPx Glutathione peroxidase; GSH

Glutathione; H2O2 Hydrogen peroxide; HCC Hepatocellular carcinoma; HDL-C High-density
lipoprotein cholesterol; HFD High-fat diet; HMOX1 Heme oxygenase 1; HSC Hepatic stellate cells;
HSD17B13 hydroxysteroid 17-beta dehydrogenase 13; IL-1β Interleukin-1 beta; IL-6 Interleukin-6;
IL-8 Interleukin-8; INSR Insulin receptor; IR Insulin resistance; LC3 Microtubule-associated protein
1A/1B-light chain 3; LDL-C Low-density lipoprotein cholesterol; LDs lipid droplets; LPI Lysophos-
phatidylinositol; MAFLD Metabolic (dysfunction)-associated fatty liver disease; MAM Mitochondria-
associated membranes; MAPKs Mitogen-activated protein kinases; MBOAT7 Membrane-bound
O-acyltransferase domain-containing 7; MCD Methionine- and choline-deficient; MFN Mitofusin;
MPC1 Mitochondrial pyruvate carrier 1; mPTP Mitochondrial permeability transition pore; MST1

Macrophage stimulating 1; mtROS mitochondrial reactive oxygen species; NADH Nicotinamide
adenine dinucleotide reduced form; NAF Non-alcoholic fibrosis; NAFL Non-alcoholic fatty liver;
NAFLD Non-alcoholic fatty liver disease; NASH Non-alcoholic steatohepatitis; NEFA Nonesteri-
fied fatty acid; NF-κB Nuclear factor k-light-chain-enhancer of activated B cells; NLRP3 NOD-like
receptor family pyrin domain-containing 3; Nrf2, NFE2L2 Nuclear factor erythroid-derived 2-like 2;
OPA1 Optic athrophy protein 1; OXPHOS Oxidative phosphorylation; OxS Oxidative stress; PDM

Peridroplet mitochondria; PGC-1 Peroxisome proliferator-activated receptor-gamma coactivator;
PI Phosphatidylinositol; PLIN5 Protein perilipin 5; PNPLA3 Patatin-like phospholipase domain-
containing 3; PP2A Protein phosphatase 2; PPAR-α Proliferator-activated receptor-α; PPP Pentose
phosphate pathway; PRDX6 Peroxiredoxin 6; PTP1B Protein-tyrosine phosphatase 1B; ROS Reactive
oxygen species; Sirt1 Sirtuin 1; sn-1,2-DAGs sn-1,2-diacylglycerols; SOD Superoxide dismutase;
SREBP1 Sterol regulatory element-binding protein 1; StARD1 Steroidogenic acute regulatory protein;
T2DM Type 2 diabetes mellitus; TCA Tricarboxylic acid; TFAM Mitochondrial transcription factor
A; TG Triglycerides; TLRs Toll-like receptors; TM6SF2 Transmembrane 6 superfamily member 2;
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TNF-α Tumor necrosis factor α; UCP2 Uncoupling protein-2; UPR Unfolded protein response; VLDL

Very low-density lipoprotein; WHO World Health Organization; XBP1 Xbox-binding protein.
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50. Moravcová, A.; Červinková, Z.; Kučera, O.; Mezera, V.; Rychtrmoc, D.; Lotkova, H. The effect of oleic and palmitic acid on
induction of steatosis and cytotoxicity on rat hepatocytes in primary culture. Physiol. Res. 2015, 64, S627–S636. [CrossRef]

51. Amorim, R.; Simões, I.C.M.; Veloso, C.; Carvalho, A.; Simões, R.F.; Pereira, F.B.; Thiel, T.; Normann, A.; Morais, C.;
Jurado, A.S.; et al. Exploratory Data Analysis of Cell and Mitochondrial High-Fat, High-Sugar Toxicity on Human HepG2 Cells.
Nutrients 2021, 13, 1723. [CrossRef]

52. Benador, I.Y.; Veliova, M.; Mahdaviani, K.; Petcherski, A.; Wikstrom, J.D.; Assali, E.A.; Acín-Pérez, R.; Shum, M.; Oliveira, M.F.;
Cinti, S.; et al. Mitochondria Bound to Lipid Droplets Have Unique Bioenergetics, Composition, and Dynamics that Support
Lipid Droplet Expansion. Cell Metab. 2018, 27, 869–885.e6. [CrossRef]

53. Wang, C.; Zhao, Y.; Gao, X.; Li, L.; Yuan, Y.; Liu, F.; Zhang, L.; Wu, J.; Hu, P.; Zhang, X.; et al. Perilipin 5 improves hepatic
lipotoxicity by inhibiting lipolysis. Hepatology 2015, 61, 870–882. [CrossRef]

54. Shum, M.; Ngo, J.; Shirihai, O.S.; Liesa, M. Mitochondrial oxidative function in NAFLD: Friend or foe? Mol. Metab. 2021,
50, 101134. [CrossRef] [PubMed]

55. Trevino, M.B.; Mazur-Hart, D.; Machida, Y.; King, T.; Nadler, J.; Galkina, E.V.; Poddar, A.; Dutta, S.; Imai, Y. Liver Perilipin 5
Expression Worsens Hepatosteatosis but Not Insulin Resistance in High Fat-Fed Mice. Mol. Endocrinol. 2015, 29, 1414–1425.
[CrossRef] [PubMed]

56. Stone, S.J.; Levin, M.C.; Zhou, P.; Han, J.; Walther, T.C.; Farese, R.V. The endoplasmic reticulum enzyme DGAT2 is found in
mitochondria-associated membranes and has a mitochondrial targeting signal that promotes its association with mitochondria.
J. Biol. Chem. 2009, 284, 5352–5361. [CrossRef] [PubMed]

57. Gluchowski, N.L.; Gabriel, K.R.; Chitraju, C.; Bronson, R.T.; Mejhert, N.; Boland, S.; Wang, K.; Lai, Z.W.; Farese, R.V.; Walther, T.C.
Hepatocyte Deletion of Triglyceride-Synthesis Enzyme Acyl CoA: Diacylglycerol Acyltransferase 2 Reduces Steatosis without
Increasing Inflammation or Fibrosis in Mice. Hepatology 2019, 70, 1972–1985. [CrossRef] [PubMed]

58. Tapia, P.C. Sublethal mitochondrial stress with an attendant stoichiometric augmentation of reactive oxygen species may
precipitate many of the beneficial alterations in cellular physiology produced by caloric restriction, intermittent fasting, exercise
and dietary p. Med. Hypotheses 2006, 66, 832–843. [CrossRef] [PubMed]

59. Hoppins, S.; Lackner, L.; Nunnari, J. The machines that divide and fuse mitochondria. Annu. Rev. Biochem. 2007, 76, 751–780.
[CrossRef] [PubMed]

60. Palmeira, C.M.; Teodoro, J.S.; Amorim, J.A.; Steegborn, C.; Sinclair, D.A.; Rolo, A.P. Mitohormesis and metabolic health: The
interplay between ROS, cAMP and sirtuins. Free Radic. Biol. Med. 2019, 141, 483–491. [CrossRef]

61. Finkel, T. Signal transduction by mitochondrial oxidants. J. Biol. Chem. 2012, 287, 4434–4440. [CrossRef]
62. Perlemuter, G.; Davit-Spraul, A.; Cosson, C.; Conti, M.; Bigorgne, A.; Paradis, V.; Corre, M.P.; Prat, L.; Kuoch, V.; Basdevant, A.; et al.

Increase in liver antioxidant enzyme activities in non-alcoholic fatty liver disease. Liver Int. 2005, 25, 946–953. [CrossRef]
63. Fang, E.F.; Lautrup, S.; Hou, Y.; Demarest, T.G.; Croteau, D.L.; Mattson, M.P.; Bohr, V.A. NAD(+) in Aging: Molecular Mechanisms

and Translational Implications. Trends Mol. Med. 2017, 23, 899–916. [CrossRef]
64. Niu, B.; He, K.; Li, P.; Gong, J.; Zhu, X.; Ye, S.; Ou, Z.; Ren, G. SIRT1 upregulation protects against liver injury induced by a

HFD through inhibiting CD36 and the NF-κB pathway in mouse kupffer cells. Mol. Med. Rep. 2018, 18, 1609–1615. [CrossRef]
[PubMed]

65. Yi, H.S. Implications of Mitochondrial Unfolded Protein Response and Mitokines: A Perspective on Fatty Liver Diseases.
Endocrinol. Metab. 2019, 34, 39–46. [CrossRef] [PubMed]

66. Gariani, K.; Menzies, K.J.; Ryu, D.; Wegner, C.J.; Wang, X.; Ropelle, E.R.; Moullan, N.; Zhang, H.; Perino, A.; Lemos, V.; et al.
Eliciting the mitochondrial unfolded protein response by nicotinamide adenine dinucleotide repletion reverses fatty liver disease
in mice. Hepatology 2016, 63, 1190–1204. [CrossRef] [PubMed]

67. Chung, H.K.; Kim, J.T.; Kim, H.-W.; Kwon, M.; Kim, S.Y.; Shong, M.; Kim, K.S.; Yi, H.S. GDF15 deficiency exacerbates chronic
alcohol- and carbon tetrachloride-induced liver injury. Sci. Rep. 2017, 7, 17238. [CrossRef]

68. Bonawitz, N.D.; Chatenay-Lapointe, M.; Pan, Y.; Shadel, G.S. Reduced TOR signaling extends chronological life span via increased
respiration and upregulation of mitochondrial gene expression. Cell Metab. 2007, 5, 265–277. [CrossRef]

69. Ferrín, G.; Guerrero, M.; Amado, V.; Rodríguez-Perálvarez, M.; De la Mata, M. Activation of mTOR Signaling Pathway in
Hepatocellular Carcinoma. Int. J. Mol. Sci. 2020, 21, 1266. [CrossRef]

70. Bárcena, C.; Mayoral, P.; Quirós, P.M. Mitohormesis, an Antiaging Paradigm. Int. Rev. Cell Mol. Biol. 2018, 340, 35–77.
71. Lee, L.-Y.; Köhler, U.A.; Zhang, L.; Roenneburg, D.; Werner, S.; Johnson, J.A.; Foley, D.P. Activation of the Nrf2-ARE pathway

in hepatocytes protects against steatosis in nutritionally induced non-alcoholic steatohepatitis in mice. Toxicol. Sci. 2014, 142,
361–374. [CrossRef]

154



Biology 2023, 12, 595

72. Wang, C.; Cui, Y.; Li, C.; Zhang, Y.; Xu, S.; Li, X.; Li, H.; Zhang, X. Nrf2 deletion causes ‘benign’ simple steatosis to develop into
non-alcoholic steatohepatitis in mice fed a high-fat diet. Lipids Health Dis. 2013, 12, 165. [CrossRef]

73. Wang, P.; Ni, M.; Tian, Y.; Wang, H.; Qiu, J.; You, W.; Wei, S.; Shi, Y.; Zhou, J.; Cheng, F.; et al. Myeloid Nrf2 deficiency aggravates
non-alcoholic steatohepatitis progression by regulating YAP-mediated NLRP3 inflammasome signaling. iScience 2021, 24, 102427.
[CrossRef]

74. Mantena, S.K.; Vaughn, D.P.; Andringa, K.K.; Eccleston, H.B.; King, A.L.; Abrams, G.A.; Doeller, J.E.; Kraus, D.W.;
Darley-Usmar, V.M.; Bailey, S.M. High fat diet induces dysregulation of hepatic oxygen gradients and mitochondrial function
in vivo. Biochem. J. 2009, 417, 183–193. [CrossRef] [PubMed]

75. Aharoni-Simon, M.; Hann-Obercyger, M.; Pen, S.; Madar, Z.; Tirosh, O. Fatty liver is associated with impaired activity of
PPARγ-coactivator 1α (PGC1α) and mitochondrial biogenesis in mice. Lab. Investig. 2011, 91, 1018–1028. [CrossRef] [PubMed]

76. Pessayre, D. Role of mitochondria in non-alcoholic fatty liver disease. J. Gastroenterol. Hepatol. 2007, 22 (Suppl. S1), S20–S27.
[CrossRef]

77. Tanaka, S.; Miyanishi, K.; Kobune, M.; Kawano, Y.; Hoki, T.; Kubo, T.; Hayashi, T.; Sato, T.; Sato, Y.; Takimoto, R.; et al.
Increased hepatic oxidative DNA damage in patients with non-alcoholic steatohepatitis who develop hepatocellular carcinoma.
J. Gastroenterol. 2013, 48, 1249–1258. [CrossRef]

78. Matsuzawa-Nagata, N.; Takamura, T.; Ando, H.; Nakamura, S.; Kurita, S.; Misu, H.; Ota, T.; Yokoyama, M.; Honda, M.; Miyamoto,
K.-I.; et al. Increased oxidative stress precedes the onset of high-fat diet-induced insulin resistance and obesity. Metabolism 2008,
57, 1071–1077. [CrossRef]

79. Knebel, B.; Hartwig, S.; Haas, J.; Lehr, S.; Goeddeke, S.; Susanto, F.; Bohne, L.; Jacob, S.; Koellmer, C.; Nitzgen, U.; et al.
Peroxisomes compensate hepatic lipid overflow in mice with fatty liver. Biochim. Biophys. Acta 2015, 1851, 965–976. [CrossRef]
[PubMed]

80. Li, J.; Romestaing, C.; Han, X.; Li, Y.; Hao, X.; Wu, Y.; Sun, C.; Liu, X.; Jefferson, L.S.; Xiong, J.; et al. Cardiolipin remodeling by
ALCAT1 links oxidative stress and mitochondrial dysfunction to obesity. Cell. Metab. 2010, 12, 154–165. [CrossRef]

81. Turpin, S.M.; Nicholls, H.T.; Willmes, D.M.; Mourier, A.; Brodesser, S.; Wunderlich, C.M.; Mauer, J.; Xu, E.; Hammerschmidt, P.;
Brönneke, H.S.; et al. Obesity-induced CerS6-dependent C16:0 ceramide production promotes weight gain and glucose intolerance.
Cell. Metab. 2014, 20, 678–686. [CrossRef]

82. Zhu, C.; Huai, Q.; Zhang, X.; Dai, H.; Li, X.; Wang, H. Insights into the roles and pathomechanisms of ceramide and sphigosine-1-
phosphate in non-alcoholic fatty liver disease. Int. J. Biol. Sci. 2023, 19, 311–330. [CrossRef]

83. Apostolopoulou, M.; Gordillo, R.; Koliaki, C.; Gancheva, S.; Jelenik, T.; De Filippo, E.; Herder, C.; Markgraf, D.; Jankowiak, F.;
Esposito, I.; et al. Specific Hepatic Sphingolipids Relate to Insulin Resistance, Oxidative Stress, and Inflammation in Non-alcoholic
Steatohepatitis. Diabetes Care 2018, 41, 1235–1243. [CrossRef]

84. Reiniers, M.J.; van Golen, R.F.; van Gulik, T.M.; Heger, M. Reactive oxygen and nitrogen species in steatotic hepatocytes:
A molecular perspective on the pathophysiology of ischemia-reperfusion injury in the fatty liver. Antioxid. Redox Signal. 2014, 21,
1119–1142. [CrossRef] [PubMed]

85. Marette, A. Molecular mechanisms of inflammation in obesity-linked insulin resistance. Int. J. Obes. Relat. Metab. Disord. J. Int.
Assoc. Study Obes. 2003, 27 (Suppl. S3), S46–S48. [CrossRef] [PubMed]

86. Begriche, K.; Massart, J.; Fromenty, B. Effects of β-aminoisobutyric acid on leptin production and lipid homeostasis: Mechanisms
and possible relevance for the prevention of obesity. Fundam. Clin. Pharmacol. 2010, 24, 269–282. [CrossRef] [PubMed]

87. Tilg, H.; Moschen, A.R. Evolution of inflammation in non-alcoholic fatty liver disease: The multiple parallel hits hypothesis.
Hepatology 2010, 52, 1836–1846. [CrossRef] [PubMed]

88. Eccleston, H.B.; Andringa, K.K.; Betancourt, A.M.; King, A.L.; Mantena, S.K.; Swain, T.M.; Tinsley, H.N.; Nolte, R.N.; Nagy, T.R.;
Abrams, G.A.; et al. Chronic exposure to a high-fat diet induces hepatic steatosis, impairs nitric oxide bioavailability, and modifies
the mitochondrial proteome in mice. Antioxid. Redox Signal. 2011, 15, 447–459. [CrossRef]

89. Herzig, S.; Shaw, R.J. AMPK: Guardian of metabolism and mitochondrial homeostasis. Nat. Rev. Mol. Cell. Biol. 2018, 19, 121–135.
[CrossRef]

90. Lim, C.Y.; Jun, D.W.; Jang, S.S.; Cho, W.K.; Chae, J.D.; Jun, J.H. Effects of carnitine on peripheral blood mitochondrial DNA copy
number and liver function in non-alcoholic fatty liver disease. Korean J. Gastroenterol. 2010, 55, 384–389. [CrossRef]

91. Sunny, N.E.; Parks, E.J.; Browning, J.D.; Burgess, S.C. Excessive hepatic mitochondrial TCA cycle and gluconeogenesis in humans
with non-alcoholic fatty liver disease. Cell. Metab. 2011, 14, 804–810. [CrossRef]

92. Gray, L.R.; Sultana, M.R.; Rauckhorst, A.J.; Oonthonpan, L.; Tompkins, S.C.; Sharma, A.; Fu, X.; Miao, R.; Pewa, A.D.; Brown, K.S.; et al.
Hepatic Mitochondrial Pyruvate Carrier 1 Is Required for Efficient Regulation of Gluconeogenesis and Whole-Body Glucose
Homeostasis. Cell. Metab. 2015, 22, 669–681. [CrossRef]

93. Rauckhorst, A.J.; Gray, L.R.; Sheldon, R.D.; Fu, X.; Pewa, A.D.; Feddersen, C.R.; Dupuy, A.J.; Gibson-Corley, K.N.; Cox, J.E.;
Burgess, S.C.; et al. The mitochondrial pyruvate carrier mediates high fat diet-induced increases in hepatic TCA cycle capacity.
Mol. Metab. 2017, 6, 1468–1479. [CrossRef]

94. Ma, X.; McKeen, T.; Zhang, J.; Ding, W.-X. Role and Mechanisms of Mitophagy in Liver Diseases. Cells 2020, 9, 837. [CrossRef]
[PubMed]

155



Biology 2023, 12, 595

95. Li, J.; Zou, B.; Yeo, Y.H.; Feng, Y.; Xie, X.; Lee, D.H.; Fujii, H.; Wu, Y.; Kam, L.Y.; Ji, F.; et al. Prevalence, incidence, and outcome of
non-alcoholic fatty liver disease in Asia, 1999–2019: A systematic review and meta-analysis. Lancet Gastroenterol. Hepatol. 2019, 4,
389–398. [CrossRef] [PubMed]

96. Edmunds, L.R.; Xie, B.; Mills, A.M.; Huckestein, B.R.; Undamatla, R.; Murali, A.; Pangburn, M.M.; Martin, J.; Sipula, I.;
Kaufman, B.A. Liver-specific Prkn knockout mice are more susceptible to diet-induced hepatic steatosis and insulin resistance.
Mol. Metab. 2020, 41, 101051. [CrossRef]

97. Glick, D.; Zhang, W.; Beaton, M.; Marsboom, G.; Gruber, M.; Simon, M.C.; Hart, J.; Dorn, G.W.; Brady, M.J.; Macleod, K.F. BNip3
regulates mitochondrial function and lipid metabolism in the liver. Mol. Cell. Biol. 2012, 32, 2570–2584. [CrossRef]

98. Lee, D.H.; Jung, Y.Y.; Park, M.H.; Jo, M.R.; Han, S.B.; Yoon, D.Y.; Roh, Y.S.; Hong, J.T. Peroxiredoxin 6 Confers Protection Against
Non-alcoholic Fatty Liver Disease Through Maintaining Mitochondrial Function. Antioxid. Redox Signal. 2019, 31, 387–402.
[CrossRef]

99. Simoes, I.C.M.; Karkucinska-Wieckowska, A.; Janikiewicz, J.; Szymanska, S.; Pronicki, M.; Dobrzyn, P.; Dabrowski, M.;
Do-brzyn, A.; Oliveira, P.J.; Zischka, H.; et al. Western Diet Causes Obesity-Induced Nonalcoholic Fatty Liver Disease De-
velopment by Differentially Compromising the Autophagic Response. Antioxidants 2020, 9, 993. [CrossRef] [PubMed]

100. Gnaiger, E.; Gnaiger, E. Mitochondrial Pathways and Respiratory Control: An Introduction to OXPHOS Analysis Mitochondrial
Pathways and Respiratory Control. In An Introduction to OXPHOS Analysis; OROBOROS MiPNet Publications: Innsbruck,
Austria, 2012.

101. Sanyal, A.J.; Campbell-Sargent, C.; Mirshahi, F.; Rizzo, W.B.; Contos, M.J.; Sterling, R.K.; Luketic, V.A.; Shiffman, M.L.; Clore, J.N.
Non-alcoholic steatohepatitis: Association of insulin resistance and mitochondrial abnormalities. Gastroenterology 2001, 120,
1183–1192. [CrossRef]

102. Serviddio, G.; Bellanti, F.; Tamborra, R.; Rollo, T.; Capitanio, N.; Romano, A.D.; Sastre, J.; Vendemiale, G.; Altomare, E. Uncoupling
protein-2 (UCP2) induces mitochondrial proton leak and increases susceptibility of non-alcoholic steatohepatitis (NASH) liver to
ischaemia-reperfusion injury. Gut 2008, 57, 957–965. [CrossRef]

103. Elsheikh, A.; Lavergne, S.N.; Castrejon, J.L.; Farrell, J.; Wang, H.; Sathish, J.; Pichler, W.J.; Park, B.K.; Naisbitt, D.J. Drug
antigenicity, immunogenicity, and costimulatory signaling: Evidence for formation of a functional antigen through immune cell
metabolism. J. Immunol. 2010, 185, 6448–6460. [CrossRef]

104. Marques, P.E.; Oliveira, A.G.; Pereira, R.V.; David, B.A.; Gomides, L.F.; Saraiva, A.M.; Pires, D.A.; Novaes, J.T.; Patricio, D.O.;
Cisalpino, D.; et al. Hepatic DNA deposition drives drug-induced liver injury and inflammation in mice. Hepatology 2015, 61,
348–360. [CrossRef]

105. Lee, J.; Park, J.-S.; Roh, Y.S. Molecular insights into the role of mitochondria in non-alcoholic fatty liver disease. Arch. Pharm. Res.
2019, 42, 935–946. [CrossRef] [PubMed]

106. Pessayre, D.; Mansouri, A.; Fromenty, B. Non-alcoholic steatosis and steatohepatitis. V. Mitochondrial dysfunction in steatohep-
atitis. Am. J. Physiol. Gastrointest. Liver Physiol. 2002, 282, G193–G199. [CrossRef] [PubMed]

107. Carter-Kent, C.; Zein, N.N.; Feldstein, A.E. Cytokines in the pathogenesis of fatty liver and disease progression to steatohepatitis:
Implications for treatment. Am. J. Gastroenterol. 2008, 103, 1036–1042. [CrossRef] [PubMed]

108. Garcia-Martinez, I.; Santoro, N.; Chen, Y.; Hoque, R.; Ouyang, X.; Caprio, S.; Shlomchik, M.J.; Coffman, R.L.; Candia, A.;
Mehal, W.Z. Hepatocyte mitochondrial DNA drives non-alcoholic steatohepatitis by activation of TLR9. J. Clin. Investig. 2016,
126, 859–864. [CrossRef] [PubMed]

109. Caballero, F.; Fernández, A.; De Lacy, A.M.; Fernández-Checa, J.C.; Caballería, J.; García-Ruiz, C. Enhanced free cholesterol,
SREBP-2 and StAR expression in human NASH. J. Hepatol. 2009, 50, 789–796. [CrossRef] [PubMed]

110. Chavin, K.D.; Yang, S.; Lin, H.Z.; Chatham, J.; Chacko, V.P.; Hoek, J.B.; Walajtys-Rode, E.; Rashid, A.; Chen, C.-H.;
Huang, C.-C.; et al. Obesity induces expression of uncoupling protein-2 in hepatocytes and promotes liver ATP depletion. J. Biol.
Chem. 1999, 274, 5692–5700. [CrossRef] [PubMed]

111. Zhao, Q.; Guo, Z.; Deng, W.; Fu, S.; Zhang, C.; Chen, M.; Ju, W.; Wang, D.; He, X. Calpain 2-mediated autophagy defect increases
susceptibility of fatty livers to ischemia-reperfusion injury. Cell. Death Dis. 2016, 7, e2186. [CrossRef]

112. González-Rodríguez, A.; Mayoral, R.; Agra, N.; Valdecantos, M.P.; Pardo, V.; Miquilena-Colina, M.E.; Vargas-Castrillón, J.; Lo
Iacono, O.; Corazzari, M.; Fimia, G.M.; et al. Impaired autophagic flux is associated with increased endoplasmic reticulum stress
during the development of NAFLD. Cell. Death Dis. 2014, 5, e1179. [CrossRef]

113. Zhou, T.; Chang, L.; Luo, Y.; Zhou, Y.; Zhang, J. Mst1 inhibition attenuates non-alcoholic fatty liver disease via reversing
Parkin-related mitophagy. Redox Biol. 2019, 21, 101120. [CrossRef]

114. Sebastián, D.; Hernández-Alvarez, M.I.; Segalés, J.; Sorianello, E.; Muñoz, J.P.; Sala, D.; Waget, A.; Liesa, M.; Paz, J.C.;
Gopalacharyulu, P.; et al. Mitofusin 2 (Mfn2) links mitochondrial and endoplasmic reticulum function with insulin signal-
ing and is essential for normal glucose homeostasis. Proc. Natl. Acad. Sci. USA 2012, 109, 5523–5528. [CrossRef]

115. Yamada, T.; Murata, D.; Kleiner, D.E.; Anders, R.; Rosenberg, A.Z.; Kaplan, J.; Hamilton, J.P.; Aghajan, M.; Levi, M.;
Wang, N.Y.; et al. Prevention and regression of megamitochondria and steatosis by blocking mitochondrial fusion in the liver.
iScience 2022, 25, 103996. [CrossRef] [PubMed]

116. Gan, L.T.; Van Rooyen, D.M.; Koina, M.E.; McCuskey, R.S.; Teoh, N.C.; Farrell, G.C. Hepatocyte free cholesterol lipotoxicity
results from JNK1-mediated mitochondrial injury and is HMGB1 and TLR4-dependent. J. Hepatol. 2014, 61, 1376–1384. [CrossRef]
[PubMed]

156



Biology 2023, 12, 595

117. Marí, M.; Caballero, F.; Colell, A.; Morales, A.; Caballeria, J.; Fernandez, A.; Enrich, C.; Fernandez-Checa, J.C.; García-Ruiz, C.
Mitochondrial free cholesterol loading sensitizes to TNF- and Fas-mediated steatohepatitis. Cell. Metab. 2006, 4, 185–198.
[CrossRef] [PubMed]

118. Von Montfort, C.; Matias, N.; Fernandez, A.; Fucho, R.; de la Rosa, L.C.; Martinez-Chantar, M.L.; Mato, J.M.; Machida, K.;
Tsukamoto, H.; Murphy, M.P.; et al. Mitochondrial GSH determines the toxic or therapeutic potential of superoxide scavenging in
steatohepatitis. J. Hepatol. 2012, 57, 852–859. [CrossRef]

119. Merry, T.L.; Tran, M.; Dodd, G.T.; Mangiafico, S.P.; Wiede, F.; Kaur, S.; McLean, C.L.; Andrikopoulos, S.; Tiganis, T. Hepatocyte
glutathione peroxidase-1 deficiency improves hepatic glucose metabolism and decreases steatohepatitis in mice. Diabetologia
2016, 59, 2632–2644. [CrossRef]

120. Delibegovic, M.; Zimmer, D.; Kauffman, C.; Rak, K.; Hong, E.-G.; Cho, Y.-R.; Kim, J.K.; Kahn, B.B.; Neel, B.G.; Bence, K.K.
Liver-specific deletion of protein-tyrosine phosphatase 1B (PTP1B) improves metabolic syndrome and attenuates diet-induced
endoplasmic reticulum stress. Diabetes 2009, 58, 590–599. [CrossRef]

121. Jais, A.; Einwallner, E.; Sharif, O.; Gossens, K.; Lu, T.T.-H.; Soyal, S.M.; Medgyesi, D.; Neureiter, D.; Paier-Pourani, J.; Dalgaard, K.; et al.
Heme oxygenase-1 drives metaflammation and insulin resistance in mouse and man. Cell 2014, 158, 25–40. [CrossRef]

122. Inzaugarat, M.E.; Wree, A.; Feldstein, A.E. Hepatocyte mitochondrial DNA released in microparticles and toll-like receptor 9
activation: A link between lipotoxicity and inflammation during non-alcoholic steatohepatitis. Hepatology 2016, 64, 669–671.
[CrossRef]

123. Kawada, N.; Imanaka, K.; Kawaguchi, T.; Tamai, C.; Ishihara, R.; Matsunaga, T.; Gotoh, K.; Yamada, T.; Tomita, Y. Hepatocellular
carcinoma arising from non-cirrhotic non-alcoholic steatohepatitis. J. Gastroenterol. 2009, 44, 1190–1194. [CrossRef]

124. Ali, E.S.; Rychkov, G.Y.; Barritt, G.J. Deranged hepatocyte intracellular Ca(2+) homeostasis and the progression of non-alcoholic
fatty liver disease to hepatocellular carcinoma. Cell. Calcium 2019, 82, 102057. [CrossRef]

125. Xu, D.; Xu, M.; Jeong, S.; Qian, Y.; Wu, H.; Xia, Q.; Kong, X. The Role of Nrf2 in Liver Disease: Novel Molecular Mechanisms and
Therapeutic Approaches. Front. Pharmacol. 2019, 9, 1428. [CrossRef]

126. Teng, Y.; Zhao, H.; Gao, L.; Zhang, W.; Shull, A.Y.; Shay, C. FGF19 Protects Hepatocellular Carcinoma Cells against Endoplasmic
Reticulum Stress via Activation of FGFR4-GSK3β-Nrf2 Signaling. Cancer Res. 2017, 77, 6215–6225. [CrossRef] [PubMed]

127. Calvisi, D.F.; Wang, C.; Ho, C.; Ladu, S.; Lee, S.A.; Mattu, S.; Destefanis, G.; Delogu, S.; Zimmermann, A.; Ericsson, J.; et al.
Increased lipogenesis, induced by AKT-mTORC1-RPS6 signaling, promotes development of human hepatocellular carcinoma.
Gastroenterology 2011, 140, 1071–1083. [CrossRef] [PubMed]

128. Piccinin, E.; Peres, C.; Bellafante, E.; Ducheix, S.; Pinto, C.; Villani, G.; Moschetta, A. Hepatic peroxisome proliferator-activated
receptor γ coactivator 1β drives mitochondrial and anabolic signatures that contribute to hepatocellular carcinoma progression
in mice. Hepatology 2018, 67, 884–898. [CrossRef] [PubMed]

129. Simula, L.; Nazio, F.; Campello, S. The mitochondrial dynamics in cancer and immune-surveillance. Semin. Cancer Biol. 2017, 47,
29–42. [CrossRef] [PubMed]

130. Sun, X.; Cao, H.; Zhan, L.; Yin, C.; Wang, G.; Liang, P.; Li, J.; Wang, Z.; Liu, B.; Huang, Q.; et al. Mitochondrial fission promotes
cell migration by Ca(2+) /CaMKII/ERK/FAK pathway in hepatocellular carcinoma. Liver Int. 2018, 38, 1263–1272. [CrossRef]

131. Zhang, Z.; Li, T.-E.; Chen, M.; Xu, D.; Zhu, Y.; Hu, B.-Y.; Lin, Z.-F.; Pan, J.-J.; Wang, X.; Wu, C.; et al. MFN1-dependent alteration
of mitochondrial dynamics drives hepatocellular carcinoma metastasis by glucose metabolic reprogramming. Br. J. Cancer 2020,
122, 209–220. [CrossRef]

Disclaimer/Publisher’s Note: The statements, opinions and data contained in all publications are solely those of the individual
author(s) and contributor(s) and not of MDPI and/or the editor(s). MDPI and/or the editor(s) disclaim responsibility for any injury to
people or property resulting from any ideas, methods, instructions or products referred to in the content.

157



biology

Article

Phenotypic Characterization of Female Carrier Mice
Heterozygous for Tafazzin Deletion

Michelle V. Tomczewski 1, John Z. Chan 1, Duaa M. Al-Majmaie 1, Ming Rong Liu 1, Alex D. Cocco 1,

Ken D. Stark 1, Douglas Strathdee 2 and Robin E. Duncan 1,*

1 Department of Kinesiology and Health Sciences, Faculty of Health, University of Waterloo,
200 University Ave W., BMH1044, Waterloo, ON N2L 3G1, Canada; mvtomczewski@uwaterloo.ca (M.V.T.);
l292zhan@uwaterloo.ca (J.Z.C.); almajmad@uoguelph.ca (D.M.A.-M.); mr2liu@uwaterloo.ca (M.R.L.);
kstark@uwaterloo.ca (K.D.S.)

2 Transgenic Technology Laboratory, Cancer Research UK Beatson Institute, Switchback Road,
Glasgow G61 1BD, Scotland, UK; d.strathdee@beatson.gla.ac.uk

* Correspondence: reduncan@uwaterloo.ca; Tel.: +1-519-888-4567

Simple Summary: Barth syndrome (BTHS) is a disease that affects energy production. It results from
mutations on the X chromosome, and thus it mainly affects males since they have only one copy
(females have two X chromosomes). Although BTHS is rare, the consequences can be severe. BTHS
affects the heart, immune system, and muscles, so boys and men with BTHS are at a high risk of
heart attacks and death from infections, and they tire easily, which impacts quality of life. Women
with one mutated X chromosome are typically thought to be asymptomatic, so they have not been
studied very much. However, in other diseases caused by X chromosome mutations, females that
were thought to be healthy developed symptoms after they got older. In this work, we studied female
mice with one mutated X chromosome, which are models of female carriers of BTHS. We found that
with advancing age, the carriers have some slowdown in their running speed, which is like that seen
in male mice but less severe. They also weigh less and are better able to maintain their blood sugar,
which could be beneficial. Our work shows that female carriers can have symptoms and supports
further research in women.

Abstract: Barth syndrome (BTHS) is caused by mutations in tafazzin resulting in deficits in cardiolipin
remodeling that alter major metabolic processes. The tafazzin gene is encoded on the X chromosome,
and therefore BTHS primarily affects males. Female carriers are typically considered asymptomatic,
but age-related changes have been reported in female carriers of other X-linked disorders. Therefore,
we examined the phenotype of female mice heterozygous for deletion of the tafazzin gene (Taz-HET)
at 3 and 12 months of age. Food intakes, body masses, lean tissue and adipose depot weights, daily
activity levels, metabolic measures, and exercise capacity were assessed. Age-related changes in mice
resulted in small but significant genotype-specific differences in Taz-HET mice compared with their
female Wt littermates. By 12 months, Taz-HET mice weighed less than Wt controls and had smaller
gonadal, retroperitoneal, and brown adipose depots and liver and brain masses, despite similar food
consumption. Daily movement, respiratory exchange ratio, and total energy expenditure did not
vary significantly between the age-matched genotypes. Taz-HET mice displayed improved glucose
tolerance and insulin sensitivity at 12 months compared with their Wt littermates but had evidence
of slightly reduced exercise capacity. Tafazzin mRNA levels were significantly reduced in the cardiac
muscle of 12-month-old Taz-HET mice, which was associated with minor but significant alterations in
the heart cardiolipin profile. This work is the first to report the characterization of a model of female
carriers of heterozygous tafazzin deficiency and suggests that additional study, particularly with
advancing age, is warranted.

Keywords: tafazzin; cardiolipin; Barth syndrome; mitochondria; energy metabolism; exercise
capacity; mice; X-linked diseases; carriers; heterozygous
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1. Introduction

Cardiolipin is a component of the inner mitochondrial membrane, constituting ap-
proximately 15–20% of the glycerolipids present [1]. The dimeric nature of cardiolipin
makes it structurally unique among phospholipids, allowing for esterification of four fatty
acyl chains rather than two [2]. While this permits, in theory, the generation of thousands
of different possible molecular species of cardiolipin, lipidomic analyses indicate that only
a handful of major species predominate [3]. In general, cardiolipin species in all tissues are
enriched with 18-carbon fatty acyl chains, and while different tissues tend to have different
cardiolipin molecular profiles, there is often conservation in these tissue profiles across or-
ganisms [2]. One molecular species, tetralinoleoyl (L4)-cardiolipin), which is comprised of
four linoleic acid moieties, is particularly enriched in heart muscle from various organisms,
ranging from approximately 80% of cardiolipin molecules in human hearts [4] to 1/3rd of
cardiolipin molecules in mouse hearts [5].

Cardiolipin synthesis occurs initially in the Kennedy pathway [6]. However, the
enzymes involved in de novo synthesis pathways lack the acyl-chain specificity needed to
create the signature molecular profiles that are evident in various tissues [2]. To this end,
at least five cardiolipin remodeling enzymes have been identified [7–12]. These enzymes
function to re-esterify fatty acyl chains onto monolyso- or dilyso-cardiolipin produced from
the action of various phospholipases on nascent cardiolipin, resulting in the generation
of a mature form of this complex lipid [2]. Among these, the enzyme tafazzin has been
extensively studied as a phosphatidylcholine:monolysocardiolipin transacylase that is
critical for the generation of L4-cardiolipin [2].

Tafazzin is highly expressed in cardiac and skeletal muscle but is also expressed at
variable levels in other tissues [2]. Mutations in tafazzin cause Barth syndrome (BTHS),
a disease associated with L4-cardiolipin deficiency, resulting in variable clinical findings
including cardiac and skeletal myopathies as well as immunological deficits and changes in
cognition, taste, and sensory perception, among other symptoms [13]. BTHS is an X-linked
recessive disorder, and therefore individuals with Barth Syndrome are almost entirely
male [14]. The prevalence of the disease is low, affecting an estimated 1:300,000 to 1:400,000
live births [14]. The number of female carriers likely exceeds the number of clinically
diagnosed males, however, since historically 70% of affected males perished in childhood
due to the disease [15,16].

Female carriers of tafazzin mutations are typically considered clinically asymptomatic [14],
but whether heterozygous tafazzin deficiency causes phenotypic changes at either younger
or older ages in female carriers remains poorly understood. In other X-linked disorders
of lipid metabolism, such as X-linked adrenoleukodystrophy, clinically relevant symp-
toms have been reported with advancing age [17]. We have therefore studied female mice
heterozygous for tafazzin at ages 3 and 12 months.

2. Materials and Methods

2.1. Mice

The generation and maintenance of the Taz-KO mice were approved by a UK Home
Office Licence (PP9886217). Animal procedures, including breeding and all experiments
performed at the University of Waterloo (UW), were approved by the UW Animal Care
Committee under AUPP#30055 (17-19), approved 25 July 2017; AUPP#41822, approved
27 August 2020; and AUPP#43431, approved 9 July 2021, and comply with Canadian
Council on Animal Care guidelines and ARRIVE guidelines. Mice were housed in a
temperature- and humidity-controlled environment on a 12:12 h light/dark cycle with
enrichment materials and free access to standard rodent chow (Teklad 22/5 Rodent diet
from Envigo, Haslett, MI, USA) and water, together with their sex-matched littermates.

Gene targeting was performed at the Beatson Institute (Cancer Research UK), resulting
in the generation of mice with a germline deletion of exons 5–10 of tafazzin, and has
been previously reported in detail [18,19]. Mice were backcrossed onto a C57BL/6J line
>20 generations before use. Heterozygous females (TazΔ/+ [Taz-HET]) and wildtype (Wt)

159



Biology 2023, 12, 1238

littermate females (Taz+/+) used in experiments were generated by mating male C57BL/6J
mice (Jackson Labs, Bar Harbor, ME, USA) with TazΔ/+ females. This also generated
Wt male (Taz+/Y) and hemizygous null (TazΔ/Y [Taz-KO]) male mice. Their phenotypic
characterization has been reported separately [18,20].

Genotype was analyzed using an extract of genomic DNA isolated from ear punches,
and the presence of the KO Taz allele was verified by generation of a 280 bp amplicon,
visualized under ultraviolet light following gel electrophoresis using 1% TAE-agarose gels
with ethidium bromide. The amplicon was produced by PCR using FastStartTM Master
Mix (Roche Life Science, Mississauga, ON, Canada) and a Bio-Rad® T100 thermocycler
(Mississauga, ON, Canada) under the following conditions: 95 ◦C for 4 min; 39 cycles
of 95 ◦C for 30 s, 56 ◦C for 30 s, 72 ◦C for 1 min; and a final extension step of 72 ◦C for
7 min, with the KO-U1 (5′-CCAAGTTGCTAGCCCACAAG-3′) forward primer and WT-D1
(5′-CAGGCACATGGTCCTGTTTC-3′) reverse primer. Since the mating strategy could
only produce Wt (Taz+/+) or heterozygous (TazΔ/+) females, detection of the null allele was
sufficient to genotype mice as heterozygous, with those lacking the null allele designated
as Wt.

2.2. Comprehensive Laboratory Animal Monitoring System Measures

Indirect calorimetry measures were analyzed in 3- and 12-month-old mice over a
24 h period, essentially as we have previously described [20]. Twenty-four hours prior to
testing, mice were single-housed to allow for determination of food consumption and to
assist them in adjusting to individual housing conditions prior to entering the Comprehen-
sive Laboratory Animal Monitoring System (CLAMS, Columbus Instruments, Columbus,
OH, USA). Mice were then placed in individual CLAMS chambers for an additional
2 h of acclimatization prior to the onset of data recording. Throughout the experiment,
mice had unlimited access to chow and water and were maintained at room temperature
(22–23 ◦C) with 12:12 h light/dark cycle (light 07:00–19:00 h, dark 19:00–07:00 h). Air flow
in the chambers was exchanged at 0.5 L/min. Immediately prior to testing, gas sensors
were calibrated with mixtures of standard gases (20.5% oxygen, 0.5% carbon dioxide,
and nitrogen at balance), and oxygen consumption (VO2; mL/kg/h) and carbon dioxide
production (VCO2; mL/kg/h) rates were analyzed at 28-min intervals. The respiratory
exchange ratio (RER) was calculated from measures of VCO2/VO2 [21]. The Lusk equation
[(3.815 + 1.232 × RER) × VO2 (in liters)] was used to calculate total energy expenditure
(TEE), which was normalized to individual body weights (kg) [22]. Infrared beam breaks
were used to determine activity in three directions: x (locomotion), y (ambulation), and z
(rearing) planes.

2.3. Glucose Tolerance Testing (GTT)

Mice at 12 months of age were tested for glucose tolerance, as we have previously
described [20]. Food was withdrawn 6 h prior to testing at 15:00 h. Tail vein blood glucose
levels were measured at baseline and 15, 30, 60, 90, and 120 min following i.p. injection of
D-glucose (2.0 g/kg) using Freestyle Lite test strips and glucometer (Abbot Laboratories,
Mississauga, ON, Canada). Area-under-the-curve (AUC) analysis was performed to allow
for comparisons between overall test effects.

2.4. Insulin Tolerance Testing (ITT)

Twelve-month-old mice were tested for insulin sensitivity, essentially as we have
previously described [20]. Following a 2 h fast (13:00–15:00 h), baseline glucose levels were
measured using the Freestyle Lite glucose monitoring system, and then mice received an i.p.
injection of insulin (0.5 U per kg body weight). Glucose levels were monitored in tail-vein
blood at 15, 30, 60, 90, and 120 min and analyzed to determine AUC responses [23].
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2.5. Treadmill Exercise Capacity Test

Mice at 3 and 12 months of age were subjected to an incremental treadmill exercise test
using a five-lane motor-driven treadmill (Panlab; Harvard Apparatus, Barcelona, Spain)
with a fixed slope of 5◦, based on prior protocols [24,25], essentially as we have previously
described [20]. Briefly, on the first 3 days of training, mice were placed on the treadmill in
an immobile setting for 5 min, and then the treadmill was turned on to settings of 5 cm/s
for a period of 5 min, followed by increases to 10 cm/s for 2 min, and then 15 cm/s for
3 min. On the third day, mice were placed on the static treadmill for 5 min, then it was set
to speeds of 5 cm/s for a 3 min interval, 10 cm/s for 2 min, 15 cm/s for 2 min, and then
20 cm/s for 3 min. Mice rested on Day 4. An exhaustive exercise test was performed on
Day 5 by placing mice on the treadmill for 5 min at a stationary setting, followed by an
initial speed of 10 cm/s, which was increased by 3 cm/s every 2 min until a maximum
speed of 70 cm/s was achieved. Running time and total distance ran until exhaustion
were monitored. Sessions were performed from 16:00–19:00 h, which fell within the dark
photoperiod for the mice since mice are normally most active nocturnally. Sessions were
completed in a dark room, where illumination was provided using red lighting to prevent
disruption to the dark cycle.

2.6. Tafazzin Gene Expression

Total RNA was extracted from mouse heart tissue using TRIzol® Reagent (Invitrogen,
Waltham, MA, USA) according to the manufacturer’s protocol after tissue was mechani-
cally disrupted using a POLYTRON® PT 1200 E homogenizer (VWR, Radnor, PA, USA)
set at maximum speed. Quantity of RNA was measured spectrophotometrically using a
Nanodrop 2000 Spectrophotometer (ThermoFisher, Waltham, MA, USA), and 2 μg of RNA
per 20 μL reaction was used to synthesize cDNA via random hexamer priming using a
High-Capacity cDNA Reverse Transcription kit from Applied Biosystems (Waltham, MA,
USA) according to the manufacturer’s protocol. cDNA was diluted 1:5 in ddH2O. The quan-
titative real-time (qRT)-PCR duplex reactions contained 7.5 μL PerfeCTa ToughMix qPCR
MasterMix (Quantabio, Beverly, MA, USA), 0.75 μL each of the Taqman gene expression
assays for FAM-labeled tafazzin (Mm04239390_g1), spanning exons 2/3, and VIC-labeled
β-actin (Mm02619580_g1) (Applied Biosystems, Mississauga, ON, Canada), 5 μL of ddH2O,
and 1 μL of cDNA. Transcript levels were measured on a CFX-96 Connect Real Time qPCR
Detection System (BioRad, Hercules, CA, USA). Thermal cycling conditions were 50 ◦C for
2 min, then 95 ◦C for 20 s, followed by 40 cycles at 95 ◦C for 3 s, then 60 ◦C for 30 s. All
measurements were run in duplicate. Tafazzin expression was analyzed using the ΔΔCt
method, with the Ct values normalized to β-actin.

2.7. Gas Chromatography Analysis of Cardiolipin

Mouse heart tissue was homogenized in phosphate-buffer saline (PBS) using a TissueL-
yser II for 2 min at a frequency of 25 Hz. Total lipids were extracted from the homogenate
by the addition of 2:1 (v/v) chloroform:methanol with the antioxidant butylated hydroxy-
toluene (BHT) and overnight storage. The next day, phosphate buffered saline was added,
the samples were vortexed, and then centrifugated at 3000 rpm for 5 min to separate
the organic and aqueous phases. The organic phase was carefully collected and desic-
cated under a stream of nitrogen gas. To separate the individual phospholipid species,
the organic phase was resuspended in chloroform and applied onto Silica Gel HF plates
measuring 20 cm × 20 cm with a layer thickness of 250 μM (Analtech Inc., Cole-Parmer
Canada, Montreal, QC, Canada), and resolved using thin-layer chromatography with a
solvent system of chloroform:methanol:2-propanol:0.25% KCl:trimethylamine (30:9:25:6:18,
v/v/v/v/v) [26]. Cardiolipin bands were detected using UV illumination after spraying
with 0.1% 2,7-dichlorofuorescin in methanol (w/v) and scrapped in reference to known
cardiolipin standards (Avanti Polar Lipids, Millipore Sigma, Mississauga, ON, Canada).
To prepare for gas chromatography (GC) analysis, the fatty acyl species within cardiolipin
underwent transesterification to fatty acyl methyl esters on a heating block for 1 h at 95 ◦C
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using 14% boron trifluoride in methanol and hexane (Thermo Scientific, Bellfonte, PA, USA),
overlaid with nonadecanoic acid (19:0) as an internal standard (Nu-Chek Prep, Elysian, MN,
USA). Following centrifugation at 3000 rpm for 5 min, the hexane layer was collected, trans-
ferred, desiccated under nitrogen gas, and resuspended in 65 μL of heptane. Subsequent
analysis using gas chromatography with flame ionization detection was performed using
a SCION 8300 GC (Scion Instruments Canada, Edmonton, AB, Canada) equipped with a
DB-FFAP 15 m length × 0.10 mm inner diameter × 0.10 μm film thickness nitroterephthalic
acid-modified polyethylene glycol capillary column (J&W Scientific/Agilent Technologies,
Mississauga, ON, Canada) with hydrogen as the carrier gas. Specifically, 1 μL of samples
were introduced by an Scion 8400Pro autosampler into the injector and heated to a tem-
perature of 250 ◦C with a split ratio of 100:1. The initial temperature was set at 150 ◦C and
maintained for 0.25 min, followed by a ramp of 35 ◦C/min to 200 ◦C, a 1 ◦C/min ramp to
211 ◦C, and an 80 ◦C/min ramp to 245 ◦C with a final hold of 4 min. The flame ionization
detector temperature was maintained at 300 ◦C, while the make-up gas comprised air and
nitrogen, flowing at rates of 300 and 30 mL/min, respectively. Sampling frequency was
set at 50 Hz. The quantification of fatty acyl composition was expressed both in terms of
concentrations (μg fatty acids per mg of tissue) and relative weight percentages, reflecting
the proportion of each fatty acyl species within the total mass of fatty acids analyzed.
Subsequently, the total content of cardiolipin was computed based on the cumulative mass
of all cardiolipin fatty acyl species present within each sample.

2.8. Statistical Analyses

Comparisons between Wt and Taz-HET mice at 3 and 12 months of age were conducted
using a two-way ANOVA to detect an interaction between genotype and age as main
factors. Following identification of significant effects, Holm-Sidak’s multiple comparison
tests were used to identify significant differences in means within genotypes between ages
and significant differences between age-matched animals with different genotypes.

Blood glucose levels across timepoints were compared between Wt and Taz-HET mice
by repeated measures ANOVA. Area-under-the-curve (AUC) analyses were performed
to determine the overall response of individual mice, and means from each group were
compared using Student’s t-test.

Differences between genotypes for tafazzin gene expression and cardiolipin measures
were assessed by Student’s t-test.

GraphPad Prism (version 9.0.0 for Mac, San Diego, CA, USA) was used to perform all
statistical analyses. Data are presented as means ± standard error of the mean (SEM), and
differences were considered significant when p < 0.05.

3. Results

3.1. Body, Organ, and Lean Tissue Weights

Mice of both genotypes grew from 3 to 12 months of age, as evidenced both by in-
creases in absolute body weights (Figure 1A) and increases in tibial lengths within genotype
groups (Figure 1B). At 3 months of age, there were no significant differences in body weights
between Taz-HET and Wt mice (19.50 ± 1.13 g vs. 20.83 ± 1.10 g, respectively), but by
12 months, Taz-HET mice weighed 8% less than their Wt littermate controls (25.25 ± 3.24 g
vs. 27.46 ± 2.90 g, respectively) (Figure 1A). Tibial lengths, however, did not differ between
age-matched Wt and Taz-HET mice at either age examined, suggesting that differences
in body weights at 12 months may reflect differences in body composition rather than
absolute body stature per se.

Masses of hearts (Figure 1C), pancreas (Figure 1E), kidneys (Figure 1H), and gastroc-
nemius muscles (Figure 1K) increased with age in both genetic groups of mice but did not
differ between age-matched genotypes. Masses of lungs (Figure 1D), spleens (Figure 1G),
ovaries (Figure 1J), and soleus muscles (Figure 1L) did not differ significantly between
genotypes at either age examined or between ages within a genotype group, indicating that
maximal size for these organs and tissues was already attained by 3 months in all animals.

162



Biology 2023, 12, 1238

Figure 1. Body weights and lean tissue masses obtained by dissection of female Wt and Taz-HET
mice at 3 and 12 months of age. Body weights (A) and tibial lengths (B), organ weights (C–J), and
skeletal muscle masses (K,L) are shown according to genotype and age. Data are means ± SEM,
with individual datapoints shown as circles, n = 11 per group at 3 months of age and n = 17–20
per genotype at 12 months of age. Comparisons between genotypes for age-matched mice, and
comparisons between ages for mice within genotype groups are shown: * p < 0.05, ** p < 0.01,
*** p < 0.001, **** p < 0.0001.

Only two organs differed in size between genotype groups, and significant differences
were evident only at 12 months of age. Liver weights increased significantly from 3 to
12 months of age in both Wt and Taz-HET mice (Figure 1F). However, at 12 months of age,
Taz-HET liver weights were ~11% lower than Wt liver weights.

Brain masses did not change significantly from 3 to 12 months of age in either the Wt
or Taz-HET mouse groups. At both 3 and 12 months of age, brain masses were ~4% lower
in Taz-HET mice compared with age-matched Wt mice, but this was only statistically
significantly different at 12 months of age (Figure 1I), possibly due to the greater power
associated with the larger sample size examined at this timepoint.
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3.2. Adipose Tissue Masses

From 3 to 12 months of age, both Wt and Taz-HET mouse white adipose tissue (WAT)
visceral (i.e., gonadal, perirenal, and retroperitoneal) and subcutaneous (i.e., inguinal)
depots increased significantly in mass (Figure 2). At 3 months, there were no significant
differences between Wt and Taz-HET mice in the mass of any individual WAT depot
(Figure 2A–D). At 12 months, however, gonadal (Figure 2A) and retroperitoneal (Figure 2D)
WAT depots were, respectively, 29% and 31% lower in mass in Taz-HET compared with Wt
mice (Figure 2A,D).

Figure 2. White (WAT) and brown adipose tissue (BAT) masses obtained by dissection from female
Wt and Taz-HET mice at 3 and 12 months of age. WAT depots (A–D) and BAT depots (E) are shown
according to genotype and age. Data are means ± SEM, with individual datapoints shown as circles,
n = 11 per group at 3 months of age and n = 17–20 per genotype at 12 months of age. Differences were
analyzed by 2-way ANOVA, and comparisons between genotypes for age-matched mice and between
ages for mice within genotype groups are shown: * p < 0.05, ** p < 0.01, *** p < 0.001, **** p < 0.0001.

Interscapular brown adipose tissue (BAT) depots increased in mass from 3 to 12 months
of age in both Wt and Taz-HET mice (Figure 2E). Taz-HET mice had 33% smaller BAT masses
at 3 months and 28% smaller BAT masses at 12 months compared with their age-matched
Wt littermates.

3.3. Food Intake

Using the CLAMS, a series of measures were performed. Mouse food intake was
averaged over a 24 h period (Figure 3A) and also normalized to body weight (Figure 3B).
At three months of age, absolute and weight-normalized food intake did not differ between
genotypes. Total and weight-normalized food intakes decreased in Wt mice from 3 to
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12 months. During this same period, total food intakes did not decrease significantly in
Taz-HET mice, although there was a significant decline in weight-normalized measures.
Food intake measured per gram of body weight at 12 months of age was higher in Taz-HET
mice compared with their Wt littermates.

Figure 3. Total and weight-normalized daily food intakes of cohorts of 3- and 12-month-old mice.
Twenty-four h absolute food intake (A) and food intake normalized to body weight (B) are shown.
Data are means ± SEM, with individual datapoints shown (circles), n = 7–8 (Wt), n = 10 (Taz-HET),
* p < 0.05, ** p < 0.01, *** p < 0.001, **** p < 0.0001.

3.4. Movement

Mice at 3 and 12 months of age were monitored in the CLAMS apparatus, with motion
recorded over a 24 h period. Motion was detected through the monitoring of infrared
beam breaks. The locomotion axis records breaks of the X-plane, which include all beam
breaks due to combined repetitive activity such as feeding or grooming, in addition to
activity from walking, and is termed locomotor activity. The Y-plane runs the length of the
enclosure and records instances when a mouse breaks two different beams, indicating a
traverse of the cage, which is termed ambulatory activity. Monitoring of the rearing axis
only accounts for the infrared beam breaks in the Z-plane, such as when mice rear up on
their hind legs (Figure 4).

Locomotor activity is shown in Figure 4 (upper panel), where line graphs show total
beam breaks across the X-plane of the cage during each 28 min interval for 3-month-old
(top, left) and 12-month-old (top, right) Taz-HET mice and their Wt littermates. Analysis of
the average daily locomotor activity per 28 min interval indicated no significant differences
between groups across ages and genotypes (bottom, left). Wt mice experienced an age-
related significant decline in locomotor activity during the light phase, when mice are
typically less active (bottom, middle), but otherwise there were no significant differences in
average 28 min interval beam breaks across the X-plane in either the light or dark (bottom,
right) cycles.

Line graphs of ambulatory activity (Figure 4, middle panel, top) indicate total values
during 28 min intervals for beam breaks across the Y-plane of the cage recorded over a 24 h
period, including both the light and dark cycles. Averages for these 28 min intervals are
shown in this panel for the full 24 h period (bottom, left), the 12 h light phase (bottom, mid-
dle), and the 12 h dark phase (bottom, right). Similar to results seen for locomotor activity,
ambulatory activity decreased significantly from 3 to 12 months of age in Wt mice during
the light phase, specifically, but there were no significant differences between genotypes in
age-matched mice and no other age-related differences within genotype groups.
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Figure 4. Movement of 3- and 12-month-old cohorts of mice over a period of 24 h housed in metabolic
chambers equipped with infrared beams. Corresponding bar graphs of the daily and photoperiod
average number of beam breaks per 28-min interval are shown. The movements of mice in the X
(locomotor) plane (upper panel), Y (ambulatory) plane (middle panel), and Z (rearing) plane (lower
panel) are shown. Shading indicates the duration of the dark cycle. Data are means ± SEM, with
individual datapoints shown (circles), n = 7–10, * p < 0.05.

Rearing activity, denoted by activity in the Z-plane, was recorded during a 24 h period,
and the total number of rearing events per 28 min interval is plotted according to genotype
and age of mice (Figure 4, lower panel, top). Daily averages of these values (bottom, left)
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and averages during the light (bottom, middle) and dark (bottom, right) phases indicated
no significant effects of age or genotype.

3.5. Respiratory Exchange Ratio and Total Energy Expenditure

Respiratory exchange ratios (RER) and total energy expenditures (TEE) were analyzed
for 3- and 12-month-old Wt and Taz-HET mice and recorded every 28 min (Figure 5, top
and bottom panels).

Figure 5. Respiratory exchange ratio (RER) and total energy expenditure (TEE). Cohorts of mice were
monitored at 3 and 12 months of age for 24 h in the CLAMS apparatus, with measures taken every
28 min. Corresponding bar graphs of the daily and photoperiod average RER and TEE are shown.
Data are means ± SEM, with individual datapoints shown (circles), n = 7–10, * p < 0.05, ** p < 0.01.
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Line graphs show comparisons of RER measures taken every 28 min from Wt and
Taz-HET mice at 3 months (Figure 5, upper panel, top right) and 12 months (top left) of
age. Both Wt and Taz-HET mice underwent an age-related decrease in 24 h and dark phase
RER (Figure 5, top panel, lower left and right). During the light phase, RER declined
significantly from 3 to 12 months of age for Wt but not Taz-HET mice (Figure 5, top panel,
middle). No significant differences were observed between age-matched Wt and Taz-HET
mice in RER.

TEE measures are shown in Figure 5 (lower panel), with line graphs illustrating
measures at 28 min intervals in 3-month-old (top, left) and 12-month-old (top, right) mice.
Average TEE decreased significantly from 3 to 12 months of age in Wt mice during both
the light and dark phases and also over the 24 h period measured overall (Figure 5, lower
panel, bottom left, middle, and right). Taz-HET mice, however, only exhibited a statistically
significant age-related decrease in TEE during the dark phase (bottom, right). Age-matched
mice did not differ significantly in TEE measures by genotype.

3.6. VO2 and VCO2

Oxygen consumption rates (VO2) were analyzed in 3- and 12-month-old Wt and
Taz-HET mice. Line graphs depicting average VO2 measures taken over 28 min intervals
are shown (Figure 6, upper panel, top left and right). Wt mice exhibited a significant
decrease in oxygen consumption with aging (upper panel, bottom left, middle, and right).
Notably, this decrease in VO2 was evident when averages over the entire 24 h period were
considered, as well as when averages were compared during the less active light period
and the more active dark period. In Taz-HET mice, however, oxygen consumption rates
did not decline significantly from 3 to 12 months of age, suggesting greater resistance to
age-related metabolic changes. In age-matched mice, however, there were no significant
differences between Wt and Taz-HET littermates in measures of VO2.

Carbon dioxide production rates (VCO2) were also analyzed over a 24 h period
in 3- and 12-month-old littermates. VCO2 rates were graphed at 28 min intervals for
3-month-old (Figure 6, lower panel, top right) and 12-month-old (Figure 6, lower panel,
top left) Wt and Taz-HET mice. Calculation and analysis of average rates of carbon dioxide
production indicated significant age-related decreases in both Wt and Taz-HET mice from
3 to 12 months of age overall (Figure 6, lower panel, bottom left) and specifically during the
12 h dark period (bottom right). During the light period, an age-related decrease in VCO2
was evident in Wt mice but not in Taz-HET mice (bottom middle). As with measures of VO2,
there were no significant differences between age-matched mice of different genotypes in
VCO2 overall or during either the light or dark periods.

3.7. Glucose Tolerance and Insulin Sensitivity

Genotype-specific differences in body weights and WAT masses were observed in
older but not younger mice (Figures 1 and 2), although both genotypes undergo a decline
in respiratory exchange ratio with age, suggesting changes in the relative use of major fuel
types. Thus, tests of glucose tolerance (GTT) and insulin sensitivity (ITT) were performed
in 12-month-old mice to determine if older animals exhibit genotype-specific differences.

There were no significant differences in baseline glucose measures between Wt and
Taz-HET mice (Figure 7A). Following injection of mice with glucose, both genotypes demon-
strated a rise in blood glucose by 15 min, although mean levels did not differ significantly
between genotypes at that timepoint. Blood glucose levels were, on average, 2.41 mM lower
in Taz-HET mice compared with their Wt littermates at 30 min post-injection and 2.74 mM
lower at 60 min. Total blood glucose excursions were quantified by calculation of total AUC
(Figure 7B) and were 16% lower in 12-month-old Taz-HET mice compared with Wt mice,
indicating significantly better glucose disposal following an injected glucose challenge.
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Figure 6. VO2 and VCO2 rates in 3- and 12-month-old cohorts of Wt and Taz-HET mice. Three- and
twelve-month-old mice were monitored in the CLAMS apparatus, where measures of oxygen con-
sumption rate and carbon dioxide production rate were calculated every 28 min. Corresponding bar
graphs of the daily and photoperiod averages of VO2 and VCO2 are shown. Data are means ± SEM,
with individual datapoints shown (circles), n = 7–10, * p < 0.05, ** p < 0.01.

Blood glucose concentrations at the start of the ITT protocol did not differ significantly
between groups or at specific timepoints post-injection when analyzed by repeated mea-
sures ANOVA (Figure 7C). However, measures of total AUC indicated that blood glucose
levels were suppressed to a greater overall extent in Taz-HET mice compared with their Wt
littermates, indicating a greater response to insulin injection.
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Figure 7. Blood glucose responses in 12-month-old female Wt and Taz-HET mice during GTT and
ITT. Blood glucose responses immediately prior to i.p. injection with glucose and at 15, 30, 60, 90,
and 120 min after injection were determined (A), and total glucose excursions were calculated by
area-under-the-curve (AUC) analysis (B). Following i.p. insulin injection, blood glucose responses
were monitored at the timepoints indicated (C), and total insulin-mediated glucose excursions were
calculated by AUC analysis and mean AUC values during the experiment were compared (D). Data
are means ± SEM, with individual datapoints shown (circles), n = 16–19, * p < 0.05, with differences
indicated between mice of different genotypes at the same timepoint (A,C) or as indicated on the
graph (B,D).

3.8. Exercise Endurance Capacity

The exercise capacity of mice was determined using an exhaustive treadmill running
protocol after 3 days of training. Three measures of exercise performance were determined.
The time to exhaustion declined significantly in both Wt and Taz-HET mice from 3 to
12 months of age (Figure 8A). However, there was no significant difference in time to ex-
haustion between the genotypes when mice were compared at the same ages. Furthermore,
regardless of genotype, mice at 3 months of age were able to run over 1/3 longer than mice
at 12 months of age.

Similar effects were observed for distance to exhaustion (Figure 8B). Twelve-month-
old mice of either genotype achieved a total distance during the trial that was ~40–50% less
than that of younger mice, regardless of genotype. In age-matched mice, there were no
significant differences between distances achieved at exhaustion.

While measures of distance and time to exhaustion are continuous variables and
therefore tend to have greater variation in outcomes, the maximal speed achieved is a
discrete variable since it is increased in stepwise increments. When maximal speeds
were analyzed, a difference between genotypes was observed. Mice at 12 months of age
were able to achieve a significantly lower maximal speed than mice at 3 months of age,
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regardless of genotype, indicating an age-related decline in performance in both groups,
which was similar to that observed for both time to exhaustion and distance to exhaustion
measures. However, a small but significant difference between Wt and Taz-HET mice was
observed specifically at 12 months of age. Since the treadmill speed was increased in 3 cm/s
increments, the maximum speed achieved by Wt mice was, on average, 49 cm/s, while the
maximum speed achieved by Taz-HET mice was, on average, 46 cm/s, indicating that the
performance of Taz-HET females peaked at a level lower than that of the Wt females.

Figure 8. Treadmill exercise capacity testing. Three- and twelve-month-old cohorts of Wt and Taz-
HET mice were trained for 3 days and then tested after one day of rest for maximal exercise capacity,
measuring time to exhaustion (A), distance to exhaustion (B), and maximal speed achieved (C). Data
are means ± SEM, with individual datapoints shown (circles), n = 11–17, * p < 0.05, **** p < 0.0001.

3.9. Tafazzin Gene Expression and Cardiolipin Analysis

Altered exercise performance in middle-aged Taz-HET females prompted us to inves-
tigate tafazzin expression and cardiolipin content in the hearts of mice at this timepoint.
Tafazzin mRNA levels were ~36% lower in the hearts of Taz-HET females compared with
Wt females (Figure 9A). Despite a lack of statistically significant differences in total cardi-
olipin content between Taz-HET and Wt females (Figure 9B), the total n-6 polyunsaturated
fatty acid (PUFA) content was significantly lower in the 12-month-old Taz-HET females
compared with age-matched Wt females (Figure 9C). Analysis of the abundance of spe-
cific fatty acyl species of cardiolipin revealed no differences in saturated fatty acids (SFA),
monounsaturated fatty acids (MUFAs), and n-3 PUFAs (Figure 9C–E,G), although the
n-6 PUFAs 18:2n-6 (linoleic acid) and 20:3n-6 (dihomo-γ-linolenic acid) were significantly
lower by ~14% and ~18%, respectively, in the Taz-HET females (Figure 9F). Analysis of
the relative abundance of fatty acyls in cardiac cardiolipin showed similar species-specific
differences to those observed in absolute abundance comparisons and additionally showed
a significant increase in MUFA content, particularly 18:1n-7 (vaccenic acid), in Taz-HET
mice compared with Wt females (Supplementary Table S1).
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Figure 9. Tafazzin (Taz) gene expression and cardiolipin analysis in the cardiac tissue of 12-month-old
mice. Tafazzin gene expression, normalized to β-actin, in the hearts of Taz-HET and control female
mice (A). Total cardiolipin content (B), absolute content of major fatty acyl (FA) classes (i.e., saturates
(SFA), monounsaturates (MUFA), n-6 polyunsaturated fatty acids (n-6 PUFAs), and n-3 PUFAs within
cardiolipin (C), and cardiolipin absolute contents of specific FA species among SFA (D), MUFA (E),
n-6 PUFA (F), and n-3 PUFA (G). Data are means ± SEM, n = 9–12, * p < 0.05.

4. Discussion

The molecular pathogenesis of BTHS involves cellular deficiencies in both L4-cardiolipin
and total cardiolipin, together with an accumulation of monolysocardiolipin [14]. Female
carriers are typically thought to be asymptomatic [14] and reportedly lack these hallmark
biochemical abnormalities in tests of platelets and lymphocytes [27,28]. Additionally, carri-
ers are also reported to lack perturbations in blood plasma measures of 3-methylglutaconic
acid, cholesterol and cholesterol precursors, amino acids, and lactic acid that can occur in
those with manifest disease [29–31]. Although a comprehensive clinical examination of car-
riers has not been performed, case reports also largely indicate an absence of female cardiac
disease in the family history [32–34]. Moreover, assessment of cardiac function in mothers
of BTHS patients typically reveals normal results through echocardiography [30,33,35,36]
or electrocardiography [33].

We have recently published work reporting the characterization of male mice deficient
in tafazzin (Taz-KO) [20]. In the present study, we assessed the characteristics of female
mice that were heterozygous for a targeted disruption of the tafazzin gene. Whereas the
male Taz-KO mice exhibited significant and sizeable reductions in body weights, major
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organ weights, adipose depot weights, and exercise capacity compared with male littermate
control mice, the corresponding differences between Taz-HET female mice and their Wt
female littermates were smaller. These results are largely consistent with the view that BTHS
carriers are non-manifesting [14], since at both age points there were more similarities than
differences between the two genotypes of female mice. Overall, changes that manifested
with age in the Taz-HET females were subtle and unlikely to reach a threshold constituting
clinically relevant pathology. Regardless, some differences were observed and are relevant
for understanding the biological role of tafazzin in carriers.

Taz-HET mice were mostly indistinguishable from control littermates, as was expected
based on reports from female carriers [14]. In instances where Taz-HET mice differed from
their Wt counterparts, their phenotype recapitulated that of the Taz-KO males, but to a
milder degree. Notable genotype-specific differences included lower body weights of
12-month-old Taz-HET mice compared with control females, in part due to lower weights
of organs such as the brain and liver but more so due to smaller masses of select regional
adipose depots. While the Wt mice had significantly reduced food intake with advancing
age, this age-related change was lacking in the Taz-HET mice, despite their lower body
weights. Systemic energy expenditure and basal substrate metabolism were comparable
between the two groups at both age points and thus underwent similar age-related changes,
while there were no notable differences in the movement or activity of the mice between
genotypes at either age. Taken together, these data suggest some decreased efficiency of
fuel use by female Taz-HET mice that may either manifest at an advanced age or compound
as an accrued deficit over time.

Neither genotype was overtly glucose intolerant or insulin resistant at 12-months of
age, since mean blood glucose measures in both groups returned to baseline 2 h following
glucose injection and both groups exhibited significant declines in blood glucose levels
following insulin injection [37]. Differences between genotypes, however, were evident.
Aged Taz-HET females exhibited an enhanced ability to maintain glucose homeostasis
in the face of a glucose challenge, with a lower overall response during GTT. Taz-HET
mice also exhibited a better response to insulin over the course of the ITT. In theory, these
metabolic changes could offer health benefits with aging and may contribute to a lower
risk of diabetes and obesity development [38], although this has not been studied yet
in humans.

In the treadmill exercise capacity test, the maximum speed achieved, total running
distance, and running time before exhaustion were the same between the Taz-HET and
Wt mice at 3-months of age. At 12-months of age, however, a phenotypic difference in
their performance became discernible, as the maximum speed achieved before exhaustion
was slightly but significantly lower in the Taz-HET females. This finding of a difference
is particularly interesting given that mitochondrial insufficiency and exercise intolerance
are hallmarks of BTHS. To the best of our knowledge, this is the first study to identify a
difference, albeit minor, in exercise capacity associated with heterozygous loss of tafazzin
in female carriers. The largely protected phenotype of Taz-HET females could potentially
be attributed to a relatively high degree of haplosufficiency of tafazzin or to a skewed X
chromosome inactivation (XCI).

Females have two X chromosomes, and, normally, one of the two is randomly chosen to
be rendered transcriptionally inactive in each cell of the early embryo [39]. Throughout the
cascading cell division that drives embryonic development, the inactivation of a specific X
chromosome is permanent for all descendants of a cell [39]. Random XCI creates epigenetic
cellular mosaicism in the tissues of females, which are composed of two populations of cells,
with either the maternal or paternal chromosome as the active X [39]. In the framework
of random XCI, one-half of the cells in a given tissue of Taz-HET mice should have the X
chromosome with the mutant tafazzin gene active, and thus those cells should be deficient
in the tafazzin protein.

Although we did not directly analyze XCI patterns in the current study, we found
that twelve-month-old Taz-HET females showed an ~1/3 reduction in cardiac tafazzin
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expression, suggesting that the X chromosome possessing the recombined knock-out
tafazzin locus, missing exons 5–10, is likely active in a subset of cardiomyocytes of the
mice. Since tafazzin has a well-established role in incorporating, specifically, linoleic acid
chains into cardiolipin in mammalian hearts [40], thereby completing the transformation of
nascent cardiolipin into its mature form specific to this tissue, it is noteworthy that the subtle
decrease in tafazzin expression that we observed was associated with a correspondingly
minor but significant and specific decline in cardiolipin linoleic acid content in the hearts
of Taz-HET mice. Indeed, in BTHS patients [40], male tafazzin knock-down mice [5,41],
and cardiomyocyte-specific tafazzin knockout mice [42], notable and specific reductions in
the linoleic acid content of cardiac cardiolipin are observed. This decline is hypothesized
to be causative of the hallmark exercise intolerance of BTHS [43,44], due to the associated
decreases in concentration of the proteins of oxidative phosphorylation at the mitochondrial
inner membrane that are enriched in L4-cardiolipin [45]. In the current work, the decrease
in tafazzin expression, alterations in cardiolipin composition, and resulting exercise deficits
are collectively minor in the Taz-HET female mice. This aligns with the notion that the
Taz-HET model shares similarities with reports from human female carriers, where skewed
XCI has been reported [32], but future studies should investigate this directly.

Studies of XCI status in human BTHS carriers suggest that skewed XCI is responsible
for their asymptomatic status [32]. Ørstavik et al. analyzed the XCI status of peripheral
blood cells from 16 obligate carriers of BTHS, none with known cardiac disease, and
148 female controls [32]. The majority of carriers possessed an almost completely skewed
XCI pattern (>=95:5), since six of the sixteen carriers (i.e., 38%) expressed the X chromosome
with the normal tafazzin gene in 95% or more of their blood cells, with 5% or less of their
blood cells using the mutated X chromosome as the active X. This degree of imbalance in
parental X chromosome activation was absent in the 148 controls. Extremely skewed XCI
status was found in carriers at both early life and senior ages and was confirmed in skin
fibroblasts and granulocytes collected from two of the carriers. Interestingly, random XCI
inactivation (defined as ratios between 50:50 and 65:35) was observed in 19% of carriers
(three out of sixteen) and was significantly lower than the 55% incidence observed in the
control group. Notably, carriers with an extremely skewed status and with a random status
were found in the same families. The remainder of carriers studied displayed moderately
skewed (defined as 65:35 to 80:20) or skewed (defined as 80:20 to 95:5) XCI, and, thus,
81% of BTHS carriers possessed discernible levels of skewed XCI, favoring the expression
of the normal tafazzin gene [32].

Levels of skewness can be clinically relevant in some disorders [46,47] and have been
associated with the development of overt pathology in BTHS since predominant expression
of the mutant X chromosome has been found in the two known cases of females with
manifestations of clinical disease. The first case of BTHS in a female was reported in
2012 [35]. The infant presented with severe heart failure at 1 month of age, and her clinical
course was characterized by recurrent episodes of severe acute heart failure, progressive
skeletal myopathy, and cyclic neutropenia until she succumbed to a fatal septic shock
at 3 years of age. Cytogenetic analysis performed on lymphocytes and skin fibroblasts
determined that the girl had inherited a mutated maternal X chromosome with a large
intragenic deletion for exons 1–5 of the tafazzin gene that would preclude the synthesis of a
functional enzyme. Her paternal X chromosome was either structurally abnormal, in a ring
conformation and missing the whole Xq28 region, or completely absent in cells. In effect,
the female patient, like affected males with BTHS, was deficient in functional tafazzin and
hence presented with clinical disease [35].

The second female BTHS patient, reported in 2016, was mildly affected by hypertrophic
left-ventricular noncompaction and hypotonia [48]. She received a diagnosis of BTHS
only after her younger male sibling presented with the classical phenotype. Genetic
investigation of her peripheral blood cells revealed that the manifesting carrier daughter
and her asymptomatic carrier mother had similar degrees of XCI skewness, but in opposite
directions, where the daughter had the X chromosome with the mutant tafazzin gene as the
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transcriptionally active one in 97% of her cells, while her mother exhibited predominant
activation of the normal X chromosome in 93% of her cells. Notably, the daughter had a
random XCI pattern in epithelial cells collected from a buccal swab and urine specimens.
The daughter had a normal karyotype, and it is unknown why the mutant X chromosome
was preferentially activated in her blood cells and presumably other mesoderm-derived
tissues [48]. Although further study is warranted, this demonstrates support for the notion
that XCI patterns are a determinant of clinical phenotype in carriers with BTHS, where most
but not all carriers exhibit skewness towards inactivation of the mutant X chromosome in a
majority of their cells [32].

Although XCI was not analyzed in the present study, the relatively small differences
observed suggest that Taz-HET mice undergo similar patterns to humans of skewed XCI,
with a majority of mutant X chromosomes inactivated. Our findings of heterogeneity in
performance responses and outcomes within genotype-age categories also suggest that, as
with human carriers, female Taz-HET mice may experience variation in the degree of mutant
XCI between individuals. As many as 19% of BTHS carriers possess random XCI [32],
but whether this plays a causal role in clinical symptoms is yet unknown. Case reports
occasionally produce results showing a carrier displaying mild cardiac symptoms, although
these reports lack accompanying XCI analysis. For example, a woman who was the carrier
of a de novo tafazzin mutation and the mother of a BTHS patient had mild trabeculations
of the left ventricle as revealed by echocardiography, but her total cardiac function and
electrocardiogram were normal [49]. In a different case, examination of the pedigree of
a boy with BTHS possessing a newly documented tafazzin mutation revealed a female
relative that was diagnosed with Wolff-Parkinson-White syndrome and affected by dilated
cardiomyopathy [50]. This woman lost her son to dilated cardiomyopathy, and the presence
of a tafazzin mutation and BTHS diagnosis was suspected but never confirmed due to a
lack of sample acquisition prior to death. Nonetheless, genetic sequencing confirmed the
woman as a carrier of the novel tafazzin mutation. Additionally, neutropenia in a carrier
has also been observed [30], although this is the single exception to the majority of carriers
that do not present with neutropenia [30,51].

It is possible that subtle, subclinical differences may exist between unaffected carriers
and controls at the molecular level, even when there is apparent haplosufficiency. A study
by Kuijpers et al. on annexin-V-based apoptosis in neutrophils from BTHS patients, carriers,
and controls uncovered differences between the three subject groups [51]. Neutrophils from
BTHS patients demonstrated avid binding to annexin-V. Although the neutrophils from
carriers displayed a wide range in binding levels, they fell into an intermediate range be-
tween BTHS patients and healthy controls. None of the carriers had neutropenia, although
the biological significance of the increased annexin-V binding is unknown, especially since
Kuijpers et al. noted an absence of apoptosis in BTHS neutrophils despite their binding
to annexin-V. Likewise, the underlying cause for increased annexin-V binding remains
unclear, although cardiolipin-independent modifications to the cellular membranes have
been suggested [51]. Future work should incorporate XCI analysis in order to examine
the relative association between clinical symptoms of carrier women and the degree of
tafazzin insufficiency.

We studied the Taz-HET mouse model at two different age points, focusing on cohorts
corresponding to young (3-month-old) and middle-aged (12-month-old) timepoints [52],
since age-related manifestations of subclinical and clinical features have been reported in
carriers of other X-linked disorders, such as Duchenne muscular dystrophy [53–55], glucose-
6-phosphate dehydrogenase deficiency [56,57], and X-linked adrenoleukodystrophy [17,58].
The importance of studying X-linked disorders across the lifespan is highlighted by the
experience of discovery in X-linked adrenoleukodystrophy, where carriers were originally
considered to be asymptomatic [59,60], leading to misdiagnoses with multiple sclerosis,
hereditary spastic paraparesis, or fibromyalgia [61–65]. Although reports of manifesting
carriers began to accumulate over decades [58,61,66–69], it was not until the first systematic
study in 2014 on disease manifestations in carriers that it was established that more than
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80% of women experience symptoms at ages 60 years or older [17]. Notably, this provided
a sharp increase from the 18% of symptomatic women aged 40 years or younger [17].

Interestingly, in X-ALD, the significance of the XCI pattern for the symptomatic status
remains uncertain, despite studies [17,70–72]. The effects of age on clinical outcomes have
not been formally investigated in BTHS carriers, although extreme XCI skewness away
from expression of the mutant tafazzin allele predominates in both children and seniors [32].
Our findings suggest that the Taz-HET mouse model can be used to further explore expected
interactions between age, XCI status, and symptom penetrance and severity in human
female carriers.

5. Conclusions

Here, we have identified the development of subtle phenotypic differences between
12-month-old Taz-HET and Wt mice, which were nearly indistinguishable at 3 months of
age. At 1 year of age, Taz-HET females have lower total body weights and enhanced glucose
control compared with their Wt littermates. However, mild impairments in exercise capac-
ity are also observed in the Taz-HET females at this age point, which are likely precipitated,
in part, by lower tafazzin expression and linoleic acid content of cardiolipin in the hearts.
While the subtle differences between the genotypes in this study corroborate the many
reports of asymptomatic carriers of BTHS [27,29–36] and suggest that for the majority of
BTHS carriers, abnormalities are likely to remain in a subclinical state, our findings of emer-
gent differences at 12 months indicate that future work should examine later ages in both
animals and humans. In particular, phenotypic differences may become more pronounced
in model mice with advancing age, particularly at the threshold when aging progresses to
senescence, which is typically observed around the 18-month milestone [52,73], and future
studies should examine this directly.

Supplementary Materials: The following supporting information can be downloaded at: https://
www.mdpi.com/article/10.3390/biology12091238/s1, Table S1: Relative mass percentage of fatty
acid species and major fatty acid classes within cardiolipin in the hearts of 12-month-old Taz-HET
mice and Wt female littermates.

Author Contributions: M.V.T. participated in conceptualization, investigation, methodology, formal
analysis, writing—original draft, and writing—review and editing. J.Z.C. participated in investi-
gation, methodology, formal analysis, and writing—review and editing. D.M.A.-M. participated
in investigation, methodology, formal analysis, writing—review and editing. M.R.L. participated
in investigation, methodology, formal analysis, writing—original draft, and writing—review and
editing. A.D.C. participated in investigation, methodology, and writing—review and editing. K.D.S.
participated in funding acquisition, supervision, formal analysis, methodology, and writing—review
and editing. D.S. participated in methodology, resources, and writing—review and editing. R.E.D.
participated in conceptualization, funding acquisition, supervision, formal analysis, methodology,
and writing—original draft, and writing—review and editing. All authors have read and agreed to
the published version of the manuscript.

Funding: This work was supported by Idea grants (2015 and 2019) from the Barth Syndrome Foun-
dation, the Barth Syndrome Foundation of Canada, and the Barth Syndrome Foundation U.K., as
well as the Canada Foundation for Innovation—Leader’s Opportunity Fund and the Government of
Ontario—Ontario Research Fund (Project No. 30259), the Government of Ontario Early Researcher
Award (ERA)—Ministry of Research, Innovation and Science (ER16-12-162), and the Natural Sciences
and Engineering Research Council of Canada (NSERC) #RGPIN-2019-05642, #RGPIN-2012-418213,
and RGPAS-2019-00008 to R.E.D. J.Z.C was supported by a doctoral scholarship from NSERC (PGS-D).
The generation of the Taz-KO mouse strain was supported by Cancer Research UK. Gas chromatog-
raphy studies were supported by an NSERC Discovery grant #RGPIN-2018-04334 and an NSERC
Research Tools and Instruments grant #RTI-2022-00006 to K.D.S. The funding agencies had no role in
the study design, the collection, analysis, or interpretation of data, the writing of the report, or the
decision to submit the article for publication.

176



Biology 2023, 12, 1238

Institutional Review Board Statement: All animal procedures were performed with the approval of
the University of Waterloo Animal Care Committee (AUPP#30055 (17-19), approved 25 July 2017;
AUPP# 41822, approved 27 August 2020; AUPP#43431, approved 9 July 2021) and comply with the
guidelines of the Canadian Council on Animal Care. The generation and maintenance of the TazKO
mice are covered by a UK Home Office Licence (PP9886217).

Informed Consent Statement: Not applicable.

Data Availability Statement: Data are available upon reasonable request to the authors.

Acknowledgments: The authors thank Jean Flanagan and Angela Wagler for expert assistance with
mouse maintenance and care.

Conflicts of Interest: The authors declare no conflict of interest. The funders had no role in the design
of the study; in the collection, analyses, or interpretation of data; in the writing of the manuscript; or
in the decision to publish the results.

References

1. Pennington, E.R.; Funai, K.; Brown, D.A.; Shaikh, S.R. The role of cardiolipin concentration and acyl chain composition on
mitochondrial inner membrane molecular organization and function. Biochim. Biophys. Acta Mol. Cell Biol. Lipids 2019, 1864,
1039–1052. [CrossRef] [PubMed]

2. Bradley, R.M.; Stark, K.D.; Duncan, R.E. Influence of tissue, diet, and enzymatic remodeling on cardiolipin fatty acyl profile. Mol.
Nutr. Food Res. 2016, 60, 1804–1818. [CrossRef]

3. Han, X.; Yang, K.; Yang, J.; Cheng, H.; Gross, R.W. Shotgun lipidomics of cardiolipin molecular species in lipid extracts of
biological samples. J. Lipid Res. 2006, 47, 864–879. [CrossRef] [PubMed]

4. Schlame, M.; Towbin, J.A.; Heerdt, P.M.; Jehle, R.; DiMauro, S.; Blanck, T.J. Deficiency of tetralinoleoyl-cardiolipin in Barth
syndrome. Ann. Neurol. 2002, 51, 634–637. [CrossRef] [PubMed]

5. Acehan, D.; Vaz, F.; Houtkooper, R.H.; James, J.; Moore, V.; Tokunaga, C.; Kulik, W.; Wansapura, J.; Toth, M.J.; Strauss, A.; et al.
Cardiac and skeletal muscle defects in a mouse model of human Barth syndrome. J. Biol. Chem. 2011, 286, 899–908. [CrossRef]
[PubMed]

6. Kennedy, E.P.; Weiss, S.B. The function of cytidine coenzymes in the biosynthesis of phospholipides. J. Biol. Chem. 1956, 222,
193–214. [CrossRef]

7. Bione, S.; D’Adamo, P.; Maestrini, E.; Gedeon, A.K.; Bolhuis, P.A.; Toniolo, D. A novel X-linked gene, G4.5. is responsible for
Barth syndrome. Nat. Genet. 1996, 12, 385–389. [CrossRef]

8. Bradley, R.M.; Hashemi, A.; Aristizabal-Henao, J.J.; Stark, K.D.; Duncan, R.E. PLAAT1 Exhibits Phosphatidylcholine: Monolyso-
cardiolipin Transacylase Activity. Int. J. Mol. Sci. 2022, 23, 6714. [CrossRef]

9. Ma, B.J.; Taylor, W.A.; Dolinsky, V.W.; Hatch, G.M. Acylation of monolysocardiolipin in rat heart. J. Lipid Res. 1999, 40, 1837–1845.
[CrossRef]

10. Taylor, W.A.; Hatch, G.M. Identification of the human mitochondrial linoleoyl-coenzyme A monolysocardiolipin acyltransferase
(MLCL AT-1). J. Biol. Chem. 2009, 284, 30360–30371. [CrossRef]

11. Taylor, W.A.; Mejia, E.M.; Mitchell, R.W.; Choy, P.C.; Sparagna, G.C.; Hatch, G.M. Human trifunctional protein alpha links
cardiolipin remodeling to beta-oxidation. PLoS ONE 2012, 7, e48628. [CrossRef]

12. Cao, J.; Liu, Y.; Lockwood, J.; Burn, P.; Shi, Y. A novel cardiolipin-remodeling pathway revealed by a gene encoding an
endoplasmic reticulum-associated acyl-CoA:lysocardiolipin acyltransferase (ALCAT1) in mouse. J. Biol. Chem. 2004, 279,
31727–31734. [CrossRef] [PubMed]

13. Zegallai, H.M.; Hatch, G.M. Barth syndrome: Cardiolipin, cellular pathophysiology, management, and novel therapeutic targets.
Mol. Cell. Biochem. 2021, 476, 1605–1629. [CrossRef]

14. Clarke, S.L.; Bowron, A.; Gonzalez, I.L.; Groves, S.J.; Newbury-Ecob, R.; Clayton, N.; Martin, R.P.; Tsai-Goodman, B.; Garratt, V.;
Ashworth, M.; et al. Barth syndrome. Orphanet J. Rare Dis. 2013, 8, 23. [CrossRef] [PubMed]

15. Rigaud, C.; Lebre, A.-S.; Touraine, R.; Beaupain, B.; Ottolenghi, C.; Chabli, A.; Ansquer, H.; Ozsahin, H.; Di Filippo, S.;
De Lonlay, P.; et al. Natural history of Barth syndrome: A national cohort study of 22 patients. Orphanet J. Rare Dis. 2013, 8, 70.
[CrossRef] [PubMed]

16. Huhta, J.C.; Pomerance, H.H.; Barness, E.G. Clinicopathologic conference: Barth Syndrome. Fetal Pediatr. Pathol. 2005, 24, 239–254.
[CrossRef] [PubMed]

17. Engelen, M.; Barbier, M.; Dijkstra, I.M.; Schür, R.; de Bie, R.M.; Verhamme, C.; Dijkgraaf, M.G.; Aubourg, P.A.; Wanders, R.J.;
van Geel, B.M.; et al. X-linked adrenoleukodystrophy in women: A cross-sectional cohort study. Brain 2014, 137, 693–706.
[CrossRef]

18. Wang, S.; Li, Y.; Xu, Y.; Ma, Q.; Lin, Z.; Schlame, M.; Bezzerides, V.J.; Strathdee, D.; Pu, W.T. AAV Gene Therapy Prevents and
Reverses Heart Failure in a Murine Knockout Model of Barth Syndrome. Circ. Res. 2020, 126, 1024–1039. [CrossRef]

177



Biology 2023, 12, 1238

19. Ren, M.; Xu, Y.; Erdjument-Bromage, H.; Donelian, A.; Phoon, C.K.L.; Terada, N.; Strathdee, D.; Neubert, T.A.; Schlame, M.
Extramitochondrial cardiolipin suggests a novel function of mitochondria in spermatogenesis. J. Cell Biol. 2019, 218, 1491–1502.
[CrossRef]

20. Tomczewski, M.V.; Chan, J.Z.; Campbell, Z.E.; Strathdee, D.; Duncan, R.E. Phenotypic Characterization of Male Tafazzin-Knockout
Mice at 3, 6, and 12 Months of Age. Biomedicines 2023, 11, 638. [CrossRef]

21. Even, P.C.; Nadkarni, N.A. Indirect calorimetry in laboratory mice and rats: Principles, practical considerations, interpretation
and perspectives. Am. J. Physiol. Regul. Integr. Comp. Physiol. 2012, 303, R459–R476. [CrossRef] [PubMed]

22. Lusk, G. ANIMAL CALORIMETRY Twenty-Fourth Paper. Analysis of the oxidation of mixtures of carbohydrate and fat. J. Biol.
Chem. 1924, 59, 41–42. [CrossRef]

23. Virtue, S.; Vidal-Puig, A. GTTs and ITTs in mice: Simple tests, complex answers. Nat. Metab. 2021, 3, 883–886. [CrossRef]
[PubMed]

24. Handschin, C.; Chin, S.; Li, P.; Liu, F.; Maratos-Flier, E.; LeBrasseur, N.K.; Yan, Z.; Spiegelman, B.M. Skeletal Muscle Fiber-
type Switching, Exercise Intolerance, and Myopathy in PGC-1α Muscle-specific Knock-out Animals. J. Biol. Chem. 2007, 282,
30014–30021. [CrossRef] [PubMed]

25. Claghorn, G.C.; Fonseca, I.A.T.; Thompson, Z.; Barber, C.; Garland, T. Serotonin-mediated central fatigue underlies increased
endurance capacity in mice from lines selectively bred for high voluntary wheel running. Physiol. Behav. 2016, 161, 145–154.
[CrossRef]

26. Chan, J.Z.; Fernandes, M.F.; Steckel, K.E.; Bradley, R.M.; Hashemi, A.; Groh, M.R.; Sciaini, G.; Stark, K.D.; Duncan, R.E.
N-oleoylethanolamide treatment of lymphoblasts deficient in Tafazzin improves cell growth and mitochondrial morphology and
dynamics. Sci. Rep. 2022, 12, 9466. [CrossRef]

27. Schlame, M.; Kelley, R.I.; Feigenbaum, A.; Towbin, J.A.; Heerdt, P.M.; Schieble, T.; Wanders, R.J.; DiMauro, S.; Blanck, T.J.
Phospholipid abnormalities in children with Barth syndrome. J. Am. Coll. Cardiol. 2003, 42, 1994–1999. [CrossRef]

28. Houtkooper, R.H.; Rodenburg, R.J.; Thiels, C.; van Lenthe, H.; Stet, F.; Poll-The, B.T.; Stone, J.E.; Steward, C.G.; Wanders, R.J.;
Smeitink, J.; et al. Cardiolipin and monolysocardiolipin analysis in fibroblasts, lymphocytes, and tissues using high-performance
liquid chromatography-mass spectrometry as a diagnostic test for Barth syndrome. Anal. Biochem. 2009, 387, 230–237. [CrossRef]

29. Vernon, H.J.; Sandlers, Y.; McClellan, R.; Kelley, R.I. Clinical laboratory studies in Barth Syndrome. Mol. Genet. Metab. 2014, 112,
143–147. [CrossRef]

30. Płatek, T.; Sordyl, M.; Polus, A.; Olszanecka, A.; Kroczka, S.; Solnica, B. Analysis of tafazzin and deoxyribonuclease 1 like
1 transcripts and X chromosome sequencing in the evaluation of the effect of mosaicism in the TAZ gene on phenotypes in a
family affected by Barth syndrome. Mutat. Res. 2023, 826, 111812. [CrossRef]

31. Johnston, J.; Kelley, R.I.; Feigenbaum, A.; Cox, G.F.; Iyer, G.S.; Funanage, V.L.; Proujansky, R. Mutation characterization and
genotype-phenotype correlation in Barth syndrome. Am. J. Hum. Genet. 1997, 61, 1053–1058. [CrossRef]

32. Orstavik, K.H.; Orstavik, R.E.; Naumova, A.K.; D’Adamo, P.; Gedeon, A.; Bolhuis, P.A.; Barth, P.G.; Toniolo, D. X chromosome
inactivation in carriers of Barth syndrome. Am. J. Hum. Genet. 1998, 63, 1457–1463. [CrossRef] [PubMed]
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Simple Summary: Formoterol, an FDA-approved long-acting beta2-adrenergic receptor agonist,
has shown potential benefits in various diseases, yet its effectiveness in Parkinson’s disease (PD) is
uncertain. The lack of a comprehensive understanding of formoterol’s mechanism, particularly in
mitochondrial remodeling, contributes to this uncertainty. PD involves mitochondrial dysfunction,
leading to disruptions in energy production, heightened oxidative stress, and impaired mitochondrial
dynamics and turnover. Understanding this link is vital for developing targeted therapies for PD.
To explore this, this study used a cell model that mimics a specific genetic form of PD. This model
displayed the above problems with mitochondria. The study found that after treating these cells
with formoterol, there were positive effects. The medication enhanced the growth and survival of
PD-associate mutant cells while protecting against stress. Crucially, it contributed to restoring normal
mitochondrial function and machinery, promoting a rebalance in mitochondrial dynamics, including
changes in morphology (fusion/fission), movement, and transport. This effect was achieved by
influencing specific cell signals and proteins associated with mitochondrial health. This study
underscores formoterol’s pivotal role as a mitochondrial dynamic balance regulator, positioning it as
a promising therapeutic candidate for PD.

Abstract: Formoterol, a β2-adrenergic receptor (β2AR) agonist, shows promise in various diseases,
but its effectiveness in Parkinson’s disease (PD) is debated, with unclear regulation of mitochondrial
homeostasis. This study employed a cell model featuring mitochondrial ubiquinol-cytochrome c
reductase core protein 1 (UQCRC1) variants associated with familial parkinsonism, demonstrating
mitochondrial dysfunction and dynamic imbalance, exploring the therapeutic effects and underlying
mechanisms of formoterol. Results revealed that 24-h formoterol treatment enhanced cell proliferation,
viability, and neuroprotection against oxidative stress. Mitochondrial function, encompassing DNA
copy number, repatriation, and complex III-linked respiration, was comprehensively restored, along
with the dynamic rebalance of fusion/fission events. Formoterol reduced extensive hypertubulation,
in contrast to mitophagy, by significantly upregulating protein Drp-1, in contrast to fusion protein
Mfn2, mitophagy-related protein Parkin. The upstream mechanism involved the restoration of
ERK signaling and the inhibition of Akt overactivity, contingent on the activation of β2-adrenergic
receptors. Formoterol additionally aided in segregating healthy mitochondria for distribution and
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transport, therefore normalizing mitochondrial arrangement in mutant cells. This study provides
preliminary evidence that formoterol offers neuroprotection, acting as a mitochondrial dynamic
balance regulator, making it a promising therapeutic candidate for PD.

Keywords: formoterol; Parkinson’s disease; ubiquinol-cytochrome c reductase core protein 1;
mitochondrial function; mitochondrial dynamics

1. Introduction

Formoterol is a long-acting beta2-adrenergic receptor (β2AR) agonist and a type of
medication that is used for treating asthma and chronic obstructive pulmonary disease
(COPD), as it relaxes the muscles of the airways, thus affording easier breathing [1]. It is
also often used in combination with other medications to help control the symptoms of
Parkinson’s disease (PD), such as tremors, stiffness, and difficulty with movement [2]. The
relationship between β2AR agonists and the risk of PD remains a subject of debate. Al-
though some studies have found no significant association between β2AR medications and
PD risk [3,4], others have suggested that the chronic use of β2AR blockers has neuroprotec-
tive effects [5] and reduces the risk of PD [6–8]. Moreover, their underlying mechanism
has been suggested to be related to the regulation of α-synuclein transcription [9], which
increases the activity of dopamine, a neurotransmitter, and decreases neuroinflammation
in the brain [10]. Furthermore, formoterol stimulates the production of signaling molecules
(such as cyclic AMP) that play a key role in many physiological processes, including the reg-
ulation of energy metabolism [11]. Recently, the effect of formoterol on mitochondria, the
“powerhouses” of cells, was noted, which has been consistently correlated with the restora-
tion of mitochondrial activity, biogenesis, and homeostasis in different cells and tissues,
thus potentially contributing to its effects on metabolism and energy production [12,13].
However, the precise molecular mechanisms by which formoterol affects mitochondrial
function, especially in regulating mitochondrial dynamics in PD, remain unknown.

Mitochondria are dynamic organelles that undergo continuous processes of fusion and
fission. This phenomenon maintains the hemostasis of mitochondria and the integrity of mi-
tochondrial DNA (mtDNA) in many ways. Mitochondrial fusion shares materials to sustain
stress-induced damage. In contrast, mitochondrial fission helps to distribute mitochondria
evenly within a cell through mitochondrial transport, together with microtubules, to ensure
that all parts of the cell have access to the energy required by them [14]. This process can
trigger cells to discard damaged mitochondria via mitophagy to control mitochondrial
quality [15]. Notably, mitochondrial dynamic dysfunction also implicates the regulation
of cell signaling, the cell cycle, and apoptotic mechanisms in stresses caused by genetic
and environmental factors and beyond to cellular energy support [16]. Thus, disruptions
in the balance of mitochondrial dynamics have been implicated in the development and
progression of various diseases, including PD.

Mitochondrial ubiquinol-cytochrome c reductase core protein 1 (UQCRC1)-associated
parkinsonism with polyneuropathy is a rare genetic disorder that is caused by a missense
mutation, c.941A > C (p.Tyr314Ser) in the UQCRC1 gene [17,18]. The exact underlying
mechanisms involve energy deficits, oxidative stress, and loss of the engagement of cy-
tochrome c to trigger neuronal death [17,19,20]; however, the impact on mitochondrial
dynamics remains unclear. In particular, a marked dysregulation of mitochondrial dy-
namics, as revealed by abnormally elongated mitochondria and an irregular shape, is
consistently observed in both UQCRC1-mutant neurons and animals [17,19]. Therefore, in
the present study, through the exploration of the machinery related to the maintenance of
mitochondrial homeostasis (including mitochondrial fission, fusion, transport, and biogene-
sis) in a cellular model of UQCRC1 parkinsonism, the therapeutic potential of the targeting
of mitochondrial dynamics by formoterol for the future therapy of PD was examined.
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2. Materials and Methods

2.1. Cell Culture and Treatment

The wild-type (WT) and mutant UQCRC1 knock-in human neuroblastoma SH-SY5Y cell
lines were gifts from the laboratory of Dr Chin-Hsien Lin [18]. The cells were individually
transfected with CRISPR/Cas9 plasmids without site mutation (as a control in this experiment,
WT) or carried the c.941A > C (p.Tyr314Ser) heterozygous variant of the UQCRC1 gene identi-
fied in patients with PD (UQCRC1 mutation) and confirmed by PCR amplification and Sanger
sequencing for confirmation [17]. All cells were cultured in DMEM/F12 (Life Technologies,
GIBCO BRL, Rockville, MD, USA) supplemented with 10% FBS (BIOSER, Buenos Aires,
Argentina), 100 U/mL penicillin, and 100 μg/mL streptomycin (Life Technologies, GIBCO
BRL), then grown in a humidified atmosphere containing 5% CO2.

Mutant cells were treated with 1 μM formoterol alone or in combination with 100 μM
propranolol, a β2AR antagonist, for 24 h in the presence or absence of 10 μM tert-
butylhydroperoxide (tBH)-induced oxidative stress. The effective doses of various com-
pounds were determined following preliminary WST-1 analysis, with none observed to
adversely affect WT cell viability (see Supplementary Information, Figure S1).

2.2. GFP-Labeled Mitochondria

Cells at 80% confluency were transfected with 40 μg of plasmid DNA encoding
mitochondrial-matrix-localized AcGFP (import targeting sequence of cytochrome c oxidase
subunit 8, COX8) (Clontech, Palo Alto, CA, USA) using electroporation (ECM; BTX Harvard
Apparatus, Holliston, MA, USA) according to our previous study [21]. Thirty-six hours
later, the cells were transferred to a normal growth medium for 48 h, followed by G418
selection (500 mg/mL).

2.3. Cell Number, Cell Viability, and Filopodia Outgrowth

Cell morphology after the various treatments was assessed using a bright-field Olym-
pus BX43 microscope with the CellSens software (Version 3.2) (Olympus, Tokyo, Japan).
Subsequently, cell number and viability were analyzed using a Cell Scepter electronic cell
counter (EMD Millipore Corporation, Billerica, MA, USA) and the WST-1 assay (Roche
Diagnostics, Taipei, Taiwan), respectively; moreover, the percentage of tBH-induced apop-
totic cells was examined using 7-amino actinomycin D (7-AAD) (BD Pharmigen, Franklin
Lakes, NJ, USA) staining and detected by a NucleoCounter ® NC-3000™ fluorescence
image cytometer (ChemoMetec, Alleroed, Denmark). The filopodia lengths of the treated
cells were manually quantified using the ImageJ software (Version 1.48) (National Institutes
of Health, Bethesda, MD, USA).

2.4. Quantitative Mitochondrial Morphology and Density

To visualize mitochondria, stained cells were mounted onto a perfusion chamber in a
culture medium and imaged at 37 ◦C using an Olympus FluoView FV 1200 confocal micro-
scope (Tokyo, Japan). The subtypes of mitochondrial morphology were quantified using
the automatic morphological subtyping software (MicroP) developed by Peng et al. [22].
Briefly, the morphological classifications were made by analyzing the image features of the
segmented mitochondrial objects, clustering them based on functional similarity, merging
similar clusters, and defining distinct morphological subtypes based on the clustering
results in the literature [22]. Finally, six morphological subtypes of mitochondria were
identified, consisting of single and swollen globes, straight and twisting tubules, branched
tubules, and loops. To calculate the proportion of globe mitochondria, the single globe and
swollen globe shapes were summed and contrasted to the proportion of reticular mito-
chondria (i.e., the combined population of straight tubule, twisting tubule, and branched
mitochondria). The analysis was performed on micrographs from three independent areas
per group, and approximately 200–350 mitochondria from 6–8 cells in each image were
analyzed semi-automatically. The mitochondrial counts were presented as the total number
of mitochondria per cell according to data mentioned above.
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2.5. Mitochondrial Function

Mitochondrial function was comprehensively assessed by measuring several parame-
ters, including mitochondrial respiratory parameters: basal respiration, ATP-linked oxygen
consumption (OCR), complex III-dependent OCR (CIII activity), mitochondrial DNA
(mtDNA) copy number, and reactive oxygen species (ROS) generation (as a whole and in
mitochondria (mtROS).

Mitochondrial respiration within saponin (1.25 ng/mL)-permeabilized cells were ana-
lyzed via high-resolution respirometry (Oxygraph-2k; Oroboros Instruments, Innsbruck,
Austria) and expressed as the respiratory oxygen flow (pmol/second/million cells). The
analysis started with the measurement of basal respiration (BR), which was defined as
that recorded in cells in MiR05 buffer (Oroboros Instruments) in the absence of additional
substrates or effectors; in contrast to ATP-linked production, which was defined as the
oligomycin (1 μM)-mediated reduction of respiration in the presence of additional sub-
strates [glutamate (G, 10 mM), malate (M, 2 mM), and ADP (2.5 mM)] (Sigma Aldrich,
St Louis, MO, USA); and complex III activity, which was defined as the difference in the
respiration change between the addition of duroquinone (DuroQ) (0.5 mM) (Sigma Aldrich)
and antimycin A (AA, 5 μM) (Sigma Aldrich). Finally, the shutdown of the mitochondrial
electron transport was executed by adding an inhibitor of the mitochondrial Complex IV,
sodium azide (20 mM).

For the analysis of mtDNA copy number, DNA was extracted from cultured cells using
a Qiagen DNeasy kit (Qiagen, Valencia, CA, USA). Next, quantitative PCR was performed
using the SYBR Green PCR Master Mix (Roche Applied Science, Indianapolis, IN, USA)
and an ABI Prism 7300 system (Applied Biosystems, Foster City, CA) with specific primer
pairs to amplify the mtDNA-encoded nicotinamide adenine dinucleotide dehydrogenase
subunit 1 (ND1) gene (forward primer: 5′–AACATACCCATGGCCAACCT–3′; and reverse
primer: 5′–AGCGAAGGGTTGTAGTAGCCC–3′) and the nuclear DNA-encoded β-actin
gene (as an internal control; forward primer: 5′–AGAAAATCTGGCACCACACC–3′; and
reverse primer: 5′–CACCTTCTACAATGAGCTGCG–3′) from a total of 50 ng of DNA. The
mtDNA copy number was determined based on the copy number ratio between these
two genes (ND1/β-actin) [23].

ROS production was analyzed by measuring total ROS using the 2,7-dichlorofluorescein
diacetate (DCFDA, Life Technologies) probe, whereas mitochondrial superoxide production
was assessed using the MitoSox Red (Life Technologies) probe. The cells were incubated in a
medium containing 10 μM DCFH-DA and 50 nM MitoSox Red at 37 ◦C for 15 min for staining
in the dark. All stained cells were washed twice with PBS, resuspended in PBS, and kept on ice
for immediate detection using a NucleoCounter ® NC-3000™ fluorescence image cytometer.

2.6. Mitochondrial Motility

Mitochondrial transport imaging was carried out according to a previous study, with
some modifications [24]. The live time-lapse imaging of cells treated with GFP-labeled
mitochondria was performed using an Olympus FV1200 confocal laser scanning microscope
at 37 ◦C with 5% CO2. The cells were imaged for 10 min with continuous recording. The
acquired images were analyzed for mitochondrial motility using the CellSens (Olympus)
software. Briefly, based on morphological criteria, for the analysis of the axonal initial
segment, including the proximal and hillock regions, a 10–20-μm segment located at
least 10 μm away from the soma was selected. The mitochondrial velocity duration
time and the directionality of the movement, as obtained by measuring the angle of the
slope, were analyzed in the kymographs generated by CellSens. The proportion of motile
mitochondria was manually calculated by dividing the number of mitochondria moving
faster than average by the total number of mitochondria based on the image sequences of
the kymographs. At least 7–10 axons from 3–5 different cells were analyzed in each group.
Considering that the axon extension in mutant cells was not obvious compared with that
observed in WT cells, the mobility parameter was analyzed exclusively in the proximal
region of axons.
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2.7. Western Blotting and Protein Phosphorylation Antibody Array

Treated cells were rinsed with PBS and then suspended in RIPA buffer (Thermo Pierce,
Rockford, IL, USA) supplemented with a complete protease and phosphatase inhibitor
cocktail (EMD Millipore Corporation). The cells were kept on ice for 30 min and then
homogenized. The extracts were centrifuged at 14,000× g for 20 min at 4 ◦C, and the
supernatants were analyzed using the Bradford assay. Total proteins (20–30 μg) were
separated by SDS–PAGE and transferred onto Immobilon-P membranes (EMD Millipore
Corporation). The membranes were then incubated with the primary antibodies, as fol-
lows: anti-OPA1 (1:1000, BD Biosciences, Franklin Lakes, NJ, USA), anti-mitofusin 2 (Mfn2)
(1:1000, NOVUS Biologicals, Littleton, CO, USA), anti-dynamin-related protein 1 (Drp-1)
(1:500, EMD Millipore Corporation), anti-phospho-Drp-1-S616 (1:1000, Cell Signaling Tech-
nology, Danvers, MA, USA), anti-phospho-Drp-1-S637 (1:1000, Thermo Fisher Scientific,
Inc., Waltham, MA, USA), anti-PTEN-induced kinase 1 (Pink1) (1:1000, NOVUS Biolog-
icals), anti-Parkin (1:1000, Abcam, Cambridge, MA, USA), anti-phospho-p44/42 MAPK
(ERK1/2) (Thr202/Tyr204) (1:1000, Cell Signaling Technology), anti-phospho-Akt (Ser473)
(1:1000, Cell Signaling Technology), and anti-β-actin (1:1000, NOVUS Biologicals). The
membranes were subsequently incubated with horseradish peroxidase (HRP)-conjugated
secondary antibodies (Jackson ImmunoResearch, West Grove, PA, USA) at a dilution of
1:10,000. The signals were detected using an image-acquisition system (FUSION SL; Viber
Lourmat, Marne-la-Vallee, France) and quantified using the Gel-Pro analyzer software
(Version 3.0) (Media Cybernetics, Silver Spring, MD, USA).

The Human/Mouse Akt Pathway Phosphorylation Array C1 includes key proteins of
interest in the relevant pathways (ERK1, ERK2, PRAS40, GSK3A, PTEN, GSK3B, RAF-1,
mTOR, RPS6, Akt, p27, RSK1, AMPKa, p53, RSK2, BAD, P70S6K, 4E-BP1, and PDK1) and
was performed according to the manufacturer’s instructions (RayBiotech, Norcross, GA,
USA) [25]. Briefly, total protein preparation and HRP signal detection were carried out
as described above. A total of 100 μg of the protein extracts from three independent cell
lysates was added to each well and incubated for 24 h at 4 ◦C. Subsequently, the antibody
array membranes were washed and incubated with the HRP-conjugated anti-rabbit IgG
antibody included in the kit at room temperature for 2 h. The membranes were washed
extensively before detection using chemiluminescence.

2.8. Protein Kinase A Activity

Protein kinase A (PKA) activity was examined using a PKA Colorimetric Activity Kit
(Thermo Fisher Scientific, Waltham, MA, USA), including a PKA substrate-coated 96-well
plate(s), a PKA standard, and an anti-phospho-PKA substrate antibody. Briefly, cell lysis
was carried out in the presence of the supplied ATP, and phosphorylation was achieved by
the immobilized PKA substrate. After a 90-min incubation followed by a wash, a rabbit
antibody specific for the phospho-PKA substrate was bound to the modified immobilized
substrate. Then, an antibody specific to rabbit IgG labeled with peroxidase was also added
to the plate to bind to the rabbit anti-phospho-PKA substrate. After short incubation and
wash steps, the substrate was added, and the absorbance was read at 450 nm using a
CLARIOstar microplate reader (BMG LabTech, Ortenberg, Germany). The intensity of the
color that developed was directly proportional to the amount of PKA in the samples and
standards. All samples were read off the standard curve.

2.9. Statistics

The data are presented in the form of the mean ± standard deviation (SD) and
were obtained from a minimum of three independent experiments. Associations between
groups were assessed by Student’s t-test, and within-group differences were assessed
by Bonferroni corrected post-hoc tests, which were performed using GraphPad Prism
(GraphPad Software, La Jolla, CA, USA). Significance was set at p < 0. 05.
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3. Results

3.1. Formoterol Increased the Viability of UQCRC1 Mutant Cells and Protected against
Tertiary-Butyl Hydroperoxide-Induced Cell Damage in a β2-Adrenoceptor-Dependent Manner

The mutant cells exhibited hindered outgrowth (Figure 1a), diminished filopodia
length (Figure 1b), and lower viability and proliferation compared to WT cells (Figure 1c).
Following a 24-h formoterol treatment, there were significant improvements in these
parameters, with a notable increase in cell activity and number (1.4-fold and 1.6-fold,
respectively) compared to the disease DMSO group (Figure 1c). Filopodia outgrowth
also significantly increased by up to 1.7-fold (Figure 1b). However, when formoterol was
used in combination with propranolol, these positive effects were completely abolished
(Figure 1a–c). No significant differences were observed in cell viability, growth, and
filopodia outgrowth between the groups treated with formoterol plus propranolol and the
DMSO group. These results indicate that formoterol’s response is mediated through the
activation of β2AR.

Figure 1. Cell viability and filopodia outgrowth in the absence or presence of tertiary-butyl hy-
droperoxide (tBH) stimulation. Cell morphology was observed after treatments with or without tBH
stimulation for 24 h (10 μM) (a,d). The filopodia length was quantified by image processing using
ImageJ (b,e). Cell viability and cell proliferation were determined by WST-1 analysis and counted
with a Coulter counter (c). The tBH-induced cell death was measured using 7-AAD staining and
flow cytometry analysis (f), then quantified (g). * p < 0.05 vs. the WT group or the treated Ctrl
group. + p < 0.05 vs. the DMSO group. # p < 0.05 vs. the F + P group. Data are presented as the
mean ± SD. WT: wild-type; Ctrl: control; DMSO, dimethylsulfoxide; F, formoterol; F + P: formoterol
plus propranolol; P: propranolol; UQCRC1mut: mutation of the ubiquinol-cytochrome c reductase
core protein 1 gene; 7AAD; 7-aminoactinomycin D; tBH: tertiary-butyl hydroperoxide. N = 6.
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Similar trends were observed in treated mutant cells subjected to tBH-induced ox-
idative damage (Figure 1d,e). Formoterol, compared to the DMSO group, significantly
increased filopodia length by 1.9-fold under oxidative stress conditions through β2AR
activation (Figure 1e). While this tBH dosage did not significantly induce cell apoptosis in
WT cells, mutant cells showed a substantial 2.6-fold increase in the death rate compared
to their non-treated counterparts (Figure 1f,g). Following a 24-h treatment, formoterol
effectively reduced tBH-induced cell death by approximately 55% compared to the DMSO
control (Figure 1g). Notably, the addition of propranolol nullified this effect, reinforcing
the β2AR-dependent nature of formoterol’s impact on various cellular responses.

3.2. Formoterol Enhanced mtDNA Copy Number, Reduced ROS Levels, and Restored
Mitochondrial Respiration and Complex III Activity, but Not ATP-Linked Respiration

To assess mitochondrial function comprehensively, various parameters were analyzed,
including mtDNA copy number, ROS generation, and mitochondrial respiration in WT and
mutant cells (Figure 2). Mutant cells exhibited distinct mitochondrial abnormalities compared
to WT cells, including a significantly lower number of mtDNA copies (Figure 2a), elevated
levels of total and mitochondrial reactive oxygen species (mtROS) generation (Figure 2b,c),
and compromised cellular respiratory performance (Figure 2d, left panel). This was evident
in markedly reduced basal respiration (BR), electron-transport-linked ATP respiration, and
CIII-linked respiration, as depicted in Figure 2e. Formoterol consistently ameliorated these
functional losses in mutant cells, enhancing mitochondrial substrate availability, except for
ATP-linked respiration (Figure 2d,e). Propranolol addition nullified formoterol’s benefits
except for mtROS production (Figure 2c), emphasizing the formoterol-mediated regulation of
mitochondrial function via β2AR-dependent and independent actions.

3.3. Formoterol Improved the Transition from an Abnormal, Clustered Network to a More Tubular
and Globular Mitochondrial Morphology

In contrast to WT cells, where mitochondria were evenly distributed in the cytosol,
mutant cells showed abnormalities in both mitochondrial organization and morphology
(Figure 3a, left panel). Mutant cells exhibited an excessive clustering of mitochondria in
mutant cells, resulting in the formation of large mitochondrial networks around nuclei.
It was evidently illustrated in the right panel of Figure 3a, marked by a prevalence of
reticular mitochondria exhibiting branching (purple tinge), twisting (orange tinge), and
loop structures (red tinge), contrasted with a reduced number of tubular mitochondria
(green tinge) and globe mitochondria, including single structures (blue tinge) and swollen
structures (yellow tinge). Formoterol effectively rectified this imbalance in mitochondrial
morphology, inducing a more even distribution of mitochondria within the cells in mutant
cells, resembling the pattern observed in WT cells (Figure 3a). The quantification of clus-
tering mitochondrial morphologies into the reticular network, tubule, and globe subtypes
(Figure 3b) revealed that formoterol reduced the fraction of the reticular mitochondria
subtype by approximately 50% compared to the DMSO group while increasing the fractions
of the tubular and globe mitochondria subtypes. The addition of propranolol negated this
effect, indicating that formoterol’s actions on mitochondrial morphology were specifically
mediated by β2AR activation (Figure 3b).
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Figure 2. Mitochondrial function and generation of reactive oxygen species. Mitochondrial function
was comprehensively assessed after 24h treatments by analyzing the mtDNA content (DNA copy
number) (a), the level of reactive oxygen species in total (total ROS) (b) and in mitochondria (mtROS)
(c), and mitochondrial respiration (d,e). Mitochondrial oxygen consumption was measured in
permeabilized cells using different substrates and inhibitors of the respiratory chain complexes;
the comparison between WT and mutant cells (left panel) or between mutant cells with different
treatments (right panel) is shown (d). The induced oxygen consumption (oxygen flux) was integrated
and quantified according to different approaches to provide an indirect measurement of mitochondrial
activity, including basal respiration, ATP−linked respiration (oligomycin-mediated reduction), and
CIII−linked respiration (respiratory difference between duroquinone, a CIII substrate, and antimycin
A, a CIII inhibitor) (e). * p < 0.05 vs. the WT group. + p < 0.05 vs. the DMSO group. # p < 0.05
vs. the F + P group. Data are presented as the mean ± SD. WT: wild-type; Ctrl: control; DMSO,
dimethylsulfoxide; F, formoterol; F + P: formoterol plus propranolol; P: propranolol; UQCRC1mut:
mutation of the ubiquinol-cytochrome c reductase core protein 1 gene; BR: basal respiration, G:
glutamate, M: malate, Oligo: oligomycin; DuroQ: duroquinone, AA: antimycin A, SA: sodium azide.
N = 3.
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Figure 3. Mitochondrial morphology and distribution. The morphology of GFP-labeled mitochondria
was observed after 24-h treatments ((a), left panel). The classification of mitochondrial morphology
was further analyzed using automatic MicroP software and was presented by the labeling of different
color-coded subtypes of mitochondria to show the morphological composition of each group of
representative cells ((a), right panel). The six distinct mitochondrial subtypes were labeled with
different colors ((a), right panel) and were classified as class three, as follows: globe, including
single (blue) and swollen (yellow); tubule, including straight tubule (green) and reticular networks
[including branched tubule (purple), twisting tubule (orange), and loop (red)] (b). The percentage of
each mitochondrial subtype among the total mitochondrial population was calculated and integrated
into the three categories, as described above (b). * p < 0.05 vs. the WT group. + p < 0.05 vs. the DMSO
group. # p < 0.05 vs. the F + P group. Data are presented as the mean ± SD. WT: wild-type; Ctrl:
control; DMSO, dimethylsulfoxide; F, formoterol; F + P: formoterol plus propranolol; P: propranolol;
UQCRC1mut: mutation of the ubiquinol-cytochrome c reductase core protein 1 gene.

3.4. Formoterol Regulated Mitochondrial Fusion–Fission Balance through β2-Adrenoreceptor
Activation and Was Linked to Counter-Regulation of ERK and Akt Signals

Mutant cells, compared to WT cells, showed a heightened preference for mitochon-
drial fusion over division, as depicted in Figure 4. The results from Western blot analysis
(Figure 4a) and the quantification of proteins associated with mitochondrial dynamics
(Figure 4b) showed a substantial elevation in Mfn2 levels (excluding OPA1) and a notable
decrease in both Drp-1 expression and its phosphorylation at S616 (Drp-1 S616), a factor
recognized for promoting mitochondrial fission. It was accompanied by a distinct de-
phosphorylation of Drp-1 at S637, a factor recognized for inhibiting mitochondrial fission.
Formoterol treatment significantly reversed the aforementioned alterations in Mfn2, Drp-1,
and Drp-1 S616 phosphorylation in mutant cells (Figure 4a), showing a significant differ-
ence compared to the DMSO control group (Figure 4b). Remarkably, dephosphorylation of
Drp-1 at S637 was also distinctly enhanced by formoterol treatment. Furthermore, mutant
cells exhibited inhibition of full-length Pink1 (L-form) and no impact on the Parkin protein
compared to WT cells (Figure 4a). Formoterol treatment resulted in a significant upreg-
ulation of both the full-length Pink1 and the cleaved Pink1 (S-form) proteins, alongside
a simultaneous downregulation of the mitophagy-related protein Parkin (Figure 4b). It
revealed that the formoterol-induced mitochondrial fission did not result in mitochon-
drial degradation in mutant cells. Overall, the comprehensive regulation of mitochondrial
dynamic-related proteins by formoterol was shown to be mediated through β2AR activa-
tion. This was evident from the reversal of these performance actions upon the addition
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of propranolol, except for Parkin protein, where no significant differences were observed
between the formoterol treatments with and without propranolol.

Figure 4. Expression of mitochondrial dynamic-related proteins. The level of mitochondrial fusion-relate
(OPA1 and Mfn2), fission-related [total and phosphorylated form of Drp-1 at serine 616 (S616) and
637 (S637)], and mitophagy-related [Long (L) and short form (S) of Pink1 and Parkin)] proteins were
analyzed (a) by Western blotting and quantified in both WT cells and mutant cells with or without 24-h
treatments. Target proteins were quantified by normalizing to β-actin and were presented as the fold
change relative to the WT group (b). * p < 0.05 vs. the WT group. + p < 0.05 vs. the DMSO group.
# p < 0.05 vs. the F + P group. Data are presented as the mean ± SD. WT: wild-type; Ctrl: control; DMSO,
dimethylsulfoxide; F, formoterol; F + P: formoterol plus propranolol; P: propranolol; UQCRC1mut:
mutation of ubiquinol-cytochrome c reductase core protein 1 gene. N = 3.

To elucidate the downstream pathway of β2AR activation linking the regulation of
mitochondrial dynamic, an intercellular signaling array with MAPK phosphorylation
antibodies was employed (Figure 5a). Mutant cells displayed elevated levels of Akt phos-
phorylation at S473, in contrast with the phosphorylation status of ERK1/2 at T202/Y204
and Y185/Y187, compared with WT cells (Figure 5a, left panel). Formoterol effectively
counter-regulated the expression of Akt and ERK phosphorylation, and this specific reg-
ulation was demonstrated to be dependent on β2AR activation, as demonstrated by the
abolished regulation upon cotreatment with propranolol (Figure 5a, left panel). Further-
more, a comparison of pathway-related phosphorylated proteins integrated into the array
was conducted for each set of groups. The differences in the expression of the corre-
sponding proteins were listed individually in the right panel of the bar graph depicted in
Figure 5a (for the raw data, see Supplementary Information, Table S1). Among the Raf–ERK
signaling molecules involved in the positive regulation of formoterol, the induction of
4E-BP1 was even higher than that of ERK1/2. In contrast, formoterol negatively regulated
the Akt–RSK–S6-kinase signaling-related molecules (Figure 5a, right panel). Consistent
findings of the restoration of ERK signaling and the inhibition of Akt activation in mutant
cells by formoterol were confirmed through Western blot analysis (Figure 5b). Furthermore,
Furthermore, formoterol treatment showed no effect on the elevated PKA activity in mutant
cells when compared to WT cells (Figure 5c).
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Figure 5. Expression of the downstream related signaling in activation of the β2 adrenergic re-
ceptor. T-related regulatory signaling of ERK and Akt phosphorylation was analyzed using a
phospho-kinase array of the pools of cell lysates from three independent experiments (a). Left panel:
immunoblotted membranes (highlighted squares: spots with obvious differences in phosphorylation
levels); left panel: quantifications of phosphorylation levels of all spots. The expression differ-
ences between different groups were compared (UQCRC1mut−DMSO vs. WT; UQCRC1mut−F vs.
UQCRC1mut−DMSO; UQCRC1mut−F + P vs. UQCRC1mut−F), and the reverse regulation direc-
tion (up- or downregulation) between inter-groups, UQCRC1mut−DMSO vs. WT; UQCRC1mut−F
vs. UQCRC1mut−DMSO, was indicated in the squares (A, right panel). The ERK and Akt phospho-
rylation was further confirmed by Western blotting, quantified by normalizing to β-actin, and were
presented as the fold change relative to the WT group (b). The activity of classic protein kinase A
(PKA) was measured using a colorimetric activity assay (c). A path diagram was constructed based
on the above findings to illustrate the regulatory relationship between the mitochondrial dynamic
machinery and the activation of the β2 adrenergic receptor by formoterol (d). Formoterol treatment
rebalanced mitochondrial dynamics by promoting fission and inhibiting abnormal hyperfusion in
mutant cells. The regulatory machinery was associated with activating downstream ERK signaling
and inhibiting Akt signaling (solid line) rather than being regulated by PKA (dotted line). * p < 0.05
vs. the WT group. + p < 0.05 vs. the DMSO group. # p < 0.05 vs. the F + P group. Data are presented
as the mean ± SD. WT: wild-type; Ctrl: control; DMSO, dimethylsulfoxide; F, formoterol; F + P:
formoterol plus propranolol; P: propranolol; UQCRC1mut: mutation of ubiquinol-cytochrome c
reductase core protein 1 gene; cAMP, cyclic adenosine monophosphate). N = 3.

Figure 5d depicts the pathway diagram corresponding to the regulatory relevance of
mitochondrial dynamics through the formoterol-induced activation of β2AR. The improve-
ment in the dynamic balance afforded by formoterol was attributed to its simultaneous
promotion of the ERK pathway and inhibition of the Akt pathway. This led to an increase
in the ratio of Drp-1 S616/Drp-1 S637 in mutant cells, resulting in the favoring of mito-
chondrial fission over fusion. Simultaneously, the inhibition of Akt overactivation may
contribute to the downregulation of Mfn2 expression, therefore further enhancing the
manifestation of the aforementioned effects.
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3.5. Formoterol Increased the Efficiency of Mitochondrial Anterograde Transportation and Its Mobility

Time-lapse recordings of MitoGFP-labeled mitochondria, together with corresponding
kymographs, were utilized to analyze mitochondrial transport in proximal axons between
adjacent cells (Figure 6). The representative kymographs provided in Figure 6a illustrated
the bidirectional movement of signals as diagonal lines, revealing more active and abrupt
movements of mitochondria in WT cells (Supplementary Video S1) compared to mutant
cells (Supplementary Video S2). In addition, WT cells also had a higher velocity for antero-
grade transport (mean velocity: WT cells, 51.2 ± 0.013 nm/s; vs. UQCRC1 mutant cells,
7.2 ± 0.002 nm/s; Figure 6b). The rate of mitochondrial retrograde transport was similar
in both WT and mutant cells (Figure 6b). Moreover, a substantial decrease in the fraction
of motile mitochondria was noted, showing a 52.6% reduction in anterograde transport
and a 48.6% reduction in retrograde transport in mutant cells (Figure 6c). Formoterol
treatment significantly enhanced mitochondrial mobility (Supplementary Video S3), ele-
vating anterograde movement velocity by 2.1-fold (mean velocity, 25.6 ± 0.009 nm/s) and
increasing the motile ratio by 1.5-fold compared to the DMSO group (Figure 6c). However,
formoterol did not exert significant effects on the frequency and rate of mitochondrial
retrograde movement (Figure 6b,c). The induction of mitochondrial velocity and mobil-
ity by formoterol was consistently nullified by the addition of propranolol (Figure 6a–c)
(Supplementary Video S4). Additionally, individual frames from the time-lapse images
presented in Figure 6d further illustrated that mitochondria in the WT and formoterol-
treated groups displayed significant forward displacement in axons during the time-lapse
sequence (the anterograde direction is indicated by the arrow in Figure 6d). In contrast,
stationary mitochondria were observed in the mutant cells and those treated with for-
moterol plus propranolol or propranolol alone (Figure 6d). These findings indicated that
the enhancement in mitochondrial velocity and mobility induced by formoterol occurred
through β2-adrenoceptor activation.

 

Figure 6. Mitochondrial movement and mobility. Representative kymographs showing the movement
of the mitochondria-labeling GFP signal in WT cells or mutant cells with or without 24-h treatments.
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Vertical lines were observed for stationary mitochondria, whereas moving mitochondria displayed
diagonal lines, indicating their motion in either the anterograde or retrograde direction (a). Mitochon-
drial transport was quantified by measuring mitochondrial velocity (b) and calculating the proportion
of motile mitochondria exceeding the average velocity in relation to the total mitochondrial pop-
ulation (c). Representative time-lapse images specifically showed the mitochondria undergoing
anterograde movement (direction indicated by arrows) from their initial position (dashed line, (d)).
* p < 0.05 vs. the WT group. + p < 0.05 vs. the DMSO group. # p < 0.05 vs. the F + P group. Data are
presented as the mean ± SD. WT: wild-type; Ctrl: control; DMSO, dimethylsulfoxide; F, formoterol;
F + P: formoterol plus propranolol; P: propranolol; UQCRC1mut: mutation of ubiquinol-cytochrome
c reductase core protein 1 gene.

4. Discussion

The effect of formoterol on mitochondrial function has been validated in various
diseases, including traumatic brain injury [26], spinal cord injury [27], diabetic kidney
disease [28], and acute kidney injury, with those studies providing compelling evidence in
support of the use of β2AR ligands for therapeutic mitochondrial biogenesis. This study
further demonstrated the therapeutic efficacy of formoterol in PD and explored its impact
on mitochondrial dynamics. Abnormalities in fusion and fission processes, crucial in PD
pathogenesis [14], are addressed. Formoterol treatment enhanced cell viability, offering
protection against ROS-induced cell death. Beyond restoring mitochondrial respiration,
it rebalanced mitochondrial dynamics, normalizing the network by segregating healthy
mitochondria and facilitating anterograde movement in UQCRC1-mutant cells. Efficacy
depended on B2AR activation involving downstream cascades: ERK activation and Akt
signaling inhibition. This study underscores formoterol’s pivotal role as a mitochondrial
dynamic balance regulator, positioning it as a promising therapeutic candidate for PD.
On the other hand, understanding the role of mitochondrial homeostasis provides criti-
cal insights into the debates surrounding β2AR agonists in PD therapy. By addressing
mitochondrial dysregulation, β2AR agonists may offer neuroprotective effects that go
beyond symptomatic relief. Clinical trials evaluating β2AR agonists should consider assess-
ing mitochondrial function as a primary outcome measure to elucidate their therapeutic
efficacy fully. Moreover, stratifying PD patients based on biomarkers of mitochondrial
dysfunction and dynamics dysfunction mitochondrial dysfunction and biomarkers, may
help identify subpopulations most likely to benefit from β2AR agonist therapy, therefore
resolving uncertainties regarding patient selection and treatment response.

Our study shows that the inhibition of PKA activity by propranolol cotreatment abol-
ished the beneficial effects of formoterol on functional recovery and oxidative stress defense
in mutant cells. We propose that the initial PKA activation observed in UQCRC1-mutant
cells may serve as a player in neuroprotective mechanisms, as supported by previous
research [29,30]. However, restoration of the mitochondrial defects caused by UQCRC1
mutation does not affect PKA activity. It indicates the existence of a mitochondrial function-
independent regulation in PKA regulation. For example, calcium ions can activate calmod-
ulin, which subsequently activates adenylate cyclase, leading to elevated cyclic adenosine
monophosphate (cAMP) levels and PKA activation. Furthermore, a high level of PKA
activity phosphorylates enzymes involved in metabolic pathways and changes metabolic
fluxes, which may indirectly affect ATP levels by altering the availability of substrates
and intermediates involved in ATP synthesis. Hence, it is plausible that the formoterol
treatment had no impact on ATP-linked respiration in mutant cells. Incidentally, although
regulating mitochondrial dynamics typically requires significant energy consumption, this
is not the case with formoterol’s rescue of mitochondrial dynamic abnormalities stemming
from mutations in UQCRC1, which impair CIII function in cells. As mitochondrial frag-
mentation triggered by CIII activity loss operates through energy-independent regulation,
it stands in contrast to CV [31]. In particular, our prior research revealed that the mutation
in UQCRC1 had minimal effect on the function of CI, CII, or CIV, aside from CIII [17]. This
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also emphasizes that the relationship between mitochondrial dynamics and mitochondrial
oxidative phosphorylation can be dissociated in certain scenarios [32].

PKA activity is primarily regulated by cAMP levels. Elevated cAMP not only boosts
PKA activity but also activates adenosine monophosphate-activated protein kinase (AMPK).
PKA signaling has been confirmed to induce neuroprotective mitochondrial restructuring
into an interconnected network [29]. Otherwise, both PKA and Akt can phosphorylate
AMPK to inhibit its activity, resulting in the suppression of mitochondrial fission through
Drp-1 phosphorylation [33] and mitochondrial transport in neural axons [34]. Based on our
findings, which revealed that formoterol restored mitochondrial fission and anterograde
transport by inhibiting Akt phosphorylation while leaving PKA activity unaffected, we
propose that the formoterol-mediated inhibition of Akt activation, rather than PKA sup-
pression, plays a pivotal role in regulating the aforementioned mitochondrial dynamics.
Further clarification is needed to understand the impact of formoterol on the regulation of
AMPK related to mitochondrial dynamics. On the other hand, the consistent finding of
extensively interconnected mitochondrial networks observed in UQCRC1-mutant cells is
also found in UQCRC2-mutant fibroblasts derived from patients with severe encephalomy-
opathy [35]. It is well known that UQCRC1 and UQCRC2 are both subunits of CIII that
play essential roles in the structure and function of CIII [35]. Unlike UQCRC2-mutant
cells, which display an expanded reticular network of mitochondria, more fragmented
mitochondria are present [35]. We discovered that UQCRC1 mutation significantly dis-
rupted mitochondrial dynamics, shifting towards hyperfusion, as shown by a notable
increase in the reticular network of mitochondria and a decrease in fragmented mitochon-
dria. Reducing mitochondrial stress with formoterol in mutant cells indeed rebalances
mitochondrial dynamics and prevents excessive reticular network formation. Indeed, the
persistent excessive fusion of mitochondria disrupts both their distribution and turnover,
leading to locomotor defects in Drosophila models of Charcot–Marie–Tooth disease type 2A
neuropathy [36]. Furthermore, prolonged elongation of mitochondria hinders mitophagy,
the process responsible for clearing dysfunctional mitochondria, which in turn diminishes
overall mitochondrial function [37,38]. It also disrupts the distribution and transport of
mitochondria within cells [32,39], as demonstrated in the present study, and interferes with
their interactions with other cellular structures, potentially impacting cellular signaling
and response [32].

Formoterol treatment increased Drp-1 activity via phosphorylated Drp1 S616 and
dephosphorylated Drp-1 S637 to provide a fine-tuned control of mitochondrial fission and
restore an imbalanced mitochondrial dynamic. Drp1, a key regulator of mitochondrial
fission, undergoes site-specific phosphorylation. Phosphorylation at Drp1 S616 enhances
mitochondrial fission, while phosphorylation at Drp1 Ser637 inhibits this process, trig-
gered by various signaling pathways [40,41]. A current study indicates that the Akt-1
pathway coordinates the concurrent dephosphorylation of Drp1 S616 and phosphorylation
of Drp1 S637, leading to the inhibition of mitochondrial fission. Conversely, the promo-
tion of mitochondrial fission through the counter-regulation of Drp1 phosphorylation is
mediated by the MEK1-ERK pathway [40]. The two axes of the Akt1–Drp1 and MEK1–
ERK-Drp1 pathways can be switched to remodel the mitochondrial dynamics in somatic
cell reprogramming [40]. Our finding corroborates this finding: mutant cells with impaired
mitochondrial fission exhibit reduced ERK signaling and increased Akt activity compared
to WT cells. Formoterol treatment restores mitochondrial dynamics towards fission by
concurrently enhancing ERK signaling for Drp-1 S616 phosphorylation and inhibiting Akt
signaling for Drp-1 S637 phosphorylation. Furthermore, mutant cells show elevated levels
of Mfn2 proteins, in contrast to Drp-1. The physiological levels of Mfn2 expression are
strongly correlated with the Akt signaling pathway, to promote mitochondrial fusion [42].
Hence, imbalance in mitochondrial dynamics, favoring fusion over fission, is predom-
inantly attributed to the overactivation of the Akt pathway rather than ERK signals in
mutant cells.
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Several of the known genes associated with the familial forms of PD are involved in the
regulation of mitochondrial function, including Parkin and Pink1 [43]. The downregulation
of Pink1 affects the mitochondrial fusion–fission machinery and sensitizes mitochondria to
neurotoxins in dopaminergic cells [44]. Pink1 not only phosphorylates Drp-1 S616 to acti-
vate mitochondrial fission [45] but also phosphorylates Mfn2 to promote Parkin recruitment
for mitophagy, which is a selective process that removes damaged mitochondria [46]. Loss
of Pink1 impairs mitochondrial function, leading to mitochondrial dysfunction, increases
oxidative stress, and compromises cellular energy production [47]. This is in line with
our observation of reduced Pink1 expression in mutant cells. Interestingly, in cells treated
with formoterol, both full-length Pink1 and its 52-kDa cleaved form [48] were upregulated,
whereas the levels of Parkin and Mfn2 were significantly decreased. We suggest that the
formoterol-induced upregulation of Pink1, with consequent mitochondrial fission, does
not activate mitophagy. Since Pink1 also regulates mitochondrial fission by phosphory-
lating Drp1 S616 through a mechanism independent of mitophagy [45]. Moreover, when
Pink1 is cleaved at the inner mitochondrial membrane, it retro-translocates to the cytosol,
inhibiting Parkin translocation to mitochondria and suppressing mitophagy [49]. Although
the precise role of cleaved Pink1, induced by formoterol, in neuronal functions, remains
unclear, in healthy mitochondria, it plays vital extramitochondrial roles crucial for neuronal
development, survival, synaptogenesis, and plasticity, with significant implications for
PD [50,51]. Thus, we suggest that the restoration of Pink1 could play a multifaceted role in
supporting neuronal function in the context of the benefits of formoterol.

Formoterol has been shown to decrease the glucose-induced imbalance in mitochondrial
dynamics and restore mitochondrial homeostasis in the context of renal proximal tubule
cells under diabetic conditions [28]. A similar regulatory role of formoterol was found in
the treatment of UQCRC1-mutant cells, resulting in PD, although the specific mechanisms
underlying the regulation of mitochondrial homeostasis appear to be dependent on various
cellular contexts. Moreover, our findings provide further evidence of the beneficial effects of
formoterol, as it significantly promoted anterograde mitochondrial transport and increased mi-
tochondrial mobility. Several studies have explored strategies aimed at enhancing anterograde
mitochondrial transport as a means of neuroprotection to manage mitochondrial dysfunction-
related neurodegenerative disorders [52–54]. The promotion of mitochondrial anterograde
movement facilitates the transport of mitochondria toward axon terminals to support the
energy demands required for synaptic transmission and neuronal signaling [53,54], maintain
mitochondrial health via the overall quality control of mitochondria within neurons [54], and
ensure proper neuronal functions, such as calcium regulation, excitability, and neurotrans-
mission [52,53]. Additionally, the effects of formoterol on healthy SH-SY5Y cells have also
been recognized as a crucial factor in neuroprotection and neuroregeneration [55]. This was
achieved through the increase in brain-derived neurotrophic factor (BDNF), which is well
known for enhancing neuronal survival, differentiation, and synaptic plasticity, along with its
receptor TrkB [55]. However, further investigation is necessary to completely understand its
mechanisms in neural regulation.

While preclinical evidence indicates promise for formoterol’s neuroprotective potential
in PD, clinical data regarding the disease-modifying effects of β2AR agonists remains
inconclusive. This uncertainty stems from various challenges, including the need to
optimize dosing regimens, comprehend the long-term safety profile of formoterol in PD
patients, and identify dependable biomarkers for monitoring treatment response and
disease progression, which remain unresolved. Further research is essential to uncover
the mechanistic basis of formoterol’s neuroprotective effects and determine its efficacy
as a disease-modifying therapy for PD using human-relevant systems. Patient-derived
cell models, such as induced pluripotent stem cells from PD, offer a unique platform for
further assessing formoterol’s efficacy and safety, closely mirroring the pathophysiological
mechanisms of abnormal mitochondrial homeostasis in PD.
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5. Conclusions

In summary, by activating B2AR, formoterol not only enhanced mitochondrial function
but also corrected the imbalance in mitochondrial dynamics and transportation. This
correction contributed to improving the disruption of mitochondrial homeostasis in familial
PD caused by mitochondrial genetic defects. The regulatory mechanism involves the
restoration of ERK signaling and the inhibition of Akt overactivity, contingent on the
activation of β2AR. Formoterol’s neuroprotective effects, attributed to its regulation of
mitochondrial dynamic balance to uphold mitochondrial homeostasis, suggest promising
potential for treating other neurodegenerative diseases with a similar etiology. Moving
forward, it is essential to further validate the specificity of formoterol’s impact through
β2AR on mitochondrial dynamics by integrating experiments involving β2AR knockdown
or overexpression, alongside confirming this regulatory mechanism in vivo.

Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/biology13040231/s1, Figure S1: Cell viability of wild-type and
mutant UQCRC1 knock-in human neuroblastoma SH-SY5Y cells exposed to various doses of for-
moterol for 24 h; Table S1: Distinct differences in expression of phosphorylated proteins among
the compared sets of groups; Video S1: Movement of MitoGFP-labeled mitochondria in wild-type
cells; Video S2: Movement of MitoGFP-labeled mitochondria in DMSO-treated UQCRC1-mutant
cells; Video S3: Movement of MitoGFP-labeled mitochondria in formoterol-treated UQCRC1-mutant
cells; Video S4: Movement of MitoGFP-labeled mitochondria in formoterol plus Propranolol-treated
UQCRC1-mutant cells.
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Simple Summary: Complement system is an ancient immune pathway that protects us against
harmful invaders. Meanwhile, mitochondria, widely known as the powerhouse of the cell, are
essential for producing energy and maintaining healthy cells. Bridging past and present studies, this
review aims to elucidate an underexplored yet essential connection between the complement system
and mitochondria. These interactions are implicated in different diseases across various tissues
and organs, such as Alzheimer’s disease and cancer, that are in critical need of cure. Mitochondria
release signals that impact the activation of the complement system, leading to tissue damage
and inflammation; while the complement system alters mitochondrial functions, forming a vicious
cycle. This cycle exacerbates disease progression and health outcomes. We hope to highlight
potential targets to alleviate societal healthcare burdens by bringing scientists’ attention to this novel
bidirectional interaction.

Abstract: Mitochondria serve an ultimate purpose that seeks to balance the life and death of cells, a
role that extends well beyond the tissue and organ systems to impact not only normal physiology
but also the pathogenesis of diverse diseases. Theorized to have originated from ancient proto-
bacteria, mitochondria share similarities with bacterial cells, including their own circular DNA,
double-membrane structures, and fission dynamics. It is no surprise, then, that mitochondria interact
with a bacterium-targeting immune pathway known as a complement system. The complement
system is an ancient and sophisticated arm of the immune response that serves as the body’s first line
of defense against microbial invaders. It operates through a complex cascade of protein activations,
rapidly identifying and neutralizing pathogens, and even aiding in the clearance of damaged cells and
immune complexes. This dynamic system, intertwining innate and adaptive immunity, holds secrets
to understanding numerous diseases. In this review, we explore the bidirectional interplay between
mitochondrial dysfunction and the complement system through the release of mitochondrial damage-
associated molecular patterns. Additionally, we explore several mitochondria- and complement-
related diseases and the potential for new therapeutic strategies.

Keywords: mitochondria; complement system; innate immunity; cell signaling; damage-associated
molecular patterns (DAMPs)

1. Introduction

Mitochondria are dynamic organelles critical for key processes, including cellular en-
ergy production through oxidative phosphorylation (OXPHOS), metabolism, homeostasis,
and cell signaling. Hence known as the powerhouse of the cell, mitochondrial dysfunc-
tion can lead to severe consequences. Impaired mitochondria have a causal relationship
with several diseases, such as neurodegenerative disorders, metabolic syndromes, and
cardiovascular diseases [1–3].
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Interestingly, the endosymbiotic theory proposes that mitochondria share an evolu-
tionary ancestry with bacteria. Hence, as remnants of ancient bacteria within host cells,
the immune system may perceive mitochondria as foreign entities. Among the diverse
immune responses, the complement pathway is widely recognized as a first-line defense
against microbial infections. Comprised of over 30 secreted and membrane-bound proteins,
the complement system serves diverse functions in both innate immunity and adaptive
immune responses [4,5]. The complement system can detect pathogens by three main path-
ways to trigger a cascade of reactions, leading to inflammation, cell death, and pathogen
elimination. In the last decade, advances in complement research have revealed novel func-
tions of the complement system, including the intracellular complement system, known as
the complosome [6,7]. The complosome has been found to play a central role in metabolism
and cellular homeostasis, modulating essential processes in mitochondria such as glycoly-
sis, ATP generation, and OXPHOS [8–11]. Considering the revelations, further investigation
of the implications in cellular mechanisms and disease is needed. While the term “complo-
some” is specifically employed to denote intracellular complement, this review refrains
from making a clear differentiation between intracellular and extracellular complement
elements. Given the recent establishment of the complosome concept, distinctions between
these compartments remain to be further characterized.

In the past 30 years, novel insights have revealed a tight relationship between the
complement system and mitochondria. The complement system employs pattern recog-
nition receptors to detect damage-associated molecular patterns (DAMPs) released from
infected, injured, or stressed cells, signaling an immune response [12–15]. Under stress,
mitochondria release DAMPs, triggering activation of the innate immune system, which
can result in heightened oxidative stress and additional damage to mitochondria, leading to
a destructive cycle [16–19]. However, the impact of this interaction on disease pathogenesis
is underexplored. Exploring the complex relationship between the complement system
and mitochondria in various diseases will help reveal potential therapeutic targets. This
review aims to provide an in-depth examination of the reciprocal relationship between
mitochondrial dysfunction and the complement system, with a particular focus on their
implications in immune signaling and their role in disease pathogenesis.

2. Mitochondria

Mitochondria play pivotal roles in diverse cellular processes, including ion homeosta-
sis and programmed cell death/apoptosis. When subjected to stressors such as genetic
mutations, viral infections, or aging, mitochondria are damaged and activate quality control
mechanisms to maintain homeostasis. Mitochondria are constantly under dynamic changes
through fission and fusion processes, allowing for the removal of damaged mitochon-
drial segments and the exchange of components [20–22]. Mitophagy is another important
pathway whereby autophagosomes selectively remove damaged or dysfunctional mito-
chondria [23]. Alternatively, the mitochondrial unfolded protein response induces protein
folding and eliminates damaged components [24,25].

Mitochondria release DAMPs in response to cellular distress. Under ideal circum-
stances, quality control processes effectively mitigate stressors, so mitochondrial release
of DAMPs would be minimized. However, under extreme stress, when quality control
processes prove insufficient, mitochondria release DAMPs such as cytochrome c, reac-
tive oxygen species (ROS), mitochondrial DNA (mtDNA), cardiolipin, and ATP [26–28].
DAMPs can also induce numerous innate immune responses [29]. Furthermore, extracellu-
lar accumulation of ATP can lead to loss of mitochondrial membrane potential, disrupting
ion homeostasis and cellular bioenergetics [26]. This impairment affects processes reliant
on energy availability, such as active transport, cellular signaling, and maintenance of
membrane potential [26,29]. Additionally, the release of mtDNA can be recognized by
cyclic GAMP-AMP synthase/cGAS, triggering inflammation through the type-I interferon
(IFN) pathway [30]. In summary, while mitochondria employ quality control processes to
maintain homeostasis, profound mitochondrial damage leads to disrupted ATP production,
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overproduction of ROS, and cell death. This results in DAMP release to induce innate
immune responses. Hence, understanding the ramifications of mitochondrial dysfunction
is crucial for developing targeted therapies.

3. Complement System

The complement system is part of the innate immune system. The extracellular
complement system is activated through three main pathways: classical, alternative, and
lectin pathways. Although each pathway is initiated by different signaling processes, they
all converge on the formation of complement component 3 (C3) convertase, which activates
C3 by cleavage. Activation of C3 produces building blocks for complement component 5
(C5) convertase, which in turn activates C5. Additionally, activation of complement proteins
produces opsonins (e.g., complement component 1q (C1q), C3b, inactivated C3b (iC3b),
C3d) and anaphylatoxins (e.g., C3a and C5a) that opsonize pathogens for phagocytosis and
recruit immune cells to the site of activation, respectively [4,31]. Ultimately, activation of
the complement system leads to the formation of a membrane attack complex (MAC), a
pore structure on the cell membrane that causes osmotic imbalance, leading to cell lysis.
Recent discoveries of the complosome have demonstrated non-canonical functions of
the complement system apart from its canonical functions in immune defense, including
opsonization, inflammation, and cell lysis. A summary of the intracellular and extracellular
complement system is shown in Figure 1.

Figure 1. The extracellular and intracellular complement system. The complement system is
activated by three main pathways: the classical pathway via C1q, C1s, and C1r forming the C1
complex; the lectin pathway via mannose-binding lectin (MBL); and the alternative pathway via
spontaneous hydrolysis of C3, involving factor B (fB), factor D (fD), and properdin. All three
pathways converge on the formation of the C3 convertase, which activates C3 by cleaving it into C3a
and C3b. C3b, along with other complement components, forms the C5 convertase, which activates
C5 by cleaving it into C5a and C5b. The cascade of reactions leads to the formation of the membrane
attack complex (MAC). Regulators of the complement system (such as complement factor H (CFH),
CD55, CD59, CD46) inhibit different steps of the cascade as indicated. Intracellular CD59 also has a
role in insulin regulation. C1q, C3a, and C5a bind to receptors located on mitochondria, regulating
mitochondrial functions.
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3.1. Internalization Mechanisms of Complement Proteins

Complement proteins are not only produced intracellularly but can also be re-ingested
and retro-translocated into the cell. For instance, King et al. found that C3 contains al-
ternative ATG start codons, enabling its translation in the cytosol [32]. They discovered
that this form of C3 loses the ability to be secreted and can rescue autophagy in cells
with C3 knockout, whereas uptake of extracellular C3 does not achieve this. Additionally,
C3 can be produced and secreted, then taken up again by the same cell. For example,
Kremlitzka et al. demonstrated that alternative translation start sites of C3 result in the
production of the cytosolic form of C3 without glycosylation, exhibiting distinct functions
compared to the serum form [33]. The same study also showed that intracellular C3 is
retro-translocated from the ER to the cytosol [33]. Similarly, Golec et al. suggested that
CD59 is retro-translocated from the ER to the cytosol, and that cytosolic CD59 lacks a glyco-
sylphosphatidylinositol (GPI) anchor [34]. While silencing CD59 resulted in dysregulated
insulin production, removing the GPI anchor did not do so, suggesting the existence of
an intracellular, non-GPI-anchored pool of CD59 that functions in insulin secretion [34].
Together, this evidence suggests that intracellular complement proteins such as C3 and
CD59 have unique genetic and functional profiles, involving intracellular production, retro-
translocation, and distinct roles in cellular processes, diverging significantly from their
extracellular counterparts.

3.2. Intracellular Complement System

The complement system is predominantly recognized as a liver-derived and serum-
circulating extracellular system. Although most complement factors are produced in the
liver and secreted, C3 and C5 can also be produced and secreted by T cells [6,9]. Serum
complement components can bind to receptors on the surface of T cells to induce effector
function and intracellular C3 and C5 production [35,36]. Additionally, C3 and C5 can be
activated intracellularly in T cells [9,37]. While the majority of complement is systemic,
local production by specific cell types serves specific functions [37]. For example, C1q is
mostly/only produced by immune cells including macrophages and dendritic cells [37–39].
Furthermore, C3a receptor (C3aR) and C5a receptor (C5aR) are present on intracellular
lysosomal membranes and mitochondrial membranes [6,8,40,41]. These recent insights call
for further research into cellular and mechanistic consequences of the complosome within
intracellular processes.

Ample evidence demonstrates the presence of diverse complement proteins intracel-
lularly, such as complement factor H (CFH), CD59 (also known as protectin), C3, and C5.
CFH is a complement regulator that accelerates the decay of the C3 convertase and serves
as a cofactor in the inactivation of C3. CFH was found to localize to lysosomes and acts
as a cofactor for cathepsin L (CTSL) in cleavage of C3 into iC3b [42]. In addition, CD59,
a GPI-anchored negative regulator of MAC, was found to have intracellular functions in
insulin secretions [34].

Complement proteins such as C3 have been discovered intracellularly and can activate
immune responses, such as flagging viruses for degradation, mitochondrial antiviral
signaling (MAVS), and cytokine production [43]. Cytosolic C3 was reported to interact
with cytosolic proteins, such as ATG16L, a component of the autophagy mechanism that
converts LC3-I to LC3-II, resulting in an autophagy-dependent restriction of bacterial
growth [32,44]. Liszewski et al. demonstrated that C3 is activated intracellularly by CTSL,
independent of C3 convertases in T cells [6]. It has also been suggested that C3 is stored in
the endoplasmic reticulum and lysosomes in T cells, and the cleavage fragment C3a has a
receptor on the lysosome. Upon C3a binding to C3aR, lysosomes can activate glycolysis
and OXPHOS, leading to IFN production and activation of both T helper and cytotoxic T
cells [6,8]. Additionally, significant levels of intracellular C5 and C5a have been shown by
Niyonzima et al. [45]. The distinct localization of C5 and C5a may indicate that C5 activation
occurs in post-Golgi compartments [45,46]. Furthermore, Daugan et al. revealed a novel
intracellular function of C1s, a proteolytic enzyme that activates C4 and initiates the classical
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complement pathway in tumor progression and T-cell activation [47]. While silencing C1s
decreases cancer cell proliferation and increases T-cell activation, extracellular C1s does
not affect the same parameters, suggesting an intracellular role of C1s in tumor cells [47].
Together, these findings strongly support the existence of an intracellular complement
system and the broad range of novel functions of the complement system.

3.3. Interaction of Complosome with Mitochondria

Exploration of the intracellular complement system has unveiled a wide range of
novel functions, particularly its interactions with cellular components. Recent evidence has
demonstrated that complosome can mediate cellular homeostatic and metabolic processes,
as well as immune cell activation through its interaction with mitochondria. For example,
C3 cleavage fragments, such as C3a and C3b, can bind to their respective receptors, C3aR
and CD46, to induce mitochondrial processes such as glycolysis and OXPHOS, which are
needed for T-cell activation [6,8,48]. Furthermore, the C5 fragment, C5a, has a receptor on
mitochondrial membranes, known as mitochondrial C5aR. This receptor was found to play
a role in modulating mitochondrial function, such as reducing ATP production in favor
of interleukin (IL)-1β generation [45]. This finding was supported by the observation that
IL-1β levels decrease after inhibition of intracellular C5aR. Most notably, C1q, one of the ini-
tiators of the classical complement pathway, binds directly to C1q binding protein (C1qBP)
on mitochondrial membranes [1,49]. Interaction between C1q and C1qBP enhances the
expression of mitochondrial biogenesis genes, optimizing respiratory function and oxygen
consumption [50]. C1qBP has been identified as a key regulator in tumor progression, apop-
tosis, phagocytosis, and autoimmunity [1,51–53]. Evidently, diverse interactions between
mitochondria and the complement system warrant further investigation. Uncovering these
interactions will provide essential insights into their role in disease pathogenesis.

4. Role of Mitochondrial DAMPs in Complement Response

This section will explore how mitochondrial DAMPs activate the complement system,
linking mitochondrial damage with complement cascade as shown in Figure 2 and Table 1.

4.1. Intracellular Interactions and Impacts
Cytochrome C, Apoptosis, and Complement System

Cytochrome c, a molecule produced in mitochondria, facilitates ATP generation in
the electron transport chain and regulates apoptosis [27]. It is widely recognized that
under cellular stress, cytochrome c, which is initially localized on inner mitochondrial
membranes, is released to the cytosol as a pro-apoptotic signal, triggering apoptosis through
the activation of caspases [27]. Intriguingly, C3 and C5, which can also induce cell death,
have been found to interact with cytochrome c intracellularly to modulate apoptosis [54,55].
For example, in the context of cardiac ischemia/reperfusion (I/R) injury, Fang et al. detected
the presence of cytochrome c within the C3 complex inside cells [54]. Furthermore, under
oxidative stress, direct interaction between C3 and cytochrome c in the cytosol was observed
in the mouse model [54]. Conversely, in humans, Fang et al. found that C3 does not directly
interact with intracellular cytochrome c. Instead, C3 binds to downstream elements of
apoptosis, which is triggered by cytochrome c [54]. Additionally, the precursor of C3 was
found to bind pro-caspase 3, an inactive component of apoptosis, to reduce apoptosis [54].
Despite the observed reduction in apoptosis by C3 and its precursor, it was noted that
the interaction of C3 with the apoptotic pathway can promote necrosis, another type of
cell death [54]. Therefore, this interaction between C3, cytochrome c, and apoptosis exerts
opposing effects on cell death, increasing necrosis while decreasing apoptosis. Since I/R
injuries can result from both necrosis and apoptosis, further understanding the degree of
modulation of these two pathways by C3 will provide insights to mitigate damage.
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Figure 2. Interactions between mitochondrial damage-associated molecular patterns (DAMPs)

and the complement system. Upon cellular stresses, mitochondrial DAMPs become mislocalized
and are released from the mitochondria. (A) Cytochrome c interacts with C3, leading to the binding of
C3a to pro-caspase 3, thereby inhibiting apoptosis. Conversely, binding of C5a to its mitochondrial re-
ceptor can induce apoptosis and necrosis. (B) Mislocalized cardiolipins from the inner mitochondrial
membranes can bind to and activate C1, initiating complement activation. Anti-cardiolipin antibod-
ies can also bind to C1q-binding proteins, providing a platform for the assembly of complement
components, further resulting in complement activation. (C) ATP released into the cytosol activates
intracellular inflammasomes, leading to further release of DAMPs, high molecular group box 1
(HMGB1), and S100 calcium-binding protein A9 (S100A9), which can be recognized by mannose-
binding lectin (MBL) to activate the lectin pathway. (D) Reactive oxygen species (ROS) activate all
three pathways of the complement system. Increased ROS levels elevate the expression of MBL,
which recognizes DAMPs to activate the lectin pathway. ROS also induces elevated levels of inflam-
matory biomarkers such as retinol-binding protein 4 (RBP4) and C-reactive protein (CRP), which
in turn activate the alternative pathway. Additionally, ROS enhances inactivated C3b deposition
through the hypoxia-induced nuclear factor kappa B (NF-κB) pathway and promotes the expression
of complement regulators and receptors, leading to inflammasome gene expressions and classical
pathway activation. Receptors in the complement system, C5a receptor (C5aR), CD46, CD55, and
complement factor H (CFH), are upregulated to promote the expression of NOD-, LRR-, and pyrin
domain-containing protein 3 (NLRP3) to release proinflammatory substances.

In contrast, numerous studies have demonstrated that activated C5a anaphylatoxin
exerts pro-apoptotic effects in myocardial I/R [55,56]. The use of anti-C5 treatment an-
tagonizes C5 and decreases the formation of both C5a and MAC, effectively reducing the
extent of necrosis and apoptosis in myocardial I/R by decreasing leukocyte infiltration and
ROS generation [56]. Similarly, De Hoog et al. observed that the use of C5aR inhibitors
leads to improved outcomes in myocardial I/R, evidenced by a decrease in the extent of
heart tissue damage and a reduction in apoptosis [55]. Moreover, when C5aR is blocked
or its expression is suppressed, leukocyte infiltration into the myocardial infarct area is
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decreased, thus reducing myocardial damage [55]. Hence, the protective benefits of C5aR
inhibitors may result from preventing the binding of intracellular C5a to its mitochondrial
receptor and subsequently blocking complement system activation, although the protective
effects can also be a result of blocking the plasma membrane C5aR. Future studies are
required to distinguish the effects.

4.2. Extracellular Interactions and Impacts
Cardiolipin and Complement System

Under cellular stresses, such as those encountered during ischemic events, cardiolipin,
a phospholipid predominantly located in inner mitochondrial membranes, becomes ac-
cessible and/or mislocalized [57]. This results in structural and functional alterations to
mitochondria, potentially triggering immunological responses including complement acti-
vation. Early investigations identified that cardiolipin located on mitoplasts (mitochondria
lacking outer membranes) mediates activation of C1 extracellularly [58]. In instances of
heart cell death, such as in ischemic heart disease, Rossen et al. discovered that the integrity
of mitochondrial outer membranes is compromised, exposing inner membranes to the
extracellular complement system [57]. These studies demonstrated that cardiolipin can
bind to extracellular C1 and initiate the complement cascade, facilitated by negatively
charged phosphate groups present in cardiolipin [57,58].

Furthermore, anti-cardiolipin antibodies were found to specifically accumulate in
distinct regions of mitochondria, which are exposed to the extracellular space due to mem-
brane ruptures in injured cardiac cells [57]. These antibodies were found to interact with
over 15 mitochondrial components, several of which are proteins that bind to C1q [57].
Additionally, a specific group of C1q-interacting proteins was demonstrated to serve as
stable sites for subsequent MAC formation [58]. Conversely, when mitochondria remain
undamaged and unexposed to complement components, this interaction does not trigger
a physiological response or further complement activation [58]. Therefore, cardiolipin
released from the cell likely contributes to the propagation of complement-mediated inflam-
matory responses by binding to C1 and facilitating the assembly of subsequent complement
components, underscoring its significant role in complement activation.

4.3. Intracellular and Extracellular Interactions and Impacts
4.3.1. ATP and Complement System

Beyond its role as the energy currency of cells, ATP has an established role in immune
modulation through its direct interaction with cells of the immune system. Studies have
revealed that ATP, mostly generated in mitochondria via OXPHOS, can be released as a
DAMP. ATP accumulates both intracellularly and extracellularly to trigger inflammation,
particularly the lectin pathway of the complement system [5].

For hematopoietic stem/progenitor cells to be mobilized from the bone marrow into
the bloodstream, mobilization is initiated by pro-mobilizing stimuli. Upon stimulation
by these molecules, ATP produced in mitochondria is released to the cytosol, activating
intracellular NOD-, LRR-, and pyrin domain-containing protein 3 (NLRP3) inflamma-
somes [59]. Ratajczak et al. discovered that ATP-induced inflammasome activation leads to
the release of DAMPs, particularly extracellular high molecular group box 1/HMGB1 and
S100 calcium-binding protein A9/S100A9. These released DAMPs were observed to bind
to extracellularly circulating MBL, resulting in complement activation [59]. Following lectin
pathway activation, pro-mobilizing stimuli also cause C5 activation, releasing C5 cleavage
fragments, which can optimize the mobilization of stem cells from the bone marrow into
peripheral blood [59,60]. The exact same mechanism of MBL-dependent complement acti-
vation was observed in microglia cells as well [61]. Hence, ATP not only plays a crucial role
in energy supply but also acts as a potent activator of inflammation, through the activation
of the lectin pathway in the complement system.
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4.3.2. ROS and Complement System

Mitochondria continuously generate ROS as byproducts of aerobic respiration. While
ROS can serve as signaling molecules to activate the host defense system against pathogens,
excessive ROS production can lead to oxidative damage [62]. Several prior studies indicate
that oxidative stress damages cells, leading to the release of DAMPs which activates the
extracellular complement system through all three pathways [17,63,64]. It was demon-
strated that exposure of urban particulate matter to human umbilical vein endothelial cells
enhances ROS production and subsequent activation of the complement system via the
alternative pathway [64]. This observation was confirmed by inhibiting ROS production,
which suppresses expression of retinol-binding protein 4/RBP4 and c-reactive protein/CRP,
which are biomarkers of inflammation, indicating inhibited complement activation [64].

Interestingly, Collard et al. demonstrated that the process of hypoxia and reoxygena-
tion in human endothelial cells triggers activation of the classical complement pathway,
resulting in a notable increase in iC3b deposition [17]. Additionally, intracellular ROS can be
released as an outcome of different types of cell death, including apoptosis, ferroptosis, and
necroptosis, to stimulate extracellular complement activation and iC3b deposition [18,65].
In contrast, antioxidants and inhibition of nuclear factor kappa B (NF-κB) reduce iC3b depo-
sition [18,65]. These findings suggest that iC3b deposition may be regulated by intracellular
ROS-induced activation of NF-κB and activation of the classical complement pathway.

Furthermore, in vivo studies demonstrated elevated levels of rat mannose-binding
lectin (MBL) and C3 deposition after myocardial reperfusion [63]. Conversely, following
oxidative stress in endothelial cells in vitro, preventing accumulation of human MBL
reduced complement system activation [63]. It is likely that stressed cardiac cells release
DAMPs, which can bind to MBL, resulting in activation of the lectin pathway [66]. Increased
expression of MBL also enables a higher possibility of complement activation upon release
of DAMPs. Collectively, these findings demonstrate that the deposition of MBL and
potential ROS-induced release of DAMPs can mediate the lectin complement pathway.

Dysregulation of oxidative species also leads to hypoxia and reoxygenation inside cells,
resulting in increased expression of complement protective factors CD46 and CD55 on the
surface of human umbilical vein endothelial cells [17]. Similarly, oxidatively stressed retinal
pigment epithelial cells demonstrate elevated levels of complement receptors, such as C5aR,
and complement component regulators such as CFH and properdin [67]. These regulators
were observed to accumulate along with enhanced NLRP3 expression in retinal pigment
epithelial cells under oxidative stress, leading to increased release of proinflammatory
substances, regardless of external sources of complement [67].

4.4. Complement System Damages Mitochondria: A Vicious Cycle

As discussed earlier, mitochondria release DAMPs in response to cellular stress,
modulating the activation of the complement system. Conversely, complement system
activation can induce mitochondrial damage, leading to increased release of DAMPs. Thus,
this interplay creates a self-perpetuating cycle that enhances complement system activation
and amplifies immune responses. Activation of the complement system has been shown to
trigger the production of ROS, causing tissue damage, highlighting the detrimental role
of ROS [18]. Chronic ROS levels are known to induce oxidative damage to mitochondrial
components, while acute ROS exposure can impair mitochondrial energy production,
suggesting that complement-induced ROS likely disrupts mitochondrial structure and
bioenergetic functions [16].

Furthermore, as discussed earlier, the pro-inflammatory effects of the complement
system are well recognized. C3a and C5a induce the expression of inflammatory cytokines
in immune cells, while sublytic MAC triggers the generation of additional inflammatory
cytokines. Conversely, Choi et al. demonstrated that the presence of inflammatory cy-
tokines, such as IL-1β or interferon-γ, leads to elevated levels of C3aR on the surface
of human umbilical vein endothelial cells [64]. Additionally, complement activation on
human umbilical vein endothelial cells following exposure to urban particulate matter
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stimulates the release of inflammation-inducing proteins, including c-reactive protein and
retinol-binding protein 4, associated with the development of atherosclerosis and various
cardiovascular diseases [64].

Beyond its known pro-inflammatory effects, recent studies have suggested a potential
role of the complement system in metabolism and mitochondrial damage, particularly
in regulating C3a and C5a. Nord et al. showed that blocking C3a signaling inhibits
complement-induced inflammation and prevents mitochondrial damage, improving re-
covery from ischemic injury [68]. Similarly, Tsai et al. demonstrated that administration
of C5a in kidney endothelial cells activates C5aR, resulting in ROS generation and apop-
tosis [69]. Inhibiting C5a reduces ROS production, cytochrome c release, and formation
of apoptotic cells, suggesting that C5a-induced apoptosis is mediated through C5aR and
directly impacts mitochondrial function.

The intricate interplay between mitochondria and the complement system underscores
a self-perpetuating cycle wherein mitochondria release DAMPs, triggering complement
system activation, and leading to further mitochondrial impairment. Understanding this
interaction is crucial for developing treatments for mitochondria-related disorders.

Table 1. Interactions between mitochondrial DAMPs and complement components.

Mitochondrial DAMPs Interactions with Complement Reference

Cytochrome c
C3 [54]

C5a [55,56]
Cardiolipin C1 [57,58]

ATP MBL [59,60]
iC3b [17]
MBL [63]ROS
C5a [69]

DAMPs: damaged-associated molecular patterns; MBL: mannose-binding lectin; ROS: reactive oxygen species.

5. Interplay of Complement and Mitochondria in Human Diseases

In addition to the mitochondrial release of DAMPs, diseases can result from diverse
interactions between mitochondria and the complement system, particularly affecting
high-energy-demanding organs. Interruptions in bioenergetics profoundly impact these
vital areas. This section will explore how complement–mitochondrial damage interplay
contributes to disease pathogenesis in localized and systemic conditions. The discussion
on organ-specific diseases is summarized in Figure 3.

5.1. Alzheimer’s Disease

Alzheimer’s disease (AD) is the most diagnosed form of dementia and neurodegener-
ative disorder worldwide, yet effective treatments remain limited. Amyloid beta (Aβ), a
crucial biomarker of AD, is known to damage mitochondria and activate the complement
system, creating an intricate loop that propels the disease progression [70].

Numerous studies underscore mitochondrial dysfunction as a significant contributor
to AD pathogenesis. For example, it has been observed that Aβ infiltration into mito-
chondria disrupts energy production at synapses, impeding neuron communication and
resulting in cognitive decline [3]. Additionally, Aβ was demonstrated to interact with
dynamin-related protein 1/DRP1, a mitochondrial protein responsible for mitochondrial
fission. This interaction induces mitochondrial fragmentation and impairs mitophagy,
leading to cognitive impairment in AD neurons [71]. Concurrently, Crivelli et al. found
that Aβ triggers the release of proinflammatory factors, including C1q, which potentially
activates the classical complement pathway in AD neurons [70]. They also observed that
these proinflammatory factors induce the generation of extracellular vesicles enriched with
ceramide, which plays a role in stimulating ROS production and disrupting mitochondrial
membrane potential, thereby causing impairment of mitochondrial respiration [70,72].
Moreover, elevated C1q levels were shown to exacerbate mitochondrial damage through

208



Biology 2024, 13, 431

the induction of fatal oxidative stress in neurons [73]. Therefore, both Aβ and Aβ-induced
C1q significantly impact mitochondrial functions, jeopardizing the energy supply required
for proper neuronal functioning.

 

Figure 3. Interactions between the complement system and mitochondria in localized diseases.

Complement system and mitochondria exhibit distinct interactions in various localized diseases,
contributing to mitochondrial damage and complement dysregulation, thereby impacting disease
progression. (A) In Alzheimer’s disease, amyloid-beta (Aβ) contributes to mitochondrial fragmenta-
tion via interaction with dynamin-related protein 1 (Drp1). Additionally, Aβ increases C1q levels,
leading to the generation of ceramide-containing extracellular vesicles (EVs) and ROS, both of which
contribute to mitochondrial impairments. Calcium overload resulting from mitochondrial damage
further induces elevation in C1q levels. Subsequent binding of C1q to its mitochondrial recep-
tor, C1q-binding protein (C1qBP), exacerbates Aβ levels, forming a vicious loop of dysfunction.
(B) Age-related macular degeneration (AMD) is characterized by lower levels of complement regula-
tors complement factor H (CFH), CD55, and CD59 in mtDNA haplotypes associated with high disease
risk. Increased ROS leads to relocation of C3aR to mitochondria, leading to further ROS increase
and ATP decrease. (C) Accumulated C1q at myocardial ischemic regions binds to mitochondrial
protein C1qBP.

Reciprocally, in the early stages of AD, mitochondria damaged by Aβ were observed
to subsequently induce increased Aβ accumulation [74]. This perpetuates a vicious cycle
where elevated Aβ levels further impair mitochondrial functions, sustaining the progres-
sion of AD. Additionally, dysmorphic mitochondria often exhibit impaired or complete loss
of homeostasis, including dysregulation of calcium signaling [75]. Datta et al. discovered
that an overload of calcium can enhance C1q aggregation near dysmorphic mitochon-
dria [76]. This phenomenon is likely due to the ability of calcium ions to stabilize C1q-like
domains, thereby enhancing the accumulation of C1q around regions with elevated calcium
concentrations [77]. Moreover, they showed that heightened C1q levels, resulting from
calcium homeostasis disruption, trigger subsequent caspase-3 activation, leading to cell
death [76,78].

Collectively, these studies support a disease model of AD pathogenesis characterized
by the accumulation of Aβ, which damages mitochondria, leading to further Aβ accumu-
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lation and subsequent mitochondrial dysfunction. Therefore, given the current evidence
from the literature, this cycle is likely to perpetuate the activation of C1q, thereby exacerbat-
ing mitochondrial damage and severe neurological symptoms. Escaping this detrimental
cycle necessitates treatments that maintain mitochondrial functions and mitigate C1q and
Aβ levels.

5.2. Age-Related Macular Degeneration

Age-related macular degeneration (AMD) is one of the major causes of irreversible
vision loss in older age groups, impacting one in eight people 60 years of age or older [79].
The roles of complement proteins in retinal health and disease have been implicated.
Trakkides et al. demonstrated that adult retinal pigment epithelial cells, or ARPE-19 cells,
can produce complement proteins following oxidative stress [67]. Exposure to H2O2-
induced oxidative stress results in elevated expression of complement receptors CR3 and
C5aR1, as well as CFH in ARPE-19 cells [67]. Notably, CFH has been linked to an increased
risk of AMD [80]. Furthermore, Kenney et al. concluded that the mtDNA haplotype
protective against AMD expresses elevated levels of CFH compared to the haplotype at
higher risk of AMD, suggesting a protective function of CFH in AMD [80]. Given that
CFH inhibits C3 activation and degrades C3b, it may protect against AMD by lowering
downstream complement activation, inflammation, and oxidative stress. This is further
supported by enhanced CFH levels after exposure to T cells and oxidative stress [81,82]. In
contrast to CFH, other inhibitors of the complement system, such as CD55 and CD59, were
found to be downregulated after oxidative stress in ARPE-19 cells, making the cells more
susceptible to complement-mediated damage [82]. This highlights intricate interactions
between the complement system and oxidative stress in AMD, where CFH functions
to inhibit upstream C3 activation and inactivate C3b, while CD55 and CD59 prevent
downstream MAC formation.

Furthermore, the susceptible haplotype had decreased levels of ATP, suggesting
differences in mitochondrial function, which plays an important role in AMD-associated
retinal damage [80]. Together with the evidence that susceptible haplotypes had higher
levels of CFH and C3, the complement proteins may play a role in altering mitochondrial
processes, resulting in differences in ROS, ATP, and levels of inflammatory markers (i.e.,
IL-6, IL-1β, and tumor necrosis factor receptor 2/TNFR2) [83]. The production of IL-1β
can be caused by C5aR and C3aR signaling via modulation of mitochondrial function and
ROS production [45,84]. Notably, upon ROS exposure, C3aR relocates to mitochondria
in APRE-19 cells, affecting calcium intake and ATP production [40]. Binding of C3a to
mitochondrial C3aR results in decreased ATP production and increased calcium uptake and
subsequently elevating ROS levels [85]. Collectively, these findings suggest that inhibiting
C3 activation, and thus the formation of C3a offers protection to retinal pigment epithelial
cells, at least in part through the mitochondrial C3aR mechanism.

Collectively, this evidence supports a connection between the complement system
and mitochondria in AMD, especially through alterations of regulators of complement
activation by oxidative stress. Understanding the intricate balance between complement
regulation and mitochondrial ROS production is crucial for developing novel therapeutic
interventions for AMD.

5.3. Myocardial Ischemia

Myocardial infarction (MI), occlusion of blood flow to the heart, is one of the main
causes of cardiovascular mortality. MI-induced heart failure is associated with high mor-
bidity and mortality [86,87]. Due to the large energy demand of the heart, mitochondria
comprise a third of cardiomyocytes and provide 95% of ATP in the myocardium [88]. Both
mitochondria and the complement system have been implicated in myocardial infarction.
As early as 1975, Pinckard et al. identified the release of subcellular fragments in the
heart that activate the complement system, triggering inflammation and diseases associ-
ated with MI [89]. This study revealed that these subcellular fragments responsible are
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likely mitochondria in origin, as supported by activation of C1, C2, C3, and C4 by the
human heart mitochondria, and an interaction between complement C1 and mitochondrial
membrane [89]. Subsequent studies have confirmed this mitochondria–complement pro-
tein interaction, especially between C1q and mitochondrial proteins [90–94]. In contrast,
Torp et al. found that intracellular C3 protects the heart against I/R injury by promoting
mitochondrial respiration [93]. Mice deficient in C3 show reduced mitochondrial respira-
tion, as evidenced by lower levels of ATP and decreased NADH/NAD+ ratio compared
to wild-type mice [93]. Furthermore, acute MI can induce biochemical and metabolic
disruptions that trigger a series of reactions in mitochondria, resulting in calcium over-
load and mitochondrial dysfunction [95]. I/R injury could be attributed to the release of
mitochondrial DAMPs, activating immune systems such as complement pathway [8,93].

The interplay between mitochondrial function and complement regulation extends to
have broader implications, influencing systemic diseases that span across multiple organ
systems. A summary of the cross-talk in systematic diseases is depicted in Figure 4.

Figure 4. Interactions between the complement system and mitochondria in systemic diseases.

Complement system and mitochondria interact across various systemic diseases through mitochon-
drial DAMPs, influencing immune responses and contributing to inflammation, host protection, and
defense. (A) Human immunodeficiency virus (HIV), when opsonized by complement receptor 4,
recruits mitochondrial antiviral-signaling protein (MAVS), triggering the activation of inflammatory
pathways, including TANK-binding kinase 1 (TBK1), interferon regulatory factor 3 (IRF3), and nuclear
factor kappa B (NF-κB), ultimately aiding elimination of non-opsonized HIV. Several viruses, such as
adenovirus, measles virus, cytomegalovirus, herpesvirus, and coxsackievirus utilize CD46 or CD55 as
a receptor to enter host cells, resulting in mitochondrial damage. (B) C1q deficiency is associated with
autoimmune diseases, as C1q can activate mitochondrial biogenesis genes and sustain memory T-cell
activity. Functional consequences of C1q deficiency include damaged mitochondria and the release
of mitochondrial proteins such as C1qBP, leading to the formation of anti-mitochondrial antibodies
and inflammation. Moreover, the formation of membrane attack complex (MAC) in autoimmune
diseases has been linked to a lower mitochondrial membrane potential and release of cytochrome
c, contributing to NOD-, LRR-, and pyrin domain-containing protein 3 (NLRP3) activation and
interleukin (IL)-1β responses. (C) In T cells, CD46 can activate the mammalian target of rapamycin
(mTOR) and mitochondrial processes such as oxidative phosphorylation (OXPHOS) and glycolysis,
both of which are necessary for T-cell activation and subsequent IFN-β response, leading to protective
functions of T cells against cancer. Furthermore, C5a has been found to increase ROS by generating
NADPH and activating complement genes by oxidative damage.
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5.4. Viral Infections

Complement, as a crucial pathway for innate immunity, is undoubtedly important
for pathogen clearance in combating viral infections. Its intricate interactions with host
cells during such infections involve various components, including complement receptor 4,
MAVS, CD46, and CD55.

Human immunodeficiency virus (HIV) caused over half a million deaths and over
35 million infections in 2019 [96]. HIV clearance relies on the interplay between the comple-
ment system and MAVS, located on mitochondrial outer membranes. Posch et al. demon-
strated that HIV, when opsonized by the complement system and recognized through
complement receptor 4, facilitates the recruitment of MAVS [97]. Initiation of the antiviral
recognition pathway is further enhanced by opsonized HIV downregulating the MAVS-
suppressive RAF-1/PLK1 pathway [97]. Furthermore, they showed that aggregation of
MAVS activates the TBK1/IRF3/NF-κB signaling pathway in dendritic cells, a process
essential for the elimination of complement-opsonized HIV [97]. Thus, the complement
system, in conjunction with MAVS, is essential for the activation of immune responses and
effective clearance of HIV, underscoring the importance of mitochondria in complement
system-mediated immune activation.

Moreover, complement inhibitor CD46 is known to be an entry receptor for diverse
viruses, including adenoviruses, measles virus, cytomegalovirus, and herpes virus [98].
Similarly, complement regulator CD55 acts as a co-receptor for the cardiotropic coxsack-
ievirus B3 [99]. All aforementioned viruses were found to compromise mitochondrial
functions, either by disrupting mitochondrial biogenesis or by inducing apoptotic path-
ways in a mitochondria-mediated fashion [23,100–103]. As previously discussed, activation
of the complement system commonly leads to inhibition of infection; thus, it is likely that
CD46, by acting as an inhibitor of the complement system, facilitates viral infections beyond
its roles in viral entry. Although no studies have directly linked CD46 with mitochondrial
dysfunction during viral infections, the observation that viruses use CD46 as a receptor
to invade host cells, leading to subsequent mitochondrial damage, implies that CD46
plays a role in viral mechanisms that impair mitochondrial function. Elucidating whether
interactions between viruses and CD46 affect complement regulation and/or mitochon-
drial function, and understanding the mechanisms involved, is essential in developing
treatments to preserve mitochondrial integrity and inhibit viral replication.

In summary, understanding these intricate interactions could help uncover innovative
therapeutic interventions targeting both the complement system and mitochondria, offering
new avenues to effectively combat viral infections.

5.5. Autoimmune Diseases

Autoimmune diseases occur when the immune system erroneously targets the body’s
own cells, causing a range of complications such as inflammation and tissue damage. Exam-
ples of common autoimmune diseases include systemic lupus erythematosus (SLE), type
1 diabetes, and multiple sclerosis [104]. As part of the immune system, the complement
system is a major player in the progression of several autoimmune diseases. However, its
involvement in autoimmunity presents a paradox. For example, C1qdeficient individuals
are at a higher risk of autoimmune diseases such as SLE and rheumatoid arthritis. De-
creases in C1q and formation of anti-C1q-antibodies are observed in patients with SLE [105].
C1q, part of the initiator complex C1 in the classical pathway, along with C1s, C1r, and C4
deficiency (all early complement components), have been associated with SLE [106,107].
Conversely, terminal complement components such as MAC have been implicated in
rheumatoid arthritis, glomerulonephritis, and dermatomyositis [106,108–113]. Early com-
plement components appear to be decreased or deficient in SLE, while later complement
constituents are present. This paradox may be explained by intracellular complement
activation such as C3 and C5 activation by CTSL independent of the canonical pathway,
allowing for the formation of MAC without early complement components.
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The link between mitochondrial DAMPs and autoimmune diseases is underscored
by the fact that the release of mitochondrial DAMPs prompts responses from the com-
plement system. For example, the presence of anti-cardiolipin antibodies, prompted
by the release of mitochondrial cardiolipin, is a hallmark of SLE and antiphospholipid
syndrome/APS [114–116]. Notably, the hypothesis that impaired mitochondrial quality
control is linked to C1q deficiency gains credence, given the vital role of C1q in the removal
of apoptotic cells and immune complexes [52]. Furthermore, C1q is known to activate
mitochondrial biogenesis genes and support the maintenance of memory T cells, suggesting
a cycle where C1q deficiency leads to mitochondrial dysfunction, which in turn exacerbates
immune responses in autoimmunity [50].

This vicious cycle ensues in different ways. Studies have found overproduction of
ROS in SLE, rheumatoid arthritis, and multiple sclerosis [117–122]. Perl et al. demonstrated
increased ROS generation, altered mitochondrial membrane potential, and depleted ATP
production in T cells of patients with SLE, indicative of mitochondrial dysfunction [123].
Additionally, Becker et al. reported the release of C1qBP from mitochondrial membranes
following mitochondrial damage, which can be targeted by anti-mitochondrial antibodies
in SLE [124]. This is important as C1qBP acts as a receptor for C1q and regulates many
critical processes such as ATP and ROS generation; thus, the release of C1qBP could
potentially lead to dysregulation of ATP and ROS, resulting in mitochondrial dysfunction
observed in SLE patients [51,125].

In addition, the presence of MAC in SLE in combination with research findings linking
MAC to disruptions in mitochondrial membrane potential suggests another important
connection between mitochondria and the complement system in autoimmunity [126].
Specifically, MAC is shown to increase calcium levels and reduce mitochondrial membrane
potential, leading to increased cytochrome c release and subsequent increase in NLRP3
inflammasome activation, IL-18 release, and apoptosis [126]. Although the current evi-
dence demonstrates promising links between mitochondrial dysfunction and complement
activation, there is a need for more extensive research.

5.6. Cancer

Cancer is an ever-growing concern globally, with lung, colorectal, and stomach cancers
being the top 3 leading causes of cancer-related deaths worldwide [126]. Cancer cells can
divide uncontrollably, evade apoptosis, escape immune detection, and even exploit the
immune system to their advantage [127].

T cells are important in cancer immunotherapy research. Notably, the complement
system plays a pivotal role in T-cell activation and homeostasis, acting as a mediator
bridging innate and adaptive immune responses. Specifically, C3 and C5, which are found
in T cells, are activated by a noncanonical protease, CTSL [6,128]. The resulting cleavage
fragments, such as C3a and C5a, bind to their respective receptors to regulate immune cell
functions [8,129]. Importantly, C3aR and C5aR are located on lysosomal and mitochondrial
membranes, contributing to cell homeostasis [9,40,45,46]. This suggests that intracellular
complement activity plays a significant role in cancer immune responses, affecting T-cell
activation directly or indirectly by potentially altering mitochondrial functions.

In addition to C3, other complement factors have been shown to regulate anti-
tumor immunity. For example, activation of complement regulator CD46 was demon-
strated to promote the assembly of lysosomal mTOR in T cells, inducing glycolysis and
OXPHOS in mitochondria, which are necessary for T-helper cell induction and IFN-β
production [10,130,131]. Through its complement regulatory functions, CD46 can also
inactivate C3b produced by T cells [6,10,132]. Collectively, these studies underscore a
feedback loop involving complement activation, alterations in mitochondrial activity, and
T-cell activation. A shift towards OXPHOS and glycolysis to support T-cell induction may
result in reduced ATP production, potentially impairing other crucial cellular functions.
Further research is needed to unravel the complex interplay between complement systems,
mitochondrial dynamics, and T-cell biology.
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Beyond the direct effects on anti-tumor immunity, oncogenic cells may induce mito-
chondrial damage and complement activation through mitochondrial-derived DAMPs. For
example, cytochrome c, a mitochondrial DAMP, has been found to be released in breast can-
cer cells, leading to the induction of immune responses and apoptosis [133,134]. Increased
ROS production and mtDNA release have also been observed in cancer cells [135–137].
Moreover, C5a has been found to activate ROS-generating NADPH oxidases, resulting
in a feedback loop [138–140]. Additionally, ROS can induce inflammatory signaling and
immune responses, specifically increasing the expression of complement genes [141].

Heat shock proteins (HSPs) also play a role in mitochondrial function and modulating
complement response. Mitochondrial HSP70 is expressed highly in tumor cells, and
mitochondrial HSP90 exhibits an inhibitory role in C5b-9 or MAC formation [142,143].
This highlights a potential therapeutic direction by targeting HSPs to reduce the immune
evasion capabilities of cancer cells.

6. Therapeutic Potential of Targeting Mitochondria and Complement System in
Disease Intervention

Mitochondria and the complement system, while established fields of study indi-
vidually, are understudied areas for therapeutic potential due to the complexity of their
interactions and lack of understanding of their connections. The bidirectional nature of this
interaction should be noted as a promising avenue for therapeutic intervention. Targeting
mitochondria can impact corresponding complement responses, especially through regula-
tion of mitochondrial DAMPs as discussed above, whilst targeting the complement system
can both directly and indirectly regulate mitochondrial dysfunction. Currently available
drugs, such as eculizumab and pozelimab, target the complement system by inhibiting C5
cleavage [144,145]. Eculizumab has been shown to effectively treat paroxysmal nocturnal
hemoglobinuria/PNH and CHAPLE disease, both characterized by a deficiency of neg-
ative regulators of complement activation [144,145]. Moreover, C1q presents a potential
therapeutic target to address complement–mitochondria interactions in disease progres-
sion. For example, the binding of C1q to mitochondrial C1qBP enhanced the expression
of mitochondrial biogenesis genes [50]. Drugs targeting C1q, such as C1q inhibitors and
anti-C1q antibodies, are currently in the early stages of development [146]. However,
further studies are needed to investigate the effect of complement-targeting drugs on
mitochondrial function to explore the potential in treating mitochondrial disease, which
has limited treatments available.

For interventions directly targeting mitochondria, one of the only existing drugs
is antioxidant target ROS to mitigate mitochondrial damage [2]. Studies have shown
that antioxidants can restore complement-mediated damage. For example, in cerebral
ischemia, antioxidant treatment suppresses C3, reducing neurological damage and infarct
volume [147]. Additionally, HSPs represent promising targets, particularly in cancer,
where mitochondrial dysfunction and complement dysregulation converge. Particularly,
inhibiting HSPs, including mitochondria-localized proteins in the HSP family, leads to
strong anti-cancer activity [148]. Increased cytotoxicity of HSP inhibitors may be due
to increased complement-mediated cytotoxicity, as HSPs were shown to inhibit MAC
formation in cancer cells [143]. Furthermore, modulating CD46 activity in T cells may
rescue anti-tumor T-cell responses, which, in combination with other therapeutics, may
prove effective in destroying cancer cells [149]. Moreover, targeting specific complement
receptors such as C3aR and C5aR holds the potential to modulate inflammatory processes
across various diseases. For example, blockade of C5aR improves anti-tumor effects
of T cells [150]. However, the efficacy of complement-targeting cancer therapy needs
further investigation.

In conclusion, the intersection of mitochondria and the complement system presents a
rich landscape for therapeutic innovation. The targeting of multiple components within
the complement–mitochondria interaction may yield synergistic effects and overcome the
limitations of individual therapies.
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7. Conclusions

Proven by various studies across different diseases, the complement system and mito-
chondria are indeed intricately linked. Both systems respond to stress, whereby the release of
mitochondrial DAMPs due to stress and physical membrane damage can trigger activation
of the complement system. Beyond mitochondrial DAMP signaling, the interaction also in-
cludes T-cell activation, direct binding of complement proteins to mitochondrial proteins, and
modulation of mitochondrial processes by complement proteins. Furthermore, mitochondrial
functions may rely on other essential organelles. These synergistic mechanisms between
organelles and the mitochondria–complement system interactions need further research. This
bidirectional interplay creates a cycle between the complement system and mitochondria, yet
further studies of these interactions may help uncover novel avenues for therapeutic research
and identify potential targets for the treatment of various diseases.
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MAC Membrane attack complex
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MAVS Mitochondrial antiviral signaling
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AMD Age-related macular degeneration
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