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Preface

Microorganisms play a pivotal role in sustaining life on Earth, not least through their remarkable

capacity to mediate the biodegradation of complex organic compounds. Through diverse metabolic

pathways, microbial communities transform pollutants into simpler, less harmful substances, thereby

contributing significantly to the maintenance of environmental balance. In recent decades, these

processes have gained increasing attention as sustainable and cost-effective approaches to address

pressing environmental challenges.

Biodegradation, driven by microbial metabolism, has emerged as a key mechanism in

environmental remediation, enabling the detoxification of contaminants such as hydrocarbons,

industrial chemicals, and agricultural residues. These natural processes not only support

ecosystem recovery but also help to safeguard human health. At the same time, the scope of

microbial metabolism extends far beyond remediation, encompassing critical applications in waste

management, bioenergy production, pharmaceuticals, biotechnology, and agriculture.

As global environmental concerns intensify, there is a growing need to deepen our

understanding of microbial metabolic networks and to harness their potential in innovative and

scalable ways. Advances in molecular biology, systems biology, and bioengineering are opening new

avenues to explore, optimize, and apply microbial functions for sustainable development.

This Special Issue brings together contributions that reflect the latest progress in the study and

application of microbial metabolism, with particular emphasis on biodegradation and its broader

implications. By integrating fundamental insights with applied research, the Special Issue aims to

inspire new strategies for leveraging microbial processes in addressing environmental and societal

challenges.

Ronnie Lubbers

Guest Editor
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Review

Lignin-Degrading Enzymes and the Potential of Pseudomonas
putida as a Cell Factory for Lignin Degradation and Valorization

Qing Zhou, Annabel Fransen and Han de Winde *

Department of Molecular Biotechnology, Institute for Biology, Leiden University, 2333 BE Leiden,
The Netherlands; q.zhou@biology.leidenuniv.nl (Q.Z.); fransenannabel@gmail.com (A.F.)
* Correspondence: j.h.de.winde@biology.leidenuniv.nl

Abstract: Efficient utilization of lignin, a complex polymer in plant cell walls, is one of the
key strategies for developing a green and sustainable bioeconomy. However, bioconver-
sion of lignin poses a significant challenge due to its recalcitrant nature. Microorganisms,
particularly fungi and bacteria, play a crucial role in lignin biodegradation, using vari-
ous enzymatic pathways. Among bacteria, Pseudomonas putida is considered a promising
host for lignin degradation and valorization, due to its robust and flexible metabolism
and its tolerance to many noxious and toxic compounds. This review explores the var-
ious mechanisms of lignin breakdown by microorganisms, with a focus on P. putida’s
metabolic versatility and genetic engineering potential. By leveraging advanced genetic
tools and metabolic pathway optimization, P. putida can be engineered to efficiently convert
lignin into valuable bioproducts, offering sustainable solutions for lignin valorization in
industrial applications.

Keywords: lignin degradation; fungi; bacteria; enzyme; pseudomonas putida

1. Introduction

Lignocellulose, composed of intertwined cellulose, hemicellulose, and lignin, is the
most abundant renewable material on the Earth [1,2]. Lignin represents a class of complex
and rigid organic polymers that form important structural and strengthening support in
vascular plants and algae tissues. Lignin is the second most abundant terrestrial polymer
on Earth after cellulose. Because of its stability and high recalcitrance, lignin has long been
regarded as an industrial byproduct in pulp and paper waste, agricultural residues, and
other hydrolytic industries [3,4].

The complex aromatic polymer is synthesized in plants mainly from three basic
building blocks: p-coumaryl alcohol, coniferyl alcohol, and sinapyl alcohol. Consequently,
the complex heterogenic polymeric lignin network mainly consists of three recognizable
basic units: p-hydroxyphenyl (H), guaiacyl (G), and syringyl (S) moieties [5]. Gymnosperms
(softwood, i.e., conifer, pine, cedar, spruce, etc.) mostly contain guaiacyl-based lignin (G),
whereas dicotyledonous plants (legumes, beans, sunflower, tomato, etc.) mainly contain
guaiacyl-syringyl-based lilac lignin (G-S), and monocotyledonous plants (maize, wheat,
rice, cane, etc.) mainly contain guaiacyl-syringyl-hydroxyphenyl-based lilac lignin (G-S-
H) [6] (Figure 1). Lignin polymerization in plants occurs via the formation of oxidative
radicals of these structural units, followed by combinatorial radical coupling [7]. Among
the variety of linkages, the β-O-4 bond is the most prominent one (40–50%), followed by
β-β, β-5, 5-5, 5-O-4, and α-O-4 linkages [8–11] (for details, see Figure 1).

Microorganisms 2025, 13, 935 https://doi.org/10.3390/microorganisms13040935
1



Microorganisms 2025, 13, 935

 
Figure 1. A structural representation of the complex lignin polymeric network (adapted from [5,7]).
The three basic units constituting lignin are p-coumaryl alcohol (blue), coniferyl alcohol (green), and
sinapyl alcohol (red). These monomeric alcohols are linked to form lignin mainly by the following
linkages: β-O-4 (β-aryl ether) linkages, β-β (resinol), β-5 (phenylcoumaran), 5-5 (biphenyl), and 4-O-5
(biphenylether) bonds.

With the advent in recent years of biorefineries, millions of tons of lignin are available
annually as a side product of industrial lignocellulose hydrolysis and utilization [12]. In the
pulp and paper industry alone, around 100 million tons of lignin are becoming available
as valuable but limited-use feedstock [13,14]. Cellulose and hemicellulose fractions are
readily used as feedstock in subsequent biorefinery and fermentation scale-ups for the
biotechnological production of various biofuels and biochemicals. In contrast, most lignin
cannot be utilized efficiently. The utilization of lignin still largely resides in heat and energy
production through combustion and the implementation of raw lignin in the production
of glues, resins, and asphalt [15–17]. The global lignin market size was estimated at USD
1.08 billion in 2023 and is expected to grow at a compound annual growth rate (CAGR)
of 4.5% from 2024 to 2030 [18]. Consequently, a more efficient and valuable utilization of
lignin has recently gained growing interest.

Lignin degradation is important for the recycling and valorization of plant biomass
and plays a crucial role in carbon cycling and nutrient cycling in ecosystems. The first
and most important step in the valorization of lignin is the efficient decomposition and
depolymerization of the complex and recalcitrant polymer. The chemical decomposition
of lignin has been described [19–21]; however, it yields a complex and toxic mixture with
a difficult-to-define composition. Such chemical hydrolysates are not very useful in sub-
sequent added-value utilization [22]. The Organosolv process, effectively reducing lignin
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molar mass and heterogeneity was recently published as an interesting example [23–25].
However, obtained fractions still contain relatively undefined lignin polymers. Combined
and integrated chemical and biochemical approaches may be much more favorable [26].
Biological decomposition by microorganisms may provide a promising route toward added-
value utilization of lignin. Microbial enzymes may specifically target lignin for efficient
degradation into aromatic monomers and oligomers. These can subsequently be converted
into valuable biochemicals through microbial metabolic pathways, providing a sustainable
route for lignin utilization in biotechnology.

White-rot fungi have been known for several decades to naturally degrade lignin,
whereas brown-rot fungi are only capable of modifying the lignin network to a limited
extent [27,28]. These microbes produce oxidative enzymes like laccases and various types
of peroxidases, which play a significant role in the aspecific breakdown of lignin [29–31].
In addition, many bacteria have been reported to degrade lignin. Moreover, bacterial lignin
degradation involves enzymatic cleavage that is geared toward specific lignin linkages, sug-
gesting a targeted approach to lignin breakdown [30]. In this critical review, we summarize
and discuss the current knowledge and understanding of lignin-degrading microorganisms,
their enzymes, reported to be active in lignin degradation, as well as aspects of proposed
catalytic mechanisms. Despite the large volume of literature on microbial lignin degrada-
tion existing to date, relatively little insight has been gained on enzyme specificity and
catalytic mechanisms operating to yield defined degradation products. We propose and
discuss the potential of the robust soil bacterium Pseudomonas putida as a suitable host and
cell factory for industrial lignin valorization, genetic and enzyme engineering strategies to
enhance the synthesis of value-added bioproducts derived from lignin, and subsequent
industrial applications of these bioproducts.

2. Microbial Degradation of Lignin

2.1. Lignin Degradation by Fungi

Various pioneering studies have identified fungi as effective lignin-degrading microor-
ganisms, secreting a variety of non-specific but relatively efficient lignin-decomposing
enzymes. Typical fungi implicated with lignin degradation are listed in Table 1.

White-rot fungi are commonly associated with hardwood and are renowned for their
high potency to degrade lignin [32]. Lignin degradation by white-rot fungi leads to the
bleaching of wood, exposing cellulose and hemicellulose fibers. This degradation enables
more efficient enzymatic hydrolysis of polysaccharides, facilitating the subsequent conver-
sion of these fibers into fermentable sugars for bioethanol production [33]. This selective
degradation makes white-rot fungi interesting for many biotechnological applications since
they remove lignin and leave the valuable cellulose intact.

Brown-rot fungi typically grow on softwoods and constitute only 7% of wood-rotting
basidiomycetes [34]. In contrast to white-rot fungi, they preferentially hydrolyze the
cellulose component of lignocellulose while only partially oxidizing lignin. This involves
Fenton oxidation chemistry, during which hydroxyl radicals are produced that may partly
be independent of specific enzyme activity [35].

In 1984, the white-rot fungus Phanerochaete chrysosporium, was found to produce an
extracellular lignin-degrading enzyme, an oxygenase, which catalyzes several oxidations
in the alkyl side chains of lignin-related compounds [36]. Subsequently, Phlebia radiata
was reported to degrade lignin, and three peroxidases and one laccase were purified
and characterized from this fungus. These enzymes were shown to modify kraft lignin
and phenolic compounds containing hydroxyl and methoxy groups [37]. In addition,
Pleurotus eryngii was shown to remove lignin from cereal straw [38], and two isoenzymes of
manganese peroxidase were purified from this fungus [39]. Several other white-rot fungi
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have been reported to degrade different types of lignin. The white-rot fungus Trametes
hirsuta has been shown to secrete several laccases and peroxidases to degrade kraft lignin.
The decrease in kraft lignin molecular weight is clearly correlated with the activities of
these enzymes [40]. Trametes versicolor [41] and Pycnoporus cinnabarius operated through
laccase as the major phenoloxidase [42].

Table 1. Lignin degradation by fungi: overview of strains, sources, and references. This table
summarizes various fungi species known for their lignin-degrading capabilities. It includes the
specific strains studied, the lignin sources they were tested on, the year of publication, and the
corresponding references.

Microorganism Strain Lignin Source Year Ref.

White-Rot Fungi Phanerochaete chrysosporium
BKM-1767 Lignin model compounds 1984 [36]

White-Rot Fungi Phlebia radiata Kraft lignin 1988 [37]
White-Rot Fungi Pleurotus eryngii Cereal straw 1994 [38]
White-Rot Fungi Trametes versicolor Kraft lignin 1995 [41]
White-Rot Fungi Pycnoporus cinnabarius Pine wood 1996 [42]
White-Rot Fungi Ceriporiopsis subvermispora Pinus taeda Wood chips 2004 [43]
White-Rot Fungi Ganoderma lucidum IBL-06 Lignocellulosic substrates 2010 [44]
White-Rot Fungi Phlebia sp. MG-60 Oak wood 2012 [45]
White-Rot Fungi Dichomytus squalens Wheat straw Lignin 2013 [46]
White-Rot Fungi Pleurotus ostreatus Palm midrib 2018 [47]
White-Rot Fungi Trametes hirsuta Kraft lignin 2021 [40]

Brown-Rot Fungi Gloeophyllum trabeum
(Lenzites trabea) (Pers. ex Fr.) 83 Lignin model compounds 2008 [48]

Brown-Rot Fungi Postia placenta MAD-698-R Aspen
(Modification of Lignin) 2009 [49]

Brown-Rot Fungi Fomitopsis pinicola Wheat straw
Lignin 2013 [46]

Soft-Rot Fungi Aspergillus fumigatus Kraft lignin 1986 [50]

Soft-Rot Fungi Podospora anserina Wheat straw
Lignin 2020 [51]

Fungi Aspergillus sp. Alkali lignin 2011 [52]

For the brown-rot fungus Gloeophyllum trabeum, a lignin degradation redox cycling
process was proposed, involving two extracellularly produced quinones that reduce Fe3+

to Fe2+ [34]. This was supported by research on Postia placenta indicating up-regulation
of genes associated with iron acquisition [53]. These Fe3+-reducing compounds play
an important role since their low molecular weight enables them to access the cell wall
structure in wood and initiate decay so that the larger lignin-degrading enzymes can
access and act upon lignin [30]. Release of 14CO2 was observed when Gloeophyllum trabeum
and Postia placenta were cultured with a non-phenolic, (O14CH3)-labeled lignin β-O-4
dimer model compound. Hence, these brown-rot fungi may produce enzymes that may
specifically cleave the β-O-4 linkage in lignin (see Figure 1).

Apart from white-rot and brown-rot fungi, soft-rot fungi, such as Aspergillus flavus,
Aspergillus fumigatus, and Aspergillus sp. LPB5, generally demonstrate only limited lignin
degradation abilities and tend to be less efficient than other fungi proficient in lignin
degradation [54]. However, Aspergillus fumigatus was reported to degrade kraft lignin
through demethoxylation and dehydroxylation five times better compared to the white-rot
fungus C. versicolor [50]. Moreover, the ascomycete Podospora anserina could cause 24%
(w/w) of substantial lignin removal during the 7 days of growth [51], unambiguously
confirming its ligninolytic activity.
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2.2. Lignin Degradation by Bacteria

Several species of bacteria have been described to possess enzymes that can degrade
lignin (Table 2). The following describes important examples of reported lignin-degrading
bacterial species.

• Rhodococcus spp.

Certain strains of Rhodococcus bacteria, such as Rhodococcus jostii RHA1 [55], are known
for their lignin-degrading capacity. R. jostii RHA1 degrades lignin in lignocellulose as
well as kraft lignin to a low-molecular-weight phenolic byproduct, as monitored by spec-
trophotometric assays [55]. R. jostii RHA1 encodes two putative so-called dye-decolorizing
peroxidases, or DyP peroxidases (see below for description of enzymes). One was charac-
terized as lignin peroxidase DypB, active in lignin breakdown [56]. A genetically modified
R. jostii RHA1 was able to produce 330 mg/L 2,4-PDCA (pyridine-dicarboxylic acid) in 40 h
from 1% wheat straw lignocellulose, corresponding to a conversion yield of approximately
16% of the available lignin fraction [57]. Rhodococcus pyridinivorans CCZU-B16 [58], isolated
from soil, could under optimized conditions degrade 30.2% of alkali lignin (4 g/L) in 72 h.

• Bacillus spp.

Bacteria of the genus Bacillus isolated from pulp and paper mill effluent exhibited the
potential to degrade lignin [59]. For example, Bacillus altitudinis SL7 reduced lignin content
by 44% when grown with alkali lignin [60]. Bacillus pumilus LSSC3 and Bacillus atrophaeus
CL29 exhibited high oxidative laccase activity in kraft lignin degradation, measured by the
oxidation of the lignin model compound guaiacol [61]. Bacillus flexus RMWW II showed
lignin degradation by 20% at a lignin concentration of 400 mg L−1 [62]. Bacillus ligniniphilus
L1 can utilize alkaline lignin as a sole carbon source, producing 15 types of aromatic
compounds as identified via GC-MS analysis [63]. Transcriptomic data indicate at least
four pathways putatively involved in lignin degradation and metabolization of breakdown
products, including the Gentisate pathway, Benzoic acid pathway, and β-ketoadipate
pathway. Bacillus sp. (CS-1 and CS-2) can degrade alkali lignin with high laccase activities
detected in crude enzyme extracts [64]. Nevertheless, the specific lignin-degrading enzymes
remain to be characterized.

• Pseudomonas spp.

Several Pseudomonas strains, including Pseudomonas putida and Pseudomonas fluorescens,
have been found to possess lignin-degrading enzymes. These bacteria are often investigated
for their applications in bioremediation and lignocellulosic biomass conversion. P. putida
A514 was able to grow with alkali-insoluble lignin as the sole carbon source [65]. Recently,
P. putida NX-1, isolated from leaf mold samples, could grow on kraft lignin and was
engineered for PHA production [66,67]. Genome analysis of P. putida NX-1 revealed
putative enzymes involved in lignin decomposition, including dyp-type peroxidases,
versatile peroxidases, manganese peroxidases, and laccases. However, their functions and
contributions to lignin decomposition have not yet been experimentally characterized. The
ability to catabolize a wide range of natural aromatinds [68,69] indicates that P. putida
KT2440 holds potential to be an excellent host for lignin degradation. P. putida KT2440
could utilize alkaline pretreated liquor (APL), primarily composed of lignin, to produce mcl-
PHA in relatively good yield under nitrogen depletion [22]. Furthermore, outer membrane
vesicles (OMVs) from P. putida KT2440 have been implicated in the biodegradation of lignin-
derived aromatic compounds [68,69]. The copper-dependent oxidase CopA from P. putida
KT2440 was shown to be involved in extracellular lignin oxidation [70]. Moreover, P. putida
was recently shown to produce cis,cis-muconic acid from PCA, which is an intermediate
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product of lignin degradation [71,72]. Hence, P. putida appears highly promising as a
biotechnology host strain to produce valuable compounds from lignin [73].

• Streptomyces spp.

Several actinobacterial species, such as members of the Streptomyces genus, have shown
lignin-degrading potential. Streptomyces viridosporus T7A is an example of an actinobac-
terium with ligninolytic activity [74]. Streptomyces spp. F-6 and Streptomyces spp. F-7
can remove around 38% of lignin, after 12 days of culture [75]. Recently, Streptomyces
thermocarboxydus DF3-3 was isolated for alkali lignin degradation [76], secreting ligni-
nolytic enzymes, such as manganese peroxidase, laccase, and specific small laccases [77].
For this species, a total of seven lignin-based derivatives metabolic pathways were pre-
dicted: the β-ketoadipate pathway and peripheral reactions; the gentisate pathway; the
anthranilate pathway; the homogentisic pathway; the catabolic pathway for resorcinol; the
phenylacetate–CoA pathway; and the 2,3-dihydroxyphenylpropionic acid pathway [76].
Streptomyces sp. S6 isolated from a decaying oil palm empty fruit bunch can grow on kraft
lignin as the sole carbon source. After 7 days of incubation with Streptomyces sp. S6, the
loss of the molecular weight of kraft lignin was up to 55.3% [78].

• Sphingomonas spp.

Sphingomonas species, and more specifically Sphingomonas paucimobilis SYK-6, have
been shown to degrade lignin-related aromatic model compounds [79]. These bacteria
are known for their ability to break down various lignin-related structures. SYK-6 was
the first bacterium shown to harbor several functional lignin-degrading enzymatic routes,
involving glutathione peroxidases and etherases (see below).

• Other Proteobacteria

Proteobacteria like Pandoraea sp., Enterobacter, or Ochrobactrum have been confirmed
can utilize lignin or lignin model compounds. Pandoraea sp. B-6 secreted extracellular
ligninolytic enzymes to degrade kraft lignin [80]. The low-molecular-weight compounds of
kraft lignin were detected by GC-MS. Proteomics suggested Enterobacter lignolyticus SCF1
was able to use lignin in both assimilatory and dissimilatory pathways [81]. Ochrobactrum
was first reported to depolymerize and utilize lignin in 2018 [58].

Table 2. Lignin degradation by bacteria: overview of strains, sources, and references. This table
summarizes various species of bacteria known for their lignin-degrading capabilities. It includes
the specific strains studied, the lignin sources they were tested on, the year of publication, and the
corresponding references.

Microorganism Strain Lignin Source Year Ref.

Actinobacteria Rhodococcus jostii RHA1 Kraft lignin 2011 [56]
Rhodococcus erythropolis Alkali lignin 2012 [82]
Rhodococcus opacus DSM 1069 Lignin 2013 [83]
Rhodococcus opacus PD630 Alkali Corn Stover Lignin 2017 [84]
Rhodococcus pyridinivorans CCZU-B16 Alkali lignin 2018 [58]

Amycolatopsis sp. 75iv2 Acid-precipitable, polyphenolic,
polymeric lignin (APPL) 2011 [85]

Streptomyces viridosporus T7A APPL 1983 [74]
Streptomyces spp. F-6 Alkali lignin 2012 [75]
Streptomyces spp. F-7 Alkali lignin 2012 [75]
Streptomyces coelicolor A3(2) Lignin model compounds 2014 [86]
Streptomyces sp. S6 Kraft lignin 2020 [78]
Streptomyces thermocarboxydus DF3-3 Alkali lignin 2022 [76]
Micromonospora sp. Kenaf 2014 [87]
Thermobifida fusca YX Untreated biomass 2011 [88]
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Table 2. Cont.

Microorganism Strain Lignin Source Year Ref.

Anaerobic
Microorganisms Clostridium thermocellum Populus Lignin 2017 [89]

Brevibacillus Brevibacillus thermoruber Lignin 2021 [90]
Caldicellulosiruptor bescii DSM 6725 Untreated switchgrass 2013 [91]

Bacteroidetes Sphingobacterium sp. HY-H Sodium lignosulfonate 2013 [92]

Sphingobacterium sp. T2 Wheat straw Organosolv lignin,
alkali kraft lignin 2015 [93]

Sphingomonas paucimobilis SYK-6 dimeric lignin compounds 1999 [79]
Proteobacteria Citrobacter sp. (HQ873619) Black liquor 2011 [94]

Citrobacter sp. (FJ581023) Black liquor 2011 [95]
Citrobacter freundii (FJ581026) Black liquor 2011 [95]
Comamonas sp. B-9 Kraft lignin 2012 [96]
Comamonas testosterone KF-1 Lignin-associated monomers 2023 [97]
Klebsiella pneumoniae (GU193983) Black liquor 2011 [94]
Klebsiella pneumoniae NX-1 Kraft lignin 2018 [66]
Pseudomonas aeruginosa (DSMZ 03504) Pulp mill effluents 2010 [98]
Pseudochrobactrum glaciale Pulp paper mill effluent 2012 [99]
Pantoea sp. Pulp paper mill effluent 2012 [99]
Pseudomonas putida KT2440 Alkaline pretreated liquor 2014 [22]
Pseudomonas plecoglossicida ETLB-3 Black liquor 2015 [100]
Pseudomonas putida A514 Alkali lignin 2016 [65]
Pseudomonas strain Alkaline insoluble lignin 2016 [65]
Pseudomonas sp. Q18 Alkali lignin 2018 [101]
Pseudomonas putida NX-1 Kraft lignin 2018 [66]
Pseudomonas strain Hu109A Lignin 2023 [102]
Pandoraea sp. B-6 Kraft lignin 2013 [80]
Enterobacter soil sp. nov. Alkali lignin 2011 [103]
Enterobacter lignolyticus SCF1 Alkali lignin 2013 [81]
Ochrobactrum pseudogrignonense Nitrated lignin 2012 [82]
Ochrobactrum rhizosphaerae Nitrated lignin 2012 [82]
Ochrobactrum tritici NX-1 Kraft lignin 2018 [66]
Serratia marcescens (GU193982) Black liquor 2011 [94]
Serratia liquefaciens Pulp paper mill effluent 2012 [99]
Serratia liquefaciens LD-5 Pulp paper mill effluent 2016 [104]

Firmicutes Aneurinibacillus aneurinilyticus
(AY856831) Kraft lignin 2007 [59]

Bacillus sp. (AY952465) Kraft lignin 2007 [59]
Bacillus sp. (accession no. AY 952465) Kraft lignin 2007 [105]
Bacillus cereus (DQ002384) Kraft lignin 2008 [106]
Bacillus atrophaeus LSSC3 Kraft lignin 2013 [61]
Bacillus pumilus CL29 Kraft lignin 2013 [61]
Bacillus sp. (CS-1 and CS-2) Alkali lignin 2014 [64]
Bacillus megaterium ETLB-1 Black liquor 2015 [100]
Bacillus ligniniphilus L1 Alkali lignin 2017 [107]
Bacillus endophyticus Lignin 2016 [108]
Bacillus subtilis Lignin 2016 [108]
Bacillus flexus RMWW II Alkali lignin 2019 [62]
Bacillus altitudinis SL7 Purified synthetic alkali lignin 2021 [60]
Paenibacillus sp. (AY952466) Kraft lignin 2008 [106]
Paenibacillus glucanolyticus SLM1 Biochoice lignin 2016 [109]
Paenibacillus glucanolyticus 5162 Biochoice lignin 2016 [109]
Paenibacillus sp. strain LD1 Kraft lignin 2014 [110]
Planococcus sp. TRC1 Lignin 2019 [111]

Extremophile
bacteria Arthrobacter sp. C2 Sodium lignin sulfonate 2022 [112]
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3. Enzymes for Lignin Depolymerization

Several successful examples of P. putida converting lignin-derived compounds into
valuable products have been reported [113]. However, despite these promising findings,
achieving conversion starting from intact lignin remains challenging. Lignin degradation
is a complex process that requires multiple enzymes and pathways. Many research efforts
have been employed, trying to uncover the intricacies of these processes. These have
yielded insights into fungal and bacterial enzymes with activity toward lignin degradation,
with various bacterial enzymes putatively operating with higher specificity toward different
lignin-specific linkages.

The initial and crucial step to effectively degrade lignin is to attack and depoly-
merize the complex lignin polymeric network into smaller phenoxy radical intermedi-
ates [114]. This step can be facilitated by external oxidoreductases, including laccase
(Lac, EC 1.10.3.2), lignin peroxidase (LiP, EC 1.11.1.14), manganese peroxidase (MnP, EC
1.11.1.13), dye-decolorizing peroxidases (Dyp, EC 1.11.1.19), and versatile peroxidase
(VP, EC 1.11.1.16) [115]. Typical enzymes capable of cleaving specific lignin linkages are
summarized in Table 3. These enzymes have been extensively studied for their activity,
however, almost exclusively on lignin model compounds [11]. They are known to target
various linkages that occur within the lignin structure. These enzymes exhibit different
substrate specificities and mechanisms of action; however, in most cases, their precise role
in bioconversion of the lignin polymeric network remains elusive.

Table 3. Enzymes capable of cleaving specific lignin linkages. This table summarizes the types
of enzymes involved in cleaving specific lignin linkages, their classification, their names, their
source strains, the substrates utilized, and the relevant references. The enzymes listed are crucial for
understanding the biochemical pathways of lignin degradation and highlight the diverse microbial
sources capable of lignin bioconversion.

Linkage
Type of
Enzyme

Name Strains Source
Substrate
Intracellular

Location Refs.

β-O-4

β-Etherase LigE; LigF
Sphingobium sp. SYK-6;
Novosphingobium sp.
strain PP1Y

1-(4-hydroxy-3-methoxyphenyl)-2-(2-
methoxyphenoxy)-1,3-propanediol Intracellular [5,116]

Ds-GST1 Dichomitus squalens
LYAD-421 SS1

dimeric lignin model compound
contains β-O-4 aryl ether bond Intracellular [117]

laccase-like
multicopper
oxidases

CopA

Pseudomonas putida
KT2440;
Pseudomonas fluorescens
Pf-5

guaiacylglycerol-β-guaiacyl ether
(GGE) Secreted [70]

Dye-decolorizing
peroxidase Rh_DypB Rhodococcus jostii RHA1 GGE Secreted [118]

heme-containing
ligninolytic
peroxidase

Versatile
peroxidase Physisporinus vitreus guaiacylglycerol β-guaiacyl ether

(β-O-4 dimer) Secreted [119]

heme-containing
peroxidases

Manganese
peroxidase

Phanerochaete
chrysosporium

1-(3,5-dimethoxy-4-hydroxyphenyl)-2-
[4-(hydroxymethyl)-2-
methoxyphenoxy]-1,3-dihydro-
xypropane

Secreted [120]

Laccases Small laccase
(SLAC) Streptomyces LM-OH (a phenolic β-O-4 lignin

model compound) Secreted [86]

Laccase Bacillus ligniniphilus L1 alkaline lignin
and milled wood lignin Intracellular [121]

5-5 C-C hydrolase LigY Sphingomonas
paucimobilis SYK-6

2,2′-dihydroxy-3,3′-dimethoxy-5,5′-
dicarboxybiphenyl (DDVA) Intracellular [122–124]

heme-containing
ligninolytic
peroxidase

Versatile
peroxidase Physisporinus vitreus dehydrodivanillic alcohol (5-5′ dimer) Secreted [119]

laccase-like
multicopper
oxidases

CopA

Pseudomonas putida
KT2440;
Pseudomonas fluorescens
Pf-5

DDVA Secreted [70]
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Table 3. Cont.

Linkage
Type of
Enzyme

Name Strains Source
Substrate
Intracellular

Location Refs.

β-β phenol-oxidizing
enzymes Fusarium solani M-13-1 l-syringaresinol Secreted [125]

Other
bonds

oxygen
oxidoreductase Laccase Staphylococcus arlettae

S1-20 Secreted [126]

Lignin
peroxidase

Streptomyces viridosporus
T7A GGE Secreted [127]

Lignin
peroxidase Trametes versicolor IBL-04 veratryl alcohol Secreted [128]

3.1. The β-O-4 Bond

A number of enzymes are secreted by fungi and bacteria to degrade lignin or lignin-
derived compounds [129]; however, there is limited evidence regarding their ability to
cleave specific linkages within the complex lignin structure. Reported evidence for linkage
specificity mostly stems from studies with relatively simple model compounds for each
of the lignin linkages [11]. Among the various linkages present in lignin, 45–60% of the
total linkages are β-O-4 aryl ether bonds [130]. Cleaving this bond presents an essential
step in the efficient use of lignin. Hence, enzymes that can cleave β-O-4 aryl-ether bonds
are highly interesting for application in lignin valorization.

3.1.1. Fungal Lignin Depolymerization Enzymes

• Lignin Peroxidases (LiPs)

Lignin peroxidase, a monomeric heme-containing enzyme, was the first enzyme
found in P. chrysosporium that can degrade lignin [27,131]. Its proficiency lies in the effective
degradation of non-phenolic lignin units by catalyzing oxidative breakdown in the presence
of H2O2 [132]. Therefore, it can catalyze the cleavage of β-O-4 ether bonds and Cα-Cβ

linkages. LiPs are considered strong biocatalyst in the bioremediation of lignin and are
represented in Phanaerochaete chrysosporium, Trametes versicolor, Phanaerochaete sordida, and
Phlebia radiata.

• Laccases

Laccases are widely found in plants, insects, fungi, and bacteria [133–135]. As
a copper-containing enzyme of the polyphenol oxidases group, laccase catalyzes the
oxidation of aromatic compounds, including phenols and phenolic derivatives during
lignin degradation. Oxidation of these phenolic compounds leads to the formation of
phenoxyl radicals, resulting in subsequent hydrolysis of C-C and β-aryl bonds in lignin’s
aromatic rings [33], yielding various products such as syringaldehyde, 1-(3,5-dimethoxy-4-
ethoxyphenyl)-2-hydroxyethanone, 1-(3,5-dimethoxy-4-ethoxyphenyl)-2-hydroxypropanal,
and 2,6-dimethoxy-p-benzoquinone. Laccases are present in various fungi species such
as Dichomitus squalens, Irpex lacteus, Lentinula edodes, Cerrena maxima, Trametes versicolor,
Pleurotus ostreatus, and Phanaerochaete chrysosporium [132]. Interestingly, Peniophora lycii
LE-BIN 2142 lacks ligninolytic peroxidases, which are typically considered key enzymes
in white-rot fungi. Instead, this species primarily relies on multiple laccase isozymes
and unique FAD-binding proteins, suggesting an alternative oxidative strategy for lignin
modification [136].

• Versatile Peroxidases (VPs)

Versatile Peroxidase, a heme-containing ligninolytic peroxidase, was first found in
white-rot fungi Pleurotus eryngii [137]. VPs have been characterized to have catalytic
functions of LiP, capable of oxidizing high redox potential substrates, combined with
MnP, which oxidizes Mn2+ to Mn3+, producing a diffusible oxidizing agent effective on
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low redox potential species. In the absence of mediators, they also oxidize azo-dyes and
other non-phenolic compounds with high redox potentials [138]. Different from MnPs
and LiPs, VPs have a wider range of substrates. Evidence shows that VPs could catalyze
β-O-4 lignin dimer to monomeric products [139]. Additionally, the VPs from Physisporinus
vitreus oxidized the β-O-4 dimer, guaiacylglycerol β-guaiacyl ether, by depolymerization
to a monomer or polymerization to a tetramer concurrently [119]. VPs are found in
Pleurotus, Bjerkandera sp., Panus, Calocybe, Trametes, Lepista, Dichomitous, and spongipelli
fungi species [33].

• Manganese Peroxidases (MnPs)

Mangenese Peroxidase catalyzes the oxidation of a non-phenolic aromatic ring
structure in lignin via oxidation of Mn2+ to Mn3+ as a redox mediator, leading to
structural cleavage [140]. MnP from Phanerochaete chrysosporium was found able to
cleave the β-O-4 of the phenolic lignin model dimer 1-(3,5-dimethoxy-4-hydroxyphenyl)-
2-[4-(hydroxymethyl)-2-methoxyphenoxy]-1,3-dihydro-xypropane [120,141]. MnP was
first discovered in P. chrysosporium but was also later detected in other Basidiomycota
species, including Panus tigrinus, Lenzites betulinus, Agaricus bisporus, Bjerkandera sp., and
Nematoloma frowardii [138].

• Dye-decolorizing Peroxidases (DyPs)

Lastly, dye-decolorizing peroxidases (DyPs) are evolutionarily not related to the
classical LME peroxidases (LiPs, MnPs, and VPs) but are a new class of heme-containing
peroxidases found in bacteria and fungi [33]. DyPs were first isolated in 1999 from the
basidiomycetous fungus Bjerkandera adusta [142]. Some ligninolytic activity was found in
Termitomyces albuminosus, Auricularia auricula-judae, and Irpex lacteus.

3.1.2. Bacterial Lignin Depolymerization Enzymes

In addition to harboring enzymes with characteristics comparable to fungal lignin-
degrading enzymes, bacteria also have different lignin degradation mechanisms and
enzymes. In the 1980s, Pseudomonas acidovorans had already been reported to degrade
a β-aryl ether model compound [143]. Nevertheless, as of today, the actual number of
functional bacterial enzymes well characterized in detail remains limited.

• β-Etherase

β-Etherase, belonging to the protein superfamily of glutathione-S-transferase (GST; EC
2.5.1.18), is the first bacterial gene reported to function specifically in lignin degradation in
Sphingobium sp. SYK-6 [144–146]. β-Etherases exist especially in microorganisms that spe-
cialize in decomposing lignin [147]. The β-O-4 aryl-ether bond degradation pathway in Sph-
ingobium sp. SYK-6 needs three steps, involving three enzymes: an NAD+-dependent Cα-
dehydrogenase (LigD, LigL), a β-Etherase (LigE, LigF), and LigG, a glutathione-dependent
lyase (LigG) [148,149]. First, LigD/LigL oxidizes the Cα in model substrates, like 1-(4-
hydroxy-3-methoxyphenyl)-2-(2-methoxyphenyl) propane-1,3-diol (GGE), under consump-
tion of NAD+. Only after this oxidation, LigE or LigF can cleave the Cβ ether bond, follow-
ing the SN2-type mechanism with high stereoselectivity. While LigE cleaves ether bonds in
substrates with (R)-configured β-carbon, resulting in the corresponding (S)-configured glu-
tathione adducts, LigF converts the corresponding (S)-substrate enantiomers [150]. Finally,
LigG catalyzes the thioether cleavage of the chiral glutathione adducts to produce oxidized
glutathione (GSSG) [151,152], as shown in Figure 2.

• Dye-decolorizing Peroxidases (DyPs)

Dyps, heme-containing peroxidases are regarded as important enzymes involved in
lignin degradation, since they can specifically cleave and degrade a list of such lignin
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model dye compounds [153]. Generally, peroxidase can catalyze the degradation reaction
of hydrogen peroxide, leading to the generation of reactive oxygen species, which in turn
participate in lignin degradation. Additionally, DyP enzymes also catalyze the oxidation
of β-O-4 linkages, converting veratrylglycerol-β-guaiacyl ether into veratryl aldehyde
and cleaving guaiacylglycerol-β-guaiacyl ether [154,155]. The DypB from Rhodococcus
jostii RHA1 was the first bacterial lignin-degrading enzyme that has been characterized,
which is capable of oxidizing polymeric lignin and lignin model compounds [56]. Novel
research also found that Dyp1B from Pseudomonas fluorescens plays a significant role in
lignin degradation [156].

 

Figure 2. Pathways for the cleavage of β-O-4 bond by β-Etherase in Sphingobium sp. SYK-6 (adapted
from [34]).

• Laccase-like multicopper oxidases (LMCOs)

Laccase-like multicopper oxidases (LMCOs) are a diverse group of oxidoreductases
found in bacteria, fungi, and plants [157]. CopA is a member of LMCOs or pseudo-
laccases [158,159]. CopA enzymes from P. putida KT2440 and P. fluorescens Pf-5 catalyze the
oxidization of the lignin model compound GGE (see above, Figure 2) and 2,2′-dihydroxy-
3,3′-dimethoxy-5,5′-dicarboxybiphenyl (DDVA, see blew, Figure 3), producing oxidized
dimerized products [70,160].

 

Figure 3. Pathways for the structural cleavage of biphenyl moieties in Sphingobium sp. SYK-6 (adapted
from [34]).

• Laccases

Laccase plays a crucial role in lignin biodepolymerization, but the reaction mechanism
in bacteria remains incompletely elucidated.
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Among bacterial laccases, small laccases (SLACs) are a type of laccase enzyme charac-
terized by their smaller molecular size compared to traditional laccases [161]. The SLAC
from Streptomyces can degrade a phenolic β-O-4 lignin model compound (LM-OH) [86].
Furthermore, SLAC variants have been functionally expressed in Aspergillus niger and are
active in lignocellulose degradation [77].

The laccase from Bacillus ligniniphilus L1 was found to promote lignin degradation
by oxidizing phenolic and non-phenolic structures in lignin [121]. In addition, this study
highlights its potential role in cleaving key interunit linkages in lignin, including β-O-4,
β-5, β-β, 4-O-5, and 5-5.

3.1.3. 5-5 Bond (Biphenyl Bond)

The proportion of 5-5 bonds in lignin is around 10% in softwood and 5% in hard-
wood [162]. Remarkably, it has been demonstrated that the cleavage of the biphenyl linkage
plays a pivotal role in facilitating lignin degradation.

Amongst fungi, the versatile peroxidases (VPs) in Physisporinus vitreus, were also
observed to cleave the 5-5 bond of dehydrodivanillic alcohol (5-5′ dimer) in vitro for the
first time [119].

The bacterial biphenyl degradation pathway was also found in Sphingobium sp. SYK-
6 by growing on 2,2′-dihydroxy-3,3′-dimethoxy-5,5′-dicarboxybiphenyl (DDVA) [163].
In the mechanism of degrading DDVA, four enzymes are involved: LigX (a non-heme
iron-dependent demethylase), LigZ (an extradiol dioxygenase), LigY (a C-C hydrolase),
and LigW/LigW2 (decarboxylases) [122–124]. In the catalytic progression of DDVA, the
enzyme LigX catalyzes the elimination of a methoxy group, resulting in the formation of
a hydroxyl group. Subsequently, the product generated by LigX serves as a substrate for
oxidative meta-cleavage, facilitated by LigZ. Following this, LigY transforms the ring fission
product into 4-carboxy-2-hydroxypentadienoic acid and 5-carboxyvanillic acid (5CVA).
This sequence culminates with the participation of LigW and LigW2, which convert 5CVA
into the pivotal metabolic intermediate, vanillic acid or vanillate, essential for the synthesis
of various bioproducts, as shown in Figure 3.

3.1.4. β-β Bond (Resinol Bond)

The breakdown of the pinoresinol lignin model compound has also been studied in
Fusarium solani M-13-1 and S. paucimobilis SYK-6 [124,125]. The catabolic pathways for both
heterocyclic lignin components appear to involve alpha-hydroxylation as an initial step.
However, enzymes that participate in the reactions have not been characterized clearly.
Until 2018, the isolation of the highly efficient (+)-pinoresinol-mineralizing Pseudomonas
sp. strain SG-MS2 and its catabolic pathway were reported, highlighting a significant
advancement in understanding the catabolism of pinoresinol lignin dimers, as shown in
Figure 4 [164].

 

Figure 4. Pathways for the cleavage and subsequent degradation of pinoresinol and syringaresinol
by bacteria and fungi, respectively (adapted from [34,164]).
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3.1.5. Other C-C Bonds

Fungal MnP possesses the capability to not only break β-O-4 linkages in phenolic struc-
tures but also disrupt Cα-Cβ and β-aryl ether bonds in non-phenolic substances [165,166].
Studies indicate that laccases could cleave Cα−Cβ bonds or aryl−Cα bonds and catalyze
the oxidation of Cα−OH to Cα=O of lignin model compounds [167]. The laccase degra-
dation mechanism may vary depending on the substrate, pH, temperature, and other
environmental conditions [168]. In addition, different types of laccases may have different
substrate specificity and degradation efficiency. A deep understanding of these mechanisms
is needed for developing effective biotechnological applications for lignin degradation.

4. Pseudomonas putida as a Lignin-Degrading Cell Factory

Although the efficiency of lignin depolymerization by bacterial extracellular enzymes
is less well studied than that of white-rot fungi, bacteria do provide a flexible platform for
the heterologous expression of ligninolytic enzymes [169]. We and others have investigated
endogenous lignin degradation with strains of Pseudomonas putida. Moreover, strains of
P. putida have been implicated in bioconversion and biosynthesis of valuable products from
lignin-derived compounds [71,72,170]. The direct and grand challenge now is to directly
access and utilize lignin as a source of valuable products. P. putida may prove a promising
vehicle for the expression of various specific ligninolytic enzymes to construct cell factories,
enabling the direct conversion of lignin into high-value products (see Figure 5).

Figure 5. Conceptual representation of lignin biodegradation and engineering in Pseudomonas putida.

4.1. Natural Capabilities and Metabolic Pathways

P. putida strains like S12 and KT2440 are recognized as highly promising industrial
host strains [171]. These strains can adapt to diverse physiochemical and nutritional niches
and possess robust metabolic redox power, enabling them to survive under high oxidative
stress. Moreover, P. putida has been found in natural environments degrading various
organic compounds, including lignin-derived molecules. For example, P. putida KT2440 has
been identified to possess the ability to degrade p-hydroxybenzoate, benzene, and xylene,
which are components of lignin-derived aromatic hydrocarbons [172]. P. putida has a wide
range of metabolic functions, combined with its extensive catabolic pathways, enabling it
to utilize lignin-derived aromatic compounds as carbon sources.

In recent years, the depolymerization of lignin has become a research hotspot [173,174].
Lignin-derived compounds like ferulic acid and vanillin have been given particular atten-
tion [175]. P. putida KT2440 can metabolize vanillin by conversion into vanillate, at a rate of
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4.87 mmol (gCDW h)−1 [176]. Furthermore, P. putida KT2440 can degrade ferulic acid via
a CoA-dependent non-β-oxidative pathway [177]. Additionally, this strain can metabolize
benzoate and catechol through the native β-ketoadipate pathway, further demonstrat-
ing its ability to process lignin-derived compounds [172]. The β-ketoadipate pathway is
a chromosomally encoded aromatic compound degradation pathway that is widespread
among soil bacteria and fungi [178]. Such pathways are essential for lignin degradation
and valorization, turning complex aromatic polymers into economically valuable products.

P. putida demonstrates exceptional performance in the degradation of lignin derivatives
and other aromatic compounds, showing the potential applications of biotechnology in
lignin valorization. Therefore, P. putida strains are promising suitable platforms for the
bioconversion of exogenous toxic chemical streams into valuable products that derive from
lignin degradation.

4.2. Genetic Engineering of Pseudomonas putida
4.2.1. Genomic Tools

To develop efficient cell factories for lignin degradation, a specifically robust bacterial
chassis is needed. P. putida is a robust platform with advanced metabolic engineering
applications [179]. The degradation capability of P. putida toward lignin can be further
enhanced through genetic engineering. The introduction of genes encoding ligninolytic
enzymes from other microorganisms can improve efficiency. Modifying the metabolic
pathways of P. putida can convert the lignin degradation products into valuable compounds.

Over the years, dedicated genetic tools have been developed for the expression or
deletion of genes in P. putida [180,181]; see Table 4. With the use of gene editing tools, it
is highly possible to improve the lignin degradation of P. putida. For example, previous
studies show that the expression of Pseudomonas fluorescens Dyp1B in P. putida KT2440
results in enhanced activity for the oxidation of 2,6-dichlorophenol (DCP) and polymeric
lignin [156].

Table 4. Typical genomic tools for cloning, insertions, and deletions in P. putida.

Genomic Tools Purpose References

Tn5-based transposon system Random insertion of genes [56]
Tn7-based transposon system Insertions [182]
Inducible expression systems: XylS/Pm, LacIQ/Ptrc,
Plac, Ptac Expression of target genes [56,183,184]

pEMG Scarless deletions and insertions [185]
pSNW Scarless deletions and insertions [186]

CRISPR-Cas9 systems Precise genome editing, allowing for targeted
gene knockouts and insertions [187,188]

CRISPR-Cas3 systems Precise genome editing, allowing for targeted
gene knockouts and insertions [189]

phi15-based expression system Expression of target genes [190]

4.2.2. Secretion System

Lignin, as a polymeric network, is obviously too large and complex to be transported
into the cell and be degraded intracellularly [191]. Hence, lignin-degrading enzymes
for biotechnological applications should be extracellularly secreted with the microbial
secretome. Several secretion systems have been studied in P. putida: Outer membrane
vesicles (OMVs) are secreted by the bacterium to deliver enzymes [192]. Pioneering re-
search has shown that OMVs in P. putida KT2440 can catabolize lignin-derived aromatic
compounds [69]. This property can be exploited to deliver ligninolytic enzymes to lignin
substrates, thereby enhancing the degradation process. A novel recombinant peroxidase
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secretion system has been constructed in P. putida KT-M2 [193]. A flagellar type III secretion
system was used for the dye decolorization peroxidase of P. putida, resulting in efficient
oxidative activity of cell-free supernatants against a variety of chemicals, including the
lignin model compound. Additionally, the periplasmic expression of peroxidase Dyp1B
has been explored for lignin valorization in P. putida [156]. The periplasmic expression
strain shows higher lignin oxidation activity than the wide type.

These advancements in secretion systems, together with the genetic engineering tools,
highlight P. putida’s potential as a powerful biotechnological platform for lignin degradation.
By combining these approaches, it is possible to enhance the efficiency of lignin valorization
processes, turning this complex and recalcitrant polymer into valuable bioproducts.

4.3. Biological Conversion and Reutilization

Biological funneling is a concept in bioconversion and metabolic engineering where
a diverse array of complex molecules is funneled through a series of biological pathways
to produce a single or a few specific valuable products [194,195]. Biological funnels can
overcome the challenging heterogeneity of chemical mixtures as recently applied and
demonstrated with low-molecular-weight lignin-derived aromatics [196,197]. Indeed,
P. putida may convert a mixture of lignin degradation products into useful compounds.
These compounds can be further utilized, such as biofuels, chemical raw materials, and
other bio-based products.

To obtain low-molecular-weight lignin-derived molecules, we may rely on a combi-
nation of chemical and biological treatment. Recently, conversion from lignin to medium
chain-length polyhydroxyalkanoates was achieved in P. putida by combining microbial
treatment with chemical pretreatment [22]. In a comparable effort, lignin conversion to
β-ketoadipate was achieved with engineered P. putida [198]. In this work, genes encod-
ing enzymes mediating 4-hydroxybenzoate hydroxylation and vanillate O-demethylation
were overexpressed to improve the yield, and the gene that could cause intermediate
accumulation was deleted. Additionally, through genetic engineering, Altenbuchner et al.
successfully introduced key enzymes involved in the conversion of lignin-derived ferulic
acid to vanillin in P. putida KT2440 [170]. This research enhances vanillin production with
up to 86% molar yields and few byproducts.

These studies further illustrate that engineering metabolic pathways in P. putida to
funnel lignin breakdown products into desirable bioproducts can increase the economic
value of lignin valorization processes.

5. Conclusions and Future Prospects

Lignin, the second most abundant terrestrial polymer found on Earth, constitutes an
important part of plant fibers [199]. Lignin is composed of a network of aromatic com-
pounds and is highly resistant to decomposition. Currently, this rich aromatic compounds
resource is mainly separated as a waste stream, where 98% is used as a heat source in
factories [200]. Only 2% is used in a chemical conversion to produce useful compounds
like lignosulfonates [17].

Importantly, we here make a case for lignin to be utilized much more effectively
through biotechnological and chemical processes. Using those techniques, separately or
in combination, lignin can be degraded into hundreds of valuable derivatives [201]. In
nature, bacteria and fungi can degrade lignin, with some differences in the degradation
mechanism, substrate specificity, and product generation. Only recently, research on the
enzymatic processes involved in bacterial lignin degradation has led to the identification
and documentation of specific enzymes dedicated to this purpose. This review provides
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a list of microorganisms reported to utilize lignin and potential enzymes involved in specific
lignin depolymerization.

Fungi, especially white-rot fungi, produce a variety of enzymes (such as lignin perox-
idase, manganese peroxidase, laccase, etc.) that can directly oxidize and degrade lignin.
Fungi typically work by producing multiple enzymes that work together to break down
different lignin bonds and connections. The depolymerization of native lignin is facilitated
by extracellular oxidative enzymes, including Lip, MnP, VP, and Lac, which have been
extensively documented in fungi. The research on bacterial degradation of lignin is not as
in-depth as that on fungi. It has only been a dozen years since the first bacterial enzyme that
degrades lignin was discovered [56]. In bacteria, the lignin degradation enzyme systems
are thought to be relatively simple and specific. Limited enzymes are involved, such as
phenol oxidase. In bacteria like Cupriavidus basilensis B-8, Lac, and MnP activities were
identified; however, no MnP or Lac genes were found [202]. Hence, bacteria are anticipated
to possess distinctive lignin degradation mechanisms and novel types of peroxidases [169].

Typically, fungal lignin degradation spans 10–30 days, whereas in bacteria, it may
be accomplished in as little as 2–7 days. From an industrial viewpoint, utilizing bacteria
as a host strain to establish a lignin degradation and utilization cell factory would prove
more cost-effective [203]. In bioreactors, bacteria have advantages over fungi due to their
rapid growth, simpler cultivation requirements, higher metabolic rates, easier genetic
manipulation, and simpler product recovery [204,205]. While research on the enzymatic
processes of lignin-degrading bacteria is currently relatively limited, using bacteria for
lignin degradation still holds great prospects. This review demonstrates the great potential
of P. putida as a microbial cell factory in lignin degradation and valorization, providing
a sustainable approach to converting lignin into valuable bioproducts. The plasmid-free
strain P. putida KT2440 is particularly regarded as a microbial host for biotechnological
applications due to its biosafety status [206] and is widely used in industrial production.

We believe that, through genetic engineering and process optimization, P. putida can be
adapted to industrial needs and contribute to further developing the bioeconomy through
sustainable industrial practices.
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Abstract

Aromatic compounds are vital in both natural and synthetic chemistry, and they are tradition-
ally sourced from non-renewable petrochemicals. However, plant biomass, particularly lignin,
offers a renewable alternative source of aromatic compounds. Lignin, a complex polymer
found in plant cell walls, is the largest renewable source of aromatic compounds, though
its degradation remains challenging. Lignin can be chemically degraded through oxidation,
acid hydrolysis or solvolysis. As an alternative, microorganisms, including fungi, could offer
a sustainable alternative for breaking down lignin. The aromatic compounds released from
lignin, by either microbial, chemical or enzymatic degradation, can be used by microorgan-
isms to produce valuable compounds. Fungi possess unique enzymes capable of converting
aromatic compounds derived from lignin or other sources into chemical building blocks that
can be used in several industries. However, their aromatic metabolic pathways are poorly
studied compared to bacterial systems. In the past, only a handful of genes and enzymes in-
volved in the aromatic metabolic pathways had been identified. Recent advances in genomics,
proteomics, and metabolic engineering are helping to reveal these metabolic pathways and
identify the involved genes. This review highlights recent progress in understanding fungal
aromatic metabolism, focusing on how Aspergillus niger converts plant-derived aromatic com-
pounds into potentially useful products and the versatility of aromatic metabolism within the
Aspergillus genus. Addressing the current knowledge gaps in terms of fungal pathways could
unlock their potential for use in sustainable technologies, promoting eco-friendly production
of chemical building blocks from renewable resources or bioremediation.

Keywords: aromatic metabolism; aspergilli; benzoic acids; cinnamic acids; phenolic compounds

1. Introduction

Aromatic compounds play crucial roles in plants and provide structural support
(e.g., lignin), furnish a defense against herbivores and pathogens (e.g., phenolics), and
contribute to pigmentation, fragrance, and flavor, aiding in pollination and protection
against environmental stress. Additionally, they are also involved in metabolic processes
and allelopathy, helping plants compete and thrive in their ecosystems [1]. Aromatic
compounds are also prevalent in everyday life and are found in a wide range of man-
made products, such as beverages, cosmetics, foods, fuels, lubricants, medicines, paints,
and plastics [2]. Most commercial aromatic compounds utilized today are synthesized
from base chemicals like benzene, toluene and xylene, which are typically extracted from
nonrenewable fossil resources. Therefore, developing methods to utilize the wealth of
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natural aromatic compounds and producing those from renewable sources is essential for
sustainable practices and reducing dependence on fossil fuels.

One of the most promising renewable sources of aromatic compounds is the complex
plant polymer lignin. Between 15 and 30% of the dry weight of plant biomass consists of
lignin, depending on the species. Lignin is mostly built from the aromatic compounds
coniferyl alcohol (guaiacyl (G)-units), para-coumaryl alcohol (p-hydroxyphenyl (H)-
units) and sinapyl alcohol (syringyl (S)-units), derived from hydroxycinnamic acids, and
the ratios of building blocks used in lignin vary per plant species. Additionally, different
building blocks, such as caffeoyl alcohol and vanillyl alcohol, have been observed in
lignin [3]. Currently, much research is performed on the utilization of lignin through
chemical, enzymatic and biotransformation approaches [4–7]. Degradation of lignin
results in complex mixtures of monomeric, dimeric and polymeric aromatic compounds.
In this review, lignin degradation or depolymerization through chemical, enzymatic or
microbial means will not be discussed since this topic has been reviewed extensively
over the past decade.

In addition to lignin, plants produce a wide array of aromatic compounds
through the shikimate and phenylpropanoid pathways, which are central to secondary
metabolism. These pathways lead to the biosynthesis of flavonoids, tannins, pheno-
lic acids, and various alkaloids. Aromatic compounds can also be found in plants
in other complexes, such as the hydroxycinnamic acids, ferulic acid (3-methoxy-4-
hydroxycinnamic acid) and p-coumaric acid (4-hydroxycinnamic acid), which can be
linked to complex plant cell wall structures like hemi-cellulose and pectin and have ester
linkages with arabinose and galactose [8–10]. Many monomeric aromatic compounds
can also be found freely in plants; for example, vanillin in vanilla pods, cinnamaldehyde
in cinnamon, benzaldehyde in almonds and caffeic acid in coffee beans. Due to the wide
range of aromatic compounds found in plants, mainly monomeric aromatic compounds
derived from lignin will be discussed.

Fungi are able to degrade and metabolize a wide range of monomeric aromatic com-
pounds efficiently, but the aromatic metabolic pathways in fungi are poorly studied. More-
over, most existing studies focus on different fungal species, making it challenging to
determine which specific pathways are present within a single species. Hence, a complete
fungal aromatic metabolic pathway overview is not available. To address these gaps,
a comparison of the aromatic metabolic pathways in bacteria, yeast, and fungi was con-
ducted previously [11], revealing that many of these pathways are shared among them
but unique pathways also exist. Before 2020, the best-described aromatic metabolic path-
ways were from Aspergillus japonicus [12]. However, this study was before the genome
era, so no genes were identified and it contains many gaps. Despite the fact that many
fungal genomes are now sequenced and published, the number of identified fungal genes
encoding enzymes converting aromatic compounds is remarkably low [11,13]. It was also
revealed that unique and unexplored aromatic metabolic pathways exist in fungi [11].

Aspergillus species are filamentous, cosmopolitan, and ubiquitous fungi commonly
found in soil, plant debris, and indoor air environments. These fungi play crucial roles in
the decomposition of organic matter, helping recycle carbon and nutrients in ecosystems.
Currently, over 185 Aspergillus species have been identified, and this number continues
to grow. In addition, these fungal species have been used in many applications; for example,
Aspergillus niger, which is used for citric acid and enzyme production, such as amylases, and
Aspergillus oryzae and Aspergillus sojae, which are widely used in fermentation processes for
making sake and soy sauce. On the other hand, certain Aspergillus species are pathogenic,
especially to immunocompromised individuals. The fungus Aspergillus fumigatus is known
to be the primary cause of aspergillosis. Aspergillus species are known to have large arsenals
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of enzymes that can degrade complex biomass, polymers and molecules. Despite not being
known for their lignin degradation capabilities, lignin-degrading Aspergillus species have
been recently discovered and isolated [14–16]. Recently, multiple genes and enzymes
involved in the metabolism of monomeric aromatic compounds, mainly in Aspergillus
species from the Nigri section [17], have been identified (Table 1). The identification
of genes associated with aromatic metabolic pathways allows for improved predictions
and correlations regarding which pathways are present in fungi. In this review, the recent
advances and insights in terms of the monomeric aromatic metabolic pathways in fungi
from the past few years, with a main focus on A. niger, are highlighted and discussed.

Table 1. Aromatic-converting enzymes identified in Aspergillus species.

Enzyme
Aspergillus

Species
Year

Identified
Evidence 1

Phenotype Observed on
Aromatic Compounds When

the Gene Is Deleted

Observed Enzymatic Activity
of the Recombinant Protein

Toward Aromatic Compounds
References

Benzoate-p-hydroxylase
(BphA)

A. niger,
A. nidulans 1990 IDA, IEP, IMP Benzoic acid, cinnamic acid,

benzaldehyde, benzyl alcohol

Benzoic acid,
2-fluorobenzoic acid,

2-chlorobenzoic acid, salicylic
acid, 2-methylbenzoic acid,

3-fluorobenzoic acid,
3-chlorobenzoic acid,
3-methylbenzoic acid,

3-methoxybenzoic acid

[18–21]

2,3-dihydroxybenzoate
decarboxylase (DhbA)

A. niger,
A. nidulans 1995 IDA, IEP, IMP 2,3-Dihydroxybenzoic acid 2,3-Dihydroxybenzoic acid [21–24]

Cinnamic acid
decarboxylase (CdcA)

Ferulic acid
decarboxylase (FdcA)

A. niger 2010 IDA, IEP, IMP Cinnamic acid Cinnamic acid, caffeic acid,
ferulic acid, p-coumaric acid [25–27]

p-hydroxybenzoate-m-
hydroxylase (PhhA)

A. niger,
A. nidulans 2015 IDA, IEP, IMP

Benzoic acid, benzaldehyde,
benzyl alcohol, cinnamic acid,

p-hydroxybenzoic acid,
p-coumaric acid, p-anisic acid,

p-anisyl alcohol,

p-Hydroxybenzoic acid [21,28,29]

Protocatechuate
3,4-dioxygenase (PrcA)

A. niger,
A. nidulans 2015 EXP, IDA,

IEP, IMP

Benzoic acid, benzaldehyde,
benzyl alcohol, cinnamic acid,

m-hydroxybenzoic acid,
p-anisic acid, p-anisyl alcohol,

p-coumaric acid,
p-hydroxybenzoic acid,

protocatechuic acid,
protocatechuic aldehyde

Protocatechuic acid [21,28–30]

Phenolic acid
decarboxylase (PadA) A. luchuensis 2018 IDA, IEP n.d. Caffeic acid, ferulic acid,

p-coumaric acid [31–33]

Protocatechuate
hydroxylase (PhyA)

A. niger,
A. nidulans 2021 IDA, IEP, IMP Protocatechuic acid, gallic acid Protocatechuic acid [28,29]

Vanilliate hydroxylase
(VhyA) A. niger 2021 EXP, IDA,

IEP, IMP
Ferulic acid,

vanillic acid, vanillin Vanillic acid [34]

Vanillin dehydrogenase
(VdhA) A. niger 2021 IDA, IEP, IMP

Vanillin,
p-hydroxybenzaldehyde,
protocatechuic aldehyde

Vanillin, benzaldehyde,
p-hydroxybenzaldehyde,
protocatechuic aldehyde,

syringic aldehyde, cinnamyl
aldehyde, p-anisyl aldehyde,

veratryl aldehyde

[34,35]

Methoxyhydroquinone
1,2-dioxygenase (MhdA) A. niger 2021 IDA, IEP, IMP

Coniferyl alcohol, ferulic acid,
vanillic acid, vanillin, vanillyl

alcohol, veratric acid
Methoxyhydroquinone [34]

Salicylate hydroxylase
(ShyA)

A. niger,
A. nidulans 2021 EXP, IDA,

IEP, IMP Salicylic acid
4-Aminosalicylic acid,
2,3-dihydroxybenzoic

acid, gentisic acid, salicylic acid
[21,22]

Catechol 1,2-dioxygenase
(CrcA)

A. niger,
A. nidulans 2021 EXP, IDA,

IEP, IMP

Salicylic acid,
2,3-dihydroxybenzoic

acid, catechol

Catechol, hydroxyquinol,
3-methylcatechol,
4-methylcatechol

[21,22,30]

Hydroxycinnamate-CoA
synthase (HcsA) A. niger 2021 IEP, IMP

Ferulic acid, p-coumaric acid,
caffeic acid, m-coumaric acid,

dihydroferulic acid,
dihydrocaffeic acid,

phloretic acid

n.d. [36]
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Table 1. Cont.

Enzyme
Aspergillus

Species
Year

Identified
Evidence 1

Phenotype Observed on
Aromatic Compounds When

the Gene Is Deleted

Observed Enzymatic Activity
of the Recombinant Protein

Toward Aromatic Compounds
References

Fatty acid oxidase (FoxA) A. niger 2021 IEP, IMP

Ferulic acid, p-coumaric acid,
caffeic acid, m-coumaric acid,

dihydroferulic acid,
dihydrocaffeic acid,

phloretic acid

n.d. [36]

3-ketoacyl-CoA
thiolase (KatA) A. niger 2021 IEP, IMP

Ferulic acid, p-coumaric acid,
caffeic acid, m-coumaric acid,

dihydroferulic acid,
dihydrocaffeic acid, phloretic
acid, 4-methoxycinnamic acid

n.d. [36]

Thioesterases (TheA,
TheB, TheC, TheD) A. niger 2021 IEP, IMP

Ferulic acid, p-coumaric acid,
caffeic acid, m-coumaric acid,

dihydroferulic acid,
dihydrocaffeic acid,

phloretic acid

n.d. [36]

1 Evidence is based on experimental assays. IDA, inferred from a direct assay using the enzyme in a biochemical
assays; EXP, inferred from an accumulation experiment; IEP, inferred from the expression patterns; IMP, inferred
from the mutant phenotype. n.d. not determined.

2. Metabolism of Hydroxycinnamic Acids

The monomeric aromatic compounds ferulic acid (3-methoxy-4-hydroxycinnamic
acid) and p-coumaric acid (p-hydroxycinnamic acid) are hydroxycinnamic acids that are
part of the complex sugars and are linked to arabinose and galactose residues via ester
linkages [8–10]. These linkages are part of the plant cell wall and contribute to the cell
wall rigidity and aid in the plants’ resistance against environmental stress and pathogens.
Multiple fungi are able to hydrolyze the ester bonds between hydroxycinnamic acids and
polysaccharides using feruloyl esterases (Faes). These enzymes play a crucial role in the
degradation to complex plant biomass, and it has been shown that Faes can be used to
release ferulic acid from agricultural waste streams such as wheat bran, maize bran and
sugar beet pulp [37–39]. Faes have been identified and studied in many fungi but mainly
in the Aspergilli: A. niger, A. oryzae and Aspergillus nidulans [40]. At this moment, three
Faes have been identified and characterized in A. niger [41–43]. Homologs of feruloyl
esterases have been observed and studied in multiple fungi, including Aspergillus, Fusarium,
Penicillium, Pleurotus, Trichoderma, and Talaromyces species [40].

Multiple pathways that can convert ferulic acid have been described. A. oryzae can release
ferulic acid from the cell wall of rice endosperm during brewing processes. After the release,
ferulic acid is decarboxylated to 4-vinylguaiacol (Figure 1) [44]. 4-vinylguaiacol can lead to
an undesired flavor in distilled products such as beer, awamori and sake [31–33,45,46]. In
Aspergillus luchuensis, decarboxylation of hydroxycinnamic acids to the vinyl form is catalyzed
by phenolic acid decarboxylase (Pad). This conversion is also observed in the A. niger diploid
strain DAR2 (derived from A. niger C28B25). This strain is able to decarboxylate ferulic acid
to 4-vinylguaiacol and further to vanillic acid, possibly with vanillin as an intermediate
(Figure 1) [47]. A close homolog of AlPad is present in A. niger (NRRL3_08440) and could also
be involved in the decarboxylation of ferulic acid. This pathway has also been observed in
other fungi, such as Fusarium solani (Mart.) Sacc., Colletotrichum gloeosporioides, Isaria farinosa
and many yeast species [45,46,48,49], indicating that this pathway is relatively common.
Interestingly, A. niger C28B25, the parental strain of DAR2, degrades ferulic acid to vanillic
acid without the non-oxidative decarboxylation step to vinyl-guaiacol, indicating that other
pathways are present in A. niger [47].

Decarboxylation of hydroxycinnamic acid into its vinyl form has been observed
in many fungi. In Saccharomyces cerevisiae, hydroxycinnamic acids and cinnamic acid
are decarboxylated by ferulic acid decarboxylase 1 (Fdc1) and flavin prenyltransferase 1
(Pad1), respectively [25,50]. Homologs of Fdc1 and Pad1 are found in multiple Aspergillus
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species and have been shown to perform this catalysis in vitro [26,51]. However, deletion
of these genes in A. niger resulted in the cessation of growth on cinnamic acid, but no
phenotypes were observed on the hydroxycinnamic acids: ferulic acid, p-coumaric acid and
caffeic acid [26]. This provided new indications that these enzymes are involved in vivo
in cinnamic acid decarboxylation but not hydroxycinnamic acid decarboxylation [26]. In
addition, this was also supported by transcriptome data showing that fdcA and padA are
not induced when grown on caffeic acid, ferulic acid or p-coumaric acid. Therefore, the
FdcA of A. niger was renamed cinnamic acid decarboxylase A (CdcA) [26].

Figure 1. Metabolic pathway of the hydroxycinnamic acids, ferulic acid, p-coumaric acid and caffeic
acid in A. niger. Pathways observed in A. niger are marked with black arrows. Unidentified pathways
in A. niger are marked with dashed arrows. Boxes near an arrow represent identified enzymes
catalyzing the reactions. Pathways that were not observed in A. niger but in other Aspergilli are
marked with blue (A. flavus), green (A. japonicus) yellow (A. parasiticus), orange (A. fumigatus), cyan
(A. luchuensis) and purple (A. brasilliensis) arrows. HMPKP-SCoA, 4-hydroxy-3-methoxyphenyl-β-
hydroxypropionyl-CoA; HMPKP-SCoA, 4-hydroxy-3-methoxyphenyl-β-ketopropionic acid-CoA;
4HPKP-SCoA, 4-hydroxyphenyl-β-hydroxypropionyl-CoA; 4HPKP-SCoA, 4-hydroxyphenyl-β-
ketopropionic acid-CoA; HHPKP-SCoA, 3,4-dihydroxyphenyl-β-hydroxypropionyl-CoA; HHPKP-
SCoA, 3,4-dihydroxyphenyl-β-ketopropionic acid-CoA.
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Recently, it has been shown that A. niger degrades the hydroxycinnamic acids, caf-
feic acid, ferulic acid, p-coumaric acid and meta-coumaric acid (3-hydroxycinnamic acid),
through the peroxisomal CoA-dependent beta-oxidative metabolic pathway, resulting in
the formation of protocatechuic acid (3,4-dihydroxybenzoic acid), vanillic acid (4-hydroxy-
3-methoxybenzoic acid), p-hydroxybenzoic acid and m-hydroxybenzoic acid, respectively
(Figure 1) [36]. Also, dihydrocaffeic acid (3-(3,4-dihydroxyphenyl)propanoic acid) and
phloretic acid (3-(4-hydroxyphenyl)propanoic acid) are degraded through this pathway [36].
The CoA-dependent beta-oxidative metabolic pathway is well known for the degradation
of fatty acids but was not previously known to be involved in the degradation of hydrox-
ycinnamic acids. Interestingly, also in plants, it has been shown that hydroxycinnamic acid
can be degraded through this pathway [52]. Multiple genes involved in the degradation
of hydroxycinnamic acids in A. niger were identified using whole-genome transcriptome
data [36].

In A. niger, the first step in the CoA-dependent beta-oxidative metabolic pathway is
catalyzed by the hydroxycinnamate-CoA synthase (HscA), and the deletion of it results
in strongly reduced growth on hydroxycinnamic acids but appears not to be required for
fatty acid degradation [36]. The second and third steps in this pathway are catalyzed by
fatty acid oxidase A (FoxA) and observed to be involved in the fatty acid degradation in
multiple fungal species [36,53–58]. The fourth step is catalyzed by 3-ketoacyl-CoA thiolase
(KatA) (Figure 1). Deletion of these related genes resulted in clear phenotypes on several
hydroxycinnamic acids; however, growth was not stopped on ferulic acid or p-coumaric
acid, indicating that another pathway, functional redundancy, or alternative gene is present
in A. niger [36]. The final step in the CoA-dependent oxidative pathway is proposed to be
catalyzed by a thioesterase. Four thioesterases (TheA, TheB, TheC and TheD) have been
identified and the deletion of these individual genes did not result in reduced growth on
ferulic acid, p-coumaric acid and caffeic acid. Deletion of theB results in a growth reduction
on m-coumaric acid, but the growth recovers over time and it was suggested that there
is functional redundancy in the final step. The redundancy of the thioesterases could be
further studied by making a quadruple deletion of the genes and analyzing the growth on
hydroxycinnamic acids. Interestingly, deletion of the CoA-dependent beta-oxidative genes
did not result in reduced growth on sinapic acid (3,5-dimethoxy-4-hydroxycinnamic acid)
or cinnamic acid, indicating that they are degraded through another pathway(s) in A. niger.

In A. niger, o-coumaric acid (2-hydroxycinnamic acid) can be converted into
4-hydroxycoumarin but appears not to be further degraded [59]. In A. fumigatus,
melilotic acid (3-(2-hydroxyphenyl)propanoic acid) is converted through esterification to
o-coumaric acid and further to 4-hydroxycoumarin and dicoumarol [60,61]. Interestingly,
a CoA-dependent beta-oxidative pathway was suggested for the conversion of o-coumaric
acid to 4-hydroxycoumarin with o-coumaryl-SCoA, o-hydroxyphenyl-β-hydroxypropionyl-
SCoA, and o-hydroxyphenyl-β-ketopropionic acid-SCoA as intermediates [61]. As men-
tioned before, in A. niger, dihydrocaffeic acid (3-(3,4-dihydroxyphenyl)propanoic acid)
and phloretic acid (3-(4-hydroxyphenyl)propanoic acid) are converted through the CoA-
dependent beta-oxidative pathway, and it is possible that the compounds are esterified to
caffeic acid and p-coumaric acid, respectively. However, the genes involved in this pathway
still need to be identified.

An alternative metabolic pathway for the metabolism of hydroxycinnamic acid
is a CoA-independent non-oxidative pathway that has been observed in A. flavus [62].
p-coumaric acid is converted to β-hydroxy-(p-hydroxyphenyl)propionic acid and
p-hydroxybenzoylacetic acid, followed by conversion to p-hydroxybenzoic acid. In
A. luchuensis, it is proposed that ferulic acid is converted to vanillin through a CoA-
dependent non-oxidative pathway with feruloyl-CoA and 4-hydroxy-3-methoxyphenyl-β-
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hydroxypropionyl-CoA (HMPKP-SCoA) as intermediates [33]. In A. brasiliensis ATCC16404,
the 2′ position of the aliphatic chain of ferulic acid is methoxylated to (E)-3-(4-hydroxy-3-
methoxyphenyl)-2-methoxyacrylic acid [63].

3. Metabolism of Cinnamic Acid

The decarboxylation of cinnamic acid has been observed in multiple Aspergilli and
Trichoderma species, including A. niger, A. japonicus, A. flavus, A. oryzae, A. wentii, T. reesei, T. viride,
and T. koningii, and also in Penicillium species and the yeast S. cerevisiae [12,25,26,64–66]. As men-
tioned before, A. niger decarboxylates cinnamic acid to styrene via CdcA and PadA (Figure 2).
Both genes are also involved in the degradation of sorbic acid and are regulated by the sorbic
acid regulator A (SdrA) [25–27]. Interestingly, all three genes are clustered on the genome of
many Aspergilli and a strong correlation was found in Aspergilli species between the ability
to grow on cinnamic acid and sorbic acid and this gene cluster [26]. For example, A. nidulans is
unable to grow on cinnamic acid due to a mutation resulting in truncated padA.

 

Figure 2. Cinnamic acid metabolic pathway in A. niger. Boxes near an arrow represent the enzymes
catalyzing the reactions. Suggested pathways are marked with dashed arrows. Pathways that were
not observed in A. niger but in other Aspergilli are marked with green (A. japonicus) arrows.

In A. japonicus and A. niger, cinnamic acid can also be converted to benzoic acid [12,26,28].
Deletion of benzoate-4-monooxygenase (bphA), p-hydroxy-m-hydroxylase (phhA), protocate-
chuate 3,4-dioxygenase (prcA) or the combination of protocatechuate hydroxylase (phyA)/prcA
or hydroxyquinol 1,2-dioxygenase (hqdA)/prcA in A. niger results in reduced growth on
cinnamic acid, indicating that it is converted to benzoic acid [28,29]. In addition, A. niger
ΔprcAΔphyA transformant grown on cinnamic acid and cinnamyl alcohol resulted in the
accumulation of protocatechuic acid [28]. Currently, it remains unknown whether styrene is
an intermediate in this conversion pathway or an alternative cinnamic acid metabolic pathway
is present in A. niger. However, in other fungi, cinnamic acid pathways toward benzoic acid
and p-hydroxybenzoic acid have been observed. In Phomopsis liquidambari, it is suggested
that cinnamic acid is decarboxylated to styrene, followed by conversion to benzaldehyde and
benzoic acid by a putative laccase [67]. In the yeast Yarrowia lipolytica OKYL029, cinnamic
acid is hydroxylated to p-coumaric acid and further converted to p-hydroxybenzoic acid [68].
Deletion of a cytochrome P450 sharing homology with trans-cinnamate 4-monooxygenases
(YALI1_B28430g, TCM1) resulted in a blockage of p-coumaric acid formation; however, cin-
namic acid was still converted through an unknown pathway. The conversion of cinnamic
acid to p-coumaric acid was also suggested in A. japonicus [12] and observed in A. niger [59].
However, in the latter, melilotic acid (3-(2-hydroxyphenyl)propanoic acid), o-coumaric acid
and p-hydroxybenzoic acid were also detected (Figure 2) [59].
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In several fungi, other alternative cinnamic acid metabolic pathways have been observed.
In Neurospora crassa and Mucor sp. JX23, cinnamic acid is converted to acetophenone [69,70].
In A. japonicus and Schizophyllum commune, cinnamic acid can be reduced to cinnamaldehyde
and cinnamyl alcohol [12,71]. The genes encoding these enzymes still remain to be identified.

4. Metabolism of Benzoic Acid and Related Aromatic Compounds

In fungi, multiple aromatic compounds are metabolized and funneled toward pro-
tocatechuic acid [11,28]. In A. niger, all the p-hydroxyphenyl and 3,4-dihydroxyphenyl
units, which are derived from the H-unit monolignol, are converted to protocatechuic acid,
indicating that this pathway plays an important role in the degradation of hydroxylated
aromatic compounds in fungi.

One of the aromatic compounds that is converted to protocatechuic acid is benzoic
acid (benzene carboxylic acid), a commonly used food preservative with anti-microbial
properties [72,73]. In multiple Aspergillus species, benzoic acid can be hydroxylated by
benzoate-4-monooxygenase (BphA) to p-hydroxybenzoic acid [18–20,29,74,75]. This path-
way is continued by the conversion of p-hydroxybenzoic acid into protocatechuic acid cat-
alyzed by PhhA, with further conversion into 3-carboxy-cis,cis-muconic acid by PrcA [21,29].
Interestingly, deletion of prcA in A. niger did not halt growth on protocatechuic acid, indi-
cating that an alternative pathway is present. Protocatechuic acid can also be converted
to hydroxyquinol (1,2,4-trihydroxybenzene) by protocatechuate hydroxylase (PhyA) and
is further converted by hydroxyquinol 1,2-dioxygenase (HqdA) [28,29]. Deletion of phyA
did not result in a growth reduction on protocatechuic acid, revealing that this metabolic
pathway may have a minor role in protocatechuic acid metabolism, as also observed in
A. nidulans [76]. In A. niger, benzoic acid can also be hydroxylated to m-hydroxybenzoic
acid and further to protocatechuic acid [77]. BphA is not able to meta-hydroxylate ben-
zoic acid to m-hydroxybenzoic acid [19], while deletion of bphA results in severely re-
duced growth on benzoic acid [29]. Therefore, the conversion of benzoic acid into m-
hydroxybenzoic acid is likely to be a minor pathway in A. niger.

With this knowledge, the first reported A. niger protocatechuic-acid-accumulating
cell factory was constructed [28]. Protocatechuic acid can be used as a precursor for
cis,cis-muconic acid for nylon, polyurethane, and PET or vanillin for the food indus-
try. This cell factory is able to accumulate protocatechuic acid from many aromatic com-
pounds, such as benzoic acid, benzaldehyde, benzyl alcohol, p-anisic acid, p-anisaldehyde,
p-anisyl alcohol, p-hydroxybenzoic acid, p-hydroxybenzaldehyde, p-hydroxybenzyl al-
cohol, m-hydroxybenzoic acid, protocatechuic aldehyde, p-coumaric acid, caffeic acid,
cinnamic acid and cinnamyl alcohol. High protocatechuic acid accumulation rates, up to
a 90–99% molar yield, were obtained from most of the tested aromatic compounds. It has
to be noted that the experiments were performed at a lab scale. Interestingly, accumulation
of protocatechuic acid was not observed on ferulic acid, vanillin, veratric acid, p-cresol,
or anethole, indicating that these are converted through alternative pathways. This study
contributed greatly to mapping out which aromatic compounds are ultimately converted
into protocatechuic acid in A. niger (Figure 3).

Several aromatic compounds were not tested for protocatechuic acid accumulation with
the A. niger cell factory [28] but were observed in other studies to be converted into protocat-
echuic acid. In A. niger, the chlorinated derivatives 2-chlorobenzoate and 3-chlorobenzoate
are both observed to be converted into p-hydroxybenzoic acid and further into protocatechuic
acid [78]. Mandelic acid is also converted into protocatechuic acid, with benzoyl formate,
benzaldehyde, benzoic acid and p-hydroxybenzoic acid as intermediates [79]. The polyethylene
terephthalate (PET)-derived compounds dimethyl-terephthalate, monomethyl-terephthalate and
terephthalate are all suggested to be converted into protocatechuic acid [80]. The protocatechuic-
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acid-accumulating strain could be used to funnel complex mixtures of aromatic compounds into
protocatechuic acid. In A. flavus, conversion of p-coumaryl alcohol into p-coumaric aldehyde, fol-
lowed by conversion into p-coumaric acid, followed by conversion into p-hydroxybenzoic acid
and protocatechuic acid, was observed [62]. Interestingly, A. japonicus can convert veratric acid
into protocatechuic acid [12], while in A. niger, veratric acid is converted into vanillic acid [81].
A. fumigatus is able to degrade p-cresol, which is suggested to subsequently be converted into
p-hydroxybenzyl alcohol, followed by p-hydroxybenzaldehyde and p-hydroxybenzoic acid, and
finally, into protocatechuic acid [34]. In another suggested pathway, p-cresol is converted into
4-methylcatechol, (3,4-dihydroxybenzyl alcohol), protocatechualdehyde and protocatechuic
acid, which is then converted by prcA into 3-oxoadipate. No evidence was found in A. niger
that p-cresol is converted through these pathways [28]. In A. japonicus, p-anisic acid can also
be reduced to the corresponding aldehyde and alcohol form [12], but this was not observed in
A. niger [28]. In A. sojae, protocatechuic acid is decarboxylated to catechol [75].

Figure 3. Benzoic acid and related compounds metabolic pathway in A. niger. Black arrows represent
observed A. niger metabolic pathways and boxes near an arrow represent the enzymes catalyzing the
reactions. Pathways that were not observed in A. niger but in other Aspergilli are marked with green
(A. japonicus), blue (A. flavus), orange (A. fumigatus) or red (A. sojae) arrows.
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Despite the fact that most meta- and para-hydroxylated benzoic acids are converted
toward protocatechuic acid, several exceptions have been observed (Figure 3). A. flavus and
A. niger are also able to reduce benzoic acid to benzyl alcohol, possibly with benzaldehyde
as an intermediate [82,83].

5. Metabolism of Guaiacyl Units and Related Aromatic Compounds

Guaiacyl units, a key building block of lignin in gymnosperms (softwoods),
feature a methoxy group at the meta-position and a hydroxyl group at the para-
position on their aromatic ring (Figure 4). Coniferyl alcohol, ferulic acid, guaia-
col, vanillic acid and vanillin are all guaiacyl units. As mentioned previously, in
A. niger, ferulic acid is converted into vanillic acid through the CoA-dependent beta-
oxidative metabolic pathway. Recently, the gene and enzyme vanillate hydroxylase
A (VhyA), involved in the conversion of vanillic acid into methoxyhydroquinone,
was identified [81]. This pathway was also observed in A. flavus, Paecilomyces variotii
and Sporotrichum pulverulentum [82,84,85]. Methoxyhydroquinone is further processed
through ring cleavage by methoxyhydroquinone 1,2-dioxygenase (MhdA) [81]. Deletion
of vhyA in A. niger showed that, when grown on coniferyl alcohol, ferulic acid, vanillin,
vanillyl alcohol, veratryl alcohol, veratric aldehyde or veratric acid, the fungus converts
these substrates into vanillic acid, which subsequently accumulates due to the deletion
of vhyA [81].

In A. niger, vanillin is converted into vanillic acid by vanillin dehydrogenase (VdhA)
(Figure 4). Deletion of vdhA halted growth on vanillin and vanillin did not accumulate in
the ΔvdhA mutant when grown on ferulic acid or coniferyl alcohol, indicating that ferulic
acid is not degraded to vanillin in A. niger [35,81]. It has been shown in A. niger and
A. japonicus that vanillin can also be reduced to vanillyl alcohol [12,81]. In A. luchuensis,
vanillin is converted into vanillic acid but is also converted into vanillin-glucoside [33].
Aspergillus carbonarius and several Trichoderma species have been observed to produce
vanillin from vanillic acid, while none of the other tested Aspergillus and Penicillium
species were able to perform this conversion, which indicates that they are lacking
a vanillate reductase [86]. Demethylation of vanillin to p-hydroxybenzaldehyde was
observed in A. japonicus [12].

Other pathways have been observed in fungi in which vanillic acid is decarboxy-
lated to guaiacol, protocatechuic acid, vanillin and/or vanillyl alcohol [86]. Interestingly,
A. flavus, A. niger and A. nidulans are only able to convert vanillic acid into methoxyhydro-
quinone, while multiple Aspergillus and Penicillium species are able to convert vanillic acid
into methoxyhydroquinone but also into protocatechuic acid or guaiacol.

In A. japonicus, it was suggested that veratric acid is demethylated to vanillic acid,
followed by an additional demethylation to protocatechuic acid (Figure 4) [12]. The con-
version of vanillic acid into protocatechuic acid has also been reported in F. solani [48]. In
A. niger, veratric acid, veratric aldehyde and veratryl alcohol are converted into vanillic
acid, but the conversion toward protocatechuic acid was not observed [28,81]. The gene
encoding veratric acid demethylase remains to be identified. As observed with other
aromatic acids, reduction to its aldehyde and alcohol form has been observed, where both
A. flavus and A. japonicus are able to reduce veratric acid toward veratric aldehyde and
veratryl alcohol [12,82].
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Figure 4. Vanillic acid and related compounds metabolic pathway in A. niger. Black arrows rep-
resent pathways observed in A. niger. Boxes near an arrow represent the enzymes catalyzing the
reactions. Pathways that were not observed in A. niger but in other Aspergilli are marked with green
(A. japonicus), pink (A. carbonarius), Cyan (A. luchuensis) and yellow (A. parasiticus) arrows.

6. Conversion of Syringyl Units

While syringyl units, in combination with guaiacyl units, are the predominant
building blocks of lignin in hardwoods, the degradation of syringyl units by fungi
remains less understood. Syringyl units, such as sinapyl alcohol, sinapic acid, syringic
acid and syringic aldehyde, feature two methoxy groups at both meta-positions and
a hydroxyl group at the para-position on their aromatic ring (Figure 5). It is observed
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that A. niger can degrade sinapic acid (3,5-dimethoxy-4-hydroxycinnamic acid) and
syringic acid (3,5-dimethoxy-4-hydroxybenzoic acid) (Lubbers et al., unpublished data).
However, it remains unknown how these are degraded. Sinapic acid is not degraded
through the CoA-dependent beta-oxidative pathway since deletion of hcsA, foxA, or
katA did not result in any growth phenotype [36]. No other new studies have become
available concerning the degradation of syringyl units by Aspergilli and therefore the
metabolic pathways remain unknown.

Figure 5. Gallic acid and related compounds metabolic pathway in A. niger. Black arrows represent
pathways observed in A. niger. Boxes near an arrow represent the enzymes catalyzing the reactions.
Suggested pathways are marked with dashed arrows. Pathways that were not observed in A. niger
but in other Aspergilli are marked with gray (A. oryzae) and light blue (A. nidulans) arrows.
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7. Gallic Acid Metabolic Pathways

Gallic acid (3,4,5-trihydroxybenzoic acid) is a commonly observed metabolite in the
degradation of syringyl units [11] and is part of the polymeric aromatic compound tannic
acid. It has been shown that many Aspergillus species can release gallic acid from tannic
acid using tannases [87–89]. Gallic acid has anti-oxidative and anti-microbial properties
and is applied in the cosmetic, food and beverage, agricultural and pharmaceutical
industries [90].

Currently, not many gallic acid metabolic pathways have been observed in fungi [11].
In A. oryzae, gallic acid is converted into pyrogallol (1,2,3-trihydroxybenzene), progallin
A (ethyl 3,4,5-trihydroxybenzoate) and methyl gallate (Figure 5) [91]. It was suggested
that these compounds were further processed by a ring-opening reaction. In A. niger
and A. nidulans, gallic acid is converted into 1,2,3,5-tetrahydroxybenzene, catalyzed by
PhyA [76,92]. Deletion of 17 putative dioxygenase genes, including prcA, hqdA, and
crcA, did not impair growth on gallic acid, suggesting that gallic acid is metabolized
through an alternative pathway [92]. In A. nidulans, it has been proposed that 1,2,3,5-
tetrahydroxybenzene is further converted into 5-hydroxydienelactone by a DUF3500-
containing protein (AN10530) functioning as a putative dioxygenase [76]. Homologs of
this gene are present in A. niger and remain to be studied.

8. Salicylic Acid Metabolic Pathways

Salicylic acid (2-hydroxybenzoic acid) is a well-known signaling molecule in plants
and is involved in the defense against pathogens [93]. Currently, only a limited number of
fungal salicylic acid metabolic pathways have been characterized. The most commonly
observed conversion is the hydroxylation of the carboxylic group of salicylic acid, resulting
in the formation of catechol (1,2-dihydroxybenzene). This conversion is catalyzed by the
salicylic acid hydroxylase (ShyA) [22]. This conversion was observed in several Aspergilli,
including A. niger, A. japonicus, A. nidulans and A. terreus, but also in other fungi, such
as Epichloë festucae and Sclerotinia sclerotiorum (Figure 6) [12,22,76,94–96]. Alternatively, it
has been proposed in A. nidulans and Fusarium graminearum that salicylic acid can also
be hydroxylated to 2,3-dihydroxybenzoic acid (o-pyrocatechuic acid) [76,97], followed by
a decarboxylation step to catechol catalyzed by 2,3-dihydroxybenzoic acid decarboxylase
(DhbA) [22–24]. In A. niger, no evidence was found of the hydroxylation of salicylic
acid to 2,3-dihydroxybenzoic acid since the deletion of shyA resulted in the cessation
of growth on salicylic acid and deletion of dhbA did not result in reduced growth on
salicylic acid [22]. Deletion of catechol 1,2-dioxygenase (CrcA) revealed that salicylic
acid, 2,3-dihydroxybenzoic acid and catechol are converted toward cis,cis-muconic acid.
Cis-cis-muconic acid is an interesting compound since it a valuable chemical building
block that can be used for polymer and drug production [98]. In A. fumigatus, phenol can
be ortho-hydroxylated to catechol and cis,cis-muconic acid but also para-hydroxylated to
hydroquinone (1,4-dihydoxybenzene) and hydroxyquinol [34].

Recently, an additional salicylic metabolic pathway was observed in A. terreus
in which salicylic acid is hydroxylated to gentisic acid (2,5-dihydroxybenzoic acid)
(Figure 6) [94]. Gentisic acid is further converted into maleylpyruvate by a putative gen-
tisate 1,2-dioxygenase (ATEG_06714). In N. crassa, salicylic acid can also be reduced
to salicylic aldehyde and salicyl alcohol [99]. These pathways have not been observed
in Aspergilli.
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Figure 6. Salicylic acid metabolic pathway in A. niger. Boxes near an arrow represent the enzymes
catalyzing the reactions. Suggested pathways are marked with dashed arrows. Pathways that
were not observed in A. niger but in other Aspergilli are marked with brown (A. terreus), orange
(A. fumigatus) or light blue (A. nidulans) arrows.

9. Ring Cleavage Pathways

The cleavage of the aromatic ring is a critical step in the detoxification and utilization
of aromatic compounds as a carbon source. In fungi, most aromatic compounds are mainly
converted toward catechol, hydroxyquinol, gallic acid, gentisic acid, protocatechuic acid
or pyrogallol. These aromatic compounds are targeted by dioxygenases that catalyze
the ring cleavage. The cleaved compounds are converted in multiple steps into acetyl-
CoA, fumarate, oxaloacetate, pyruvate, or succinate and enter the TCA cycle [11,100]. In
fungi, most aromatic compounds are cleaved by intradiol dioxygenases and use non-heme
Fe(III) to cleave the aromatic nucleus ortho to the hydroxyl substituents [101]. Extradiol
dioxygenases using non-heme Fe(II) or other divalent metal ions to cleave the aromatic
nucleus meta to the hydroxyl substituents are less common in fungi [11].
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Recently, multiple intradiol dioxygenases have been described in A. niger. Cur-
rently, four dioxygenases have been studied:, the catechol 1,2-dioxygenase (CrcA), hydrox-
yquinol 1,2-dioxygenase (HqdA), protocatechuic 3,4-dioxygenase (PrcA) and NRRL3_05330,
a putative hydroxyquinol 1,2-dioxygenase [22,28–30]. Also, a methoxyhydroquinone
1,2-dioxygenase (MhdA) was identified that shares similarities with homogentisate 1,2-
dioxygenases [81]. The role of NRRL3_05330 remains unknown since deletion did not
result in any phenotypes [22].

Protocatechuic acid is one of the main intermediates in the degradation of hydroxy
phenolic compounds. It has been shown for several Aspergilli that the aromatic ring
of protocatechuic acid is cleaved into 3-carboxy-cis,cis-muconic acid and further con-
verted through the β-ketoadipate pathway into acetyl-CoA and succinyl-CoA [76,100].
Several genes in this pathway were identified in A. nidulans and deletion of these genes
resulted in reduced growth on protocatechuic acid [76]. More recently, the β-ketoadipate
pathway has been further studied in A. niger, resulting in the identification of four enzymes
(3-carboxy-cis,cis-muconate cyclase (CmcA; NRRL3_02586), 3-carboxymuconolactone hy-
drolase/decarboxylase (ChdA; NRRL3_01409), β-ketoadipate:succinyl-CoA transferase
(KstA; NRRL3_01886) and β-ketoadipyl-CoA thiolase (KctA; NRRL3_01526)) [100]. In ad-
dition, an essential protein (NRRL3_00837) was found to be involved in the β-ketoadipate
pathway, but its function remains unknown [100].

In A. nidulans and A. niger, catechol is cleaved by CrcA into cis,cis-muconic acid, with
subsequential conversion toward 3-oxoadipate. In A. nidulans, several genes involved
in the degradation of catechol have been identified via whole-genome transcriptomics
and proteomics [76]. Deletion of AN3895 (muconate isomerase), AN4061 (muconolac-
tone isomerase), and AN4531 (3-oxoadipate enol-lactone hydrolase) results in the forma-
tion of cis,cis-muconic acid, muconolactone and 3-oxoadipate enol-lactone, respectively,
when grown on salicylic acid. Homologs of these genes were also identified in A. niger via
whole-genome transcriptomics and were strongly induced by salicylic acid [22].

10. Regulation of Aromatic Metabolic Pathways

Transcriptional regulators are important for the regulation of metabolic pathways in
fungi. Many transcription factors involved in the regulation of sugar metabolic pathways
have been described [102]. However, only a few transcriptional regulators involved in
the regulation of metabolic pathways for aromatic compounds have been identified. Re-
cently, a regulator/repressor (TanR/TanX) complex involved in the regulation of gallic
acid metabolic genes has been identified [92]. Whole-genome transcriptomic data con-
cerning A. niger ΔtanX grown on fructose revealed that phyA is 2300 times more expressed
than the parental strain. As mentioned previously, the cinnamic/sorbic acid metabolic
pathway genes cdcA and padA are regulated by SdrA. More recently, it was shown that
the weak acid regulator A and B (WarA and WarB) also play a role in the degradation
of cinnamic acid and sorbic acid; however, the exact role of WarA and WarB needs to be
further studied [103].

Fatty acid regulator A (FarA) has a role in the degradation of fatty acids [104,105] but
also hydroxycinnamic acids in A. niger [106]. Deletion of farA results in reduced growth on
p-coumaric acid and halted growth on ferulic acid and caffeic acid and the fatty acids valeric
acid and oleic acid. A new far-like protein (FarD) was identified and deletion of it results in
the cessation of growth on caffeic acid and ferulic acid and reduced growth on p-coumaric
acid and p-hydroxybenzoic acid. Deletion of farA in A. nidulans results in reduced expression
of foxA [104], which is also important for the degradation of hydroxycinnamic acids [36].
A putative FarA binding site has been observed in the promoter of hscA [106]. The exact role
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of FarA in the degradation of aromatic compounds needs to be studied further, but it is highly
likely that it regulates genes involved in the CoA-dependent beta-oxidative metabolic pathway.

Recently, it was observed that the regulator FarB has a role in the degradation of
benzoic acid, vanillic acid and the short fatty acid valeric acid, but not in the degradation of
p-coumaric acid, caffeic acid, protocatechuic acid or p-hydroxybenzoic acid [106]. Currently,
it remains unknown which genes are regulated by FarB. However, it is possible that
FarB regulates bphA since reduced growth was observed on benzoic acid but not on
p-hydroxybenzoic acid and protocatechuic acid, which correlates to the bphA deletion
phenotype (Table 1).

11. Future Perspectives: Strategies for Studying and Identifying Aromatic
Metabolic Pathways in Filamentous Fungi

The aromatic metabolic pathways of filamentous fungi belonging to the Aspergillus
family have been better-studied compared to other fungal species. However, many fungal
aromatic metabolic pathways still have gaps or remain unstudied. In addition, many of the
enzymes involved in these pathways remain to be identified.

To study the aromatic metabolic pathways in fungi, deletion of the ring-cleaving
dioxygenases is a straightforward approach, as these enzymes play critical roles in the
metabolic pathway and deleting them causes severe phenotypes on aromatic compounds
(Table 2) [11,76,81,92]. In A. niger, deletion of prcA led to clear phenotypes on many aro-
matic compounds related to the H-unit, while deletion of hqdA alone did not result in any
phenotypes on the tested aromatic compounds [29]. However, the combined deletion of
prcA and hqdA resulted in more severe phenotypes and even revealed the existence of an
alternative pathway in A. niger. Deletion of mhdA, revealed that aromatic compounds re-
lated to the G-unit are degraded to methoxyhydroquinone [81]. This pathway is important
in relation to creating aromatic compounds such as vanillin and vanillic acid. Deletion of
crcA revealed that salicylic acid and 2,3-dihydroxybenzoic acid are degraded to catechol
and that there is no alternative enzyme or pathway present in A. niger [22]. It appears that
in A. niger, ortho-hydroxylated benzoic acids are converted into catechol, while meta- and
para-hydroxylated benzoic acids are converted into protocatechuic acid and hydroxyquinol.
Meta-methoxylated compounds such as ferulic acid, vanillic acid and veratric acid are
converted into methoxyhydroquinone.

For the identification of genes encoding aromatic-compound-converting enzymes,
whole-genome transcriptomics is a strong tool that can aid in the identification
of genes after exposure to aromatic compounds. Currently, most genes involved in
the aromatic metabolism of A. niger and A. nidulans have been identified using this
approach [21,29,36,76,81,92]. In A. niger, a short exposure of 2 h to an aromatic com-
pound can result in a strong induction of aromatic compound metabolic genes. For
example, the salicylic acid metabolic genes shyA, dhbA and crcA are strongly upregulated
by salicylic acid and by not p-hydroxyphenyl or guaiacylic aromatic compounds such as
benzoic acid or p-coumaric acid, ferulic acid or vanillic acid. Similar observations were
made for vhyA and mhdA, which are strongly induced by guaiacylic aromatic compounds,
while the CoA-dependent β-oxidative genes hcsA, foxA, katA, theA, theB, theC and theD
are strongly induced by hydroxycinnamic acids. This demonstrated that these genes are
not only rapidly upregulated but also induced by specific aromatic compounds.
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12. Future Perspectives: Production and Accumulation of Aromatic
Compounds Using Fungi

As previously discussed, the aromatic metabolic pathways and the genes encoding
aromatic-converting enzymes are slowly being identified (Table 1). Therefore, there are not
many examples demonstrating the use of fungi in creating aromatic compounds. As vanillin
cannot be produced by A. niger (Figures 1 and 3), a two-step bioconversion with A. niger
and the basidiomycete Pycnoporus cinnabarinus was used to demonstrate that vanillin can be
produced from an agricultural waste stream, sugar beet pulp [107]. In this process, ferulic
acid was released from the sugar beet pulp using heat, pressing, decantation and enzymatic
treatments, resulting in 1 g of ferulic acid from 1 kg of dry sugar beet pulp. In the first
step, precultured A. niger was grown with 900 mg of extracted ferulic acid for 4 days. The
highest yield was observed at day 6, resulting in the formation of approx. 350 mg/L (50%
molar yield) of vanillic acid and 85 mg/L (13.5% molar yield) of methoxyhydroquinone.
The medium containing the produced vanillic acid was than filtered and used for the
second step. In this step, P. cynnabarius was added to the medium to convert vanillic
acid (150 mg/L) into vanillin (approx. 100 mg/L, 80% molar yield). It was observed
that in the first step in this process, vanillic acid is converted into methoxyhydroquinone
and degraded as a carbon source. This process could now be optimized in A. niger, with
the deletion of mhdA resulting in the blockage of this conversion and therefor a higher
vanillic acid yield [81]. In addition, the usage of P. cinnabarinus could also be removed by
introducing a carboxylic acid reductase that converts vanillic acid into vanillin in A. niger
and the deletion of vdhA to prevent the conversion of vanillin into vanillic acid. The highest
reported vanillin production to date, using microorganisms, has been achieved using
a genetically optimized strain of Amycolatopsis sp. (ATCC 39116) capable of converting
49.5 g of ferulic acid into 36.8 g of vanillin, corresponding to an approximate molar yield of
95% [108]. Currently, no genetically optimized fungi capable of vanillin production have
been reported.

Another opportunity lies in the ability to accumulate aromatic compounds. Deletion
of prcA and phyA showed that many H-unit-related aromatic compounds can be converted
and accumulated into protocatechuic acid [28]. In addition, deletion of vhyA showed that
many G-unit-related aromatic compounds can be converted into vanillic acid [81]. This means
that complex mixtures of aromatic compounds can be converted into protocatechuic acid or
vanillic acid. It has been demonstrated that a mixture of benzoic acid, benzaldehyde, caffeic
acid, p-coumaric acid and p-hydroxybenzoic acid was efficiently converted into protocatechuic
acid [28]. This ability is useful for processing complex mixtures of aromatic compounds, like
those from depolymerized lignin, by funneling them into a single aromatic product.

13. Conclusions

In this review, recent advances in the understanding of aromatic metabolism in
A. niger are highlighted. It is important to note that Aspergillus species, in general, possess
a remarkable diversity of aromatic metabolic pathways, reflecting their adaptability to
different environmental conditions and substrates. Given the already substantial versatility
observed in Aspergillus species, it is anticipated that even greater metabolic diversity will be
uncovered when studying basidiomycetes, which are known for their complex and highly
specialized systems for degrading aromatic compounds such as lignin or other aromatic
polymers. Understanding the metabolic pathways also creates new opportunities for the
synthesis of aromatic compounds using fungi. Currently, the first steps toward creating
an aromatic-compound-producing fungal cell factory are being taken, but it is clear that
substantial knowledge gaps remain, particularly in terms of the identification of the genes
and enzymes underlying many of these metabolic pathways.
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Abstract

Microalgae and cyanobacteria, as versatile photoautotrophic microorganisms, hold signifi-
cant promise for mitigating soil and water pollution—particularly the removal of pesticides.
This review examines their multifaceted roles in pesticide biodegradation, emphasizing
how their metabolic capabilities simultaneously reduce environmental toxicity, enrich
soil properties, and support beneficial microbiota. Cultivation in wastewater treatment
systems further highlights their potential for cost-effective bioremediation, as these mi-
crobes degrade pesticides, recycle nutrients, break down organic pollutants, and generate
biomass with value-added applications. Despite these advantages, implementing large-
scale processes remains challenging. Key hurdles include optimizing growth parameters,
preventing contamination, improving harvest efficiency, and designing robust bioreactors.
Addressing these complexities demands interdisciplinary collaboration in strain selection,
metabolic engineering, and process intensification. By capitalizing on microalgae and
cyanobacteria’s adaptability and metabolic flexibility, we can develop more sustainable
management strategies that reduce reliance on chemical inputs, foster soil health, and
contribute to long-term ecological restoration. Ultimately, these microorganisms have the
potential to reshape environmental stewardship by combining economic viability with
broad-scale ecological benefits.

Keywords: microalgae; cyanobacteria; biodegradation; pesticide; soil health

1. Introduction

Intensive pesticide use has undoubtedly bolstered agricultural productivity and mini-
mized crop losses, thus contributing to global food security and economic growth. However,
their persistent nature and high accumulation rates pose severe environmental risks with
frequent application [1]. According to forecasts by Statista, global agricultural pesticide
consumption is expected to rise to 4.41 million metric tons by 2027 [2]. Despite growing
interest in organic methods, chemical pesticides remain integral for enhancing crop yields
and ensuring regional food security. Yet, awareness of these chemicals’ health and ecologi-
cal dangers has led to increased efforts to mitigate their negative impacts [3]. Adhering
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to international standards for managing highly hazardous pesticides remains challeng-
ing. During the “Green Revolution,” synthetic pesticides were widely adopted to boost
productivity and meet global food demands; however, this approach harmed ecosystems
and human health. These unfavorable outcomes ultimately drove a shift toward sustain-
able development in the 1960s, prioritizing economic growth, societal acceptance, and
environmental protection.

In response, a comprehensive framework of 17 Sustainable Development Goals (SDGs)
and 169 related targets was established [4]. Some SDGs focus on eradicating hunger,
safeguarding human health, restoring ecosystems, and combating climate change. Achiev-
ing these objectives necessitates the responsible use of chemicals and the preservation of
soil and water quality. Bioremediation stands out as a promising strategy to rehabilitate
pesticide-contaminated soils by leveraging the metabolic capabilities of microorganisms,
particularly microalgae [5]. However, compared to bacteria and fungi, microalgae remain
relatively underexplored in soil bioremediation, despite growing interest in their potential
applications. Harnessing these biological resources within the soil biocenosis can expedite
the remediation and recovery of affected ecosystems. As ecological engineers, microalgae
and cyanobacteria regulate soil processes and create habitats for other organisms [6].

Their multifaceted contributions to soil health include forming organic matter through
biochemical reactions and colonizing niches unoccupied by higher plants, thereby captur-
ing additional solar energy and producing supplementary biomass, which improves soil
structure, enhances nutrient availability, and supports microbial diversity, ultimately pro-
moting soil fertility and ecosystem resilience [7]. These organisms are critical in early-stage
soil development and influence soil’s physical and chemical properties. Their functional
repertoire includes improving soil fertility through organic matter production, nitrogen
fixation, and enhanced nutrient availability, as well as providing anti-erosion benefits
via mucilaginous substances and filamentous thalli [8–10]. By incorporating such sus-
tainable approaches to pest management and soil health, agriculture can move closer to
achieving key global sustainability objectives while mitigating the far-reaching impacts of
pesticide misuse.

The use of microalgae and cyanobacteria in bioremediation is advantageous because
they can continue to grow even after the primary contaminant (organic pollutant) source
is depleted, thanks to mixotrophic metabolism—combining photosynthesis with uptake
of organic carbon. This contrasts with strictly heterotrophic bacteria, whose growth often
declines when contaminant concentrations drop [11]. However, this capacity may be limited
in deeper soil layers due to reduced light penetration, which restricts photosynthetic
activity. This highlights the urgent need to identify highly adaptable strains of these
photoautotrophic microorganisms that can efficiently degrade organic pollutants while
simultaneously improving soil fertility. Although microalgae are frequently present in
contaminated habitats, their role in soil pollutant degradation is often underestimated.
Consequently, investigating microalgae and cyanobacteria with pesticide biodegradation
capabilities is critical not only for remediating contaminated ecosystems but also for
reducing the environmental impacts of pesticide use in agriculture.

This article aims to evaluate the potential of microalgae and cyanobacteria in pesticide
biodegradation and soil fertility enhancement while examining their incorporation into
sustainable farming practices. Specifically, it explores the mechanisms of pesticide break-
down, the impact of these microorganisms on soil structure and nutrient availability, and
their overall economic and environmental benefits. The novelty of this work lies in its inter-
disciplinary perspective, integrating information on the metabolic pathways of pesticide
degradation, the ecological ramifications of using microalgae and cyanobacteria, and their
contributions to biomass production in closed-loop agroecosystems. Synthesizing these
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findings, the study advances environmentally sound strategies for managing agricultural
landscapes and mitigating agrochemical pollution.

To achieve these objectives, the review is based on a systematic selection of literature
from international databases including Scopus, Web of Science, PubMed, and Google
Scholar. The search was conducted using the keywords “Microalgae,” “Cyanobacteria,”
“Biodegradation,” “Pesticide,” and “Soil Health.” Preference was given to peer-reviewed
publications from the last 10–15 years that directly address the role of microalgae and
cyanobacteria in pesticide degradation and soil fertility improvement.

2. The Problem of Soil Contamination with Pesticides

The global expansion of agriculture has driven a sharp rise in pesticide use, conferring
considerable economic gains yet posing serious threats to environmental health and human
well-being. Pesticides are purposefully introduced to control pests and safeguard crops,
thereby boosting yields and enhancing the quality of agricultural commodities [12]. They
offer direct benefits—reducing pest-related damage—and indirect advantages such as
increased income and improved living standards [13]. Beyond farming, pesticides help
maintain recreational areas and protect public health, anchoring their role in the global
economy. However, the intensifying reliance on chemical controls underscores the urgent
need to reconcile agricultural productivity with environmental stewardship.

Modern irrigation techniques, optimized seed varieties, and the judicious application
of agricultural chemicals have collectively quadrupled grain yields since the late 17th
century [14]. Effective weed management, mainly through pesticide use, has been instru-
mental in preventing substantial crop losses. For example, in medium-level rice cultivation,
timely and efficient weed control can avert yield reductions of 28% to 48%, while severe
infestations can result in up to a 40% decrease [15]. Although these achievements have
bolstered global food security, the intensification of pesticide application raises significant
concerns about sustainability and the long-term health of ecosystems.

The pervasive use of pesticides carries critical risks, as these compounds contaminate
soil, water, air, and food supplies, jeopardizing both biodiversity and public health. Once
released, their distribution and transformation escape direct human oversight, compound-
ing challenges in monitoring and mitigation (Figure 1). Different classes of pesticides exert
specific toxic effects: organophosphates disrupt acetylcholinesterase activity, leading to
neurotoxicity [16]; organochlorines persist in the environment and bioaccumulate, causing
endocrine disruption and reproductive toxicity [17]; carbamates also inhibit cholinesterase
but are less persistent, producing acute but reversible neurotoxic effects [18]; and triazine
herbicides interfere with photosynthesis in plants and can act as endocrine disruptors
in animals [19]. Environmental factors—such as soil chemistry, oxygen availability, light
intensity, and climate—further influence how pesticides degrade, disperse, and accumulate
in living organisms. Alarmingly, many pesticides form novel byproducts with unique
chemical and biological properties, which can be more toxic than the primary compound.
For example, the herbicide atrazine degrades into deethylatrazine and deisopropylatrazine,
both of which are more mobile in soil and groundwater and may disrupt endocrine sys-
tems [20]. Similarly, the abiotic transformation of the insecticide chlorpyrifos in chlorinated
water can lead to the formation of chlorpyrifos oxon, a metabolite with significantly greater
acetylcholinesterase inhibitory activity and, consequently, higher toxicity than the pri-
mary compound [21]. Given the far-reaching ecological and socioeconomic ramifications,
addressing the buildup of pesticides in the soil is an increasingly urgent priority for
global agriculture.
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Figure 1. Illustration of possible ways of pesticide exposure to the environment.

Pesticides profoundly negatively impact wildlife, particularly birds and other non-
target organisms. In the United States alone, an estimated 72 million birds die yearly from
pesticide exposure [22]. These chemicals can trigger acute and chronic effects, influenc-
ing wildlife at cellular, organismal, and population levels [23]. As growing populations
and agricultural demands drive increased pesticide use, global biodiversity faces escalat-
ing threats. Although the mechanisms by which pesticides target pest species are often
well characterized, their unintended consequences for wildlife and ecosystems remain
insufficiently examined [24].

Despite the notable economic advantages of pesticides, their adverse effects on human
health and the environment are a source of heightened concern. Pesticides can enter
the human body through inhalation, ingesting contaminated food or water, and skin
contact [25]. The skin represents a major route of pesticide entry, particularly during
production and application or through environmental contamination [26,27]. Residual
pesticides have been detected in water, air, soil, and various living organisms, underscoring
their pervasive presence [25].

Health effects stemming from pesticide exposure include both acute symptoms (e.g.,
abdominal pain, dizziness, headaches) and chronic conditions such as cancer, leukemia,
and asthma [25]. The degree of risk is influenced by factors like toxicity level, exposure
duration, and individual susceptibility, with children, pregnant women, and the elderly
being particularly vulnerable [25]. Although pesticides confer benefits in agriculture and
public health, their widespread use continues to spark debates regarding potential harm to
human health and ecosystems [27].
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In addition to direct health risks, pesticides pose significant environmental hazards
by contaminating air, soil, and water resources [28]. They enter the atmosphere through
aerial spraying and volatilization, sometimes accumulating overtime. Pesticide residues can
disturb microbial communities, alter chemical properties, and harm beneficial invertebrates,
reducing soil fertility [29]. Aquatic systems are especially susceptible to contamination
through direct spraying and runoff, which can pollute streams, lakes, and inland waters [28].
Of particular concern are persistent compounds like organochlorines, which accumulate in
food chains and amplify environmental and health risks [30].

The pervasive use of pesticides poses serious challenges, including groundwater and
food contamination and the bioaccumulation of toxic substances in plants and animals.
To mitigate these risks, the Pesticide Action Network (PAN) has compiled a comprehen-
sive list of highly hazardous pesticides [31] to prevent pesticide misuse and promote
environmentally friendly alternatives. One promising strategy in this regard is the expan-
sion of organic farming, which provides sustainable pest control measures and enhances
the overall environmental performance of agriculture. Economic considerations largely
explain the industry’s preference for conventional farming, as higher wages and stable
yields make it more attractive despite known health risks [32]. Moreover, economic anal-
yses indicate that pesticide use in conventional systems is close to optimal, reinforcing
their predominance over organic practices that rely primarily on machinery and cultural
changes [33]. Nevertheless, recent meta-analyses and long-term field trials show that
although organic farming yields remain on average ~18–25% lower than conventional
systems, this gap can be significantly narrowed by improved agronomic practices and
region-specific management [34,35]. In some cases, organic farms have achieved compara-
ble economic performance to conventional ones, especially when environmental and social
co-benefits are included [36].

Various laws and international agreements regulate pesticide use to minimize their
impact on human health, crops, and ecosystems. Three legally binding global conventions—
the Stockholm Convention [37], the Rotterdam Convention [38], and the Montreal Proto-
col [39]—specifically address persistent organic pollutants (POPs). Their goal is to limit
the harmful effects of these chemicals on humans and the environment. Methyl bromide,
for instance, is governed by the Montreal Protocol due to its ozone-depleting properties.
In 2009, a joint FAO/WHO expert group confirmed that pesticides covered under these
conventions belong to the POPs category, subjecting them to special international attention
and regulatory measures [40].

Pesticide regulation and approval differ widely across major agricultural nations [41].
Globally, there is a pressing need for improved pesticide governance to balance food
production demands with environmental stewardship [42]. This includes more robust
monitoring of pesticide impacts at the landscape level and proactive efforts to ban harm-
ful substances, incorporating new approaches resembling those used in pharmaceutical
oversight [42].

Reducing pesticides’ adverse effects on human health and ecosystems requires a
comprehensive strategy. Such an approach involves the safe storage and disposal of
pesticide waste and the remediation of contaminated sites. Advances in soil restoration
technologies are vital for ensuring environmental safety, demanding tailored solutions
based on specific site characteristics and pollutant profiles. Effective remediation ex-
tends beyond purifying the soil to prevent contaminants’ spread, underscoring the impor-
tance of regular soil and water quality monitoring and establishing buffer zones around
agricultural areas.

Interdisciplinary collaboration is essential for remediating polluted sites and integrat-
ing biological and chemical methods. Alongside the chemical breakdown of pesticides,
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restoring soil microbiota is pivotal for maintaining healthy ecosystem function. Biodegra-
dation has emerged as an innovative and promising strategy for detoxifying pesticide-
contaminated areas [43]. This process capitalizes on microorganisms capable of degrading
toxic compounds into less harmful or inert substances, thereby reducing environmental and
health risks [44]. Current research aims to identify and optimize microbial strains effective
against a range of pesticides and to develop scalable technologies that can restore extensive
contaminated regions [45]. Beyond its ecological benefits, biodegradation also decreases
the need for chemical decontamination methods, potentially offering more sustainable and
cost-effective solutions for managing pesticide pollution.

3. Microalgae as Pesticide Biodegraders: Mechanisms and
Degradation Processes

Microalgae comprise a highly diverse group of microscopic photosynthetic organisms,
encompassing prokaryotic cyanobacteria and eukaryotic green and diatom algae [46].
Their capacity to transform CO2 into biomass and various bioproducts—ranging from
nutrients to biofuels—has fueled applications in bioremediation, biofuel production, and
even the cosmetics and pharmaceutical industries [47,48]. Within this broad scope, one
particularly critical use lies in pesticide removal from soil and water. As ubiquitous
photosynthetic microorganisms found in both aquatic and terrestrial habitats, microalgae
are capable of utilizing autotrophic, mixotrophic, and heterotrophic modes of metabolism
and excel at breaking down organic and inorganic pollutants [8]. They have also shown
promise in remediating industrial wastewater contaminated with pesticides, removing
toxic compounds, metals, excess nutrients, and atmospheric CO2 [7,49,50] (Table 1).

Table 1. Mechanisms and pathways of pesticide and pollutant degradation by microalgae and
cyanobacteria.

Mechanism/Pathway Organism(s) Studied Target Pollutant(s)
Key Enzymes/Genes/
Processes

References

Degradation of
organophosphate
pesticide (hydrolysis and
transformation)

Microalgae and
cyanobacteria Methyl parathion

Hydrolysis and subsequent
metabolic transformation
(specific enzymes not
identified)

[8]

Aromatic hydrocarbon
degradation

Indigenous soil microbial
consortia
(diesel-contaminated soil)

Diesel hydrocarbons Catabolic genes xylE, ndoB [51]

Reductive dechlorination
via nitrate-reduction
system

Filamentous cyanobacteria Lindane

nir operon (nitrate
reduction),
light-dependent,
ammonium inhibition

[52]

Mixotrophic carbon
assimilation and
pollutant degradation

Mixotrophic cyanobacteria
and microalgae

Aromatic hydrocarbons,
pesticides

Mixotrophic growth,
pollutant adsorption;
potential enzymatic
transformation

[11,53]

Phytoremediation of
wastewater pollutants

Various microalgae and
cyanobacteria

Organic pollutants in
wastewater

Adsorption, enzymatic
transformation [54,55]

Degradation of phenolic
and heterocyclic aromatic
compounds

Lyngbya lagerlerimi, Nostoc
linckia, Oscillatoria
rubescens, Elkatothrix viridis,
Volvox aureus

Phenols, PAHs
Phenol oxidation to
catechol; further
degradation observed

[56]

Plastic degradation
potential Microalgae, cyanobacteria Plastics Oxidation, enzymatic

breakdown [57]
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Two primary processes are central to these remediation capabilities: biosorption and
biodegradation [58]. Biosorption is a rapid, energy-independent mechanism involving the
passive binding of pesticides onto microalgal cell walls—a process facilitated by functional
groups like carboxyl, hydroxyl, and amine moieties [49,59,60]. Modifications in cell wall
structure, pH, temperature, and competing ions can significantly affect this adsorption
efficiency [61–63]. Biosorption using microalgae, particularly Chlorella species, demon-
strates significant potential for pesticide removal from contaminated water. Studies have
shown that Chlorella vulgaris can remove 86–99% of pesticides, with dead or lyophilized
biomass often outperforming living cells [59,64]. Similarly, Chlorella sorokiniana achieved
up to 99.8% removal of chlorpyrifos at 300 ppm within 120 h [65]. These results indicate
that biosorption, primarily through adsorption onto algal cells, is highly effective, although
efficiency depends on factors such as pH, contact time, and initial concentrations [66]. For
example, an increase in pH leads to decreased biosorption efficiency, as many pesticides
under these conditions may exist in anionic form that binds less effectively to cell walls [7].
Moreover, coexisting contaminants such as heavy metals (Pb2+, Cd2+, Zn2+) and organic
pollutants may compete for the same binding sites (e.g., carboxyl, hydroxyl, and amino
groups) on algal cell surfaces, thereby reducing biosorption efficiency and complicating
real-world remediation processes [67].

Biodegradation complements biosorption by actively breaking down pesticides into
less harmful or non-toxic substances. Biodegradation complements biosorption by actively
breaking down pesticides into less harmful or non-toxic substances. This process leverages
the metabolic versatility of microalgae, supported by antioxidant enzymes and other pro-
tective mechanisms that mitigate oxidative stress [49]. Collectively, these strategies enable
microalgae to treat a variety of pollutants—including phosphorus, nitrogen, heavy met-
als, dyes, and pharmaceutical compounds—while thriving in diverse environments [50].
Combining biosorption’s rapid, passive uptake with biodegradation’s sustained metabolic
breakdown, microalgae offer a multifaceted solution for pesticide remediation in agricul-
tural runoff and industrial effluents, contributing to more sustainable and ecologically
responsible pest management practices [5,49].

These complementary mechanisms highlight the significant potential of microalgae
in reducing pesticide loads from contaminated environments [58]. Biosorption, in which
pesticides are adsorbed onto cell walls or secreted substances, is a rapid process that occurs
within minutes [59]. This approach involves the passive binding of pesticides to the cell
walls of microalgae, making it a fast and energy-independent purification method. The
adsorption of pesticides facilitates biosorption onto the surface of microalgal cells, where
interactions with the cell walls are promoted by the presence of functional groups such as
carboxyl, hydroxyl, and amine [49,60]. These groups serve as binding sites for pollutants,
enabling microalgae to remove pesticides and heavy metals through biosorption [60]. The
complex structure of microalgal cell walls and antioxidant enzymes play a crucial role
in pesticide removal and protection against reactive oxygen species [49]. Spectroscopic
analyses and chemical modification studies have identified carboxyl and amine groups
as key functional moieties responsible for binding [61]. However, exposure to pollutants
such as pesticides (herbicides and insecticides), hydrocarbons, and heavy metals can alter
the cell wall structure, affecting pore size, surface area, and the composition of functional
groups [62]. The chemical makeup of the cell wall strongly influences biosorption capacity—
cell walls rich in polysaccharides, lipids, and proteins can adsorb significant amounts of
pesticides [68].

One of the main advantages of biosorption is its speed and ease of implementation:
in long-term experiments, Chlorella vulgaris demonstrated the removal of 87–96.5% of
pesticides such as chlorpyrifos, malathion, and carbofuran, and up to 99% in short-term
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studies [59]. In agricultural runoff, Chlorella sp. achieved 100% removal of chlorpyrifos,
while Scenedesmus sp. removed 75% [69]. However, despite the high efficiency of biosorp-
tion, this process is reversible when environmental conditions such as pH or temperature
change, adsorbed pesticides may be released back into the water, necessitating further
refinement of removal processes [59]. Moreover, other contaminants in the water can reduce
effectiveness by competing with pesticides for binding sites on the surface of microalgal
cells [67]. An important consideration is that pollutants adsorbed by microalgae may
become available again if no further biodegradation occurs. Therefore, integration with
bacteria and fungi capable of degrading pesticides is essential to ensure their complete
detoxification [70]. While contaminated biomass can be harvested from aquatic environ-
ments, its application in soils requires careful management, since residual pollutants may
be re-released [71]. In situ applications that combine biosorption with microbial biodegra-
dation are particularly promising, as they allow for effective remediation while saving
water and time at contaminated sites [72].

Biodegradation, which converts pesticides into simpler and less toxic compounds, is
considered the most promising mechanism for long-term reclamation [58]. The efficiency
of pesticide removal and its impact on microalgal metabolism depend on factors such as
pesticide type, concentration, and the strain of algae used [49]. Through their metabolic
processes, microalgae can break down organic substances into smaller molecules; some
of these products can serve as nutrients to support their growth, while others may not be
metabolized efficiently [73]. Notably, the efficiency of pesticide biodegradation by microal-
gae often surpasses that of photodegradation under natural lighting [74]. For example,
three filamentous algal strains—Nostoc muscorum, Anabaena oryzae, and Spirulina platen-
sis—showed average removal efficiencies for the organophosphorus pesticide malathion of
91%, 65%, and 54%, respectively [75]. In another study, five green algae species, including
Scenedesmus sp. MM1, Scenedesmus sp. MM2, Chlamydomonas sp., Stichococcus sp., and
Chlorella sp., demonstrated high detoxification abilities for fenamiphos, with Chlorella sp.
achieving a removal efficiency of over 99% [76]. Microalgae can degrade pesticides through
natural metabolic pathways, including enzymatic processes such as esterase, transferase,
and cytochrome P450, converting them into less toxic organic compounds while releasing
oxygen [77]. Various pesticides—including atrazine, propanil, metolachlor, pyriproxyfen,
dimethoate, carbofuran, isoproturon, molinate, and simazine—can be degraded by mi-
croalgae up to 87–96% under controlled conditions [64]. For instance, at a trichlorfon
concentration of 100 mg/L, Chlamydomonas reinhardtii showed 100% pesticide removal,
although higher concentrations of 200 mg/L suppressed algal growth by 51% [78]. Two
microalgal strains, Microcystis sp. and Scenedesmus quadricauda, demonstrated the ability
to remove 18.3% and 15.2% of mesotrione, respectively, after 96 h of cultivation in BG-11
medium supplemented with mesotrione at 5 mg/L [79].

Microalgae possess catabolic genes that enable the breakdown of numerous soil pollu-
tants [11]. They demonstrate considerable potential for bioremediation through multiple
mechanisms. Microalgae efficiently remove heavy metals and pesticides from contaminated
soils, providing advantages such as high remediation efficiency, low operational costs, and
eco-friendly treatment compared to conventional chemical or physical approaches [80].
Indigenous microbial consortia in diesel-contaminated soils carry catabolic genes (e.g., xylE,
ndoB) involved in aromatic hydrocarbon degradation, with a significant fraction of colonies
harboring these degradative genes [51]. Mobile genetic elements carrying catabolic genes
may accelerate bioremediation via horizontal gene transfer, although field-scale applica-
tions remain limited [81]. Mixotrophic cyanobacteria and microalgae possess endogenous
enzymes such as cytochromes P450, glutathione-S-transferases, and esterases, which par-
ticipate in the transformation of organic pollutants, combining carbon sequestration with
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degradative functions and making them promising candidates for genetic engineering
and large-scale bioremediation applications [11]. Many species have been studied for
their potential in bioremediation, with cyanobacteria such as Anabaena sp. PCC7120 and
Nostoc ellipsosporum show particular efficacy in degrading lindane, a persistent chlorinated
pesticide [82]. The process involves dechlorination, converting lindane into simpler com-
pounds such as pentachlorocyclohexene and trichlorobenzene [83]. This transformation
is dependent on nitrate availability and the presence of a functional nir operon, which
encodes the enzymes required for nitrate utilization [84]. Anabaena sp. PCC7120 also
exhibits the capacity to biotransform other pesticides (e.g., aldrin and chlorpyrifos-methyl)
via cytochrome P450-dependent monooxygenases [85]. Recent studies point to the presence
of potential lin gene orthologs in Anabaena sp. PCC7120, suggesting additional genetic
pathways involved in lindane degradation [83].

Other microalgae and cyanobacteria likewise demonstrate robust pesticide-degrading
abilities: Chlorella vulgaris, Scenedesmus bijugatus, Nostoc linckia, Nostoc muscorum,
Oscillatoria animalis, and Phormidium foveolarum all actively metabolize the organophos-
phorus insecticide methyl parathion by using it as a phosphorus source [52]. Anabaena
fertilissima has proven especially effective at exploiting pesticides for phosphorus [86].
Anabaena sp. can degrade lindane, converting it into γ-pentachlorocyclohexene [82], while
soil cyanobacteria like Chlorococcum sp., Anabaena sp., and Nostoc sp. catabolize DDT to its
metabolites DDD and DDE [87]. Chlamydomonas reinhardtii exhibits high tolerance toward
trichlorfon, achieving complete biodegradation at concentrations up to 100 mg/L [78]. A
mixed culture of Chlorella vulgaris, Scenedesmus quadricauda, and Spirulina platensis removes
up to 99% of malathion and simultaneously reduces nickel, lead, and cadmium by 95%,
89%, and 88%, respectively [88]. Additionally, Scenedesmus obliquus can degrade chlorinated
phenols at varying efficiencies tied to toxicity level [89]. Microalgae such as Chlorella vulgaris
also convert diazinon into less toxic metabolites [90], while Scenedesmus sp. and Chloro-
coccum sp. transform endosulfan into endosulfan sulfate [91]. Chlorella sp. demonstrates
high atrazine-degrading efficiency, particularly at lower concentrations (5 mg/L). This
involves photocatalytic degradation, a process in which light energy drives enzymatic or
reactive species-mediated breakdown of atrazine, achieving a photo-catabolic degradation
coefficient of 31.4% within 60 min and removing 83.0–64.3% of atrazine at 40–80 μg/L after
eight days [92].

Beyond organism-level adaptations, metabolic pathways are crucial for pesticide
biodegradation, as microorganisms rely on diverse enzymatic systems to break down these
compounds into less toxic byproducts. Esterases, for instance, play a pivotal role in the ini-
tial hydrolysis of organophosphates, carbamates, and pyrethroids [93]. Carboxylesterases—
a specialized class of these enzymes—are notably practical at detoxifying ester-based
agrochemicals and occur in plants, animals, and microbes [94,95]. In addition, antioxidant
enzymes such as superoxide dismutase, catalase, and ascorbate peroxidase facilitate pesti-
cide elimination and shield cells from reactive oxygen species [49]. Carboxylesterase activity
also underpins the degradation of organophosphates [96]. Although high pesticide levels
can disrupt microalgal metabolic functions, strains like Chlorella sorokiniana can withstand
concentrations of up to 100 ppm [96]. Cytochrome P450 enzymes further contribute to this
process by mediating the oxidative degradation of xenobiotics, including herbicides [97].
In unicellular green algae, cytochrome P450 monooxygenases enable pre-herbicides’ N-
demethylation (e.g., metflurazon), influencing sensitivity to these compounds [98]. Even
nitroaromatic pollutants such as TNT can be broken down via nitrate reductases secreted by
microalgae [99]. Together, these interconnected genetic and enzymatic networks reinforce
the capacity of microalgae and cyanobacteria to serve as potent bioremediation agents for a
broad spectrum of pesticide contaminants. The metabolism of pesticides in microorganisms
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and microalgae is a complex, multifaceted process (Figure 2), typically comprising func-
tionalization (oxidation, reduction, hydrolysis), conjugation (e.g., glutathione, glucose, or
organic acids), and compartmentalization (vacuolar or extracellular deposition) [100]. Key
enzymes in these pathways include cytochrome P450-dependent monooxygenases, glu-
tathione S-transferases, and glucosyltransferases [101], and microbial pesticide degradation
may proceed via co-metabolism, conjugate formation, or accumulation.

Figure 2. Natural Mechanisms of Pesticide Detoxification by Microalgae.

The biodegradation of pesticides by microalgae is increasingly important, given their
efficiency in detoxifying harmful organic compounds in various environments. Numer-
ous studies indicate that microalgae perform well in pesticide biodegradation within
aquatic systems. For example, using live cells, Chlorella vulgaris can eliminate 87–96.5% of
pesticides in long-term experiments and 86–89% in short-term tests [59]. A microalgal con-
sortium showed effective degradation of hydrophobic pesticides, with overall degradation—
combining biodegradation and photodegradation—achieving removal rates of 55% for oxa-
diazon, 35% for chlorpyrifos, and 14% for cypermethrin [6]. Similarly, Chlorella vulgaris treat-
ments reduced the total concentrations of several commonly used industrial pesticides—
including carbofuran, carfentrazone-ethyl, fludioxonil, phenmedipham, propamocarb, and
terbuthylazine, among others—from 63.5 μg/L to 29.7 μg/L over four days, compared to
37.0 μg/L in the control samples [102]. The principal mechanisms of pesticide removal
are biosorption and biodegradation [64], although abiotic factors such as sunlight and
aeration also help reduce pesticide content [102]. These findings underscore the potential
of microalgae-based systems for purifying pesticide-contaminated waters.

These findings underscore the remarkable efficiency of bioremediation as an eco-
nomically and ecologically viable strategy for detoxifying pesticide-contaminated sites. A
thorough understanding of pesticide metabolism in microalgae is vital, not only for the
design of safer chemical compounds but also for the development of effective ecological
restoration methods. Deploying microalgae for the biodegradation of organic pollutants
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presents an innovative biotechnological solution to revitalize polluted or degraded ar-
eas, as well as to combat desertification in arid regions. Their aptitude for harnessing
solar energy and degrading multiple pollutants confers notable advantages in remediating
natural ecosystems.

Further research should optimize strain selection, reactor design, and operational
parameters—such as nutrient ratios and cultivation conditions—to maximize pesticide
removal. Metabolic engineering and pathway analyses can bolster specific degradation
routes, particularly for stubborn pollutants. Integrating microalgal systems into conven-
tional wastewater treatment or adopting modular photobioreactors could facilitate broader
agricultural runoff and industrial effluents implementation. Optimizing these remediation
approaches by selecting robust strains and refining application strategies will be critical
for advancing eco-friendly pest management practices that detoxify soils, enhance fertility,
and protect both human health and the environment.

4. Effect of Microalgae and Cyanobacteria on Soil Fertility

Microalgae significantly enhance soil fertility by improving soil structure, boosting
nutrient availability, and stimulating beneficial microbial activity [103]. Multiple stud-
ies confirm that microalgae and their extracts elevate soil biological activity, biochem-
ical indices, and plant growth [57]. As effective biofertilizers, they promote nutrient
cycling, produce bioactive substances such as phytohormones, and support beneficial soil
microorganisms [104]. Introducing cyanobacteria and microalgae provides advantages
such as higher seed germination rates, improved grain yields, and better crop nutritional
value [105]. Cyanobacteria can produce phytohormones—plant growth regulators such
as auxins, cytokinins, and gibberellins—that promote plant growth and development. In
addition, they contribute to nutrient mineralization, biocontrol, land reclamation, and
strengthening plant defense mechanisms (Table 2). Specialized nitrogen-fixing cells supply
nitrogen to soil microbes, macrofauna, and plants [106], significantly increasing soil nitro-
gen content [107] and allowing a 25–40% reduction in chemical nitrogen fertilizers [108].
For instance, nitrogen-fixing filamentous cyanobacteria can cut rice fertilizer use by 50%
without affecting yield or grain quality [109], benefits also noted in vegetables, cotton, and
cereals [110]. Species like Nostoc entophytum and Oscillatoria augustissima reduce fertilizer
costs and increase seed nutrient value in peas [110], while an Anabaena sp. biofilm in
wheat elevates soil nitrogen levels by 57.42% and 40% [111]. Additional studies highlight
their positive impacts on water retention, organic carbon content, total nitrogen, microbial
activity [112], and nutrient dynamics in soil [113,114]. Cyanobacteria and green algae
are emerging as valuable bioinoculants, enhancing soil structure, nutrient cycling, and
microbial activity, leading to higher yields [115] while adjusting soil pH and serving as
biocontrol agents [116]. They produce phytohormones, exopolymers, and play a role in
carbon sequestration and soil restoration [115–118].

Table 2. Effects of Microalgae and Cyanobacteria on Soil Fertility.

Effect Category Mechanism/Microorganisms
Observed Outcomes/
Benefits

References

Soil structure and stability Chlamydomonas, Chlorella, Nostoc,
Oscillatoria; polysaccharides

↑ Aggregate stability (11–77%), ↓
erosion, improved pedogenesis [119–121]

Nutrient availability and
mineralization

Nitrogen-fixing cyanobacteria
(Anabaena sp., Nostoc, Scytonema,
Tolypothrix), microalgae

↑ Soil N (up to 57%), ↑ total N
and organic C, reduce chemical N
fertilizers by 25–50%

[106,107,109–
111,122,123]
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Table 2. Cont.

Effect Category Mechanism/Microorganisms
Observed Outcomes/
Benefits

References

Plant growth promotion
Cyanobacteria, microalgae;
phytohormones (auxins,
cytokinins, gibberellins)

↑ Seed germination, ↑ yield, ↑
grain and crop nutritional value [104,105,115]

Soil microbial activity and
symbiosis

Microalgal suspensions,
cyanobacterial biofilms;
exopolysaccharides

↑ Soil microbial activity, stable
microbial communities, nutrient
cycling, enhanced rhizosphere
microbiota

[117,124–128]

Water retention and
salinity mitigation

Chlamydomonas, salt-tolerant
microalgae

↑ Soil water retention (2–5%), ↓
salinity, ↑ yields in saline-alkaline
soils

[120,129–131]

Bioactive compound
production Microalgae and cyanobacteria

Production of phytohormones,
exopolymers, bioactive
metabolites, carbon sequestration

[57,116–
118,132–134]

Microalgae also improve soil aggregate stability and reduce erosion [119]. In sandy
or polluted areas, algae initiate pedogenesis and form organic-rich crusts containing
aliphatic/aromatic compounds, carbohydrates, and nitrogenous substances, plus higher
mineral content [121]. Chlamydomonas, Chlorella, Nostoc, and Oscillatoria can enhance water
resistance of soil aggregates, with Chlamydomonas inoculations increasing aggregate stability
by 11–77% through polysaccharide production [119,120]. Soil water retention improves
by 2–5% [120]. Under salinization and desertification, salt-tolerant microalgae decrease
soil salinity, enhance soil properties, and boost yields in saline-alkaline areas [129] while
removing pollutants from saline wastewater and creating valuable byproducts [130]. Biofer-
tilizers derived from Chlorella pyrenoidosa increase yields of halophytes such as quinoa and
microalgal eco-farms integrate soil amelioration, CO2 emission reduction, and agricultural
production [131]. Nitrogen-fixing cyanobacteria and microalgae combat desertification
by forming cryptogamic crusts that protect soil structure, contribute nitrogen, and boost
biomass [135,136]. Combining cyanobacteria with soil-fixing chemicals and superabsorbent
polymers accelerates crust formation and soil stability [137]. Inoculating local nitrogen-
fixing strains like Nostoc commune, Scytonema hyalinum, and Tolypothrix distortiona raises
organic carbon and total nitrogen in semi-arid soils [122]. Meanwhile, cyanobacteria rapidly
form bio-crusts that reinforce soil resilience, with nitrogen-fixing strains especially effective
at boosting organic carbon and nitrogen contents in sandy or clay soils [123].

Microalgae and cyanobacteria also maintain soil fertility and health by promoting
plant growth, facilitating symbioses with other microbes, and detoxifying pollutants [117].
They exchange nutrients and signals with soil bacteria—providing nitrogen, vitamins, and
hormones—and produce vitamin signals that affect bacterial quorum sensing [124]. Inocu-
lating soil with microalgal suspensions stimulates microbial activity and forms stable com-
munities [125], while cyanobacterial inoculants reshape rhizosphere microbiota involved in
nutrient dissolution and mineralization [126]. Exopolysaccharides from cyanobacteria sup-
ply organic carbon, promote biofilm formation, reinforce mechanical stability, and facilitate
nutrient flow [127,138]. These matrices incorporate inorganic (silica, carbonate) and organic
(nucleic acids, proteins, polysaccharides) substances, providing essential carbon [128]. They
also allow deeper light penetration for oxygen and carbon supply during nitrogen fixation
and photosynthesis in green algae and cyanobacteria [139]. Both live microalgae and their
extracts enhance soil biological activity, increasing soil fertility indices [57], while wet
microalgal additives reduce nitrogen losses [138]. Furthermore, interactions with other
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microorganisms (e.g., Azospirillum brasilense) can boost ADP-glucose pyrophosphorylase
activity in Chlorella vulgaris, raising starch content and carbon uptake [133,134]. Altogether,
these findings emphasize the essential roles of microalgae and cyanobacteria in shaping
soil health, nutrient flow, and valuable bioactive substances.

Overall, microalgae and cyanobacteria emerge as powerful bioinoculants that can
strengthen soil fertility, mitigate salinity and desertification, and enhance crop yields—all
while reducing reliance on chemical inputs. Their swift formation of protective bio-crusts,
versatile metabolic processes for nutrient enrichment, and capacity to support benefi-
cial microbial communities are significantly sustainable agriculture. By leveraging these
microorganisms—through thoughtful strain selection, appropriate cultivation methods,
and synergy with existing agroecological practices—farmers and land managers can sig-
nificantly boost soil health and resilience, ultimately fostering higher productivity and
a reduced environmental footprint. Continued research and innovation will be key to
maximizing the potential of these remarkable soil allies for long-term agricultural and
ecological sustainability.

5. Integration of Microalgae and Cyanobacteria into Sustainable
Agriculture: Biomass Production and Bioremediation

Integrating microalgae and cyanobacteria into modern agricultural systems confers
various benefits for sustainable agriculture, encompassing soil and wastewater treatment
innovations and biomass production. These systems exploit the capacity of microalgae
for nutrient sequestration [139], making them promising for environmental management.
Cultivating microalgae and cyanobacteria does not require fertile land, large volumes
of freshwater, or herbicides and pesticides, thereby avoiding resource competition [140].
Moreover, they can be grown using domestic wastewater [141]—a critical advantage in the
face of global freshwater shortages caused by population growth, rising living standards,
and increasing agricultural and industrial water demands [142]. By 2025, 48 countries could
experience chronic water scarcity, affecting roughly 35% of the global population [142].
This challenge is compounded by wastewater pollution, necessitating effective treatment
methods to protect public health and the environment [143]. Various solutions have been
proposed, including desalination of brackish water and seawater, plus wastewater reclama-
tion [144], while resource-saving and cost-effective treatments remain crucial [145]. Against
this backdrop, cultivating microalgae and cyanobacteria in wastewater has garnered atten-
tion as a sustainable route for biomass production and wastewater remediation [146]. Such
dual-purpose cultivation offers an economically viable strategy for large-scale biomass
yields and efficient pollutant removal [147]. Phytoremediation using these photosynthetic
microorganisms has thus emerged as an environmentally sound technology for eliminating
wastewater contaminants [148]. Notably, studies suggest that certain microalgal strains
grow as effectively in domestic wastewater as in synthetic media [149], reducing cultivation
costs and facilitating simultaneous wastewater treatment and biomass harvest (Table 3).

Table 3. Biomass Production by Microalgae Cultivated in Different Types of Wastewaters.

Wastewater Microalgae
Biomass Accumulation

(DCW g/L/day)
References

Municipal wastewater Chlorella sp. 0.92 [124]

Industrial wastewater Chlamydomonas sp. TAI-2 0.134 [13]

Municipal wastewater Chlorella sp. ADE5 3.01 [150]

Municipal wastewater Chlorella vulgaris 0.039–0.195 [151]
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Table 3. Cont.

Wastewater Microalgae
Biomass Accumulation

(DCW g/L/day)
References

Piggery wastewater Chlorella zofingiensis 1.314 [152]

Urban wastewater Desmodesmus communis 0.138–0.227 [153]

Municipal wastewater Chlorella sorokiniana 0.22 [154]

Municipal wastewater Dunaliella salina 0.1695 [155]

Aquaculture wastewater Chlorella minutissima 4.77 [156]

Municipal wastewater
Tetraselmis sp. NKG400013

Parachlorella kessleri NKG021201
Chloroidium saccharophilum

1.03 [157]

Swine wastewater Chlorella sorokiniana AK-1 5.45 [158]

Municipal wastewater Scenedesmus obliquus 0.58 [159]

Dairy wastewater
Chlorella vulgaris (C.), Scenedesmus

(S.), Tribonema (T.), Lyngbya (L.)
(consortium S:T)

0.084 [160]

Urban wastewater Chlorella sp. 0.30 [161]

Dairy wastewater Spirulina platensis Micractinium,
Chlorella 0.251 [162]

Dairy wastewater Limnospira platensis 0.330 [163]

The resulting biomass can be channeled into biofertilizer production—contributing
up to 30 kg of nitrogen per hectare—and offers an eco-friendlier alternative to chem-
ical fertilizers. Additionally, microalgal biomass can serve as a bioremediator for soil
pesticide degradation, marking a promising bioremediation avenue [164]. Large-scale
cultivation of microalgae and cyanobacteria frequently relies on open ponds or closed
photobioreactors [165]. Open ponds, particularly channel ponds, remain a cost-effective
and straightforward option despite being prone to environmental fluctuations and yielding
lower productivity [166]. Photobioreactors, by contrast, are closed systems that offer supe-
rior control over culture conditions and typically achieve higher biomass productivity [167].
Various photobioreactor designs—tubular, airlift columns, flat panels, or mixed tanks—seek
to optimize light usage, gas exchange, and mixing to stimulate microalgal growth [168,169].
Yet construction and maintenance expenses often limit commercial viability [170]. Recent
work has focused on cutting costs via cheaper materials such as autoclaved polycarbon-
ate [170]. Cultivation parameters (e.g., aeration rate, light intensity, inoculum density)
also require optimization [170]. Some researchers propose integrating open and closed
systems to balance production yields with operational expenses [171]. Regardless of the
chosen approach, critical considerations include lighting, mixing, water and CO2 input, O2

removal, nutrient supply, temperature, and pH [171,172].
A crucial stage in microalgae and cyanobacteria cultivation is harvesting, which

accounts for 20–30% of total production costs [173]. Standard methods—filtration, cen-
trifugation, flotation, and flocculation—vary in efficiency and energy demand [174]. While
centrifugation and membrane technologies can surpass 90% efficiency, flotation and floc-
culation typically reach 75–80% [175]. Energy usage ranges from 0.07 to 11.1 kWh/m3

of suspension [175], influenced by cell properties, culture density, and product specifica-
tions [173]. Despite extensive research, no universal collection method exists, given the
diverse applications of microalgae and cyanobacteria (biofuels, food, high-value products,
soil/water restoration) [164]. Thus, the chosen technique should align with the intended
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end-use and the required purity and yield of the final product. Following collection and
preparation, microalgae and cyanobacteria can be employed for pesticide biodegradation
in soil, as evidenced by field experiments demonstrating water and soil cleanup. In one
investigation, photobioreactors achieved total removal for 10 of 51 tested pesticides [176].
Microalgae remove pesticides through diverse metabolic routes, and these efficiencies
can be boosted via various interventions [7]. A Chlorella vulgaris–Scenedesmus quadricuda–
Spirulina platensis consortium removed up to 99% of malathion while bioaccumulating
heavy metals (nickel 95%, lead 89%, cadmium 88%) in wastewater [88]. Although removal
rates may vary similarly to conventional treatment plants, microalgae-based systems can
yield value-added products during remediation [7].

In addition to water decontamination, microalgae and cyanobacteria also show
promise in soil bioremediation efforts—especially for organophosphorus pesticides—while
aiding soil restoration in arid environments. Cyanobacteria such as Nostoc commune tol-
erate and degrade these compounds (e.g., malathion) by using them as a phosphorus
source [75,177]. N. commune can be cost-effectively cultured in large bioreactors using
fertilizer-based media [178], then introduced into degraded soils to raise organic carbon
and nitrogen levels and improve soil functions [122]. By forming biofilms, these organisms
boost soil fertility and combat erosion in arid ecosystems. Laboratory trials achieved 50%
cyanobacterial coverage of various soil types within three months [122]. However, field-
scale applications face obstacles, as changes in soil composition, climate, and microbial
interactions can hinder direct inoculation success [179,180]. Researchers thus advocate
habitat improvement measures (e.g., covering inoculated soils with plant nets), refined
formulation methods, and smart delivery solutions to bolster efficacy [179,181]. A compre-
hensive strategy encompassing strain discovery, multifunctional traits, and fermentation
approaches can strengthen the impact of microbial inoculants [181]. Ultimately, microalgae
and cyanobacteria exhibit a remarkable ability to colonize various soil types and enhance
soil fertility, establishing them as robust candidates for large-scale soil restoration and pesti-
cide remediation [182]. These examples confirm that with proper collection and application
methods, microalgae and cyanobacteria can effectively perform bioremediation, ensuring
cleaner, safer environments.

Overall, integrating microalgae and cyanobacteria into agricultural systems presents
a powerful approach to enhancing sustainability. By cultivating these organisms in open
ponds, closed photobioreactors, or hybrid systems—often using wastewater streams as
a resource—producers can address multiple challenges simultaneously. Microalgae and
cyanobacteria help remove nutrients and toxicants from water, degrade pesticides in
soil, and generate valuable biomass for biofertilizers, feed supplements, and other high-
value products. Beyond environmental remediation, this approach can reduce reliance
on chemical inputs, support carbon sequestration, and improve soil health—ultimately
contributing to a circular bioeconomy that conserves water and energy resources.

Looking ahead, continued research and innovation can further boost the feasibility
of large-scale microalgal and cyanobacterial cultivation. Cost-effective reactor designs,
optimized harvesting techniques, and selective breeding or genetic engineering of robust
strains will be key to raising biomass yields and expanding the range of contaminants
targeted. Moreover, integrating these photosynthetic microorganisms into existing wastew-
ater treatment infrastructures or constructing specialized photobioreactors in regions prone
to desertification or salinization can unlock their full remediation potential. By embracing
these multi-functional organisms, stakeholders can chart an optimistic path toward cleaner
water, healthier soils, and more resilient agricultural ecosystems.
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6. Economic and Environmental Benefits, Challenges, and Prospects of
Using Microalgae and Cyanobacteria

Modern agricultural practices have long relied on pesticides to boost crop yields and
meet growing food demands. However, this reliance has precipitated critical environmental
and health concerns, particularly concerning organophosphorus pesticides that threaten
soil microbes, human health, and the food chain through their toxicity and persistence [183].
An estimated 3 billion kilograms of pesticides are applied annually, leading to ecological
imbalances and adverse organ effects in humans, including potential cancer risks [1]. These
compounds can remain in the environment for extended periods, causing bioaccumulation
and disturbing ecosystem equilibrium [1]. Simultaneously, intensive farming practices have
contributed to soil fertility depletion and heavy metal buildup [183]. More sustainable solu-
tions have been proposed, such as organic and biodynamic farming [1] and bioremediation
leveraging bacteria, microalgae, fungi, and plants [183].

Soil algalization—applying microalgae and cyanobacteria to improve soil conditions—
has demonstrated considerable success. Field results indicate that algalization as a plant
biostimulant has yielded favorable outcomes in various Indian states as well as in China,
Egypt, Vietnam, and the Philippines [184]. Microalgae also serve as soil quality and pollu-
tion indicators [185]. Acid-resistant strains have shown the ability to increase soil carbon
content and secrete exopolysaccharides and indole-3-acetic acid [154]. Recent research
on bioalgalization—using Spirulina with biofertilizers and organic matter—demonstrates
significant improvements in nitrogen, phosphorus, and potassium levels, leading to higher
yields and increased protein content [151]. These findings suggest that algalization can
bolster soil fertility while minimizing chemical fertilizer dependence. Moreover, microalgae
have proven promising in bioremediating pesticides and contaminated habitats, removing
pesticides through mechanisms like biodegradation, photodegradation, and sorption [7].
They can degrade organophosphates, pyrethroids, and other classes of pesticides [6], and
their introduction into soil raises species diversity, organic matter, and cation exchange
capacity, thereby potentially restoring soil quality after herbicide use [186].

Microbial pesticide degradation is an economical, eco-friendly remediation strategy
that curtails environmental toxicity and revives natural cycles [45]. Microbes adapt to envi-
ronments containing pesticides over time, heightening their degradation capabilities [45].
This process depends on pesticide properties, environmental factors, and microbial char-
acteristics [187]. Within this framework, microalgae and cyanobacteria hold promise for
reviving polluted ecosystems, improving water and soil quality, fostering biodiversity,
and elevating ecosystem resilience. Their biodegradation of pesticides diminishes toxicity
levels, helping restore ecological balances and preserve vital ecosystem services.

Despite these advantages, employing microalgae and cyanobacteria for pesticide
biodegradation faces notable limitations. Chief among them are the need to optimize
growth conditions, the challenges of scaling up to industrial levels, and substantial up-
front costs. Large-scale production complicates contamination control and harvesting
strategies [172]. Contamination risks rise with increased culture volumes, and harvesting
methods—from auto flocculation to centrifugation and filtration—can account for signifi-
cant energy use and financial investment [188]. Resolving these scale-up hurdles is essential
to harnessing the full potential of microalgae for biofuels, bioproducts, and soil and water
bioremediation [188].

Developing new microalgal strains with enhanced pesticide degradation abilities and
refining growth conditions remain critical objectives. Integrating biodegradation tech-
niques into existing waste treatment infrastructures is another promising direction [58].
Future systems may merge various methods to increase efficiency and broaden the scope of
bioremediation applications [189]. Market trends point to rapid growth in microalgae-based
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products, projected to reach USD 1.92 billion in 2024 and USD 2.45 billion by 2029, with a
compound annual growth rate of 4.99% [190]. This expansion—paired with the rising pop-
ularity of organic farming, likely to exceed 75 million hectares—signals growing awareness,
ecological benefits, and potentially supportive policies that could stimulate commercial-
scale production of biofertilizers, biostimulants, and pesticide-degrading agents.

In addition to academic research, several companies worldwide are currently ad-
vancing the real-world application of microalgae in environmental management. FCC
Aqualia [191] operates Europe’s largest wastewater-to-biofertilizer facility, showcasing how
algal-based systems can contribute to mitigating pesticide runoff and nutrient pollution.
AlgaEnergy [192] has developed microalgae-derived agricultural biostimulants that re-
duce reliance on chemical fertilizers and pesticides, while Microphyt [193] demonstrates
large-scale microalgal cultivation platforms with potential applications in agriculture and
soil restoration. In the United States, Heliae’s PhycoTerra [194] products improve soil
health through microalgal amendments, and Cyanotech [195] exemplifies the feasibility of
industrial-scale algal production. Together, these industrial efforts illustrate the capacity of
microalgae to bridge laboratory findings with practical solutions, while also highlighting
remaining challenges such as scalability, cost-effectiveness, and integration into existing
agricultural frameworks.

Nevertheless, the contribution of microalgae and cyanobacteria in conventional agri-
culture remains limited, primarily due to industry hesitance and the complexities of large-
scale integration. Yet this approach holds significant promise for more sustainable farming
systems, offering reductions in agrochemical expenses and improved financial stability in
agriculture. While laboratory studies have validated the potential of these microorganisms
for pesticide cleanup, further pilot studies are necessary to translate these findings into
practical, commercially viable solutions [196]. Overcoming technological and economic
challenges in culturing, harvesting, and applying microalgae will be vital for realizing this
vision. Successful deployment of microalgae and cyanobacteria for bioremediation could
dramatically enhance environmental conditions while curbing reliance on chemical inputs,
ultimately strengthening both ecosystem health and agricultural profitability.

7. Conclusions

Microalgae and cyanobacteria hold immense potential for tackling pressing environ-
mental challenges, particularly in mitigating soil and wastewater pollution. Leveraging
these microorganisms for algalization processes and pesticide biodegradation promotes
more efficient wastewater treatment and reinforces soil fertility by enhancing soil structure,
mineralizing nutrients, and utilizing their catabolic genes for pollutant breakdown. Inte-
grating microalgae and cyanobacteria into existing wastewater management frameworks
and applying their biomass to soil effectively diminishes pollutant loads, restores ecosystem
function, and reduces overall treatment expenses. Additionally, repurposing wastewater as
a nutrient-rich growth medium transforms a liability into a valuable resource, lowering
costs and driving agricultural sustainability.

Broader implementation requires robust research, committed funding, and inter-
national collaboration despite these clear advantages. Scaling up cultivation systems,
optimizing strain selection, and developing cost-effective harvesting methods remain criti-
cal hurdles. Addressing these needs with targeted support will expedite the adoption of
microalgae- and cyanobacteria-based technologies, delivering long-term environmental
gains while boosting soil health and productivity. This dual role in waste management and
soil restoration, supported by their metabolic versatility, underscores why microalgae and
cyanobacteria warrant heightened global attention and investment as we strive for safer,
more resilient agroecosystems.
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Abstract: Difenoconazole, as a systemic triazole fungicide, is a broad-spectrum, highly
effective agent that has been widely used for controlling fungal diseases in 46 different
crops (or crop categories), including rice, wheat, and corn. Due to the improper use
of difenoconazole, concerns about its environmental residues and toxicity to non-target
organisms have drawn significant attention from researchers. In response to this issue,
this study aimed to isolate microbial strains capable of degrading difenoconazole from the
environment. A novel difenoconazole-degrading strain, Acinetobacter sp. A-1, was screened
and identified, demonstrating the ability to degrade 62.43% of 50 mg/L difenoconazole
within seven days. Further optimization of the degradation conditions was conducted using
single-factor experiments and response surface methodology experiments. The results
showed that the optimal degradation conditions for strain A-1 were a difenoconazole
concentration of 55.71 mg/L, a pH of 6.94, and an inoculation volume of 1.97%, achieving
a degradation rate of 79.30%. Finally, strain A-1 was immobilized using sodium alginate,
and its stability and bioremediation efficiency were evaluated. The results indicated that
the immobilized strain A-1 exhibited high stability and significantly reduced the half-life
of difenoconazole in the water–sediment contamination system. In the sterilized water–
sediment system, the degradation rate of difenoconazole by the immobilized strain A-1
reached 65.26%. Overall, this study suggests that Acinetobacter sp. A-1 is a promising
candidate for difenoconazole degradation, and immobilization technology can effectively
enhance its removal efficiency in water–sediment systems.

Keywords: difenoconazole; Acinetobacter sp.; biodegradation; immobilization

1. Introduction

Difenoconazole (DIF) is a triazole fungicide commonly used to control fungal diseases
affecting crops. It plays an important role in the field of agricultural production. It
destroys the cell membrane by inhibiting the synthesis of ergosterol in fungal cells, thereby
producing a bactericidal effect. It has been registered for the control of various diseases
of cereals, vegetables, fruits, and herbs, including leaf spot, anthracnose, fusarium wilt,
root rot, and powdery mildew [1]. With the acceleration of industrialization and the
improvement of urbanization, the environmental pollution caused by the widespread use
of pesticides cannot be ignored. Due to its wide range of applications and persistence, DIF
has been detected in a variety of environmental matrices, including soil [2], water [3], and
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crops [4,5]. Pan et al. [2] found that DIF concentrations in more than 1% of soil samples
in Northern China exceeded 0.1 mg/kg. A study has shown that after spraying DIF, the
final residue on Rosa roxburghii was as high as 2.181 mg/kg, and the final residue in soil
was as high as 2.406 mg/kg [4]. Even more worrisome is that a growing body of evidence
indicates that DIF can negatively impact non-target species. One study found that exposure
to 1.0 μg/L and 10.0 μg/L DIF inhibited gamete maturation and induced reproductive
toxicity in zebrafish [6]. Additionally, it has been demonstrated that a high level of DIF can
cause liver deformation, intestinal dysbiosis, and abnormal lipid metabolism in zebrafish [7].
It is therefore of great theoretical and practical importance to carry out systematic research
into DIF degradation technology.

In recent years, with growing concern over pesticide residues, research and application
of microbial degradation technology, an environmentally friendly treatment method, has
increased significantly. The term ‘microbial degradation’ is used to denote a biodegradation
process that employs the metabolic capacity of microorganisms to break down organic
chemicals (e.g., pesticides, fungicides, and other natural pollutants), and this process is con-
sidered to be a significant method of removing pollutants from the environment [8]. With
the continuous progress of science and technology, researchers have found that the use of
natural microbial resources (including bacteria, fungi, and algae) can effectively metabolize
pesticides or change their chemical structure, thereby accelerating the decomposition of
pesticides and achieving the purification of the polluted environment [9,10]. Microorgan-
isms have the advantages of strong tolerance and less secondary pollution, thus meeting
the standards of sustainable development [11–13]. Nowadays, more and more researchers
have begun to use microorganisms for pollution remediation. Thi et al. [14] reported the
degradation of DIF by Klebsiella sp. (D5-2), Citrobacter sp. (D9-1), and Pseudomonas sp.
(D10-3). It was determined that these three strains exhibited the capacity to completely
degrade DIF (100 mg/L) within a 12-day period. Pinto et al. evaluated the biodegradability
of DIF by fungi such as Fusarium oxysporum, Aspergillus oryzae, Lentinula edodes, Penicillium
brevicompactum, and Lecanicillium saksenae [15]. The results showed that L. edodes is a fungus
with high biodegradation potential for DIF. However, it is important to note that microbial
degradation technology is not without its drawbacks. In the bioremediation of pesticide
pollution, degrading bacteria may have nutrient deficiency and fierce competition with
local bacteria, as well as the adverse effects of toxic substances in soil [16]. Therefore,
how to effectively improve the treatment effect of microorganisms and expand their ap-
plication range and pathway has become the focus of current research. The application of
microbial immobilization technology can significantly improve both the survival rate and
biological activity of degrading bacteria [17]. Microbial immobilization technology can not
only maintain the improvement of microbial activity but also protect cells from external
harmful factors [18]. Therefore, its application in the field of environmental remediation
has become a global research hotspot. Microbial immobilization is a technique that confines
free microorganisms within a specific carrier space through physical or chemical methods,
thereby extending their life and maintaining cellular activity [19,20]. The choice of carrier
material is one of the important factors affecting microbial immobilization [21,22]. Cur-
rently, the most widely used carriers can be classified into four main categories: inorganic,
organic, composite, and novel carriers. Sodium alginate (SA) is one of the commonly used
natural organic carriers. SA is a permeable, non-toxic, and transparent matrix, which is
widely used for microbial immobilization due to its biocompatibility, biodegradability,
and excellent film-forming properties [13,23]. SA offers a mild environment that supports
microbial viability while protecting immobilized cells from extreme variations in chemical
and physical conditions during immobilization [24,25]. Compared to free microorgan-
isms, immobilized cells demonstrate multiple advantages, such as higher cellular density
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and metabolic activity per unit volume, minimized cell loss, accelerated reaction rates,
facilitated recovery and reuse, and enhanced tolerance to environmental variations and
toxic substances [13,18,26–29]. Therefore, immobilized microbial technology has gained
widespread applications in environmental bioremediation. Wen et al. [30] conducted re-
mediation experiments of sulfamethazine (SM2) contamination using immobilized strain
H38. The findings revealed that 90% of SM2 was degraded in soil by the immobilized
strain H38 within 12 days. Therefore, Xiang et al. [31] immobilized Chryseobacterium sp.
H5 on novel polyvinyl alcohol/SA/biochar beads for bioremediation of thiamethoxam.
The study demonstrated that the immobilized strain H5 removed approximately 90.47% of
thiamethoxam within a 7-day period, with concurrent improvement in microbial tolerance
to extreme conditions. Nazos and Ghanotakis [32] investigated the biodegradation of
phenol by immobilized Chlamydomonas reinhardtii. It was observed that immobilized C.
reinhardtii exhibited the capacity to remove up to 1300 μmol/L of phenol within 10 days.

The present study characterized the degradation properties of DIF using newly iso-
lated DIF-degrading bacteria. Bacterial immobilization was achieved through an embed-
ding method employing SA as the carrier material, followed by comprehensive evalua-
tion of their stability and their bioremediation performance in water–sediment pollution
systems. These results present a potential solution for the efficient remediation of DIF
contamination in polluted environments, while providing a theoretical basis for evaluat-
ing both the effectiveness and the ecological safety of immobilized microbial-based DIF
remediation strategies.

2. Materials and Methods

2.1. Isolation, Screening, and Identification of DIF-Degrading Bacteria

DIF-degrading bacterial strains were isolated from long-term pesticide-contaminated
soils in Chinese herbal medicine plantations in Kunming, Yunnan Province. The iso-
lation and enrichment of DIF-degrading bacteria followed the method described by
Chen et al. [33]. Initial cultivation was performed in MSM containing 50 mg/L DIF at
30 ◦C, with agitation at 200 rpm for 7 days. Subsequently, the cultures were subjected
to enrichment in MSM with 100 mg/L DIF using a 2% inoculum, followed by sequential
transfers to media with progressively higher DIF concentrations to promote microbial
domestication. The enriched culture was serially diluted and spread onto solid Luria-
Bertani (LB) medium. The grown strain was isolated and subjected to two successive
rounds of purification to obtain a single colony. The single colony was designated as
strain A-1. Strain A-1 was activated and inoculated into MSM containing 50 mg/L DIF
for 7 days. The residual DIF in the medium was extracted using ethyl acetate, and its
concentration was determined via high-performance liquid chromatography (HPLC). The
specific implementation followed the method described by Zhou et al. [34].

Morphological analysis of strain A-1 was performed using a transmission electron
microscope (L208-3M180 AOSVI, Shenzhen, China) and a scanning electron microscope
(SEM; Regulus 8100, Hitachi, Japan) [35]. Molecular identification of strain A-1 was carried
out through polymerase chain reaction (PCR) amplification of the 16S rRNA gene. The
amplified sequence was analyzed using BLAST (1.4.0) in the GenBank database, and
phylogenetic reconstruction was performed using MEGA X 11.0.11 to identify homologous
sequences and analyze evolutionary relationships.

2.2. Determination of Growth and Degradation Capacity of Free DIF-Degrading Bacteria

To investigate the relationship between the growth of strain A-1 and DIF degradation,
the strain was initially cultured in LB medium for activation. Subsequently, the activated
culture was inoculated at 5% (v/v) into 20 mL of minimum salt medium (MSM) containing

76



Microorganisms 2025, 13, 802

50 mg/L DIF. The cultures were incubated at 30 ◦C, with agitation at 200 rpm for 7 days,
during which daily sampling was performed to monitor both bacterial growth and DIF
degradation. Bacterial growth was monitored by measuring OD600. The residual DIF
content was determined through quantitative analysis using HPLC. Each sample was
analyzed in triplicate. Samples without strain A-1 were included as controls.

2.3. Optimization of Culture Conditions for DIF Degradation by Strain A-1

The effects of various culture conditions on DIF degradation efficiency by strain A-1
were systematically investigated through single-factor optimization, followed by response
surface methodology (RSM). Strain A-1 was inoculated into MSM supplemented with
DIF and cultured at 30 ◦C, with agitation at 200 rpm for 7 days. The residual DIF content
was determined through quantitative analysis using HPLC. The single-factor conditions
were set as follows: pH (5, 6, 7, 8, and 9), inoculum size (1%, 2%, 5%, 10%, and 15% v/v),
and substrate concentration (30, 40, 50, 60, and 70 mg/L). Each sample was replicated
in triplicate.

Based on the single-factor experimental results, three critical parameters—pH, in-
oculum size, and substrate concentration—were selected for optimization, with the DIF
degradation rate as the response variable. A Box–Behnken experimental design was em-
ployed to optimize the response surface using a three-factor, three-level approach, as
detailed in Table 1. Each sample was replicated in triplicate.

Table 1. Box–Behnken design factor levels.

Factor Name −1 0 1

A pH 6 7 8
B Substrate concentration/(mg/L) 40 50 60
C Inoculum/(%) 1 2 3

2.4. Degradation Kinetics Assay

To characterize the degradation kinetics of strain A-1 at varying DIF concentrations,
kinetic parameters were determined through nonlinear regression analysis. The kinetic data
describing strain A-1-mediated DIF degradation under varying substrate concentrations, as
presented in Section 2.3, were analyzed using the Andrews equation with Origin 2022. The
relationship between S (DIF concentration, mg/L) and q (specific degradation rate, d−1)
was plotted. According to the Andrews equation, the experimental values were fitted using
a nonlinear least squares curve, and the optimal initial concentration of DIF degradation by
strain A-1 was calculated [36]. The equation is expressed as follows:

q =
qmaxS

S + KS +
S2

Ki

, (1)

where S is the inhibitor concentration (mg/L), q is specific degradation rate (d−1), qmax is
the maximum specific degradation rate (d−1), Ks is the half-saturation constant (mg/L),
and Ki is the substrate inhibition constant (mg/L).

2.5. Immobilization of Strain A-1 and Degradation Assays

Strain A-1 was cultured in liquid LB medium for 24 h at 30 ◦C, with agitation at
200 rpm. Subsequently, strain A-1 cells were harvested by centrifugation at 4 ◦C and
4000 rpm, washed twice with sterile physiological saline (0.9% NaCl), and resuspended
in sterile saline solution. Five milliliters of bacterial suspension was thoroughly mixed
with 45 mL of 3% (v/v) SA solution, under constant agitation at 200 rpm for 30 min. The
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mixture was manually injected into a 4% (w/v) CaCl2 solution using a sterile syringe,
followed by cross-linking at 4 ◦C for 24 h to form immobilized pellets. The immobilization
effect of strain A-1 was observed using SEM. To enhance the immobilization efficiency of
strain A-1, immobilization parameters were optimized using a single-factor experimental
design. The effects of different SA concentrations (2.0, 2.5, 3.0, 3.5, and 4.0% w/v) and CaCl2
concentrations (3.0, 3.5, 4.0, 4.5, and 5% w/v) on the degradation of DIF by immobilized
strain A-1 were determined. Additionally, a comparative analysis of DIF degradation
efficiency between free and immobilized forms of strain A-1 was performed in MSM. Each
sample was replicated in triplicate. Samples without immobilized strain A-1 and bacterial
suspension were included as controls.

2.6. Effect of Culture Conditions on the DIF Degradation Ability of Immobilized Strain A-1

The optimal degradation conditions for immobilized strain A-1 were determined by
investigating the effects of temperature (20, 25, 30, 35, and 40 ◦C), pH (5, 6, 7, 8, and 9),
and substrate concentration (30, 40, 50, 60, and 70 mg/L) on DIF degradation efficiency,
following the experimental protocol described in Section 2.3. The residual DIF content
was determined through quantitative analysis using HPLC. Each sample was replicated
in triplicate.

2.7. Degradation Ability of Immobilized and Free Strain A-1 in Water–Sediment System

The degradation potential of strain A-1 in water–sediment contaminated systems
was evaluated using the protocol developed by Li et al. [37]. A 50 mL water–sediment
system (WSS) was prepared by combining 10% (w/v) soil with 90% (v/v) sterile water. Soil
samples were collected from the 0–20 cm soil layer of farmland with no history of pesticide
application. Soil samples were sieved (2 mm) for further analysis. Immobilized and free
bacterial cells were inoculated into sterilized (121 ◦C for 30 min) and nonsterilized WSSs,
respectively, at an inoculum density of 1.4 × 107 CFU/mL. The final DIF concentration
in the WSS was adjusted to 50 mg/L. The bioremediation system was incubated at 30 ◦C,
with agitation at 200 rpm for 5 days, and with uninoculated treatments serving as controls.
The residual DIF in the WSS was quantified using HPLC.

The degradation kinetics of DIF by both immobilized and free strain A-1 were analyzed
using a first-order kinetic model to determine the corresponding kinetic parameters. The
first-order kinetic fitting was performed using Equation (2), and the half-life (t1/2) of DIF
was calculated using Equation (3) [38]:

Ct = C0 × e−kt, (2)

t1/2 =
ln 2

k
(3)

where C0 is the initial concentration of DIF (mg/L), Ct is the DIF content at time t, k is the
degradation constant (d−1), and t is the degradation time (d). ln 2 is the natural logarithm
of 2, and t1/2 is the half-life of DIF (d).

3. Results and Discussion

3.1. Isolation, Screening, and Identification of Strain A-1

Through sequential gradient domestication and enrichment culture, we isolated a
novel bacterial strain, designated A-1, from pesticide-contaminated soil samples. This
strain demonstrated the ability to utilize DIF as its sole carbon and energy source. Strain
A-1’s DIF degradation capability was evaluated in minimal salt medium (MSM) containing
50 mg/L DIF, showing 62.43% degradation efficiency after 7 days of incubation. Micro-
scopic and macroscopic characterization identified strain A-1 as a Gram-negative bacterium
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(Figure 1A). Colonies exhibited circular morphology with light yellow pigmentation and
well-defined, smooth margins. Colonies displayed moist, shiny, and viscous surfaces with
central elevation and opacity (Figure 1B). Scanning electron microscopy (SEM) revealed
that strain A-1 possesses a rod-shaped morphology (Figure 1C). The physiological and
biochemical properties of strain A-1 are summarized in Supplementary Table S1. The 16S
ribosomal DNA (rDNA) sequence of strain A-1 was amplified using universal primers 27F
and 1492R, followed by BLASTn analysis against the NCBI GenBank database for phylo-
genetic comparison. Comparative sequence analysis revealed 96% similarity between the
16S rDNA sequence of strain A-1 and that of several Acinetobacter species. Phylogenetic
analysis using the neighbor-joining method with 1000 bootstrap replicates demonstrated
that strain A-1 forms a distinct clade with Acinetobacter schindleri SJC6 (GeneBank Number:
KX301301.1), as shown in Figure 2. Polyphasic taxonomic analysis, combining morpho-
logical, physiological, biochemical characteristics, and 16S rDNA sequence data, enabled
the preliminary classification of strain A-1 within the genus Acinetobacter. The strain was
deposited in the Guangdong Microbial Culture Collection Center (GDMCC), with the ac-
cession number GDMCC No. 64727. Strain A-1 exhibited significantly higher degradation
efficiency for 50 mg/L DIF compared to Phyllobacterium sp. T-1 (lower than 30%) and
Aeromonas sp. T-2 (lower than 30%) [39]. Notably, Acinetobacter spp. have been seldom
documented as efficient degraders of DIF in the literature.

Figure 1. Gram-staining results of A-1 (A). The colony morphology of A-1 (B). SEM image of A-1 (C).
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Figure 2. Phylogenetic tree based on concatenated nucleotide sequences of 16S rDNA of A-1 and
other representative strains. Consensus sequences of every gene from related strains were aligned
with ClustalW and trimmed to the same sizes. Bootstrap values after 1000 replicates are expressed as
percentages. The scale bar denotes nucleotide substitutions per site.

3.2. The Strain Growth and Degradation Characteristics of Strain A-1

To examine the relationship between bacterial growth dynamics and DIF degradation
capacity, strain A-1 was monitored for both growth kinetics and degradation efficiency
throughout the process, as shown in Figure 3. Strain A-1 efficiently degraded DIF, utilizing
it as the sole carbon source and converting it into essential metabolites to support growth
and metabolic activities. Figure 3 demonstrates a positive correlation between DIF degra-
dation efficiency and bacterial growth. In DIF-containing medium, strain A-1 showed a
short lag phase and entered exponential growth within 24 h. During exponential growth
(24–48 h), rapid bacterial proliferation coincided with maximum DIF degradation rates.
Upon reaching stationary phase at 48 h, DIF degradation stabilized, followed by transition
to the decline phase. After 7 days (168 h) of cultivation, DIF degradation efficiency reached
62.43%. In the abiotic control, natural DIF degradation after 7 days was below 30%.

3.3. Effects of Culture Conditions on the Removal of DIF by Strain A-1

The effects of three key parameters—substrate concentration, inoculum size, and
Ph—on DIF degradation by strain A-1 are systematically presented in Figure 4. DIF degra-
dation efficiency showed significant variation across experimental conditions, ranging
from 20.89% to 85.76%, as detailed in Supplementary Tables S2–S4. Strain A-1 displayed
concentration-dependent DIF degradation efficiency across initial concentrations of 30 to
70 mg/L, as shown in Figure 4A. As shown in Figure 4A, strain A-1’s DIF degradation effi-
ciency increased with substrate concentration up to 50 mg/L. The maximum degradation
efficiency of 68.63% was achieved at an optimal DIF concentration of 50 mg/L. At 30 mg/L
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DIF concentration, the degradation efficiency was significantly lower due to substrate
limitation, restricting bacterial growth and metabolic activity. Above the optimal concen-
tration (50 mg/L), DIF degradation efficiency gradually decreased, indicating substrate
inhibition that affected both bacterial growth and enzymatic activity. This concentration-
dependent inhibition pattern is consistent with previous studies on microbial degradation
of similar compounds. For example, Chen et al. [39] observed that the degradation rate
of DIF gradually decreased with increasing initial concentrations (20–100 mg/L). Addi-
tionally, Huang et al. [40] reported that the degradation rate of quinoline acid (QNC) by
Cellulosimicrobium cellulans strain D gradually increased within the range of 20–50 mg/L,
but it significantly decreased when the concentration exceeded 50 mg/L.

Figure 3. Degradation of difenoconazole and cell growth of strain A-1.

Figure 4B illustrates the degradation efficiency of DIF (50 mg/L) by strain A-1 under
different inoculation amounts. As the inoculum size increased, the DIF degradation rate
initially increased and subsequently decreased. At inoculum sizes of 1%, 5%, 10%, and
15%, the DIF degradation rates were consistently lower than that observed at 2% inoculum.
These results demonstrate that an optimal inoculum size significantly enhances DIF decom-
position efficiency. As the inoculum size increased from 1% to 2%, the DIF degradation rate
exhibited a gradual increase. The maximum degradation rate of 75.43% was achieved at
2% inoculum after 7 days of incubation. At 5% inoculum, the degradation rate showed no
significant improvement, likely due to substrate limitation caused by excessive bacterial
growth, which restricted both cellular proliferation and metabolic activity. At low inoculum
levels, the extended growth cycle and reduced cellular activity of the strain significantly
prolong the time required to achieve optimal degradation efficiency [41]. Conversely, high
inoculum levels lead to shortened growth cycles and diminished cellular vitality due to
substrate limitation, which restricts both growth and metabolic activities [42].
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Figure 4. Effects of culture conditions on the degradation characteristics of strain A-1 difenoconazole:
substrate concentration of difenoconazole (A), inoculum (B), and pH (C). Bars represent the means of
triplicate identical replicates (N = 3); error bars indicate the standard deviation of the means. Different
letters indicate significant differences (p < 0.05) between treatments.

The DIF degradation efficiency of strain A-1 across a pH range of 4 to 8 is presented in
Figure 4C. Maximum degradation efficiency (82.88%) was achieved at pH 7. At pH values
of 4, 5, 6, and 8, degradation efficiencies ranged from 46% to 72%. In 50 mg/L DIF medium,
degradation efficiency showed a bell-shaped response to pH, increasing from pH 4 to 7 and
then decreasing. These results indicate that strain A-1 can effectively degrade DIF across
a wide pH range (4–8). The optimal pH for DIF degradation was 7, although the strain
maintained significant degradation activity in both weakly acidic (pH 5–6) and weakly
alkaline (pH 8) conditions. However, at pH 4, degradation efficiency decreased significantly,
likely due to inhibited cellular growth and reduced enzymatic activity, limiting the strain’s
degradation capacity [38].

The coded values and corresponding response results from the Box–Behnken experi-
mental design are presented in Table 2. Analysis revealed that DIF degradation efficiency
by strain A-1 varied significantly (47.90% to 78.61%) across different culture conditions,
demonstrating the substantial impact of these parameters on degradation performance.
Using Design-Expert 13.0 software, multiple regression analysis of the experimental data
generated a quadratic polynomial regression model for DIF degradation, incorporating
three key factors: pH (A), substrate concentration (B), and inoculum size (C):
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Y = 76.08 − 0.3750 × A + 8.66 × B − 0.9125 × C − 1.30 × AB + 0.9000 × AC + 0.7250 × BC − 10.20 × A2

− 7.63 × B2 − 9.68 × C2 (4)

where Y is the degradation rate of DIF, A is pH, B is substrate concentration, and C is
inoculum. The experimental results were analyzed using analysis of variance (ANOVA),
with the detailed results presented in Table 3. The model demonstrated high statistical
significance, with an F-value of 85.78, and p-value < 0.0001. The high coefficient of de-
termination (R2 = 0.9827) and adjusted R2 (RAdj

2 = 0.9795) indicate excellent agreement
between experimental and predicted DIF degradation rates. The model accounts for 98.27%
of the total variation in response values. The lack-of-fit test showed an F-value of 0.4229
(p = 0.7473), confirming its non-significance (p > 0.05). These results confirm that the model
accurately represents the experimental system and reliably predicts the effects of culture
conditions on DIF degradation by strain A-1. The regression model revealed the following
factor-influence hierarchy: substrate concentration > inoculum size > pH, with all factors
showing positive effects. The quadratic terms (A2, B2, and C2) significantly influenced
DIF degradation.

Table 2. Response surface test design and results.

Run Order

Factor
Degradation

Rate/(%)A: pH
B: Substrate

Concentration/(mg/L)
C: Inoculum/(%)

1 7 50 2 78.61
2 7 60 3 66.50
3 8 50 3 56.70
4 7 50 2 75.48
5 7 60 1 68.20
6 7 40 3 47.90
7 8 60 2 65.10
8 6 50 1 57.50
9 8 50 1 55.40

10 6 60 2 68.90
11 7 50 2 75.71
12 7 40 1 52.50
13 6 40 2 48.80
14 7 50 2 76.78
15 6 50 3 55.20
16 7 50 2 73.81
17 8 40 2 50.20

Response surface and contour plots were generated using Design-Expert 13.0 based on
the Box–Behnken design regression model, as presented in Figure 5. The interaction effects
were evaluated through response surface slope analysis and contour line morphology.
Gentle slopes with circular contours indicated weak interactions, while steep slopes with
elliptical contours suggested strong interactions. The software analysis identified optimal
conditions as pH 6.94, 55.71 mg/L substrate concentration, and 1.97% inoculum, predicting
a maximum degradation efficiency of 79.30%. For practical implementation, the conditions
were adjusted to pH 7.0, 56 mg/L substrate concentration, and 2.0% inoculum. Triplicate
validation experiments achieved 79.78% degradation efficiency, demonstrating excellent
agreement with model predictions.
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Table 3. Quadratic polynomial regression model and significance test results.

Source Sum of Squares df Mean Square F-Value p-Value Significance

Model 1821.67 9 202.41 85.78 <0.0001 significant
A—pH 1.13 1 1.13 0.4767 0.5121

B—substrate concentration/(mg/L) 600.31 1 600.31 254.40 <0.0001
C—inoculum 6.66 1 6.66 2.82 0.1368

AB 6.76 1 6.76 2.86 0.1344
AC 3.24 1 3.24 1.37 0.2796
BC 2.10 1 2.10 0.8910 0.3766
A2 438.19 1 438.19 185.70 <0.0001
B2 244.90 1 244.90 103.78 <0.0001
C2 394.25 1 394.25 167.07 <0.0001

Residual 16.52 7 2.36
Lack of Fit 3.98 3 1.33 0.4229 0.7473 not significant
Pure error 12.54 4 3.14
Cor total 1838.19 16

Note: R2 = 0.9910; adjusted R2 = 0.9795; predicted R2 = 0.9547; C.V.%, 2.43; adeq precision, 23.4287.

3.4. Kinetic Analysis of DIF Degradation

Figure 6 presents the degradation kinetics of strain A-1 for DIF at different initial
concentrations. Nonlinear regression analysis using Origin 2022 (9.9) yielded the following
kinetic parameters: qmax = 0.89 d−1, Ks = 70 mg/L, and Ki = 1.67 mg/L. The model
showed a good fit to the experimental data, with a coefficient of determination (R2) of 0.79.
Mathematical differentiation identified 10.81 mg/L as the optimal initial DIF concentration
for maximum specific degradation rate. Strain A-1 effectively utilized DIF as a sole carbon
source across a wide concentration range. The broad operational range of DIF degradation
rates highlights strain A-1’s potential for large-scale bioremediation applications. The
kinetic analysis provides crucial insights for optimizing strain A-1’s practical application in
DIF bioremediation.

3.5. The DIF Degradation Capacity of Immobilized Strain A-1

Figure 7 presents the surface morphology and internal microstructure of immobi-
lized strain A-1. The embedding method produced immobilized strain A-1 with excellent
sphericity, uniform size distribution, and no tailing, as shown in Figure 7A, meeting all
requirements for subsequent analysis. Figure 7B reveals a relatively smooth surface and
compact structure of the immobilized strain A-1. Surface pores (approximately 2 μm in
diameter) facilitate DIF diffusion into the beads, enhancing substrate–microbe interac-
tions. Bacterial cells were predominantly located within the beads, with minimal surface
immobilization. The internal microstructure, shown in Figure 7C,D, demonstrates high
porosity and a robust internal framework that supports strain A-1 growth. This struc-
ture ensures efficient DIF diffusion and metabolite release during bacterial growth. The
framework structure significantly increases the internal surface area, enhancing microbial
immobilization efficiency.

Figure 8 compares the DIF degradation performance of immobilized strain A-1 and
free cells in MSM. Both immobilized strain A-1 and free cells demonstrated effective DIF
removal from MSM. Immobilized strain A-1 showed marginally higher DIF removal effi-
ciency compared to free cells. Within 24 h, immobilized strain A-1 achieved 66.41% DIF
degradation, comparable to free cells’ efficiency (65.74%). Degradation efficiency progres-
sively increased to 72.23% after 120 h. Free cells consistently showed lower degradation
rates, reaching 70.20% after 120 h. The enhanced degradation efficiency of immobilized
strain A-1 may be attributed to the protective encapsulation provided by SA, which im-
proves the strain’s tolerance to DIF and maintains its metabolic activity. Notably, SA
immobilization preserves cellular integrity without inducing significant physicochemical
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changes during encapsulation [43], unlike alternative immobilization matrices. The re-
sultant alginate beads retain optimal permeability and structural transparency, enabling
efficient passive diffusion and adsorption of DIF molecules into the polymeric network.

Figure 5. Optimization of difenoconazole degradation with strain A-1 using response surface method-
ology. Three-dimensional response surface (A) and contour (B) plots illustrating the interactive
effects of pH and substrate concentration on difenoconazole degradation; three-dimensional response
surface (C) and contour (D) plots illustrating the interactive effects of inoculum and substrate con-
centration on difenoconazole degradation; and three-dimensional response surface (E) and contour
(F) plots illustrating the interactive effects of pH and inoculum on difenoconazole degradation.
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Figure 6. Relationship between specific degradation rate and initial difenoconazole concentration.

 

Figure 7. The surface morphology and microstructure of immobilized strain A-1: (A) appearance,
(B) surface morphology (2500×), (C) microstructure (70×), and (D) microstructure (10,000×).

3.6. Components Optimization of Immobilized Conditions

Figure 9A,B illustrate the effects of SA and CaCl2 concentrations on DIF degradation
by immobilized strain A-1. Immobilized strain A-1 demonstrated significant DIF degrada-
tion capacity across various SA concentrations. Figure 9A shows a bell-shaped response
of degradation efficiency to increasing SA concentration. Optimal degradation efficiency
(77.26%) was achieved at 3% (w/v) SA, where the beads maintained perfect sphericity. At
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SA concentrations below 3%, the immobilized strain A-1 exhibited tailing effects, reduced
viscosity, and inadequate mechanical strength, which compromised bacterial immobiliza-
tion efficiency, leading to fewer immobilized cells and consequently lower DIF degradation
rates [44,45]. However, higher SA concentrations led to slower bead formation, irregular
shapes, and increased solution viscosity and mechanical strength, which impaired mass
transfer, reduced cellular metabolic activity, and ultimately decreased DIF degradation
efficiency [44–46].

Figure 8. Performance of immobilized strain A-1 degrading difenoconazole. Residue of difenocona-
zole in difenoconazole degradation by free strain A-1 and immobilized strain A-1. Bars represent the
means of triplicate identical replicates (N = 3); error bars indicate the standard deviation of the means.

Figure 9. Optimization of immobilized conditions: sodium alginate (A) or CaCl2 (B). Bars represent
the means of triplicate identical replicates (N = 3); error bars indicate the standard deviation of the
means. Different letters indicate significant differences (p < 0.05) between treatments.
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Figure 9B shows the DIF degradation efficiency of immobilized strain A-1 across
varying CaCl2 concentrations. DIF degradation efficiency exhibited a bell-shaped response
to increasing CaCl2 concentration. Compared to the optimal 4% CaCl2 concentration, sig-
nificantly lower degradation efficiencies were observed at both suboptimal (3%, 3.5%) and
supraoptimal (4.5%, 5%) concentrations. From 3% to 4% CaCl2, DIF degradation efficiency
increased progressively with concentration. Maximum degradation efficiency (77.18%) was
achieved at 4% CaCl2 after 7 days of incubation. Above the optimal concentration (4.5%
CaCl2), DIF degradation efficiency decreased significantly. Gel strength showed a positive
correlation with CaCl2 concentration [45]. At low CaCl2 concentrations, the immobilized
beads exhibit weak structural stability, increasing susceptibility to environmental stresses
and resulting in cell loss or reduced metabolic activity. Conversely, high CaCl2 concentra-
tions produce excessively compact bead structures that impede DIF uptake and metabolite
excretion, ultimately reducing cellular activity and stability.

3.7. Determination of Environmental Adaptability of Immobilized Strain A-1

To assess environmental adaptability, we evaluated the effects of substrate concen-
tration, temperature, and pH on DIF degradation by immobilized strain A-1. Figure 10
demonstrates the effective DIF removal by immobilized strain A-1 across various environ-
mental conditions. Immobilized strain A-1 showed significantly enhanced stability and
environmental adaptability compared to free cells. Immobilized strain A-1 maintained high
DIF degradation efficiency across a wide concentration range (Figure 10A). DIF degradation
efficiency by immobilized strain A-1 increased progressively with substrate concentration.
Maximum degradation efficiency (71.70%) was achieved at 70 mg/L substrate concentra-
tion. However, as shown in Figure 10A, substrate concentration showed limited influence
on degradation efficiency, with only 1.47% variation between maximum and minimum
values. All treatment groups achieved >70% DIF degradation within 3 days, showing
significant improvement over free cells.

Figure 10B presents the temperature-dependent DIF degradation efficiency of immobi-
lized strain A-1. Compared to the optimal 30 ◦C, lower degradation efficiencies (65–70%)
were observed at both suboptimal (20 ◦C and 25 ◦C) and supraoptimal (35 ◦C and 40 ◦C)
temperatures. Maximum degradation efficiency (79.43%) was achieved at the optimal
temperature of 30 ◦C. These results demonstrate that immobilized strain A-1 maintains
effective DIF degradation across a broad temperature range (20–40 ◦C). The optimal tem-
perature for DIF degradation was determined to be 30 ◦C. Immobilization enabled strain
A-1 to maintain significant degradation activity at both low and high temperatures.

Figure 10C illustrates the pH-dependent DIF degradation performance of immobilized
strain A-1. The degradation efficiency exhibited a bell-shaped response to pH, increasing
from pH 5 to 7 and then decreasing. Maximum degradation efficiency (79.43%) was
achieved at the optimal pH of 7. At pH values of 5, 6, 8, and 9, degradation efficiencies
remained high (70–74%). Compared to free cells, immobilized strain A-1 maintained the
same optimal pH but showed enhanced degradation capacity. Immobilized strain A-1
maintained effective degradation in both weakly acidic (pH 5–6) and weakly alkaline
(pH 8–9) conditions. These results demonstrate that immobilized strain A-1 can effectively
degrade DIF across a broad pH range (5–9).

3.8. Comparison of the Bioremediation Effects of Free and Immobilized Strain A-1

The bioremediation efficiency of free and immobilized cells was evaluated using simu-
lated WSSs. The half-life (t1/2) of DIF in each WSS was calculated using first-order kinetics
(Equations (2) and (3)), with results summarized in Table 4. Control groups showed t1/2

values of 21.07 and 22.06 days. Treatment groups exhibited significantly shorter t1/2 values:
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3.91 and 4.71 days for free cells and 3.20 and 4.68 days for immobilized cells. The t1/2 in
non-inoculated WSS was 5.00- and 5.47-fold longer than in free and immobilized cell treat-
ments, respectively. These results demonstrate strain A-1’s significant capacity to accelerate
DIF degradation in WSSs. This discovery aligns with the findings of Xiong et al. [47] and
Yu et al. [48]. Figure 11 shows that immobilized strain A-1 achieved higher DIF degradation
rates in WSS than free cells, demonstrating that immobilization enhances and stabilizes
the strain’s degradation capacity in complex environments. Regardless of the inoculation
method (free or immobilized cells), DIF half-life was consistently shorter in sterilized than
nonsterilized WSS. This finding contrasts with the observations reported by Zhou et al. [34].
These results suggest potential antagonistic interactions between strain A-1 and indigenous
microorganisms in the WSS, possibly affecting DIF metabolism.

Figure 10. Determination of environmental adaptability of immobilized strain A-1 (3d): substrate
concentration of difenoconazole (A), temperature (B), and pH (C). Bars represent the means of
triplicate identical replicates (N = 3); error bars indicate the standard deviation of the means. Different
letters indicate significant differences (p < 0.05) between treatments.

Table 4. Kinetic parameters for the degradation of difenoconazole by free cells and immobilized A-1
cell in sterile and nonsterile WSSs.

Treatments Regression Equation k/(Day−1) R2 t1/2/(Days)

Sterile WSSs Ct = 50.18334e−0.0329t 0.0329 0.95996 21.07
Nonsterile WSSs Ct = 50.43438e−0.03142t 0.03142 0.96527 22.06

Sterile WSSs +free cells Ct = 52.91691e−0.17745t 0.17745 0.95852 3.91
Nonsterile WSSs + free cells Ct = 49.45648e−0.14705t 0.14705 0.91153 4.71

Sterile WSSs + immobilized A-1 cell Ct = 52.51469e−0.21653t 0.21653 0.98433 3.20
Nonsterile WSSs + immobilized A-1 cell Ct = 50.83235e−0.14804t 0.14804 0.95793 4.68

Note: Ct refers to glyphosate degradation (mg/L); k refers to degradation constant (day−1); t refers to degradation
times (days); R2 refers to the correlation coefficient.
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Figure 11. Comparison of the bioremediation effects of free and immobilized strain A-1. Bars
represent the means of triplicate identical replicates (N = 3); error bars indicate the standard deviation
of the means.

4. Conclusions

In this study, we isolated a newly discovered DIF-degrading bacterium, Acinetobacter
sp. A-1, capable of using DIF as its sole carbon and energy source. Strain A-1 was
immobilized using sodium alginate as a carrier through an embedding method to produce
an immobilized bacterial agent. The immobilized bacterial agent demonstrated a strong
ability to degrade DIF over a broad range of DIF concentrations, temperatures, and pH
levels, suggesting that the immobilized cells had improved environmental adaptability.
Furthermore, compared with free cells, immobilized A-1 cells exhibited greater in situ
biodegradation capacity in a water–sediment pollution system. This study suggests that
immobilized strain A-1 offers a safe and effective bioremediation approach, presenting
a promising new strategy for the environmental biodegradation of DIF. This study is
nevertheless limited by incomplete genomic characterization of the isolate, unresolved
molecular mechanisms underlying DIF degradation, and unverified long-term stability
of the immobilized-cell formulation. Future studies should employ integrated proteomic
and genomic approaches to identify key enzymes and genes involved in DIF degradation.
This mechanistic understanding will facilitate the development of genetically engineered
strains for enhanced bioremediation. Furthermore, field-scale validation is required to
assess the environmental robustness of strain A-1 and optimize its application parameters
for practical DIF bioremediation.

Supplementary Materials: The following supporting information can be downloaded at
https://www.mdpi.com/article/10.3390/microorganisms13040802/s1, Figure S1: Normal plot of
residuals; Figure S2: Relationship between actual and predicted removal rates; Figure S3: Relationship
between predicted removal rates and externally studentized residuals; Table S1: The physiological
and biochemical characteristics of strain A-1; Table S2: Effects of substrate concentration on the DIF

90



Microorganisms 2025, 13, 802

degradation capacity of strain A-1; Table S3: Effects of inoculum on the DIF degradation capacity of
strain A-1; Table S4: Effects of pH on the DIF degradation capacity of strain A-1; Table S5: Kinetic
parameters for the degradation of difenoconazole at different initial concentrations by strain A-1.
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Abstract: Synechococcus plays a pivotal role in the marine biogeochemical cycle. Advances
in isolation techniques and high-throughput sequencing have expanded our understand-
ing of the diversity of the Synechococcus community. However, their genomic diversity,
functional dynamics and seasonal variations in the coastal waters are still not well known.
Here, seawater samples were collected seasonally (March, June, August, December) from
three stations in the coastal waters of Xiamen. Using fluorescence-activated cell sorting
(FACS), we isolated 1000 Synechococcus cells per sample and performed ITS amplicon
sequencing and metagenomic sequencing to analyze the seasonal variations in commu-
nity structure and functional genes of Synechococcus. Firstly, we conducted a comparative
analysis of in situ data and FACS data from three sampling sites in August. FACS samples
revealed low-abundance Synechococcus strains underdetected by in situ samples. In addi-
tion, 24 clades representing Synechococcus subclusters S5.1, S5.2, and S5.3 were detected
from three in situ samples and twelve FACS samples, suggesting the high diversity of
Synechococcus in the coastal waters of Xiamen. Furthermore, the Synechococcus community
displayed pronounced seasonal variations, and temperature significantly influenced the
variations in Synechococcus community composition. Additionally, Synechococcus popula-
tions exhibit seasonal functional dynamics, with enhanced metabolic activity in summer
characterized by higher numbers of functional genes associated with metabolic path-
ways compared to winter samples. Altogether, this study underscored the significance of
FACS and high-throughput sequencing to reveal the diversity and functional dynamics
of Synechococcus.

Keywords: fluorescence-activated cell sorting; high-throughput sequencing; Synechococcus
community structure; functional genes; seasonal variations

1. Introduction

The Synechococcus genus of cyanobacteria, a key photosynthetic autotroph, is ubiqui-
tous on Earth. It significantly contributes to approximately 20% of primary productivity
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in oceans, and Synechococcus interactions with microbial heterotrophs partly underlie the
marine microbial food loop [1,2]. Dissolved organic matter (DOM) released from Syne-
chococcus directly links the carbon fixed by primary producers to the marine DOM pool,
playing a vital role in marine carbon cycles and biogeochemical processes [3]. Synechococ-
cus is particularly abundant in marine environments, with concentrations reaching up to
106 cells/mL in coastal and up-welling areas [4,5]. Phylogenetic analysis of the 16S rRNA
gene reveals three major subclusters within Synechococcus: S5.1, S5.2, and S5.3, showcas-
ing rich diversity. Further characterization of Synechococcus phylogenetic diversity can
be achieved using the16S-23S internal transcribed spacer (ITS) region and marker genes
such as cpeA, narB, ntcA, petB, rbcL, and rpoC1 [6,7]. Existing studies have confirmed the
identification of over twenty clades across the three subclusters [8,9]. The phylogenetic
diversity of Synechococcus may represent physiological or ecological diversity. For instance,
strains from clade III exhibit unique motility characteristics, while clades CRD2 and XV
may have limited growth on nitrate or reduced growth rates [10,11]. Although different
clades display distinct ecological diversity, the coexistence of various Synechococcus clades
is commonly observed in certain marine regions [12,13].

Alterations in the marine environment, such as temperature, nutrient availability,
light conditions and so on, are bound to result in the change and adaptation of biological
populations. Microbial community structures in a given study area are often influenced
by environmental factors [14,15], and Synechococcus populations are no exception, exhibit-
ing dynamic variations in both temporal and spatial scales [16]. Synechococcus exhibits
remarkable adaptability to environmental factors, particularly in adapting to temperature
changes, so the abundance and proportion in the phytoplankton community may rise even
further [17,18]. Environmental fluctuations drive dynamic modifications in physiological
and gene regulation of Synechococcus and may further lead to its adaptive evolution [19].

The common approach for studying microorganisms is laboratory cultivation. How-
ever, the cultivable fraction of microorganisms, particularly in marine environments, is
limited due to the constraints of cultivation conditions [20]. As a result, the information
obtained from laboratory-cultivated Synechococcus is limited. Advancements in high-
throughput sequencing have enabled the acquisition of more Synechococcus sequences,
thereby enhancing our comprehension of its diversity and ecological function. Metage-
nomic sequencing has been widely used for studying microbial community across various
environments, including oceans, soils, polar regions, and deep-sea trenches [21–23]. It is
commonly used to assess overall biodiversity and metabolic functions in specific regions.
However, this method often overlooks low-abundance, rare species that may play sig-
nificant roles in biogeochemical cycles. Fluorescence-activated cell sorting (FACS) is an
advanced technique based on flow cytometry that enables the detection and sorting of
cells from complex microbial samples using fluorescent signals [24,25]. By directly sorting
single Synechococcus cell from seawater by FACS and subsequently conducting axenic pure
cultures, the diversity of cultivable Synechococcus in the laboratory can be expanded [26].
Meanwhile, FACS could capture low-abundant species or specific cells group in complex
communities through cell sorting [24,27,28]. Isolating Synechococcus cells and performing
DNA extraction and high-throughput sequencing on them may enhance the recovery of
low-abundant species from metagenomes by simplifying the composition of the target
microbial community.

However, FACS coupled with high-throughput sequencing for analyzing the commu-
nity structure and functional genes of Synechococcus, remains underexplored. In addition,
comparative analysis of Synechococcus between the sequencing results of sorted cells and
those from in situ samples has not been conducted. To fill this gap, seawater samples
were collected from three stations in the coastal waters of Xiamen in summer (June and
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August) and winter (March and December). FACS was used to isolate Synechococcus cells,
which were then subjected to DNA extraction and ITS amplicon sequencing, as well as
metagenomic sequencing, to analyze the seasonal variations in community structure and
functional genes of the Synechococcus community. Our previous studies have investigated
the genomics of environmental adaptation in marine Synechococcus by merging the FACS
samples and the in situ samples [29]. However, this paper analyzes the seasonal varia-
tions in Synechococcus using twelve FACS samples and also adds comparative analysis
of three FACS samples and three in situ samples in August. This study reinforced the
significance of combining FACS with high-throughput sequencing in studying community
variations and functional dynamics and advanced our understanding of coastal Synechococ-
cus diversity.

2. Material and Methods

2.1. Study Area, Sample Collection and Cell Sorting

Xiamen, a subtropical island in China’s southeast, experiences humid summers and
dry winters. It is bordered by the Taiwan Strait to the southeast and the Jiulong River to the
southwest. The coastal seawater of Xiamen Island exhibits dynamic environments, shaped
by freshwater input from Jiulong River, seawater from the South China Sea, and human
activities [30,31]. Under the influence of tides, river inputs, and human activities, this
complex and dynamic coastal hydrology significantly affects the diversity of Synechococcus
in the area. However, there has been no investigation of the temporal variations in the
Synechococcus community in this area.

We sampled seawater at three distinct coastal stations on Xiamen Island (Figure S1).
Station S03 (118.02◦ E, 24.42◦ N), at the mouth of the Jiulong River, is significantly influenced
by the freshwater discharge with high nutrient concentration [30]. Station S07 (118.24◦ E,
24.49◦ N) is influenced by the saline water from the South China Sea. Station S12 (118.15◦ E,
24.59◦ N) is positioned to the north and close to Tongan Bay. Seawater samples were
collected from three stations in March and December 2019, and June and August 2020.
Summer samples include those collected in June and August, while winter samples en-
compass those gathered in December and March. Surface seawater was obtained using
sterile bottles and prefiltered through a 20 μm sieve silk. At each site, 2 L of pre-filtered
surface seawater were collected, temporarily stored at 4 ◦C in the dark. After completing
sampling at three sites, the samples were immediately transferred to the laboratory for
DNA extraction. Meanwhile, a final concentration of 10% v/v glycerol was added to 2 mL
of prefiltered surface seawater as a cryoprotectant, then stored at −80 ◦C for FACS analysis.

Twelve seawater samples were later thawed, and 1000 Synechococcus cells were sep-
arately isolated from each sample using a FACS Aria flow cytometer (BD Bioscience,
San Jose, CA, USA). The cytometer was equipped with a solid-state laser that provided 13
mW at 488 nm and was fitted with a standard filter setup. Subsequently, the cytometer was
configured in purity mode to sort Synechococcus cells. The sorting gates were determined
based on the population observed in forward scatter (FSC, which serves as a proxy for cell
size) and autofluorescence (PerCP, representing chlorophyll autofluorescence) [29]. And,
DNA was extracted from the Synechococcus cells and sequenced, resulting in twelve FACS
data. Meanwhile, DNA was directly extracted from the in situ seawater samples from
three stations in August and sequenced to obtain three in situ data. Thus, this study
comprises twelve FACS data and three in situ data (Figure 1).
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Figure 1. FACS experimental design and high-throughput sequencing workflow. Three in situ
samples and twelve FACS samples were collected from three stations during March, June, August
and December.

2.2. Environmental Parameter Measurements

During the sampling months of March, August, and December, we measured sur-
face seawater temperature, dissolved oxygen, pH, and salinity at three sampling stations
using a YSI meter. To address the loss of environmental data in June, surface seawater
temperature, dissolved oxygen, pH, and salinity were measured at three existing sampling
sites in October. Concurrently, in sampling months (March, June, August, and December),
we collected 200 mL of prefiltered surface seawater from each station into sterile bottles
for the determination of nitrogen and phosphorus salt concentrations using a PowerMon
Kolorimeter AA3 (Bran + Luebbe, Charlotte, NC, USA). Additionally, 1.5 mL of prefiltered
surface seawater was transferred into sterile frozen tubes. A final concentration of 1% glu-
taraldehyde was added, mixed thoroughly, and the samples were stored in liquid nitrogen
for subsequent measurement of Synechococcus abundance, and measured as previously
described [32].

2.3. DNA Extraction and Sequencing Data Treatment

DNA was extracted from Synechococcus cells isolated by FACS using the Single Cell Kit
(Vazyme, Nanjing, China), which is effective for a range of starting cell numbers between
0 and 1000. Meanwhile, in August, 2 L of prefiltered surface seawater from each of the
three stations was separately passed through a 0.22 μm polycarbonate membrane. (47 mm,
Millipore, Burlington, MA, USA). Polycarbonate membranes, widely used in seawater
sample pretreatment and DNA extraction, can effectively retain microbial cells and en-
hance DNA recovery and purity. The three membranes were then stored at −80 ◦C for
DNA extraction. DNA extraction was conducted on 0.22 μm polycarbonate membranes
using the HiPure Soil DNA 96 Kit (Magen, Guangzhou, China). The extracted DNA of
twelve FACS samples and three in situ samples was assessed the quality and concen-
tration using a QSEP100 bioanalyzer (BiOptic Inc., New Taipei City, Taiwan) and Qubit
3.0, respectively. Then, DNA libraries were subjected to 2 × 150 bp paired-end sequenc-
ing on the Illumina HiSeq platform (Illumina, San Diego, CA, USA). In this study, data
preprocessing was carried out as described in previous research [29], where Synechococcus-
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classified sequences (scaffolds ≥ 1 kb) from twelve FACS samples were annotated using
the KEGG database to analyze seasonal variations in functional genes. We assessed Syne-
chococcus community composition in samples by using the ITS region amplicon sequencing.
Amplification of Synechococcus ITS sequences was performed using primers 16S-F (TGGAT-
CACCTCCTAACAGGG) and 23S-R (CCTTCATCGCCTCTGTGTGCC) [33]. The amplicons
were sequenced on the PacBio platform, generating sequences that were subsequently
quality-controlled by Cutadapt (v1.9.1). Unique sequences were identified to determine
representative sequences of operational taxonomic units (OTUs) by Vsearch (v1.9.6) [34].
All effective reads were aligned with representative sequences by Qiime (v1.9.1), and those
with over 97% similarity were grouped into the same OTU, creating abundance table [35].
This is based on widely accepted practices in microbial ecology.

2.4. Community Composition Analysis

Firstly, the Qiime plugin was used to classify all OTUs with the SILVA ribosomal RNA
database. To explore Synechococcus diversity, OTUs were filtered to retain only those classi-
fied within the phylum cyanobacteria. Then, representative sequences of all cyanobacteria
OTUs were assigned to cyanobacteria ecotypes by BLASTN against the reference database
with >90% identity and >50% coverage. The similarity and coverage thresholds for ecotype
classification were stringently set due to the pre-screening of non-cyanobacterial sequences.
These thresholds were referenced from relevant literature [36]. The construction of the ref-
erence database is derived from multiple literature sources [8,29,36]. In our previous study,
a phylogenetic tree has been constructed and two previously undefined clades (XM1 and
XM2) were identified, and these two clades were included in the reference database [29].

2.5. Statistical Analysis

We used R package ggplot2 for Pearson correlation analysis and significance testing
between Synechococcus abundance and environmental factors. Alpha diversity of the Syne-
chococcus community in the coastal waters of Xiamen was analyzed with Qiime (v1.9.1)
through random sequence sampling. Principal coordinate analysis (PCoA) was performed
at the OTU level, permutation multivariate analysis of variance (PERMANOVA) was
applied to assess differences in community composition across samples, with 999 permuta-
tions for significance testing [37]. To evaluate the relationship between clades distribution
and environmental variables, Redundancy analysis (RDA) was performed using CANOCO
V5.0. Phylogenetic clade proportions were Hellinger-transformed [9], which can effectively
mitigate the impact of “0” values in species abundance data on the analysis. Environmental
variables were log-transformed to transform variables to approximate normal distribution,
reducing the impact of outliers on analysis. The statistical significance of explanatory
variables was determined through a Monte Carlo test.

3. Results

3.1. Environmental Parameters and Synechococcus Abundance Around Xiamen Island

From March 2019 to October 2020, surface seawater samples were collected to measure
environmental parameters and Synechococcus abundance. Environmental factors showed
distinct temporal and spatial patterns (Figure 2a). Water temperature was consistent across
all stations. In March, temperatures were slightly lower than in December, reflecting the
colder winter marine conditions, whereas June and August exhibited higher temperatures,
indicative of the summer season. Seawater temperatures ranged from 16.4 ◦C to 30.7 ◦C.
Except for a slightly lower pH at station S03 in October, pH levels were similar across
stations. Dissolved oxygen levels were consistent, lower in summer and higher in winter.
Station S03, influenced by freshwater input, had lower inorganic salt concentrations. In
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contrast to the typical seasonal trend, S03 showed an unusual increase in inorganic salt
concentration in December. Freshwater influx also brought nutrients, leading to higher
NO2

− + NO3
− and PO4

− concentrations at S03 compared to other stations.

 
Figure 2. Temperature, Salinity, pH and DO from March to December 2019 and August to October
2020. NO2

−, NO3
−, P and Syn data are presented from March and December 2019, and June and

August 2020 (a). Syn indicates the abundance of Synechococcus, while P indicates the concentration
of PO4

−. Pearson correlations between environmental factors and Synechococcus abundance (b).
Square color represents a positive or negative correlation, and square size represents the correlation
coefficient. *, p < 0.05; ***, p < 0.001.

Synechococcus abundance exhibited clear temporal and spatial patterns, with higher
levels at S03. Peak abundance occurred in summer, with S03 in August reaching
3.46 × 104 cells/mL. Synechococcus abundance decreased in winter, with the lowest at
S12 in March, at 2.65 × 103 cells/mL. Pearson correlation analysis was performed between
environmental parameters and Synechococcus abundance for the months of March, August,
and December. A significant positive correlation was detected between temperature and
Synechococcus abundance (p < 0.001), and a positive correlation between NO2

− concen-
tration and abundance (p < 0.05) (Figure 2b). Significant correlations were also observed
among environmental variables, notably between nutrient and salt concentrations.

3.2. Comparative Analysis of Synechococcus Community Composition

A total of 12,777 OTUs (73,710 reads) were detected from 15 samples (three in situ
samples and twelve FACS samples) in the coastal waters of Xiamen. Of these, 324 OTUs
(2219 reads, 3%) not assigned to the phylum cyanobacteria were discarded. The comparison
results of the representative sequences of OTUs with the reference database indicate that
12,348 OTUs (71,342 reads) of cyanobacteria were classified into S5.1, S5.2 and S5.3 of
Synechococcus, and 105 OTUs (149 reads) were unclassified. In August, 10,251 reads (35%)
classified as Synechococcus strains, 17,559 reads (60%) assigned to unclassified Synechococcus
strains, and 1647 reads (5%) not assigned to Synechococcus from three in situ samples and

99



Microorganisms 2025, 13, 764

three FACS samples. While most Synechococcus strains were detected in the three in situ
samples with lower or absent abundance in the three FACS samples in August, several
strains, such as Synechococcus sp. KORDI-71, Synechococcus sp. KORDI-47, Synechococcus
sp. MW02, and Synechococcus sp. RS9921, exhibited higher relative abundance in the FACS
samples (Figure 3a). Additionally, Synechococcus sp. WH 8002 was unique to the FACS
samples, and underdetected in the in situ samples.

Figure 3. Relative abundance of Synechococcus strains (a) and clades (b) at each station in August.
8-S03, 8-S07, 8-S12 represent the FACS samples; M-S03-8, M-S07-8, and M-S12-8 represent the in
situ samples.

The in situ samples from three stations identified 22 clades of marine Synechococcus in
August, whereas FACS samples from the same stations detected only 8 clades (Figure 3b).
The core clades detected in the FACS samples were IX, CB2, and CB5, and these core clades
were also detected in the in situ samples. In addition, in situ samples detected a high
portion of the clade II. The Shannon diversity index detected in the in situ samples varied
from 9.57 (S12) to 10.21 (S03), contrasting with the range of 3.52 (S12) to 6.58 (S03) for FACS
samples in the coastal waters of Xiamen in August (Figure S2).

3.3. Synechococcus Diversity and Their Seasonal Variations

During winter (December and March) and summer (June and August), a total of
17 Synechococcus clades from three subclusters (S5.1, S5.2 and S5.3) were identified at three
stations by twelve FACS samples. S5.1 and S5.2 were the most prevalent, with core clades
including IX, CB2, XIX, II, and CB5 (Figure 4a). S5.1 dominated in winter, with XIX and II
as core clades. However, high levels of IX and XM1 were unique to station S03 in December.
In summer, S5.1 and S5.2 dominated, IX, CB2 and CB5 were core clades. The coastal waters
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of Xiamen shared eight Synechococcus clades between summer and winter samples, with
eight unique clades in winter and three unique clades in summer (Figure 4b).

Figure 4. Relative abundance of Synechococcus clades at different stations (months) (a). Venn diagram
of Synechococcus clades in winter and summer (b). PCoA exhibits the variation in Synechococcus com-
munity at the operational taxonomic units (OTUs) level across different stations and months (c). The
term “Summer” represents the FACS samples from June and August, “in situ Summer” represents the
in situ samples from August, and “Winter” represents the FACS samples from December and March.

PCoA revealed that the Synechococcus community composition between summer and
winter samples exhibited significant differences, with the PCo1 and PCo2 axes collectively
explaining 33.7% of the variations in community composition (p < 0.001) (Figure 4c). The
summer group included FACS samples from three stations in June and August, demonstrat-
ing consistent Synechococcus composition. Conversely, the winter group comprised FACS
samples from the same stations in March and December, also showing similar Synechococcus
composition, except for the 12-S03 and 12-S12 samples in December, which diverged possi-
bly due to environmental fluctuations. In the coastal waters of Xiamen Island, the Shannon
diversity index of the Synechococcus community varied between 3.52 and 7.73 during four
seasonal sampling months revealed by FACS data, while the ACE richness index spanned
from 1600 to 5229 (Figure S3). The highest Shannon diversity was observed at station S03
in March, and the highest ACE richness was recorded at station S12 in December.
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3.4. Relationship Between Synechococcus Clades and Environmental Factors

RDA was used to analyze the relationship between Synechococcus clades and envi-
ronmental factors. The first two axes of RDA accounted for 83.86% of the variations in
Synechococcus clades composition in the coastal waters of Xiamen (Figure 5). Temperature
was identified as the most influential factor, affecting Synechococcus community structure
(Monte Carlo test; p < 0.01) and explaining 52.2% of the variations in clade composition.
Clade IX and CB5 were positively correlated with temperature. Winter samples, with the ex-
ception of 12-S03, clustered on the right side and were separated from the summer samples.

Figure 5. RDA showed the relationship between environmental factors and Synechococcus clades. **,
Environmental factors and clade changes were significantly correlated (p < 0.01).

3.5. Synechococcus Metabolic Pathways and Their Seasonal Variations

Here, we employed the KEGG database to annotate functional genes of twelve FACS
samples collected from the coastal waters of Xiamen, and a total of 219 different functional
genes were annotated. The results demonstrated that in the summer samples, the number
of functional genes associated with amino sugar and nucleotide sugar metabolism was the
highest, which was significantly greater than that in the winter samples (Figure 6). In the
winter samples, the functional genes related to photosynthesis were the most abundant,
but the number was still lower than that in the summer samples. Moreover, across both
seasons, genes related to porphyrin and chlorophyll metabolism, two-component systems,
and ABC transporters maintained relatively high numbers. However, for the majority of
metabolic pathways, the number of relevant functional genes was higher in summer.
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Figure 6. The top 20 metabolic pathways ranked by the number of associated functional genes in
winter and summer samples.

4. Discussion

4.1. Detection of Low-Abundance Synechococcus Strains by Combining FACS with
High-Throughput Sequencing

Metagenomics provides a comprehensive approach to uncovering the genomic,
metabolic, and phylogenetic diversity of the Synechococcus community [38,39]. Yet, metage-
nomic methods often fail to elucidate lower abundance members of microbial community.
Combining cell sorting with metagenomic sequencing may improve the genome recovery
of low-abundant species from complex communities [27]. Here, some strains of Synechococ-
cus that are rarely detected or absent in the in situ samples were detected in the FACS
samples (Figure 3a). These results demonstrate that FACS decreases the complexity of
environmental microbial communities through cell sorting, offering a distinct advantage
for investigating rare and low-abundance species in marine environments. This find-
ing is consistent with another study of soil, which has shown that targeting sorting and
high-throughput sequencing could detect rare species [40]. While FACS and ITS amplicon
sequencing may be beneficial for examining low-abundance Synechococcus, its limitation lies
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in sorting only 1000 cells, which leads to a lower sequencing depth. Therefore, the diversity
and richness of the Synechococcus community in the FACS samples are substantially lower
compared to the in situ samples (Figure S2). Meanwhile, Synechococcus sp. WH 8002 was
uniquely detected in the FACS samples. This may be attributed to the potential biases
introduced by FACS, as well as its advantages in isolating specific strains. However, while
in situ sequencing may not detect low-abundance strains, FACS data could complement
several findings, thereby enhancing our understanding of microbial diversity in marine
environments. Consequently, combining FACS with ITS amplicon sequencing may be a
valuable tool for analyzing marine microbial diversity.

Core clades IX, CB2, and CB5, detected in the FACS samples, are also present in
the in situ samples, but there are discrepancies in their relative proportion (Figure 3b).
Additionally, some clades that are abundant in the in situ samples, such as II and XM2, are
barely detected in the FACS samples, possibly due to differences in sampling depth. For
instance, on the southern California coast, the read ratios of clade I and clade IV in the rpoC1
library were different from those in the ITS amplicon library [36]. Moreover, substantial
differences in Synechococcus community composition are observed when comparing DNA
and cDNA sequences [9].

4.2. Seasonal Variations in Synechococcus and Their Relationship with Environmental Factors

Marine Synechococcus exhibits high genetic diversity, with over 20 clades identified
worldwide. Typically, marine regions host about 6 to 13 clades [41,42]. Estuaries, character-
ized by complex hydrological conditions, often have a high abundance of Synechococcus.
For instance, in Hong Kong’s estuary, 17 Synechococcus clades were identified through
environmental rpoC1 gene sequencing, along with cyanobacteria and freshwater Syne-
chococcus [43]. In this study, twelve FACS samples and three in situ samples identified
24 distinct clades within three sub-clusters (S5.1, S5.2, S5.3) in the coastal waters of Xiamen.
This finding highlights the high diversity of Synechococcus in this area. The distribution of
Synechococcus extends from the equator to the poles, and from shore to open oceans. S5.1
is globally widespread, S5.2 is typically detected in estuary and freshwater environment,
and S5.3 is more abundant only in the oligo-trophic or warm open oceans [19,44]. Our
study aligned with the known distribution patterns of Synechococcus, S5.1 was the most
prevalent in all samples, S5.2 was abundant only in summer samples, and S5.3 showed
consistently low abundance in all samples (Figure 4a). Seasonal and spatial variations in
Synechococcus community were detected in multiple marine areas [9,45]. Our study also
confirmed significant seasonal variations in Synechococcus community composition in the
coastal waters of Xiamen by combining FACS with ITS amplicon sequencing. II and XIX
were core clades in winter waters, IX, CB2 and CB5 were core clades in summer waters
(Figure 4a). Clade XIX is a newly identified lineage of Synechococcus in 2012, with a limited
oceanic distribution [46]. Clade XIX only appears in particular sea areas and confirming if
this distribution indicates a specific niche adaptation requires further investigation [19].
However, our results showed that this clade had high abundance during winter in the
coastal waters of Xiamen, which might increase our understanding that strains of this clade
prefer coastal winter environment.

Environmental changes can affect the physiology and gene expression of Synechococcus,
potentially driving its adaptive evolution [19]. The phylogenetic diversity of Synechococ-
cus represents physiological or ecological diversity, with different evolutionary lineages
occupying distinct ecological niches. Consequently, changes in environmental conditions
could lead to variations in the community composition of Synechococcus. Environmental
conditions partly determine the community composition of Synechococcus, Prochlorococcus,
and other small phytoplankton in the study area [47,48]. In the coastal waters of Xia-
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men, temperature is a significant factor influencing Synechococcus community composition
(p < 0.01, Figure 5), and a temperature-influencing pattern has been observed globally [49].
Additionally, salinity, nutrients, iron availability and chlorophyll content significantly
impact the distribution of Synechococcus various clades [50,51]. For instance, a shift in
dominance from freshwater Synechococcus to the combination of phylogenetic subcluster
5.2 and freshwater Synechococcus occurs as salinity increases in salt-wedge estuaries [44].
In our study, in December, a notable rise in inorganic salt concentration at station S03
potentially stimulated the growth of the XM1 clade of phylogenetic subcluster 5.2.

The niche partitioning among Synechococcus populations in both typical and spe-
cialized marine environments is governed by their adaptive mechanisms, which operate
through environmental restrictions on the expression and regulation of functional genes
and concomitant shifts in ecological functions [19]. Our study revealed that the most en-
riched metabolic pathways in Synechococcus populations from Xiamen coastal waters were
amino sugar and nucleotide sugar metabolism, photosynthesis, porphyrin and chlorophyll
metabolism, two-component systems and ABC transporters. Notably, summer samples
exhibited a significantly higher number of functional genes associated with these pathways
compared to winter samples (Figure 6). This may be related to the high temperature and
strong sunlight in summer. Temperature directly affects phytoplankton by influencing their
growth and metabolic rates [52,53]. In summer, high light intensity and elevated tempera-
ture stimulate the expression of functional genes related to photosynthesis and pigment
metabolism in Synechococcus populations, enabling them to maximize the utilization of light
energy for growth and metabolism. The high temperature in summer promotes the growth
of Synechococcus [54,55] and may accelerate the metabolic rate of cells, resulting in increased
expression of functional genes related to energy metabolism and substance synthesis in
summer. For example, the high abundance of Synechococcus in summer requires substantial
amounts of amino sugar and nucleotide sugar to construct new cellular structures. In
contrast, the low temperatures in winter may restrict the physiological activities of Syne-
chococcus cells, leading to a decrease in the expression of most functional genes. In summer,
microbial communities may enhance certain metabolic pathways through interspecies
synergies or competition. Synechococcus coexists and competes with various microalgae,
some metabolites of Synechococcus, such as fatty acids, hydrocarbons, phenols, terpenes,
and indoles, can act as allelochemicals to inhibit the growth of competing species [19,56].
Our results revealed that the biosynthesis pathways of ubiquinone and other terpenoid-
quinones biosynthesis were among the top 20 metabolic pathways in the Synechococcus
community, and the number of relevant functional genes associated with this pathway
was significantly higher in summer. Meanwhile, higher nutrient concentrations in summer
seawater may also boost Synechococcus community growth and metabolism, and our study
detected higher nitrogen and phosphorus concentrations in summer seawater samples,
particularly at site S03. In total, Synechococcus populations adapt to seasonal environmental
changes by regulating the expression of different functional genes to maintain cell growth,
metabolism, and survival.

Our research on marine Synechococcus diversity and its environmental responses offers
insights for broader marine ecosystem studies. Understanding Synechococcus diversity and
its seasonal and environmentally driven changes can refine models of marine productivity
and carbon sinks, which is crucial for the oceanic carbon cycle and other biogeochemical
processes. Meanwhile, the seasonal dynamics of Synechococcus communities and their
metabolic responses to environmental factors like temperature and nutrients can guide
future research on ecological adaptation mechanisms in marine microbes. This is essential
for predicting the impacts of climate change on marine ecosystems.
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5. Conclusions

Overall, this study combined FACS with high-throughput sequencing to analyze
the seasonal variations in community structure and functional genes of Synechococcus in
the coastal waters of Xiamen. FACS and ITS amplicon sequencing could detect several
low-abundance Synechococcus strains underdetected by the in situ samples. FACS data
revealed seasonal variations in the Synechococcus community composition in these waters
concurrently, significantly correlated with temperature. Furthermore, FACS and metage-
nomic sequencing revealed that the predominant metabolic pathways of Synechococcus
populations, with Synechococcus exhibiting enhanced metabolic activity during summer. In
total, FACS combined with high-throughput sequencing offers new insights into microbial
community research. This study reveals seasonal Synechococcus community changes, en-
hancing our understanding of how they respond to environmental changes in community
composition and metabolic activities. As key marine primary producers, Synechococcus
community structure and functional variations directly impact marine ecosystem health
and are crucial for grasping oceanic carbon cycling and other biogeochemical processes.
Future research could expand the sampling scale to analyze the effects of other environ-
mental factors on Synechococcus communities. Additionally, the integration of FACS with
high-throughput sequencing could be applied to the study of other microbial communities.
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Abstract: Herbicides are the most employed pesticides in agriculture worldwide;
among them, glyphosate is the most successful herbicide molecule in history. The
extensive use of glyphosate has been related to environmental pollution and toxic
effects on non-target organisms. Effective remediation and treatment alternatives
must be developed to reduce the environmental presence of glyphosate and its ad-
verse effects. Bioremediation using microorganisms has been proposed as a feasible
alternative for treating glyphosate pollution; due to this, identifying and characteriz-
ing microorganisms capable of biodegrading glyphosate is a key environmental task
for the bioremediation of polluted sites by this herbicide. This study characterized
the glyphosate resistance profile and degradation capacity of the bacterial strain Ca-
balleronia zhejiangensis CEIB S4-3. According to the results of the bacterial growth
inhibition assays on agar plates, C. zhejiangensis CEIB S4-3 can resist exposure to high
concentrations of glyphosate, up to 1600 mg/L in glyphosate-based herbicide (GBH)
formulation, and 12,000 mg/L of the analytical-grade molecule. In the inhibition
assay in liquid media, C. zhejiangensis CEIB S4-3 resisted glyphosate exposure to all
concentrations evaluated (25–400 mg/L). After 48 h exposure, GBH caused impor-
tant bacterial growth inhibition (>80%) at concentrations between 100 and 400 mg/L,
while exposure to analytical-grade glyphosate caused bacterial growth inhibitions
below 15% in all tested concentrations. Finally, this bacterial strain was capable of
degrading 60% of the glyphosate supplemented to culture media (50 mg/L), when
used as the sole carbon source, in twelve hours; moreover, C. zhejiangensis CEIB S4-3
can also degrade the primary glyphosate degradation metabolite aminomethylphos-
phonic acid (AMPA). Genomic analysis revealed the presence of genes associated
with the two reported metabolic pathways for glyphosate degradation, the sarcosine
and AMPA pathways. This is the first report on the glyphosate degradation capacity
and the genes related to its metabolism in a Caballeronia genus strain. The results
from this investigation demonstrate that C. zhejiangensis CEIB S4-3 exhibits significant
potential for glyphosate biodegradation, suggesting its applicability in bioremediation
strategies targeting this contaminant.

Microorganisms 2025, 13, 651 https://doi.org/10.3390/microorganisms13030651
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1. Introduction

In modern agriculture, various agrochemicals, mainly fertilizers and pesticide com-
pounds, are used extensively in crops. The use of these substances enhances the quality
of farm products, increases agricultural production, and controls different pests in crop
fields [1–3]. Among the pests that threaten crops are the so-called weeds, defined as colo-
nizing plants with an exceptional ability to take advantage of the ecological disturbances
caused by humans (e.g., in cropland) [4]. Weeds generate broad impacts on agricultural
production; these plant species significantly reduce crop productivity (up to 30% of pro-
duction, mainly in the least developed countries) because they compete with crops for
resources such as soil nutrients (i.e., N, P, and K), space, sunlight, and water, which is why
the use of different substances with herbicidal activities is necessary for their control [5–8].
Herbicides comprise the most widely used group of pesticides in agriculture worldwide.
According to Food and Agriculture Organization (FAO) data, in the year 2022, the total
pesticide use worldwide was estimated to be 3.7 million tons, of which 1.9 tons (52.6%)
corresponds to herbicides [9].

The first attempts to chemically control weeds in crops began in the 1940s with the
development of the herbicide 2,4-Dichlorophenoxyacetic acid (2,4-D) [10]. Since then,
thousands of formulations that include molecules with herbicidal activity have been mar-
keted worldwide. Among the most widely used herbicides worldwide, glyphosate-based
formulations stand out [11–14]. Glyphosate (N-(phosphonomethyl) glycine) is a synthetic
phosphonate molecule with a non-selective herbicide activity widely used to eliminate
weeds and facilitate grain harvesting in crop fields worldwide [15–17].

The herbicidal activity of glyphosate is based on its ability to inhibit the action of the
enzyme 5-enolpyruvyl shikimate-3-phosphate synthase (EPSPS) involved in the shikimate
pathway in plants [18–20]. EPSPS catalyzes the condensation of shikimate-3-phosphate
(S3P) and phosphoenolpyruvate (PEP) molecules to form 5-enolpyruvyl shikimate-3-
phosphate (EPSP) [21], a key metabolite for the synthesis of aromatic precursors (cho-
rismate and prephenate) of amino acids such as phenylalanine, tyrosine and tryptophan,
and other essential compounds needed for optimal plant development such as folic acid
and menaquinone [20]. Due to its chemical similarity to PEP, glyphosate can bind to the
interaction site of this molecule in the EPSPS enzyme and inhibit EPSP synthesis [22,23].

Due to its effectiveness in weed control, easy use, and affordable cost, glyphosate use
has gradually increased in agriculture. However, the development of herbicide-resistant
transgenic crops in 1990 caused a significant rise in glyphosate use worldwide [24]. It
is estimated that more than 8.6 million tons of glyphosate (active principle) have been
commercialized since its market introduction in 1974; the yearly use of glyphosate is around
785,000 tons, 90% of it employed in agriculture worldwide [25,26], but it is expected that
its global use will reach 900,000 tons in 2025 [27]. The extensive use of glyphosate has
been related to environmental pollution and toxic effects on non-target organisms such as
bacteria, algae, plants, animals and aquatic organisms [28–33].

Glyphosate and its primary degradation product, aminomethylphosphonic acid
(AMPA), have been detected in soils, as well as in surface and groundwater sources
near agricultural regions globally [34–36]. In different regions of the European Union,
the concentrations of glyphosate and AMPA in agricultural soils may vary from 0.5 to
2 mg/Kg [37]. On the hydroculture side, studies conducted in countries of the European
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Union and North and South America revealed concentrations in the range of 0.1–328 μg/L
in surface water bodies and 0.7 to 2.5 μg/L in groundwater [38].

The presence of glyphosate and its metabolites in the environment is considered a
potential ecotoxicological threat [39,40]. Glyphosate exposure may induce acute and chronic
toxic effects on non-target organisms distributed in aquatic and terrestrial environments,
including microorganisms, plants, animals and humans [41–43]. The main toxic effects
of glyphosate in humans include (1) direct damage at cellular, tissular and organic levels,
(2) oxidative stress through reactive oxygen induction, (3) endocrine disruptor activities,
and (4) genetic damage [44].

Due to glyphosate’s environmental and human health threats, developing treatment
approaches to eliminate glyphosate and AMPA from the environment and reduce exposure
in non-target organisms is needed [45,46]. Several physicochemical alternatives (coagu-
lation, adsorption, reverse osmosis, advanced oxidation processes, among others) have
been proposed to deal with glyphosate pollution; however, many of them just remove
glyphosate without degradation, could be expensive, difficult to implement and maintain,
or could generate secondary pollution [47,48]. Biological methods have demonstrated their
efficacy as safe, cost-effective, and dependable strategies for glyphosate removal from soil
and water [29,49].

Microorganisms, bacteria and fungi living in polluted environments, such as those
impacted with pesticides, could develop genetic and metabolic strategies to degrade these
toxic molecules into non-harmful products [50,51]. Bacteria environmentally exposed to
glyphosate develop cellular mechanisms to counteract the toxic effects of this pesticide
and survive [52]. These mechanisms include a reduction in the number of glyphosate
transporters in the bacterial membrane, the expression of efflux proteins, overexpression
of the EPSPS enzyme in the presence of glyphosate, mutations in EPSPS to reduce its
sensitivity to glyphosate, enzymatic modification of glyphosate, and its biodegradation [16,
36,53,54].

During the biodegradation process, the metabolic processes of microorganisms break
down glyphosate into smaller molecules. There are two metabolic pathways used by bacte-
ria to degrade glyphosate: in the first, denominated as the sarcosine pathway, the enzyme
C-P lyase breaks the carbon–phosphorus bond in glyphosate to produce sarcosine; and
in the second, denominated the AMPA pathway, the enzyme glyphosate oxidoreductase
breaks glyphosate to produce AMPA [17]. Several bacterial strains have been identified as
capable of degrading glyphosate [29,52], including multiple strains from the Burkholderia
genus, such as Burkholderia sp. AQ5-13 [55], Burkholderia vietnamiensis AQ5-12 [56], and
Burkholderia cenocepacia CEIB S5-2 [57]. Caballeronia is a bacterial genus closely related to the
Burkholderia and Paraburkholderia genera. In 2016, Dobritsa and Samadpour [58] reclassified
and included 12 species of these two bacterial genera in the Caballeronia genus, among them
Burkholderia zhejiangensis.

Caballeronia zhejiangensis CEIB S4-3, formerly Burkholderia zhejiangensis CEIB S4-3,
was isolated from Tagetes erecta L. (commonly called cempasúchil in Mexico) crops in
Morelos, Mexico. This bacterial strain demonstrates a rapid ability to hydrolyze the
organophosphorus pesticide methyl parathion (50 mg/L) and can completely degrade its
primary hydrolysis product, p-nitrophenol, an extremely toxic compound for microbial
communities in soils, within a mere 12 h [59,60]. In this study, the genomic analysis of this
strain revealed the presence of genes involved in the two known metabolic pathways for
glyphosate degradation in bacteria. Based on this, the objective of the current study was to
assess the glyphosate resistance profile of C. zhejiangensis CEIB S4-3, as well as its capacity
to degrade both glyphosate and AMPA.
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2. Materials and Methods

2.1. Glyphosate

Glyphosate resistance and degradation experiments were performed using a glyphosate-
based herbicide formulation (FAENA®, 363 g/L, Monsanto Comercial S. de R.L. de C.V.,
Zapopan, Jalisco, Mexico), high-purity glyphosate (99.5%) analytical reagent, and analytical-
grade AMPA (98.0% purity) (Chem Service Inc., West Chester, PA, USA). Stock solutions of
the herbicide formulation, glyphosate, and AMPA were prepared at 10,000 mg/L. Finally,
appropriate concentrations of these chemicals were adjusted to conduct the experiments.

2.2. Bacterial Strain and Culture Media

For pre-inoculum preparation, C. zhejiangensis CEIB S4-3 was grown on Petri dishes
with Trypticase Soy Agar (TSA), and cultures were incubated for 24 h at 30 ◦C. Subsequently,
individual colonies were transferred into 250 mL Erlenmeyer flasks containing 50 mL of
Trypticase Soy Broth (TSB) (Bioxon, Becton Dickinson, Cuautitlán, Estado de Mexico,
Mexico) to cultivate the bacterial biomass required for the Minimum Inhibitory Concen-
tration (MIC) assays and bacterial growth inhibition assessments in liquid cultures. For
the glyphosate degradation experiments, a Minimal Salt Medium (MSM) was used, which
is prepared from two stock solutions. Solution A contains the following per liter: 0.82 g
KH2PO4, 0.19 g K2HPO4, 0.20 g MgSO4·7H2O, 2 g KNO3, and 0.99 g (NH4)2SO4. Solution
B consists of 2.8 g H3BO3, 2.55 g MnSO4·H2O, 0.17 g CuSO4·5H2O, 2.43 g CoCl2·6H2O,
and 0.25 g ZnSO4·7H2O. Both solutions were prepared separately, and each was sterilized
individually before use. To prepare MSM, 2 mL of Solution B was added to 1 L of Solution
A; the final pH of the medium was 7. The MSM was then ready for use in the glyphosate
degradation experiments [57].

2.3. Glyphosate Bacterial Resistance, Minimum Inhibitory Concentration (MIC) on Agar Plates

To assess glyphosate resistance profile of C. zhejiangensis CEIB S4-3 against both
commercial and analytical-grade glyphosate, the bacterial strain was cultured in 250 mL
Erlenmeyer flasks containing 50 mL of Trypticase Soy Broth (TSB) at 30 ◦C for 24 h with
constant agitation at 150 rpm. Following incubation, bacterial biomass was harvested by
centrifugation at 3500 rpm for 10 min. The inoculum was then standardized to an optical
density of 0.5 at 600 nm (OD600nm), and 1 mL of this inoculum was mixed with 9 mL of
warm Tryptic Soy Agar (TSA). The mixture was homogenized and subsequently poured
into Petri dishes.

Once solidified, 5 mm diameter filter paper disks were placed on the TSA, each loaded
with 20 μL of the corresponding glyphosate solution. After application, the Petri dish
was left slightly open for 10 min in the laminar flow hood to allow the filter paper disks
loaded with glyphosate to dry before incubation. The inhibitory effects of glyphosate in
commercial herbicide formulation and analytical reagent were evaluated at the follow-
ing concentrations: 25, 50, 100, 200, 400, 800, 1600, 3200, 6400 and 12,000 mg/L, sterile
H2O (MiliQ) was used as negative inhibition indicator (C−), while the glyphosate-based
herbicide (GBH) formulation (363 g/L) was used as a positive indicator (C+) of bacterial
inhibition. The Petri dishes were incubated for 24 h at 30 ◦C, after which the diameter of
developed inhibition halos in the Petri dishes were measured. Three biological replicates
were conducted for each experiment.

2.4. Bacterial Growth Inhibition Assays in Trypticase Soy Broth (TSB) Medium

To evaluate the effect of glyphosate exposure on bacterial growth in liquid cultures, C.
zhejiangensis CEIB S4-3 was grown in 50 mL of TSB at 30 ◦C for 24 h and 150 rpm for pre-
inoculum preparation. Subsequently, the bacterial biomass was collected by centrifugation
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at 3500 rpm for 10 min and the experimental inoculum was adjusted to 0.05 OD600nm. For
inhibition assays, 250 mL Erlenmeyer flasks were inoculated with 50 mL of TSB supple-
mented with different concentrations of glyphosate in the GBH commercial formulation
and the analytical-grade glyphosate at the following concentrations of 25, 50, 100, 200,
and 400 mg/L. The OD600nm of the bacterial cultures without glyphosate was considered
reference bacterial growth, while TSB was used as a blank. The cultures were incubated for
24 h at 30 ◦C and 150 rpm, and bacterial growth was assessed through the OD600nm every
two hours until 24 h. Three biological replicates were conducted for each experiment.

2.5. Bacterial Growth Inhibition Assays in Minimal Salts Medium (MSM)

To evaluate the effect of glyphosate exposure on bacterial growth in liquid cultures
using glyphosate as sole carbon source, after pre-inoculum preparation, C. zhejiangensis
CEIB S4-3 (0.5 OD600nm) was grown in 250 mL Erlenmeyer flasks with 50 mL of MSM at
pH 7 supplemented with 25, 50, 100, 200 and 400 mg/L of GBH formulation and analytical-
grade glyphosate. The cultures were incubated for 24 h at 30 ◦C and 150 rpm, and the
optical density (OD600nm) of the cultures was assessed every two hours until 24 h. Three
biological replicates were conducted for each experiment.

2.6. Glyphosate Degradation Kinetics

To evaluate glyphosate degradation capability of C. zhejiangensis CEIB S4-3, degrada-
tion kinetics were conducted. The bacterial strain was inoculated (0.5 OD600nm) in 250 mL
Erlenmeyer flasks with 50 mL of MSM supplemented with a concentration of 50 mg/L
of glyphosate (analytic reagent). Cultures were incubated at 30 ◦C at 150 rpm. Every
two hours, samples of 1.5 mL were collected until 8 h; the samples were centrifuged at
4000 rpm for 10 min and filtered through a 0.2 μm poly(vinylidene fluoride) (PVDF) fil-
ter (CHROMAFIL®Xtra, MachenreyNagel, Düren, Germany). Glyphosate degradation
was analyzed using Ultra-Performance Liquid Chromatography-Tandem Mass Spectrom-
etry (UPLC-MS/MS) as described by Roy et al. (2021) [61]. Glyphosate and AMPA
residues in the culture supernatants were quantified using a Liquid Chromatograph (Agi-
lent 1290 Infinity II LC system, Santa Clara, CA, USA) coupled with a mass spectrometer
(Agilent 6545 Q-TOF, Santa Clara, CA, USA). The separation of metabolites was performed
via UPLC on a C18 ACE Excel 2 C18-PFP column (2 μm, 2.1 mm × 150 mm; HiChrom,
Reading, UK), with an isocratic flow rate of 0.35 mL/min, using water (0.1% formic acid)
and methanol (0.1% formic acid) as mobile phases. The eluted glyphosate and AMPA
metabolites were then identified through mass spectrometry.

2.7. Genomic Analyses

To investigate potential genes involved in the biodegradation of glyphosate within
the C. zhejiangensis CEIB S4-3 genome, bioinformatic tools were employed to analyze
the draft genome of this bacterial strain, which is publicly accessible on NCBI (https://
www.ncbi.nlm.nih.gov/ (accessed on 22 January 2025) under BioProject accession number
PRJNA264584 [62]. The search for genes encoding enzymes associated with the glyphosate
degradation pathways (sarcosine and AMPA) was conducted by aligning the amino acid
sequences of orthologous enzymes from related bacterial genera, including Burkholderia,
Caballeronia, and Pseudomonas. Gene identification was performed by translating the protein
sequences into their corresponding nucleotide sequences, followed by sequence alignments
using the TBlastn tool in the Basic Local Alignment Search Tool (BLAST, https://blast.ncbi.
nlm.nih.gov/Blast.cgi (accessed on 22 January 2025).
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2.8. Degradation Rate of Glyphosate (mg/L·h)

The wide variety of pesticide molecules, bacterial species, and initial glyphosate
concentrations across the identified studies complicates the comparison and identification
of the most effective systems for glyphosate degradation. To address this, it was suggested
to calculate the glyphosate degradation rate for different bacterial species in order to
pinpoint those with the highest efficiency in degrading glyphosate using the following
formula:

GDR = Ic − Fc/Dt (1)

where:

GDR: Glyphosate degradation rate (mg/L·h)
Ic: Initial concentration (mg/L)
Fc: Final concentration (mg/L)
Dt: Degradation time (h)

2.9. Statistical Analyses

The data obtained from the experimental results were processed using a Shapiro-Wilk
test to assess the normality of the data, and a Bartlett test was performed to determine the
homogeneity of variance of the data. Subsequently, once the normality of the data and the
homogeneity of variance were determined, a two-way analysis of variance (ANOVA) was
performed to assess the effect of glyphosate at different concentrations on the growth of
the bacterial strain. At the same time, a Tukey test was performed to determine significant
differences in the growth of the bacterial strain due to exposure to glyphosate over time.
Significant differences in the concentration of glyphosate and AMPA across time in the
glyphosate degradation kinetics was determined through one-way ANOVA and Tukey test.

3. Results

3.1. Glyphosate Bacterial Resistance, Minimum Inhibitory Concentration (MIC) on Agar Plates

The resistance profile of the C. zhejiangensis CEIB S4-3 strain to glyphosate was assessed
by exposing the bacteria to increasing concentrations of both a commercial GBH formulation
(FAENA®) and analytical-grade glyphosate (98% purity) on agar plates. In the minimal
inhibitory concentration test on agar plates, the GBH formulation displays inhibition halos
at concentrations in the range of 3200–12,000 mg/L (Figure 1A), while in the plates with
the presence of analytical-grade glyphosate, no inhibition halos were observed in the
experiments (Figure 1B). The findings indicate that C. zhejiangensis CEIB S4-3 can tolerate
exposure to up to 1600 mg/L of glyphosate in its commercial formulation (GBH). In
contrast, the bacterial strain demonstrated resistance to all concentrations of analytical-
grade glyphosate tested.

3.2. Bacterial Growth Inhibition Assays in Trypticase Soy Broth (TSB) Medium

To determine the glyphosate resistance profile of C. zhejiangensis CEIB S4-3 in liquid cul-
tures, growth kinetics in the presence of concentrations from 25 to 400 mg/L of glyphosate
in the commercial GBH formulation and analytical-grade reagent were conducted at 24 h
(30 ◦C and 150 rpm). In the assay with the presence of glyphosate in commercial GBH
formulation, C. zhejiangensis CEIB S4-3 was capable of resisting all concentrations evaluated
(Figure 2A); however, exposure to concentrations of 100, 200, and 400 mg/L caused impor-
tant growth inhibition of 84.1 ± 0.3, 88.1 ± 0.2 and 90.5 ± 0.3%, respectively (Figure 2B),
whereas when the bacterial strain was exposed to a concentration of 50 mg/L the observed
growth inhibition was just 20.6 ± 1.6%. Finally, exposure to 25 mg/L did not cause a
significant inhibition in bacterial growth (0.4 ± 0.1%); the bacterial growth profile did not
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show significant differences concerning the kinetics in the absence of glyphosate after 12 h
incubation (Figure 2A). In the experiments conducted with analytical-grade glyphosate, C.
zhejiangensis CEIB S4-3 showed lower growth inhibition with respect to experiments with
GBH formulation (Figure 2C). The highest growth inhibition (10.3 ± 0.8%) was observed
in the exposure to 400 mg/L of glyphosate (analytical grade), while growth inhibitions
were below 5% at concentrations from 25–100 mg/L (Figure 2D). According to these
findings, the bacterial strain can resist glyphosate exposure at concentrations of 25 and
50 mg/L in the GBH formulation and 25–400 mg/L when the bacterial strain is exposed
to analytical-grade glyphosate.

 

Figure 1. Determination of the minimal inhibitory concentration (MIC) of glyphosate on agar
plates. Panel (A) shows C. zhejiangensis CEIB S4-3 exposed to the commercial glyphosate-based
herbicide (GBH) formulation (FAENA®), while panel (B) illustrates the exposure to analytical-grade
glyphosate. Sterile water (MilliQ) served as the negative control (C−), while a concentrated GBH
solution (363 g/L) was used as the positive control (C+) in both experiments.

3.3. Bacterial Growth Inhibition Assays in Minimal Salts Medium (MSM)

To assess the impact of glyphosate exposure without the presence of supplementary
carbon sources in the culture medium, bacterial growth inhibition assays were performed
in minimal salts medium (MSM) supplemented with glyphosate concentrations ranging
from 25 to 400 mg/L, using both the GBH formulation and analytical-grade glyphosate.
The initial optical density at 600 nm (OD600nm) of the C. zhejiangensis CEIB S4-3 cultures
was standardized to 0.5. When the bacterial strain was exposed to the GBH formulation,
it was observed that in concentrations from 25–100 mg/L, the culture showed no growth
inhibition up to 16 h (Figure 3A); after that time, a reduction in the OD600nm of the cul-
tures was observed, eventually reaching similar OD600nm values to those observed in the
experiment in the absence of glyphosate at the end of the kinetics. Otherwise, exposure
to concentrations of 200 and 400 mg/L caused a reduction in the OD600nm of the cultures
when compared to the experiment in the absence of glyphosate; the highest inhibition
(22.2 ± 0.1%) was observed at 400 mg/L (Figure 3B).
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Figure 2. Glyphosate resistance kinetics in TSB medium. (A) C. zhejiangensis CEIB S4-3 (Cz) exposed
to GBH formulation (FAENA®); the experimental points inside the squares do not show significant
statistical differences. (B) Bacterial growth inhibition percentages in cultures exposed to GBH
formulation; the bars with the same letters do not show significant statistical differences. (C) C.
zhejiangensis CEIB S4-3 exposed to analytical-grade glyphosate; the experimental points inside the
squares do not show significant statistical differences. (D) Bacterial growth inhibition percentages in
cultures exposed to analytical-grade glyphosate; the bars with the same letters do not show significant
statistical differences. Concentrations of 50–400 mg/L were used in the experiments. Three biological
replicates were conducted in all experiments; point and bars represent average values, and error bars
show the standard deviation. Two-way ANOVA test: *** = p ≤ 0.001.

The exposure of C. zhejiangensis CEIB S4-3 to analytical-grade glyphosate showed
different results compared to the experiments using the GBH formulation. Exposure to
concentrations from 25 to 200 mg/L did not cause important changes in the OD600nm of the
cultures with respect to the experiments in the absence of glyphosate; however, an increase
in OD600nm of the culture was observed at a concentration of 400 mg/L (Figure 3B). These
findings suggest that C. zhejiangensis CEIB S4-3 can use glyphosate as a carbon source for
bacterial maintenance.

3.4. Glyphosate Degradation Kinetics

The ability of C. zhejiangensis CEIB S4-3 to degrade glyphosate was assessed in shaken
flasks (30 ◦C, 150 rpm) containing 50 mg/L of analytical-grade glyphosate in Mineral Salts
Medium (MSM), with bacterial inoculation at an initial OD600nm of 0.5. Glyphosate degra-
dation was monitored every two hours over an eight-hour period. As shown in Figure 4, the
initial glyphosate concentration decreased progressively over the course of the experiment.
After eight hours, the glyphosate concentration was significantly reduced to 19.3 ± 0.2
mg/L, reflecting a degradation rate of 61.4 ± 0.4%. The release of aminomethylphosphonic
acid (AMPA) was detected after two hours of incubation, reaching its peak concentration
of 15.3 ± 0.23 mg/L at four hours, before declining to 11.8 ± 0.24 mg/L by the end of the
experiment. These results demonstrate that C. zhejiangensis CEIB S4-3 not only tolerates
high concentrations of glyphosate but also degrades up to 61% of the herbicide in the
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absence of additional carbon sources. Furthermore, the detection of AMPA suggests the
involvement of the glyphosate oxidase enzyme (GOX; E.C. 1.5.3.23) and supports the
utilization of the AMPA metabolic pathway for glyphosate degradation by C. zhejiangensis
CEIB S4-3 (Figure 4).

Figure 3. Glyphosate resistance kinetics in MSM medium. (A) C. zhejiangensis CEIB S4-3 (Cz)
exposed to GBH formulation (FAENA®). (B) C. zhejiangensis CEIB S4-3 exposed to analytical-grade
glyphosate. The experimental points inside the squares do not show significant statistical differences.
Concentrations of 50–400 mg/L were used in the experiments. Three biological replicates were
conducted in all experiments; point and bars represent average values, and error bars show the
standard deviation. Two-way ANOVA test: *** = p ≤ 0.001.
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Figure 4. Glyphosate degradation kinetics. C. zhejiangensis CEIB S4-3 (Cz) was inoculated at an initial
OD600nm of 0.5 in Mineral Salts Medium (MSM) containing 50 mg/L of glyphosate. Experimental
points with the same letters do not show significant statistical differences. One-way ANOVA:
*** = p ≤ 0.001.

3.5. Genomic Analyses

The genomic analysis of the C. zhejiangensis CEIB S4-3 strain enabled the identification
of genes encoding enzymes involved in two well-characterized glyphosate degradation
pathways, namely the sarcosine and AMPA pathways, as reported in various bacterial
species. According to the genomic analysis results, this is the first report on the glyphosate
degradation capacity and the genes related to its metabolism in a Caballeronia genus strain.

3.5.1. Identification of Genes Implicated in Glyphosate Degradation (Sarcosine Pathway)

Glyphosate degradation through the sarcosine pathway involves two primary en-
zymatic reactions: (1) the hydrolytic cleavage of the glyphosate molecule to release a
phosphate group and produce sarcosine, catalyzed by carbon-phosphorus lyase (C-P lyase)
(E.C. 4.7.1.1), and (2) the oxidation of sarcosine to formaldehyde and glycine, catalyzed by
the heterotetrameric enzyme sarcosine oxidase (SOX) (E.C. 1.5.3.1; E.C. 1.5.3.24). The result-
ing products, formaldehyde and glycine, are subsequently utilized in microbial metabolism,
with formaldehyde being processed through the tetrahydrofolate pathway and glycine
contributing to protein synthesis [29,52].

According to the genome analysis of the C. zhejiangensis CEIB S4-3 strain, the
genes corresponding to the C-P lyase (PhnH: WP_244808163.1) and the genes corre-
sponding to the four subunits of sarcosine oxidase were identified: alpha subunit (soxA
WP_008344983.1), beta (soxB WP_033537225.1), delta (soxD WP_008344984.1) and gamma
(soxG WP_008354173.1), so the strain has the genes of the metabolic machinery for the
degradation of glyphosate through the sarcosine pathway (Figure 5).
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Figure 5. Overview of the sarcosine degradation pathway and the corresponding genes identified in
the draft genome of C. zhejiangensis CEIB S4-3. THFA represents tetrahydrofolate.

3.5.2. Identification of Genes Involved in Glyphosate Degradation (AMPA Pathway)

The degradation of glyphosate via the AMPA pathway begins with the oxidation of the
glyphosate molecule by glyphosate oxidase (GOX) (E.C. 1.5.3.23), resulting in the release of
glyoxylate and AMPA. Glyoxylate is then metabolized through the tricarboxylic acid cycle
(TCA), where its complete conversion to CO2 generates reducing power and ATP. In con-
trast, AMPA may either be excreted from the cell into the environment or undergo further
degradation through two distinct pathways. In the first pathway, C-P lyase (E.C. 4.7.1.1)
hydrolyzes the phosphate group from AMPA, releasing methylamine. Methylamine is then
oxidized to formaldehyde by methylamine dehydrogenase (E.C. 1.4.9.1), and the resulting
formaldehyde enters microbial metabolism via the tetrahydrofolate pathway. In the second
pathway, AMPA undergoes a transamination reaction mediated by an aminotransferase
enzyme (E.C. 2.6.1.2), transferring its amino group to pyruvic acid and producing phos-
phoformaldehyde. The phosphate group of phosphoformaldehyde is then hydrolyzed by
phosphonatase (E.C. 3.11.1.1), releasing formaldehyde, which is subsequently incorporated
into the tetrahydrofolate pathway for further metabolism [29,52].

In the case of glyphosate degradation pathways through AMPA, the C. zhejiangensis
CEIB S4-3 strain presents in its genome the gene corresponding to the glyphosate oxidase
enzyme (gox: WP_244808247.1), the C-P lyase (PhnH: WP_244808163.1) and three genes
related to methylamine metabolism: the amino dehydrogenase (WP_008353338.1), and
two genes encoding dehydrogenases involved in methylamine utilization were identi-
fied: MauD (WP_033536143.1) and MauE (WP_008353336.1). Likewise, C. zhejiangensis
CEIB S4-3 presents genes that encode enzymes related to the alternative pathway for
AMPA degradation, mediated by a transamination process, including two genes that
encode aminotransferases, such as the 2-aminoethylphosphonate aminotransferase gene
(WP_008350897.1) and the class II aminotransferase gene, dependent on pyridoxal phos-
phate (WP_244808057.1), and a gene that encodes a phosphonatase (WP_008351424.1)
(Figure 6). In accordance with the above, the C. zhejiangensis CEIB S4-3 strain presents in its
genome the key enzymes for AMPA metabolism and its conversion to formaldehyde, for
its use through the tetrahydrofolate cycle.
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Figure 6. AMPA degradation pathway and the corresponding genes identified in the draft
genome of C. zhejiangensis CEIB S4-3. TCA refers to the tricarboxylic acid cycle, and
THFA denotes tetrahydrofolate.

4. Discussion

The shikimate pathway plays a critical role in the development of plants, as well as in
microorganisms, including algae, bacteria and fungi. Consequently, the inhibition of the
enzyme EPSP by glyphosate also impacts microbial communities in agricultural soils [63].
Glyphosate exposure has been shown to negatively affect bacterial growth. In a pioneering
study, Busse et al. (2001) [64] reported the detrimental effects of glyphosate on the growth
of cultivable bacteria and fungi in soil samples collected from Pinus ponderosa Douglas
& Lowson plantations in California, USA. At a concentration of 8.45 mg/mL (50 mM),
glyphosate significantly reduced microbial growth. Additionally, glyphosate exposure has
been associated with a reduction in nitrogen fixation rates, likely due to its adverse impact
on the number, size, and weight of nitrogen-fixing bacterial nodules [65]. Furthermore,
glyphosate-based herbicides often contain surfactants such as polyethoxylated amines
(POEAs), which amplify the negative effects of glyphosate on microorganisms [66,67].

As demonstrated in Figure 1, the minimal inhibitory concentration assay for
glyphosate on agar plates revealed that exposure to the GBH formulation (FAENA®)
resulted in bacterial growth inhibition at concentrations exceeding 1600 mg/L. Addition-
ally, in bacterial growth inhibition assays conducted in TSB medium, exposure to the GBH
formulation caused a significant reduction in bacterial growth at concentrations of 100, 200,
and 400 mg/L (Figure 2A). However, at concentrations of 25 and 50 mg/L, bacterial growth
was less affected, indicating a notable resistance profile at these glyphosate concentrations.
It is possible that at lower concentrations, the toxic effects of the co-formulants in the
commercial glyphosate formulation are diminished. Furthermore, certain bacteria may
utilize glyphosate as a source of carbon, nitrogen, and phosphorus, which could contribute
to the persistence of microbial growth [45,68,69].

The study of bacteria resistant or tolerant to glyphosate has become a significant
area of interest, particularly for the development of bioremediation approaches targeting
glyphosate contamination [70]. Bacterial strains isolated from various environments ex-
posed to glyphosate have demonstrated the ability to both withstand and degrade various
formulations of this herbicide. These bacteria primarily utilize glyphosate as a source
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of phosphorus, although certain strains are capable of using it as a nitrogen and carbon
source as well [47]. For instance, the Gram-negative bacteria Acetobacter sp. G ADA3 and
Pseudomonas fluorescens G AKL5, which were isolated from rice fields in Nigeria, exhibited
tolerance to glyphosate concentrations of up to 250 mg/mL in liquid media. However, at a
concentration of 25 mg/mL, the growth of these strains was similar to the control culture
at 7.2 mg/mL, which corresponds to the typical field application rate of glyphosate [71].
In a study by Massot et al. (2021), the resistance of bacteria sourced from the rhizosphere
of Lotus species and pastureland soils in agricultural plots with prolonged glyphosate use
was assessed. The observed minimum inhibitory concentrations (MIC) ranged from 500 to
10,000 mg/Kg, with bacterial isolates from the genera Rhizobium and Ochrobactrum showing
tolerance to the highest glyphosate concentration tested (10,000 mg/Kg) [72].

Several studies have emphasized the presence of microorganisms capable of degrading
glyphosate in the rhizosphere of plants. Kryuchkova et al. (2014) [73] isolated a bacterial
strain, Enterobacter cloacae K7, capable of growth in a culture medium containing 1691 mg/L
(10 mM) of glyphosate and also capable of degrading 40% of the glyphosate supplemented
(845.5 mg/L; 5 mM) in 120 h; glyphosate-degrading activity was attributed to C-P lyase
activity, due to the identification of sarcosine and glycine, key intermediate metabolites
in the sarcosine pathway. Similarly, Massoti et al. (2021) [74] studied the rhizosphere of
Glycine max from agricultural fields treated with glyphosate-based herbicides (GBH) for
15–20 years. They isolated the strain Achromobacter insolitus SOR2 of the order Burkholderi-
ales, which could grow in MSM supplemented with 253.6 mg/L of glyphosate and degrade
the herbicide with 40% efficiency in 96 h. In a more recent study, Nikmah and Lisdiana
(2024) [75] isolated 14 bacterial strains from the rhizosphere of Capsicum frutescens L.; strains
Cf2, Cf3, Cf6, Cf11, Cf12, Cf13, and Cf14 were capable of tolerating and growing in MSM
supplemented with 50 mg/L of glyphosate. Subsequently, Lisdiana et al. (2025) [76] se-
quenced the 16S rRNA gene of strain Cf2, which showed a 98.88% similarity to Bacillus
subtilis. Both studies suggest that the Bacillus subtilis Cf2 strain has potential for glyphosate
degradation and could be used in agricultural soils contaminated with this herbicide. Mi-
croorganisms frequently exposed to glyphosate may develop adaptive mechanisms, such
as upregulating the production of the EPSP synthase enzyme or employing efflux systems
to limit intracellular glyphosate accumulation [52,77–79].

Despite the known negative impacts of glyphosate on microbial communities, various
bacterial strains have been identified as capable of degrading glyphosate under different
experimental conditions (Table 1). Among the most commonly reported bacterial genera
involved in glyphosate degradation are Achromobacter, Bacillus, Ochrobactrum, and Pseu-
domonas. Additionally, recent studies have highlighted the potential of certain bacterial
strains within the Burkholderia genus, such as B. vietnamiensis AQ5-12 and Burkholderia
sp. AQ5-13, both isolated from rice fields in Malaysia with extensive herbicide use, to
biodegrade glyphosate [55,56]. However, the specific metabolic pathways responsible for
this degradation remain undefined. Furthermore, B. cenocepacia CEIB S5-2, isolated from
agricultural soils in Morelos, Mexico, has been shown to resist and degrade glyphosate
through the AMPA pathway [57].

In resistance assays conducted using minimal salt medium (MSM), the optical density
(OD600nm) of C. zhejiangensis CEIB S4-3 increased when exposed to 200 and 400 mg/L
of analytical-grade glyphosate (Figure 3B). These findings suggest that analytical-grade
glyphosate did not exhibit toxicity toward this strain and indicate the potential for C.
zhejiangensis CEIB S4-3 to utilize glyphosate as an alternative source of carbon, nitrogen, or
phosphorus, thereby sustaining its metabolic activity. Biodegradation assays revealed that
C. zhejiangensis CEIB S4-3 could degrade 61% of 50 mg/L glyphosate within eight hours,
with the release of AMPA detected during the degradation process. The strain was also
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capable of degrading AMPA itself. While many studies have reported bacterial strains
capable of hydrolyzing glyphosate, fewer have demonstrated the ability to incorporate
AMPA into cellular metabolism [80]. As a result, AMPA often accumulates in soil, posing a
potential environmental concern. The current study, however, observed the degradation of
both glyphosate and AMPA, reinforcing the suitability of bacterial strains isolated from
pesticide-impacted environments for bioremediation applications.

Biodegradation of glyphosate by either native or non-native microorganisms rep-
resents a promising approach for its elimination from contaminated soils and aquatic
environments. Numerous studies indicate that certain bacterial species are capable of
utilizing glyphosate as a phosphorus source, suggesting the presence of enzymes that can
break the C-P bond within the compound. Additionally, some bacteria, such as Arthrobacter
sp. GLP 1/Nit [81], utilize glyphosate as a nitrogen source. In contrast, other bacteria,
including Streptomyces sp. StC and Achromobacter sp. LW9 [49], degrade glyphosate to
derive carbon. There are two primary enzymatic pathways for glyphosate degradation
identified in bacterial species.

The initial metabolic route identified for glyphosate degradation is termed the sarco-
sine pathway. In this process, the direct cleavage of the C-P bond of glyphosate results
in the formation of sarcosine and inorganic phosphorus (Pi). This reaction is facilitated
by a multi-enzyme complex called C-P lyase. Well-characterized in Escherichia coli, the
C-P lyase complex consists of 14 genes located within the phn operon. Bacterial strains
harboring this complex exhibit high efficiency in herbicide degradation under controlled
laboratory conditions, particularly when grown in a mineral medium with glyphosate
as the exclusive phosphorus source [81]. However, in natural settings, the degradation
efficiency is often lower, as the expression of the C-P lyase complex is typically induced
only under conditions of intracellular Pi scarcity and phosphorus specificity deficiency,
which are not commonly encountered in the environment [49]. The second pathway, known
as the AMPA pathway, involves the cleavage of the C-N bond, a process mediated by the
enzyme glyphosate oxidase. This leads to the production of glyoxylate and AMPA. In
many glyphosate-degrading bacterial species, glyoxylate is utilized as an energy source
through its incorporation into the glyoxylate cycle [82,83], while AMPA is usually exported
into the extracellular space.

Table 1 presents 46 bacterial strains identified as capable of glyphosate degradation,
including C. zhejiangensis CEIB S4-3, which was evaluated in this study. For 22 of these
strains, the metabolic pathways utilized for glyphosate degradation have been documented:
two strains utilize the sarcosine pathway, 14 bacterial strains employ the AMPA pathway,
and six strains are capable of using both pathways. The studies summarized in Table 1
report a wide range of glyphosate concentrations (from 20 to 5072 mg/L) and degradation
rates (ranging from 20 to 100%), making it difficult to directly compare the efficiency of
glyphosate degradation among these bacterial strains. To facilitate comparison, this study
calculated the glyphosate degradation rate (GDR, mg/L·h) for each strain. The strains
were then ranked based on their degradation rates, from highest to lowest, and divided
into quartiles, each containing 12 bacterial strains. The first quartile includes strains with
the highest glyphosate degradation rates (2.6–14.4 mg/L·h), the second quartile consists of
strains with upper-middle degradation rates (1–2.1 mg/L·h), the third quartile includes
strains with lower-middle degradation rates, and the fourth quartile contains strains with
the lowest degradation rates, ranging from 0.01 to 0.7 mg/L·h.

Among the strains in the first quartile, which exhibit the highest degradation rates
(9.4–14.4 mg/L·h), are Comamonas odontotermitis P2, Rhizobium sp. SRG, Sinorhizobium Saheli
SRI, Ensifer sp. SR, Pseudomonas putida DA, and Pseudomonas putida X. C. zhejiangensis CEIB
S4-3 demonstrated a degradation of 61% of glyphosate (50 mg/L) within eight hours and
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was also able to eliminate AMPA. With a glyphosate degradation rate of 2.6 mg/L·h, C.
zhejiangensis CEIB S4-3 is classified in the first quartile, indicating that it is one of the more
effective glyphosate degraders, although its degradation rate is lower than that of the
top-performing strains. Notably, the strains Rhizobium sp. SRG, S. Saheli SRI, and Ensifer
sp. SR utilized glucose (3.6 g/L) as a co-substrate in their degradation processes, while B.
vietnamiensis AQ5-12 incorporated fructose and ammonium sulfate to enhance glyphosate
degradation. These findings suggest that the inclusion of supplementary carbon sources
could enhance glyphosate degradation efficiency, a strategy that could be explored to
optimize degradation processes. When comparing the glyphosate degradation efficiency of
C. zhejiangensis CEIB S4-3 with other Burkholderia strains, it exhibited a similar degradation
rate to B. vietnamiensis AQ5-12 but showed a higher rate than Burkholderia sp. AQ5-13
(0.6 mg/h) and a lower rate than B. cenocepacia CEIB S5-2 (6.3 mg/L·h).

Table 1. Recent investigations on glyphosate degradation by bacterial species.

Bacterial Strain
Concentration

(mg/L)
Assay Duration (h) Degradation (%)

Degradation Rate
(mg/L·h)

Degradation
Pathway

Reference

Comamonas
odontotermitis P2 1500 104 100 14.4 AMPA &

Sarcosine [84]

Rhizobium sp.
SRG * 5072 168 44 13.3 - [85]

Pseudomonas
putida HE 1800 96 70 13.1 - [86]

Sinorhizobium
saheli SRI * 5072 168 40.8 12.3 - [85]

Ensifer sp. SR * 5072 168 38.7 11.7 - [85]
Pseudomonas

putida DA 1800 96 50 9.4 - [86]

Pseudomonas
putida X 1800 96 50 9.4 - [86]

Burkholderia
cenocepacia CEIB

S5-2
50 8 100 6.3 AMPA [57]

Ochrobactrum
intermedium Sq20 500 104 100 4.8 AMPA &

Sarcosine [79]

Enterobacter
cloacae K7 845.5 120 40 2.8 Sarcosine [73]

Burkholderia
vietnamiensis

AQ5-12 ‡
100 36 92.3 2.6 - [56]

Caballeronia
zhejiangensis CEIB

S4-3
50 12 61.1 2.6 AMPA This work

Chryseobacterium
sp. Y16C 200 96 100 2.1 AMPA [87]

Ochrobactrum
anthropi GPK 3 § 500 150 56 1.9 - [88]

Pseudomonas sp.
GC04 500 168 62.7 1.9 AMPA [89]

Pseudomonas sp.
GA07 500 168 54.6 1.6 AMPA [89]

Ochrobactrum
haematophilum SR 254 96 56 1.5 AMPA [74]

Agrobacterium
tumefaciens

CHLDO
254 96 47 1.2 AMPA [74]

Pseudomonas
alcaligenes Z1–1 200 168 100 1.2 AMPA [90]

Achromobacter
insolitus SOR2 253.6 96 40 1.1 AMPA [74]

Achromobacter
xylosoxidans SOS3 253.6 96 41 1.1 AMPA [74]

Pseudomonas sp.
GA09 500 168 35.5 1.1 AMPA &

Sarcosine [89]

Achromobacter
denitrificans SOS5 254 96 37 1.0 AMPA [74]
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Table 1. Cont.

Bacterial Strain
Concentration

(mg/L)
Assay Duration (h) Degradation (%)

Degradation Rate
(mg/L·h)

Degradation
Pathway

Reference

Achromobacter sp.
MPK 7A § 500 200 40 1.0 Sarcosine [88]

Rhizobium
leguminosarum

GP2
250 336 87.6 0.7 AMPA &

Sarcosine [91]

Stenotrophomonas
acidaminiphila Y4B 50 72 98 0.7 AMPA [92]

Bacillus subtilis
GP1 250 336 89.8 0.7 AMPA &

Sarcosine [91]

Lysinibacillus
sphaericus † 679 720 79 0.7 AMPA [93]

Burkholderia sp.
AQ5-13 50 60 74 0.6 - [55]

Streptomyces sp.
GP3 250 336 86.2 0.6 AMPA &

Sarcosine [91]

Bacillus cereus 6P 169 240 37.7 0.3 - [94]
Ochrobactrum sp.

BTU1 100 96 20 0.2 AMPA [95]

Enterobacter
ludwigii WAG11 100 672 99.6 0.15 - [70]

Pseudomonas
aeruginosa WAG9 100 672 99.4 0.15 - [70]

Enterobacter
cloacae WAG5 100 672 95.9 0.14 - [70]

Klebsiella variicola
WAG4 100 672 96 0.14 - [70]

Serratia
liquefaciens WAG2 100 672 94.1 0.14 - [70]

Ochrobactrum sp.
B18 50 360 70 0.1 - [96]

Ochrobactrum sp.
DGG-1-3 50 360 60 0.08 - [96]

Ochrobactrum sp.
Ge-14 50 360 60 0.08 - [96]

Pseudomonas
citronellolis
ADA-23B

50 360 60 0.08 - [96]

Bacillus
megaterium 25 1440 71 0.01 - [97]

Azotobacter sp. 20 1440 80 0.01 - [98]
Bacillus

megaterium 20 1440 87.3 0.01 - [98]

Bacillus subtilis 20 1440 75.1 0.01 - [98]
Rhizobium sp. 20 1440 80 0.01 - [98]

* Glucose added as a co-substrate at a concentration of 3.6 g/L. ‡ Fructose included as a co-substrate at 6 g/L, with
ammonium sulfate (0.5 g/L) as the nitrogen source. § Glutamate used as a co-substrate at 10 g/L. † Degradation
of glyphosate in soil.

5. Conclusions

The results of this study demonstrate that C. zhejiangensis CEIB S4-3 exhibits resistance
to high concentrations of glyphosate. When exposed to the commercial GBH formulation,
the strain tolerated concentrations up to 1600 mg/L, and no growth inhibition was observed
across the range of 25–12,000 mg/L in agar plate assays. Minimal inhibition was observed
in liquid culture (trypticase soy broth), with results similar to those obtained from the agar
plate assays. At a concentration of 25 mg/L, the bacterial strain showed no inhibition,
and its growth profile remained comparable to that observed in the absence of glyphosate.
Furthermore, C. zhejiangensis CEIB S4-3 was capable of degrading up to 61.1 ± 2.2% of
glyphosate. Genomic analysis of the strain revealed the presence of key genes associated
with two well-established glyphosate degradation pathways, the sarcosine and AMPA
pathways, suggesting that the strain utilizes both metabolic routes for glyphosate degra-
dation. Based on these findings, C. zhejiangensis CEIB S4-3 presents strong potential as
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a candidate strain for developing strategies aimed at the biodegradation of glyphosate
and AMPA, offering promising applications for mitigating glyphosate contamination in
agricultural environments.
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Abstract: Marine cold seeps are unique ecological niches characterized by the emergence of
hydrocarbons, including methane, which fosters diverse microbial communities. This study
investigates the diversity and distribution of hydrocarbon-degrading genes and organisms
in sediments from the Caspian and Mediterranean Seas, utilizing 16S rRNA and metage-
nomic sequencing to elucidate microbial community structure and functional potential.
Our findings reveal distinct differences in hydrocarbon degrading gene profiles between
the two seas, with pathways for aerobic and anaerobic hydrocarbon degradation co-existing
in sediments from both basins. Aerobic pathways predominate in the surface sediments of
the Mediterranean Sea, while anaerobic pathways are favored in the surface sediments of
the anoxic Caspian Sea. Additionally, sediment depths significantly influence microbial
diversity, with variations in gene abundance and community composition observed at
different depths. Aerobic hydrocarbon-degrading genes decrease in diversity with depth
in the Mediterranean Sea, whereas the diversity of aerobic hydrocarbon-degrading genes
increases with depth in the Caspian Sea. These results enhance our understanding of
microbial ecology in cold seep environments and have implications for bioremediation
practices targeting hydrocarbon pollutants in marine ecosystems.

Keywords: 16S rRNA analysis; aerobic degradation; anaerobic degradation; bioremediation;
Caspian Sea; cold seeps; hydrocarbon-degrading genes; Mediterranean Sea; metagenomic
sequencing; microbial diversity

1. Introduction

Marine cold seeps are unique ecological niches on the ocean floor where hydrocarbons,
such as methane and other organic substances, emerge due to geological processes [1–3].
These seeps are distributed globally, from shallow coastal regions to deep ocean trenches,
providing environments where numerous microorganisms have adapted to thrive despite
extreme conditions, including reduced temperatures, elevated pressure, high methane,
hydrogen sulfide, and low oxygen and light levels [4–6]. The ecological and biogeochemical
significance of cold seeps has driven research into the microbial communities that inhabit
these environments. These microbial communities also have the potential to serve as
reservoirs of important microbial metabolisms for potential applications in bioremediation
and biotechnology [7,8].

Cold seeps are home to diverse chemosynthetic microorganisms that derive energy
from the oxidation of inorganic molecules rather than from sunlight [1–3]. These envi-
ronments also support various metabolic processes, including methane oxidation and
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sulfate reduction, carried out by key microbial groups such as methanotrophic bacte-
ria, sulfate-reducing bacteria (SRB), and anaerobic methane-oxidizing archaea (ANME).
These microbes have evolved specialized metabolic pathways to survive and thrive in the
harsh conditions of cold seeps, utilizing both inorganic and organic compounds as energy
sources [3,6,9–11]. For example, methanotrophic bacteria utilize methane as their primary
energy source, preventing the potent greenhouse gas from escaping into the atmosphere.
Sulfate-reducing bacteria have developed strategies to utilize sulfate as an electron acceptor
enabling them to function in oxygen-scarce environments like cold seep sediments using
the organic-rich fluids that are emanating from the seeps as electron donors. Similarly,
anaerobic methane-oxidizing archaea can metabolize methane in the absence of oxygen,
further contributing to the regulation of methane flux in marine sediments [1,10,12]. These
microorganisms establish intricate ecosystems where various species fill distinct niches.
Beyond their ecological importance, marine cold seeps intrigue scientists with the prospect
of uncovering new species and unique biochemical pathways. Microorganisms from these
environments often generate enzymes and substances with potential industrial or medicinal
uses, spurring continued research into their possible applications [3,8,13–15].

Cold seeps also serve as natural laboratories for studying hydrocarbon degradation
processes under aerobic and anaerobic conditions. Recent oil spills have introduced sig-
nificant hydrocarbons into marine environments, prompting extensive research on the
biodegradation capabilities of marine microbes [16,17]. Since most recent large marine oil
spills have happened in oxic settings, much of this work has centered on understanding
how these microbes process hydrocarbons in the presence of oxygen using oxygen as a
terminal electron acceptor. However, in cold seeps, there can be sharp gradients of oxygen
availability making cold seep sediments an interesting location to study the coexistence of
both aerobic and anaerobic hydrocarbon degradation.

Aerobic hydrocarbon metabolism entails converting hydrocarbons like methane (CH4),
ethane (C2H6), and propane (C3H8), as well as aliphatic and aromatic hydrocarbons into
carbon dioxide and water. Various aerobic organisms utilize mono- and dioxygenases as
part of the metabolic pathways for hydrocarbon degradation [1,6,18,19]. One well-studied
enzyme in this context is alkane-1 monooxygenase, which catalyzes the oxidation of
alkanes to primary alcohols, eventually producing fatty acids that are metabolized via beta-
oxidation. This process relies on oxygen for the initial activation of hydrocarbons. There
are also diverse dioxygenases involved in the biodegradation of aromatic hydrocarbons.
In contrast, anaerobic hydrocarbon biodegradation involves different mechanisms that do
not rely on oxygen. Anaerobic organisms use alternative compounds, such as fumarate,
in the alkyl succinate synthase pathway to activate alkanes, allowing for their breakdown
without the need for oxygen [20–23]. These processes are crucial for understanding the
fate of hydrocarbons in anoxic marine sediments and the potential for natural attenuation
of oil spills in anaerobic settings. The Deepwater Horizon oil spill in the Gulf of Mexico
provided a significant case study for microbial hydrocarbon degradation [16]. Researchers
identified specific bacteria capable of degrading crude oil components and studied their
metabolic pathways [24–27]. These studies revealed that microbial communities could
rapidly respond to hydrocarbon plumes, with specific taxa proliferating in response to
the increased availability of hydrocarbons [17,18,28]. This adaptive response underscores
the ecological significance of microbial hydrocarbon degradation and the potential for
leveraging these processes in bioremediation efforts.

Numerous studies have investigated the diversity, functions, and ecological relation-
ships of microorganisms in marine cold seeps [1–5,9]. Research on deep-sea sediments near
cold seeps has revealed various microbial taxa, such as Desulfobacteria, Methanobacteria,
Gammaproteobacteria, and other functional groups like SRB and ANME, many of which
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remain poorly understood. These studies have identified specific microbial groups adapted
to the unique geochemical conditions of cold seeps, such as methanotrophic bacteria, SRB,
and ANME [3,9,10,15]. These microorganisms play crucial roles in hydrocarbon degra-
dation and nutrient cycling, with various genes and metabolic pathways associated with
hydrocarbon processing identified in these microbes [29,30]. For instance, studies have
highlighted the presence of genes encoding enzymes involved in the anaerobic oxidation
of methane and sulfate reduction, which are essential for maintaining the biogeochemical
balance in cold seep environments [9,20,31]. Additionally, the composition and distribution
of microbial communities can vary significantly depending on their location. Specific bac-
terial groups are often found around particular sea vents, whereas more general patterns
of microbial diversity and distribution are observed over broader regions [10,20,32–34].
Further research has shown that environmental factors such as depth, temperature, salinity,
and the presence of hydrocarbons influence the microbial community structure in cold
seeps and the biodegradation potential of marine microbial communities [3,10,32,35]. These
studies underscore the complexity and ecological importance of cold-seep microbial com-
munities, highlighting the need for continued exploration and characterization of these
unique ecosystems.

The Caspian and Mediterranean Seas are among the largest landlocked water systems
and have diverse cold seeps. Unlike the saline Mediterranean Sea, the Caspian Sea contains
brackish water [36]. Both seas host diverse microbial communities crucial for nutrient
cycling and maintaining ecosystem health [13,14,34]. SRB are extensively studied in these
regions, showing variations in diversity and abundance based on environmental factors
like salinity, temperature, and oxygen levels. Methanogenic archaea, another significant
group, are influenced by similar environmental parameters and play a central role in the
sediment’s carbon cycle. In the Mediterranean Sea, studies have shown that microbial
communities associated with cold seeps exhibit significant diversity and functional spe-
cialization. These communities are adapted to the unique geochemical conditions of the
Mediterranean, which include high salinity, variable oxygen levels, and elevated bottom
water temperatures [33,37,38]. Methanotrophic bacteria and SRB dominate these environ-
ments, playing crucial roles in methane oxidation and sulfate reduction. Similarly, in the
Caspian Sea, microbial communities are shaped by brackish water conditions, extensive
hydrocarbon seepage, and in the southern basin, anoxic bottom water. These communities
include diverse groups of bacteria and archaea involved in hydrocarbon degradation and
nutrient cycling [34,39]. Moreover, some bacterial types are consistently found across vari-
ous cold seep sites in the Eastern Mediterranean Sea, implying crucial roles in the health and
operations of cold seep ecosystems. Factors like water depth, sediment type, and proximity
to seep vents can influence the variety and composition of these bacterial communities.

Given the distinct environmental conditions in the Mediterranean and Caspian Seas,
we expect that there will be different organisms encoding hydrocarbon-degrading genes
in the Caspian and Mediterranean Seas. We hypothesize that the Eastern Mediterranean
Sea, which is characterized by high salinity, low nutrient levels, and high oxygenation,
will favor the proliferation of microorganisms that utilize aerobic metabolic pathways for
hydrocarbon degradation. Aerobic hydrocarbon degraders, equipped with genes encod-
ing enzymes such as alkane monooxygenases, cytochrome P450s, and dioxygenases, can
rapidly metabolize hydrocarbons in the presence of oxygen [30,34,37]. In contrast, with
its brackish and anoxic bottom waters, conditions in the southern basin of the Caspian
Sea will select for microorganisms that thrive under anaerobic conditions. We expect these
microorganisms will possess genes encoding enzymes like benzyl succinate synthase and
fumarate reductase, which facilitate anoxic hydrocarbon degradation. Unique environmen-
tal selection in each sea results in distinct microbial community compositions and metabolic
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capabilities [10,17,32,35]. Understanding these differences is crucial for elucidating the
biogeochemical roles of these microbial communities and their potential applications in the
bioremediation of hydrocarbon pollutants in diverse marine environments.

Furthermore, we hypothesize that the diversity and distribution of hydrocarbon-
degrading genes will not only vary with depth but will also differ between the Mediter-
ranean and Caspian Seas, driven by their distinct environmental conditions. While it is well-
established that sediment depth influences the diversity and distribution of hydrocarbon-
degrading genes in cold seep environments [1,3,5,6] our study aims to build on this by ex-
ploring how these depth-related variations differ between the Mediterranean and Caspian
Seas, which have unique environmental regimes. We hypothesize that the surface sed-
iments in the Mediterranean, which are well-oxygenated due to direct contact with the
oxygenated overlying water, will harbor a diverse array of microorganisms capable of
aerobic hydrocarbon degradation [35]. These microorganisms are equipped with genes
for oxygen-dependent enzymes, such as alkane monooxygenases and cytochrome P450s,
which enable hydrocarbon metabolism [40]. As sediment depth increases, oxygen avail-
ability decreases, creating an anoxic environment that selects for anaerobic hydrocarbon
degraders. In deeper sediments, microorganisms with genes encoding enzymes like benzyl
succinate synthase and those involved in sulfate reduction or methanogenesis become
more prevalent. This depth-dependent variation in gene distribution reflects the adapta-
tion of microbial communities to the changing redox conditions with sediment depth. By
conducting metagenomic analyses on sediment cores collected from different depths in the
Mediterranean and Caspian Seas, this research aims to characterize the shifts in microbial
community structure and functional potential. The primary objective is to investigate
the diversity and distribution of hydrocarbon-degrading genes in microbial communities
inhabiting cold seep sediments of these contrasting marine environments. Additionally, the
study explores the role of depth in shaping microbial community structure and metabolic
capabilities. A key goal is to provide insights into the biogeochemical processes governing
hydrocarbon degradation in cold seep ecosystems and to inform strategies for mitigating
hydrocarbon pollution through bioremediation.

2. Materials and Methods

2.1. Sample Collection and DNA Extraction

To test these hypotheses, a 16S rRNA and metagenomic analysis was conducted on
sediment cores collected from the Mediterranean and Caspian Seas (Figure 1A). A core was
collected from the North Alexandria Mud Volcano in the Eastern Mediterranean between
11 and 15 October 2012 (Figure 1B) [41]. This core was immediately frozen and transported
back to the lab. Upon returning to the lab, this core was sectioned into 1 cm increments and
portions frozen. A series of cores were collected from the southern basin of the Caspian
Sea in 2013, as described in Mahmoudi et al., 2015 [34]. Cores were collected from two
sites and sectioned at 4 cm intervals. The samples were then immediately stored at −80 ◦C
until further analysis. Total genomic DNA was extracted, and DNA quality was assessed.
DNA was extracted from Caspian Sea cores using a MolBio PowerSoil DNA extraction
kit (Qiagen, Germantown, MD, USA). DNA was extracted from the Caspian Sea samples
using the MP Biomedicals FastSpin soil DNA kit (Irvine, CA, USA).
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(A)    (B) 

Figure 1. Map of Sampling locations. (A) Caspian Sea Sampling Zones. (B) Station 3 North Alexandria
Mud Volcano, Mediterranean Sea other station numbers represent additional stations sampled in
Techtmann et al 2015 [41].

2.2. 16S rRNA and Metagenomic Sequencing

The V3-V4 region of the 16S rRNA gene was amplified with the primer pair 341F/806R
using the Zymo Quick-16S Plus NGS Library Prep Kit (Zymo Research, Irvine, CA, USA),
which incorporates a 10 bp barcode for sample multiplexing. PCR conditions included an
initial denaturation at 95 ◦C for 10 min, followed by 42 cycles of denaturation at 95 ◦C for
30 s, annealing at 55 ◦C for 30 s, and extension at 72 ◦C for 3 min, according to manufacturer
instructions. Amplified products were verified via agarose gel electrophoresis. Amplicons
were pooled and purified with magnetic beads included in the kit Libraries were quantified
using a Qubit fluorometer (Thermo Fisher Scientific, Waltham, MA, USA). 16S rRNA
sequencing was conducted on an Illumina NextSeq 2000 platform (San Diego, CA, USA) to
generate 300 bp paired-end reads. Metagenomic libraries were prepared and sequenced on
an Illumina NovaSeq S4 platform [34] using a 2 × 151 bp run.

2.3. 16S rRNA Data Processing and Analysis

Sequencing data were processed with the DADA2 package in R [42]. This included
quality filtering and trimming of sequences to remove adapters and bases below a quality
threshold, error rate modeling, and correction, denoising to infer amplicon sequence vari-
ants (ASVs), merging of overlapping paired-end reads, and removal of chimeric sequences.
Taxonomic classification was performed using the SILVA database (version 138), which
assigns taxonomy to the species level.

2.4. 16S rRNA Community Structure

Processed data were imported into the phyloseq package for further analysis [43]. The
phyloseq object integrated the ASV table, taxonomic data, and sample metadata. Samples
with fewer than 1000 reads were removed. ASVs with taxonomic assignment as mitochon-
drial or chloroplast DNA were excluded. Alpha (Shannon and Observed ASVs) and beta
diversity metrics were calculated to assess microbial diversity and community composition
differences across samples [44,45]. Ordination techniques, including principal coordinates
analysis (PCoA) and permutational multivariate analysis of variance (PERMANOVA) us-
ing Bray–Curtis dissimilarity metrics, were employed to evaluate community differences
statistically. Community membership was visualized at the phylum and genus levels
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using stacked bar plots. Abundances were normalized to relative abundances to facilitate
comparisons between samples, providing clear insights into the microbial community of
the sampled regions.

2.5. Metagenomic Data Processing and Analysis

The sequenced raw data was downloaded from the Joint Genome Institute for both
Caspian and Mediterranean Sea samples. To ensure the quality of the metagenomic data,
raw reads underwent a thorough quality control process using FastQC and Trimmomatic
to remove low-quality bases and adapter sequences [46]. Kraken 2 was used to assess the
taxonomic composition of the trimmed reads using the kraken2 Standard-8 database [47].
Quality-filtered reads were then assembled into contigs using MEGAHIT [48,49]. These
contigs were binned into metagenome-assembled genomes (MAGs) using MetaBAT2, and
the quality of the bins was assessed using CheckM version 1.1.3, focusing on complete-
ness and contamination levels [50,51]. GTDB-Tk v2.4.0+ was then used for the taxonomic
classification of the MAGs, improving the resolution and accuracy of the taxonomic as-
signments [52,53]. Contigs were annotated using the Contig Annotation Tool (CAT) to
refine the accuracy of taxonomic assignments, allowing for the determination of taxonomic
profiles and relative abundances [54].

Functional annotation of the MAGs was conducted using Prokka v1.14.5, which iden-
tifies genes and assigns putative functions based on homology searches against reference
databases. Hydrocarbon-degrading genes were identified using the CANT-HYD Hidden
Markov Models (HMM) [55]. These annotated genomes were further analyzed to identify
the diversity and distribution of aerobic and anaerobic hydrocarbon-degrading genes.

In addition to analyzing Metagenome Assembled Genome bins, a non-binning anal-
ysis was conducted. Assembled metagenomic contigs were annotated through a similar
pipeline. This non-binning analysis enabled the identification of genes in genomes that
could not be effectively binned into MAGs initially, providing insights into microbial
diversity beyond the initially binned genomes and facilitating the characterization of
low-abundance microorganisms.

2.6. Metagenomic Statistical Analysis

The community structure in the Caspian Sea and Mediterranean Sea was assessed
at the phylum and genus level using metagenomic data. Community structure was as-
sessed using R, and ggplot2 was employed for data visualization [56]. Data from kraken2
taxonomic identification was combined into a table that listed the abundance of metage-
nomic reads based on genus-level data. These tables were imported into phyloseq for
diversity analysis. Alpha diversity metrics, including Observed Species and the Shannon
Index, were calculated using the phyloseq and vegan packages [43,44]. Beta diversity was
analyzed through Bray–Curtis dissimilarity and visualized with Principal Coordinates
Analysis (PCoA). Differences in community composition by sediment depth were statis-
tically tested using PERMANOVA, and differences in alpha diversity between groups
were evaluated with the Kruskal–Wallis test. All analyses were performed in R, with a
significance threshold of p < 0.05.

To test our hypotheses, we compared the diversity and abundance of hydrocarbon-
degrading gene categories between the two deep-sea basins. The annotation files from
prokka were searched to identify the presence of aerobic hydrocarbon-degrading genes,
which included aliphatic hydrocarbon degradation and aromatic hydrocarbon degradation
(Table S1). We also identified genes for anaerobic aliphatic hydrocarbon degradation and
aromatic hydrocarbon degradation (Table S1). Diversity was assessed by quantifying
the number of genes in each metagenomic sample annotated as involved in hydrocarbon
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degradation. The number of genes associated with hydrocarbon degradation was identified
in high- and medium-quality MAGs, with taxonomic classification data for these MAGs
obtained through Kraken. High-quality MAGs are defined based on Bowers et al., 2017
(high-quality >90% completion and <5% contamination; Medium quality MAGs >50%
completion and <10% contamination) [57]. This approach allowed us to identify the
presence and diversity of hydrocarbon-degrading genes across different depths, providing
insights into which genes are prevalent in the Caspian and Mediterranean Sea samples.
This analysis enabled us to compare gene diversity between basins and depths; however,
it should be noted that this is based on the identification of genes rather than detailed
abundance mapping.

3. Results

3.1. Distinctions in Microbial Community Composition and Diversity Between the Mediterranean
and Caspian Sediments

To test the hypothesis that there are distinctions in the microbial community com-
position between the two basins, we used 16S rRNA sequencing. Principal Coordinates
Analysis (PCoA) based on Bray–Curtis dissimilarity of 16S rRNA ASV tables revealed
distinct microbial community compositions between the Caspian and Mediterranean Seas
(Figure 2). Caspian Sea samples (circles) clustered separately from Mediterranean Sea
samples (triangles), with the majority of variation explained along Axis 1 (15.8%). This
visual separation indicates that microbial communities differ substantially between the
two locations. In the Caspian Sea, deeper samples (e.g., 28–35 cm) showed greater sep-
aration along Axis 1 and 2, suggesting increased diversity in deeper layers. In contrast,
Mediterranean Sea samples exhibited more variation along Axis 2 (9.8%), but depth-related
clustering was less pronounced than in the Caspian Sea (Figure 2A).

(A) (B) 

Figure 2. Microbial community diversity data based on 16S rRNA sequencing. (A) Principal coordi-
nate analysis (PCoA) of microbial communities by depth in Caspian and Mediterranean Seas Based
on Bray–Curtis dissimilarity. Samples from the Caspian are shown as circles, and the Mediterranean
are shown as triangles. Colors represent depth groupings based on cm below the seafloor. (B) Relative
abundance of microbial phyla in Caspian and Mediterranean Sea sediment samples.

The visual differences observed in the PCoA plot were statistically confirmed by
PERMANOVA analysis. A highly significant difference was found between microbial
communities in the Caspian and Mediterranean Seas (p = 0.001, R2 = 12.4%), indicating
that Location explains a substantial portion of the variation observed. While the PCoA
suggested depth-related separation in the Caspian Sea, this observation was not statis-
tically supported by PERMANOVA for depth (p = 0.573, R2 = 69.1%). In contrast, the
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Mediterranean Sea exhibited a significant depth effect on microbial community composi-
tion (p = 0.001, R2 = 24.5%), further supporting the trends seen in the PCoA plot (Figure 2A).
The lack of significant depth-related variation in the Caspian Sea is most likely due to
limited replication within depth strata, where only one sample was available per depth
interval, in contrast to the multiple samples available for each depth grouping in the
Mediterranean Sea.

To further explore the differences in community composition observed through multi-
variate analysis, we analyzed taxonomic differences in the 16S rRNA data. The microbial
community structure varied with sediment depth at both the phylum and genus levels in
the Caspian and Mediterranean Seas. Proteobacteria, including genera such as Seep-SRB1
and Woeseia, were dominant across many sediment layers in the Caspian Sea, particularly at
depths of 12–16 cm, 24–29 cm, and 28–35 cm, where microbial diversity was notably higher
(Figure 2). This was followed by Desulfobacterota (e.g., Desulfatiglans), Bacteroidota, Chlo-
roflexi (e.g., Pelolinea), and some members of Firmicutes, with Candidatus Nitrosopumilus
also present across these layers (Figure 2B, Figure S1).

In the Mediterranean Sea, the microbial community was dominated by Proteobacteria,
including Coxiella and Firmicutes, such as Ammoniphilus, with a lower presence of Car-
boxydothermus and Actinobacteriota also being present. There was a minimal presence of
Bacteroidota and Desulfobacterota. The archaeal genus Candidatus Nitrosopumilus (from
the phylum Thaumarchaeota) was also identified and is known for its role in ammonia
oxidation [58]. Members of Subgroup 10 (from the phylum Chloroflexi) were also detected,
though in lower abundance (Figure 2B, Supplementary Figure S1). The results suggest
that certain genera within Proteobacteria, such as Seep-SRB1 and Woeseia, play critical
roles in Caspian and Mediterranean Seas biogeochemical processes. Seep-SRB1, known
for its involvement in sulfate reduction, and Woeseia, which thrives in marine sediment
environments, contribute to organic matter degradation and nutrient cycling in these
ecosystems. Both seas exhibited significant microbial diversity across all sediment depths,
with these key Proteobacteria genera contributing to the ecological functioning of these
sedimentary environments.

3.2. Taxonomic Composition of Samples Based on Metagenomic Analysis

There are some known biases in 16S rRNA data related to the choice of primer pairs
and amplification conditions. We used taxonomic analysis of metagenomic data to further
explore the taxonomic differences between locations and with depth in these sediment
cores. The data from metagenomic sequencing confirm many of the trends observed with
16S rRNA sequencing. Metagenomic analysis indicates that the microbial communities in
the Caspian and Mediterranean Sea sediments were primarily dominated by Proteobac-
teria, Actinobacteria, and Firmicutes, with notable differences in the presence of other
phyla. In the Caspian Sea, additional Bacterial phyla such as Bacteroidetes and Plancto-
mycetes were common, whereas in the Mediterranean Sea, Bacteroidetes were present,
but Planctomycetes were less abundant. The viral phylum Urioviricota was present in
many of the samples from the Mediterranean and was highly abundant in deeper depths.
Reads annotated as Chordata were present in many samples, which may be an indication
of slight contamination. Proteobacteria remained the most abundant phylum across all
depths in sediment cores from both seas, followed closely by Actinobacteria and Firmicutes
(Figure 3).

At the genus level, notable differences were observed between the microbial com-
munities of the two seas. Streptomyces and Pseudomonas were consistently present across
all depths in the Caspian Sea, Followed by Paenibacillus, Xanthomonas, Klebsiella, and My-
cobacterium, with Burkholderia appearing at some depths. Conversely, the Mediterranean
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Sea exhibited Streptomyces, Valbivirus as dominant genera, with Klebsiella being more abun-
dant than the Caspian Sea. Notably, Burkholderia was absent in the Mediterranean Sea
sediments. These genus-level distinctions provide a more detailed view of the niche spe-
cialization and adaptability at various depths that were indicated by the phylum-level
analysis (Supplementary Figure S2). Some differences were observed between the 16S
rRNA sequencing and metagenomic data. These differences may be due to the use of
different taxonomic databases, with Silva used for 16S rRNA and GTDB-Tk used for
metagenomic analysis.

Figure 3. The taxonomic distribution Phylum in the Mediterranean Sea (M1) and Caspian Sea
(C1—Core 1, C2—Core 2) sediment samples.

We also used the metagenomic data to assess diversity at the genus level (Figure 4). The
observed genera count in the Caspian Sea showed a distinct pattern, with higher diversity
in surface sediments and decreased diversity in deeper layers. This trend contrasts with
the Mediterranean Sea, where the genera count displayed more variability across depths,
reflecting a more complex depth-dependent microbial distribution. While the count of
genera declined with depth in the Caspian Sea, the Shannon diversity index remained
relatively stable, suggesting that although fewer genera were present at greater depths,
the evenness of their distribution was maintained. In contrast, the Shannon index varied
significantly in the Mediterranean Sea (p = 0.015), indicating more dynamic species richness
and evenness shifts across different sediment layers.

Principal coordinate analysis (PCoA) revealed distinct clustering of microbial com-
munities between the two seas, indicating clear separation based on geographic location
(Figure 5). The clustering pattern highlighted that microbial communities in the Caspian
and Mediterranean Seas are compositionally distinct at the genus level, further empha-
sizing the influence of unique environmental conditions on microbial structure in these
regions. This finding confirms the 16S rRNA sequencing data. Furthermore, The PCoA
plot also demonstrated depth-related differences in the microbial communities within
each sea, with surface and deeper sediment samples forming separate clusters, reflecting
the role of sediment depth in shaping microbial community structure (Figure 5). These
findings again confirm using both 16S rRNA sequencing and metagenomic sequencing
that there are key distinctions in the microbial communities in cold seeps in these two seas.
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Furthermore, these findings support the hypothesis that there are depth-related distinctions
in the microbial community composition between these two sites.

Figure 4. Shannon diversity and observed species richness at the genus level in Caspian (C1) and
Mediterranean (M1) sea sediments.

 
Figure 5. Principal coordinate analysis (PCoA) at the genus level for microbial communities in
Caspian and Mediterranean Seas.

140



Microorganisms 2025, 13, 222

3.3. Distribution of Aerobic and Anaerobic Hydrocarbon-Degrading Genes in Caspian
Sea Sediments

The distribution of both aerobic and anaerobic hydrocarbon-degrading genes varied
substantially across sediment depths in the Caspian Sea. Aerobic hydrocarbon-degrading
genes were most abundant in the deeper sediment samples. Across all depths, the high-
est numbers of aerobic hydrocarbon-degrading genes were found in MAGs that were
annotated as belonging to the Desulfobacterota (Figure 6). These genes primarily in-
cluded alkane monooxygenases, such as, flavin-binding alkane monooxygenase, propane
2-monooxygenase, alkane oxidizing cytochrome P450, and long-chain alkane hydrolase,
which are involved in the degradation of aliphatic hydrocarbons. Additionally, genes
related to aromatic hydrocarbon degradation, such as dibenzothiophene monooxygenase,
phenol hydroxylase, and benzene/toluene/naphthalene dioxygenase, were also prevalent,
particularly in intermediate depths like 8–12 cm.

Figure 6. Distribution of aerobic (Left) and anaerobic (Right) hydrocarbon-degrading genes in
Caspian Sea metagenomes.

Additionally, the second most abundant aerobic hydrocarbon-degrading genes were
found in MAGs annotated as Psedomonadota (Figure 6). Intermediate depths such as
8–12 cm depth in the Caspian also showed a high number of aerobic genes, while surface
samples, particularly 0–4 cm and 4–8 cm in the Caspian, contained fewer aerobic genes
with minimal taxonomic diversity. Asgardarchaeota with aerobic hydrocarbon-degrading
genes were also shown to be present in deeper sediments. In contrast, the anaerobic
hydrocarbon-degrading genes exhibited a different pattern, having the highest diversity in
the mid-range depth sample, such as 8–12 cm in the Caspian core (Figure 6). This depth
showed the highest number of anaerobic genes, primarily contributed by MAGs from the
Desulfobacterota and Psedomonadota. Desulfobacterota and Psedomonadota are mostly
abundant in all sediments, followed by Gemmatimonadota. Anaerobic degradation of
aliphatic hydrocarbons was dominated by genes encoding alkyl succinate synthase and
molybdopterin-family alkane C2 methylene hydroxylase, which were prevalent across
multiple depths. Genes such as benzene carboxylase, naphthalene carboxylase, and benzyl
succinate synthase were more abundant in anaerobic aromatic hydrocarbon degradation.
Other depths, such as 4–8 cm and 30–35 cm, also contained relatively high counts of
anaerobic genes, with significant contributions from diverse groups, including Acidobacte-
riota, Asgardarchaeota, and Chloroflexota. Surface sediments, such as 0–4 cm, displayed
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lower anaerobic gene counts, indicating a reduced capacity for anaerobic hydrocarbon
degradation in these layers.

In the Caspian Sea sediments, aerobic aromatic hydrocarbon-degrading genes, such as
dibenzothiophene monooxygenase, were found to be more prevalent across all sediment
depths, followed by aerobic aliphatic-degrading genes like alkane oxidizing cytochrome
P450, long-chain alkane hydrolase, flavin-binding alkane monooxygenase. For anaerobic
hydrocarbon degradation, aliphatic-degrading genes like alkyl succinate synthase and
molybdopterin-family alkane C2 methylene hydroxylase were consistently dominant at
all depths, followed by anaerobic aromatic-degrading genes such as benzene carboxylase,
molybdopterin-family ethylbenzene dehydrogenase subunit alpha, and naphthalene car-
boxylase. In Core 1 (0–4 cm, 4–8 cm) and Core 2 (0–4 cm, 4–8 cm, 8–12 cm), both aerobic and
anaerobic hydrocarbon-degrading genes showed a consistent increase. However, between
12–16 cm, gene abundance decreased, followed by the rise again at the 32–35 cm depth
level. In the Mediterranean Sea sediments, aerobic aromatic hydrocarbon-degrading genes,
such as dibenzothiophene monooxygenase, are more abundant, along with genes involved
in the degradation of long-chain alkanes.

Overall, these results highlight depth-related variations in both aerobic and anaerobic
hydrocarbon degradation capacities in Caspian Sea sediments. Deeper and mid-range
sediments appear to harbor more diverse and abundant microbial communities capable of
hydrocarbon degradation, with aerobic processes more prominent in the deepest layers
and anaerobic processes dominating the mid-range depths.

3.4. Distribution of Aerobic and Anaerobic Hydrocarbon-Degrading Genes in Mediterranean
Sea Sediments

The distribution of aerobic hydrocarbon-degrading genes across the Mediterranean
Sea sediment samples shows notable depth-related variation (Figure 7). The deepest layers
(12–16 cm and 20–24 cm) exhibit the highest abundance of aerobic genes, indicating a
higher potential for aerobic hydrocarbon degradation in these sediments. Pseudomonadota
dominates in the 20–24 cm sample, playing a key role in aerobic degradation. Chloroflexota,
Desulfobacterota, and Methylomirabiliota are significant in the 12–16 cm and 8–12 cm
samples, contributing to aerobic processes at intermediate depths. Gemmatimonadota is
moderately present in the 8–12 cm sample.

Figure 7. Distribution of aerobic (Left) and anaerobic (Right) hydrocarbon-degrading genes in
Mediterranean Sea metagenomes.
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The distribution of anaerobic hydrocarbon-degrading genes across the Mediterranean
Sea sediment samples shows substantial variation across depths. The layer (M1_8–12)
exhibits the highest number of anaerobic genes, indicating a higher potential for anaerobic
hydrocarbon degradation in these sediments. Desulfobacterota and Methylomirabilota
dominate in the 8–12 cm, 12–16 cm, and 20–24 cm samples, playing key roles in anaerobic
degradation processes. Gemmatimonadota and Chloroflexota also appear, contributing
to anaerobic metabolism at intermediate depths. Planctomycetota is dominated in 0–4 cm
depth, and Acidobacteriota becomes more dominant in the 16–20 cm sample. In the
Mediterranean Sea sediments, aerobic aromatic hydrocarbon-degrading genes, such as
dibenzothiophene monooxygenase, are more abundant, along with genes involved in
the degradation of long-chain alkanes. For anaerobic degradation, aliphatic-degrading
genes like molybdopterin-family alkane C2 methylene hydroxylase and alkylsuccinate
synthase were detected, while aromatic degradation was primarily associated with benzene
carboxylase. A trend was observed where aerobic and anaerobic hydrocarbon-degrading
genes increase with depth in the Mediterranean Sea sediments.

Overall, both aerobic and anaerobic hydrocarbon-degrading genes were more abun-
dant in deeper and mid-depth sediment layers, while surface layers exhibited fewer genes.
Desulfobacteriota is a dominant contributor to both aerobic and anaerobic processes across
all depths in both basins, highlighting its central role in hydrocarbon degradation in cold
seep sediments. Desulfobacteriota genes include flavin-binding alkane monooxygenase,
cytochrome P450, alkyl succinate synthase, and benzyl succinate synthase. Taxonomic
diversity was observed, with different groups, contributing to hydrocarbon degradation at
varying depths.

3.5. Analysis of Hydrocarbon Gene Abundance in the Binned and Non-Binned Metagenomic Data
Across Caspian Sea Sediments

Analysis of both the binned and non-binned data reveals a predominance of aerobic
hydrocarbon degradation in the Caspian Sea sediments, particularly in deeper layers
(Figure 8). However, there are notable differences between the two approaches. The non-
binned data should be more representative of the total diversity of hydrocarbon-degrading
genes, but the binned data allows to link the diversity with taxonomic assignment for the
MAG. In the non-binned analysis, aerobic genes showed extreme dominance in deeper
layers like 20–24 cm, where gene counts exceeded 1428. This represents approximately
0.86% of the total genes in this layer (C2_20–24), indicating a high potential for aerobic
hydrocarbon degradation. Anaerobic genes were more prevalent in mid-depth layers like
4–8 cm and 8–12 cm, though still secondary to aerobic processes. This analysis provides
a detailed view of the raw gene counts, highlighting the stark differences in aerobic and
anaerobic hydrocarbon degradation across sediment depths. The binned analysis highlights
that while aerobic processes are dominant, anaerobic hydrocarbon degradation also plays
a significant role, particularly in mid-depth to last layers where anoxic conditions are
more favorable.

Overall, the combined results from both the nonbinned and binned analyses suggest
that while aerobic hydrocarbon-degrading genes are more abundant across all depths in the
Caspian Sea, and anaerobic degradation plays an important secondary role, especially in
mid-depth sediments where oxygen is limited. The binned data provides a more moderated
perspective on the relative contributions of these processes, while the nonbinned data
emphasizes the large disparity between aerobic and anaerobic gene abundance. This
finding was unexpected, given that the bottom waters of the Caspian Sea are largely anoxic,
which typically favors anaerobic processes. This suggests that aerobic degradation may
still occur or that facultative organisms can function in oxic and anoxic conditions.
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Figure 8. Non-binned analysis of gene abundance across Caspian Sea (Left) and Mediterranean Sea
(Right) sediments.

3.6. Analysis of Hydrocarbon Gene Abundance in the Binned and Non-Binned Metagenomic Data
Across Mediterranean Sea Sediments

The nonbinned and binned analyses of gene abundance in the Mediterranean Sea sedi-
ments reveal important insights into the distribution of aerobic and anaerobic hydrocarbon-
degrading genes across different sediment depths. In the nonbinned analysis, anaerobic
genes were more abundant than aerobic genes across most sediment depths (Figure 8).
Mid-depth layers, such as 12–16 cm, 16–20 cm, and 20–24 cm, showed the highest abun-
dance of anaerobic genes, exceeding 400 genes at some depths. In contrast, aerobic gene
abundance was highest in the surface layer 0–4 cm, with over 500 genes. As depth in-
creased, aerobic gene counts dropped significantly, indicating that anaerobic degradation
processes dominate in the deeper sediment layers, while aerobic processes are more active
in surface sediments where oxygen is more available. However, this observed difference in
gene abundance by depth was not statistically significant (p = 0.905).

In the surface sediments (M1_0–4 cm), both aerobic and anaerobic gene counts were
relatively low in the binned analysis, with around 15 genes each. This contrasts with the
nonbinned data, where aerobic gene counts were significantly higher in the surface layer,
suggesting that while both processes are present, their overall activity is more subdued
when the data is binned.

Overall, the nonbinned analysis highlights the dominance of anaerobic hydrocarbon
degradation in mid-depth and deeper sediments, while the binned analysis reveals a more
co-occurrence of both aerobic and anaerobic gene abundance across all depths.

4. Discussion

The results of this study demonstrate distinct microbial community compositions
and hydrocarbon degradation potential between the Caspian and Mediterranean Seas.
Analysis of the taxonomic composition of the microbial community indicates significant
differences between the two basins, with samples from each sea clustering separately on
a PCoA plot. This finding indicates that location plays a major role in shaping microbial
communities. These two seas have distinct geochemical contexts, with the Caspian being
eutrophic, low salinity, and anoxic bottom waters [17,34,59]. Whereas the Mediterranean
is oligotrophic (highly phosphate limited), with high salinity and elevated bottom water
temperatures (14 ◦C) [41]. These distinctions in geochemistry are likely contributing to
some of the observed differences in microbial community composition.

144



Microorganisms 2025, 13, 222

Depth-related variation in the microbial community composition was also observed
throughout these sediment cores, particularly in the Mediterranean Sea. In the Mediter-
ranean, microbial diversity, assessed using both Observed Species and the Shannon Index,
increased in mid-depth sediments. The variability observed in the microbial communities
of the Mediterranean Sea, indicated by the Shannon diversity index, suggests a greater
microbial diversity which may reflect a more dynamic or variable environment compared
to the Caspian Sea [60,61]. This trend aligns with Mahmoudi et al. [34], who also observed
depth-related variations in microbial communities in the Caspian Sea, highlighting the role
of depth in structuring microbial diversity. Similarly, other studies from the Mediterranean
Sea [41,62] have shown significant depth-dependent differences in microbial community
composition influenced by unique geochemical characteristics such as high salinity and
oxygen availability. PCoA and PERMANOVA analyses confirmed significant differences in
microbial community structure between the Caspian and Mediterranean Seas, highlighting
the influence of distinct environmental conditions in shaping these communities. Depth-
related stratification was also observed, driven by factors such as nutrient availability,
oxygen levels, and pressure gradients, further supporting the role of environmental factors
in microbial community structure.

The 16S rRNA gene analysis revealed a diverse microbial community in both basins,
with variations linked to depth and environmental conditions. Key microbial taxa identified
included Seep-SRB1 and Woeseia, Desulfatiglans, and Pelolinea across different Caspian
Sea depths, while Coxiella, Ammoniphilus, Carboxydothermus, Candidatus Nitrosopumilus,
Members of Subgroup 10 were prominent in the Mediterranean Sea. A total of 15 high-
quality MAGs were recovered from the Mediterranean Sea and 99 high-quality MAGs from
the Caspian Sea, confirming the functional potential of these microbial taxa across different
depths (S1-Spreadsheet). The presence of key microbial taxa at different depths aligns
with previous findings from other cold seep environments, where depth plays a crucial
role in determining microbial structure and function [6,13]. This depth-related variation is
likely influenced by multiple factors, with oxygen availability being one of the key drivers.
However, other factors, such as nutrient gradients and temperature changes, may also
significantly shape microbial community structures across different depths.

The metagenomic analysis also revealed a diverse microbial community, including
genera such as Streptomyces, Pseudomonas, Paenibacillus, Xanthomonas, Klebsiella, Mycobac-
terium, and Burkholderia. Taxa such as Streptomyces, Pseudomonas, and Burkholderia were
identified across various depths, showing depth-related variation in community struc-
ture and function. This is consistent with findings from Mahmoudi et al. (2015), who
reported similar taxa in the Caspian Sea, as well as Griffiths et al. (2023), who found that
Gammaproteobacteria and other hydrocarbon-degrading taxa played a significant role
in these environments [34,59]. These studies demonstrate that depth affects microbial
diversity and drives the selection of specific metabolic functions necessary for survival
and hydrocarbon degradation under varying oxygen conditions. The results indicate
that mid-depth and deeper sediments harbor distinct microbial communities, particularly
those associated with hydrocarbon degradation. The results indicate that mid-depth (ap-
proximately 8–25 cm) and deeper sediments (below 25–35 cm) harbor distinct microbial
communities, particularly those associated with hydrocarbon degradation. These depth
ranges are relative to the core length used in this study.

A clear difference between the Caspian and Mediterranean basins was observed in the
distribution of aerobic and anaerobic hydrocarbon-degrading genes. Aerobic hydrocarbon-
degrading genes were more diverse in the deeper sediments of the Mediterranean Sea and
the Caspian Sea. In contrast, more anaerobic hydrocarbon-degrading genes were found in
the Caspian Sea, especially in mid-depth sediments where conditions are expected to be
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anoxic, favoring anaerobic metabolism. This highlights the impact of environmental factors,
such as oxygen availability, on the metabolic capabilities of microbial communities. The
finding that aerobic hydrocarbon-degrading genes were so abundant in sediments of the
Caspian is interesting due to the low oxygen content of the bottom waters above these sites
in the Caspian [34]. The high diversity of aerobic hydrocarbon-degrading genes is indicative
of genetic potential rather than activity. Thus, the elevated diversity of aerobic hydrocarbon-
degrading genes in these samples could just indicate the presence of non-active bacteria
in these sediments. Additionally, previous studies on the oil biodegradation potential of
water above these sites indicated that relatives of aerobic hydrocarbon-degrading bacteria
such as the Oceanospirillales and members of the Alteromonas as well as relatives of the
Thaumarchaeota dominate the water samples in these Caspian locations despite the anoxic
conditions [17]. Therefore, the presence of aerobic hydrocarbon-degrading genes, while
interesting in light of the anoxic conditions of the bottom water, supports previous work
on the deepwater microbial communities of the Caspian Sea.

In the present study, distinct MAGs encoding hydrocarbon-degrading genes were iden-
tified in both basins. Aerobic genes were predominantly associated with Desulfobacterota
and Psedomonadota in the Caspian Sea, while anaerobic genes were linked to Desulfobac-
terota, Psedomonadota, and Gemmatimonadota. In the Mediterranean Sea, aerobic genes
were linked to Desulfobacterota and Methylomirabiliota, whereas anaerobic genes were
primarily associated with Desulfobacterota, Methylomirabilota, Gemmatimonadota, and
Chloroflexota. These phyla are known for their adaptability to various oxygen levels and
ability to degrade aliphatic and aromatic hydrocarbons. While Desulfobacterota are often
sulfate-reducing bacteria, previous work has shown that they can tolerate some oxygen [63].
Furthermore, they are commonly considered anaerobic hydrocarbon-degrading bacteria in
marine sediments [64]. Previous work has demonstrated that many of them encode and
express anaerobic hydrocarbon-degrading genes (such as assA, bssA, and badA) [65].

The hydrocarbon-degrading pathways identified in this study further highlight the
metabolic diversity of microbial communities. Aerobic pathways such as alkane oxidizing
cytochrome P450 and long-chain alkane hydrolase were prevalent in the Mediterranean
Sea, indicating an active capacity for aliphatic hydrocarbon degradation under oxic condi-
tions [40,55]. Dibenzothiophene monooxygenase, responsible for aerobic aromatic degra-
dation, was also present in both basins. In contrast, the Caspian Sea showed a higher
abundance of anaerobic hydrocarbon-degrading genes, such as alkyl succinate synthase
(AssA) and molybdopterin-family alkane C2 methylene hydroxylase (AhyA), reflecting
the anoxic conditions of its mid-depth sediments. Benzene carboxylase and naphtha-
lene carboxylase were also identified, highlighting the capacity for aromatic hydrocarbon
degradation under anoxic conditions [55].

Furthermore, the unbinned and binned data provided additional insights into the
functional potential of these microbial communities. The unbinned data showed distinct
trends in the abundance of hydrocarbon-degrading genes across both basins. In the Caspian
Sea, aerobic genes were generally more abundant in the deeper sediments, suggesting a
higher potential for aerobic hydrocarbon degradation in these layers. In contrast, anaerobic
genes showed significant abundance in mid-depth sediments (e.g., C1_4–8 and C2_8–12),
reflecting adaptation to anoxic or low-oxygen conditions prevalent at these depths. In the
Mediterranean Sea, anaerobic genes were more dominant across most depths, indicating
that anaerobic hydrocarbon degradation processes were more prominent in this basin.
Aerobic genes were present but generally less abundant, suggesting the potential for aerobic
hydrocarbon degradation was more limited. In the Mediterranean, aerobic hydrocarbon-
degrading genes decreased as depth increased, while anaerobic hydrocarbon-degrading
genes remained at high levels. This overall trend of higher anaerobic genes in deeper
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depths highlights the adaptation of microbial communities to oxygen-limited conditions in
deeper sediment depths.

The combination of unbinned and binned data provides a comprehensive understand-
ing of the functional dynamics of these microbial communities. While the unbinned data
revealed a broader range of hydrocarbon-degrading capabilities across different sediment
depths, the binned data allowed for the specific identification of microbial taxa responsible
for these functions. However, challenges with metagenome recovery suggest that there may
be unexplored or undetected organisms in these environments, highlighting the complexity
and potential for further discovery in cold-seep microbial communities. This dual approach
strengthens our understanding of how microbial communities in cold seep environments
contribute to hydrocarbon cycling and overall ecosystem function, emphasizing both the
diversity of genes present and the specific metabolic pathways utilized by different taxa.

In this study, we found that the Mediterranean Sea had more aerobic hydrocarbon
degradation in the deeper layers, while the Caspian Sea relied more on anaerobic pro-
cesses, especially in mid-depth sediments. These differences are likely due to the unique
geochemical features of cold seeps, such as varying oxygen levels, nutrient availability,
and hydrocarbon presence. This pattern aligns with what is known about cold seep
ecosystems—these areas are essential for breaking down hydrocarbons and contribute
significantly to processes like methane cycling. Cold seeps provide a unique environment
where microorganisms interact with different chemical conditions. In our study, vital mi-
crobial taxa, such as Pseudomonas, Streptomyces, and Desulfobacterales, were identified,
all known for their ability to degrade hydrocarbons under harsh conditions [6,31]. Similar
microbial activities have been observed in other cold seep areas, showing how these mi-
crobes help reduce hydrocarbon emissions naturally. The presence of these microorganisms
in both the Caspian and Mediterranean Seas highlights their ability to adapt to the unique
geochemical conditions in cold seep environments [13].

Overall, our findings add to the growing knowledge about cold seep ecosystems.
These environments do not just support a wide range of microbes; they are also crucial
for global carbon cycling and controlling hydrocarbons in the ocean. Understanding how
these communities function helps us learn more about natural processes that help maintain
balance in marine environments. Future research should continue to explore these unique
ecosystems to understand their role in hydrocarbon cycling and the health of the broader
marine environment.

Applications in Bioremediation

The results of this study demonstrate that microbial communities in cold seep envi-
ronments have significant potential for use in bioremediation of hydrocarbon pollution.
The presence of both aerobic and anaerobic hydrocarbon-degrading genes in the Caspian
and Mediterranean Seas highlights their adaptability to various environmental conditions,
including oxygen availability and sediment depth. These microbial communities could be
critical in breaking down hydrocarbons in marine environments, such as those impacted
by oil spills. By understanding the distribution of hydrocarbon-degrading genes and their
associated microbial taxa, we can explore ways to enhance natural degradation processes.
This knowledge could be applied to develop more effective strategies for mitigating the
environmental impacts of hydrocarbon pollution and supporting ecosystem recovery.

5. Conclusions

This study highlights the significant differences in microbial community composition
and hydrocarbon degradation potential between the Caspian and Mediterranean Seas.
Depth and environmental conditions, particularly oxygen availability, played crucial roles
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in determining the distribution of aerobic and anaerobic hydrocarbon-degrading genes.
The Caspian Sea showed a greater reliance on anaerobic processes in mid-depth sediments,
while the Mediterranean Sea exhibited more aerobic degradation in its deeper sediments.

The findings from the 16S rRNA gene analysis and hydrocarbon-degrading gene
distribution offer valuable insights into how microbial communities in cold-seep environ-
ments adapt to varying environmental conditions. The use of both unbinned and binned
data allowed for a comprehensive understanding of the functional capabilities of these
communities. This understanding can be crucial for bioremediation efforts, as it helps
identify which microbial communities are best suited for breaking down hydrocarbons
under different environmental conditions, such as low oxygen availability. Further research
is needed to explore the long-term ecological impacts of hydrocarbon degradation in these
unique marine ecosystems and to investigate how changes in environmental factors, such
as oxygen levels and nutrient availability, influence microbial community dynamics and
their potential for oil biodegradation. Understanding these microbial processes better
could lead to more effective natural bioremediation strategies for managing oil spills and
reducing hydrocarbon pollution in marine environments.

Future research could build on this work by experimentally testing the metabolic path-
ways identified in this study. Studying the genetic and functional diversity of uncultured
microorganisms could help discover new pathways with potential uses in cleaning up
pollution and other biotechnological applications.
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Abstract: Phenolic compounds are an extensive group of natural and anthropogenic
organic substances of the aromatic series containing one or more hydroxyl groups. The
main sources of phenols entering the environment are waste from metallurgy and coke
plants, enterprises of the leather, furniture, and pulp and paper industries, as well as
wastewater from the production of phenol–formaldehyde resins, adhesives, plastics, and
pesticides. Among this group of compounds, phenol is the most common environmental
pollutant. One of the cheapest and most effective ways to combat phenol pollution is
biological purification. However, the inability of bacteria to decompose high concentrations
of phenol is a significant limitation. Due to the uncoupling of oxidative phosphorylation,
phenol concentrations above 1 g/L are toxic and inhibit cell growth. This article presents
data on the biodegradative potential of Rhodococcus opacus strain 3D. This strain is capable of
decomposing a wide range of toxicants, including phenol. In the present study, cell growth
with phenol, growth after rest, growth of immobilized cells before and after rest, phase
contrast, and scanning microscopy of immobilized cells on fiber were studied in detail. The
free-living and immobilized cells can decompose phenol concentrations up to 1.5 g/L and
2.5 g/L, respectively. The decomposition of the toxicant was catalyzed by the enzymes
catechol 1,2-dioxygenase and cis,cis-muconate cycloisomerase. The role of protocatechuate
3,4-dioxygenase in biodegradative processes is discussed. In this work, it is shown that
the immobilized cells can be stored for a long time (up to 2 years) without significant
loss of their degradation activity. An assessment of the induction of genes potentially
involved in this process was taken. Based on our investigation, we can conclude that this
strain can be considered an effective destructor that is capable of degrading phenol at high
concentrations, increases its biodegradative potential during immobilization, and retains
this ability for a long storage time. Therefore, the strain can be used in biotechnology for
the purification of aqueous samples at high concentrations from phenolic contamination.
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cells; immobilized cells; biodegradation enzymes; biodegradation genes; biotechnology

1. Introduction

Phenolic compounds are an extensive group of natural and synthetic organic sub-
stances of the aromatic series containing one or more hydroxyl groups. The main sources
of phenols entering the environment are waste from metallurgy and coke plants, enter-
prises of the leather, furniture, and pulp and paper industries, as well as wastewater from
the production of phenol–formaldehyde resins, adhesives, plastics, and pesticides [1,2].
Among this group of compounds, phenol is the most common environmental pollutant. Its
content in wastewater can vary from several mg to tens of grams/L, depending on the type
of product [3,4]. The main risk of phenol is associated with its relatively good solubility
in water and the ability to form highly toxic chlorine derivatives that occur during the
chlorination of water for the purpose of disinfection. When ingested into reservoirs, phenol
inhibits microflora and self-purification processes and is toxic to aquatic organisms, plants,
and humans [3].

Various physico-chemical methods, including oxidation, hydrolysis, adsorption-
flocculation, solvent extraction, ion exchange purification, reverse osmosis, etc., are known
to remove phenols from wastewater [5]. These methods require high economic costs,
additional reagents with their subsequent regeneration, and disposal of waste [6,7]. How-
ever, microbiological methods of purification of phenolic effluents are cheap, economically
profitable, and widely used [8–10]. At the same time, the degradation of pollutants oc-
curs without the formation of harmful by-products, which makes it possible to exclude
secondary contamination of the environment. The limiting factor for the use of phenol-
destructive microorganisms is their inability to utilize high concentrations of phenol and
their sensitivity to other toxic compounds present in wastewater.

The processes of biodegradation of phenolic compounds by microorganisms are
being actively investigated. Phenol-destructive microorganisms are described among bac-
teria [11,12], mycelial fungi [13], yeast [14,15], and archaea [16,17]. Phenol-destructive
bacterial strains mainly belong to proteobacteria (genera Pseudomonas, Sphingomonas,
Alcaligenes, Comamonas, Burkholderia, Acinetobacter, Ralstonia, Cupriavidus), actinobacteria
(Rhodococcus, Arthrobacter, Streptomyces, Gulosibacter), and firmicutes (Bacillus, Paenibacillus)
were reported [18–24].

The conversion of phenol to catechol (the initial intermediate of the central pathways
of catabolism of aromatic compounds) by phenol hydroxylase (EC 1.14.13.7) is the first stage
of aerobic catabolism of phenol by bacteria. Further cleavage of the aromatic ring of cate-
chol is carried out via two pathways. During ortho-cleavage (intradiol), the enzyme catechol
1,2-dioxygenase (Cat 1,2-DO) (EC 1.13.11.1) breaks the ring between two adjacent carbon
atoms carrying hydroxyl groups and converts catechol into cis,cis-muconic acid, which is
further metabolized into succinate and acetyl-CoA in the course of successive reactions.
Genes encoding the ortho-pathway (β-ketoadipate pathway) of catechol oxidation usually
have a chromosomal localization [25]. During meta-cleavage (extradiol), splitting of the cat-
echol ring occurs between hydroxylated and non-hydroxylated carbon atoms. The enzyme
catechol 2,3-dioxygenase (Cat 2,3-DO) (EC 1.13.11.2) oxidizes catechol to 2-hydroxymucone
semialdehyde (2-HMS), which is then converted to acetaldehyde and pyruvate. In most
cases, the genes encoding extradiol dioxygenases have plasmid localization [26]. The
products of catechol oxidation eventually enter the tricarboxylic acid cycle [25–27].
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In modern research, much attention is paid to searching for strains capable of utilizing
high concentrations of phenol (1000–2000 mg/L) [18,28,29], the study of degradation
processes under suboptimal conditions in the presence of other toxic compounds [22,23,30],
the use of immobilized cells to increase degradation efficiency [24,31,32] and the creation
of stable microbial associations [33–35]. A special focus in these studies was actinobacteria
of the genus Rhodococcus, which are characterized by high ecological plasticity, resistance
to stress factors [36–38], and the ability to degrade a wide range of natural and synthetic
compounds [39,40]. Rhodococci have a large genome (about 6.23 Mb on average) with a high
(62.3–70.6%) content of guanine-cytosine pairs [18], often carry biodegradation plasmids,
and contain many functional analog genes with duplicate functions [40]. For example, in
the R. jostii RHA1 strain, 26 pathways of peripheral metabolism and 8 pathways of central
catabolism of aromatic compounds were identified in the 9.7 MB genome [41]. It has also
been shown that the most active phenol destructor strains contain an increased number of
copies of genes involved in its degradation [18]. For example, in the strains R. ruber C1, R.
jostii RHA1, R. aetherivorans IcdP1, and R. opacus B4, the total number of copies of phenol
metabolism genes was 50, 51, 51, and 54, respectively.

Previously, we isolated a strain of R. opacus 3D that degrades naphthalene through
cinnamic acid derivatives, coumarin, and o-phthalate [42]. Preliminary experiments have
shown that R. opacus 3D was capable of growing and utilizing phenol as the only source of
carbon and energy. The purpose of this work was to study the possibility of degradation of
high concentrations of phenol by the R. opacus 3D as well as the effect of cell immobilization
and their long-term storage on the destructive activity of the strain. Special emphasis was
given to the identification of the biochemical features of degradation and the study of genes
involved in the decomposition of phenol in this microorganism.

2. Materials and Methods

2.1. Chemicals

For the preparation of cultural media, the reagents were obtained from manufacturing
companies and meet the requirements of the level of research conducted. Biochemical
reagents were obtained from Sigma-Aldrich (St. Louis, MO, USA), Serva (Heidelberg,
Germany), Thermo Fischer Scientific (Waltham, MA, USA), Zymo Research (Irvine, CA,
USA), New England BioLabs (Hitchin, UK), Biocom (St. Petersburg, Russia), and Fermentas
(Vilnius, Lithuania) provided reagents for molecular biology research.

2.2. Bacterial Strains Used in the Study

The object of the study was the Rhodococcus opacus strain 3D (VKM Ac-2911D), pre-
viously isolated from activated sludge from waste treatment facilities (Moscow region,
Russia) by direct seeding on an agarized mineral medium with naphthalene as the only
source of carbon and energy [42]. Strain 3D was selected for this research based on pre-
liminary data on its ability to utilize a wide range of aromatic compounds, including
phenol.

2.3. Investigation on the Ability of the Strain R. opacus 3D to Utilize Different Organic Substrates

The strain R. opacus 3D was tested for the ability to utilize different aromatic, aliphatic,
and chlorinated compounds as a sole source of carbon and energy. For this, the strain
R. opacus 3D was grown in a mineral salt (MS) medium described previously [42]. Sterile
growth substrates were added to the molten agar-containing (1.5% w/v) medium in the
following concentrations (g/L): succinate, naphthalene—0.5–1.0; salicylate, benzoate, genti-
sate, protocatechuate, catechol, ortho-phthalate, 2-hydroxycinnamic, 2-carboxycinnamic
acids—0.2–0.5; phenol—0.1–2.5; chlorophenols (2-, 3-chlorophenol, 2,3-, 2,4-, 2,5-, 2,6-
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dichlorophenol)—0.1; chlorobenzoates (2-, 3-, 4-chlorobenzoate, 3,5-dichlorobenzoate)—0.2.
Water-soluble sodium salts of the aromatic acids were used in the experiment.

Volatile aromatic and aliphatic substrates (2-methylnaphthalene, phenanthrene, an-
thracene, fluorene, acenaphthene, benzene, toluene, ethylbenzene, xylenes (ortho-, meta-,
and para-xylene), phenol, hexane, octane, nonane, decane, undecane, dodecane, hexade-
cane, and coumarin) were applied on a lid of an inverted Petri dish in order to grow cells
in vapors of these compounds.

The strain was cultivated at 30 ◦C on plates or in batch culture on a shaker (180 rpm) in
750 mL Erlenmeyer flasks containing 100 mL of MS medium. The strain was preserved on agar-
containing LB medium [43] and in 15% glycerol (v/v) at –70 ◦C for subsequent experiments.

2.4. Growth of R. opacus 3D Strain in a Liquid Mineral Medium Containing Phenol

To study the strain growth at various concentrations of phenol, the culture was grown
in a liquid MS medium containing 50 mg/L of phenol until a late exponential phase. The
cells were precipitated by centrifugation (Rotanta 460R, Hettich, Tuttlingen, Germany)
for 10 min at 5000 g and 4 ◦C and resuspended in 5 mL of the same medium. Next, the
inoculate prepared in this way was introduced into 100 mL of MS medium to an initial
optical density (OD560) of 0.15 ± 0.02 optical units. Phenol was added to the medium
at concentrations of 0.5, 0.75, 1.0, 1.5, and 1.75 g/L. The intensity of strain growth was
evaluated spectrophotometrically (Shimadzu UV-1800, Kyoto, Japan) by light absorption
at a wavelength of 560 nm. Samples for measuring the OD, pH of the medium, and the
concentration of the substrate were taken for 1–15 days every 2–24 h, depending on the
concentration of phenol and the growth rate of the culture. The pH level of the medium
during the cultivation of the strain was maintained at 7.0 by adding 10 n NaOH (w/v). The
abiotic control was a sterile MS medium with phenol (0.2 g/L) without inoculum.

2.5. Assay of the Degradation of Phenol by Immobilized R. opacus 3D Cells

Polycaproamide fiber was used as a carrier for cell immobilization. The strain was
cultivated in 750 mL shake flasks containing 100 mL of MS medium and 2.0 g of carrier
(polycaproamide fiber). Cells pregrown in MS medium containing 1.5 g/L of phenol (the
maximum concentration of phenol at which free cell growth was observed) were used as an
inoculum. The initial OD560 was 0.25 ± 0.03 opt. units. The bacterial cells were cultured for
24 h to immobilize cells on the fiber. Then, the substrate was introduced at concentrations
of 0.5, 1.0, 1.5, or 2.5 g/L. Samples for determining the phenol content were taken for 5 days
every 12–24 h. The abiotic control for assessing the loss of phenol was a sterile MS medium
without the addition of an inoculum containing polycaproamide fiber (2.0 g) and phenol
(0.2 g/L).

2.6. Degradation of Phenol by Immobilized R. opacus 3D Cells After Storage

To study the effect of preserved culture storage on degradable activity, immobilized
cells grown in the presence of 2.5 g/L phenol were used as described in Section 2.5. After
complete consumption of the substrate, the fiber with immobilized cells was washed with
fresh MS medium and stored in 100 mL of medium without the addition of phenol at a
temperature of 6 ◦C for a month. After the expiration of the storage period of the sample of
immobilized cells, phenol was added in the concentrations of 0.5 and 2.5 g/L and cultured
at 30 ◦C for 5 days. Samples for measuring the concentration of phenol were taken every
24 h. The abiotic control was a sterile MS medium with phenol (0.5 and 2.5 g/L) and fiber
without immobilized bacteria.

After the experiment, the carrier was washed with MS medium and stored in 100 mL of
the same medium without phenol for two years at 6 ◦C. The phenol degradation experiment
was repeated as described above.
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2.7. Determination of Phenol in the Culture Medium

Phenol concentrations in the samples were determined by direct measurement of the
absorption spectrum of the medium in the range of 250–290 nm on the Shimadzu UV-1800
device (Kyoto, Japan) using a calibration curve. The curve was plotted using two-fold
serial dilutions of an aqueous solution of phenol at an initial concentration of 2.5 g/L.
To determine the concentration of phenol in samples, the supernatant (1.5 mL) after cell
sedimentation (Rotanta 460R, Hettich, Tuttlingen, Germany) for 10 min at 10,000× g and
4 ◦C was used.

2.8. Determination of the Specific Activity of Enzymes

To determine the activity of phenol biodegradation enzymes, cells were grown in a
liquid MS medium containing phenol (0.75 g/L) before the beginning of the stationary
growth phase. To determine the enzymatic activity in non-induced cells, bacteria were
cultured in a liquid MS medium containing 0.5 g/L succinate. Pretreatment and disruption
of cells, preparation of cell-free extract, and carrying out enzymatic reactions were per-
formed as described previously [42]. Enzymatic activity was monitored using a UV-1800
spectrophotometer (Shimadzu, Japan).

The activities of Cat 2,3-DO and Cat 1,2-DO were determined by the rate of forma-
tion of 2-hydroxymucone semialdehyde (A375, ε = 33,400 M–1·cm–1) and cis,cis-muconate
(A260, ε = 16,900 M–1 cm–1), respectively, as described earlier [44]. The activity of catechol
1,2-dioxygenase when using 4-chlorocatechol as a substrate was determined by the rate of
formation of 3-chloromuconate (A260, ε = 12.4 M–1 cm–1) under the same conditions. The ac-
tivities of muconate cycloisomerase (MCI) (EC 5.5.1.1) and protocatechuate 3,4-dioxygenase
(PC 3,4-DO) (EC 1.13.11.3) were determined by the decrease in cis, cis-muconic acid (A260,
ε = 16,900 M–1 cm–1) and protocatechuate (A290, ε 2870 M–1 cm–1), respectively [45,46].

Specific enzyme activity was expressed as micromoles of consumed substrate or
formed product per minute per 1 mg of total bacterial protein. Protein concentration was
determined spectrophotometrically by the Bradford protein assay method [47].

2.9. PCR Analysis of Target Genes

The oligonucleotide primers used for amplification of the target genes are listed in
Table 1. DNA isolation, amplification of gene fragments, separation of reaction products,
staining, and visualization of gels were performed as described previously [42].

Table 1. Target genes and PCR primers used in this study.

Putative Gene Function
(Gene)

Primer Primer Sequence (5’–3’)
Annealing
Temp (◦C)

Amplicon
Size (bp)

Reference

Catechol 2,3-dioxygenase
(edoB)

LK33
LK38

CGCATCGAGGCCACCGAC
CGACGGGTCCTCGAACGTGA 61 306 [48]

Catechol 2,3-dioxygenase
(edoC)

VD11
VD14

GGTTACATGGGCTTCGAG
CTCCGCCGACTTCTCCAG 58 1096 -//-

Protocatechuate
3,4-dioxygenasde (pcaH)

pcaH_260f
pcaH_749r

CAACGCCGACATCGCCAA
GAATCCGACGGCCCAGTTGT 54 489 [49]

Catechol 1,2-dioxygenase
(catA2, GenBank

FM877593.1)

cat4f
cat4r

AAATTCAAGGGCGCAAG
GAGTTCGGGTTTCGTTG 52 720 -//-

Catechol 1,2-dioxygenase
(catA, GenBank X99622.2)

cat6f
cat6r

CGACAAGTTCAAGGCCGAG
CACGAAGTTGTAGGTGACGTAG 52 780 -//-
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2.10. Microscopy
2.10.1. Light Microscopy

Light microscopy of samples in the phase contrast mode was carried out using a Nikon
Eclipse Ci microscope (Nikon, Tokyo, Japan) equipped with a ProgRes SpeedXT camera
(Jenoptic, Jena, Germany).

2.10.2. Scanning Electron Microscopy

The cells of the 3D strain were immobilized to fiber samples and grown under various
conditions. They were then treated with 1.5% glutaraldehyde in a 0.05 M cacodilate buffer
with pH 7.2 (CB) at 4 ◦C for 1 h and washed three times in the same buffer. Additionally,
the samples were fixed in a 1% OsO4 in CB (3 h, 20 ◦C). After being dehydrated in a series
of alcohols with increasing concentrations (30% to 100%, each for 20 min), the samples
were incubated in tert-butanol (Sigma-Aldrich, Sigma, St. Louis, MO, USA) three times for
20 min each at 26 ◦C and then for 12 h at 4 ◦C.

The samples underwent drying using the JFD-320 Freeze Drying Device (JEOL, Tokyo,
Japan), followed by gold dust coating in the JFC-1600 auto fine coater (JEOL, Tokyo, Japan).
Subsequently, they were positioned on SEM stubs for analysis using a JSM-6510LV SEM
(JEOL, Tokyo, Japan).

2.11. Statistical Data Processing

Statistical analysis was performed using Microsoft Excel 2007 (Microsoft, Redmond,
Washington, DC, USA). All studies were conducted in three independent experiments.

3. Results and Discussion

3.1. The Degradation Potential of R. opacus 3D

At the initial stage, the ability of the R. opacus 3D strain to grow in an MS medium
containing various organic substrates as the only source of carbon and energy was studied
(Table 2). As can be seen from the presented data, the studied strain grew in the presence
of naphthalene, coumarin, aromatic carboxylic acids (o-phthalic, gentisic), benzene and its
derivatives (phenol, toluene, ethylbenzene, 2-hydroxycinnamic acid), as well as n-alkanes
with a carbon chain length of C9–C16, with an even (decane, dodecane, hexadecane) and an
odd (nonane, undecane) number of carbon atoms. The culture grew weaker on n-alkanes
with a shorter chain length (C6–C8), as well as on 2-carboxycinnamic acid, benzoate, and
protocatechuate.

Table 2. Spectrum of substrates utilized by strain R. opacus 3D.

Substrate Growth *

Alkanes (nonane, decane, undecane, dodecane, hexadecane)
Phenol, benzene, toluene, ethylbenzene
Naphthalene, 2-hydroxycinnamic acid, coumarin
Phthalate, gentisate

Good growth

Alkanes (hexane, heptane, octane)
Benzoate, protocatechuate
2-carboxycinnamic acid

Weak growth

PAHs (phenanthrene, 2-methylnaphthalene, fluorene, acenaphthene, anthracene)
Salicylate
Ortho-, meta-, para-xylene
Chlorophenols (2-, 3-chlorophenol, 2,3-, 2,4-, 2,5-, 2,6-, dichlorophenol)
Chlorobenzoates (2-, 3-, 4-chlorobenzoate, 3,5-dichlorobenzoate)

No growth

* Bacterial growth was assessed after 3–7 days of cultivation.
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Strain 3D did not utilize polycyclic aromatic hydrocarbons: phenanthrene, 2-
methylnaphthalene, fluorene, acenaphthene, anthracene, as well as salicylate, which is a key
intermediate of naphthalene degradation. The strain also did not grow in MS media con-
taining chlorophenols and chlorobenzoates, which distinguishes it from the well–studied
strain R. opacus 1CP, a destructor of a number of chlorine-containing compounds, in partic-
ular 2,4-dichlorophenol [50]. This can be explained by the fact that strain 1CP was isolated
on a medium containing 2,4-dichlorophenol as a carbon source, whereas 3D was selected
on a selective medium containing naphthalene. Thus, a wide range of recyclable substrates
indicates a significant biodegradative potential of the R. opacus 3D strain. Further research
was focused on a more detailed study of the phenol degradation process by this strain.

3.2. Degradation of Phenol by Strain R. opacus 3D

It is known that phenol is a toxic compound that inhibits bacterial growth, including
those degrading bacteria, at certain concentrations. High phenol content in wastewater is a
critical factor that determines the rate and extent of its degradation. The overwhelming
mass of bacteria is sensitive to a relatively low concentration, up to 500 mg/L, of this
toxicant. However, single strains capable of decomposing more than 1.5 g/L of this
compound have been described [29]. To evaluate the ability of R. opacus 3D to utilize high
phenol concentrations, we monitored the growth parameters of the culture (duration of the
lag phase and OD560) during its cultivation in an MS medium supplemented with 0.5 up
to 1.75 g/L substrate. The obtained results are presented in Figure 1a. In the experiments,
the duration of the lag phase and the maximum value of the OD depended on the amount
of substrate in the medium. The shortest duration of the lag phase (2 h) was observed
when cultivating the strain in the presence of 0.5 g/L of phenol. The duration at a substrate
concentration of 0.75 and 1.0 was 12 and 18 h, respectively. It should be noted that the
growth of the culture at 1.5 g/L of phenol began only after a long adaptation period lasting
more than 96 h (Figure 1a).

(a) 

Figure 1. Cont.
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(b) 

Figure 1. Growth (a) and utilization dynamics (b) of R. opacus 3D in a mineral salt medium at different
concentrations of phenol (g/L) as a sole carbon and energy source. Each value is a mean of three
replicates with error bars indicating the standard deviation from the mean.

The growth of the bacterium was accompanied by the consumption of phenol and,
accordingly, a decrease in its concentration in the culture medium (Figure 1b). Complete
degradation of phenol at an initial concentration of 0.5, 0.75, and 1.0 g/L was carried
out in 24, 36, and 60 h, which corresponded to the achievement of the culture of the
highest values of OD560 in each variant of the experiment (0.89 ± 0.07, 1.11 ± 0.08, and
1.15 ± 0.06, respectively). At 1.5 g/L phenol content, the total consumption of the substrate
occurred after a longer period of time (360 h). But at the same time, the culture reached
a maximum value of OD560—1.59 ± 0.11 optical units. Cell growth and degradation of
phenol at concentrations greater than 1.5 g/L were absent. There was no decrease in phenol
concentration in the control variant (without the addition of bacteria).

3.3. Degradation of Phenol by Immobilized R. opacus 3D Cells

Cell immobilization is a widespread phenomenon in nature that ensures the effective
survival of bacteria in suboptimal environmental conditions and allows for maintaining a
high level of catalytic activity. The immobilization of bacteria on various carriers is widely
used in the processes of biodegradation and biotransformation of complex organic substrates,
as well as in biotechnology for the production of valuable compounds [51–53]. This allows
for an increase in the concentration of the target substrate, improves cell survival, and pro-
tects them from possible adverse effects. In this regard, the effect of the immobilization of
R. opacus 3D cells on polycaproamide fiber on the efficiency of phenol degradation, especially
those presented at high concentrations, was studied. The maximum phenol content in the
experiment was 2.5 g/L. Cells adapted to high concentrations of phenol were used as an
inoculum. To do this, they were cultured until the end of the logarithmic growth phase in
a mineral medium containing 1.5 g/L of phenol. As can be seen from the data presented
in Figure 2, the studied strain completely disposed of 1.0, 1.5, and 2.5 g/L of phenol in 1,
2, and 4 days, respectively. At the same time, a significant reduction in the duration of the
lag period was observed. Thus, the immobilization of cells of the strain–destructor led to
a significant reduction in the degradation time of the substrate compared with free cells
(Figure 1b). For example, the utilization time of 1.5 g/L of phenol was reduced from 15 to
2 days. In addition, during cell immobilization, the maximum concentration of phenol, at
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which culture growth was maintained, was increased to 2.5 g/L. The immobilization of cells
probably contributed to their resistance to extremely high concentrations of toxic substrate
and their ability to recycle it. A similar effect has been described for other strains–destructors.
For example, vermiculite-immobilized cells of R. aetherivorans UCM Ac-602 utilized 2.0 g/L of
phenol in 96 h, whereas free-suspended cells of this strain were unable to grow at this substrate
concentration [29]. Immobilization of Pseudomonas sp. NBM11 cells on Ca-alginate beads
resulted in a 3–3.5-fold increase in the rate of phenol degradation. Thus, complete degradation
of phenol (1.0 g/L) by free cells occurred in 168 h and by immobilized cells in 48 h [24]. In our
case, cell immobilization led not only to a significant increase in the concentration of phenol
but also to the rate of its destruction compared to the described strains. It should be noted that
during the experiments, no sorption of phenol by polycaproamide fiber was detected, which
confirms the role of the studied strain R. opacus 3D in the decomposition of the toxicant.

Figure 2. Degradation of phenol by R. opacus 3D cells immobilized on a polycaproamide fiber.

3.4. Degradation of Phenol by R. opacus 3D Strain After Storage of Immobilized Cells

It is known that immobilization provides attached cells with increased resistance to
negative environmental conditions, high operational stability, and reuse [53,54]. Long-term
preservation of culture properties during storage is a key success factor for subsequent use
of an immobilized cell system. After storing immobilized R. opacus 3D cells in MS medium
in the absence of a substrate for 1 month (Section 2.6), the strain completely degraded
0.5 and 2.5 g/L of phenol in 1 and 4 days, respectively (Figure 3a). Consequently, the
degradation time of the substrate by cells subjected to a state of rest has not changed
compared to cells that have not been stored. The literature describes strains in which
the ability to degrade the pollutant was completely preserved or slightly decreased after
storage of immobilized cells for 30 days [32,55]. However, a further increase in storage
time led to a significant loss of degradation activity of encapsulated Pseudomonas oleovorans
strain ICTN13 cells [53]. Thus, the catalytic activity of encapsulated cells stored for 30 and
60 days decreased from 53% to 14%, respectively.

Experimental data on the assessment of the effect of a long period of rest (more than
a year) on the ability of strains–destructors to decompose pollutants are not available in
the literature. In this work, after storage for 2 years, it was shown for the first time that
immobilized R. opacus 3D cells retained viability, although the rate of phenol degradation
significantly decreased. Thus, the studied strain completely disposed of 0.5 g/L of phenol
in 2 days, which is about 2.5 times slower than when using immobilized cells that have not
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been stored. At a concentration of 2.5 g/L of phenol, the duration of degradation of the
substrate by stored immobilized cells doubled and reached 8 days. Nevertheless, the cells
retained the ability to decompose phenol at high concentrations, which is generally rare
for bacterial strains. The obtained results indicated that the R. opacus strain 3D compares
favorably with the previously described phenol destructor bacteria, since in addition to
the ability to utilize high concentrations of phenol, it retains its degradable activity after
long-term storage.

 

(a) (b) 

Figure 3. Degradation of phenol by immobilized R. opacus 3D cells, after storage at 6 ◦C for 1 month (a)
and 24 months (b).

3.5. Enzymatic Activity in the Bacterial Culture R. opacus 3D Grown in the Presence of Phenol

It is known that the key enzyme for the decomposition of phenol under aerobic
conditions is phenol hydroxylase, which transforms the initial substrate into its dihydrox-
yaromatic derivative—catechol. The opening of the aromatic ring of catechol can be carried
out in two ways, in the ortho- (1,2) or meta-(2,3) position with the participation of Cat 1,2-DO
and Cat 2,3-DO, respectively [11,20]. Both pathways are widely represented in the bacterial
degradation of phenol. However, an analysis of the literature data shows that the pathway
of ortho-cleavage of catechol prevails in rhodococci. Thus, it can be assumed that the
presence of Cat 1,2-DO activity in cells growing in the presence of phenol is an important
condition for the realization of destructive activity by rhodococci against this toxicant.

Catechol dioxygenases are inducible enzymes. The specific activity of enzymes in-
volved in the degradation of phenol in strain 3D was determined both in induced (strain
growth in a mineral medium in the presence of phenol) and in non-induced cells (strain
growth in the presence of succinate) (Table 3).

Table 3. Enzymatic activity in the R. opacus strain 3D cells, grown in the mineral medium in the
presence of phenol and succinate.

Enzymes Substrate
Specific Activity, U/mg of Protein, After Growth with

Phenol Succinate 1

Cat 1,2-DO Catechol 0.115 ± 0.006 0.006 ± 0.003
4-Chlorocatechol 0.009 ± 0.002 n.d.

Cat 2,3-DO Catechol 0.001 ± 0.000 0.002 ± 0.000
MCI cis,cis-muconate 0.025 ± 0.007 < 0.001

PC 3,4-DO Protocatechuate 0.385 ± 0.061 0.021 ± 0.003
n.d.—was not determined, Cat 1,2-DO—catechol 1,2-dioxygenase, Cat 2,3-DO—catechol 2,3-dioxygenase, PC 3,4-
DO—protocatechuate 3,4-dioxygenase, MCI—muconate cycloisomerase. 1 The specific activities of biodegradation
enzymes during cultivation of strain 3D in a mineral medium in the presence of succinate are given from [42].
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In cell-free extracts of the strain grown with phenol, the activity of Cat 2,3-DO was
extremely low (0.001 U/mg of protein), while the activities of Cat 1,2-DO and muconate
cycloisomerase were significant and amounted to 0.115 ± 0.006 and 0.025 ± 0.007 U/mg
of protein, respectively. This indicates that the cleavage of the catechol ring in the studied
strain occurs via the ortho-cleavage pathway. When using 4-chlorocatechol as a substrate,
the specific activity of Cat 1,2-DO was less than 8% of the activity of this enzyme with
catechol, which is generally characteristic of catechol 1,2-dioxygenases.

It is known from the literature that the degradation of catechol can be carried out
both separately via the ortho- or meta-pathway and via both biochemical pathways in
parallel [56]. For example, the simultaneous activity of catechol 1,2- and 2,3-dioxygenases
was recorded in Planococcus sp. strain S5 when it was grown at low phenol concentrations
(1–2 mM); when the phenol content increased to 3–4 mM, only the activity of Cat 2,3-DO
was detected [56]. In our case, when cultivating the 3D strain in the presence of a high
concentration of phenol (0.75 g/L), the situation was the opposite; only the activity of Cat
1,2-DO was defined in the cell-free extract.

PC 3,4-DO is a representative of the superfamily of intradiol dioxygenases and cat-
alyzes the ortho-cleavage of the protocatechuate ring to form β-carboxy-cis,cis-muconate [25].
Although this enzyme is not involved in phenol/catechol catabolism, its specific activity
in the 3D strain was more than three times higher than the activity of Cat 1,2-DO and
amounted to 0.385 ± 0.061 U/mg of protein. The simultaneous presence of Cat 1,2-DO
and PC 3,4-DO activity has been described in a number of bacterial strains when grown
with various aromatic substrates. For example, in Pseudomonas putida strain KT2442, when
cultured with para-hydroxybenzoate (PHB) and vanillin [57], Acinetobacter baumanii DU202
with PHB [58], and Rhodococcus sp. RHA1 with benzoate and phthalate [59]. In some
cases, there was a significant activity on the excess level of PCT 3,4-DO over Cat 1,2-DO.
Thus, when Pseudomonas sp. 13BN and Rhodococcus sp. 7B strains were cultured on phenol
(0.5 g/L), and the activity of PC 3,4-DO exceeded the activity of Cat 1,2-DO by more than
an order of magnitude [60]. One possible explanation for this fact is the formation of inter-
mediates of catechol catabolism, which induce the synthesis of PC 3,4-DO. It is known that
the metabolic reactions of ortho-oxidation of catechol and protocatechuate are two branches
of the β-ketoadipate degradation pathway of aromatic compounds in microorganisms [25].
The key intermediate of this pathway, β-ketoadipate, serves as an inducer of the synthesis
of enzymes involved in the oxidation of protocatechuate. For example, in Nocardia, a
bacterium phylogenetically related to Rhodococcus, β-ketoadipate induces the synthesis of
almost all enzymes of the protocatechuate branch, including PC 3,4-DO [61]. Perhaps in
our case, as in the above examples, a similar phenomenon is observed.

When the studied strain was cultivated in the presence of succinate, i.e., non-induced
by phenol cells, the specific activity of the enzymes Cat 1,2-DO, MCI, and PC 3,4-DO was
significantly lower when compared to the activity of cells grown in the presence of phenol,
which indicates the inducible nature of their synthesis (Table 3). It should be noted that the
activity level of PC 3,4-DO (0.021 ± 0.003 U/mg of protein) under non-selective conditions
was also higher compared to Cat 1,2-DO (0.006 ± 0.003 U/mg of protein). The activity of
Cat 2,3-DO on succinate was extremely low and similar to the activity of cells grown with
phenol. This fact suggests that Cat 2,3-DO is not involved in phenol metabolism.

3.6. PCR Analysis of Rhodococcus opacus 3D Genome

To identify phenol degradation genes in the 3D strain, we used specific primers
developed on the basis of a sequence of isofunctional genes Cat 1,2-DO (catA, catA2), PC
3,4-DO (pcaH) of the R. opacus 1CP strain [49], and genes of extradiol dioxygenases (edoB,
edoC) of Rhodococcus rhodochrous strains P200 and Rhodococcus sp. I1 [48]. The results of the
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amplification of the genes encoding Cat 1,2-DO, Cat 2,3-DO, and PC 3,4-DO are shown
in Figure 4. In the R. opacus 3D strain, a positive response was obtained when using all
primers. The size of the amplified products corresponded to the expected one and did not
differ from the control strain of R. opacus 1CP. A positive response with primers developed
for the extradiol dioxygenase genes was obtained only for the 3D strain, unlike R. opacus
1CP, in which a PCR product of the appropriate size was not detected.

The presence of the catA and catA2 genes and the high activity of the Cat 1,2-DO
enzyme indicate that phenol utilization in this strain occurs via the ortho-pathway of
oxidation of its key intermediate, catechol. The presence of extradiol dioxygenase genes
usually indicates that catechol utilization can occur via a meta-pathway. However, in our
case, the low activity of Cat 2,3-DO in the 3D strain indicates that the genes of extradiol
dioxygenases are not expressed when growing with phenol. Earlier [42], the studied strain
also showed low activity of Cat 2,3-DO when growing in the presence of naphthalene.
It is possible that in this bacterium, the genes of the catechol meta-cleavage pathway
are not functioning (silent genes), or they are expressed during the utilization of other
aromatic substrates, for example, methylated aromatic hydrocarbons such as toluene and
ethylbenzene.

 
Figure 4. Screening of R. opacus 3D for genes encoding protocatechuate 3,4-dioxygenase (pcaH),
catechol 1,2-dioxygenases (catA, catA2), and catechol 2,3-dioxygenases (edoB and edoC). The strain
R. opacus 1CP was used as a positive control. Lanes: 1, 10—molecular weight marker, 1 kb DNA
Ladder (Fermentas, Lithuania); 2, 3—pcaH from R. opacus 3D (2) and 1CP (3); 4, 5—catA2 from
R. opacus 3D (4) and 1CP (5); 6, 7—catA from R. opacus 3D (6) and 1CP (7); 8—edoB from R. opacus 3D;
9—edoC from R. opacus 3D.

When cultivating the culture in a mineral medium in the presence of succinate in a
cell-free extract, a sufficiently high (0.021 ± 0.003 U/mg protein) activity of PC 3,4-DO
was detected. The presence of the pcaH gene and the high activity of PC 3,4-DO may
indicate that the synthesis of this enzyme is constitutive. When growing strain 3D in an
MS medium with phenol, the activity of PC 3,4-DO in the cell-free extract increased by
more than an order of magnitude compared with the mineral medium + succinate variant
(Table 3). It is possible that the metabolites formed during the oxidation of phenol are
non-specific inducers of the synthesis of this enzyme, the role of which in the catabolism
of phenol is not yet clear. The confirmation of the role of PC 3,4-DO in the degradation of
phenol at the concentration of 1500 mg/L after long adaptation is shown in the work of
Ma and co-authors [62]. Using the method of transcriptomic analysis, the authors showed
that at the initial stages of phenol utilization by the Burkholderia sp. strain, activation
occurred not only of the genes of the catechol branches of the β-ketoadipate pathway but
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also of the protocatechuate one, although after a day the transcriptional activity of the
PC 3,4-DO coding gene decreased. Unfortunately, this work lacks data on the relative
activity of Cat 1,2-DO and PC 3,4-DO in cells, which helped expand the understanding of
the biodegradation of toxic pollutants by bacteria.

Thus, the amplification of intradiol dioxygenase genes (catA, catA2, pcaH), the high
activity of the corresponding enzymes Cat 1,2-DO and PC 3,4-DO, and the ability of the
strain to grow with phenol and protocatechuate indicate the functioning of the catechol
and protocatechuate branches of the β-ketoadipate degradation pathway of aromatic
compounds in strain 3D.

3.7. Morphology of R. opacus 3D Free-Living Cells

Previously, it was shown that rhodococci are characterized by pleomorphism; their
distinctive feature is a three-stage morphogenetic cycle of development (rod-shaped—
filamentous or branching cells—cocci) [38]. Nevertheless, the study of transitions between
cell forms has shown that it is largely determined by the nature of the growth substrate.
When growing with succinate (Figure 5a), the population of R. opacus 3D cells is repre-
sented by uneven, long sticks of irregular, slightly curved shape. The cell length under
these conditions is mainly in the range from 3 to 5 microns, sometimes (rarely) reaching
~10 microns; the cell diameter is ~0.7–0.8 microns. The process of transition of a population
from a rod-shaped cell shape has taken quite a long time. On the second day of growth, the
cells of the 3D strain began to split (Figure 5b), and cocci up to 1 micron in diameter started
to appear, but only a part of the population cells were affected by this process. The entire
process took about a week, and almost the whole population consisted of cells in the form
of cocci (Figure 5c).

 

Figure 5. Morphology of R. opacus 3D cells under various cultivation conditions. (a) growth with
succinate (1.0 g/L), day 1; (b) growth with succinate (1.0 g/L), day 2; (c) growth with succinate
(1.0 g/L), day 7; (d) growth with phenol (1.0 g/L), 1st day; (e,f) growth with phenol, day 2, 36 and
48 h. Light microscopy. Phase contrast. Scale bar—10 μm.
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Cells germinating in an MS medium with phenol as a growth substrate behaved
identically to cells germinating in a growth medium with a non-toxic substrate; however,
the rate of morphometric changes was significantly different. When cells grew in an MS
medium with phenol (1.0 g/L), a significant elongation of the cell population occurred in
the phase of logarithmic growth, which was accompanied by the formation of elongated
branching cell forms (Figure 5d). The cell length in these conditions reached 15 microns
with a cell thickness of ~0.7–0.8 microns. However, this process took only the first day.
After a day and a half, synchronous fragmentation of these cell forms occurred (Figure 5e),
and under these conditions, by the end of the second day, the cell population was almost
completely represented by cocci with a cell diameter of 0.7–0.8 microns (Figure 5f). This
behavior of cells in the presence of a toxic substrate has been shown for the first time.

3.8. Morphology of Immobilized R. opacus 3D Cells

The analysis obtained from scanning microscopy on the immobilized cells of R. opacus
3D on fiber images showed that the fouling (immobilization) of cells on the fiber surface
occurs discretely in the form of cell clusters and is accompanied by the formation of an
intercellular matrix in the form of layers of films and fibrils, which ensures the connection
of cells with each other and with the fiber surface (Figure 6a,b). Perhaps the matrix also has
a protective function, since it often covers entire groups of cells. Clusters of immobilized
cells differ in size and number of cells contained in them. Single immobilized cells are rare.
Such cells have the form of extended rods with formed septa and non-separated daughter
cells (incomplete stage of division).

(a) (b) 

 
(c) (d) 

Figure 6. Fiber with R. opacus 3D cells immobilized on it when cultured in a liquid mineral medium
in the presence of phenol (1.0 g/L). Scanning electron microscopy. (a,b) are clusters of cells immersed
in the intercellular matrix; (c) are clusters of rod-shaped cells in the logarithmic growth phase; (d) are
coccoid cells in the stationary growth phase. Scale bar: 100 μm (a), 5 μm (b,c) and 2 μm (d).
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The morphology of immobilized R. opacus 3D cells was similar to the morphology of
free cells grown with succinate in a liquid medium during periodic cultivation. Cells in
clusters were represented by either rod-shaped or coccoid shapes. Probably, in each partic-
ular cluster, the cells are at a different stage of development (have a different physiological
status). Clusters with long rod-shaped cells are probably in the logarithmic growth phase
(Figure 6c), and coccoid cells are in the stationary phase (Figure 6d). Most likely, each type
of cluster was started by a single cell, which was at one stage or another of growth at the
time of immobilization. Given the relatively large number of rod-shaped cells, it can be
concluded that the protective effect of immobilization largely minimized the toxic effects
of phenol.

Thus, the behavior of immobilized cells, even in the presence of a toxic substrate,
resembles the growth of cells on a non-toxic substrate with transitions between rod-shaped
and coccoid cell forms. The reason for this may be the protective matrix formed by cells,
which neutralizes the negative effects of a toxic substrate. In addition, it is known that
cells in the attached state are more resistant to the effects of negative factors compared to
free-living ones. This was clearly demonstrated by the example of hydrocarbon-oxidizing
strains of bacteria of the genus Rhodococcus, for which a direct relationship between adhesive
and hydrocarbon-oxidizing activities was shown [63]. Attached Rhodococcus cells retain
viability and high metabolic activity for a long time.

4. Conclusions

The Rhodococcus opacus 3D strain studied in this work was characterized by the ability to
decompose a wide range of toxicants, including alkanes (nonane, decane, undecane, dodecane,
hexadecane), phenol, benzene, toluene, ethylbenzene, naphthalene, 2-hydroxycinamic acid,
coumarin, phthalate, and gentisate. It was previously established that the destruction of
naphthalene by this strain does not imply the formation of salicylate, which is considered a
“classic” intermediate during bacterial decomposition. In this work, the process of phenol
destruction was investigated for both free-living and immobilized cells. As expected, cate-
chol 1,2-dioxygenase and cis,cis-muconate cycloisomerase have been identified as the main
enzymes of phenol degradation by this strain. However, high activity of protocatechuate
3,4-dioxygenase was found in both non-induced and phenol-induced cells, the role of which
in the decomposition of phenol by this strain remains unclear. A distinctive feature of R. opacus
3D cell culture is the ability to decompose phenol in a concentration of up to 1.5 g/L and
2.5 g/L by non-immobilized and immobilized cells, respectively. Moreover, high cell survival
has been shown for this strain. This was expressed in the ability to resume metabolic activity
and decomposition of phenol after storage of immobilized cells for 2 years. This ability allows
us to store prepared biomaterial for the effective removal of phenol from effluents, for example,
in the case of emergent bioremediation.
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