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Editorial

Special Issue: Microscopy Methods for Virus Research

Krishanu Ray 1,2

1 Division of Vaccine Research, Institute of Human Virology, University of Maryland School of Medicine,
725 West Lombard Street, Baltimore, MD 21201, USA; kray@som.umaryland.edu

2 Department of Biochemistry and Molecular Biology, University of Maryland School of Medicine, 725 West
Lombard Street, Baltimore, MD 21201, USA

Significant advances in microscopy methods for biomedical applications have been
made in the past two decades, and these methods are now being actively pursued for virus
research. Implementing quantitative advanced microscopic methods, including optical and
electron microscopy imaging, can provide important information regarding the mechanism
and dynamics of viral infection and identify targets for therapeutic intervention. These
methods are opening new avenues for research in microbiology, particularly with respect
to viruses. Furthermore, improvements in microscopy methods have allowed researchers
to directly examine single viruses in their natural forms, generating new insights into
their structure, function, and mechanism of action over time and/or in three dimensions.
Specifically, recent progress in several super-resolved fluorescence microscopy, single
molecule, and in vivo optical imaging methods, as well as novel fluorescence tags and
electron microscopy methods including cryoEM and cryoET, opens the possibility of
tracking viruses in host–pathogen interactions and evaluating dynamics at the molecular
level. This is fundamental to providing unprecedented information for the development of
interventions and therapeutic strategies. This Special Issue of Viruses brings together seven
original research articles, two reviews and one CryoVirus data descriptor, highlighting the
progress of imaging in the broad area of virus research including HIV-1 and SARS-CoV-2.

The contributions are diverse in scope: one review discussed RNA viral infections with
multiscale microscopic methods, while the other review provided a snapshot of cryoEM for
bridging the structural gap for the underrepresented viruses. One research article reported
a flow cytometry-based application towards quantification of a viral infection. A solution-
based quantitative fluorescence correlation spectroscopy approach conducted in-depth
analyses on the differences between the antigenic properties of the soluble SARS-CoV-2
spike proteins versus the virion-associated envelope spikes. This study underscores the
importance of studying viruses in their native, virion-associated states. A report on the
multiplex microscopy assay evaluated the functioning of therapeutic and serum antibodies
against emerging pathogens. Another article on quantitative fluorescence microscopy
reported on the interactions between hantavirus nucleoprotein and glycoproteins. Addi-
tionally, the imaging of retroviral RNA genome heterodimers was achieved by applying
the fluorescence complementation method. The application of super-resolution microscopy
showed the responses of nuclear pores to mechanical stress. Finally, the use of expansion
microscopy provided a new lens for studying HIV-1–cell interactions.

Viruses 2026, 18, 551 https://doi.org/10.3390/v180505511
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Briefly, the contributions in this Special Issue underscore that the future of virology
is inherently multi-modal. Moreover, these articles point out that the integration of high-
resolution imaging and quantitative analysis is not just an evolution of methods, but an
important step forward in our ability to visualize and combat viral threats.

Conflicts of Interest: The author declares no conflict of interest.

Disclaimer/Publisher’s Note: The statements, opinions and data contained in all publications are solely those of the individual
author(s) and contributor(s) and not of MDPI and/or the editor(s). MDPI and/or the editor(s) disclaim responsibility for any injury to
people or property resulting from any ideas, methods, instructions or products referred to in the content.
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Article

Super-Resolution Imaging of Nuclear Pore Responses to
Mechanical Stress and Energy Depletion

Dariana Torres-Rivera 1, Sobhan Haghparast 2, Bernd Rieger 2 and Gregory B. Melikyan 1,3,*

1 Department of Pediatrics, Emory University, Atlanta, GA 30322, USA; dariana.torres.rivera@emory.edu
2 Faculty of Applied Sciences, Delft University of Technology, 2628 Delft, The Netherlands;

s.haghparast@tudelft.nl (S.H.); b.rieger@tudelft.nl (B.R.)
3 Children’s Healthcare of Atlanta, Atlanta, GA 30329, USA
* Correspondence: gmeliki@emory.edu

Abstract

HIV-1 entry into host cells culminates in integration of the reverse transcribed double-stranded
viral DNA into host genes. Several lines of evidence suggest that intact, or nearly intact, HIV-1
cores—large, ~60 nm-wide structures—pass through the nuclear pore complex (NPC), and
that this passage is associated with pore remodeling. Cryo-electron tomography studies sup-
port the dynamic nature of NPCs and their regulation by cytoskeleton and ATP-dependent
processes. To explore NPC remodeling, we used super-resolution Stochastic Optical Recon-
struction Microscopy (STORM) of U2OS cells endogenously expressing nucleoporin 96 tagged
with SNAP. Single-molecule localization imaging and computational averaging resolved
8-fold symmetric nuclear pores with an average radius of ~51 nm. Depletion of cellular ATP
using sodium azide or antimycin A, previously reported to reduce the size of yeast NPCs, did
not significantly alter the nuclear pore radius in U2OS cells. Similarly, stressing the nuclear
envelope by hypotonic or hypertonic conditions failed to induce detectable expansion or
contraction of NPCs. These results indicate that the NPCs in U2OS cells do not respond to
ATP depletion nor mechanical stresses on changes in pore morphology that can be resolved by
STORM. Since these cells are infectable by HIV-1, we surmise that direct multivalent interac-
tions between HIV-1 capsid and phenylalanine-glycine nucleoporins lining the pore’s interior
drive the core penetration into the nucleus and the associated changes in the pore structure.

Keywords: nuclear pore complex; single-molecule localization microscopy; human
immunodeficiency virus; osmotic stress; ATP depletion

1. Introduction

The nuclear pore complex (NPC) is a ~120 MDa multiprotein complex that spans
the nuclear envelope (NE) and controls the transport of multiple proteins in and out of
the nucleus [1–4]. The NPC is composed of nucleoporins (NUPs), which are classified
as scaffold NUPs and phenylalanine-glycine-NUPs (FG-NUPs). The scaffold NUPs are
structural proteins that form the pore and are directly attached to the NE [2–5]. The Y-
complex is a part of the scaffold and consists of NUP96, NUP107, and NUP133, among
other NUPs [2,5]. The FG-NUPs are flexible NUPs that contain FG repeats, which generates
a liquid-phase separation inside the inner ring of the pore that serves as a selective filter for
transport of host factors [2,6,7].

Viruses 2026, 18, 167 https://doi.org/10.3390/v180201673
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The NPC has been previously considered a static structure that allowed the passage of
molecules in/out of the nucleus in a size-dependent manner. Small molecules permeate
the pore through passive diffusion, while larger molecules require active transport to enter
in the nucleus, which is mediated by transport factors like Importin β [2,3,8,9]. Passive
diffusion through the NPC is generally limited for molecules larger than 60 kDa [2,3].
Furthermore, CryoEM imaging of isolated nuclei suggested that the diameter of the central
pore was ~40 nm [5]. However, recent evidence using Cryo-FIB milling and imaging native,
in cellulo pore structures has revealed that NPCs of mammalian cells have larger inner pore
diameter, close to 64 nm [10–12]. In addition, Zimmerli et al. [13] have shown that yeast
NPCs are dynamic, and that ATP is required to maintain an expanded state of the pore. In
addition, this study and a recent work using expansion fluorescence microscopy have also
found that hyperosmotic shock reduces the NPC size [13,14], suggesting that the nuclear
envelope tension can modulate the pore size. It is worth noting that the pore size can be
heterogeneous within the same cell, and that NPCs located at the bottom and top of the
NE have been reported to have different diameters [14]. Neuronal cell differentiation and
Xenopus oocyte development can also promote changes in the NPC architecture [15–17].
All these findings support the notion that the NPC is a dynamic structure that may, in
principle, allow the passage of very large macromolecular complexes.

Perhaps one of the largest cargoes that can pass through the NPC is the cone-shaped
HIV-1 capsid core, which measures ~60 nm at the widest end [10,18]. The presence of
cone-shaped HIV-1 cores inside the nucleus of infected cells supports the ability of intact or
nearly intact capsid cores to penetrate the NPCs [10,18–23]. Interestingly, a fraction of NPCs
appeared deformed or cracked in the vicinity of HIV-1 capsids inside the nucleus [18,19,24].
These studies support a flexible model for the NPC that can facilitate the passage of very
large macromolecular complexes, like the HIV-1 capsid core.

Based on the above findings, we hypothesize that the nuclear pore may respond to
mechanical stimuli and/or require ATP to sustain an enlarged state. To explore the NPC
dynamics, we used U2OS cells endogenously expressing NUP96-SNAP and performed Single
Molecule Localization (SML) STORM microscopy to visualize the NPC architecture. We first
confirmed that U2OS NUP96-SNAP cells are readily infectable by VSV-G pseudotyped HIV-1,
and that the nuclear import of viral pre-integration complexes is not delayed compared to
parental U2OS cells. Depletion of ATP with sodium azide or Antimycin A did not significantly
affect the NPC radius. Similarly, mechanically stressing the nuclear envelope by osmotic
swelling or by hyperosmotic shock did not cause a detectable increase or decrease of the NPC
diameter, respectively. Taken together, nuclear pore size in U2OS cells appears to be tolerant
to both ATP depletion and mechanical stresses. Comparing our data with previous studies
reporting changes in NPC morphology [10,13,19,25,26], we surmise that the limited spatial
resolution of SML microscopy (around 13 nm) and NPC heterogeneity may mask the potential
effects of NPC stretching and energy depletion on their size. Additionally, differences in cell
types or their physiological state can contribute to NPC’s responses to mechanical stimuli.

2. Methods

2.1. Cells and Reagents

U2OS was obtained from Philip Santangelo (Georgia Institute of Technology, Atlanta,
GA, USA), HEK293T/17 cells from ATCC (#CRL11268, Manassas, VA, USA), and TZM-bl cells
from the BEI Resources (NIAID, NIH; HRP-8129, Manassas, VA, USA). U2OS NUP96-SNAP
clone #33, in which SNAP was knocked-in at the C-terminus of NUP96 using CRISPR/Cas9
technology, was obtained from Cell Lines Services (CLS GmbH #300444, Eppelheim, Ger-
many; see Thevathasan et al., 2019 [27]). All cells were maintained in Dulbecco’s modified

https://doi.org/10.3390/v180201674
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Eagle’s medium (DMEM, Corning, New York, NY, USA, #10-013-CV), supplemented with
10% Fetal Bovine Serum (FBS, Hyclone, #SV30014.03, Logan, UT, USA) and 100 U/mL of
Penicillin/Streptomycin (P/S, Gemini Bio-products #400-109, West Sacramento, CA, USA)
at 37 ◦C, 5% CO2. HEPES-based live cell imaging buffer was obtained from Invitrogen
(#A14291DJ, Waltham, MA, USA). Sorbitol (PHR1006) and reagents used for ATP depletion,
2-deoxy-D-glucose (2-dDG, #D8375-1G), antimycin A (Ant-A, #A8674), and sodium azide
(NaN3, #S8032) were obtained from Sigma (St. Louis, MO, USA).

2.2. Production and Characterization of HIV-1 Pseudoviruses

To produce luciferase reporter viruses, HIV-1 pseudoviruses were made by transfecting
HEK293T/17 cells with pVSV-G (0.5 μg, a gift from Mamuka Kvaratskhelia, U. Denver) and
pNL4-3 R-E Luciferase (2 μg, from Anna Cereseto, University of Trento, Trento, Italy). For
producing fluorescent viruses, cells were transfected with pVSV-G (0.5 μg), NL4-3 eGFP
(2 μg, from Chris Aiken, Vanderbilt, Nashville, TN, USA), and Integrase-superfolder GFP
(pVpr-PC-IN-sfGFP, 0.8 μg; from Anna Cereseto). Transfection was done using JetPrime
reagent (PolyPlus transfection, #114-15), according to the manufacturer’s instructions. Briefly,
plasmids were mixed at 1:2 DNA:JetPrime ratio in 200 μL of JETPrime Buffer and added to
cells. Transfection medium was changed to complete DMEM medium without Phenol Red
(Gibco, ThermoFisher, #31053-028, Baltimore, MD, USA) at 6 h after transfection, and viruses
were collected after 48 h. Cell supernatant was collected and filtered with 0.45 μm of polyether-
sulfone Nalgene syringe filters (ThermoFisher, #725-2545, Waltham, MA, USA), aliquoted and
stored at −80 ◦C. Viruses were characterized by measuring reverse transcriptase activity (RT)
using qPCR [28]. This method measures RT activity as a reference for mature virions.

For PF74 time-of-addition assay, 1 × 104 cells/well of TZM-bl, U2OS, and U2OS NUP96-
SNAP cells were seeded on a 96-well black clear-bottom plate (Corning #3603) and cultured
overnight. NL4-3 Luciferase-expressing pseudovirus in complete DMEM medium were
added to cells (0.8 RTU/mL) and spinoculated at 1550× g for 30 min, 4 ◦C. Medium was
changed to complete DMEM, and cells were incubated at 37 ◦C. Two μM of PF74 (PF-3450074,
Sigma #SML0835, St. Louis, MO, USA) were added at indicated times post-infection (with a
2 h interval) up to 24 h.p.i. Luciferase activity was measured at 48 h.p.i. by mixing 1:1
Luciferase reagent Bright Glow (Promega #2620, Wisconsin, IL, USA) with 1X Glo Lysis Buffer
(Promega #E2661, Madison, WI, USA). Luciferase signal was measured on a PerkinElmer
TopCount NXT (Shelton, CT, USA) luminescence plate reader.

To measure nuclear import of fluorescently labeled viruses, TZM-bl, U2OS, and U2OS
NUP96-SNAP cells were seeded on collagen-coated 8-well coverslips (Nunc Brand #177402,
ThermoFisher, Waltham, MA, USA) at 4 × 104 cells/well and cultured overnight. Cells
were then infected with NL4-3eGFP INsfGFP viruses (0.65 RTU/mL) in complete DMEM
by spinoculation at 1550× g for 30 min, 4 ◦C. Medium was changed with fresh complete
DMEM, and cells were incubated at 37 ◦C for 4 h. Cells were fixed, immunostained
for Lamin with Rabbit Anti-Lamin B1 (AbCam #16048, Cambridge, UK) and secondary
AlexaFluor 647 Goat anti-rabbit IgG (H + L) (ThermoFisher #A21245), and imaged on a
Zeiss LSM880 confocal microscope (Carl Zeiss Group, Oberkochen, Germany).

2.3. ATP Depletion

For ATP depletion experiments, 50 μL of 5 × 105/mL U2OS NUP96-SNAP cells
were seeded in 96-well black clear-bottom plates and cultured overnight. Next day, cells
were washed with Phosphate Buffer Saline without calcium and magnesium (PBS−/−,
Corning #21-040-CV) and incubated with complete medium (DMEM, 10% FBS and
1% P/S, abbreviated (+)Gluc), glucose-free medium (Live cell imaging buffer, 10% FBS

https://doi.org/10.3390/v180201675
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and 1% P/S, abbreviated (−)Gluc), or ATP depletion medium for different times. ATP
depletion medium was made by supplementing (−)Gluc buffer with 10 mM of NaN3 and
6 mM of 2-dDG, or with 10 μM of Antimycin A and 20 mM of 2-dDG. Cell’s ATP levels
were determined using the PerkinElmer ATPlite assay kit (#6016943), following manufac-
turer’s instructions. Briefly, ATP standards were resuspended and serially diluted 1:10.
Cells were then lysed with lysis solution from the kit and shaken for 5 min at 7000 rpm.
After lysis, substrate solution was added to cells and shaken for an additional 5 min at
7000 rpm. Lysates were then incubated for 10 min in dark. The resulting luciferase activity
was measured using the PerkinElmer TopCount NXT luminescence plate reader.

2.4. Osmotic Stretching and Shrinkage of Nuclear Envelope

For osmotic stretching of NE, U2OS NUP96-SNAP cells were seeded in 35 mm collagen-
coated dishes (Corning # 430165) and cultured overnight. Cells were then transiently trans-
fected with 0.2 μg of pSB-CMV-MCS-Puro-cPLA2-EGFP (Addgene #162568, Watertown, MA,
USA) with 1:2 DNA:JETPrime reagent and mixed in 200 μL of JETPrime Buffer. After 6 h,
transfection medium was replaced with complete DMEM medium supplemented with
3 μg/mL aphidicolin (Millipore-Sigma #178273-1MG, Burlington, VT, USA), to prevent cell
division, and cultured overnight at 37 ◦C. To promote nuclear envelope swelling, cells were
treated according to Shen et al. [29] and Enyedi et al. [30]. Briefly, cells were permeabilized
for 5 min at 37 ◦C with 25 μg/mL of digitonin (#43065-0.1; Research Product International
(RPI); Mount Prospect, IL, USA) in the presence of 5% Polyvinylpyrrolidone (PVP360, Sigma
#9003-39-8) dissolved in base medium (BM; 123 mM of KCl, 12 mM of NaCl, 1.94 mM of
MgCl2, 0.28 mM of CaCl2, 1 mM of EGTA pH 7.2 (Sigma #E3889-25G), 10 mM of HEPES
(ThermoFisher Scientific #15630080)). Next, medium was changed to BM containing 5% or
0% PVP360 and incubated for 5 min or 15 min at 37 ◦C, respectively. Cells were then fixed
with 4% Paraformaldehyde (PFA, Electron Microscopy Sciences #15710, Hatfield, PA, USA)
for 10 min, and PFA activity was quenched with 20 mM Tris pH 8.0 (G-Biosciences #R002, St.
Louis, MO, USA) for 5 min at room temperature. Samples were blocked with 20% FBS for
30 min and stained with 0.5 μM SNAP-Surface AF647 (New England Biolabs #S9136S,
Ipswich, MA, USA) with 1 μM of dithiothreitol (DTT, American Bioanalytical #AB00490,
Natick, MA, USA) for 1 h at room temperature.

For shrinkage of NE, U2OS NUP96-SNAP cells were seeded in collagen coated 8-well
chamber coverslips with 3 μg/mL of aphidicolin incubated overnight at 37 ◦C. Cells were
then cultured with 2 M of sorbitol (hyperosmotic condition) for 1 h at 37 ◦C. Cells were
fixed with 2% PFA in the presence of 500 mM of sorbitol for 1 min, permeabilized with
0.1% digitonin also in the presence of 500 mM of sorbitol for 30 min and fixed again with
2% PFA for 10 min at room temperature. Fixation was quenched with 20 mM of Tris pH 8.0
for 5 min. Cells were then blocked with 20% FBS for 30 min and stained with 0.5 μM of
SNAP-AF647 supplemented with 1 μM DTT.

2.5. Preparation of Samples for Imaging

For ATP depletion experiments, U2OS NUP96-SNAP cells (105 cells/well) were seeded
on collagen-coated 8-well chamber coverslips (Nunc Brand #177402) with 3 μg/mL aphidi-
colin, to prevent cell division, and cultured overnight at 37 ◦C. Next day, cells were treated
with (+)Gluc, (−)Gluc or ATP depletion medium (10 mM of NaN3 with 6 mM 2-dDG or
10 mM Antimycin A with 20 mM 2-dDG) at indicated times. For Supplementary Figure S6,
Antimycin A treated samples were co-treated with 2 μM nocodazole (Noco, Honeywell
Fluka, Seelze, Germany), or left untreated, for 4 h. All samples were then pre-fixed with 2%
PFA for 30 s, permeabilized with 0.1% digitonin for 30 min, and post-fixed with 2% PFA for

https://doi.org/10.3390/v180201676
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10 min. PFA was quenched with 20 mM of Tris pH 8.0 for 5 min. Samples were blocked
with 10–20% FBS for 30 min, stained with 0.5–1 μM SNAP-AF647 with 1 μM DTT for 1 h at
room temperature, and washed with 10% FBS.

For STORM imaging, a STORM buffer was prepared based on Nikon’s N-STORM
buffer recommendations [31]. Briefly, Buffer A contained 10 mM of Tris pH 8.0 and
50 mM of NaCl, and Buffer B contained 50 mM of Tris pH 8.0, 10 mM of NaCl, and
10% glucose (D-Glucose anhydrous; Gibco #15023-021) in PBS+/+. GLOX solution was
prepared by adding 14 mg of Glucose Oxidase (Sigma #G2133-50KU) and 50 μL of
catalase (17 mg/mL; Sigma #C40-500MG) into 200 μL of Buffer A. Finally, 50–100 mM
MEA (Cysteamine Hydrochloride; Sigma #M6500-25G) and 1% GLOX solution were
mixed with Buffer B and added to samples. The wells were then sealed with parafilm
and imaged immediately (see below). STORM buffer was replaced every 2 h.

2.6. Confocal and STORM Imaging

Confocal images were taken on a Zeiss LSM880 confocal microscope using a 63×,
1.4NA oil immersion objective. The image dimensions were 512 × 512 pixels, with zoom
of 2 (pixel size of 0.132 μm). The pixel dwell time was 2.05 μs, and 2-line averaging was
used to reduce background noise. Z-stacking was performed with 0.5 μm interval and a
pinhole of 100 μm. Images were taken using the filter sets 488/561/647 nm. SNAP-AF647
was excited with 647 nm laser, and cPLA2-GFP was excited with 488 nm laser.

For STORM images, we used an Oxford Nanoimager (ONi, Oxford, England) SML micro-
scope equipped with an Olympus 100×, 1.4NA oil immersion objective, and a 640 nm dichroic
mirror. The excitation power density was ~4 kW/cm2 for 488/561/647 nm lasers (0.24 kW/cm2

for 405 nm UV laser). Before imaging, a 2-channel color mapping calibration was performed
using 0.1 μm TetraSpeck microspheres (Invitrogen #T7279) emitting in blue, green, orange,
and far red. A mapping calibration with less than 20 nm of Standard Deviation of Errors was
accepted. After calibration, drift correction was tested by imaging coverslip-adhered TetraSpeck
beads with 60 ms exposure time (16 frames per second) using 640 nm and 561 nm lasers, with
100 frames each and with a 45◦ (semiTIRF) illumination angle. Calibration/drift correction was
confirmed by visual inspection of both colors colocalizing. After calibration, cells were imaged
using 60 ms exposure time in a semiTIRF mode, and frames were acquired as follows: (1) 10–40
frames of 640 nm laser excitation with 1.7 mW of laser power; (2) pre-bleaching of SNAP-AF647
with 1500 frames at the highest power (~180 mW) of 640 nm laser; (3) blinking of SNAP-AF647
started at 120 mW of 640 nm laser and imaged for 5000 frames. Blinking was then enhanced
with exposure of 0.2 mW of 405 nm laser in conjunction with 120 mW of 640 nm laser for an
additional 5000 frames.

2.7. Image Analysis and Statistics

Confocal images were processed with Zeiss ZEN (black edition) version 8.0.0.273 software
and ImageJ version 2.3.0. Normalized gray values of nuclear envelope fluorescence were
obtained through line histogram plugin on ImageJ. The volume of nucleus was calculated
using the HKMeans plugin on ICY software version 2.5.4.0 (https://icy.bioimageanalysis.
org/, accessed on 24 January 2026). Half times for HIV-1 nuclear import (T1/2) from PF74
addition were determined by fitting with exponential function using GraphPad Prism 10.3.1.
Fluorescently labeled HIV-1 INsfGFP particles inside the nucleus were counted manually.
Statistical analyses for ATP depletion luciferase assays, nuclear envelope volumes, and NPC
radius were done using GraphPad. Brown-Forsythe and Welch ANOVA were used for all
statistical analyses unless stated otherwise.

https://doi.org/10.3390/v180201677
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For visualizing STORM images, drift correction, filtering, and exporting of localization
coordinates, we used NimOS version 1.19.1 software and the cloud-based CODI (https:
//alto.codi.bio, accessed on 24 January 2026) program developed by ONi. Drift correction
was performed using the built-in drift correction feature in NimOS. Localizations were filtered
by removing localizations with less than 500 photons and with more than 5000 photons. In
addition, events with localization precision worse than 20 nm were discarded. Averaging of
NPCs were performed using a MATLAB 2024b script developed by the Rieger lab (Delft, The
Netherlands) [32,33]. For this analysis, each NPC exhibiting symmetric circular appearance
was manually picked from the field of view by cropping the point cloud with 180 × 180 nm
boxes. For each dataset, all NPCs were initially centered by subtracting their mean localization
coordinate from all coordinates and the cartesian coordinates were then transformed to polar
coordinates ((x, y) → (ρ, θ )). To generate images of averaged NPCs, we applied the template-
free registration-based particle averaging method developed by Wang et al. [33]. Briefly,
individual NPC localizations were iteratively aligned using pairwise registration based on
structural similarity. This process is corrected for translational and rotational variations across
particles. The aligned NPCs were then combined to produce a high signal-to-noise composite
image that emphasizes consistent structure of NPCs. The FRC curve was calculated, as
previously established [34]. Briefly, the dataset was divided into two halves, and each half was
registered, followed by the application of eight-fold symmetry to each particle. This ensures
alignment accuracy and minimizes bias while enhancing the signal-to-noise ratio. After
applying the rotational symmetry, the FRC curve was computed and plotted. By applying a
resolution threshold to the FRC curve, the resolution of the reconstruction was determined,
providing a quantitative assessment of the reconstructed structure.

The mean radius of the pores was computed as follows. First, the localizations were
centered by subtracting their mean coordinates and by transforming the localizations
from Cartesian to polar coordinates, as mentioned previously. The localizations were
superimposed to create a 2D histogram of the NPC SMLs. The radial distance from
center of the localizations were plotted, fitted by a Gaussian distribution and normalized
to the number of localizations. Lastly, the mean μ and standard deviation σ were
calculated from the Gaussian fit. The μ position of the Gaussian does not showcase
the correct average of the pore size, so the peak position was corrected to first order

by − 1
2

(
σ
μ

)2
[17,35]. A total of 100,000–400,000 SMLs from several hundreds to several

thousands of NPCs were used to create the superimposed NPCs and to calculate the
mean radius from the Gaussian fit after removing outliers (SMLs farther than 100 nm
from center and closer than 10 nm from center).

3. Results

3.1. NUP96-SNAP Tag Does Not Affect the HIV-1 Nuclear Import Kinetics

We chose to visualize the NPC complexes by using tagged NUP96, 32 copies of which
are present in the nuclear pore complex [36]. We employed the U2OS cell line in which
the endogenous locus of NUP96 was tagged with SNAP using a CRISPR/Cas9 knock-
in approach (described in Thevathasan et al. [27]). These cells were previously used to
visualize the nuclear pore structure by super-resolution microscopy, yielding a pore radius of
53–56 nm [27,37]. We first tested whether the SNAP-tagged NUP96 can affect HIV-1 nuclear
import and infectivity. Parental U2OS cells and U2OS NUP96-SNAP cells, as well as control
HeLa-derived reporter TZM-bl cells, were infected with NL4-3 pseudoviruses encoding
for luciferase. The kinetics of nuclear import was measured by adding 2 μM of PF74, a
compound that binds to HIV-1 capsid [38,39], at different times post-infection (p.i.) and
reading the resulting luciferase activity at 48 h.p.i. (Supplementary Figure S1A). Since 2 μM

https://doi.org/10.3390/v180201678



Viruses 2026, 18, 167

of PF74 are known to inhibit HIV-1 nuclear import but not reverse transcription [38,40–42],
the luciferase signal as a function of time of PF74 addition reports the HIV-1 nuclear import
kinetics. The overall efficiency of infection was evaluated at the 24 h time point, at which
the signal reached a plateau (Supplementary Figure S1A). The overall efficiency of infection
was ~2-fold lower in U2OS NUP96-SNAP compared to parental U2OS cells, and 4.5-fold
lower than TZM-bl (Supplementary Figure S1A). However, the kinetics of nuclear import
was not delayed by SNAP-tagging of NUP96. The estimated half times (T1/2) of nuclear
import in U2OS NUP96-SNAP and parental cells was 4.1 h and 5.1 h, respectively. These
times were close to T1/2 of 5.3 h for TZM-bl cells. To more directly evaluate the efficiency
of nuclear import, we measured the number of fluorescently labeled HIV-1 cores inside the
nucleus around the half-time of infection (4 h.p.i.) (Supplementary Figure S1B,C). Cells were
infected with NL4-3 pseudoviruses labeled with integrase-superfolder GFP (INsfGFP) and
counted the number of fluorescent spots per nucleus (Supplementary Figure S1C). Although
U2OS NUP96-SNAP cells exhibited fewer HIV-1 cores per nucleus than parental cells, in
agreement with their reduced infectivity (Supplementary Figure S1A), the difference did not
reach statistical significance. These results suggest that the nuclear import of HIV-1 is not
majorly reduced by tagging NUP96. In contrast, the number of nuclear cores in TZM-bl cells
was significantly higher compared to both parental U2OS and U2OS NUP96-SNAP cells,
highlighting cell type-dependent differences in the efficiency of HIV-1 infection.

3.2. ATP Depletion Does Not Cause Detectable Changes in NPC Size

Since the yeast NPCs have been reported to constrict upon depletion of cellular
ATP [13], we asked whether depleting ATP in mammalian cells would have the same effect.
Cells were depleted of ATP using two approaches: (1) incubation with 10 mM of sodium
azide, in combination with 6 mM 2-deoxy-D-glucose (dubbed NaN3), or (2) treatment
with 10 μM of Antimycin A with 20 mM 2-deoxy-D-glucose (Ant-A). Our ATP depletion
protocols were validated by measuring the ATP concentration in U2OS NUP96-SNAP cells
(Figure 1). Cells incubated in HEPES-based imaging buffer without glucose ((−)Gluc) or
in complete cell medium ((+)Gluc) were used as controls (see Section 2). Cellular ATP
concentrations significantly dropped after NaN3 and Ant-A treatment compared to (+)Gluc-
or (−)Gluc-treated cells. ATP depletion with Ant-A was more efficient than with NaN3.
Interestingly, cells treated with (−)Gluc medium contained more ATP than cells treated
in (+)Gluc, suggesting that glucose starvation activates alternative metabolic pathways
to increase ATP production [43–45]. A dramatic depletion of cellular ATP using these
protocols was reproducibly observed in multiple replicates, even after 10 min of incubation
(Supplementary Figure S2). Also, the ATP levels remained the lowest after 4 h of incubation
with Ant-A (Supplementary Figure S2B).

In single-molecule localization microscopy (SMLM), molecules transition between
dark and emissive states, which are localized in each time frame and fitted with a Point
Spread Function model. The fluorescent events are spatially sparsely distributed. Thus, the
position of a molecule can be pinpointed with much higher accuracy than the diffraction
limit. From the estimated positions of many thousands of localizations, a super resolution
image can be reconstructed [46,47].

Using Stochastic Optical Reconstruction Microscopy (STORM), we next measured the
NPC radii in control and ATP depleted cells (Figure 2). Since the average NPC diameter
reported for the Y-complex, comprising NUP96, is ~107 nm [27,48], changes in the pore size
exceeding 20% (~20 nm) should be resolvable by STORM. The NPC structure with NUP96
highlighted is shown in Figure 2A. Cells were depleted of ATP with NaN3 or Ant-A for
30 min, fixed, and stained for NUP96-SNAP with the SNAP-reactive SNAP-AF647 dye.
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Initial examination by confocal microscopy showed no apparent changes in NE morphology
for cells in (+)Gluc vs. ATP depletion buffer (Figure 2B, top). STORM images revealed
NPCs with different appearances with varied apparent spoke arrangements, including the
expected 8-fold symmetry (Figure 2B, middle, inset). The varied pore appearance can be due
to incomplete labeling of NUP96-SNAP, which is around 60% for the SNAP-AF647 dye [27],
and/or may reflect the overall NPC heterogeneity [25,26]. To measure the NPC size, we
manually selected NPCs, from 680 to 2470 NPCs, with a symmetric circular appearance.
Next, the selected pores were centered by subtracting their center of mass, the cartesian
coordinates were transformed into polar coordinates, and all SMLs were superimposed to
form an ensemble of NPC localizations. We also applied a template-free registration-based
composite to the averaged NPC pores to visualize the NPC symmetry (Figure 2B, bottom).
The spatial resolution determined by Fourier Ring Correlation (FRC) analysis was about
13.6 nm for (+)Gluc-treated samples (Supplementary Figure S3), in excellent agreement with
13.3 nm reported by Thevathasan et al. [27] in SNAP-AF647-labeled NUP96-SNAP U2OS
cells. The number of localizations per NPC, and, therefore, the NUP96-SNAP expression
level and/or labeling efficiency were not affected by ATP depletion (Figure 2C,D). We also
found that the nuclear volume did not change after depleting ATP (Figure 2E).

Figure 1. ATP depletion of U2OS NUP96-SNAP cells. Cells were incubated in complete DMEM with
10% FBS ((+)Gluc), in HEPES-based imaging buffer without glucose ((−)Gluc), or in ATP depletion
buffer: 10 mM of sodium azide with 6 mM of 2-deoxy-D-glucose (NaN3) or 10 μM of Antimycin A
with 20 mM of 2-deoxy-D-glucose (Ant-A) at different times. The cellular ATP concentration (in μM)
was measured in triplicate samples using a kit and plotted as mean ± SD. Statistical analysis was
done with two-way ANOVA. (See Supplementary Figure S2 for an independent replicate).

We next calculated the mean radius of NPCs from the superimposed single-molecule
localizations (Figure 3). After aligning the SMLs of the selected pores, the radial distance
from center was measured by fitting the SML distributions with a Gaussian function,
from which we calculated the mean (μ) and standard deviation (σ) (Figure 3A–C, top and
bottom). The calculated mean NPC radius for (+)Gluc samples was 51 ± 12.9 nm, and
for the ATP depleted samples, NaN3 and Ant-A, it was 51 ± 12.8 nm and 51 ± 13.9 nm,
respectively (Figure 3A–D). The difference between the NPC radius in ATP depleted and
(+)Gluc samples was not significant (Figure 3D), and this result was consistent across three
biological replicates (Figure 3E, and Supplementary Figures S4–S6).
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We repeated the ATP depletion experiment by pre-incubating cells for 4 h with Ant-A
and treating with 2 μM of the microtubule (MT) polymerization inhibitor Nocodazole (Noco,
Supplementary Figure S6). Nocodazole was used since MTs are known to interact with the
NPC [49], so their depolymerization could affect the NPC radius. We saw changes in nuclear
envelope morphology in cells treated with Ant-A + Noco compared to (−)Gluc samples or
cells treated with Ant-A alone (Supplementary Figure S6A). We then calculated the pore
radius distributions for (−)Gluc and Ant-A + Noco cells. The mean pore radius did not
significantly change between (−)Gluc (51 ± 13.4 nm) and Ant-A + Noco (51 ± 13.5 nm)
(Supplementary Figure S6D,F). These results show that depleting ATP, alone or combined
with MT depolymerization, does not cause changes in the NPC radius in U2OS cells that can
be detected by single-molecule localization microscopy.

Figure 2. STORM imaging of NPCs on ATP depleted samples. (A) EM density (grey) images of
the NPC with NUP96 highlighted (magenta) viewed from the side, top, and tilted. Structure was
taken from the Protein Data Bank (PDB): 7TBJ. (B) Top: Confocal images of U2OS NUP96-SNAP cells
incubated in complete medium ((+)Gluc) and ATP-depletion media, NaN3 or Ant-A, for 30 min at 37
◦C. Cells were then fixed with PFA, permeabilized, and NUP96-SNAP was stained with the SNAP-
AF647 dye. Shown are representative images of confocal slices at the bottom of the nuclear envelope.
Middle: STORM images (AF647 localizations) of NPCs at the bottom of the nuclear envelope. Scale
bar: 0.5 μm. Inset: zoomed in of one NPC (scale bar 50 nm). Bottom: Images of averaged NPCs from
STORM images. NPCs were selected manually, and averaging was performed using a MATLAB
script. (C) Distribution of the number of SNAP-AF647 dye localizations per NPC obtained by STORM
(panel (B)). Table shows mean localizations per NPC ± SD and the number of NPCs analyzed.
(D) Mean number of localizations for each biological replicate. (See Supplementary Figures S4–S6
for independent replicates). Statistical analysis was done with Brown-Forsythe and Welch ANOVA.
(E) Mean nuclear volumes (μm3) for (+)Gluc, NaN3, and Ant-A treated samples. Shown are
mean ± SD from three biological replicates. Brown-Forsythe and Welch ANOVA were used for
statistical analysis.
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Figure 3. ATP depletion does not change the NPC size. (A–C) Top: Scatter plots showing the
localizations of super imposed NPCs analyzed in Figure 2 for (+)Gluc (A), NaN3 (B), and Ant-A
(C) samples. We aligned the centers of mass for each NPC SMLs, transformed localizations into
polar coordinates, and then superimposed to obtain a density map of all localizations for the
analyzed pores. Shown right is the pseudo color scale for the localization density. Bottom: SML
radial distance histograms were fitted with a Gaussian function (red). The mean radius (μ) and
standard deviation (σ) were calculated from the fitted Gaussian distribution (Top and Bottom, green
lines). The correct average peak position of the localizations is found from the radial histogram
peak by subtracting 0.5σ2/μ2 [17,35] and superimposed onto the combined NPC localizations
(see Section 2; Top, green). (D) The table shows μ ± σ calculated from A-C, number of NPCs
analyzed for each condition, and p-values. (E) Mean SML radial distances from the center for three
biological replicates. For one biological replicate (red symbol), the cells were treated with 2 μM
of Nocodazole in addition to Ant-A ATP depletion (Supplementary Figure S6). Mean ± SD are
plotted. (See Supplementary Figures S4–S6 for results and analyses of independent replicates).

3.3. NPC Size Is Resistant to Stretching and Shrinking of the Nuclear Envelope

Changes in nuclear membrane tension have been reported to alter the NPC diameter [13,14].
We sought to osmotically swell the nucleus to determine whether stretching of the nuclear
membrane would expand the NPCs. To monitor the NE tension, we transfected U2OS NUP96-
SNAP cells with the membrane tension sensor, cytosolic phospholipase A2 fused to GFP
(cPLA2-GFP). This sensor binds to stretched nuclear membranes in a calcium-dependent
manner [29,30]. We then permeabilized the cells with digitonin in the presence or absence of 5%
Polyvinylpyrrolidone (PVP360), a polymer that prevents cell swelling by maintaining osmotic
balance. cPLA2-GFP is evenly distributed across the nucleus in non-swelled nuclear membranes
of permeabilized cells in the presence of 5% PVP360 (Figure 4A). However, in cells with stretched
nuclear membranes (0% PVP360), cPLA2-GFP localizes primarily to the nuclear envelope
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(Figure 4B), thus confirming the generation of tension in the NE. To independently verify
swelling of the nucleus, we also measured the nuclear volume (Figure 4C). Cells incubated
with 5% PVP360 had significantly smaller nuclear volume (2.4 ± 0.9 × 103 μm3) than those
incubated with 0% PVP360 (3.1 ± 1.5 × 103 μm3), confirming nuclear membrane stretching.

Figure 4. Osmotic swelling of nuclear membrane. (A,B) U2OS NUP96-SNAP cells were transfected
with the membrane tension sensor, cPLA2-GFP (green). Twenty-four hours after transfection, cells
were permeabilized for 5 min with 25 μg/mL digitonin in base medium in the presence of 5%
Polyvinylpyrrolidone (PVP360) to prevent cell swelling. Scale bar 5 μm. (A,B). Permeabilization
medium was removed, and cells were further incubated with 5% PVP360 for 5 min (A) or in 0%
PVP360 for 15 min (B). Pre-permeabilized samples were fixed and stained with SNAP-AF647 dye
(magenta). Left: Representative images of a middle section of the nuclear envelope (NE). Right:
Images of individual cPLA2 and SNAP channels. Below each image are line histograms of the
normalized intensities of cPLA2 (green) and SNAP (NE, magenta), corresponding to lines drawn
across the nuclei on the confocal images. (C) Distributions of nuclear volumes (in μm3) of stretched
(0% PVP360) and non-stretched (5% PVP360) nuclei. Shown are means ± SD, n = Number of nuclei.
Statistical analysis was done using Welch’s t-test.

STORM imaging of stretched and unstretched nuclear membranes yielded the mean of
NPC radius for permeabilized cells in the presence or absence of 5% PVP360 of 51 ± 13.3
nm and 51 ± 12.9 nm, respectively. In control experiments, the mean radius of samples fixed
before permeabilization was about 51 ± 12.9 nm, all in excellent agreement with Figure 3
(Figure 5B–E). We found no significant change in the mean radial distance between each
condition across three biological replicates (Figure 5F and Supplementary Figures S7 and S8).
In summary, our results suggest that osmotically stressing the nuclear membrane does not
cause detectable changes in the pore radius.

In addition to osmotically swelling the nucleus, we also tested the effect of shrinkage
through exposure to hypertonic buffer [13,14]. We incubated U2OS NUP96-SNAP cells in 0
M or 2 M of sorbitol for 1 h, fixed and stained for NUP96-SNAP. As expected, the nuclear
volume was significantly reduced in cells treated with 2 M of sorbitol compared to the
control (Supplementary Figure S9A,B). Interestingly, the difference in the overall mean
pore radius was highly significant (Supplementary Figure S9C–E). However, the difference
was ~0.3 nm and, in addition, falls within the standard deviation, which suggests that the
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significant difference might be due to high sample size and does not necessarily reflect
significant changes in the pore radius.

 

Figure 5. Stretching the nuclear envelope does not change the NPC radius. (A) STORM images of
U2OS NUP96-SNAP cells either fixed before permeabilization (Pre-fixed) or pre-permeabilized with
25 μg/mL of digitonin and incubated under swelling (0% PVP360) or not swelling (5% PVP360)
conditions, as in Figure 4. Cells fixed prior to permeabilization were used as a control. NUP96-SNAP
was stained with the SNAP-AF647 dye. Shown are representative images at the bottom of the nuclear
envelope. Scale bar: 0.5 μm. (B–D) Same as in Figure 3. Top: Scatter plots showing the radial
distributions of single-molecule localization densities of superimposed NPCs selected from (A),
aligned at their center of mass. Shown right is the pseudo color scale for the localization density.
Bottom: SML radial distance histograms were fitted with a Gaussian function (red). The μ and σ were
calculated from the fitted Gaussian distribution (Top and Bottom, green lines). (E) The table shows
μ ± σ calculated on (B–D), number of NPCs analyzed for each condition and p-values. (F) Mean
SML radial distances from the center for three biological replicates. Mean ± SD are plotted. (See
Supplementary Figures S7 and S8 for analysis of independent replicates).

4. Discussion

The nuclear pores have been used as reference for SML imaging by using antibodies,
direct tags like self-labeling SNAP or Halo tags that covalently react with organic dyes, or by
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transient interactions with labeled DNA strands to perform DNA-PAINT imaging [27,37,50].
DNA-PAINT affords better spatial resolution while yielding the NPC radius close to
that measured by direct STORM of NUP96-SNAP using SNAP-AF647 dye [27,37]. Our
STORM imaging of U2OS NUP96-SNAP cells yielded a mean NPC radius of ~51 nm.
The spatial STORM resolution of AlexaFluor647-labeled NUP96-SNAP pores estimated
by FRC, SML alignment, and Gaussian fitting was ~13 nm, which is consistent to the
previously established spatial resolution of ~13.3 nm by the same group [27]. Within this
limit, we did not detect significant changes in the mean NPC radius after ATP depletion
or upon stretching/shrinking the nuclear envelope through osmotic stresses. In some
cases, difference in the mean radius would appear significant, but the actual change in the
radius was less than 1 nm, which is more than 10 times less than previous studies showing
changes in NPC radius and would rather suggest sample-to-sample variation and/or a
result of a very large SML sample size.

Our findings contrast with the cryo-ET study reporting contraction of yeast NPCs in
the absence of ATP and under hypertonic conditions [13]. This discrepancy may be related
to the differences in yeast and mammalian NPC composition. For example, Saccharomyces
cerevisiae has 16 total copies of the Y-complex scaffold per NPC, compared to 32 copies in the
human NPC [3,48,51,52]. Similarly, Schizosaccharomyces pombe has an asymmetric Y-complex
distribution across the NPC, with more subunits in the nucleoplasmic ring (NR) than in the
cytoplasmic ring (CR) [13,48]. ATP depletion in S. pombe resulted in a marked reduction
of pore’s diameter by ~20 nm at the CR and inner ring (IR), while the NR diameter was
reduced by only ~8 nm [13]. This result suggests that the double Y-complex at the NR in
S. pombe cells may provide more rigidity compared to CR and IR. In addition, the Y-complex
of S. cerevisiae lacks two NUPs, which are present in the human Y-complex [3,48,51,52].
These structural differences may allow the yeast NPC to respond more readily to energy
depletion and mechanical stimuli than the human nuclear pore. Note that depletion of
the members of Y-complex, NUP96 or NUP133, resulted in a loss of NR and CR spokes
and increased the IR diameter in mammalian cells [11,15]. This result supports the role of
Y-complex in regulating the rigidity and symmetry of the NPC, while the IR might be more
flexible and prone to change its diameter than the CR and NR [11,15]. Future studies using
endogenously tagged NUPs located in the central channel, such as NUP54, may enable
detection of NPC remodeling by STORM. STORM Imaging of NUP54 will likely yield a
smaller apparent pore radius, thereby providing a positive control for our ability to resolve
changes in the NPC size.

In addition to energy depletion, changes in NE tension have also been shown to impact
the NPC size and permeability [13,14,53,54]. Hypertonic conditions appear to shrink the
nucleus and reduce the NPC diameter in yeast and mammalian cells [13,14]. Conversely,
stretching the NE increases the NPC size, as determined by cryo-ET, and induces nuclear
translocation of the mechanosensing YAP transcription factor [53,54]. However, such
mechanical stress-induced changes in pore diameter were not detectable by our STORM
imaging. One reason for the apparent discrepancy with our data may be the inferior spatial
resolution of STORM imaging compared to cryo-ET and TEM used by others. However,
these studies showed changes of about 20 nm in NPC diameter, which falls within the
resolution limit of STORM. In addition, expansion microscopy [14], which achieves a similar
spatial resolution to that of STORM, detected NPC shrinking in human cells by hypertonic
shock. We also cannot rule out possible paraformaldehyde fixation artifacts masking the
pore remodeling, but such prefixation has also been used for expansion microscopy [14]. In
addition, labeling efficiency of SNAP with SNAP-AF647 dye and SNAP-tagging of NUP96
might affect the resolution limit or the NPC structure and dynamics, respectively. While the
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reasons for these apparent discrepancies are presently unclear, detection of morphological
changes in NPC could be affected by the cell type, method used for sample preparation,
and/or imaging modality.

Our results indicate a surprising resistance of NPCs of human U2OS cells to mechanical
stimuli and the lack of reliance on active ATP energy-dependent processes for maintaining the
pore architecture. Since cryo-ET studies have revealed a marked reduction in pore diameter
in isolated nuclei vs. intact cells [5,10,11,24], our future STORM experiments will compare the
NPC diameters in intact U2OS cells and isolated nuclei. In addition, we will employ a DNA-
PAINT approach to achieve a higher photon budget and better localization precision [37].
Once our ability to detect NPC remodeling is validated, we will employ 2-color STORM to
assess the effects of HIV-1 docking on the shape and diameter of nuclear pores.

Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/v18020167/s1. Figure S1: HIV-1 infection of U2OS endogenously
expressing NUP96-SNAP. Figure S2: ATP depletion in U2OS NUP96-SNAP cells, second biological
replicate. Figure S3: Spatial resolution of (+)Gluc treated cells. Figure S4: Effects of ATP depletion on
the NPC size distribution (second replicate). Figure S5: Effect of ATP depletion with NaN3 on the
NPC size, third replicate. Figure S6: Effects of ATP depletion with Antimycin A and microtubule
depolymerization with Nocodazole on NPC size. Figure S7: Effects on nuclear envelope swelling on
NPC size (second biological replicate). Figure S8: Effects on nuclear envelope swelling on NPC size
(third biological replicate). Figure S9: Shrinkage of the nuclear envelope with hypertonic medium
does not change the NPC radius.
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In-cell architecture of the nuclear pore and snapshots of its turnover. Nature 2020, 586, 796–800. [CrossRef] [PubMed]

https://doi.org/10.3390/v1802016718



Viruses 2026, 18, 167

53. Elosegui-Artola, A.; Andreu, I.; Beedle, A.E.M.; Lezamiz, A.; Uroz, M.; Kosmalska, A.J.; Oria, R.; Kechagia, J.Z.; Rico-Lastres, P.;
Le Roux, A.-L.; et al. Force Triggers YAP Nuclear Entry by Regulating Transport across Nuclear Pores. Cell 2017, 171, 1397–
1410.e14. [CrossRef] [PubMed]

54. Meng, X.; Zhu, Y.; Tan, H.; Daraqel, B.; Ming, Y.; Li, X.; Yang, G.; He, X.; Song, J.; Zheng, L. The cytoskeleton dynamics-dependent
LINC complex in periodontal ligament stem cells transmits mechanical stress to the nuclear envelope and promotes YAP nuclear
translocation. Stem Cell Res. Ther. 2024, 15, 284. [CrossRef] [PubMed]

Disclaimer/Publisher’s Note: The statements, opinions and data contained in all publications are solely those of the individual
author(s) and contributor(s) and not of MDPI and/or the editor(s). MDPI and/or the editor(s) disclaim responsibility for any injury to
people or property resulting from any ideas, methods, instructions or products referred to in the content.

https://doi.org/10.3390/v1802016719



Article

Imaging Retroviral RNA Genome Heterodimers Using
Bimolecular Fluorescence Complementation (BiFC)

Eunice C. Chen 1, Rebecca K. Maldonado 2,3 and Leslie J. Parent 2,3,*

1 Department of Medicine, Division of Pulmonary, Allergy, and Critical Care Medicine, Penn State College of
Medicine, Hershey, PA 17033, USA; exc281@psu.edu

2 Department of Molecular & Precision Medicine, Penn State College of Medicine, Hershey, PA 17033, USA;
rjk297@psu.edu

3 Department of Medicine, Division of Infectious Diseases and Epidemiology, Penn State College of Medicine,
Hershey, PA 17033, USA

* Correspondence: lparent@psu.edu

Abstract: Retroviruses are single-stranded RNA viruses that package two copies of their
positively stranded RNA genomes as a non-covalent dimer into newly formed virions.
This process is evolutionarily conserved, and disruption of genome dimerization results
in production of non-infectious virus particles. Genome dimers can be packaged as ho-
modimers, containing two identical RNAs, or heterodimers, consisting of two genetically
distinct copies. Genome dimerization generates genetic diversity, and different retroviruses
have preferences for the type of genome dimers packaged into virions. We developed a
novel imaging approach to specifically label and detect retroviral genome heterodimers in
cells using a modified bimolecular fluorescence complementation (BiFC) technique. This
method utilizes viral genomes encoding two different RNA stem-loop cassettes that each
specifically binds to an RNA-binding protein conjugated to a split fluorophore. When
two genetically different genomes are within close proximity, the fluorophore halves come
together to reconstitute fluorescence. These BiFC-labeled RNA dimers can be visualized
and tracked in living cells and interact with retroviral Gag proteins. This method has the
advantage of low background fluorescence and can be applied to the study of dimeric or
double-stranded RNAs of viruses and other organisms.

Keywords: RNA genome dimer; retroviruses; RSV; RNA-RNA intermolecular interactions;
bimolecular fluorescence complementation; confocal microscopy; fluorescence imaging

1. Introduction

Retroviruses are significant pathogens of humans and animals, causing a variety of
cancers and immunodeficiency syndromes. Their single-stranded, positive-sense RNA
genomes are packaged as non-covalently linked dimers into virions that are released from
the plasma membrane of infected cells. Genome dimerization is conserved amongst all
Orthoretrovirinae, including Rous sarcoma virus (RSV), human immunodeficiency virus
(HIV), and murine leukemia virus (MLV). Genome dimerization plays several significant
roles in the virus replication cycle, including regulating the translation of viral proteins,
facilitating strand transfer reactions during reverse transcription, and generating diversity
through recombination of genetically distinct RNAs, all of which are advantageous for the
virus [1–14]. Disruption of genome dimerization or mutation of the dimer initiation site
near the 5′ end of the genome results in production of noninfectious virus particles.
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The characteristics of retrovirus genome dimerization have been explored in vivo over
the years, specifically to examine whether retroviruses package genome heterodimers (two ge-
netically distinct copies of the genome dimerize and are co-packaged) or genome homodimers
(two genomes identical in sequence dimerize and undergo packaging) [13,15–22]. Moloney
MLV genomes dimerize co-transcriptionally in the nucleus, resulting in the preferential packag-
ing of genome homodimers [16–19]. In lentiviruses, such as HIV type 1, genome dimerization
occurs in a random fashion and there is no preference for packaging genome heterodimers
or homodimers [9,13,20,22]. In the Alpharetrovirus RSV, genome heterodimers have been
visualized in the nucleus, cytoplasm, and at the plasma membrane, indicating that dimers
may arise during or shortly after transcription [15]. Both heterodimers and homodimers were
detected in RSV particles, although homodimers were preferentially packaged.

The above in vivo studies utilized single-molecule RNA labeling methods to visualize
retroviral RNA genomes within cells and single virions. These methods include the use
of RNA aptamer and stem-loop systems as well as single-molecule RNA fluorescence in
situ hybridization (smFISH). In the RNA aptamer and stem-loop system, a cassette of
RNA stem-loops is inserted into the RNA of interest, and these loops are bound with
high affinity by a protein that has been fused to a fluorophore (reviewed in [23–27]). The
original stem-loop system used is the MS2 coat protein (CP) system, derived from the
MS2 bacteriophage [28–33], in which 24 copies of the MS2 stem-loop inserted into the
RNA are bound by the fluorophore-labeled MS2 CP (MCP). The MS2-MCP complex can
be visualized by microscopy throughout all cellular compartments, including the nucleus,
as long as the MCP contains a nuclear localization signal [28]. RNA stem-loops such as
these do not naturally occur in mammalian cells, so the fluorophore-tagged MCP will not
label other mammalian RNAs [25]. However, there can be diffuse background fluorescence
signal present when MCPs not bound to their cognate RNAs accumulate in the nucleus.
Other stem-loop aptamer systems that have been developed include the BglG binding
protein (Bgl), based on the Escherichia coli BglG protein [20], and the PP7 CP (PCP), derived
from the PP7 bacteriophage [31,34]. Similarly to the MS2-MCP system, the fluorophore-
tagged Bgl and PP7 proteins contain a nuclear localization signal to allow visualization of
RNA-protein complexes within the nucleus and dispersed throughout the cell.

In this study, we used two different stem-loop aptamer systems combined with bi-
molecular fluorescence complementation (BiFC) to specifically visualize retroviral genome
heterodimers within cells. We constructed plasmids to express the MCP fused to the N-
terminal half of the Venus fluorophore (MS2-VN) paired with constructs expressing the
C-terminal half of the Venus fluorophore fused to either Bgl binding protein (Bgl-VC) or
PCP (PP7-VC). When two retroviral genomes containing distinct RNA aptamers bound to
VN or VC are in close proximity, the Venus fluorophore will be reconstituted to generate
fluorescence visible by microscopy [35–39]. Normally, fluorescently tagged MS2, Bgl, and
PP7 proteins have diffuse signals in the cell unless bound to their respective RNA aptamers.
With BiFC, there is less diffuse background signal because there will only be fluorescence
when the proteins bind their target RNAs and the RNAs dimerize, reforming the Venus
fluorophore. Using this approach, we demonstrated that BiFC-labeled genome dimers are
visible as functional fluorescently labeled punctate foci that traffic through the cell and
interact with viral Gag proteins. The BIFC labeling system for RNA labeling can be used in
both fixed-cell imaging and live-cell imaging with minimal background fluorescence.

21



Viruses 2025, 17, 1112

2. Materials and Methods

2.1. Plasmid Construction

The replication-competent RSV provirus construct (RC.V8) [40] was used as the back-
bone to generate a construct containing a cassette of either 24 MS2 loops (RC. MS2) [28],
18 BglG loops (RC. Bgl) [20], or 24 PP7 loops (RC. PP7) [31] inserted between gag and pol
to specifically label unspliced viral RNA. pCR4-24XMS2SL-stable was provided by Dr.
Robert Singer (Albert Einstein Medical College, Bronx, NY, USA) (Addgene plasmid #
31865; http://n2t.net/addgene:31865; RRID:Addgene_31865) [28], as was pCR4-24XPP7SL
(Addgene plasmid # 31864; http://n2t.net/addgene:31864; RRID:Addgene_31864) [31].
The BglG loops were removed from GagCeFP-BglSL, a gift from Dr. Wei-Shau Hu (Na-
tional Cancer Institute at Frederick, Frederick, MD, USA) [20]. These constructs were then
modified to insert the cfp gene after the gag gene (RC.GagCFP.MS2, RC.GagCFP.Bgl, and
RC.GagCFP.PP7) to encode an internally expressed GagCFP as previously described [15,41].
The MS2-YFP construct was a gift from Dr. Robert Singer, the Bgl-mCherry was a gift
from Dr. Wei-Shau Hu. phage-ubc-nls-ha-tdPCP-gfp was provided by Dr. Robert Singer
(Addgene plasmid # 40650; http://n2t.net/addgene:40650; RRID:Addgene_40650). The
PP7 coat protein was moved into the Bgl-mCherry backbone and the fluorophore was
swapped out. The Venus fluorophore was split according to a previously published strat-
egy [42]. The N-terminal 173 amino acids of Venus were fused to either BglG binding
protein (Bgl-VN) or PP7 CP (PP7-VN) and the C-terminal 155 amino acids of Venus were
fused to MCP (MS2-VC). pDEST-Sun1-mCherry was a gift from Dr. Jan Karlseder (Salk
Institute for Biological Studies, La Jolla, CA, USA) [43].

2.2. Cell Culture and Transfection

Experiments were performed in QT6 cells [44], a chemically transformed quail fi-
broblast cell line maintained in F10 medium supplemented with 10% fetal calf serum,
9% tryptose phostphate, 1% chicken serum, penicillin and streptomycin, and amphotericin
B and cultured at 38.5 ◦C with 5% CO2. Cells were transfected with the calcium phosphate
method [45]. For fixed-cell microscopy, cells were grown on glass coverslips. Twenty-four
hours post-transfection, coverslips were fixed in 3.7% formaldehyde/PBS at room temper-
ature, washed in PBS, 4′,6-diamidino-2-phenylindole (DAPI, MilliporeSigma, Rockville,
MD, USA) stained, and mounted onto glass slides with Prolong diamond antifade (Ther-
moFisher Scientific, Waltham, MA, USA). For live-cell microscopy, cells were grown on
glass-bottomed cell culture dishes (Mattek) prior to transfection, then washed once with
1x PBS, and phenol red-free imaging media was added prior to imaging (ThermoFisher
Scientific, Waltham, MA, USA). For instances in which nuclei were labeled with DRAQ5
(ThermoFisher Scientific, Waltham, MA, USA), cells were incubated with primary growth
medium containing DRAQ5 for 1 h at 37 ◦C.

2.3. Microscopy, Image Acquisition, and Image Analysis

Microscope images were obtained on a SP8 confocal microscope (Leica Microsystems,
Wetzlar, Germany) using a 63x oil-immersion objective, and UV, white light, and argon
lasers. Z-stacks were obtained with thickness of 0.3 μm through the width of the nucleus (as
indicated by DAPI staining). Live-cell imaging was performed with the same microscope
using a heated live-cell stage with a 63x water-immersion objective.
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Images presented in Figures 2B,C and 3A were subjected to Huygens Professional 24.10
deconvolution (Scientific Volume Imaging, Hilversum, Netherlands) using the classical
maximum likelihood estimation (CMLE) algorithm. Further image analysis and processing
was completed using Imaris 10.2.0 (Bitplane an Oxford Instruments Company, Belfast,
United Kingdom). Z-stacks were used to create cross-sections of the x, y; z, y; and x,
z dimensions of the cell. Co-localization was assessed via signal-based analysis using
Imaris and displayed as a white co-localization channel. The Imaris spot function was used
to identify Gag, RNA dimers, and/or co-localized foci and to perform particle tracking.
Histograms of all images were adjusted and images that were not deconvolved were
subjected to a Gaussian filter.

3. Results

3.1. Visualization of Genome Heterodimers Within the Cell

To detect intracellular genomic RNA heterodimers, we co-transfected two genetically
distinct retroviral genomes containing MS2 and Bgl RNA stem-loops or MS2 and PP7
RNA stem-loops with their respective binding proteins fused to a split Venus fluorophore
(VN or VC). A schematic diagram of the viral constructs is shown in Figure 1A. The RNA
stem-loops are located between gag and pol and therefore will only label unspliced viral
RNAs, which are packaged into virions as the viral genome. Fluorescence is visible when
the genomes are in close proximity, allowing the Venus fluorophore to reform (Figure 1B).
To check for possible nonspecific background fluorescence, we co-expressed either PP7-VN
or Bgl-VN with MS2-VC without their respective RNA stem-loops, and BiFC signal was not
produced (Supplemental Figure S1). RSV genome constructs containing MS2 loops and PP7
loops with their respective split fluorophore-fused binding proteins were co-transfected
into quail fibroblast QT6 cells, fixed with paraformaldehyde, and then imaged by confo-
cal microscopy. Fluorescent Venus foci representing BIFC-labeled genome heterodimers
were visible in the nucleus, cytoplasm, and along the plasma membrane (Figure 2A). A
cross-section was generated from a Z-stack with cross-hairs (white arrows) marking a
genome heterodimer, which can be seen in the nucleus (DAPI, white outline) in three
dimensions. Genome heterodimers were also observed in the cytoplasm (magenta arrow)
and appeared to be located along the plasma membrane (cyan arrow). Each fluorescent
focus represented one or more genome heterodimers, composed of two genetically dis-
tinct retroviral RNA genomes, consistent with our previous studies showing that RSV
genome heterodimers were present in all three locations in the cell [15]. When the BIFC-
labeled MS2 (RC.GagCFP.MS2-24x + MS2-VC) and PP7 (RC.GagCFP.PP7-24x + PP7-VN)
genome heterodimers (green) were visualized with Gag-CFP (red), colocalization (white)
of genome heterodimers with Gag-CFP was seen within the nucleus (DAPI, white out-
line), as shown in three dimensions (Figure 2B). Similar results were obtained when MS2
(RC.GagCFP.MS2-24x + MS2-VC) and Bgl (RC.GagCFP.Bgl-18x + Bgl-VN) heterodimers
(green) were expressed with Gag-CFP (red), and co-localized foci (white) were observed in
the nucleus, cytoplasm, and at the plasma membrane (Figure 2C). Together these results
demonstrated that both BiFC RNA stem-loop systems (MS2 + PP7 and MS2 + Bgl) were
effective at labeling genome heterodimers in fixed cells.
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Figure 1. Overview of the bimolecular fluorescence complementation (BiFC) method used to visualize
RSV genome dimers. (A) Schematic of the constructs used in this study. The MS2 CP was fused
to the C-terminus of Venus to create MS2-VC, while Bgl binding protein or PP7 CP were fused to
the Venus N-terminus (Bgl-VN and PP7-VN). Three RC.V8 constructs were generated to express
GagCFP in cis and contained either 24 MS2 stem-loops (RC.GagCFP.MS2-24x), 18 Bgl stem-loops
(RC.GagCFP.Bgl-18x), or 24 PP7 stem-loops (RC.GagCFP.PP7-24x). The split-fluorophore tagged
proteins specifically bind their respective stem-loops. (B) When RC.GagCFP.MS2-24x bound to
MS2-VC dimerized with either RC.GagCFP.Bgl-18x bound to Bgl-VN or RC.GagCFP.PP7-24x bound
to PP7-VN, the Venus fluorophore will be reconstituted allowing for fluorescence to occur. In the
absence of RNA binding, the coat proteins do not fluoresce (see Supplementary Figure S1).
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Figure 2. Labeling RSV genome heterodimers in fixed cells. (A) QT6 cells were transfected with
RC.MS2-24x, MS2-VC, RC.PP7-24x, and PP7-VN. The RC.MS2-24x and RC.PP7-24x constructs did
not express an internal Gag-CFP fusion protein. Z-stacks were collected via confocal microscopy
and used to generate a cross-section. RNA genome heterodimers appeared as green foci throughout
the cell. The white crosshairs and arrow indicate an RNA genome heterodimer in the nucleus
(DAPI, dashed white outline). Foci were also observed in the cytoplasm (magenta arrow) and at the
plasma membrane (cyan arrow). (B) Z-stacks of cells expressing RC.GagCFP.MS2-24x + MS2-VC and
RC.GagCFP.PP7-24x + PP7-VN were used to generate cross-sections. An RNA genome heterodimer
(green, left panel) was seen in the nucleus (DAPI, dashed white outline) as indicated by the white
cross-hairs and arrow. The RC.V8 genome constructs express Gag fused to CFP (red). A Gag-genome
heterodimer complex was observed in the nucleus (center panel, white arrow). A colocalization
channel was generated and revealed Gag-genome heterodimer complexes (white) in the nucleus,
cytoplasm and the plasma membrane (right panel). The focus of interest is outlined in the white
square and included in the X,Y zoom in (right). (C) Cells co-expressing RC.GagCFP.MS2-24x + MS2-
VC and RC.GagCFP.Bgl-18x + Bgl-VN (left panel) contained RNA genome heterodimers (green) in
the nucleus (white arrow), cytoplasm (magenta arrow), and plasma membrane (green arrow). When
Gag-CFP was visualized (red), Gag-genome heterodimer complexes were visualized in the nucleus,
cytoplasm, and plasma membrane (white, magenta, and green arrows, respectively; center panel).
Cytoplasmic and plasma membrane complexes are included in the inset. A colocalization channel
was generated (white, right panel) revealing Gag-genome heterodimer complexes in the nucleus
(white arrow), cytoplasm (magenta arrow), and at the plasma membrane (cyan arrow). Nuclear
localization was confirmed by three-dimensional cross-sections of Z-stacks in the x,y; x,z; and z,y
planes. Scale bar = 1 μm.
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3.2. Live-Cell Imaging of BiFC-Labeled Genome Heterodimers in the Nucleus

Next, the BiFC system was used in living cells to visualize and characterize
RSV genome heterodimers. QT6 cells were co-transfected with plasmids expressing
RC.GagCFP.MS2-24x, RC.GagCFP.PP7-24x, MS2-VC, and PP7-VN. Cells were stained
with DRAQ5 (blue) to visualize the nucleus (nuclear DNA) and live-cell microscopy was
performed at a rate of approximately 3 frames sec−1. An individual frame extracted from
the imaging series shows a genome heterodimer in the nucleus (Figure 3A). In a subsequent
experiment, Sun1-mCherry was co-transfected to mark the inner leaflet of the nuclear
membrane (white dashed line) and QT6 cells were co-transfected with plasmids expressing
RC.GagCFP.MS2-24x, RC.GagCFP.Bgl-18x, MS2-VC and Bgl-VN (Figure 3B). A genome
heterodimer (green) and Gag (red) were visualized moving together inside the nucleus.
Particle tracking was performed using Imaris software (indicated by red and green over-
lapping circles) at times 0, 18 and 54 secs. The visualization of a genome heterodimer: Gag
complex within the nucleus suggests that genome dimerization in RSV can occur in the
nucleus, as previously demonstrated [15], and dimers can be recognized by the nuclear
Gag protein to form a viral ribonucleoprotein complex.

 

Figure 3. Live-cell imaging of nuclear RSV genome heterodimers. (A) QT6 cells were transfected
with plasmids expressing RC.GagCFP.MS2-24x, RC.GagCFP.PP7-24x, PP7-VN, and MS2-VC. DRAQ5
was used to visualize the nucleus (blue). A genome heterodimer was tracked in the nucleus within a
single confocal z-slice imaged approximately every 3 s. In a still image obtained at 24 s, a genome
heterodimer (green focus) was visible within the nucleus (blue, dashed line). (B) QT6 cells were
transfected with plasmids encoding RC.GagCFP.MS2-24x, RC.GagCFP.Bgl-18x, Bgl-VN, and MS2-
VC. Sun1-mCherry was used to mark the inner leaflet of the nuclear membrane (blue). A complex
containing RNA genome dimer (green) with Gag-CFP (red) colocalized in the nucleus and trafficked
together. A colocalization channel (white) is shown in the upper right corner of the image, indicating
that the red and green foci were overlapping. Scale bar = 0.5 μm.

3.3. BiFC-Labeled Genome Heterodimers Co-Localize with GagCFP in the Cytoplasm and at the
Plasma Membrane

BiFC-labeled genome heterodimers were visualized co-localizing with Gag-CFP in
the fixed cells shown in Figure 2. We sought to further characterize dynamic interactions
of genome heterodimers and Gag using live-cell microscopy (Figure 4, Supplementary
Videos S1–S3). QT6 cells were co-transfected with plasmids expressing retroviral genomes
containing MS2 or Bgl RNA stem-loops and a Gag-CFP fusion protein (RC.GagCFP.MS2-
24x and RC.GagCFP.Bgl-18x), the split fluorophore-tagged binding proteins (MS2-VC and
Bgl-VN), and Sun1-mCherry to label the inner nuclear membrane. A single Z-plane was
imaged approximately every 3 s. Colocalization between BiFC-labeled genome heterodimer
foci (green) and Gag-CFP (red) was assessed via the generation of a colocalization channel
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(white). We then performed particle tracking of the heterodimers (green), Gag-CFP (red),
and the colocalized signal (white). We focused on colocalized genome heterodimers and
Gag-CFP foci that remained together throughout the duration of the movie (54 s), as
demonstrated by the green (dimer), red (Gag), and white (colocalization) tracks in Figure 4.
The Gag-genome heterodimer complex trafficked together over time in the cytoplasm,
along the outer aspect of the nuclear membrane (labeled by Sun1 in blue and indicated by
a white dashed line). The insets show an enlarged image of the tracked co-localized foci
containing Gag and genomic RNA foci.

Figure 4. Live-cell imaging of RSV Gag-genome heterodimer complexes. QT6 cells were transfected
with RC.GagCFPMS2-24x, MS2-VC, RC.GagCFP.Bgl-18x, and Bgl-VN. Sun1-mCherry was used to
outline the inner nuclear membrane (blue). A single confocal Z-slice was imaged approximately
every 3 s. RNA heterodimers appeared as green signal and form discrete foci. An RNA heterodimer
(green line) and a Gag-CFP focus (red line) trafficked together in the cytoplasm (cyto) near the nuclear
rim over time. A colocalization channel (white) was generated and tracked (white circle and line).
Zoomed in images of the particles are included to show more detail (inset). Scale bar = 1 μm.

4. Discussion

We present a novel BiFC technique to selectively visualize retroviral genome het-
erodimers within fixed and living cells. We designed three-separate RSV constructs con-
taining RNA stem-loop cassettes derived from MS2, Bgl, or PP7 that bind their cognate
RNA binding proteins (MCP, Bgl, or PCP). The RNA binding proteins were fused to either
the N-terminal or C-terminal half of the Venus fluorophore (MS2-VC, Bgl-VN, or PP7-VN).
In this BIFC system, fluorescence was only visible when the genomes were within close
proximity, allowing the Venus fluorophore to refold (Figure 1). The fluorescent foci visu-
alized represent RSV genomic RNA heterodimers. When the genomic RNA constructs
and their respective fluorophore-labeled binding proteins were visualized in fixed cells,
BiFC-labeled genome heterodimers were seen within the nucleus, in the cytoplasm, and at
the plasma membrane (Figure 2), recapitulating the intracellular pathway for RSV particle
assembly, similar to our previous study [15]. When the binding proteins were expressed
alone, without their respective RNA aptamer-containing RSV genomes, no BiFC fluores-
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cence was visualized (Supplemental Figure S1). Using live-cell microscopy, we visualized
BiFC-labeled genome heterodimers in complex with Gag proteins moving within the nu-
cleus and in the cytoplasm (Figures 3 and 4, Supplementary videos S1–S3). Together,
these findings demonstrate that BiFC-labeled genome heterodimers maintained the typical
trafficking pathway and function of a genome dimer and were bound by the Gag protein.
From these experiments, we cannot discern whether more than a single genome dimer
was present in each of the Venus-labeled RNA puncta, and additional methods would be
needed to attempt to estimate the number of RNA molecules present in each focus. This
study provides evidence for the use of BiFC as a means to visualize retroviral genome
heterodimers trafficking within a cell and in complex with the viral Gag protein. We believe
this technique opens the door to further characterize genome heterodimer formation and
dynamic movement during retroviral genome packaging and virion assembly. In addition,
a similar BIFC approach could be adapted for the study of double-stranded viruses and
cellular processes involving RNA multimers [46,47].

There are many benefits to using a BiFC-labeling system for the study of RNA dimers
and multimers. One notable improvement over other detection systems is the decrease
in background fluorescence from unbound fluorescently tagged binding proteins. In
traditional RNA stem-loop and binding protein systems, the binding protein contains a
nuclear localization signal and generates a low level of background fluorescence in the
nucleus. However, in the BiFC-labeling system, fluorescence is only visible when the
fluorophore halves are able to reform, resulting in less diffuse background fluorescence.
Importantly, we showed that expression of the coat proteins alone without their respective
RNA stem-loops did not result in visible fluorescence (Supplementary Figure S1). This
result also suggests that the RNA binding proteins fused to Venus VN and VC do not
produce pre-formed fluorescent signals prior to binding their cognate RNA stem-loops.
Additionally, the MS2 and PP7 stem-loops have been shown to bind their binding proteins
in a co-transcriptional fashion [28]. This idea is supported by the finding that fluorescently
tagged BiFC genome heterodimer foci were visualized in nuclei, as demonstrated in an
earlier study using a different detection system [15]. Therefore, it is more likely that
the stem-loop containing genomes bind their respective binding proteins first and then
dimerize when the RNAs move into close approximation, resulting in refolding of the
Venus fluorophore.

Importantly, the BiFC-labeling system is flexible in terms of the RNA stem-loop
cassettes utilized and compatibility with live-cell imaging. We could detect BiFC-labeled
genome heterodimer formation using both the MS2/Bgl stem-loop and MS2/PP7 stem-loop
systems, allowing us to visualize and characterize genome heterodimers as they functioned
within living cells. These genome heterodimers were observed moving within different
subcellular compartments (Figures 2–4), suggesting the inclusion of RNA stem-loops and
binding of the MCP, BglG, and PCP did not interfere with trafficking of the viral RNA
genome. Additionally, we visualized genome heterodimers that colocalized and trafficked
with Gag-CFP in living cells (Figures 3 and 4, Supplementary Videos S1–S3), suggesting
the inclusion of RNA stem-loops and binding of the VN and VC proteins did not preclude
viral RNA:Gag protein interactions.

Of note, the PP7 binding protein does undergo nucleolar localization [48], although
this quality does not appear to interfere with visualization of genome heterodimer in other
parts of the cell. However, this point is important to keep in mind if the RNA of interest is
predominantly localized to nucleoli, as there may be an unacceptable level of background
fluorescence. Additionally, the BiFC interaction is irreversible once the fluorophore has
reformed following interaction of the molecules of interest. This property can be helpful
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when studying transient interactions, as it allows for stabilization of brief binding events.
However, because the interaction is locked in, there may be overrepresentation or skewing
of downstream events from a transient interaction, especially when used in live-cell imaging.
For example, in the case of dynamic interactions, once the binding between the two
molecules occurs, this initial complex could be overrepresented and could prevent binding
of new partners. It is important to keep these considerations in mind when employing
BiFC-labeling to be certain that the characteristics of the system are applicable to the unique
traits of the molecules of interest.

In recent years, there has been an increased interest in RNA-RNA interactions (RRI)
in areas such as gene expression regulation, RNA metabolism, and RNA virus replication
(reviewed in [49]). These interactions can be intermolecular (between two different RNA
molecules) or intramolecular (between two distinct regions of the same RNA molecule).
Numerous innovative biochemical and imaging techniques have been developed to allow
researchers to detect and map RRIs (reviewed in [49]). Additionally, there have been many
new methods to visualize single-RNA molecules using live-cell microscopy (reviewed
in [27]). We present BiFC as an additional technique to further characterize known RRIs
within fixed and living cells. As we have demonstrated, the strength of BiFC-labeling of
RRIs is the ability to visualize subcellular localization and interaction with other host or
viral proteins in both fixed and living cells with minimal background fluorescence.

Insertion of long RNA stem-loop cassettes can potentially affect structure, function, of
transport of RNAs and should be considered when designing experiments to study retrovi-
ral genomes. Importantly, these aptamers have been used to study retroviral RNA traffick-
ing and encapsidation in several previous publications, as reviewed recently [50]. However,
we and others have shown that the addition of RNA stem-loops does not appear to interfere
significantly with the trafficking and packaging of retroviral RNAs [13,15,20,41,51–53], and
if placed in a nonessential region, infectivity can be maintained [41]. Importantly, the ability
to visualize BiFC-tagged RNA dimers within living cells allows the further characterization
of RNA-RNA intermolecular interactions in a novel way. Because “seeing is believing” [54]
when it comes to RNA-RNA intermolecular interactions, this technique can be the starting
point to developing new experiments to better understand their lifespan and function.

Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/v17081112/s1, Video S1: Trafficking of heterodimer in the cy-
toplasm; Video S2: Gag-RNA heterodimer co-trafficking in the cytoplasm, merged images of Gag
and RNA channels from Video S1.; Video S3: Gag-heterodimer co-localization channel and particle
tracking from Video S3; Video S4: A white colocalization channel was generated of RSV Gag-genome
heterodimer complexes presented in Supplementary Videos 2 and 3; Figure S1: Expression of coat
proteins without their respective RNAs.
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Abstract: Orthohantaviruses are tri-segmented negative-sense RNA viruses that can cause
severe pathologies in humans. Currently, limited information exists on the molecular inter-
actions driving orthohantavirus assembly in infected cells. Specifically, it is not clear how
its glycoproteins (i.e., Gn and Gc) interact with other viral or host molecules. In this study,
we use one- and two-color Number and Brightness fluorescence microscopy approaches
to quantitatively characterize the interactions between orthohantavirus glycoproteins and
the nucleoprotein in transfected cells. Our results indicate that orthohantavirus nucleo-
protein homo-interactions are strongly affected by the host environment. Furthermore,
we report evidence of Gc–nucleoprotein interactions, based on (i) the high fluorescence
cross-correlation between these two proteins and (ii) the increased Gc-Gc interactions
observed in the presence of nucleoprotein. Finally, experiments on a Gc deletion mutant
suggest that the observed protein–protein interactions are mediated by the cytoplasmic
tail of Gc. In conclusion, this study provides new insights into the role of the interactions
between orthohantavirus glycoproteins and nucleoprotein in the context of viral assembly.

Keywords: protein–protein interactions; fluorescence microscopy; multimerization; virus
assembly; fluorescence fluctuations; fluorescent proteins

1. Introduction

Orthohantaviruses (HVs) (Family: Hantaviridae; Order: Bunyavirales) belong to an
emerging group of zoonotic viruses that cause sporadic outbreaks around the world [1].
HVs are tri-segmented negative-sense RNA viruses: the S segment encodes the nucleocap-
sid protein, the M segment encodes the glycoproteins (GPs), and the L segment encodes
the RNA-dependent RNA polymerase (RdRp) [2]. The interplay between HV GPs (named
Gn and Gc) to form the outer envelope spike, consisting of Gn-Gc hetero-octamers, is the
initial step of the viral assembly process [2–4]. However, limited information exists on
the precise mechanisms regulating the molecular interactions involved in the subsequent
stages of viral assembly. In this regard, a key event is the association between ribonucleo-
proteins (RNPs: comprised of viral RdRP, nucleoprotein-NP, and viral RNA) [5] and GP
spikes (Figure 1). This interaction is critical for viral genome packaging and influences
the progression of the viral assembly by bringing pre-assembled GP spikes into proximity,
eventually leading to the formation of a new virion [2].
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Figure 1. Hantavirus structure and structural proteins. The glycoproteins Gn and Gc are embedded
in the lipid bilayer (light blue) and form hetero-complexes. Nucleoproteins bound to the viral RNA
might interact with the cytoplasmic tails (green lines) of glycoproteins. The three RNA segments S,
M, and L are labelled accordingly. Adapted from Hepojoki et al. [2].

Our current understanding of the interaction between GP spikes and RNPs in the
context of virion assembly is described by the model proposed by Hepojoki et al. [2].
This states that the cytoplasmic tail (CT) of Gn initially associates with the RNP after GP
spike formation. This interaction alters the orientation of the Gn CT, thus allowing Gc
to bind to the RNP via its CT. The RNP-Gn complex further regulates viral transcription
and eventually promotes viral assembly. Previous biochemical studies have attempted
to validate this model by primarily identifying the interacting domains between the RNP
complex and GP spikes. First, the regions within the CTs of Gn and Gc responsible for
the binding to NP in multiple HV strains were mapped [6,7]. Further, it was reported
that the zinc finger domains in the Gn CT and the middle domain of NP are needed
for NP-Gn interactions [7]. Additionally, the NP residues and nucleotides from genomic
RNA that facilitate the binding of RNP to GP CTs were also characterized [8]. Finally, the
observation of colocalization of Hantaan virus NP and GPs in transfected cells indicates
that NP promotes Gc partition into the Golgi apparatus and that NP-Gc interactions are
essential for the stabilization of the GP spike complex [9].

Despite these significant advances, some key mechanistic aspects of the proposed
assembly model have not yet been explored quantitatively beyond the GP spike formation
step. In this context, the molecular details of the association between NP and individual
GPs are particularly relevant. HVs lack a matrix protein that mediates the interaction
between the GP spike and the RNP complex and organizes the assembly of the progeny
virus. The direct NP-GP association is in fact hypothesized to act as a substitute for the lack
of a matrix protein [10]. However, details regarding the affinity between NP and individual
GPs and the role of other viral components in stabilizing the NP-GP complex remain
unclear. This is primarily due to limited quantitative information on NP-GP interactions
in HV assembly, particularly within living cells. Such insights are essential for accurately
understanding how the viral components are packaged to form the final structure of the
nascent virion.

Here, we present a quantitative characterization of NP-GP interactions using Puumala
orthohantavirus (PUUV) constructs expressed in multiple living cell models. Recently, we
showed significant colocalization between fluorescently labelled PUUV NP and GPs upon
co-expression of NP, Gn, and Gc [11]. However, these findings could only qualitatively
suggest the presence of NP-Gc and NP-Gn interactions. In this new study, we aim to
quantify NP-NP and NP-GP interactions in human or rodent epithelial cell models.
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2. Materials and Methods

In this work, we examine NP-GP association by assessing the variations in protein
multimerization and quantifying protein–protein interactions, upon co-expression of flu-
orescently labeled PUUV NP and GPs (Gn and Gc) in living cells. This is achieved by
applying Number and Brightness (N&B) and cross-correlation N&B (ccN&B) approaches,
with single-cell resolution. These methods based on the statistical analysis of fluorescence
fluctuations are particularly sensitive at very low protein expression levels (between μM
and nM) and can assess protein behavior in a concentration-dependent manner [12]. We
have previously applied such techniques to analyze the role of specific protein–protein
interactions in viral assembly [4,13].

Cloning and generation of chimeric proteins: The constructs used for the transcrip-
tion and translation of PUUV proteins originate from the PUUV Sotkamo/V-2969/81 strain.
Plasmids encoding PUUV SP-FP-Gn and PUUV SP-FP-Gc, (SP: signal peptide sequence
present at the N terminus of PUUV glycoprotein precursor (GPC); FP: fluorescent protein)
were previously described [4,14]. In brief, PUUV SP was introduced at the N-terminus of
FP-GP (GP: Glycoprotein) to ensure physiological membrane incorporation and localization
of the GP constructs [14]. The plasmid encoding PUUV YFP-NP (YFP: yellow FP) has
been previously described [11]. The construct mTurqoise2 (mTurq2)-NP was designed by
substituting the mEYFP of the PUUV YFP-NP plasmid with the mTurq2. The constructs
SP-mEGFP-GPΔCT (mEGFP: enhanced green FP) and SP-mCh2-GPΔCT were produced
by polymerase chain reaction amplification of the GPΔCT sequence (GP devoid of the
cytoplasmic tail) and the subsequent product inserted between the restriction sites AgeI
and Bsp1407I within the PUUV SP-FP plasmid (details on the design of PUUV FP-GP
are available [4]). GnΔCT and GcΔCT sequences were previously described [8,15]. All
sequences were verified using the Sanger sequencing facility provided by LGC (LGC,
Biosearch Technologies, Berlin, Germany).

All SP-FP-GP constructs, where the FP can be mEGFP/mEYFP/mCh2/mTurq2, are re-
ferred to as FP-GP. Any deviation from this nomenclature is explicitly highlighted in the text.

Cell Culture and transfection: NP-GP interactions were examined in this study using
different human and rodent epithelial cell models, since the pathogenesis of HV infec-
tions is influenced by the identity of the host [16]. Chinese hamster ovary (CHO) and Baby
hamster kidney (BHK-21) rodent cells were chosen since they were previously used for the
characterization of virus-like particle formation [17], GP multimerization [4,14], NP multi-
merization [18], and production of antibodies against New World HV infection [19]. Human
embryonic kidney (HEK-293T) and adenocarcinomic human alveolar basal epithelial (A549)
cell models were used in studies regarding host regulation factors and NP expression [20,21],
cellular immunity in infection [22,23], and lentiviral expression of NP [24].

Chinese hamster ovary cells CHO-K1 (ATCC, CCL-61™), Baby hamster kidney cells
BHK-21 (ATCC, CCL-10™), adenocarcinomic human alveolar basal epithelial cells A549
(ATCC, CCL-185™), and human embryonic kidney epithelial cells (HEK) from the 293T line
(CRL-3216™ ) were purchased from ATCC (Kielpin Lomianki, Poland), and maintained
in Dulbecco’s modified Eagle’s medium containing 10% fetal bovine serum, 100 U/mL
penicillin, 0.1 mg/mL streptomycin, and 4 mM L-glutamine at 37 ◦C and 5% CO2. Cells
were passaged every 3 to 5 days, no more than 15 times. All solutions, buffers, and media
used for cell culture were purchased from PAN-Biotech (Aidenbach, Germany). Cells (3 to
6 × 105) were plated on glass-bottom 35 mm-diameter plates (CellVis, Mountain View, CA
or MatTek Corp., Ashland, MA, USA) 48 h before experiments. Fusion protein expression
plasmids were transfected into (70 to 90% confluent) CHO and HEK 293T cells using
Turbofect (Thermo Fisher Scientific, Vilnius, Lithuania) according to the manufacturer’s
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protocol, 20 to 24 h prior to experiments. BHK-21 and A549 cells were transfected with
Lipofectamine 3000, according to the manufacturer’s protocol (Thermo Fisher Scientific,
Vilnius, Lithuania), 20 to 24 h prior to experiments.

Confocal microscopy imaging: 3 to 6 × 105 cells were plated onto 35 mm glass-bottom
dishes (CellVis, Mountain View, CA or MatTek Corp., Ashland, MA, USA) 48 h prior to
the experiment and transfected 16 to 24 h post-seeding. Confocal images were acquired on
a Zeiss LSM780 system (Carl Zeiss, Oberkochen, Germany) using a 40× DIC M27 water
immersion objective. To limit the out-of-focus light, a pinhole with size corresponding to
one Airy unit (~39 μm) was used. Samples were excited with a 488 nm argon laser and a
561 nm diode laser. The fluorescence signal was collected by a Zeiss QUASAR multichannel
GaAsP detector in photon-counting mode. The laser power was set so that the photon
count rate and bleaching remained below 1 MHz and ca. 20%, respectively (typically ~3 μW
for 488 nm, and ~5 μW for 561 nm). Measurements exhibiting stronger bleaching were
discarded. Fluorescence was detected between 499 and 552 nm (mEGFP) and between 570
and 695 nm (mCh2), after passing through an MBS 488/561 dichroic mirror.

Number and Brightness (N&B): Number and Brightness analysis was performed
as previously described [4]. Briefly, images of 128 × 128 pixels were acquired with pixel
dimensions of 400 nm and a pixel dwell time between 25 and 50 μs. Image time-stacks of
100 scans were collected using the Zeiss Blu ZEN 3.8 software. The intensity time-stacks
data were imported into MATLAB 2022 using the Bioformat [25] package and analyzed
using a custom-written code (The MathWorks, Natick, MA, USA). The algorithm uses
the equations from [26] for the specific case of photon-counting detectors to obtain the
molecular brightness and number as a function of pixel position. Upon selecting the
required region of interest (ROI), fluorophore bleaching and minor cell movements within a
few pixels are suitably corrected. ROIs purposedly did not include any immobile structures,
such as large aggregates or immobile protein filaments. Pixel intensities are then used to
calculate the average brightness of the FP detected within the cellular ROI. This average
brightness is utilized to evaluate the multimerization state of the FP upon comparison to
a reference monomer brightness [27]. Thus, the oligomeric size of the protein complex is
evaluated in terms of monomer units.

Cross Correlation Number and Brightness (ccN&B): The ccN&B analysis is based on
a published workflow [13], modified suitably for the evaluation within the cytosolic region
of the cell. Briefly, an image stack is acquired over time typically consisting of 100 frames.
Images of 256 × (y< 256) pixels with a pixel size of 0.21 μm and a pixel dwell time of 12.6 μs
were acquired, alternating two different excitation wavelengths. CZI-format image output
files were imported into MATLAB using the Bioformat [25] package and analyzed using
a self-written script implementing the framework described by Digman et al. [28] for the
specific case of photon-counting detectors and two-color excitation. Pixels corresponding
to a ROI are manually selected in an image map. Next, to account for lateral drift during
the acquisition, frames are aligned to the first frame by maximizing the spatial correlation
between sub-selections in consecutive frames, averaged over both channels, as a function
of arbitrary translations. Additional steps regarding corrections for bleaching, minor cell
movements, and specific detector response are applied as previously described [13].

The ccN&B analysis calculates the dimensionless parameter relative cross correlation
(Relative CC). Relative CC is calculated as [13]:

Relative CC = max (Ncc/Ng, Ncc/Nr)
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Here, Ng and Nr are the particle numbers detected in the image channel corresponding
to the green FP and red FP, respectively. Ncc is obtained by dividing the product of the
average intensities of the green and red FP channels by the covariance of the two channels.

Statistical Analysis: The statistical analysis in this work was performed using Graph-
Pad Prism version 9.0.0 (GraphPad Software, LCC, San Diego, CA, USA). For pairwise
comparisons of the derived parameters, the Kruskal–Wallis Test and modified Tukey’s
multiple comparisons test were used.

3. Results

3.1. NP-NP Interactions in Human Epithelial Cells Are Stronger than in Rodent Epithelial Cells

Hägele et al. [29] observed significant variations in NP localization and function
between infected Vero E6 cells and primary human renal cells. This allowed them to
conclude that the behavior of NP might depend on the specific cell type. Here, we aimed
to determine whether different host environments (namely, human vs. rodent epithelial
cell models) might influence homotypic NP-NP interactions in transfected cells.

NP multimerization in cells imaged via confocal microscopy was examined using N&B
analysis, a quantitative approach based on the statistical fluctuations of the fluorescence
signal within the probed confocal volume. This approach was previously used to monitor
NP multimerization in CHO cells [11]. In this work, we extend the analysis to compare
the average NP multimerization detected in human epithelial cells (HEK and A549) and
rodent epithelial cell models (BHK-21) 16 to 20 hpt.

As previously shown by Davies et al. [30], NP initially appears homogenously dis-
tributed in the cytoplasm. This is followed by the formation of small mobile clusters, for all
cell types tested (Figure 2A–D), ca. 4 hours post-transfection. At later time points (i.e. after
ca. 12 to 16 hours), NP starts to coalesce, forming large immobile filaments [11], but such
samples were not included in the current analysis.

According to N&B analysis, NP forms small oligomers, up to ca. decamers on average,
for all cell models tested, within the entire concentration regime explored (Figure S1). More
specifically, NP multimerization values in BHK cells increase strongly with protein concen-
tration, as previously observed for CHO cells [11] (shown in Figure S1, as reference). On the
other hand, multimerization values measured in A549 and HEK cells are higher (especially
at lower concentrations) and display a less marked correlation with protein concentration
(Figure S1). Since different cell models displayed variability in the expression levels, we com-
pared the average NP multimerization in human and rodent cell models within a restricted
concentration range (0.1 to 0.5 μM): within this concentration range, we were able to collect a
similar amount of data points for all cell models and, therefore, a direct comparison of average
values is reasonable. In these conditions, NP forms on average tetramers in rodent epithelial
cells and roughly octamers in human epithelial cells (Figure 2E).

We further attempted a statistical analysis of the multimerization–concentration curves,
for different cell models and across the whole available protein concentration range, by
fitting an empirical model to the data [31], as shown in Figure S1. It is worth noting that
such a fitting is not meant to deliver precise parameters, but rather to allow a statistical
comparison of the different datasets. In agreement with the above-mentioned observations,
NP multimerization behavior in rodent (CHO [11] and BHK-21) and human epithelial
cell models (HEK-293T and A549) appears to be significantly different over the observed
concentration range (Supplementary Table S1).

Altogether, these results indicate that the average NP-NP interactions observed in
human epithelial cells are stronger than in rodent epithelial cell models, at least at the early
stages of NP expression and assembly.
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Figure 2. Average multimerization of fluorescently labelled PUUV NP is higher in human cell
models compared to rodent epithelial cell models. YFP-NP was expressed in multiple epithelial cell
models and observed 16 to 20 hpt. Panels (A–D) show representative confocal microscopy images
of (A) CHO, (B) BHK-21, (C) HEK 293T, and (D) A549 cells expressing YFP-NP. Panel (E) shows a
quantitative comparison of YFP-NP multimerization between different cell models. For this analysis,
cells expressing YFP-NP within the concentration range 0.1–0.5 μM were chosen. Data points for
NP multimerization in CHO cells are from Welke et al. [11] and incorporated as reference values.
Each point in the boxplot represents the average multimerization in one cell. At least 12 cells were
analyzed for each case, with three technical replicates denoted in different colors (see Supplementary
Information for quantitative details). In all box plots, the horizontal line is the median, ‘�’ marks the
mean, with the first and third quartile as the boundaries and whiskers as standard deviation (SD).
Statistical analysis was performed using the pairwise Kruskal–Wallis one-way ANOVA test (ns: not
significant, * p < 0.01). Scale bars are 10 μm.

3.2. NP Interacts with Gc Within Few Small Intracellular Regions

We proceeded to compare the interactions between PUUV NP and each PUUV GP (Gn or
Gc) upon co-expression in different human (HEK 293T and A549) and rodent epithelial (CHO
and BHK-21) cell models. Welke et al. [11] previously indicated that NP, Gn, and Gc displayed
significant spatial colocalization in transfected CHO cells. While these findings indicate that
NP and GPs are found in close vicinity to each other, they do not directly imply an interaction
between the proteins. Therefore, we performed two-color ccN&B analysis to investigate
whether NP significantly interacts with any of the GPs. This method provides a parameter
(i.e., relative CC) that indicates the relative amounts of co-diffusing hetero complexes.
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Figure 3A–C and Figure 3F–H show representative confocal microscopy images of
cells co-expressing YFP-NP and either mCh2-Gc or mCh2-Gn in CHO cells, respectively.
The intracellular localization of Gn and Gc within the ER and/or perinuclear region is
similar to what was previously observed [4].

Figure 3. Single-cell analysis and spatial maps of the interactions between NP and GPs. Panels
(A–C) show representative images of CHO cells co-expressing PUUV YFP-NP and PUUV mCh2-Gc,
20 to 24 hpt. Panel (D) shows the pixel-by-pixel relative CC map of the same CHO cell, within a
ROI as indicated by a white line in panels (A–C). Red arrows in panel (D) denote localized regions
characterized by high relative CC values. Panel (E) shows the pixel-by-pixel relative CC map of
the same CHO cell, within a ROI as indicated by a white line in panels (F–H). Panels (F–H) show
representative images of CHO cells co-expressing PUUV YFP-NP and PUUV mCh2-Gn, 20 to 24 hpt.
Panel (I) shows a box plot of the relative CC values averaged over whole-cell ROIs and measured for
different constructs expressed in CHO cells. Positive control is a tandem YFP-mCh2 construct that
localizes in the cytoplasm. The negative control refers to cells co-expressing YFP-NP and cytosolic
mCherry2. ROIs in cells with intensity values less than 1 MHz in the YFP and mCherry2 channel
were chosen for evaluating the average relative CC within each cell. Each point in panel (I) represents
the average relative CC value from one ROI in one cell. Number of points for each case >15, from
three independent experiments denoted in individual colors (see Supplementary Information for
quantitative details). In all box plots, the horizontal line is the median, ‘�’ marks the mean, with first
and third quartile as the boundaries and whiskers as SD. Scale bars are 5 μm.
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To quantify hetero-interactions, ccN&B analysis was performed, thus obtaining relative
CC maps, as shown in Figure 3D and E for NP-Gc and NP-Gn interactions, respectively.
Additional examples of relative CC maps are shown in Figure S2I,J. Overall protein–protein
interactions were first quantified by averaging the relative CC from each pixel in the
selected ROIs (roughly corresponding to the whole intra-cellular region). As shown in
Figure 3I for CHO cells, significant interactions were detected for the positive control (i.e., a
tandem cytosolic construct of YFP and mCh2) but not for the negative control (consisting of
independently co-expressed YFP-NP and cytosolic mCh2). Similar results were obtained for
the controls in all cell models tested (Figure S3). The interactions between NP and either GP
(i.e., Gn or Gc), averaged over the whole cell, were relatively weak for all cell models tested
(CHO cells, see Figure 3I; HEK cells, see Figure S3A; and A549 cells, see Figure S3B) and not
distinguishable from the negative control. Co-expression of fluorescently labelled NP and
GP constructs in BHK-21 cells did not yield a GP expression high enough for quantifying
relative CC and, therefore, this cell model was not used for subsequent analysis.

Next, we analyzed in greater detail the spatial variations of the relative CC parameter
in cells expressing the different constructs. As expected, CHO cells expressing the tandem
mEYFP-mCh2 construct (positive control) exhibited positive relative CC values homoge-
nously distributed throughout the analyzed intracellular ROI (Figure S2E–H). Similarly,
the analysis of CHO cells expressing YFP-NP and cytosolic mCherry2 (negative control)
resulted in homogeneous low relative CC values throughout the cell (Figure S2A–D). Inter-
estingly, similarly to the negative control, we observed relatively homogeneous intracellular
distribution of low relative CC values for cells co-expressing Gn and NP (Figure 3E and
Figure S2I). On the other hand, we consistently noticed localized regions characterized by
high relative CC values (i.e., high local abundance of co-diffusing Gc-NP complexes) in
CHO cells co-expressing Gc and NP (see red arrows in Figure 3D and Figure S2J). Such
regions were mostly observed around the perinuclear region and, most importantly, did
not display an evident correlation with the spatial distribution of either Gc or NP (see
Figure 3A,B,D).

Altogether, these results demonstrate that PUUV GPs interact, on average, weakly
with PUUV NP in intracellular regions, for all cell models tested. Nevertheless, PUUV Gc
appears to interact significantly with PUUV NP within localized intracellular regions close
to the perinuclear region.

3.3. Apparent Gc Multimerization Increases in the Presence of NP

The experiments described above suggest that NP might play a role in intermolecular
interactions involving Gc, but not Gn. To further explore this interaction network, we
measured GP-GP interactions (i.e. the multimerization state of each GP) in the presence
of NP, using single-color N&B in different cell models. As for the ccN&B analysis, cells
displaying a quasi-homogeneous distribution of NP within the cytoplasm (see Figure 2A–D)
were chosen.

PUUV Gc multimerization in the presence of PUUV NP was analyzed by co-
expressing YFP-NP and mCh2-Gc in CHO (Figure 3A–C), HEK (Figure S4A–C), and A549
(Figure S4D–F) cells and performing N&B measurements 24 hpt. Our previous work shows
that the expression of Gc alone results in a mixture of monomers and dimers in the ER of
different cell models [4,14]. Strikingly, in the presence of NP, Gc forms large multimers (ca.
up to octamers) instead, for all the cell models tested, within the explored concentration
range (Figure 4A). Thus, Gc-Gc interactions in the presence of NP are significantly stronger
than those previously observed in the absence of NP (shown in black in Figure 4A as
reference, [4]).
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Figure 4. PUUV Gc (but not Gn) multimerization behavior is altered in the presence of NP.
Panel (A) shows the concentration-dependent multimerization analysis of PUUV Gc in the presence
of PUUV NP using N&B, in different epithelial cell models: CHO (red), A549 (green), and HEK 293T
(dark green). PUUV Gc multimerization in the presence of PUUV NP is compared to that measured in
the absence of NP in CHO cells (black, data from [4]). Each point in the graph represents the binned
average multimerization values from two cells. The solid lines represent a fit to an empirical power
growth model [31] in the form of y = 1 + a·xk. Fit results and statistical analysis are shown in Table S2.
Panel (B) shows the concentration-dependent multimerization analysis of PUUV Gn in the presence
of PUUV NP using N&B, in the same epithelial cell models as for panel A. PUUV Gn multimerization
in the presence of PUUV NP is compared to that measured in the absence of NP in CHO cells (black,
data from [4]). Each point in the graph represents the binned average multimerization values from
two cells. The solid lines represent a fit to a monomer–tetramer equilibrium model [32]. Fit results
and statistical analysis are shown in Table S3.

To compare different datasets, the multimerization curves were analyzed using a
simple empirical growth model with two free parameters [32]. The resulting curves for all
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the examined cells expressing both Gc and NP lay considerably above the multimerization
curve obtained in CHO cells expressing only Gc (p < 0.01), thereby confirming the initial
qualitative observation. Only minor differences can be observed between the other curves,
mostly due to the large data spread (see Table S2).

3.4. Gn Remains in a Monomer–Tetramer Equilibrium, Independent of the Presence of NP

We further examined the multimerization of Gn in the presence of NP. CHO
(Figure 3E–G), HEK (Figure S5A–C), and A549 (Figure S5D–F) cells co-expressing flu-
orescently labelled Gn and NP were observed 20 to 24 hpt. Cells/ROIs in which NP formed
homogeneously distributed small mobile oligomers were selected, thus excluding from the
analysis large immobile NP structures. We have previously shown that Gn forms up to
tetramers in the absence of other viral proteins [4]. The multimerization values obtained in
this work (Figure 4B) in the presence of NP are compatible with similar multimerization
behavior, for all the cell models tested, at least within the restricted concentration range
that could be explored.

To quantitatively compare the different datasets, multimerization curves were fitted
to an analytical model that describes a monomer to tetramer equilibrium through the
association constant K4 [32]. This parameter was not statistically distinguishable among the
different samples (0.2 < p < 0.8) (see Table S3). This result indicates that Gn-Gn interactions
are not strongly affected by the presence of NP.

3.5. Deletion of Gc-CT Domain Abolishes the Enhancement of Gc-Gc Interactions Induced by NP

Finally, the influence of the GP-CT domain on GP multimerization in the presence of
NP was examined, since NP was proposed to interact with GPs via their CTs [6,7]. Truncated
GPs without CT domains (GPΔCT) were initially expressed in cells in the presence and
absence of NP (Figure 5A–D for GcΔCT, Figure S6A–D for GnΔCT). The intracellular
distribution of the GPs does not appear to be strongly influenced by the presence of NP
(Figure 5A,C and Figure S6). Also, the spatial organization of NP is similar to what was
previously observed 24 hpt in CHO cells in the absence of other viral proteins [11].

We thus proceeded to analyze GPΔCT multimerization 20 to 24 hpt. Figure 5E shows
that fluorescently labelled GcΔCT, in the absence of NP, displays an average multimeriza-
tion of ~1.4 at the highest measured concentration. According to this value and assuming a
monomer–dimer equilibrium, the protein appears to form mostly monomers (ca. 75 mol%),
in agreement with previous measurements on non-fluorescent constructs in vitro [33].
In the presence of YFP-NP, the multimerization of GcΔCT did not change substantially
(Figure 5E). Similar results were obtained with A549 cells (Figure S7). The concentration-
dependent multimerization data points in Figure 5E were analyzed with an analytic model
describing monomer–dimer equilibrium [32]. The derived association constant K2 did not
change significantly in the presence or absence of NP (Table S4).

The influence of Gn-CT on Gn-Gn interactions was similarly analyzed. Figure S6E
shows that fluorescently labelled GnΔCT, in the absence of NP, displays an average mul-
timerization value compatible with the presence of a large number of monomers in equi-
librium with dimers, in agreement with the results obtained using non-fluorescent con-
structs [17]. In the presence of YFP-NP, the average multimerization of GnΔCT remained
similar. Analogous results were obtained with A549 cells (Figure S8).

In summary, the increased formation of Gc-Gc complexes induced by NP appears to
be mediated by the Gc-CT domain, for all the cell models tested. On the other hand, we did
not observe any influence of NP on the multimerization of Gn, irrespective of the presence
of its CT.
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Figure 5. Deletion of GcΔCT inhibits the formation of large Gc assemblies in the presence of NP. Panel
(A) shows a representative image of CHO cells expressing PUUV mEGFP-GcΔCT and observed 24 hpt.
Panels (B–D) show typical confocal image of CHO cells co-expressing YFP-NP and mCh2-GcΔCT.
Panel (E) shows the concentration-dependent multimerization analysis of PUUV GcΔCT in the
absence (black) and presence (red) of PUUV NP, calculated using N&B analysis. Each point in the
graph represents the binned average multimerization from two cells. The solid lines represent a fit to
a monomer–dimer equilibrium model [32]. Fit results and statistical analysis are shown in Table S4.
Scale bars are 10 μm.

4. Discussion

NP is a multifunctional HV protein that is capable of interacting with different host
proteins and other viral components and mediates the association between the RNP and
GPs [34]. While previous studies have focused on the protein regions possibly involved
in the binding between NP and GPs, there is limited information regarding the molecular
details of the actual interactions between NP and either Gc or Gn occurring in vivo. In this
study, we address this important question by quantifying the interaction between NP and
GPs upon co-expression, at the single-cell level. In order to pinpoint specific interactions
between NP and Gn or Gc, we evaluated the behavior of these proteins in the absence of
other viral components (e.g. viral RNA) in live cell models, through transient transfection.
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HV infections display distinct cellular tropism [16,22,29]. Therefore, we initially
assessed if a specific cellular environment could influence NP-NP binding, by comparing
human and rodent epithelial cell models. We observed that average homotypic NP-NP
interactions are significantly stronger in human epithelial cell models compared to rodent
epithelial cell models, at a given time point post-transfection. This observation is in
line with previous studies [29] that reported point-like NP structures in infected Vero
E6 cells, smaller than the filamentous NP assemblies present instead in infected human
renal cells. Also, it has been shown that cytoskeletal components, such as actin, vimentin,
and microtubules, influence NP organization in a fashion that varies among different HV
strains and cell models [29,35]. It is therefore possible that the modulation of NP-NP
interactions described in this study may be determined by cell type-specific interactions
with cytoskeletal components. Alternatively, post-translational modifications, including
phosphorylation [36,37] or SUMOylation [38] may also contribute to the regulation of
NP multimerization in a cell type-dependent manner. A third possibility is that NP
multimerization is influenced by other host-specific factors [39], e.g., proteins binding to
the NP multimerization interface. Independent from the specific molecular mechanism,
it would be very interesting to investigate whether alterations in NP multimerization
equilibrium are truly correlated to the susceptibility of a specific host cell to HV infection.

In the second part of our investigation, we observed weak overall NP-GP interactions,
independent of the tested cell model, while NP still mostly formed small mobile clusters.
Interestingly, within single cells, localized regions were detected in which NP showed
an apparently strong interaction with Gc. We are currently investigating whether locally
enhanced NP-Gc interactions might exhibit a spatial correlation with, e.g., cytoskeletal
elements or other intracellular structures. Interestingly, such local interactions with NP
were never observed for Gn. Previous studies have shown significant interactions between
these two proteins via the Gn CT domain in infected cells using co-immunoprecipitation [6].
Nevertheless, it must be noted that these experiments were performed several days post-
infection, i.e., at a time point in which NP forms large immobile structures [30] and in the
presence of other viral components. This observation suggests that NP-Gn interactions
might possibly be mediated by viral RNA [6,8]. Also, our results additionally show
that the quantitative microscopy approach with single-cell resolution described here can
provide more detailed information, compared to bulk methods that average over a large
number of cells.

While the fluorescence fluctuation microscopy analysis used in this work (N&B)
delivers quantitative information about inter-molecular interactions and has a high spatial
resolution, it also requires the observed molecules to be mobile during the observation.
Although we restricted our analysis to cells which did not show large immobile structures,
it is known that NP might form a small fraction of larger very slow NP aggregates, as
described by Welke et al. [11]. If the reported higher CC values (i.e. stronger interactions)
do indeed originate from such almost immobile NP fractions, NP-GP interactions cannot
be quantified precisely with this approach. For this reason, we complemented these
measurements by separately observing GP multimerization in the presence of NP.

In the case of Gc, we observed a striking difference in homotypic interactions when
NP is also present. While not a direct measurement of NP-Gc interaction, this is compatible
with the above-mentioned results, under the hypothesis that the observed Gc multimer
formation is indeed somehow mediated by interactions with NP (e.g., through the binding
of several individual Gc molecules to a large NP multimer). Gc localization within NP
clusters was also previously observed for other Bunyaviruses, such as Tomato spotted wilt
virus [40,41].
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Furthermore, our experiments on truncated Gc constructs indicate that NP-Gc in-
teraction occurs via the Gc CT domain, as also suggested by previous studies [2,9]. This
result strengthens the hypothesis that Gc CT can act analogously to a matrix protein [10],
connecting the envelope of the virus with the enclosed genetic material. Such interactions
might play a role in the large-scale assembly of the GP spikes during virus assembly and
confer mechanical stability to the new virions.

Alternatively, it is also possible that the removal of the CT affects the stability and
structure of Gc [14] and, thus, its interaction with NP. Taken together, our findings suggest
that HV NP can form complexes with Gc (possibly including other molecules as well), also
in the absence of Gn or RNPs.

On the other hand, the lack of direct interactions between Gn and NP as observed via
ccN&B is corroborated by the fact that, in the observed cell models, Gn multimerization
is independent of the presence of NP, with this GP consistently forming monomers to
tetramers, as expected.

In conclusion, we have investigated here the interactions between HV NP and GPs
using quantitative fluorescence microscopy approaches. According to N&B experiments,
NP can interact with Gc in the absence of other viral components, but not with Gn. The
observed interactions appear to be mediated by the CT of Gc. Notably, all the experiments
performed in this work involve the transient expression of up to two viral proteins at the
same time, with the purpose of specifically identifying direct interactions (i.e., not involving
other viral proteins). As mentioned above, a more comprehensive picture of the interaction
network can be obtained if additional viral components are systematically added to the
studied system (e.g. RNA to further characterize NP-Gn interactions). Future studies will,
for example, focus on quantifying interactions between fluorescently labelled NP, Gn, and
Gc, also using third-order correlation functions [42]. Such experiments are complicated
by the interference of fluorescent labels on inter-molecular interactions (e.g. between Gn
and Gc) [4]. By using more advanced methodologies for labelling (see, e.g., ALFA tag [43],
bioorthogonal click chemistry [44]), the approach described in this work could open new
avenues for the precise characterization of binding between other HV proteins and further
elucidate the steps involved in the HV virion formation.
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//www.mdpi.com/article/10.3390/v17070940/s1. Figure S1: Homotypic NP-NP interactions differ
between human and rodent epithelial cell models; Table S1: Statistical analysis of the fit results
deriving from the comparison of NP multimerization between cell models; Figure S2: Intensity
and relative CC maps of CHO cells expressing positive and negative control; Figure S3: Average
interactions between NP and GPs co-expressed in HEK and A549 cells are weak; Figure S4: Co-
expression of PUUV NP and PUUV Gc in HEK293T and A549 cells; Table S2: Statistical comparison of
fit parameters describing Gc multimerization between cell models co-expressing NP and Gc; Figure
S5: Co-expression of PUUV NP and PUUV Gn in HEK293T and A549 cells; Table S3: Statistical
comparison of fit parameters describing Gn multimerization between cell models co-expressing NP
and Gn; Table S4: Statistical comparison of fit parameter describing GcΔCT multimerization between
cell models co-expressing NP and GcΔCT; Figure S6: PUUV GnΔCT remains mostly monomeric,
independent of the presence of NP, upon expression in CHO cells; Figure S7: Lack of GcΔCT inhibits
the formation of large Gc assemblies in the presence of NP, also in A549 cells; Figure S8: PUUV
GnΔCT is mostly monomeric, independent of the presence of NP, upon expression in A549 cells; Table
S5: Statistical parameters of the data shown in Figure 2 of the main manuscript; Table S6: Statistical
parameters of the data shown in Figure 3 of the main manuscript. Numerical data and raw data (i.e.,
before binning) for all figures are provided in the form of two spreadsheets.
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Abbreviations

The following abbreviations are used in this manuscript:

HVs Orthohantaviruses
GPs Glycoproteins
RdRp RNA-dependent RNA polymerase
RNPs Ribonucleoproteins
NP Nucleoprotein
CT Cytoplasmic tail
PUUV Puumala orthohantavirus
N&B Number and Brightness
ccN&B Cross-correlation N&B
CHO Chinese hamster ovary
HEK Human embryonic kidney
A549 Adenocarcinomic human alveolar basal epithelial
SP Signal peptide
GPC Glycoprotein precursor
FP Fluorescent protein
YFP Yellow fluorescent protein
mTurq2 Monomeric Turqoise2
mEGFP Monomeric enhanced green FP
ΔCT devoid of cytoplasmic tail
SD standard deviation
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Abstract: Expansion microscopy has recently emerged as an alternative technique for achieving high-
resolution imaging of biological structures. Improvements in resolution are achieved by physically
expanding samples through embedding in a swellable hydrogel before microscopy. However,
expansion microscopy has been rarely used in the field of virology. Here, we evaluate and characterize
the ultrastructure expansion microscopy (U-ExM) protocol, which facilitates approximately four-
fold sample expansion, enabling the visualization of different post-entry stages of the HIV-1 life
cycle, focusing on nuclear events. Our findings demonstrate that U-ExM provides robust sample
expansion and preservation across different cell types, including cell-culture-adapted and primary
CD4+ T-cells as well as monocyte-derived macrophages, which are known HIV-1 reservoirs. Notably,
cellular targets such as nuclear bodies and the chromatin landscape remain well preserved after
expansion, allowing for detailed investigation of HIV-1–cell interactions at high resolution. Our data
indicate that morphologically distinct HIV-1 capsid assemblies can be differentiated within the nuclei
of infected cells and that U-ExM enables detection of targets that are masked in commonly used
immunofluorescence protocols. In conclusion, we advocate for U-ExM as a valuable new tool for
studying virus–host interactions with enhanced spatial resolution.

Keywords: expansion microscopy; ultrastructure expansion microscopy; super-resolution microscopy;
HIV-1; HIV-1 post-entry; HIV-1 nuclear import; HIV-1 capsid; virus–host interaction

1. Introduction

Fluorescence microscopy has been a cornerstone of biological and medical research
since its conception over a century ago. However, many structures of interest, particularly
in the field of virology, cannot be resolved using conventional fluorescence microscopy
due to the diffraction limit of light microscopy (i.e., ~250 nm laterally and 500 nm axi-
ally). For instance, the human immunodeficiency virus type 1 (HIV-1) has a size of ca.
100–150 nm, which limits investigation of subviral structures and virus–host interactions
using fluorescence microscopy [1].

To overcome this resolution barrier, several advanced microscopy techniques have
been developed [2]. These methods were readily embraced by the virus research commu-
nity, leading to critical insights into, e.g., virus morphology, assembly, and release [3–5].
However, most super-resolution techniques rely on expensive equipment and specific fluo-
rescent dyes, are technically challenging, and demand substantial expertise in instrument
operation, sample handling, as well as data analysis [6]. As a result, their widespread
application remains limited.

Complementing these existing approaches, an alternative category of resolution-
enhancing techniques known as expansion microscopy (ExM) has recently gained promi-
nence [7]. Unlike other approaches that aim to improve resolution through modifications of
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optical elements or single-molecule localization microscopy (SMLM), ExM operates on the
principle of isotropically expanding the sample in all dimensions. This expansion increases
the distance between epitopes, allowing the visualization of sub-diffraction targets using
conventional imaging techniques [7–9]. Sample expansion is achieved by the attachment of
gel-linkable anchors to biomolecules within fixed and crosslinked samples before embed-
ding the samples in a polycharged hydrogel [9]. To ensure uniform expansion, the samples
subsequently undergo homogenization, which can be accomplished through proteolytic
digestion or a combination of heat and detergent treatment [9]. Finally, incubation of the
hydrogel in deionized water leads to sample expansion due to the repulsion of the charges
within the hydrogel [9].

Following an initial proof-of-concept study by Boyden and co-workers [7], which
demonstrated an approximately four-fold sample expansion in brain tissue slices and
mammalian cells, ExM was rapidly adapted and optimized for different applications,
resulting in a wide range of protocols tailored to meet different research needs (a detailed
review of ExM principles and techniques has been provided by Wen 2023 and more recently
by Hümpfer 2024 [8,9]). While some ExM adaptations have focused on retaining specific
biomolecules such as lipids or RNA, others have aimed to optimize sample preservation
or to increase the expansion factor, resulting in protocols capable of achieving sample
expansion of up to 20-fold for a variety of targets [10–12].

A critical aspect of ExM is the visualization of structures of interest within the gel.
Two principal strategies have emerged for visualizing protein targets: one involves staining
samples prior to gel embedding and expansion [13–15], while the other entails staining
targets after expansion within the gel [16–18]. Pre-expansion staining protocols typically
utilize proteolytic digestion for homogenization, which destroys most epitopes and renders
them unrecognizable for antibody labeling [9]. To overcome this limitation, proteins and
other targets are often labeled via immunostaining before the expansion procedure, as
proteolytic digestion generally allows retention of fluorescence [9]. While indirect anti-
body staining provides an easy and accessible method for localization of targets, it also
introduces a linkage error of ca. 30 nm due to the size of the two antibodies necessary
for visualization. To reduce this linkage error, the use of directly conjugated antibodies,
which are commercially available, is a viable alternative. These antibodies can reduce the
linkage error to around 15 nm compared to traditional indirect staining methods. Employ-
ing directly conjugated Fab fragments or nanobodies may further enhance localization
precision, achieving a linkage error of approximately 3 nm. However, as with direct im-
munofluorescence with conventional antibodies, these approaches show a lack of signal
amplification. In pre-expansion staining protocols, antibodies are subsequently expanded
alongside targets, resulting in relative linkage errors akin to those observed in conventional
microscopy [17]. Additionally, gel-embedding and proteolytic digestion can diminish the
brightness of fluorophores [9].

In contrast, post-expansion labeling approaches utilize a gentler homogenization
process via heat denaturation in the presence of detergent, which more effectively preserves
sample epitopes compared to proteolytic digestion but may impair the fluorescence of dyes
introduced before expansion [16–18]. This approach results in improved labeling efficiency
due to the enhanced antibody access to target epitopes after expansion [17,19]. In addition,
as fluorophores are generally introduced after expansion, fluorescence is not affected by the
sample preparation. Post-expansion labeling may also reveal previously masked epitopes
that become accessible during the expansion process [19]. Expanded samples can be imaged
using various microscopy techniques, facilitating super-resolution imaging with classical
fluorescence microscopy. By further combining post-expansion labeling strategies with
advanced super-resolution techniques such as Airyscan or stimulated emission depletion
(STED) microscopy [20,21], it is possible to increase the spatial resolution even further,
approaching molecular resolution (<10 nm) and effectively bridging the gap between light
and electron microscopy [17,19].
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Despite the potential of ExM, it has not yet been extensively applied in virology,
and, in particular, not in the field of HIV-1 research. In this study, we present an ExM
strategy tailored for the analysis of virus-infected cells with a focus on subviral replication
complexes in the nucleus. The nucleus serves as a key compartment for the replication
of many viruses, which rely on the nuclear machinery for viral genome replication and
gene expression [22,23]. Among the viruses that depend on the nuclear environment for
replication is the retrovirus HIV-1 [24]. A defining characteristic of retroviruses is the inte-
gration of a reverse-transcribed double-stranded DNA copy of their genome into the host
cell DNA. Since HIV-1 can infect non-dividing cells, it necessitates the import of the viral
genome through the intact nuclear envelope [25]. After release into the cytosol of a newly
infected target cell, capsids (also called viral cores) are transported towards the nucleus
along the microtubule network [26–28]. Upon reaching the nucleus, capsids interact with
cytoplasmic components of the nuclear pore complex (NPC) and traverse the NPC channel,
with seemingly intact capsids being frequently observed in the nucleoplasm of infected
cells [29–32]. Within the nucleus, capsids are eventually directed to nuclear speckles, where
they accumulate and undergo genome uncoating, releasing the fully reverse-transcribed
viral DNA for subsequent integration into host cell chromatin [30,32–34]. While recent
studies shed light on the mechanisms involved in nuclear import of capsids [29,35], the
molecular events involved in the targeting of nuclear speckles and in genome uncoating
remain poorly understood.

Here, we establish and employ a post-expansion labeling ultrastructure expansion
microscopy (U-ExM) protocol to visualize intra-nuclear structures involved in post-entry
events during HIV-1 infection, applicable to both cell culture-adapted cell lines and primary
immune cells [18,36]. We characterize the robustness of this protocol across different
cell types and nuclear compartments, provide references for evaluating sample integrity,
and emphasize the advantages of using a post-expansion labeling approach to probe
viral structures.

2. Materials and Methods

2.1. Cell Culture and Virus Preparation

Cells were kept in a humidified incubator at 37 ◦C in a 5% CO2 atmosphere. HeLa-
based TZM-bl cells (NIH AIDS Reagent program #8129-442, also called JC57BL-13) [37,38],
and human embryonic kidney cells from the 293T/17 line (here referred to as HEK293T,
#CRL-11268TM, purchased from ATCC, Kielpin Lomianki, Poland [39]) were cultured
in Glutamax-I Dulbecco’s Modified Eagle’s Medium (DMEM) (Gibco-Thermo Fischer
Scientific, Waltham, MA, USA) supplemented with 10% heat-inactivated fetal bovine
serum (FBS, Capricon Scientific, Ebsdorfergrund, Germany), 100 U/mL penicillin, and
100 mg/mL streptomycin (Gibco-Thermo Fischer Scientific, Waltham, MA, USA). U2OS
cells endogenously expressing Nup96-SNAP (CLS GmbH, St. Ingbert, Germany, #300444,
clone 33 [40]) were cultured in HEK293T growth medium supplemented with 1× MEM
NEAA (Gibco-Thermo Fisher Scientific, Waltham, MA, USA). Cell lines were regularly
tested for mycoplasma contamination (MycoAlert® mycoplasma detection kit, Lonza
Rockland, Basel, Switzerland) and authenticated by STR profiling (Promega PowerPlex 21
Kit; carried out by Eurofins Genomics, Ebersberg, Germany).

Monocyte-derived macrophages (MDMs) were prepared from isolated buffy coats
of healthy anonymous human blood donors (purchased from the Heidelberg University
Hospital Blood Bank according to the regulations of the local ethics committee, S-023/2022
and S-025/2022, within the SFB 1129 [integrative analysis of the replication and spread of
pathogens, funding period 07/2022–06/2026]) by Ficoll density gradient centrifugation
using SepMate tubes (StemCell Technologies, Vancouver, BC, Canada). These human
peripheral blood mononuclear cells (PBMCs) were cultured in GlutaMax-I Roswell Park
Memorial Institute medium 1640 (RPMI 1640, Gibco-ThermoFisher Scientific, Waltham,
MA, USA), supplemented with 10% heat-inactivated FBS, 100 U/mL penicillin, 100 mg/mL
streptomycin, and 20 mM HEPES. After incubating for 3 h at 37 ◦C in a 5% CO2 atmosphere,
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non-adherent cells were discarded, and the adherent PBMCs were washed with fresh
medium. These adherent PBMCs were then differentiated by maintenance in activation
medium (GlutaMax-I RPMI 1640 containing 10% heat-inactivated FBS, 100 U/mL penicillin,
100 mg/mL streptomycin, 20 mM HEPES, and 10% human AB serum (Sigma Aldrich, St.
Louis, MO, USA)) for 7 days, allowing for their transformation into macrophages. The
resulting MDMs were subsequently cultured in the activation medium for up to four weeks,
with medium changes occurring every 3 days, as previously described [41].

CD4+ T-cells were isolated from buffy coats obtained from healthy blood donors
(DRK-Blutspendedienst, Mannheim, Germany) with approval by the local ethics committee
(S-023/2022 and S-025/2022). Negative CD4+ T-cell isolation was performed using the
RosetteSep™ Human CD4+ T-Cell Enrichment Cocktail (STEMCELL Technologies Inc., Van-
couver, BC, Canada) following the manufacturer’s instructions. Briefly, the buffy coats were
mixed with the enrichment cocktail and incubated before being layered onto Ficoll-PaqueTM

PLUS (GE Healthcare Bio-Sciences, Uppsala, Sweden) and centrifuged. After isolation, the
cells were washed, treated with ammonium–chloride–potassium lysis buffer to remove red
blood cells, and resuspended in complete T-cell medium consisting of GlutaMax-I RPMI
1640 supplemented with 10% fetal bovine serum (Capricon Scientific, Ebsdorfergrund,
Germany), 100 U/mL penicillin/100 mg/mL streptomycin (Gibco-ThermoFisher Scientific,
Waltham, MA, USA), and 10 ng/mL IL-2 (Biomol GmbH, Hamburg, Germany). The cells
were left in a resting state or activated using Dynabeads® Human T-Activator CD3/CD28
(Gibco-ThermoFisher Scientific, Waltham, MA, USA) at a bead-to-cell ratio of 1:5 and
cultured in 24-well plates at a cell density between 1 and 2 × 106 cells/mL for 72 h in a
humidified incubator at 37 ◦C with 5% CO2.

For production of non-infectious, RT-competent HIV-1 (NNHIV) particles, HEK293T
cells were seeded into 10 cm dishes at a density of 5 × 106 cells in 6 mL per dish, one
day prior to transfection. The following day, the cells were transfected using a standard
calcium phosphate procedure with a total of 10 μg of DNA per 10 cm dish. The transfection
mixture included the non-infectious proviral plasmid NNHIV env(stop) ANCH [29,30], a
Vpr.IN.eGFP expression plasmid containing the corresponding mutations in the IN gene
on the NNHIV plasmid [42], and a pCMV-VSV-G expression plasmid (Addgene plasmid
#8454, a gift from Bob Weinberg [43]) in the ratio of 7.7:1.3:1.0 μg. After 4–6 h, medium
was replaced, and the cells were incubated at 37 ◦C for an additional two days prior to
harvesting the supernatant. The supernatant was then centrifuged at 300× g for 5 min
to remove cell debris and subsequently filtered through 0.45 μm mixed cellulose ester
(MCE) filters. The filtered supernatant was layered onto a 20% (w/v) sucrose cushion and
centrifuged at 107,000× g for 1.5 h at 4 ◦C. The resulting viral particles were resuspended in
30 μL of ice-cooled phosphate-buffered saline (PBS) containing 10% FBS and 10 mM HEPES
(pH 7.5), pooled, rapidly frozen in liquid nitrogen, and stored at −80 ◦C. Viral stocks were
quantified using the SYBR Green-based Product Enhanced Reverse Transcription assay
(SG-PERT) as described previously [44].

2.2. Cell Seeding and Fixation

MDM and TZM-bl cells were directly seeded onto 6–18 mm glass coverslips, which
were placed in multi-well plates, at least 24 h before fixation. Cell density was adjusted to
reach 70–90% confluency on the day of fixation. CD4+ T-cells were seeded onto polyethylen-
imine (PEI)-coated 12 mm coverslips at a density of 300,000 cells per coverslip and incubated
for 40 min at 37 ◦C in a 5% FBS/PBS solution. The PEI coating was applied for 1 h at
37 ◦C using 100 μL of a 0.5 mg/mL PEI solution. Prior to transferring the cells, the coated
coverslips were washed three times with ddH2O. For fixation, the medium was removed,
and the coverslips were washed once with PBS. Fixation was performed for 10 min at room
temperature using 4% paraformaldehyde (PFA, Electron Microscopy Sciences, Hatfield, PA,
USA, #15719)/0.0075% glutaraldehyde (GA, Sigma Aldrich, Taufkirchen, Germany, G5882-
10X1ML) in PBS. Subsequently, the coverslips were washed three times with PBS before
either proceeding to U-ExM or being stored in PBS at 4 ◦C. For imaging during the U-ExM
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process, nuclei were briefly stained with 1 mg/mL Hoechst 33342 (here referred to only
as Hoechst, Thermo Fisher Scientific, Waltham, MA, USA) for 5 min at room temperature
in the dark. Afterwards, the coverslips were washed twice with PBS before imaging and
subsequent expansion.

For determination of optimal fixation conditions for maintaining cytoplasmic integrity,
cells were washed and fixed using either a pH 6.8 PEM buffer (composed of 80 mM PIPES,
5 mM EGTA, and 2 mM MgCl2 in ddH2O) as described by Leyton–Puig [45] or a pH 7.4
PHEM buffer (containing 60 mM PIPES, 25 mM HEPES, 10 mM EGTA, and 2 mM MgCl2 in
ddH2O) as outlined by Sobue [46] instead of PBS. For fixation with a pH 6.1 cytoskeleton
buffer (10 mM MES, 150 mM NaCl, 5 mM EGTA, 5 mM glucose, and 5 mM MgCl2 in
ddH2O) following the protocol of Small [47], cells were rinsed once with pre-warmed
cytoskeleton buffer. Cells were then detergent extracted with 0.25% Triton X-100/0.3% GA
in cytoskeleton buffer for 90 sec at room temperature, followed by fixation with 2% GA
in cytoskeleton buffer for 15 min at room temperature [45,48,49]. After fixation, cells were
rinsed once with cytoskeleton buffer and then quenched with 50 mM NH4Cl in PBS for
10 min at room temperature. Finally, cells were washed twice with PBS before progression
to U-ExM as described below.

For cryofixation, samples were treated according to the protocol provided by Laporte
et al. [50]. Briefly, cells seeded on 6 mm coverslips were incubated briefly with either
HEK293T growth medium or HEPES-buffered Hanks Balanced Salt Solution (HHBSS com-
posed of 20 mM HEPES, 137 mM NaCl, 0.49 mM MgCl2, 1.26 mM CaCl2, 5.4 mM KCl, 0.41
MgSO4, 0.64 mM KH2PO4, 3 mM NaHCO3, and 5.5 mM glucose) containing 10% glycerol
at pH 7.4. The samples were then plunge-frozen in liquid ethane that had been precooled
at liquid nitrogen temperature using a Leica EM GP2 plunge freezer (Leica Microsystems,
Wetzlar, Germany). The plunge freezer was operated as indicated by the manufacturer in a
sample chamber environment of 25 ◦C and 80% humidity, a liquid ethane temperature of
−183 ◦C, and using one-sided blotting on Whatman grade 1 filter paper (Sigma Aldrich,
St. Louis, MO, USA; #1001-055) with a blotting time of 5 s. Subsequently, the samples
were incubated in dry ice-chilled acetone (Sigma Aldrich, Taufkirchen, Germany, #270725-
1L, HPLC, ≥99.9%), progressively transitioned to 0 ◦C before rehydration in a series of
ethanol (Fischer Scientific-Thermo Fischer Scientific, Waltham, MA, USA, #E/0650DF/15
1L, ≥99.8%)/water baths with increasing water percentages [50]. Once the samples reached
PBS incubation, samples were expanded as described below.

2.3. Ultrastructure Expansion Microscopy (U-ExM)

The protocol established by Gambarotto et al. [36] was implemented with minor
modifications to optimize gel handling and reagent usage. A comprehensive protocol,
including detailed information on all reagents, can be found in File S1. As previously
described, sodium acrylate quality is critical for expansion. Here, we used sodium acrylate
powder from AK Scientific (Union City, CA, USA; R624-5g), which was stored at −20 ◦C
and consistently yielded good results in our hands.

The U-ExM protocol involves several steps (Table 1), each with extended incubation
times. The approximate durations for each step are as follows: anchoring/crosslinking
prevention (3.5 h), gelation (1.5 h), denaturation (2 h), first expansion (either 3× 30 min, or
2× 30 min and once overnight), gel shrinking (30 min), blocking (30 min), primary antibody
incubation (2.5 h to overnight), washing (50 min), secondary antibody incubation (2.5 h),
washing (50 min), and final expansion and staining with synthetic fluorescent sphingosine
BODIPY-Ceramide dyes (BODIPY, Thermo Fisher Scientific, Waltham, MA, USA) staining
(1× 30 min, overnight, and 2× 30 min). In some cases, we included an additional staining
step using a fluorescently conjugated NHS-ester (ATTO-TEC, Siegen, Germany) after the
second antibody incubation and washing, which extended the protocol for an additional
2 h to account for incubation and washing. To mitigate contamination risks during the long
incubation times, particularly those involving bovine serum albumin (BSA, fatty acid free
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from Carl Roth®, Karlsruhe, Germany), we supplemented all solutions with 0.01% NaN3
(w/v) for any incubation lasting 30 min or longer.

Table 1. Different steps of the U-ExM protocol and their approximate duration.

Step Time

Day 1

Anchoring 3.5 h
Gelation 1.5 h

Denaturation 2 h
First expansion 1.5 h
PBS shrinking 0.5 h

Blocking 0.5 h
Primary antibody incubation overnight

Day 2

Washing 1 h
Secondary antibody incubation 2.5 h

Washing 1 h
[NHS-ester staining] [1.5 h]

[Washing] [0.5 h]
Second expansion and BODIPY staining overnight

Day 3 Final expansion steps 1 h

Although the U-ExM protocol can be completed over three days, we opted for a
two-day schedule for the expansion process, with imaging typically conducted on the third
and fourth days.

2.3.1. Sample Mounting

Gel pieces were imaged using either Poly-D-Lysine-coated ibidi 8-well glass bottom
μ-slides (ibidi GmbH, Gräfeling, Germany) or uncoated 6-well plates (Corning GmbH,
Kaiserslautern, Germany). To prepare the ibidi-coated μ-slides, 200–500 μL of a 0.1 mg/mL.
Poly-D-Lysine solution (Gibco-Thermo Fisher Scientific, Waltham, MA, USA) was added to
each well and incubated for 1 h at 37 ◦C. Afterwards, the wells were washed three times
with ddH2O. The orientation of cells within the gels was determined using a Nikon eclipse
Ts2 widefield inverted benchtop microscope (Nikon Instruments Inc., Tokyo, Japan) by
examining either Hoechst or BODIPY staining through a 10×/0.25 air objective. For gel
mounting, a piece of gel that fit into a well of an ibidi 8-well μ-slide was carefully excised
and gently pressed, cell-side down, into the coated well to ensure leveling and minimize
air bubbles. To prevent the gels from drying during imaging, 2–3 drops of ddH2O were
added to the well.

Unmounted, expanded, and stained gel pieces were kept in ddH2O supplemented
with 0.01% NaN3 for up to one week, allowing for later mounting and imaging.

2.3.2. Expansion Factor Measurement

Since only sections of the original gel were used for imaging, it was not possible
to determine the final expansion factor by measuring the final gel diameter, as has been
carried out previously [36]. Instead, we measured the diameter of the gel after shrinkage
and just prior to excising the gel pieces to determine an initial expansion factor, EFPBS.
Rectangular gel pieces were then excised and measured before proceeding with staining
and expansion. After the final expansion and prior to mounting, we measured the fully
expanded gel piece again to determine a second expansion factor, EFH2O. Consequently,
the final expansion factor EFFinal was calculated as follows:

EFFinal = EFPBS × EFH2O (1)
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2.4. Fluorescence Microscopy

Imaging of samples during the U-ExM process was conducted using a Nikon eclipse
Ts2 widefield inverted benchtop microscope (Nikon, Tokyo, Japan) equipped with a
10×/0.25 Ph1 ADL air objective (working distance (WD) 6.2 mm) and a 385/470/560
filter set. Images were acquired with a CMOS DMK 33UX174 camera (theimagingsource,
Bremen, Germany) using the NIS-Elements D software (version 5.02, Nikon, Tokyo, Japan).
Exposure time, gain, and gamma values were optimized to enhance contrast and visibility.

For large overviews of gel pieces as well as GelMap coverslips (Utrecht University,
Utrecht, Netherlands) [51], we employed the Zeiss CellDiscoverer 7 automated microscope
(Zeiss, Oberkochen, Germany). Gels and coverslips were imaged in either 6-well plates or
ibidi 8-well glass bottom μ-slides. Images were acquired using either a Plan-Apochromat
5×/0.35/WD 5.1 mm or a Plan-Apochromat 20×/0.7/WD 2.2 mm autocorr air objective
with 1×–2× tube lens magnification and a Zeiss Axiocam 712 sCMOS camera for detection.
Multichannel images were acquired using light-emitting diodes at 385 nm, 470 nm, 567 nm,
and 625 nm for excitation, paired with a quad-bandpass filter (QBP 425/30 + 514/30 +
592/25 + 709/100 nm) for emission. Image tiling was executed with a 10% overlap using
the Definite Focus module for focus stabilization.

Point laser scanning confocal microscopy was performed on a Zeiss LSM900 micro-
scope (Zeiss, Oberkochen, Germany) equipped with the Airyscan 2 detector. Imaging
was performed using either a Plan-Apochromat 20×/0.8/WD 0.55 mm air or a Plan-
Apochromat 63×/1.4/WD 0.193 mm oil immersion objective. Similar to previous imaging,
tiling was performed with 10% overlap and the Definite Focus module for focus stabilization.
Multichannel images were acquired sequentially in either frame or stack scanning mode,
employing diode lasers at 405 nm, 488 nm, 561 nm, and 640 nm for imaging of fluorophores
in the blue, green, orange, and red spectra of the visible light, respectively. Emission
detection was configured using variable dichroic mirrors, and detection was optimized
for emission spectra of different fluorophores. GaAsP PMT or Airyscan detectors were
ultilized, with gain typically set between 700 and 900 V, while the offset remained at 0%.
Sampling was optimized for Nyquist criteria (ca. 50 nm laterally and 250 nm axially for
the 63×/1.4 oil immersion objective), conducted bidirectionally at maximum scanning
speed with 2× line averaging. Post-acquisition processing of 2D or 3D Airyscan images
was performed using ZEN Blue (version 3.1, Zeiss, Oberkochen, Germany), applying the
default Airyscan Filtering (AF) strength.

STED microscopy was performed on an Expert Line STED system (Abberior Instru-
ments GmbH, Göttingen, Germany) equipped with an SLM-based easy3D module and an
Olympus IX83 microscope body with a 100× oil immersion objective (NA 1.4; WD 0.13 mm;
Olympus UPlanSApo). STED images were acquired using a 640 nm excitation laser and
spectral detectors, with detection ranges optimized for fluorophore emission accordingly.
A 775 nm STED laser (operating at 10–20% of the maximal power of 3 mW) was used for
depletion, with a pixel dwell time of 10 μs and 15 nm xy sampling.

2.5. Image Selection, Processing, and Analysis

For general image visualization and analysis, the FIJI distribution of the open source
software ImageJ (version 1.54f) was used [52]. Images were contrast adjusted to enhance
visibility and filtered with a mean filter with a radius of 1–2 pixel. Data graphs were gener-
ated and statistical analysis performed using GraphPad Prism version 5.00 for Windows
(GraphPad Software, San Diego, CA, USA). Images presented were selected as representa-
tive examples of 2–3 biological replicates, with at least 3 images (single planes or z-stacks)
being acquired per replicate after visual examination of samples. For samples infected with
NNHIV, infected cells were identified by the presence of CA- and high CPSF6-containing
structures in the nucleus before acquisition of 5–7 images over 2 biological replicates.
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2.5.1. Stitching

For tiled images, stitching was performed using Zen Blue version 3.9 without shading
correction, using the nuclear channel as a reference.

2.5.2. Bleedthrough Correction

Due to the usage of antibodies and dyes with spectral overlap as well as strong
fluorescence intensity in some channels, some bleedthrough was observed in multi-channel
imaging during point laser scanning confocal microscopy. To determine if fluorophore
bleedthrough was present, images were examined for the presence of duplicate structures in
multiple channels. If bleedthrough was present in a channel, a subtraction-based correction
approach was used to locally remove bleedthrough in the affected image [53]. Subtraction-
based bleedthrough correction can be used in cases where spectral crossover is only present
in one direction, i.e., if there is a reference channel without any bleedthrough available, as
was the case here.

First, the contribution of the fluorophore that causes bleedthrough was determined in
the channel that was affected by bleedthrough. To do so, in the image that was affected
by bleedthrough, the mean signal intensity was calculated in an area that only showed
bleedthrough. Then, the mean signal intensity was calculated in the same area of the
channel where bleedthrough originated. Subsequently, a bleedthrough correction factor
was determined by dividing the mean signal intensity of the channel where bleedthrough
originated by the mean signal intensity of the channel that was affected by bleedthrough.
To create a correction image that represented the bleedthrough, the original channel where
the bleedthrough originated was then divided by the calculated correction factor. The
resulting lower intensity correction image was then subtracted from the channel that was
affected by bleedthrough via the Image Calculator module in ImageJ (Figure S1).

2.5.3. Nucleus Segmentation and Nuclear Diameter Measurements

To determine the dimensions of the nucleus before and after expansion, the same
set of nuclei in both conditions were segmented. Prior to segmentation, images of nuclei
acquired before expansion were processed using a median filter with a radius of 1 pixel.
Subsequently, the nuclear channels of both images were segmented using the pre-trained
cell segmentation algorithm CP within the cellpose 2.2.1 framework (platform Win32,
python version 3.8.16, and torch version 1.12.0) [54]. Label images were exported as PNG
files and further processed in ImageJ. To separate nuclei before analysis, an erosion in xy
of 1 pixel was carried out using the ImageJ 3D Suite Close Labels function [55]. The images
were then thresholded, and the Feret diameter was measured using the Particle Analyzer
function in ImageJ with no restrictions for circularity or size.

2.5.4. NPC Dimension Measurements

For evaluating the properties of the Nup153 foci as a proxy for the dimensions of the
NPC, a maximum intensity projection of 21 z-slices, each spaced 140 nm apart, starting
from the bottom of a U2OS nucleus was created. The image was thresholded (600–65,535)
to isolate Nup153 signal foci, and the resulting binary image was analyzed using the
Analyze Particles function in ImageJ, excluding all objects at the borders of the image and
only including objects with a size of 20 pixel2 and larger. Subsequently, the maximum
and minimum Feret diameters were divided by the expansion factor EFFinal to account
for expansion.

2.5.5. Nup153 and Nup96-SNAP Signal Intensity Measurement

To measure the signal intensity of the Nup153- and Nup96-SNAP channels, a line
was drawn through an area of the nuclear envelope containing several distinct Nup153
foci. Signal intensities along the line were measured in both channels using the plot profile
function of ImageJ. The intensity values were exported and normalized to the minimum
and maximal values for each channel. During plotting, the graphs were aligned to the
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point of highest intensity to compensate for any potential shifts that may have occurred
during imaging.

3. Results

Expansion microscopy has gained significant traction within the broader research
community; however, its application in virology remains limited, with particularly few
studies exploring HIV-1-related phenomena [56,57]. Other studies have investigated gen-
eral aspects of the broader virology field, such as the spatial distribution of virions and
viral proteins in infected cells and tissues, as well as host cell alterations following infec-
tion [58–61]. Among the available expansion protocols, the U-ExM method, which offers
a 4–5-fold expansion alongside a post-expansion labeling approach, has found broader
application in fields such as parasitology, centriole biology, and neurobiology, where it has
significantly improved the visualization of target structures [62–66]. Here, we aim to assess
the effectiveness of the U-ExM protocol to probe processes during virus infection, with a
particular focus on nuclear HIV-1–cell interactions at high resolution.

3.1. The Ultrastructure Expansion Microscopy Protocol Allows Robust Expansion with Good
Preservation of Cellular Morphology

We first benchmarked the U-ExM protocol for application in TZM-bl cells, a HeLa-
derived cell line frequently used in HIV-1 research [38]. To establish fundamental expansion
parameters, we adhered closely to the protocol outlined by Gambarotto in 2021 [36], with
minor modifications to optimize sample handling and reagent usage (refer to Materials
and Methods as well as File S1 for a detailed protocol). To monitor the expansion process
and the cell state during the U-ExM protocol, we seeded TZM-bl cells onto glass coverslips
and subjected them to the U-ExM process. We employed nuclear staining using Hoechst
at low concentrations directly after fixation to visualize the position and morphology of
nuclei. Imaging was conducted following fixation, after incubation with the anchoring
solution, immediately after gelation within intact gels sandwiched between the sample
coverslip and a rectangular glass slide, as well as in detached gels post-denaturation
(Figure 1A,B). Cells were clearly visible at all time points prior to denaturation, exhibiting
normal cellular and nuclear morphology and size (Figure 1B). Although the Hoechst signal
was lost after denaturation, most likely due to the harsh conditions necessary for sample
homogenization, cells remained discernible in transmitted light (Figure 1B). Consistent with
the observed size increase of the gel during denaturation, longitudinal cell size increased
from ca. 30 μm to up to 100 μm in the gels post-denaturation (Figure 1B). Following the
U-ExM protocol, gels were fully expanded for the first time via incubation in deionized
water overnight and subsequently shrunk again by incubation in PBS to facilitate sample
handling. To minimize reagent usage for staining, we excised 1 cm × 0.5 cm pieces from
the center of the gel for blocking and staining. For initial characterization of cellular and
nuclear morphology, chromatin was stained using Hoechst, and samples were incubated
with BODIPY during the final expansion to visualize lipid membranes, as previously
established [67]. Measurement of gel and coverslip sizes before and after expansion
indicated an expansion factor of ca. 4.3, in line with previous studies in mammalian cells
and other eukaryotes [18,63,67]. After the final expansion, cells showed a normal overall
morphology within the gel, with longitudinal cell sizes often exceeding 100 μm, consistent
with the calculated expansion factor (Figure 1B). It is noteworthy that samples were more
prone to degradation and contamination after expansion; hence, we consistently employed
0.01% sodium azide for any incubation or storage period exceeding one hour.

Next, we assessed whether samples experienced distortion during the expansion
process by directly comparing cells before and after expansion. In traditional pre-expansion
labeling protocols, structures can be imaged both prior to and following expansion, allow-
ing direct comparisons. However, in the case of U-ExM, direct comparisons are more chal-
lenging, as staining typically occurs only after expansion. To identify the same set of cells
before and after expansion as well as to visualize any sample deformation, we employed
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the GelMap system developed by the Kapitein lab [51]. The GelMap consists of a coverslip
printed with a defined fluorescently labeled protein pattern comprising a 20 × 20 μm grid
along with numerical and letter markers (Figure S2A). For reference images, we acquired
wide-field images of fixed TZM-bl cells seeded on an 18 mm GelMap coverslip patterned
with a custom R2-myc-his nanobody conjugated to ATTO 647N (Figures 1C and S2B,D).
Subsequently, the whole GelMap coverslip was expanded, and a 1 cm × 0.5 cm gel piece
was excised from the center of the gel before blocking and staining. Although the ATTO
647N fluorescence was lost during the U-ExM procedure, the GelMap grid could be visual-
ized via α-R2-myc immunofluorescence staining in wide-field microscopy after expansion,
allowing for identification of positions that had been imaged before expansion (Figures 1D
and S2C,E).

Figure 1. U-ExM enables robust 4.3-fold expansion with minor macroscopic distortions. (A) A
schematic overview illustrating the different steps involved in the U-ExM procedure. (B) TZM-bl
cells, fixed with PFA/GA, stained for chromatin (Hoechst, cyan) and membranes (BODIPY, right
panel, gray) and imaged at different steps of the U-ExM process. Scale bar: 100 μm. (C) TZM-bl cells
seeded onto an 18 mm GelMap slide patterned with R2-myc-his-ATTO 647N (magenta), fixed with
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PFA/GA, and stained for chromatin (Hoechst, cyan). Scale bar overview, 100 μm; scale bar enlarge-
ment, 50 μm. Arrowhead marks the position of the same cluster of cells before and after expansion in
(C,D). (D) TZM-bl cells seeded onto an 18 mm GelMap slide, fixed with PFA/GA, expanded by U-
ExM, and stained for chromatin (Hoechst, cyan), membranes (BODIPY, gray), and R2-myc (magenta).
Scale bar, 200 μm. (E) Measurement of the Feret diameter of the nuclei of the same set of TZM-bl
cells seeded onto an 18 mm GelMap slide, fixed with PFA/GA and stained for chromatin, before and
after expansion; n = 168; medianbefore = 17.03 μm, medianafter = 72.63 μm; data plotted according to
Tukey box plot. (F,G) TZM-bl cells stained for chromatin (Hoechst, cyan) and membranes (BODIPY,
gray) exhibiting expansion artifacts. Scale bar, 100 μm. All scale bars in expanded samples reflect
post-expansion sizes.

To compare the appearance of cells before and after expansion, we segmented the
same set of nuclei using the cellpose 2 CP algorithm on images taken before and after
expansion, measuring the maximum diameter of these nuclei (Figure S3A,B). Comparison
revealed a maximum diameter of ca. 17 μm before and 73 μm after expansion, indicating
a nuclear expansion of about 4.3-fold. This finding aligns with our measurements of the
expansion factor based on gel size, suggesting that the observed increase in gel size is
directly translatable to microscopic structures (Figure 1E). Although the overall distribution
of nuclei was retained and cells maintained their relative position, the masks of the seg-
mented nuclei before and after expansion could not be overlaid using rigid transformation
or scaling, indicating local distortion (Figures 1C,D and S3C). This was further confirmed
by inspection of the protein grid, which displayed small local deformations in the grid
lattice and large disruptions in certain areas (Figure S2B–E). Nevertheless, the overall shape
and morphology of individual cells appeared to be well conserved (Figures 1C,D, S2B–E
and S3A,B).

While most cells showed no apparent abnormalities, expansion artifacts were vis-
ible in 5–20% of the cells (Figure 1F,G). These artifacts could be categorized into two
groups: (i) cells that appeared to not have been permeabilized during the expansion
process (Figure 1G), and (ii) cells exhibiting cytoplasmic rupture (Figure 1F). In severe
instances, cytoplasmic rupture resulted in the displacement of visually intact nuclei from
empty and occasionally collapsed cytoplasmic shells (Figure 1F). Non-permeabilized cells
appeared as opaque, cell-shaped structures lacking staining and could be identified already
after denaturation (Figure 1B,G). Although both phenotypes were observed across different
samples, they never occurred simultaneously. The abnormal cells were visually distinct
from properly expanded cells, allowing for their immediate exclusion from further analysis.

3.2. Optimization of Fixation and Imaging Conditions

Although nuclei showed no visible abnormalities even in severe cases of cell rupture,
inspection of the cytoplasmic compartment through Airyscan microscopy occasionally
revealed gaps in the BODIPY membrane staining. This finding indicates compromised
cytoplasmic integrity (Figure S4A). To optimize the preservation of the cytoplasmic com-
partment during expansion, we employed various fixation procedures, expanded TZM-bl
cells, and performed staining using an α-tubulin antibody alongside a membrane marker
(BODIPY) and Hoechst. It is noteworthy that microtubules are prone to fragmentation
under inadequate fixation conditions [50,68], while membrane staining was utilized to
assess overall compartment integrity. We compared several fixation conditions, including
cryofixation [50] in different solutions and chemical fixation with 4% PFA/0.0075% GA us-
ing different buffer conditions optimized for cytoskeletal conservation (Table 2, Figures 2A
and S4B,C).

Regular chemical fixation using a 4% PFA/0.0075% GA in PBS solution resulted in
fragmented microtubules and diffuse membrane signals when observed with Airyscan
microscopy. In contrast, alternative fixation conditions, including chemical fixation in
PHEM buffer and cryofixation in HHBSS/10% glycerol, showed uninterrupted micro-
tubules and distinct membrane networks (Figures 2A and S4B,C). Notably, these different
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fixation conditions did not alter the appearance of the nuclear compartment (Figures 2A
and S4B,C).

Table 2. Different fixation conditions for optimization of sample preservation.

Fixation Condition Buffer Solution

Cryofixation
Medium, pH 7.4

Hepes-buffered Hanks’ balanced salt solution
(HHBSS)/10% glycerol, pH 7.4

Chemical fixation
(4% PFA/0.0075% GA)

PBS buffer, pH 7.4
PHEM buffer, pH 7.4
PEM buffer, pH 6.8

(0.25% Triton X-100/ 0.3% GA;
2% GA) Cytoskeleton buffer, pH 6.1

Figure 2. Sample preparation and imaging optimization are critical for expanded samples. (A) TZM-
bl cells fixed with PFA/GA in either PBS or PHEM buffer, expanded and stained for chromatin
(Hoechst, cyan), membranes (BODIPY, yellow), and α-tubulin (magenta). Scale bar overview, 20 μm;
scale bar enlargements, 10 μm. (B) 3D structure of an expanded TZM-bl cell, stained for chromatin
(Hoechst, cyan) and membranes (BODIPY, green). First panel, zy-slice; second panel, xy-slice. The
magenta dashed line denotes the position of the xy slice in z. Scale bar, 10 μm. (C) Single slices of the
same expanded TZM-bl cell as in (B), stained for chromatin (Hoechst). Scale bar, 10 μm. All scale
bars in expanded samples reflect post-expansion sizes.
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Next, we evaluated the 3D sample structure by employing confocal microscopy and
optical sectioning. We acquired 3D stacks of whole TZM-bl cells after expansion using
Airyscan microscopy, using BODIPY and Hoechst staining to visualize the cellular and
nuclear compartments (Figure 2B, Video S1). Reconstruction of cells showed robust 3D ex-
pansion without apparent distortion of the cell body or the nucleus (Figure 2B, Video S1). As
expected for a 4.3-fold expansion, cells regularly reached heights of over 50 μm (Figure 2B),
which resulted in extended imaging times at maximal resolution. In addition, we observed
a decrease in fluorescence intensity when acquiring 3D volumes and imaging deeper into
the sample (Figure 2B,C, Video S1). This reduction in signal intensity was likely due to a
combination of increased scattering and bleaching, which were particularly pronounced
with fluorophores within the blue light spectrum, including Alex 405 Plus, Hoechst, and
BODIPY (Figure 2B,C, Video S1). Nevertheless, the signal degradation in general stains like
Hoechst and BODIPY was largely negligible for the identification of relevant structures
(Figure 2C). To prevent signal degradation during imaging of immunostained targets, we
also employed fluorophores developed for STED microscopy, including long-stokes shift
dyes, which exhibit greater resistance against bleaching [69].

3.3. U-ExM Achieves Robust Expansion of Different Cell Types

We subsequently investigated the applicability of the expansion procedure established
for the TZM-bl model cell line across different cell types. Here, we focused on cell types
relevant for HIV-1 research, particularly primary cells recognized as significant HIV-1
reservoirs [70]. To this end, we fixed and expanded both resting and activated primary
CD4+ T-cells as well as monocyte-derived macrophages (MDMs). To evaluate the overall
morphology of the expanded cells, we employed a combination of Hoechst and BODIPY
staining. Additionally, we used immunofluorescence staining for the inner nuclear pore
complex (NPC) protein Nup153 to investigate the NPC distribution and morphology. All
cell types were robustly expanded, achieving a ca. 4.3-fold size increase while maintaining
intact cell bodies (Figure 3A).

Airyscan microscopy of expanded cell nuclei revealed distinct chromatin domains,
characterized by varying degrees of Hoechst staining, likely representing euchromatin (low
intensity) and heterochromatin states (high intensity) (Figure 3A). Notably, strong Hoechst
staining was prominent at the nuclear periphery and around nucleoli, which are known
to serve as heterochromatin hubs [71]. Interestingly, while resting CD4+ T-cells exhibited
a high density of condensed chromatin, activated T-cells showed a larger proportion of
euchromatin (Figure 3A). This difference likely reflects the distinct chromatin architecture
resulting from the varying transcriptional programming between the activated and resting
states [72].

Expansion resulted in substantial improvement in rendering the cytoplasmic T-cell
compartment, which is typically challenging to visualize by fluorescence microscopy
(Figure 3A). All cells displayed a complex membranous network throughout the cytoplasm,
with the nucleus containing markedly less BODIPY staining than the cytoplasm (Figure 3A),
consistent with the lower lipid and membranous structure contents in the nucleus. In
contrast, nucleoli showed a relatively high BODIPY intensity (Figure 3A).

Staining for Nup153 revealed numerous distinct spots decorating the nuclear envelope.
The Nup153 foci had a diameter of around 400 nm (corresponding to ca. 100 nm in the
pre-expansion state, as expected for nuclear pores [73]) and were primarily localized at the
periphery of the chromatin staining, indicating that these foci represent individual NPCs
(Figure 3A).
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Figure 3. U-ExM allows expansion of various cell types and cellular structures. (A) TZM-bl cells,
resting and activated CD4+ T-cells, and MDM fixed with PFA/GA, expanded and stained for
chromatin (Hoechst, cyan), membranes (BODIPY, green), and Nup153 (magenta). Scale bar, 10 μm.
(B) Cropped region of the nucleus of an MDM fixed with PFA/GA, expanded and stained for
chromatin (Hoechst, cyan), membranes (BODIPY, green), and Nup153 (magenta) showing double
membrane layers of the nuclear envelope in membrane staining. Scale bar, 2 μm. (C) Cropped region
of the nucleus of an MDM fixed with PFA/GA, expanded and stained for chromatin (Hoechst, cyan),
membranes (BODIPY, not shown in merge), and Nup153 (magenta), showing heterochromatin-free
channels beneath the NPCs in the nucleus. Scale bar, 2 μm; arrowheads mark the position of NPC.
(D) A TZM-bl cell fixed with PFA/GA, expanded and stained for chromatin (Hoechst, cyan), protein
density (NHS-ester, green), SRRM2 (yellow), and SON (magenta), showcasing different intranuclear
compartments. Scale bar, 10 μm. (E) Enlargements from (D) highlighting nuclear speckles and
nucleolus. Scale bar, 5 μm. All scale bars in expanded samples reflect post-expansion sizes.
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3.4. Different Cellular Structures Are Well Conserved after Expansion

We next focused on the preservation of the nuclear compartment by visualizing differ-
ent, well-characterized nuclear structures. In non-diving cells, the nucleus acts as a closed
compartment, presenting a potential barrier to invading viruses [22,23]. These viruses
must hijack the cellular nuclear import machinery, or the NPC, to gain entry into the
nucleus [22]. To assess whether U-ExM can be used to investigate virus–host interactions
at the nuclear pore, we first probed the ultrastructure of the NPC and nuclear periphery in
their unperturbed state. A structurally conserved and well-defined feature of the nuclear
periphery is the presence of chromatin-free regions below the NPC, which has already
been described in early studies on nuclear architecture using electron microscopy [71]. We
fixed and expanded primary MDMs and visualized the different structures of the nuclear
periphery by using BODPY to stain the nuclear envelope membrane, Hoechst to visualize
the chromatin structure, and Nup153 immunostaining to mark the position of the NPC.
Using Airyscan microscopy, we could clearly observe the individual layers of the nuclear
envelope in some regions where it was oriented perpendicular to the imaging plane due to
the enhanced resolution provided (Figure 3B). Additionally, even in regions where such
distinct visualization of the nuclear envelope layers was not achievable, we consistently
observed heterochromatin-free regions beneath the NPC, as indicated by Nup153 immunos-
taining (Figure 3C). These heterochromatin-free regions appeared as narrow, elongated,
channel-like structures that eventually connected and merged with larger heterochromatin-
free areas further from the nuclear envelope (Figure 3C). These observed structural features
align with the widely accepted model of the chromatin landscape at the nuclear periphery,
where the interchromatin space is characterized by chromatin-free channels below the
NPCs, connecting to a larger, continuous network throughout the nucleus [71].

The interchromatin space of the nucleus also harbors several specialized compart-
ments that may be exploited by viruses for their own purposes [23]. Among these, nuclear
speckles are the most abundant. These chromatin-free, membraneless organelles function
as storage sites for splicing components and play a crucial role in RNA processing [74].
Another prominent nuclear compartment is the nucleolus, which is primarily involved in
ribosome biogenesis [74]. Both nuclear speckles and nucleoli are characterized by low chro-
matin abundance, high protein density, and formation through phase condensation [74].
They can be visually distinguished by their shape and size: nucleoli are larger and spherical,
whereas nuclear speckles are more numerous, smaller, and less defined in structure. Addi-
tionally, both compartments can be distinguished by the localization of the nuclear speckle
structural proteins SRRM2 and SON, which form the main scaffold of nuclear speckles but
are absent in nucleoli [74]. To investigate whether the structural integrity of these compart-
ments is preserved after U-ExM, we fixed and expanded TZM-bl cells, staining them for
chromatin using Hoechst and for the two nuclear speckle proteins SRRM2 and SON. We
also employed fluorescently conjugated N-Hydroxysuccinimide (NHS)-ester to visualize
protein distribution within the nuclear compartment, as this reagent reacts with primary
amines in proteins, providing a general staining for protein density [10,36]. Airyscan mi-
croscopy revealed the presence of multiple chromatin-free regions of different sizes within
the nucleus (Figure 3D). As expected, these chromatin-free regions showed higher protein
density; however, only the smaller regions colocalized with SON and SRRM2, confirming
their identity as nuclear speckles (Figure 3D,E). This finding indicates that the structure
and composition of phase-separated nuclear bodies, such as nuclear speckles and nucleoli,
are well preserved in U-ExM.

3.5. Nanoscopic Targets Are Well Preserved during Expansion

Since virus–host interactions predominantly occur at a nanoscale, we aimed to investi-
gate whether U-ExM alters the structure of well-defined large macromolecular complexes.
The NPC is among the best characterized and structurally defined assemblies within eu-
karyotic cells. Containing more than 500 individual proteins, the NPC forms a channel
with an eight-fold symmetry, consisting of three stacked rings. The diameters of the circular
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NPC structures range from 40 to 60 nm in the inner ring’s channel to 150 nm in the distal
components of the nuclear ring [29,73]. The nuclear basket protein Nup153 is located
on the nuclear side of the NPC. Although the structure of the nuclear basket remains
poorly defined, single-molecule localization data indicate that it occupies an area with a
diameter of ca. 100 nm below the main body of the NPC [73]. When we probed MDM
with immunostaining using a primary and secondary antibody cascade against Nup153,
single NPC could not be resolved in Airyscan microscopy but could be distinguished
using STED microscopy (Figure 4A). In contrast, when applying U-ExM to MDM followed
by immunostaining and Airyscan microscopy, we could clearly distinguish individual,
circular Nup153 signals, representing NPCs (Figure 4A). The combination of U-ExM and
Airyscan microscopy reaches similar resolutions as STED microscopy while also reducing
linkage errors during immunostaining, thereby enhancing the separation of individual
pore complexes (Figure 4A).

Figure 4. NPC diameter is well conserved after U-ExM. (A) Different MDM fixed with PFA/GA and
either stained for Nup153 and imaged with Airyscan microscopy or STED microscopy or expanded,
stained for Nup153 and imaged with Airyscan microscopy. Scale bar of Airyscan and STED panel,
1 μm; scale bar U-ExM panel, 4 μm. (B) Maximum intensity projection (MIP) of the bottom of an
expanded U2OS cell nucleus, stained for chromatin (Hoechst, gray) and Nup153 (magenta). Scale bar,
10 μm; scale bar enlargement, 1 μm. Arrowheads mark the position of select NPC. (C) Analysis of
NUP153 signal to determine NPC dimension, measured as maximum and minimum Feret diameters.
Sample size (n = 222); medianmax diameter = 109 nm, medianmin diameter = 91 nm; data blotted according
to Tukey box plot with outliers shown as single data points. All scale bars in expanded samples
reflect post-expansion sizes.

To further probe the morphology of the NPC, we subjected U2OS cells to U-ExM
and performed Nup153 immunostaining alongside Hoechst staining to characterize the
nanoscopic environment of the pore. We then acquired Nyquist-optimized 3D volumes of
the nuclei close to the sample carrier using Airyscan microscopy (Figure 4B, Video S2). In
maximum intensity projections of 3D volumes, NPC appeared as distinct, round structures,
again associating with heterochromatin-free regions (Figure 4B). To further explore the
structure of the NPC after expansion, we measured the minimum and maximum diameter
of the Nup153 signals in the expanded sample (Figures 4C and S5A). Considering the
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expansion factor of 4.3, we determined that the minimum and maximum diameters of
Nup153 ranged from ca. 90–110 nm across a wide range of foci, with an aspect ratio of 1.2
between minimum and maximum diameter. These data indicate that nuclear pores were
well conserved at the nanoscale (Figures 4C and S5B).

To push the limit of resolution that can be obtained with widely available imaging
methods such as Airyscan microscopy, we stained expanded TZM-bl cells for the distal
inner NPC component ELYS. This protein forms a ring structure composed of eight subunits,
previously measured to have a diameter of ca. 150 nm using SMLM, making it one of the
largest diameters of the NPC [73]. In maximum intensity projections of Nyquist-optimized
3D volumes at the bottom of nuclei stained using a primary and secondary antibody
cascade, we successfully visualized some ring-like structures, although most ELYS signals
appeared as punctuate structures (Figure 5A). This indicates that U-ExM, in combination
with Airyscan microscopy, can resolve the subunit arrangement of structures with a total
diameter of as small as 150 nm, even when employing common immunofluorescence
strategies. We also probed the spatial separation of the distal cytoplasmic and nuclear
components of the NPC after expansion, which are only separated by the length of the NPC
itself. Using immunostaining against the peripheral cytoplasmic NPC proteins Nup88 and
ELYS, we found a clear separation of both targets across the nuclear envelope in imaging
planes perpendicular to the nuclear envelope when using Airyscan microscopy (Figure 5B).

 

Figure 5. U-ExM allows visualization of nanoscopic structures. (A) MIP of a TZM-bl cell fixed with
PFA/GA, expanded and stained for ELYS (magenta), showing ring-like structures (enlargements).
Scale bar overview, 10 μm; scale bar enlargement, 1 μm. (B) Single z-slice of a TZM-bl cell fixed with
PFA/GA, expanded and stained for chromatin (Hoechst, cyan), membranes (BODIPY, green), Nup88
(yellow), and ELYS (magenta). Scale bar overview, 10 μm; scale bar enlargement, 1 μm. (C) U2OS
cells stably expressing Nup96-SNAP fixed with PFA/GA, permeabilized with saponine, and stained
with BG-Biotin before expansion and staining for chromatin (Hoechst, cyan), membranes (BODIPY,
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green), Nup153 (yellow), and biotin-labeled Nup96 via fluorescently conjugated Streptavidin (ma-
genta). Scale bar, 20 μm. (D) Enlargement from (C) showing a portion of the nuclear envelope. Scale
bar, 5 μm. (E) Composite image of the region shown in (D). Scale bar: 5 μm; line denotes position of
line profile for (F) normalized signal intensity of the Nup153 (yellow) and Nup96-SNAP (magenta,
dotted line) signal over the line shown in (E). Line profiles were aligned to the maximum peak. All
scale bars in expanded samples reflect post-expansion sizes.

Although the relative linkage error in U-ExM is reduced compared to both pre-
expansion staining expansion workflows and conventional immunofluorescence anal-
ysis (ca. 7 nm compared to 30 nm), some uncertainty remains when probing nanoscopic
structures. To further minimize linkage errors, several approaches have been developed,
including the self-labeling protein tags such as SNAP-, CLIP-, or HaloTag. These tags bind
directly and irreversibly to their substrates, resulting in a linkage error equivalent to the
size of the tag itself (i.e., ca. 5 nm) [75]. Therefore, we aimed to evaluate the application
of such tags in U-ExM using U2OS cells stably expressing the NPC protein Nup96 fused
to the SNAP-tag [40]. While the fluorescence of SNAP substrates was lost when ligands
were applied prior to expansion, we successfully visualized SNAP-tagged Nup96 by ap-
plying a biotin-coupled SNAP substrate to permeabilized cells before U-ExM, followed
by detection using fluorescently labeled streptavidin after expansion (Figures 5C and S6).
Although streptavidin adds an additional 5 nm linkage error to the detection assembly, it
still offers improved localization accuracy compared to antibodies [76]. The combination
of biotin-coupled SNAP substrates and fluorescent streptavidin showed more unspecific
fluorescence compared to indirect immunostaining against Nup153. However, nuclear
envelope-associated Nup96-SNAP signals colocalized well with the Nup153 signal, indicat-
ing that this strategy allows the detection of any target that can be linked to biotin with low
linkage error (Figures 5C,D and S6).

3.6. U-ExM Can Be Used to Probe Different Steps of the HIV-1 Replication Cycle

Having explored sample preservation during U-ExM with a focus on HIV-1-related
structures, we finally aimed to probe different steps in the post-entry phase of the HIV-1
replication cycle. To this end, we first investigated if we could detect HIV-1 capsids or
capsid protein (CA)-containing structures in infected cells following expansion. We infected
TZM-bl cells with the non-integration competent HIV-1 NL4-3 derivative, NNHIV, which
carries both a deletion in Tat and several point mutations in the integrase [29,30]. At 16 h
post-infection, the cells were fixed and subjected to U-ExM and indirect immunostaining
using two different antisera against CA [41,77], along with immunostaining against Nup153
and BODIPY staining (Figure 6A,B). To avoid bleedthrough, we used secondary antibod-
ies coupled to spectrally well-separated fluorophores (Alexa 405 Plus and Alexa-647) to
visualize the signals of both CA antisera. The robust colocalization of signals of both CA
antisera confirmed their specificity and functionality in U-ExM (Figure 6A,B). By focusing
on individual CA foci, we identified structures likely representing different stages of the
HIV-1 replication cycle. Specifically, on the cytoplasmic side of the nuclear envelope, we
detected small, circular CA-containing foci of high intensity in close proximity to Nup153
signals, presumably representing capsids interacting with nuclear pores before transit
through the NPC (Figure 6A). The diameter of nuclear envelope-associated CA signals was
similar to that of Nup153 foci, indicating they may represent individual viral capsids ca.
100 nm in size. Within the nucleus, we found larger, more diffuse areas of CA signals with a
lower degree of colocalization between the two CA antisera (Figure 6B,C). These structures
presumably represent accumulations of (possibly disintegrating) viral cores, which have
previously been observed within nuclear speckles by electron tomography [30].
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Figure 6. U-ExM can visualize HIV-1 CA-containing structures upon nuclear entry and within the
nucleus. (A) A TZM-bl cell infected with NNHIV, fixed with PFA/GA at 16 h.p.i., expanded and
stained for CA with two different antisera (rabbit α-CA, cyan; sheep α-CA, magenta) as well as Nup153
(yellow) and membranes (BODIPY, green). The sheep α-CA channel was corrected for bleedthrough
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from the Nup153 channel. Scale bar overview, 20 μm. Enlargements show HIV-1 CAs (cyan/magenta)
interacting with NPC complexes (yellow), marked by arrowheads. Scale bar enlargements, 2 μm.
(B) Enlargements from (A) showing intranuclear CA signals (rabbit α-CA, cyan; sheep α-CA, ma-
genta). Scale bar, 1 μm. (C,D) TZM-bl cells, infected with NNHIV, fixed with PFA/GA at 16 h.p.i.,
expanded and stained for the nuclear speckle marker SRRM2 (cyan), membranes (BODIPY, green),
CPSF6 (yellow), and CA (sheep α-CA, magenta). Scale bar overview, 20 μm. (C) Enlargements show
intranuclear CA signals (magenta) showing colocalization with SRRM2 (cyan) and CPSF6 (yellow).
The CA channel and the SRRM2 channel were corrected for bleedthrough from the BODIPY channel.
Scale bar enlargements, 2 μm. (D) Enlargement shows intranuclear CA signals (magenta) with CPSF6
(yellow) close to nuclear envelope marked with BODIPY (green). Scale bar enlargements, 1 μm. All
scale bars in expanded samples reflect post-expansion sizes.

To further characterize the nuclear CA-containing structures, we stained samples for
membranes using BODIPY, as well as for the nuclear speckle marker SRRM2, the nuclear
protein cleavage and polyadenylation-specific factor 6 (CPSF6), and HIV-1 CA. Upon entry
into the nucleoplasm, HIV-1 capsids are tightly decorated by CPSF6, which masks CA
epitopes in conventional immunostaining [30]. Through indirect immunostaining after
U-ExM, we successfully detected both CPSF6 and CA with a high degree of colocalization,
appearing as punctate structures presumably representing single viral cores, as well as
larger diffuse signals indicative of clusters of (disassembling) capsids (Figure 6B,C). Both
structures colocalized with the nuclear speckle marker SRRM2, confirming their identity
as nuclear HIV-1 CA-containing structures (and possibly intact viral cores) that have
translocated to nuclear speckles (Figure 6C). In one instance, we observed a punctate CA
signal close to the nuclear envelope, marked by BODIPY, which presumably represents
an HIV-1 capsid that had just traversed the NPC (Figure 6D). Despite its proximity to the
nuclear envelope, this CA signal exhibited strong colocalization with CPSF6, consistent with
reports of CPSF6 associating with capsids immediately upon nuclear entry [41]. In contrast
to CA foci in the inner nucleus, this particular CA focus did not show colocalization with
SRRM2 (Figure 6D). These results demonstrate that U-ExM is a valuable tool for identifying
and characterizing different stages in the HIV-1 replication cycle.

4. Discussion

In this study, we evaluated the usage of the U-ExM protocol to investigate host–virus
interactions, focusing specifically on the post-entry stages of the HIV-1 replication cycle.
U-ExM allows a four-fold sample expansion in combination with post-expansion label-
ing, enabling lower relative linkage errors and increased labeling efficiency. While other
protocols achieve around 10-fold expansion, they typically require proteolytic digestion,
making them incompatible with post-expansion labeling [13,78]. Despite these limitations,
higher expansion factors have been achieved by adaptation of gel recipes for a ca. 10-fold
expansion [11] or using iterative expansion microscopy for a 14–26-fold expansion [10,12].
However, adapting gel recipes usually requires careful optimization depending on the
sample type, complicating their usage [9,11]. Additionally, 10-fold expansion processes
that employ alternative gel chemistries often necessitate specialized equipment to eliminate
oxygen during the gel polymerization process [78]. Notably, very recent results show
promising advances for the development of novel one-step gelation strategies that allow
robust expansion up to 12-fold, which can be used to probe chromatin architecture, NPC
structure, as well as virion morphology in 3D [79]. However, the wider feasibility of these
approaches remains to be seen. In iterative expansion microscopy, gels are re-embedded
into a secondary gel following an initial expansion step, enabling a subsequent round
of expansion [10,12]. While these approaches enable visualization of molecular details
at a resolution below 20 nm, they are considerably more time-consuming and complex
than one-step expansion protocols. In addition, a second expansion may compromise the
robustness of the protocol, leading to greater variability in final expansion compared to
one-step expansion [12].
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By integrating U-ExM with Airyscan microscopy, which delivers improved resolution
while being more user-friendly than STED or SMLM [20], we successfully resolved the
subunit arrangement of structures with diameters under 150 nm, despite the usage of
indirect immunofluorescence staining (Figure 5A,B). Although U-ExM inherently results
in low relative linkage errors when using primary and secondary antibodies, localization
precision can be further improved by the use of self-labeling tags, such as the SNAP-
tag [75] (Figures 5C–F and S6). Our findings demonstrate that by employing biotin-coupled
reporters, we can effectively detect self-labeling protein tags after expansion. This strategy
has been successfully applied to various targets [80,81] and can be adapted for the detection
of any biomolecule tagged with biotin.

Although biotin labeling represents an approach that minimizes linkage errors, it may
require cell permeabilization to introduce biotin-coupled moieties and appears to be more
prone to background signal compared to traditional immunostaining (Figures 5C–F and
S6). This increased background is likely due to the presence of endogenous biotinylated
molecules. Consequently, antibody labeling remains the most accessible avenue for target
detection in U-ExM. In our study, we evaluated a panel of antibodies against viral and
cellular targets for use in U-ExM and found that most were compatible with post-expansion
staining, consistent with previous reports [36]. However, we faced challenges in establish-
ing reliable conditions for antibody staining of GFP tags and lamin, despite other studies
successfully visualizing GFP after U-ExM [36,82].

We observed that the nuclear compartment was well preserved after U-ExM, while
the cytoplasmic compartment needed optimization of fixation for adequate sample preser-
vation, a phenomenon that has been well documented [50]. While cryofixation effectively
preserves sample integrity, it requires specialized equipment and prolongs the U-ExM
sample preparation process by an additional day [50]. Additionally, previous studies
indicate that cryofixation may need further optimization to enhance antibody-mediated
detection of NPC structures in expansion microscopy [12]. We found that substituting PBS
with different buffer solutions optimized for sample preservation markedly improved post-
expansion results, achieving outcomes comparable to those with cryofixation (Figures 2A
and S4B,C).

Using U-ExM, we probed the HIV-1 nuclear replication cycle and readily detected
HIV-1 viral cores in different stages of the post-entry process (Figure 6). Within the nucleus,
individual particles exhibited strong colocalization with the nuclear protein CPSF6, even
when positioned adjacent to the nuclear envelope, suggesting they had just entered the
nucleus (Figure 6C,D). This finding is consistent with reports showing that capsids are im-
mediately decorated with CPSF6 upon arrival in the nucleoplasm [41,83]. Additionally, we
identified more diffuse CA signal areas within the nucleus that colocalized with the nuclear
speckle marker SRRM2, presumably representing accumulated and possibly degrading
viral cores (Figure 6B,C). These observations support other reports indicating that multiple,
apparently morphologically intact capsids gather within nuclear speckles prior to viral
genome uncoating and integration into speckle-associated domains [30–32,34].

Of note, we could readily observe both CA and CPSF6 signals in regions that pre-
sumably represented intact viral cores (Figure 6C,D). Previously, due to the masking of
CA epitopes by the CPSF6 coat, simultaneous detection of CA and CPSF6 was often only
possible in classical immunofluorescence after chemical extraction [30]. Here, however,
both targets were accessible in parallel with high fidelity, likely due to the exposure of
epitopes during expansion. To our knowledge, this is the first clear demonstration of
epitope unmasking during U-ExM. This decrowding of dense environments is especially
valuable, as it not only enables investigation of viral structures at higher resolution but also
unlocks new possibilities for the detection of features that have previously been masked.

Due to their size, singular capsids cannot be faithfully resolved in conventional fluo-
rescence microscopy. At the same time, methods that allow visualization of capsid with
appropriate resolution, such as STED and SMLM, are technically challenging and time-
consuming—especially when scanning larger volumes—which particularly complicates
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detection of rare events. In this context, we demonstrate that using U-ExM in combination
with Airyscan microscopy allows for clear differentiation of individual capsids as punctate
CA signals (Figure 6). This combination facilitates targeted investigations of virus–host
interactions at the nanoscale. At the same time, Airyscan microscopy of expanded samples
allows fast image acquisition and scanning of large 3D volumes. By combining U-ExM with
Airyscan microscopy or other microscopy techniques that achieve similar resolution [84,85],
we can identify rare events with high resolution, opening up new avenues for detection of
specific host–virus interactions at super-resolution.

5. Conclusions

Here, using the visualization of HIV-1 post-entry events as an example, we illustrate
that expansion microscopy is a promising method for the investigation of virus-cell in-
teractions, especially within the nuclear compartment. U-ExM is a robust and versatile
protocol applicable to various cell types and structures, effectively bridging the gap be-
tween fluorescence and electron microscopy while enhancing the resolution without the
need for specialized equipment. As with any super-resolution technique, labeling becomes
critical in expansion microscopy due to the linkage errors conferred by different molecu-
lar visualization tools. Although post-expansion labeling protocols like U-ExM improve
localization accuracy, the impact of antibody size on linkage error remains significant.
Thus, we recommend adopting more direct labeling methods, such as self-labeling tags,
moving forward [75]. Additionally, alternative labeling strategies that minimize linkage
errors, such as directly labeled camelid antibodies [86] or genetic code expansion with click
labeling [87], could enhance the localization accuracy in expansion microscopy. By further
increasing the expansion factor and integrating super-resolution imaging methods such as
Airyscan microscopy, structured illumination microscopy (SIM), and STED, we can explore
virus–host interactions at unprecedented scales.
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Abstract: The emergence of novel pathogens, exemplified recently by the severe acute respiratory
syndrome coronavirus 2 (SARS-CoV-2), highlights the need for rapidly deployable and adaptable
diagnostic assays to assess their impact on human health and guide public health responses in future
pandemics. In this study, we developed an automated multiplex microscopy assay coupled with
machine learning-based analysis for antibody detection. To achieve multiplexing and simultaneous
detection of multiple viral antigens, we devised a barcoding strategy utilizing a panel of HeLa-based
cell lines. Each cell line expressed a distinct viral antigen, along with a fluorescent protein exhibiting
a unique subcellular localization pattern for cell classification. Our robust, cell segmentation and
classification algorithm, combined with automated image acquisition, ensured compatibility with
a high-throughput approach. As a proof of concept, we successfully applied this approach for
quantitation of immunoreactivity against different variants of SARS-CoV-2 spike and nucleocapsid
proteins in sera of patients or vaccinees, as well as for the study of selective reactivity of monoclonal
antibodies. Importantly, our system can be rapidly adapted to accommodate other SARS-CoV-2
variants as well as any antigen of a newly emerging pathogen, thereby representing an important
resource in the context of pandemic preparedness.

Keywords: multiplex microscopy; machine learning; serology; emerging pathogens; monoclonal
antibodies; SARS-CoV-2

1. Introduction

The emergence of the novel pathogenic severe acute respiratory syndrome coronavirus
2 (SARS-CoV-2) in 2019 [1,2] and its rapid pandemic spread had profound repercussions
on societies worldwide [3–5]. To mitigate the viral transmission and reduce infection rates,
governments implemented extensive lockdown measurements and social restrictions. In
an effort to restrain the pandemic, the swift development of SARS-CoV-2 vaccines led
to a massive vaccination effort with more than 5 billion people vaccinated worldwide as
of July 15, 2024 [6–8]. However, the continuous evolution of new viral variants led to
immune evasion, affecting viral infectivity and pathogenicity [9], and compromised the
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effectiveness of the first vaccines based on the wild-type Wuhan-Hu-1 sequence of the
viral spike protein [10,11]. The spike protein also had a central role in the development of
anti-viral treatments based on therapeutic monoclonal antibodies (mAbs) [12,13]. However,
with the emergence of novel variants, the initially developed therapeutic mAbs lost their
anti-viral efficacy due to mutations in the spike protein [14–16]. These lessons learned
during the COVID-19 pandemic need to be leveraged to prepare our response to any future
pandemics characterized by quickly evolving pathogen variants. In the context of pandemic
preparedness, it will be essential to rapidly (i) evaluate the status of the immunity of the
population and assure the effectiveness of vaccines and (ii) support the development of
new mAb-based anti-viral treatments.

To achieve these objectives, it is essential to develop comprehensive serological assays
that can assess antibody binding to different viral proteins and are rapidly adaptable to
include emerging variants of concern. In the broader context of public health management
and infectious disease control, serological assays are an essential complement to PCR test-
ing. Antibody detection and quantification played a fundamental role in decision-making
and policy guidance aimed at restraining the spread of SARS-CoV-2 [17,18] and will be
equally important in constraining any pandemic in the future. Currently, commercially
available enzyme-linked immunosorbent assays or (electro) chemiluminescent immunoas-
says (ELISA, (E)CLIA) represent the gold standard for antibody detection. However,
adapting them rapidly to new viral variants in an evolving pandemic situation presents
challenges, primarily due to the need for protein expression, purification and optimization
of biochemical properties. This challenge is especially pronounced for highly glycosylated
proteins expressed in cellular and viral membranes [19–22]. Moreover, standard ELISA
assays cannot assess binding to multiple viral proteins simultaneously, effectively limiting
their throughput and information content. Multiplex serology for simultaneous detection
of antibodies against different SARS-CoV-2 proteins based on protein microarrays [23]
or fluorescent beads [24] has been applied during the COVID-19 pandemic. However,
these approaches also rely on the availability of purified proteins. Additionally, the recent
SARS-CoV-2 pandemic highlighted the importance of alternative serological assays in
situations where commercial ELISA supplies are scarce or technically infeasible.

In response to the outlined challenges, we describe the development of an automated
multiplex microscopy and machine learning-based serology assay for simultaneous differ-
ential antibody detection, focusing on SARS-CoV-2 as a proof of concept. For this, we build
upon our previous work, where we established a serology assay for SARS-CoV-2 antibody
detection in human samples [25] and employed it as a complementary assay in an early
large-scale seroprevalence study [26]. The multiplexed approach presented here provides
differentiated data about antibody reactivity against various viral antigens at once and can
be conducted within a biosafety level 1 laboratory. By applying this method to screen a
cohort of sera from convalescent individuals and vaccinees, we successfully demonstrated
its efficacy in determining immunoreactivity against the SARS-CoV-2 nucleocapsid protein
and different variants of SARS-CoV-2 spike proteins. Additionally, it enabled the evaluation
of selective reactivity of (therapeutic) monoclonal antibodies (mAbs). Notably, the system
described here can be swiftly adapted to assess immunoreactivity to new SARS-CoV-2
variants or other antigens from emerging pathogens, making it a valuable tool for pan-
demic preparedness. It represents a valuable tool in our portfolio of serological assays with
the potential to complement and expand diagnostic procedures as well as facilitate the
screening and testing of therapeutic antibodies.

2. Materials and Methods

2.1. Human Material

Negative control serum samples (n = 233) were collected for various serological testing
in the routine laboratory of the Center of Infectious Diseases, University Hospital Heidel-
berg between 2015 and 2019, before the start of the SARS-CoV-2 outbreak. Samples used
corresponded to pseudonymized material from the Center of Infectious Diseases, Heidel-
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berg. SARS-CoV-2 positive sera were collected from 41 RT-PCR-confirmed symptomatic
COVID-19 patients treated at the University Hospital Heidelberg after giving their written
informed consent (ethics votum no S-148/2020, University Hospital Heidelberg). Days
post-infection were defined based on the anamnesis carried out upon admission. Serum
samples were stored at −20 ◦C until use.

2.2. Plasmids

Plasmids were cloned using standard molecular biology techniques and verified by
commercial Sanger sequencing (Eurofins Genomics, Ebersberg, Germany). pWPI lentiviral
plasmids [27] served as a vector backbone for the insertion of genes of interest. Genes
of interest were integrated into the pWPI sequence using classical cloning and Gibson
assembly. The assembly was performed using the NEB HiFi Mastermix (New England
Biolabs, Ipswich, MA, USA) with 30 base–pair overlap regions. PCR was performed using
Q5 High-Fidelity DNA Polymerase (New England Biolabs), according to the manufacturer’s
instructions with primers purchased from Eurofins Genomics. E. coli DH5α and Stbl2 [28]
(Thermo Fisher Scientific, Waltham, MA, USA) were used for amplification of standard
plasmids or LTR-containing plasmids, respectively. The list of plasmids used can be found
in Table S1. Schematic representation of the generated plasmids is shown in Figure S1.

2.3. Cell Culture

HeLa cells and Hek293T cells were authenticated using STR profiling (Eurofins Ge-
nomics) and monitored for mycosplasma contamination using the MycoAlert mycoplasma
detection kit (Lonza, Basel, Switzerland). Cells were cultured at 37 ◦C and 5% CO2 in
Dulbecco’s Modified Eagle’s Medium (DMEM; Thermo Fisher Scientific) containing 4.5 g/L
D-glucose and L-glutamine supplemented with 10% fetal calf serum (FCS; Sigma-Aldrich,
St. Louis, MO, USA), 100 U/mL penicillin and 100 μg/mL streptomycin (PAN Biotech,
Aidenbach, Germany).

2.4. Generation of Cell Lines

A total of 4 × 105 Hek293T cells were seeded per well into 6 well plates and incubated
overnight. Lentiviral vector particles were produced by co-transfection of packaging
plasmid psPAX2 (Addgene #12260), the respective lentiviral transfer vector pWPI, the
envelope expression plasmid pCMV-VSV-G (Addgene #8454) and pAdvantage (Promega,
Madison, WI, USA) in a ratio of 1.5:1.0:0.5:0.2 μg into HEK293T cells using polyethylenimine
(PEI; 3 μL of 1 mg/mL PEI per μg DNA). At 48 h post-transfection, the supernatant was
harvested and filtered through 0.45 μm mixed cellulose ester (MCE) filters, and 500 μL of
lentiviral vector particle containing supernatant was added to HeLa cells (5 × 104 cells/well
seeded the day before in 12 well plates). After 48 h, the transduced cells were selected
using 5 mg/mL blasticidin or 1 mg/mL puromycin and subsequently expanded to a 25 mL
or 75 mL cell culture flask depending on the number of cells. After three or five days (for
blasticidin and puromycin, respectively) under antibiotic selection, cells were transduced
with the respective second construct. Cells were first transduced with lentiviral vector
particles encoding the subcellular fluorescent localization marker, followed by transduction
with corresponding viral proteins. Cells were cultured under ongoing selection pressure
with both antibiotics. Cell lines were cultured separately and mixed in equal numbers at
the start of the experiment. The full list of cell lines used and created in this work can be
found in Table S2.

2.5. Fluorescence-Activated Cell Sorting

After successful double transduction, fluorescence-activated cell sorting (FACS) was
employed for additional double sorting of each generated cell line. Cells were sus-
pended in phosphate-buffered saline (PBS). After addition of undiluted accutase (StemPro™
Accutase® Cell Dissociation Reagent, Thermo Fisher Scientific) as per the manufacturer’s
instructions, cells were incubated for 15 min at 37 ◦C. Subsequently, cells were resuspended
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in PBS and harvested by centrifugation (5 min, 1500 rpm, Heraeus Megafuge 40R (Heraeus,
Hanau, Germany)). Sorting of barcoded cell lines was performed based on the expression
of the mScarlet-marker. For sorting of spike-expressing cells, additional staining targeting
surface-expressed spike proteins was performed. Cells were resuspended in 3 ml PBS
and 2% fetal calf serum as blocking buffer and incubated for 15 min. After incubation, a
total of 4 × 106 cells per sample were resuspended in a volume of 2 ml PBS and primary
anti-IgG1-Wuhan-Hu-1-spike antibody (Biozol, Eching, Germany, Cat# GTX632604) was
applied in a dilution of 1:1000. Samples were incubated on ice for 30 min in the dark.
Samples were washed with PBS and incubated with polyclonal Alexa Fluor 488 secondary
antibody in a dilution of 1:2000 on ice for 20 min in the dark. After washing the samples
with PBS, double-positive cells for the mScarlet (568 nm) and viral protein signal (488
nm) were sorted. The nucleocapsid-3xNLS-mSc cell line was only sorted for the mScarlet
expression as nucleocapsid is exclusively expressed in the cytosol.

2.6. Monoclonal Antibodies

REGN10933 (Casirivimab) and REGN10987 (Imdevimab) were procured in an infu-
sion solution, containing both antibodies at a concentration of 120 mg/mL (Roche, Basel,
Switzerland; Swissmedic marketing authorization number 68329). The antibodies were
diluted according to the manufacturer’s instructions before use in subsequent experimental
procedures. Monoclonal anti-RBD antibodies analyzed in paragraph 3.3 were described
previously [29]. Briefly, RBD-specific B cells were isolated from study participants who had
been vaccinated with three doses of an mRNA vaccine and reported SARS-CoV-2 Omicron
BA.1 breakthrough infection (variant deduced based on prevalent variant circulating in
New York City at the time of infection). Antibody sequences were amplified from reverse-
transcribed cellular RNA, sequenced, cloned and expressed as recombinant human IgG.
The full list of mAbs can be found in Table S3.

2.7. Immunofluorescent Staining

Staining was performed in a black-wall glass bottom 96-well plate (Cellvis, Mountain
View, CA, USA 96-well glass bottom plate with high-performance #1.5 cover glass). The
various HeLa cell lines were seeded at a density of 1.5 × 104 cells per well 16–18 h before
staining (5 cell lines = 3 × 103 per cell line/well). After washing with PBS, cells were fixed
with 4% paraformaldehyde (PFA) for 20 min followed by 3× washing with PBS. Cells
were then permeabilized with 0.5% Triton X100 (Sigma-Aldrich) for 5 min and washed
3 times with PBS containing 0.02% Tween 20 (Sigma-Aldrich) (PBS+). Blocking was carried
out with 2% powdered milk (Roth) in PBS+ for 20 min followed by 3 washes with PBS+.
Subsequently, cells were incubated with primary antibodies (mouse anti-spike antibody
Biozol GTX632604 1:2000 in PBS+, mouse anti-nucleocapsid Sino Biological, Beijing, China,
40143-MM05 1:4000 in PBS+, mAbs with different indicated dilutions) or patient sera
(1:200 in PBS+) for 30 min in the dark. Following three washing steps, samples were
incubated with corresponding secondary antibodies for 20 min at room temperature in the
dark (goat anti-human IgG-AlexaFluor 488 (Invitrogen, Thermo Fisher Scientific) 1:2000,
goat anti-mouse IgG 647 1:500). After two washing steps with PBS+, cells were stained with
Hoechst 33342 (Thermo Fisher Scientific) at a concentration of 0.2 μg/mL in PBS for 5 min
before undergoing three washes with PBS. Samples were stored at 4 ◦C until imaging. All
washing steps in a 96-well format were performed using the HydroFlex microplate washer
(Tecan, Männedorf, Switzerland). Living cells were incubated with mAbs (200 ng/mL
and 2 ug/mL) for 15 min directly in growth medium at room temperature, followed by
two washing steps with PBS and fixation with 4% PFA for 20 min. Further staining was
performed as described above.
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2.8. Microscopy

Images were acquired on the Zeiss CellDiscoverer 7 automated microscope (Zeiss,
Oberkochen, Germany) using a Plan-Apochromat 20×/0.95 Air objective with 1× tube lens
magnification and a Zeiss Axiocam 712 sCMOS camera for detection. Multichannel images
were acquired using 385 nm (Nucleus channel) and 625 nm (Antigen expression channel)
light-emitting diodes for excitation and a quad-bandpass filter QBP 425/30 + 514/30 +
592/25 + 709/100 for emission. “IgG channel” and “Barcode channel” were acquired
using a 470 nm LED together with 515/25 bandpass emission filter and 567 nm LED with
595/30 bandpass emission filter, respectively. A total of 9–12 images were acquired in each
well, spaced in a regular 3 × 3 or 3 × 4 pattern centered around the middle of the well
or randomly distributed. A definite focus system was used for axial plane stabilization
during imaging.

2.9. Enzyme-Linked Immuno-Sorbent Assay (ELISA)

ELISA measurements to determine reactivity against the S1 domain of the viral spike
protein were conducted using the Euroimmun Anti-SARS-CoV-2-ELISA (IgG) test kits
(Euroimmun, Lübeck, Germany; and EI 2606-9601 451 G). The assays were run on a Euroim-
mun Analyzer I instrument following the manufacturer’s instructions. Optical densities
measured for the samples were normalized using the value obtained for a calibrator sample
provided in the test kit. The interpretation of the semi-quantitative ratiometric values were
obtained following the manufacturer’s protocol: values < 0.8 RU/mL were classified as
negative, 0.8–1.1 RU/mL as borderline, and values of 1.1 RU/mL or higher as positive.

2.10. Image Analysis

Cell segmentation was adapted from Pape et al. [25] and was based on a seeded
watershed using segmented nuclei as seeds and boundary predictions as the heightmap.
For nucleus segmentation, the pretrained “Fluo” model of StarDist [30] was used. It
was qualitatively checked and shows high prediction quality on our data. For boundary
prediction, we used a U-Net [31] applied to the IgG channel, starting from the model
trained in Pape et al. [25]. However, due to the different appearance of this channel, the
model exhibited diminished prediction quality, resulting in imprecise cell boarders after
the watershed. We retrained this model on data from multiple plates using the initial
cell segmentation results as pseudo-ground-truth. Despite imperfections in these labels,
the resulting network showed clearly improved predictions, generating cell segmentation
results that were visually deemed of sufficient quality.

Cell classification was performed with a ResNet34 [32] that was applied to the barcode
(mScarlet) channel, the Nucleus channel and the binarized cell segmentation mask centered
around each cell and resized to the median cell size. The signal outside of the segmenta-
tion mask was removed to avoid crosstalk from the signal of other cells overlapping the
bounding box of the current cell. This network was initially trained on several wells that
contained isolated cell lines so that the expressed barcode was known for each cell without
the need for human labeling. However, this network showed some inaccuracies when
applied to images containing mixtures of barcodes. Consequently, we manually annotated
22 additional images by correcting the classification predictions of the initial network with
MoBIE [33]. The network was further trained, and its accuracy was evaluated on separate
splits of these data.

Initially, images were subjected to manual quality control to remove images with ac-
quisition problems, such as out-of-focus images. The camera background was removed and
spectral bleed-through correction was applied prior to cell segmentation and classification.
Quality control was performed before obtaining the vp-score and Pearson’s correlation.
The quality control consisted of the following steps:

1. Excluding images with less than 35 or more than 600 cells.
2. Removing 25% of cells of each cell class with the lowest intensity in spike and nucleo-

capsid expression in the Antigen expression channel.
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3. Removing the cells that were classified as mScarlet-Lamin (non-expressing for viral
protein) but showed an expression profile in the “Antigen expression” channel.

4. Removing the cells classified as spike-expressing cells (wt, delta, omicron) with a
higher Antigen-expression value than 5000.

5. Removing the cells with a very small or large spatial size that likely correspond to
segmentation errors.

6. Removing the cells with low expression in the barcode (mScarlet) channel defined by
absolute intensity values for each cell line.

7. Removing the cells with a saturated expression level in the H2A Barcode channel.

Antibody binding was quantified based on immunofluorescence signal intensity
in the IgG channel within the labeled masks. Signal intensity was measured in each
pixel within the labeled mask to calculate the median signal intensity per cell. From this,
median fluorescence intensity values across all cells expressing the same viral protein
were calculated. The specific (above background) antibody binding (called “vp-score”)
was calculated as the ratio between median fluorescence intensity in IgG channels of viral
protein-expressing cells and cells expressing solely mSc-Lamin.

vp − score =
Median intensity IgG (viral protein)

Median intensity IgG (no viral protein)

The vp-score for spike ≥ 1.3 and the vp-score for nucleocapsid ≥ 1.5, together with
Pearson’s correlation ≥ 0.6, were empirically determined and considered indicative of
specific binding in experiments with human sera. To compare the relative binding to
different spike variants, we normalized the vp-scores to expression levels of each variant
determined in the “Antigen expression channel”. The raw image data and all analysis
results (cell segmentation, cell classification, quality control and further measurements)
were visualized within the Fiji plugin MoBIE v4.2.3, enabling further visual quality control
and an interpretation of the analysis results. The image analysis pipeline is available
as open-source software at https://github.com/kreshuklab/covid-if-2 (accessed on 4
August 2024).

2.11. Statistical Analysis

Statistical tests were performed using Prism v5.01 (GraphPad Software Inc., Boston,
MA, USA). Data were plotted using Prism v5.01 or the Python statistical data visualization
package matplotlib v3.7.0, seaborn v0.12.2 and pandas v1.5.3. Median intensities were
consistently used as the basis for all intensity measurements. Specific methodologies,
including statistical tests and calculations, are provided in the figure legends.

3. Results

3.1. Setup of the Multiplex Microscopy Serology Assay

A multiplex microscopy immunofluorescence assay was designed to simultaneously
measure SARS-CoV-2 antibodies binding to a panel of viral proteins. This was achieved
by generating a panel of cell lines, each engineered to express a different viral protein,
and combining these cell lines in a single well for multiplex immunofluorescence analysis
(Figure 1A). To allow for the identification of individual cell lines in the mixed population,
we devised a barcoding strategy using mScarlet fluorescent protein targeted to specific
subcellular compartments. Each viral protein variant expressed was paired with a unique
barcode identifier (Figure 1A). Since barcodes are defined by localization patterns rather
than by color, a single fluorescence channel is sufficient for the classification of multiple
cell lines, each expressing a distinct viral protein.
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Figure 1. Principle of the multiplex microscopy serology assay. (A) Scheme of the multiplex assay
workflow. Red structures represent fluorescent barcode proteins at different intracellular localizations,
blue arrowhead-shaped structures represent viral proteins. (B) Cell lines transduced with different
barcoding constructs and corresponding viral proteins were pooled and an overview image in the
mScarlet channel was acquired. White boxes labeled with roman numbers mark the magnified
areas showing cells with different subcellular localization patterns. Barcode localization and the
corresponding viral protein are indicated below each image. (C) Images show results obtained
using REGEN-COV therapeutic Ab on combined cell lines. Individual channels —“IgG channel”
(represents REGEN-COV Ab binding, green), “Barcode channel” (represents viral antigen identity,
magenta), “Antigen expression channel” (obtained by pan-specific anti-spike antibody staining and
represents the expression levels of different spike variants, orange), “Nucleus channel” (obtained
by Hoechst staining, blue) and an overlay image are shown. Cells expressing different variants
are marked with different dashed line patterns (shown at the bottom of the image panel). Filled
arrowheads indicate cells where REGEN-COV mAb binding can be detected, the empty arrowheads
indicate those lacking detectable mAb binding. Scale bar = 10 μm.

To select fluorescent barcode markers that allowed robust discrimination between
different cell lines, we screened a panel of mScarlet-tagged peptides and proteins with
known subcellular localization [34] (Figure S2A). The criteria for suitability in our mul-
tiplex assay were the specificity of characteristic subcellular localization and stability of
the distribution pattern upon fixation. We transfected HeLa cells with individually tagged
mScarlet expression plasmids and imaged the cells before and after fixation (Figure S2B).
Proteins targeting actin (LifeAct-mSc), microtubules (mSc-MapTau), focal adhesions (mSc-
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PXN), and peroxisomes (mSc-peroxisome) exhibited diffuse cytosolic localization after
fixation and were deemed unsuitable for our assay (Figure S2B). The proteins mSc-Giantin
(Golgi), LCK-mSc (plasma membrane), mSc-Lamin (nuclear envelope), 3xNLS-mSc (nu-
cleus), H2A-mSc (nucleus), 4xmts-mSc (mitochondria), ER-mSc (endoplasmic reticulum)
and Lamp1-mSc (Lysosomes) displayed characteristic localization patterns well retained
upon fixation and were thus considered suitable for machine learning-based automated
classification in our multiplex assay (Figure S2B).

Based on these results, we generated a panel of stably transfected HeLa cell lines,
each expressing an mScarlet-tagged peptide or protein serving as a distinct subcellular
barcode (Figure 1B). These were subsequently paired with the specific SARS-CoV-2 protein
or protein variant. Specifically, we chose three variants of the spike (S) protein representa-
tive of different phases of the pandemic: Wuhan-Hu-1 (wild type), B.1.617.2 (delta) and
BA.1 (omicron)). A Δ18-C-terminal truncated version of the spike protein that has en-
hanced expression efficiency but preserves the immunogenic potential of the wild type was
used [35,36]. Additionally, the conserved nucleocapsid (N) protein, highly immunogenic
and commonly used in diagnostic tests to indicate past SARS-CoV-2 infection across circu-
lating variants [37,38], was included in our analysis. As an internal control for nonspecific
staining, we employed a cell line expressing a subcellular localization marker (mScarlet-
Lamin) without any SARS-CoV-2 antigen (Figure 1B). Cell lines were generated through
sequential lentiviral-based transduction. The generated polyclonal cell lines underwent
double Fluorescence-Activated Cell Sorting (FACS) to ensure the presence and appropriate
expression levels of both proteins in each cell population (Figure S3).

To assess the assay’s ability to detect differential antibody binding, we employed a ther-
apeutic mAb cocktail, REGEN-COV. This FDA-approved therapeutic comprises two non-
competing human receptor-binding domain (RBD)-specific IgG antibodies—REGN10933
(Casirivimab) and REGN10987 (Imdevimab) [39,40]. Previous studies have demonstrated
that these antibodies effectively bind and neutralize wild-type and delta variants of the
spike protein, while proving ineffective against the omicron variant [14,41], rendering
REGEN-COV an ideal candidate for our proof-of-principle experiments. The appropriate
combination of barcoded HeLa cell lines was incubated with the mAb cocktail. Consistent
with previous studies, mAb binding was only apparent on cells expressing wild-type and
delta spike protein variants, identified by the expression of mSc-Giantin (Golgi) and LCK-
mSc (plasma membrane), respectively (Figure 1C). In contrast, no binding was observed on
cells expressing the omicron variant (barcoded by mSc-H2A signal in the nucleus) or those
devoid of viral protein expression (barcoded by mSc-Lamin signal at the nuclear lamina)
(Figure 1C). To ensure that all cells indeed express the viral variants and that the absence of
omicron detection was not due to the lack of omicron variant expression, we stained the
sample with a pan-specific anti-SARS-CoV-2 spike antibody (clone 1A9, Biozol (Eching,
Germany) Cat.: GTX632604), targeting the conserved region (amino acids 1029–1192 of
S2 subunit) of the spike protein. This confirmed the expression of all respective viral
proteins (“Antigen expression”, Figure 1C). These results corroborate prior findings about
the REGEN-COV binding across different SARS-CoV-2 variants [14,42,43], validating the
assay’s capacity to detect differential antibody binding.

3.2. Machine Learning-Based Image Analysis Pipeline

To quantify results and facilitate high-throughput processing, we developed a fully
automated analysis pipeline incorporating machine learning techniques. The analysis
employed images recorded in four spectral channels captured using automated widefield
microscopy—the “Nucleus channel” (for labeling nuclei, essential for quality control and
cell segmentation), the “IgG channel” (for assessing specific antibody binding to various
viral proteins), the “Barcode (mScarlet) channel” (for cell identification), and the “Antigen
expression channel” (to control for viral protein expression levels using pan-specific spike
antibody and/or nucleocapsid antibody) (Figure 2A).
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Figure 2. Image analysis and quantification pipeline. (A) Schematic overview of the image segmenta-
tion and classification workflow. A visual inspection of raw data (optional) and analysis results was
conducted using FIJI [44] and MoBIE [33] software. Four channels were used for indicated purposes,
and a final automated quality control was applied as described in the Materials and Methods section
before computing the final scores. (B) Performance of the cell classification machine-learning model
measured by confusion matrix showing the true cellular identity (True Label (manually classified),
vertical) compared to predicted cellular identity (Predicted Label, horizontal). Color code (shown on
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the right) represents the fraction of classified cells in an indicated category. (C) Images show results
obtained using REGEN-COV therapeutic Ab on pooled cell lines. Individual channels (“IgG” (green),
“Barcode (mScarlet)” (magenta) and “Antigen expression” (orange)) and overlay are shown. Cells
expressing different variants are marked with different dashed line patterns (shown at the bottom
of the image panel). Filled arrowheads indicate cells where REGEN-COV mAb binding can be
detected, and empty arrowheads indicate cells lacking detectable mAb binding. Scale bar = 10 μm.
(D) Quantification of REGEN-COV mAb binding using the pipeline shown in A. Graphs show a
correlation analysis for wild-type (green), delta (magenta) and omicron BA.1 (orange) spike variants
between mAb binding quantified by median fluorescence intensity in “IgG channel” per cell and
antigen expression quantified by median fluorescence intensity in “Antigen expression channel” per
cell. Histograms on the vertical and horizontal axis represent the frequency of cells with indicated
intensity values. Pearson correlation coefficient (r) is indicated within the plot area. Violin plots on
the bottom right illustrate vp-score distributions for wt, delta, and omicron (BA.1) variants, where
the shape of each violin represents the distribution of vp-scores, and the white dot within each plot
indicates median vp-score.

Cell segmentation was achieved by utilizing a machine learning model established
in our previous work [25], employing a seeded watershed algorithm. It uses the nuclei
segmented with StarDist [30], applied to the nucleus channel as seeds, and boundary
predictions from a U-Net [31], applied to the IgG channel as a heightmap. This segmen-
tation method routinely produced boundaries matching those observed visually in raw
microscopy images in the IgG channel (Figure 2A).

Subsequently, we introduced a novel approach that automatically classified cells
based on the expressed fluorescent markers with distinct subcellular localization. The
approach relies on a deep neural network for supervised image classification (ResNet
34 [32]) (Figure 2A), applied to the image data of each segmented cell individually. The
classification model was trained as described in the Materials and Methods section. To
validate the effectiveness of our barcoding strategy, we applied the trained model to a
new dataset that has not been used for training (unseen sample) comprising a mixture of
cell lines expressing different barcodes. Remarkably, the model achieved an accuracy of
95.5% (Figure 2B). Notably, our model reliably distinguished the three different nuclear
markers used in our setup (mSc-Lamin, mSc-H2A and 3xNLS-mSc) based on relatively
subtle differences in nuclear staining patterns.

In summary, our approach combines machine learning-based segmentation and classi-
fication to automatically generate cell masks and categorize them into five classes based
on the expressed viral protein. Potential unspecific antibody binding to cell surfaces
was determined based on the IgG channel intensity of mSc-Lamin cells, which do not
express any viral proteins. Antibody-binding was calculated as the ratio between median
fluorescence intensity in IgG channels of viral protein-expressing cells and cells express-
ing solely mSc-Lamin (called viral protein (vp-score)), as described in the Materials and
Methods section.

To further assess binding specificity, we obtained intensity measurements of viral pro-
tein expression from the “Antigen expression channel”. It would be expected that specific
antibody binding (IgG channel) is proportional to viral protein expression. Therefore, we
calculated the Pearson’s correlation coefficient (r) between these two channels.

To validate our analysis strategy, we applied the automated pipeline to the REGEN-
COV mAb experiment described in Figure 1, which was previously only qualitatively
evaluated. The derived quantitative data revealed negligible binding to the omicron
variant (vp of 1.24 and r of −0.12) compared to binding to the wild type and delta spike
variants, evidenced by high vp-score and Pearson’s correlation coefficient (r) values (vp-
score of 32.4 and 29.1, respectively; r of 0.81 and 0.76, respectively (Figure 2C,D)). To assess
the sensitivity and dynamic range of the assay, we performed a titration experiment using
the REGEN-COV mAb cocktail. mAb binding above the background was detectable for
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wild-type and delta variants at concentrations as low as 4 ng/mL of each mAb, reaching a
plateau at around 200 ng/mL (Figure S4A). Notably, REGEN-COV comprises two distinct
therapeutic mAbs—Casirivimab and Imdevimab. In individual dilution series experiments,
Casirivimab exhibited stronger binding to the wild-type and delta spike variants compared
to Imdevimab, with neither antibody demonstrating significant binding to the omicron
variant (Figure S4B). Since Casirivimab and Imdevimab target different spike epitopes and
can bind non-competitively [39], we investigated whether this was reflected in our assay.
Cells were exposed to saturating concentrations of Casirivimab (1.8 μg/mL), Imdevimab
(1.8 μg/mL), and a combination of both mAbs (where each mAb is present at half the
concentration compared to the individual samples), and spike protein binding was assessed.
The combination of both antibodies resulted in higher IgG channel fluorescence intensity
measurements compared to individual mAb treatments (Figure S4C). This highlights
the assay’s capability to detect binding to distinct epitopes on the spike protein and the
potential synergistic effects.

In summary, our proof-of-concept experiments using the REGEN-COV therapeutic
mAb cocktail successfully validated the assay’s capacity to quantitatively assess differential
antibody binding to distinct viral proteins with high sensitivity as well as antibody binding
to different epitopes on the same viral protein.

3.3. Testing of Monoclonal Antibodies against SARS-CoV-2 Spike Protein

Building on the results described above, we tested the capacity of our assay to char-
acterize a comprehensive set of mAbs. For this, we obtained a panel of 14 mAbs with
known specificity for wild-type, delta and omicron spike variants [29]. We selected mAbs,
which exhibited differential binding patterns to the respective spike variants, as shown in
Figure 3A (binders with EC50 < 1000 ng/mL are indicated with variant-specific colors).

The multiplex microscopy assay was employed (Figure 1A) together with the auto-
mated machine learning-based analysis pipeline (Figure 2A) to quantify the binding of
each of the 14 mAbs at three different concentrations to the wt, delta and omicron spike
variants. This yielded a total of 42 antibody–epitope combinations that were evaluated
and compared to published data from Wang et al. [29]. Our analyses revealed differential
binding of 14 mAbs across different spike mutants in a concentration-dependent manner
(Figure 3A–C and Figure S5A). The specificity of the spike epitope binding determined
here closely matched that previously reported by Wang et al. in almost all cases (39/42,
Figure 3A). In two cases (mAb 6 and 12), the assay used here revealed, in addition to wild
type, binding to a delta or omicron variant, respectively, which was not detected by ELISA
measurements in Wang et al. (Figure 3A).

In the case of mAb 3, our assay failed to detect the binding to the omicron BA.1 variant
(Figure 3A and Figure S5A) found by ELISA in Wang et al. To test whether PFA fixation
prior to epitope staining had compromised the detection of certain epitopes, we performed
antibody staining before PFA fixation. Indeed, this live cell labeling approach rescued the
binding of mAb 3 to the omicron BA. 1 variant (Figure S5B).

In conclusion, the multiplex microscopy serology assay demonstrated the capacity
to detect the differential binding of mAbs across various spike variants in very good
agreement with the ELISA-based measurements, verifying the assay’s potential to be used
for mAb screening approaches.

85



Viruses 2024, 16, 1473

Figure 3. Assessment of mAb binding to different spike variants. (A) Qualitative comparison of
differential mAb binding to different spike variants between ELISA (data from Wang et al. [29])
and the multiplex microscopy approach. Colored boxes (green (wt), magenta (delta) and orange
(omicron)) indicate detected binding; white box: no binding. mAbs exhibiting some discrepancy
between methods are marked with red (microscopy assay not detecting variant binding) and green
(those where additional variant binding was detected by microscopy) boxes. Binding was evaluated
as positive if median fluorescence intensity in the “IgG channel” was above 150 and more than
three times higher than Casirivimab and Imdevimab binding to the omicron variant (negative
control). (B) Representative images showing overlay of the indicated mAb and Barcode channels,
illustrating differential spike binding specificity. Color bar in the top left corner indicates binding
to the respective variant, and the gray box indicates no binding. Filled arrowheads: mAb binding
detected; empty arrowheads: cells lacking detectable mAb binding. Scale bar = 10 μm. (C) Examples
of quantitative data derived from results shown in B. Background-subtracted median fluorescence
intensities are plotted against mAb concentration. Error bars show the standard deviation of median
intensity values.

3.4. Screening of Human Sera

Next, we investigated the diagnostic utility of the assay for serological characterization
of human samples. Therefore, we added a cell line expressing the SARS-CoV-2 nucleocapsid
protein to our panel. The presence of the anti-nucleocapsid antibodies is indicative of
exposure to SARS-CoV-2 and serves as a differentiator between vaccinated and acutely
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infected or convalescent individuals. To determine the specificity and sensitivity of the
assay, we employed the positive and negative control cohorts established in our previous
work [25]. The negative control cohort (n = 233) consisted of sera samples collected from
healthy individuals, from patients infected with common cold coronaviruses (ccCoV), as
well as patients infected with Mycoplasma pneumonia, Epstein–Barr virus (EBV) and
Cytomegalovirus (CMV), all collected before 2019. The SARS-CoV-2 (positive control)
cohort comprised 65 serum samples from 41 acutely infected patients confirmed positive
for SARS-CoV-2 by RT-PCR in 2020 and collected between day 2 and 29 post-infection [25].
All samples were analyzed by our multiplex microscopy assay, the vp-score was calculated
for spike (represented as an average vp-score across all three spike variants tested) and
nucleocapsid proteins and compared to results obtained by a commercially available semi-
quantitative SARS-CoV-2 ELISA (Euroimmun, Lübeck, Germany) approved for diagnostic
use for the presence of SARS-CoV-2 spike-specific IgG.

In the negative cohort, 3 out of 233 samples (1.3%) had a false positive vp-score
(vp > 1.3) for anti-spike, while 3 had a false positive vp-score (vp > 1.5) for anti-nucleocapsid
without any overlap between the spike- and nucleocapsid-positive samples. A similar
proportion (n = 7, 3%) scored false positive in ELISA measurements (Table 1, Figure 4A), but
there was no overlap of false positive samples between our assay and ELISA. To evaluate
the results from the positive cohort, we stratified the samples into three groups based on
the day of sample collection post-infection (<11 days (n = 26); 11–14 days (n = 24); >14 days
(n = 15)). The stratification was based on previous research on SARS-CoV-2 IgG serocon-
version after first infection, where seroconversion for IgG targeting the spike protein was
detected between day 10 and 14 post-infection with ELISA and CLIA [45–47]. All (15/15)
of the samples collected >14 days post-infection exhibited a positive vp-score for both spike
and nucleocapsid, compared to 14/15 (93.3%) in the ELISA assay. In the “11–14 days” and
“<11 days” groups, 19/24 (79.1%) and 14/26 (54%) scored positive in our assay compared
to 16/24 (66.7%) and 6/26 (23.1%) determined by ELISA (Table 1, Figure 4A). In general,
the vp-score values correlated well with the ELISA scores (Pearson correlation r = 0.76)
(Figure 4B). In summary, the results demonstrate that the multiplex microscopy serology
assay can provide semi-quantitative measurements of spike and nucleocapsid reactive
antibodies in human sera with specificity and sensitivity similar or better than an ELISA
assay approved for clinical diagnostic use.

Figure 4. Comparison of multiplex microscopy assay and ELISA in the detection of SARS-CoV-2
spike antibodies in patient sera. (A) Samples from the positive control cohort have been stratified into
three groups based on the day post-infection and analyzed by multiplex microscopy assay (left) and
ELISA (right). Each dot represents one serum sample. Line = mean value; (B) correlation between
vp-score obtained by multiplex microscopy assay and ELISA measurements; dotted line at 1.3 for
vp-score = empirically determined cut-off value used to classify sera as negative or positive; dotted
lines with gray area between 0.8 and 1.1 RU/mL in ELISA plots represent borderline situations where
sera cannot be classified as positive or negative according to the manufacturer’s protocol.
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Table 1. Summary of positive results for control samples obtained by ELISA and multiplex mi-
croscopy assay.

Cohort Microscopy Assay Spike IgG ELISA Spike IgG

Negative cohort n = 233 3/233 (1.3%) 7/233 (3%)

SARS-CoV-2 cohort < 11 days
post-infection n = 26 14/26 (53.8%) 6/26 (23.1%)

SARS-CoV-2 cohort 11–14
days post-infection n = 24 19/24 (79.1%) 16/24 (66.7%)

SARS-CoV-2 cohort > 14 days
post-infection n = 15 15/15 (100%) 14/15 (93.3%)

Finally, we employed the assay to analyze the serological status of vaccinated in-
dividuals. This is particularly relevant in the context of a potential need for recurring
vaccinations. For this, we examined sera from a cohort of n = 50 individuals who had
received two doses of the Pfizer-BioNTech BNT162b2 vaccine in early 2021 at least 14 days
before sample collection (Figure 5A). Vaccinees had not experienced a prior SARS-CoV-2
infection according to their own statements. Of the 50 tested sera, 47 scored positive for
spike antibodies in our assay (Figure 5A), indicating that two doses of vaccine had resulted
in the generation of reactive antibodies. Notably, the three samples (wells C3, F7 and F9,
Figure 5A) that scored negative in this assay were also negative when tested with ELISA
measuring anti-spike IgG (scoring 0.98, 0 and 0.03 RU/mL, respectively, with a cutoff
for positivity being > 1.1 RU/mL), indicating low response to the vaccine. The vp-score
for nucleocapsid was negative for 47 of 50 samples. Only three sera exhibited positive
reactivity to the nucleocapsid protein in both IF assay and ELISA (wells B3, C4 and E11),
indicating prior infection with SARS-CoV-2.

We also examined differences in antibody binding to the different spike variants
in the vaccinee cohort (Figure 5A). Reactivity of the sera to all three spike variants was
detected, indicating the presence of antibodies targeting conserved epitopes. However,
in the majority of vaccinee samples, we detected more antibody binding to wild-type
and delta spike proteins, while binding to the omicron variant was often weaker. This
pattern of differential binding is not surprising considering that the BNT162b2 vaccine is
based on the wild-type spike with the delta variant being relatively similar (8 mutations
in the spike protein) and omicron considerably more divergent (33 mutations in the spike
protein) [16,48].

To further investigate the effectiveness of a semi-quantitative assessment of antibody
binding affinity across various spike variants and apply it in a more complex clinical
situation, we analyzed a small cohort of six patients, where sequencing confirmed acute
SARS-CoV-2 infection with the omicron variant (Figure 5B). The samples were collected
at least 15 days post-infection except for sample 3 (8 days post-infection). Five of these
individuals were unvaccinated before the omicron infection (samples 1–5), while one
was vaccinated with the BNT162b2 vaccine prior to the omicron breakthrough infection
(sample 6).
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Figure 5. Analysis of the serological status of vaccinated and omicron-infected individuals. (A) Ex-
emplary data showing the multiplex microscopy results of sera obtained from 50 vaccinees in the
multi-well plate. The cells in the first column (2) are used as controls and are incubated with sera
obtained from SARS-CoV-2-infected and -vaccinated individuals (wells B2 and C2, positive controls),
pre-pandemic sera (wells D2 and E2, negative controls) and no sera (wells F2 and G2, background
and bleed through control wells). The numbers in each box show the vp-score for spike binding
(upper number, red = positive (vp > 1.3), gray = negative) and nucleocapsid binding (lower number,
red = positive (vp > 1.5), gray = negative. The colored circles on the side of each box represent binding
to different spike variants (green (wt), magenta (delta), orange (omicron) and gray (no binding). Dim
color represents at least 15% weaker binding to the indicated variant compared to the variant where
the strongest binding was measured. (B) Bar graphs show the vp-scores for different spike variants
(green (wt), magenta (delta), orange (omicron)) and the nucleocapsid (gray) of omicron-infected
individuals. Dotted line at 1.3 for vp-score = empirically determined cut-off value used to classify
sera as negative or positive.

For two out of the five individuals who were unvaccinated, we detected antibodies
that preferentially targeted the omicron variant while three sera displayed similar binding
across all variants (Figure 5B). For the vaccinee who experienced an omicron breakthrough
infection, we measured the highest vp-score for the wild-type variant, which is in line with
reports indicating reactivation of preexisting cross-reactive B cells generated following
breakthrough infection with a different strain [11,29,49,50] (Figure 5B, sample 5).

In summary, the multiplex microscopy serology assay was successfully employed in
the semi-quantitative characterization of human samples in the context of determining the
effectiveness of the vaccination procedure, previous (unknown) exposure to SARS-CoV-2
and disentangling preferential antibody binding across different spike variants, providing
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information relevant in situations of continued emergence of new virus variants as well as
in clinical settings.

4. Discussion

We developed and validated a microscopy-based, multiplex serology assay, for the
simultaneous detection and characterization of pathogen-specific antibodies. The assay in-
tegrates automated high-resolution microscopy in multi-well plates (Figure 1) and a robust
machine learning analysis pipeline enabling a fully automated workflow (Figure 2). Sero-
logical assays like ELISA and (E)CLIA are a gold standard in antibody detection following
viral infections [51]. However, the microscopy-based approach presented here has several
unique aspects that may prove advantageous under certain conditions. Standard sero-
logical assays mainly employ purified recombinant proteins as antigens [20,52]. Potential
complications may arise when proteins are expressed and purified under conditions that do
not represent their native environment, compromising the attainment of biochemical prop-
erties essential for viral tropism and antigen specificity, such as folding and glycosylation
patterns [20]. In addition, some proteins, in particular membrane proteins, are challenging
to express and purify in large quantities in vitro. In the cell-based assay presented here,
the protein of interest is expressed, processed and transported in a near-native cellular
environment. This should facilitate the detection of antibodies that recognize the native
conformation. The assay could be performed either with or without permeabilization. Here,
we employed permeabilization since we were aiming for a parallel detection of intracellular
and extracellular epitopes as well as to describe conditions that are broadly applicable for
other viral antigens, independent of intracellular localization. Differential fixation can also
reveal epitopes with different levels of glycosylation for comparison. The assay developed
here, together with the panel of barcoded cell lines, represents a streamlined, rapidly
adaptable, biosafety level 1-compatible toolbox that primarily requires the sequence of the
protein of interest for cloning into a lentiviral vector. While some optimization of expression
might be necessary when adapting the assay to other viral antigens, this renders the assay
useful in the context of emerging pathogens since it can be rapidly developed as soon as
the genomic sequence of the pathogen and relevant open reading frames are known.

A unique feature of the assay, distinguishing it from other microscopy-based sero-
logical assays described recently [25,53,54], is the multiplexing approach that uses fluo-
rescent protein localization rather than its spectral characteristics as a barcoding strategy
(Figures 1 and S2). Together with machine learning-driven cell classification and analysis
(Figure 2), our assay is able to identify and characterize the differential binding of an-
tibodies to various viral epitopes and variants within one experiment. Pietiäinen et al.
previously demonstrated multiplex serology assay testing for various viral SARS-CoV-2
proteins [53]. Although the assay by Pietiäinen et al. investigated binding to S, N and
M proteins of SARS-CoV-2, the multiplex approach faced constraints due to limitations
in the number of available spectral channels and had to employ separate wells for each
viral antigen. Our multiplex strategy not only simplifies the experimental process but
also enhances its efficiency by allowing the simultaneous analysis of multiple targets. The
approach can be extended to a larger number of viral proteins by employing the addi-
tional barcoding markers identified in this study (e.g., those localizing to lysosomes, ER
or mitochondria). Although the system is limited by the number of markers with unique
subcellular localization, machine learning-based pattern recognition and classification can
recognize even subtle differences in localization patterns and are constantly improving.
This is demonstrated by the fact that three different nuclear markers (H2A, lamin and NLS)
were accurately classified by machine learning based on relatively subtle staining pattern
differences. In addition, combining two or more barcodes in one cell will dramatically
increase the number of different subcellular localization patterns that can be used for cell
classification. Thus, we believe that the number of barcode proteins suitable for this multi-
plexing approach can be substantially expanded. Since barcoding uses only one spectral
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channel, one can take advantage of other spectral channels to assess, e.g., the presence of
IgM and IgA in parallel to IgG.

In this proof of principle study, we applied the assay to the most relevant use-case
situations, e.g., the testing of mAbs with potential therapeutic application (Figure 3) and
serological analysis of human sera (Figures 4 and 5). Therapeutic mAbs represent a
crucial treatment pillar in the early phase of pandemics and form an essential compo-
nent of the portfolio of treatment options against newly emerging pathogens [55,56].
Our analysis of therapeutic mAb REGEN-COV and 14 mAbs from Wang et al. with
known spike-variant binding specificity was largely in agreement with published data [29]
(Figures 3 and S5). The few cases where we detected a discrepancy between the multiplex
microscopy assay and ELISA highlight the subtle differences between methods. Given
these results, as well as the costs and risks involved in mAb development, we imagine
the multiplex microscopy assay could be integrated into a large-scale, commercial mAb
discovery pipeline as an alternative approach to validate positive hits obtained by ELISA.
Here, a multiplex option and the capacity to detect synergistic binding could be exploited
to generate cells expressing different segments of the immunodominant protein to test for
specific antibody combinations.

The multiplexing microscopy approach is particularly relevant for serological analysis
of human serum samples, which often contain a complex array of antibodies against various
viral components, depending on the vaccination status and previous exposure to viral
variants. The lack of overlap in false positives between ELISA and multiplex microscopy
assay (Figure 4, Table 1) indicates the potential for leveraging a dual-readout strategy to
achieve extremely accurate specificity in critical applications such as serological screening
in low seroprevalence populations [26]. Our analysis of vaccinee and omicron-infected
individuals revealed differential antibody binding to spike variants and nucleocapsids
consistent with their vaccination status and medical history (Figure 5). The ability of the
assay to provide a “serological fingerprint” of SARS-CoV-2 binding antibodies for each
individual enables addressing the inherent variability in the antibody landscape. This is
particularly relevant in the context of the extensive vaccination efforts and continuously
evolving virus variants.

The main limitation of the approach is the requirement for expertise and infrastructure
for cell culture, microscopy and image analysis. The assay is, therefore, not considered
as an alternative to commercially available assays for routine diagnostics. However, it
can present an important experimental alternative in the context of newly emerging viral
pathogens when information about immuno-relevant epitopes has yet to be obtained and
when well-established serological assays are not available or do not reflect rapid viral
evolution in a pandemic scenario.

5. Conclusions

In conclusion, we developed a microscopy assay suitable for the detection of antibodies
against multiple viral proteins simultaneously. For multiplexing, we used a barcoding strat-
egy that relies on subcellular localization of mScarlet-tagged peptides/proteins enabling
evaluation of antibody binding to a large number of targets by using only a single spectral
channel. Together with automated microscopy and the developed machine learning-based
image segmentation, classification and analysis, the assay is compatible with high through-
put applications. We applied this approach for quantitation of antibody binding to different
variants of SARS-CoV-2 spike and nucleocapsid proteins in sera of patients or vaccinees, as
well as for the study of reactivity of monoclonal antibodies. Importantly, given the compat-
ibility with biosafety level 1 and the potential for rapid adaptability to emerging pathogens,
the assay represents an important resource in the context of pandemic preparedness and
an alternative to standard serological assays based on purified proteins.
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Abstract: Efforts to develop vaccine and immunotherapeutic countermeasures against the COVID-19
pandemic focus on targeting the trimeric spike (S) proteins of SARS-CoV-2. Vaccines and therapeutic
design strategies must impart the characteristics of virion S from historical and emerging variants
onto practical constructs such as soluble, stabilized trimers. The virus spike is a heterotrimer of
two subunits: S1, which includes the receptor binding domain (RBD) that binds the cell surface
receptor ACE2, and S2, which mediates membrane fusion. Previous studies suggest that the antigenic,
structural, and functional characteristics of virion S may differ from current soluble surrogates. For
example, it was reported that certain anti-glycan, HIV-1 neutralizing monoclonal antibodies bind sol-
uble SARS-CoV-2 S but do not neutralize SARS-CoV-2 virions. In this study, we used single-molecule
fluorescence correlation spectroscopy (FCS) under physiologically relevant conditions to examine the
reactivity of broadly neutralizing and non-neutralizing anti-S human monoclonal antibodies (mAbs)
isolated in 2020. Binding efficiency was assessed by FCS with soluble S trimers, pseudoviruses
and inactivated wild-type virions representing variants emerging from 2020 to date. Anti-glycan
mAbs were tested and compared. We find that both anti-S specific and anti-glycan mAbs exhibit
variable but efficient binding to a range of stabilized, soluble trimers. Across mAbs, the efficiencies
of soluble S binding were positively correlated with reactivity against inactivated virions but not
pseudoviruses. Binding efficiencies with pseudoviruses were generally lower than with soluble S or
inactivated virions. Among neutralizing mAbs, potency did not correlate with binding efficiencies
on any target. No neutralizing activity was detected with anti-glycan antibodies. Notably, the virion
S released from membranes by detergent treatment gained more efficient reactivity with anti-glycan,
HIV-neutralizing antibodies but lost reactivity with all anti-S mAbs. Collectively, the FCS binding
data suggest that virion surfaces present appreciable amounts of both functional and nonfunctional
trimers, with neutralizing anti-S favoring the former structures and non-neutralizing anti-glycan
mAbs binding the latter. S released from solubilized virions represents a nonfunctional structure
bound by anti-glycan mAbs, while engineered soluble trimers present a composite structure that is
broadly reactive with both mAb types. The detection of disparate antigenicity and immunoreactivity
profiles in engineered and virion-associated S highlight the value of single-virus analyses in designing
future antiviral strategies against SARS-CoV-2.

Keywords: fluorescence correlation spectroscopy; SARS-CoV-2 spike; antigenicity; Covi-mAbs;
anti-HIV glycan mAbs; in vitro binding assay
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1. Introduction

The COVID-19 global pandemic has claimed at least 7 million lives worldwide, owing
to the periodic emergence and circulation of new SARS-CoV-2 variants [1–3]. Newer vari-
ants seem more transmissible and partially resistant to early vaccines [4–7] and neutralizing
antibodies (NAbs) [8–11] elicited by early strains. Although vaccines and drugs have
reduced infections and deaths, it is highly likely that virus evolution and emergence will
be a recurring, worldwide concern for the foreseeable future. Consequently, COVID-19
prevention and treatment must be an ongoing, evolving effort reliant on the ability to under-
stand and counteract genotypic and phenotypic changes that alter SARS-CoV-2 infectivity,
transmissibility, and immune escape.

SARS-CoV-2 envelope (Env) spike (S) trimers are critical targets for antiviral coun-
termeasures. These structures mediate virus attachment to and fusion with host cells
and are targets for neutralizing antibodies [12,13]. Evolutionary mutations constantly
occurring in the human host population modulate both replication functions and immune
recognition. On virion surfaces, S is a trimer of two interacting subunits [14], S1 and
S2, that mediate attachment to host cells (e.g., human respiratory epithelial cells) via the
angiotensin-converting enzyme 2 (ACE2) receptor [15]. S1 contains the N-terminal domain
(NTD), the receptor binding domain (RBD), and S1–S2 furin cleavage site. S2 contains an S2
protease site that is cleaved (e.g., by TMPRSS2 or cathepsins) to release its fusion peptide.
As with all coronaviruses, the receptor-liganded SARS-CoV-2 trimer transitions through
distinct conformational intermediates that “open” the trimer apex and initiate fusogenic
activity [16–19]. Unlike the unliganded S proteins of seasonal human coronaviruses, which
are constitutively organized as “closed” trimeric structures [20,21], SARS-CoV-2 trimers
variably toggle between closed (all RBDs down toward the virion surface) and “open” (one
or more RBDs “up”) conformations [17,18,22–24] depending on strain. When the S1 RBD
of each S protomer flips to an “up” orientation (pointed away from the virion), the ACE2
receptor is captured [25]. The trimers then transition through additional conformational
intermediates that fix the trimer apex in an “open” state with S protomers “up”; shed S1;
and place the exposed S2 fusion domain toward the host cell membrane [16–19,26].

Several lines of evidence associate the emergence and dominance of new SARS-CoV-2
variants with certain mutations in S [27]. Such relationships have been observed since the
first stage of the pandemic, when emerging variants with an S1 D614G mutation appeared to
have greater transmissibility [28,29]. Subsequently, a host of mutations have been identified
with the potential to influence attachment, membrane fusion, and entry functions [30];
confer replication/fitness advantages [31–33]; and/or evade immune responses [28,29,34].
The Alpha (B.1.1.7), Beta (B.1.351), and Gamma (P.1) variants express an N501Y mutation
in RBD, which could enhance ACE2 binding. The B.1.351 and P.1 strains also include a
E484K S mutation that reduces sensitivity to NAbs elicited by earlier variants [35]. Delta
(B.1.617.2) variants harbor L452R and P681R mutations, in RBD and near the furin cleavage
site, respectively, which also reduce sensitivity to antibody neutralization versus previous
variants [31,36,37]. Compared to ancestral (Wuhan) variants, the more recent Omicron
BA.1 [38,39] expresses 32 unique amino acid positions in S [40,41]. Notably, the neutralizing
activity of serum antibodies from SARS-CoV-2 vaccinees to the ancestral (Wuhan) strain is
lower against Omicron subvariants compared to the Wuhan variant [42,43]. As of 2023 [44];
the XBB.1.5 descendant of the BA.2 lineage expresses an F486P S mutation that enhances
attachment to ACE2 [45,46]. In view of these findings, it is apparent that S evolution in
the human population will be a key barometer for understanding the future course of the
COVID-19 pandemic.

The structure–function relationships of SARS-CoV-2 trimer sequences have been ex-
tensively studied using indirect in vitro analyses (e.g., infectivity or neutralization) or the
ensemble imaging/computational modeling of static structures [17–19,23,24,35,47,48] such
as stabilized soluble trimers. Structural analyses of engineered soluble S trimers have
been important for understanding how sequence changes alter protein–protein interac-
tions [35,49]. However, such approaches may fail to fully capture the antigenic properties
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of natural S trimers on virion surfaces. Coarse-grain model simulations of interactions
between membrane-bound ACE2 dimers and virion S trimers predicted the disparate struc-
tural and functional behaviors of membrane-bound versus soluble S trimers [50]. Further,
Förster resonance energy transfer (FRET) imaging of particles pseudotyped with sequence-
modified (for fluorophore attachment) SARS-CoV-2 trimers (from a 2020 variant) detected a
dynamic structure, exhibiting constitutive fluctuations between four conformational states
ranging from all RBD up versus all RBD down protomer positions. The favored state
changes as receptor liganding ensues [51]. Caveats of this approach include the need for
sequence modifications of S (for placing FRET dye pairs); the presentation of one or a few
such modified trimers on a virion; and uncertainties that the modified trimer represents
the disposition of all spikes across the entire virion. Nevertheless, evidence of structural
dynamics must be considered in the context of virus–NAb or monoclonal antibody (mAb)
interactions and immune evasion. Differences between soluble and virion-associated S
might explain why certain anti-HIV NAbs are broadly reactive with glycan patches on
both HIV gp120 and SARS-CoV-2 S, but neutralize only the former [52,53] and not the
latter [52,53]. Such dichotomies warrant further investigation.

Here, we explore, for the first time, the antigenicity of SARS-CoV-2 S and virions in
solution, using physiologically relevant mAb concentrations. Our analyses are enabled
by fluorescence correlation spectroscopy (FCS), which we successfully applied in order to
define the antigenicity of HIV-1 virions with respect to neutralizing and non-neutralizing
antibody interactions [54–56]. This approach allows direct analyses of unadulterated virus
surface proteins at the level of single particles. Immunoreactivity was explored using a
panel of non-neutralizing and broadly neutralizing anti-S mAbs, including ones (designated
“Covi-series”) we isolated from an infected individual in year 2020 of the pandemic. The
epitope targets for these mAbs have been reported [49,57]. These antibodies allowed us to
comprehensively track changes in S antigenicity from 2020 forward. A collection of cross-
reactive anti-glycan mAbs [58] which neutralize HIV and bind SARS-CoV-2 virions [59,60]
were also examined for comparison. Collectively, our data reflect the evolving binding
efficiencies of early anti-S mAbs with SARS-CoV-2 variants over time. Importantly, data for
individual strains also indicate the antigenic, structural, and/or functional heterogeneity
of virion-associated S, which mediates the binding of neutralizing and non-neutralizing
mAbs. This heterogeneity is only partially captured by matching soluble S trimers or
S-pseudotyped particles.

2. Materials and Methods

Production and labeling of anti-SARS-CoV-2 spike mAbs. All anti-spike mAbs labeled
“Covi” were isolated from donor ID3, who was infected in South Asia in February 2020.
The method of isolation, as well as individual mAbs Covi-9, Covi-11, and Covi-17, have
been described before [49,57]. In previous publications, Covi-9, Covi-11, and Covi-17
were referred to as CoVIC-78, CoVIC-79, and CoVIC-96, respectively [49], and Covi-11 as
Cov11 [57]. Covi-10, Covi-21, and Covi-24 have not been previously reported. CR3022 was
obtained from BEI Resources, and 2G12 (#AB002) was purchased from Polymun scientific.
PGT121 (ARP12343) and PGT126 (ARP12344) were obtained from HIV reagent program
contributed by International AIDS Vaccine Initiative. Fragment of antigen binding (Fab)
of 2G12 was generated and purified as described [55]. The nonspecific human IgG1 used
as negative control was purchased from Calbiochem, San Diego, CA, USA. All mAbs
were fluorescently labeled using Alexa Fluor 647 dye (A647) and purified as described [54].
Briefly, succinimidyl ester moiety of A647 dye reacts with primary amines of the antibody in
slightly alkaline condition to form a stable amide bond, producing the dye labeled antibody.
The reaction was incubated for 2 h at room temperature. The labeled antibody was purified
from free dye by centrifuging in spin column at 1100× g for 5 min. The labeled antibodies
were characterized by a UV–visible spectrometer (Nanodrop 2000, ThermoFisher Scientific,
Wilmington, DE, USA).
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SARS-CoV-2 recombinant spike proteins and virions. The following SARS-CoV-2 reagents
were obtained through BEI Resources, NIAID, NIH; gamma-irradiated SARS-CoV-2 viruses
of ancestral (Wuhan) variant (USA/MD-HP01542/2021) and Lineage B.1.617.2; Delta vari-
ant (hCoV-19/USA/MD-HP05285/2021) and full-length SARS-CoV-2 spike protein vari-
ants; Alpha (B.1.1.7), Beta (B.1.351), Gamma (P.1), Delta (B.1.617.2), and Omicron (B.1.1.529,
BA.2, BA.2.75, BQ.1.1, and BA.4); spike trimer (S1+S2) his-tag (D614G); SARS-CoV-2 per-
fusion spike ectodomain Hexapro; and recombinant SARS-CoV-2 soluble stabilized spike
(Wuhan). The recombinant Wuhan spike protein lacks the signal sequence and contains
1196 residues (ectodomain) of the SARS-CoV-2 spike glycoprotein. It is also modified to
remove the polybasic S1/S2 cleavage site (RRAR to A; residues 682 to 685), stabilized
with a pair of mutations (K986P and V987P), and includes a thrombin cleavage site, T4
fold on trimerization domain, and C-terminal hexa-histidine tag. Both Wuhan isolate
USA/MD-HP01542/2021 and delta isolate hCoV-19/USA/MD-HP05285/2021 virions
were gamma-irradiated (5 × 106 RADs) on dry ice, followed by sonication.

RBD sequences were aligned using Clustal Omega [61]. RBD mutations were mapped
onto a surface representation of PDB 7A94 using ChimeraX [62].

Cell culture and production of pseudoviruses. HEK293T and TZM-bl Hela cells were
obtained from the American Type Culture Collection (ATCC) and maintained in complete
Dulbecco’s modified Eagle’s medium (DMEM) without phenol red. HEK293T cells with
stable expressing ACE2 receptor (HEK293T-ACE2) was maintained in complete DMEM. To
produce the SARS-CoV-2 pseudovirus, the envelope plasmid (PSF361.2) was constructed
first using the spike gene from 2019NCoV S gene (GenScript, Piscataway, NJ, USA) and
cloned into pCAGGS expression vector (GenScript, USA). The primers used are as fol-
lows: sf1147, CTCTGAATTCGCCATGCCACCATGTTCGTCTTCC; and sf1148, CTCTACC-
CGGGATCCGATTTAGGTGTAATGC. Furthermore, for better expression, an additional
Kozak sequence was added to the N-terminal end. SARS-CoV-2 pseudovirus was gener-
ated by co-transfecting the envelope-deficient HIV-1 backbone plasmid, pNL4-3-ΔE-luc
(obtained through AIDS Research and Reference Reagent Program, NIAID, NIH, Bethesda,
MD, USA), and SARS-CoV-2 spike plasmid (PSF361.2) in HEK293T cells using the FuGENE
(Promega, USA) transfection reagents. Cell supernatant was isolated and concentrated
using PEG-it (System Biosciences, USA). Quantification of p24 concentration was per-
formed using ELISA kit from R&D system. Control particles lacking envelope (delE) were
produced by transfection with pNL4-3-ΔE-EGFP backbone alone as reported earlier [56].

Fluorescence correlation spectroscopy (FCS). FCS has been proven to be a valuable
method for evaluating virion–mAb interactions at the single-molecule level for several
years [54–56,63–65]. Briefly, a 15 μL reaction containing 3 μg/mL p24 equivalent of SARS-
CoV-2 pseudovirus was treated with nonspecific IgG1 (100 μg/mL) for 90 min at 37 ◦C
to block the nonspecific interaction. Subsequently, 1 nM Alexa Fluor 647-conjugated
mAb (A647–mAb) was added to the reaction mixture and incubated for 90 min at 37 ◦C
to form immune complexes. Approximately 11 μL of the reaction mixture was loaded
onto a glass coverslip sample chamber and sealed before FCS measurements were per-
formed. A 3 μg/mL p24 level of pseudovirus contained approximately 3 × 1010 virions/mL.
SARS-CoV-2 gamma-irradiated virions (BEI) contained approximately 1 × 109 genome
copies/mL, which was further concentrated by ultracentrifugation to 1 × 1010 genome
copies/mL. FCS reaction conditions rely on limiting protein concentrations that tend to be
more physiologically relevant than other reaction systems. Our main goal in configuring
reaction conditions was to achieve optimal sensitivity to detect differences in binding effi-
ciency (% antibody bound to antigen) among mAbs. Such conditions occur with limiting
amounts of mAb. The reactions we employed (ex: SARS-CoV-2 Wuhan variant) reflect a
condition of 3 × 1010 particles/mL (pseudovirus) or 1 × 1010 particles/mL (inactivated
virus) of fluid. Assuming 30 spikes per virion, the overall spike concentration should be
~1.5 nM. Accordingly, we used roughly equimolar (1 nM) concentrations of mAb in the
reactions. In the case of purified recombinant SARS-CoV-2 spike protein, a reaction mixture
containing 10 nM of spike protein and 5 nM of A647–mAbs was incubated for 30 min at
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room temperature to form the spike–mAb complexes. As above, 11 μL of this reaction
mixture was used for the experiments each time. Different stoichiometric ratios of mAbs
to spike protein were used to determine the optimal condition for binding in solution.
A molar ratio of 1:2 of mAb to spike protein was selected as it exhibited the maximum
percent of binding. FCS measurements were performed in a customized ISS Q2 confo-
cal microscope. The excitation source was Fianium SC-400 super-continuum laser. NKT
super-select AOTF filter was used to select the excitation wavelength of 635 nm, which was
reflected by a dichroic mirror to an Olympus high-numerical-aperture (NA) water objective
(60×; NA 1.2) and focused onto the solution sample. The fluorescence was collected by
avalanche photodiodes through a dichroic beam splitter and a band-pass (650–720 nm;
Chroma) filter, thus eliminating the scattered excitation light and collecting the fluorescence
from the A647-labeled probes in the spectral region of interest. The data acquisition was
enabled by a B&H SPC-150 card operated in a photon time-tag time-resolved (TTTR) mode.
The recorded data were analyzed using the ISS VistaVision software V4.2 to assess the
in vitro binding of A647-labeled mAbs to recombinant spike proteins or SARS-CoV-2 viri-
ons. The autocorrelation plots were generated by the VistaVision software and fitted with
one-species or two-species 3D-Gaussian diffusion model. The fitting processes yielded the
translational diffusion coefficients of A647-labeled mAbs, A647-labeled mAb-bound spike
proteins of different variants, and mAb-bound virions. We also determined the fractions
of free mAbs, mAbs-bound to SARS-CoV-2 recombinant spike protein, or virions in the
reaction mixture.

Neutralization assay. The neutralization capability of the Covi-mAbs were assayed
using the ACE2 expressing HEK293T cells (HEK293T-ACE2). The SARS-CoV-2 pseudovirus
has an HIV-1 backbone containing luciferase gene which, upon infection, can be measured
as relative luminescence units (RLUs). For the HIV-1 bnAbs, the neutralizing activity
was determined using the TZM-bl target cells [66], which measure Tat-driven luciferase
expression after single round of infection. Briefly, 50 μL of SARS-CoV-2 pseudovirus of a
TCID50 value 20,000 was incubated with 50 μL of 2–7-fold serially diluted test antibodies
(starting at 10–50 μg/mL) for 1 h at 37 ◦C in a CO2 incubator. Next, the HEK293T-ACE2
cells (10,000 cells/well) were added to the virus–mAb solution and incubated at 37 ◦C in 5%
CO2 incubator. A cell-only control without the virus and a virus-only control without the
antibody were included in this assay. After 72 h, Steady-Glo reagent (Promega, Madison,
WI, USA) was added and RLU was measured using Victor 3 plate reader (PerkinElmer,
Hopkinton, MA, USA) and the percentage of neutralization was calculated.

Statistical analyses. Using the GraphPad prism software (Version 10), data were an-
alyzed using either Mann–Whitney’s T-test or the analysis of variance (ANOVA). The
statistical significance was defined as p < 0.05.

3. Results

3.1. Variable Solution Binding of Anti-S mAbs to Recombinant Soluble S from Different
SARS-CoV-2 Strains

MAb interactions with soluble S were determined by FCS, adopting procedures we
previously used to study the antigenicity of HIV Env. FCS is a sensitive analytical technique
that measures fluctuations in the signal intensity of a fluorophore as it passes in and out of
a defined focal volume. Such signal fluctuations reflect the fluorophore diffusion kinetic
(coefficient), which is a function of mass. Thus, when a fluorophore-labeled molecule
binds to a larger target, its diffusion coefficient decreases, owing to the larger mass of
the resulting complex. The fraction of labeled molecules assuming a slower diffusion
coefficient quantitatively reflects the target binding efficiency. As diffusion coefficients are
proportional to mass, FCS measures also validate that fluorescent signals emanate from
the expected reaction complexes. For example, a 150 kD free IgG molecule displays a
diffusion coefficient of ~55 μm2/s; one bound to a 140 kD soluble S protein should diffuse
at ~35 μm2/s.
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To produce a perspective of antigenic changes in variants arising over time, we tested
mAbs (e.g., “Covi” series) derived from an individual infected with the earliest known
cases of SARS-CoV-2. The panel (Table 1) included neutralizing mAbs Covi-9, Covi-10,
Covi-11, Covi-17, and Covi-24, as well as non-neutralizing mAbs such as CR3022 and
Covi-21. CR3022 binds to the relatively conserved conformation of the spike protein (amino
acids 318–510) in the S1 domain of the SARS-CoV, as well as SARS-CoV-2 strains [67,68].
Members of the panel have been characterized structurally [49,57].

We first tested the mAbs (conjugated to A647 dye) for reactivity with S from the
ancestral (Wuhan) variant discovered in Wuhan, China in 2019 [69]. Sequence analysis
of the Wuhan variant showed a distinctive polybasic amino acid incorporation in the
spike protein that appeared to make it more virulent than other related coronaviruses [70].
MAb CR3022 showed a clear shift in the autocorrelation curve, which fit a two-species
diffusion model in which one species exhibited the high diffusion coefficient (55 μm2/s) of
free mAb and the other showed a lower value of approximately 35 μm2/s corresponding
to the mAb–S complex (Figure 1a). Applying the FCS-fitting routine (see Methods), we
calculated the fractional component of the 35 μm2/s species, defining the percentage of
the mAb-bound spike in the reaction mixture, i.e., binding efficiency. CR3022 showed
a high binding efficiency (approximately 80% bound to S). An irrelevant IgG1 negative
control demonstrated only a one-species diffusion rate at 55 μm2/s (Figure 1b), indicating
no S binding.

Figure 1. A647-dye-labeled anti-spike mAbs exhibit variable binding efficiencies in reactions with
the SARS-CoV-2 spike protein of the Wuhan variant. Representative FCS autocorrelation plots used
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to calculate binding efficiencies (see text) are shown in panels (a,b). Antibodies were analyzed
with or without exposure to recombinant spike protein. (a) mAb CR3022; broadly reactive positive
control. (b) Non-specific human IgG1; negative control. (c) FCS autocorrelation plots such as in
panels (a,b) were used to determine the binding efficiencies (% antibody bound) of various labeled
mAbs with the SARS-CoV-2 spike protein. All experiments were performed three times. Data are
presented as the mean of three experiments ± sem.

Table 1. mAbs selected for the current study.

Antibody Specificity

CR3022 anti-spike S1 (RBD 7)—non-neutralizing

Covi-9 anti-RBD—neutralizing (RBD 5)

Covi-10 anti-RBD—neutralizing

Covi-11 anti-RBD—neutralizing (RBD 2)

Covi-17 anti-spike—neutralizing (RBD 5)

Covi-21 non-neutralizing

Covi-24 anti-spike—neutralizing

2G12 anti-HIV Env, targets glycan patch

PGT-121 anti-HIV Env, targets V3 glycan

PGT-126 anti-HIV Env, targets V3 glycan

Non-specific IgG1 negative control

When analyzed alone, all other test mAbs displayed auto-correlation plots with single-
diffusion coefficients of ~55 μm2/s (Supplemental Figure S1). In the presence of soluble
Wuhan S, autocorrelation curves consistently fit the two-species diffusion model (one
species at 55 μm2/s, the other at 35 μm2/s) with no other species present. The Covi-
series mAbs exhibited a range of binding efficiencies to Wuhan S, ranging from 2% (Covi-
9) to 53% (Covi-11) (Figure 1c). Structural studies indicated that Covi-11 Fab binds to
the SARS-CoV-2 RBD in a unique orientation, possibly contributing to its neutralization
potency. As described earlier, Covi-11 employs a heavy chain VH 3–53 and a light chain
VK 3–20 germline sequence towards attaching to the RBD. Most residues of the Covi-
11 epitope footprint match with the ACE2-binding site on the RBD [57]. Covi-17 also
showed a higher binding efficiency of 43%. Notably, this mAb (coded as CoVIC-096
in [49]) was evaluated by the Coronavirus Immunotherapy Consortium (CoVIC) [71] and
determined to have particularly broad and potent neutralizing activity. Negative-stain
electron microscopy (NS-EM) characterization suggested that mAb Covi-17 crosslinks two
recombinant S proteins [49], possibly explaining the neutralization potency. However,
in our reactions, we did not observe species with diffusion coefficients of ~20 μm2/sec,
indicative of complexes formed by two trimers and two mAbs [49]. The discordance
between the NS-EM and FCS data might be explained by differences in reaction conditions.
The FCS conditions comprised concentrations of reactants (0.15 μg/mL) mixed in solution
at 1:2 molar ratios, whereas, for the NS-EM experiments [49], the complex was formed
by incubating the spike and antibody at the same concentrations of 0.25 μg/μL which
was equal to a concentration of ~1.6 μM. The FCS experiments were performed at a 1 nM
(0.15 μg/mL) concentration of mAbs, which is a ~1600-fold less concentration than the NS-
EM experiments. FCS is a sensitive single-molecule-based microscopic technique in which
the correlation curve is generated from the fluctuations in fluorescence intensity within
the confocal volume in a certain time frame. As FCS is a single (or few)-molecule-based
detection technique, based on observations in femtoliter confocal volumes, it cannot be
performed at protein concentrations approaching 1 μM. FCS is most sensitive and best
performed in the limiting concentration range of 1 to 10 nM. Should a large, cross-linked
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S protein complex form, FCS would detect it, provided such an object produces a few
percent of the total signal events. As we do not observe such a species, we conclude that
crosslinking is a phenomenon that mainly occurs in reactions with high concentrations of
antigen and antibody. We do not exclude that these interactions are possible.

SARS-CoV-2 variants that emerged post-(Alpha, Beta, Gamma, Delta, and Omicron)
acquired S mutations that alter neutralizing epitopes and/or modulate the constitutive
structure of the trimer as an “open” or “closed” structure [72–74]. The cross-reactive mAb
CR3022 demonstrated substantial immunoreactivity with all these variants (40 to 80% in
S-bound form), whereas the negative control IgG1 showed negligible to no evidence of S
binding (Figure 2).

 
Figure 2. Anti-spike mAbs exhibit variable reactivity with diverse SARS-CoV-2 spike proteins. FCS
was used to analyze mAb-binding efficiencies in reactions with the spike proteins of (a) Alpha, (b) Beta,
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(c) Gamma, (d) Delta, (e) Omicron (Lineage B.1.1.529), (f) Omicron (Lineage BA.2), (g) Omicron
(Lineage BA.2.75), (h) Omicron (Lineage BQ.1.1), and (i) Omicron (Lineage BA.4). (j) mAb-binding
efficiencies in reactions with the spike proteins of Wuhan, D614G mutant, and Hexapro mutant
were compared. Data for mAb-binding efficiencies in reactions with the spike proteins of Wuhan
variant from Figure 1c was repeated for comparison. Non-specific IgG1 and CR3022 mAb were
used as negative and positive controls, respectively. Data are presented as the mean of triplicate
measurements ± SEM. Each experiment was performed three times with similar results. * and
** represent p values of <0.05 and <0.01 respectively.

The Alpha variants, first identified in the United Kingdom in 2020 [75], contain an
N501Y mutation in S. The Alpha variant tested here showed efficient binding to Covi-10
(62% of the antibody bound to S) but low or no reactivity with any other mAb (Figure 2a).
The S protein of Beta variants, first identified in South Africa in 2020, contain a E484K
mutation that enables escape from convalescent antisera [75,76]. In this case, only Covi-
10 showed substantial immunoreactivity (42% mAb-bound; Figure 2b). Notably, the S
trimer of the Gamma variant (Lineage P.1), identified in Brazil in 2020, exhibited broader
and more efficient immunoreactivity ranging from 84% (Covi-11) to 23% (Covi-17) mAb-
bound (Figure 2c). The S of the Delta variant, first identified in India in 2020, presents
several mutations including L452R that reduces sensitivity to neutralizing antibodies
elicited by previous strains [75]. Although the Covi mAbs were derived from a subject
infected early in the pandemic, four of them (Covi-11, Covi-10, Covi-17, and Covi-24)
exhibited binding efficiencies of ≥ 30% mAb attached to S (Figure 2d). The Covi-series
mAbs displayed a range of binding efficiencies (15–40 percent complexed to S) across
Omicron subvariants (B.1.1.529, BA.2, BA.2.75, BQ.1.1, and BA.4), depending on the reaction
mixture (Figure 2e–i).

We further explored mAb binding to S variants encoding sequence changes that
impact structural behavior. The D614G mutation near the S1/S2 boundary of SARS-CoV-2
was reported to allow more open S trimer structures recognized by multiple neutralizing
antibodies [29]. Compared to Wuhan S, the D614G mutant was indeed more reactive with
Covi-10, 11, 17, 21, and 24, whereas Covi-9 was not bound (Figure 2j). The S1 subunit of
the SARS-CoV-2 spike protein is prone to proteases, which results in degradation [77]. The
Hexapro spike, based on a soluble Wuhan S, contained six proline substitutions (F817P,
A892P, A899P, A942P, K986P, and V987P) that counteract such thermal instability and
degradation [78]. Compared to an unmodified soluble Wuhan S, Covi-10, -11, and -17
showed more efficient binding to the Hexapro spike. Nearly all Covi-11 was detected in
S-bound form (Figure 2j). In contrast, Covi-9 and 21 showed very weak binding to Hexapro.

The occurrence of mutations in the RBD domain is a conventional explanation for
cross-variant differences in mAb-binding efficiencies. This possibility was explored with
anti-RBD mAbs Covi-10, -11, and -17, for which the defined epitope and/or structural
information is available [49,57]. Figure 3 shows RBD sequences for the listed test variants as
they emerged chronologically (Figure 3a), with residue changes mapped onto the respective
inner, outer, and top RBD epitope surfaces (Figure 3b) as previously defined by Callaway
et al. [79]. The generally lower binding efficiencies with Omicron versus earlier variants is
consistent with extensive changes in RBD residue positions, many of which are predicted
to establish mAb–RBD contacts [49,57,74,75,79]. In earlier variants (Alpha and Beta),
the negligible Covi-11- and Covi-17-binding efficiencies (versus Wuhan) paired with the
appearance of mutations at only a single RBD position (417), a predicted mAb contact site.
Binding efficiency was higher when mutations occurred elsewhere in the RBD, for example,
with Covi-11 and the Beta versus Gamma or Delta strains.
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Figure 3. Sequence alignment of variants of concern (VOC) RBD’s mutations and percent binding of
mAbs (Covi-10, 11, and 17) to soluble spike protein of different variants. (a) Sequence alignment of
RBD mutations in VOCs (left) compared with the percent mAb binding as measured in solution by
FCS (right). * Hexapro is a vaccine reagent and is not a VOC. Shown are RBD mutations found on
the outer face (purple), inner face (green), and top surface (yellow). VOC RBD mutations deviating
from consensus are shown as light purple, light green, and orange. The mAb-binding efficiencies
in reactions with the spike proteins of different variants as determined by FCS are color-coded as
follows: 75–100% (red), 42–74% (yellow), 0–41% (grey–white). (b) Surface representation of RBD
mutations. VOC RBD mutations are mapped onto model (PDB:7A94) and colored corresponding to
outer (purple), inner (green), and top (yellow) RBD surface views (as previously defined by Callaway
et al. [79]). Covi-11-binding epitope [57] on RBD is outlined and shown in cyan (bottom right).

3.2. Variable Solution Binding of Anti-Spike mAbs to SARS-CoV-2 Virions

The above experiments demonstrating variable binding to soluble S trimers prompted
us to examine whether similar patterns occur with virus-membrane-associated S. Since
FCS is not amenable to the biocontainment analyses of live SARS-CoV-2, the analyses
comprised HIV virion-based particles pseudotyped with S trimers, as well as gamma-
irradiated (5 × 106 RADs) wild-type virions which retain intact surface structures. We tested
two strains, Wuhan (hCoV-19/USA/MD-HP05285/2021) and Delta (hCoV-19/USA/MD-
HP05285/2021), for which soluble S trimers, and inactivated viruses with identical RBD
sequences are available. In virion reactions, any bound mAb should demonstrate a “slow”
diffusion coefficient of ~6 μm2/s, corresponding to the ~100 nm size of SARS-CoV-2 virion
targets. In accordance with expectations, all virus–mAb reactions produced autocorrelation
curves fitting a two-species model; free mAb (55 μm2/s) and virion-bound mAb (6 μm2/s).
As shown in Figure 4a,b, the mAbs again showed a range of binding efficiencies, with both
Wuhan pseudoviruses and matched irradiated wild-type virions. In general, the binding
efficiencies (percentages of mAbs bound) with virions was lower than what was measured
with soluble S (Figure 1). This difference may be explained by higher molar amounts of the
target in reactions with the latter. However, there was only a nonsignificant trend toward a
direct relationship between mAb-binding efficiencies (percentages of mAbs bound) with
the Wuhan pseudovirus versus soluble S trimers (Figure 4c). In comparison, there was a
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positive and statistically significant (p = 0.03) direct relationship between mAb-binding
efficiencies with the inactivated virus versus soluble S (Figure 4d). Moreover, there was a
significant direct relationship between mAb-binding efficiencies with pseudoviruses versus
inactivated wild-type viruses (p = 0.01), although the percent mAb-bound was consistently
higher with the latter target. Similar results were obtained with the Delta variant targets
(Supplemental Figure S2). As shown in Figure S2b, as with the Wuhan variant, there was
a statistically significant direct relationship between mAb-binding efficiencies with the
inactivated virus versus soluble S (p = 0.01) for Delta variants. In control experiments
(Supplemental Figure S3), we verified that the test mAbs had negligible to undetectable
non-specific interactions with virions by testing delE pseudoviruses, which were produced
without an envelope expression construct [56] (see Methods). When mixed with these
particles, all mAbs fit only a single-species diffusion model with the signature diffusion
coefficient (55 μm2/s) of free antibody.

 

Figure 4. Binding of anti-spike mAbs to SARS-CoV-2 varies between pseudovirions versus gamma-
irradiated inactivated virions of Wuhan variant. Autocorrelation plots were used to determine
the binding efficiencies (% antibody bound) of a panel of A647-labeled anti-spike mAbs reacted
with (a) SARS-CoV-2 pseudovirions or (b) gamma-irradiated inactivated SARS-CoV-2 virions. Rela-
tionships between mAb-binding efficiencies with recombinant Wuhan SARS-CoV-2 spike trimers
vs. Wuhan (c) pseudovirions (p = 0.08 (ns), R2 = 0.48) or (d) gamma-irradiated virion (p = 0.03
(*), R2 = 0.62). (e) Correlation between mAb-binding efficiencies with pseudovirion vs. gamma-
irradiated virion (p = 0.01 (*), R2 = 0.73). All experiments were performed three times. Data are
presented as the mean of three experiments ± SEM.

3.3. Neutralizing Capacity of Covi-mAbs against SARS-CoV-2 Pseudoviruses and Correlation of
Covi-mAbs Binding Profiles by FCS

To examine relationships between virion binding and neutralization, the panel of anti-S
mAbs were tested in infectivity assays (see Methods) with the Wuhan strain pseudoviruses
and HEK293T-ACE2 target cells. As shown in Figure 5a, the mAbs showed a range of
neutralization potencies. Covi-17 was the most potent, with an IC50 of 0.01 μg/mL. In agree-
ment with previous reports [80], mAb CR3022 was not neutralizing. We then compared
percent virion (Figure 5b) or S binding (Figure 5c) detected by FCS versus percent neutral-
ization at the mAb concentration (0.15 μg/mL) used in the fluorescent binding reaction.
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Although trends were apparent, there were no statistically significant relationships between
binding efficiencies and neutralization potency regardless of whether non-neutralizing
mAbs CR3022 and mAb Covi-21 were included in the data (Figure 5b, Supplemental
Figure S4). Similarly, there was no significant relationship between neutralization potency
and inactivated virion binding (Supplemental Figure S4). For the neutralizing mAbs, we
detected IC50 values of 0.01 to 0.21 μg/mL, which equate with ~0.1 to 1.4 nM, which
is within the optimum sensitivity range of FCS. Accordingly, FCS binding experiments
were performed (Supplementary Figure S5) where mAb concentrations were matched with
the IC50 value of the neutralizing antibodies. As in the previous analyses, there were
no statistically significant relationships between binding efficiencies and neutralization
potency regardless of whether non-neutralizing mAbs CR3022 and Covi-21 were included
in the data. The inclusion of mAbs at high molar excess over target would result in a lower
% of total antibody in the bound form across the board. This is shown in Supplementary
Figure S6, which compares 0.1, 1, and 5 nM of antibodies. Also shown is that, as expected,
a low antibody concentration versus target (0.1 nM) reduces signal detection but does not
significantly decrease the % antibody bound, i.e., reaction efficiency.

 

Figure 5. Relationships between mAb-binding efficiency and in vitro neutralization activity against
SARS-CoV-2 pseudovirus of Wuhan variant. (a) Dose–effect neutralization curves of Covi-series
mAbs in assays with the SARS-CoV-2 pseudovirus of Wuhan variant and HEK293T-ACE2 cells
(see Methods). Data are presented as the mean of triplicate measurements ± SEM. Relationships
between mAb-binding efficiency measured with pseudoviruses (b) or recombinant spike protein
(c) were compared with their neutralization effect at 0.15 μg/mL. Each dot in (b) or (c) represents a
single mAb.

3.4. Discordant Binding of Cross-Reactive Anti-Glycan Antibodies to SARS-CoV-2 S Proteins

Both HIV-1 and SARS-CoV-2 Env proteins present glycosylated domains and epi-
topes [81,82]. Antibodies against such epitopes on HIV-1 Env (e.g., 2G12, PGT121, and
PGT126) are broadly HIV-neutralizing [83], accordingly termed bnAbs. It has been reported
that anti-glycan bnAbs bind soluble S but fail to neutralize SARS-CoV-2 [52,53,84]. In agree-
ment, we failed to detect SARS-CoV-2 neutralization with the antibodies even when tested
at up to 10 μg/mL. To elucidate the nature of this dichotomy, FCS was performed using bn-
Abs 2G12, PGT121, and PGT126 in reactions with S proteins or SARS-CoV-2 pseudoviruses.
Similar to the anti-S Covi mAbs, binding efficiencies varied according to virus strain and
antibody combinations (Figure 6a). However, in some cases, the bnAbs bound soluble
S with efficiencies equal or better than mAb CR3022 (e.g., 2G12, PGT 121, and PGT 126
with Omicron S). Conversely, binding efficiencies with Hexapro were overall lower with
bnAbs versus mAb CR3022. To probe whether steric constraints impacted anti-glycan bnAb
binding to soluble trimers, the binding efficiency of a smaller Fab fragment of 2G12 was
compared with whole IgG. Higher binding efficiencies of Fab vs. whole IgG were apparent
and statistically significant for reactions with Alpha (p < 0.001), and Gamma (p < 0.01) S
proteins but not with other S variants (Figure 6a). The Wuhan strain pseudovirus was
used as a test case to examine anti-glycan bnAb binding to virions. All bnAbs showed
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low binding efficiencies (Supplemental Figure S7), equivalent to those of Covi-neutralizing
and non-neutralizing mAbs and CR3022. Notably, 2G12 Fab was not significantly more
reactive with virions compared to whole IgG, suggesting more extreme steric constraints at
the virion surface than occurs with soluble trimers.

Figure 6. SARS-CoV-2 reactivity with anti-HIV-1 glycan mAbs varies according to the strain and
context of spike proteins. In all experiments, CR3022 is included as a positive control and nonspecific
human IgG1 as negative control. (a) Comparative binding efficiencies of A647-labeled mAbs 2G12,
PGT121, PGT126, and Fab 2G12 with soluble spike proteins. mAb 2G12 and PGT121 reactivity was
further tested against spike proteins extant on whole pseudovirions or released from particles by
detergent lysis. Diffusion coefficients were used to determine the spike protein disposition (virion-
bound or released into solution; see text) reactive with the mAb. Fluorescence autocorrelation plots
of (b) mAb 2G12; or (c) mAb PGT121 under the indicated reaction conditions. Autocorrelation plots
and diffusion coefficients of signals were used to determine (see text) the binding efficiencies of mAb
2G12 (d) or PGT121 (e). All experiments were performed three times. Data are presented as the mean
of three experiments ± SEM. **** represents a p value of <0.0001.
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We next examined whether anti-glycan bnAb binding to virions is limited by the
nature of the S trimer presentation in the virus membrane. Accordingly, we used anti-
glycan bnAbs 2G12 and PGT121 to probe the Wuhan pseudovirions, treated or untreated
by detergent to release free S trimers (see Methods). MAb CR3022 was tested as a control.
As shown in Figure 6b,c, with untreated/intact virions, the anti-glycan bnAbs showed low
binding efficiencies consistent with the previous experiments. In comparison, detergent
treatment produced a remarkably different binding profile. The autocorrelation curves fit a
two-species diffusion model, but one comprising only free IgG and a mAb-bound species
with a diffusion coefficient (35 μm2/s) matching the predicted size of a mAb-free trimer
complex. No residual virion binding was evident. Complexes of antibody and dissociated S
protomers, which would display diffusion coefficients of ~45 μm2/sec, were not observed.
Most importantly, both 2G12 and PGT121 demonstrated extremely high binding efficiencies
with the released S trimers (97% and 100%, respectively; Figure 6d,e), which were otherwise
poorly or not reactive with the anti-S mAbs (Supplemental Figure S8).

4. Discussion

Soluble SARS-CoV-2 S proteins will be a key point of focus in COVID-19 vaccine
design for the foreseeable future. Non-pathogenic S-pseudotyped viruses will continue to
support assessments of humoral neutralizing antibody activity and other antiviral immune
functions. Therefore, the elucidation of antigenic differences between these reagents
versus native virions will inform the refinement of immunotherapeutic and/or vaccine
countermeasures against COVID-19. Towards this end, here, we utilized a single-molecule-
based analytical approach to define antigenic differences in unalloyed soluble SARS-CoV-2
spike proteins, pseudovirions, or inactivated virions representing virus variants emerging
over the course of the COVID-19 pandemic.

We used test mAbs isolated early in the pandemic to elucidate any trends in antigenic
changes in variants emerging over time. All test mAbs except Covi-9 demonstrated binding
to soluble S trimers from the contemporaneous Wuhan strain, but with variable efficiency
(Figure 1c and Supplemental Figure S1). Notably, the non-neutralizing mAb CR3022 [80]
demonstrated the most efficient binding. As expected, each mAb demonstrated variable
anti-S binding efficiencies across variants (Figure 2) that emerged after the Wuhan strain.
Except for CR3022, mAb-binding efficiencies trended lower for more recently emerging
(e.g., Omicron) strains. A variant of the Wuhan strain with the D614G mutation, which
increases transmissibility and cell entry [27], showed a higher binding efficiency to Covi-10
and Covi-11 compared to the parental virus (Figure 2j). The Hexapro spike, which has six
proline substitutions in the Wuhan strain that enable higher expression and stability, and a
prefusion S conformation [78], also demonstrated more efficient binding to Covi-10 and
Covi-11 but showed less efficient binding to Covi-21 and Covi-24. The latter data indicate
that structural flexibility might be an important factor in mAb binding.

The appearance of evolutionary changes in RBD target epitopes were associated with
changes in mAb-binding efficiency. For the three mAbs (Covi-10, 11, and 17) evaluated in
this context, binding efficiencies trended downward with more recently occurring strains
in concert with the accumulation of point mutations in the RBD (Figure 3). Covi-11 was an
interesting case where the binding efficiency was severely reduced in the Alpha and Beta
strains due to mutations at contact position 417, but was retained for Gamma in concert
with other mutations at positions 493 and 498 in the RBD (Figure 3b) [57]. Thus, immune
evasion from some mAbs may not be fixed in time, and instead appear and disappear
according to other selective pressures on S that drive sequence changes.

Notably, binding patterns and efficiencies across the panel of mAbs also varied accord-
ing to whether S was presented on a soluble trimer, pseudovirus, or inactivated wild-type
virion (Figures 1, 2, and 4) with the same epitope sequences. There were trends but no
statistically significant relationships between various mAb-binding efficiencies on solu-
ble trimers versus pseudoviruses (Figure 4c) but significant direct relationships between
binding efficiencies on inactivated virions versus pseudovirions or soluble S (Figure 4e,d).
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For individual mAbs the comparatively low percent binding on pseudoviruses was likely
due to lower levels of surface S trimer versus wild-type virions. Notably, no significant
relationships appeared between the neutralization potency versus binding to any target.
These data indicate that S antigenicity varies according to its mode of expression and that
biochemical variables other than the overall virion binding efficiency impact the anti-S
neutralization capacity (see below).

Insights into the lack of a correlation between binding efficiency and neutralizing activ-
ity were provided by analyses of HIV-neutralizing bnAbs that cross-react with SARS-CoV-2
S via their specificity for S glycan clusters [52,59,85–89]. Using our in vitro single-molecule
fluorescence-based solution binding approach, we observed variable cross-strain binding of
such bnAbs (2G12, PGT121, and PGT126) to soluble S proteins and pseudoviruses (Figure 6)
but no neutralizing activity, in accordance with previous reports [52,53]. The relatively
lower binding efficiencies with pseudoviruses (Figure 6b–e, Supplemental Figure S7) was
not readily tracked to steric hindrance on virion surfaces, as the binding efficiency of 2G12
Fab was not significantly higher than whole IgG (Supplemental Figure S7). However, the
detergent release of S trimers from virion membranes efficiently bound bnAbs (Figure 6d,e)
but poorly reacted with Covi mAbs (Supplemental Figure S8), indicating that they assume
a nonfunctional structure that, nevertheless, retains and, perhaps, optimizes the glycan
presentation patterns recognized by the bnAbs.

Collectively, the FCS data are consistent with a scenario in which mAb binding to
SARS-CoV-2 virions depends not only on the epitope sequence but also factors that modu-
late the known structural flexibility of S trimers [49,74,90,91]. We consider one heuristic
model where virion trimers asynchronously swing between two end states, one functional
and the other nonfunctional. The former is recognized by neutralizing antibodies (thus
allowing them to neutralize) and the latter by anti-glycan mAbs, which are not antiviral by
virtue of targeting a nonfunctional structure. It is possible that a certain fraction of spikes
become locked in the nonfunctional form, depending on the virus or method of virion
production. Thus, virions of a given strain can be antigenic for both neutralizing (e.g., Covi)
and non-neutralizing antibodies (e.g., anti-glycan), with moderate binding efficiencies. It
is likely that certain neutralizing mAbs also recognize structural intermediates between
the two end states. Such fine preferences, perhaps combined with differences in S-binding
affinities, could further explain why virion-neutralizing activity does not correlate with
mAb-binding efficiency. In any case, our data suggest that the release of native S from
virions causes a broad conversion to the nonfunctional state, improving anti-glycan mAb
binding and abrogating reactivity with neutralizing anti-S antibodies. Stabilized soluble
S trimers may represent a fixed intermediate in the virion S structural repertoire, being
recognized by neutralizing mAbs, non-neutralizing anti-S mAbs, and anti-glycan Abs. This
property would explain why soluble-S-binding- versus pseudovirion-binding efficiencies
are not correlated.

5. Conclusions

Three main conclusions can be drawn from the FCS data, which reflect interactions
between unperturbed reactants at physiologically relevant concentrations. First, FCS is
sufficiently sensitive for differentiating anti-S mAb-binding efficiencies according to vari-
ants with altered target epitope sequences. Importantly, FCS measures reflected that mAbs
elicited by an early SARS-CoV-2 strain demonstrate reduced FCS binding efficiencies with
more recently emerging strains. Second, S trimers for a given variant display discernable
differences in antigenic properties and immunoreactivity according to whether they are
expressed as soluble or virion-associated molecules. Thus, immunochemical analyses of
mAbs with soluble S might over- or underestimate reactivity with virions. Soluble S trimers
are undoubtedly valuable for studies of anti-SARS-CoV-2 humoral immunity and vaccine
development. Continued efforts to develop versions that more closely mirror the character-
istics of virion trimers should be useful in refining vaccine and immunotherapeutic designs.
Analytical approaches such as FCS can aid such efforts. Third, the structural flexibility
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and consequent heterogeneity of S trimers likely allow virion immunoreactivity with both
neutralizing and non-neutralizing anti-S or anti-glycan antibodies. The possibility that non-
neutralizing mechanisms of humoral immunity (e.g., ADCC) against SARS-CoV-2 occur
via the antibody recognition of nonfunctional S structures merits further investigation.
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//www.mdpi.com/article/10.3390/v16030407/s1, Figure S1: Anti-spike mAbs binding to SARS-
CoV-2 spike protein of the Wuhan variant; Figure S2: Binding of anti-spike mAbs to gamma irradiated
inactivated virions of Delta variant.; Figure S3: Non-specific binding of anti-spike mAbs to virions
of lacking any Env protein; Figure S4: Relationships between Covi-series mAbs binding efficiency
and neutralization; Figure S5: Binding of anti-spike mAbs to SARS-CoV-2 pseudovirions of Wuhan
variant; Figure S6: Binding of anti-spike mAbs to SARS-CoV-2 pseudovirions of Wuhan variant at
varied concentration range; Figure S7: Comparative binding efficiencies of mAbs 2G12, PGT121,
PGT126, CR3022 and Fab 2G12 with SARS-CoV-2 pseudovirion of Wuhan variant; Figure S8: MAb
CR3022 and Covi- mAbs reactivity against spike proteins extant on whole pseudovirions or released
from particles by detergent lysis.
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Abstract: Determination of the infectious titer is a central requirement when working with pathogenic
viruses. The plaque or focus assay is a commonly used but labor- and time-consuming approach
for determining the infectious titer of orthohantavirus samples. We have developed an optimized
virus quantification approach that relies on the fluorescence-based detection of the orthohantavirus
nucleocapsid protein (N) in infected cells with high sensitivity. We present the use of flow cytometry
but highlight fluorescence microscopy in combination with automated data analysis as an attractive
alternative to increase the information retrieved from an infection experiment. Additionally, we offer
open-source software equipped with a user-friendly graphical interface, eliminating the necessity for
advanced programming skills.

Keywords: orthohantavirus; virus quantification; imaging; bunyavirales

1. Introduction

Orthohantaviruses are enveloped viruses that contain three circular single-stranded
RNA genome segments of negative sense, namely, the small (S-segment), medium (M-
segment) and large segment (L-segment) [1,2]. Encoded on the S-segment is the nucleocapsid
(N) protein [3], which is often used for virus quantification due to its early and abundant
production [4–6]. Research on orthohantaviruses started with the discovery of the Hantaan
virus (HTNV) in 1978 [7], and morphological and genetic insights on HTNV followed as
soon as virus propagation and titration could be established in cell culture systems [8,9].
Here especially, the viral adaptation to Vero E6 cells was an important milestone [10]. Since
then, several protocols for orthohantavirus titration in cell culture have been developed. The
widespread foci assay titrates the number of infectious particles by detecting the viral N
protein in infected cells [9,11,12]. The foci assay is closely related to the plaque assay where
plaques of dead cells are visualized as empty spots following a general cell staining procedure
(i.e., with methylene blue). Since orthohantaviruses are non-lytic, infected cells are detected
via the expression of viral proteins. Specifically, a semisolid overlay medium ensures that
after infection, viral spread can only occur as far as neighboring cells, which leads to a patch
of infected cells that can be counted as a focus [9,11,12]. A derivative of the fluorescence-
based foci quantification protocol is viral antigen detection via chemiluminescence, which
potentially offers improved sensitivity [13]. One drawback of the foci assay is its labor- and
time-consuming protocol, which takes 5–11 days depending on the viral strain [13]. Recently,
a flow cytometry-based titration assay was established using Andes orthohantavirus (ANDV).
This assay has been shown to reduce the time required for the detection of viral replication
during infection [14]. The authors state that the tested foci assays can be compared with their
improved protocol, in which ANDV detection was possible as early as 6 h post-infection.

Here, we provide an improved virus quantification protocol based on fluorescence
imaging and flow cytometry that is compatible with other orthohantavirus strains such
as Puumala virus (PUUV) and Tula virus (TULV). While earlier time points can also be
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detected via fluorescence microscopy, our data suggest that PUUV and TULV should best
be quantified after 48 h. We provide an automated imaging workflow together with a data
analysis package which allows for the routine quantification of large amounts of single-cell
data (5000–10,000 cells) in a time-efficient way. An additional advantage of titration through
imaging is the simultaneous extraction of structural information, eliminating the need for
an extra experimental setting. This represents a significant benefit, enabling discrimination
between the early and late stages of infection.

2. Material and Methods

2.1. Cells, Viruses and Reagents

Vero E6 cells were purchased from ATCC and grown in DMEM (Thermo Fisher Sci-
entific, Waltham, MA, USA: DMEM (1x) + GlutaMAXTM-I, [+] 2.5 g/L D-Glucose, [-]
Pyruvat) containing 10% fetal calf serum (FCS) (Merck, Darmstadt, Germany) and 1%
penicillin/streptomycin (Pen/Strep) (Thermo Fisher Scientific, Waltham, MA, USA). Deion-
ized water processed by an EMD MilliporeTM Milli-QTM advantage A10 ultrapure water
purification system served as the basis for all buffers and solutions. All disposable cell
culture materials were purchased from Sarstedt (Nümbrecht, Germany), TPP (Trasadin-
gen, Switzerland), Thermo Fisher Scientific (Waltham, MA, USA) and Greiner bio-one
(Kremsmünster, Austria). Nucleocapsid (N) proteins were detected using primary antibod-
ies 5E11 (Abcam, Cambridge, UK; cat. ab34757) [15] or monoclonal antibody anti-TULV-1,
generously provided by Jens Peter Teifke and Sven Reiche (Friedrich-Loeffler-Institut, Greif-
swald, Germany). We used Alexa Fluor 568 (cat. A11031) and Alexa Fluor 488 secondary
antibodies (cat. A11029) (Thermo Fisher Scientific, Waltham, MA, USA).

2.2. Orthohantavirus Propagation

Hantaviruses were propagated on Vero E6 cells (ATCC: CCL-1586, Manassas, Virginia)
under strict standard operating procedures using biosafety level 2 (BSL2) facilities and
practice. For virus propagation, T75 flasks with Vero E6 cells were seeded to reach a density
of 80–90% confluence after overnight incubation at 37 ◦C in 5% carbon dioxide (CO2). The
cells were infected using a multiplicity of infection (MOI) of 0.01–0.1 in DMEM + 2% FCS +
1% Pen/Strep. After 1 h at 37 ◦C (+5% CO2), the inoculum was removed and the medium
replaced with fresh DMEM + 2% FCS + 1% Pen/Strep. The infected cells were further
incubated for 7–10 days, whereby after day 4, the supernatant could be collected on a
daily basis and, later, either quantified passage per passage or pooled using concentration
methods. Collected supernatants were centrifuged for 30 min at 1200–2000 g at 4 ◦C to
remove cell debris then transferred into 50–100 kDa filtration units (Amicon) (Sartorius
AG, Göttingen, Germany) and centrifuged at 4000 g until volume decreased to 1–3 mL. The
retentates were mixed, resuspended and frozen at −80 ◦C until further use.

2.3. Preparation of Glass Coverslips for Microscopy

A total of 200 mL washing solution containing 60% hydrochloric acid (HCl) and 40% ethanol
(EtOH) were mixed, and 120 mL of HCl was added and heated to 37 ◦C. The solution was filtered
through a pleated filter. Coverslips were washed carefully in a 1 L glass bottle on a roll shaker for
at least 30 min. Afterwards the HCl/EtOH mix was discarded. Coverslips were washed 3 times
with water and then dried on Whatman paper. Finally, the slides were sterilized at 180 ◦C.

2.4. Preparation of a Fluorophore-Conjugated Primary Antibodies

A total of 20 μL of the antibody 5E11 (Abcam, Cambridge, UK (cat. ab34757)) [15], to-
gether with 20 μL phosphate-buffered saline (PBS; filtered) (Thermo Fisher Scientific, Waltham,
MA, USA), 10 μL NaHCO3 (pH 8–8.5; 0.5 M) and 0.5 μL dye conjugate (CF-488A Dye; Biotium,
Fremont, CA, USA) (4 μg; 64 μM final; dye overload ca. 1:50) were incubated for 30 min at
room temperature in the dark. Amersham NAP-5 Sephadex columns (Cytiva, Marlborough,
USA) were rinsed with phosphate-buffered saline (PBS) before the sample was applied and
eluted with PBS. Run through was collected drop-wise in a 96-well plate (well after well),
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and the dye/protein content of each well was measured using a NanoDrop (Thermo Fisher
Scientific, Waltham, MA, USA). The wells with the highest concentration were pooled and
measured again to obtain the final concentration (protocol is based on [16]).

2.5. Immunofluorescence Assay (IFA) for Flow Cytometry

A total of 100,000 Vero E6 cells were seeded in a 24-well plate (Corning Incorporated,
New York, NY, USA) and incubated with DMEM + 10% FCS + 1% Pen/Strep for 24 h at
37 ◦C in 5% CO2. Dependent on the type of experiment, either an MOI of 1 was used or a
fixed volume (5 μL or 50 μL). For infections, the cell layer should be 80% confluent. The
used virus volume was filled to 300 μL per well with DMEM + 2% FCS + 1% Pen/Strep
and incubated for 1 h at 37 ◦C. The cells were washed twice with PBS and further incubated
for 48 h with DMEM + 2% FCS + 1% Pen/Strep. After washing with PBS, the cells were
treated with Accutase (Merck, Darmstadt, Germany) for 5 min at 37 ◦C. The detached
cells were transferred into a tube, which was filled with PBS and then centrifuged (all
following centrifugation steps: 2000× g for 5 min at 4 ◦C). Near-IR fluorescent reactive
dye (Thermo Fisher Scientific, Waltham, MA, USA) was used 1:1000 in PBS and added
for 30 min at room temperature (RT). As a washing step, the tubes were filled with PBS
and centrifuged. We used 4% paraformaldehyde (PFA) for 30 min at RT to fix the samples,
followed by a dilution/washing step and centrifugation. The cells were permeabilized
for 15 min using 0.5% saponin in PBS at RT, followed by a dilution/washing step and
centrifugation. Antibodies were added in a buffer consisting of PBS, 2% FCS, 0.4% 0.5 M
ethylenediaminetetraacetic acid (EDTA) and 0.5% saponin and incubated for 1 h at RT.
After each antibody-staining step, two washing steps were performed. The samples were
analyzed using a BD LSR-II flow cytometer using the software BD FACSDiva (version 9.0).
Data were further processed using FlowJo_V10.9.0.

2.6. Immunofluorescence Assay (IFA) for Microscopy

A total of 100,000 Vero E6 cells were seeded in a 24-well plate (Corning Incorporated,
New York, USA)) containing 12 mm coverslips (Epredia, Kalamazoo, MI, USA). Alterna-
tively, 50,000 cells were seeded in a 48-well plate containing 7 mm coverslips. The cells were
incubated in DMEM + 10% FCS + 1% Pen/Strep for 24 h at 37 ◦C in 5% CO2. Dependent
on the type of experiment, either an MOI of 1 was used or a fixed volume (5 μL or 50 μL).
For infections, the cell layer should be 80% confluent. The used virus volume was filled up
to 300 μL per well with DMEM + 2% FCS + 1% Pen/Strep and incubated for 1 h at 37 ◦C.
The cells were washed with PBS and further incubated for 48 h with DMEM + 2%FCS +
1% Pen/Strep. We used 4% PFA for 15 min at RT to fix the cells (Thermo Fisher Scientific,
Waltham, MA, USA). As a quenching solution, we used 300 mM glycine (Serva, Heidelberg,
Germany) in PBS and then permeabilized the cells in 0.1% Triton X-100 (Thermo Fisher
Scientific, Waltham, MA, USA) in PBS for 30 min at RT. As a blocking solution, 1% bovine
serum albumin (BSA) (Thermo Fisher Scientific, Waltham, MA, USA) was mixed with 0.1%
Tween20 (Thermo Fisher Scientific, Waltham, MA, USA) in PBS and added for 30 min at RT.
All following antibodies or dyes were diluted in the BSA-Tween-PBS-blocking solution. The
first antibody, as well as the secondary antibody was incubated for 1 h at RT, followed by
20 min incubation with Phalloidin (1:400 dilution pf a 66 μM stock solution; manufacturer’s
specification; Thermo Fisher Scientific, Waltham, MA, USA; cat. A22287) and 10 min of
Hoechst (1 μg/μL; Thermo Fisher Scientific, Waltham, MA, USA; cat. H3570) staining.
Between all steps, the samples were washed three times with PBS and once with water
before the samples were mounted in ProLong TM Gold antifade reagent (Thermo Fisher
Scientific, Waltham, MA, USA). The coverslips were dried for at least 24 h. As a sealant,
CoverGripTM (Biotium, Fremont, CA, USA) was used and dried for at least 24 h.

2.7. Fluorescence Microscopy

Fluorescence microscopy was performed on a Nikon Ti2-Eclipse microscope equipped
with the spinning disk confocal module CSU-W1 (Yokogawa) as well as an LED widefield
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illumination light source (pE-4000, CoolLED). Images were acquired with a S Plan Fluor
20× and Plan Fluor 60× oil objective (Nikon, Minator, Tokyo, Japan), a PCOedge 4.2LT
or a Zyla 4.2 sCMOS camera (Andor, Belfast, UK) and 405/488/561/638 nm laser lines
(Omicron, Rodgau-Dudenhofen, Germany) controlled by NIS-Elements software (version
5.11.01). Z-stack images were acquired with a step size of 300 nm.

2.8. Data Processing and Statistical Analyses

Image analysis was carried out using CellProfiler (version 4.2.1) and NIS-Elements
(version 5.11.01) (Nikon, Minator, Tokyo, Japan). Further post-processing was conducted
using our custom software Datalyze (Supplementary Software). Further data processing
steps and statistical analyses were carried out in NIS-Elements, Inkscape, Excel 2010 and
Graphpad Prism 9. Graphical illustrations were created with https://app.biorender.com
(accessed on 4 July 2023).

3. Results

3.1. PUUV and TULV Grow to Low Titers, Requiring Time-Consuming Quantifications

Recently, imaging-based virus quantification has become increasingly popular due
to its ease of use and the additional amount of information contained in microscopy
images [17,18]. Pseudotyped or recombinant viruses encoding a cytosolic fluorescent
reporter further enable the quick detection of infected cells. However, some orthohantavirus
strains grow to relatively low titers compared with other enveloped RNA viruses and a
recombinant system is not yet available. In our hands, PUUV reached a 100-fold lower titer
compared to influenza virus A/Puerto Rico/8/34 and La Crosse encephalitis virus (LACV),
another bunyavirus. Compared to VSV, the titer was even 104-fold lower (Supplementary
Figure S1). The typical proliferation time is also considerably longer for orthohantaviruses,
which typically require on average 10 days of incubation. Consequently, the small amount
of virus material available is typically used up quickly, leading to a constant amplifications
process, followed by quantifications of viral titers again for up to 10 days. We thus set out
to optimize the orthohantavirus quantification methods to reduce the amount of infectious
material and save time compared to the standard method.

3.2. We Present an Improved Flow Cytometry Workflow to Quantify PUUV and TULV with an
Optimized Time Point and Reduced Material Requirement

Quantifying orthohantavirus infection using flow cytometry has been described as early
as 6 h post-infection for ANDV infection [14]. We thus first tested this early time point after
PUUV and TULV infection using the described protocol but could not detect any infected cells
(Supplementary Figure S2). Instead, 48 h post-infection enabled a robust detection of infected
cells (Figure 1B–E), suggesting that the time point requires optimization depending on the virus
strain used. During our optimization, we could further reduce the required cell number by
80%. While the previous protocol describes the use of a 6-well plate format (well surface area:
9.6 cm2), we could adjust the protocol to a 24-well plate format (well surface area: 1.9 cm2).
For the small amount of required starting material which still allows for the measurement of
10,000 cells, we want to highlight several critical steps in our protocol (Figure 1A). First, the cells
were detached from the well plate using Accutase, which we found to be superior compared to
trypsin or cell scrapers, which are often used in flow cytometry assays. The cells were collected
in a buffer containing EDTA to prevent the cells from sticking together. Then, a live–dead
marker was included, which enables the selection of only intact cells for the final analysis.
Following this staining step, the cells were fixed in 4% PFA. The subsequent antibody staining
requires cell permeabilization, for which we recommend using aponin rather than detergents
such as Triton X-100. Orthohantavirus infection is then detected using primary antibodies
against the viral nucleocapsid protein N diluted in a buffer containing saponin to retain the
cells’ permeability for the required intracellular staining. This step is followed by two washing
steps and incubation with a secondary antibody, again followed by another two washing steps.
Here, the use of a secondary antibody amplifies the signal since one primary antibody can bind
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more than one secondary antibody. However, due to the many washing steps, we observed a
strong loss of cells: on average, 3–10% per washing step (Supplementary Figure S3). The use
of a direct fluorophore-conjugated antibody can help overcome this limitation while retaining
the use of small cell culture volume (24 well). As we describe in Section 2, the anti-N primary
antibody was then conjugated to a selected bright dye in a separate process. Using a pre-
conjugated primary antibody saved about 75 min during each of the quantification experiments,
as well as at least two washing steps and the associated loss in cell number. As an additional
benefit, the background signal was also reduced when compared to the use of a combined
primary/secondary antibody in a mock infected control sample (Supplementary Figure S4).
Finally, following a simple gating strategy to select only live single cells (Supplementary Figure
S5), our optimized protocol enabled the counting of cells infected with PUUV and TULV after
48 h using a small number of input cells.

Microscopy in combination with automated image analysis is a highly sensitive ap-
proach for quantifying orthohantavirus infection phenotypes. The mere counting of in-
fected cells based on the presence of a viral protein leaves out the opportunity to use the
positional and structural information of the antibody-labeled proteins within the cellular
context. Hence, we wondered if we could also use an imaging-based approach to quantify
infection with PUUV and TULV in cell culture.

In general, quantification via microscopy requires even lower input material due to
the specific and exhaustive imaging of whole cell populations and the low loss during
sample preparation. We routinely use either 12 mm coverslips in a 24-well plate or 7 mm
coverslips in a 48-well plate (well surface area: 1.1 cm2). Compared to a 6-well format,
this results in a reduction of 89% with respect to the required reagents. Vero E6 cells were
infected for 48 h, as described above, then fixed with 4% PFA directly on the glass slides. No
detachment and centrifugation steps were required, thus minimizing the cell loss compared
to the flow cytometry workflow (Supplementary Figure S5). Nevertheless, on a 7 mm
coverslip, it is still possible to acquire 15–25 non-overlapping images using a 21× objective,
resulting in a cell count of 5000–10,000 cells for the evaluation, which is comparable with
the flow cytometry workflow described above (Figure 2). Following fixation, the cells
were permeabilized with Triton X-100 and blocked with a BSA-containing buffer, which
was also used for the antibody dilutions. Since there is no risk of losing cell material
during the following washing steps, we recommend using primary/secondary antibodies
to increase the signal to noise. To enable single cell segmentation later on, we then stained
the cell body using phalloidin as well as the nuclear DNA using Hoechst (Figure 2D–K).
Images were taken at 20× magnification, whereby one image corresponds to approximately
200–500 Vero E6 cells (Figure 2B) that could still be segmented adequately as shown by
the corresponding software-based mask in Figure 2C. For image processing, we used
the licensed program NIS-Elements AR, as well as the open-source tool CellProfiler [19].
Both programs first segment the cell nuclei (Figure 2F), followed by detection of the
cell boundaries (Figure 2G,J), whereby not only epithelial cells can be recognized but
also fibroblast-like ones (Supplementary Figure S6). Following single-cell and nuclear
recognition, segmentation of the N protein (Figure 2H,K) and association of the different
masks can be used to distinguish infected from non-infected cells. Due to the mask
association (per single-cell), virus particles non-specifically bound to the glass slide can
easily be ignored. We provide a detailed walkthrough of the image analysis in our short
tutorial (Supplementary Software; sample datasets can be downloaded from https://
zenodo.org/records/10417810 (accessed on 7 January 2024)). Using this protocol, we then
analyzed cells infected with PUUV and TULV at different time points post-infection (6 h,
12 h, 24 h and 48 h). Interestingly, a positive infection with PUUV, as well as with TULV,
could already be detected at 6 h post-infection (Figure 3C), which was not possible using
flow cytometry (Supplementary Figure S2). After 48 h, we found similar infection rates as
measured by flow cytometry when using the same input virus (Supplementary Figure S7).
Over the course of infection, we observed a correlation between the number of infected
cells and the intensity of the segmented signal (Figure 3A,B). This observation implies that
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within the initial 48 h of infection, the two parameters are linked, and the quantification
mainly monitors the primary infection. To test this conclusion, we used the supernatant of
all time points to infect new Vero E6 cells for a subsequent 48 h period. Interestingly, we
observed infection rates at background levels for all supernatant samples except the 48 h
time point (Supplementary Figure S8), supporting our conclusion that we are effectively
detecting the ongoing primary infection process (Figure 3). Based on these findings, we
recommend the 48 h time point post-infection, characterized by the highest signal intensity,
as the optimal time frame for quantifying PUUV and TULV stocks.

 

Figure 1. Flow cytometry workflow for quantifying orthohantavirus infection in cell culture.
(A) Schematic overview of the protocol: (1) cell seeding; (2) infection with orthohantavirus for 1 h; (3) cell
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detachment with Accutase; (4) live–dead staining; (5) fixation with paraformaldehyde (PFA); (6) cell
permeabilization with saponin; (7) staining with antibodies: either with a conjugated antibody (7a) or
with a primary (7b) and a secondary (7c) antibody. (B–D) Exemplary gate settings for quantification
of newly propagated virus; their analysis in (E) is a bar graph displaying the percentage of infected
cells (%). Shown are mean ± SD, N = 3.

 

Figure 2. Microscopic workflow for quantifying orthohantavirus infection in cell culture.
(A) Schematic overview of the protocol: cell seeding (1); infection with orthohantavirus for 1 h (2); cell
fixation with paraformaldehyde (PFA) (3); blocking of unreacted aldehydes with glycine solution (4);
permeabilization with Triton X-100 (5); blocking of unspecific binding sites using a BSA-containing
buffer (6); staining with primary antibody against viral nucleocapsid protein (N) (7) and staining
with a secondary antibody (8); phalloidin staining to label filamentous actin (9) and Hoechst for
labelling dsDNA (10); and imaging via fluorescence microscopy (11) and analysis via custom software
tools (12). (B,C) Exemplary images recorded with 20× magnification, showing ~500 cells. (D–K) Pair-
wise original images together with their masks resulting from software-based segmentation. (D) A
merged image of three individual channels in (F–H): Hoechst (F) and its mask for nuclei recogni-
tion (I); phalloidin staining (G) for recognizing cell bodies or cell boundaries; and Anti-N staining
(H) to reveal viral particles (K). The overlay of (I–K) is shown in (E). Scale bars = 50 μm.

Figure 3. Cont.

122



Viruses 2024, 16, 269

 

Figure 3. Quantification of infected Vero E6 cells 6 h, 12 h, 24 h and 48 h post-infection with either
PUUV (A) or TULV (B). A comparison of the percentage of infected cells shows an increase in detected
cells after 48 h compared to 6 h. We observed a correlation between the number of infected cells and
the intensity per pixel. Shown are mean ± SD, n = 3. Exemplary images in (C). Merged image show
nuclei in blue, F-actin in grey and the viral N protein in orange. Viral N is also shown in black as a
separated image in the middle of the image panel.

3.3. Custom Analysis Software Tools Allow for the Quick Visualization of Image Data and the
Calculation of Infection Rates

The image analysis pipeline discussed above produces signal intensity datasets in tabular
format, which require further processing. To ease this step, we provide two versions of our
open-source software equipped with a graphical user interface (Figure 4B–D) so that no
programming skills are required. After downloading, the software to process CellProfiler or
Nis Elements data is ready to use without further installation. The raw data can be visualized
as a scatterplot (Figure 4C), whereby datasets are color-coded and can be further summarized
as an average percentage of infected cells (Figure 4D). For more detailed information, please
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refer to the provided software manual packaged together with the Supplementary Software.
Finally, to convert the fraction of infected cells into infectious particles per milliliter, three
parameters are necessary: (1) the percentage of infected cells as given by our analysis tool
(e.g., 50.9% converted as a fraction (0.509)); (2) the used cell numbers (e.g., 100,000 cells per
well); and (3) the amount of virus suspension (e.g., 5 μL per well) used to include the used
dilution (1:200) to finally calculate infectious particles per mL.

Fraction of infected cells [decimal] × cell number × dilution [e.g., 5 μL = 1:200]

= infectious particles/Milliliter

Example: 0.509 × 100,000 × 200 = 10,180,000 or 10.18 × 106 infectious particles per mL.

 

Figure 4. Custom software tool for processing CellProfiler output. (A) An exemplary csv file as a
result of using CellProfiler to quantify PUUV and/or TULV infection after 48 h. (B) Graphical user
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interface (GUI) of the software that allows for the processing of csv files. The software tool summarizes
and groups’ important data columns based on the image name to obtain visual output in the form of
scatterplots (C) or bar graphs (D).

3.4. Automated Image Analysis Allows for the Extraction of Structural Parameters to Describe the
Infection Status

During the analysis of our acquired images, we noticed that the size of the N protein
structures per cell changes over the course of infection. This corresponds to different levels of
N protein expression per cell, presumably corresponding to different stages of viral replication.
We thus wanted to test if such changes could be visualized using our image analysis pipeline.
Indeed, in addition to the percentage of infected cells, other parameters, such as the size
of the N protein segments, can easily be extracted and displayed over time (Figure 5E and
Supplementary Figure S9). Both PUUV-N and TULV-N particles are detected after 6 h as small
and mostly round-shaped structures. While the number of particles increases over time, their
shape also changes, which can be measured using the area of the segmented N protein signal.
TULV-N, as well as forming bigger round particles, also form long fiber-like structures which
can then be investigated in detail using higher magnification (Figure 5F,G).

 

Figure 5. Automated image analysis allows for the extraction of structural parameters. (A) A
micrograph taken with 20× magnification of Vero E6 cells infected with TULV 6 h post-infection.
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(B) The viral N protein; scale bar = 10 μm. (C,D) The 48 h post-infection time point of TULV
infection. (E) The size of TULV-N segmented particles at either 6 h or 48 h post-infection. (F) A
100× magnification of 48 hpi TULV-infected Vero E6 cells, (G) Exemplary TULV-N structures and the
correlating size.

4. Conclusions

We developed an optimized workflow to determine the infectious titer of two ortho-
hantavirus strains, PUUV and TULV, using flow cytometry and fluorescence imaging. Our
improved workflow allows us to identify infected cells as early as 6 h post-infection, but
we recommend using the 48 h time point for the robust recognition of infected cells. We
want to point out that in our study, we typically used low MOIs to save material and avoid
challenges in obtaining high titers. It would be interesting to determine the titer over a
larger range of MOI and compare our methods with, for example, TCID50 curves. In this
study, we provide a detailed protocol of the sample preparation procedure and include new
user-friendly and open-source software tools to quickly process results from automated
image analysis. In conclusion, our microscopic assay enables the fast identification of
infected cells with low cell loss and minimized material requirements. Imaging-based
quantification furthermore allows for the extraction of structural and positional features of
the detected signal, which can later be used for the correlation of other phenotypes such as
replication status, as we show, or cell cycle, for example.

Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/v16020269/s1, Figure S1: Comparison of the infectious titer of
different enveloped RNA virus; Figure S2: Flow cytometry measurements of Vero E6 cells 6 h post
infection with PUUV and TULV; Figure S3: Percentual decrease of Vero E6 cells due to consecutively
washing steps in PBS during the flow cytometry staining protocol; Figure S4: Staining background
created by different usage of antibodies (AB). Figure S5: Exemplary gating settings for flow cytometric
analysis of infected cells; Figure S6: Software recognition of infected cells with a fibroblastic cell-type;
Figure S7: Quantification of PUUV and TULV infectious titer using microscopy or flow cytometry;
Figure S8: Release of infectious viruses after different time points; Figure S9: Size distribution of
identified segments of PUUV-N identified in infected cells at different time points (6 h vs. 48 h) in
Vero E6 cells.
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Abstract

Cryo-electron microscopy (cryo-EM) has revolutionized structural virology, enabling rou-
tine structure determination at 2–4 Å resolution, with exceptional cases reaching 1.56
Å. The structural diversity of viruses across vertebrate, plant, and insect hosts provides
fundamental insights into infection mechanisms, host–pathogen coevolution, and thera-
peutic target identification. However, analysis of Electron Microscopy Data Bank entries
reveals notable disparities in structural coverage: among 11,717 eukaryotic virus structures
(excluding bacteriophages), vertebrate viruses constitute 97.6% (n = 11,432) of deposited
entries, while plant viruses (1.0%; n = 117) and insect viruses (1.4%; n = 168) remain signif-
icantly underrepresented. This bias stems from distinct technical barriers including size
limitations for giant viruses exceeding 200 nm, the loss of asymmetric information during
symmetry-imposed processing, and the morphological complexity of filamentous and
pleomorphic viruses. Each barrier has driven the development of specialized methodologi-
cal solutions: block-based local refinement overcomes through-focus variations in giant
viruses, cryo-electron tomography (cryo-ET) validates and reveals asymmetric features lost
in symmetrized reconstructions, and subtomogram averaging enables structural analysis
of pleomorphic assemblies. This review synthesizes recent methodological advances, criti-
cally evaluates their capacity to address specific technical barriers, and proposes strategies
for expanding structural investigations across underrepresented host systems to achieve
comprehensive understanding of viral structural biology.

Keywords: Cryo-EM; vertebrate viruses; insect viruses; plant viruses; giant viruses

1. Introduction to Host-Specific Barriers in Viral Structure

Viruses represent one of the most diverse biological entities, infecting virtually every
form of cellular life across vertebrate, plant, and insect kingdoms [1]. Understanding the
structural basis of viral infection requires atomic-level resolution of viral components,
from capsid proteins to envelope glycoproteins. Structural virology has undergone a
transformative revolution in cryogenic electron microscopy (cryo-EM), evolving from a
technique once termed “blobology” to a method capable of achieving near-atomic to atomic
resolution structures [2,3].
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The importance of characterizing virus structures across diverse host systems cannot
be overstated. Animal viruses, particularly those causing human disease, have received
disproportionate attention due to their direct medical relevance and associated research
funding. Plant viruses, despite causing estimated annual crop losses exceeding $30 billion
globally [4], remain comparatively understudied at the structural level. Insect viruses,
including those infecting model organisms such as Drosophila melanogaster, offer unique
opportunities to understand fundamental aspects of viral evolution and innate immunity,
yet face substantial barriers limiting their structural characterization.

This review critically examines the current landscape of host-specific virus structure
determination, analyzing the technical barriers that have created disparities in structural
coverage across host systems. By identifying the specific challenges posed by viral size,
symmetry, and morphology, and evaluating the methodological solutions developed to
address each barrier, we aim to provide a framework for achieving more comprehensive
structural coverage of the virosphere.

2. Host-Specific Bias in Structural Databases

Analysis of Electron Microscopy Data Bank (EMDB) entries (accessed December 2025)
reveals notable disparities in structural coverage across virus host categories (Figure 1). Of
12,875 total virus-related entries, 1158 correspond to bacteriophages, leaving 11,717 eukary-
otic virus structures. Among these, vertebrate viruses dominate at 97.6% (n = 11,432), while
plant viruses account for merely 1.0% (n = 117) and insect viruses 1.4% (n = 168) (Figure 1).
This reflects a complex interplay of funding priorities, research infrastructure, and intrinsic
technical challenges associated with each virus category.

Figure 1. Host-specific distribution of eukaryotic virus structures in the Electron Microscopy Data
Bank (EMDB). Host-specific distribution of eukaryotic virus structures (n = 11,717) in the Electron
Microscopy Data Bank (EMDB). Analysis of EMDB entries (accessed December 2025) reveals notable
disparities in structural coverage across virus host categories.

2.1. Vertebrate Viruses

Vertebrate viruses, particularly those causing human disease, represent the most
extensively characterized category in structural virology. This dominance reflects decades
of sustained research investment driven by public health priorities and the infrastructure

https://doi.org/10.3390/v18020195129
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of medical research institutions. The extensive characterization of medically relevant
families including Coronaviridae, Flaviviridae, Orthomyxoviridae, and Herpesviridae has
established a rich structural foundation for understanding viral pathogenesis [5–7].

Vertebrate viruses exhibit structural diversity, ranging from small icosahedral par-
ticles (parvoviruses, ~25 nm) to large enveloped virions (herpesviruses, ~200 nm) and
pleomorphic assemblies (orthomyxoviruses, influenza) [8]. Many medically important
vertebrate viruses possess well-ordered icosahedral symmetry amenable to single-particle
analysis, enabling routine high-resolution structure determination [9]. However, significant
subsets including retroviruses (HIV), paramyxoviruses, and filoviruses exhibit pleomorphic
enveloped morphologies that require specialized tomographic approaches [10].

Recent achievements demonstrate the capabilities of modern cryo-EM for vertebrate
virus characterization. The determination of adeno-associated virus at 1.56 Å resolution rep-
resents a landmark where individual hydrogen atoms and ordered water molecules become
visible [11,12]. Beyond static structures, cryo-EM has captured functional conformational
dynamics, including the “rising” and “resting” conformations of norovirus P-domains and
portal-like assemblies formed by calicivirus VP2 following receptor engagement [13,14].

2.2. Plant Viruses

Despite their substantial agricultural and economic impact, plant viruses constitute
only 1.0% of EMDB eukaryotic virus structure entries, a mere 117 structures compared to
over 11,000 vertebrate virus structures. This underrepresentation persists despite plant
viruses causing estimated annual global crop losses exceeding $30 billion and threatening
food security in developing regions. The reflects systematic biases in research funding that
prioritize human and veterinary pathogens, as well as distinct technical challenges specific
to plant virus structural biology [15].

The structural landscape of plant viruses has historically been dominated by well-
behaved model systems. Tobacco mosaic virus (TMV), bromoviruses, tombusviruses, and
geminiviruses have received moderate structural attention due to their amenability to high-
yield purification and their rigid icosahedral or well-ordered helical symmetries [16–19].
However, these models do not represent the majority of agriculturally significant pathogens,
particularly the flexuous filamentous viruses that cause the bulk of viral crop diseases.

Plant viruses display distinctive morphological features that distinguish them from
most vertebrate viruses. A disproportionate number of economically important plant
viruses, particularly members of Potyviridae (the largest family of plant-infecting RNA
viruses), Closteroviridae, and Flexiviridae, exhibit flexuous filamentous morphologies
rather than compact icosahedral shapes [20]. These elongated, flexible particles present
significant challenges for high-resolution structure determination, particularly in image pro-
cessing, due to their inherent conformational heterogeneity [21]. Furthermore, plant viruses
encode movement proteins to facilitate cell-to-cell transport through plasmodesmata. Al-
though these proteins represent unique structural targets not found among vertebrate
viruses, their tight association with cellular membranes creates substantial hurdles for
isolation and structural characterization [22].

Notably, the structure of sweet potato feathery mottle virus (Potyviridae) was deter-
mined at 2.9 Å resolution, revealing the conserved coat protein fold and its interaction
with the single-stranded RNA genome [23]. Similarly, structures of sweet potato mild
mottle virus and Pepino mosaic virus have been resolved at 2.6 Å and 3.9 Å, respectively,
providing important insights into the assembly mechanisms of flexuous virions [23,24].
These breakthroughs demonstrate that the technical barriers limiting plant virus structural
biology are becoming surmountable.
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2.3. Insect Viruses

Insect viruses represent another underexplored category in structural virology, con-
stituting only 1.4% (n = 168) of EMDB eukaryotic virus structure entries despite insects
comprising the most species-rich animal class. Although insect viruses offer unique biolog-
ical insights and hold practical value for biological pest control and recombinant protein
expression systems, they remain significantly underrepresented in structural databases [25].

Insect viruses encompass structural diversity, including large occluded baculoviruses
with complex biphasic life cycles, small RNA viruses (Dicistroviridae, Iflaviridae), and
unique double-stranded RNA viruses (Birnaviridae, Reoviridae) [26,27]. Many insect-
specific virus families lack close relatives among vertebrate viruses, potentially harboring
novel protein architectures not represented in current structural databases. Baculoviruses
are particularly notable for their occlusion bodies crystalline protein matrices embedding
rod-shaped nucleocapsids representing a structural form unique among viruses [28].

In the context of host–pathogen interactions, Drosophila melanogaster serves as a power-
ful genetic model for dissecting innate immunity, particularly RNA interference pathways
and virus–host coevolution [29]. The fruit fly lacks adaptive immunity, making it an
ideal system for understanding fundamental antiviral mechanisms conserved across arthro-
pods [30]. However, despite the extensive genetic characterization of the host, the structural
biology of its native viruses remains relatively limited. While the structure of Drosophila
C virus (DCV) has been well-characterized, providing insights into capsid stability and
genome release, many other Drosophila-specific viruses identified through metagenomics
remain structurally undefined [31]. Expanding structural studies to these neglected viruses
is essential to fully exploit Drosophila as a comprehensive model for viral pathogenesis.

3. Technical Barriers Driving the Bias

The disparities in structural coverage across host systems arise not only from funding
and priority differences but also from distinct technical barriers that differentially affect
plant and insect viruses (Table 1). Understanding these barriers is essential for developing
targeted solutions and achieving comprehensive structural coverage of the virosphere.

Table 1. Structural features and associated technical challenges in underrepresented viral lineages.

Target
Category

Representative Models Structural Feature Technical Challenge Methodological Solution

Giant Viruses Mimivirus, Iridovirus,
PBCV-1 Large diameter Ewald sphere

curvature effects

Block-Based
Reconstruction (Local

Refinement)

Plant Viruses Potyviridae, Closteroviridae Flexuous/Filamentous
morphology

Conformational
heterogeneity

Subtomogram Averaging
(STA) or Helical
Reconstruction

Insect Viruses Caudovirales (phage-like),
Podoviridae

Hidden Asymmetry
(e.g., Portals) Averaging artifacts Cryo-ET Validation &

Symmetry Relaxation

3.1. Size Barriers: Ewald Sphere Curvature and Depth of Field Effects in Giant Viruses

Giant viruses, including members of the Nucleocytoplasmic Large DNA Virus
(NCLDV) superfamily, present fundamental physical challenges that standard cryo-EM
approaches cannot overcome [32]. As viral dimensions increase beyond 200 nm, two related
physical phenomena become limiting factors for high-resolution structure determination.

The electron microscope focuses on a specific plane within the sample. For giant
viruses, the top and bottom of the capsid are significantly defocused relative to the central
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plane, introducing blur that degrades high-resolution information. This “depth of field”
problem worsens proportionally with particle size, creating an effective resolution ceiling
for large assemblies imaged using standard protocols [33].

In electron scattering, the assumption that the Ewald sphere can be approximated as
a plane becomes invalid for large objects at high resolution. The curvature of the Ewald
sphere introduces phase errors that manifest as resolution anisotropy and blurring in
reconstructions [34]. For giant viruses, these effects become non-negligible at resolutions
better than approximately 5–7 Å, historically limiting structures to moderate resolution
insufficient for atomic model building.

While giant viruses are found across all host categories, certain plant-infecting
NCLDVs (phycodnaviruses infecting algae) and insect-infecting viruses (iridoviruses,
entomopoxviruses) fall into the giant virus category. The size barrier has historically pre-
vented high-resolution structural analysis of these important virus families, contributing to
the underrepresentation of plant and insect viruses in structural databases.

3.2. Symmetry Barriers: Obscuring of Functional Asymmetry by Icosahedral Averaging

Single-particle analysis (SPA) of icosahedral viruses routinely exploits 60-fold symmetry
during reconstruction to significantly improve signal-to-noise ratios [35]. While this symmetry
imposition enables high-resolution structure determination from modest dataset sizes, it creates
a fundamental barrier: biologically relevant asymmetric features are averaged away during
processing, resulting in loss of asymmetric information that may be functionally critical [36].

Recent studies have revealed that even viruses assumed to possess perfect icosahedral
symmetry exhibit imperfect icosahedral symmetry when analyzed without symmetry
imposition [37]. Alphaviruses, previously characterized exclusively by symmetry-imposed
single-particle analysis, show asymmetric features that are functionally relevant but com-
pletely absent in symmetrized reconstructions. These include genome organization patterns,
unique vertices associated with portal complexes, and localized structural heterogeneity.

Many plant viruses package their genomes in specific orientations or utilize unique
vertices for genome delivery features invisible under imposed symmetry [38]. Insect
viruses, particularly those with complex life cycles involving different host cell types,
may exhibit structural variations between morphological forms that symmetry averaging
obscures. The reliance on symmetry-imposed processing has potentially masked important
biological insights for these underrepresented virus categories.

3.3. Morphology Barriers: Structural Heterogeneity and Flexibility in Filamentous and
Pleomorphic Viruses

Standard single-particle analysis is optimized for compact, roughly spherical particles
that can be accurately aligned and averaged. Viruses with non-spherical morphologies
particularly filamentous and pleomorphic forms present distinct challenges that have
historically limited their structural characterization.

Flexuous filamentous viruses, which include many of the most economically important
plant pathogens (Potyviridae, Closteroviridae, Flexiviridae), exhibit continuous bending
and twisting along their length. This conformational heterogeneity prevents straightfor-
ward helical reconstruction, as different segments of the same particle adopt different
conformations. Additionally, filament length heterogeneity and end effects complicate
particle selection and averaging strategies. Standard helical reconstruction assumes rigid,
straight particles an assumption violated by flexuous viruses [39].

Enveloped viruses such as influenza, HIV, and baculoviruses incorporate host-derived
lipid membranes and display surface glycoproteins in irregular patterns. These pleomor-
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phic viruses vary in size, shape, and surface protein arrangement between individual
particles, precluding the averaging strategies that enable high-resolution single-particle
analysis. Each particle is essentially unique, eliminating the fundamental assumption of
particle homogeneity underlying SPA.

The morphology barrier disproportionately affects plant viruses, where flexuous
filamentous morphology predominates among economically important pathogens. For
insect viruses, in the budded form of baculoviruses, the morphological form mediating
systemic infection is pleomorphic and enveloped, explaining why baculovirus structural
studies have focused predominantly on the occluded form despite the biological impor-
tance of budded virions. These morphological barriers have been primary drivers of the
underrepresentation of plant and insect viruses in structural databases.

4. Methodological Solutions

Each technical barrier has driven the development of specialized methodological solu-
tions. Understanding which method addresses which barrier enables strategic application
of these approaches to underrepresented virus systems.

4.1. Block-Based Reconstruction: Mitigating Ewald Sphere and Focus Gradients via
Local Refinement

The block-based reconstruction approach (also termed local refinement or divide-and-
conquer strategy) computationally divides large viral particles into smaller blocks, each
treated as an independent particle for local defocus refinement and reconstruction [34,40].
Within each small block, the assumptions of planar CTF and negligible Ewald sphere
curvature hold true. The locally refined blocks are subsequently reassembled to generate
the complete viral structure, effectively bypassing the physical limitations that arise at the
whole-particle level.

Application of block-based reconstruction has enabled near-atomic resolution struc-
tures of multiple giant viruses. Singapore grouper iridovirus (SGIV), with a diameter of
approximately 228 nm, was resolved at 3.5 Å, revealing the architecture of its major and
minor capsid proteins [41]. Medusavirus capsid maturation was characterized at 7.3–9.9 Å
resolution, providing insights into pentascale structural transitions [42]. Jyvaskylavirus, the
first giant virus isolated from Finland, further demonstrates expanding structural coverage
of NCLDVs [43]. The method has also been applied to jumbo bacteriophages, resolving the
capsid structure of bacteriophage ΦKZ [44].

Block-based reconstruction introduces specific trade-offs. Computational costs scale
with particle size, as each block requires independent processing. Block boundary effects
can potentially introduce discontinuities at interfaces between locally refined regions,
requiring sufficient overlap between blocks and careful validation. The method assumes
blocks are sufficiently small to approximate planar CTF behavior, an assumption requiring
verification for the largest viruses or highest target resolutions.

Block-based reconstruction directly enables structural analysis of giant plant-infecting
viruses (phycodnaviruses) and giant insect-infecting viruses (iridoviruses, entomopoxviruses)
that were previously intractable. Systematic application to these underrepresented giant virus
families could increase structural coverage.

4.2. Cryo-Electron Tomography: Recovering Asymmetric Information via
Symmetry-Free Reconstruction

Cryo-electron tomography (cryo-ET) collects a tilt series of images of the same spec-
imen area at different angles, enabling reconstruction of three-dimensional tomograms
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without imposing any symmetry [45]. Each viral particle is reconstructed individually,
preserving asymmetric features that would be averaged away in single-particle analysis.
By comparing symmetry-imposed SPA structures with cryo-ET reconstructions, researchers
can identify structural features lost during symmetrized processing.

Studies employing cryo-ET validation have demonstrated that imperfect icosahedral
symmetry is more common than previously appreciated. In alphaviruses, cryo-ET revealed
asymmetric features that are functionally relevant but completely absent in symmetrized
reconstructions [46]. Flaviviruses similarly exhibit asymmetric positioning of the nucleo-
capsid core relative to the glycoprotein shell [47]. Similar observations have been made for
genome organization within viral capsids, where asymmetric nucleic acid packaging cannot
be visualized under imposed symmetry [38]. These findings emphasize the importance of
cryo-ET as a complementary validation technique.

Historically, cryo-ET achieved lower resolution than SPA for whole virions, but recent
advances in STA have reached 3–4 Å resolution for symmetrized subunits, approaching
the 2–4 Å routinely achieved by SPA [45,48,49]. Tilt-series collection increases radiation
damage and data acquisition time. The “missing wedge” of data due to limited tilt range
enhances misalignment and contributes to potential anisotropic resolution. Despite these
limitations, cryo-ET provides essential validation of symmetry-imposed structures.

Cryo-ET validation is particularly valuable for plant viruses, where genome packaging
orientation and portal complexes may be functionally critical yet invisible under imposed
symmetry. For insect viruses with complex life cycles, asymmetric features distinguishing
different morphological forms can now be characterized.

4.3. Subtomogram Averaging: Resolving Structural Heterogeneity Through Local Unit Alignment

Subtomogram averaging (STA) combines the three-dimensional imaging capability of
cryo-ET with averaging of repeating structural units. After tomogram reconstruction, repeti-
tive elements such as envelope glycoprotein spikes, capsid subunits, or helical segments are
computationally extracted as “subtomograms” and aligned for averaging [50]. This approach
does not require global particle homogeneity; instead, local structural units are averaged while
preserving information about their spatial arrangement within heterogeneous assemblies.

STA has enabled structural analysis of previously intractable pleomorphic viruses.
In situ visualization of influenza A virus assembly captured the spatial arrangement of
hemagglutinin (HA) and neuraminidase (NA) on budding virions directly within host
cellular context [51]. Herpesvirus capsid assembly intermediates were resolved within the
cell nucleus, redefining canonical assembly pathways [52,53]. The membrane replication
factories of hepatitis C virus (HCV) and Zika virus have been characterized, revealing
potential targets for antiviral intervention [54,55].

For flexuous filamentous viruses, STA offers an alternative to conventional helical recon-
struction. By extracting and averaging short segments rather than assuming global helical order,
STA can accommodate the bending and conformational heterogeneity characteristic of plant
flexiviruses. Recent applications to filamentous plant viruses have achieved sub-nanometer
resolution while accommodating the flexibility that precluded earlier structural analysis [23].

Resolution achieved by STA has historically been 5–15 Å, with recent advances reaching
3–4 Å for symmetrized viral subunits [48–50,56]. Despite these improvements, computational
demands for tomogram reconstruction and subtomogram alignment remain substantial, though
hardware acceleration and improved algorithms continue to reduce these barriers [50]. Computa-
tional demands for tomogram reconstruction and subtomogram alignment remain substantial,
though hardware acceleration and improved algorithms continue to reduce these barriers. The
requirement for tilt-series collection limits throughput compared to single-particle data acquisition.
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STA directly addresses the morphology barrier that has significantly impacted plant
virus structural coverage. The flexuous filamentous morphology characteristic of Potyviri-
dae, Closteroviridae, and Flexiviridae families causing the majority of agricultural viral
disease becomes tractable through STA approaches. For insect viruses, STA enables struc-
tural analysis of the pleomorphic budded form of baculoviruses, complementing existing
knowledge of the occluded form.

Based on the technical characteristics discussed above, we propose a strategic decision-
making workflow to guide the structural determination of underrepresented viruses (Figure 2).

 

Figure 2. Integrated strategic workflow for the structural determination of underrepresented viruses.
The central pathway depicts standard single-particle analysis (SPA) for typical icosahedral viruses,
with schematic representations based on Sapovirus structure [57]. Specialized pathways overcome
specific barriers: Subtomogram Averaging (STA) for morphological heterogeneity, Block-Based
Reconstruction for size limitations, and Cryo-ET for symmetry validation. All strategies converge to
a high-resolution atomic model.
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5. Future Perspectives

The integration of in situ structural biology approaches represents the next frontier
in viral structure determination. By combining cryo-focused ion beam (cryo-FIB) milling
with cryo-ET, researchers can visualize viral infection processes within native cellular
contexts [58]. This approach captures transient intermediates, host factor interactions, and
membrane remodeling events invisible to purified particle analysis. For plant viruses,
advances in cryo-FIB milling of plant tissues will enable visualization of plasmodesmatal
transport and replication complex organization. For insect viruses, in situ approaches can
reveal the cellular context of baculovirus assembly and the architecture of viral factories.

Recent demonstrations of high-resolution structure determination by cryo-EM at
100 keV accelerating voltage, together with high-resolution imaging on common 120 keV
LaB6-source microscopes equipped with modern direct electron detectors, are lowering
barriers to entry for the technique [59–61]. These developments will accelerate discovery of
viral structures from diverse environmental niches and underrepresented host systems.

Integration of artificial intelligence (AI) and machine learning into cryo-EM work-
flows will revolutionize data processing. Automated particle picking, classification of
heterogeneous assemblies, and structure prediction algorithms will accelerate structure
determination while reducing operator bias [62,63]. For underrepresented virus families
with limited prior structural information, AI-assisted approaches may prove particularly
valuable by enabling structure determination from smaller datasets and facilitating model
building for novel protein folds.

Emerging time-resolved cryo-EM approaches utilizing rapid mixing or light activation
followed by rapid freezing promise to capture viral structural dynamics on millisecond
timescales [64]. Visualization of receptor-triggered conformational changes, membrane
fusion intermediates, and assembly pathways will provide mechanistic insights inaccessible
to static structural snapshots [65].

6. Conclusions

This review has examined the host-specific bias in viral structural databases and
the technical barriers driving this imbalance. The striking disparity in EMDB coverage
vertebrate viruses (97.6%), plant viruses (1.0%), and insect viruses (1.4%) reflects not
merely funding priorities but fundamental technical challenges that differentially affect
virus categories.

Three distinct technical barriers have historically limited structural characterization of
underrepresented virus systems. Size barriers, arising from depth of field limitations and
Ewald sphere curvature, have prevented high-resolution analysis of giant viruses exceed-
ing 200 nm, including plant-infecting phycodnaviruses and insect-infecting iridoviruses.
Symmetry barriers have caused the loss of asymmetric information in icosahedral recon-
structions, obscuring functionally important features such as portal complexes and genome
packaging across all host categories. Morphology barriers have significantly impacted
plant viruses, where the predominance of flexuous filamentous forms has rendered many
economically important pathogens structurally intractable.

Each barrier has driven the development of targeted methodological solutions. Block-
based local refinement overcomes size barriers by treating large particles as collections
of smaller, independently refinable blocks, effectively bypassing physical limitations to
achieve near-atomic resolution. cryo-ET overcomes symmetry barriers by reconstructing
individual particles without symmetry imposition, revealing asymmetric features lost
in conventional processing. STA overcomes morphology barriers by averaging locally
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repetitive elements within globally heterogeneous assemblies, enabling the structural
determination of flexible filamentous and pleomorphic viruses.

Strategic application of these methodological solutions to underrepresented virus
systems offers a clear path toward a more balanced virosphere. Block-based reconstruction
can now be systematically applied to giant plant and insect viruses, while subtomogram
averaging should be prioritized for the flexuous filamentous plant viruses that cause the
majority of agricultural disease. While implementing these strategies requires coordinated
efforts linking virology expertise with cryo-EM facilities, the ultimate goal transcends
administrative metrics. Bridging this structural gap is not merely an archival necessity
but a fundamental step toward deciphering the universal principles of viral assembly and
evolution. By illuminating the vast unexplored diversity of the virosphere from giant insect
viruses to flexible plant pathogens we secure the knowledge base required to anticipate
and mitigate emerging threats across biological kingdoms.
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Abstract: RNA viruses, being submicroscopic organisms, have intriguing biological makeups and
substantially impact human health. Microscopic methods have been utilized for studying RNA
viruses at a variety of scales. In order of observation scale from large to small, fluorescence microscopy,
cryo-soft X-ray tomography (cryo-SXT), serial cryo-focused ion beam/scanning electron microscopy
(cryo-FIB/SEM) volume imaging, cryo-electron tomography (cryo-ET), and cryo-electron microscopy
(cryo-EM) single-particle analysis (SPA) have been employed, enabling researchers to explore the
intricate world of RNA viruses, their ultrastructure, dynamics, and interactions with host cells.
These methods evolve to be combined to achieve a wide resolution range from atomic to sub-nano
resolutions, making correlative microscopy an emerging trend. The developments in microscopic
methods provide multi-fold and spatial information, advancing our understanding of viral infections
and providing critical tools for developing novel antiviral strategies and rapid responses to emerging
viral threats.

Keywords: RNA virus; viral infection; virus–host interactions; multiscale microscopic methods;
cryo-soft X-ray tomography (cryo-SXT); serial cryo-focused ion beam/scanning electron microscopy
cryo-FIB/SEM volume imaging; cellular cryo-tomography (cryo-ET); cryo-EM single-particle analysis
(SPA)

1. Introduction

RNA viruses represent a diverse and highly adaptive group of pathogens that play a
central role in shaping the landscape of biology and human health [1]. RNA viruses use
ribonucleic acid (RNA) as their genetic material and can be classified into single-stranded
RNA (ssRNA) viruses, double-stranded RNA (dsRNA) viruses, and retroviruses, depend-
ing on their genome type and replication strategy. Single/double-stranded RNA viruses,
such as influenza, SARS-CoV-2, and Ebola, rely on RNA-dependent RNA polymerases for
genome replication. In contrast, retroviruses such as the human immunodeficiency virus
(HIV) employ reverse transcriptase to produce viral DNA, which is then integrated into the
host genome by integrase. RNA viruses are characterized by high mutation rates and rapid
evolution, allowing them to quickly escape host immune responses and develop resistance
to antiviral treatments. This adaptability underscores the significant public health threats
posed by RNA viruses, as evidenced by recent outbreaks and pandemics caused by the
Ebola virus and SARS-CoV-2 [2,3].

Continued research into RNA viruses remains crucial for understanding their pathol-
ogy and has facilitated breakthroughs in vaccine development, antiviral treatments, and
our comprehension of the immune system [4–6]. The advancement of various imaging
techniques, notably electron microscopy (EM), has proven robust in delineating complex
structures of RNA viruses, viral life cycles, exploring virus–host interactions, and un-
ravelling host immune responses [7,8]. This review aims to provide a comprehensive
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overview of cryo-imaging techniques that offer multiscale insights into RNA virus biology
that allow for a holistic view of virus-infected cells in a native, hydrated state. These
cryo-techniques, organized by observation scale from large to small, include cryo-soft
X-ray tomography (cryo-SXT), serial cryo-focused ion beam/scanning electron microscopy
cryo-FIB/SEM volume imaging, cellular cryo-tomography (cryoET), and cryo-electron
microscopy (cryo-EM) single-particle analysis (SPA) (Figure 1). When used together, they
can provide unprecedented details of ultrastructural features of virus-infected cells, and
contextual information that bridges the gap between molecular mechanisms and cellular
responses. In this paper, we emphasize the importance of microscopy techniques in RNA
virus research and showcase how these diverse imaging modalities can be used synergis-
tically for comprehensive studies of RNA viral infection. We summarize the achievable
resolutions of these techniques in Figure 1, followed by their respective workflows in
Figure 2, and applications in Figures 3 and 4.

Figure 1. Schematic diagram showing the resolution capabilities of various imaging techniques in
the research of RNA virus. Upper: resolution ranges of various imaging and structural methods.
Lower: Schematic representations of the size scales of virus-infected cells, virus particles, and virus
components (e.g., spike proteins). Different approaches can be utilized depending on the scale of the
research object.
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Figure 2. General workflow for microscopical research on RNA viruses. Samples are applied
to grids and undergo a vitrification process (the most well-known procedure being plunge freez-
ing), with subsequent imaging procedures depending on the sample. (a,b) For samples containing
whole mammalian cells, serial cryo-focused ion beam/scanning electron microscopy (cryo-FIB/SEM)
(a) and cryo-soft X-ray tomography (cryo-SXT) (b) can be used for volume imaging. (c) To achieve
high-resolution imaging of regions of interest (ROI) within the cell (e.g., virus particles), a thin
lamella of 80–250 nm can be prepared using FIB milling and imaged using cryo-ET. (d) Virions and
VLPs can be imaged and structurally characterized using both cryo-ET or SPA. (e) For purified viral
components (e.g., spikes), SPA is often the preferred method for structural analysis.

Figure 3. Cryo-SXT and cryo-FIB/SEM techniques are suitable for imaging and reconstructing intact
virus-infected cells. (a) Three-dimensional reconstruction of whole-cell volumes of HCV replicon-bearing
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cells by cryo-SXT (scale bars, 1 μm) [9]. (i,ii) Tile-scanned projection (i) and overlaid with segmenta-
tion (ii) showing the area selected for SXT (white square); The enlarged view of segmented volume
(iii) and tomographic slice (iv) from the boxed areas are also shown. Threshold-based isosurface seg-
mentation of the surface boundaries identifies the different organelles present in the cells: abnormal
mitochondria in red and purple, ER in yellow, modified ER in brown and nuclear envelope in pink.
Purple arrows point to the abnormal mitochondria. (b) Characterization of SARS-CoV-2-infected
Vero cells using cryo-FIB/SEM volume imaging [10]. Black arrows, SARS-CoV-2 virus particles; blue
arrows, nuclear pores; dashed purple arrow, invagination path; Nuc nucleus; Cyto cytoplasm; V vesi-
cles; T tunnels. (i) A representative cryo-FIB/SEM slice showing the invagination of cytoplasm into
the nuclear space (scale bar, 1μm). (ii) A representative cryo-FIB/SEM slice showing the distribution
of SARS-CoV-2 particles (scale bar, 500 nm). (iii) Surface rendering of the segmented volume of a
SARS-CoV-2-infected cell as shown in (ii). Segmented organelles and virus particles are labeled with
indicated colors. The dashed lines indicate the position of the slice shown in (ii).

Figure 4. Cryo-ET and cryo-EM for high-resolution characterization of viral structure in situ. (a) A
cryo-correlative light and electron microscopy (CLEM) workflow targeting unlabelled MuV near
fluorescently labelled mCherry-G3BP1 stress granules (SGs) [11]. (i) MuV-infected HeLa cells
were seeded on an EM grid and imaged by phase contrast light microscope (scale bar, 200 μm).
(ii) Infected cells with red fluorescent SGs (white arrowhead) are targeted for FIB-milling (scale bar,
10 μm). (iii) Lamella TEM map overlaid with cryo-confocal images confirming the presence of SGs
post-milling and guiding cryo-ET data collection (scale bar, 2 μm) (Nu: nucleus). (b) Representative
tomographic slice (left) and corresponding 3D segmentation (right) for in-cell MuV characterization
(scale bar, 100 nm). Side and top views of MuV nucleocapsids are marked with cyan arrowheads and
colored accordingly. The inset shows nucleocapsids have extended flexible densities (red arrowheads).
Both the tomographic slice and segmentation are labelled with lipid droplets (LD), mitochondria
(Mito), endoplasmic reticulum (ER), ribosomes (Ribo), and vesicles (V) [11]. (c) Subtomogram av-
erage of in-cell MuV nucleocapsids resolved to 6.5 Å (EMD-13137), with RNA densities in yellow.
(d) Representative micrograph of in vitro assembled HIV-1 capsids with picked pentamer particles
(white circles) (scale bar, 50 nm) [12]. (e) High-resolution reconstruction of HIV-1 capsid pentamer
structure colored according to local resolution (EMD-28186) [12].
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2. Seeing through the Whole Cell: Cryo-Soft X-ray Tomography

Cryo-SXT has emerged as a robust tool to image whole intact cells in a high throughput
manner, ideally for characterizing cells upon viral infection that can provide unique insights
into the ultrastructural details of virus-infected cells. Compared with conventional X-ray
tomography, it uses low-energy X-rays, typically in the “water window” range of 284 to
543 eV, to image hydrated, intact cells, without the need for chemical fixing, staining or
sectioning [13–15]. Under this condition, carbon-rich biological samples produce high
contrast while oxygen-rich structures such as the cytosol remain virtually transparent,
enabling the visualization of cellular compartments. Despite its slightly lower achievable
resolution compared to electron microscopy, about 25 to 50 nanometers depending on
the zone plate, cryo-SXT excels at imaging relatively thick samples (up to 15 μm) rapidly.
It can capture an entire three-dimensional 3D volume of 15 × 15 × 15 μm3 in about
5 min and allow the examination of large, complex cellular structures and significant
ultrastructural alterations caused by infection [14,16]. Moreover, when integrated with
fluorescence microscopy, viral particles can be localized for targeted imaging, enabling
the characterization of viral trafficking and viral life cycle in cells [17]. These distinctive
features of cryo-SXT make it a robust approach for investigating RNA virus infections,
offering details for cellular response to viral infection, viral life cycle, and providing details
that are not accessible with other imaging modalities.

The cryo-SXT workflow is a systematic process, in which cells are seeded or deposited
on sterilized microscopy grids or housed in thin-walled glass capillary tubes. For virus
research, cells are inoculated with the virus and incubated under appropriate biosafety
conditions. Vitrification is performed by high-pressure freezing (HPF) or plunge freezing,
with gold particles or fluorescent stains added for tomogram alignment and data analysis.
In the transmission X-ray microscope (TXM), these grids are first imaged in visible light
to select regions of interest (ROI) for X-ray imaging. Tomograms of ROIs are acquired by
capturing a series of transmission images at various tilt angles of the sample to capture
structural information at different orientations (Figure 2). Depending on the samples, the
angular range can be up to 140 degrees for EM grids and 360 degrees for capillary tubes
through the entire cell with a thickness up to 16 μm [18]. Image stacks are normalized
and aligned using the established processing workflow such as AREC3D [19–22], and the
reconstructed volumes are produced for detailed analysis.

Leveraging cryo-SXT, there has been an increasing amount of research in various RNA
virus infections [10,18,23–28]. We herein take the research on hepatitis C virus (HCV) and
reovirus as examples to illustrate the contribution of cryo-SXT to the research of RNA
viruses. HCV is an enveloped positive-strand RNA (+ssRNA) virus notorious for its ability
to induce serious liver damage [29]. To characterize the cell response to HCV infection
and antiviral treatment, Pérez-Berná et al. [9,27] obtained 3D maps of the whole cells
harboring HCV replicons at different stages of infection, as well as after the treatment
of antiviral drugs using cryo-SXT. In Figure 3a, the HCV replicon-bearing cell slices are
shown, with projections (Figure 3a(i,ii)) and volume slices (Figure 3a(iii,iv)) providing
detailed views of the selected ROI and identified organelles. In their research, significant
changes in the structure of the endoplasmic reticulum (ER) and mitochondria were seen
in nearly native, whole, hydrated cells during HCV infection and antiviral treatments.
HCV replication relies on special networks in HCV-infected cells formed by vesicular
and tubular structures derived from the ER. Meanwhile, abnormal mitochondria were
observed, which indicates the mitochondrial dysfunction induced by the virus. Notably,
these morphological changes were reverted by clinically approved antivirals sofosbuvir
and daclatasvir. These results suggest that the cellular morphology observed by cryo-SXT
can be used as a criterion for evaluating the effectiveness of other potential antiviral drugs.
Their study highlights the promise of this method to aid in drug development during the
preclinical stage, which allows for the assessment of the possible influence of candidate
compounds on the cellular ultrastructure.
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In parallel, reovirus is an icosahedral, non-enveloped dsRNA virus that can be poten-
tially applied to oncolytic therapy [30]. Non-enveloped viruses do not have the membrane-
fusion ability, making their cell-entry process largely unknown. To track the entry process
of reovirus and modification of endosomes from early to late stages post-infection, Kouna-
tidis et al. developed a correlative microscopy system combining cryo-SXT and other
techniques and achieved direct data correlation in 3D [24]. By combining cryo-SXT with
3D-structure illumination microscopy (3D-SIM), the study provided high-resolution 3D
views of the cellular compartments involved in viral trafficking, allowing for the visualiza-
tion of vesicles carrying viral particles and their transformations over time. This approach
enabled the identification of multi-vesicular bodies and other vesicle structures that form
during infection, providing insights into how reoviruses escape from endosomes into the
cytoplasm without disrupting the overall vesicle integrity. These findings underscore the
utility of cryo-SXT in capturing the dynamic interactions between reoviruses and host cell
organelles, contributing to a more comprehensive understanding of viral pathogenesis.

These studies demonstrate that cryo-SXT is effective in the characterization of virus–
host interactions, from imaging viral particles within infected cells to investigating changes
to cell ultrastructure and organelles post-infection to facilitate the development of fu-
ture treatments.

3. Peeling Back the Layers: Serial Cryo-FIB/SEM Volume Imaging

Another rapidly evolving imaging technique allowing whole-cell imaging is serial
cryo-focused ion beam/scanning electron microscopy (cryo-FIB/SEM) volume imaging.
This technique allows the visualization of relatively thick frozen-hydrated biological speci-
mens (e.g., virus-infected cells) at resolutions ~10 nm. It employs a dual-beam, enabling
the serial sectioning of thick samples (above 300 nm up to hundreds of microns) using a
focused ion beam coupled with subsequent imaging with SEM. Briefly, biological samples
(e.g., cells and tissues) that have been either plunge-frozen or high-pressure-frozen undergo
serial sectioning using a focused ion beam, typically composed of gallium ions or plasma
ions to mill away a thin slice of the sample. The milling process is regulated in a way to
allow for precise removal of thin slices of material ranging from 3 to 15 nm. Immediately
following the milling, the sample surface is imaged by collecting backscattered and sec-
ondary electrons, using an integrated scanning electron beam to capture high-resolution
details about the sample. The sequential cryo-focused ion beam (cryo-FIB) milling, and
SEM imaging are repeated iteratively (up to hundreds to thousands of times) until a series
of images covering the entire volume of interest is obtained. Due to these repeated steps,
imaging of an entire mammalian cell can take up to days. The collected 2D images are then
computationally reconstructed into a 3D volume for the whole cell, providing details into
the spatial organization of cellular compartments, the 3D architecture of cellular structures,
such as organelles, membranes, and other subcellular components in their native, hydrated
state. Moreover, this technique can also be combined with florescent microscopy [31] for
cryo-FIB lamella preparation to target a region of interest, allowing for penetration of
electron beam imaging using cryo-ET to obtain high-resolution information of the targeted
region, which will be discussed in the following section.

Given its straightforward sample preparation process, serial cryo-FIB/SEM volume
imaging has been successfully applied to various biological samples ranging from cells to
multicellular organisms and tissues [32–38]. Its capability to reveal the spatial organization
of cellular compartments has made it increasingly popular for studying viral infections,
with a notable surge in research on SARS-CoV-2 in recent years [10,39].

SARS-CoV-2 coronaviruses are small, enveloped viruses containing a single-stranded,
positive RNA genome. While the viral components have been extensively characterized
to an atomic resolution [40,41], understanding of the SARS-CoV-2 coronavirus infection
at the cellular level is limited. Using a multi-scale imaging technique including volume
imaging using cryo-SXT, serial cryo-FIB/SEM volume imaging, and cellular tomography
imaging (explained in the next section), Mendonca et al. [10] provided a comprehensive
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characterization of SARS-CoV-2 infection within frozen hydrated Vero cells (Figure 3b).
Volume imaging reveals drastic cytopathic alterations of SARS-CoV-2-infected cells, in-
cluding both mitochondrial defects in morphology and number, as well as nucleus defects
resulting from cytoplasmic invagination (Figure 3b(i)). In addition to the visualization
of the cellular compartment, virus particles represented by electron-dense particles can
be unambiguously identified at the cell periphery, inside the cytoplasm and within vesi-
cles (Figure 3b(i–iii)), highlighting the robustness of volume imaging in virus research.
Combined with cryo-ET imaging on cell lamella (explained in the next section), this work
shed light on the SARS-CoV-2 life cycle from viral RNA replication and transport to virus
assembly and egress within a native cellular context, providing a holistic view of the SARS-
CoV-2 infection within cells that could not have been possible without the combination of
different imaging techniques.

4. Zooming in on a Single Layer: Cellular Cryo-Electron Tomography

Cryo-ET represents one of the most important imaging techniques in structural biology
that bridges the resolution gap between volumetric imaging and high-resolution structural
determination methods such as SPA and X-ray crystallography. Unlike the later methods,
which excel in revealing atomic or near-atomic details of isolated macromolecules, cryo-ET
provides a unique window to characterize macromolecular complexes within their natural
cellular environments. Cryo-ET is most effective when imaging samples thinner than
300 nm, thus can be directly used for biological samples, including purified virions and
viruses located within thin regions such as the cell periphery [10,42]. For thicker samples,
such as whole cells, where electron penetration is insufficient, cryo-FIB can be used to
prepare thin lamellae of 80–250 nm thickness and subsequently imaged using cryo-ET.
This combination allows imaging capabilities to extend deep into the cell, enabling the
characterization of complete viral life cycles, their interactions with host cells, and the
cellular immune response during viral infection.

Cryo-ET requires capturing a series of two-dimensional projections of a specimen
using a microscope stage that is tilted at different angles in relation to the incident beam [43–
45]. The concatenate projections are widely referred to as the ‘tilt-series’, spanning an
angular range of ±60◦ with increments of a few degrees per image of the target region. Due
to the mechanical properties of the stage and the limited tilt angle used, cryo-ET imaging
often leads to incomplete sampling of Fourier space, leading to the so called “missing
wedge” problem [46]. To minimize radiation damage while retaining high-resolution
information, several data collection strategies can be applied, including continuous, bidi-
rectional, and dose-symmetric tilt schemes. The dose-symmetric tilt scheme, which starts at
a low angle and alternates between progressively positive and negative angles, is the most
used cryo-ET data collection strategy due to its optimized, near-symmetric information
transfer [47]. Post-collection, the tilt series undergo motion correction and alignment using
various software packages (e.g., emClarity [48,49], RELION [50], IMOD [51]) to generate
tomograms and offer a three-dimensional depiction of the target region on the biological
specimens [52–55].

Collecting a group of tomograms, or sometimes even single tomograms, can offer
a thorough examination of biological processes. Moreover, when tomograms contain
multiple copies of a macromolecule of interest, subtomogram averaging (STA) [43,48–50]
can achieve near-atomic resolution structures by aligning, extracting, and merging multiple
segments from the tomograms, enhancing the signal-to-noise ratio for specific features
such as viral proteins or ribonucleoprotein complexes (RNP) [56,57]. Together, cryo-ET
combined with STA is powerful for studying diverse viral structures with a high level of
detail [48,58].

Advancements in cryo-ET methods over the past two decades have provided valuable
insights into viral assemblies and viral protein structures from in vitro isolated virions, includ-
ing those of the Ebola virus [59,60], Marburg virus [60], HIV-1 [61], and SARS-CoV-2 [57,62,63],
facilitating the rapid response to viral outbreaks and vaccine development. Recently, de-
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velopments in cellular cryo-ET have enabled the characterization of virus particles and
vaccine candidates within cells to a comparable resolution, as well as their interactions
with host cells [10,11,41,64–66]. This is exemplified by studies on bluetongue virus (BTV)
and mumps virus (MuV) infection, respectively.

Bluetongue virus (BTV) is a dsRNA virus in the family of Reoviridae that can cause
diarrhea in humans and death to livestock [67]. The BTV virion consists of three layers of
capsid protein encapsulating ten segments of dsRNA genome. Despite the well-known
structures of the BTV particles, the genome packaging and viral assembly process remain
unclear. Leveraging in-cell cryo-ET advancement in studies of reovirus and rotavirus
infection processes [68,69], Xia et al. [64] captured six assembly intermediates of BTV to
intermediate resolutions (up to 7.2 Å) in infected baby hamster kidney (BHK21) cells.
By combining these structures with high-resolution SPA of isolated viral particles, they
demonstrated a comprehensive process of virus assembly. This process begins with the
co-assembly of newly synthesized ssRNA segments with the first layer of capsid (viral
protein VP6 and VP3) in the virus inclusion body, followed by the sequential assembly of
the outer two capsid layers (second layer VP7 and third layer VP2), and continues with the
egress of immature virus particles mediated by a virus-encoded transmembrane protein
and the outermost capsid (VP2).

The integration of cryo-correlative light and electron microscopy (cryo-CLEM) with
cryo-ET has proven to be highly effective for characterizing viral life cycles in cells. Us-
ing a cryo-correlative imaging workflow, Zhang et al. [11] investigated the reactivation
mechanism of MuV replication under oxidative stress conditions in long-term infected
HeLa cells. They prepared thin cell lamellae containing MuV factories by targeting the
closely located and fluorescently labeled G3BP stress granule assembly factor 1 (G3BP1)
(Figure 4a). Cryo-ET imaging revealed altered MuV nucleocapsid morphologies under
oxidative stress conditions, with an increased abundance of straight filaments (Figure 4b).
Using in-cell subtomogram averaging, they achieved a reconstruction of the MuV capsid
at 6.5 Å resolution, which adopted a genome-accessible conformation (Figure 4c). This
conformation, along with additional densities in the viral capsid, elucidates how partner
proteins phosphoprotein P and polymerase L access the viral RNA to activate replication.
This work sheds light on how MuV–host interplay disrupts the metastable balance during
long-term infection under host stress that allows the activation of viral replication and
exemplifies a robust cryo-correlative workflow to study other RNA infections.

5. Spotlight on Key Components: Single-Particle Analysis

SPA is the most established cryo-EM technique for determining the structures of
macromolecules in their near-native state at near-atomic resolution [70]. SPA conventionally
does not provide information on viral particles within cells, but it does provide high
resolutions that are not attainable with other microscopic imaging techniques. Nevertheless,
a recent trend has emerged where SPA technique is being utilized to analyze protein
particles in thin lamellae [71].

SPA workflow begins with preparing and rapidly freezing in vitro purified or assem-
bled macromolecules to preserve particles in a thin aqueous layer (<150 nm). Subsequently,
images containing projections of randomly oriented particles are recorded using an electron
microscope and direct detection cameras are then processed computationally to generate
3D reconstructions of complexes. Specifically, individual particles are detected, aligned,
and classified into groups based on their projections, enhancing signal and reducing noise.
A three-dimensional model is reconstructed from these 2D images consisting of varied
angles of particle orientation. This initial model undergoes iterative 3D classification,
refinement, and validation to ensure accuracy in the angular assignment and resolution.
SPA is particularly valuable for studying flexible or dynamic large protein assemblies with
a high degree of heterogeneity (compositional and conformational). Routine and automatic
data collection enables efficient data collection (5000 micrographs per day). These large
amounts of data available can provide near-atomic resolution of RNA virus components
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such as the viral capsid [72,73], viral envelope, spikes, and viral replication machinery [74]
and facilitate vaccine and small molecule therapeutics development [75]. Notably, viral
components like viral capsid which were traditionally imaged using cryo-ET have re-
cently been characterized using SPA, resulting in higher resolution and novel mechanistic
insights [12,76,77].

The work of Schirra et al. on the HIV-1 capsid [12] illustrates the power of SPA in
revealing novel molecular mechanisms. In Figure 4d, in vitro-assembled VLPs with decli-
nations encircled are shown, while Figure 4e depicts the map after further local refinement
with imposed five-fold symmetry, colored according to local resolution. Their study identi-
fied a Thr-Val-Gly-Gly motif in the viral capsid protein (CA) that acts as a molecular switch,
controlling the formation of hexamers and pentamers in the fullerene capsid structure. This
finding not only shed light on the assembly process of the HIV-1 capsid but also highlighted
its role in modulating post-assembly functions and interactions with antiviral agents like
Lenacapavir. Similarly, Stacey et al. [76] further dissected the structural complexities of
the HIV-1 capsid. By using SPA, they revealed two structural switches in the CA that
regulate capsid curvature and host factor binding, providing insights into the evolutionary
advantage of the capsid conical morphology and its implications for cell entry mechanisms.
The potential of SPA in viral structural analysis extends beyond HIV-1. Sugita et al.’s study
on the Ebola virus nucleocapsid [77] offers a prime example. By achieving a near-atomic
resolution structure of the recombinant Ebola virus nucleoprotein–RNA complex, their
research provided a detailed view of the virus’s genome encapsulation and the dynamic
transitions between RNA-bound and RNA-free states. This study elucidated the nucleo-
capsid assembly mechanism and highlighted key structural features for potential antiviral
drug development.

Moreover, Lazic et al.’s exploration of integrated differential phase contrast scanning
transmission electron microscopy (iDPC-STEM) marked a technological advancement
in SPA [78]. Other approaches, such as cryo-electron ptychography, also explored the
possibility of the STEM being used in the field of SPA [79]. Demonstrating the efficacy
of iDPC-STEM, they successfully obtained high-resolution structures of tobacco mosaic
virus (TMV) at 3.5 Å. Despite not exceeding the resolution of that of commonly used
CTEM, iDPC-STEM holds the potential to significantly reduce radiation damage during
data collection. The scanning mode in STEM deposits electrons sequentially one pixel
at a time, which allows energy to spread and dissipate towards nonilluminated areas,
potentially weakening the impact and damage at exposed spots. It has been shown that
spot scanning of 100 nm beams in CTEM mitigates beam-induced motion and improves
contrast. In addition, alternative scan patterns can further reduce beam damage. This
advancement opens new possibilities for achieving even higher resolution structures with
cryo-EM, further pushing the boundaries of our understanding of viral architectures.

6. Conclusions and Outlook

Advancements in multiscale imaging techniques have significantly enhanced our
understanding of RNA virus biology, shedding light on the highly dynamic interactions
between viruses and their hosts, as well as the complex cellular responses. Whole-cell
imaging techniques offer valuable insights into the ultrastructural alterations induced by
viral invasion, while high-resolution imaging techniques provide detailed delineation of
molecular mechanisms. On the other hand, RNA virus research and the development of
multi-modal imaging methods are highly intertwined, as virus research has also contributed
to the advancement of imaging techniques. For instance, the study of HIV-1 capsids has
led to the development of a set of tools with extensive implications for in situ structural
biology by bringing cryo-ET to subnanometer and near-atomic resolution [59,80–82].

Looking ahead, continued advancements and emerging trends hold great promise for
characterizing viral infections from a holistic perspective. Ongoing and future efforts are
essential to bridge the gap between “in vitro” and “in cellular” RNA virus research. This
includes integrating various imaging modalities, incorporating fluorescent microscopy

149



Viruses 2024, 16, 1504

methods for correlative imaging approaches to enhance precision in targeted imaging, and
refining reconstruction algorithms by leveraging artificial intelligence (AI) and machine
learning. Enhancing accessibility, automation, and a diverse array of approaches adaptable
to various scales will offer crucial tools for developing novel antiviral strategies and
mounting rapid responses to emerging viral threats.
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Abstract

With the advancements in instrumentation, image processing algorithms, and computa-
tional capabilities, single-particle cryo-electron microscopy (cryo-EM) has achieved atomic
resolution in determining the 3D structures of viruses. The virus structures play a crucial
role in studying their biological function and advancing the development of antiviral vac-
cines and treatments. Despite the effectiveness of artificial intelligence (AI) in general image
processing, its development for identifying and extracting virus particles from cryo-EM
micrographs has been hindered by the lack of manually labeled high-quality datasets. To
fill the gap, we introduce CryoVirusDB, a labeled dataset containing the coordinates of
expert-picked virus particles in cryo-EM micrographs. CryoVirusDB comprises 9941 micro-
graphs from nine datasets representing seven distinct non-enveloped viruses exhibiting
icosahedral or pseudo-icosahedral symmetry, along with coordinates of 339,398 labeled
virus particles. It can be used to train and test AI and machine learning (e.g., deep learning)
methods to accurately identify virus particles in cryo-EM micrographs for building atomic
3D structural models for viruses.

Keywords: cryo-electron microscopy; AI-based virus particle picking; structural biology;
viral structure; labeled dataset

1. Introduction

Cryo-EM is a method of capturing 2D images of biological molecules and assemblies
at cryogenic temperatures. Advancements in both instrumentation and computational
methodologies have established cryo-EM as an essential tool for interrogating the structures
and dynamics of biological macromolecular complexes including large virus particles [1–4].
Single particle experiment and data analysis in cryo-EM involve vitrifying biological
specimens and collecting micrographs of individual particles in an electron microscope
(Figure 1A), followed by picking and extracting particle images (Figure 1B), applying image
processing for correction and alignment (Figure 1C), and performing three-dimensional
(3D) reconstruction of macromolecular complexes [4,5] (Figure 1D).

In the realm of virology, cryo-EM has been instrumental in studying and determining
the 3D structures and morphology of various viruses such as poliovirus, Ebola, HIV, and
coronaviruses [6,7]. Particularly during the COVID-19 pandemic, cryo-EM played a pivotal

Viruses 2026, 18, 224 https://doi.org/10.3390/fluids10110297154
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role in understanding the intricate structure of the SARS-CoV-2 spike protein [8–10]. This
knowledge has facilitated the development of highly effective vaccines. For instance, scien-
tists have been able to design immunogens that mimic the spike protein’s shape, eliciting
targeted immune responses [11–13]. Moreover, cryo-EM has revolutionized epitope map-
ping, enabling the identification of specific binding sites [14] and facilitating the exploration
of antibody mutations for the rapid discovery and development of precise vaccines and
antiviral treatments [15,16].

 
Figure 1. An overview of cryo-EM single particle analysis from particle selection to 3D reconstruction
of virus (EMPIAR 11060). (A) Stack of ideal micrographs where the true virus particles are picked
(encircled yellow). (B) Extracted virus particles from micrographs with fixed box size. (C) Multiple 2D
classes to facilitate stack cleaning and the removal of false particles. (D) Reconstructed 3D structure
of the virus from 2D images using a series of computational techniques. Subunits/domain regions
are displayed in different colors.

To achieve high-resolution 3D reconstructions of virus structures, the initial step of
accurately recognizing and extracting virus particles from 2D image projections (micro-
graphs) is crucial. Currently, three virus particle-picking approaches are employed: manual
virus particle picking, template-based picking [17,18], and AI-based picking [19]. Man-
ual picking is laborious and time-consuming, requiring specialized expertise for precise
identification, which cannot be used by beginners. Challenges in the manual picking arise
from low signal-to-noise ratios, low particle contrast, and the unpredictability of individual
particle appearances due to orientation variations. Template-based virus particle picking
requires users to pick some initial particles as templates for software tools to search for
more particles, which suffers from the presence of ice contamination, carbon areas, and
overlapping aggregated particles in micrographs. AI-based particle picking [20–24] has
the best potential to automate the process and overcome the problems of the manual pick-
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ing and template-based matching, but the development of sophisticated AI-based virus
particle-picking methods is largely hindered by the lack of high-quality labeled training
and test data of virus particles.

To harness the power of cutting-edge AI technologies in automatic virus particle recogni-
tion and picking, we created a comprehensive and expert-labeled dataset—CryoVirusDB [25]
in this work. This open-access dataset aims to expedite the development of automated virus
particle-picking workflows, and ultimately advance the viral research and the design of thera-
peutic interventions. CryoVirusDB includes 9941 micrographs from nine datasets representing
seven distinct non-enveloped viruses with icosahedral or pseudo-icosahedral symmetry, along
with coordinates of 339,398 labeled virus particles. The particle count distribution per micro-
graph varies considerably across datasets, as illustrated in Figure 2. The detailed statistics of
CryoVirusDB are reported in Tables 1 and 2.

Figure 2. Particle count distribution across CryoVirusDB datasets. Violin plots show the distribution
of particle counts per micrograph for each EMPIAR dataset. Horizontal lines indicate mean count
(center), maximum count (top) and minimum count (bottom) of virus particles.

Table 1. The statistics of micrographs and particles of nine viruses in CryoVirusDB.

SN EMPIAR ID Virus Type
Number of

Micrographs
Micrograph

Size
Particle

Diameter (px)
Defocus

Range (μm)
Number of

Virus Particles

Average
Particles per
Micrograph

1 10192 [26] Feline calicivirus 1000 (4096, 4096) 470 −1.2 to −3.5 9660 9.66

2 11060 [27] Nudaurelia capensis
omega virus 1276 (4096, 4096) 516 −0.70 to −2.2 11,916 9.34

3 10203 [28] Macrobrachium
rosenbergii nodavirus 1000 (3838, 3710) 377 −1.0 to −2.5 16,601 16.60

4 10033 [29] Human parechovirus 3 1000 (4096, 4096) 350 −0.42 to −2.34 55,732 55.73

5 10652 [30] Coxsackievirus B4 1127 (3838, 3710) 374 −0.60 to −3.0 11,144 9.89

6 10341 [31] Bovine enterovirus 1274 (4096, 4096) 376 −0.75 to −3.5 22,694 17.81

7 10193 [26] Feline calicivirus 1000 (4096, 4096) 516 −1.2 to −3.5 96,126 96.13

8 10205 [32] Cowpea mosaic virus 1000 (4096, 4096) 310 −0.50 to −3.5 81,037 81.04

9 10555 [33] Nudaurelia capensis
omega virus 1264 (4096, 4096) 564 −0.70 to −2.7 34,488 27.28

Total 9941 339,398 34.14
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Table 2. Metrics of EM data acquisition and grid preparation used in importing micrographs for
virus particle picking.

SN EMPIAR ID Pixel Size (Å) Electron Dose (e/Å2) Detector

1 10192 1.065 63 FEI FALCON III (4k × 4k)

2 11060 1.065 46 FEI FALCON III (4k × 4k)

3 10203 1.06 36 GATAN K2 QUANTUM (4k × 4k)

4 10033 1.14 36 FEI FALCON II (4k × 4k)

5 10652 1.06 47 GATAN K2 SUMMIT (4k × 4k)

6 10341 1.065 49.5 FEI FALCON III (4k × 4k)

7 10193 1.065 63 FEI FALCON III (4k × 4k)

8 10205 1.065 67.5 FEI FALCON III (4k × 4k)

9 10555 1.0651 72 FEI FALCON III (4k × 4k)
Note: All datasets were acquired using an FEI TITAN KRIOS microscope (Thermo Fisher Scientific, Hillsboro, OR,
USA) at 300 kV acceleration voltage with 2.7 mm spherical aberration. Micrographs are in mrc format.

2. Materials and Methods

2.1. Raw Data Acquisition and Preprocessing

The cryo-EM virus micrographs and their associated metadata were downloaded
from the EMPIAR web portal [34] using Python API and FTP scripts. The comprehensive
metadata include the EMPIAR ID for each cryo-EM dataset of a virus along with the
corresponding identifiers such as Electron Microscopy Data Bank (EMDB) ID and Protein
Data Bank (PDB) ID. Additionally, the dataset size, resolution, total number of micrographs,
image specifications (size and type), pixel size, micrograph file extension, gain/motion
correction file extension (if any), FTP and Globus paths for micrograph/gain files, and
relevant publication information were recorded.

2.2. Software and Computation Tools

CryoSPARC [35] was employed for multiple stages of the particle-picking pipeline, in-
cluding motion correction, patch-based contrast transfer function (CTF) estimation, interac-
tive manual particle selection, template-based automated particle picking, two-dimensional
(2D) classification, ab initio three-dimensional (3D) reconstruction, and homogeneous re-
finement. The software’s graphical user interface facilitated visual inspection and quality
control of picked particles throughout the curation process.

For comparative validation of particle-picking quality, Topaz [22] was used as a
representative artificial intelligence (AI)-based particle-picking method. Topaz was ex-
ecuted with default parameters to provide an unbiased comparison with our manually
curated approach.

Visualization and inspection of particle stacks and 3D density maps were conducted
using UCSF ChimeraX [36]. Custom Python scripts (Python version 3.8) were developed for
automated data acquisition from the EMPIAR database, metadata management, and file for-
mat conversions. The Python function download_micrographs() can be used to download
micrographs directly from EMPIAR website, and data format conversion functionalities can
be found in convert_cs_file_to_star.py and convert_star_to_csv_file.py. Details on the usage
of these files and functions can be found at https://github.com/BioinfoMachineLearning/
CryoVirusDB (accessed on 1 December 2025).

3. Results

CryoVirusDB, a labeled dataset for AI-based training for detection of icosahedral virus
particles from cryo-EM micrographs was developed. The dataset contains the cryo-EM
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micrographs and the associated coordinate information for training and validation of the
AI models. To ensure the generalization capability of these models, we have maintained the
dataset diversity by selecting 9 representative EMPIAR virus datasets with 7 unique viruses
that encompass a broad range of particle sizes, shapes, density distributions, noise levels,
and variations in ice thickness and carbon areas. The viruses in CryoVirusDB represent
diverse taxonomic groups. Specifically, the database includes viruses from three families
within the Order Picornavirales: Caliciviridae (Feline calicivirus), Picornaviridae (Human
parechovirus 3, Coxsackievirus B4, and Bovine enterovirus), and Secoviridae (Cowpea
mosaic virus). Additionally, it includes Nudaurelia capensis omega virus from the family
Alphatetraviridae (Order Hepelivirales), and Macrobrachium rosenbergii nodavirus from
the family Sarthroviridae (unassigned order) [37]. The database encompasses viruses that
infect diverse hosts across multiple kingdoms, including humans (Human parechovirus 3,
Coxsackievirus B4), animals (Bovine enterovirus, Feline calicivirus), arthropods (Nudau-
relia capensis omega virus, Macrobrachium rosenbergii nodavirus), and plants (Cowpea
mosaic virus), demonstrating the broad ecological and biological relevance of CryoVirusDB.

3.1. Particle-Picking Workflow
3.1.1. Micrograph Import

For each EMPIAR virus dataset, cryo-EM micrographs were imported into CryoSPARC
using the corresponding microscopy parameters obtained from the EMPIAR metadata.
Essential acquisition parameters including pixel size (Å), accelerating voltage (kV), spheri-
cal aberration coefficient (mm), and total electron dose (e/Å2) were specified during the
import process to ensure accurate downstream processing. The complete set of imaging
parameters for all nine datasets is provided in Table 2.

3.1.2. Motion Correction and Patch-Based CTF Estimation of Micrographs

In our study, we used motion-corrected micrographs in CryoSPARC [35] for
patch-based Contrast Transfer Function (CTF) estimation. Since CTF functions can vary
substantially among micrographs and cannot be precisely predefined, accurately identify-
ing CTF parameters for each micrograph is crucial. This precision is necessary for proper
corrections and achieving high-resolution 3D reconstructions. Two stages (estimating the
CTF and correcting it) were applied to the CTF analysis.

We employed the patch-based CTF tool in CryoSPARC to generate output micrographs
containing information about their average defocus and the defocus landscape. Upon
particle extraction, this information was automatically used to allocate a local defocus value
to each particle based on its position in the landscape. The one-dimensional search across
defocus values for a micrograph is shown in Figure 3A and Thon rings in the power spectra
of images are shown in Figure 3B.

The plot in Figure 3C serves primarily as a verification for the successful execution
of background subtraction and envelope function fitting. The X-axis represents frequency
in inverse angstroms. The radially averaged power spectrum is depicted in black, where
high values correspond to the bright portions of the Thon rings and low values to the dark
regions. The orange curve represents the envelope function, aiming to model the expected
falloff of Thon rings up to the Nyquist resolution, accounting for aberrations. Lastly, the
fitted Contrast Transfer Function (CTF), scaled by the envelope function, is presented in
blue. This oscillating plot is crucial for confirming the proper execution of background
subtraction and envelope-fitting procedures. In the plot in Figure 3D, we assessed the
background strength (depicted by the black line) within the area where thicker ice leads to
an augmented background referred to as relative ice thickness.
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Figure 3. Diagnostic plots of CTF for EMPIAR 11060. (A) 1D search over varying defocus values.
(B) Thon rings visible in the Fourier transform. (C) Fitted envelope function diagnostic plot. (D) Power
spectrum showing the relative ice thickness. (E) 2D Patch result. (F) CTF fit plot. The frequency,
measured in inverse angstroms (Å−1), is represented on the X-axis, while the correlation metric
between the power spectrum (PS) and CTF value is shown on the Y-axis. The black line corresponds
to the observed experimental power spectrum, the red line represents the calculated CTF, and the
cyan line indicates the cross-correlation (FIT).

The 3D surface plot (Figure 3E) shows the local defocus estimated throughout the
micrograph. The surface plot in blue illustrates the defocus that has been fitted for each
position along the micrograph. The x- and y-coordinates align with the micrograph’s
coordinates, while the z-coordinate represents the defocus values. The X, Y, and Z axes
are all expressed in Angstrom. The CTF fit plot, illustrated in Figure 3F, depicts the
alignment between the simulated and observed Thon rings in the micrograph, accounting
for variations in defocus and astigmatism. The cyan curve indicates the cross-correlation fit
level. The CTF fit resolution (3.749 angstroms) is the resolution at which this value drops
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below a threshold. The vertical green line in the plot signifies the frequency at which the fit
deviates from the cross-correlation threshold of 0.3, indicating a successful fit.

3.1.3. Manual Particle Picking and 2D Class Formation

Following the CTF estimation, we manually identified and selected true virus particles
interactively from aligned and motion-corrected micrographs with the aim of generating
some particle templates. We specify the particle diameter based on the virus particles’ size
and shape. Picking particles directly from raw noisy micrographs is challenging (Figure 4A).
So, we adjusted the ‘Contrast Intensity Override’ using a low-pass filter while inspecting
micrographs to achieve the most distinct view for particle selection (Figure 4B). Figure 4C
shows the picked particles for subsequent 2D alignment steps.

Figure 4. The manual picking process. (A) Raw micrograph obtained from EMPIAR. (B) Preprocessed
micrograph with low-pass filter: 28 A to ease particle recognition and picking. (C) Manually picked
true virus particle encircled in yellow, carbon region colored in red, ice patches and artifacts noted by
white arrows, and cut particles in edges colored in blue.

Manually selecting particles from raw micrographs with smaller defocus values
proved to be quite challenging. To create a comprehensive set of ground-truth templates
covering a broad range of defocus values, we manually picked particles from numerous
micrographs exhibiting diverse defocus and CTF fit values. Given the time-intensive nature
of manual picking, we chose a small subset of micrographs (around 15% of the micro-
graphs) specifically for generating templates. The detailed information about the manually
picked particles and the micrographs considered for the manual picking can be found in
Supplementary Table S1.

After manually picking the virus particles, the coordinates of particle centers and the
designated box size were used to extract particles from the original micrographs. During
this process, the box size was defined to provide ample padding, usually ranging from
25% to 50% extra space around the particles. The manually selected particles underwent
a 2D classification step, where we categorized and chose the most favorable classes. This
classification step organized particles into distinct 2D classes, streamlining the cleaning of
the particle stack and removal of undesirable particles. Finally, we assessed the quality of
the particles and eliminated classes containing unwanted particles. The remaining particle
classes were used by the template-based picking for the identification of high-quality
particle classes.
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3.1.4. Template-Based Picking

After exporting the optimal particle classes, we employed templates created in the
‘2D Class Formation’ step in CryoSPARC. We followed an iterative approach, wherein
the output from ‘template-based picking and inspection’ was once again utilized in the
‘2D Class Formation’ step to select only the high-quality 2D particles, discarding the
false positives. This cycle was repeated until we obtained high-resolution particles that
encompassed all possible viewing directions of the virus particle.

Using CryoSPARC’s Template Picker job, we employed the high-resolution templates
to precisely pick virus particles that aligned with the geometry of the target structure. We
set specific constraints, such as the particle diameter in angstrom and a minimum distance
between the particles for generating templates based on the SK97 sampling algorithm [38].

3.1.5. Manual Particle Inspection and Extraction

The acquired particles above underwent manual inspection, in which we scrutinized
and refined the picked particles using different thresholds. In CryoSPARC, we fine-tuned
parameters such as the low-pass filter, normalized cross-correlation (NCC), and power
threshold (Figure 5A) to eliminate false positives. The 2D colored histogram plots were em-
ployed to carefully analyze the median pick scores of micrographs against defocus, aiding
in the extraction of coordinates for high-quality virus particles as depicted in Figure 5B.

Figure 5. Particle quality inspection. (A) Particle filtration achieved by manipulating the NCC
score on the X-axis and local power score on the Y-axis for EMPIAR 11060. (B) High-quality true
virus particles (depicted by green circles) chosen through the template-based picking process and
eliminated radiation-damaged, cut, and false-positive particles, represented by red cross markers.

Ultimately, we applied a 2D classification step to perform a final examination of
the selected particles. The Select 2D job categorized particles into various 2D classes
(usually 50 in our case), aiding in stack cleaning and the elimination of undesired particles.
This process is valuable not only for assessing particle quality before entering the 3D
reconstruction phase but also for qualitatively exploring the distribution of views within
the dataset. Following 2D classification, certain classes are identified as “junk” classes,
representing non-particle images, ice crystals, or instances of two particles being conjoined.

https://doi.org/10.3390/fluids10110297161



Viruses 2026, 18, 224

Consequently, we filtered out the particles associated with these “junk” classes from the
picked particles. More information about the overall intermediate metadata and the final
set of true virus particles can be found in Supplementary Table S1.

These final true particles were exported in the form of particle stacks and star files,
which include a lot of information about the particles in micrographs such as the X-
coordinate, Y-coordinate, Angle-Psi, Origin X (Ang), Origin Y (Ang), Defocus U, Defocus V,
Defocus Angle, Phase Shift, CTF B Factor, Optics Group, and Class Number. The star files
are the widely accepted file format in cryo-EM processing software. These star files are also
converted to csv files which are easy to use in python scripts and contain the necessary
coordinates for generating ground truth labels while training and validating the machine
learning models.

3.2. Data Organization of CryoVirusDB

CryoVirusDB includes 9 virus subsets (each including approximately 1100 cryo-EM
micrographs) along with the labeled coordinates of the virus particles in the micrographs.
The total size of the CryoVirusDB database is 634 GB. The organizational structure of the
directories of CryoVirusDB is depicted in Figure 6.

Figure 6. The directory structure of CryoVirusDB. The numbers in the blocks on the left side are the
respective EMPIAR IDs.

3.3. Data Validation

For training machine learning models, high-quality curated data is essential. Following
the data validation practices established in CryoPPP [4], we validated the quality of picked
particles through both 2D classification analysis and 3D reconstruction methods. This
comprehensive validation approach ensures that the particle coordinates in CryoVirusDB
meet the stringent quality standards required for developing robust AI-based particle-
picking algorithms.
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3.3.1. 2D Particle Class Validation

We compared our picked virus particles with a popular AI-based particle-picking
method, Topaz [22], considering factors such as the total number of classes, number of
picked particles, 2D resolution, and visual orientation. Our manually picked particles have
a better 2D class resolution than Topaz. It is noteworthy that a higher particle count alone
does not ensure higher resolution. Instead, selecting a substantial number of high-quality
particles across a broad angular distribution is crucial for achieving both high 2D and 3D
resolution. The 2D class comparisons for two databases, EMPIAR 10205 and EMPIAR
10193 (each containing 1000 micrographs), are shown in Table 3 and Figure 7. In both cases,
Topaz picked many more particles than CryoVirusDB but it had a worse weighted average
resolution of 2D classes. The weighted average resolution of 2D classes is calculated by
multiplying each class’s resolution by its particle count, summing these products, and
dividing by the total number of particles across all classes.

Table 3. 2D classification result comparison for EMPIAR 10205 and EMPIAR 10193.

EMPIAR 10205

2D Particle Class Statistics
(Topaz)

2D Particle Class Statistics
(CryoVirusDB)

Number of Picked Particles 155,953 81,037

Weighted Average Resolution
of 2D classes (N = 50) 9.41 Å 6.59 Å

Weighted Average Resolution
of 2D classes (N = 10) 13.42 Å 10.96 Å

EMPIAR 10193

2D Particle Class Statistics
(Topaz)

2D Particle Class Statistics
(CryoVirusDB)

Number of Picked Particles 239,852 96,126

Weighted Average Resolution
of 2D classes (N = 50) 18.52 Å 15.02 Å

Weighted Average Resolution
of 2D classes (N = 10) 23.68 Å 21.72 Å

We also assessed the density projections derived from the intermediate output during
the ab initio reconstruction phase, as depicted at the bottom of each block in Figure 7.
The plot illustrates the integrated density values along the perpendicular direction to that
plane. The heatmap’s color scheme represents scalar density values at each pixel, with the
intensity of color indicating the magnitude of density. This indicates the high quality of the
virus particles in CryoVirusDB.

3.3.2. 3D Density Map Validation

We reconstructed 3D density maps from the particles in CryoVirusDB and from those
picked by Topaz for two datasets, EMPIAR 10205 and EMPIAR 10193, each comprising
1000 micrographs. The ab initio density map reconstruction and homogenous refinement
were carried out in CryoSPARC using the generated star files that included the selected
particles. To ensure an unbiased evaluation, we repeated the ab initio 3D reconstruction
experiment with three distinct random seeds for each method.

Figure 8 presents a comparison of the resolution and distribution direction of the
reconstructed 3D density maps. The Fourier Shell Correlation (FSC) plots include a ‘loose
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mask’ curve that utilizes an automatically generated mask with a 15 Å falloff, and a ‘tight
mask’ curve that employs an auto-generated mask with a falloff of 6 Å for all FSC plots.

Figure 7. The comparison of 2D particle classification and density projections from the intermediate
output of the ab initio reconstruction phase for EMPIAR 10205 and EMPIAR 10193. For each EMPIAR
ID, the 2D classes are visualized at the top and the density projects are visualized at the bottom. The
color scheme in the heatmap corresponds to the scalar density values at each pixel.

In the case of EMPIAR 10205, Topaz picked around 75,000 more particles compared to
our manual picking. Despite this, the density map reconstructed from particles selected by
CryoVirusDB achieved a resolution of 4.34 Å, substantially better than Topaz’s resolution of
6.48 Å. This indicates the high quality of the picked particles in CryoVirusDB. For EMPIAR
10193, the resolution of CryoVirusDB is 5.16 Å, also better than 5.74 Å of Topaz.

The heightened intensity of the red color in the direction distribution shown in the
lower section of each block in Figure 8 corresponds to an increased number of particles in
the elevation vs. azimuth plots. CryoVirusDB demonstrated superior particle picking by
capturing a substantial number of particles with a wide angular distribution, evident in the
red coloration on the heatmap for both validation cases.
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The detailed comparison of the 3D density map reconstruction of three trials for
CryoVirusDB and Topaz is provided in Table 4. The density maps constructed from the
labeled particles in CryoVirusDB consistently exhibit a higher quality than Topaz in terms
of multiple resolution metrics, even though the number of particles in CryoVirusDB is
much smaller than the number of particles picked by Topaz, indicating that Topaz may
pick some false positives and/or miss some true positives representing different views.

 

Figure 8. The comparison of reconstructed 3D density map resolution and direction distribution
obtained by Topaz and CryoVirusDB on EMPIAR 10205 and EMPIAR 10193.
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3.4. Machine Learning Workflows with CryoVirusDB
3.4.1. Denoising and Preprocessing Cryo-EM Micrographs

Micrographs in mrc format (micrographs directory) serve as input for AI models. To
enhance signal-to-noise ratio, we recommend applying Gaussian filters for noise reduction.
Standard normalization procedures should be applied to ensure consistent intensity distri-
butions across micrographs using the formula [pixel = (pixel − μ)/σ], where pixel intensity
is normalized relative to the mean (μ) and standard deviation (σ).

Table 4. 3D density map result comparison for EMPIAR 10205 and EMPIAR 10193. Bold fonts
highlight the resolution of the best of the three trials for each method.

EMPIAR 10205

3D Density Map Statistics
(Topaz)

3D Density Map Statistics
(CryoVirusDB)

Number of Picked Particles 155,953 81,037

GSFSC Resolution (Å)
Trial 1 Trial 2 Trial 3 Trial 1 Trial 2 Trial 3

6.97 6.59 6.48 4.34 4.40 4.47

No Mask Resolution (Å) 9.3 9.5 9.2 7.9 8.8 8.1

Loose Mask Resolution (Å) 7.7 7.2 7.3 5.7 7.1 6.3

Tight Mask Resolution (Å) 6.8 6.6 6.5 4.3 4.5 4.4

Corrected Mask Resolution (Å) 7 6.6 6.5 4.3 4.4 4.5

EMPIAR 10193

3D Density Map Statistics
(Topaz)

3D Density Map Statistics
(CryoVirusDB)

Number of Picked Particles 239,852 96,126

GSFSC Resolution (Å)
Trial 1 Trial 2 Trial 3 Trial 1 Trial 2 Trial 3

5.86 5.74 5.82 5.16 5.22 5.18

No Mask Resolution (Å) 12 13 11 12 9.4 9.1

Loose Mask Resolution (Å) 5.9 6.1 5.8 5.3 5.8 5.5

Tight Mask Resolution (Å) 5.8 5.8 5.7 5.2 5.2 5.2

Corrected Mask Resolution (Å) 5.9 5.7 5.6 5.2 5.2 5.3

Subsequently, normalized micrographs should be converted to 8-bit grayscale, col-
lapsing multi-channel intensity information into a single channel. This standardizes pixel
values to a 0–255 range and reduces input size, minimizing computational load during
model training. Various filtering and contrast enhancement techniques can be employed to
further improve image quality. The preprocessing pipeline for denoising micrographs can
be adapted from established resources [20,24,39].

3.4.2. Generating Labels for Input Micrographs

The dataset includes expert-annotated particle coordinates within cryo-EM micro-
graphs (ground_truth/particle_coordinates.csv). After preprocessing, corresponding labels
must be generated for supervised learning using one of two widely adopted methods. First,
coordinates can be stored in Common Objects in Context (COCO) format [40], a standard for
object detection that structures labels and metadata in JSON format, enabling annotation of
multiple particles within a single micrograph with category labels, bounding boxes, areas,
micrograph references, and unique particle IDs (see Section 2.1.3 of CryoTransformer [20]).
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Alternatively, ground-truth segmentation masks can be generated from CSV coordinate
data containing particle centers and diameters, serving as target labels during training
for pixel-wise comparison between predicted and ground-truth masks for loss calculation,
which is particularly effective for semantic segmentation tasks (refer to CryoSegNet [24]
for detailed methodology).

3.4.3. Machine Learning Model Development: Inputs and Expected Outputs

Supervised machine learning models—including convolutional neural networks
(CNNs), transformers, artificial neural networks (ANNs), or segmentation models—can
be designed to accurately predict bounding boxes of virus particles within cryo-EM mi-
crographs while minimizing false positives. The input layer receives preprocessed micro-
graphs, while the output layer predicts particle coordinates (X, Y).

These predicted coordinates are then used to generate .star files, which can be im-
ported into widely used cryo-EM processing software packages such as CryoSPARC [35] or
RELION [17] for further analysis and refinement.

4. Discussion and Conclusions

Here, we present a comprehensive dataset, CryoVirusDB, which offers researchers a
rich dataset for training and testing AI and machine learning algorithms for virus particle
identification from cryo-EM micrographs. With nearly 10,000 high-resolution cryo-EM
micrographs and over 330,000 labeled virus particles spanning 9 datasets from 7 distinct
non-enveloped icosahedral viruses, this database facilitates 3D reconstruction of virus
structures from 2D particles, which is crucial for understanding viral structural mechanisms
and developing targeted therapeutics.

CryoVirusDB uses curated subsets (around 1000 micrographs per EMPIAR ID) rather
than complete datasets to balance computational feasibility with high-quality ground truth
generation. While this reduces final map resolution compared to full-dataset reconstruc-
tions (4.3 Å vs. 2.7 Å for EMPIAR-10205 and 5.2 Å vs. 3.8 Å for EMPIAR-10193), our
validation shows that manually curated particles consistently outperform automated picks
(Topaz) at equivalent particle counts. This demonstrates that CryoVirusDB’s primary
goal—providing superior training data for AI models—is achieved despite lower absolute
resolution. Researchers can leverage models trained on our high-quality subsets to analyze
complete datasets for maximum resolution.

While CryoVirusDB focuses on non-enveloped icosahedral viruses, the deep learning
models trained on this dataset can potentially be extended to enveloped viruses through
transfer learning approaches. Enveloped viruses such as influenza and SARS-CoV-2 present
distinct challenges including pleomorphic morphology, ambiguous membrane boundaries,
and flexible spike proteins. However, models pre-trained on CryoVirusDB capture funda-
mental cryo-EM image features—noise patterns, defocus variations, edge characteristics,
and contamination signatures—that are independent of specific particle morphologies.
These learned representations can be leveraged through fine-tuning on smaller annotated
datasets of enveloped viruses. This transfer learning strategy would require substantially
less manual annotation effort compared to training models from scratch, while enabling
AI-based pickers to generalize across diverse viral architectures and advancing automated
particle identification throughout structural virology.

Supplementary Materials: The following supporting information can be downloaded at https:
//www.mdpi.com/article/10.3390/fluids10110297/s1. Table S1: Intermediate metadata associated
with various steps of data curation.
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ML Machine Learning
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EMDB Electron Microscopy Data Bank
EMPIAR Electron Microscopy Public Image Archive
FSC Fourier Shell Correlation
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PDB Protein Data Bank
PS Power Spectrum
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