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Preface

Enzymes represent the most sophisticated biological catalysts found in nature, driving essential

biochemical reactions with unparalleled specificity and efficiency, and are present in all domains of

life. By reducing the activation energy of chemical transformations, these biocatalysts enable life to

exist within precise homeostatic boundaries. In the contemporary era of biotechnology, there has been

a shift in focus towards utilizing these natural tools for industrial, pharmaceutical and environmental

applications, resulting in the development of a bio-based economy.

This Reprint of the Special Issue “The Characterization and Application of Enzymes in

Bioprocesses” provides a thorough examination of the multidisciplinary strategies combining

biochemistry, structural biology, and genetic engineering, necessary to adapt these biological molecules

for the rigors of industrial implementation.

The main motivations behind this scientific collection span the following: the urgent need for

sustainable and cost-effective alternatives to traditional chemical catalysts; the fundamental role of

enzymes in environmental remediation, the agri-food industry and food processing, as well as in

the pharmaceutical and medical sectors; and a deeper understanding of the molecular and kinetic

mechanisms of action of these biological molecules. This Reprint brings together a series of original

research articles and review papers that highlight the integration of the fundamental molecular

characterization of biocatalysts, the cornerstones of modern biotechnology, with their potential and

effective applications across a wide range of processes.

This Special Issue aims to encourage reflection on how to realize the enormous potential of

biocatalysts in line with societal priorities, scientific capabilities and broader environmental protection

objectives. This will lead to decisive green transitions in future industrial processes. Furthermore,

interdisciplinary collaboration must be fostered, integrated methodological approaches adopted,

and constant dialogue between researchers and policymakers encouraged. The circular bioeconomy

approach undoubtedly represents the way forward.

Through the collective insights of its contributors, this issue aims to bridge the gap between

fundamental molecular characterization and the practical demands of industrial scalability. We would

like to express our gratitude to all the authors whose innovative work has made this collection a

significant contribution to the field of modern enzymology.

I would also like to thank the editorial and administrative staff for their constant support

throughout the production of this Special Issue, particularly Ms. Amor Lv, Section Managing Editor,

whose professionalism and support were instrumental in bringing it to fruition.

Loredana Marcolongo

Guest Editor
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Editorial

Special Issue “The Characterization and Application of Enzymes
in Bioprocesses”

Loredana Marcolongo

Research Institute on Terrestrial Ecosystems (IRET), National Research Council of Italy (CNR),
Via Pietro Castellino 111, 80131 Naples, Italy; loredana.marcolongo@cnr.it

Enzymes are highly efficient biological catalysts that accelerate biochemical reactions
in animals, plants and microorganisms without being consumed in the process. The
unique feature of these biocatalysts is that they act with a high degree of specificity and
efficiency, typically converting a single type of substrate (or at most a range of similar types)
into product molecules by reducing the activation energy required for the reaction [1].
Cellular metabolism synthesises macromolecules through sequential enzymatic reactions
via various distinct metabolic pathways. Each pathway comprises several stages, with
specialised enzymes catalysing individual transformations of substrates (S) into products.
Enzymatic specificity arises from evolutionarily refined active sites that bind and orient
specific substrates, enabling highly efficient catalysis with minimal errors. The absence
or limitation of a specific enzyme halts the flow of the pathway, often proving fatal to the
cell [2].

The term ‘enzyme’ was coined in 1877 by Wilhelm Kühne, describing the ability of
yeast to hydrolyse starch into glucose, and it is derived from the Greek words en (meaning
‘within’) and zume (meaning ‘yeast’). Almost a century of further research was needed
to confirm that enzymes are proteins. In recent years, it has been shown that certain
chemical reactions can be carried out by RNA molecules, known as ribozymes [3]. Victor
Henri was the first to formalise enzyme kinetics, proposing the reversible formation of
an enzyme–substrate (E-S) complex prior to catalysis, with the maximum reaction rate
denoted as V(max). This was in response to the need to describe enzymatic activity in
standard units that could be measured, so that different enzymes could be compared based
on their rate and ability to bind to their substrates. This conceptual framework forms the
basis of modern enzymology, emphasising substrate specificity, catalytic efficiency, and the
interdependence of metabolic pathways in cellular homeostasis [4].

Thanks to their exceptional properties, enzymes play a crucial role in numerous bio-
processes. This is a key sector of biotechnology which uses living organisms and their
enzymes to obtain a variety of products. They are essential for industry; unlike traditional
chemical catalysts, biocatalysts significantly accelerate reactions under several conditions,
demonstrate excellent substrate specificity to minimise by-products, and improve prod-
uct quality. Biocatalysts also remain unchanged after the reaction, minimising energy
consumption and making them sustainable and environmentally friendly alternatives [5].

In recent decades, there has been a surge in enzyme research, driven by advances
in genomics, protein engineering, and synthetic biology. Enzymes are versatile and are
used in many sectors (Figure 1), including agro-industry, detergents and textiles, medicine,
pharmaceuticals, diagnostics and analytical devices, and the environmental sector for
the production of biofuels, biomaterials, and bioremediation [6]. However, practical
applications require ‘enhanced’ enzymes that are more stable at high temperatures, tolerant
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of organic solvents, and scalable to industrial volumes, in order to withstand with extreme
process conditions.

 

Figure 1. Examples of enzymatic sources and their potential applications in biotechnology. This
figure was created with Motifolio (www.motifolio.com).

To realise their full potential, enzymes undergo in-depth characterisation using tools
from physical chemistry, structural biology and computational modelling. Multidisci-
plinary approaches combine these tools with genetic engineering, directed evolution or
rational design to optimise enzyme activity, stability and specificity. Numerous studies
are also aimed at improving immobilisation techniques and researching nanozymes—a
new class of nanomaterials with characteristics similar to enzymes—which offer greater
stability and lower costs for specific applications [7].

The Special Issue “The Characterisation and Application of Enzymes in Bioprocesses”
in the International Journal of Molecular Science comprises two review articles and seven
original research papers that provide significant insights into the field of enzymes and
biocatalysts, as well as the progress made in their study and application.

In the first contribution, Salas-Garrucho et al. (Contribution 1) characterised a novel
histidine ammonia-lyase (HAL) from the thermophilic bacterium Geobacillus kaustophilus
(GkHAL), alongside eight active site mutants. HAL is an enzyme essential for the non-
oxidative deamination of L-histidine to produce trans-urocanic acid, which plays a crucial
role in amino acid metabolism. Mutational analysis has enabled the establishment of
the structure–function relationship within GkHAL, identifying the residues essential for
catalytic activity. These findings contribute to highlight their potential for industrial
applications, particularly in environments requiring high thermal stability.

In their work, Monterrey et al. (Contribution 2) investigated Burkholderia cenocepacia,
an opportunistic pathogen associated with cystic fibrosis, that exhibits elevated intracel-
lular polyphosphate (polyP) accumulation, suggesting polyP metabolism as a target for
novel biocatalysts. They characterised the polyphosphate kinase 2-III (BcPPK2-III) and
the recombinant enzyme was structurally validated. Biochemical assays demonstrated
that BcPPK2-III catalyses ATP synthesis from AMP using polyP. The enzyme exhibits

https://doi.org/10.3390/ijms27125218
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broad divalent cation dependence, and kinetic analysis confirmed a stepwise sequential
diphosphorylation mechanism, with ADP as an intermediate, also showing high thermo
and pH stability. These characteristics make BcPPK2-III a promising candidate for ATP
regeneration in biocatalytic processes, enabling cost-effective and scalable applications to
be carried out under particularly challenging industrial conditions.

The development of improved cellulase-based bioprocesses, with enhanced enzyme
production efficiency in industrial applications, was investigated in the original paper
of Myeong et al. (Contribution 3). In this study, they optimised carbon source composi-
tion, agitation speed, and turbulence for enhanced cellulase production by Trichoderma sp.
KMF006 in submerged fermentation (SmF), evaluating flask-scale parameters and bioreac-
tor scale-up feasibility. The results provide a foundation for hydrodynamic optimisation in
industrial SmF, highlighting the importance of balanced aeration, substrate accessibility
and shear stress. A cellulolytic enzyme was also studied by Zuo et al. (Contribution
4), who enhanced the catalytic activity and stability of Oenococcus oeni β-glucosidase via
site-directed mutagenesis targeting key residues in the catalytic pocket, yielding dominant
mutants III and IV. Compared to the wild-type, mutants exhibited higher activity, improved
thermal stability, and increased substrate affinity, with greater tolerance to low pH. Molecu-
lar docking revealed that hydrogen bonding and π–π interactions were the primary drivers
of the enhanced binding of the enzyme to its substrate. These modifications expand the
industrial applications of O. oeni β-glucosidase, particularly in enhancing the flavour of
food and wine via glycoside hydrolysis, providing a foundation for enzyme engineering.

Gavrilova et al. (Contribution 5) explored the molecular functions of organelle-
localised RNase H1. R-loops are three-stranded nucleic acid structures implicated in
genome regulation/stabilisation and RNase H1 (RNH1) resolves R-loops and maintains
genome stability in eukaryotic cells. RNH1C is essential for chloroplast development
in Arabidopsis thaliana (AtRNH1C). The study characterised recombinant AtRNH1C in
relation to R-loops of various structures using synthetic substrates, demonstrating that
AtRNH1C cuts RNA within DNA/RNA hybrids, elucidating the molecular mechanism of
a plant organelle-specific RNase H1. The work reveals the kinetic/mechanistic principles
underlying the degradation of R-loops by RNase H1 enzymes, highlighting AtRNH1C’s
specific adaptation to maintain homeostasis in the chloroplast environment. Another orig-
inal paper by Bodakowska-Boczniewicz and Garncarek (Contribution 6) focuses on the
characterisation of an enzyme complex. The study investigated the effect of immobilising
naringinase on the optimal activity parameters of its subunits. Naringinase from Aspergillus
niger KMS was adsorbed onto a carob gum support activated with polyethyleneimine. The
two naringinase subunits, α-L-rhamnosidase and β-D-glucosidase, were characterised in
various forms: free; immobilised on a magnetic polysaccharide carrier; and cross-linked
with dextran aldehyde. The characterisation of the immobilisation of the two subunits is
essential for their application, as it enables the targeted deglycosylation of flavonoids. This
increases their bioavailability and antioxidant capacity, which are useful properties for food
processing applications.

An interesting study by Tarara et al. (Contribution 7) demonstrates the biodegradation
of UV-treated low-density polyethylene (LDPE) by a soil-derived bacterial consortium
comprising Pseudomonas and Bacillus species. Over 30 days, the consortium achieved
7% mass loss for PE film and 13% for PE powder when these were used as the sole car-
bon sources. The analysis revealed surface oxidation and degradation products while
metagenomic analysis identified an upregulation of a cytochrome P450 reductase from
the Bacillus thuringiensis 9.1 strain, and the purified enzyme was found to modify the PE
surface via oxidation. These findings elucidate the mechanisms by which the consortium
synergistically degrades PE, highlighting bioremediation strategies for recalcitrant plastic

https://doi.org/10.3390/ijms27125218
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waste. In the field of plastic waste degradation, the review by Ogunlusi et al. (Contribution
8) summarises the latest developments in the discovery, engineering and heterologous
expression of Ideonella sakaiensis PETase and its homologues for polyethylene terephthalate
(PET) biodegradation. This addresses the environmental crisis posed by persistent PET
plastics. Key innovations include in silico/AI-driven enzyme screening, high-throughput
assays and optimisation strategies for expression to boost secretion, solubility and yield
across various microbial hosts. While laboratory successes demonstrate enhanced PET hy-
drolysis, persistent challenges include limitations of industrial-scale fermentation, stability
of the enzymes under process conditions and integration into waste infrastructures. Future
research will overcome these challenges in order to enable cost-effective and scalable PET
recycling and bioremediation.

Leontakianakou et al. (Contribution 9) explored the potential of ferulic acid esterases
(FAEs). These serine hydrolases act as debranching enzymes and cleave the ester bonds
between ferulic acid and polysaccharides, facilitating biomass degradation via synergy
with other CAZymes and enabling conversion of agricultural residues to fermentable
sugars for biofuels and chemicals. The review provided an interesting and detailed account
of the natural occurrence, forms and cross-linking mechanisms of FAEs, their classifi-
cation systems and substrate specificities, their detection methods, and their versatile
applications, including antioxidant, anti-inflammatory, anti-tumour and photoprotective
properties in pharmaceutical and cosmetic products; use as vanillin precursors in food
products; and synthesis of biopolymers. The biosynthetic potential of FAEs in non-aqueous
(trans)esterification processes highlights opportunities for industrial exploitation and un-
derscores the need for further advanced studies on the structure–function relationship.

This Special Issue features a diverse collection of articles that enhance our understand-
ing of the potential of enzymatic biocatalysts across various sectors, including pharmaceu-
ticals, food production, agriculture, environmental remediation, and bio-based manufac-
turing. Consequently, detailed characterisation and application of enzymes are essential to
fully harness their potential as sustainable and versatile catalysts in modern bioprocesses.
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Characterisation and Application of Enzymes in Bioprocesses.
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Abstract: Histidine ammonia-lyase (HAL) plays a pivotal role in the non-oxidative deamination
of L-histidine to produce trans-urocanic, a crucial process in amino acid metabolism. This study
examines the cloning, purification, and biochemical characterization of a novel HAL from Geobacillus
kaustophilus (GkHAL) and eight active site mutants to assess their effects on substrate binding, cataly-
sis, thermostability, and secondary structure. The GkHAL enzyme was successfully overexpressed
and purified to homogeneity. Its primary sequence displayed 40.7% to 43.7% similarity with other
known HALs and shared the same oligomeric structure in solution. Kinetic assays showed that
GkHAL has optimal activity at 85 ◦C and pH 8.5, with high thermal stability even after preincubation
at high temperatures. Mutations at Y52, H82, N194, and E411 resulted in a complete loss of catalytic
activity, underscoring their essential role in enzyme function, while mutations at residues Q274,
R280, and F325 did not abolish activity but did reduce catalytic efficiency. Notably, mutants R280K
and F325Y displayed novel activity with L-histidinamide, expanding the substrate specificity of
HAL enzymes. Circular dichroism (CD) analysis showed minor secondary structure changes in the
mutants but no significant effect on global GkHAL folding. These findings suggest that GkHAL could
be a promising candidate for potential biotechnological applications.

Keywords: histidine ammonia-lyase; enzymatic kinetics; thermostability; thermal inactivation;
circular dichroism

1. Introduction

The ammonia-lyase family encompasses a group of homologous enzymes in the
degradation of amino acids via deamination. In contrast to the usual oxidative deamination
catabolic route, ammonia-lyase enzymes carry out a non-oxidative deamination of the
α-amino group via elimination of a non-acidic β hydrogen, giving the correspondent
acids [1,2]. Within the family, some of the most representative and studied enzymes are
phenylalanine ammonia-lyases (PALs; EC 4.3.1.5), histidine ammonia-lyases (HALs; EC
4.3.1.3), aspartate ammonia-lyases (AALs; EC 4.3.1.2), and tyrosine ammonia-lyases (TALs;
EC 4.3.1.23) [3,4]. Over the years, it was thought that this group was characterized by a
catalytical essential dehydroalanine site [5–7]. However, more recent studies demonstrate a
common characteristic active site containing 3.5-dihydro-5-methylene-4H-imidazole-4-one,
known as the MIO catalytic cofactor [8–10]. This highly electrophilic moiety is formed
post-translationally and autocatalytically from the Ala-Ser-Gly sequence [2,4].

The enzymes characterized in this study are the wild-type HAL and three mutant
variants. HAL, considered a universal enzyme, is supposed to be the first enzyme and prin-
cipal regulator of the non-oxidative degradation pathway of L-histidine amino acid [11,12].
HAL carries the degradation of L-histidine to form the α,β-unsaturated trans-urocanate
and releases ammonia [3,4,8,12]. The reaction mechanism is proposed to be following a
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Friedel-Crafts attack [2,3,13,14]. In this mechanism, the electron pair from the imidazole of
(S)-His attacks MIO, leading to the formation of a cation on this imidazole ring, which in
turn acidifies the hydrogen atom at the β-position of (S)-His. Afterwards, the enzyme’s
basic group abstracts the β-proton, resulting in the formation of urocanate and the elimina-
tion of ammonia, thereby regenerating the electrophilic group. Other analogous enzyme
mechanisms have been extensively studied. For example, PAL and AAL demonstrate a
comparable non-oxidative reaction involving their respective substrates, leading to the
formation of trans unsaturated carboxylic acid through a shared Friedel–Crafts mecha-
nism [10,13,15,16]. Regarding the substrate specificity of aromatic ammonia-lyases, it has
been demonstrated that it is limited to the individual aromatic amino acids: L-histidine,
L-phenylalanine, and L-tyrosine. Despite a single, unconfirmed report of a tryptophan
ammonia-lyase [17], naturally occurring MIO-dependent enzymes with alternative speci-
ficities remain undiscovered.

Even though HAL shares the same catalytic moiety as other enzymes of the fam-
ily (PAL, TAL, and AAL), it is only active within a narrow substrate range, specifically
2 and 4-fluoro-L-histidine [18], 4-nitro-L-histidine [19], L-histidine methyl ester [20], L-
histidine [13,19,20], and Nτ-methylhistidine [21]. It was observed that zinc increases the
activity of HAL from Pseudomonas putida (PpuHAL) during L-histidine degradation [20,22].
Such metal activation could be explained by assuming its interaction with H83 and the
substrate histidine [23]. However, in the X-ray crystal structure of PpuHAL, no Zn2+ ion is
observed [24].

HAL is fairly ubiquitous in nature, being present in a wide range of organisms,
from bacteria to humans, spanning through plant and animal species. HAL has been
isolated from several biological sources, and the sequence and functional overexpression
of the gene hutH have been reported [9,20,24–29]. The crystal and active site structures of
these enzymes have been previously studied [24–29]. Based on the eight reported crystal
structures, the HAL structures are homotetramers with four identical active sites formed
by amino acids from three distinct monomers.

Histidine is one of the nine essential amino acids crucial for the metabolism of most
animals, necessitating its acquisition through the diet. In mammals, a lack or defect of HAL
can lead to diseases such as histidinemia, a genetic metabolic disorder characterized by ele-
vated levels of the amino acid histidine in the human body, and low levels of urocanic acid,
which serves as a UV protector in the skin [30]. However, in most bacteria, it only blocks
the histidine utilization route, which is not lethal. The pathway of histidine catabolism is
highly conserved among bacteria, enabling cells to utilize this amino acid as a source of
carbon, energy, and nitrogen [12]. HAL enzymes have been extensively studied in several
bacterial genera, including Pseudomonas, Bacillus, Serratia, and Achromobacter, among oth-
ers [3,8,12,13,24–27], as well as in some extremophiles [29]. HALs have promising industrial
applications, such as their reported role in producing optically pure D-histidine [31]. More
recently, it has been shown that bacterial HALs possess an antineoplastic effect and can
selectively inhibit cell proliferation, highlighting their potential for therapeutic use [32–34].
Additionally, HAL from Kurthia sp. (KxHAL) has been used to produce cis-urocanic acid, a
stereoisomer with immunosuppressant properties. Moreover, in vitro studies indicate that
KxHAL can reduce viral proliferation [34].

In our endeavor to obtain a new HAL with superior robustness for industrial applica-
tions compared to those previously described, our laboratory began screening thermophilic
microorganisms. In this context, thermostable enzymes derived from thermophilic and
extremophilic microorganisms emerge as appealing options for industrial processes oper-
ating in harsh conditions [35]. Thermozymes have been demonstrated to offer numerous
advantages, such as increased tolerance and high reaction rates at elevated temperatures.
The genus Geobacillus mainly comprises Gram-positive thermophilic bacteria. The NCBI
taxonomy browser currently lists 182 complete genome sequences for Geobacillus species
(https://www.ncbi.nlm.nih.gov/Taxonomy/Browser/wwwtax.cgi (accessed on 30 August
2024)). One of these is the genome of Geobacillus kaustophilus, a bacterium with a maxi-
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mum growth temperature limit of 74 ◦C and an optimal growth temperature of 60 ◦C. The
genome of G. kaustophilus consists of a chromosome of 3.54 Mb and a single plasmid of
47.9 kb [36]. In their study, the authors assigned biological roles to 1914 CDSs, one of which
corresponds to a putative HAL. Therefore, the capability of G. kaustophilus to thrive in
harsh conditions makes it a valuable source of thermostable enzymes.

In this work, we describe the cloning, purification, and biochemical characterization
of a GkHAL enzyme, along with eight other active site mutants. These HAL mutants were
produced to evaluate their importance in substrate binding and catalysis through enzyme
kinetic behavior. We tested enzyme activity with various substrates and discovered that
L-histidinamide is a new substrate for two out of the eight HAL mutants. The kinetic and
thermal characteristics of both the wild-type GkHAL and its mutants are also examined
and discussed. Our results show that GkHAL exhibits kinetic thermostability, achieving
maximum activity at 85 ◦C. Kinetic and thermodynamic studies allowed us to test enzyme
efficiency with each substrate. Circular dichroism (CD) spectra and thermal denaturation
were performed to understand the influence of such mutations on the secondary structure
composition of GkHAL and its thermostability features.

2. Results

2.1. Sequence Analysis of Histidine Ammonia-Lyase from Geobacillus kaustophilus CECT4264

G. kaustophilus CECT4264 showed a distinct fragment for the hutH gene (gkhutH). The
GenBank accession number of GkhutH is BAD74670.1. The gene encompassing the region
430274–431788 encodes a polypeptide of 504 amino acids with a calculated molecular mass
of 54.7 kDa. The amino acid sequence deduced for GkHAL was compared to HAL sequences
with demonstrated activity or solved structures (Figure 1). The highest similarity in amino
acid sequence (43.7%) was found with HAL from Thermoplasma acidophilum [29], whereas
the lowest identity percentage (40.7%) was observed when comparing the G. kaustophilus
sequence with HAL from Trypanosoma cruzi [28]. When contrasting with sequences from
the Pseudomonas genus, the identity regarding P. putida (Ppu) was 42.3% [24], whereas
in comparison with P. fluorescens (Pf ), the identity decreased to 41.9% [27]. All of these
HAL sequences feature a conserved amino acid triad, Ala-Ser-Gly, capable of forming the
3,5-dihydro-5-methylidine-4H-imidazol-4-one (MIO) prosthetic group, which is found in
most of the aromatic ammonia-lyases identified to date [8,37]. The GkHAL sequence also
reveals the presence of the characteristic substrate switch motif, Ser/His, for ammonia-lyase
activity [27], identified at positions 81–82. Furthermore, as depicted in Figure 1, this dyad
is indeed present within the aromatic binding region of the other HALs. Additionally, the
multiple alignments showed that GkHAL contains conserved catalytic active sites, which
are similar to those found in other homologous HAL proteins. For instance, the amino acid
residues Y and E, which are predicted to coordinate the carboxylic and amino groups of
the substrate L-histidine, were conserved in GkHAL (Tyr52 and Glu411). Moreover, the
amino acid residues N, Q, and R, which participate in hydrogen bonding to the ammonium
function of the substrate [25] and in anchoring the carboxylate moiety of the substrate or
the cationic intermediate, are highly conserved in GkHAL (Asn194, Gln274, and Arg280).
On the other hand, the active site residue Y277 in GkHAL is possibly involved in assisting
Glu411 in its key catalytic role, while the residue Phe325 may stabilize the cationic interme-
diate, as shown previously in PpuHAL [25]. These findings suggest that the gkhutH gene
encodes a functional HAL protein.
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Figure 1. Sequence alignment for histidine ammonia-lyases of contrasted activity. GkHAL, Geobacillus
kaustophilus CECT4264, Genbank acc. No. PQ065632; TaHAL, Thermoplasma acidophilum, Uniprot
Q9HLI6; TcHAL, Trypanosoma cruzi, Uniprot Q4E133; PpuHAL, Pseudomonas putida, Uniprot P21310;
PfHAL, Pseudomonas fluorescens, NCBI Reference Sequence No. WP_003220818.1.
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2.2. Expression, Production, and Purification of GkHAL and Its Active Site Mutants

The gkhutH gene was inserted into the pDANI3 expression vector with NdeI and BamHI
restriction enzymes to produce the C-terminal His6-tagged GkHAL. The GkHAL enzymes
were functionally expressed in E. coli BL21 and purified in one step using immobilized
cobalt affinity by chromatography [38]. SDS-PAGE analysis of the purified wild-type
GkHAL enzyme revealed a band with 95% purity and an apparent molecular mass of
approximately 55 kDa (Figure 2a), which is consistent with the deduced molecular mass
from the amino acid sequence (56.5 kDa). The protein GkHAL was eluted at pH 8.5 at
28.4 min in the Biosep-SEC-S2000 column (HPLC), which yields an apparent molecular
mass of 220 kDa (Figure 2b), suggesting a tetrameric structure for the protein in solution.

Figure 2. (a) SDS-PAGE analysis of each purification step of the GkHAL wild-type from E. coli
BL21 harboring the pJMC93 plasmid. Lane 1: low molecular weight marker; lane 2: non-induced
precipitate; lanes 3 and 4: pellet and supernatant of the resuspended crude extract after cell sonication;
lane 5: flow-through after adding the sonicated supernatant to the metal affinity column; lane 6:
eluate after washing the metal affinity column with buffer; lane 7: purified enzyme. (b) Size-exclusion
chromatography of the purified GkHAL wild-type (black line) and molecular weight markers (dashed
line). The molecular weight markers consisted of (1) apoferritin from equine spleen (443 kDa),
(2) dihydropyrimidinase from Sinorhizobium meliloti CECT4114 (SmelDhp) (245 kDa) [39], (3) L-
carbamoylase from Geobacillus stearothermophilus CECT43 (BsLcar) (44 kDa) [40], and (4) chicken
ovalbumin (44 kDa). The inset represents the fit of the retention time (Rt) versus the logarithm of
the molecular masses (Mm) of the protein standards (black circles) and that obtained for GkHAL
(white circle).

The purity and monomeric molecular weight of the purified mutated enzymes were
also analyzed using SDS-PAGE gel electrophoresis (Figures S1–S7). Enzymes were obtained
at yields ranging from 26 to 74 mg of pure protein per liter of cell culture. In addition, among
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the mutated enzymes analyzed, GkHAL Y277F was the only one that could not be expressed
or purified, suggesting that this residue has an essential role in conformational stability.

2.3. Protein Characterization of GkHAL and Its Mutants Followed by Activity Measurements

The activities of both the GkHAL wild-type and its mutants were compared by mea-
suring their ability to convert histidine into trans-urocanic acid under standard assay
conditions. Mutations at residues Y52F, H82L, N194D, and E411D resulted in enzyme
forms that failed to produce trans-urocanic acid, indicating that these mutations hindered
the enzymes’ capability to catalyze the reaction. The Q274N, R280K, and F325Y mutated
enzymes were able to produce the reaction but with less activity compared to the GkHAL
wild-type. Mutants with analogous changes in these residues in PpuHAL also showed a
lesser reduction in activity loss [25], pointing to the conservative nature of the active site in
histidine ammonia-lyases.

We investigated the effect of pH (2–12) on the activity of GkHAL and its mutants
(Q274N, R280K, and F325Y) at 65 ◦C using L-histidine as the substrate. The pH range of
the purified proteins is illustrated in Figure S8. All proteins displayed maximum activity
between pH 7.5 and 8.5, with activity declining below pH 7 and above pH 9. The maximum
and optimum pH of 8.5 for GkHAL enzymes align with data from HALs of other bacterial
strains such as P. putida [20], P. fluorescens R124 [27], and T. acidophilum [29].

The effect of temperature on enzyme activity of GkHAL and its mutants (Q274N,
R280K, and F325Y) was assayed at different temperatures ranging from 20 to 98 ◦C, at pH
8.5. Both the wild-type enzyme and the Q274N and R280K mutants showed maximum
activity at 85 ◦C, while the F325Y mutant exhibited maximum activity at 80 ◦C (Figure S9).
As thermal stability studies on the activity of wild-type GkHAL revealed a gradual loss
of activity after preincubation for 15 min at temperatures above 70 ◦C (Figure S10), the
reactions were conducted at 65 ◦C.

To explore the substrate specificity of the enzymes, their activity was tested with
various substrates. We began by measuring the activity of the other proteinogenic amino
acids as possible substrates, but none of them were substrates for GkHAL or its mutants,
confirming its stricter substrate specificity [9,13,19,27]. Among the L-histidine homologous
substrates tested, all proteins showed activity with L-histidine methyl ester. However,
this behavior differs because the highest rate of urocanate methyl ester formation was
detected for the wild-type GkHAL and the mutant Q274N, whereas the mutants R280K and
F325Y exhibited a slow activity rate under identical assay conditions (Table 1). Previous
investigations have shown that L-histidine methyl ester can serve either as a substrate [20]
or as a competitive inhibitor [41]. Furthermore, the mutated enzymes R280K and F325Y
exhibited activity with L-histidinamide (Table 1). However, the mutant R280K showed a
13-fold higher rate of urocanamide production compared to F325Y. Neither the wild-type
nor the Q274N-mutated GkHAL catalyzed the reaction with L-histidinamide.

Table 1. Kinetic constants and velocity rates for GkHAL enzymes.

Enzyme Substrate
Km kcat Vmax kcat/Km (rel. Decrease)

mM s−1 ×10−7 mol min−1 mM−1 s−1

WT GkHAL
L-histidine 4.83 12.239 4.243 2.5367 (1)

L-histidine methyl ester 8.77 13.243 4.591 1.5101 (1)

Q274N GkHAL
L-histidine 12.58 1.925 0.628 0.1530 (17)

L-histidine methyl ester 47.21 2.428 0.793 0.0514 (29)

R280K GkHAL
L-histidine 7.99 0.096 0.231 0.0120 (211)

L-histidine methyl ester 3.43 0.090 0.021 0.0262 (58)
L-histidinamide 5.39 0.220 0.052 0.0408

F325Y GkHAL
L-histidine 3.38 0.547 0.273 0.1617 (16)

L-histidine methyl ester 22.98 0.454 0.227 0.0197 (77)
L-histidinamide 5.40 0.008 0.004 0.0015
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2.4. Kinetic and Thermal Characterization of Enzymes

Kinetic parameters of GkHAL and its mutants were measured at varying substrate
concentrations between 0.25 and 50 mM. Km values were calculated for L-histidine and
L-histidine methyl ester for all enzymes and for L-histidinamide for those that showed to
carry the reaction. Maximum velocity Vmax, Km, kcat, and catalytic efficiency were obtained
for each protein and substrate combination (Table 1).

A Km value comparison indicates that all mutants have similar affinities for L-histidine
as a natural substrate. However, the GkHAL mutant Q274N showed a higher Km value
(12.58 mM) than the other enzymes (3.38–7.99 mM). Using L-histidine methyl ester as a
substrate resulted in a similar trend, with higher Km values observed for the mutants Q274N
and F325Y. Considering that the R280K mutation resulted in a low Km (3.43 mM), it can be
inferred that this mutant exhibits a higher binding affinity with L-histidine methyl ester
compared to L-histidine itself. On the other hand, mutant enzymes capable of catalyzing
the reaction with L-histidinamide displayed comparable Km values to those of L-histidine,
reflecting similar affinities for both substrates.

Although GkHAL mutants exhibited similar Km values when L-histidine was used
as a substrate, their kcat values were 6 to 127 times lower than that of wild-type GkHAL,
indicating that they are less active. The kcat values determined for L-histidine methyl ester
followed the same trend as those observed for L-histidine, suggesting that the mutant
enzymes react with it at a significantly lower rate. The effect of the R280K mutation
is somewhat controversial, as it shows a low Km with L-histidine methyl ester, yet the
resulting kcat is low (0.090 s−1), indicating strong binding between the enzyme and substrate
but poor catalytic function.

Catalytic efficiency is defined as the relationship between catalytic function and
substrate binding, represented by the ratio kcat/Km. As expected, the wild-type GkHAL
exhibited the highest efficiency with its standard substrate, L-histidine (2.5367 mM−1

s−1). Furthermore, the catalytic efficiency values were also highest with the wild-type
enzyme for L-histidine methyl ester. In contrast, mutated enzymes show 16 to 211 times
less efficiency. In relation to L-histidinamide, the R280K mutant demonstrated the highest
catalytic efficiency. However, this efficiency is 62 times lower than that of the wild-type
enzyme with L-histidine.

The thermal inactivation parameters of GkHAL proteins were studied at temperatures
of 65, 70, 75, and 80 ◦C in 100 mM DEA buffer (pH 8.5) (Table 2). The exponential decay was
analyzed using semi-logarithmic plots. Linear Arrhenius plots were obtained, indicating
first-order inactivation of the enzymes in all cases (Figure 3). Steeper slopes indicate
faster inactivation rates. As expected, higher temperatures resulted in shorter times for
enzyme inactivation. The inactivation rate constant (kd) was derived from the slopes of
the Arrhenius plots, with higher values indicating more rapid inactivation. The half-life
times (t1/2) of the active enzymes were determined from the inactivation rates. The thermal
inactivation parameters, including free energy (ΔG*), enthalpy (ΔH*), and entropy (ΔS*) of
the active enzymes (Table 2), were calculated as described in references [42,43].

Table 2. Thermodynamic parameters for thermal inactivation of GkHAL enzymes.

Incubation
Temperature

Half-Life
Inactivation Rate

Constant kd
ΔG* ΔH* ΔS*

K min min−1 kcal mol−1 kcal mol−1 kcal K−1 mol−1

Wild-type GkHAL (Ea = 49.42 kcal mol−1)

353 34 0.0206 26.38 48.72 0.063
348 224 0.0031 27.30 48.73 0.062
343 301 0.0023 27.10 48.74 0.063
338 990 0.0007 27.50 48.75 0.063
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Table 2. Cont.

Incubation
Temperature

Half-Life
Inactivation Rate

Constant kd
ΔG* ΔH* ΔS*

K min min−1 kcal mol−1 kcal mol−1 kcal K−1 mol−1

Q274N GkHAL (Ea = 35.64 kcal mol−1)

353 71 0.0097 26.91 34.93 0.023
348 385 0.0018 27.68 34.94 0.021
343 408 0.0017 27.31 34.95 0.022
338 866 0.0008 27.41 34.96 0.022

R280K GkHAL (Ea = 44.41 kcal mol−1)

353 21 0.0335 26.04 43.71 0.050
348 187 0.0037 27.18 43.72 0.048
343 533 0.0013 27.49 43.73 0.047
338 770 0.0009 27.33 43.74 0.049

F325Y GkHAL (Ea = 25.11 kcal mol−1)

353 88 0.0079 27.05 24.42 -0.007
348 112 0.0062 26.82 24.43 -0.007
343 182 0.0038 26.76 24.44 -0.007
338 433 0.0016 26.94 24.45 -0.007

(a) (b)

(c) (d)

Figure 3. Kinetics of thermal inactivation of the catalytic activity of (a) wild-type GkHAL, (b) Q274N
GkHAL, (c), R280K GkHAL, and (d) F325Y GkHAL. Incubation temperatures shown are 80 ◦C (close
circles), 75 ◦C (open circles), 70 ◦C (close inverted triangles), and 65 ◦C (open triangles).
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As depicted in Table 2, an increase in temperature led to a decrease in t1/2 values
and an increase in the first-order heat inactivation rate constants (kd) for both the GkHAL
wild-type and its mutants. At 65 ◦C, the wild-type GkHAL exhibited the highest half-
life, indicating greater stability compared to the mutated enzymes. At 80 ◦C, the trend
reversed, with the wild-type enzyme showing a shorter half-life compared to the mutated
enzymes, except for the R280K mutation. Therefore, mutated enzymes appear to exhibit
better stability at high temperatures. The activation energy for deactivation (Ea) represents
the amount of energy molecules need to absorb to begin enzyme inactivation and attain
the height of the barrier, or transition state, for inactivation. Regarding Ea, the Q274N,
R280K, and F325Y mutations exhibited lower values of 35.64, 44.41, and 25.11 kcal/mol,
respectively, compared to the wild-type enzyme, which had 49.42 kcal/mol.

Thermodynamic parameters provide valuable insights into protein stability, revealing
stabilization or destabilization effects that may not be evident from half-life times alone.
The ΔG* value is directly related to protein stability; thus, a higher ΔG* indicates greater
enzyme stability [44]. Free energy decreased with the rise in temperature in wild-type
GkHAL and mutants Q274N and R280K, suggesting the destabilization of the enzymes,
which is consistent with the half-life and kd results. This trend is also observed for the
F325Y mutant in the temperature range of 338 to 348 K. The ΔG* values obtained for
the different proteins were similar, indicating no significant stability differences. Table 2
also shows that ΔH* slightly decreases with rising temperatures in both GkHAL and its
mutated forms, indicating that less energy is required to denature the enzymes at higher
temperatures. Additionally, the positive enthalpy values suggest that the inactivation
process is endothermic [45].

Given that the activation energy for deactivation and the thermodynamic parame-
ters of inactivation are typically higher for wild-type GkHAL compared to the Q274N,
R280K, and F325Y mutations, we can suggest that these mutants may be less stable against
thermal inactivation.

2.5. Circular Dichroism of Enzymes

The CD spectra of the wild-type GkHAL and its mutants have been investigated ex-
perimentally (Figure 4). The CD spectrum of GKHAL at pH 8.5 exhibits two negative peaks
at 210 and 222 nm and a positive peak at 192 nm. This is characteristic of a protein with an
α-helical or turn-like conformation content, as well as a fraction of β-sheet structure [43],
suggesting that the purified protein adopts a well-defined folded structure. The loss of
ellipticity at 222 nm is attributed to α-helical content, while the loss at 210 nm indicates
the presence of β-sheets in the structure of the protein. As shown in Figure 4, all mutants
clearly show structural helicity, indicating that they keep their internal chirality. However,
except for the H82L mutant, whose spectrum completely overlaps with that of GkHAL,
all other mutants show slight differences from the wild-type GkHAL. Since the mutants
Y52F, H82L, N194D, and E411D lacked activity on L-histidine, we did not analyze their
CD spectra. To assess the slight variations in the secondary structures of mutants Q274N,
R280K, and F325Y in comparison to the wild-type GkHAL, we utilized the k2d algorithm
available on DichroWeb [46]. This tool facilitated the determination of the percentages of
α-helices, β-sheets, and random structures for each enzyme. Table 3 presents the deconvo-
lution results, indicating the relative percentages of each secondary structure. Based on the
CD data, the wild-type GkHAL exhibits a conformation comprising 47% α-helix structure,
15% β-sheet structure, and 38% random coil elements. For the structure of the R280K
mutant, the amount of α-helix structure is considerably higher, while the amount of β-sheet
structure is distinctly lower compared to the wild-type enzyme. In contrast, the α-helical
content in the Q274N and F325Y mutants decreases significantly, from 47% to 39% and from
47% to 35%, respectively, while the β-sheet content increases compared to the wild-type
GkHAL. Nonetheless, it is still difficult to ascertain whether these minor structural changes
are connected to the newly observed activity in the R280K and F325Y mutants.
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Figure 4. Far-UV CD spectra for GkHAL enzymes recorded at 25 ◦C using a J-815 spectrophotometer.
Six spectra were averaged for each curve.

Table 3. Estimated secondary structure composition (%) of wild-type GkHAL and its mutants Q274,
R280K, and F325Y determined using a k2d program, and their apparent melting values.

Enzyme α-Helices (%) β-Sheets (%) Random Coil (%) Tm(app)
a (K) ΔTm(app)

b (K)

WT GkHAL 47 15 38 357.36 ± 0.06 -
Q274N GkHAL 39 20 41 355.20 ± 0.28 −2.16
R280K GkHAL 55 9 36 358.80 ± 0.04 1.40
F325Y GkHAL 35 18 47 351.85 ± 0.14 −5.51

a Tm(app) is the temperature at which 50% of the protein is unfolded. b Change in Tm(app) relative to the wild-
type protein.

The thermostability of GkHAL variants was evaluated by observing temperature-
induced unfolding using CD spectroscopy. Structural changes in protein folding were
studied at a 4 μM protein concentration with a temperature interval of 62 and 95 ◦C,
measuring the loss of ellipticity at 222 nm. Figure 5 presents the melting profiles of the
variants, along with the associated non-linear least squares fit using the Gibbs–Helmholtz
equation to determine the Tm values for each protein. For the wild-type GkHAL, a single
sigmoidal transition was observed with an apparent Tm (Tm(app)) value of 357.36 ± 0.06 K,
indicating that the thermal denaturation is a two-state process [47]. Compared to wild-type
GkHAL, the R280K mutant not only displays an increase in helical content but also shows
a modest improvement in thermal stability, with a Tm(app) value of 358.80 ± 0.04 K. In
contrast, mutants like Q274N and F325Y, which have reduced helical content, exhibited a
melting transition with a decrease in apparent melting temperature by 2.16 K and 5.51 K,
respectively, compared to the wild-type (Table 3).

We conducted a second CD spectrum to determine if the structure recovered after
thermal denaturation. None of the proteins exhibited a spectrum similar to those in
Figure 4. Furthermore, all the proteins showed aggregation after heating, suggesting that
they unfolded into intermediates that were prone to aggregation. As a result, GkHAL and
its mutants cannot completely refold because partially unfolded species accumulate and
aggregate, rendering the unfolding process irreversible and precluding thermodynamic
analysis [48].
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Figure 5. Thermal unfolding profiles of GkHAL enzymes monitored by far-UV CD. Wild-type GkHAL
(black open circles) and GkHAL mutants Q274N (red open squares), R280K (green open diamonds),
and F325Y (blue open hexagons). All profiles were measured with a scan rate of 1 K/min.

3. Discussion

3.1. Cloning, Expression, and Characterization of Histidine Ammonia-Lyase from
Geobacillus kaustophilus

G. kaustophilus, a thermophilic bacterium capable of growing across a broad tempera-
ture range from 42 ◦C to a maximum of 74 ◦C, can serve as a valuable source for discovering
highly thermoresistant enzymes [36,49,50]. In this study, we identified a putative hutH
gene in G. kaustophilus HTA426 through genome analysis. To investigate the function of this
gene product, the hutH gene was amplified from the genome of G. kaustophilus CECT4264
using PCR, enabling the construction of the recombinant plasmid pJMC93. The GkHAL
recombinant protein was then successfully expressed as a soluble protein, allowing us to
further investigate its characteristics and functions.

Based on the multiple alignment of the deduced amino acid sequence of the cloned
GkHAL, we found more than 40% identity with the major HAL enzymes characterized
to date [24,27–29]. Similar to other HAL enzymes, GkHAL contains the amino acids
that form the MIO internal cofactor, which acts as an electrophilic group essential for
histidine deamination [4,8,37]. The recognition of histidine by HALs has been attributed
to the presence of the SH motif in the aromatic binding region [51]. Other residues in
this region may also be involved in substrate interaction, such as leucine at position 76
in PpuHAL [52] and at position 80 in Pf HAL [27,52], alanine and serine at position 85
in PpuHAL or TcHAL [28], and methionine at position 380, which is conserved across
all bacterial HALs described so far [28]. Given that these residues are fully conserved in
GkHAL, it is reasonable to infer a strict substrate specificity, aligning with previous reports
for other HALs. Additionally, the sequence similarity reveals that GkHAL shares the same
active site residues as other HALs. In this context, the residues Tyr52 and Glu414, which are
crucial for catalysis, are fully conserved. Furthermore, we identified Asn194, Gln274, and
Arg280 in GkHAL as equivalent residues that are thought to play crucial roles in substrate
positioning and maintaining the active center [9,13,25]. The sum of the results indicates
that the hutH gene of Geobacillus kaustophilus encodes a functional HAL protein. On the
other hand, the similarity of the substrate binding and catalytic motifs of GkHAL to those
in other bacterial HALs suggests that it would exhibit similar catalytic properties.

Recombinant GkHAL was successfully expressed and purified, enabling us to deter-
mine its enzyme activity and biochemical properties. It has been reported that PpuHAL
activity is stimulated by divalent metal ions such as Zn2+ [22], likely because the ion
might coordinate the interaction between L-histidine and the imidazole group of His83,
as previously suggested [23,25]. More recently, Csuka et al. reported that Zn2+ ions did
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not result in any further increase in the enzyme activity of Pf HAL [27]. In this context,
we examined the effect of 10 μM Zn2+ on the reaction catalyzed by GkHAL. The velocity
ratio values of GkHAL in the absence or presence of the metal ion were nearly identical
(20.4 ± 1.4 nmol/min and 20.8 ± 0.9 nmol/min, respectively). Additionally, the enzyme
activity was unaffected by 10 mM EDTA (21.0 ± 0.5 nmol/min). From the findings, it can
be suggested that Zn2+ is not required for the enzyme activity of G. kaustophilus CECT4264
HAL. While Miranda et al. [28] measured TcHAL activity in the presence of Mn2+, they did
not address the role of these ions in the enzyme activity. Finally, there is no available infor-
mation about the requirement for divalent metal ions in the most recently characterized
HAL [29].

The monomeric size determined for the GkHAL subunit is consistent with that ob-
served in all recombinant histidine ammonia-lyase enzymes studied to date [20,21,27–29].
Our findings also suggest that the functional structure of GkHAL is a tetramer. Notably, the
crystal structures of PpuHAL [24], TcHAL [28], and TaHAL [29] have revealed a homote-
trameric organization with four active centers.

3.2. The Kinetics of GkHAL Enzymes: Comparison with Other HALs

Based on sequence analysis, Tyr52, His82, Asn194, Gln274, Tyr277, Arg280, Phe325,
and Glu411 were identified as potentially important for catalysis, substrate positioning,
and active center maintenance. These residues were therefore selected for site-directed
mutagenesis to verify their functions. Comparisons of the activities of wild-type and
mutant GkHAL enzymes revealed new characteristics arising from these mutations. The
GkHAL mutations Y52F, H82L, N194D, and E411D showed no activity on L-histidine as
the natural substrate. Thus, the amino acids Tyr52, His82, Asn194, and Glu411 must be
essential for the active site structure and the formation of the enzyme-substrate complex.
Changes in the composition of the specified sites led to the inactivation of the GkHAL.
Although similar mutants in Pseudomonas putida HAL showed activity on L-histidine, their
kcat values were 1,000 to 20,930 times lower than the wild-type enzyme [25]. On the other
hand, the mutants Q274N, R280K, and F325Y were able to catalyze the elimination of
ammonia from L-histidine, although at a lower rate than the wild-type GkHAL enzyme.
Comparison of the kinetic constants with those reported for similar mutants of PpuHAL
revealed that they exhibit the same trends, regardless of the reaction temperature (25 ◦C for
PpuHAL [25] and 65 ◦C for GkHAL (this work)). Thus, it can be concluded that the activity
of these active mutant enzymes mirrors the results observed in P. putida [9,13,25,53].

In addition to L-histidine, GkHAL was tested with various homologous substrates
to L-histidine to study its promiscuity or substrate scope. All enzymes that were active
with the natural substrate could also react with L-histidine methyl ester. However, only
the R280K and F325Y mutants were able to react with L-histidinamide. Previous reports
indicate that L-histidine methyl ester serves as a substrate for PpuHAL [20] and acts as
an inhibitor of Achromobacter liquidum HAL [41]. Moreover, substrates such as 4-nitro
L-histidine [19] and Nτ-methylhistidine [21] have also been found to react with HAL. To
the best of our knowledge, this is the first report demonstrating that HAL mutants of
the active center are active with a substrate other than L-histidine. While ammonia-lyase
enzymes are notably characterized by their strong L-enantioselectivity, there is increasing
interest in their potential applications for kinetic resolution and deracemization of amino
acids [4,31,32]. A key challenge in enhancing the industrial applicability of HAL is to
widen its limited substrate range. The site-active mutants under study were engineered
to assess their role in hydrolyzing L-histidine as a preferred substrate and to determine
if these modifications could expand the substrate scope. Our results show that, despite
alterations in its active site, HAL generally retains a restricted substrate scope.

The Km value of L-histidine for GkHAL is comparable to those of the closely related
PpuHAL (3.9 mM) [25] and Pf HAL (2.7 mM) [27]. Pseudomonas putida HAL with mutations
similar to those studied here also displayed a Km range comparable to the values we
obtained [9,13,24]. Reactions with other substrates show Km values that are somewhat

17



Int. J. Mol. Sci. 2024, 25, 10163

comparable to those for L-histidine across all enzymes, suggesting that the binding to these
homologous substrates is similar in each case.

Regardless of the substrate, the wild-type enzyme exhibits significantly higher turnover
values, indicating superior catalytic activity compared to the mutant enzymes. Dramatic
losses of activity were observed in the R280K and F325Y mutated enzymes, with these
losses varying depending on the substrate. Overall, the catalytic efficiencies of the mutant
enzymes were found to be lower than those of the wild-type enzymes. The catalytic efficien-
cies of the Q274N mutant are one to two orders lower due to high Km values, which implies
an added difficulty in enzyme–substrate binding. This could be because this residue plays
a role in maintaining the correct geometry of R280 and Tyr52, as previously suggested for
PpuHAL [9,25]. On the other hand, the F325Y mutation showed the opposite behavior.
Although its Km values are similar to the wild-type HAL, the low catalytic activity resulted
in an efficiency rate comparable to the Q274N mutation, at least with the natural sub-
strate. In PpuHAL, the impact of mutating this phenylalanine residue to alanine has shown
differential behavior, with activity decreasing by 100 to 2200-fold [25,53]. Moreover, the
F329G mutant was inactive with L-histidine due to its failure to form the MIO group [53].
Nonetheless, it is clear that these findings collectively underscore the importance of the
phenyl ring in HAL enzyme catalysis. The R280K mutation shows the lowest catalytic
function, with its efficiency falling to two orders of magnitude below that of the wild-type
enzyme. Surprisingly, the kcat value for R280K GkHAL with L-histidinamide is nearly
2.5 times higher than that for the native substrate. This indicates that the mutation allows
the enzyme to be more effective with the homologous substrate than with L-histidine.
Interestingly, new pathways emerged, as both the R280K and F325Y mutations enabled the
enzyme to catalyze the reaction with L-histidinamide, a substrate with which the wild-type
GkHAL is inactive.

3.3. The Kinetics of Thermal Inactivation of GkHAL Mutants: Relationship with Thermostability

The maximum activity of GkHAL was observed at 85 ◦C, aligning with the ther-
mophilic nature of its gene donor organism. This high-temperature performance under-
scores the importance of studying its thermostability and evaluating whether mutations
can enhance or diminish this characteristic. The efficiency of the enzymes over time is
represented by the inactivation rate constant (kd) and half-life times (t1/2). At lower tem-
peratures, the wild-type GkHAL exhibited the greatest stability over time, while the F325Y
mutant enzyme showed superior kinetic stability at higher temperatures. Half-life times
found for PAL from Anabeana variabilis [54] and Lactuca sativa L. [55] at temperatures of 67
and 60 ◦C were 8 h and 2.8 h, respectively. In comparison, GkHAL seems to better maintain
its stability at high temperatures than other aromatic ammonia-lyase enzymes.

The linear behavior of the thermal inactivation plots suggests that HAL inactivation oc-
curs through a mechanism solely influenced by temperature [56,57]. The activation energy
for the process resulted in similar range energies but was significantly lower for Q274N and
F325Y, indicating easier inactivation consistent with their shorter half-life times. High Ea
for GkHAL enzymes indicates significant stability at elevated temperatures, consistent with
their thermophilic nature [36,58]. Thermodynamic parameters for the enzyme inactivation
process were derived from the activation energy. ΔG* values for GkHAL enzymes ranged
from 26.04 and 27.68 kcal mol−1, which are similar to those reported for other thermophilic
enzymes, such as α-amylases from Bacillus amyloliquefaciens (22.90 kcal mol−1) [42] or
β-xylosidase from Geobacillus stearothermophilus (27.60 kcal mol−1) [43]. However, ΔH* and
ΔS* values displayed a higher difference between the wild-type enzyme and the mutated
ones. Protein inactivation is an endothermic denaturalization process, as energy is required
to alter its structure. ΔH* is a measure of the number of bonds broken during inactiva-
tion [59]. ΔH* values for the R280K mutation and the wild-type were higher compared to
those for the Q274N and F325Y mutations, suggesting that the latter two mutant enzymes
have lower heat resistance. Entropy generally augments with the denaturalization of the
protein. ΔS* values are known to provide important insights into solvation levels, protein
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compactness [59], and aggregation [60]. The positive ΔS* values observed for wild-type
GkHAL and the mutants Q274N and R280K indicate an increase in disorder or randomness
within these enzymes or the surrounding solvent system during denaturation [45]. In
contrast, the negative ΔS* values observed for the F325Y mutant suggest that the partially
unfolded state is more ordered compared to the native state structure and may also point
to the occurrence of an aggregation process [60]. Finally, the enthalpy and entropy val-
ues for wild-type GkHAL are lower than those of other thermophilic enzymes, such as
α-amylase [42] and β-xylosidase [43], which may indicate slight differences in the stability
mechanisms among these enzymes.

3.4. Conformational Stability and Irreversible Thermal Denaturalization

Far-UV CD spectra were employed to assess the secondary structure of GkHAL and to
monitor any structural changes and correct folding in its active site mutants [61]. GkHAL
enzymes showed secondary structures with α-helices accounting for a significant portion,
ranging from 35% to 55% of the total. A previous study demonstrated that PpuHAL exhibits
a helical conformation at a higher percentage of 75% [62]. The opposite case can be found
in β-sheets, appearing at low percentages for GkHAL and at 0% for P. putida [62]. Random
conformation was also found to be more present in G. kaustophilus. Since it is possible to
determine the secondary structure from a PDB structure, we used the BestSel server to
analyze the crystal structure (PDB 1B8F) reported for PpuHAL [63]. The analysis revealed
an α-helix content of 55%, a very low β-sheet content of 5.7%, and 39.2% turns and other
structures (Figure S11). These estimations are consistent with the results obtained for
wild-type GkHAL.

The effect of temperature on GkHAL and its mutants, initially investigated through
activity measurements, was further assessed by evaluating thermal denaturation using CD
spectroscopy. All four proteins displayed sigmoidal curves, indicating that they have well-
folded structures. The thermal denaturation of GkHAL and its mutants was found to be
irreversible, which precluded the estimation of the thermodynamic parameters governing
thermal unfolding [43,47]. Despite this limitation, we were able to determine the apparent
melting temperature. This approach aligns with methods used for other proteins that
exhibit irreversible thermal denaturation, allowing us to gain insights into their thermal
stability. The high Tm(app) value for wild-type GkHAL confirms its significant thermosta-
bility, which is consistent with the kinetic inactivation results obtained. Only the F325Y
mutation resulted in a significantly lower melting temperature, suggesting the importance
of this residue for proper folding. In PpuHAL, the analogous residue (F329) is proposed to
stabilize the σ-complex-like conformation [9,13,25]. These findings are consistent with the
thermodynamic data on enzymatic thermal inactivation, which demonstrate that the F325Y
mutant requires the lowest energy for denaturation. As a result, the F325Y mutant appears
to be the most unstable of the three mutants at elevated temperatures.

4. Materials and Methods

4.1. Materials

All chemicals were of analytical grade and were used without further purification.
Restriction enzymes and T4 DNA ligase were purchased from Roche Diagnostic S.L. (In-
dianapolis, IN, USA). Kapa-Hifi polymerase was from KapaBiosistems (Cultek S.L.U.,
San Fernando de Henares, Spain). Primers were from Integrated DNA Technologies, IDT
(Coralville, IA, USA). TALON TM metal affinity resin was purchased from Clontech Labora-
tories, Inc. (Takara Scientific Chemical, Waltham, MA, USA). L- and D-histidine were from
Alfa Aesar GmbH & Co. K.G. (Thermo Fischer Scientific, Waltham, MA, USA), and trans-
urocanic acid was from Acros Organics (Thermo Fischer Scientific, Waltham, MA, USA).
L-histidinamide, 1-methyl-L-histidine, 3-methyl-L-histidine, and 2-mercapto-L-histidine
were from Sigma Aldrich (St. Louis, MO, USA), benzyl-L-histidine and β-alanyl-L-histidine
were from TCI Europe (Zwijndrecht, Belgium), L-histidine methyl ester was purchased
from Acros Organics (Thermo Fischer Scientific, Waltham, MA, USA), and diamine L-
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histidine was from Bachem (Bubendorf, Switzerland). Diethanolamine was purchased
from Panreac (Castellar del Vallés, Spain), acetic acid, formic acid, monobasic sodium
phosphate, and dibasic potassium phosphate were from Merck (Darmstadt, Germany), and
sodium carbonate was from Riedel de Haën (Honeywell, Charlotte, NC, USA).

4.2. Microbes and Culture Conditions

G. kaustophilus CECT4264, acquired from the Spanish Type Culture Collection (CECT),
was used as a possible donor of the histidine ammonia-lyase gene (hutH). The strain was
cultivated at 55 ◦C for 20 h in Luria–Bertani medium (LB) (1% tryptone, 0.5% yeast extract,
0.5% NaCl, pH 7.2). E. coli DH5α was used to clone the gene hutH, and E. coli BL21 was
used to overexpress the recombinant protein.

4.3. Cloning of the Histidine Ammonia-Lyase (hutH) Gene

A single-colony isolate of G. kaustophilus CECT4264 was chosen for DNA isolation
using a boiling procedure [49]. A supernatant aliquot of 5 μL containing the genomic
DNA of the strain was used to amplify the gene encoding for putative hutH by PCR. The
primers used to amplify the gene from G. kaustophilus CECT4264 (gkhutH) were designed
based on GenBank sequence accession number NC_006510.1. These were GkHAL5 (5′-
GGAATTCCATATGATCGTATTGA-CCGGGC-3′) and GkHAL3 (5′-CGGGATCCAGCTTT-
CGCTTCATCGCGG-3′), including Nde I and BamH I restriction sites, respectively (in italics
in the primer sequence).

The PCR product was purified from an agarose gel using the E.Z.N.A. Gel Extraction
Kit (Omega Bio-Tek, Norcross, GA, USA), treated with Nde I and BamH I enzymes (New
England Biolabs, Ipswich, MA, USA), and then ligated into the pDANI3 plasmid, which
was cut with the same enzymes to create the plasmid pJMC93. The plasmid pDANI3 was
made in our laboratory [64] and derived from the rhamnose-inducible expression vector,
including a C-terminal His6-tag (pJOE4036.1) [65] and including the TEV (Tobacco Etch
Virus) recognition site, ENLYFQS [66]. The resulting construct allows the production of
recombinant GkHAL fused at the C terminus to a polyhistidine tag (His6 tag), allowing its
removal by TEV treatment. The cloned sequence was confirmed by sequencing using an
Applied Biosystems 3500 Series Genetic Analyzer (Thermo Fisher Scientific, Waltham, MA,
USA) at the Nucleic Acids Analysis Service of the University of Almeria. The sequence was
then aligned and compared as previously described [49].

Mutagenesis of GkHAL was performed using the QuikChange II Site-directed muta-
genesis kit from Stratagene (San Diego, CA, USA) following the manufacturer’s protocol,
using the plasmid pJMC93 as the template and the primers described in Table S1. Muta-
tions (Tyr52Phe, His82Leu, Asn194Asp, Gln274Asn, Tyr277Phe, Arg280Lys, Phe325Tyr, and
Glu411Asp) were also confirmed by DNA sequencing.

4.4. Expression and Purification of the GkHAL Enzyme and Mutants

The protocol was similar to that described in [61]. E. coli BL21/pJMC93 and the
mutated strains were grown in an LB medium supplemented with ampicillin. For induction
and expression of the genes, L-rhamnose was added to the culture and incubated at
30 ◦C overnight. The cells were collected by centrifugation (Beckman J-26 XPI centrifuge)
(6500× g, 4 ◦C, 25 min) (Beckman Coulter, Brea, CA, USA) and stored at −20 ◦C until use.

The cell wall disruption was performed by sonication as described before [47] after
resuspension in the wash buffer. The enzyme purification was performed by metal affinity
chromatography using cobalt resin [38]. Protein purity was determined at different stages
of the purification by SDS-PAGE electrophoresis. Additional gel filtration chromatography
was carried out to eliminate any DNA or protein co-eluting with the protein of interest [61].
The purified enzymes were concentrated using Vivaspin concentrators (Sartorius, Gotinga,
Germany), dialyzed against 100 mM diethanolamine (DEA) buffer, pH 8.5, and stored
at 4 ◦C. Protein concentrations were determined from the absorbance of the extinction
coefficient of tyrosine residues [67].
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4.5. Molecular Mass Analysis

Size-exclusion chromatography–high-pressure liquid chromatography (SEC-HPLC)
analysis was conducted to determine the molecular mass of both the wild-type and mutated
GkHAL enzymes in their native states. The HPLC System (Breeze HPLC System, Waters,
Barcelona, Spain) used a Biosep-SEC-S2000 column (Phenomenex, Madrid, Spain) that was
calibrated using a non-denatured protein molecular weight marker kit (Bio-Rad, Madrid,
Spain) [38,47]. The molecular mass of the monomeric form of both the wild-type and mu-
tated GkHAL enzymes was determined using sodium dodecyl-sulfate polyacrylamide gel
electrophoresis (SDS-PAGE) with a low molecular weight marker kit (Cytiva, Marlborough,
MA, USA).

4.6. Enzyme Assay and Protein Determination

The GkHAL activity assay was based on the transformation of L-histidine to give trans-
urocanic acid. The activity was measured with the spectrophotometer ThermoScientific
NanoDrop 2000 (Waltham, MA, USA) at 280 nm. Standard enzymatic assay was carried out
by adapting the method described in [68] with the purified GkHAL and mutated enzymes
(at final concentrations from 0.4 to 4.3 μM), along with L-histidine as the substrate (1 mM)
dissolved in 100 mM DEA buffer (pH 8.5), in a reaction volume of 500 μL at 65 ◦C. The
protein was added to 485 μL of DEA buffer, and the reaction was started with the addition
of 5 μL of a 0.1 M L-histidine solution. The activities of both wild-type and mutant enzymes
were assessed. More active enzymes were measured at intervals of 1 to 5 min, while less
active ones were measured at intervals of 5 to 30 min. The activity was determined utilizing
a molar extinction coefficient for trans-urocanic acid of 18,800 M−1 cm−1, as outlined in [69].

The optimal pH of purified GkHAL wild-type and its mutants was determined by
conducting the standard assay in the appropriate buffers ranging from 1.92 to 11.9: phos-
phoric buffer (pH 2–3), formic buffer (pH 3–4), acetate buffer (pH 4–5.5), phosphate buffer
(pH 6–7.5), Tris-HCl buffer (pH 8 and pH 9), carbonate buffer (pH 9.5–11), and sodium
phosphate buffer (pH 11.5–12). The effect of the temperature on the GkHAL wild-type
and its mutant forms was studied by performing the standard enzymatic assay within the
temperature range of 4 to 99 ◦C. Thermal stability of GkHAL wild-type was determined
after 15 min of preincubation at different temperatures from 4 to 90 ◦C in 100 mM DEA
buffer pH 8.5, followed by the standard activity assay.

GkHAL activity on other substrates was studied with the standard assay, only varying
L-histidine to a different reactive. In addition to the proteinogenic amino acids, GkHAL
activity was tested on D-histidine, L-histidinamide, L-histidine methyl ester, bencyl-L-
histidine, β-alanyl-l-histidine, 1-methyl-L-histidine, 3-methyl-L-histidine, β-mercapto-L-
histidine, and diamine-L-histidine, with a substrate concentration in reaction of 1 mM.

Determination of Km and Vmax for L-histidine, L-histidine methyl ester, and L-histid-
inamide was performed by varying substrate concentrations from 0.25 to 50 mM. Kinetic
parameters (Km, Vmax) were calculated with non-linear square hyperbole plots following
the Michaelis–Menten equation [56]. The fitting was made using SigmaPlot® (version
12.0, Systat Software, Inc., San Jose, CA, USA). The turnover number (kcat) was calculated
by dividing Vmax by the enzyme concentration. The catalytic efficiency was determined
through the ratio of kcat to Km (kcat/Km).

Thermal inactivation kinetics were determined by performing the standard assay with
previous incubations of the enzymes at 65, 70, 75, and 80 ◦C. Pre-incubation times vary
from 5 min to 60 min for higher temperatures and from 1 to 24 h for lower temperatures.
The inactivation rate constant (kd) of the enzymes was determined using relative residual
activities fitted to Arrhenius plots. The half-life value (t1/2) of the enzymes at a particular
temperature was then determined from each kd. Activation parameters, including activa-
tion energy for denaturation and changes in enthalpy, free energy, and entropy for each
incubation temperature, were determined as outlined in references [42,44,45,57].
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4.7. Circular Dichroism

Circular dichroism spectra were recorded using a Jasco J815 spectropolarimeter
equipped with a thermostated cell holder and interfaced with a Peltier accessory.

Far-UV spectra were performed to assess the secondary structure of wild-type and
mutant GkHAL enzymes. The protein concentration was 4 μM (in protomer units) in
50 mM DEA buffer, pH 8.5. CD spectra were acquired at a scan speed of 50 nm/min with
a response time of 4 s at 25 ◦C and averaged over six scans spanning from 190 to 260 nm.
Spectra were corrected by subtracting the baseline scan (buffer). The secondary protein
structure was decomposed and analyzed using the k2d algorithm online on the DichroWeb
site [46].

Thermal denaturalization of GkHAL and its mutants was performed with a total
protein concentration of 4 μM in an interval of temperatures of 25 to 95 ◦C with an increase
of 60 ◦C per hour. Data were collected every 0.2 ◦C at 222 nm with an 8 s response and
1 nm of bandwidth. Precipitation occurred in all cases upon heating.

The thermal transitions of wild-type and GkHAL mutants were analyzed using a
two-state model [47]. The spectral parameters were directly fitted to the following equation
through non-linear least squares analysis:

Sobs =
SN + SU exp

(
−ΔHVH

R

(
1
T − 1

Tm

))

1 + exp
(
−ΔHVH

R

(
1
T − 1

Tm

)) (1)

where Sobs represents the ellipticity at 222 nm, and SN = AN + BNT and SU = AU + BUT
refer to the linear dependence of the native (N) and unfolded (U) states, which have the
slopes BN and BU and the intercepts AN and AU, respectively. ΔHVH corresponds to the
apparent change in van’t Hoff enthalpy, R is the universal gas constant, T is the temperature
in Kelvin, and Tm is the transition midpoint at which 50% of the protein is unfolded. Data
fitting was carried out with Kaleidagraph (https://www.synergy.com/).

4.8. Nucleotide Sequence Accession Number

The nucleotide sequence of GkHAL has been deposited in the GenBank database
under accession No. PQ065632.

5. Conclusions

This study successfully characterized a novel histidine ammonia-lyase from Geobacillus
kaustophilus, highlighting its high thermal stability and catalytic efficiency. The mutational
analysis provided critical insights into the structure–function relationships within the
enzyme, revealing essential residues for catalytic activity and identifying mutations that
expand substrate specificity. These results not only contribute to our understanding of
HAL enzymes but also underscore their potential for industrial applications, particularly
in environments demanding high thermal resilience. Future work could investigate the
immobilization of these enzymes to further enhance their thermostability, with the aim of
evaluating their potential use as industrial biocatalysts.
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Abstract: This study characterizes a novel polyphosphate kinase from Burkholderia cenocepacia
(BcPPK2-III), an enzyme with potential applications in ATP regeneration processes. Bioinformatic and
structural analyses confirmed the presence of conserved motifs characteristic of PPK2 enzymes, in-
cluding Walker A and B motifs, and the subclass-specific residue E137. Molecular docking simulations
showed AMP had the highest binding affinity (−7.0 kcal/mol), followed by ADP (−6.5 kcal/mol),
with ATP having the lowest affinity (−6.3 kcal/mol). It was overexpressed in Escherichia coli, after
purification enzymatic activity assays revealed that BcPPK2-III needed divalent cations (Mg2+, Mn2+,
Co2+) as cofactors to be active. Functional assays revealed its ability to synthesize ATP from AMP
through a stepwise phosphorylation mechanism, forming ADP as an intermediate, achieving 70%
ATP conversion (TTN 4354.7) after 24 h. Kinetic studies indicated cooperative behavior and sub-
strate preference, with AMP phosphorylation to ADP being the most efficient step. The enzyme
demonstrated high thermostability (T50 = 62 ◦C) and a broad pH stability range (pH 6.0–9.0), making
it suitable for diverse biocatalytic applications. The study highlights BcPPK2-III as a robust and
versatile candidate for cost-effective ATP regeneration, offering advantages in industrial processes
requiring stoichiometric amounts of ATP.

Keywords: biocatalysis; ATP regeneration; polyphosphate; polyphosphate kinase; cofactor recycling;
cascade reactions; Burkholderia cenocepacia

1. Introduction

Adenosine 5′-triphosphate (ATP) is one of the most important molecules in living sys-
tems and probably the foremost phosphate compound of all. Normally known as the univer-
sal energy “currency” or “store” of the cell [1], it is also used as a building block for nucleic
acid synthesis and is involved in the synthesis of key phosphorus-containing intermediates
for biosyntheses and cofactors such as flavin adenine dinucleotide (FAD), nicotinamide
adenine dinucleotide (NAD+), S-adenosylmethionine (SAM), and 3′-phosphoadenosine
5′-phosphosulfate (PAPS) [2–5]. ATP is a crucial molecule for many biocatalytic processes;
however, its industrial application is limited by the requirement for stoichiometric amounts
of this costly cofactor. With a price of approximately USD 35 per gram, depending on the
supplier and grade, the high cost of ATP poses a significant challenge to the economic
viability of large-scale ATP-dependent biocatalytic processes. ATP recycling systems can
provide higher yields in these reactions by shifting the reaction equilibrium toward the
desired product [6]. Other benefits of ATP recycling systems include reduced product
inhibition by decreasing the concentration of the side product ADP, while keeping the ATP
concentration high to facilitate phosphorylation reactions, simplified product purification,
and cost savings by reducing the required amount of this expensive substrate [7].
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The most commonly used ATP regeneration systems from ADP are based on the use of
phosphoenolpyruvate as the phosphate donor (Figure 1a) in a coupled reaction catalyzed
by pyruvate kinase (PK) and on the use of acetylphosphate (Figure 1b) coupled with acetate
kinase (AK) [8].

  
(a) (b) 

Figure 1. Schematic representation of in situ ATP regeneration systems using pyruvate kinase (a) and
acetate kinase (b).

In recent decades, the regeneration system based on the use of polyphosphate ki-
nases (PPK) that catalyze the reversible transfer of γ-phosphate from ATP to inorganic
polyphosphate (polyP) has attracted considerable attention (Figure 2) [9,10]. Inorganic
polyphosphate is a linear polymer consisting of up to hundreds of orthophosphate (Pi)
residues linked by high-energy phosphoanhydride bonds [11–13].

 

Figure 2. Schematic representation of in situ ATP regeneration systems using polyphosphate kinase
and inorganic polyphosphate as the phosphoryl donor.

Regeneration systems based on the use of PPKs have several advantages that make
them very attractive in terms of their application in biocatalysis. First and foremost, polyP
is a low-cost phosphate group donor. A large amount of polyP is regularly produced
as sodium hexametaphosphate (about 13–18 residues) for industrial purposes such as
food additives, which also makes polyP inexpensive compared to other phosphoryl group
donors. To get an idea of the magnitude of savings from using polyP as a phosphate donor,
consider that a commercial form of polyP costing about USD 20/kg can provide ATP
equivalents that would cost more than USD 35,000/kg, and that other phosphate donors
commonly used in ATP regeneration, such as phosphoenolpyruvate (PEP), are even more
expensive than ATP (USD 264,000/kg) [14–16]. The other major advantage of this system
is that there are PPKs that allow regeneration of ATP from AMP.
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Methods to regenerate ATP from AMP or adenosine are not well established, although
they have great potential for biocatalysis [9,17]. There are several cases where the regenera-
tion of ATP from AMP based on low-cost polyphosphate as the sole energy source would be
of great value, such as the regeneration of acyl-CoA with integrated ATP regeneration [18]
or the in situ synthesis of PAPS in reactions catalyzed by sulfotransferases [19]. PAPS is syn-
thesized from sulfate and two ATP molecules through ATP sulfurylase, forming adenosine
5′-phosphosulfate (APS), and APS kinase, which phosphorylates APS to PAPS, consuming
a second ATP molecule [20,21]. Polyphosphate kinase enzymes play an important role in
regulating intracellular nucleotide concentrations in vivo by participating in the reversible
transfer of phosphate groups between nucleotides and polyP [22]. To date, two major
families of highly conserved PPKs have been characterized in bacteria that are neither
sequentially nor structurally related. Polyphosphate kinase 1 (PPK1) is responsible for
the synthesis of polyP using ATP as a donor of phosphate groups, while polyphosphate
kinase 2 (PPK2) enzymes are responsible for its degradation [22]. PPK2 can be divided
into three subclasses (I, II, and III) depending on the reaction they catalyze, as shown in
Figure 3. They all use polyP as a phosphate group donor to catalyze the phosphorylation of
the various nucleotides (AMP, ADP and ATP). The substrate preference of PPK2-II is AMP
from which they can synthesize ADP. The substrate preference of PPK2-I and PPK2-III is
ADP and AMP, respectively [22,23].

Figure 3. Reactions catalyzed by the different PPK family 2 (PPK2) subclasses.

Given the interest that class III of PPK2 represents from a biocatalysis point of view,
we consider it necessary to identify and describe new members of this enzyme family
in order to increase the tools available for the development of efficient ATP regeneration
processes. Although several gene sequences have been found that could encode PPK2-III
enzymes, most of them are putatively assigned, i.e., they lack experimental verification. In
this regard, Motomura et al. (2014) [24] constructed an unrooted phylogenetic tree of PPK2
using amino acid sequences from 17 characterized and 192 putative PPK2 homologs. This
phylogenetic analysis revealed 40 sequences belonging to the class III subfamily. However,
only the sequence from the bacterium Meiothermus ruber was amplified and expressed to
characterize the biochemical properties of the PPK2-III enzymes.

Burkholderia cenocepacia is a Gram-negative bacterium and belongs to the Burkholderia
cepacia complex (Bcc). Although common in the environment, it can also cause disease
in plants and act as an opportunistic pathogen that frequently infects patients with cystic
fibrosis and chronic granulomatous diseases. Studies have shown that B. cepacia isolates
from various sources accumulate higher levels of intracellular polyphosphate (polyP) and
increase the uptake of inorganic phosphate when grown in acidic environments [25]. The
importance of polyP metabolism in this bacterium suggests that B. cenocepacia could be
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an interesting source for the overexpression and characterization of a new PPK2-III with
interesting properties for its application in biocatalysis.

Herein, in this work, we addressed the characterization of the putative polyphos-
phate kinase from Burkholderia cenocepacia. A study of its secondary and tertiary structure
was performed using theoretical structural analysis and 3D modeling. The enzyme was
overexpressed in E. coli, and after its purification, its enzymatic activity, divalent cation de-
pendence and reaction mechanism were studied. Enzyme kinetic parameters and stability
were also analyzed and discussed. In addition, we have been concerned with elucidating
the mechanism of action of this enzyme, as it is controversial whether it is a stepwise
sequential diphosphorylation mechanism or a pyrophosphorylation mechanism and thus
occurs in a single step [23].

2. Results and Discussion

2.1. Bioinformatic Analysis and Structural Modeling of BcPPK2-III
2.1.1. Sequence Analysis of the Putative PPK2-III from Burkholderia cenocepacia

PPK2 belongs to the P-loop kinases. This protein fold is by far the most common among
enzymes that bind or hydrolyze nucleoside triphosphates (NTPs) and is characterized by
the presence of two conserved sequence motifs (Walker A and Walker B) and a lid module
(RxxxxxxPxxxxxxxD). The Walker A (DxxGK) and Walker B (RSxY) motifs are conserved in
all PPK2 subclasses, whereas the amino acid following the Walker B motif appears to be
subclass-specific. These amino acids are asparagine (subclass I), glycine (subclass II), and
glutamic acid (subclass III) [24,26,27].

Using as query the sequence of the PPK2-III enzyme from Meiothermus ruber (Mrub_2488),
a sequence alignment of the putative PPK2-III from B. cenocepacia was performed using the
BLAST® program (Figure S1) [28,29]. The sequence analysis shows 51% identity, and the
E-value, indicating the probability of alignment occurring by chance, was 10−95. Structural
comparison showed excellent agreement between the two proteins, with a root mean
square deviation (RMSD) of 1.14 Å and a template modeling score (TM-score) of 0.97,
confirming a high degree of structural similarity. Conserved motifs characteristic of PPK2
enzymes, including Walker A and B motifs and the cap module, were identified in the
B. cenocepacia sequence (Figure S1). Additionally, the sequence contains glutamine (Q74)
preceding the Walker A motif and glutamic acid (E137) downstream of the Walker B motif,
the latter being the class III signature residue of PPK2 and contributing to the binding of
the adenine base [27]. Mutational studies have shown that E137 plays a critical role in
phosphorylation activity for AMP, ADP, and GDP, although it does not solely determine
substrate specificity [30].

The sequence of BcPPK2-III was also analyzed for possible transmembrane regions
using the protein topology prediction method, TMHMM, based on a hidden Markov
model [31]. As no such zone was found, we can assume that the protein is free in the
cytosol, which increases the chances that it will be expressed in the soluble form.

2.1.2. Molecular Modeling of BcPPK2-III

The 3D structure of the protein was modeled using the ColabFold v1.5.5 open-source
software [32,33] completed with 3D structure modeling. The high Model Confidence
and Sequence coverage (Figure S2a and b, respectively) indicate the good quality of the
predicted enzyme structure. The vast majority of the structure has been predicted with a
very high (>90%) degree of confidence (Figure S2a). The obtained results were visualized
using PyMOL. The three conserved motifs (Walker A motif, Walker B motif, and lid module)
are highlighted in red, blue, and green, respectively (Figure 4). The spatial position and
proximity of the three motifs supports the hypothesis that the active center is located below
the lid module, between motifs A and B [24,27].
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(a) (b) 

Figure 4. (a) Model of the 3D structure of the recombinant protein BcPPK2-III. The conserved motifs
are shown in colors: Walker A is shown in red, Walker B in blue and the lid module in violet. The
conserved amino acids Q74 and E137 are displayed in yellow and green, respectively. (b) Structural
alignment of BcPPK2-III (light pink) with MrubPPK2-III (PDB: 5LD1) (slate gray).

2.1.3. Modeling of the Enzyme–Substrate Complexes

Molecular docking is a helpful tool in predicting the affinity and biding mode of a na-
tive molecule in the enzyme active site. In order to harness a more complete understanding
of BcPPK2-III and the molecular foundation of interaction and conformation of the three
main compounds within the binding pose, a docking study was performed using Maestro
Schrödinger’s Glide module. The results of the molecular docking are summarized in
Table 1, which lists the conformer of each substrate that yields the best docking score, as
well as the residues of the active site of the enzyme involved in the interaction with the
substrates.

Table 1. Molecular docking results.

Compound Interacting Residues
Docking Score

(kcal/mol)
Glide Emodel

 

Thr78, Lys81, Gly80, Asp82,
Arg133, Arg193, Lys202,

Asp207
−7.0 −100.3

 

Gly80, Asp82, Arg133,
Arg193, Lys202 −6.5 −110.3

Gly80, Lys81, Asp82, Gly83,
Lys 103, Arg133, Arg193,

Lys202, Lys243
−6.3 −136.7

The docking scores indicated that AMP had the highest binding affinity with a score
of −7.0 kcal/mol, followed by ADP with a score of −6.5 kcal/mol, while ATP showed a
relatively lower affinity with a score of −6.3 kcal/mol. The Glide Emodel results provided
further insights into the stability and quality of the binding poses. ATP exhibited the most
favorable Emodel score of −136.7 considering the lower docking score, suggesting a highly
stable interaction within the active site. This suggests that ATP binds with more internal
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strain than the other ligands. This strain could arise from conformational adjustments
required to accommodate the triphosphate moiety within the active site. Such adjustments
could make the binding less energetically favorable, lowering the docking score despite
having strong overall stability. AMP also demonstrated a strong binding pose with an
Emodel score of −100.3. ADP showed intermediate values on both parameters. These
results underscore the nuanced interplay between binding affinity and pose stability,
highlighting AMP as the most suitable ligand.

The biding pose and residue interaction of the three ligands are displayed in Figure 5.
The results are consistent with the expected binding of the three compounds, as has been
described before [34].

 

Figure 5. Structural representation of the enzyme with three different substrates bound in the active
site. (a) The enzyme is bound with AMP, (b) ADP, and (c) ATP. Each panel includes a 3D structure
of the enzyme–substrate complex and a 2D representation showing the residues interacting with
the compounds. In the 3D structures, key residues are highlighted: Walker A motif residues in red,
Walker B motif residues in blue, glutamic acid (E) in green, and the lid domain residues in violet.

The interactions between ATP, ADP, and AMP with the enzyme are mediated by
several key residues that are critical for binding and catalytic activity. In particular, residues
from the Walker A motif, like Asp82 and Gly80, play a critical role in anchoring the nu-
cleotides, while Thr78 and Lys81 enhance binding stability through hydrogen bonding
and electrostatic interactions. The Walker B motif residues, Arg133 and Arg193, further
stabilize the interactions with the phosphate groups, enhancing binding affinity. Addi-
tionally, Lys202 from the lid motif helps maintain the structural integrity of the active
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site, ensuring proper positioning of the nucleotides for optimal catalytic activity. These
interactions highlight the importance of these residues in facilitating nucleotide binding
and enzyme function.

AlphaFold3 modeling of BcPPK2-III with different divalent cations (Ca2+, Mn2+, Mg2+,
and Co2+) and ligands (ATP, ADP, and AMP) revealed no significant structural differences
among the predicted models. The enzyme’s overall fold and active site architecture re-
mained consistent regardless of the specific cation or ligand present. Detailed visualizations
of the modeled structures are presented in Figure S3.

2.2. Heterologous Overexpression, Purification, and Identification of BcPPK2-III

Expression of the recombinant protein was induced with 0.5 mM IPTG at an OD600
nm of 0.5–0.6. The expression and purification of the BcPPK2-III enzyme was analyzed
by SDS-PAGE (Figure S4). The system yielded a high degree of overexpression of the
target enzyme, with 71 mg of pure protein per liter of culture. The CFE (Figure S4, lane 1)
showed a majority band corresponding to the recombinant protein given its theoretical size
(32 kDa). Densitometric analysis revealed that the recombinant protein accounted for 60%
of the total soluble proteins in the CFE. The analysis of the IMAC purification process of
the recombinant protein shows that the recombinant protein binds very specifically to the
resin, as it was not detected in the flow-through after loading the CFE (Figure S4, lane 2),
nor in the subsequent washes performed to remove proteins not specifically bound to the
resin (Figure S4, lane 3). On the contrary, in the combined fractions obtained after elution
of the recombinant protein with imidazole (Figure S4, lane 4), a single band corresponding
to BcPPK2-III was observed with a purity higher than 98%. Interestingly, when the resin
was analyzed after elution of the recombinant protein (Figure S4, lane 5), it was found that
a considerable amount of the protein remained bound to the resin with a high degree of
purity (77.5%). We did not analyze whether the protein that remained bound on the resin
was functional or not. In any case, our results indicate that the protein binds very strongly
and selectively to the Co2+-IDA resin, providing an efficient method for simultaneous
purification and immobilization of the recombinant enzyme.

The identity of the recombinant protein was confirmed by peptide mass fingerprinting
(Figure S5). Seventeen different peptides were identified, corresponding to 68% of the
protein sequence. This result confirmed that the sequence of the purified protein matched
the sequence of BcPPK2-III.

2.3. Functional Characterization of BcPPK2-III
2.3.1. Metal Cofactor Dependence of BcPPK2-III

Characterization of BcPPK2-III initially focused on the enzyme metal cofactor determi-
nation. Although the Luria–Bertani (LB) medium used for protein expression contains trace
amounts of metal ions, these were effectively removed during purification via immobilized
metal affinity chromatography (IMAC). During elution, imidazole displaced any metal
ions bound to the protein by competing with histidine residues for metal coordination.
This process ensured that the purified BcPPK2-III was devoid of residual metal ions from
the expression medium. Four different divalent cations (Mg2+, Mn2+, Co2+ and Ca2+) were
tested. The enzymatic assays revealed no activity in the absence of added divalent cations
(negative control, Figure 6). BcPPK2-III shows activity across all tested cations (Figure 6)
and exhibits substantial and similar activity towards the production of ATP when Co2+,
Mg2+, and Mn2+ are used as cofactors, confirming that the enzyme’s catalytic function
relies on the deliberate addition of metal ions post-purification. Interestingly, when the
enzyme used Ca2+ as a cofactor, it exhibited distinct behavior wherein the production
of ADP surpassed that of ATP. Determining this specificity is of great interest because
it has been described that metal cofactor preference plays a crucial role in the efficiency
of the enzyme towards ATP production. Generally PPK2 enzymes show dependence on
Mn2+ [24] or Mg2+ [27]. In the cases of PPK2-III from Meiothermus ruber and PPK2-III from
Ralstonia eutropha, both divalent cations were used by the enzyme to produce ATP [20,24].
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Figure 6. Effect of metal ions in enzyme activity. Reaction after 24 h using the same concentration of
polyP12 (10 mM) and same concentration of divalent cation (10 mM), for Ca2+, Co2+, Mg2+, Mn2+.
Concentration of produced ATP (blue) and ADP (green) is represented. A negative control (reaction
mixture without cation, indicated as -Me2+) is included.

This is consistent with Nocek and colleagues [30] since PPK2-III was reported to
exhibit high and similar activity with three different cations, illustrating the versatility
of the enzyme along with its distinct Ca2+-dependent activity. Further studies should be
performed to explain the different behavior found with Ca2+, considering the role of its
smaller ionic radius and the solvation shell of the cation.

In addition, it is worth mentioning that the 24 h reaction using Mn2+ as an enzyme
cofactor resulted in a precipitate that could indicate the formation of a nanoflower-like
structure [35] between the shorter polyP chains and the cation, resulting after enzyme
activity (Figure S6). This could translate into lower availability of the phosphate groups,
which could influence the enzymatic efficiency of the enzyme to produce ATP. In this sense,
further characterization of the enzyme was carried out using Mg2+ as a metal cofactor.

2.3.2. Reaction Mechanism and Stepwise Phosphorylation Pathway

The PPK2-III family can perform ATP formation from AMP through two main reaction
mechanisms. The most common mechanism is step-by-step phosphorylation, in such a way
that starting from AMP, the enzyme catalyzes the formation of ATP with an intermediate
formation of ADP. On the other hand, the direct production of ATP from AMP in the so-
called pyrophosphorylation mechanism has been reported, adding two phosphate groups
to AMP, without forming the intermediate ADP [24,36]. To assess the enzymatic mechanism
of BcPPK2-III, the progress of the reaction over 48 h was analyzed (Figure 7a). According
to the time-course experiment, in the first 10 min of the reaction, the enzyme produces
ADP and, in a lower rate, forms ATP, reaching a high yield (≈70%) after 24 h. PPK2-III
enzymes prefer larger chains of polyPn and the shortening of the phosphate donor during
the reaction is a limiting factor in enzyme activity [25,32]. Subsequently, the reaction was
supplemented with polyP12 and the analysis after 48 h did not show a significant increase
in ATP yield, probably due to enzyme stability or inhibition.
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(a) (b) 

 
(c) 

Figure 7. Reaction time-course, showing the concentration of AMP (yellow triangles), ADP (green
circles) and ATP (blue circles). In both reactions, the starting material concentration was 2 mM, Mg2+

was used as divalent cation and PolyP12 (10 mM) as a phosphate donor, and the experiments were
performed in triplicate. (a) The starting material of the reaction was AMP and the red arrow indicates
the supplementation of the reaction with PolyP12 (10 mM). (b) The reaction was carried out with
ADP as the initial substrate. (c) The time-course of the reaction initiated with ADP as the substrate,
showing the appearance of AP4.

To further support the hypothesis that the reaction mechanism proceeds by a stepwise
phosphorylation process and that the observed decrease in ADP is not due to adenylate
kinase side reactivity, a reaction was performed with ADP as the starting substrate instead
of AMP. Figure 7b shows the reaction time-course using ADP as a substrate. When using
ADP as a substrate, we observed the formation of ATP, which was confirmed by comparison
with a standard in HPLC analysis. In addition to ATP, a third peak was detected, which
we hypothesize to be adenosine tetraphosphate (AP4) based on its elution profile, UV
spectra and retention time (Figures 7c and S7c). However, further analysis is required for
confirmation. These results are in agreement with the published literature, since it has been
described that PPK2 enzymes can mediate the formation of oligophosphorylated products
up to nucleoside nona-phosphates [37].

These results experimentally confirm that the BcPPK2-III enzyme belongs to subclass
III, as it catalyzes the stepwise phosphorylation of AMP to ADP and subsequently to ATP.
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2.3.3. Kinetic Analysis and Catalytic Efficiency of BcPPK2-III

It is noteworthy that the PPK2-III enzyme displayed a sigmoidal curve in all three
reactions studied (AMP→ATP, AMP→ADP and ADP→ATP) instead of the expected
hyperbolic profile in the Michaelis–Menten kinetics (Figure S8). The nonlinear regression
analysis performed on the experimental data showed a better fit to the Hill equation than to
the classical Michaelis–Mentel equation, which was confirmed with directed and secondary
kinetics data plotting. The fit to the Hill equation model was assessed by calculating the R2

of the fit, which was 0.95 for the AMP to ATP reaction, 0.89 for the AMP to ADP reaction,
and 0.96 for the ADP to ATP reaction. These values are significant and reproducible as
the experiments were carried out in triplicate. In addition, the Hill coefficient (n) was
greater than 1 in all three cases—4.8 for the AMP to ATP reaction, 2.9 for the AMP to ADP
reaction, and 3.7 for the ADP to ATP reaction—indicating positive cooperativity. Positive
cooperativity is unusual in simple enzyme kinetics and suggests a structure in which
interactions between sub-sites within the active center (Figure 5) facilitate the sequential
progression of the reaction, as observed in enzymes with multiple phosphorylation sites or
cascading active subunits. This cooperative behavior complicates the accurate calculation
of kinetic constants, as the kinetic behavior of the enzyme is strongly influenced by the
experimental conditions. Despite these challenges, we present reliable kinetic data for each
catalytic step, with calculated apparent constants that align with previously reported values
for comparable enzymes (https://www.brenda-enzymes.org/enzyme.php?ecno=2.7.4.1
(accessed on 4 November 2024)).

The catalytic efficiency of the enzyme, as assessed by total turnover number (TTN),
initial turnover rate (ITR) and kinetic constants (Table 2), showed that ATP production is
significantly more efficient when ADP serves as a substrate, achieving a rate approximately
eight times higher (1240 M−1s−1) than with AMP. Additionally, the phosphorylation
efficiency of AMP to ADP is more than three times higher than that of AMP to ATP, with
correspondingly higher ITR values for the conversion of AMP to ADP. This result highlights
the importance of substrate choice in optimizing enzyme performance.

Table 2. Kinetic parameters of BcPPK2-III.

Reaction Vmax (U/mg) kcat (s−1) KM (mM) kcat/KM (M−1s−1) R2 ITR * TTN §

AMP to ATP 0.224 ± 0.011 0.119 ± 0.011 0.79 ± 0.04 151 ± 16 0.95 7.700 ± 0.001 4355

AMP to ADP 1.12 ± 0.034 0.594 ± 0.033 1.14 ± 0.33 520 ± 150 0.89 25.217 ±
0.001

ADP to ATP 1.65 ± 0.15 0.88 ± 0.15 0.71 ± 0.06 1240 ± 230 0.96

* μmol ATP μmol BcPPK2-III−1min−1. § μmol ATP μmol BcPPK2-III−1.

2.3.4. Enzyme Stability

The T50 (the temperature at which the enzyme retains 50% of its activity after a ten-
minute incubation) was determined to be 62 ◦C (Figure 8a). Notably, the enzyme holds
100% activity from 30 to 58 ◦C, which indicates a high degree of thermostability considering
other enzymes described belonging to the same family [24]. In addition, the stability of the
enzyme has been evidenced by pH profile experiments (Figure 8b) since the enzyme retains
more than 97% of activity from pH 6.0 to 9.0. The wide range of pH activity exhibited by
the novel BcPPK2-III is a distinctive attribute that enhances its versatility to be included
in several systems as an ATP regeneration module. Enzymes from this family have been
described to show activity across a wide pH range, including neutral, acidic and alkaline
conditions [36,38].
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(a) (b) 

Figure 8. (a) Kinetic thermostability (T50) of BcPPK2-III, (b) pH profile. Values are presented as the
mean ± standard deviation of three independent experiments.

3. Materials and Methods

3.1. Materials and General Procedures

Synthesis of the gene ppk2-III from Burkholderia cenocepacia, optimization of the nu-
cleotide sequence, and cloning into the plasmid pET-28b(+) were performed by GenScript
(Piscataway, NJ, USA). Peptide mass fingerprinting was performed at the Proteomics
Unit of the Complutense University of Madrid. Escherichia coli strain BL21 (DE3) was
obtained from Promega Biotech Ibérica S.L. (Madrid, Spain). The GenEluteTM Plasmid
Miniprep Kit from Sigma-Aldrich (Darmstadt, Germany) was used to purify the plasmid.
Promega 1kb DNA Step Ladder Molecular Weight Marker and restriction enzymes were
purchased from ThermoFisher Scientific Inc. (Waltham, MA, USA). Kanamycin, DNase I,
and other reagents were purchased from Sigma-Aldrich (Darmstadt, Germany). Isopropyl-
β-D-thiogalactopyranoside (IPTG) was purchased from Applichem GmBH (Darmstadt,
Germany). The acrylamide/bis-acrylamide 30% (29:1) solution used for protein analysis by
SDS-PAGE was purchased from Bio-Rad (Hercules, CA, USA). The Low Molecular Weight
Calibration Kit from GE Healthcare was used. SDS-PAGE gels were run on a MiniProtean®

Tetracell cuvette from Bio-Rad (Hercules, CA, USA). Agarose gels were run in a RunOne™
Electrophoresis Cell cuvette from EmbiTec (San Diego, CA, USA) using SYBR Safe from
ThermoFisher Scientific (Waltham, MA, USA). Analysis of the gels was performed using
a Gene Flash Bio Imaging Photodocumenter from Syngene LTD (Bengaluru, Karnataka).
Iminodiacetic acid agarose (IDA-agarose) was purchased from Agarose Bead Technologies
(Miami, FL, USA). Solvents were of analytical grade. DNA manipulation was performed
according to standard procedures [39].

3.2. Bioinformatic and Computational Analysis
3.2.1. Sequence Analysis and Structural Modeling of BcPPK2-III

Secondary structural motifs of the protein were identified by the theoretical structural
analysis performed in the PSIPRED Protein Analysis Workbench [40]. Three-dimensional
structure modeling without a template was performed using the ColabFold open-source
software [34,35]. In addition, the structure of BcPPK2-III was modeled using AlphaFold 3,
a state-of-the-art deep learning algorithm for protein structure prediction. The modeling
was conducted to explore potential interactions between the enzyme and various divalent
cations (Ca2+, Mn2+, Mg2+, and Co2+) as well as ligands (ATP, ADP, and AMP). The input
sequence of BcPPK2-III was used without additional structural templates or constraints,
and the resulting models were analyzed for cation- and ligand-binding configurations.

Pairwise structural alignment was performed using the RCSB PDB tool to compare
the 3D structure of BcPPK2-III with MrubPPK2-III (PDB: 5LD1), taking into account RMSD
values and TM-score [41].

36



Int. J. Mol. Sci. 2024, 25, 12995

3.2.2. Molecular Docking Modeling of the Enzyme–Substrate Complexes

The docking study was conducted using Maestro (version 13.2.128) for molecular
modeling and visualization and MMshare (version 5.8.128, Release 2022-2) for molecular
mechanics. The protein structure was prepared using Maestro. Ligand structures were
sketched using Chemdraw and subsequently prepared using Maestro’s ligand preparation
tools. This preparation involved generating 3D coordinates, optimizing the ligand geometry,
and assigning appropriate force field parameters. The ligand structures were energy
minimized using the OPLS3e force field within Maestro to ensure accurate docking results.
Docking simulations were performed using the Glide module within Maestro. The protein’s
active site was defined by setting a grid box around the binding pocket, and the ligands
were docked into this grid to explore potential binding modes. Default Glide settings,
including standard precision (SP) mode, were used for the docking simulations. Each
ligand was docked in multiple poses, and the results were analyzed to identify binding
modes with favorable docking scores. The top-ranked binding poses were selected based
on their docking scores and interactions with the active site residues. Binding interactions
and the best docking poses were visualized and analyzed using Maestro’s visualization
tools to assess the quality of ligand binding.

3.3. Expression and Purification of BcPPK2-III
3.3.1. Cloning of ppk2-III Gene

The ppk2-III gene from B. cenocepacia was synthesized and optimized for expression
in E. coli. This significantly improved the codon adaptation index (CAI) from 0.68 to 0.97.
Considering that a CAI value of 1 occurs when the sequence is optimal for expression in the
specific organism, the performed optimization significantly improves the chances of correct
expression of the ppk2-III gene in E. coli. The percentage of guanines (G) and cytosines (C)
could be decreased by 8%, which could significantly increase the stability of DNA and the
secondary structure of the mRNA. Cloning of the optimized ppk2-III gene was performed in
the expression plasmid pET-28b(+), which allows induction of protein overexpression with
isopropyl-β-D-1-thiogalactopyranoside (IPTG). The protein is expressed fused to a 6-His tag
at the N-terminus, allowing its one-step purification by ion metal affinity chromatography
(IMAC) from cell-free extract (CFE). The plasmid, designated pET-28b(+)-ppk2-III, was then
transformed into competent E. coli BL21 (DE3) cells. Restriction analysis of the plasmid
after its purification revealed two bands (Figure S9): the band corresponding to the plasmid
pET-28-b(+), with a size of 5368 bp, and a band of 279 bp corresponding to the expected
size of the ppk2-III gene.

3.3.2. Heterologous Expression and Purification of Recombinant BcPPK2-III

For expression of the BcPPK2-III protein, preinocula of recombinant colonies were
prepared in 5 mL LB medium containing 5 μL kanamycin (50 μg/mL) and incubated
overnight at 37 ◦C with shaking (160 rpm). The culture was extended and incubated under
the same conditions until the exponential phase (OD600nm = 0.5–0.7) was reached. At
this point, protein expression was induced with IPTG at a final concentration of 1 mM.
Orbital agitation was kept constant and the temperature was lowered to 30 ◦C to avoid the
formation of inclusion bodies. The culture was then centrifuged at 4000 rpm for 20 min to
recover the cells. The pellet was resuspended in Na2HPO4 buffer (50 mM, 300 mM NaCl,
pH = 8.0). Cell disruption was performed by sonication (70% amplitude, 10 s pulse and
15 s pause). The lysed cells were separated by centrifugation of the mixture at 8000 rpm
for 20 min. The supernatant obtained was treated with DNaseI (10 μg/mL cells) and
MgCl2 (0.95 μg/mL cells) for 20 min on ice. Streptomycin (1% weight/volume) was then
added and allowed to act for an additional 20 min. Finally, the cell-free extract (CFE) was
obtained by centrifugation, which, after aliquoting, was frozen with liquid NO2 and stored
at −80 ◦C.

Purification by divalent ion affinity chromatography (IMAC) was performed using
a Co2+-IDA–agarose column. The resin was washed with milliQ H2O and equilibrated
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with 10 mM imidazole, 50 mM Na2HPO4 and 300 mM NaCl buffer, pH = 8.0. CFE was
added to the resin at a ratio of 1:1 (v/v). To remove proteins non-specifically bound to the
resin, the column was washed with 2 volumes of the same buffer. The recombinant protein
was then eluted with 1 volume of the same buffer containing 2.0 M imidazole. The eluates
were dialyzed to remove the imidazole on 30 kDa cut-off Vivaspin centricones. Finally,
the enzyme was kept in Tris-hydroxymethyl-aminomethane (Tris-HCl) buffer (50 mM
pH = 8.0 at 4 ◦C). The protein concentration in the purification fractions was quantified
by Ab280nm using the theoretical size of the protein (32 kDa) and the theoretical molar
extinction coefficient (ε) determined by the content of tryptophan (W), tyrosine (Y), and
cysteine (C) and calculated using Equation (1):

ε = (nW × 5500) + (nY × 1490) + (nC × 125) (1)

Expression and successive purification steps were monitored by SDS-PAGE (Figure S4)
at 11% in the resolving gel. Quantification of gels and protein purity was performed by
densitometric analysis (GeneTools 3.07).

3.4. Functional Characterization and Stability Assays
3.4.1. HPLC Analysis of BcPPK2-III Activity

Analysis of the enzymatic activity of BcPPK2-III in all cases was performed by re-
verse high-performance liquid chromatography (RHPLC) with an Agilent 1260 Infinity
II equipped with an InfinityLab Poroshell 120 EC-18 column (150 mm × 4.6 mm, 4 μm)
and photodiode array (PDA). The injections were performed by an autosampler and 3 μL
of enzyme reaction was injected. The solvent system used solvent (A): 0.1% (v/v) trifluo-
roacetic acid (TFA) in H2O and solvent (B): 0.05% (v/v) TFA in CH3CN, with a flow rate of
1 mL min−1, detection at 260 nm and column temperature of 30 ◦C. Samples were analyzed
using a gradient elution of 100% A over 4 min and of 0 to 10% of B over 4 min. Commercial
standards of ATP, ADP, and AMP with retention times of 2.8 min, 3.5 min and 7.3 min,
respectively, were used to identify the different nucleotides present in the reaction mixture
(Figure S7).

3.4.2. Enzyme Activity Assay, Metal Ion Preference and Reaction Progress

Unless stated otherwise, enzyme activity assays were performed using 100 mM Tris-
HCl buffer pH = 7.0, polyP (10 mM) with a chain length of 12 units as the donor of
phosphate groups, AMP or ADP as substrates with a concentration of 2 mM, and MgSO4
(10 mM) as the metal ion cofactor. Reactions were initiated by the addition of BcPPK2-III
(10 μg/mL) and maintained at 30 ◦C with orbital shaking (700 rpm). BcPPK2-III reaction
progress was monitored by RHPLC every 10 min for the first 6 h and after 24 h. Additionally,
10 mM of polyP was supplemented to the same reaction and measured after 48 h.

A study of the enzymatic activity of BcPPK2-III was performed using the standard
conditions and introducing various metal ions (Ca2+, Co2+, Mg2+ and Mn2+) with a final
concentration of 10 mM in the reaction.

3.4.3. Kinetic Constants Determination

The kinetic constants determination was performed with the following conditions:
100 mM Tris-HCl buffer pH = 7.0, polyP (10 mM), AMP or ADP as substrates with a
concentration from 0.5 to 2 mM, and MgSO4 (10 mM) as the metal ion cofactor. Reactions
were initiated by the addition of BcPPK2-III (20 μg/mL). The reaction rate was determined
at early reaction times, ensuring that less than 10% of the substrate was converted. This
approach guarantees that measurements were taken within the reaction’s “linear phase”,
well before reaching equilibrium and at the initial step of the AMP→ADP or ADP→ATP
reaction sequence.

Initial velocities (V, in U/mg) were fitted to the Hill equation, and kinetic constants
(Vmax and KM) were calculated using the built-in nonlinear regression tools in SigmaPlot
14.0 (Figure S8).
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3.4.4. Stability Assays of BcPPK2-III

Thermostability and pH profile assays were performed with a final enzyme concentra-
tion of 10 μg/mL. The temperature gradient scale ranging from 30 to 70 ◦C was established
as follows: 30.0, 31.6, 34.6, 39.5, 45.3, 49.6, 52.8, 55, 56.1, 57.9, 60.7, 64, 67, 68.9, and 70 ◦C.
This gradient profile was achieved using a thermocycler (Bio-rad T100 Thermal Cycler).
After 10 min of incubation, BcPPK2-III samples were removed, chilled on ice for 10 min and
incubated further at room temperature for 10 min. Finally, samples of 20 μL were added
to 180 μL volume of reaction mixture containing 100 mM Tris-HCl buffer, pH = 7.0, polyP
(10 mM), AMP (2 mM) and MgSO4 (10 mM).

The optimum pH activity was determined using 100mM Britton-Robinson buffer at
different pH values (2.0, 3.0, 4.0, 5.0, 6.0, 7.0, 8.0, 9.0, 10.0, 11.0 and 12.0) containing the
reaction mixture with the aforementioned concentrations of AMP, polyP and MgSO4.

3.5. Scanning Transmission Electron Microscopy

Transmission electron microscopy images were recorded with a field emission scan-
ning electron microscope (FESEM), Hitachi SU-8000, operated at 30 kV in transmitted
electron imaging mode (sTEM) equipped with a charge-coupled device (CCD) camera.
Briefly, for sample preparation, one drop of reaction solution in water (~5–10 μL) was left
to dry over ultrathin carbon type-A film supported on a 400-mesh copper grid (3 mm in
diameter) (from Ted Pella, Inc. Redding, Redding, CA, USA).

4. Conclusions

It was experimentally demonstrated that the enzyme encoded by the ppk2-III gene is a
polyphosphate kinase of family 2, subclass III, which is capable of producing ATP from
AMP. Sequence analysis confirmed the presence of conserved motifs, including the Walker
A and B motifs, characteristic of PPK2 enzymes. Structural characterization through 3D
modeling, molecular docking and peptide mass fingerprinting verified the identity and
integrity of the recombinant protein.

The biochemical characterization of BcPPK2-III revealed that the enzyme is active with
several divalent cations, exhibiting substantial activity with Mg2+, Mn2+ and Co2+ and a
distinct ADP production preference with Ca2+. The enzyme achieved a 70% conversion of
ATP from AMP after 24 h, with a total turnover number of 4355. The reaction mechanism
was determined to proceed through a stepwise phosphorylation process, forming ADP as
an intermediate before generating ATP. In addition, the enzyme could be producing AP4 as
a final product, when the first substrate of the reaction is ADP. According to the determined
kinetic constants, the phosphorylation of AMP to ADP is the most efficient step.

Enzyme stability tests showed that BcPPK2-III retains full activity at temperatures
between 30 and 58 ◦C, with a T50 of 62 ◦C, indicating high thermostability. The enzyme
also maintained more than 97% of its activity across a pH range of 6.0–9.0, with optimal
activity at pH 9.0. These two properties are very valuable from a biocatalysis point of
view, as in many processes—such as ATP regeneration—it is necessary to combine several
enzymes with different activity optima or to work under very demanding conditions in
order to adapt the process to an industrial scale.

These findings suggest that BcPPK2-III is a robust and versatile enzyme with signifi-
cant potential for use in ATP regeneration, reducing costs and improving the efficiency of
biocatalytic processes that require stoichiometric amounts of ATP. The enzyme’s ability to
function with multiple metal cofactors and its stability under various conditions make it a
valuable candidate for industrial applications.
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//www.mdpi.com/article/10.3390/ijms252312995/s1.
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18. Mordhorst, S.; Maurer, A.; Popadić, D.; Brech, J.; Andexer, J.N. A Flexible Polyphosphate-Driven Regeneration System for
Coenzyme A Dependent Catalysis. ChemCatChem 2017, 9, 4164–4168. [CrossRef]

19. Xu, R.; Wang, Y.; Huang, H.; Jin, X.; Li, J.; Du, G.; Kang, Z. Closed-Loop System Driven by ADP Phosphorylation from
Pyrophosphate Affords Equimolar Transformation of ATP to 3′-Phosphoadenosine-5′-Phosphosulfate. ACS Catal. 2021, 11,
10405–10415. [CrossRef]

40



Int. J. Mol. Sci. 2024, 25, 12995

20. Monterrey, D.T.; Benito-Arenas, R.; Revuelta, J.; García-Junceda, E. Design of a Biocatalytic Cascade for the Enzymatic Sulfation
of Unsulfated Chondroitin with in Situ Generation of PAPS. Front. Bioeng. Biotechnol. 2023, 11, 1–10. [CrossRef] [PubMed]

21. Datta, P.; Fu, L.; He, W.; Koffas, M.A.G.; Dordick, J.S.; Linhardt, R.J. Expression of Enzymes for 3′-Phosphoadenosine-5′-
Phosphosulfate (PAPS) Biosynthesis and Their Preparation for PAPS Synthesis and Regeneration. Appl. Microbiol. Biotechnol.
2020, 104, 7067–7078. [CrossRef] [PubMed]

22. Mordhorst, S.; Singh, J.; Mohr, M.K.F.; Hinkelmann, R.; Keppler, M.; Jessen, H.J.; Andexer, J.N. Several Polyphosphate Kinase 2
Enzymes Catalyse the Production of Adenosine 5′-Polyphosphates. ChemBioChem 2019, 20, 1019–1022. [CrossRef]

23. Ogawa, M.; Uyeda, A.; Harada, K.; Sato, Y.; Kato, Y.; Watanabe, H.; Honda, K.; Matsuura, T. Class III Polyphosphate Kinase 2
Enzymes Catalyze the Pyrophosphorylation of Adenosine-5′-Monophosphate. ChemBioChem 2019, 20, 2961–2967. [CrossRef]

24. Motomura, K.; Hirota, R.; Okada, M.; Ikeda, T.; Ishida, T.; Kuroda, A. A New Subfamily of Polyphosphate Kinase 2 (Class
III PPK2) Catalyzes Both Nucleoside Monophosphate Phosphorylation and Nucleoside Diphosphate Phosphorylation. Appl.
Environ. Microbiol. 2014, 80, 2602–2608. [CrossRef] [PubMed]

25. Moriarty, T.F.; Mullan, A.; McGrath, J.W.; Quinn, J.P.; Elborn, J.S.; Tunney, M.M. Effect of Reduced PH on Inorganic Polyphosphate
Accumulation by Burkholderia Cepacia Complex Isolates. Lett. Appl. Microbiol. 2006, 42, 617–623. [CrossRef]

26. Leipe, D.D.; Koonin, E.V.; Aravind, L. Evolution and Classification of P-Loop Kinases and Related Proteins. J. Mol. Biol. 2003, 333,
781–815. [CrossRef]

27. Nocek, B.; Kochinyan, S.; Proudfoot, M.; Brown, G.; Evdokimova, E.; Osipiuk, J.; Edwards, A.M.; Savchenko, A.; Joachimiak, A.;
Yakunin, A.F. Polyphosphate-Dependent Synthesis of ATP and ADP by the Family-2 Polyphosphate Kinases in Bacteria. Proc.
Natl. Acad. Sci. USA 2008, 105, 17730–17735. [CrossRef]

28. Altschul, S.; Madden, T.L.; Schäffer, A.A.; Zhang, J.; Zhang, Z.; Miller, W.; Lipman, D.J. Gapped BLAST and PSI-BLAST: A New
Generation of Protein Database Search Programs. Nucleic Acids Res. 1997, 25, 3389–3402. [CrossRef]

29. Altschul, S.F.; Wootton, J.C.; Gertz, E.M.; Agarwala, R.; Morgulis, A.; Schäffer, A.A.; Yu, Y. Protein Database Searches Using
Compositionally Adjusted Substitution Matrices. FEBS J. 2005, 272, 5101–5109. [CrossRef] [PubMed]

30. Nocek, B.P.; Khusnutdinova, A.N.; Ruszkowski, M.; Flick, R.; Burda, M.; Batyrova, K.; Brown, G.; Mucha, A.; Joachimiak, A.;
Berlicki, Ł.; et al. Structural Insights into Substrate Selectivity and Activity of Bacterial Polyphosphate Kinases. ACS Catal. 2018, 8,
10746–10760. [CrossRef]

31. Krogh, A.; Larsson, B.; von Heijne, G.; Sonnhammer, E.L. Predicting Transmembrane Protein Topology with a Hidden Markov
Model: Application to Complete Genomes11Edited by F. Cohen. J. Mol. Biol. 2001, 305, 567–580. [CrossRef]

32. Jumper, J.; Evans, R.; Pritzel, A.; Green, T.; Figurnov, M.; Ronneberger, O.; Tunyasuvunakool, K.; Bates, R.; Žídek, A.; Potapenko,
A.; et al. Highly Accurate Protein Structure Prediction with AlphaFold. Nature 2021, 596, 583–589. [CrossRef] [PubMed]

33. Mirdita, M.; Schütze, K.; Moriwaki, Y.; Heo, L.; Ovchinnikov, S.; Steinegger, M. ColabFold: Making Protein Folding Accessible to
All. Nat. Methods 2022, 19, 679–682. [CrossRef] [PubMed]

34. Parnell, A.E.; Mordhorst, S.; Kemper, F.; Giurrandino, M.; Prince, J.P.; Schwarzer, N.J.; Hofer, A.; Wohlwend, D.; Jessen, H.J.;
Gerhardt, S.; et al. Substrate Recognition and Mechanism Revealed by Ligand-Bound Polyphosphate Kinase 2 Structures. Proc.
Natl. Acad. Sci. USA 2018, 115, 3350–3355. [CrossRef] [PubMed]

35. Lee, S.J.; Jang, H.; Lee, D.N. Recent Advances in Nanoflowers: Compositional and Structural Diversification for Potential
Applications. Nanoscale Adv. 2023, 5, 5165–5213. [CrossRef]

36. Zhang, X.; Cui, X.; Li, Z. Characterization of Two Polyphosphate Kinase 2 Enzymes Used for ATP Synthesis. Appl. Biochem.
Biotechnol. 2020, 191, 881–892. [CrossRef]

37. Frank, C.; Teleki, A.; Jendrossek, D. Characterization of Agrobacterium Tumefaciens PPKs Reveals the Formation of Oligophos-
phorylated Products up to Nucleoside Nona-Phosphates. Appl. Microbiol. Biotechnol. 2020, 104, 9683–9692. [CrossRef] [PubMed]

38. Batten, L.E.; Parnell, A.E.; Wells, N.J.; Murch, A.L.; Oyston, P.C.F.; Roach, P.L. Biochemical and Structural Characterization of
Polyphosphate Kinase 2 from the Intracellular Pathogen Francisella Tularensis. Biosci. Rep. 2016, 36. [CrossRef]

39. Sambrook, J.; Fritsch, E.F.; Maniatis, T. Molecular Cloning: A Laboratory Manual, 2nd ed.; Cold Spring Harbour: New York, NY,
USA, 1989; ISBN 0-87969-309-6.

40. Buchan, D.W.A.; Jones, D.T. The PSIPRED Protein Analysis Workbench: 20 Years On. Nucleic Acids Res. 2019, 47, W402–W407.
[CrossRef]

41. Bittrich, S.; Segura, J.; Duarte, J.M.; Burley, S.K.; Rose, Y. RCSB Protein Data Bank: Exploring Protein 3D Similarities via
Comprehensive Structural Alignments. Bioinformatics 2024, 40, btae370. [CrossRef]

Disclaimer/Publisher’s Note: The statements, opinions and data contained in all publications are solely those of the individual
author(s) and contributor(s) and not of MDPI and/or the editor(s). MDPI and/or the editor(s) disclaim responsibility for any injury to
people or property resulting from any ideas, methods, instructions or products referred to in the content.

41



Article

Optimization and Bioreactor Scale-Up of Cellulase Production in
Trichoderma sp. KMF006 for Higher Yield and Performance

Seongwoo Myeong, Yun-Yeong Lee and Jeonghee Yun *

Department of Forest Products and Biotechnology, Kookmin University, Seoul 02707, Republic of Korea;
mouse9610@naver.com (S.M.); yunlee529@kookmin.ac.kr (Y.-Y.L.)
* Correspondence: yunjh@kookmin.ac.kr; Tel.: +82-2-910-4822

Abstract: This study optimized operating parameters to enhance cellulase production
and evaluated scale-up feasibility in submerged fermentation (SmF) using Trichoderma sp.
KMF006. Flask-scale experiments assessed the effects of Avicel:cellulose ratios (4:0–0:4), agi-
tation speeds (150–210 rpm), and turbulence (baffled vs. non-baffled flasks), with optimized
conditions applied to a 10 L bioreactor. A 3:1 Avicel:cellulose ratio (A3C1) significantly
accelerated cellulase production, reaching peak activity 6 days earlier than Avicel alone. An
agitation speed of 180 rpm was optimal, balancing enzyme activity and energy efficiency.
Turbulence enhanced cellulase yields, with baffled flasks increasing EG, BGL, and CBH
activities 19.9-, 6.2-, and 8.9-fold, respectively, compared to the control. Biochar further
improved cellulase production but only under turbulent conditions, demonstrating a syn-
ergistic effect. At the bioreactor scale, the A3-180_Imp (A3C1, 180 rpm, impeller-induced
turbulence) achieved the highest enzymatic activity (33.60 U/mL EG, 3.46 U/mL BGL,
and 0.63 U/mL CBH). The filter paper unit (FPU) was 84 FPU/mL, a two-fold increase
compared to the control. However, excessive turbulence at 210 rpm reduced enzyme
stability, emphasizing the importance of balancing shear stress. These findings provide
a systematic framework for optimizing SmF conditions, highlighting the significance of
balancing hydrodynamic conditions for efficient cellulase production at an industrial scale.

Keywords: cellulase production; submerged fermentation (SmF); carbon source composition;
hydrodynamic conditions; bioreactor scale-up

1. Introduction

Over the past few centuries, the global population has grown rapidly, leading to a
significant increase in the use of petrochemical products such as plastics and fossil fuels.
This excessive consumption has caused climate change and environmental pollution to
become critical international issues [1,2]. In response, lignocellulosic biomass (LCB) has
garnered attention as a promising alternative resource [3]. LCB, one of the most abundant
and sustainable resources available globally, is categorized into three generations: first
generation (agricultural crops), second generation (forestry and agricultural residues), and
third generation (microalgae and bacteria) [4,5]. The use of LCB in biorefinery processes to
produce bioproducts as substitutes for fossil-based resources has been actively studied [6,7].
Prominent bioproducts include biofuels and bioplastics, both of which are projected to
experience steady market growth [8,9]. Germany, France, the United States, and 30 other
countries have adopted the Renewable Fuel Standard (RFS) as defined by the REN21 report,
blending bioethanol and biodiesel into gasoline and diesel, respectively, for transportation
fuel [10]. Additionally, the European Union introduced the Single-Use Plastic Directive
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(EU 2019/904) as part of its Circular Economy Action Plan, mandating the use of recycled
materials and promoting bioplastics [11].

LCB consists of cellulose, hemicellulose, and lignin, which are tightly bound in a rigid
structure [12]. This composition makes pretreatment and saccharification essential steps
for the production of bioproducts [13,14]. Saccharification is typically performed using
either acid hydrolysis or cellulase enzymes. While acid hydrolysis is fast and can produce
high concentrations of sugars, it requires harsh temperature conditions (200–240 ◦C) and
generates inhibitory byproducts such as furfural, hydroxymethylfurfural (HMF), vanillin,
and formic acid. In contrast, enzymatic saccharification using cellulase is gaining attention
as an environmentally friendly alternative [15,16]. Cellulase is a complex enzyme system
composed of endoglucanase (EG, EC 3.2.1.4), β-glucosidase (BGL, EC 3.2.1.21), and cel-
lobiohydrolase (CBH, EC 3.2.1.91) [17]. These enzymes are secreted by microorganisms,
with fungi such as Trichoderma sp., Aspergillus sp., and Penicillium sp. being the primary
sources for industrial production [17]. However, the high cost of cellulase production
remains a significant barrier to the practical production of biofuels, highlighting the need
for cost-effective production processes [9,13,18].

For efficient cellulase production, two fermentation processes are commonly em-
ployed: solid-state fermentation (SSF) and submerged fermentation (SmF) [19,20]. SSF
allows for high enzyme yields as it provides environmental conditions similar to those
in nature, promoting microbial growth [21]. Although SmF generally results in lower en-
zyme activity than SSF, particularly with lignocellulosic substrates, it remains the preferred
method for industrial application due to its ease of enzyme recovery, process control, and
scalability [17]. To improve cellulase productivity in SmF, previous studies have focused on
optimizing parameters such as nutrient composition, pH, temperature, incubation period,
and aeration [22–25]. Moreover, innovative strategies, including the integration of SSF and
SmF [26,27] or the use of activity-enhancing supplements [28,29], have been explored to
overcome the limitations of conventional SmF systems.

This study was built upon prior research that demonstrated the potential of cellulase
production by incorporating biochar during Trichoderma sp. cultivation in SmF [30]. Biochar,
a high-carbon material with high porosity and surface area, is known to enhance microbial
growth and cellulase activity by serving as a microbial habitat [31–36]. While core cultiva-
tion parameters such as temperature and pH were previously optimized for this strain [37],
the present study focused on evaluating physical and structural factors including carbon
source composition, agitation speed, and turbulence efficiency, as these directly affect
oxygen transfer and substrate accessibility in SmF systems. Flask-scale experiments were
conducted to evaluate the effects of three factors—carbon source, agitation speed, and
turbulence efficiency—on cellulase production. Protein concentration and cellulase activity
were measured, and the most effective conditions were identified using ANOVA-based
statistical comparisons. These conditions were then applied to a bioreactor to assess the
potential for scale-up, with final enzymatic activity evaluated using the Filter Paper Unit
(FPU) assay.

2. Results and Discussion

2.1. Effect of Carbon Source Composition on Cellulase Activity

The time profiles of cellulase activity under different carbon source compositions are
presented in Figure S1, while the maximum enzyme activities are summarized in Table 1.
EG activity did not exhibit a consistent trend across different carbon compositions. In the
control condition (A4C0), EG activity reached its maximum activity at 18 days (24.19 U/mL),
whereas the experimental groups exhibited faster enzyme production, with the maximum
activities observed between 12 and 15 days. Among these, A3C1 exhibited the highest EG
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activity, reaching 27.84 U/mL at 12 days. BGL and CBH exhibited more consistent patterns
regardless of carbon composition. BGL activity reached its peak between 15 and 18 days,
while CBH reached its maximum value between 12 and 15 days. Although no statistically
significant differences were observed (p > 0.05), A3C1 exhibited the highest activity across
all three enzymes, with the maximum values of 27.84 U/mL (EG), 0.87 U/mL (BGL), and
0.25 U/mL (CBH). Protein concentration followed a similar trend, peaking between 12 and
15 days within the range of 0.58 to 0.73 mg/mL, with no significant differences among
experimental groups (p > 0.05).

Table 1. The maximum enzymatic activities and protein concentration under different flask-level
experimental conditions.

C Source Comp. (1) EG (U/mL) BGL (U/mL) CBH (U/mL)
Protein

(mg/mL)

Control (A4C0) 24.19 ± 5.18 ab 0.80 ± 0.05 ab 0.20 ± 0.01 b 0.58 ± 0.09 a

A3C1 27.84 ± 3.29 ab 0.87 ± 0.14 a 0.25 ± 0.01 a 0.68 ± 0.19 a

A2C2 17.93 ± 5.55 b 0.72 ± 0.05 ab 0.18 ± 0.03 b 0.73 ± 0.06 a

A1C3 16.75 ± 3.13 b 0.70 ± 0.07 b 0.17 ± 0.02 b 0.60 ± 0.07 a

A0C4 21.38 ± 4.88 ab 0.66 ± 0.05 b 0.20 ± 0.01 b 0.66 ± 0.06 a

Agitation speed (2) EG (U/mL) BGL (U/mL) CBH (U/mL)
Protein

(mg/mL)

150 rpm 16.90 ± 2.12 b 1.77 ± 0.42 b 0.33 ± 0.06 b 0.71 ± 0.08 b

180 rpm 32.04 ± 3.82 a 3.60 ± 0.69 a 0.53 ± 0.10 a 1.05 ± 0.07 a

210 rpm 32.35 ± 4.57 a 3.83 ± 0.19 a 0.59 ± 0.06 a 1.10 ± 0.05 a

Turbulence effi. (3) EG (U/mL) BGL (U/mL) CBH (U/mL)
Protein

(mg/mL)

Baf-w/o BC 27.59 ± 3.03 b 1.15 ± 0.07 b 0.30 ± 0.01 b 0.69 ± 0.04 b

Baf-1% BC 34.41 ± 3.02 a 1.46 ± 0.15 a 0.33 ± 0.02 a 0.97 ± 0.03 a

Rou-w/o BC 10.18 ± 1.14 c 0.63 ± 0.09 c 0.14 ± 0.02 c 0.43 ± 0.05 c

Rou-1% BC 1.73 ± 1.05 d 0.24 ± 0.02 d 0.04 ± 0.00 d 0.42 ± 0.07 c

(1) C source composition: Avicel (A) and cellulose (C) were mixed at different ratios (w/v), where the number
represents the respective proportions. (2) Agitation speed: Fixed carbon source ratio (A3C1) was used at agitation
speeds of 150, 180, and 210 rpm. (3) Turbulence efficiency: Fixed carbon source ratio (A3C1) at 180 rpm was tested
in baffled and round flasks, with and without biochar (1%, w/v). Significant differences among the experimental
conditions are represented by different letters (p < 0.05). All data are expressed as mean ± standard deviation
(SD) from six measurements (n = 6).

To further evaluate enzyme production efficiency, the maximum specific activities of
EG, BGL, and CBH were analyzed (Figure 1a). Specific activity is defined as enzymatic
activity normalized to protein concentration (U/mg), which allows for an evaluation of
enzymatic efficiency regardless of total protein content [30]. The results showed that
EG exhibited the highest specific activity in both A3C1 (43.94 U/mg) and the control
(43.62 U/mg), with no significant difference between them (p > 0.05). The specific activities
of BGL in A3C1 (1.57 U/mg) and A1C3 (1.59 U/mg) were slightly higher than those in
other groups, though the differences were not significant (p > 0.05). In contrast, CBH
activity was significantly higher in A3C1 (0.39 U/mg) and the control (0.38 U/mg) than in
other groups (p < 0.05).

To assess the relative improvement in cellulase activity under A3C1 compared to the
control, Figure 1b presents the fold increase in enzymatic activity and specific activity.
Enzymatic activity in A3C1 was 1.09–1.25 times higher than in the control, while specific
activity showed a 1.01–1.09-fold increase. Although these differences were relatively minor,
the time required to reach the maximum activity was significantly shorter in A3C1 than
in the control (Figure 1c). EG activity peaked at 12 days in A3C1, compared to 18 days in

44



Int. J. Mol. Sci. 2025, 26, 3731

the control, while BGL activity peaked at 15 days in A3C1 and 18 days in the control. CBH
showed no difference in peak timing between the two conditions.

Figure 1. Comparison of enzymatic activities and performance under different carbon source com-
positions in flask-scale experiments. (a) Maximum specific activities (U/mg) of EG, BGL, and CBH
across all experimental conditions. (b) X-fold improvement in enzymatic activities of cellulase under
optimal (A3C1) compared to control (A4C0). X-fold values were calculated separately for enzyme
activity (EA, U/mL) and specific activity (SA, U/mL). (c) Time to maximum enzymatic activities
(days) of cellulase under control (A4C0) and optimal (A3C1) conditions. Error bars represent standard
deviation (SD) from six measurements (n = 6). Statistical significance was determined by one-way
ANOVA followed by Tukey’s HSD test (p < 0.05).

These results suggest that, while the overall improvement in enzymatic activity was
moderate, the A3C1 condition significantly reduced the cultivation time required to achieve
the maximum cellulase activity. Optimizing the carbon source ratio to Avicel:cellulose = 3:1
(A3C1) was effective in accelerating enzyme production, making it the most suitable
composition for cellulase production.
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Avicel is widely recognized as a primary carbon source for inducing cellulase produc-
tion in Trichoderma species [38]. As a form of microcrystalline cellulose, Avicel is relatively
more hydrolysable than other insoluble cellulose substrates [38]. Several studies have
demonstrated its effectiveness in cellulase production across various fungal species and
fermentation systems. For instance, Silva et al. (2020 compared the cellulase activity of
Trichoderma reesei RP698 using 12 different carbon sources, including Avicel, filter paper,
and carboxymethyl cellulose (CMC), with Avicel resulting in the highest cellulase activ-
ity [39]. SmF using Avicel as the primary carbon source has successfully supported cellulase
production in Orpinomyces sp. [40]. Similarly, Daldinia sp. cultivated in SmF with Avicel
as the carbon source exhibited significant cellulase activity [41]. In contrast, the present
study demonstrates that a mixed carbon source composed of Avicel and cellulose at a 3:1
ratio (A3C1) significantly shortened the time required to reach the maximum cellulase
activity Trichoderma sp. KMF006, compared to Avicel alone (A4C0). This suggests that
mixed substrates may facilitate a more rapid onset of enzymatic activity by influencing the
induction process for cellulase production. While studies on mixed carbon sources remain
limited, similar effects have been observed in previous research. Singhania et al. (2015)
reported that combining wheat bran and Avicel in a 4:1 ratio enhanced cellulase produc-
tion [42]. Similarly, Saini et al. (2015) demonstrated through response surface methodology
(RSM) that a mixture of Avicel (0.5%, w/v), wheat bran (2.5%, w/v), and ammonium sulfate
(0.53%, w/v) yielded an estimated maximum cellulase activity of 1.26 FPU/mL [43]. These
findings collectively indicate that optimizing carbon source composition can be a useful
strategy for improving cellulase production efficiency.

Cellulases produced by Trichoderma species are classified as adaptive enzymes, the
expression of which is significantly induced in the presence of specific inducers [44,45].
Previous studies have suggested that insoluble cellulose alone does not effectively in-
duce early-stage cellulase production. Instead, intermediate metabolites, particularly
cello-oligosaccharides such as cellobiose, play a crucial role in triggering cellulase syn-
thesis [46,47]. Notably, BGL functions not only as a hydrolytic enzyme but also as a
transglycosylation catalyst, synthesizing β-disaccharides that serve as potent inducers
of cellulase biosynthesis [44,46]. Consistent with this finding, Li et al. (2016) demon-
strated that cellulase activity in T. reesei was significantly enhanced in the presence of
β-disaccharides [45]. In this study, the use of a mixed carbon source (A3C1) shortened the
time required to reach maximum enzymatic activity. EG achieved its highest activity 6 days
earlier, and BGL reached its maximum activity 4 days earlier compared to the Avicel-only
condition (A4C0). The earlier activation of EG likely facilitated the production of more
cello-oligosaccharides, such as cellobiose, which could have contributed to the accelerated
activation of BGL. Previous studies have reported that BGL production in T. reesei not only
hydrolyzes cello-oligosaccharides but also enhances induction signaling through transgly-
cosylation [46,47]. However, since β-disaccharides formation was not directly quantified in
this study, further investigation is required to validate this hypothesis.

In conclusion, the mixed carbon source (A3C1) improved cellulase production effi-
ciency by reducing the time required for enzyme activation in Trichoderma sp. KMF006
compared to Avicel alone. This reduction in activation time has potential industrial rele-
vance, as it may enhance process efficiency in cellulase production. Since β-disaccharide
formation was not directly assessed, further research is needed to quantitatively determine
the role of mixed carbon sources in the early induction of cellulase biosynthesis. Therefore,
future studies should explore the mechanistic relationship between early-stage induction
signals, β-disaccharide accumulation, and the accelerated activation of cellulase enzymes.
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2.2. Effect of Agitation Speed on Cellulase Activity

The influence of agitation speed on cellulase activity was examined by comparing
enzyme production at 150 rpm (control), 180 rpm, and 210 rpm (Figure S2). The maximum
enzyme activities under these conditions are summarized in Table 2. Overall, increasing
agitation speed significantly enhanced both enzymatic activity and protein concentration,
with 180 and 210 rpm yielding higher values than the control (p < 0.05). The maximum
activities of EG, BGL, and CBH were recorded at day 15 for 180 and 210 rpm, reaching
32.04–32.35 U/mL, 3.60–3.83 U/mL, and 0.53–0.59 U/mL, respectively. In contrast, the
control exhibited significantly lower maximum activities, with EG, BGL, and CBH peak-
ing at 16.90, 1.77, and 0.33 U/mL at day 18. A similar trend was observed for protein
concentration, where all conditions exhibited maximum levels at day 18. However, the
control resulted in a maximum protein concentration of only 0.71 mg/mL, which was
significantly lower than the 1.05–1.10 mg/mL observed at 180 and 210 rpm (p < 0.05). These
results suggest that increasing agitation speed not only enhances enzymatic activity but
also improves overall protein production efficiency.

Table 2. Experimental conditions for flask- and reactor-level experiments.

Scale Operational parameter Experiment Experimental Condition

Flask

C source composition (1)

A4C0 (Control) Avicel:Cellulose = 4:0 (w/v), 150 rpm
A3C1 Avicel:Cellulose = 3:1 (w/v), 150 rpm
A2C2 Avicel:Cellulose = 2:2 (w/v), 150 rpm
A1C3 Avicel:Cellulose = 1:3 (w/v), 150 rpm
A0C4 Avicel:Cellulose = 0:4 (w/v), 150 rpm

Agitation speed (2)
150 rpm Fixed C source ratio (A3C1), 150 rpm
180 rpm Fixed C source ratio (A3C1), 180 rpm
210 rpm Fixed C source ratio (A3C1), 210 rpm

Turbulence efficiency (3)

Baf-w/o BC Fixed C source ratio (A3C1), 180 rpm, baffled flask, no biochar
Baf-1% BC Fixed C source ratio (A3C1), 180 rpm, baffled flask, 1% biochar

Rou-w/o BC Fixed C source ratio (A3C1), 180 rpm, round flask, no biochar
Rou-1% BC Fixed C source ratio (A3C1), 180 rpm, round flask, 1% biochar

Reactor

C0-150 (Control) Avicel:Cellulose = 4:0 (w/v, control), 150 rpm, no turbulence
A3-180 Fixed C source ratio (A3C1), 180 rpm, no turbulence

A3-180_Imp Fixed C source ratio (A3C1), 180 rpm, impeller adjusted
(turbulence added)

A3-210_Imp Fixed C source ratio (A3C1), 210 rpm, impeller adjusted
(turbulence added)

(1) C source composition experiments were conducted at a fixed agitation speed of 150 rpm, with a total carbon
concentration of 2% (w/v) and 1% (w/v) biochar. (2) Agitation speed experiments varied the shaking speed, while
carbon source (A3C1), biochar, and other parameters were fixed. (3) Turbulence efficiency experiments were
conducted using baffled and round-bottom flasks, Carbon source ration (A3C1) and agitation speed (180 rpm)
were fised. Conditions included with or without 1% (w/v) biochar.

To further evaluate the impact of agitation speed, specific enzymatic activity was
analyzed (Figure 2a). Both 180 and 210 rpm exhibited significantly higher specific activities
compared to the control (p < 0.05). The specific activities of EG, BGL, and CBH in the
control were 23.89, 2.49, and 0.46 U/mg, respectively, whereas 180 and 210 rpm resulted
in values ranging from 30.73 to 32.95 U/mg (EG), 3.64 to 3.70 U/mg (BGL), and 0.54 to
0.56 U/mg (CBH). Notably, there was no significant difference between 180 and 210 rpm
(p > 0.05), indicating that further increasing agitation speed beyond 180 rpm does not
provide additional enzymatic efficiency benefits. This may suggest that the physiological
limits of the strain were reached at 180 rpm, beyond which additional agitation did not
further stimulate enzyme synthesis [48].
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Figure 2. Comparison of enzymatic activities and performance under different agitation speed in
flask-scale experiments. (a) Maximum specific activities (U/mg) of EG, BGL, and CBH across all
experimental conditions. (b) X-fold improvement in enzymatic activities (EA, U/mL) and specific
activities (SA, U/mg) of cellulase at 180 and 210 rpm compared to control (150 rpm). (c) Time
to maximum enzymatic activities (days) of cellulase under control (150 rpm) and experimental
conditions (180 and 210 rpm). Error bars represent standard deviation (SD) from six measurements
(n = 6). Statistical significance was determined by one-way ANOVA followed by Tukey’s HSD test
(p < 0.05).

The relative enhancement of cellulase activity at higher agitation speeds compared to
the control is illustrated in Figure 2b. At 180 and 210 rpm, the maximum activity increased
by 1.90–1.91-fold for EG, 2.03–2.16-fold for BGL, and 1.63–1.81-fold for CBH compared to
the control. A similar pattern was observed in specific activity, where EG, BGL, and CBH
exhibited 1.29–1.38-, 1.46–1.49-, and 1.19–1.22-fold improvements, respectively. In addition
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to enhanced activity, higher agitation speeds also accelerated enzyme production as shown
in Figure 3b. While the control required 18 days to reach peak cellulase activity, cultures at
180 and 210 rpm reached their maximum enzymatic activity on day 15, demonstrating the
role of agitation in expediting enzyme biosynthesis.

Figure 3. Comparison of enzymatic activities and x-fold improvements under different turbulence
conditions in flask-scale experiments. (a) Maximum specific activities (U/mg) of EG, BGL, and CBH
across four experimental conditions. (b) X-fold improvement in specific activities (SA, U/mL) of
cellulase under turbulence conditions relative to Rou-1% BC as the control. (c) X-fold improvement
in enzymatic activities (EA, U/mL) of cellulase under turbulence conditions relative to Rou-1% BC as
the control. Error bars represent standard deviation (SD) from six measurements (n = 6). Statistical
significance was determined by one-way ANOVA followed by Tukey’s HSD test (p < 0.05).

Although no statistically significant difference was observed between 180 and 210 rpm,
increasing agitation speed above 180 rpm did not result in additional enzymatic improve-
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ments. In addition, considering the potential increase in energy consumption at higher
agitation speeds, 180 rpm is suggested as the optimal condition for cellulase production.

Agitation speed is a key parameter influencing cellulase production by regulating
oxygen transfer, shear stress, and fungal morphology. Increased agitation enhances tur-
bulent flow, thereby improving oxygen transfer efficiency, which is crucial for microbial
metabolism and enzyme secretion [48]. However, excessive shear stress at high agitation
speeds may cause mechanical damage to fungal hyphae, whereas insufficient agitation can
lead to pellet formation, restricting oxygen and nutrient diffusion [17,48]. Several studies
have evaluated the effect of agitation speed on cellulase production. Sirohi et al. (2019) eval-
uated the optimal agitation speed for cellulase production in Trichoderma sp. using response
surface methodology (RSM) [49]. Pea hulls were used as the substrate and the cultivation
temperature was set at 30 ◦C. Agitation speed was tested within a range of 93 to 127 rpm,
and RSM analysis identified 120 rpm as the optimal condition. In another study using
Pycnoporus sp., cellulase production was assessed under varying agitation speeds [50]. The
strain was cultivated at 30 ◦C using palm oil mill effluent and oil palm frond as substrates.
The results indicated that the highest cellulase activity was achieved at 350 rpm among
tested speeds ranging from 100 to 500 rpm. In bacterial systems, agitation speed also plays
a crucial role. A study on Micrococcus sp. investigated the effect of agitation speed on
cellulase production using carboxymethyl cellulose (CMC) as the substrate. The strain was
incubated at 25 ◦C, and experimental results showed that maximum cellulase production
occurred at 50 rpm when tested across a range of 0 to 200 rpm [51]. Direct comparisons
among these studies are challenging due to differences in microbial strains, cultivation
conditions, and experimental design. Nevertheless, these findings collectively highlight
the critical role of agitation speed in optimizing cellulase production and emphasize the
need for strain-specific optimization to achieve maximal enzyme yields.

2.3. Effect of Turbulence on Cellulase Activity

The impact of turbulence on cellulase activity was assessed by comparing baffled and
non-baffled conditions with or without 1% biochar supplementation. The time profiles
of enzymatic activity under these conditions are presented in Figure S3, and the maxi-
mum enzyme activities are summarized in Table 2. Overall, the presence of turbulence
significantly enhanced cellulase activity, while biochar alone did not consistently improve
enzyme production unless turbulence was present. The maximum enzymatic activity val-
ues confirm this trend (Table 2), with Baf-1% BC exhibiting the highest enzyme production,
reaching 34.41 U/mL (EG), 1.46 U/mL (BGL), and 0.33 U/mL (CBH) at the peak point. The
Baf-w/o BC condition also demonstrated increased activity, with values of 27.59, 1.15, and
0.30 U/mL, respectively. In contrast, non-baffled conditions resulted in significantly lower
cellulase production, with Rou-w/o BC exhibiting higher activity than Rou-1% BC.

To further analyze enzyme production efficiency, specific enzymatic activity was eval-
uated by normalizing enzymatic activity to protein concentration (Figure 3a). In contrast to
total enzymatic activity, specific activity was not significantly affected by biochar addition
under turbulent conditions (p > 0.05). EG exhibited high specific activity in all turbulent
conditions, reaching 35.48–40.14 U/mg, irrespective of biochar supplementation. There was
no significant difference between Baf-w/o BC and Baf-1% BC (p > 0.05), but both exhibited
significantly higher specific activity than non-baffled conditions (p < 0.05). For BGL, specific
activity ranged from 1.50 to 1.68 U/mg, with no significant differences between Baf-w/o
BC and Baf-1% BC. However, Rou-1% BC showed the lowest specific activity, significantly
lower than all other conditions (p < 0.05). For CBH, all experimental groups exhibited
significant differences (p < 0.05), with Baf-w/o BC showing the highest specific activity at
0.62 U/mg, followed by Baf-1% BC (0.42 U/mg), Rou-w/o BC (0.32 U/mg), and Rou-1%
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BC (0.21 U/mg). These results indicate that turbulence significantly improved specific
enzymatic activity for EG and CBH, whereas biochar supplementation had a greater impact
on BGL-specific activity.

To quantify the improvement in specific activity relative to the control, Rou-1% BC
was set as the baseline condition (Figure 3b). Baf-w/o exhibited the highest fold-change
improvement in specific activity, increasing EG, BGL, and CBH activity by 9.7-, 3.0-, and
2.1-fold, respectively. In comparison, Baf-1% BC showed slightly lower increases (8.6-, 2.7-,
and 1.7-fold, respectively), while Rou-w/o BC exhibited moderate improvements (5.7-, 2.6-,
and 1.6-fold). These findings indicate that turbulence alone plays a crucial role in enhancing
specific cellulase activity, whereas biochar supplementation does not significantly alter
specific enzyme efficiency.

However, specific activity alone does not provide a complete picture of enzyme
production efficiency. Therefore, total enzymatic activity was analyzed to evaluate the
overall cellulase production yield (Figure 3c). Compared to the control (Rou-1% BC), Baf-
1% BC exhibited the highest fold-change improvement in total enzymatic activity, with
EG, BGL, and CBH increasing by 19.9-, 6.2-, and 8.9-fold, respectively. Baf-w/o BC also
demonstrated substantial increases (15.9-, 4.9-, and 8.0-fold), confirming that turbulence
alone significantly enhances enzyme production. Interestingly, in non-baffled conditions,
Rou-w/o BC showed moderate improvements (5.9-, 2.7-, and 3.8-fold), whereas Rou-1%
BC (control) exhibited the lowest values.

When biochar was introduced under turbulent conditions, Baf-1% BC exhibited the
highest total enzyme yield despite having slightly lower specific activity than Baf-w/o BC.
This discrepancy is attributed to the higher protein concentration observed in Baf-1% BC,
which resulted in an overall increase in cellulase production. Thus, although Baf-w/o BC
showed the highest specific activity, Baf-1% BC was the optimal condition for cellulase
production, as it maximized both enzymatic activity and total yield. These results highlight
the synergistic effect of turbulence and biochar, where biochar supplementation enhances
cellulase production only when combined with adequate turbulence.

Biochar has been reported to enhance microbial growth and enzyme activity due to
its highly porous structure, which offers a favorable microenvironment and serves as a
source of readily available carbon and nitrogen [30,36]. Our previous study investigated
the effect of biochar supplementation on cellulase activity using the same Trichoderma
sp. KMF006 strain under baffled flask conditions [30]. In that study, biochar addition
led to a 12.1-, 5.8-, and 7.2-fold increase in EG, BGL, and CBH activity, respectively. The
current study, which employed the same strain and baffled flasks to promote turbulence,
demonstrated a similar positive trend (Table 1). Enzyme activities were significantly
higher in biochar-supplemented groups, reaffirming its stimulatory effect on cellulase
production. However, this enhancement was observed only under turbulent conditions.
In non-baffled flasks, biochar supplementation did not improve cellulase activity and
even led to lower values in some cases. This indicates that the effectiveness of biochar
may depend on specific hydrodynamic conditions, particularly the intensity of turbulence.
Since biochar’s stimulatory effect is closely related to its interaction with fungal growth
and reproduction [36], sufficient turbulence may help maintain particle suspension and
enhance microbial contact. In contrast, low turbulence may lead to particle sedimentation
or aggregation, thereby reducing its effectiveness. Although the exact mechanism remains
unclear, further studies are needed to clarify how hydrodynamic conditions influence
biochar behavior in submerged systems.

Although agitation can introduce turbulence, its effect becomes increasingly limited
when scaling up to larger bioreactors, where maintaining efficient oxygen transfer and
mixing is more challenging [52]. Thus, optimizing turbulence conditions is crucial for
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improving cellulase production beyond what agitation alone can achieve. The strong
influence of turbulence has been demonstrated in several studies, where optimized tur-
bulent flow increased cellulase production [53,54]. The effect of turbulence on cellulase
production was evaluated in Pichia pastoris by comparing baffled and non-baffled flasks [54].
In baffled flasks, turbulence-induced aeration enhanced protein synthesis and enzyme
activity. Mitra et al. (2011) demonstrated that turbulence improved oxygen and nutrient
distribution, leading to a significant increase in FPase activity in Chaetomium crispatum [53].
The turbulence effect can be attributed to enhanced oxygen transfer and improved mixing
dynamics, both of which are critical for cellulase synthesis in filamentous fungal cultures,
such as Trichoderma species [55]. In submerged fermentation, filamentous fungal growth
increases broth viscosity, which can exacerbate oxygen transfer limitations and hinder
enzyme production. Turbulence mitigates this issue by generating shear stress, which
reduces viscosity and decreases bubble size, thereby increasing the gas–liquid interfacial
area and enhancing oxygen solubility [53]. This is particularly important for Trichoderma
sp., as its cellulase production is highly sensitive to oxygen availability [52]. Beyond oxy-
gen transfer, turbulence also plays a key role in maintaining a stable microenvironment
within the fermentation broth. Efficient mixing prevents the accumulation of extracellular
metabolic byproducts, which could otherwise inhibit enzyme production [56]. Baffles,
in particular, generate strong shear forces that improve the homogeneity of nutrient and
oxygen distribution, creating favorable conditions for cellulase synthesis [55]. However,
Trichoderma cellulase activity is highly sensitive to shear stress, making it essential to balance
turbulence levels. While moderate turbulence enhances enzyme production, excessive
shear stress can damage fungal hyphae, leading to reduced cellulase productivity [55].
This highlights the importance of optimizing turbulence conditions to maximize cellulase
production while minimizing the potential negative effects on fungal integrity.

2.4. Scale-Up of Cellulase Production in a SmF Bioreactor

The SmF reactor experiment was conducted to evaluate the effects of scaling
up the optimal flask-level culture conditions. The basic control was set as C0-150
(Avicel:Cellulose = 4:0, 150 rpm), and the optimal conditions from the flask experiments
were sequentially applied, including carbon source composition (A3C1), agitation speed
(180 and 210 rpm), and turbulence formation using an impeller.

Figure S4 presents the time profiles of enzymatic activity and protein concentration in
the SmF reactor, which were monitored for up to 12 days. In contrast to the flask-scale ex-
periments, where batch aeration allowed prolonged enzyme production for up to 18 days,
the continuous aeration system in the reactor led to a shorter enzyme activity maintenance
period. Furthermore, although our previous study monitored enzymatic activities for
18 days, it decreased after day 12 in the reactor system. Additionally, considering the
constraints of subsequent saccharification processes, prolonged monitoring beyond 12 days
was deemed impractical. Excluding the control, enzymatic activity and protein concen-
tration continuously increased until day 12 across all experimental groups. Among them,
A3-180_Imp exhibited the highest final enzymatic activities. In contrast, C0-150 displayed
the lowest enzymatic activities, and its protein concentration did not significantly increase
after day 9.

The maximum enzymatic activities at the final time point are shown in Figure 4a. The
control reactor (C0-150), operating under the most basic conditions, exhibited the lowest
enzymatic activities for all cellulase components, with EG, BGL, and CBH values of 4.99,
0.91, and 0.27 U/mL, respectively. When the optimal carbon source composition (A3C1)
and agitation speed (180 rpm) were applied, these significantly increased to 19.12, 1.45,
and 0.35 U/mL, respectively, in the A3-180 reactor. Further enhancement was observed
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when turbulence was introduced using an impeller (A3-180_Imp), leading to the highest
activities. Among all tested conditions, A3-180_Imp exhibited the highest enzyme activities,
reaching 33.60, 3.46, and 0.63 U/mL for EG, BGL, and CBH, respectively. In contrast,
when the agitation speed was increased to 210 rpm (A3-210_Imp), the synergistic effect
with turbulence was not observed. Instead, enzymatic activity decreased to 14.15, 1.99,
and 0.48 U/mL, showing lower values than A3-180 despite the presence of turbulence.
Particularly for EG, enzymatic activity in A3-210_Imp was significantly lower than in
A3-180, indicating that excessive agitation speed negatively affected enzyme production.

Figure 4. Final enzymatic activities (EG, BGL, and CBH) and filter paper unit (FPU) measurements
of KMF006 cultured in a SmF reactor. (a) Enzymatic activities of EG, BGL, and CBH. (b) Protein
concentrations of each experimental group. (c) FPU measurements representing overall cellulase
activity. Experimental conditions are represented as follows: C0-150, Control condition (A4C0,
150 rpm); A3-180, A3C1, 180 rpm; A3-180_Imp, A3C1, 180 rpm with impeller adjustment; A3-
210_Imp, A3C1, 210 rpm with impeller adjustment. Error bars represent standard deviation (SD)
from three biological replicates measured in duplicate (n = 6). Statistical significance was determined
by one-way ANOVA followed by Tukey’s HSD test (p < 0.05).

Protein concentration trends exhibited a similar pattern to enzymatic activities,
with the highest values observed in A3-180_Imp (1.02 mg/mL), followed by A3-180
(0.76 mg/mL), A3-210_Imp (0.65 mg/mL), and C0-150 (0.34 mg/mL). These results suggest
that, at the reactor scale, an agitation speed of 180 rpm was optimal for cellulase production,
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and excessive agitation and turbulence may have had a detrimental effect on enzyme
stability or microbial growth, potentially leading to reduced enzyme secretion.

Figure 4c illustrates the filter paper unit (FPU) per mL, which represents overall
cellulase activity. FPU trends aligned with those of enzymatic activity and protein concen-
tration. The highest FPU was observed in A3-180_Imp (84 FPU/mL), followed by A3-180
(72 FPU/mL) and A3-210_Imp (61 FPU/mL). The control reactor (C0-150) exhibited the
lowest FPU value at 42 FPU/mL. Since the FPU reflects the total cellulase activity available
for saccharification, these findings indicate that optimization at the reactor scale can have a
direct impact on the efficiency of subsequent hydrolysis processes.

SmF, a liquid-phase cultivation system, provides a uniform growth environment and
allows precise process control, making it widely utilized for the industrial production
of cellulase [57]. The efficiency of cellulase production in SmF is influenced by various
operating parameters (such as temperature, pH, carbon source composition, aeration,
and turbulence), and optimizing these variables has been a key strategy for enhancing
enzyme production [57,58]. Turbulence, in particular, plays a crucial role in improving
oxygen transfer and mass distribution, ultimately affecting fungal metabolism and enzyme
secretion [59]. Accordingly, various bioreactor designs have been introduced and evaluated
to enhance turbulence effects and optimize process performance. Of these, stirred tank
reactors (STRs) generate turbulence through mechanical agitation to enhance oxygen
transfer and mixing. They also allow precise control over key process parameters, such as
temperature and pH, making them widely used in industrial applications [57,58]. Airlift
reactors, on the other hand, utilize natural gas flow to induce turbulence and optimize
oxygen transfer while minimizing shear stress, thereby preventing hyphal damage and
simultaneously enhancing enzyme productivity [58]. The impact of turbulence control
on cellulase production has been experimentally validated in several studies. In STR, an
optimized agitation speed of 220 rpm and an aeration rate of 0.6 vvm led to high cellulase
activity when cultivating Penicillium funiculosum [60]. A comparative study between
STRs and airlift reactors demonstrated that STRs achieved superior cellulase activity [61].
Meanwhile, applying mechanical agitation in a 35 L airlift bioreactor successfully promoted
fungal growth and cellulase production [62]. Further supporting this, turbulence generated
through mechanical agitation was found to significantly improve oxygen transfer efficiency
in airlift bioreactors [59].

To further investigate the role of turbulence control in SmF, this study systematically
examined how turbulence affects cellulase activity by sequentially applying optimized
conditions from flask experiments to a reactor system. Among the tested conditions, the
highest cellulase activity was observed under the A3-180_Imp condition (A3C1, 180 rpm,
and impeller-attached for turbulence). In contrast, increasing agitation speed to 210 rpm led
to a decrease in cellulase activity (Figure 4). These findings suggest that while turbulence
enhances oxygen transfer and nutrient distribution, excessive agitation may generate shear
stress that negatively impacts fungal morphology and enzyme stability [55]. Previous
studies have demonstrated that high agitation rates reduce cellulase yield, likely due to
shear stress affecting fungal structure and enzymatic stability [63,64]. Consistent with
previous studies, this study experimentally verified that turbulence regulation plays a
critical role in cellulase production in SmF. Since optimal conditions may vary depending
on the experimental environment and fungal strain used, direct comparisons with previous
studies remain challenging. Nevertheless, these findings emphasize that the precise control
of agitation speed and turbulence levels in SmF systems can be an effective strategy for
maximizing cellulase production efficiency.
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3. Materials and Methods

3.1. Microorganism and Pre-Culture Conditions

A cellulase-producing strain, Trichoderma sp. KMF006, which was previously iso-
lated [37], was used in this study. The strain was cultivated on malt extract agar (MEA),
which consisted of 20 g·L−1 of malt extract, 20 g·L−1 of glucose, 1 g·L−1 of peptone, and
20 g·L−1 of agar. The plates were incubated at 26 ◦C until the surface was densely covered
with green conidia [30]. The cultured strain was stored at 4 ◦C until use in pre-culture.

For pre-culture, strain KMF006 was grown in 250 mL baffled flasks containing 100 mL
of potato dextrose broth (PDB). Circular plugs (1 cm in diameter) were cut from the MEA
plates, and 10 plugs were inoculated into the PDB medium. The flasks were incubated
at 26 ◦C with shaking at 150 rpm for 5 days, after which the pre-culture was used as the
inoculum [30].

3.2. Assessment of Carbon Source Composition on Cellulase Production

To evaluate the optimal cellulase activity based on carbon source composition, Avicel
and cellulose (Daejung Chemicals & Metals Co., Ltd., Gyeonggi-do, Republic of Korea) were
used as carbon sources in various ratios (Table 2). The total carbon source concentration
was fixed at 2% (w/v) in all experimental groups. The control group (A4C0) consisted of
2% (w/v) Avicel, while the experimental groups (A3C1, A2C2, A1C3, and A0C4) contained
Avicel and cellulose mixtures at ratios of 3:1, 1:1, 1:3, and 0:4 (w/v). The cellulose used in
this study had an average particle size of 20–100 μm.

Statistical analysis was performed using one-way ANOVA followed by Tukey’s HSD
test. See Section 3.6.4 for details.

The basal medium composition was adapted from a previous study [30] and included
yeast extract (10 g·L−1), H2PO4 (5 g·L−1), K2HPO4 (5 g·L−1), and MgSO4·7H2O (3 g·L−1),
with the initial pH adjusted to 5.03. Pre-culture inoculum (5%, v/v) was added to each
flask, and cultures were incubated at 31.3 ◦C with shaking at 150 rpm.

All experiments were conducted in 150 mL flasks with a working volume of 100 mL.
Based on previous findings, 1% (w/v) biochar was uniformly added to all experimental
groups to enhance cellulase activity [30]. The biochar was sterilized at 121 ◦C for 30 min
prior to use. To monitor cellulase activity, 1 mL of culture medium was sampled at
3-day intervals and centrifuged at 10,000 rpm for 10 min to obtain the supernatant. All
experiments were performed in triplicate to ensure reproducibility.

3.3. Assessment of Agitation Speed on Cellulase Production

To investigate the effect of agitation speed on cellulase activity, experiments were con-
ducted at agitation speeds of 150 rpm (control), 180 rpm, and 210 rpm (experimental groups)
as shown in Table 1. The carbon source composition was fixed at Avicel:cellulose = 3:1
(w/v), as determined in previous experiments, with a total carbon source concentration of
2% (w/v). The medium composition, culture conditions, working volume, biochar addition,
and sampling procedure were identical to those described in Section 2.2. All experiments
were performed in triplicate to ensure reproducibility.

3.4. Assessment of Turbulence Efficiency on Cellulase Production

To evaluate the effect of turbulence on cellulase activity, experiments were conducted
using 250 mL baffled-bottom flasks and round-bottom flasks. Baffled-bottom flasks (Baf)
were used to enhance turbulence, whereas round-bottom flasks (Rou) served as a control
with reduced turbulence. Based on the results obtained from cellulase activity experiments
with different carbon source compositions and agitation speeds, the carbon source ratio
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was fixed at A3C1 (Avicel:cellulose = 3:1, w/v), and the agitation speed was set at 180 rpm
(Table 1). Each flask contained 100 mL of culture medium as the working volume.

To investigate whether the effect of turbulence on cellulase activity varied depending
on biochar addition, the experimental groups were divided into four conditions (Table 1).
The Baf-w/o BC group was incubated in baffled-bottom flasks without biochar, and the Baf-
1% BC group was cultured in baffled-bottom flasks with 1% (w/v) biochar. In contrast, the
Rou-w/o BC group was cultured in round-bottom flasks without biochar, while the Rou-1%
BC group was cultured in the same type of flask but with 1% (w/v) biochar. The medium
composition, culture conditions, and sampling procedures were identical to those described
in Section 2.2. All experiments were performed in triplicate to ensure reproducibility, and
cellulase activity was monitored at 3-day intervals.

3.5. SmF Bioreactor Conditions for High Activity Cellulase Production

To evaluate cellulase activity in a bioreactor system, a 10 L SmF bioreactor was em-
ployed with a working volume of 6 L. The medium composition consisted of yeast extract
(10 g·L−1), H2PO4 (5 g·L−1), KH2PO4 (5 g·L−1), and MgSO4·7H2O (3 g·L−1), with the
initial pH adjusted to 5.03. After inoculating 5% (v/v) pre-culture, aeration was maintained
at a flow rate of 2 L/min, and the bioreactor was operated at 31.3 ◦C. The optimal culture
conditions for carbon source composition, agitation speed, and turbulence, which were
determined from flask-scale experiments, were sequentially applied to the SmF bioreactor.

Bioreactor experiments were conducted under four different operational conditions
to analyze their effect on cellulase activity (Table 1). The control group (C0-150) was
wetted with Avicel (2%, w/v) as the sole carbon source, agitated at 150 rpm, with no
turbulence. Experimental group 1 (A3-180) applied the optimal carbon source composition
(Avicel:cellulose = 3:1, w/v) and agitation speed (180 rpm) without turbulence. Experi-
mental group 2 (A3-180_Imp) followed the same conditions as experimental group 1 but
included turbulence, which was generated by attaching an impeller. Lastly, experimental
group 3 (A3-210_Imp) applied a higher agitation speed (210 rpm) with turbulence to assess
the combined effects of high agitation and turbulence.

Samples were collected at 3-day intervals during the culture period to monitor cellulase
activity and protein concentration. After cultivation, the culture broth was subjected to
filtration and concentration processes to evaluate cellulase production yield. The medium
was centrifuged at 13,000 rpm for 10 min at 4 ◦C to separate the supernatant, which was
then filtered using filter paper (Whatman No. 10, Cytiva, UK). The filtered supernatant
was concentrated to 1/60 of its initial volume using an Amicon® Stirred Cell (UFSC40001,
Merck Millipore, Darmstadt, Germany) equipped with a 10 kDa cutoff polyethersulfone
membrane (PG 10, Merck Millipore, Germany). The concentrated cellulase was evaluated
for enzymatic activity using the Filter Paper Unit (FPU) assay. For each bioreactor condition,
a single run was performed. During cultivation, three biological samples were collected at
3-day intervals to monitor enzymatic activity. Each sample was analyzed in duplicate, and
the results are expressed as mean ± standard deviation (SD).

3.6. Enzymatic Activity and Protein Analysis
3.6.1. Enzymatic Activity Analysis

EG activity was measured using the Somogyi–Nelson method [64]. The substrate used
was 2% carboxymethylcellulose (CMC, Sigma-Aldrich, Burlington, MA, USA) dissolved
in a 0.1 M sodium citrate buffer (pH 5.0). A reaction mixture consisting of 45 μL of CMC
solution and 5 μL of enzyme sample was incubated at 60 ◦C for 30 min. After the reaction,
50 μL of Nelson reagent and 850 μL of distilled water were added to the mixture to analyze
the amount of reducing sugars produced. Absorbance was measured at 650 nm, and one
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unit (U) of enzymatic activity (EG) was defined as the amount of enzyme required to release
1 μmol of glucose per minute under the assay conditions.

BGL and CBH activities were evaluated using 0.1 M p-nitrophenyl-β-D-glycopyranoside
(pNPG, Sigma-Aldrich, USA) and 0.1 M p-nitrophenyl-β-D-cellobioside (pNPC, Sigma-Adrich,
USA) as substrates, respectively. The substrates were prepared by dissolving in a 0.1 M sodium
citrate buffer (pH 5.0). A reaction mixture of 20 μL of substrate and 20 μL of enzyme sample
was incubated at 65 ◦C for 15 min. The reaction was terminated by adding 50 μL of 2 M
Na2CO3, and the amount of 4-nitrophenol produced was quantified by measuring absorbance
at 405 nm. One unit (U) of enzymatic activity (BGL and CBH) was defined as the amount of
enzyme required to release 1 μmol of 4-nitrophenol per minute under the assay conditions [65].

All experiments were performed in duplicate, and the results were calculated as the
mean values. Absorbance was measured using a UV/Vis spectrophotometer (Synergy LX
multi-mode reader, Biotek, Agilent Technologies, Winooski, VT, USA).

3.6.2. Protein Concentration Analysis

Protein concentration was analyzed to monitor the growth of Trichoderma sp. KMF006
using a protein assay kit (Bio-rad, Hercules, CA, USA) based on the Bradford’s method [66].
The assay was conducted by mixing 400 μL of distilled water, 100 μL of protein assay reagent,
and 10 μL of enzyme sample, followed by incubation at room temperature for 5 min. After the
reaction, the supernatant was collected, and the absorbance was measured at 595 nm using a
UV/Vis spectrophotometer (Agilent Technologies, USA). Protein concentration (mg/mL) in
the solution was determined using a standard curve prepared with bovine serum albumin
(BSA) as the standard protein. All experiments were performed in triplicate.

3.6.3. Filter Paper Unit (FPU) Analysis

FPU was measured following the NREL/TP-510-42628 (2008) protocol [67,68]. A
1 cm × 6 cm Whatman No. 1 filter paper (50 mg) was used as the substrate, which was
placed in a 15 mL test tube. Subsequently, 1 mL of 0.1 M sodium citrate buffer (pH 5.0) and
0.5 mL of enzyme sample were added. The reaction mixture was incubated at 50 ◦C for 1 h.
To terminate the reaction, 3 mL of 3,5-dinitrosalicyclic acid (DNS) reagent was added, and
the tube was heated in boiling water for 5 min, followed by cooling at room temperature
for 10 min. The cooled sample was centrifuged at 13,000 rpm for 10 min at 4 ◦C to separate
the supernatant. A 40 μL aliquot of the supernatant was mixed with 500 μL of distilled
water, and the absorbance was measured at 540 nm using a UV/Vis spectrophotometer
(Agilent Technologies, USA).

3.6.4. Statistical Analysis

For flask-scale experiments, three independent cultures (biological replicates) were
prepared under each condition. Each sample was measured in duplicate (technical repli-
cates), and the results were expressed as mean ± standard deviation (SD), with a total
of n = 6 per condition. T-test and one-way ANOVA followed by Tukey’s HSD test for
multiple comparisons were conducted using R software (v. 4.4.1). Statistical significance
was considered at p < 0.05.

4. Conclusions

This study systematically evaluated the effects of carbon source composition, agitation
speed, and turbulence on cellulase production by Trichoderma sp. KMF006 in both flask-
scale and bioreactor-scale submerged fermentation (SmF) systems. The findings highlight
key process parameters that influence enzyme activity and production efficiency.

Optimizing the carbon source composition to a 3:1 ratio of Avicel to cellulose (A3C1)
significantly enhanced cellulase production, particularly by accelerating the time to peak
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enzymatic activity compared to Avicel alone. Agitation speed was also found to be a critical
factor, with both 180 rpm and 210 rpm yielding similar enzymatic activity and protein
concentrations. However, considering energy consumption and process efficiency, 180 rpm
was determined to be the optimal condition for cellulase production. Turbulence played
a significant role in enhancing cellulase production by improving oxygen transfer and
nutrient distribution. In flask-scale experiments, baffled flasks resulted in higher enzymatic
activity compared to non-baffled conditions, confirming the positive effect of turbulence.
Additionally, biochar supplementation further enhanced enzyme production, but only in
the presence of turbulence, indicating a synergistic effect.

At the reactor scale, turbulence was introduced via an impeller, which further im-
proved cellulase production under optimized conditions. The A3-180_Imp condition (A3C1,
180 rpm, impeller-induced turbulence) yielded the highest enzymatic efficiency and protein
concentration, demonstrating that precise control over agitation and turbulence is essential
for large-scale cellulase production. These findings emphasize the need to balance aeration
and shear stress to maximize enzyme yields in industrial SmF systems.

While this study systematically evaluated the effects of carbon source composition,
agitation speed, and turbulence on cellulase production, certain aspects require further
investigation. The direct quantification of intermediates involved in cellulase induction
was not performed. Additionally, although turbulence was found to enhance cellulase
production, its interaction with other process parameters, such as aeration rate and shear
stress distribution, remains to be fully elucidated. Future studies should focus on elu-
cidating the role of intermediates in cellulase induction, investigating the interactions
between turbulence and key process parameters, and developing strategies for large-scale
process optimization.

Nevertheless, this study demonstrated the significant impact of carbon source com-
position, agitation speed, and turbulence control in SmF, providing a comprehensive
framework for optimizing cellulase production. The findings contribute to advancing cellu-
lase bioprocessing strategies and offer practical insights for improving enzyme production
efficiency in industrial applications.

Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/ijms26083731/s1.

Author Contributions: S.M.: Conceptualization, Methodology, Investigation, Data curation. Y.-Y.L.:
Visualization, Writing—original draft, Writing—review and editing. J.Y.: Conceptualization, Funding
Acquisition, Supervision. All authors have read and agreed to the published version of the manuscript.

Funding: This study was conducted with the support of R&D Program for Forest Science Technology
(RS-2023-KF002452 by Korea Forest Service (Korea Forestry Promotion Institute).

Institutional Review Board Statement: Not applicable.

Informed Consent Statement: Informed consent was obtained from all subjects involved in the study.

Data Availability Statement: The original contributions presented in this study are included in the
article/Supplementary Materials. Further inquiries can be directed to the corresponding author.

Conflicts of Interest: The authors declare no conflicts of interest.

References

1. Razzak, S.A.; Hossain, M.M.; Lucky, R.A.; Bassi, A.S.; De Lasa, H. Integrated CO2 capture, wastewater treatment and biofuel
production by microalgae culturing—A review. Renew. Sust. Energy Rev. 2013, 27, 622–653. [CrossRef]

2. Ibrahim, N.I.; Shahar, F.S.; Hameed Sultan, M.T.; Md Shah, A.U.; Azrie Safri, S.N.; Mat Yazik, M.H. Overview of bioplastic
introduction and its applications in product packaging. Coatings 2021, 11, 1423. [CrossRef]

58



Int. J. Mol. Sci. 2025, 26, 3731

3. Rodionova, M.V.; Bozieva, A.M.; Zharmukhamedov, S.K.; Leong, Y.K.; Chi-Wei Lan, J.; Veziroglu, A.; Veziroglu, T.N.; Tomo, T.;
Chang, J.S.; Allakhverdiev, S.I. A comprehensive review on lignocellulosic biomass biorefinery for sustainable biofuel production.
Int. J. Hydrogen Energy 2022, 47, 1481–1498. [CrossRef]

4. Mangal, M.; Rao, C.V.; Banerjee, T. Bioplastic: An eco-friendly alternative to non-biodegradable plastic. Polym. Int. 2023, 72,
984–996. [CrossRef]

5. Kudakasseril Kurian, J.; Raveendran Nair, G.; Hussain, A.; Vijaya Raghavan, G.S. Feedstocks, logistics and pre-treatment
processes for sustainable lignocellulosic biorefineries: A comprehensive review. Renew. Sust. Energy Rev. 2013, 25, 205–219.
[CrossRef]

6. Rodionova, M.V.; Poudyal, R.S.; Tiwari, I.; Voloshin, R.A.; Zharmukhamedov, S.K.; Nam, H.G.; Zayadan, B.K.; Bruce, B.D.;
Hou, H.J.M.; Allakhverdiev, S.I. Biofuel production: Challenges and opportunities. Int. J. Hydrogen Energy 2017, 42, 8450–8461.
[CrossRef]

7. Yu, D.; Guo, J.; Meng, J.; Sun, T. Biofuel production by hydro-thermal liquefaction of municipal solid waste: Process characteriza-
tion and optimization. Chemosphere 2023, 328, 138606. [CrossRef]

8. Shah, M.; Rajhans, M.; Pandya, H.A.; Mankad, A.U. Mankad bioplastic for future: A review Then and Now. World J. Adv. Res.
Rev. 2021, 9, 056–067. [CrossRef]

9. Siqueira, J.G.W.; Rodrigues, C.; Vandenberghe, L.P.d.S.; Woiciechowski, A.L.; Soccol, C.R. Current advances in on-site cellulase
production and application on lignocellulosic biomass conversion to biofuels: A review. Biomass Bioenergy 2020, 132, 105419.
[CrossRef]

10. REN21 Secretariat. Renewable 2018 Global Status Report; REN21: Paris, France, 2018. Available online: https://www.ren21.net/
wp-content/uploads/2019/08/Full-Report-2018.pdf (accessed on 10 March 2025).

11. Eckert, S.; Karassin, O.; Steinebach, Y. A policy portfolio approach to plastics throughout their life cycle: Supranational and
national regulation in the European Union. Environ. Policy Gov. 2024, 34, 427–441. [CrossRef]

12. Van Dyk, J.S.; Pletschke, B.I. A review of lignocellulose bioconversion using enzymatic hydrolysis and synergistic cooperation
between enzymes—Factors affecting enzymes, conversion and synergy. Biotechnol. Adv. 2012, 30, 1458–1480. [CrossRef]

13. Woo, W.X.; Tan, J.P.; Wu, T.Y.; Yeap, S.K.; Luthfi, A.A.I.; Manaf, S.F.A.; Jamali, N.S.; Hui, Y.W. An overview on the factors affecting
enzymatic saccharification of lignocellulosic biomass into fermentable sugars. Rev. Chem. Eng. 2024, 40, 279–303. [CrossRef]

14. Abo, B.O.; Gao, M.; Wang, Y.; Wu, C.; Ma, H.; Wang, Q. Lignocellulosic biomass for bioethanol: An overview on pretreatment,
hydrolysis and fermentation processes. Rev. Environ. Health 2019, 34, 57–68. [CrossRef]

15. El-Zawawy, W.K.; Ibrahim, M.M.; Abdel-Fattah, Y.R.; Soliman, N.A.; Mahmoud, M.M. Acid and enzyme hydrolysis to convert
pretreated lignocellulosic materials into glucose for ethanol production. Carbohydr. Polym. 2011, 84, 865–871. [CrossRef]

16. Sukumaran, R.K.; Singhania, R.R.; Mathew, G.M.; Pandey, A. Cellulase production using biomass feed stock and its application in
lignocellulose saccharification for bio-ethanol production. Renew. Energy 2009, 34, 421–424. [CrossRef]

17. Singh, A.; Bajar, S.; Devi, A.; Pant, D. An overview on the recent developments in fungal cellulase production and their industrial
applications. Bioresour. Technol. Rep. 2021, 14, 100652. [CrossRef]

18. Klein-Marcuschamer, D.; Oleskowicz-Popiel, P.; Simmons, B.A.; Blanch, H.W. The challenge of enzyme cost in the production of
lignocellulosic biofuels. Biotechnol. Bioeng. 2012, 109, 1083–1087. [CrossRef]

19. Singh, A.; Bajar, S.; Devi, A.; Bishnoi, N.R. Evaluation of cellulase production from Aspergillus niger and Aspergillus heteromorphus
under submerged and solid-state fermentation. Environ. Sustain. 2021, 4, 437–442. [CrossRef]

20. Korsa, G.; Konwarh, R.; Masi, C.; Ayele, A.; Haile, S. Microbial cellulase production and its potential application for textile
industries. Ann. Microbiol. 2023, 73, 13. [CrossRef]

21. Srivastava, N.; Srivastava, M.; Mishra, P.K.; Singh, P.; Ramteke, P.W. Application of cellulases in biofuels industries: An overview.
J. Biofuels Bioenergy 2015, 1, 55–63. [CrossRef]

22. Infanzón-Rodríguez, M.I.; Ragazzo-Sánchez, J.A.; del Moral, S.; Calderón-Santoyo, M.; Gutiérrez-Rivera, B.; Aguilar-Uscanga,
M.G. Optimization of cellulase production by Aspergillus niger ITV 02 from sweet sorghum bagasse in submerged culture using a
Box–Behnken design. Sugar Tech. 2020, 22, 266–273. [CrossRef]

23. Matkar, K.; Chapla, D.; Divecha, J.; Nighojkar, A.; Madamwar, D. Production of cellulase by a newly isolated strain of Aspergillus
sydowii and its optimization under submerged fermentation. Int. Biodeterior. Biodegrad. 2013, 78, 24–33. [CrossRef]

24. Ramanathan, G.; Banupriya, S.; Abirami, D. Production and optimization of cellulase from Fusarium oxysporum by submerged
fermentation. Bioprocess. Biosyst. Eng. 2010, 69, 454–459.

25. Reihani, S.F.S.; Khosravi-Darani, K. Influencing factors on single-cell protein production by submerged fermentation: A review.
Electron. J. Biotechnol. 2019, 37, 34–40. [CrossRef]

26. Cunha, F.M.; Esperança, M.N.; Zangirolami, T.C.; Badino, A.C.; Farinas, C.S. Sequential solid-state and submerged cultivation of
Aspergillus niger on sugarcane bagasse for the production of cellulase. Bioresour. Technol. 2012, 112, 270–274. [CrossRef]

59



Int. J. Mol. Sci. 2025, 26, 3731

27. Intasit, R.; Cheirsilp, B.; Suyotha, W.; Boonsawang, P. Synergistic production of highly active enzymatic cocktails from lignocellu-
losic palm wastes by sequential solid-state submerged fermentation and co-cultivation of different filamentous fungi. Biochem.
Eng. J. 2021, 173, 108086. [CrossRef]

28. da Silva Delabona, P.; Lima, D.J.; Robl, D.; Rabelo, S.C.; Farinas, C.S.; da Cruz Pradella, J.G. Enhanced cellulase production by
Trichoderma harzianum by cultivation on glycerol followed by induction on cellulosic substrates. J. Ind. Microbiol. Biotechnol. 2016,
43, 617–626. [CrossRef]

29. Lan, T.Q.; Wei, D.; Yang, S.T.; Liu, X. Enhanced cellulase production by Trichoderma viride in a rotating fibrous bed bioreactor.
Bioresour. Technol. 2013, 133, 175–182. [CrossRef]

30. Myeong, S.; Yun, J. Culture of Trichoderma sp. with biochar to produce high-activity cellulase in a laboratory. Bioresources 2024, 19,
2029–2044. [CrossRef]

31. Du, J.; Zhang, Y.; Qu, M.; Yin, Y.; Fan, K.; Hu, B.; Zhang, H.; Wei, M.; Ma, C. Effects of biochar on the microbial activity and
community structure during sewage sludge composting. Bioresour. Technol. 2019, 272, 171–179. [CrossRef] [PubMed]

32. Awad, Y.M.; Lee, S.S.; Kim, K.H.; Ok, Y.S.; Kuzyakov, Y. Carbon and nitrogen mineralization and enzyme activities in soil
aggregate-size classes: Effects of biochar, oyster shells, and polymers. Chemosphere 2018, 198, 40–48. [CrossRef] [PubMed]

33. Yin, Y.; Li, M.; Tao, X.; Yang, C.; Zhang, W.; Li, H.; Zheng, Y.; Wang, X.; Chen, R. Biochar enhanced organic matter transformation
during pig manure composting: Roles of the cellulase activity and fungal community. J. Environ. Manag. 2023, 333, 117464.
[CrossRef]

34. Mohanty, S.K.; Valenca, R.; Berger, A.W.; Yu, I.K.M.; Xiong, X.; Saunders, T.M.; Tsang, D.C.W. Plenty of room for carbon on the
ground: Potential applications of biochar for stormwater treatment. Sci. Total Environ. 2018, 625, 1644–1658. [CrossRef]

35. Wang, J.; Wang, S. Preparation, modification and environmental application of biochar: A review. J. Clean. Prod. 2019, 227,
1002–1022. [CrossRef]

36. Zhang, Y.; Wang, J.; Feng, Y. The effects of biochar addition on soil physicochemical properties: A review. Catena 2021, 202, 105284.
[CrossRef]

37. Kim, Y.; Park, S.; Kim, Y. Novel Trichoderma sp. KMF006 Strain Producing Cellulase with High Activity. Korean Patent No.
10-2155046, 11 September 2020.

38. Kogo, T.; Yoshida, Y.; Koganei, K.; Matsumoto, H.; Watanabe, T.; Ogihara, J.; Kasumi, T. Production of rice straw hydrolysis
enzymes by the fungi Trichoderma reesei and Humicola insolens using rice straw as a carbon source. Bioresour. Technol. 2017, 233,
67–73. [CrossRef]

39. Silva, J.C.R.; Salgado, J.C.S.; Vici, A.C.; Ward, R.J.; Polizeli, M.L.T.M.; Guimarães, L.H.S.; Furriel, R.P.M.; Jorge, J.A. A novel
Trichoderma reesei mutant RP698 with enhanced cellulase production. Braz. J. Microbiol. 2020, 51, 537–545. [CrossRef]
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Abstract: Oenococcus oeni β-glucosidase can significantly improve food flavor, but its
catalytic activity and stability performance need to be enhanced. In this study, the two
dominant mutants III and IV were obtained by site-directed mutation of key amino acid
residues in the catalytic pocket of Oenococcus oeni β-glucosidase. Compared with the wild-
type enzyme, the activities of mutants III and IV were increased by 2.81 and 3.18 times,
respectively. Their thermal stability was also significantly improved. Mutants III and IV
showed a significant increase in affinity for the standard substrate p-NPG, with the Km value
decreasing by 18.2% and 33.3%, respectively. Molecular docking analysis indicated that
hydrogen bonding and π–π aromatic interactions were the primary factors influencing the
changes in enzyme properties, with F133 and N181 identified as key amino acids affecting
catalytic activity and stability. This research is of great significance for enhancing food
flavor and expands the potential industrial applications of Oenococcus oeni β-glucosidase.

Keywords: β-glucosidase; catalytic activity; thermal stability; site-directed mutation;
molecular docking

1. Introduction

β-glucosidase (BGL, EC3.2.1.21) is also known as β-D-glucoside glucose hydrolase,
gentiobiase, cellobiase and amygdalinase. It is an important component of the cellu-
lase system. The main function of BGLs is to catalyze the hydrolysis of β-1,4-glycosidic
bonds at the non-reducing ends of alkyl and aryl groups and different oligosaccharides,
releasing β-D-glucose and its corresponding ligands [1]. In addition, BGLs also have a
certain hydrolysis activity on β-1,1, β-1,2, β-1,3 and β-1,6 glycosidic bonds. BGLs can also
weakly hydrolyze β-D-cellulosic glycosides, β-D-galactoside, β-D-hydroxyglucoside and
α-D-glucoside bonds, releasing a variety of ligands [2]. The sources of BGLs are diverse
and can be generally divided into plant sources, animal sources and microbial sources [3].
In recent years, due to the advantages of their high yield, low price and high catalytic effi-
ciency, the current research has focused on BGLs derived from microbiology. Among them,
BGLs derived from fungi such as Aspergillus niger and yeast were the research hotspots,
while the BGLs from Oenococcus oeni were rarely reported [4].
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BGLs are widely used in the bioenergy, chemical and food industries due to a variety
of functions such as their glycoside hydrolysis ability and substrate specificity [5]. In the
food industry, β-glucosidase can hydrolyze hundreds of β-glucoside flavor precursors,
which can significantly improve food flavor and quality [6]. For example, soybean contains
12 different isoflavones. Endogenous β-glucosidase can hydrolyze isoflavones to obtain
β-glucoside ligands, such as phenolic aglycones [7]. Many other related studies have
shown that β-glucosidases can improve the aroma quality of tea by increasing the contents
of aromatic alcohols and their oxides, such as nerol, geraniol and phenylethanol. They
also have a positive effect on the contents of some aliphatic compounds, terpenes and
aromatic compounds [8,9]. In the wine industry, adding β-glucosidase can significantly
enhance wine aroma, directly manifested as increasing the contents of terpenes in wine [10].
In addition, it can also reduce the degradation rate of anthocyanins in wine, which is
conducive to wine fermentation [11,12].

Due to the high industrial application value of BGLs, designing and producing BGLs
with higher catalytic activity and stability through various methods has always been a
hot research direction. Many studies have also been conducted to improve the enzymatic
properties of existing BGLs. Molecular docking technology has been widely used to
construct enzyme–substrate complex models for predicting binding modes and catalytic
mechanisms [13]. Xia et al. obtained a BGL3A mutant with increased catalytic activity
through molecular docking and saturation mutagenesis [14]. Binding energy scanning is
also a commonly used method to guide the molecular modification of BGLs. It can predict
the changes of binding energy in advance, making the mutation selection more reasonable,
and successfully realize the activity modification of various industrial enzymes [13]. Teze
et al. obtained a mutant with an increased yield, from 36% to 90%, by mutating the −1
subsite of BGLs in Thermus thermophilus by binding energy scanning. It was concluded that
decreasing the interaction of the glycosyl subsite decreases the stability of the transition
state in the reaction. This has a greater effect on the hydrolysis reaction than on the
transglycosylation reaction, thus increasing the transglycosylation/hydrolysis ratio [15].
Hassan et al. also modified the β-glucosidase in Halothermothrix orenii by rational design.
They constructed five mutants in the vicinity of the −1 and +1 subsites. One of the mutants
near the −1 subsite synthesized oligogalactose in an increased yield of 57.4% [16]. Yang
et al. also demonstrated similar results using β-glucosidase from Thermotoga naphthophila,
with the most effective mutant exhibiting a significant increase in hydrophilicity of the −1
subunit [17]. Lee et al. improved the thermal stability of BGLs derived from Trichoderma
reesei by altering the amino acids that are external to the active site [18]. The study by
Ranaei et al. showed an increase in the enzyme’s affinity to the substrate by decreasing the
glycosylation site, increasing the catalytic efficiency to 143% of the wild-type enzyme [19].

Oenococcus oeni is one of the commonly used bacterial strains in wine fermentation
processes. The β-glucosidase produced by Oenococcus oeni can effectively act on the glyco-
sidically bound aroma precursors in the wine matrix, promoting the cleavage of the bound
aroma molecules and releasing a large amount of free volatile aroma compounds, thereby
achieving a dual enhancement in both the complexity and intensity of the aroma in the
wine fermentation system. Consequently, the aim of this study was to enhance the catalytic
performance of Oenococcus oeni β-glucosidase through molecular modification techniques.
Based on the significant application value and our previous systematic research on Oenococ-
cus oeni β-glucosidase, in this study, we used a site-directed mutagenesis strategy to modify
the Oenococcus oeni β-glucosidase to obtain mutants with high enzyme activity and good
stability. Additionally, further expression, purification and enzymatic characterization were
carried out on the mutants. This study is expected to provide theoretical guidance for the
modification of BGLs to broaden their application fields.
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2. Results and Discussion

2.1. Screening of Mutation Sites and Mutants

The results of alanine scanning and single mutation binding energy changes showed
that 12 residues (Trp351, Trp425, Tyr316, Asn317, Tyr442, Gln20, Asn242, Phe133, Lys440,
Glu377, Asn181 and Thr244) had a mutation energy greater than 0.2 kcal/mol, indicating
that these residues were key residues in the structure of β-glucosidase (Figure 1A). Four
of the 12 key residues can form hydrophobic interactions with small molecules, and two
can form hydrogen bonds, which also proves the rationality of alanine scanning. Single
mutations were performed on the above 12 residues. The mutation results are shown
in Figure 1B. A single point mutation was identified for those with a binding energy
change of less than −0.5 kcal/mol, leading to the identification of the mutation sites Q20K,
Q20R, F133K, N181R and T244L, which were designated as mutant I, mutant II, mutant III,
mutant IV and mutant V, respectively.

Figure 1. (A) Results of alanine scan; (B) results of single mutation binding energy change;
(C) SDS-PAGE analysis (M: marker; 1: empty vector control; 2: bacteriophage containing the expres-
sion plasmid; 3–7: target protein purification of mutants I to V); (D) determination of enzyme activity
(Lowercase letters indicate significant differences in catalytic activity between different mutants and
wild type, p < 0.05).

It can be seen in Figure 1C that the expression of the bacterium’s own proteins were
high when the target gene was not introduced (lane 1), and after the insertion of the target
gene (lane 2), there was a clear band at 55 KDa with a higher expression level, indicating the
successful expression of the target protein. Lanes 3–7 were the results of protein purification
of the five mutants, which had only a single and cleared band at 55 KDa, and there is
no other heterozygous band, indicating that the target proteins have been well purified,
and the molecular weight of 55 KDa was consistent with the prediction. It can be seen
from Figure 1D that the enzyme activities of mutants I–V were all greater than that of the
wild-type enzyme, among which the enzyme activity of mutant III and mutant IV increased
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more significantly, reaching 3.81 and 4.18 times that of the wild-type enzyme, respectively.
Consequently, these two mutants were chosen for further experiments in this study.

2.2. Characterization of Enzymatic Properties
2.2.1. Effects of Temperature on Enzyme Activity

Temperature is one of the main factors affecting enzyme activity, and the thermal
stability of enzymes directly reflects their adaptability and application potential to various
environmental conditions [20]. As shown in Figure 2A, the optimal catalytic temperature
for both the wild-type enzyme and mutant III was 50 ◦C, while that for mutant IV was
45 ◦C. For the wild-type enzyme, the catalytic activity was maintained at a high level
when the temperature was between 35 and 55 ◦C, with the relative activity exceeding
80%. However, its relative activity decreased sharply to below 50% when the temperature
exceeded 65 ◦C. For mutants III/IV, their relative activity remained above 80% at 65 ◦C,
demonstrating stronger heat resistance. Zhang et al. mutated Leuconostoc mesenteroides
dextransucrase, in which the optimal temperature of mutants L838C–V887C and A948C–
A1013C were increased by 10 ◦C compared to the wild-type enzyme [21]. Additionally, the
mutants III/IV also demonstrated more excellent thermal stability. As shown in Figure 2B,
when the wild-type enzyme was incubated below 50 ◦C, the enzyme activity could be
maintained at a high level, but when the temperature exceeded 50 ◦C, its activity decreased
significantly with the increase of incubation time. In contrast, the catalytic activities of
mutants III/IV remained above 80% after incubation at 70 ◦C for six hours (Figure 2C,D),
indicating a significant improvement in the thermal stability of the enzyme after mutation,
which provided a possibility for its application under high temperature conditions. Dawei
et al. applied combinatorial targeted mutagenesis to inulosucrase from Lactobacillus casei
UMB7800, resulting in three mutants, G531P–S344D, G531P–H434P and G531P–E256D,
with significantly enhancement in thermal stability [22]. Additionally, the half-life of the
wild-type enzyme and mutants at their optimal temperatures are shown in Table S2. The
half-life of the wild-type enzyme was 23 h, and the half-lives of mutant III and mutant IV
were prolonged compared with those of the wild-type enzyme by 3 h and 8 h, respectively.
The prolongation of the half-life will well broaden the application field of mutants.

Figure 2. Cont.
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Figure 2. The optimum temperature and thermal stability of the wild-type enzyme and mutants
III/IV. (A) Optimum temperature of wild-type enzyme and mutants III/IV; (B) thermal stability of
the wild-type enzyme; (C) thermal stability of mutant III; (D) thermal stability of mutant IV. The
optimum temperature was obtained by controlling the same conditions of pH.

2.2.2. Effects of pH on Enzyme Activity

The optimal reaction pH and acid stability of the wild-type enzyme and mutants
III/IV were determined. The results are shown in Figure 3A–C. The optimal pHs for the
wild-type enzyme and mutants III/IV were 5.0, 3.5 and 4.0, respectively, which indicated
that the mutants had higher catalytic activity than the wild-type enzyme under more acidic
conditions. It is worth mentioning that when the pH was 3.0, the relative activity of the wild-
type enzyme was only 38.54%, while the relative activity of the mutant enzymes exceeded
60%, especially mutant III, whose relative enzyme activity even reached 86.54%. Nielsen
et al. replaced phenylalanine (Phe) with alanine (Ala) at position 290 of α-glucosidase from
Chimeric Bacillus Ba2. Since the side chain of Phe has a larger size and a different charge
distribution compared to that of Ala, this structural change may affect the electrostatic
interactions near the enzyme’s active center, which in turn changes the enzyme’s pH activity
distribution [23]. Shi et al. performed a targeted mutation of GadB1 in Lactobacillus brevis
Lb85 and obtained mutant T17I-D294G-Q346H and mutant E312S, and the combination of
these two mutations altered the optimal pH of mutant T17I-D294G-Q346H-E312S compared
to the wild-type enzyme [24]. Additionally, the trends of the curves in Figure 3A–C were
largely similar. After being incubated in various pH buffers for 12 h, the catalytic activities
of the three BGLs remained close to their initial values, indicating that all three enzymes
exhibited good acid stability.

66



Int. J. Mol. Sci. 2025, 26, 3983

Figure 3. (A) The optimum pH and acid stability of the wild-type enzyme; (B) the optimum pH
and acid stability of mutant III; (C) the optimum pH and acid stability of mutant IV; (D) effect of
glucose on enzyme activity; (E) effect of sucrose on enzyme activity; (F) effect of fructose on enzyme
activity. The optimum pH was obtained at the optimum temperature for both the wild-type enzyme
and mutants. The results of the effects of different sugars on enzyme activity were obtained under
the optimum temperature and optimum pH for both the wild-type enzyme and mutants.

2.2.3. Effects of Different Sugars on Enzyme Activity

As the enzymatic products of BGLs, glucose and its analogues can inhibit the activity
of BGLs to varying degrees [25]. Consequently, the impact of three sugars (glucose, sucrose
and fructose) on enzyme activity was examined. As shown in Figure 3D–F, all three sugars
had inhibitory effects on enzyme activity. Specifically, the relative activities of mutants
III/IV at different glucose concentrations were essentially the same, whereas the relative
activity of the wild-type enzyme was lower than that of the mutants. With the increase of
glucose concentration, the activity of all three enzymes significantly decreased. When the
glucose concentration was 10%, the enzyme activities of the wild-type and mutants III/IV
were maintained at 18.35%, 23.75% and 28.03%, respectively. It has been reported that the
relative binding position of glucose within the channels of the catalytically active center
of BGL is a key reason for the regulation of glucose tolerance. When glucose is present
in the reaction environment, glucose competes with substrate molecules for the catalytic
activity center of BGL, resulting in a decrease in the enzymatic activity of BGL. Compared
with the wild-type, the mutants have a deeper and narrower substrate-binding channel
that prevents glucose from entering the catalytically active center of the enzyme [26], so
the mutants III/IV have higher enzyme activity and higher glucose tolerance than the wild-
type enzyme. It has also been reported that the hydrophobicity and spatial position of the
channel entrance at the active site also play an important role in glucose tolerance [27]. Sun
et al. mutated the phenylalanine residue at position 171 in BGLA to a tryptophan residue,
resulting in BGLA (F171W) exhibiting higher glucose tolerance than wild-type BGLA [28].
When sucrose was introduced into the reaction environment, the relative activity of the
three enzymes decreased significantly with the increase of sucrose concentration. When the
sucrose concentration was increased to 10%, the enzyme activity of the wild-type enzyme
and mutants III/IV remained at 35%, 30% and 21.71%, respectively. When the fructose
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concentration increased from 0 to 10%, the relative activity of the wild-type enzyme showed
a downward trend, and the relative activity decreased to 28.75%. However, the relative
activity of mutants III/IV firstly showed a slight increase when the fructose concentration
rose from 2% to 4%, and then decreased. When the fructose concentration was at 10%,
the relative enzyme activity of mutants III/IV (31.82% and 29.68%, respectively) was still
higher than that of the wild-type enzyme. Although glucose, sucrose and fructose belong to
different types of sugar categories, their structures exhibit certain similarities. Like glucose,
when sucrose and fructose are present in the environment, they can compete with substrate
molecules for the active site of β-glucosidase, thereby exerting an inhibitory effect on the
catalytic activity of β-glucosidase. In summary, the wild-type enzyme demonstrated better
tolerance to sucrose compared to mutants III/IV, while mutants III/IV exhibited greater
tolerance to glucose and fructose than the wild-type enzyme.

2.2.4. Effects of Metal Ions and Some Additives on Enzyme Activity

In the application process of BGLs, the presence of metal ions and some additives
will greatly affect the catalytic activity of the enzyme. These metal ions and additives
have a wide range of sources, such as soil, water and fertilizers [29]. Figure 4 and
Table 1 showed the effects of different metal ions and additives on enzyme activity, and
their semi-inhibitory concentration (IC50). As depicted in Figure 4, at a concentration of
5 mM, K+ enhanced the enzyme activity of both the wild-type enzyme and mutant III, but
strongly inhibited mutant IV, with an inhibition rate of 85.02%. Na+ increased the activity of
the wild-type enzyme and mutant IV, while inhibiting mutant III at a rate of 97.45%. Mn2+

inhibited the wild-type enzyme’s activity by 76.51%, but promoted the activity of mutants
III and IV. Additionally, Li+ and Ba2+ were the only metal ions that enhanced the activity
of both the wild-type enzyme and mutants III and IV. As for other metal ions, such as
Ag+, Ca2+, Mg2+, Zn2+, Cu2+, Fe2+ and Fe3+, they all had inhibitory effects on the enzyme
activity of the three BGLs. Various additives such as EDTA, SDS, DTT, Triton X-100 and
Tween-80 also inhibited catalytic activity to different extents, with Tween-80 exhibiting the
strongest inhibition and SDS the weakest. The SDS molecule contains ROSO3

−, which has
high electronegativity and can interact with the hydrophobic cavity formed by amino acid
residues, creating competitive antagonism with the substrate and significantly reducing
BGL catalytic activity. In contrast, Triton X-100 has a -(CH2-CH2-O)n-hydrophobic chain
that can also bind to the hydrophobic cavities and compete with the substrate, leading to
decreased catalytic activity. Tween-80 and DTT, as a non-ionic surfactant and metal ion pro-
tease inhibitor, can effectively inhibit the formation of disulfide bonds on protein surfaces,
thereby reducing enzyme activity. Furthermore, Tween-80 can disrupt intramolecular and
intermolecular hydrogen bonds, causing protein unfolding and altering its secondary and
tertiary structures, ultimately inhibiting enzyme activity.

Table 1. IC50 of different metal ions and additives on the wild-type enzyme and mutants.

Additives
Concentration

(mM)

Wild-Type
Enzyme

Mutant III Mutant IV

IC50 (mM) IC50 (mM) IC50 (mM)

K+ 5 Activator Activator 2.42
Na+ 5 Activator 0.929 Activator
Li+ 5 Activator Activator Activator
Ag+ 5 7.43 3.03 2.93
Ca2+ 5 4.09 3.38 3.28
Mg2+ 5 8.92 3.37 5.35
Zn2+ 5 3.87 3.19 2.94
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Table 1. Cont.

Additives
Concentration

(mM)

Wild-Type
Enzyme

Mutant III Mutant IV

IC50 (mM) IC50 (mM) IC50 (mM)

Ba2+ 5 Activator Activator Activator
Cu2+ 5 3.12 3.48 1.58
Mn2+ 5 3.76 Activator Activator
Fe2+ 5 2.83 3.96 4.43
Fe3+ 5 0.31 2.81 2.42

EDTA 5 6.41 6.89 7.16
SDS 5 7.89 6.72 6.29
DTT 5 7.93 5.49 6.17

Triton-X100 0.2% - - -
Tween-80 0.2% - - -

IC50 represents the half inhibitory concentration. (“-”represents no enzymatic activity).

Figure 4. The effects of metal ions and some additives on the activity of the wild-type enzyme and
mutants III/IV. The results were obtained under the conditions of the optimum temperature and
optimum pH for both the wild-type enzyme and mutants.

2.2.5. Analysis of Enzymatic Reaction Kinetic Constants and Substrate Specificity

The kinetic parameters of the wild-type enzyme and its mutants catalyzing on four
kinds of substrates are shown in Table 2. Overall, all three BGLs were able to catalyze these
substrates, but the kinetic parameters of the reactions were obviously different. The pa-
rameter Vmax reflects the maximum reaction rate when the enzyme catalyzes the substrate,
and the Vmax of pNP-β-glu catalyzed by the three BGLs was greater than those of the other
three kinds of substrates. The Vmax of the mutants III/IV in catalyzing three substrates
(pNP-β-glu, pNP-β-gal and pNP-β-xyl) were all larger than that of the wild-type enzyme,
indicating that the mutants had a higher catalytic efficiency. Km represents the affinity
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between enzymes and substrates, i.e., the smaller the Km value, the greater the affinity. In
this study, the three enzymes had the highest affinity with substrate pNP-β-glu, with Km

values all less than 0.33 ± 0.03 mM. Additionally, the three enzymes had the lowest affinity
with substrate pNP-β-xyl, with the highest Km value reaching 1.31 ± 0.22 mM. In addition,
mutations increased the affinity of the enzyme to the substrates pNP-β-glu and pNP-β-xyl,
while decreasing the affinity to substrate pNP-α-glu. Similar findings were reported by
Tonin et al., who noted that targeted mutations in hydroxysteroid dehydrogenases led to
decreased substrate affinity in some mutants [30], aligning with our results. The specificity
constant, Kcat/Km, helps identify the most suitable substrate when an enzyme can catalyze
multiple substrates. As shown in Table 2, the Kcat/Km value for pNP-β-glu was the highest
for both the wild-type enzyme and mutants III/IV, indicating that pNP-β-glu is the most
suitable substrate for all three enzymes.

Table 2. Kinetic parameters of the wild-type enzyme and mutants catalyzing four kinds of substrates.

Substrates Enzyme
Vmax

(μM/min/mg)
Km (mM) Kcat (S−1)

Kcat/Km
(S−1·mM−1)

pNP-β-glu
wild-type enzyme 363.46 ± 4.13 c 0.33 ± 0.03 c 333.99 ± 3.80 c 1012.09 c

mutant III 532.82 ± 6.51 b 0.27 ± 0.05 b 489.77 ± 5.98 b 1813.96 b

mutant IV 841.65 ± 3.82 a 0.22 ± 0.03a 773.64 ± 3.52 a 3516.54 a

pNP-β-gal
wild-type enzyme 230.97 ± 5.71 c 0.81 ± 0.16 b 212.24 ± 5.25 c 262.02 c

mutant III 349.18 ± 4.83 a 0.52 ± 0.17 a 320.97 ± 4.44 a 617.25 a

mutant IV 257.38 ± 5.47 b 0.87 ± 0.24 c 236.85 ± 5.03 b 272.24 b

pNP-β-xyl
wild-type enzyme 307.72 ± 3.64 c 1.31 ± 0.22 c 282.77 ± 3.34 c 215.85 c

mutant III 337.28 ± 4.61 b 1.24 ± 0.13 b 310.03 ± 4.24 b 250.02 b

mutant IV 358.83 ± 3.88 a 1.17 ± 0.16 a 330.21 ± 3.57 a 282.23 a

pNP-α-glu
wild-type enzyme 29.61 ± 1.83 a 1.07 ± 0.20 a 27.21 ± 1.68 a 25.43 a

mutant III 25.81 ± 2.06 b 1.19 ± 0.23 b 23.73 ± 1.89 b 19.94 b

mutant IV 19.93 ± 1.98 c 1.27 ± 0.19 c 18.35 ± 1.82 c 14.45 c

In columns, for the same substrate, means with the different lowercase superscripted letters indicate a significant
difference (p < 0.05). Data are presented as mean ± standard deviation (n = 3).

2.3. Mechanism Analysis of Enzymatic Property Change

Some special sites in the amino acid structure of the enzyme are the key to its high cat-
alytic activity, such as hydrogen bonding [31], hydrophobic bonding [32], salt bridges [33],
aromatic–aromatic, cation–aromatic [34] and other non-covalent and disulfide bridges con-
necting peptide chains [35]. It is essential to deeply analyze the connection between enzyme
activity and structure to optimize enzyme function. In this research, we initially predicted
the isoelectric points, molecular weights, instability coefficients and other characteristics
of the three BGLs. The findings (Table S3) indicated that there were minor differences in
the pI and molecular weight among the three BGLs. All three were identified as stable
proteins (with stability factors below 40), with mutant IV exhibiting the highest stability,
followed by mutant III. In contrast, the wild-type enzyme demonstrated the lowest stability
compared to the mutants.

A search of the PDB database revealed that the crystal structure of β-glucosidase from
Lactobacillus plantarum (ID: 3QOM) showed a high degree of sequence identity (51.00%)
with the wild-type enzyme. Therefore, the crystal structure of 3QOM is a good template for
constructing a 3D structural model of the wild-type enzyme. The results of the homology
modeling and the reasonableness assessment of the model are shown in the form of a
“Ramachandran plot” (Figure 5A). The amino acid residues located in the stereochemically
permissive region reached 99.80%, indicating that 99.80% of the amino acid residues in the
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three-dimensional structure of the wild-type enzyme had a spatial conformation within a
reasonable range, which was in accordance with the energy law of stereochemistry. The
compatibility between the 3D structural model of the wild-type enzyme and its own amino
acid sequence was assessed by the Verify 3D program (https://www.doe-mbi.ucla.edu/
verify3d/, (accessed on 3 November 2024)). As shown in Figure 5B, the percentage of amino
acid residues with scores above 0.1 was 92.07%, which was in line with the requirements
of the evaluation program. Taken together, the 3D structural model of the wild-type
enzyme was highly reliable and stable, and can be used in the subsequent molecular
docking process.

 

Figure 5. Quality evaluation of the 3D model of the wild-type enzyme. (A) Ramachandran plot (Black
represents amino acid residues, red represents the core region, yellow represents the allowed region,
and white represents the not allowed region. Residues in most favoured regions (A, B, L), Residues
in additional allowed regions (a, b, l, p), Residues in generously allowed regions (~a, ~b, ~l, ~p));
(B) Verify 3D score (Yellow lines represent 0.1 standard lines).

The number of salt bridges between the wild-type enzyme and mutants before and
after binding to the substrate were analyzed using Protein Tools (www.proteintools.uni-
bayreuth.de, (accessed on 3 April 2025)), and the results are shown in Table 3. The number
of salt bridges of the wild-type enzyme and mutant III/IV were 22, 18 and 18, respectively,
and the number of salt bridges after binding to the substrate p-NPG remained the same,
but mutant III/IV had one salt bridge connected to the substrate p-NPG, which may make
mutant III/IV have an increased affinity with the substrate p-NPG, thus enhancing their
catalytic activity [33].

Table 3. Comparison of the number of salt bridges between the wild-type enzyme and mutants.

Different Enzyme Salt Bridge Salt Bridge Connected to p-NPG

wild-type 22 -
mutant III 18 -
mutant IV 18 -

wild-type-p-NPG 22 0
mutant III-p-NPG 18 1
mutant IV-p-NPG 18 1

The surface electrostatic potential of the wild-type enzyme and mutants were analyzed
by PyMOL, and the results are shown in Figure 6. The Phe133 and Asn181 of the wild-type
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enzyme were replaced by the high-potential amino acids Lys133 and Arg181, respectively.
The surface electrostatic potential of mutant III/IV changed and was significantly higher
than that of the wild-type. Studies have shown that the change of the electrostatic potential
on the surface of the protease will change the stability of the enzyme [36], and the mutation
leads to the increase of the electrostatic charge on the surface of the β-glucosidase, which
makes the surface of the β-glucosidase protein easier to form a hydrated film and increases
the solubility of the β-glucosidase. The rigidity of the C-terminal and N-terminal structures
of the mutants has also been significantly enhanced, thereby delaying the expansion of the
flexible region and improving the stability of the mutants III/IV [37].

Figure 6. Analysis of the surface electrostatic potential of the wild-type enzyme and mutants.
((A) Wild-type enzyme; (B) mutant III; (C) mutant IV).

It can be seen from Figure 7 that, compared with the wild-type enzyme, after the
mutant III/IV binds to the substrate p-NPG, p-NPG can penetrate deeper into the center of
the active pocket and enhance the affinity of the mutants with the substrate.

Figure 7. Comparative effect of superposition of substrate binding sites in the wild-type enzyme and
mutant active sites (gray: wild-type enzyme; cyan: mutant III; purple: mutant IV).

To thoroughly investigate the mechanisms behind the enhancement of enzyme activity
and stability, we analyzed the alterations in the microenvironment surrounding the muta-
tion site through molecular simulations. The results are shown in Figure 8. The distances
of the mutated amino acid residues from the surrounding critical amino acid residues of
the wild-type and mutants were measured using PyMOL. For the wild-type enzyme, the
distances of F133 from the critical amino acids S131, H132, E134, N177, E178 and N194 are
6.3 Å, 5.0 Å, 4.4 Å, 7.3 Å, 8.9 Å and 5.8 Å, respectively, and the distances between N181
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and the key amino acids E178, N187, N194 and N242 are 5.6 Å, 7.4 Å, 5.8 Å and 5.4 Å,
respectively. The distances between K133 of mutant III and the key amino acids S131, H132,
E134, N177, E178 and N194 are 5.0 Å, 5.0 Å, 4.4 Å, 7.3 Å and 8.9 Å, respectively, and the
distances of R181 of mutant IV from the key amino acids E178, D184, N187, F189 and N242
are 3.6 Å, 5.1 Å, 7.2 Å, 3.9 Å and 4.5 Å, respectively. Compared to the wild-type enzyme,
the mutated LYS133 and ARG181 showed reduced distances to key amino acids. It can be
seen from Figure 8A that F133 and N181 of the wild-type enzyme are located in the center
of the catalytic active pocket, indicating that the two amino acids are important for the
wild-type enzyme to exert catalytic activity. The substrate molecule p-NPG is located in
the edge region of the active pocket. The F133 of the wild-type BGL (Figure 8B) and its
surrounding amino acids rely on van der Waals forces to maintain the spatial structure
without hydrogen bonding. The F133 contains a benzene ring, which may lead to steric
hindrance and exclude p-NPG from the catalytic activity pocket, thereby affecting the
activity of BGL [14]. Mutations may lead to changes in the ionization state and charge
state of amino acid residues, which in turn affect the interaction with other amino acid
residues and the substrate, thereby affecting the conformational stability, structural stability
and catalytic activity [38]. When the substrate p-NPG was present (Figure 8C), it formed
eight hydrogen bonds with D184, N187, R188, S432 and K440 in the edge region of the
catalytically active pocket, and did not form hydrogen bonds with F133. After the non-
polar and hydrophobic F133 was mutated to the polar and hydrophilic K133 (Figure 8D),
K133 formed a hydrogen bond with its surrounding amino acid residue E178. This change
in polarity and hydrophobicity enhances the hydrophilicity at the center of the catalytic
pocket, facilitating substrate binding and product release [39]. The increased polarity of
the amino acids boosts the affinity between BGL and p-NPG, allowing the substrate to
penetrate further into the catalytic pocket and achieve better geometric compatibility with
BGL. Additionally, the loss of the benzene ring reduces steric hindrance and increases flexi-
bility, further enhancing enzyme catalytic activity [40]. After the mutation, p-NPG forms
two hydrogen bonds with the crucial amino acid K133 (Figure 8E) and establishes eight
hydrogen bonds along with one π–π aromatic interaction with the surrounding residues
E178, R188, E377, A433, G434, K440 and Y442. Compared to the wild-type, this results
in two additional lattice hydrogen bonds and one π–π aromatic interaction between the
enzyme and substrate, which promotes their binding and improves enzyme activity [14].

The N181 of the wild-type enzyme formed four hydrogen bonds with its surrounding
amino acid residues E178, N187 and N242 (Figure 8F). In the presence of the substrate
p-NPG (Figure 8G), it established hydrogen bonds with amino acids in the catalytic activity
pocket of the enzyme, but not with N181. After N181 was mutated to R181 (Figure 8H), the
side chain of the amino acid became longer, resulting in the formation of four hydrogen
bonds with E178 and D184, as well as a π–π aromatic interaction with F189. The p-NPG
could enter the center of the catalytic activity pocket more deeply, and formed two hydrogen
bonds with R181 of the mutant BGL, and formed six hydrogen bonds and four π–π aromatic
interactions with Q20, E178, N242, Y316, N317, W351 and W425 around it (Figure 8I). After
mutation, the number of π–π aromatic interactions increased by three compared to the
wild-type enzyme, while the number of hydrogen bonds remained the same. However,
two hydrogen bonds were now directly linked to the crucial amino acid R181 of the mutant
BGL, which strengthened the binding affinity of the mutant BGL for the substrate p-NPG
and improved its catalytic stability [38].
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Figure 8. (A) The 3D protein model and mutation site information of the wild-type enzyme;
(B) hydrogen bonding interactions between the F133 site and its surrounding amino acids in the
wild-type enzyme; (C) hydrogen bonding interactions between p-NPG and the surrounding amino
acid residues after molecular docking between the wild-type enzyme and p-NPG; (D) hydrogen
bonding interaction between the K133 site and the surrounding amino acids of mutant III; (E) hydro-
gen bonding and π–π interactions between p-NPG and the surrounding amino acid residues after
molecular docking between mutant III and p-NPG; (F) hydrogen bonding interaction between the N181
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site and the surrounding amino acids of the wild-type enzyme; (G) hydrogen bonding interactions
between p-NPG and the surrounding amino acid residues after molecular docking between the
wild-type enzyme and p-NPG; (H) hydrogen bonding and π–π interaction between the R181 site
and the surrounding amino acids of mutant IV; (I) hydrogen bonding and π–π interactions between
p-NPG and the surrounding amino acid residues after molecular docking between mutant IV and
p-NPG. (The green dashed line represents a hydrogen bond, and the purple dashed line represents a
π–π interaction).

3. Materials and Methods

3.1. Bacterial Strains and Materials

Oenococcus oeni SD-2a was preserved at the college of food and bioengineering, Henan
University of Science and Technology. Competent E. coli DH5α was purchased from
Sangon Biotech (Shanghai, China). Lactococcus lactis MG1363 was purchased from Chang-
sha Fenghui Biotechnology (Changsha, China). The pMG36e plasmid was purchased
from HonorGene (Changsha, China), and the SpeedyCut enzyme, DNA polymerase and
Ni-IDA 6FF Sefinose (TM) Resin Kit were purchased from Sangon Biotech (Shanghai,
China).
p-Nitrophenyl-β-D-glucopyranoside (p-NPG/pNP-β-glu), p-Nitrophenyl-β-D-galactoside
(pNP-β-gal), p-Nitrophenyl-β-D-xylopyranoside (pNP-β-xyl) and p-Nitrophenyl-α-D-
glucopyranoside (pNP-α-glu) were purchased from Yuanye Bio-Technology (Shanghai,
China), and M17 broth medium was purchased from Aobox Bio-tech (Beijing, China).
Chemicals with purity ≥98% were purchased from Solarbio Life-Science (Beijing, China),
mainly including sodium chloride (NaCl), sodium carbonate (Na2CO3), peptone, glucose,
potassium dihydrogen phosphate (KH2PO4), sodium acetate (NaAc), magnesium sulfate
heptahydrate (MgSO4·7H2O), disodium hydrogen phosphate and anhydrous ethanol.

3.2. Prediction of Mutation Sites

β-glucosidase BGL0224 (MT330371.1) from Oenococcus oeni SD-2a obtained in our
previous research was used as the wild-type enzyme [3]. The protein sequence of the
wild-type enzyme was entered into the PDB protein database for comparison. Normally,
when the sequence identity between the crystal structure and the target protein exceeds
30%, the known crystal structure can be used as a template to construct a 3D structure
model of the target protein. Homology modeling was performed using SWISS-MODEL
(https://swissmodel.expasy.org/interactive, (accessed on 11 October 2024)), and the quality
of the model was evaluated and characterized using a Ramachandran plot (https://saves.
mbi.ucla.edu/, (accessed on 4 November 2024)) and the Verify 3D program (https://www.
doe-mbi.ucla.edu/verify3d/, (accessed on 3 November 2024)) for subsequent molecular
docking. The 3D structure of wild-type BGL was obtained as the receptor structure of
molecular docking. The structure of the substrate was constructed and hydrogenated. The
structure was optimized using the MOPAC 2016 program to calculate the atomic charge of
PM3. Finally, Autodock Tools 1.5.6 was used to deal with the structure of the ligand and
receptor, and the docking box was used to wrap the active site. The number of grid points
in the XYZ direction was set to 60 × 60 × 60, the grid spacing was 0.375 Å, the number of
dockings was set to 100, and the remaining parameters were used as default values. The
Calculate Mutation Energy (Binding) module in the Discovery Studio 2019 software was
used to scan all the residues of 5 Å near the p-NPG binding pocket.

3.3. Construction of Recombinant Plasmid pMG36e-0224 and Its Mutants

The gene of BGL0224 was amplified by PCR using the genomic DNA of Oenococcus
oeni SD-2a as the template. The purified PCR product and linearized plasmid vector were
ligated by T4 DNA ligase to connect the BGL0224 gene fragment to the pMG36e linearized
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plasmid vector [41]. The recombinant plasmid with the correct sequence was named
pMG36e-0224. Based on the rapid site-directed mutagenesis strategy, the recombinant
plasmid pMG36e-0224 was used as a template for whole plasmid PCR to construct different
mutants. The mutation primers were designed by Primer X (https://www.bioinformatics.
org/primerx/cgi-bin/DNA_1.cgi, (accessed on 10 August 2024)). The primer sequences
are shown in Table S1. The PCR procedure was as follows: pre-denaturation at 95 ◦C for
10 min, 97 ◦C denaturation for 10 s, 56–69 ◦C annealing for 15 s, 70 ◦C extension for 60 s,
for 35 cycles, and finally, 4 ◦C heat preservation. The accuracy of the mutation results were
verified by sequencing. Next, the wild-type and mutant plasmids were electro-transformed
into Lactococcus lactis MG1363 for expression and purification [42]. The purified wild-type
and mutant target proteins were detected by SDS-PAGE.

3.4. Determination of Enzyme Activity

The determination of enzyme activity was conducted according to Dong et al., with
slight modifications [43]. First, 10 μL BGLs (10 mg/mL) were added to 490 μL 25 mM
p-Nitrophenyl-β-D-glucopyranoside (p-NPG) prepared with 20 mM sodium phosphate
buffer (pH 5.0). After incubation at 37 ◦C for 30 min, 500 μL 1 M Na2CO3 solution
were added to terminate the reaction. The absorbance was measured at 420 nm, and the
p-Nitrophenol (p-NP) released from the system was determined. The concentration of
p-NP was calculated according to the standard curve. Under the experimental conditions,
the amount of 1 μM p-NP produced per minute was defined as a unit of BGL enzyme
activity (U).

3.5. Determination of Optimal Temperature and Thermal Stability

The optimum temperature and temperature stability of the enzyme were determined
with reference to Liu et al., with slight modifications [44]. The lyophilized powders of the
wild-type and mutant BGLs were dissolved in 20 mM sodium phosphate buffer (pH 5.0) to
give a final concentration of 10 mg/mL. Then, 10 μL of enzyme solution were added to
490 μL of 25 mM p-NPG substrate solution configured with sodium phosphate buffer and
mixed well. The enzyme reaction was carried out at a temperature range of 30–70 ◦C (with
a gradient of 5 ◦C) for 30 min. After the reaction was completed, 500 μL of 1 M Na2CO3

solution were added to develop the color, and the absorbance value of the mixture was
measured at 420 nm, and the activity of BGL was calculated according to the standard
curve. Thermal stability was determined by reacting the above 500 μL of enzyme–substrate
mixture at a temperature range of 30–70 ◦C for 6 h. Then, the activity of BGL was measured
at 1 h, 2 h, 3 h, 4 h, 5 h and 6 h, and the rest of the conditions remained unchanged.

3.6. Determination of Optimal pH and Acid Stability

The optimum pH and pH stability of the enzyme were determined with reference to
Capaldo et al., with slight modifications [4]. The lyophilized powders of the wild-type
and mutant BGLs were dissolved in 20 mM sodium phosphate buffer (pH range 1.0–6.5,
gradient 0.5) at different pHs to give a final concentration of 10 mg/mL. Then, 10 μL of
enzyme solution were added to 490 μL of 25 mM p-NPG substrate solution configured
with sodium phosphate buffer (pH range 1.0–6.5 with a gradient of 0.5) and mixed well.
The enzyme reaction was carried out at the optimal temperature for 30 min, 500 μL of
1 M Na2CO3 solution were added at the end of the reaction, and the absorbance value of
the mixture was measured at 420 nm, and the activity of BGL was calculated according
to the standard curve. Acid stability was determined by reacting the above 500 μL of
enzyme–substrate mixture for 12 h at 4 ◦C, and then the activity of BGL was measured.
The rest of the conditions were unchanged.
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3.7. Determination of Different Sugars on Enzyme Activity

The method for determining the effect of different sugars on enzyme activity referred
to Zhao et al., with slight modifications [2]. To determine the effects of different types
and concentrations of sugars on BGL enzyme activity, glucose, sucrose and fructose were
configured into solutions with concentrations of 0–10% (on a 2% gradient) using 20 mM
sodium phosphate buffer. The lyophilized powder of the wild-type and mutant BGLs
was dissolved in the prepared sodium phosphate buffer with different concentrations of
the three sugar solutions, and the final concentration was 10 mg/mL. A p-NPG substrate
solution (25 mM) was also prepared with the prepared sodium phosphate buffer with
different concentrations of the three sugar solutions. Then, 10 μL of enzyme solution
were added to 490 μL of substrate solution and mixed evenly. The reaction lasted for
30 min under the optimal reaction conditions of the BGLs. Then, 500 μL 1 M of Na2CO3

solution were added to terminate the reaction. Next, the absorbance value of the reaction
system at 420 nm was measured, and the activity of the BGLs was calculated based on the
standard curve.

3.8. Determination of Metal Ions and Some Additives on Enzyme Activity

The method for the determination of the effects of different metal ions and additives
on enzyme activity was referred to Zhou et al., with slight modifications [45]. To determine
the effects of metal ions and some additives on the BGLs’ activity, lyophilized powders of
the wild-type and mutant BGLs were formulated into solutions with a final concentration
of 10 mg/mL using 20 mM sodium phosphate buffer as well as 25 mM of p-NPG substrate
solution and different concentrations (0.1 mM, 0.5 mM, 1.0 mM, 5.0 mM and 10 mM) of
metal ion solutions (K+, Na+, Li+, Ag+, Mg2+, Zn2+, Ba2+, Ca2+, Cu2+, Mn2+, Fe2+ and Fe3+)
and additive solutions (SDS, DTT, EDTA, TritonX-100 and Tween-80). The enzyme solutions
(10 μL), p-NPG solution (490 μL) and different concentrations of additive solutions (500 μL)
were mixed well. The reaction lasted for 30 min under the optimal reaction conditions of
the enzyme. Then, 1mL 1 M Na2CO3 was added to terminate the reaction. The absorbance
value of the reaction system was measured at 420 nm and the activity of the BGLs was
calculated according to the standard curve. The IC50 (half of the maximum inhibitory
concentration) of the reagents on BGL activity was calculated using a logistic function with
Growth/Sigmoidal-type nonlinear fitting in Origin Pro 8.0.

3.9. Enzymatic Reaction Kinetics and Substrate Specificity

The determination of enzymatic reaction kinetics was conducted according to Zhang
et al., with slight modifications [3]. Different concentrations (0.1 mM, 0.2 mM, 0.5 mM,
1.0 mM, 2.0 mM, 5.0 mM, 8.0 mM, 10 mM, 12 mM, 15 mM, 20 mM and 25 mM) of p-NPG
substrate solutions were prepared with 20 mM sodium phosphate buffer. Then, 100 μg
of enzyme lyophilized powder were added to 500 μL of p-NPG solutions at different
concentrations. Next, this was reacted for 0 min, 5 min, 10 min, 15 min, 20 min, 25 min and
30 min under optimal reaction conditions, and at the end of each set of reactions, 500 μL
1 M of Na2CO3 solution were added to terminate the reaction. The absorbance value of each
reaction system was measured at 420 nm and the amount of p-NP corresponding to different
reaction times at specific substrate concentrations was calculated from the standard curve.
The kinetic constants (Vmax and Km) of each reaction system were determined by fitting
using the Hill function in the class of Growth/Inverse Curve for nonlinear fitting in the
Origin Pro 8.0 software.
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3.10. Mechanism Analysis

ExPASy (https://web.expasy.org/protparam/, accessed on 22 July 2024) was used
to analyze physical and chemical indicators such as the molecular weight and isoelectric
point (pI). Homology modeling of the mutant and wild-type BGLs was performed by the
online prediction platform SWISS-MODEL (https://swissmodel.expasy.org/interactive,
accessed on 11 October 2024). Autodock Tools 1.5.6 was used to dock the wild-type and
mutant BGLs with the substrate p-NPG, and the parameter settings for the docking process
referred to Section 2.2. The PyMOL 3.1.0 software was used for visual analysis.

3.11. Statistical Analysis

All experiments were set up in three parallels. The activities of the wild-type enzyme
and five mutants were analyzed by ANOVA at the significance level of p < 0.05 using
the SPSS 26.0 software, and multiple comparisons of the means were performed using
Duncan’s method. The kinetic parameters of the enzymatic reactions for the wild-type
enzyme and mutants catalyzing four substrates were subjected to independent sample
t-tests at a significance level of p < 0.05, and the data were expressed as mean ± standard
deviation. The experimental results were plotted using the Origin 2021 software.

4. Conclusions

In this research, the critical amino acids in the catalytic activity pocket of BGL0224 were
identified by binding energy prediction, and the dominant mutants III and IV were further
obtained by site-directed mutation. Compared with the wild-type enzyme, the enzyme
activities of the mutants were significantly increased under optimal reaction conditions, and
the affinity for the substrate p-NPG was also enhanced. The mutants were more tolerant
to low pH environments. In addition, when glucose and fructose, as well as certain metal
ions, were present in the environment, the activities of both the wild-type enzyme and the
mutants were inhibited. Molecular simulation results showed that the change of enzyme
properties was due to the change of enzyme structure after mutation, mainly manifested
as the introduction of new hydrogen bonds and π–π bonds at the active site. This allows
the substrate p-NPG to function deeper in the catalytic activity pocket, thus enhancing the
binding ability between the enzyme and substrate, resulting in higher catalytic activity and
stability exhibited by the mutant. Overall, this study expands the industrial applicability of
Oenococcus oeni β-glucosidase.
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Abstract

Polyethylene terephthalate (PET) pollution represents a significant environmental chal-
lenge due to its widespread use and recalcitrant nature. PET-degrading enzymes, par-
ticularly Ideonella sakaiensis PETases (IsPETase), have emerged as promising biocatalysts
for mitigating this problem. This review provides a comprehensive overview of recent
advancements in the discovery and heterologous expression of IsPETase and closely related
enzymes. We highlight innovative approaches, such as in silico and AI-based enzyme
screening and advanced screening assays. Strategies to enhance enzyme secretion and
solubility, such as using signal peptides, fusion tags, chaperone co-expression, cell surface
display systems, and membrane permeability modulation, are critically evaluated. Despite
considerable progress, challenges remain in achieving industrial-scale production and
application. Future research must focus on integrating cutting-edge molecular biology tech-
niques with host-specific optimisation to achieve sustainable and cost-effective solutions
for PET biodegradation and recycling. This review aims to provide a foundation for further
exploration and innovation in the field of enzymatic plastic degradation.

Keywords: polyethylene terephthalate; PETase; heterologous expression; in silico screening;
enzyme assays; host optimisation

1. Introduction

One of the greatest innovations of the 20th century, plastics have become indispensable
to human existence because of their advantageous qualities. Since 2000, global plastic
production has doubled from approximately 200 million tonnes (Mt) to ~400 Mt in 2019 [1].
Unfortunately, because plastics are not biodegradable, plastic trash builds up in landfills
and the ocean, which causes major environmental issues [2].

On a global scale, the recycling rate for plastic garbage stands at a modest 18%, with
a slightly higher proportion of 24% being submitted to burning. The other 58% of plastic
waste is either deposited in landfills or released into the natural environment, resulting
in the long-term buildup and persistence of plastics [3]. Plastics can be classified into two
distinct groups: biodegradable plastics, which can come from either natural or synthetic
sources and possess the ability to decompose through the action of microorganisms, and
nondegradable plastics, which are derived from petrochemicals and exhibit a higher molec-
ular weight due to the repetitive arrangement of small monomer units, commonly known
as synthetic polymers. Illustrations of the latter classification include polyethylene (PE),

Int. J. Mol. Sci. 2025, 26, 6797 https://doi.org/10.3390/ijms26146797
81



Int. J. Mol. Sci. 2025, 26, 6797

polypropylene (PP), polyvinyl chloride (PVC), polystyrene (PS), polyethylene terephthalate
(PET), and other plastics [4].

1.1. PET

With an annual output of around 50 Mt, PET has become one of the most used synthetic
polymers since its invention in the 1940s and has emerged as an important contributor to
the growing problem of plastic waste. The primary cause of its propensity for degradation
is largely attributed to the existence of hydrolysable ester linkages in its composition [5].

Physical and chemical approaches have been implemented to degrade plastic waste,
such as ultraviolet (UV) treatment, physical stress, hydrolysis, and ammonolysis [6]. How-
ever, these approaches all have some limitations. For example, physical treatments degrade
plastics into smaller fragments, thus will not significantly reduce the plastic entering the
landfill flow, and the additives in the plastic will also be degraded to release substances
that may affect the environment [7]. Chemical treatment requires the use of solvents that
are not environmentally friendly and always result in the release of byproducts such as
carbon monoxide (CO), carbon dioxide (CO2), terephthalic acid, anhydrides, carboxylic
acids, and esters [8].

To confront the imminent peril of plastic accumulation in marine and terrestrial
environments, it is crucial to implement efficient biodegradative methods that alleviate the
burden of plastic in the environment.

1.2. PETase from Ideonella sakaiensis

PET does not biodegrade well and instead accumulates as garbage. It was recently
discovered that bacteria and fungi possess thermophilic hydrolases, which are best suited
for catalysing PET hydrolysis at elevated temperatures. Remarkably, enzymes derived
from Ideonella sakaiensis were reported to digest PET well at room temperature [9].

PETase, derived from I. sakaiensis, also identified as IsPETase, is an enzyme that has
similarities to cutinase. It has attracted attention as a potentially effective and innovative
approach to completely break down the polymer into its fundamental constituent units.
IsPETase exhibits increased activity at ambient temperatures and acts specifically on highly
crystalline PET [10], while the high-resolution (0.92 Å) X-Ray crystal structure of IsPETase
provided more information on the enzyme’s working mechanism and suggested that it is
not fully optimised for crystalline PET degradation [11].

There are concerns about the structural and sequence characteristics that enable
IsPETase to outperform its homologues at lower temperatures, since IsPETase can break
down PET films at ambient temperature, whereas other hydrolases require a high tem-
perature to promote PET hydrolysis [9]. Although with these advantages, the practical
implementation of IsPETase in the biodegradation of PET is hindered by its low solubil-
ity [12], highlighting the need to screen more similar enzymes to make IsPETase a more
feasible target to be engineered for PET’s biodegradation.

This review provides a focused synthesis of recent advances in the discovery and
engineering of PET-degrading enzymes, particularly homologues of IsPETase. We explore
innovative in silico and AI-driven screening strategies, evaluate diverse enzymatic activity
assays, and critically assess recombinant expression systems across bacterial, yeast, and
algal hosts. Emphasis is placed on enhancing enzyme solubility, secretion, and activity
through molecular and host-specific engineering approaches. By highlighting both the
progress and persistent challenges in PETase development, this review aims to guide
future research toward scalable, sustainable solutions for enzymatic PET biodegradation
and recycling.
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2. Screening IsPETase Homologues

2.1. In Silico Screening
2.1.1. Amino Acid Sequence-Based Screening

Several research teams have employed in silico-based methodologies to screen en-
zymes exhibiting a high level of similarity to IsPETase, sourced from a diverse range of
microorganisms or environmental samples. The objective of these efforts is to identify
potential candidates for further genetic engineering. Researchers hope to accelerate the
degradation process of PET [13–15]. These screening approaches, as outlined in Figure 1,
offer a promising pathway towards the development of more effective biocatalysts for
environmental applications in plastic waste management.

 

Figure 1. Strategies to search novel IsPETase homologues. This schematic illustrates the main
computational approaches used to identify potential PET-degrading enzymes from genomic and
metagenomic databases. The strategies are broadly categorised into amino acid sequence-based
screening, which includes tools such as BLASTP to identify homologous sequences based on similarity
to IsPETase. Hidden Markov Models (HMMs) are also employed to detect conserved motifs across
large datasets.

Studies employing the strategies outlined in Figure 1 have been published. However,
only a tiny fraction of these investigations resulted in confirmed enzymatic activity of the
newly identified candidates, leaving further validation still required [14,16–19].

Many studies have utilised the NCBI (National Center for Biotechnology Information;
http://ncbi.nlm.nih.gov) database for enzyme screening, employing a variety of in silico
strategies. These range from simpler methods such as BLSTP [15] to more advanced tech-
niques like PSI-BLAST [19,20]. These approaches are particularly appealing to researchers
without extensive bioinformatic expertise, as they are relatively straightforward to imple-
ment. Remarkably, they have proven effective in identifying promising enzyme candidates,
including novel enzymes whose activities have been experimentally validated.

For instance, a more comprehensive strategy was adopted by searching across multi-
ple databases, including NCBI, UniProt, and the JGI Integrated Microbial Genomes and
Microbiomes (JGI/IMG) database [14]. The researchers employed an IsPETase-specific
Hidden Markov Model (HMM)-based search algorithm, which enabled the discovery of
novel IsPETase homologues. Similarly, the MGnify database, another resource for micro-
biome data, was explored using an HMM-based approach [17]. Both studies successfully
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identified enzymes that exhibited activity against PET, highlighting the efficiency of this
search technique in uncovering enzymes with plastic-degrading capabilities.

In contrast to the broad database-wide searches, other researchers have focused their
efforts on specific groups of microorganisms within databases. For example, the basic
BLASTP strategy was applied to 52 Streptomyces genome sequences obtained from NCBI,
which included 23 terrestrial and 29 marine isolates. The work targeted approach led to the
discovery of an IsPETase-like enzyme, whose activity was confirmed through experimental
assays [16]. On the other hand, BLAST searches were conducted across 7375 terrestrial
metagenomic samples in the JGI/IMG database [13] (https://img.jgi.doe.gov/). While
homologues closely related to IsPETase were identified, the activity of these candidates
was not tested, leaving their potential for PET degradation unverified.

These diverse strategies demonstrate the adaptability and potential of in silico screen-
ing in identifying promising enzymes for further study in PET biodegradation research.

2.1.2. Artificial Intelligence (AI)-Driven and Structure-Based Screening

In addition to engineering IsPETase, AI tools have also been employed for PETase
screening. However, the limited number of experimentally confirmed PETases presents
a challenge for effective model training. To address this limitation, existing studies have
devised various strategies to enhance training datasets, thereby mitigating the need for
additional PETase sequences.

One machine learning (ML) model, employing the support vector machine method,
was trained using a dataset of PETase homologues derived from thermal metagenomes. The
homologues were collected through in silico screening based on amino acid sequences [21],
and the ML-assisted screening resulted in the identification of 74 candidate enzymes. Of
these, 51 were successfully expressed in Escherichia coli, and 37 exhibited detectable PET
hydrolytic activity, including 23 enzymes that had not been previously reported.

In a separate study, a Generative Adversarial Network (GAN) was utilised for data
augmentation. By employing a pre-trained deep Evolutionary Scale Language Model
(ESM), potential PET-degrading enzymes were identified from a custom-built metagenomic
library. Ultimately, 21 novel potential PET-degrading enzymes were identified through
structure analysis, though enzymatic activity assays were not conducted to confirm their
functionality [22].

To enhance the accuracy of in silico screening strategies, structural features were
considered during the screening phase, rather than being assessed solely at the confir-
mation stage. In one study, novel PETases were identified from the AlphaFold protein
structure database. Candidate enzymes were selected based on the presence of key IsPETase
features, including an aspartic acid residue at positions 43–49 and a histidine residue at
positions 71–81, following the Ser-Met-Gly-Gly-Gly motif. These candidates were further
refined using the catalytic triad C-α mutual distance criterion, yielding an initial selec-
tion of 4594 putative PET hydrolases. Subsequent analysis, including sequence similarity
network construction and multiple sequence alignment, narrowed this to a final pool
of 107 candidate sequences. Although the most promising candidate, LSPET4, did not
surpass IsPETase in activity, mutated IsPETase based on the structure feature of LSPET4
demonstrated a 9.32-fold increase in IsPETase hydrolytic activity at 45 ◦C [23].

Another study developed a novel PETase discovery pipeline by integrating protein
language models with a structural representation tree. The most promising enzyme identi-
fied, KbPETase, exhibited twice the activity of IsPETase at 30 ◦C. Notably, when compared
with FastPETase, the most active IsPETase mutant with the optimal catalytic performance
at 50 ◦C, KbPETase still displayed a catalytic efficiency 1.3 times greater than that of Fast-
PETase [24].
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2.2. Assays to Screen PETase

Researchers typically combine in silico approaches with PET-degrading activity assays
to screen novel PETases. This dual approach allows them to identify enzymes that are
structurally similar to IsPETases and capable of degrading PET. The most commonly used
assays for measuring PET-degrading activity are depicted in Figure 2. These screening
techniques vary in scale from low to ultra-high throughput, depending on the context.
High and ultra-high throughput assays are generally employed when screening engineered
enzymes resulting from mutation or directed evolution [25–29]. However, when it comes
to screening IsPETase homologues from environmental samples or databases like NCBI,
medium or even low-throughput assays are often more suitable due to the low number of
hits from in silico searching. These lower throughput methods strike a balance between
efficiency and affordability, making them a more practical choice for such exploratory
studies, where fewer samples may be initially tested [14,30].

Figure 2. Assays to screen PET-degrading enzymes.
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Building on this framework, researchers tailor their choice of assay based on the nature
of the PETase candidates and the experimental constraints. Agar plate-based methods, for
example, provide a straightforward and visual means of assessing polymer degradation
but are limited by their low throughput [14,30]. Titrimetric methods, including the use of
pH-stat systems, provide a moderate-throughput alternative for quantifying acid release
during PET hydrolysis [31,32]. HPLC or LC/MS-based assays offer higher specificity and
sensitivity, enabling detailed quantification of degradation products, though they require
more time and instrumentation [20,33,34].

For high-throughput applications, colorimetric, turbidimetric, or fluorescent assays are
widely used due to their compatibility with microplate formats and automation [25,28,35].
At the ultra-high-throughput level, Fluorescence-Activated Cell Sorting (FACS) allows for
rapid screening of vast enzyme libraries, particularly in yeast surface display systems [29].

While not typically used for routine screening, scanning electron microscope (SEM),
Fourier Transform Infrared spectroscopy (FTIR) and Raman spectroscopy serve as valuable
tools in specialised contexts [36–38]. These methods are slower, more costly, and lower
in throughput, but they provide unique insights into enzyme–substrate interactions and
the degradation of crystalline PET. As such, they are often employed to complement
biochemical assays in mechanistic or structural studies.

3. Heterologous Expression Platforms to Screen PETases

Beyond screening for novel homologues, IsPETase itself has been engineered to en-
hance its properties. Challenges such as inefficient enzyme secretion and cytoplasmic
stress have led to the development of secretion expression and surface display platforms
in diverse hosts [39]. These advanced platforms facilitate the rapid screening of enzyme
variants, eliminating the need for cell lysis and avoiding the formation of inclusion bodies,
thereby streamlining the screening process [12,40,41].

The successful expression of IsPETase and its homologues in heterologous systems
is critical for both fundamental research and industrial applications. Various microbial
hosts, including bacteria, yeasts, and microalgae, have been explored for this purpose,
each offering distinct advantages and limitations. For example, E. coli is widely used
due to its rapid growth and well-established genetic tools, while Bacillus subtilis offers
efficient secretion capabilities. Yeasts such as Pichia pastoris and Saccharomyces cerevisiae
provide eukaryotic post-translational modifications, and microalgae offer environmentally
sustainable platforms for enzyme production. In the following subsections, we examine
host-specific strategies that have been developed to enhance PETase expression, solubility,
and secretion in these systems.

3.1. Bacteria
3.1.1. E. coli

Most studies that have expressed IsPETase or its homologues in E. coli have utilised
pET-series vectors and BL21 (DE3) or derived strains, such as BL21 (DE3)-T1R [42] and
BL21-Gold (DE3) [26], with IPTG added to induce expression.

As an alternative to the widely used E. coli BL21 (DE3), E. coli SHuffle T7 was en-
gineered for the intracellular expression of IsPETaseMut, an active mutant of IsPETase.
This alternative was chosen due to the propensity of proteins with disulfide linkages to
misfold and accumulate as inclusion bodies during overexpression, a phenomenon initially
observed with the expression vectors pBAD and pET30a [43,44]. This was corroborated by
a separate study in which IsPETase was expressed in multiple E. coli hosts, with SHuffle T7
Express demonstrating the highest enzymatic activity. However, this advantage was not
observed for FastPETase (N233K/R224Q/S121E/D186H/R280A) [45] and Hot-PETase [46],
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two variants of IsPETase [47]. An additional noteworthy finding indicated that the forma-
tion of inclusion bodies during the overexpression of IsPETaseMut in E. coli was primarily
attributed to protein aggregation driven by interactions among hydrophobic regions, rather
than the presence of disulfide bonds [12]. Consequently, the precise role of SHuffle T7 as
an expression host requires further elucidation.

A novel, growth-decoupled E. coli strain, enGenes Biotech’s ex-press V2, was em-
ployed in one study to express the PET-degrading enzyme polyester hydrolyse Leipzig
7 (PHL7) [48]. In this system, induction with arabinose inhibits E. coli host cell RNA
polymerase, thereby arresting cell growth and reallocating cellular resources to enhance re-
combinant protein production [49]. PET-degrading activity was detected in the unpurified
fermentation supernatant; however, enGenes ex-press V2 was not benchmarked against
established E. coli host strains [48].

Enhanced Secretion System

A frequently encountered challenge in expressing IsPETase in E. coli is its low solubility.
Current research has explored various strategies to address this limitation.

The Sec-dependent pathway is associated with post- and co-translational translocation
of pre-folded polypeptides across the inner membrane [26,42]. Signal peptides employing
the Sec-dependent pathway are frequently utilised, including PelB, PhoA, OmpC, OmpF,
OmpA, and MalE [50]. Among these, PelB has found widespread commercial use in pET
vector expression systems, such as pET20b, 22b, and 26b [50], making it a convenient
starting point for enhancing IsPETase secretion.

Employing this approach, IsPETase was cloned into pET22b(+), which contains the
DNA sequence for PelB, and subsequently generated a library via standard error-prone
PCR (epPCR) to induce mutations in PelB. Using an assay to evaluate the ability to degrade
4-pNPA (para-nitrophenyl acetate), they identified mutants IsPETase with significantly
enhanced activity. The increased PETase concentration in the supernatant correlated with
improved activity, exhibiting at least 1.7-fold enhancement across various assays [26].

In another study, multiple Sec-dependent signal peptides, including MalE, LamB,
and SurA, were tested and demonstrated that LamB, a maltoporin involved in maltose
transportation, facilitated the production of significantly higher levels of extracellular
IsPETase in E. coli [42].

Further advancements in the heterologous expression of IsPETase in E. coli were
achieved by modifying signal peptides with N-terminal enhancers. These enhancers,
derived from the endogenous signal peptide of β-fructofuranosidase (β-FFase) originating
from Arthrobacter arilaitensis NJEM01, proved effective in achieving extracellular synthesis
of IsPETase with increased enzymatic activity [51].

An intriguing finding in this area arises from the use of native signal peptides. When
an IsPETase homologue from Streptomyces sp. SM14 was expressed in E. coli with its native
signal peptide; the enzyme was successfully exported, as confirmed by the polycaprolactone
(PCL) plate clearing assay [16]. This result underscores the potential of leveraging native
signal peptides for effective extracellular expression and secretion in heterologous systems.

Chaperone Co-Expression and Fusion Tags

IsPETaseMut was co-expressed with three chaperone systems: GroEL/ES, Dnak/DnaJ/
GrpE, and TF. The findings revealed that IsPETaseMut co-expressed with GroEL/ES exhib-
ited a 12.5-fold increase in expression levels [12]. These results align with previous studies
indicating that co-expression with chaperones enhances protein solubility in E. coli [52].

An additional approach to avoiding inclusion body formation in E. coli involves
fusing highly soluble tags to recombinant proteins, such as maltose-binding protein (MBP),
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transcription termination/anti-termination factor (NusA), thioredoxin (TrxA), and small
ubiquitin-related modifier (SUMO) [53]. Previous studies have demonstrated that NusA
offers superior soluble expression of cold-adapted Vibrio proteins in E. coli compared to
other fusion tags [54]. Similarly, substantial improvements in the solubility of IsPETaseMut

were achieved through co-expression with the chaperone GroEL/ES and the use of fusion
expression with NusA [12].

In a separate study, a novel fusion tag comprising carbohydrate-binding module
66 (CBM66) was fused with IsPETase. This approach resulted in significantly increased
expression levels of soluble IsPETase, achieving yields of approximately 370 mg/L [55].

More recently, the two strategies were combined to enhance IsPETase production. A
vesicle nucleating peptide (VNp) tag-based secretion system was utilised in conjunction
with the co-expression of the DnaJ-DnaK chaperone team. This combined approach resulted
in a marked improvement in the production of FastPETase, an IsPETase mutant with
enhanced hydrolytic activity [56].

Cell Surface Display (CSD) System

Microbial cell surface display systems enable peptides and proteins to be presented
on the surface of microbial cells by fusing them with anchoring motifs [57]. The outer
membrane-bound fatty acid transporter (FadL) from E. coli was previously demonstrated
to be effective for an esterase enzyme display on the surface of E. coli [58]. When FadL
was co-expressed with the CSD system, IsPETase exhibited activity in the tributyrin plate
clearing assay and demonstrated enhanced thermostability [40].

Building on the advancements in CSD systems, the PgsA protein from B. subtilis was
employed as an anchoring protein for the heterologous expression of IsPETase in E. coli [59].
PgsA is part of the enzyme complex that synthesises poly-γ-glutamic acid (PGA) in B.
subtilis and has been fused with lipase B from Candida antarctica (CalB) to display the
enzyme in an active form on the cell surface of E. coli [60]. The fused protein was expressed
in E. coli, and it was confirmed that the active form of the IsPETase was present on the cell
surface of E. coli [59].

Increasing Membrane Permeability

Colicin families offer the functional diversity of unique cell-killing mechanisms that
allow the simultaneous release of recombinant enzymes from cells. Of over 20 colicins, the
lysis gene from Colicin E7 was effectively reported to enhance the secretion of intracellular
recombinant enzymes from E. coli [61]. An IsPETase homologue screened from metagenome
analysis, F148, was co-expressed with Colicin E7 in E. coli BL21 (DE3). Compared with
the control strain only expressing F148, during the same period, nearly 3-fold degradation
products could be observed, since Colicin E7 enabled protein release simultaneously by
obstructing the outer membrane through phospholipase activation [62].

In another study, a comparable strategy was adopted by fusing IsPETase with Thermob-
ifida fusca cutinase, an IsPETase homologue previously reported to degrade phospholipids
and thereby increase cell membrane permeability [63]. This approach successfully en-
hanced enzyme secretion, providing another example of facilitating secretion through the
modulation of cell membrane permeability [64].

3.1.2. B. subtilis

B. subtilis is widely recognised as a robust biotechnological workhorse for the het-
erologous expression of enzymes. Its non-pathogenic nature and designation as a GRAS
(generally regarded as safe) microorganism render it fully compliant with regulatory re-
quirements for industrial applications [65,66]. Similar strategies to those employed in E. coli
have been adapted for use in B. subtilis to enhance the extracellular expression of IsPETases.
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Enhanced Secretion System

The use of five Bacillus-derived signal peptides for expressing IsPETase was inves-
tigated in B. subtilis WB600, a strain derived from B. subtilis 168 with six protease genes
knocked out [67]. The signal peptides tested were amy from Bacillus amyloliquefaciens; Sac
and AprE, both from B. subtilis 168; apr and BprA, both from Bacillus licheniformis WX-02.
Among these, the signal peptide amy (SPamy) demonstrated the most significant effect,
increasing enzyme activity in the cell culture supernatant nearly four-fold [68].

In contrast to studies on IsPETase expression in E. coli, which consistently reported
that the Sec-dependent secretion pathway enhances IsPETase secretion, research on B.
subtilis has yielded conflicting results. In a separate study, the expression of IsPETase in B.
subtilis 168 was examined using three Sec signal peptides (AmyE, Bpr, and SacB) and two
Tat signal peptides (PhoD and YwbN), which direct proteins through the twin-arginine
translocation (Tat) pathway. However, none of these signal peptides improved IsPETase
secretion compared to its native signal peptide [69]. Thusfurther research is required to
elucidate the discrepancies observed in the findings of these studies.

Chaperone Overexpression

In B. subtilis CBS2, the hrcA gene, a negative regulator of the dnaK and groESL
operons [70,71], was inactivated. However, the protein titre of IsPETase was not improved
in the chaperone-overexpressing strain. In contrast, a PET hydrolase from the bacterium
HR29 (BhrPETase) exhibited an approximately 20-fold increase in production [72].

3.2. Yeast
3.2.1. S. cerevisiae

Surface display systems have been adopted to enhance the extracellular concentration
of IsPETase. The anchoring protein GCW51 was successfully utilised to display IsPETase
on the surface of yeast [73]. In a more recent study, a novel surface display platform was
developed based on S. cerevisiae spores to display FastPETase [41].

Unlike the cell wall of vegetative S. cerevisiae cells, which consists of a two-layer
structure comprising β-glucan and mannan, the spore wall features a four-layer structure
composed of mannan, β-glucan, chitosan, and dityrosine. Displaying proteins on the
surface of S. cerevisiae spores offers distinct advantages over traditional cell surface display,
as it eliminates the need for transmembrane transport. Furthermore, the unique structure
of the spore wall imparts resistance to environmental stresses, as demonstrated by a study,
where the displayed FastPETase exhibited significantly improved thermostability [45].

Yeast surface display systems provide a promising approach to producing IsPETase,
offering the advantages of bypassing enzyme purification, resulting in substantial time and
cost savings, and facilitating the reuse of the biocatalyst.

3.2.2. Yarrowia lipolytica

Y. lipolytica has been identified as a potential host for the expression of IsPETase,
owing to its ability to assimilate atypical carbon sources, allowing for the assimilation
of degradation products from PET [74]. Following the successful expression of IsPETase
in Y. lipolytica, the same group optimised its expression by testing various pre-treatment
methods [75]. However, in comparison to other host systems, research in Y. lipolytica
has yet to progress towards a deeper understanding and optimisation at the molecular
biology level.
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3.2.3. P. pastoris

The methylotrophic yeast P. pastoris is widely recognised as a versatile workhorse for
the production of heterologous proteins in industrial applications [76,77]. This expression
system has been shown to support efficient secretory expression, and its post-translational
glycosylation further enhances expression yields by increasing the resistance of glyco-
proteins to proteolytic degradation [78,79]. In another study, IsPETase was successfully
expressed in P. pastoris, demonstrating significant improvements in the enzyme’s specific
activity and thermostability both for native IsPETase and FastPETase [80].

In another study, a chaperone co-expression strategy was employed in P. pastoris
to enhance the production of the FastPETase variant, FastPETase-212/277. A panel of
chaperones was evaluated, including protein disulphide isomerase (PDI), thiol oxidase
(Ero1), the bZIP transcription factor HAC1, and proprotein convertase Kex2. Among these,
Ero1 was identified as the most effective in boosting expression [81].

3.3. Microalgae

Microalgae present a compelling option for the synthesis of recombinant plastic-
degrading enzymes and various environmental applications, owing to their ubiquitous
presence in aquatic systems, minimal production of endotoxins, and ability to grow without
the need for supplemental organic carbon [82]. In a study, the photosynthetic microalga
Phaeodactylum tricornutum was employed to secrete a modified PETase, PETaseR280A, into
the surrounding culture medium for PET degradation. The gene encoding PETaseR280A
was co-expressed with the signal peptide of P. tricornutum alkaline phosphatase. The
secreted enzyme demonstrated PET-degrading activity, confirming successful expression
and secretion [83]. However, the application of P. tricornutum is constrained by its specific
growth requirements, including low temperatures, silica as a nutrient, and high salinity.

To overcome these limitations, Chlamydomonas reinhardtii, a GRAS-designated fresh-
water microalga, was employed in a subsequent study for the expression of wild-type
IsPETase. C. reinhardtii was selected due to its faster growth rate and freshwater habitat [84].
While the enzyme’s activity was confirmed, the authors did not specify whether a signal
peptide was employed to assist the secretion, and enzyme activity was assessed using
cell lysates.

In another study, C. reinhardtii was employed as the host organism, with the original
signal peptide retained to target the recombinant protein to the thylakoid lumen. This
study differed by integrating the IsPETase gene into the plastome at a specific site, restoring
a photosynthesis-essential gene. This restoration allowed antibiotic-free selection following
gene integration [85].

In summary, these findings underscore the potential of bioengineered microalgae for
producing IsPETase and homologues, offering promising applications in bioremediation
strategies for PET-polluted aquatic environments.

4. Microbial Expression Systems for IsPETases and Homologues

The exploration of microbial platforms for IsPETase expression and the advancement
of in silico analyses, screening assays, and novel enzyme discovery strategies underscore
the rapid progress in this field.

4.1. Prokaryotic Hosts

Microbial hosts, particularly E. coli (Table 1), remain the backbone for heterologous ex-
pression, offering high yields and a broad toolkit for genetic manipulation. Sec-dependent
secretion pathways, fusion tags, and chaperone co-expression strategies have been in-
strumental in improving the solubility, stability, and extracellular secretion of IsPETase.

90



Int. J. Mol. Sci. 2025, 26, 6797

Recent integrative approaches, such as combining vesicle nucleating peptides with chap-
erone systems, have further advanced production levels. However, limitations such as
protein misfolding and inclusion body formation necessitate continued optimisation and
host-specific engineering.

Table 1. Strategies employed to optimise the extracellular production of IsPETases or homologues
using microbial expression systems.

Microbe Bacteria Yeast Microalgae

E. coli B. subtilis S. cerevisiae P. pastoris P. tricornutum

Enhancing
secretion system

√ √ √

Chaperone
co-expression

√ √ √

Fusion tags
√

CSD system
√ √

Increasing
membrane

permeability

√

Note:
√

indicates that the corresponding strategy has been applied to the microbial host for enhancing IsPETase
expression or secretion.

CSD systems represent a complementary approach, allowing IsPETase localisation
on the cell membrane and bypassing purification steps. The use of anchor proteins such
as FadL and PgsA in E. coli has resulted in enhanced enzyme activity and thermostability.
While promising, further investigation into the stability, scalability, and cost-effectiveness
of CSD systems is essential to translate these findings into industrial applications.

In B. subtilis, signal peptide optimisation, such as the use of amy from B. amyloliquefa-
ciens, has demonstrated success in increasing extracellular IsPETase production. However,
conflicting results regarding Sec- and Tat-dependent pathways underscore the complex-
ity of secretion mechanisms in this host. Comparative molecular studies are needed to
elucidate these discrepancies and fully harness B. subtilis as an efficient expression host
with a secretion system. Only the strategies of enhancing the secretion system with signal
peptides and co-expressing chaperones have been explored in B. subtilis to date (Table 1).
Several fusion tags have been developed to facilitate the secretion of target proteins in B.
subtilis, including cellulase [86], SUMO3 [87], Spy [88], and lysyl tRNA synthetase [89].
Further studies are anticipated to improve IsPETase secretion and extracellular production
in this expression host.

As B. subtilis spores can be readily engineered to display heterologous antigens or
proteins on their surface, the CSD system has been adapted for spore-surface display in
B. subtilis [90]. Regarding the final strategy, which has been successfully employed in E.
coli, thereby increasing membrane permeability to enhance protein secretion, there are also
successful examples in B. subtilis. For instance, it has been demonstrated that the addition
of Triton X-100 increased the secretion level of γ-cyclodextrin glycosyltransferase by 21.5%,
an effect attributed to enhanced cell membrane permeability [91].

Thus, future research could focus on advancing B. subtilis as an expression host for
IsPETases through the development of fusion tag technology, spore–surface display systems,
and strategies for modulating cell membrane permeability.

4.2. Eukaryotic Hosts

Eukaryotic hosts, including yeasts and microalgae, offer unique advantages due to
their advanced post-translational modification systems and regulatory compliance for
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industrial applications. P. pastoris has shown significant potential, with glycosylation im-
proving enzyme stability and chaperone co-expression strategies enhancing yields [81].
Yeast surface display systems, particularly those employing S. cerevisiae spores, have inno-
vatively addressed the challenges of purification and environmental stress resistance [92].
Microalgae, such as P. tricornutum and C. reinhardtii, have emerged as promising platforms
for IsPETase production in aquatic environments [93,94]. However, challenges related to
scalability, nutrient requirements, and environmental conditions must be addressed to
maximise the potential of these hosts. Furthermore, only a limited number of strategies
have been tested in these systems to enhance IsPETase secretion, leaving considerable
potential for the exploration and implementation of alternative approaches.

4.3. Expression and Production of IsPETase and Homologues in Scaled-Up Systems

The industrial-scale application of IsPETase and homologues hinges on the devel-
opment of robust, high-yield expression systems capable of producing active enzymes
under fermentor conditions. While significant strides have been made in engineering
IsPETase variants with enhanced activity and thermostability, translating these advances
into scalable bioprocesses remains a key challenge.

Among the various microbial hosts explored, E. coli remains the most widely used
due to its rapid growth, well-characterised genetics, and ease of manipulation. However, P.
pastoris has demonstrated superior capabilities in protein secretion and post-translational
modifications. Notably, co-expression of the chaperone Ero1 in P. pastoris, combined
with a high-cell-density fed-batch fermentation strategy in a 30-L bioreactor, enabled the
production of up to 3.23 g/L of secreted FastPETase [81]. This represents one of the highest
reported yields for the expression of IsPETase and homologues in a eukaryotic system.
Although this system demonstrated excellent productivity, it required complex media and
extended cultivation times to achieve optimal results.

In E. coli, the highest yield to date was also achieved for FastPETase, using a synergistic
strategy that combined co-expression of cognate chaperones (DnaK/DnaJ from I. sakaiensis)
with fusion of VNp6. This approach enabled the secretion of over 2 g/L FastPETase in a 5 L
fed-batch fermenter [56].

Despite these promising results, several limitations persist. One of the most significant
challenges is the lack of standardisation in reporting outcomes. Many studies use en-
zyme activity or PET degradation efficiency as proxies for expression levels, which allows
researchers to avoid time-consuming purification procedures [95]. While this approach
is practical, it complicates direct comparison across studies. This inconsistency in met-
rics, combined with variations in substrate type, reaction conditions, and quantification
methods, hampers reproducibility and comparative assessment.

5. Conclusions

In summary, the combination of advanced expression systems, in silico methods,
screening assays, and extracellular production strategies is accelerating the development
of IsPETase for PET degradation. However, the field still faces challenges, including
the scalability of production systems, discrepancies in secretion efficiency across hosts,
and the need for standardised screening protocols. Interdisciplinary approaches that
integrate synthetic biology, computational modelling, and environmental microbiology
hold the key to overcoming these challenges and advancing the application of IsPETase
for sustainable bioremediation. Additionally, exploring the potential of diverse microbial
systems could provide novel insights and enhance the robustness of PET degradation
strategies. Continued investment in these areas will be crucial for developing effective and
scalable solutions to address plastic pollution.
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Furthermore, while laboratory-scale advancements in PETase engineering are promis-
ing, their translation to industrial-scale applications presents significant challenges. These
include the need for cost-effective and high-yield fermentation systems, robust enzyme
stability under process conditions, and integration into existing waste management in-
frastructures. Although various microbial hosts have been explored for the expression of
IsPETase and its homologues, including E. coli, B. subtilis, yeasts, and microalgae, compara-
tive studies remain limited, and each system presents distinct advantages and constraints.
E. coli is the most widely used host due to its rapid growth and genetic tractability, but
issues such as inclusion body formation and limited secretion efficiency persist. B. subtilis
offers better secretion potential but yields inconsistent results across signal peptide sys-
tems. Yeasts like P. pastoris provide post-translational modifications and improved enzyme
stability, while microalgae offer sustainable platforms but are still in early development
stages. Despite these advances, the state-of-the-art in IsPETase expression under fermentor
conditions is still emerging. Limitations such as low solubility, inefficient folding, and sub-
optimal secretion continue to hinder large-scale application. Regulatory hurdles such as the
approval of genetically modified organisms (GMOs) for environmental use, biosafety con-
cerns, and compliance with international standards also pose barriers to implementation.
Addressing these issues will require interdisciplinary collaboration among biotechnologists,
process engineers, and policymakers to ensure that PETase-based biodegradation strategies
are not only scientifically viable but also scalable, safe, and regulatory-compliant.
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4-pNA Para-nitrophenyl acetate
β-FFase β-fructofuranosidase
AI Artificial intelligence
BHET Bis(2-hydroxyethyl) terephthalate
CBM66 Carbohydrate-binding module 66
CO Carbon monoxide
CO2 Carbon dioxide
CSD Cell surface display
ESM Evolutionary scale language model
epPCR Error-prone PCR
FACS Fluorescence-activated cell sorting
FTIR Fourier transform infrared spectroscopy
GAN Generative adversarial network
GMO Genetically modified organism
GRAS Generally regarded as safe
HMM Hidden Markov model
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HPLC High-performance liquid chromatography
JGI/IMG JGI integrated microbial genomes and microbiomes
LC Liquid chromatography
ML Machine learning
Mt Million tonnes
NCBI National Center for Biotechnology Information
PCL Polycaprolactone
PDI Protein disulphide isomerase
PE Polyethylene
PET Polyethylene terephthalate
PGA poly-γ-glutamic acid
PP Polypropylene
PS Polystyrene
PVC Polyvinyl chloride
SEM Scanning electron microscope
SUMO Small ubiquitin-related modifier
Tat Twin-arginine translocation
UV Ultraviolet
VNp Vesicle nucleating peptide
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Abstract

Ferulic acid (FA) is one of the most abundant hydroxycinnamic acids found in plant cell
walls. Its dehydrodimers play an important role in maintaining the structural rigidity of
the plant cell wall. Ferulic acid esterases (FAEs) act as debranching enzymes, cleaving
the ester bond between FA and the substituted carbohydrate moieties in FA-containing
polysaccharides in the plant cell wall. This enzymatic reaction facilitates the degradation
of lignocellulosic materials and is crucial for the efficient utilization of biomass resources.
This review focuses on the occurrence of ferulic acid in nature and its different forms
and outlines the various classification systems of FAEs, their substrate specificity, and the
synergistic interactions of these enzymes with other CAZymes. Additionally, it highlights
the various methods that have been developed for detecting hydroxycinnamic acids and
estimating the enzyme activity, as well as the versatile applications of ferulic acid.

Keywords: hydroxycinnamic acids; catalysis; bioconversion

1. Introduction

Agricultural residues derived from plant cell walls can be converted to fermentable
sugars that can be used in production of biofuels and chemicals. Today’s concern with
developing alternatives from biobased sources has enhanced the interest in such materials
and increased the amount of research in that field [1]. Lignin and hemicellulose together
account for 40–70% of plant biomass by weight [2]. However, the complete degradation
of lignocellulosic material is challenging due to its complex composition and the strong
interactions between its components, which make it resistant to hydrolysis. Ferulic acid (FA)
further contributes to this recalcitrance by acting as a structural component, substituting
carbohydrate moieties in the xylan chain, the primary constituent of hemicellulose.

Ferulic acid, or its IUPAC name 3-methoxy-4-hydroxycinnamic acid, is covalently
bound to polysaccharides such as xylan, galactoglucomannan, and pectin. It plays a crucial
role in cross-linking polysaccharide chains and linking hemicellulose to lignin through
radical coupling with monolignols in ferulated xylan [2].

Feruloyl esterases (E.C. 3.1.1.73), also known as ferulic acid esterases (FAEs), cin-
namoyl esterases, cinnamoyl ester hydrolases, and p-coumaroyl esterases, belong to the
carboxyl esterase family. These enzymes break the bond between FA (or other hydroxycin-
namic acids) and polysaccharides. They play a key role in biomass degradation by working
synergistically with other enzymes to release sugar monomers. Due to their catalytic abili-
ties, FAEs have widespread applications in industries such as pharmaceuticals, agriculture,
and the biofuels industry.
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2. Origin and Occurrence of Different Ferulic Acid Forms

FA belongs to the broader category of hydroxycinnamic acids, alongside p-coumaric
acid, caffeic acid, and sinapic acid (see Figure 1). These compounds form the largest
class of phenolic compounds, which are extensively studied for their antioxidant activity
and their role in preventing diseases, including cancer, cardiovascular disorders, and
neurodegenerative conditions [3,4].

 

Figure 1. Illustration of the four main hydroxycinnamic acids, p-coumaric acid, caffeic acid, ferulic
acid, and sinapic acid, highlighting their structural similarities and different functional groups on the
phenyl ring.

Ferulic acid is often found linked to polysaccharides, primarily glucuronoarabinoxylan
(GAX) and, more frequently, arabinoxylan (AX), as glucuronic acid is not widely found in
cereal grains. GAX consists of β-(1→4)-linked xylose units that are branched via glycosidic
bonds to glucuronic or methyl glucuronic acid at the C(O)2 position, and α-L-arabinosyl
at the C(O)2 and/or C(O)3 positions. In AX, glucuronic acid is absent, and the structure
primarily comprises β-(1→4)-linked xylopyranosyl units with α-L-arabinosyl substitutions
at the C(O)2 and/or C(O)3 positions.

In monocotyledons, particularly in the Poaceae family (e.g., wheat, maize, barley,
and rice), ferulic acid has been extensively studied [5]. Here, ferulic acid is linked
through its carboxyl group to the C(O)5 of arabinose, forming 3-O-(5-O-trans-feruloyl-
α-L-arabinofuranosyl)-(1→3)-D-xylose (Figure 2a). In bamboo shoots, ferulic acid con-
nects to the xylose backbone, forming O-(4-O-trans-feruloyl-α-D-xylopyranosyl)-(1→6)-D-
glucopyranose [6] (Figure 2b).

 

Figure 2. Hydroxycinnamic acids bound to a polysaccharide chain: (a) ferulic acid (FA) attached to
arabinose, which is linked to xylose; (b) FA directly bound to xylose, which is connected to glucose;
and (c) p-Coumaric acid attached to arabinose, which is linked to xylose.
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Aside from ferulic acid, p-coumaric acid is also present in plant cell walls in smaller
amounts. Interestingly, in bamboo shoots, p-coumaric acid is linked to arabinose via
an ester bond, forming 3-O-[5-O-(trans-p-coumaroyl)-α-L-arabinofuranosyl]-(1→3)-O-β-
D-xylopyranosyl-(1→4)-D-xylopyranose (Figure 2c). Both ferulic and p-coumaric acids
exist predominantly in their trans-isomeric forms. Cis-ferulic acid has been reported in
significantly smaller amounts, comprising approximately 2–18% of the total ferulic acid
content in maize roots [7]. However, it remains understudied, primarily due to challenges
in separating the cis and trans isomers [8].

In dicotyledons, ferulic acid is found in smaller amounts compared to monocotyledons.
It serves as a side chain of arabinan and galactan in sugar beet pulp [9] and spinach. The
latter can also be esterified with a p-coumaric acid in the primary cell wall [10]. In galactan,
ferulic acid forms an ester bond at the C(O)6 position, while in arabinan, it forms ester
bonds at the C(O)2 or C(O)3 positions [11]. Evidence of its presence have been found in
Chinese water chestnut, carrots, glass wort, and pine hypocotyl cell walls [12–15].

3. Ferulate Dimers and Cross-Links

Ferulic acid has a bifunctional role in plant cell walls. Ferulate can form dimers either
through the aromatic ring or the aliphatic chain. These dimers result in cross-links between
polysaccharide–polysaccharide chains or polysaccharide–lignin chains, influencing the
accessibility and digestibility of the cell wall [16].

The general structure of ferulate consists of the ferulic acid aromatic ring which is
linked via an ether bond to lignin, while the carboxyl group forms an ester bond with the
polysaccharide chain [17]. Interestingly, ferulates act as initiation sites for the lignification
process through direct covalent binding to monolignols such as coniferyl and sinapyl
alcohols [18].

The formation of ferulate dimers in polysaccharides can occur through two pathways:
photochemically [19] and via peroxidase-catalyzed oxidative coupling. The first method
produces cyclodimers [20,21], whereas radical-mediated dimerization results in a wide
range of dehydrodimers [18].

The five main type of dehydrodimers (Figure 3) found in nature are [18]:

• 8-O-4′-DiFA:(Z)-β-{4-[(E)-2-carboxyvinyl]-2-methoxyphenoxy}-4-hydroxy-3-methoxy-
cinnamic acid;

• 8-5′ DiFA: (E,E)-4,4′-dihydroxy-3,5′-dimethoxy-β,3′-bicinnamic acid;
• 8-5′-BenDiFA: in the benzofuran form;
• 8-8′-DiFA: (E,E)-4,4′-dihydroxy-3,3′-dimethoxy-β,β′-bicinnamic acid;
• 5-5′ DiFA: (E,E)-4,4′-dihydroxy-5,5′dimethoxy-β,3′-bicinnamic acid.

The exact type of dehydrodimers in a sample can be determined after their isolation
(using enzymatic degradation or chemical saponification) and depends on the species that
are being treated. Diferulates are present in a wide range of cereals such as maize, wheat,
spelt, rice, wild rice, barley, rye, oats, and millet. For example, Bartolome et al. reported
that in alkali- or enzyme-treated spent barley grain, 5′-5′ DiFA was the predominant
diferulate [22]. It is estimated that the diferulate content is 8–39 times higher in the
insoluble dietary fiber fraction than in the soluble one. The proportions of various dimers
are different in the two fractions, with 8-5′ DiFA being predominant in the insoluble fraction
and 8-8′ DiFA in the soluble [23]. Hatfield reported that model substrates of feruloylated
arabinose mainly resulted in formation of 8-5′ DiFA and 8-5′ DiFA benzofuran [18].
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Figure 3. Structures of FA dehydrodimers.

Oxidative coupling is not only limited to the formation of dehydrodimers. Several find-
ings support the presence of both dehydrotrimers (Figure 4) and dehydrotetramers in maize
bran [24–29]. These structures include the 5-5/8-O-4-coupled dehydrotrimer [27], which is
hypothesized to be the prevailing trimer in corn bran, the 8-O-4/8-O-4-dehydrotrimer, and
the 8-8 (cyclic)/8-O-4-dehydrotrimer [24]. The isolation of 8-O-4/8-O-4- and 8-8(cyclic)/8-
O-4-coupled dehydrotrimers suggests that radical-coupled ferulate dehydrotrimers could
potentially lead to cross-linking of three polysaccharide chains [24].

The two tetramers that have been isolated today are probably formed by 4-O-5 cou-
pling of two DiFA 8-5′ (cyclic), and by 5-5′ DiFA−DiFA coupling [29].

Hydroxycinnamic acids were also widely hypothesized to covalently cross-link with
Tyr and Cys residues in the cell wall proteins [30]. Proteins have multiple roles in the
cell wall, such as transport, inhibitory functions, and structural purposes. Their secretion
influences their solubility state, and these insoluble proteins are hypothesized to have
ionic or salt interactions with polysaccharides [30]. Although no evidence that these
linkages exist in nature has been reported yet, in vitro experiments have been conducted,
and covalent coupling between proteins and polysaccharides is expected to result in new
macromolecules with functional properties. FA could act as a substrate for the formation of
FA oligomers in the presence of horseradish peroxidase (HRP) and H2O2, and this degree
of oligomerization increases when the FA is bound to Gly-Tyr-Gly tripeptide [16,31]. In
2004, Boeriu et al. achieved cross-linking between protein and an FA polysaccharide. In
the presence of HRP and H2O2, they enzymatically conjugated arabinoxylan to β-casein,
which contains Tyr residues [32].
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Figure 4. Structures of FA trimers.

4. Feruloyl (Ferulic Acid) Esterases and Their Classification

FAEs are an important subclass of carboxylic esterases (E.C. 3.1.1), since they facilitate
the degradation of plant cell walls via hydrolysis of the ester bond. The release of the
ferulate ester groups can result in breaking of the cross-link between hemicellulose chains
or between hemicellulose and lignin. FAEs usually exist in a monomeric form with a
single catalytic site, and in some cases contain a carbohydrate-binding module (CBM).
The presence of a CBM in FAEs has been shown to improve the catalytic efficiency of the
protein [33–38]. Multiple attempts have been made to systematically classify these enzymes,
and different systems have been developed over the years when trying to address their
diversity. Below we summarize the main aspects, key features, and limitations of these
systems (Table 1).

103



Int. J. Mol. Sci. 2025, 26, 7474

Table 1. FAE classification systems.

Classification System Description Main Features Limitations

CAZy (CE1)

Groups FAEs into the CE1
based on sequence

similarity and enzymatic
catalytic mechanism.

Standardized database for
carbohydrate-

active enzymes.

Does not consider the
functional diversity

of FAEs.

Crepin (2004) [39]

Categorizes FAEs into
types A, B, C, D, and
putative E based on

sequence similarity and
substrate specificity.

Correlations based on
sequence similarities and

specificity on synthetic
methyl esters.

Based on limited data; it
can cluster unrelated
enzymes within the

same group.

Benoit (2008) [40]

Seven fungal FAE
subfamilies based on

phylogenetic analysis of
fungal genomes.

Identifies evolutionary
relationships within

fungal species.

Limited to fungal genomic
data. Excludes
bacterial FAEs.

Udatha (2011) [41]

Twelve FAE families based
on sequence and structure

from fungi, bacteria,
and plants.

Validation via
computational and

experimental methods.

Lacks functional
correlation for
some enzymes.

Dilokpimol (2016) [42]

Thirteen subfamilies of
fungal FAEs based on

phylogenetics and
substrate specificity.

Divides fungal FAEs into
subfamilies within CE1

based on biochemical data
from new fungal genomes.

Error-prone in grouping
bacterial and fungal

FAEs together.

FAEs as carbohydrate-active enzymes are initially classified under the Carbohy-
drate Esterase Family 1 (CE1) in the CAZy database. This classification, with the cri-
teria of sequence similarity and being within the same CE family, includes trehalose 6-O-
mycolyltransferase (EC 2.3.1.122), diacylglycerol O-acyltransferase (EC 2.3.1.20) carboxylic
ester hydrolase (EC 3.1.1), and acetyl xylan esterase (EC 3.1.1.72) [43]. Based on the CAZy
database, additionally to CE1, one FAE is classified in CE15 as a 4-O-methyl-glucuronoyl
esterase/feruloyl esterase (FI6_CE15).

A widely used FAE classification system is the one proposed by Crepin et al. in
2004 [39]. The criteria used for clustering were primary sequence identity and activity
against synthetic substrates and diferulate. Based on these criteria, four subclasses were
proposed: A, B, C, and D.

Four model substrates were used to estimate activity and were the methyl esters of the
acids. These types of hydroxycinnamic acids are methyl ferulate (MFA), methyl caffeate
(MCA), methyl sinapate (MSA), and methyl p-coumarate (MpCA). All enzymes from types
C and D were active on all synthetic substrates, whereas type A was not active on MCA,
and type B was not active on MSA. Additionally, type B and C enzymes were unable to
release ferulic acid dehydrodimers from model and complex substrates [39].

A phylogenetic tree was constructed based on the available sequences, highlighting
their similarity to other enzyme families. Type A enzymes resemble lipases, type B is
similar to acetyl xylan esterases, type C is related to chlorogenate esterase and tannase, and
type D shares similarities with xylanases. In addition, six sequences clustered outside this
subclassification scheme, suggesting the existence of a fifth class, E.

The system, however, has certain limitations, which are acknowledged by the authors.
These include a lack of comparable activity data, a reliance on primary sequence identity,
and gaps in the knowledge regarding the type of biomass that triggers the gene expression
of these proteins [39].

In 2008, the presence of FAEs in fungal genomes was extensively investigated by
Benoit et al [40]. Starting with a strict threshold 1E−70 of BlastP and continuing with
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phylogenetic analysis, multiple alignment (MUSCLE), and tree reconstruction methods,
they proposed seven FAE subfamilies. Biochemically characterized members were included
in three of these subfamilies (SF). The biochemical properties of these enzymes appeared
to be different, suggesting that the SF described different classes of FAEs [40]. However,
the number of FAE genes varies significantly, even among closely related species. This
suggests that FAEs evolved from different esterase families and do not necessarily have
a common ancestor. Some of these diverse esterase families that FAEs descent from have
been classified in specific SFs, such as SF1-4 from tannases, SF6 from acetyl xylan esterase,
and SF7 from lipases. However, in comparison to Crepin’s system, Type D FAEs are missing
in Benoit’s analysis.

In parallel, in 2011, Udatha et al. [41] conducted a descriptor-based computational
analysis that led to a broader classification of FAEs from fungi, bacteria, and plants. This
system categorized FAEs into 12 families, with further subclassification within each family
to distinguish substrate specificities [41].

Benoit’s work on fungal genes was later expanded by Dilokpimol et al. in 2016 [42].
They investigated the evolutionary relationships between the fungal FAE families and other
related enzyme families such as acetyl xylan esterases, lipases, and tannases. Their phylo-
genetic tree analysis resulted in 13 FAE subfamilies. Some subfamilies, such as SF1–SF3
and SF5–SF7, remained consistent with earlier classifications, while SF8–SF13 represented
newly identified evolutionary groups, highlighting the diversity within FAEs [42]. This
work managed to provide a complete classification of fungal FAEs and illustrated that
despite the catalytic triad Ser-His-Asp being conserved, FAEs do not have a common
ancestor.

Moreover, this updated phylogenetic analysis demonstrated that Crepin’s ABCD
system does not align well with the evolutionary relationships of FAEs. Some subfamilies
are predominantly associated with a single type (A, B, C, or D), while others include
multiple types, indicating greater complexity than previously understood.

5. Catalytic Mechanism and Well-Characterized FAEs

The catalytic mechanism of FAEs has been widely studied and is similar to that
adopted by lipases, following the mechanism of serine hydrolases (Figure 5). The catalytic
triad consists of Ser-His-Asp/Glu, and the consensus sequence GXSXG is surrounding the
Ser. In brief, the hydroxyl group of serine (nucleophile) attacks the carbonyl carbon of the
ester. This results in the formation of a tetrahedral intermediate, which then collapses to
generate an acyl-enzyme intermediate, with the acyl moiety being covalently bound to
the enzyme.

In the second step, a water molecule acts as a nucleophile, hydrolyzing the acyl-
enzyme intermediate. Along with the protonation of the ester oxygen by His, this leads
to the release of the acid in the deacylation step. In both steps, tetrahedral intermediates
are formed and are energetically stabilized by the oxyanion hole, where two NH groups
form hydrogen bonds with the carbonyl oxygen [44]. Specifically, for FAEs, the catalytic
acid can interact directly with the para-hydroxy group, forming a hydrogen bond. Upon
mutation, the esterase activity is maintained, but the recognition on hydroxycinnamate
acids is abolished [45]. In some cases the same hydrogen bond is hypothesized to restrict
the activity only on monomeric FA and prevent the recognition of dimers [46].

Currently, in the BRENDA database (brenda-enzyme.info) on functional and molecular
information of enzymes, only 13 PDB entries and structure links are available, and all
these enzymes have an α/β fold. Only few detailed studies on FAEs are available and
originate from Aspergillus niger [47–52] and Clostridium thermocellum [53–55] (Figure 6). For
example, AnFAE from A. niger is a α/β hydrolase, with the catalytic triad being described
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above [48,49,51]. This protein has a significant sequence similarity of 37% to a lipase from
Rhizomucor miehi but does not exhibit any lipase activity [51,52]. Another detailed study on
FAEs concerns enzymes designated XynY and XynZ [53–55], originating from Clostridium
thermocellum. They exhibit a canonical α/β-hydrolase fold based on an eight-stranded
β-sheet surrounded by α-helices. Despite this, they exhibit a poor structural homology
with AnFAE, although the catalytic site of all three enzymes is well conserved.

 
Figure 5. Schematic view of the serine hydrolases mechanism. The figure illustrates all the steps for
carbohydrate hydrolysis and the formation of a tetrahedral intermediate, which is stabilized by the
oxyanion hole and then collapses from the formation of the acyl enzyme complex during acylation.
The addition of water initiates the reverse process of deacylation.

Figure 6. Cartoon diagrams of AnFAE, PDB 1UZA (A), and XynZ, PDB 1JJF (B), highlighting the low
overall structural homology between the two enzymes, which are both classified as FAEs.
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A number of different FAEs are characterized to varying degrees (see Table 2) and
occur either as monomers or dimers. Some FAEs have interesting and distinct features,
including activity in the presence of various metal ions or activity under more extreme
conditions (pH and/or temperature).

Table 2. Summary of well-characterized FAEs.

Enzyme Organism Oligomeric State pH Opt. Temp Opt. Interesting Characteristics

AnFAEA Aspergillus niger Monomer 6.0 * 37 ◦C *
Tyr80 and Trp260 mutations to

accommodate bigger
substrates [46] (PDB 2BJH).

AoFAEB Aspergillus oryzae Dimer 7.0 * 37 ◦C *

C residues neighboring the
catalytic S and H form a disulfide
bond (motif found in tannases),
which is crucial for activity [56]

(PDB 3WMT).

XynZ Clostridium
thermocellum Not mentioned 6.0 60 ◦C

CBM containing FAEs that are
active with ΔCBM truncation but

inactive when unknown
(non-catalytic domain) is

omitted [55].

StFaeC Sporotrichum
thermophile Dimer 6.0 55 ◦C Type C FAE, active on all methyl

hydroxycinnamic acids [57].

PpFAE Penicillium piceum Not mentioned 3.0 70 ◦C FAE type C with broad pH
activity range 2.0–8.0 [58].

LhFAE Lactarius hatsudake Monomer 4.0 30 ◦C
Metal ion-tolerant: retains 80% of
activity in 5 mM metal ions; Mn2+

boosts activity to 114% [59].

LbFAE Lentilactobacillus
buchneri Dimer 6.5 40 ◦C Internally facing active site;

inactive on dehydrodimers [45].

LJ0536 Lactobacillus
johnsonii N6.2 Dimer - - Open canal catalytic site; solvent

exposed [60].

GthFAE Geobacillus
thermoglucosidasius Dimer 8.5 50 ◦C Mutagenesis increased Tm, but

activity decreased in variants [61].

LaFae Lactobacillus
acidophilus Dimer 8.0 25–37 ◦C

Phe→Ala mutation near catalytic
site increased activity; cap

domain flexibility [62].

AmCE1 Anaeromyces
mucronatus Monomer 7.2 * 25 ◦C *

Structurally based loop domain
“β-clamp” responsible for exolytic

activity [63] (PDB 5CXU).

FAE-II Fusarium
oxysporum Not mentioned 7.0 45 ◦C

Synergistic interaction with
xylanase; active in a ternary

solvent system [64].

AocFaeC Aspergillus
ochraceus Monomer 6.5 40 ◦C

Butanol-specific biocatalyst, with
5x higher butyl caffeate synthesis
rate compared to type B FAE from

A. niger [65].

Fae125 Talaromyces
wortmannii Not mentioned 4.7/4.7 24.5 ◦C/38.9 ◦C

The optimal values of pH and
temperature correspond to the

synthesis of PFA and AFA,
respectively [66] **.

XynII-Fae Prevotella
ruminicola 23 Not mentioned 7.0 40 ◦C

Bifunctional xylanase/feruloyl
esterase, with each activity
originating from a distinct

domain [67].

* Optimizing conditions in these cases were not part of the published work, and the values mentioned in
the table correspond to the ones used to determine the enzymatic activity. ** PFA: prenyl ferulate; AFA: L-
arabinose ferulate.

A metal ion-tolerant, 55kDa monomeric FAE from the mushroom Lactarius hatsudake
(LhFAE) was characterized in 2016. LhFAE maintained 80% of the initial enzyme activity in
the 5.0 mM presence of K+, Al3+, Pb2+, Cd2+, Mn2+, Mg2+, Zn2+, and Ca2+ ions [59].
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Stability at extreme pH values has also been targeted. In 2005, Topakas et al. reported
an FAE, designated StFaeC, from Sporotrichum thermophile, which was active on all methyl
hydroxycinnamic acids and classified as type C. StFaeC was a dimer in solution and had
an optimal pH at 6.0, but still retained 50% of its activity at pH 10 [57]. A low-pH-tolerant
FAE, PpFAE, was isolated from Penicillium piceum. PpFAE exhibited activity at a broad pH
range of 2.0–8.0 with an optimum at 3.0, while the optimum temperature was 70 ◦C [58]. As
most FAEs exhibit optima under less harsh conditions (often pH 6–7 and temperature up to
50 ◦C), the high acidic thermal stability suggests wider application fields for this enzyme.

Further work includes the engineering of FAEs. In 2022, Yang et al. reported a new FAE
from Geobacillus thermoglucosidasius and performed site-directed mutagenesis to enhance
thermostability. Although the mutations increased the Tm, the enzyme activity decreased
for all variants. The most favorable outcome (highest Tm) was observed in a double mutant.
In this variant, an arginine substitution led to salt bridge formation and reduced flexibility
in the cap region, while an asparagine substitution improved the hydrophilicity of the
protein surface [61]. This indicates that the flexibility of the catalytic region is of importance
for the activity, which was corroborated for a novel FAE from Lactobacillus acidophilus,
designated as LaFae [62]. In this dimeric protein, a phenylalanine-to-alanine mutation near
the catalytic site increased the activity. This variant probably exhibits enhanced flexibility
of the cap domain, facilitating substrate binding [62].

Accessibility to the catalytic site may be another factor of importance. In 2022, Kasmaei
et al. reported a new type of FAE homodimer in LbFAE from Lentilactobacillus buchneri.
This enzyme exhibits a unique dimerization profile, and the active site of each monomer is
located internally, facing the other protomer. This enzyme can only accommodate a single
FA and is not active on dehydrodimers [45]. This contrasts with the findings of Lai et al.
(2011), in whose study the characterized dimeric protein from Lactobacillus johnsonii N6.2
(LJ0536) demonstrated a solvent-exposed, open canal, large catalytic site [60].

These diverse structural and functional studies emphasize the versatility of FAEs
across different microbial sources. The number of structurally resolved enzymes is still
limited. However recent advances in protein engineering and characterization highlight
FAEs’ potential for industrial and biotechnological applications.

6. FAEs in (Trans)Esterification

Various studies have demonstrated the versatility of fungal FAEs in a wide variety of
reaction media containing mainly non-aqueous solvents, enabling efficient esterification
and transesterification of phenolic acids with simple alcohols and with carbohydrates.
For some applications, free ferulic acid is the most useful substance, but in other cases,
derivatives of ferulic acid have more promising properties. Therefore, derivatization of
ferulic acid, for example by esterification, is of great interest. Some of these cases are
highlighted in the following section.

Giuliani et al. used an FAE to esterify ferulic acid with 1-pentanol in a microemulsion
containing n-hexane, water, and the surfactant cetyltrimethylammoniumbromide [68]. A
high yield was obtained (up to 60%), but due to the low solubility of ferulic acid in the
system, the reactions were carried out at concentrations below 1 mM.

In 2003, Topakas et al. purified and characterized an FAE-II from Fusarium oxysporum
that retained its catalytic activity in a surfactantless microemulsion containing n-hexane,
1-propanol, and water, in which the solubility of cinnamic acid derivatives was up to
100 times higher. This type of microemulsion is also called a ternary solvent system and
has been used in several subsequent studies of FAE-catalyzed synthesis reactions. The
F. oxysporum enzyme catalyzed the esterification of various phenolic acids but not cinnamic
acid, indicating the necessity of a C-4 substitution on the phenyl ring [64].
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In 2005, the same group reported the first enzymatic feruloylation of a carbohydrate,
L-arabinose, with Sporotrichum thermophile FAE type C (StFaeC), in another ternary system
consisting of n-hexane/t-butanol/water [57]. Other ternary systems were used for the
feruloylation of di- and oligo-saccharides (n-hexane, 2-butanone, and MES–NaOH buffer),
using an FAE from a commercial multi-enzyme preparation as a catalyst [69]. This compo-
sition was slightly altered for the synthesis of feruloylated galactobiose, where 2-butanone
was exchanged with 1,4-dioxane [69].

Optimization of butyl hydroxycinnamate esters by transesterification of methyl esters
catalyzed by a novel type C FAE from Aspergillus ochraceus was carried out in a ternary
system containing isooctane/butanol/water [65]. This enzyme was quite specific for
butanol, while other alcohols were converted at much lower rates. Synthesis of feruloyl
glycerol esters was achieved in a solvent-free system of just ferulic acid in a mixture of
glycerol and water using re-AoFaeA as a catalyst, achieving a yield of 60.3% [70].

Successful FAE-catalyzed transesterification reactions in aqueous/organic two-phase
systems were carried out using Talaromyces wortmannii FAEs as catalysts [66]. In the reaction
between vinyl ferulate and prenol, just n-hexane with a small addition of water was used
as the reaction medium, and in the reaction between vinyl ferulate and L-arabinose, a small
amount of DMSO was added as well. The reactions were optimized, giving yields of 87.5%
for prenol and 56.2% for L-arabinose. In the case of prenyl ferulate synthesis, the aqueous
phase was recovered after the reaction, making it possible to reuse the enzyme, a procedure
which was repeated for six consecutive cycles.

7. Synergistic Degradation and Bifunctional Esterases

Given the complexity of the plant cell wall, it is natural to assume that different types of
enzymes are necessary for its efficient degradation. The increased activity of enzymes when
combined with others from different classes is referred to as synergy. There are multiple
reports of FAEs working synergistically with various carbohydrate-degrading enzymes to
break down different biomass side streams. FAEs have demonstrated synergistic effects
with xylanases [47,57,59,70], cellulases [58], and laccases. The combination of AnXyn11A
and AnFaeA from Aspergillus niger BE-2 increased the initial release of ferulic acid (FA) from
destarched wheat bran from 16.8% to 61% when added simultaneously [71]. In addition, an
engineered bifunctional xylanase/feruloyl esterase (XynII-Fae) from Prevotella ruminicola
23 showed synergistic effects with commercial cellulase for the delignification of corn
stover [67]. In this engineered bifunctional protein, each reaction was catalyzed by separate
domains, with a TIM barrel and α/β hydrolase folding, respectively. A recent study
from Schmitz et al., conducted in 2022 [72], examined the degree of synergy for multiple
commercial carbohydrate enzymes in different biomass types, including corn bran, soluble
oat bran, insoluble oat bran, and oat hull. The study found varying levels of synergy
depending on the substrate [72]. In this work, FAEs showed synergy with laccase and
xylanases from GH families 5, 10, and 11. However, not all side streams exhibited this
effect, suggesting that the composition and nature of the biomass play a determining role
in the degree of degradation [72].

The chemical complexity of plant biomass has directed evolution towards enzymes
with dual functionality. This dual activity can occur within the same type of bond, such as
esters, or span across different bond types, like ester and glycosidic bonds. For example,
Dilokpimol et al. (2022) reported three novel feruloyl/acetyl xylan esterases (FXEs) that
are capable of efficiently releasing both ferulic acid and acetic acid from wheat arabinoxy-
lan [73]. Earlier, in 2000, Blum et al. demonstrated that XynY and XynZ, components of
the Clostridium thermocellum cellulosome, exhibited FAE activity originating from their
C-terminal and N-terminal domains, respectively, in addition to their established xylanase
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activity. The xylanase function in these proteins is associated with GH family 10, while
the feruloyl activity originates from distinct catalytic domains [55]. Here again, the en-
zyme is not a single fold carrying out both activities, it is a multi-domain structure with
dual functionality. More recently, Schmitz et al. (2023) reported a bifunctional arabinoxy-
lanase/feruloyl esterase belonging to GH family 5, in which both activities share the same
active site. In that case, the recognition of the arabinose substitution is specifically required
for xylanase activity [74].

8. Estimation of Enzymatic Activity and Detection of FA

The catalytic activity of FAEs can be studied using either complex natural substrates
or synthetic model compounds. When complex substrates are used, the released FA is
monitored. High-Performance Liquid Chromatography (HPLC) with a C-18 reverse-phase
column is commonly employed for quantitative analysis, typically using UV detection at
320 nm [75]. Gas Chromatography–Mass Spectrometry (GC-MS) is also suitable for the
detection, quantification, and separation of geometrical isomers of FA [76]. Kvasnička
et al. separated 12 phenolic acids including FA, with capillary zone electrophoresis (CZE)
using HPLC with UV detection [77]. There are multiply reports of Liquid Chromatography–
Tandem Mass Spectrometry (LC-MS/MS) being used for the identification and quantifi-
cation of FA in a diverse range of substrates, such as Chinese herbal medicine [78], rat
plasma [79], and milk [80].

Qualitative detection can be achieved with thin-layer chromatography TLC [81] and
high-performance thin-layer chromatography (HPTLC), which have been proven effective
for the separation and detection of ferulic acid and vanillin [82].

In terms of synthetic substrates, methyl esters of hydroxycinnamic acids are frequently
used, particularly for enzyme classification into types A, B, C, and D. Methyl ferulate (MFA),
methyl caffeate (MCA), methyl sinapate (MSA), and methyl p-coumarate (MpCA) are
incubated with the enzyme, and the hydrolysis products are analyzed via HPLC, providing
a detailed estimation of the enzyme activity with these different substrates [39,48,83].
Another widely used method involves the use of p-nitrophenyl (pNP) esters, such as
pNP-ferulate or pNP-acetate, in spectrophotometric assays [83]. These allow for real-time
monitoring of enzyme activity by measuring the release of p-nitrophenol at 410 nm.

Frequently, FAEs exhibit dual activity as feruloyl esterases and acetyl xylan esterases.
It is therefore of interest to test the enzymatic activity and preference in both pNP-ferulate
and pNP-acetate [73,74,84]. These synthetic substrate assays are advantageous for enzyme
screenings, since they are compatible with high-throughput methods and kinetic analysis
and can facilitate FAE classification. Nevertheless, it is important to note that they do not
reflect the complexity found in nature. Therefore, high activity on synthetic substrates does
not necessarily translate to efficient activity on plant cell wall materials.

9. Applications of FAEs and FA

FAEs’ applications can be viewed in two ways. One focuses on their enzymatic
effect on biomass, where degrading the side chain enhances the accessibility of hydrolytic
enzymes to cellulosic and hemicellulosic substrates and lignin–polysaccharide chains
(described in the Section 7). The other considers FA as a valuable product with diverse
applications in pharmaceuticals, cosmetics, food, feed, food packaging, and biogels [85].

In pharmaceuticals and cosmetics, FA is widely used for its antioxidant, anti-
inflammatory, anti-aging, and photoprotective properties [85,86]. It is an important in-
gredient in sunscreens and skin-whitening products due to its ability to inhibit melanin
accumulation, protect against UV radiation, and prevent skin photoaging [86–88].

110



Int. J. Mol. Sci. 2025, 26, 7474

Additionally, FA exhibits anti-cancer properties by inhibiting reactive oxygen species
(ROS), protecting cellular components from oxidative damage, and regulating intracellular
signaling related to proliferation, apoptosis, and metastasis. FA and its derivatives also offer
antithrombotic, immune-regulating, and neuroprotective benefits, aiding in the treatment
of cardiovascular and cerebrovascular diseases [89]. Studies further suggest wound-healing
properties, demonstrated in experiments on diabetic rats [90,91]. These benefits derive
from FA’s free radical scavenging ability and reduction in oxidative damage [85]. FA can
be used as substrate in enzymatic decarboxylation reactions producing styrene derivatives,
which can be converted further to various products, such as biobased polymers [92–94].

In the food industry, FA is a precursor for vanillin production [95], a flavoring com-
pound that is also used in drug delivery systems and as battery energy storage through
vanillin-cross-linked chitosan electrodes [96].

FA is also incorporated into fibrous films for fruit preservation, where its core–sheath-
structured fibers provide both immediate and sustained antioxidant release, helping to
prevent oxidation, reduce water loss, and extend shelf life [97]. Despite its broad poten-
tial across various fields, FA’s practical applications remain limited due to its low water
solubility [85].

10. Conclusions

This review aims to provide a comprehensive overview of FAEs and ferulic acid
(FA). It explores the various natural forms and cross-links of ferulic acid, emphasizing the
compound’s structural complexity. All FAEs are serine hydrolases, playing an important
role in the effective valorization of biomass, alone or in synergy with other enzymes. The
released ferulic acid has broad applications across the pharmaceutical, food, and chemical
industries. FAEs are also used as biosynthetic catalysts in (trans)esterification reactions
involving non-aqueous solvents. By evaluating the current classification systems and the
structural diversity of these enzymes, this review highlights the need for further research
to fully elucidate their structure–function relationships and to deepen our understanding
of the complex patterns of nature to which they correspond.
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Abbreviations

The following abbreviations are used in this manuscript:

FA Ferulic Acid
FAE Ferulic Acid Esterase
CAZymes Carbohydrate-Active Enzymes
GAX Glucuronoarabinoxylan
AX Arabinoxylan
DiFA Di-Ferulic Acid
BenDiFA Benzofuran Form of Di-Ferulic Acid
HRP Horseradish Peroxidase
CBM Carbohydrate-Binding Module
CE1 Carbohydrate Esterase Family 1
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MFA Methyl Ferulate
MCA Methyl Caffeate
MSA Methyl Sinapate
MpCA Methyl p-Coumarate
GH Glycoside Hydrolase Family
HPLC High-Performance Liquid Chromatography
GC-MS Gas Chromatography–Mass Spectrometry
CZE Capillary Zone Electrophoresis
LC-MS/MS Liquid Chromatography–Tandem Mass Spectrometry
TLC Thin-Layer Chromatography
HPTLC High-Performance Thin-Layer Chromatography
pNP Para Nitrophenol
ROS Reactive Oxygen Species
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Abstract

The synthetic polymer low-density polyethylene (LDPE) is a pervasive pollutant that poses
serious environmental concerns and health hazards. PE plastic is rarely recycled, and
therefore, biodegradation is a novel approach for managing PE plastic waste. However, few
enzymes and organisms that degrade PE plastic have been identified to date. Herein, we
demonstrate that a consortium of soil bacteria containing Pseudomonas and Bacillus species
can grow on and degrade UV-treated PE film and powder as a sole carbon source, reducing
its net mass by 7% and 13%, respectively, in 30 days. Changes in surface functional groups
associated with chemical modification of PE were observed via ATR-FTIR analysis, and
byproducts associated with PE biodegradation and alkane and carboxylic acid metabolism
were observed via GC/MS. Using previously characterized PEases, we identified a gene,
CYP102 A5, found in Bacillus thuringiensis strain 9.1, which encodes a cytochrome P450
reductase, whose expression was increased when grown on PE as a sole carbon source.
Purified CYP102 A5 protein altered PE surface functional groups, determined by ATR-FTIR,
giving evidence of PE oxidation. In sum, we identified a cytochrome P450 reductase that
explains, in part, how a consortium of soil bacteria can grow on and degrade PE plastic.

Keywords: low-density polyethylene; PE plastic; biocatalyst; depolymerization; biodegradation;
cytochrome P450 reductase; CYP; bacterial consortium

1. Introduction

Plastic pollution is a growing crisis facing our planet. A large contributor to our global
waste problem is low-density polyethylene (LDPE), a specific type of polyethylene (PE)
plastic waste. PE plastics have meager recycling rates; in the U.S, 8.59 million tons of
LDPE/linear low-density polyethylene (LLDPE) were produced in 2018, yet only 4.3% of
this plastic was recycled in municipal waste streams in that year [1]. On a global scale, the
production of LDPE is estimated to be around 17.4% of the total international production
market due to its widespread use in agriculture, packaging, and construction [2–4].

PE pollution has detrimental effects on our ecosystems, particularly within marine
environments—it is estimated that out of the total 460 million tons of plastic produced
every year, 9−14 million tons end up in our oceans [5,6]. The same chemical properties
that make plastics attractive for commercial use, i.e., non-conductive and chemically in-
ert, enable plastics to persist in the environment, contributing to long-lasting, negative
environmental impacts. Namely, in aquatic environments, plastics can break down into
microplastics (5 mm–1 nm in size) and eventually into smaller nanoplastics (1 nm–1 μm
in size). PE microplastics are formed when these products are exposed to solar radiation
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and to physical and mechanical forces. PE microplastic exposure is implicated in negative
effects on multiple animals. For example, they affect gene expression, and on the larger
scale, cognition and behaviors of aquatic organisms, like the planktivorous Indo-Pacific
pelagic fish Decapterus muroadsi, which was found to eat microplastics that resemble their
prey, weakening already fragile ecosystems [7]. Polyethylene exposure increases mortal-
ity and decreases locomotion in Collembola hexapods, which contribute to ecosystems by
shaping soil microbial communities, and Apis mellifera bees, the most prevalent honey bee
species, which pollinate crops and various other plants [8,9]. Studies are beginning to
elucidate the negative health impacts of PE microplastics in both mouse models and in
human cells, including developmental/reproductive toxicity, cytotoxicity, and chromoso-
mal instabilities. Microplastics can cause particle toxicity, which has been shown to induce
immune responses, as well as chemical toxicity from incorporated additives and absorbed
environmental pollutants [10–13].

The properties of PE limit recycling due to the strong C-C and C-H bonds, which are
difficult to break [14,15]. The carbon backbone has no additional functional groups and
is therefore inert and resistant to degradation [16]. Besides conventional recycling, other
methods, including thermal and chemical recycling, are known to be hazardous to the
environment. Incineration of PE can cause air pollution via emissions of greenhouse gases
and produce furans, carbon monoxide, dioxins, and other toxic compounds which cause
negative downstream effects on native flora and fauna [17,18].

Given the cost to environmental and human health associated with other recycling
methods, biodegradation of PE is gaining interest. A variety of microbes grow on PE,
including Pseudomonas aeruginosa, Rhodococus ruber, Bacillus cereus, and Bacillus thuringien-
sis [19–24]. Microorganisms that can degrade PE often have slow growth and degradation
rates, ranging from 5−20% weight loss of PE after 60 days of incubation [19,25–27]. The
high crystallinity, hydrophobicity, and high molecular weight of PE limit the efficiency of
microbial biodegradation [28,29]. An improvement on the strategy of using single microbial
isolates is to instead use microbial consortia, or groups of bacteria, that work synergistically,
which may improve degradation rates due to greater metabolic versatility [30].

The ability for bacteria to utilize LDPE as a carbon source has been described, but only
four enzymes have been cataloged on the open-source enzyme database “Plastics DB” to
date [31]. However, a diverse array of enzymes, including lignin peroxidases, manganese
peroxidases, and laccases, degrade oxidizable C-C bonds [32,33]. Additionally, alkane
hydrolases and cytochrome P450 s degrade LDPE via terminal or subterminal carbon
oxidation [34]. Researchers have suggested that PE is depolymerized by extracellular
enzymes, and then the byproducts are brought into the cell [35], where mineralization can
occur. Due to the diversity of enzymes present in hydrocarbon metabolism, it is vital to
fully characterize the mechanisms necessary to degrade PE. Characterization of enzymes
will enable the development of a model mechanism for LDPE degradation, and in parallel,
provide insights into how to engineer the process for better efficiency, by upregulation of
key conversion steps and regulatory elements, incorporating more efficient engineered
enzymes or introducing enzymes from other species [35].

We previously isolated a consortium of three Pseudomonas and two Bacillus strains
that degrade PET plastic [36]. Analyzing the metagenomes, we found 250 genes encoding
enzymes associated with the degradation of synthetic plastics, including PE, biopolymers,
and plasticizers [37]. In this report, we demonstrate that the five-member consortium of
bacteria isolated from petroleum-polluted soil can grow on and synergistically degrade
PE plastic, up to 13% weight reduction after a 30-day incubation. Surface modification
of the PE was observed by ATR-FTIR, and degradation byproducts were identified by
GC/MS. We used bioinformatics and RT-qPCR to identify putative PEases with differential
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expression when grown on PE. The gene encoding CYP102 A5 [24], a cytochrome P450
reductase of Bacillus thuringiensis, showed the greatest increased transcription when grown
on PE, and the purified enzyme altered surface functional groups, indicating oxidation of
the material. Thus, we observed the growth of a bacterial consortium on PE plastic and
identified a P450 enzyme that most likely initiates biodegradation.

2. Results

2.1. Bacterial Consortium Uses PE as a Sole Carbon Source

We grew the bacteria on PE as a sole carbon source in LCFBM to determine whether the
full consortium can degrade PE plastic. Growth curves are plotted in Figure S1. Cultures
enriched with UV-treated PE plastic and supplementary yeast extract, to initiate growth,
were compared to cultures without bacteria to ensure no contamination occurred and to
control for any spontaneous PE degradation that might occur within the sterile media. The
growth curve was monitored over 30 days to evaluate bacterial colonization and growth.

CFU/mL values indicated that the bacterial consortium grew on both PE plastic
sources (0.2% w/v) over the 30-day culture time (Figure 1A). The powdered PE culture grew
to a CFU/mL of 2.6 × 108, whereas the PE film culture grew to a CFU/mL of 3.58 × 107.
This agrees with other studies showing that a higher surface area to volume ratio for the PE
powder promotes better biofilm formation and therefore higher capacity for growth [38].
The control had no bacterial growth for both plastic types. These results are consistent with
the observation that both bacterial-treated plastic substrates had a statistically significant
decrease in pH after 30 days compared to the control (p ≤ 0.0001) (Figure 1B). The bacteria-
treated powder PE exhibited a greater decrease in pH compared to the culture with PE film
(p ≤ 0.0001). Bacterial growth and pH changes, indicating metabolic activity producing
acidic byproducts, suggested that the bacteria were metabolizing the PE plastic. The control
had only a slight decrease in pH change from the initial 7.4 compared to media containing
bacteria (Figure 1B). Figure 1C shows that the bacteria-treated PE powder and film had
an average percent weight loss of ~16% and ~10%, respectively, when normalized against
natural hydrolysis in the control (p < 0.0001). Due to the increase in bacterial CFU/mL in
media containing polyethylene, the change in pH values, and plastic weight loss over time,
we concluded that the bacterial consortium can utilize PE plastic as a carbon source.

Figure 1. Cont.
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Figure 1. (A) Growth curves of the bacterial full consortium in LCFBM in two PE plastic sources:
PE powder and PE film for 30 days. (B) pH change over time of the LCFBM medium inoculated
by the bacterial full consortium over 30 days. (C) pH change after 30 days of the LCFBM medium
inoculated by the bacterial consortium. (D) Percent change of plastic weight of pure PE film and
powder and degraded PE powder cultured with the bacterial consortium. Untreated pure powdered
PE is the control group (**** p ≤ 0.0001).

2.2. Surface Modifications of PE Plastics After Degradation

To determine whether the PE surface was being degraded, we first removed the
bacteria by washing with 2% SDS and then observed the surface of amorphous PET using
scanning electron microscopy (SEM). Bacteria utilize enzymes like laccase or manganese
peroxidase, which often catalyze plastic biodegradation via depolymerization. Oxidation
generally occurs from an edge and increases the roughness of the plastic surface [39].

The structural changes in both PE film (Figure 2A,B,E,F) and PE powder (Figure 2C,D,G,H)
showed increased roughness on the surface in bacteria-treated PE samples when compared
to the untreated control. The higher degree of roughness observed on the powdered PE
samples versus the film samples is enforced by the greater surface area to volume ratio,
thus, more efficient enzymatic degradation due to increased area that biofilms can form and
degrade PE [40,41]. The difference in roughness of the surfaces, comparing the bacterial-
treated PE and natural hydrolysis of the control, was attributed to bacterial growth on the
plastic surface.

Figure 2. SEM images show the surface modification of PE film and powdered PE. LCFBM cultures
containing either film PE (A,B,E,F) or PE powder (C,D,G,H) and the full consortium were grown
at 30 ◦C for 30 days. Bacteria and biofilms were removed from the surface using 2% SDS and
washed with sterile water and 70% ethanol to remove any cellular debris. Images (A,B) depict
PE film untreated with bacteria, and images (D,F) show PE film treated with bacteria. Images
(C,D) show powdered PE not treated with bacteria, and images (G,H) show plastic treated with the
full consortium.
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We examined changes in the chemical structure of the PE plastic using ATR-FTIR
analysis. Both types of PE samples treated by the bacterial consortium exhibited changes in
peaks associated with functional group bending and stretching. The PE film (Figure 3A)
exhibited ATR-FTIR peaks at 3315 cm−1, 1366 cm−1, 1709 cm−1, 1418 cm−1, and 1220 cm−1,
corresponding to -OH stretching and bending (hydroxyl group) [42–44], C=O stretching
(carboxyl groups, hydroxyl group) [45,46], and C-O stretching (ester) [47]. Addition-
ally, characteristic peaks at 1742 cm−1 were attributed to C=O bending (aldehyde) [48].
The PE powder (Figure 3B) exhibited similar ATR-FTIR peaks at 3315 cm−1, 1369 cm−1,
1709 cm−1, 1406 cm−1, and 1219 cm−1. The PE powder (Figure 3B) did not have any
significant differences in 1740−1720 cm−1 compared to the control. However, changes
were observed at 670 cm−1, indicating C=C bending (alkene) [49].

Figure 3. (A) ATR-FTIR spectra of average untreated pure PE powder (n = 3) and averaged PE film
(n = 3) treated with the bacterial consortium. (B) FTIR-ATR spectra of average pure PE powder (n = 3)
and average PE powder (n = 3) treated with the bacterial consortia. (C) Inset of OH stretching of
PE powder with and without treatment of the bacterial consortia. (D) Inset of carbonyl and ester
stretching of PE powder with and without treatment of the bacterial consortia. (E) Inset of OH
stretching of consumer PE with and without treatment of the bacterial consortia. (F) Inset of carbonyl
and ester stretching of consumer PE with and without treatment of the bacterial consortia. (G) Means
of carbonyl indexes (n = 3) of PE film and powder treated with the full consortium and associated film
and powder controls (CBI—Carbonyl Bond Index; KCBI—Keto Carbonyl Bond Index; ECBI—Ester
Carbonyl Index; VBI—Vinyl Bond Index; IDBI—Internal Double Bond Index; * p ≤ 0.05, ** p ≤ 0.01,
**** p ≤ 0.001). (H) Percent Water Absorption of PE powder and film with and without treatment of
the bacterial consortium.
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Changes in various absorbance intensities of relevant bond wavelengths when com-
pared to the methylene bond were observed after 30 days of incubation with the bacterial
consortium for both PE powder and film (Figure 3G, Table 1). When comparing the bacteria-
treated samples to the control PE plastics, most indices exhibited statistical significance.
The PE film exhibited high statistical significance for the carbonyl bond index (CBI), keto
carbonyl index (KCBI), and the ester carbonyl bond Index (ECBI) (p < 0.0001). Treated PE
powder also exhibited statistical significance for the CBI (p = 0.0266), KCBI (p = 0.0364), and
the ECBI (p = 0.0224), although to a lesser extent than the film treatment group. However,
the vinyl bond index (VBI) and the internal double bond index (IDBI) varied between the
powder and film, with statistical significance observed in the powder group (p = 0.0223 and
p = 0.004, respectively) while the film group displayed no significant difference in these
same indices (p = 0.9009 and p = 0.2397).

Table 1. ATR-FTIR analysis of powdered and film LDPE 1.

Sample Type
Carbonyl Bond

Index
(I1714/I1463)

Keto
Carbonyl Bond

Index
(I1715/I1465)

Internal
Double Bond

Index
(I908/I1465)

Ester
Carbonyl

Index
(I1740/I1465)

Vinyl
Bond
Index

(I1650/I1465)

Untreated
Powder 0.12 ± 0.01 0.12 ± 0.01 0.18 ± 0.01 0.13 ± 0.01 0.13 ± 0.01

Treated
Powder 0.16 ± 0.03 0.16 ± 0.03 0.22 ± 0.03 0.17 ± 0.03 0.16 ± 0.03

Untreated
Film 0.08 ± 0.00 0.15 ± 0.01 0.10 ± 0.00 0.09 ± 0.00 0.12 ± 0.03

Treated
Film 0.16 ± 0.02 0.27 ± 0.02 0.12 ± 0.02 0.17 ± 0.02 0.11 ± 0.01

1 Molecular index and confidence intervals were calculated by relative intensities of vibrational bands of interest
from ATR-FTIR analysis of film and powdered LDPE incubated in carbon-free medium with bacteria for 4 weeks;
n = 6.

The change in water absorption for PE film and PE sheets was also calculated
(Figure 3H). When comparing the PE film culture to its control, it approached statistical
significance (p = 0.0588), while the PE powder was significant (p = 0.0004) when compared
to the samples not treated with bacteria. In short, we concluded that there were various
new functional groups in bacteria-treated PE samples compared to controls, supporting
our previous conclusions that the bacterial consortium can metabolize PE. Additionally,
we concluded that the PE powder cultures exhibited greater changes in surface functional
groups and total water absorption after bacterial treatment.

2.3. Byproducts Resulting from Bacterial Degradation of PE Plastic

After identification of functional groups on the surface of the PE plastic, we performed
GC/MS analysis of bacterial culture supernatants to characterize the metabolites formed
after bacterial degradation of PE. GC/MS results revealed the formation of several products:
alkanes, aldehydes, and plastic additives (Figure 4A; Tables S1 and S2). The PE powder
culture showed the formation of a wider range of alkanes, ethers, aldehydes, and carboxylic
acid compounds during the degradation process (Figure 4B). Both plastic samples, com-
paring bacterial treatment with spontaneous hydrolysis, identified compounds that are
common plastic additives. Our GC/MS results were consistent with the decomposition of
PE being broken down to lower molecular weight monomers [24,44,50].
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Figure 4. (A) GC/MS chromatogram of averaged relative intensity (n = 4) normalized to the blank
of pure PE film and degraded PE film cultured with the full consortium of metabolites found in
the bacterial supernatant. Untreated film is the comparative control. (B) GC/MS chromatogram of
averaged relative intensity (n = 4) normalized to the blank of pure PE powder and degraded PE
powder cultured with the full consortium. Hydrolysis of PE powder is the control group. Compounds
associated with plastic are indicated via a pink asterisk, from left to right: diethylene glycol, azulene,
1,4-dimethyl−7-(1-methylethyl), two unknown phenolic compounds, 2,4-bis(1-phenylethyl)phenol,
diethylene glycol dibenzoate, and dioctyl phthalate. (See also Table S2).

2.4. Identification of Enzymes Putatively Associated with PE Metabolism

We used a bioinformatic approach to identify enzymes involved in PE metabolism.
We putatively identified four enzymes with PE-degradation capabilities, using a sequence
similarity greater than 25% to known PEases: a cytochrome P450 NADPH reductase (98%
similarity) from B. thuringiensis (9.1), a glutathione dehydrogenase (GlutD) in Rhodococcus
sp. C−2 with 78% similarity with our two Pseudomonas sp. strains (10 and 13.2). A Baeyer-
Villager monooxygenase (BVMO) isolated from Alcanivorax sp. 24 was 25.64% similar to
Pseudomonas B10 (9.2), and the carboxylesterase NlhH identified in Alcanivorax sp. 24, had
a 38.79% similarity to Pseudomonas strains 10 and 13.2, and was 32% similar to that in strain
9.2. After identification of these genes, we utilized reverse-transcription quantitative PCR
(RT-qPCR) (Table S3) to test for induced expression when grown in culture with PE plastic.

RT-qPCR analysis was performed using the 16 s rRNA gene as the internal control.
We measured transcriptional activity for the putative PE-degrading genes: cyp (strain 9.1),
BVMO (strain 9.2), glutD (strain 10), and nlhH (strain 13.2). Expression of the BVMO and
glutD genes was not significantly different under the conditions tested (p = 0.7504 and
0.3077). The nlhH gene was slightly upregulated in the presence of PE plastic (1.356-log
fold; p = 0.002). CYP expression was greater than that of nlhH, a 1.857 log fold change
(p < 0.0001) (Figure 5). We thus hypothesized that the enzymes NlhH and CYP may be
associated with PE metabolism. It is important to note, however, that the genomes of
the five axenic strains are diverse and encode many more hydroxylases, dehydrogenases,
hydrolases, and monooxygenases [37] that may participate in PE metabolism, but were not
examined using RT-qPCR.
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Figure 5. RT-qPCR expression data of genes of interest for individual strains when grown on PE
plastic. Log fold change expression determined by two-step quantitative real-time PCR (RT-qPCR) of
genes putatively involved in PE biodegradation. Fold change expression was calculated (n = 4) using
the Pfaffl method for bacterial isolates. Isolate associated with each tested gene, and the associated
primer sequences are described in Supplementary Table S3.

2.5. Purified CYP102 A5 Cytochrome P450 Reductase Enzymatic Activity in the Presence of
PE Plastic

To determine whether increased mRNA expression levels correlated with CYP102 A5
modifying PE, we measured the catalytic activity of CYP102 A5 using PE as a substrate. We
observed an oxidation rate of 23.55 nmol NADP+ min−1 (nmol of P450−1) (Figure 6A). New
peaks were found in the enzyme-treated samples by ATR-FTIR (Figure 6B) the presence of
OH stretching in the polymer between 3350 cm−1 and 3200 cm−1, a new C=O stretching
peak was observed between 1702 cm−1, and two new C-O stretching peaks were identified
at 1252 cm−1 and 1090 cm−1 (Table 2).

Table 2. Molecular index and confidence intervals calculated by relative intensities of vibrational
bands of interest from ATR-FTIR analysis of powdered LDPE incubated with CYP102 A5 and a
NADPH regenerating system for 18 h 1.

Sample Type
Carbonyl Bond

Index
(I1714/I1463)

Keto
Carbonyl Bond

Index
(I1715/I1465)

Internal Double
Bond Index
(I908/I1465)

Ester
Carbonyl

Index
(I1740/I1465)

Vinyl Bond
Index

(I1650/I1465)

Control
powdered PE 0.10 ± 0.02 0.12 ± 0.02 0.17 ± 0.02 0.15 ± 0.02 0.18 ± 0.01

CYP102 A5,
powdered PE 0.14 ± 0.01 0.15 ± 0.01 0.18 ± 0.01 0.16 ± 0.01 0.19 ± 0.01

1 n = 6.
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Figure 6. (A) NADPH consumption by CYP102 A5 in the presence of 10 mg/mL powdered PE
plastic over 60 s (n = 6) with 95% CI intervals plotted. Representative controls of NADPH in buffer
(n = 4) and NADPH and 10 mg/mL PE (n = 4) are also presented. (B) Averaged ATR-FTIR data of PE
powder either with or without treatment with CYP102 A5 for 18 h (n = 8).

3. Discussion

In this study, we demonstrate that a bacterial consortium consisting of three Pseu-
domonas and two Bacillus strains isolated from petroleum-polluted soil grows on PE plastic.
The bacteria degrade the PE relatively efficiently; we observed a 16% weight loss for PE
powder and a 10% weight loss for PE film after 30 days. Increased bacterial populations
combined with a decrease in pH of the medium suggested depolymerization and frag-
mentation of PE into lower molecular weight compounds, which was demonstrated by
ATR-FTIR [51,52]. These results together demonstrate that the bacterial consortium grows
on PE as a sole carbon source. The description of microbial consortia degrading PE plastic
has been limited to date.

Bacteria form biofilms on hydrophobic plastic surfaces, which are crucial for PE
degradation [53]. Biofilm matrices enable plastic degradation through the secretion of
exopolysaccharides for adhesion, and enzymes, such as laccases, hydrolases, and esterases,
which facilitate the breakdown of the polymer [54–57]. As polymer biodegradation pro-
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ceeds, the surface characteristics are altered, which can be observed via ATR-FTIR. We
observed distinct changes in carbonyl indices for both PE powder and film, suggesting that
the bacterial community oxidizes the surface of PE, while the appearance of new peaks,
such as alcohols, ethers, and alkanes (Tables S1 and S2) indicates further degradation medi-
ated by other secreted enzymes during depolymerization [58]. Higher water absorption
(Figure 3D) means the polymer is becoming more hydrophilic, indicating that the bacterial
consortia make the surface more hydrophilic.

We identified several metabolic byproducts by GC/MS after a 30-day degradation
period, primarily alkanes, but also alkanes with carboxylic acid, aldehyde, and alcohol func-
tional groups (Tables S1 and S2). These compounds are consistent with what is currently
known of PE degradation and the enzymatic diversity of the degradative process [59,60].
The degradative byproducts often resemble fatty acids, which are eventually imported
into the bacterium and catabolized via β-oxidation. Small molecules are converted into
acetyl-CoA and enter the tricarboxylic acid (TCA) cycle and are finally mineralized via
respiration. Identifying the metabolic byproducts was a focus of this work because it
would suggest the types of enzymatic reactions occurring during degradation. Overall,
the byproducts identified in the GC/MS analysis, combined with the changes in surface
functional groups observed through ATR-FTIR, corroborate our previous findings that the
bacteria are biodegrading PE and assimilating PE byproducts.

Four enzymes with >25% identity to previously characterized PE enzymes were
evaluated via RT-qPCR. Of these four enzymes, a bi-functional cytochrome P450 NADPH
reductase, encoded in Bacillus thuringiensis strain 9.1, was upregulated to 1.73 log fold
when grown on PE in isolation and increased to 2.76 log fold when grown in combination
with the full consortium on PE (Figure S2). This cytochrome P450 shares 99% sequence
similarity with CYP102 A5.v1, which was solved to 0.93 Å and was previously shown to
degrade PE plastic [24], and was thus named CYP102 A5 (Supplemental Text S2). CYP102
A5.v2 possesses the following mutations: S229 N, D231 N, P468 S, T673 I, K822 R, and
M941 I (Supplemental Text S3 and Figure S5), several of which were previously targeted
for engineering the closely related CYP102 A1/BM3 enzyme to improve degradation of
n-alkanes [61–64]. CYP102 A5 is natively involved in combating polyunsaturated fatty acid
toxicity and catalyzes rapid substrate oxidation (compared to turnover rates from other
P450 monooxygenases) at various ω hydroxylation positions [65]. Therefore, increased
water absorption/hydrophilicity of the PE caused by CYP102 A5.v2 was predicted to
occur by enzymatic biodegradation via ω hydroxylation and enzymatic activity through
the consumption of NADPH (Figure 6). When using PE as a substrate, we measured
the catalytic activity of CYP102 A5.v2 and found a rate of 23.55 nmol NADP+ min−1

(nmol of P450)−1, while CYP102 A5.v1 for NADPH oxidation was 8.588 nmol of NADP+
min−1 (nmol of P450−1). These data, paired with the observed mutations, bolster the
evidence that CYP102 A5.v2 is directly involved in PE oxidation.

However, the specific mechanism of CYP102 A5.v2-mediated PE degradation in
Bacillus thuringiensis requires further investigation. CYP102 A5.v2 is a relatively large
enzyme, with the predicted dimer being ~240 kDa (Figure S3), and it lacks a signal sequence
for secretion, which can be predicted using SignalP 6.0 software. Thus, the enzyme is likely
not secreted from B. thuringiensis via conventional secretion systems and necessitates
more research [66].

The cytochrome P450 reductase (CYP) facilitates terminal, subterminal, and in-chain
hydroxylation of alkanes [35]. Baeyer–Villiger Monooxygenases (BVMOs) convert in-
chain or subterminal ketones to esters and oxidize aldehydes [67,68]. This might explain
the presence of palmitic acid, which contains a formate group (Figure S4). Glutathione
dehydrogenase was identified as an alcohol dehydrogenase [69], which converts alcohols
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into ketones, regardless of position on the alkane chain [70]. While we confirmed one
enzyme, CYP102 A5.v2, that hydroxylates PE plastic, evidence exists indicating that other
enzymes that oxidize PE are found in the consortium pangenome [36,37], and the complete
degradation pathway(s) remain to be determined.

Microbial consortia are advantageous for breaking down PE and other types of plastics
for multiple reasons. They are more stable than purified enzymes, which require highly
purified conditions, and are more stable than single microbial isolates under metabolic
stress conditions. They adapt to new environments better and exhibit greater metabolic
diversity [71,72]. We have also observed synergistic growth in previous studies on PET
plastic, where the full consortium utilized here can reach higher CFU/mL and OD600

values, or culture yield, than individual isolates, and thus, are adapting quicker to nutrient-
poor plastic environments [73]. With multiple isolates or species, synergy occurs, often
through cross-feeding. PE biodegradation can be optimized by identifying additional
consortium enzymes that oxidize PE and gaining a comprehensive understanding of the
degradation pathways.

Bacterial consortia, like those used in this study, have the potential to significantly
reduce the environmental impact of PE plastic waste. Additionally, the metabolic diversity
of microbial consortia can lead to valorization, or the identification of valuable chemicals
that can be harvested during the biodegradation of PE. Often, artificial intelligence (AI) is
used in such efforts because of the complexity of synthetic systems. The waste stream can
be reduced through biodegradation. Further, the extraction of compounds like palmitic
acid, which is used in the cosmetic industry, methyl palmitate, a major component of
biodiesel, or 2,5-dimethyl-hexane, which is used for aviation fuel (Tables S1 and S2), can
be targeted. With improved degradation rates and the requisite technology to capture
valuable byproducts, recycling of PE would become feasible, a vast improvement over
the current handling of the waste, often landfill being the only option. In sum, the sheer
mass of PE plastic ending up in landfills could be reduced using environmentally friendly,
biological technologies.

4. Materials and Methods

4.1. Bacterial Strains and Plasmids Utilized in This Study

The five bacterial strains comprising the consortium used for PE plastic degradation
in this study were previously obtained from petroleum-polluted soils in Galveston Bay,
Texas [36]. Isolated species are Pseudomonas sp. SWI36, NRRL B−67630, strain 10; Bacillus
albus strain PFYN0, NRRL B−67631, strain 13.1; Bacillus thuringiensis strain C15, NRRL
B−67632, strain 9.1; Pseudomonas sp. strain B10, NRRL B−67633, strain 9.2; and Pseudomonas
sp. SWI36, NRRL B−67634, strain 13.2. Plasmid pMTBN28 cyp was created using the
pET28 b(+) expression vector.

For protein overexpression, three commercial strains were used: E. coli 10- β (New
England Biolabs, Ipswich, MA, USA) for Gibson Assembly, and E.coli BL21 DE3 (New
England Biolabs, Ipswich, MA, USA) for expression testing, and C41 (DE3) OverExpress™
for expression and purification (Sigma Aldrich, Saint Louis, MO, USA).

4.2. Bacterial Growth
4.2.1. Pretreatment of PE Plastic

Polyethylene powder (Sigma Aldrich, Saint Louis, MO, USA) and PE one-sided cling
machine film 0.55 mm (Sigma Summit, Belleville, ON, CA) were treated with UV radiation
at 365 nm on a UV2 UV Transilluminator (Analytik Jena, Jena, Germany) for 4 h to simulate
natural abiotic weathering. Plastic was subsequently weighed and sterilized with 70%
ethanol, and then washed with sterile water and set aside in a sterile hood until dry.
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4.2.2. Growth of PE-Degrading Bacteria

Consortium strains were grown on low-salt lysogeny broth (LB) agar plates (10 g/L
tryptone, 5 g/L yeast extract, 5 g/L NaCl, 15 g/L agar, pH 7.0) at 30 ◦C. Strains were
then grown in liquid LB to mid-exponential phase and normalized to an OD600 value of
1.000 to standardize bacterial counts using a BioSpec mini−1240 UV-Vis Spectrophotometer
(Shimadzu Scientific Instruments, Columbia, MD, USA). After normalization, to monitor
growth on PE consortia bacteria were spun down to a pellet and washed twice with a
modified Liquid Carbon Free Basal Medium (LCFBM) adapted from the American Society
for Testing and Materials (ASTM) standard for studying the bacteria resistance to plastics
(ASTM G22−76) (per liter: 0.05% (wt/vol) yeast extract, 0.2% (wt/vol) (NH4)2 SO4, and 1%
(vol/vol) trace elements (0.1% [wt/vol] FeSO4·7 H2O, 0.1% [wt/vol] MgSO4·7 H2O, 0.01%
[wt/vol], CuSO4·5 H2O, 0.01% [wt/vol] MnSO4·5 H2O, and 0.01% [wt/vol] ZnSO4·7 H2O)
in 10 mM pH 7.4 sodium phosphate buffer.). Cultures were inoculated by the addition of
100 μL of each rinsed isolate to 50 mL of 0.2% w/v PE-supplemented LCFBM in a 250 mL
culture flask. Samples were incubated statically to facilitate biofilm formation [38] at 30 ◦C
for 30 days.

4.2.3. Growth Conditions of E. coli Strains for Gibson Assembly, Plasmid Isolation, and
Protein Overexpression

E. coli DH5α bacteria were grown at 37 ◦C. Overnight cultures of these strains were
grown in LB media, shaking at 180 rpm. During transformation of the pMTBN28 cyp vector
(Supplemental Text S1), room temperature super optimal broth with a proprietary (NEB,
Ipswich, MA, USA) catabolite repression (SOC) media (2% vegetable peptone, 0.5% yeast
extract, 10 mM NaCl, 2.5 mM KCl, 10 mM MgCl2, 10 mM MgSO4, 20 mM glucose, pH 7.0)
was used to recover E. coli cells after Gibson Assembly. E. coli transformants were grown
on and selected from using LB agar plates supplemented with 50 μg/mL kanamycin at
37 ◦C. For protein overexpression, E. coli BL21 (DE3) and C41 (DE3) cell lines containing the
pMTBN28 cyp plasmid were grown shaking in Terrific Broth (TB) media (12 g/L tryptone,
24 g/L yeast extract, 4 mL/L glycerol, 0.017 M KH2 PO4, 0.072 M K2 HPO4, 50 μg/mL
kanamycin), 0.5 mM δ-aminolaevulinic acid (5-ALA) and 0.4 mM IPTG were added to
induce protein expression before purification of CYP102 A5 protein.

4.3. Measurement of Bacterial Growth for Evaluating PE Degradation

After microbial growth in LCFBM cultures, aliquots of culture were serially diluted
in triplicate to obtain the CFU/mL every 5 days. CFU/mL values were averaged across
three separate flasks. CFU mL values for the control cultures (LCFBM only samples) were
collected to ensure no bacterial contamination occurred. The culture pH values were
measured using a pH probe and verified with pH strips having a range of 5.1−7.2 (VWR,
Tualatin, OR, USA).

4.4. Weight Loss of PE Plastic and Water Absorbance Changes in Bacterial Culture

Following 30 days of bacterial biodegradation, the weight of PE powder and film
was measured using the method described in Hadar, Y., and A. Sivan., 2004 [38]. Plastic
was separated from the media using vacuum filtration with Watman #6 filter paper to
ensure efficient recovery. The plastic film and powder were washed for 4 h using 2%
SDS to remove bacteria from the plastic surface [74,75]. The surfactant and plastic were
separated using gravity filtration and subsequently washed with sterile distilled water and
70% ethanol to remove any cell debris or residual bacteria colonized on the plastic surface.
The plastic was then dried at 50 ◦C in a hot air oven to evaporate any remaining water.
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The percent weight reduction was calculated using the formula described by Kyaw et al.,
2014 [76].

% weight reduction =
(initial weight − f inal weight)

initial weight
× 100 (1)

For water absorbance calculations, the initial mass (M1) was analyzed after 30 days
of incubation with the bacterial consortium alongside a comparative control of plastic
inoculated in LCFBM for 30 days without bacteria following the sterilization and cleaning
of the remaining plastic film and particles, ensuring complete removal of surfactant that
may interfere with water absorbance. 50 mL of sterile distilled water was then added to
each culture bottle. All flasks were then incubated at 30 ◦C for 5 days, and the average
mass (M2) was determined after 120 h. The percentage of water absorption coefficient (a%)
was calculated using the formula:

a% =
(M2 − M1)

M1
× 100 (2)

4.5. SEM Analysis of Bacteria-Degraded PE Plastic

After 30 days of culture growth, PE sheets and powder were analyzed using SEM
imaging. After weight loss measurements, the surface landscape of PE films and PE
powder was examined using a scanning electron microscope (SEM). Both PE powder and
PE film samples were dried before imaging and were handled identically, ensuring that any
observed surface alterations could be attributed to biological activity rather than sample
processing. A 4 nm carbon coating was added to both samples, and images were taken
with a 1 μs dwell time. SEM was performed at the Multi-Scale Microscopy Core (MMC)
with technical support from the Oregon Health and Science University (OHSU)/FEI Living
Lab and the OHSU Center for Spatial Systems Biomedicine (OCSSB).

4.6. FTIR Analysis of Bacteria-Degraded PE Plastic

ATR-FTIR analysis was used to analyze the effects of biodegradation. Molecular
changes in the PE plastic sheets before and after biodegradation by the bacterial consortium
were measured using a Thermo iS5 FTIR Spectrometer with iD7 ATR accessory (Thermo-
Fischer, Waltham, MA, USA). Samples were scanned at a resolution of 4 cm−1 between
600 cm−1 and 4000 cm−1. The relative absorbance intensities of the carbonyl index, ester
carbonyl bond, keto carbonyl bond, terminal double bond (vinyl), and the internal double
bond to that of the methylene bond were calculated using the following formulas, described
below. I refers to a particular wavenumber of interest (cm−1) for PE polymers [77,78].
Molecular indexes (I) were determined as a ratio to the control wavenumber (cm−1) 1462
for the following: Keto-Carbonyl Index (KBI) (1715); Ester Carbonyl Bond Index (ECBI)
(1740); Vinyl Bond Index (VBI) (1650); Internal Double Bond Index (IDBI) (908); and Keto-
Carbonyl Index (KBI) (1714).

4.7. Detection of PE Degradation Products

After 30 days of biodegradation of PE by the full consortium of bacteria in LCFBM, the
culture medium was collected and centrifuged for 15 min at 10,000 rpm at 4 ◦C to collect
the supernatant. The supernatants from this culture and an identical sample containing
LCFBM, PE, and no bacteria as the control were extracted with an equal volume of ethyl
acetate (Sigma Aldrich, St. Louis, MO, USA) and subsequently concentrated utilizing
a rotovap. The product was resuspended in 1 mL of ethyl acetate and filtered with a
0.22 μm filter. Products were analyzed using a 7890 A GC and a 5975 C MSD for gas
chromatography–mass spectroscopy on electron impact ionization mode (Agilent, Santa
Clara, CA, USA). The metabolites were separated on a Restek Rxi−5 Sil MS column
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(30 m × 0.25 mm × 0.25 μm, Restek, Center County, PA, USA). The oven temperature was
initially set at 40 ◦C for 3 min, then increased to 280 ◦C at 10 ◦C/min, and was maintained
at 280 ◦C for 4 min. For the detector, an electron ionization mode was set at 230 ◦C. The
temperature of the detector and the injector was set to 150 ◦C. Sample volumes of 1 μm
were taken per injection with a split ratio of 1:10. Samples were scanned at a range of
34−500 amu. Peak assignment was based on a comparison with the mass spectral database,
W8 N08.L (Hewlett-Packard, Palo Alto, CA, USA).

4.8. Gene of Interest Identification and Expression in PE Plastic Conditions

Genes associated with PE degradation were identified using the Plastic Biodegrada-
tion Database—PlasticDB [31]. Genes to investigate by RT-qPCR were selected based on
calculated sequence identity according to the NCBI Protein BLAST algorithm and Jalview
Clustal Omega Version 2 [79] multiple sequence alignment. Primers were designed utilizing
the Primer-BLAST tool and are listed in Table S3.

Cultures were harvested after the log phase was reached for PE cultures and the con-
trols, respectively. Whole cellular cultures were first spun and lysed to isolate RNA using
the RNeasy kit (Qiagen, Germantown, MD, USA) according to manufacturer instructions.
Reverse transcription of cDNA was performed according to manufacturer recommenda-
tions using the High-Capacity cDNA Reverse Transcription Kit (Thermo Fisher, Waltham,
MA, USA). Pure cDNA, along with designed primers (Thermo Fisher, Waltham, MA, USA)
with the iTaq Universal SYBR Green supermix (Bio Rad, Hercules, CA, USA), was amplified
on a CFX thermal cycler (BioRad, Hercules, CA, USA). All 16 S ribosomal genes of each
isolate were used as housekeeping genes in both individual isolate and full consortium
cDNA samples. Controls with no template DNA added (n = 3), along with a negative con-
trol of pure water, were included in each run. After assembly of PCR samples in triplicate,
the samples were run according to the manufacturer’s instructions. Mean cycle threshold
values (Ct) were estimated along with melting curve analysis to confirm PCR primer and
product specificity. Each cDNA sample was run against a standard curve of concentrations,
and the primer efficiency was determined after generation of a 5-point standard curve.
Changes in gene expression were calculated by the Pfaffl method, where GOI refers to the
Gene of Interest and HKG refers to the Housekeeping Gene.

(EGOI)
ΔCt GOI

(EHKG)
ΔCt HKG (3)

4.9. Expression and Purification of CYP102 A5

Gibson Assembly was performed (Supplementary Information S1) to generate the
pMT28 BNcyp plasmid encoding the CYP102 A5 protein sequence using primers in Table S4.
For expression of CYP102 A5, sterile LB (60 mL) containing 50 μg/mL of kanamycin was in-
oculated with E.coli Overexpress ™ C41 (DE3) containing the plasmid and grown overnight
at 37 ◦C, shaking at 200 rpm. Saturated overnight cultures were diluted 1:100 in 1 L of TB
containing 50 μg/mL kanamycin. Cultures continued shaking under the same conditions
until the OD600 was 0.4, and 0.5 mM δ aminolaevulinic acid was added immediately to
the culture. Cultures continued shaking until an OD600 of 0.8 was reached, and 0.4 mM
IPTG was added to chilled flasks. The cultures were left to grow and overexpress for 18 h
at 30 ◦C and shaking at 100 rpm. Bacterial cultures were harvested by centrifugation at
5000× g for 25 min at 4 ◦C, and cell pellets were stored at −80 ◦C after being flash frozen
in LN2.

For purification, pellets were resuspended in 10 mL lysis buffer per gram of pellet
(50 mM KCl, 100 mM potassium phosphate buffer, pH 7.4) with the following additions:
0.5 mM PMSF, 1 mM Benzamidine, 1 μg/mL Leupeptin, 0.7 μg/mL Pepstatin, 0.01 mg/mL
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DNase, 1 mM MgCl2, 0.2 mg/mL lysozyme, and 1 mM TCEP. Pellets were gently homoge-
nized and then lysed on a stir plate for 1 h at 4 ◦C. Lysed cells were sonicated for three total
rounds of 6 repeats of 20 sec on (~70% power), 20 sec off, followed by 1 min rest between
the individual rounds. The sonicated lysate was subsequently centrifuged (40,000× g,
35 min, 4 ◦C) to remove the cell debris. Ni-NTA resin equilibrated in lysis buffer containing
5 mM I midazole (Takara Bio, San Jose, CA, USA) was left to batch bind with the clarified
supernatant while rotating for 1 h at 4 ◦C. Afterwards, the resin was spun down at 900× g at
4 ◦C for 5 min and nd packed in a column under gravity. After collecting the flow through,
the Ni-NTA resin was washed with a stepwise imidazole gradient (5−40 mM imidazole)
and then CYP102 A5 was eluted with 250 mM imidazole buffer using a peristaltic pump.
Wash and elution fractions were analyzed using a Nanodrop ND−1000 Spectrophotometer
(Thermo Fisher, Waltham, MA, USA) and by separation using SDS-PAGE. Elutions were
concentrated to ~2–3 mg/mL in an Amicon Ultra 15 50 kDa cutoff concentrator (Sigma
Aldrich, Watham, MA, USA), and the resulting concentrate (~3 mL) was left to dialyze
overnight using 12,000–14,000 MWCO tubing (Spectra Labs, Rancho Dominguez, CA,
USA). Samples were concentrated further to approximately 10 mg/mL and filtered through
0.45 μm centrifugal filter, spun at 8000 rpm for 1 min at 4 ◦C. The filtered sample was
manually injected onto an AKTA Pure 150 FPLC system (Cytiva, Marlborough, MA, USA)
equipped with a size exclusion chromatographic (SEC) Superdex 200 10/300 (Cytiva, Marl-
borough, MA, USA) column. SEC fractions were resolved on an SDS-PAGE gel. Fractions
containing pure CYP102 A5 were combined and concentrated using a 50 kDa concentrator
to 3 mg/mL and flash frozen in liquid nitrogen before storing at −80 ◦C

4.10. NADPH Consumption Assays of CYP102 A5

NADPH consumption was used to determine if CYP102 A5 is active in the presence
of substrate. A baseline test for one of many native substrates of CYP102 A5, palmitic acid,
was used to establish activity (Supplementary Information S2). In brief, in a 1 mL reaction
volume, 50 mM of a 5 mM stock of palmitic acid in ethanol, 55 nM of purified CYP102
A5, and 200 nM of NADPH were added in a 1 mL total reaction volume suspended in
buffer (50 mM pH 7.4 potassium phosphate, 100 mM potassium chloride). Compounds
were added in order listed, and there was 30 s between the addition of each component.
After the 200 nM of NADPH was added to the quartz cuvette, the cuvette was immediately
added to an Agilent Cary 60 UV-Vis (Agilent, Santa Clara, CA, USA). The absorbance
at 340 nm was collected every single second for 1 min. The beam mode was set to dual
beam, and the data interval was 2.00 nm. To establish the activity of CYP102 A5 in the
presence of PE powder, 10 mg/mL of PE powder was pre-added to a quartz cuvette. The
total 1 mL reaction volume consists of 400 nM CYP102 A5, 100 nM NADPH, and the same
buffer as listed above. NADPH was homogenized in buffer before addition to the quartz
cuvette. Careful effort was focused on ensuring no plastic was stuck above the buffer line.
Subsequently, 400 nM of CYP102 A5 was spiked into the sample and left to equilibrate for
10 s before collecting UV-Vis spectra. After the 10 s had elapsed, recording was started on
an Agilent Cary 60 UV-Vis (Agilent, Santa Clara, CA, USA). The absorbance at 340 nm was
collected every second for 60 s in total. The beam mode was set to dual beam, and the data
interval was 2.00 nm.

4.11. Long-Term NADPH-Regeneration Assay and FTIR Analysis of PE Plastic After Treatment
with CYP102 A5

Briefly, 10 mg/mL of PE plastic, 10 mM glucose 6-phosphate, 1 unit/mL of glucose
6-phosphate dehydrogenase, 0.5 mM NADPH, and 400 nM of CYP102 A5 (or without
CYP102 A5 for the hydrolysis control) were left shaking for 18 hrs at 37 ◦C in buffer
(50 mM potassium phosphate, 100 mM KCl). After 18 h had elapsed, plastic was filtered
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from the buffer via gravity using Whatman #1 filter paper. PE was washed 3× with a 10:1
H2O: methanol solution and then washed 3 more times with 2% SDS. The plastic was left
to dry overnight in a 60 ◦C oven before ATR-FTIR analysis. Molecular changes in the PE
plastic sheets before and after biodegradation by the CYP102 A5 were measured using a
Thermo iS5 FTIR Spectrometer with iD7 ATR accessory (Thermo-Fischer, Waltham, MA,
USA). Samples were scanned at a resolution of 4 cm−1 between 600 cm−1 and 4000 cm−1.
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Abstract

Naringinase consists of two enzymes: α-L-rhamnosidase and β-D-glucosidase. The enzyme
was immobilized on a carrier prepared from carob gum activated with polyethyleneimine.
Cross-linking with dextran aldehyde was used to improve the stability of the immobiliza-
tion. Knowledge of the characteristics of naringinase subunits is important for developing
efficient and selective enzymatic reactions involving flavonoids. This study aimed to
characterize two subunits of naringinase—α-L-rhamnosidase and β-D-glucosidase—free,
immobilized on a magnetic polysaccharide carrier and cross-linked with dextran alde-
hyde. The characterization of free, immobilized, and stabilized naringinase, as well as
α-L-rhamnosidase and β-D-glucosidase, included the effect of pH and temperature on
enzyme activity, as well as the determination of their stability depending on the pH and
temperature of the environment, and the determination of kinetic constants. Immobiliza-
tion and subsequent stabilization of naringinase did not affect the optimal pH for the
activity of α-L-rhamnosidase and β-D-glucosidase. Immobilization caused a change in
the optimal temperature for the activity of α-L-rhamnosidase and β-D-glucosidase from
60 to 65◦. Cross-linking of immobilized naringinase with dextran aldehyde increased
the temperature stability of its subunits. Cross-linking also altered the pH stability pro-
file of β-D-glucosidase. Immobilization and stabilization of naringinase slightly reduced
the maximum reaction rate for α-L-rhamnosidase and β-D-glucosidase compared to the
free enzyme. As a result of immobilization, the enzymes’ affinity for substrates for both
subunits decreased.

Keywords: α-L-rhamnosidase; β-D-glucosidase; naringinase; immobilization; magnetic carrier

1. Introduction

Naringinase is an enzyme with dual activity: α-L-rhamnosidase (EC 3.2.1.40) and
β-D-glucosidase (EC 3.2.1.21) [1,2]. Some authors define naringinase as an enzymatic
complex with α-L-rhamnosidase and β-D-glucosidase activity [3,4]. In contrast, others
consider it a mixture of two separate enzymes, α-L-rhamnosidase and β-D-glucosidase [5,6].
The exact arrangement and number of subunits may vary depending on the microbial
source. Chen et al. [7] demonstrated that naringinase from Aspergillus aculeatus was a
tetramer consisting of one α-L-rhamnosidase subunit and three β-D-glucosidase subunits
Naringinase from A. niger is also a multimeric enzyme; it has two subunits [8]. Two β-
D-glucosidases and one α-L-rhamnosidases were purified from the naringinase from A.
terreus CECT 2663 [9]. So far, only the crystal structure of α-L-rhamnosidase has been
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elucidated. Site-directed mutagenesis studied key residues involved in enzymatic catalysis
and rhamnose recognition. Acidic residues such as Asp567, Glu572, Asp579, and Glu841
were identified as crucial for hydrolysis, and their mutation was shown to reduce enzymatic
activity significantly [3]. The detailed structure of naringinase remains unclear and requires
further investigation. Puri [1] suggested that crystallization of naringinase from different
sources will be necessary to determine their precise structures.

This enzyme plays a key role in citrus processing by hydrolyzing naringin to remove
bitterness in citrus juice [1,2,10]. It is also applied to enhance the flavor of wines, fruit juices,
and various beverages [1,2,10]. Additionally, it can increase flavonoid bioavailability and
antioxidant capacity, serve in the production of sweeteners, and improve the quality of
soy-based products [10]

Naringinase is widely used in the biotransformation of flavonoids, compounds of
significant biological and therapeutic importance. Many flavonoids occur naturally in
the form of glycosides, which significantly affects their biological properties, including
bioavailability and solubility [5].The presence of saccharide groups can lead to changes in
the bioavailability of the corresponding flavonoid aglycone, depending on the type of sugar,
e.g., glucosides are absorbed faster than other types of glycosides, such as rhamnosides
and rhamnoglucosides. Due to the difficult absorption of flavonoids, solutions aimed at
increasing their bioavailability are known, e.g., through deglycosylation [5]. Thanks to the
ability of naringinase to deglycosylate compounds containing α-rhamnose or β-glucose
at the ends of the molecule, many natural glycosides such as naringin, rutin, hesperidin,
and diosmin can be its substrates [11,12]. For example, two enzymes, α-L-rhamnosidase
and β-D-glucosidase, are necessary for the deglycosylation of naringin, the dominant
grapefruit juice flavonoid. The first, α-L-rhamnosidase, hydrolyses naringin to rhamnose
and prunin. Then, β-D-glucosidase hydrolyses prunin to glucose and naringenin [13,14].
Hesperidin, present in orange juice, can be deglycosylated by α-rhamnosidase to rhamnose
and 7-O-glucoside hesperetin (Hes-7-G), which is then hydrolyzed by β-D-glucosidase to
glucose and hesperetin [15–17]. α-L-rhamnosidase from naringinase hydrolyses rutin (3-O-
rutoside of quercetin) to rhamnose and 3-O-glucoside of quercetin (quercetin-3-O-glucoside
Q-3-G or isoquercitrin) β-D-glucosidase, in turn, hydrolyses isoquercitrin to glucose and
quercetin [11,18,19]. However, these flavonoids’ hydrolysis effectiveness depends on the
enzymes’ stability and activity in the target environment, which is most often acidic fruit
(pH 3–4).

Knowledge of the properties of individual naringinase subunits, their optimal operat-
ing conditions, and the influence of environmental conditions on their activity is crucial for
targeted flavonoid hydrolysis. This knowledge enables control of the enzymatic reaction,
e.g., through selective inactivation of one of the subunits to stop hydrolysis at the interme-
diate glycoside stage. Determination of the optimal pH and temperature conditions for
the activity of enzyme subunits is essential for increasing the efficiency of deglycosylation
processes involving naringinase. This approach allows for precise control of the flavonol
hydrolysis process.

In the context of the practical application of naringinase, particularly in the food
industry, its use in industrial conditions is also an important aspect. Using the free form
of the enzyme poses several limitations, such as the inability to reuse it or the difficulty
of separating the enzyme from the final product. In response to these challenges, enzyme
immobilization techniques are becoming increasingly important, as they allow for reuse,
improved stability, and simplification of the technological process [20,21]. Natural carriers
such as proteins, porous glass, silica gel, and polysaccharides are used for enzyme immobi-
lization. Polysaccharide-based materials, in particular, are a suitable matrix for enzyme
immobilization due to many chemically active groups, a large specific surface area, and
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significant sorption capacity [22]. The use of such natural carriers for the immobilization
of naringinase, such as carrageenan [23], chitosan [24], alginate [25–27] and corn cob pow-
der [28], has been described in the literature. In order to increase the efficiency of enzyme
binding to the matrix, carriers are often modified, e.g., by using aldehyde groups reacting
with ion polymers containing amino groups, such as polyethyleneimine, or by activating
the polymer skeleton containing amino groups with glutaraldehyde. Dextran aldehyde can
be an additional cross-linking agent [21,29]. Recently, researchers have been particularly
interested in the immobilization of enzymes on carriers with magnetic properties [30–35].
Thanks to a magnetic field, the most significant advantage of their use is the quick and easy
separation of the enzyme from the reaction medium. To date, there have been few studies
on the immobilization of naringinase on magnetic carriers [21,36–38]. The immobilization
of naringinase often leads to increased stability under changing pH and temperature condi-
tions and in solvent environments. Immobilization of naringinase can significantly affect its
stability at different pH of the environment, often broadening and sometimes shifting the
optimal range of enzyme activity [21,39,40]. According to some authors, immobilization of
naringinase often contributes to an increase in the optimal temperature of activity of this
enzyme [27,41,42]. The higher optimal temperature of naringin hydrolysis by naringinase
increases the possibility of using the stabilized enzyme on an industrial scale [43]. There
are a few reports in the literature on the effect of naringinase immobilization on the stability
and optimal conditions for the activity of its subunits. Characterizing α-L-rhamnosidase
and β-D-glucosidase, which are components of naringinase, is an important step towards
designing effective and selective enzymatic processes involving flavonoids. Combining
knowledge about the enzymatic characteristics of naringinase subunits with modern im-
mobilization methods provides a solid basis for developing efficient, economical, and
sustainable biotechnological processes.

Naringinase from Aspergillus niger KMS was adsorbed onto a carrier obtained from
carob gum activated with polyethyleneimine. In order to strengthen the bond between
the enzyme and the carrier, naringinase was additionally stabilized by cross-linking with
dextran aldehyde [21]. This study aimed to investigate the effect of immobilization of
naringinase on the optimal parameters of its subunits’ activity. Two subunits of naringinase
were characterized, α-L-rhamnosidase and β-D-glucosidase, occurring in various forms:
free, immobilized on a magnetic polysaccharide carrier, and additionally cross-linked with
dextran aldehyde. The characterization includes determining the influence of pH and
temperature on enzyme activity, their stability depending on the pH and temperature
of the environment, and the determination of reaction kinetic constants. The influence
of environmental conditions on the enzymatic activity of α-L-rhamnosidase and β-D-
glucosidase is essential for their practical application. This knowledge will enable targeted
deglycosylation of flavonoids, which will contribute to increasing their bioavailability.

2. Results and Discussion

2.1. Immobilization Yield

The immobilization efficiency of naringinase subunits on the magnetic polysaccharide
carrier was calculated based on the total activity of this enzyme used for immobilization and
the activity of the immobilized enzyme. The immobilization yield of α-L-rhamnosidase
on the magnetic polysaccharide carrier activated with PEI was 18.09% relative to the
total activity of this enzyme used for immobilization. In the case of β-D-glucosidase,
the immobilization yield on the same carrier was 31.27%. The results indicate that α-L-
rhamnosidase was immobilized with a lower yield than β-D-glucosidase.

This difference may result from conformational features of the two subunits, which
affect their interaction with the functional groups of the PEI-activated polysaccharide
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carrier. Cross-linking of the immobilized enzymes likely caused further conformational
changes, stabilizing the structure of the biocatalysts and contributing to increased activity.
More significant changes occurred in the case of β-D-glucosidase.

Kimmis et al. [38], who immobilized naringinase from A. aculeatus and A. niger on
polydopamine (PDA)-coated magnetic nanoparticles, obtained a similar immobilization
efficiency for α-L-rhamnosidase of 19.3 ± 0.8%, while for β-D-glucosidase it was only
2.2 ± 0.1% of the total activity. Chemical amination of the enzyme significantly im-
proved the immobilization efficiency, increasing the efficiency by more than 40% for α-
L-rhamnosidase and more than 10-fold for β-D-glucosidase [38]. Wang et al. [44] using
an artificial naringinase system (constructed by co-immobilization of α-L-rhamnosidase
(A. oryzae FJ0123) and β-glucosidase (Thermotoga maritima MSB8) on magnetic silica-based
chitosan microspheres) obtained a significantly higher immobilization efficiency, 61.4% for
α-L-rhamnosidase and 90.1% for β-glucosidase, respectively.

2.2. Activity of α-L-rhamnosidase and β-D-glucosidase

Table 1 shows the enzymatic activity of two subunits of naringinase α-L-rhamnosidase
and β-D-glucosidase in three different forms: free, immobilized by adsorption, and immo-
bilized and additionally cross-linked.

Table 1. Activity of α-L-rhamnosidase and β-D-glucosidase as free, immobilized, and cross-linked
subunits of naringinase.

Enzyme
Free Adsorbed Adsorbed and Crosslinked

μmol·min−1 g−1 μmol·min−1·g−1 of Carrier μmol·min−1·g−1 of Carrier

α-L-rhamnosidase 887.17 ± 33 4.82 ±0.12 5.09 ± 0.13
β-D-glucosidase 273.75 ± 13 2.57 ± 0.06 3.02 ± 0.08

The cross-linking with dextran aldehyde did not cause activity loss, as the measured
values for both subunits remained nearly identical to those obtained after simple adsorp-
tion. Additional cross-linking primarily stabilizes the immobilized enzyme preparation
without reducing its catalytic potential. The activity of α-L-rhamnosidase concerning
β-D-glucosidase in the free naringinase complex was more than three times higher.

The proportional relationship between the activities of α-L-rhamnosidase and β-D-
glucosidase was not preserved after immobilization, indicating that the functional balance
of the naringinase complex was altered. The activity of α-L-rhamnosidase decreased
relative to β-D-glucosidase. Immobilization may have induced greater conformational
changes in the active site region of α-L-rhamnosidase, resulting in a reduced subunit
activity compared to β-D-glucosidase. This observation is also supported by the differences
in the immobilization yields of the two subunits.

The higher activity of α-L-rhamnosidase compared to β-D-glucosidase may be impor-
tant in the selective production of compounds such as prunin, Hes-7-G or isoquercetrin [28].

2.3. Effect of pH on the Activity of Naringinase Subunits

Because many enzymes exhibit high activity only within a narrow pH range, it is
important to describe the effect of this factor on the enzymatic activity of α-L-rhamnosidase
and β-D-glucosidase from free, immobilized, and stabilized naringinase. The effect of pH
on the activity of free, immobilized, and stabilized naringinase subunits, α-L-rhamnosidase
and β-D-glucosidase, is presented in Figures 1 and 2. Changes in enzyme activity were
studied in the pH range 2.5–8.0 at a temperature of 50 ◦C.
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Figure 1. Effect of pH on the activity of α-L-rhamnosidase as a free, immobilized, and stabilized
subunit of naringinase from A. niger KMS.
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Figure 2. Effect of pH on the activity of β-D-glucosidase as a free, immobilized, and stabilized subunit
of naringinase from A. niger KMS.

100% activity for free, immobilized and stabilized α-L-rhamnosidase was defined as
the activity at pH 4.0 which was 887.17 ± 33 μmol·min−1·g−1, 4.82 ±0.12 μmol·min−1·g−1

and 5.09 ± 0.13 μmol·min−1·g−1, respectively. 100% activity for free, immobilized
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and stabilized β-D-glucosidase was defined as the activity at pH 4.0 which was
273.75 ± 13 μmol·min−1·g−1, 2.57± 0.06 μmol·min−1·g−1 and 3.02 ± 0.08 μmol·min−1·g−1,
respectively.

The activity of all tested forms of α-L-rhamnosidase and β-D-glucosidase was highest
at pH 4.0, which corresponded to the optimal pH for the activity of the free and immo-
bilized on magnetic polysaccharide carrier naringinase from A. niger KMS complex [21].
Immobilization followed by stabilization of naringinase did not affect the optimal pH of its
subunits, α-L-rhamnosidase and β-D-glucosidase.

Almost across the entire pH range analyzed, i.e., from 2.5 to 8.0, α-L-rhamnosidase
from stabilized naringinase exhibits higher activity than the free and immobilized form
of the biocatalyst under investigation. The activity of β-D-glucosidase from naringinase
stabilized with dextran aldehyde was highest in the pH range from 3.5 to 5. Above pH 5,
the highest activity was exhibited by β-D-glucosidase immobilized by adsorption. The
high activity of the crosslinked α-L-rhamnosidase and β-D-glucosidase at low pH indicates
the possibility of using such an immobilized enzyme in acidic medium as citrus juice.

The highest activity of both subunits at pH 4.0 is similar to the optimal pH of
enzymes derived from Aspergillus. moulds and characterized by other authors: α-L-
rhamnosidase [7,45–47] and β-D-glucosidase [7,46,48,49]. α-L-rhamnosidase from A. ter-
reus [47], A. kawachii [45], A. aculeatus JMUdb058 [7], and A. niger BCC [46] showed the
highest activity at pH 4.0. β-D-glucosidase from A. aculeatus JMUdb058 [7], A. niger
BCC [46], and Aspergillus aculeatus/Aspergillus niger [49] showed the highest activity also at
pH 4.0. Naringinase and its subunits from A. aculeatus/A. niger (NS 33117) also showed the
highest activity at pH 4.0 [20,38].

Slightly different results were obtained by other authors for α-L-rhamnosidase and
β-D-glucosidase from A. oryzae 11250, whose activity dependence on the reaction pH was
similar. However, the optimum was reached at pH 5.0 [50]. Roitner et al. [51] showed
that the activity of α-L-rhamnosidase from naringinase derived from A. niger was slightly
dependent on pH in the range from 3 to 7, and β-D-glucosidase had a clear activity
maximum at pH 5.

There is little information in the literature on the effect of immobilization on the activity
of naringinase subunits depending on the pH of the reaction medium. Covalent binding of
naringinase from A. aculeatus/A. niger (NS 33117) to butyl-glyoxyl agarose resulted in high
activity of both subunits at pH 3–6 [49]. In contrast, in the case of immobilization on octyl-
glyoxyl agarose, only α-L-rhamnosidase showed high activity [49]. The immobilization on
glyoxyl-agarose of the aminated naringinase complex from A. aculeatus/A. niger (NS 33117)
modified the pH profile of the enzyme and its subunits without changing the optimal pH
(4.0). Only slight differences in the pH profile were observed after naringinase amination,
particularly at pH above 4.0 [38].

2.4. Effect of Incubation in Buffers with Different pH on the Activity of Naringinase Subunits

The high stability of naringinase subunits at different pH is advantageous for biotech-
nological processes in the food industry. The stability of α-L-rhamnosidase and β-D-
glucosidase as subunits of free, immobilized, and stabilized naringinase was tested at
different pH ranging from 2.5 to 8.0 (Figures 3 and 4).

The free and cross-linked α-L-rhamnosidase pH stability profiles were similar
(Figure 3). 100% activity for free α-L-rhamnosidase was defined as the activity at pH 4,
which was 887.17 ± 33 μmol·min−1·g−1. 100% activity for immobilized and stabi-
lized α-L-rhamnosidase was defined as the activity at pH 4.5, which was, respectively,
6.59 ± 0.16 μmol·min−1·g−1 and 5.26 ± 0.06 μmol·min−1·g−1.
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Figure 3. Stability of α-L-rhamnosidase as a free, immobilized, and stabilized subunit of naringinase
from A. niger KMS after 15 h of incubation in buffers with different pH.
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Figure 4. Stability of β-D-glucosidase as a free, immobilized, and stabilized subunit of naringinase
from A. niger KMS after 15 h of incubation in buffers with different pH.

Both forms reached maximum stability at pH 4.5. The immobilized enzyme also
showed the highest stability at pH 4.5, but its stability profile differed. After incubation
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at pH levels lower and higher than optimal, the activity of this form of α-L-rhamnosidase
decreased by approximately 20% at pH 5 and by approximately 27% at pH 4.

The pH stability profiles are presented in Figure 4. 100% activity for free β-D-
glucosidase was defined as the activity at pH 5, which was 276.84 ± 13.15 μmol·min−1·g−1.
100% activity for immobilized β-D-glucosidase was defined as the activity at pH 5, which
was 2.77 ± 0.065 μmol·min−1·g−1. 100% activity for stabilized β-D-glucosidase was de-
fined as the activity at pH 2.5, which was 3.54 ± 0.094 μmol·min−1·g−1. For free and
immobilized β-D-glucosidase, the pH stability profiles were similar, although at pH below
4.0 and above 6.0, the immobilized form lost activity more rapidly (Figure 4). It could be
because immobilization changed the enzyme’s conformation, particularly in the active site,
making it more sensitive to hydrogen and hydroxide ions. This conformational change
was likely further enhanced by additional cross-links of the immobilized β-D-glucosidase,
which led to a decrease in the activity of this form with increasing pH of the enzyme
incubation environment.

Similar pH stability results were obtained by Chen et al. [7]. In this case, α-L-
rhamnosidase from A. aculeatus JMUdb058 was stable at pH 3.0 to 8.0. At the same time,
β-D-glucosidase was stable at pH 3.0 to 6.0. Slightly different results were obtained by
Gallego et al. [47], and α-L-rhamnosidase from A. terreus was most stable at pH 4.0–6.0.
However, Manzanares et al. [52] showed that α-L-rhamnosidase from A. aculeatus was
stable at pH 3.0–5.0. The differences in the pH stability profile are probably because the
authors used enzymes obtained from other Aspergillus species.

Low pH stability means that naringinase subunits, which were immobilized and
cross-linked with dextran aldehyde, can be used to process acidic raw materials such as
wines and citrus juices.

2.5. Effect of Temperature on the Activity of Naringinase Subunits

Thermal inactivation of enzymes is often a significant problem in biotechnological
processes. The effect of temperature on the activity of different forms of α-L-rhamnosidase
is shown in Figure 5. 100% activity for free α-L-rhamnosidase was defined as the activity
at 60 ◦C, which was 124.61 ± 6.35 μmol·min−1·g−1. 100% activity for immobilized and
stabilized α-L-rhamnosidase was defined as the activity at 65 ◦C, which was, respectively,
6.41 ± 0.16 μmol·min−1·g−1 and 6.71 ± 0.08 μmol·min−1·g−1. For β-D-glucosidase, such
relationships are shown in Figure 6. 100% activity for free β-D-glucosidase was defined
as the activity at 60 ◦C, which was 608.88 ± 28.91 μmol·min−1·g−1. 100% activity for
immobilized and stabilized α-L-rhamnosidase was defined as the activity at 65 ◦C, which
was 3.04 ± 0.07 μmol·min−1·g−1 and 4.30 ± 0.11 μmol·min−1·g−1 respectively. In many
cases, immobilization reduces the temperature sensitivity of biocatalysts. The method of
immobilization and cross-linking of α-L-rhamnosidase and β-D-glucosidase with dextran
aldehyde increased the temperature at which these enzymes achieve their highest activity
by 5 ◦C compared to their free forms (Figures 5 and 6). Furthermore, the activity of
both immobilized enzyme forms also increased in the temperature range of 30–45 ◦C.
Changes in their conformation likely caused the modification of the activity profiles of
α-L-rhamnosidase and β-D-glucosidase due to immobilization and cross-linking. This
change in the optimal temperature of the enzymes increases their potential for use in
biotechnological processes. The differences in activity at optimal temperatures of free and
immobilized subunits were statistically significant.
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Figure 5. Effect of temperature on the activity of α-L-rhamnosidase as a subunit of free, immobilized,
and stabilized naringinase from A. niger KMS.
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Figure 6. Effect of temperature on the activity of β-D-glucosidase as a subunit of free, immobilized,
and stabilized naringinase from A. niger KMS.

A similar optimal temperature (60 ◦C) in terms of activity was shown by α-L-
rhamnosidase and β-D-glucosidase from A. aculeatus/A. niger (NS 3311) [38]. The optimal
temperature remained unchanged after immobilizing the enzymes on polydopamine-
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coated magnetic iron oxide nanoparticles. In turn, the free naringinase complex from A.
niger BCC 25166 and its subunits also showed maximum activity at 60 ◦C [46].

For α-L-rhamnosidase and β-D-glucosidase from other Aspergillus species, researchers
determined different temperatures at which these enzymes achieved their highest activity.
Naringinase subunits from A. oryzae 11250 were most active at 45 ◦C [50]. In turn, α-L-
rhamnosidase and β-D-glucosidase from A. aculeatus JMUdb058 showed maximum activity
at 50 ◦C [7] and from A. terreus also at 50 ◦C [53]. The optimal temperature for naringinase
subunits from A. aculeatus/A. niger (NS 33117) varied depending on the substrate used,
being 45 ◦C for p-nitrophenyl-β-D-glucoside (pNPG) and 60 ◦C for p-nitrophenyl-α-L-
rhamnopyranoside (pNPR) [20]

Other authors also observed changes in the temperature at which naringinase sub-
units achieved maximum activity following immobilization. Muñoz et al. [49] found that
immobilization on heterofunctional supports with glyoxyl groups increased the optimal
temperature for α-L-rhamnosidase from A. aculeatus/A. niger (NS 33117) activity, whereas
no changes were observed for β-D-glucosidase. A similar effect was observed by Urru-
tia et al. [20] for aminated naringinase from A. aculeatus/A. niger (NS 33117) bound to a
glyoxyl-agarose support, where the optimal temperature for α-L-rhamnosidase shifted
from 40 to 60 ◦C.

2.6. Thermal Stability of Naringinase Subunits

As a protein, naringinase is sensitive to temperature; hence, improving its thermal
stability by immobilizing the enzyme is desirable. The thermal stability of naringinase
subunits, i.e., α-L-rhamnosidase and β-D-glucosidase, was determined by incubating
naringinase in acetate buffer (pH 4.0) at temperatures ranging from 30 to 80 ◦C, followed by
the determination of the activity of both enzymes. Figures 7 and 8 show the changes
in the activity of both enzymes as a function of their incubation temperature. 100%
activity for free, immobilized and stabilized α-L-rhamnosidase was defined as the ac-
tivity at 30 ◦C, which was 130.77 ± 36 μmol·min−1·g−1, 6.24 ± 0.16 μmol·min−1·g−1

and 5.90 ± 0.07 μmol·min−1·g−1, respectively. For β-D-glucosidase, 100% activity
for free, immobilized, and stabilized β-D-glucosidase was defined as the activity at
30 ◦C, which was 417.03 ± 19.80 μmol·min−1·mg−1 3.27 ± 0.076 μmol·min−1·g−1 and
3.29 ± 0.087 μmol·min−1·g−1, respectively.

α-L-rhamnosidase was the most stable among the tested enzyme forms, a subunit
of immobilized and dextran aldehyde-stabilized naringinase. It is worth noting that the
rate of decrease in its activity increased only after exceeding a temperature of 60 ◦C. α-
L-rhamnosidase from naringinase bound with dextran aldehyde was therefore thermally
stable at temperatures between 30 and 60 ◦C.

In the 20–50 ◦C temperature range, no significant changes in thermal stability were
observed between the different forms of this enzyme. Dextran aldehyde cross-linking of
immobilized β-D-glucosidase increased thermal stability above an incubation temperature
of 50 ◦C compared to the other forms of this enzyme. Cross-linking of immobilized α-L-
rhamnosidase and β-D-glucosidase increased the thermal stability of both subunits, likely
due to stabilization of the altered spatial structure of the enzymes.

The differences in the stability of free and immobilized α-L-rhamnosidase base at
30 ◦C were not statistically significant. For β-D-glucosidase, the differences were not
statistically significant at 30–40 ◦C. In the case of free and immobilized α-L-rhamnosidase,
the differences in thermal stability at temperatures above 70 ◦C were not statistically
significant. For β-D-glucosidase, they were not statistically significant above 65 ◦C.
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Figure 7. Thermal stability of α-L-rhamnosidase as a free, immobilized, and stabilized subunit of
naringinase from A. niger KMS.
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Figure 8. Thermal stability of β-D-glucosidase as a free, immobilized, and stabilized subunit of
naringinase from A. niger KMS.

The high activity of both subunits, in free and immobilized form, at low temperatures
makes the process particularly suitable for the hydrolysis of flavonoids in juices or wine,
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as it helps preserve thermolabile components (such as vitamin C and β-carotene) and
maintain the desirable sensory qualities of the final product.

The stability of both naringinase subunits determines the thermal stability of the
entire enzyme complex. The naringinase complex from A. aculeatus JMUdb058 and its sub-
units, α-L-rhamnosidase and β-D-glucosidase, also exhibited similar temperature stability
ranges below 50 ◦C [7]. Kimmins et al. [38] also observed an increase in the stability of
the naringinase complex from A. aculeatus/A. niger (NS 33117) on polydopamine-coated
magnetic iron oxide nanoparticles at 50 ◦C. After 120 min of incubation, the immobilized α-
L-rhamnosidase retained more than 50% of its initial activity, whereas the free form showed
only about 30%. In the case of β-D-glucosidase, immobilization allowed maintaining about
20% of the initial activity, while the free enzyme completely lost its activity.

2.7. Determination of the Kinetic Parameters of Naringinase Subunits

Immobilization often changes the properties of the immobilized enzyme, particularly
parameters such as the Michaelis-Menten constant (KM) and the maximum enzyme reaction
rate (Vmax).

The kinetic parameters of naringinase subunits, i.e., α-L-rhamnosidase and β-D-
glucosidase, were determined from the dependence of the initial reaction rate on the
substrate concentration. The Lineweaver-Burk method determined the KM and Vmax

(Figures 9 and 10). The values of the kinetic parameters of α-L-rhamnosidase and β-D-
glucosidase of free, immobilized, and dextran aldehyde-bound naringinase are presented
in Tables 2 and 3.
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Figure 9. Lineweaver–Burk plots of α-L-rhamnosidase as a free, immobilized, and stabilized subunit
of naringinase from A. niger KMS.
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Figure 10. Lineweaver–Burk plots of β-D-glucosidase as a free, immobilized, and stabilized subunit
of naringinase from A. niger KMS.

Table 2. The values of the kinetic parameters of α-L-rhamnosidase as a free, immobilized, and
stabilized subunit of naringinase from A. niger KMS.

Type of Enzyme Vmax [mM·min−1] KM [mM]

Free α-L-rhamnosidase 0.1176 ± 0.0016 (a) 2.0803 ± 0.0355 (c)

Adsorbed α-L-rhamnosidase 0.1019 ± 0.0044 (b) 2.3698 ± 0.1288 (d)

Adsorbed α-L-rhamnosidase
crosslinked with dextran aldehyde 0.1021 ± 0.0053 (b) 2.3678 ± 0.1359 (d)

Different letters indicate statistically significant differences at the p < 0.05 level.

Table 3. The values of the kinetic parameters of β-D-glucosidase as a free, immobilized, and stabilized
subunit of naringinase from A. niger KMS.

Type of Enzyme Vmax [mM·min−1] KM [mM]

Free β-D-glucosidase 0.1240 ± 0.0032 (a) 2.7213 ± 0.0780 (c)

Adsorbed β-D-glucosidase 0.1188 ± 0.0026 (b) 2.9280 ± 0.0780 (d)

Adsorbed β-D-glucosidase
crosslinked with dextran aldehyde 0.1195 ± 0.0019 (b) 2.9277 ± 0.0565 (d)

Different letters indicate statistically significant differences at the p < 0.05 level.

The KM of α-L-rhamnosidase from free naringinase was slightly lower than that of
β-D-glucosidase. It means that α-L-rhamnosidase has a higher affinity for pNPR than β-D-
glucosidase has for pNPG. Other authors obtained similar results for naringinase subunits,
where the KM of β-D-glucosidase was higher than that of α-L-rhamnosidase. Ni et al. [6]
found that the α-L-rhamnosidase from A. niger DB056 has a lower Vmax (1.51 μM·mL−1)
than the β-D-glucosidase (9.63 μM·mL−1), implying the hydrolysis of naringin to prunin
was the velocity-limiting step of the naringin degradation.
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The KM of α-L-rhamnosidase from A. oryzae 11250 toward pNPR was estimated to
be 0.63 mM, which is lower than that of β-D-glucosidase for pNPR (2.8 mM) [50]. The
KM of α-L-rhamnosidase from A. sojae toward pNPR was estimated to be 1.79 mM, which
is lower than that of β-D-glucosidase for pNPR (239 mM) [54]. α-L-Rhamnosidase from
A. niger DB056 had a KM of 0.28 mM, whereas β-D-glucosidase had a KM of 0.39 mM [6].
α-L- Rhamnosidase from A. terreus had a KM of 0.52 mM, while for β-D-glucosidase, the
KM was 1.89 mM [53]. The differences may have resulted from species differences and the
culture conditions of the microorganisms used to obtain naringinase.

The results presented in Table 2 showed that the immobilization of naringinase in-
creased the Michaelis-Menten constant of α-L-rhamnosidase compared to the free enzyme.
Further stabilization of the binding of naringinase with dextran aldehyde did not sig-
nificantly affect the Michaelis-Menten constant, suggesting that the affinity toward the
substrate was reduced when the enzyme was immobilized. A lower maximum reaction
rate was accompanied an increase in the apparent Michaelis constant (decreased enzyme
affinity for the substrate). This is likely related to conformational changes in the naringi-
nase subunits, the hydrodynamic conditions of the environment, and the electrochemical
conditions of both the carrier and the substrate.

As a result of immobilization of the tested biocatalyst, the maximum reaction rate of α-
L-rhamnosidase decreased slightly. The binding of immobilized naringinase with dextran
aldehyde did not significantly affect the maximum reaction rate of α-L-rhamnosidase
compared to the enzyme immobilized by adsorption.

The Michaelis-Menten constant of immobilized β-D-glucosidase was slightly higher
than that of the free enzyme. Stabilizing immobilized naringinase with dextran aldehyde
did not significantly affect the KM compared to the enzyme immobilized by adsorption, sug-
gesting that the affinity toward the substrate was reduced when the enzyme was immobilized.

Immobilization of naringinase on a magnetic carrier resulted in a significant reduction
in the maximum reaction rate of β-D-glucosidase compared to the free enzyme. Further
binding of naringin with dextran aldehyde resulted in a slight decrease in the maximum
reaction rate.

As a result of the immobilization and stabilization of naringinase, α-L-rhamnosidase
showed a lower Vmax than β-D-glucosidase, suggesting that α-L-rhamnosidase is the main
factor inhibiting the rate of naringin hydrolysis by naringinase.

As a result of immobilization, the Vmax of both subunits decreased, indicating a
lower catalytic efficiency of the immobilized enzyme. This may be caused by the limited
accessibility of the enzyme to pNPR/pNPG and the diffusion of p-nitrophenol [30]. As a
result of immobilization, the KM of both subunits increased, thus decreasing the affinity of
the enzymes for substrates. Nevertheless, higher KM and lower Vmax after immobilization
are typical for immobilized biocatalysts [55]. Usually, this is due to diffusion limitations in
the microenvironment and steric constraints that reduce substrate accessibility and enzyme
flexibility [56].

There are no reports in the literature on the effect of naringinase immobilization on
the kinetic parameters of its subunits. Only the effect of immobilization on individual
enzymes, α-L-rhamnosidase and β-D-glucosidase, was studied. Similar results to ours were
obtained in the study by Spagna et al. [56], where the KM of α-L-rhamnosidase from A. niger
immobilized on chitosan activated with glutaraldehyde doubled, and the Vmax decreased
twofold compared with the free enzyme. β-D-glucosidase from A. niger immobilized in
alginate showed an apparent KM higher and Vmax lower than the free enzyme [57].

Slightly different results were obtained by immobilizing α-L-rhamnosidase from A.
niger on a magnetic metal–organic framework. Compared with the free enzyme, immobi-
lized α-L-rhamnosidase showed a relatively minor Vmax and a lower KM [30]. The authors
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explained this change in KM because the active site was more accessible to the enzyme
due to a conformational change after immobilization on a carrier with a high specific
surface area.

In the literature, a different relationship was reported for naringinase subunits from
A. niger DB056 [6], A. terreus [53], and A. oryzae 11250 [50]. The differences may have
resulted from species differences and the culture conditions of the microorganisms used to
obtain naringinase.

3. Materials and Methods

3.1. Materials

Naringinase from A. niger KMS, cultured under submerged conditions, was isolated
by concentrating the post-culture fluid through ultrafiltration, followed by protein precipi-
tation using acetone, yielding a solid preparation with an activity of 816 μmol·min−1·g−1.
p-nitrophenyl-α-L-rhamnopyranoside (pNPR) and p-nitrophenyl-β-D-glucoside (pNPG)
were purchased from Sigma-Aldrich (St. Louis, MO, USA). Polysaccharides and activa-
tors were used for enzyme immobilization: carob gum obtained from Ceratonia siliqua
(Sigma-Aldrich, St. Louis, MO, USA) and a 50% aqueous solution of polyethyleneimine
(Sigma-Aldrich, St. Louis, MO, USA).

3.2. Analytical Methods
3.2.1. Determination of α-L-rhamnosidase and β-D-glucosidase Activity from
Free Naringinase

The method described by Spagna et al. assessed the activity of α-L-rhamnosidase
and β-D-glucosidase [56,58]. The method was based on spectrophotometric determi-
nation of the concentration of p-nitrophenol obtained in the decomposition reaction of
p-nitrophenyl-α-rhamnopyranoside or p-nitrophenyl-α-glucopyranoside in reaction with
α-L-rhamnosidase and β-D-glucosidase, respectively. The absorbance of the solutions was
measured at a wavelength of λ = 410 nm. The absorbance was then converted to the con-
centration of p-nitrophenol using a regression equation characterizing the standard curve,
prepared based on measurements of the absorbance of aqueous solutions of p-nitrophenol
in the concentration range 0.01–0.20 mM. In the case of determining the activity of free
naringinase subunits, 0.4 cm3 2 mM solution of pNPR or pNPG was dissolved in 0.1 M
acetate buffer (pH 4.0), and 0.01 cm3 of naringinase solution was added to 0.09 cm3 of
water. The reaction was carried out for 5 or 10 min, after which 1 cm3 1 M Na2CO3 was
added to stop the reaction.

The α-L-rhamnosidase and β-D-glucosidase activity is expressed in μmol of pNPR or
pNPG hydrolyzed for 1 min by 1 g of the enzyme preparation.

3.2.2. Determination of α-L-rhamnosidase and β-D-glucosidase Activity from Immobilized
and Stabilized Naringinase

To determine the activity of α-L-rhamnosidase and β-D-glucosidase of naringinase
bound to a carrier, 0.09 cm3 of water and 0.4 cm3 of 2 mM solution of pNPR or pNPG
dissolved in 0.1 M acetate buffer (pH 4.0) were added to 37.5 mg of carrier with immobilized
enzyme. The reaction was carried out for 5 or 10 min, after which 1 cm3 1 M Na2CO3 was
added to stop the reaction.

The α-L-rhamnosidase and β-D-glucosidase activity is expressed in μmol of pNPR or
pNPG hydrolyzed for 1 min by 1 g of the immobilized preparation.

3.3. Immobilization of Naringinase

Naringinase from A. niger KMS was adsorbed onto a magnetic carrier obtained from
carob gum activated with polyethyleneimine, as described in our previous work. In order
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to strengthen the bond between the enzyme and the carrier, naringinase was additionally
stabilized by cross-linking with dextran aldehyde [21].

Immobilization of naringinase from A. niger KMS: 7.5 cm3 of enzyme solution
(50 mg·10 mL−1 0.1 M phosphate buffer, pH 7.0) was added to 150 mg of carrier. The
mixture was incubated at 27 ◦C for 4 h, shaking at a frequency of 150 rpm.

Cross-linking bound naringinase with dextran aldehyde: After completion of the
immobilization stage, 10 cm3 of 20% dextran aldehyde solution was added to the mixture.
Incubation was continued for another 20 h under the same conditions.

After the enzyme stabilization stage using dextran aldehyde, the enzyme-carrier
complex was separated from the solution using a neodymium magnet and then rinsed
several times with phosphate buffer (0.01 M, pH 7) and distilled water.

Immobilization Yield

The activity immobilization yield (Ya) was calculated from the following equation:

Ya =
Xa
Xa0

× 100%, (1)

where

Xa—the difference between the total activity of the enzyme used for immobilization and
the activity of the immobilized enzyme;
Xa0—the total activity of the enzyme used for immobilization.
100% yield was defined as the total activity of naringinase (Xa0) immobilized.

3.4. Characteristics of Free, Immobilized and Stabilized Biocatalyst
3.4.1. Effect of pH on the Activity of α-L-rhamnosidase and β-D-glucosidase

The effect of the active acidity of the reaction environment on the activity of α-L-
rhamnosidase and β-D-glucosidase from free, immobilized, and stabilized naringinase was
determined by analyzing the activity of the enzymes at different pH of the mixture. Briefly,
0.1 M McIlvaine buffer (pH 2.5–8.0) was used. The activity of the biocatalysts was tested
at 50 ◦C. The activity of α-L-rhamnosidase and β-D-glucosidase was determined using
the methods described in Sections 3.2.1 and 3.2.2. The activity of α-L-rhamnosidase and
β-D-glucosidase was determined.

3.4.2. Effect of Incubation in Buffers with Different pH on the Activity of
α-L-rhamnosidase, and β-D-glucosidase

The stability of free, immobilized, and crosslinked naringinase subunits depending
on the pH of the environment was tested by incubating the enzymes for 15 h in buffers
with different pH. Briefly, 0.1 M McIlvaine buffer (pH 2.5–8.0) was used. The activity of
the biocatalysts was tested at 50 ◦C in a buffer with an optimal pH of 4.0. The activity of
α-L-rhamnosidase and β-D-glucosidase was determined using the methods described in
Sections 3.2.1 and 3.2.2.

3.4.3. Effect of Temperature on the Activity of α-L-rhamnosidase and β-D-glucosidase

The effect of temperature on changes in the enzymatic activity of α-L-rhamnosidase
and β-D-glucosidase of free and immobilized naringinase was studied at temperatures
ranging from 30 to 80 ◦C. The activity of the studied biocatalysts was determined in a 0.1 M
acetate buffer with a pH of 4.0. The activity of α-L-rhamnosidase and β-D-glucosidase was
determined using the methods described in Sections 3.2.1 and 3.2.2.
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3.4.4. Thermal Stability of α-L-rhamnosidase and β-D-glucosidase

The thermal stability of α-L-rhamnosidase and β-D-glucosidase from free, immobi-
lized, and stabilized naringinase was tested by incubating all enzyme forms at a specified
temperature for 60 min. The incubation was carried out at temperatures ranging from
30 to 80 ◦C. After 60 min, the enzymes were cooled in an ice bath. After that, the remaining
activity of the tested enzymes was determined at 50 ◦C in 0.1 M buffer with a pH of 4.0.
The activity of α-L-rhamnosidase and β-D-glucosidase was determined using the methods
described in Sections 3.2.1 and 3.2.2.

3.4.5. Determination of Kinetic Parameters

The kinetic parameters of naringinase subunits were studied in the decomposition re-
action of p-nitrophenyl-α-rhamnopyranoside (pNPR) or p-nitrophenyl-β-glucopyranoside
(pNPG) by α-L-rhamnosidase and β-D-glucosidase, respectively. The assay mixture
(1.5 mL) was prepared with either 0.05 mg of free naringinase or 9 mg of immobilized
enzyme. The reaction rate was determined at 50 ◦C in a 0.1 M buffer with a pH of 4.0 using
substrate concentrations (pNPR or pNPG) in the reaction mixture equal to 0.4 mM, 0.5 mM,
0.8 mM, 1 mM, 1.5 mM. For each substrate concentration, four samples were prepared.
In the first test, the product concentration was determined after 1 min of reaction; in the
second test, after 2 min; in the third test, after 3 min; and finally, after 5 min. The initial
reaction rate for each substrate concentration was calculated from the derivative of the
product formation rate at the start of the reaction.

The maximum reaction rate (Vmax) and Michaelis constant (KM) were calculated
using the Lineweaver–Burk method based on the dependence of the reaction rate on the
substrate concentration:

1
ν
=

KM
νmax

∗ 1
Cs

+
1

νmax
(2)

where

ν—enzyme reaction rate [mM·min−1];
νmax—maximum reaction rate [mM·min−1];
KM—Michaelis constant [mM];
Cs—substrate concentration [mM].

3.5. Statistical Analysis

All determinations were performed in triplicate. All values are expressed as
mean ± standard deviation of the three replicate experiments. STATISTICA v13.3 was used
to evaluate the data.

4. Conclusions

The naringinase complex was adsorbed onto a magnetic polysaccharide carrier ob-
tained from carob gum activated with polyethyleneimine. In order to strengthen the
bond between the enzyme and the carrier, the complex was additionally stabilized by
cross-linking with dextran aldehyde. This immobilization procedure was developed for
naringinase and described in detail in an earlier article [21]. This approach increased the pH
stability of α-L-rhamnosidase in the wide pH range of 3.0–7.0 and β-D-glucosidase at a pH
below 3.0. It expands the possibilities of using the tested enzymes in an acidic environment
typical of citrus juices, e.g., in the hydrolysis of naringin in grapefruit juice or hesperidin in
orange juice. Immobilization and additional and subsequent stabilization of naringinase
increased the activity of both subunits at low temperatures below 40 ◦C. At these tempera-
tures and with short exposure times, the stability of thermolabile components of citrus fruit
juices is higher, which does not cause any noticeable changes in the sensory and nutritional
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quality of the products. The stability of α-L-rhamnosidase and β-D-glucosidase increased
at temperatures above 50 ◦C, broadening the potential application of these enzymes in the
pharmaceutical industry, e.g., in producing valuable prunin.

The enzymatic characteristics of naringinase subunits, i.e., α-L-rhamnosidase and
β-D-glucosidase, allow their range of activity, optimal pH, and temperature to be deter-
mined, which is essential for their practical use. Thanks to the targeted deglycosylation
of flavonoids, including hesperidin, naringenin, and rutin, their bioavailability can be in-
creased. For this purpose, it is necessary to preserve the activity of only α-L-rhamnosidase
from the complex naringinase enzyme and to inhibit the second enzyme, β-D-glucosidase,
using specific inhibitors or reaction conditions that ensure the selective activity of the enzy-
matic subunits of naringinase. An analysis of the literature clearly shows that knowledge
in this area is limited and needs to be supplemented.
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Abstract

R-loops are three-stranded nucleic acid structures implicated in genome regulation and
stability. In Arabidopsis thaliana, the chloroplast-localized RNase H1 enzyme (AtRNH1C)
is important for chloroplast development and genome integrity; however, its molecular
activity has not been experimentally verified. In the present study, we characterized the
enzymatic activity of recombinant AtRNH1C toward model R-loops of various structures.
Using a set of synthetic R-loop substrates, we demonstrate that AtRNH1C cleaves the
RNA within DNA/RNA hybrids with a strong preference for purine-rich sequences, most
notably at G↓X dinucleotides. Kinetic assays showed that the enzyme’s efficiency is highly
dependent on the length of the hybrid duplex but is not affected by a G-quadruplex
structure in the single-stranded DNA flap of the R-loop. The most rapid degradation was
observed for an R-loop with an 11 nt DNA/RNA hybrid region. This study provides a
comparative analysis of chloroplast-localized RNase H1 activity and elucidates its substrate
preferences, suggesting that an R-loop with a heteroduplex length closest to the native size
found in transcription elongation complexes is the most efficient substrate. These findings
suggest that the enzymatic activity of AtRNH1C is sufficient to perform its function in
maintaining chloroplast genome stability by the degradation of R-loops in DNA.

Keywords: enzyme kinetics; RNase H1; R-loop resolution; Arabidopsis thaliana; chloroplast;
organelle genome stability

1. Introduction

R-loops are three-stranded nucleic acid structures formed by a DNA/RNA hybrid
and a displaced single-stranded DNA. Research using the single-stranded DNA ligation-
based library preparation method has revealed that R-loops are abundant in the Arabidopsis
genome, particularly in gene promoters, gene bodies, and regions with GC/AT skews.
These structures are also frequently found in repetitive regions, transposable elements,
and noncoding RNAs, indicating their involvement in chromatin dynamics, gene expres-
sion, and plant-specific silencing pathways like RNA-directed DNA methylation [1,2]. In
recent years, R-loops associated with transcription have been identified as a significant
contributor to genome instability [3–7]. However, studies have shown that R-loops form
independently of replication and that those formed in one cell cycle stage can persist into
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subsequent stages and be transmitted to the next generation [3,8,9]. Thus, R-loops are
present throughout the cell cycle and influence a wide range of physiological and patholog-
ical processes [3,10,11]. The beneficial functions of R-loops encompass immunoglobulin
class switch recombination, the regulation of gene expression, DNA replication, DNA
repair, and the control of transcription initiation and termination [12,13]. Nevertheless,
the aberrant accumulation of R-loops in the genome, whether in timing or location, ex-
erts detrimental effects. These include transcriptional defects, transcription–replication
conflicts, cell cycle arrest, and genomic instability [10,14–16]. This occurs because R-loops
can block replication fork progression by provoking transcription–replication conflicts or
by recruiting specific endonucleases that cause DNA cleavage. Consequently, cells have
evolved multiple mechanisms to maintain R-loop homeostasis, which involve preventing
R-loop formation, resolving existing R-loops, or repairing the resulting DNA damage such
as fork blocks or DNA breaks [17–20].

Maintenance of R-loop homeostasis depends on a delicate balance between their
formation and resolution. The proper regulation of R-loops necessitates a multitude of
factors, given their genomic prevalence and broad functional influence. Essential to this
control is a dedicated network of enzymes that modulates R-loop levels [18–22]. Helicases,
enzymes that unwind nucleic acids, can prevent the formation of secondary structures [23].
Interactome analysis of RNA/DNA hybrids has revealed that many helicases, in addi-
tion to other proteins—including topoisomerases, RNA processing factors, and chromatin
proteins—function as potential R-loop regulators [24–27]. Rho-n domain-containing pro-
tein 1 (RHON1) is the only identified RNA/DNA helicase in plants known to resolve
R-loops caused by head-on transcription–replication conflicts in the Arabidopsis chloroplast
genome [2,28]. By relaxing supercoiled DNA to relieve topological stress, DNA topoiso-
merases play a key role in replication and transcription. The absence of Topoisomerase I
(TOP1) in human cells results in context-dependent alterations to R-loop levels, character-
ized by an increase at long, highly transcribed genes and a decrease at early replication
origin-associated loci [29]. A conserved role is observed in rice, where TOP1 is indispens-
able for preventing R-loop accumulation on auxin-related genes to ensure proper root
development [2]. Chromatin condensation, which influences transcription and replication
states, is also associated with genome-wide R-loop formation [30]. This condensation
is modulated by various histone modifications and the deposition of histone variants,
processes carried out by chromatin remodelers [31]. Although chromatin remodelers are
strongly associated with R-loop formation in vivo and recent studies have connected them
to R-loops [30], direct evidence of their role in R-loop modulation or their mechanistic
contribution to R-loop regulation remains scarce. Few plant chromatin remodelers have
been directly connected with different stress responses [32,33].

The RNase H enzyme family, which includes RNase H1 and RNase H2, is evolu-
tionarily conserved and specializes in degrading the RNA component of DNA/RNA
hybrids [34], making these enzymes key players in R-loop resolution [35,36]. In A. thaliana,
three genes encode RNase H1-like proteins: RNH1A (nuclear), RNH1B (mitochondrial),
and RNH1C (chloroplast) [2,37]. The mitochondrial RNase H1, AtRNH1B, plays a critical
role in maintaining R-loop homeostasis to preserve mitochondrial genome integrity and
support early embryogenesis [2]. Specifically, AtRNH1B prevents genome instability by
suppressing ectopic homologous recombination at intermediate-sized repeats in mitochon-
drial DNA. When AtRNH1B is absent, the chloroplast-localized RNase H1, AtRNH1C,
relocates to mitochondria, compensating for the loss and ensuring genome stability. In
chloroplasts, which possess their own genome [38], nucleoids are associated with thylakoid
membranes [39]—a location that makes them vulnerable to environmental fluctuations,
including DNA-damaging agents produced during photosynthesis [40,41]. Studies indicate
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that AtRNH1C is essential for regulating R-loop levels to maintain chloroplast genome
stability, a process that requires collaboration with DNA gyrases [2]. Double mutants
lacking both AtRNH1B and AtRNH1C demonstrated embryonic lethality due to R-loop
accumulation, impaired mitochondrial DNA replication, and mitochondrial dysfunction,
highlighting a facultative dual targeting mechanism between organelles [2].

RNase H1s are ubiquitous enzymes found in nearly all living organisms. Their catalytic
domain, spanning approximately 150 amino acids (aa), is evolutionarily conserved [42]. In
eukaryotes, RNase H1 contains an N-terminal mitochondrial targeting sequence (MTS) [43]
and an additional ∼50 aa region known as the hybrid binding domain (HBD) [44]. The
HBD is linked to the C-terminal catalytic domain by a flexible linker, which is essential
for RNase H1 activity [45]. This structural arrangement confers significant flexibility,
enabling the N- and C-terminal domains to reposition relative to one another. Figure 1
displays the AlphaFold-predicted structure of AtRNH1C. When superimposed with human
RNase H1 (highlighted in red circles in Figure 1, the RNH1 domains show high structural
similarity, while the HBD domains exhibit only partial convergence. The HBD is critical
for the processive cleavage pattern unique to eukaryotic RNase H1. In yeast, mouse,
and human enzymes, deletion of the HBD abolishes processivity, resulting in distributive
cleavage of long DNA/RNA substrates—similar to the behavior of E. coli RNase H1, which
naturally lacks an HBD [46]. A proposed model suggests that processive RNA cleavage
involves multiple hydrolysis events triggered by a single HBD-mediated binding event.
This mechanism generates short RNA fragments that readily dissociate from the DNA
template [47]. Such processive cleavage is essential for efficiently degrading long substrates.

Figure 1. AlphaFold-predicted structure of AtRNH1C (AF–F4I7R5–F1–model_v4) and its domain
composition. Red circles include the superposition of AtRNH1C and HBD domains with those of
human RNase H1 (human RNH1—PDB ID 2KQ9; human HBD—PDB ID 3BSU). CTS, chloroplast
targeting sequence (green on domain composition panel); HBD, hybrid binding domain (blue on
domain composition panel); RNH1, RNase H1 domain (red on domain composition panel). The
predicted structure represents the mature protein after the CTS has been cleaved.

While RNase H1′s role in R-loop resolution and genome stability is well-documented
in eukaryotic nuclei, the molecular functions of organelle-localized RNase H1 remain poorly
understood. In A. thaliana, nuclear AtRNH1A and mitochondrial AtRNH1B are dispensable
for development under standard laboratory conditions [37], whereas AtRNH1C is essential
for chloroplast development [48]. However, its enzymatic activity has yet to be verified
experimentally. This work directly addresses this gap by moving beyond genetic evidence
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to provide the first direct in vitro biochemical analysis of AtRNH1C. We characterize the
enzymatic activity of recombinant AtRNH1C toward model R-loops in vitro. It was shown
that AtRNH1C exhibits a strong preference for short R-loop structures (11 bp), which
mirrors the natural length of hybrids found in transcription elongation complexes. The
kinetic and mechanistic analysis reveals that AtRNH1C operates via a two-step mechanism
common to bacterial RNase H1, where the rate-limiting step is the formation of the catalytic
complex. The calculated rate constant is remarkably similar to that of E. coli RNase H1,
underscoring a deeply conserved evolutionary strategy for R-loop resolution across billions
of years of evolution.

2. Results

2.1. Design of R-Loops

In transcription elongation complexes, a specialized wedge-like structure in RNA
polymerase limits the DNA/RNA hybrid to approximately 10–11 base pairs (bp) [49].
Therefore, the R-loop structure with 11 bp heteroduplex length (R-loop11) was used as
a “natural” model (Figure 2). To systematically evaluate the influence of hybrid length,
extended variants—R-loop16, R-loop21, and R-loop31—were also utilized. All oligonu-
cleotide sequences were deliberately designed to ensure stable R-loop formation and to
avoid intramolecular hairpins. Furthermore, the R-loop31Q variant was incorporated,
featuring a G-quadruplex (G4) motif in the displaced non-template DNA strand, to probe
the effects of DNA secondary structure on AtRNH1C function. This is relevant as G-rich se-
quences can form stable G4 structures that contribute to R-loop stability and are implicated
in regulating genes for stress response and DNA damage [50–52]. The R-loops’ assembly
was confirmed using EMSA as previously described [53].

Figure 2. Oligonucleotide sequences and model R-loop structures. DNA strands colored
black, RNA-primer colored red. Bold sequence denotes the DNA/RNA heteroduplex region.
6-carboxyfluorescein (FAM, green circles) was attached to the 5′ end of the RNA-primer.
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2.2. Sequence Preferences of Purified AtRNH1C

Site and sequence preferences for cleavage by AtRNH1C were identified using R-loops
(Figure 2) with different lengths and nucleotide sequences of the hybrid region. The RNases
A and U2 were used as control enzymes. The RNA cleavage occurred at the hybrid regions
at Pu↓X sites with preferred cleavage at a G↓X dinucleotide (Figure 3).

Figure 3. Analysis of AtRNH1C cleavage of DNA/RNA heteroduplexes. RNases A and U2 were
used as control enzymes. The digestion of RNA (for RNase A and U2) or DNA/RNA heteroduplexes
(for AtRNH1C) was performed as described in Section 4. For each substrate, the RNA sequences are
shown. RNA chains are colored in red, DNA chains are colored in black and heteroduplex moieties
are highlighted in bold. The circles indicate the sites of the enzymes digestion: green for RNase A,
blue for RNase U2, and black for AtRNH1C.

The obtained data demonstrated the AtRNH1C preference for a purine-rich sequence
context. It is interesting to note that the efficient cleavage of the RNA strand in the sequence
context CA↓AG, with a preference for the G-rich sequence upstream of the cleavage site,
has been shown for E. coli RNase H1 and the catalytic domain of human RNase H1 [54].

2.3. R-Loop Degradation Activity

A kinetic analysis of RNA primer cleavage by AtRNH1C in various R-loops was
performed (Figure 4). As shown in the polyacrylamide gels, the full-length RNA primer
disappeared over time, with a corresponding accumulation of multiple shorter product
bands. For instance, in the R-loop11 substrate, the full-length RNA band was completely
depleted within 15–20 min. The accumulation of these shortened RNA products is expected
to destabilize the DNA/RNA hybrid, leading to R-loop resolution. The resulting kinetic
curves for the cleavage reaction were well fitted by a single-exponential equation, allowing
for the determination of the observed rate constant (kobs). The values of observed rate
constant for R-loop16–31 were decreased with increasing hybrid region length (Figure 5).
Moreover, R-loop11 showed the highest kobs value among the substrates investigated
(Figure 5). Recently, we performed the investigation of the kinetic features of the interaction
of RNase H1 from Escherichia coli (EcRNH1) with similar model R-loops [53]. It was
also found that EcRNH1 bound most effectively to R-loops with a 10–11 nt DNA/RNA
hybrid region. The rate-limiting step in RNA degradation by EcRNH1 was identified
as the formation of the catalytic complex. We therefore propose that the lower cleavage
efficiency of AtRNH1C toward the larger R-loop16–31 is caused by both a higher number
of potential “landing sites” in the longer heteroduplex and less efficient formation of the
catalytic complex.
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Figure 4. PAAG analysis of AtRNH1C-driven cleavage of the RNA in model R-loops.
[AtRNH1C] = 2 μM, [R-loop] = 1 μM. Time: 0, 1, 2, 3, 5, 10, 15, 20, 30, 45, and 60 min. RNA
and DNA chains are highlighted in red and black, respectively.

 

Figure 5. Kinetics of RNA cleavage by AtRNH1C in model R-loops. (A) Time-dependent cleavage
of the RNA strand. The RNA cleavage extent was calculated as the ratio of the summed peak areas
for all cleavage fragments to the total peak area (fragments and initial substrate). (B) Observed rate
constants (kobs) derived from the kinetic curves in (A). The data for R-loop31Q is denoted by a
triangle (�). All data points represent the mean ± SD of three independent experiments.

A kinetic analysis of R-loop11 cleavage was conducted using 1 μM substrate and
AtRNH1C concentrations between 0.5 and 4 μM (Figure 6). The cleavage time courses fit
well to a single-exponential function, from which the observed rate constant (kobs) was
derived for each enzyme concentration. A linear relationship was observed between kobs

and the initial AtRNH1C concentration. These data support that the kinetic scheme of
AtRNH1C action could be described by a two-step mechanism (Scheme 1) if the rate
constant of the catalytic reaction kcat satisfies the condition kcat >> S × k1. The same depen-
dence of RNA cleavage was previously reported for R-loop degradation by EcRNH1 [53].
A linear dependence of kobs on enzyme concentration allows us to calculate an apparent
second-order rate constant (k1), which is effectively kcat/Km under this regime. The calcu-
lated value of k1 is 0.020 ± 0.002 min–1 × μM–1 (1.2 × 106 s–1 × M–1) in good agreement

163



Int. J. Mol. Sci. 2025, 26, 11125

with the rate constant reported for EcRNH1, which ranged from 0.58 × 106 s–1 × M–1 to
6.5 × 106 s–1 × M–1 depending on the R-loop structure [53]. Therefore, it could be con-
cluded that the efficiency of R-loop degradation by both RNase H1s mostly depends on the
rate of the catalytic complex’s formation and proceeds by the same mechanism (Scheme 1).

 

Figure 6. Enzyme concentration dependence of R-loop11 cleavage by AtRNH1C. (A) Progress
curves of RNA cleavage at varying enzyme concentrations (0.5–4 μM). The RNA cleavage extent
was calculated as the total area of product peaks divided by the sum of the product and initial
substrate peak areas. Symbol traces represent experimental data (AtRNH1C, μM: � 0.5; • 1; � 2;
∇ 3; � 4); red curves are the results of fitting to a single-exponential function. Values are the mean
of three independent experiments. (B) Linear dependence of the observed rate constant (kobs) on
AtRNH1C concentration.

 

Scheme 1. The kinetic scheme of the AtRNH1C-driven cleavage of the R-loop. E: AtRNH1C; S: an
R-loop; E•S: the catalytic complex of the R-loop with the enzyme; P: a reaction product.

3. Discussion

This study provides the first comparative analysis of the R-loop degradation activity
of the chloroplast-localized RNase H1 enzyme from Arabidopsis thaliana. The research
demonstrates that recombinant AtRNH1C is an active enzyme that cleaves the RNA within
DNA/RNA, with a distinct preference for purine-rich sequences—particularly at G↓X
dinucleotides. This cleavage specificity aligns with previous observations for both E. coli
and human RNase H1, suggesting an evolutionarily conserved catalytic mechanism across
kingdoms. Kinetic analysis revealed that the enzyme’s efficiency is highly dependent on
the length of the DNA/RNA hybrid region. The most efficiently processed substrate was
R-loop11, which mimics the natural ~11 bp hybrid length maintained by RNA polymerase
in transcription elongation complexes. The efficiency of RNA degradation decreased as the
hybrid length increased (R-loop16, -21, and -31), indicating that AtRNH1C is exquisitely
tuned to resolve the short, transient R-loops that occur co-transcriptionally, rather than
processing excessively long, stable structures.

According to the proposed model for DNA/RNA hybrid degradation by human
RNase H1 [47], the HBD enhances RNase H1′s affinity for DNA/RNA hybrids. In human
RNase H1, the long linker (60 aa) appears to moderately enhance substrate binding (ap-
proximately 2.5-fold), but it also enables the catalytic domain to interact with the substrate
at multiple sites, which may be important for increased processivity [47]. After hydrolysis,
when the catalytic RNH1 domain separates from the cleavage product, the HBD may
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anchor the enzyme (or at least promote its reassociation) to the substrate, allowing another
cleavage event nearby [47]. This processive behavior allows the enzyme to generate smaller
nucleotide products compared to the catalytic domain acting alone. It is important to
note that processivity was most evident during the degradation of long hybrids and had
minimal impact on shorter substrates [46], as only minor differences in degradation product
distribution were seen between E. coli RNase H1 and mouse RNase H1 [46]. In AtRNH1C,
the flexible linker between the HBD and RNH1 domain is 111 aa long. It is reasonable to
assume that its effect on substrate binding may also be moderate. We did not investigate the
HBD’s influence on substrate binding because, despite extensive efforts, we could not pro-
duce a soluble recombinant protein of the truncated AtRNH1C without the HBD domain.
The model R-loop structures we used contained a DNA/RNA hybrid no longer than 31 bp,
so estimating processivity would be highly speculative. What are the possible lengths of
R-loops? Studies indicate that R-loops can vary from a few base pairs to several hundred
base pairs [12,55]. Although R-loop formation is typically associated with transcription [56],
evidence shows that some R-loops can form independently of transcription, especially at
DNA damage sites such as double-strand breaks [57], or through mechanisms related to
DNA replication or the activity of certain non-B DNA structures and enzymes that can
destabilize DNA duplexes. These transcription-independent pathways can still produce the
characteristic DNA/RNA hybrid and displaced single-stranded DNA of R-loops, although
they may also overlap or interact with transcription-dependent processes [5,58]. Clearly,
further experiments are needed to directly test AtRNH1C processivity and the possible
effects of the HBD on kinetics, processivity, or substrate preference.

The kinetic data support a two-step mechanism for AtRNH1C action, where the
rate-limiting step is the formation of the initial catalytic complex (E•S). Thus, R-loop
degradation by AtRNH1C is mostly dependent on the rate of catalytic complex formation
and proceeds by the same mechanism as described for EcRNH1. Moreover, the rate
constant of the catalytic complex formation for AtRNH1C is in good agreement with the
rate constants reported for EcRNH1, suggesting a biologically conserved role of these
enzymes in R-loop degradation. This remarkable conservation underscores a fundamental
and shared enzymatic strategy for R-loop resolution, despite the phylogenetic distance
between bacteria and plants. The presence of a G-quadruplex (G4) structure in the displaced
DNA strand (R-loop31Q) did not significantly alter the cleavage rate, suggesting that
AtRNH1C’s activity is primarily focused on the hybrid duplex itself and is robust against
certain DNA secondary structures. The observed rate constant values of RNA cleavage
by AtRNH1C in model R-loops show a drop in meaning between 11 and 16 nt followed
by a plateau (Figure 5B). According to structural data, the catalytic domain of human
RNase H1 interacts with 11 nt of the DNA/RNA hybrid [59]. It can be proposed that in
the case of R-loop11, the higher efficacy of RNA cleavage reflected the effective binding
of the DNA/RNA hybrid part by the RNH1 domain. The observed substrate preference
of AtRNH1C, as well as the most efficient cleavage of the natural-like short R-loop11
generated in a transcription elongation complex, positions RNase H1 as one of important
regulators of R-loop homeostasis in chloroplasts.

In a broader biological context, these findings position AtRNH1C as an important
guardian of chloroplast genome integrity. Its optimized activity against short, transcription-
associated R-loops suggests its role in preventing the accumulation of these structures,
which could otherwise lead to transcription–replication conflicts, DNA damage, and im-
paired organelle function. By efficiently resolving R-loops, AtRNH1C collaborates with
other enzymes like DNA gyrases to ensure the smooth progression of replication and
transcription, thereby maintaining stability in the genetically vital chloroplast genome.
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In summary, this work moves beyond genetic evidence and provides direct in vitro en-
zymatic validation of AtRNH1C’s function. It reveals the conserved kinetic and mechanistic
principles that underpin R-loop degradation by RNase H1 enzymes and highlights the
specific adaptation of AtRNH1C for maintaining homeostasis in the unique environment
of the plant chloroplast. Taken together, this work elucidates the molecular mechanism of a
plant organelle-specific RNase H1. Future investigations of the potential protein–protein
interactions between AtRNH1C and other known chloroplast R-loop regulators, such as
DNA gyrases or the helicase RHON1, as well as the comparison of the enzymatic proper-
ties of AtRNH1C with those of other RNase H1 isoforms (mitochondrial and nuclear) can
provide the understanding of its functional specialization. For AtRNH1A and AtRNH1B,
the canonical RNase H1 activity has been shown [37]; however, kinetic and mechanistic
analysis was absent. Taking into account that the presence of AtRNH1B or AtRNH1C
is required for viability, a direct kinetic comparison could provide a molecular basis for
understanding the facultative dual targeting.

4. Materials and Methods

4.1. AtRNH1C Expression and Purification

The pGEX-4T-1-AtRNH1C plasmid encoding the wild-type of A. thaliana RNH1C
was kindly provided by Prof. Qianwen Sun. AtRNH1C was produced in E. coli ArcticEx-
press (DE3) cells (1 L of 2YT medium with 20 μg/mL gentamicin, 10 μg/mL tetracycline,
and 50 μg/mL ampicillin, shaking speed of 200 rpm) induced with 0.2 mM 1-thio-β-D-
galactopyranoside (added after the optical density at 600 nm reached 0.6–0.7) at 37 ◦C
for 3 h, providing recombinant protein expression in soluble form. The cells were then
harvested (20 min at 5000× g at 4 ◦C) and suspended in 20 mM HEPES–KOH (pH 7.8),
140 mM NaCl, 5 mM DTT, and a mixture of protease inhibitors (Inhibitor cocktail, Com-
plete, Mannheim, Germany). Cells were lysed using a French press and all subsequent
procedures were performed at 4 ◦C. The lysate was filtered through a 0.45 μm MCE Sy-
ringe Filter (Labfil, ALWSCI Technologies Co., Hangzhou, China). The clarified lysate was
incubated with 1 mL of GST-resin (Glutathione SepharoreTM 4B, Uppsala, Sweden) at 4 ◦C
for 1 h with gentle shaking. The resin was washed 3 times by 10 mL of 50 mM Tris–HCl
(pH 8.0) with 140 mM NaCl and protein was eluted by 3 mL of 50 mM Tris–HCl (pH 8.0)
with 140 mM NaCl and 10 mM reduced glutathione. Protein purity was examined using
SDS–polyacrylamide gel electrophoresis. The qualitative assessment of protein purity
showed the absence of contaminant proteins (Figure S1). The removal of the GST tag by
thrombin resulted in protein precipitation. In order to exclude protein precipitation, the
stage of GST tag cleavage was not carried out. The purified AtRNH1C was concentrated
with a 30 kDa JetSpin Centrifugal Filter (Jet Bio–Filtration Co., Ltd., Guangzhou, China),
and the resulting protein was stored at –20 ◦C in a buffer consisting of 25 mM Tris–HCl
(pH 8.0), 70 mM NaCl, 5mM reduced glutathione, and 50% glycerol. The purified protein
yield was 2.1 mg from a 1 L bacterial culture. The enzyme concentration was calculated
from the optical density of the protein at 280 nm and a molar extinction coefficient of
68,480 M−1 × cm−1. All experiments were conducted in an autoclaved H2O treated with
0.1% DEPC (37 ◦C, 2 h) unless otherwise stated.

4.2. Preparation of R-Loops

The sequences of the model R-loops are shown in Figure 2. DNA oligonucleotides
were purchased from Biosset Ltd. (Novosibirsk, Russia). RNA oligonucleotides with a
5′-FAM label were synthesized by the Laboratory of RNA Chemistry at ICBFM SB RAS
(Novosibirsk, Russia), as previously described [60]. Oligonucleotide concentrations were
determined by measuring absorbance at 260 nm, and the R-loops were assembled according
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to an established protocol [53]. Briefly, for R-loops11, -16, -21, and -31, non-template DNA
strand, template DNA strand, and RNA primer at a 1:1:1 molar ratio were annealed in
1× buffer containing 20 mM HEPES-KOH (pH 7.2), 75 mM NaCl, 5 mM MgCl2, and
1 mM DTT. For R-loop31Q, non-template DNA strand, template DNA strand, and RNA
primer at a 1:1:1 molar ratio were annealed in 1× buffer containing 10 mM Na2HPO4,
1.8 mM NaH2PO4 (pH 7.5), 1 mM EDTA, 1 mM DTT, and 140 mM KCl. The formation
of R-loops was analyzed by an electrophoretic mobility shift assay (EMSA) following a
previously established method [53]. The EMSA was conducted in a nondenaturing 10%
polyacrylamide gel (75:1) using 0.5× TBE buffer supplemented with 5 mM MgCl2, at a
constant current of 10 mA and a temperature of 4 ◦C (Figure S2). The annealed 10× R-loop
solutions were stored at –20 ◦C.

4.3. Cleavage Site Analysis

Site and sequence preferences for cleavage by AtRNH1C were identified using R-
loops (Figure 2). For RNases A and U2, used as control enzymes, the cleavage of single-
stranded RNA primers was analyzed as these enzymes degrade single-stranded RNA.
Partial hydrolysis of single-stranded RNA primers with RNase A was performed as follows:
a 20 μL reaction mixture containing 1.0 μM substrate and 13 pM RNase A in buffer (50 mM
Tris-HCl pH 8.5, 50 mM NaCl, 1 mM EDTA, 1 mM DTT, and 9% glycerol) was incubated at
25 ◦C for 1 min [61,62]. For RNase U2, a 20 μL reaction containing 1.0 μM substrate and
2.7 μM enzyme in buffer (50 mM AcNH4, 1 mM EDTA, 1 mM DTT, and 9% glycerol) was
incubated at 25 ◦C for 5 min. For AtRNH1C, a 20 μL reaction containing 1.0 μM substrate
and 2.0 μM enzyme in buffer (20 mM HEPES-KOH pH 7.2, 75 mM NaCl, 5 mM MgCl2,
1 mM DTT, and 5% glycerol) was incubated at 25 ◦C for 30 min. The reactions were stopped
by addition of an equal volume of a solution containing 9 M urea, 25 mM EDTA, 0.1%
of xylene cyanole, and 0.1% of bromophenol blue followed by incubation at 96 ◦C for
5 min. The products were analyzed on 15% denaturing TBE-polyacrylamide gels using
a vertical Protean II xi unit (Bio-Rad Laboratories, Hercules, CA, USA) at 200–300 V and
45 ◦C. All data were obtained at three replicates. Gels were visualized with a VersaDoc
gel-documenting system (Bio-Rad Laboratories, Hercules, CA, USA).

4.4. Activity Assay

The reaction was conducted at 25 ◦C in buffer containing 20 mM HEPES-KOH (pH 7.2),
75 mM NaCl, 5 mM MgCl2, 1 mM DTT, and 5% glycerol with various enzyme/substrate
ratios (enzyme concentrations, 0.5–4 μM; R-loop concentration, 1 μM). The reaction was
stopped at certain time intervals by addition of an equal volume of a solution containing
9 M urea, 25 mM EDTA, 0.1% of xylene cyanole, and 0.1% of bromophenol followed
by incubation at 96 ◦C for 5 min. A no-enzyme control was included in the first lane
of all gels. Reaction products were resolved on 15% denaturing TBE-PAGE gels (Bio-
Rad Protean II xi unit, Bio–Rad Laboratories, Inc., Hercules, CA, USA) at 200–300 V and
45 ◦C and imaged using a VersaDoc system (Bio-Rad Laboratories, Hercules, CA, USA).
Quantification was performed with the GelAnalyzer 23.1.1 (©Istvan Lazar Jr.), where the
transformation degree was calculated as follows: (sum of cleavage fragment peaks)/(sum
of product peaks + initial substrate peak). Data from three replicates (mean ± SD) were
fitted in OriginPro 8.1 (OriginLab Corporation, Northampton, MA, USA) to the equation
[Product] = A × (1 − exp(−kobs × t)), where A is the amplitude, kobs is the observed rate
constant, and t is the reaction time. The observed rate constants (kobs) were then plotted
against the enzyme concentration and fitted linearly (kobs = k1 × [AtRNH1C]) [63].
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