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Jaime Gómez-Morales

Giuseppe Falini

Juan Manuel Garcı́a-Ruiz

MDPI • Basel • Beijing • Wuhan • Barcelona • Belgrade



Giuseppe Falini

University of Bologna

Italy

Special Issue Editors
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Raquel Fernández Penas, Francesca Oltolina, Maria Prat and Giuseppe Falini

Induced Nucleation of Biomimetic Nanoapatites on Exfoliated Graphene Biomolecule Flakes
by Vapor Diffusion in Microdroplets
Reprinted from: crystals 2019, 9, 341, doi:10.3390/cryst9070341 . . . . . . . . . . . . . . . . . . . . 48

Adafih Blackburn, Shahla H. Partowmah, Haley M. Brennan, Kimberly E. Mestizo, 
Cristina D. Stivala, Julia Petreczky, Aleida Perez, Amanda Horn, Sean McSweeney and 
Alexei S. Soares

A Simple Technique to Improve Microcrystals Using Gel Exclusion of Nucleation 
Inducing Elements
Reprinted from: crystals 2018, 8, 464, doi:10.3390/cryst8120464 . . . . . . . . . . . . . . . . . . . . 60

Christo N. Nanev

Recent Insights into Protein Crystal Nucleation
Reprinted from: crystals 2018, 8, 219, doi:10.3390/cryst8050219 . . . . . . . . . . . . . . . . . . . . 73

Christo N. Nanev

Peculiarities of Protein Crystal Nucleation and Growth
Reprinted from: crystals 2018, 8, 422, doi:10.3390/cryst8110422 . . . . . . . . . . . . . . . . . . . . 85

Alexander McPherson

pH and Redox Induced Color Changes in Protein Crystals Suffused with Dyes
Reprinted from: crystals 2019, 9, 126, doi:10.3390/cryst9030126 . . . . . . . . . . . . . . . . . . . . 101

v



Katarina Koruza, Bénédicte Lafumat, Maria Nyblom, Wolfgang Knecht and Zoë Fisher
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Preface to ”Biological Crystallization”

In September 2017, we were invited by the journal Crystals to Edit a Special Issue on

“Biological Crystallization”, a commitment that we accepted with enthusiasm and a desire to gather

contributions from some of the best specialists on this subject.

Biological Crystallization deals with the formation of inorganic and organic crystals by

living organisms and also with the crystallization of biological materials. In this Special Issue,

we have intentionally widened the scope to also gather some articles of bioinspired and

biomimetic crystallization, indirectly related to the core subject. The resulted Special Issue gathers

15 original manuscripts dealing with, among others, the precipitation of calcium carbonates, calcium

phosphates, self-assembled silica/carbonate materials, and protein crystallization, and covering

fundamental aspects such as nucleation and crystal growth, the characterization by different

techniques including X-ray diffraction and the applications in fields as diverse as biomedicine,

environment, materials science, and others. We hope this volume can be of interest and helpful for

the wide readership of Crystals.

Jaime Gómez-Morales, Giuseppe Falini, Juan Manuel Garcı́a-Ruiz

Special Issue Editors
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“Biological Crystallization” is today a very wide topic that includes biomineralization, but also
the laboratory crystallization of biological compounds such as macromolecules, carbohydrates or
lipids, and the synthesis and fabrication of biomimetic materials by different routes. In this Special
Issue, special attention is paid to the fundamental phenomena of crystallization (nucleation and
growth), and the potential applications of the crystals in environmental science, materials science
and biomedicine.

This issue collects 15 contributions, starting with the paper of Torres-Aravena et al. [1]. This paper
reviews the main characteristics of a microbially induced precipitation process (MICP), which promotes
calcium carbonate (calcite) precipitation. The authors propose to consider this method for heavy metal
removal from wastewater/waters.

In the second article, Opel et al. [2] present a method to convert silica/carbonate biomorphs into
hybrid organic/carbonate composite materials similar to biominerals. It is worth highlighting that
silica/carbonate biomorphs are a class of biomimetic materials named so since they resemble primitive
living organisms and their inner textures mimic biominerals. However, compared to biominerals,
which are hybrid inorganic-organic materials, the biomorphs are purely inorganic composite materials,
the structuring role of organic compounds being taken over by amorphous silica.

Calcium carbonate (CaCO3) is considered a key mineral by many organisms to build its
exoskeletons for protecting and supporting purposes. The most common crystal habit of the
thermodynamically stable polymorph of calcium carbonate, calcite, is the rhombohedral one, which
exposes {10.4} faces. However, in presence of Li+ the tabular {00.1} faces appear together with the
{10.4}, thus generating truncated rhombohedrons. The paper of Matijaković et al. [3] explores the
morphological aspects and adsorbing properties of model organic substances of the {10.4} versus {00.1}
faces, which are relevant for the understanding of biomineralization processes, in which the {00.1} faces
often interact with organic macromolecules and open new routes for the usage of calcite as adsorbing
substrate with applications in the environment.

In biomineralization the interactions between organic macromolecules and the nascent inorganic
solids play a pivotal role in controlling the shape, size distribution, polymorphism, orientation and
even assembly of the formed crystals. At the laboratory scale, it is not easy to carry out high-throughput
experiments with only a few macromolecule reagents using conventional experimental methods.
In the fourth paper, He et al. [4] explore the surface-tension-confined droplet arrays technique to
fabricate CaCO3 using polyacrylic acid as a modified organic molecule control. These authors prove
the possibility of performing biomimetic crystallization and biomineralization experiments using
this technique.

Crystals 2019, 9, 409; doi:10.3390/cryst9080409 www.mdpi.com/journal/crystals1
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Nanocrystalline calcium phosphates apatites are a class of biomimetic materials displaying
morphological and crystalline properties close to those of bone and dentine apatites. Due to their
excellent biocompatibility, osteoconductivity and osteoinductivity, these nanoparticles find application
in the field of biomaterials. In the fifth paper, Gómez Morales et al. [5] explore the nucleation of
apatite nanoparticles on exfoliated graphene flakes to yield graphene/apatite nanocomposites with
applications as bone grafts.

Crystallization of biological macromolecules is the largest part of this Special Issue (papers 6–15
fall in this section). Crystallization is a crucial step in the pathway to determine the three-dimensional
structure of macromolecules by X-ray diffraction techniques, and also to obtain crystals for specific
applications in environment, industry or medicine. Blackburn et al. [6] present a simple technique,
based on gel exclusion of nucleation inducing elements, for generating large well-diffracting crystals
from conditions that yield microcrystals when using other techniques. This method is successfully
applied to generate diffraction quality crystals of lysozyme, cubic insulin, proteinase k, and ferritin.

Nanev tackles the fundamental aspects of nucleation and growth of protein in the successive
articles nº 7 and 8. In his first paper [7], he presents a study that establishes the supersaturation
dependence of the protein crystal nucleus size of arbitrary lattice structures. His approach is compared
to the classical one of Stranski and Kaischew, which is applied merely for the so-called Kossel-crystal and
vapor grown crystals. In his second paper [8], Nanev reviews investigations on protein crystallization
and aims to present a comprehensive rather than complete account of recent studies and efforts to
elucidate the mechanisms of protein crystal nucleation, and the importance of both physical and
biochemical factors in these mechanisms.

An interesting feature of protein crystals is that they are usually colorless. However, they can be
stained a variety of hues by saturating them with dyes or by co-crystallization. The colors assumed by
dyes are a function of chemical factors, particularly pH and redox potential. In paper nº 9, McPherson [9]
presents a number of experiments using pH or redox sensitive dye-saturated protein crystals, and some
experiments using double dye, sequential redox–pH changes.

In this book, membrane proteins are also represented. Human carbonic anhydrase IX is a
multi-domain membrane protein that is, therefore, difficult to express or crystallize. In paper nº 10,
Koruza et al. [10] present successful crystallization results of the catalytic domain SV of the human
carbonic anhydrase IX by using the microseed matrix screening technique. The crystals were employed
as a case-study for neutron protein crystallography.

In paper nº 11, Sun et al. [11] report a new strategy that allows for the removal of cadmium and
chromium from wastewater by using fusion crystals of a Cry protein and a low molecular weight
cysteine-rich protein (SmtA) known to bind heavy metals. These fusion crystals were microbially
grown on Bacillus thuringiensis (Bt). The authors suggest the potential uses of these types of crystals for
bioremediation of heavy metals.

Park et al. [12] authored paper nº 12. They report crystallization and preliminary X-ray
crystallographic data of frog (Xenopus tropicalis) ependymin, obtained in a synchrotron facility.
Ependymin is a glycoprotein of the extracellular fluid of brain fish and it has been suggested to have
various roles related to learning behavior. Ependymin-related proteins also exist in other animals such as
sea urchins, frogs, and even mammals. In the same line of crystal structure determination, paper nº 13,
authored by Liu et al. [13], presents results of the catalytic domain of the phosphoethanolamine
transferase MCR-1 (cMCR-1) co-crystallized with d-Xylose. This study is of great interest to fight
drug-resistant enterobacteria. Paper nº 14, authored by Rahman and coworkers, reports the purification,
crystallization by hanging drop vapor diffusion, and preliminary X-ray crystallographic studies on
plasmid-encoded Campylobacter concisus-secreted protein 1 (Csep1p) [14]. This plasmid was recently
identified as a putative pathogenicity marker associated with active Crohn’s disease, a clinical form
of the inflammatory bowel disease. Finally, in paper nº 15 Prudnikova and coworkers report the
crystallization and crystal structure determination of the double mutant (Ile44Leu + Gln102His) of
the haloalkane dehalogenase DbeA from Bradyrhizobium elkanii USDA94 (DbeAΔCl [15]. Haloalkane
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dehalogenases are a very important class of microbial enzymes for environmental detoxification of
halogenated pollutants.

In summary, the articles presented in this Special Issue are representative of some of the lines of
a topic as broad as biological crystallization as well as of its importance in different scientific fields,
and cover aspects ranging from biomineralization and biomimetic crystallization to crystallization of
biological macromolecules and its applications in bioremediation and biomedicine.

Funding: Grant number PGC2018-102047-B-I00 (MCIU/AEI/FEDER, UE).

Acknowledgments: The Guest Editors thank all the authors contributing in this Special Issue and the Editorial
staff of Crystals for their priceless support.
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Abstract: Microbially induced calcite precipitation (MICP) through a ureolytic pathway is a
process that promotes calcite precipitation as a result of the urease enzymatic activity of several
microorganisms. It has been studied for different technological applications, such as soil
bio-consolidation, bio-cementation, CO2 sequestration, among others. Recently, this process
has been proposed as a possible process for removing heavy metals from contaminated soils.
However, no research has been reported dealing with the MICP process for heavy metal removal
from wastewater/waters. This (re)view proposes to consider to such possibility. The main
characteristics of MICP are presented and discussed. The precipitation of heavy metals contained in
wastewaters/waters via MICP is exanimated based on process characteristics. Moreover, challenges
for its successful implementation are discussed, such as the heavy metal tolerance of inoculum,
ammonium release as product of urea hydrolysis, and so on. A semi-continuous operation in two
steps (cell growth and bio-precipitation) is proposed. Finally, the wastewater from some typical
industries releasing heavy metals are examined, discussing the technical barriers and feasibility.

Keywords: microbially induced calcite precipitation (MICP); heavy metals; wastewater treatment;
bioprecipitation; calcium carbonate

1. Heavy Metals and Environmental Problems

The contamination of watercourses by heavy metals is a serious environmental problem that
has increased because of rapid industrial development. Indeed, several economic activities, such as
metal plating, galvanization, the extraction and processing of minerals, tanning, battery production,
paper manufacture, and pesticide synthesis, generate wastewaters that can contain pollutants [1].
Many of these metals are micronutrients, that is, they are essential for cell growth [2]. However, at high
concentrations, they may turn toxic or carcinogenic, causing serious health problems. Moreover,
when entering the food chain, these can accumulate in the human body [3]. In this sense, special
attention has been paid to the most hazardous pollutants, such as zinc, copper, nickel, mercury,

Crystals 2018, 8, 438; doi:10.3390/cryst8110438 www.mdpi.com/journal/crystals4
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cadmium, lead, and chromium [4]. Their adverse effect on natural and human environments demands
the development of efficient and cost-effective technologies in order to ensure the removal of these
heavy metals from the environment.

2. Conventional Treatment of Wastewaters Containing Heavy Metals

Nowadays, several processes such as flotation, chemical precipitation, adsorption, ion exchange,
membrane filtration, coagulation, and electrochemical deposition are available to treat metal-containing
water [1,3]. Although these processes can remove metals efficiently (metal removal exceeding 90%) [1],
their main constraints are associated with high energy requirements, the use of chemicals, and the
production of toxic metal sludge. All of these characteristics contribute to increase overall costs [5,6].
In recent years, biological processes have been proposed and developed for metal removal from waters
and wastewaters, for example bio-sorption, bio-accumulation, phytoremediation, bio-coagulation,
bio-leaching, and application of sulfate-reducing bacteria (SRB) [6,7]. These biological processes have
relevant advantages when compared with their conventional counterparts, such as reduced energy and
material consumption, possibilities for metal recycling or recovery, and lower sludge production [8].
These characteristics transform them into potentially more eco-friendly alternatives. However, there are
disadvantages mainly related to the final waste disposal, which is often a metal-containing biomass [9].
Moreover, the bacterial immobilization of metals may not constitute a long-term solution, when it is
the result of changes in the redox state, as conditions in the environment may re-mobilize them [10].

3. Microbially Induced Calcite Precipitation (MICP) Process

3.1. Precipitation by Ureolytic MICP Process

MICP is a biological process in which calcite (CaCO3) formation is achieved as a result of the
active metabolism of bacteria, which generates a favorable micro-environment for precipitation [11,12].
In calcite formation in the MICP through ureolytic pathway, bacteria catalyze urea hydrolysis into
carbonate and ammonium. The latter produces an alkalization of the micro-environment, favoring the
binding of calcium and carbonate, and furthermore, calcite precipitation [13,14]. Moreover, bacteria
also provide nucleation sites in which the calcite precipitation takes place. Four steps can be identified
for biological calcite precipitation, as illustrated in Figure 1.

(a) Urea hydrolysis: The urease enzyme hydrolyzes urea into carbamic acid and ammonia
(Equation (1)). Furthermore, a spontaneous chemical equilibrium takes place and carbamic
acid is converted into carbonic acid and ammonia (Equation (2)) [10,15].

CO(NH2)2 + H2O Urease→ NH2COOH + NH3 (1)

NH2COOH + H2O
Spontaneous→ H2CO3 + NH3 (2)

(b) Chemical equilibrium: Ammonia from the urea hydrolysis turns into ammonium, releasing
hydroxide ions and increasing the micro-environmental pH, which generates favorable conditions
for further precipitation [11] (Equation (3)). Hydroxide ions induce carbonate formation from
carbonic acid (Equations (4) and (5)).

2NH3 + 2H2O ↔ 2NH+
4 + 2OH− (3)

H2CO3 ↔ HCO−
3 + H+ (4)

HCO−
3 + H+ + 2OH− ↔ CO2−

3 + 2H2O (5)

(c) Heterogeneous nucleation: Calcium ions are bound to the external cell surface because of the
negatively charged functional groups in the cell wall (Equation (6)). Then, calcite formation

5
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occurs in the cell surface, once the calcium ion activity is sufficient and the saturation conditions
are favorable for CaCO3 precipitation (Equation (7)) [16].

Ca2+ + Cell → Ca2+ − Cell (6)

Ca2+ − Cell + CO2−
3 → Cell − CaCO3 (7)

(d) Successive stratification: Successive calcite layers are developed on the external cell surface
(stratification) [17]. The nutrients transfer is limited, and the cells get embedded by calcite
crystals, provoking cellular death.

 

Figure 1. Schematic illustration of calcite production through the microbially induced calcite
precipitation (MICP) process: 1—urea hydrolysis; 2—chemical equilibrium; 3—heterogeneous
nucleation; 4—successive stratification.
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Calcite precipitation through MICP has been regarded as a promising technology for different
applications, such as for the improvement of mechanical properties in soils (bio-consolidation) [18,19],
bio-cementation [14,20], crack repair in concrete structures [21], CO2 sequestration [22],
bio-composites [23], hydraulic control [10], and so on. For a detailed review about the engineering
applications of the MICP process, the authors recommend viewing the following literature [10,19].

3.2. Factors Governing the Ureolytic MICP Process

Several factors govern the ureolytic MICP process, such as the bacteria type, urea and
Ca2+ concentrations, nucleation sites, pH, and temperature. Several microorganisms presenting
high levels of urease activity have been identified, such as Sporosarcina pasteurii, Bacillus spCR2,
Lysinibacillus sphaericus CH5, Bacillus pasteurii NCIM 2477, Kocuria flava CR1, Bacillus megaterium SS3,
Bacillus thuringiensis, and Halomonas ssp. [24]. S. pasteurii is a non-pathogenic bacterium that is able
to tolerate extreme conditions [24], and is probably the most common species used for testing and
studying the MICP process [13,25–27].

As already mentioned, the bacteria provide nucleation sites where the precipitation is enhanced.
Specifically, the cell surface in the bacteria has negatively charged groups (negative zeta potential) [28],
providing binding sites for the Ca2+ ions, where carbonate and calcium can react, forming calcite [24,29].
In this sense, the research carried out by Stocks-Fischer et al. (1999) showed the beneficial effect of
bacteria as nucleation sites. They observed that the removal of calcium with chemical precipitation
(adding carbonate) was a 34–54%, but this value was increased to 98% when MICP bacteria were used.

Another factor is the pH, which determines the acid-based chemical equilibria, and thus defines
the presence of carbonate and the precipitation processes. Then, it is considered a key parameter,
affecting ureolytic MICP. Moreover, the pH affects the activity of the urease enzyme [26]. It has been
reported that the urease activity increases when the pH rises from 6 to 10, but decreases when the
pH exceeds 10 [15]. As is the case with all enzymes, the urea catalysis is temperature-dependent.
The optimal temperature is in the range of 20 to 37 ◦C [30,31]. Moreover, the temperature affects the
chemical equilibrium and thus the solubility of the CaCO3 in the media.

4. The Ureolytic MICP Process as Treatment for Heavy Metal Removal from Wastewaters

4.1. How Can the Ureolytic MICP Process Remove Heavy Metals?

Heavy metals may be removed through direct precipitation, where metal carbonate is formed,
or by co-precipitation, in which metals such Cu2+, Cd2+, Co2+, Ni2+, Zn2+, Pb2+, and Fe2+ can be
incorporated in the lattice structure of calcite via the substitution of Ca2+ [32]. To date, research
conducted on ureolyitic MICP for metal removal has been directed toward soil remediation. So far,
the reported research has dealt with the isolation of bacteria, presenting important urease activity
and metal resistance, the morphological evaluation of metal precipitates, and the removal efficiency
of different metals. High removal efficiencies have been reported for different metals (Table 1),
when working with species isolated from contaminated soils, as follows: 89–97% for copper, 98–100%
for lead, 96–100% for cadmium, ca. 90% for nickel, 93–100% for zinc, and 90–94% for cobalt (Table 1).
Unlike the high extent of metal removal mentioned above, the research carried out by Mugwar and
Harbottle [28] showed that the metal removal for S. pasteurii decreased when the copper and zinc
concentrations were increased to 0.5 and 2.0 mM, respectively, but the lead and cadmium removal was
not affected by concentration (Table 1). Therefore, from the results summarized in Table 1, we can see
that the ureolytic MICP process is more effective for cadmium and lead than for copper, which may be
associated with the toxicity of copper. Moreover, the results in Table 1 confirm that the metal tolerance
of a particular strain is a key parameter for an efficient ureolytic MICP process. Additionally, it is
worth noting that previous research has dealt with the removal of heavy metals from soil by washing
soil samples, and then applying MICP to the resulting aqueous solution. Thus, it is expected that the
application of the ureolytic MICP to water/wastewater may be feasible from a technical point of view.
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4.2. Heavy Metals Precipitation through Ureolytic MICP Process for Wastewaters

To date, there is incipient research considering the ureolytic MICP for heavy metal removal 
from water/wastewater. However, researchers have tested this technology in aqueous solutions for 
removing radionuclides from groundwater [31], for the removal of ions Ca2+ and Mg2+ ions from 
wastewater [43], and for phosphate precipitation from anaerobic effluents [44]. Thus, the possibility of 
removing heavy metals through the ureolytic MICP process provides an interesting and less studied 
field of research [10,19,45]. Moreover, the ureolytic MICP process can provide an effective way to 
sequester metals as mineral precipitates for long periods [46]. Formed precipitates can resist an acid 
pH, reaching acid resistance values as low as 2 [27].

4.3. Key Aspects for the Application of Ureolytic MICP Process for Wastewater Treatment

Subsequently, it seems clear why the ureolytic MICP process may turn into an effective treatment 
alternative for heavy metal removal from water/wastewaters. However, its full-scale application 
will require taking several technical issues into consideration, which are discussed below. Potential 
solutions to overcome these challenges are proposed.

4.3.1. Inoculum (Soil/Wastewater)

Obviously, bacteria presenting relevant urease activity are required as inoculum for MICP. 
Moreover, inoculum should also show resistance to high concentrations of heavy metals. The isolation 
of bacteria strains from soil contaminated with the metal target for remediation has been the most 
common way to face this challenge. Several species have been isolated from contaminated soils 
in mining areas, showing tolerance to high concentrations of heavy metals, which may be useful 
when considering the remediation of contaminated sites [27,33,35,47–49]. In this sense, even though 
S. pasteurii is the most used strain for MICP applications, some soil isolated bacteria with lower 
urease activity have attained higher metal removal, as a result of their metal tolerance [27]. Moreover, 
the water/wastewater objective of the treatment could be an appropriated source for isolation.

An important factor for a potential operation of the MICP process will be the kind of culture that is 
used—mono or mixed culture are two possible strategies for operation. When (waste)water treatment 
is considered, the use of axenic cultures may not be possible, as a result of their scale. Then, 
the conditions for the proliferation of ureolytic bacteria could be considered. Furthermore, 
Kang et al. [50] reported that mixed cultures present advantages over mono cultures, such as a major 
metal tolerance and a higher degree of removal of heavy metals. Moreover, the presence of non-
ureolytic bacteria in mono or mixed culture can contribute to MICP; even though no contribution 
for urea hydrolysis is expected, an increase in the nucleation sites may increase the precipitation rates. 
This was observed by Gat et al. [51], who cultivated S. pasteurii and N. subtilis (non-ureolytic bacteria) 
for CaCO3 precipitation. Thus, culture contamination may not be as inconvenient, as long as a 
minimum urease activity can be provided by the existing ureolytic bacteria.

4.3.2. Substrates

The ureolytic MICP process requires a source of urea and calcium. The application to wastewater 
treatment also imposes the condition that the substrate source should have a low cost or no cost at all. 
Then, the use of wastewater containing urea seems to be the simplest solution. Typical urea containing 
wastes can come from fertilizer plants, urea synthesis industry, or human activities (sewage) [52,53]. 
In relation to calcium, this substrate could be obtained from calcium-rich wastewater, such as from citric 
acid production, landfill leachates, paper recycling, and bone processing [54]. However, the presence 
of organic matter, recalcitrant compounds, inhibitors of bacterial activity, or other ions may potentially 
interfere with the bio-precipitation. Then, the characterization of wastewater is certainly relevant.
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4.3.3. pH of Metal Containing Wastewaters

The ureolytic MICP process has an optimal pH range between 6 and 10 [15]. Thus, it is expected 
that bio-precipitation in acidic wastewaters may not be feasible, or may require a pH adjustment. 
However, it is important to highlight that, as a result of urease activity, the pH will increase, because of 
the ammonium release. Then, the eventual requirements of the pH adjustment will depend on the 
wastewater pH and on the alkalinity level. This will be certainly a key factor when considering MICP 
technology for metal removal from mining wastewaters, as most have a low pH, as is the case with 
acid mine drainage [55,56]. On the other hand, the treated wastewater will contain an alkaline pH, 
which have to be corrected in order to avoid any environmental impact in watercourses where it is 
being discharged. In this sense, an additional study and the evaluation of adequate neutralization 
treatment for a feasible solution will be necessary.

4.3.4. Bacterial Re-Use after Precipitation/Re-Inoculation

A key challenge arises when the ureolytic MICP process for metal treatment is 
considered—bacteria provide nucleation sites for precipitation, and once the bio-precipitation takes 
place, the bacteria are embedded in carbonate crystals. Then, the activity is reduced, as a result of mass 
transfer limitations [10]. This means that the ureolytic bacteria is not available for future precipitation, 
as they are trapped in the precipitates, and in order to promote additional precipitation in the process, 
bacterial re-inoculation will be required. In spite of this, the bacteria embedded in the precipitates 
would provide a free-biomass effluent, which means that no further treatment for biomass removal 
will be necessary.

Thus, the continuous operation of a MICP system based on a single reactor, where both cell 
growth and bio-precipitation occur, may not be feasible. Under this scenario, a MICP process in two 
steps would be needed. In the first step, the bacteria are grown, and in a second step, bio-precipitation 
takes place (Figure 2). Thus, the bacteria from the first step are supplied to the second step, where urea, 
calcium, and wastewater meet, providing the conditions for bio-precipitation.

Figure 2. Potential approach for treating heavy metal containing wastewater through the ureolytic
MICP process.
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4.3.5. Ammonium Release

When ureolytic MICP for heavy metal removal from wastewater is considered, probably one of
the greatest challenges to be faced is ammonium release. Two moles of ammonium are released per
one mole of hydrolyzed urea (Equations (1) and (2)). This will produce an ammonium-rich effluent,
which must be managed. Moreover, if the pH rises over 8–9, ammonia volatilization may become
relevant, depending on the gas/liquid mass transfer coefficient. Indeed, Gat et al. [57] reported that
ammonia volatilization affected the long-term sustainability of the calcite precipitate, so that ammonia
volatilization caused a pH decrease, which showed a 30% calcite dissolution. It is clear that the first
step to approaching this issue must be the optimization of urea dosages, in order to minimize the
ammonia release. One alternative to managing an ammonia-rich effluent, is to couple MICP to a
process for the re-utilization of ammonium for urea synthesis, based on the Basarov reaction described
by the authors of [58]. A second alternative is to use one of the processes for ammonia removal and for
the conversion normally used in full-scale wastewater treatment, such as the anammox process [59].

5. Wastewaters That May Be Potentially Treated by the Ureolytic MICP Process

Several economic activities release wastewaters containing heavy metals that could be potentially 
treated through the MICP process. Some of them are the refining and mining of ores, pesticide 
industries, batteries production, paper industries, tanneries, fertilizer production facilities, solid wastes 
disposal including sewage sludge, and wastewater irrigation [60].

5.1. Tannery

Tannery and electroplating industries are the major sources of chromium contamination. 
Hexavalent chromium is genotoxic and carcinogenic, and the reaction of Cr(VI) with ascorbate and 
hydrogen peroxide results in the accumulation of hydroxyl radicals, thereby causing damage to the 
DNA [61]. MICP could be an alternative for chromium removal from tannery wastewaters, as calcium 
carbonate precipitates at pH levels where these effluents are normally present (neutral to alkaline). 
Moreover, calcium carbonate can be deposited around chromium (VI) compounds [10,62], making 
stable precipitates for long time periods [63]. Lead is another metal that can be present in tannery 
wastewater [64]. Because of its valence, Pb (II) could act in a similar way to calcium, and could bind 
carbonate ions to form stable lead carbonate that precipitates through the MICP process.

5.2. Mining and Metal Refinery

The main environmental impacts of the mining industry include pollution as a result of the 
discharge of liquid effluents into rivers, the infiltration of soils, the contamination of underground 
waters, residue disposal, and threats from tailings dams [65]. Processed tailings dam overflow, 
acid wastewaters, and acid mine drainage (AMD) are some of the most common liquid industrial 
residues of this sector [56,65].

AMD has pH levels under 4 [55], and they are usually around pH 2 [66]. At such a pH, the urease 
positive microbes cannot hydrolyze urea, because of the inactivation of this enzyme. Then, a previous 
step to neutralize the AMD would be necessary before a bio-precipitation treatment. A second option 
would be to find a urease positive bacterium adapted to these acidic conditions.

On the other hand, mine tailing in the active process has high pH levels [67]. Then, in such 
situations, the MICP process could be used as a treatment alternative for heavy metal precipitation, 
leading to recovering those metals or to their disposition in a safe way. The challenge with this 
wastewater is the high content of heavy metals. It would be necessary to work with bacteria with a 
high tolerance to those elements.
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5.3. Electroplating

In general, wastewaters from electroplating contain a low concentration of organic matter, but are
of high toxicity because of heavy metals. Rinse waters are continuously produced and contain
relatively low concentrations of contaminants, depending on the electroplating process, such as
cadmium, chromium, copper, nickel, lead, and zinc [68]. Bath solutions, in contrast, contain markedly
higher concentrations of metals (of the order of hundreds of g/L) and are replaced every several weeks
or months, depending on the process [68]. The treatment of wastewater and sludge containing heavy
metals is one of the main ecological problems induced by the electroplating industry [69].

In general, solutions with a high content of chromium (VI) are acidic [68,70]. Therefore,
the chromium (VI) bio-precipitation from these wastewaters will need a pH increase. However,
the other metals, in the pH range, are suitable for the MICP process. On the other hand, bacteria with
very high tolerance to heavy metal will be required, because of the high concentration of metal in
these wastewaters.

6. Concluding Remarks

The ureolytic MICP is a promising process for the removal of heavy metals. Even though so far it
has only been tested for soils, it is expected that it could also represent a potential tool for heavy metal
removal from wastewaters. Several relevant economic activities produce wastewater containing heavy
metals that could benefit from this process. However, some challenges need to be overcome, such as
pH adjustment, ammonium release, and calcium/urea source. Then, future research should be focused
on such challenges. Considering that the process requires the production of a biomass presenting
urease activity, as well as its subsequent use for bio-precipitation, a potential process configuration is
proposed, based on these two steps.
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52. Matijašević, L.; Dejanović, I.; Lisac, H. Treatment of wastewater generated by urea production. Resour.
Conserv. Recycl. 2010, 54, 149–154. [CrossRef]

53. Barmaki, M.M.; Rahimpour, M.R.; Jahanmiri, A. Treatment of wastewater polluted with urea by
counter-current thermal hydrolysis in an industrial urea plant. Sep. Purif. Technol. 2009, 66, 492–503.
[CrossRef]

54. Van Langerak, E.P.A.; Hamelers, H.V.M.; Lettinga, G. Influent calcium removal by crystallization reusing
anaerobic effluent alkalinity. Water Sci. Technol. 1997, 36, 341–348. [CrossRef]

55. Akcil, A.; Koldas, S. Acid Mine Drainage (AMD): Causes, treatment and case studies. J. Clean. Prod. 2006, 14,
1139–1145. [CrossRef]

15



Crystals 2018, 8, 438

56. Gaikwad, R.W.; Gupta, D.V. Review on Removal of Heavy Metals From Acid Mine Drainage. Appl. Ecol.
Environ. Res. 2008, 6, 81–98. [CrossRef]

57. Gat, D.; Ronen, Z.; Tsesarsky, M. Long-term sustainability of microbial-induced CaCO3 precipitation in
aqueous media. Chemosphere 2017, 184, 524–531. [CrossRef] [PubMed]

58. Meessen, J.; Wo, F. Urea synthesis. 2014, 2180–2189. [CrossRef]
59. Mao, N.; Ren, H.; Geng, J.; Ding, L.; Xu, K. Engineering application of anaerobic ammonium oxidation

process in wastewater treatment. World J. Microbiol. Biotechnol. 2017, 33, 153. [CrossRef] [PubMed]
60. Khalid, S.; Shahid, M.; Niazi, N.K.; Murtaza, B.; Bibi, I.; Dumat, C. A comparison of technologies for

remediation of heavy metal contaminated soils. J. Geochem. Explor. 2016, 182, 247–268. [CrossRef]
61. Kalidhasan, S.; Kumar, A.S.K.; Rajesh, V.; Rajesh, N. The journey traversed in the remediation of hexavalent

chromium and the road ahead toward greener alternatives—A perspective. Coord. Chem. Rev. 2016, 317,
157–166. [CrossRef]

62. Achal, V.; Pan, X.; Lee, D.J.; Kumari, D.; Zhang, D. Remediation of Cr(VI) from chromium slag by
biocementation. Chemosphere 2013, 93. [CrossRef] [PubMed]

63. Ferris, F.G.; Phoenix, V.; Fujita, Y.; Smith, R.W. Kinetics of calcite precipitation induced by ureolytic bacteria
at 10 to 20 ◦C in artificial groundwater. Geochim. Cosmochim. Acta 2004, 68, 1701–1722. [CrossRef]

64. Rehman, A.; Shakoori, F.R.; Shakoori, A.R. Heavy metal resistant freshwater ciliate, Euplotes mutabilis, isolated
from industrial effluents has potential to decontaminate wastewater of toxic metals. Bioresour. Technol. 2008, 99,
3890–3895. [CrossRef] [PubMed]

65. Castro, S.H.; Sa, M. Environmental viewpoint on small-scale copper, gold and silver mining in Chile.
J. Clean. Prod. 2003, 11, 207–213. [CrossRef]

66. Obreque-Contreras, J.; Pérez-Flores, D.; Gutiérrez, P.; Chávez-Crooker, P. Acid Mine Drainage in Chile:
An Opportunity to Apply Bioremediation Technology. J. Forensic Res. 2015, 6, 1–8. [CrossRef]

67. Wang, L.; Ji, B.; Hu, Y.; Liu, R.; Sun, W. A review on in situ phytoremediation of mine tailings. Chemosphere
2017, 184, 594–600. [CrossRef] [PubMed]

68. Martín-Lara, M.A.; Blázquez, G.; Trujillo, M.C.; Pérez, A.; Calero, M. New treatment of real electroplating
wastewater containing heavy metal ions by adsorption onto olive stone. J. Clean. Prod. 2014, 81, 120–129.
[CrossRef]

69. Panayotova, T.; Dimova-Todorova, M.; Dobrevsky, I. Purification and reuse of heavy metals containing
wastewaters from electroplating plants. Desalination 2007, 206, 135–140. [CrossRef]

70. Kurniawan, T.A.; Chan, G.Y.S.; Lo, W.H.; Babel, S. Physico-chemical treatment techniques for wastewater
laden with heavy metals. Chem. Eng. J. 2006, 118, 83–98. [CrossRef]

© 2018 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

16



crystals

Communication

Hybrid Biomimetic Materials from
Silica/Carbonate Biomorphs

Julian Opel 1,2, Niklas Unglaube 1, Melissa Wörner 1, Matthias Kellermeier 3, Helmut Cölfen 1,*

and Juan-Manuel García-Ruiz 2,*

1 Physical Chemistry, University of Konstanz, Universitätsstrasse 10, D-78457 Konstanz, Germany;
julian.opel@uni-konstanz.de (J.O.); niklas.unglaube@uni.kn (N.U.); melissa.woerner@uni.kn (M.W.)

2 Laboratorio de Estudios Cristalográficos, Instituto Andaluz de Ciencias de la Tierra (CSIC-UGR),
Avenida de las Palmeras 4, E-18100 Armilla, Granada, Spain

3 Material Physics, BASF SE, RAA/OS–B007, Carl-Bosch-Strasse 38, D-67056 Ludwigshafen, Germany;
matthias.kellermeier@basf.com

* Correspondence: helmut.coelfen@uni-konstanz.de (H.C.); jmgruiz@ugr.es (J.-M.G.-R.);
Tel.: +49-7531-884063 (H.C.); +34-669434700 (J.-M.G.-R.)

Received: 28 February 2019; Accepted: 14 March 2019; Published: 18 March 2019

Abstract: The formation of a polymer protection layer around fragile mineral architectures ensures
that structures stay intact even after treatments that would normally destroy them going along
with a total loss of textural information. Here we present a strategy to preserve the shape of
silica-carbonate biomorphs with polymers. This method converts non-hybrid inorganic-inorganic
composite materials such a silica/carbonate biomorphs into hybrid organic/carbonate composite
materials similar to biominerals.

Keywords: biomorphs; barium carbonate; silica; PCDA; pyrrole

1. Introduction

Silica-earth-alkaline carbonate composites show exceptional shapes which is so far a one-of-a-kind
appearance within the field of pure inorganic composites [1,2]. They were named silica-biomorphs
due to their morphology, which resembles primitive living organisms and their inner textures
mimic biominerals [3]. Compared to biominerals, which are normally hierarchically ordered hybrid
composites consisting of inorganic minerals and structure conducting organic matter [4–6], biomorphs
are purely inorganic composite materials, the structuring role of organic compounds being taken over
by amorphous silica. They are self-organized structures that forms upon the coupled co-precipitation
of silica (SiO2) and alkaline -earth metal carbonates, namely witherite (BaCO3), strontianite (SrCO3) or
either aragonite or monohydrocalcite (CaCO3) [7–10]. The formation of biomorphs can be described in
three stages which are related to pH [11]. In the first stage, the initial single crystal of alkaline -earth
metal carbonate experiences splitting provoked by selective adsorption of silica. Iterative splitting
triggers fractal growth and eventually leads to primary globular particles [12–14]. The precipitation of
the carbonate induces a local and bulk decrease of the pH that can be monitored even at this very early
stage [11,15,16]. At this stage nearly no silica is adsorbed within the structure [11]. The second stage
starts after some time (depending on the initial pH) and more complex structures form by determining
the final shape of the biomorph. During this stage a polycrystalline growth of a myriad of elongated
witherite nanorods with a typical size of 200–400 nm in length and 30–50 nm in thickness can be
observed [11]. Once the pH drops far enough, the biomorph formation enters the last stage where
only secondary precipitation processes occur. Due to the inverse solubility of silica with respect to
pH [17,18], the structures become embedded in a thick silica shell, which grows bigger if the structures
mature in the mother solution.
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Once extracted from the mother solution, the biomorphs can be further treated as shown in
Figure 1. The composite is hollowed by acidic treatment. A diluted hydrochloric or acetic acid can be
used to dissolve the inner part within minutes [19]. The result is a hollow structure, which is called a
biomorph “ghost.” Alternatively, an alkaline treatment with sodium hydroxide solution allows the
removal of the silica shell and excavates the so-called “naked” biomorph (cf. Figure 1) [20]. A naked
biomorph is useful for attachment of molecules or particles with carboxylate groups. One example
for an attachment of a monomeric carboxylate species is 10,12-pentacosadiynoic acid (PCDA),
a light-polymerizable diacetylen [20]. Poly-PCDA (pPCDA), as a member of the polydiacetylene
family, comes with thermochromic properties and can be reversibly or irreversibly switched from
a blue into a red state [21,22]. Besides PCDA, conductive polymers like polypyrrole (pPy) or poly
thiophenes generated a growing interest in the field of biomineral preservation and replication [23–25].
Furthermore they provide some additional functionality and are used as chemical sensors [26,27],
in drug delivery [27], as electronic devices like fuel cells [28] or electro-catalysts [29] and in combination
with silica for chromatographic applications [30]. Choi et al. presented hierarchically structured pPy
in helicoidal shapes and consequently, a pPy replica of a biomorph helix should also be usable as
stretchable supercapacitors [31].

Figure 1. Schematic illustration of biomorph formation at room temperature (RT) and pathways to
dissolve each part of composite selectively and return to its precursor state. As intermediate a naked
biomorph with an excavated carbonate surface or a hollow biomorph ghost can be obtained.

So far, two known strategies exist to transfer hierarchical structures of a given material into a
new one of different composition. The first method is to demineralize a biomineral to obtain an
organic template and re-infiltrate the matrix with the new compound [32]. The second strategy
consists of replacing the organic matrix with a new material, as shown by Imai and co-workers
with dyes or polymers between nanocrystals [33,34]. We show here that a polymer layer around a
biomorphic structure sustains the morphology after additional treatment with alkaline and/or acidic
solutions while an unpreserved structure vanishes into its precursor state. In total, the following work
demonstrates a successful preservation of micro-sculptures with two chosen straightforward pathways
and elaborate a third strategy to transfer hierarchical structures into functional organic materials.
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2. Materials and Methods

Barium chloride dihydrate (>99%), sodium hydroxide (reagent grade, >98%), sodium silicate
solution (commercial water glass, containing 10.6% Na2O and 26.5% SiO2, reagent grade, density
1.39 g/ml), copper chloride (97%), 10,12-pentacosadiynoic acid (>97%) and pyrrole (reagent grade,
98%) were purchased from Sigma-Aldrich and used without further purification. Aqueous solutions
were prepared using MilliQ water with a conductivity of 18 μS/cm.

2.1. Biomorph Formation

Silica-biomorphs were grown from alkaline silica sol which was prepared by 1.39 g of silica
solution diluted with 349 mL of water. The pH of the solution was adjusted to 11.3 with aliquots of
0.1 M NaOH solution. The crystallization occurs in a 6-wells linbro plate by mixing 4 mL of the silica
solution with 4 mL of a 10 mM BaCl2 solution. After 8-16 h the structures were extracted from the
wells and washed several times with water and ethanol (EtOH). The outer silica layer was removed by
incubating 20 mg biomorph powder in 1 mL of a 1 M NaOH solution for 6 h.

2.2. pPCDA Functionalization

PCDA solution was prepared by dissolving 50 mg PCDA in 10 mL tetrahydrofuran (THF).
The solution was filtered through a syringe filter (pore size: 0.22 μm) and diluted with 9 mL water and
1 mL 0.1 M NaOH solution. 10 mg of naked biomorphs were incubated for 8 h inside a PCDA solution
with different concentrations and stored in the dark. After extracting and washing, the structures
can be stored under UV-light for 5 min inducing the polymerization to pPCDA. The colour of the
biomorph PCDA powder changes to blue.

2.3. pPy Functionalization

10 mg naked biomorphs were added to 1 mL of a 0.01 M CuCl2 solution in isopropanol (iPrOH).
After 1 h, additional 750 μl were added. After 1 h the structures were centrifuged and washed twice
with 200 μl iso-propanol (iPrOH). After drying the structures were stored in a desiccator containing
10 mL pyrrole. After 2 h the structures begin to darken and turned completely black after 6 h. After the
polymerization the inner core of the structures was removed with 0.05 M acetic acid. The residue was
washed several times with water and dried under reduced pressure.

2.4. Analytical Methods

The pH of the solutions was measured with a pH meter (Eutech pH 510, Eutech Instruments,
Singapore). Scanning electron microscopy (SEM) images were recorded on a Hitachi Tabletop
SEM TM3000 (Hitachi-Hightech, Krefeld, Germany) with a backscatter detector and a Zeiss
Crossbeam 1540XB (Zeiss, Oberkochen, Germany) with a secondary electron (SE2) and an inlens
detector. Energy dispersive X-ray spectroscopy (EDX) was also performed on the Hitachi TM3000.
Light microscopy was performed on a Zeiss Imager m2m (Zeiss, Jena, Germany) and Axio Zoom (Zeiss,
Jena, Germany). Confocal laser scanning microscopy (cLSM) was performed on a Zeiss LSM700 (Zeiss,
Jena, Germany). Attenuated total reflection Fourier transformed infrared (ATR-FTIR) spectroscopy
was performed on a Perkin Elmer Spectrum 100 (PerkinElmer, Waltham, MA, USA).
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3. Results and Discussion

3.1. Preservation with pPCDA

The first preservation route focuses on a light-polymerizable surfactant named PCDA.
This molecule is immobilized on the witherite surface by incubating naked biomorphs (without an
outer silica shell) in a mixture of sodium hydroxide, THF and water with different PCDA concentrations
(120–12,000 ppm). The attachment process is schematically shown in Figure 2A. To make sure that
only the monomer is attached on the surface the solution was pushed through a syringe filter to
remove polymer particles from the solution. The naked biomorphs were immersed in the colourless
solution for several hours. To ensure that the PCDA does not polymerize during the attachment
process, the samples were stored in darkness. After the chosen incubation time (4–16 h) the solution
was removed and the modified biomorphs were dried under reduced pressure. The obtained modified
structures were investigated with scanning electron microscopy (SEM). Observation of the structures
with the electron beam induces polymerization of the attached monomers to the bluish pPCDA (cf.
inlet photos of the SEM stub before and after the SEM investigation in Figure 2B). To demonstrate
the attachment of the PCDA on the structure, the process was observed by FTIR-spectroscopy.
The transformation of the silica-biomorphs to the pPCDA-biomorphs is shown in Figure 2C. The black
spectrum shows the characteristic carbonate (witherite) vibrations as well as the most abundant signal
for amorphous silica (peak at 1000 cm−1). After treatment with NaOH and the transformation to
the naked biomorphs, the broad peak vanishes and only the witherite signals remain (red spectrum).
The modification with PCDA is observable as lines at 2870 and 2965 cm−1, which are the symmetric and
asymmetric C-H vibrations. The carboxyl signal of the PCDA appears at 1540 cm−1 which is in good
accordance to the literature [22]. Choosing a higher concentration of PCDA in the functionalization
solution leads to the full coverage of the biomorph worm with pPCDA flakes, which preserve and
display the outline of the structure beneath quite well. A detailed replica of the topography is not
achievable with these high monomer concentrations. In previous work, we have demonstrated that the
shape of the biomorph structure was preserved in acidic solutions even after removing the outer silica
layer [20]. To ensure that a full coverage was achieved confocal laser scanning microscopy (cLSM)
was used due to the strong fluorescence of pPCDA [20,35] (cf. Figure 2D,E). Smoothening the reprint
might be possible by reducing the amount of monomer but a full coverage is not sustainable because
an enrichment of PCDA was found inside of the notches of the biomorph worm (cf. Figure 2F,G).
In Figure 2G at higher magnification the witherite nanorods and pPCDA flakes (false coloured in
blue) can be visualized alongside each other. Excavated carbonate rods are not able to resist acidic
solutions and therefore, the structures vanish completely after acid treatment. Also, the pPCDA flakes
do not stick together and a polymer replica of the structures does not remain. The pPCDA coverage is
useful to passivate bigger carbonate structures but a smooth and detailed replica cannot be obtained.
Nevertheless, it still remains a readily applicable strategy to produce inverse biominerals.
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Figure 2. (A) Scheme of biomorph coverage with 10,12-pentacosadiynoic acid (PCDA) and the
polymerization to pPCDA. (B) Scanning electron microscope (SEM) image of a fully covered biomorph
worm (inlet: colour transformation of the powder after SEM investigation; c(PCDA) = 12,000 ppm).
(C) Attenuated total reflection Fourier transformed infrared (ATR-FTIR) spectra of an untreated biomorph
(black) a naked biomorph (red) and a pPCDA covered biomorph (blue). (D/E) Confocal Laser scanning
microscopy (cLSM) images of a fully covered biomorph worm in the transmission (D) and fluorescence
(E) channel. (F) SEM image of a partially covered biomorph worm (c(PCDA) = 2000 ppm) with the
corresponding image at higher magnification (G), the blue coloured flakes indicate the pPCDA).

3.2. Preservation with pPy

Polypyrrole has gained attention due to its ability to produce polymer replicas of biominerals
like sea urchin spines [25]. Recent breakthroughs in the preparation of polymer replicas on the
micro scale are a huge improvement to preserve fragile structures and it now seems transferable to
silica-biomorphs [23]. To obtain a full pPy coating around a biomorph we followed the route presented
in Figure 3A. At first CuCl2 is brought onto the structure as a catalyst. Due to the rough surface of the
naked biomorph, many small crystals of CuCl2 attach on the surface. These small crystals do not affect
the shape as can be seen in Figure 3B. After drying, the structures were transferred into a desiccator.
On the bottom of the desiccator, pyrrole was deposited creating a pyrrole saturated atmosphere.
The pyrrole molecules diffuse to the catalyst and begin to polymerize. During this process, a colour
change of the biomorphs can be observed by the naked eye. After 3 h the white powder turns grey
and after 6 h a black powder was obtained. To ensure that the polymer layer is neither growing too
big nor crosslinks the structures, the incubation time was kept at 6 h. After extracting the structures
from the desiccator, the shapes of the naked biomorphs used as starting material remained nearly
unchanged. Elemental analysis via energy dispersive X-ray spectroscopy (EDX) showed Ba, Cu, Cl, C,
O, N and traces of Si. Except the higher amount of N and the signals from the catalyst, the spectrum
looks identical to an EDX of the naked biomorphs. The most meaningful proof of the full coverage and
subsequent preservation of the biomorph form is the dissolution of the inner core which was achieved
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with 0.05 M acetic acid. The core dissolves much slower compared to normal silica-biomorphs and
as a result hollow structures were obtained and shown in the SEM image in Figure 3C. Note that
the SEM images were recorded with a backscatter detector, which gives a good material contrast.
The structures in Figure 3B show a higher contrast compared to the hollow structures without BaCO3

in C. The EDX spectrum of these polymer replicas as well as their preliminary stages are shown in
Figure 3D. The black spectrum shows the silica-biomorphs, the red spectrum the naked biomorphs with
CuCl2, which can be found at 8.02 eV. Here we can see that the outer silica layer has vanished and no Si
signal was measured at 1.75 eV. In the upper blue spectrum, the Ba signals (green rectangular outline)
have vanished and only traces of the raw material (Ba: 0.24; Si: 0.25 at.%) and the catalyst (0.4 at.%)
are detected. The main component consists of carbon and nitrogen. Therefore, the pPy route is most
suitable to preserve micro-sculptures on the microscale and to obtain conductive inverse biominerals.

Figure 3. (A) Schematic illustration of the pPy route to preserve biomorphic structures. CuCl2 crystals are
attached from iPrOH solution on the surface of a naked biomorph. In the next step pyrrole diffuses via the
gas phase onto the surface and is polymerized by CuCl2. After the polymerization the inner parts can be
removed by sodium hydroxide solution. (B) SEM image of catalyst crystals attached on biomorph worms.
(C) Inverse biomorphs after Polymerization of pyrrole (Py) and removal of the inner part. (D) Energy
dispersive X-ray (EDX) spectra of the different steps to plastic biomorphs. The untreated biomorphs are
shown in black. Naked biomorphs with CuCl2 in red and the final inverse biomorphs without inorganics
are shown in blue.
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4. Conclusions

We have achieved a full coverage of silica-carbonate composites by using PCDA and pyrrole to
form an organic layer around the inorganic motifs. Thus, we have converted purely inorganic-inorganic
composites into hybrids than can be named inverse biomorphs. The pathways to obtain these
organic or hybrid structural motifs are described in detail and the methodology can be adapted
to other microscopic biominerals or synthetic biomimetic architectures. Furthermore, the inorganic
and structuring part of the biomorphs can be removed at ambient conditions resulting in a structured
organic replica of the biomorph. With this straight-forward method, micro-structured functional
materials can be formed and used as stretchable supercapacitors.
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Abstract: One of the most common crystal habits of the thermodynamically stable polymorph of
calcium carbonate, calcite, is the rhombohedral one, which exposes {10.4} faces. When calcite is
precipitated in the presence of Li+ ions, dominantly {00.1} faces appear together with the {10.4},
thus generating truncated rhombohedrons. This well-known phenomenon is explored in this work,
with the aim of obtaining calcite crystals with smooth {00.1} faces. In order to achieve this objective,
the formation of calcite was examined in precipitation systems with different c(Ca2+)/c(Li+) ratios and
by performing an initial high-power sonication. At the optimal conditions, a precipitate consisting
of thin, tabular {001} calcite crystals and very low content of incorporated Li+ has been obtained.
The adsorption properties of the tabular crystals, in which the energetically unstable {00.1} faces
represent almost all of the exposed surface, were tested with model dye molecules, calcein and crystal
violet, and compared to predominantly rhombohedral crystals. It was found that the {00.1} crystals
showed a lower adsorption capability when compared to the {10.4} crystals for calcein, while the
adsorption of crystal violet was similar for both crystal morphologies. The obtained results open
new routes for the usage of calcite as adsorbing substrates and are relevant for the understanding of
biomineralization processes in which the {00.1} faces often interact with organic macromolecules.

Keywords: calcium carbonate; {00.1} calcite; lithium ions; ultrasonic irradiation; vaterite transformation;
adsorption; calcein; crystal violet

1. Introduction

Investigation of precipitation mechanisms of calcium carbonates (CaCO3) and their interactions
with additives and surface chemistry, has attracted growing interest, due to promising technological
applications [1–3] and the crucial role of this mineral in biomineralization [4–6]. Among CaCO3

polymorphs, calcite is the most frequently studied, since it is in a thermodynamically-favored
phase at ambient conditions and in the absence of additives. Calcite is an important product in
the pharmaceutical, chemical, paper, and glass industries, and is also used as a sorbent for exhaust
gasses and for the determination of the quality of drinking water [7–9]. Moreover, several organisms
possess tissues mineralized with calcite that perform vital functions, like skeletal protection and
support, light perception, or storage of calcium ions [10–13].

The morphology of calcite crystals produced in vitro is largely controlled by experimental
conditions, such as pH, temperature, and supersaturation, as well as by the presence of impurities or
additives that typically exert significant influence on the crystallization process [7,14–17]. The addition
of inorganic additives such as Mg2+ and Li+ causes selective stabilization of calcite crystals with
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different morphologies [18,19]. Thus, when precipitated in the presence of a Li+-containing solution
undersaturated with respect to Li2CO3, calcite shows {00.1} faces in addition to the {10.4} ones,
which are typically obtained without additives. The extension of {00.1} faces depends on the
c(Ca2+)/c(Li+) ratio [19–28]. In silico experiments on the calcite surface energy have shown that
the rhombohedral {10.4} faces are the most stable, while the {00.1} faces have lower stability in the
absence of additives [29]. The substitution of the surface Ca2+ with Li+ destabilizes {10.4} faces, making
the {00.1} ones the most stable and causing the formation of tabular crystals with {00.1} basal and {10.4}
side faces [23,29].

Calcite has been used in experimental and theoretical studies as a model substrate for the
investigation of the interactions occurring at organic-inorganic interfaces. Different classes of
compounds have been tested, ranging from those with small molecular mass, such as water [30,31],
alcohols [32], carboxylic [33,34] or amino acids [35,36], to bigger ones, such as polypeptides [37–39],
proteins [40], or polysaccharides [41]. Most of these studies focus on the interaction of molecules on the
calcite {10.4} surface, as this face is typically exposed by synthetic crystals, while the investigations of
adsorption processes on other faces are relatively unexplored. Indeed, the structure of the monoatomic
growing step on the {10.4} surface corresponds to {00.1} faces. Therefore, the study of the adsorption
process on the well exposed and dominant {00.1} faces is also relevant. because the diffusion of
additives along the {10.4} steps of calcite crystals occurs on them. Furthermore, this is a position of
strong interfacial interactions with non-constituent molecules and organic matrix in biomineralization.

This study reports an optimized procedure for the preparation of size-uniform, thin, tabular
calcite crystals with well-developed {00.1} faces ({00.1} calcite). In addition, the adsorption of model
organic molecules, calcein and crystal violet, on {00.1} calcite is examined and compared to their
adsorption on stable {10.4} faces. Besides the basic understanding of the specific {00.1} interactions with
organic molecules, the knowledge gained from this research may be relevant to technology in which
the presence of different crystal faces may tune the adsorbing capacities of a substrate. In addition,
these data can contribute to the understanding of the processes of biomineralization, since the mineral
interactions with intra-mineral macromolecules often occur exactly at {00.1} faces.

2. Materials and Methods

The reactant solutions were prepared by using the analytical grade chemicals, CaCl2·2H2O, LiCl,
and NaHCO3 and deionized water (conductivity <0.055 μS·cm−1). Calcium carbonate precipitation
was initiated by mixing equal volumes (200 cm3) of CaCl2/LiCl solution with NaHCO3 solution.
All solutions were freshly prepared and the initial concentrations of CaCl2 and NaHCO3 were identical,
c = 0.1 mol·dm−3, while the concentration of LiCl varied in the range from 0 to 1.0 mol·dm−3. The initial
supersaturation, expressed with respect to calcite, was Sc ≈ 23. Calcite supersaturation, S, was defined
as a square root of the activity product quotient, S = [(aCa × aCO3)/Ksp]1/2, where a indicates the
species activity and the Ksp is the calcite solubility product. The reference experiments were performed
in the absence of LiCl (reference system).

The sonication was initiated in NaHCO3 solution before mixing with CaCl2/LiCl solution.
The systems were sonicated for 10 min and the pH was continuously measured. After that period,
the mixture was left without stirring for 5 days. The ultrasonic irradiation was performed by using the
Branson Sonifier 250 (20 kHz frequency). The ultrasound power output used in the experiments and
set at 20% was 40 W. In order to avoid overheating the system, the pulsed mode was applied (60 cycles
per minute, t = 0.2 s). The horn diameter was 5 mm and it was immersed in the center of the reaction
vessel, 5 cm above the bottom. The crystal samples were collected by filtering 10 cm3 of suspension
through a 0.22 μm membrane filter. The precipitates were washed with small portions of water and
dried at 90 ◦C for 2 h.

The polymorphic composition of the dried samples was determined by FT-IR spectroscopy (FT-IR
TENSOR II, Bruker, Billerica, MA, USA), using the KBr pellets technique. X-ray powder diffraction,
XRD (Philips X’Celerator diffractometer, Philips, Amsterdam, The Netherlands) was made in the
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angular range 20◦ ≤ 2θ ≤ 70◦, setting a step size 2θ = 0.05◦ and measuring time of 120 s per step.
The crystal morphology was determined by scanning electron microscopy (FEG SEM Hitachi 6400
(Hitachi, Tokyo, Japan), JEOL JSM-7000F (JEOL, Tokyo, Japan) and Phenom model G2, (Phenom-World
BV, Eindhoven, The Netherlands)), operating in low-voltage mode. The SEM samples were placed on
carbon tape without any coating. The calcium and Li+ ion content in the crystals was determined by
an ion chromatography system (ICS-1100, Dionex, Sunnyvale, CA, USA) fitted with a SC16 Analytical
Column and using 30 mM MSA eluent. The specific surface area was determined by the multiple BET
method (Micromeritics, Gemini), using liquid nitrogen.

For adsorption measurements the solutions of respective dye (c = 10 μmol·dm−3) were diluted in
HEPES buffer (c = 0.1 mol·dm−3, pH 8.0). The buffer was pre-saturated with excess of rhombohedral
calcite crystals, by mixing the suspension for 1 h and filtering by means of 0.2 μm membrane filter.
Exactly 4 mg of calcite crystals (tabular or rhombohedral) were suspended in 2 mL of dye solution and
stirred for 24 h, after which the crystals were separated by centrifugation. The quantity of residual dye
in the solution was determined by UV-Vis spectroscopy (Cary UV-Vis 300Bio, Agilent Technologies,
Santa Clara, CA, USA), measuring the absorbance at λ = 495 nm (calcein) and λ = 594 nm (crystal
violet). The kinetics of adsorption was determined by the same protocol, by sampling at predetermined
time intervals.

3. Results and Discussion

3.1. Synthesis and Characterization of Thin Tabular {00.1} Calcite Crystals

The first objective of this research was to identify the optimal conditions for the preparation of
thin tabular calcite crystals, exposing predominantly the {00.1}, over the {10.4} faces. A series of CaCO3

precipitation systems having high initial supersaturation, ci(CaCl2) = ci(NaHCO3) = 0.1 mol·dm−3;
Sc ≈ 23, and different c(Li+), were initially irradiated by high-power ultrasound for 10 minutes and
the precipitates were left to age in the mother solutions without stirring for 5 days (Table 1).

The precipitates were sampled and characterized immediately after the sonication process,
continuously during the aging of precipitate, and finally after the equilibrating of the process,
which typically lasted for 5 days (Figures SI1–SI6, Table SI1). The addition of Li+ was supposed
to stabilize {00.1} calcite crystals, while the ultrasound irradiation was applied in order to influence the
nucleation and crystal growth processes, which may cause the changes of polymorphic composition,
the morphology, or the size distribution of the precipitate. Indeed, in order to test a critical role
of high-power ultrasound irradiation in the synthesis of {00.1} calcite, different types of stirring of
the solutions during the nucleation period have been applied. Thus, either a mechanical propeller,
Teflon-coated magnetic stirrer, or ultrasonic irradiation has been used during the first 10 minutes of
the precipitation process. In Figure SI7, typical progress curves, pH vs time, of the systems (ci(CaCl2)
= ci(NaHCO3) = 0.1 mol·dm−3; c(Li+) = 0.3 mol·dm−3, or c(Li+) = 0), stirred by different devices,
are shown. Since the initial supersaturation was relatively high in all systems, precipitation started
immediately after mixing the reactants (pH drop from 8.3 to 7.3, not shown). However, a shortening of
the induction time for vaterite formation, caused by applying more intensive agitation and seen as a
pH drop, can be observed (ultrasonic < magnetic < mechanical). At that, the most likely mechanism of
the promotion of nucleation in the case of sonication is a collapse of cavitation bubbles, which caused
localized high pressure and temperature spots, while the literature data indicated that the energetic
collisions among particles may enhance the transition of metastable vaterite to calcite as well [42–45].
In addition, the SEMs of the respective samples isolated after 5 days of aging (Figure SI8) showed
significantly different morphologies of calcite crystals. Thus, only a partial truncation of {10.4} calcite
faces occurred when magnetic or mechanical stirring were applied, while in the case of ultrasonication,
relatively uniform, thin, and hexagonal tabular crystals could be observed. Consequently, it can
be concluded that in this particular system, the morphology of calcite can be assigned to the both
parameters, initial mode of mixing and the LiCl addition.
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The results of analysis of the polymorphic distribution of the precipitates from the different
systems are reported in Table 1 and showed in Figure 1.

Figure 1. Content of calcite in a mixture with vaterite during the transformation process in the
precipitation systems, ci(CaCl2) = ci(NaHCO3) = 0.1 mol·dm–3, with different initial concentrations of
Li+. In the reference system, c(Li+) = 0. The initial concentrations of Li+ are indicated: M correspond to
mol·dm−3.

It can be seen that during the early stages of the precipitation process, vaterite always
co-precipitates with calcite, and its relative amount increases by increasing the c(Li+) in solution.
Since vaterite is thermodynamically metastable, it converts into calcite during the time, with a
transition time proportional to the c(Li+). Indeed, after 5 days of aging, vaterite completely transformed
into calcite at all examined conditions, with differences obtained in the system of the highest c(Li+)
applied, in which just 1.89 wt % of vaterite still persists. Aquilano et al. [27] showed that Li+ is
sporadically adsorbed on growing calcite crystals and that Li+ is not homogeneously distributed in the
crystals. On the other hand, no data reporting Li+ distribution into the vaterite crystals are available,
to the best of our knowledge. Therefore, we hypothesize that in the systems with higher Li+ content,
the increasing adsorption onto the vaterite surface cause its slower dissolution and kinetic stabilization,
which consequently postpone the formation of calcite, as already reported for organic molecules [46].
However, the adsorption of Li+ onto the calcite can also inhibit its growth, which influences the overall
course of transformation.

The analysis of X-ray powder diffraction XRPD patterns during the transformation process in all
systems showed only diffraction peaks of vaterite and calcite (Figure 2 and Figures SI9–SI14, Table SI2),
indicating that the formation of Li2CO3 does not occur at conditions studied in this work. On the
contrary, in the systems described in the literature, which were supersaturated with respect to Li2CO3,
the precipitation of this phase has been detected on calcite surface [25].

Shape and morphology of crystals were monitored during the progress of precipitation (Figure 3
and Figures SI15–SI17) and the obtained morphometric data are reported in Table 1. Thus, in the
absence of Li+, a mixture of hollow spherical vaterite and rhombohedral calcite crystals was obtained
after 10 min of ultrasonic irradiation (Figure SI15). The comparison of higher-magnification SEM of
the vaterite samples, prepared in the presence (0.3 mol·dm−3) or in the absence of Li+ (Figure SI17),
indicates that the lithium ions do not significantly change the morphology of spherulites. However,
after 5 days, only calcite crystals were detected, homogeneous in size and with surface pits, truncations,
and ragged edges (Figure 3a and Figure SI15), which can be attributed to the etching caused by the
atmospheric CO2 dissolved in the mother solution during the aging [47,48].
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Figure 2. X-ray powder diffraction patterns of the precipitates obtained in the precipitation systems,
ci(CaCl2) = ci(NaHCO3) = 0.1 mol·dm–3, after 10 min (top) and 5 days of aging (bottom), in the presence
of Li+ at the concentration of (a) 0.0 mol·dm–3, (b) 0.1 mol·dm–3, (c) 0.3 mol·dm–3, (d) 0.5 mol·dm–3,
(e) 0.7 mol·dm–3 or (f) 1.0 mol·dm–3. The diffraction patterns were indexed accordingly to the PDF
00-005-0586 for calcite and PDF 00-033-0268 for vaterite PDF. In all systems only calcite and vaterite
have been detected.
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Figure 3. Scanning electron images of calcium carbonate samples obtained after 5 days of aging in the
reference system, c(Li+) = 0 (a) and in the systems with c(Li+) = 0.1 mol·dm–3 (b), c(Li+) = 0.3 mol·dm–3

(c), c(Li+) = 0.5 mol·dm–3 (d), c(Li+) = 0.7 mol·dm–3 (e) and c(Li+) = 1.0 mol·dm–3 (f). The inset shows
the precipitates obtained after 10 min of ultrasonic irradiation at P = 40 W and at room temperature.
Scale bars: 20 μm.

In the system with c(Li+) = 0.1 mol·dm−3
, after 10 min of sonication, hollow spherulitic vaterite

and rhombohedral calcite were observed as well. However, after 5 days the calcite crystals exhibited
triangular faces, intergrowth, and crystal aggregation (Figure 3b and Figure SI15). In addition,
the smooth {10.4} crystal faces were truncated with {001} faces. Rajam and Mann [19] showed that
calcite crystals truncation depends on Li+/Ca2+ molar ratio, and that at low ratios the truncations are
triangular, owing to growth of {00.1} and partial truncation of three {10.4} faces.

The system with c(Li+) = 0.3 mol·dm−3, after 10 min of ultrasonic irradiation contained mainly
spherical vaterite particles agglomerated into 3 μm structures, as well as tabular calcite crystals and
calcite crystals with triangular truncations (Figure 3c inset and Figure SI15). After 5 days of aging,
only thin hexagonal tabular calcite crystals, with well-developed basal {00.1} faces and {10.4} side
faces, were obtained (Figure 3c and Figure SI15). The hexagonal crystal truncations, formed by
partial truncation of all six {10.4} calcite faces, are promoted by the adsorption of Li+ and followed by
absorption of Li2CO3 into growing calcite crystals, as showed by Aquilano [27].

At the highest Li+ concentrations applied, c(Li+) = 0.5 mol·dm−3 and 1.0 mol·dm−3, and after
10 min of ultrasonic irradiation a mixture of vaterite particles, together with small amounts of tabular
calcite with well-developed {00.1} faces (Figure 3d–f insets and Figure SI16), was obtained. The vaterite
particles were aggregated in structures larger than those in the systems containing lower content of Li+

(6–10 μm). At the end of the process, the remained vaterite particles converted into hollow particles
(Figure 3f inset and Figure SI16). Tabular hexagonal crystals obtained in the same systems, contained
macro-steps on the {00.1} faces, which were not observed at lower c(Li+) (Figure 3d–f and Figure SI16).

The aspect ratios of the calcite crystal were evaluated by analyzing the respective SEM images of
the samples prepared in the systems with different Li+ concentrations and isolated after 5 days of aging
(Figures SI15 and SI16). At the same time, the ratios of relative intensities, I10.4/I00.1, were estimated
from the XRPD patterns (Figures SI9–SI14). The data shown in the Table 1 and in Figure SI18 indicates
that the aspect ratio increased with increasing the Li+ content for each crystal population obtained in the
respective system. Also, the ratios of relative intensities, I10.4/I00.1, decrease with increasing Li+ content.
Indeed, the aspect ratio values of two classes of the crystals obtained in the final precipitate pointed to
two nucleation events, which imply that the conditions in the solutions during these two events (S,
Li/Ca) were not completely identical. However, these findings are consistent with SEM observations
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(Figure 3, Figures SI15 and SI16) which showed that in the system containing c(Li+) = 0.3 mol·dm−3,
crystals were plate-like with well-developed {001} faces and without macro-steps. On other hand,
in the systems with higher c(Li+), the crystals were larger, but contained macro-steps with expressed
{104} side faces.

The content of Li+ incorporated into the CaCO3 samples prepared in different chemical
environments (different additions of Li+) and isolated during the aging of precipitate was determined
by ion chromatography. Thus, Figure 4 shows that the Li+ content in the precipitate continuously
decreased during the progress of transformation in each precipitation system.

Figure 4. The content of Li+ incorporated into the crystals during the transformation process in the
precipitation systems, ci(CaCl2) = ci(NaHCO3) = 0.1 mol·dm−3, with different initial concentration of
Li+. The initial concentrations of Li+ in solution are indicated: M correspond to mol·dm−3.

The highest incorporation determined immediately after 10 minutes of sonication (t = 0 days) was
found in the system with c(Li+) = 1.0 mol·dm−3 (w(Li+) = 0.116 wt %), while in the systems with lower
initial Li+ concentrations, the content was in the range from 0.087 to 0.014 wt % (SI19). The amount of
Li+ incorporated into the precipitate and determined at the end of the aging process was found to vary
in the very narrow range between 0.004 and 0.04 wt %. Again, the Li+ incorporation increased almost
linearly with increasing the initial Li+ up to the c = 0.7 mol·dm−3 (SI19), so the obtained values may
be considered as typical for distribution between solution and tabular calcite crystals with dominant
expression of {00.1} crystal planes. On the other hand, in the systems in which vaterite was still present,
the measured incorporation of Li+ was significantly higher, which implicate different mechanisms of
Li+ uptake. Thus, it can be concluded that, besides the adsorption, the calcite incorporates the Li+ in
the crystal structure, while vaterite particles can additionally entrap the Li-containing solution into
the pores. Indeed, at the applied supersaturation level, vaterite spherulites are most probably formed
by fast spherulitic growth, which is characterized exactly by the increased trapping of dissolved
impurities, like Li+ in this particular case [45,49,50].

The results of structural, morphological, and chemical analyses of calcium carbonate precipitate
formed in the Li+ containing solutions pointed out that the calcite crystals obtained in the system with
c(Li+) = 0.3 mol·dm−3 are appropriate for use in adsorption experiments, in which the {00.1} crystal
faces should be investigated. Namely, the prepared crystals are relatively uniform in size, without
expressed macro-steps and {10.4} faces, as well as the content of incorporated Li+, is relatively low
(Figure SI19)
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Table 1. Properties of the precipitate and the calcite crystal obtained after initial sonication and 5 days
of aging in mother solutions, containing different concentrations of Li+ ions. In the system with
c(Li+) = 1.0 mol·dm−3, about 2 wt % of vaterite has been obtained as well (d ≈ 3 μm).

c(Li+)/
mol·dm−3

w(calcite)/
wt %

Particle Size */
μm

Aspect Ratio # I(10.4)/I(00.1) w(Li)/wt %

0 100 9 - 68 0

0.1 100 11/27 11:1
27:1 39 0.004 ± 0.00017

0.3 100 12/32 12:1
32:1 25 0.008 ± 0.00011

0.5 100 23/43 23:1
43:1 30 0.012 ± 0.00015

0.7 100 23/40 23:1
40:1 23 0.015 ± 0.00023

1.0 98 ± 0.055 30/48 30:1
48:1 21 0.049 ± 0.00037

* Two values indicate two different population of crystals. # The aspect ratio indicates the ratio between the longest
axis of (00.1) planes and the thickness of the crystals: values of two different populations are shown.

3.2. Adsorption of Model Molecules

The adsorption proprieties of {00.1} calcite prepared in the system c(Li+) = 0.3 mol·dm−3 were
compared with the {104} calcite obtained by the same procedure but in the absence of Li+. The specific
surface area of the {00.1} calcite used for the adsorption experiments was, s = 0.38 m2·g−1, while of
the {10.4} calcite was, s = 0.34 m2·g−1. At that, calcein and crystal violet (CV) have been selected as
representative organic molecules (Figure SI20), due to their different chemical properties and strong
molar extinction coefficients. Calcein possess 4 carboxyl groups are negatively charged at pH 8.0 and
can chelate Ca2+, while CV possesses terminal amine groups, which are positively charged at pH 8.0.

The actual adsorption of the selected dye molecules on the surface of the calcite crystals with
different dominant crystal faces has been visualized by confocal microscopy. Figure 5 shows typical
microphotographs of the plate-like and rhombohedral calcite crystals labeled with calcein. It can be
seen that, within the limits of the resolution of the technique, calcein only partially covers the {00.1}
faces, while a more intense fluorescence is observed on the {10.4} planes. The respective confocal
images showing the consecutive crystal sections of the same motif are shown in Figure SI21.

 

Figure 5. Confocal microscopy images of calcite crystals with adsorbed calcein. (a, b) {10.4} calcite,
(c, d) {00.1} calcite. The insets show the corresponding transmission optical microscopy images.
The scale bars are 50 μm (a,c) and 10 μm (b,d).
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The adsorption properties of the calcite crystals of different morphologies have been determined
by equilibrating them in solutions containing respective dye molecules for 24 h and by measuring the
residual concentration after the crystals have been separated. No further adsorption was observed
after 24 h. The kinetics of the adsorption have been determined as well (Figures SI22 and SI23), and it
could be seen that the concentration of adsorbed CV is much higher in comparison to calcein and for
both crystal morphologies. In order to additionally understand a mode of specific molecule/surface
interactions, the experiments designed in a different way will be performed. The equilibrium
concentration of dye adsorbed on the surfaces of different calcite crystals is presented in Figure 6,
which shows stronger interactions of CV with both morphologies, while the adsorption of calcein on
{10.4} faces is about twice as strong as the adsorption on {00.1} faces.

Figure 6. The concentration of respective dye molecules adsorbed after 24 h at the surface of {00.1}
(blue) or {104} (green) calcite crystals.

The obtained results and different abilities for adsorption can be ascribed either to the different
structure of the crystal planes, or to the chemical nature of the adsorbate molecule. {00.1} calcite
exposes alternating planes of Ca2+ and CO3

2− ions, with a preference for the latter [27], while the
{10.4} face exposes both ions. The different chemical structure, and the net charge which exists at the
conditions applied, are responsible for the observed different adsorption properties. Thus, positively
charged CV is more likely to adsorb on calcite crystals, which typically possesses a net negative
charge at wide range of solution composition and pH, as determined previously by the zeta potential
measurements [15]. The interactions of calcein are significantly stronger with the {10.4} than with
the {00.1} calcite surfaces, which is consistent with previous studies in which a Langmuir isotherm
was proposed to describe the process [51]. On the other hand, it is known that the surface of {00.1}
faces exposes the incorporated Li+ in the form of lithium carbonate islands [25,26], so the surface
complexation of calcein molecules, which interact by their carboxylate groups with Ca2+, is limited
or even suppressed. It follows that on the tabular {00.1} faces, the interaction with the calcein can
predominantly happen on the steps and kinks exposed by the {00.1} faces. The interaction between
the CV and the surface of calcite crystals is purely electrostatic, unlike calcein which requires the
complexion of Ca2+, and is therefore less selective with regards to the structure and coordination
of surfaces. Indeed, as shown in the Figure 6, the amount of adsorbed CV was similar for both
calcite morphologies.

4. Conclusions

A procedure for the preparation of uniform and thin tabular {001} calcite was proposed. Tabular
calcite, which exhibited triangular and hexagonal faces, was precipitated from the Li+-doped systems.
In addition, the kinetics of formation of calcite crystals with a specific tabular morphology were
demonstrated during the solution-mediated transformation process, in which predominantly vaterite
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initially appeared. With that, it was shown that higher Li+ concentrations caused a slower conversion
to calcite. The tabular {001} calcite, optimal for investigation of adsorption, was obtained at moderate
Li+ concentration, c(Li+) = 0.3 mol·dm−3: the crystals were relatively uniform in size and {00.1}
predominated over the other faces.

The adsorption properties of the tabular {001} calcite was investigated by using two model organic
dye molecules. The results of adsorption of calcein and crystal violet were compared to their adsorption
on more common {10.4} calcite morphologies, in order to understand their interfacial dynamic and
reactivity. It was found that the adsorption capability of the tabular {001} calcite is lower than the
capability of pure {104} faced crystals and that the adsorption of the selected organic molecules depends
on their functional groups and charge.

Since it is known that dissolved organic molecules play an important role in the regulation of
crystal growth during the biomineralization process, which is a consequence of their adsorption
and absorption on/in crystal face, this research contributes to understanding a mode and extent of
interfacial interactions at different crystal planes.
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systems; Figures SI9–SI14: PXRD patterns of the precipitates obtained in the system with different concentrations
of Li+; Table SI2: Assignment of peaks in PXRD patterns in all systems during the transformation; Figures
SI15–SI16: Scanning electron micrographs of calcite samples obtained in the systems with different Li+ addition;
SI17: Vaterite samples prepared in the systems with different Li+ addition; Figure SI18: Relative intensities of
{00.1} with respect to the {10.4} calcite diffraction peaks and the aspect ratios, shown as a function of solution
concentration of Li+; Figure SI19: Amount of lithium in precipitate separated from the solution after 10 minutes of
sonication and after 5 days of aging; Figure SI20: Molecular structure of calcein and crystal violet; Figure SI21:
Consecutive confocal images of calcite crystals labeled with calceine; Figure SI22: The kinetics of adsorption of
calcein and crystal violet on rhombohedral calcite crystals; Figure SI23: The kinetics of adsorption of calcein and
crystal violet on tabular calcite crystals.
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Abstract: Calcium carbonate biomimetic crystallization remains a topic of interest with respect to
biomineralization areas in recent research. It is not easy to conduct high-throughput experiments
with only a few macromolecule reagents using conventional experimental methods. However,
the emergence of microdroplet array technology provides the possibility to solve these issues efficiently.
In this article, surface-tension-confined droplet arrays were used to fabricate calcium carbonate.
It was found that calcium carbonate crystallization can be conducted in surface-tension-confined
droplets. Defects were found on the surface of some crystals, which were caused by liquid flow inside
the droplet and the rapid drop in droplet height during the evaporation. The diameter and number
of crystals were related to the droplet diameter. Polyacrylic acid (PAA), added as a modified organic
molecule control, changed the CaCO3 morphology from calcite to vaterite. The material products
of the above experiments were compared with bulk-synthesized calcium carbonate by scanning
electron microscopy (SEM), Raman spectroscopy and other characterization methods. Our work
proves the possibility of performing biomimetic crystallization and biomineralization experiments on
surface-tension-confined microdroplet arrays.

Keywords: droplet array; crystal growth; calcium carbonate; high-throughput; biomimetic crystallization;
biomineralization; polyacrylic acid

1. Introduction

The inorganic-organic advanced hybrid materials formed by the biomineralization process
have excellent physical and chemical properties, such as good wear resistance and extremely high
fracture toughness and strength, which are unmatched by those of synthetic materials [1–3]. Calcium
carbonate (CaCO3) is one of the most abundant biominerals in nature [4–7]. The preparation of highly
regulated CaCO3 with fine structures under ambient conditions has attracted much attention [8–10].
Biomineralized calcium carbonate products have good biocompatibility and can be used not only as
structural support for organisms [2] but also as biosensors [11], controlled released drug carriers [12,13],
and so on. Nucleation and template effects in the context of CaCO3 synthesis and crystalline
phase changes have been studied for years [14,15]. During the biomineralization process, both the
water-soluble fraction and the insoluble matrix of organic materials are considered to play essential
roles [16]. Researchers have been able to control the morphology, nucleation, growth, and alignment of
inorganic particles by using specific templates or macromolecules [17,18] The design and preparation of
organic matrices (soluble and insoluble) has become an active area of biomineralization research [19,20].
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Interactions between ionic surfactants and water-soluble polymers in aqueous solution have been
studied with various techniques for decades [15,21].

However, conventional experiments to study the biomineralization of calcium carbonate are
usually carried out in a beaker, which consumes a substantial amount of biomacromolecule reagents and
makes it difficult to conduct high-throughput experiments. Some research groups have implemented
advances in microfabrication techniques to create microstructure environments in which they can
employ multiple strategies to control crystallization [22–24]. A reversibly sealed T-junction microfluidic
device was fabricated by Yin et al. to investigate the influence of extrapallial (EP) fluid proteins in the
polymorph control of crystal formation in mollusc shells [25]. Gong et al.’s research provided a new
approach to biomimetic crystallization by using crystal hotels [26]. Zeng et al.’s work demonstrated a
microfluidic approach towards the study of the formation and transformation of ACC (amorphous
calcium carbonate) by using microfluidic technology [27]. However, these experiments were mainly
carried out in microfluidic chips, which constrained the methods of characterization and hindered the
use of high-throughput experiments.

In this work, calcium carbonate biomimetic crystallization experiments were conducted on a
surface-tension-confined droplet array, which is a facile, controllable and high-throughput method
to fabricate droplet arrays with controlled size, geometry and position on a patterned surface.
Droplet arrays with different diameters from 50 μm to 700 μm were fabricated and used to carry out
CaCO3 crystallization experiments. The diameter and number of the CaCO3 crystals were related
to the droplet diameter and crystal surface defects were found on the crystals. In previous reports,
some research groups have used ionic surfactant polyacrylic acid (PAA) to change the morphology of
CaCO3 crystals [21,28]. The crystallization of CaCO3 particles from aqueous solutions in the absence
and presence of PAA was studied in this work. It was found that different concentrations of PAA
result in different morphologies of vaterite, such as dumbbells. The material products of the above
experiments were compared with bulk-calculated calcium carbonate by scanning electron microscopy
(SEM), Raman spectroscopy and other characterization methods.

2. Materials and Methods

2.1. Chemicals and Materials

AZ9260 photoresist and AZ400K developer were purchased from Suzhou Wenhao Microfluidic
Technology Co., Ltd. (Suzhou, China). 1H,1H,2H,2H-Perfluorooctyltriethoxysilane (POTS) was obtained
from Sigma–Aldrich (USA). Calcium chloride anhydrous and poly acrylic acid (PAA) with an average
molecular weight of ca. 2000 were purchased from Aladdin (Shanghai, China). Sodium carbonate
and other chemicals were obtained from Sinopharm Chemical Reagent Co., Ltd. (Shanghai, China).
Deionized water (18.2 MΩ cm, S30CF, Master Touch, Shanghai, China) was used to prepare aqueous
solutions. Silicon wafer substrates were purchased from Ningbo Sibranch International Trading Co., Ltd.
(Ningbo, China).

2.2. Fabrication of Surface-Tension-Confined Droplet Arrays

A schematic diagram of STC (surface-tension-confined) technology is shown in Figure 1a. First,
nonwettable substrates were fabricated. An air plasma cleaner (PDC-002, Harrick Plasma) was used
to clean the glass substrates or silicon wafers, and then the POTS was evaporated onto the substrates
at 120 ◦C for 1 h in an oven (FD115, Binder, Germany). Second, wettable patterns on the nonwettable
surface were prepared. AZ9260 photoresist was spin-coated onto the substrate at 500 rpm for 6 s and
subsequently at 2400 rpm for 60 s. After that, the coated substrate was baked on a hotplate at a constant
temperature of 105 ◦C for 330 s. After baking, a designed photomask (Figure 1b) was placed on the
substrate (several photomasks were designed) which was then exposed it to UV (Ultraviolet) light
(MJB4, SUSS MicroTech). Next, the patterned substrate was developed in AZ400K aqueous solution
(AZ400K: H2O = 1:2) for 150 s, after which deionized water was used to remove the residual developer.
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Subsequently, the developed substrate was treated with plasma for two more minutes to make the
exposed area selectively wettable. The air plasma not only removed the contamination but also oxidized
the exposed surface. Finally, the substrate was washed with acetone and ethyl alcohol to remove the
photoresist coating on the silicon wafer. We have published a detailed description of this process [29].

. 

Figure 1. (a) Schematic illustration of the process followed to fabricate high-throughput surface-tension-
confined microarrays. (b) Picture of lithographic mask with a spot gradient from 200 μm to 700 μm.
(c) Schematic illustration of the sliding process, which forms the droplet array by sliding a liquid strip
on the patterned substrate.

2.3. Fabrication of CaCO3

CaCO3 crystals were formed in small droplets that were generated on the STC chip. Equal volumes
(100 μL) of equimolar aqueous solutions of calcium chloride (0.1 M) and sodium carbonate (0.1 M)
prepared in deionized water in advance were first mixed on the chip. After setting up the sliding speed
and slit height well, we used a piece of glass to slide the solutions from left to the right at a constant
speed, as controlled by a custom-designed stepping motor (Figure 1c). Then, a long liquid strip was
formed by capillary force. Next, we placed the STC chip into a petri dish in a constant temperature &
humidity chamber (LHS-80HC-11, Bluepard, Shanghai, China) at 25 ◦C and 80% humidity. After 24 h
of growth, the device was removed and dried on a 35 ◦C hot plate for 3 days. In this work, calcium
carbonate was fabricated under two conditions, without PAA and with PAA mixed with CaCl2 &
Na2CO3. PAA was used at three concentrations: 0.1 mg/mL, 0.2 mg/mL and 0.4 mg/mL.

To compare the material products of the experiment described above with the bulk-synthesized
calcium carbonate, a parallel comparison experiment was performed in a beaker. We mixed equal
volumes (1 mL) of 0.1 M CaCl2 and 0.1 M Na2CO3 solutions in a beaker in an ultrasonic water bath for
5 min. The remaining steps were performed as in the previous experiment and the conditions were
controlled in the same way.
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2.4. Characterization

The calcium carbonate crystal morphology was studied by field-emission scanning electron
microscopy (FE-SEM, Regulus-8230, Hitachi, Tokyo, Japan) and an optical microscope (LV100ND,
Nikon, Tokyo, Japan). Room-temperature Raman spectra were obtained using a standard micro-area
Raman system. One droplet in ten was randomly selected for each size of droplet, and the crystals
formed in the droplet were observed and counted using an optical microscope. The volumes of the
droplets were calculated based on the equation of spherical cap. The process of droplet evaporation
was observed under the microscope.

3. Results and Discussions

Calcium carbonate crystals were synthesized using a surface-tension-confined droplet array,
and their morphology was changed by adding PAA. In addition, the results were analyzed and
compared with that of calcium carbonate synthesized in the bulk phase.

3.1. Microdroplet Diameter Control

Calcium carbonate was synthesized in droplets with different diameters from 50 μm to 700 μm and
observed using an optical microscope. In the surface-tension-confined microdroplets, the relationship
between the contact angle and droplet diameter was reported in previous articles [30,31], from which
the contact angle data are used in this part. The height and volume of the droplets can be calculated
using Equations (1) and (2), respectively, which are based on the geometry of the droplet as a spherical
cap. A cross-sectional view of a surface tension-confined droplet can be seen in Figure 2a, where d
is the diameter of the droplet, h is the height of the droplet, v is the volumes of the droplet, and θ is
the contact angle of the droplet. The relationship between the droplet diameter and liquid volume
can be seen in Figure 2b. The volume of the droplet greatly affects the time required for complete
evaporation. Figure 2c shows the time required for droplets of different diameters to evaporate
completely. The volume of the droplets whose diameters are smaller than 100 μm is less than 200
picoliters. Thus, the solution evaporated less than 5 s-before the crystal growth and no crystals were
observed in most of the droplets (more than 80%).

h =
d
2
∗ tan

θ
2

(1)

V =
πh
(
3d2 + 4h2

)

24
(2)

(a)

Figure 2. Cont.
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(b)

Figure 2. (a) Cross-sectional view of a surface-tension-confined droplet. (b) The relation between the
droplet volume and droplet diameter. (c) The time required for evaporation of droplets with different
diameters (25 ◦C, 30%RH).

As shown in Figure 3a, only one crystal of calcium carbonate with a size of less than 3 μm was
observed in the 50 μm droplets. The CaCO3 crystal was surrounded by amorphous precipitation
and sodium chloride particles as a by-product of the reaction. Since the experiment was conducted
in droplets on an open platform, all products remained on the surface except for volatile gases.
The reaction by-product NaCl precipitates could exist only around the CaCO3 crystal on the substrate
after the solution in the droplets volatilized. As shown in Figure 3c, we observed more than 17 crystals
of different sizes from 3 μm to 12 μm in a 400 μm droplet. Four crystals of CaCO3 with diameters
larger than 10 μm and approximately 10 crystals with diameters of approximately 3 μm were observed.
The size of the crystal observed in the droplet was related to the droplet diameter. As shown in
Figure 3d, the largest crystal size in a 300 μm diameter droplet is 7.24 μm, and in the image shown in
Figure 3f we observed two crystals of over 20 μm in a 700 μm diameter droplet.

 

Figure 3. Cont.
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Figure 3. Optical micrograph of CaCO3 formed in microdroplets at different diameters and statistical
data graph: (a) 50 μm, (b) 100 μm, (c) 400 μm. (d), (e), (f) crystals formed in the droplet with 300 μm,
400 μm, 700 μm respectively. (g) The relation between average diameter of crystals and droplet diameter.
(h) The relation between average amount of crystals and droplet diameter. (i) The relation largest &
smallest crystal diameter of crystals and droplet diameter. Scale bars in (a), (b), (d), (e), (f) is 10 μm,
Scale bars in (c) is 100 μm.

Statistically, it can clearly be seen that the size and number of CaCO3 crystals are positively
correlated with droplet diameter. As the diameter of the droplets increased from 50 μm to 700 μm,
the average diameter of the crystals in the droplets grew from 3.17 μm to 8.42 μm (Figure 3g). As shown
in Figure 3h, more crystals can be observed in the droplet as the droplet diameter became larger. As the
droplet diameter increased from 50 μm to 700 μm, the maximum crystal diameter of the crystal formed
in the droplets increased from 2.96 μm to 22.42 μm while the diameter of the smallest crystal was
stabilized between 2–4 μm (Figure 3i). The size and number of crystals formed in droplets of 200 μm
diameter are relatively stable. The size and number of crystals formed in the droplets were more
dispersed as the diameter of the droplet increased. It can be explained that there is a competitive
relationship between nucleation and crystal growth in droplets when the ions start to react. In the
small droplets, since the liquid is an anisotropic environment and volatilizes faster, the relationship
between crystal growth and nucleation is unbalanced.

3.2. Crystals Formed without PAA

SEM and representative Raman spectrum were used to further study the morphology and structure
of CaCO3 crystals formed in droplets. As shown in Figure 4a, several crystals of different sizes can be
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seen, and there are defects in the surface of some crystals. We used SEM to observe the crystals more
clearly (Figure 4b). The majority of crystals were formed in cubic-shaped, corresponding to representative
calcite spectra in the Raman spectrum [32] (Figure 4c). Among them, the peak at 520 cm−1 belonged
to the silicon substrate. Compared with the synthesis of CaCO3 crystals in the bulk phase (Figure 4d),
the synthesis of CaCO3 crystals in microdroplets has a greater chance of producing crystal surface defects.
The effect of evaporation of droplets generated on the surface on the crystallization of materials has
been studied in previous researchers’ work, and we analyzed the causes of defects on the surface of
calcium carbonate crystals based on their conclusions [33–35]. We supposed that the growth of crystals
in microdroplets coexists with the volatilization of solution, which makes the evaporation rate of the
microdroplets have a large effect on the crystal growth. Two kinds of droplet evaporation mode are
shown in Figure 4e,f. In the experiment, droplets were first evaporated by a constant contact radius
evaporation process and then evaporated in a constant contact angle or a mixture of two evaporation
modes. The volatilization of the liquid caused the height of the droplet to decrease before the diameter
shrink, resulting in insufficient ion accumulation of the upper crystal plane. We suspect that capillary
flow and Marangoni flow play an important role in the evaporation progress of the sessile droplets as
well [36]. Due to the existence of capillary flow and Marangoni flow during liquid volatilization, ions
diffuse to the bottom of the microdroplets. These effects may result in insufficient ion accumulation in
the upper layer of the crystal, which causes defects on the crystal surface.

Figure 4. (a) Optical micrograph of CaCO3 crystals formed in droplets; (b) Scanning electron microscopy
(SEM) image of one crystal formed on a 400 μm diameter droplet. (c) Representative Raman spectrum
of crystals with cubic-shaped, which shows its polymorph of calcite at 156, 281, 712, and 1086 cm−1;
(d) SEM image of crystals formed by bulk phase synthesis. (e) Constant contact radius evaporation and
internal capillary flow. (f) Constant contact angle evaporation, internal Marangoni flow.
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3.3. Crystals Formed with PAA

We further studied the crystallization of CaCO3 particles from aqueous solutions in the presence
of PAA. PAA (0.1 mg/mL) causes CaCO3 crystals to aggregates to into a dumbbell shape (Figure 5a).
The shape of the crystal becomes more rounded and grows into a spherical shape when the concentration
of PAA rises (Figure 5b,c). The addition of PAA in bulk synthesis can also affect the growth of calcium
carbonate. The increase of PAA concentration causes the proportion of spherical calcium carbonate to
increase, and the spherical crystal is more rounded (Figure 5d–f). PAA changes both the nucleation
frequency and the growth habit of crystals. In addition, the sphere-shaped crystals that formed in
droplets show they Raman spectrum of vaterite [32] (Figure 5g). This polymer (PAA) concentration
affects the crystallization and aggregation behavior of calcium carbonate. It has been reported in the
literature that a bridging flocculation mechanism applies [37], which indicates that the morphology
of the calcium carbonate microspheres is controlled by the bridging effect of polymers on nanosized
particles. The structure of carboxylic acid in PAA is hydrophilic, while a large number of alkyl
groups are hydrophobic, which makes PAA form a folded molecular structure in small droplets [38,39].
The carboxyl group induces calcium ion binding through electrostatic interactions to form a spherical
template. The spherical template reduces the surface energy of vaterite CaCO3, thereby stabilizing the
CaCO3 in the vaterite phase and preventing its conversion to thermodynamically stable calcite [14].
During the subsequent growth process, the steady-state phase of the vaterite nanoparticles is linked by
the PAA molecular chain to form a vaterite carbonate microsphere with a particle size of 5–10 microns.
Pan et al. observed a similar erosion behavior of calcite rhombs when only PAA was used [15], giving
rise to rough rhombs with uneven surfaces due to strong interactions between PAA carboxyl acid
groups and CaCO3. Their experiments resulted in similar mean diameters of the calcite grains, even if
the latter were transformed into hollow spheres with the addition of surfactants. As seen from the
Figure 5h, the position of the crystallization in the droplet changes after the addition of the PAA. Small
droplets are easily split into microdroplets before volatilization due to the changes of the solution
surface activity caused by the surfactant PAA. The ions in the liquid are dispersed to the periphery of
the droplets, so that the formed crystals are deposited around the droplets to form the morphology
shown in Figure 5h.

 

Figure 5. Cont.
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Figure 5. SEM images of crystals formed in a droplet with a polyacrylic acid (PAA) content of (a)
0.1 mg/mL, (b) 0.2 mg/mL and (c) 0.4 mg/mL; SEM images of crystals formed on bulk phase synthesis
with PAA(d) 0.1 mg/mL, (e) 0.2 mg/mL and (f) 0.4 mg/mL; (g) Representative Raman spectrum of
sphere-shaped crystals, which has the characteristic peaks of vaterite at 261, 305, 1075, and 1089 cm−1;
(h) Optical micrograph of CaCO3 crystals formed in 400 μm diameter droplets.

4. Conclusions

In this work, calcium carbonate was synthesized by using a surface-tension-confined droplets
array, and PAA was used to change the morphology of calcium carbonate. Our approach took
advantage of STC technology, which is a facile, controllable and high-throughput method to fabricate
droplet arrays with controlled size, geometry and position on a patterned surface. Calcite formed in
the small droplets without PAA, and the crystal size and number were positively correlated with the
droplet diameter. The size and number of the crystals formed in the droplet became more dispersed
as the diameter of the droplet increased. The maximum crystal diameter of the crystal formed in the
droplet increased from 2.96 μm to 22.42 μm while the diameter of the smallest crystal is stabilized
between 2–4 μm as the droplet diameter increased. It has been found that calcite formed in small
droplets tends to exhibit defects on the surface of the crystal compared to the case of bulk-synthesized
calcium carbonate, which is related to the height of the droplets and the mode of liquid evaporation.
Vaterite was formed and the position of crystallization in the droplet changed when the ionic surfactant
PAA was added. Since a silicon wafer is used as the substrate, some preparation steps can be simpler
when CaCO3 is characterized by Raman spectroscopy and SEM—just cut the wafer to the appropriate
shape. The 200 μm diameter droplet will be selected for CaCO3 biomineralization experiments in
future work because of the relatively stable crystal size and quantity formed. With this droplet diameter
we can make a 100*100 array chip on a 4-inch silicon wafer, providing 10,000 volumes of 0.7 nanoliter
droplets formed. This step will help us to achieve high-throughput CaCO3 biomimetic crystallization
and biomineralization experiments with less reagent consumption in subsequent work.
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Abstract: The nucleation of apatite nanoparticles on exfoliated graphene nanoflakes has been
successfully carried out by the sitting drop vapor diffusion method, with the aim of producing
cytocompatible hybrid nanocomposites of both components. The graphene flakes were prepared
by the sonication-assisted, liquid-phase exfoliation technique, using the following biomolecules as
dispersing surfactants: lysozyme, L-tryptophan, N-acetyl-D-glucosamine, and chitosan. Results
from mineralogical, spectroscopic, and microscopic characterization (X-ray diffraction (XRD), Fourier
transform infrared spectroscopy (FTIR), Raman, Variable pressure scanning electron microscopy
(VPSEM), and transmission electron microscopy (TEM)) indicate that flakes were stacked in multilayers
(>5 layers) and most likely intercalated and functionalized with the biomolecules, while the apatite
nanoparticles were found forming a coating on the graphene surfaces. It is worthwhile to mention that
when using chitosan-exfoliated graphene, the composites were more homogeneous than when using
the other biomolecule graphene flakes, suggesting that this polysaccharide, extremely rich in –OH
groups, must be arranged on the graphene surface with the –OH groups pointing toward the solution,
forming a more regular pattern for apatite nucleation. The findings by XRD and morphological
analysis point to the role of “functionalized graphene” as a template, which induces heterogeneous
nucleation and favors the growth of apatite on the flakes’ surfaces. The cytocompatibility tests of the
resulting composites, evaluated by the 3-(4,5-Dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide
(MTT) colorimetric assay in a dose–dependent manner on GTL-16 cells, a human gastric carcinoma
cell line, and on m17.ASC cells, a murine mesenchymal stem cell line with osteogenic potential, reveal
that in all cases, full cytocompatibility was found.

Keywords: nanoapatites; graphene; crystallization; nanocomposites; lysozyme; L-tryptophan;
N-acetyl-D-glucosamine; chitosan; MTT assay; GTL-16 cells

1. Introduction

In the last decade there has been increasing interest in the preparation of graphene/apatite hybrid
nanocomposites and their derivatives, combining the bioactive properties of the nanocrystalline
apatite with the mechanical strength of graphene for uses in load-bearing applications in bone
tissue engineering [1]. Nanocrystalline apatites are the main inorganic components of bone and
dentine. Compared to stoichiometric hydroxyapatite Ca5(OH)(PO4)3, which is the most stable
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calcium phosphate at ambient temperature, nanocrystalline apatites are non-stoichiometric calcium-
and OH- deficient, plate-shaped, and present a series of substituted ions within their crystal
structure, including carbonate (4%–6%), Na (0.9%), Mg (0.5%), and other minor elements [2].
Biomimetic nanocrystalline apatites exhibit excellent biological properties, such as biocompatibility,
osteoconductivity, and osteoinductivity [2]. In clinical practice, for applications in dental and orthopedic
surgery, they are usually employed as a bioactive coating on a metallic support, combining the biological
properties of the apatite with the mechanical strength of the support, thus promoting a fast fixation
within the surrounding bony tissue. To this end, different calcium phosphate (CaP) coating methods,
employing biocompatible titanium and titanium alloy supports, were developed in the past [3–7].
When the apatite is used as a synthetic bone graft, however, because of its intrinsic brittleness and
low fracture toughness, the use of a reinforcing material to form a composite scaffold with better
mechanical properties is necessary. The presence of this second component in the composite is aimed at
improving the long-term functionality of the graft after clinical surgery, under load-bearing conditions.
Among the used materials, it is worth mentioning different polymers, such as poly(L-lactic acid)
(PLA) [8], poly(ε-caprolactone) (PCL) [9], ceramics [10], carbon nanotubes [11], and more recently,
graphene or graphene derivatives [12]. Few of the materials tested displayed favorable biocompatibility
with sufficient mechanical properties [12]. For example, PCL/apatite composites displayed excellent
bioactivity and improved mechanical properties by increasing the apatite content [9]. However, carbon
nanotubes are good reinforcing materials, but still present certain toxicity [12]. The use of graphene
has been proposed as an alternative component to overcome these troubles.

Graphene is the model of a two-dimensional (2D) nanomaterial, which consists of a single sheet
of carbon atoms covalently bonded in a hexagonal network, therefore presenting an extremely large
specific surface area (theoretically 2700 m2/g). The importance of this material has been recognized
since it was isolated in 2004 [13]. This carbon allotrope exhibits exceptional properties, such as
high mechanical strength, optimal thermal conductivity, and excellent electrical conductivity [14,15].
Graphene has shown promise as 2D scaffold for controlled growth and the osteogenic differentiation of
human mesenchymal stem cells [16], or as a substrate to promote the adherence of human osteoblasts
and mesenchymal stromal cells [17]. In addition, graphene and its derivatives, such as graphene oxide
and reduced graphene oxide, have shown a good biocompatibility, which is a requirement for their
biomedical applications [18].

Different preparation methods of hybrid graphene/apatite nanocomposites and their derivative
nanomaterials have been proposed over the last 10 years of research, including in situ synthesis,
biomimetic mineralization, hydrothermal synthesis, and chemical vapor deposition [1]. During
this period, we reported for the first time a new methodology to precipitate biomimetic apatite
nanoparticles [19] and other calcium phosphates [20] in microliter droplets by the vapor diffusion sitting
drop (VDSD) micromethod. Vapor diffusion in milliliter scale vessels was employed contemporaneously
by other research teams to obtain biomimetic calcium phosphates [21]. The VDSD method was
previously employed for in vitro studies of CaCO3 biocrystallization, in both the absence and presence
of proteins [22,23] and biological fluids [24]. The vapor diffusion technique was also used to precipitate
CaCO3 calcite single crystals induced by the graphene biomolecule adduct [25]. The two main
features of the VDSD technique are the control of the gas diffusion rate of NH3 and CO2 by simply
changing the concentration of NH4HCO3 in a gas generation chamber, which acts as a reagent
reservoir, and the confinement of the nucleation in isolated microdroplets located in a precipitation
chamber. These microdroplets closely mimic the in vivo microenvironments where biominerals
form. The disadvantage of the technique is the very small amount of precipitate for its subsequent
characterization. Our team has recently used this method to induce the heterogeneous nucleation and
growth of CaP films on mica sheets [26]. In the present work, we propose to extend this precipitation
micromethod to induce the heterogeneous nucleation of nanocrystalline apatites on exfoliated graphene
flakes, as the model of a bidimensional material scaffold. The final goal is to assess the usefulness
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of this methodology to obtain cytocompatible hybrid nanocomposites consisting of graphene and
biomimetic apatite.

2. Materials and Methods

2.1. Exfoliated Graphene Flakes

Graphene flakes were prepared by the sonication-assisted liquid-phase exfoliation (LPE)
technique [27]. Basically, the graphene flakes were prepared by exfoliating graphite suspensions in an
ultrasonic bath in the presence of the following biomolecules, acting as dispersing surfactants (Figure 1,
left): lysozyme (Lys), L-tryptophan (Try), N-acetyl-D-glucosamine (NAce), and chitosan (Chi) (high
purity > 99%, from Sigma-Aldrich S.r.l., Milan, Italy). Typically, 20 mL glass vials containing 10 mL of
water suspensions, prepared by mixing 100 mg of graphite powder (Sigma-Aldrich, purity 99.99%)
and either 1.44 mg Lys, 2 mg Try, 2.2 mg NAce, or 40 mg Chi in ultrapure water, were sonicated in an
ice bath for 5 hours. The suspensions were centrifuged at 3500 rpm for 5 min, and the supernatant
was again sonicated for 1 hour and centrifuged for 5 min. After centrifugation, the supernatant was
carefully removed with a micropipette. The as-prepared graphene dispersions were stored at 4 ◦C
prior to the mineralization experiments. The dispersions were stable for more than one week.

Figure 1. Schema showing the preparation of graphene flakes by sonication-assisted liquid-phase
exfoliation of graphite in the presence of either lysozyme (Lys), L-tryptophan (Try), N-acetyl-D-
glucosamine (NAce), or chitosan (Chi), and the experiment of the mineralization of the graphene flakes
with apatites implemented in a “crystallization mushroom”.

2.2. Precipitation Method

Precipitation experiments were carried by the VDSD method on several “crystallization
mushrooms” (Triana Sci. & Tech, S.L., Armilla, Spain) at 20 ◦C and 1 atm total pressure (Figure 1,
right). This microdevice, made of glass Pyrex, is composed of two cylindrical chambers connected
through a hole of 6 mm diameter to allow the vapor diffusion [19]. Each mushroom hosted 10
droplets of 40 μL each in the upper chamber (crystallization zone), prepared by mixing 20 μL of
each graphene suspension plus 2, 10, or 50 mM Ca(CH3COO)2 with 20 μL of 1.2, 6.0, or 30.0 mM
(NH4)2HPO4 to reach a final Ca/P ratio of 5:3. The lowest chamber (reservoir of reagent for generation
of CO2 and NH3) of the different devices contained 3 mL of a 40 mM NH4HCO3 aqueous solution.
The concentrations of Ca(CH3COO)2, (NH4)2HPO4, and NH4HCO3 were optimized in a previous
work to produce the nanosized apatite [19]. Control droplets without graphene were included in each
mushroom. The glass cover and the upper chamber of the mushrooms were sealed with silicone grease,
to isolate the experiment from the surrounding atmosphere. Experiments lasted five days. At the
end of the experiments, the mushrooms were opened and the specimens were rinsed with deionized
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water and left to dry at ambient temperature for one day. Only the experiments performed with
the highest Ca(CH3COO)2 and (NH4)2HPO4 concentrations yielded enough precipitate for further
characterization. The precipitated phase by this technique is a Ca- and OH-deficient carbonate apatite,
whose average formula is written as Ca(5-x)OH(1-x)(PO4)(3-x)(CO3)x, with 0 ≤ x ≤ 1 [20].

2.3. Characterization

Characterizations were carried out by X-ray diffraction (XRD), Fourier transform infrared
spectroscopy (FTIR), Raman microspectroscopy, and electron microscopies (variable pressure scanning
electron microscopy (VPSEM) and transmission electron microscopy (TEM)). XRD was performed
using Cu Kα radiation (1.5418 Å) on a PANalytical X’Pert PRO diffractometer (Almelo, Netherlands)
equipped with a PIXcel detector, operating at 45 kV and 40 mA. For the incident and diffracted beams,
automatic-variable antiscatter slits with a constant irradiated length of 10 mm were used. The 2θ range
was from 4◦ to 80◦, with a step size of 0.026◦. Raman microspectroscopy and FTIR characterizations were
performed with a JASCO NRS-5100 Micro-Raman spectrometer (JASCO, Tokyo, Japan) (λexc = 532 nm),
and a JASCO 6200 spectrometer (JASCO, Tokyo, Japan) provided of an attenuated total reflectance
(ATR) accessory of diamond crystal, respectively. Scanning electron microscopy was performed
with a variable-pressure Zeiss SUPRA40VP scanning electron microscope (VPSEM) (Carl Zeiss, Jena,
Germany), coupled to a Renishaw inVia SCA-Raman spectrometer (λexc = 532 nm). Transmission
electron microscopy (TEM) and selected area electron diffractions (SAED) were performed with a Carl
Zeiss Libra 120 TEM microscope (Carl Zeiss, Jena, Germany) operating at 80 kV. The powder samples
were ultrasonically dispersed in ethanol (absolute, ≥ 99.8%), and then a few droplets of the slurry were
deposited on formvar-coated copper microgrids prior to observation.

2.4. The Cytocompatibility of Graphene–Apatite Nanocomposites

GTL-16 (a human gastric carcinoma cell line, obtained after cloning the MNK45 cell line, and at
passage 70) [28] cells and m17.ASC (a spontaneously immortalized mouse mesenchymal stem cell clone
from subcutaneous adipose tissue at passage 103) [29] cells (12,000 and 5000 cells/well in 96-well plates,
respectively) were incubated for 24 hours. The different concentrations of the different graphene–apatite
nanocomposites, ranging from 0.1 to 100 μg/ml, were added in 100 μL of fresh medium. After 72 hours
incubation, cell viability was evaluated by the 3-(4,5-Dimethylthiazol-¬2-yl)-2,5-diphenyltetrazolium
bromide (MTT; Sigma) colorimetric assay. Briefly, 20 μL of MTT solution (5 mg/ml in a phosphate
buffered saline (PBS) solution, pH = 7.2) were added to each well. The plate was then incubated
at 37 ◦C for 2 hours. After the removal of the solution, 125 μl of isopropanol and 0.2 M HCl were
added to dissolve the formazan crystals. Then, 100 μl were removed carefully, and the optical density
was measured in a multi-well reader (2030 Multilabel Reader Victor TM X4, PerkinElmer) at 570 nm.
The viability of parallel cultures of untreated cells was taken as 100% viability, and values obtained
from cells undergoing the different treatments were referred to this value. Experiments were performed
four times, using three replicates for each sample.

3. Results and Discussion

3.1. Crystallographic and Spectroscopic Features of the Nanocomposites

The XRD patterns of the samples precipitated in the presence of graphene nanoflakes prepared by
the LPE technique in the presence of Chi, NAce, Try, and Lys are reported in Figure 2. All samples
show rather similar patterns. They display the main distinguishing reflections of the apatite phase
(PDF 01-1008), with peaks at 25.87◦ 2θ corresponding to the (002) plane; peaks at 31.77◦, 32.19◦,
and 32.90◦ 2θ, corresponding to the planes (211), (112), and (300), respectively; reflections at 33.9◦
and 39.81◦ (planes (202) and 310), respectively); and other minor peaks in the 2θ range from 40–55◦.
For the sake of comparison, the XRD pattern of a sample of mature, nanocrystalline-carbonated apatite
prepared by the citrate-based thermal decomplexing method [30] is plotted at the bottom of the graph.
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The reflections in the 2θ range of 31–34◦ are seen as a broad unresolved peak in all experiments,
reflecting the nanocrystalline nature of the apatite particles.

Figure 2. X-ray diffraction (XRD) patterns of nanocrystalline apatite nucleated by the vapor diffusion
sitting drop (VDSD) method on graphene nanoflakes prepared by liquid-phase exfoliation (LPE) in the
presence of Lys, Try, NAcel and Chi. (*) denotes apatite, (#) denotes the (001) plane of graphene, and (¤)
denotes the (001) plane of residual graphite.

The absence of octacalcium phosphate (OCP) in the samples is witnessed by the lack of its main
reflection at 4.74◦, or plane (100) (OCP, powder diffraction file PDF 44-0778). The OCP phase was
found to be a precursor of experiments of precipitation of apatite by VDSD and gel methods, carried
out in absence of supports [19,31], and precipitated and stabilized in the experiments performed in the
presence of mica muscovite sheets [15]. These differences reveal that in the presence of functionalized
graphene flakes in the crystallization media, the heterogeneous nucleation and growth of the apatite
phase could be directly induced on the surface of the nanoflakes, without the precipitation of the
precursor OCP phase; this event significantly modifies the progression of the apatite precipitation in
respect to previous experiments [15,19].

On the other hand, the reflections at around 6–7◦ 2θ most likely correspond to the (001) basal
plane of the exfoliated graphene, similar to what was found for graphite oxide (GO) [30]. The shift of
this reflection from around 10◦ 2θ to lower angles (higher d-spacings) in the case of graphite oxide
exfoliated in the presence of some polymers was reported to be caused by the increase in both the
relative humidity and the concentration of polymers that intercalated the GO lattice. These authors
found that at the higher polymer concentration used the GO appeared to be completely exfoliated,
based on the absence of any d (001) peak [32]. In our experiments, the presence of the (001) reflection at
lower angles reflects the intercalation of the used biomolecules, in addition to H2O, and the presence of
a small peak at 26.6◦ 2θ would correspond to the (001) reflection of the residual, non-exfoliated graphite.

The characterization of the spectral features of the composites in the 1800–400 cm−1 range is
shown in Figure 3a. The 4000–1800 cm−1 region (not shown) exhibits a broadband between 3600 cm-1

and 2800 cm-1, corresponding to –OH stretching of adsorbed water, while no clear indication of apatitic
–OH bands around 3580 cm−1 was found, as is usual for biomimetic apatites. The spectral region
from 400 to 1800 cm−1 was analyzed in more detail, allowing the basic visualization of the spectral
features of the apatitic part of the composite. Only a small band at around 1570 cm−1, related to NH2
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bending vibration, and a band of negligible intensity at around 1650 cm−1, related to carboxamide
O=C–NHR [33] in the spectra Ap–G–NAce and Ap–G–Chi, reveal the presence of the biopolymers.
These bands are absent in the FTIR spectrum of Ap. The main band at 1022–1026 cm−1 corresponds
to the asymmetric stretching mode of PO4

3− groups (ν3PO4). The band at ~962 cm−1 is ascribed
to the symmetric stretching (ν1PO4), while less intense bands at ~607 and 565 cm−1 are due to the
bending mode of PO4

3− groups (ν4PO4). The band at ~532 cm−1 in the ν4PO4 domain can be assigned
to non-apatitic (surface) HPO4

2− ions, which points to the biomimetic nature of the precipitated
nanocrystalline apatite in these nanocomposites [34]. Finally, the small band at 474 cm−1 corresponds
to the ν2PO4 mode. No clear indications of spectral features of graphene in the FTIR spectra could
be observed.

Figure 3. (a) FTIR spectra and (b) Raman spectra of nanocrystalline apatites nucleated by the VDSD
method on graphene nanoflakes, prepared by the LPE method in the presence of Lys, Try, NAce,
and Chi.

In all FTIR spectra, the presence of carbonate (CO3
2−) bands was attested by vibrational signatures

due to the ν3CO3 mode, with maxima around ~1416 cm−1 and 1473 cm−1, and the ν2CO3 mode, with a
peak around 873 cm−1. The ν2CO3 region shows a broad peak distinctive of the different contributions
characterizing different chemical environments of the CO3 group within the apatite structure, i.e., A-
and B-type (with carbonate ions replacing OH− and PO4

3− lattice ions, respectively) and labile carbonate
species (belonging to the hydrated non-apatitic layer on the surface of nanocrystals) [35]. The existence
of B-type substitutions was also witnessed by bands at 1515 and 1450 cm−1 [36].

Figure 3b shows the complementary characterization of the spectral features of the nanocomposites
by Raman microspectroscopy in the 400–1200 cm-1 range, with a JASCO NRS-5100 Micro-Raman
spectrometer (λexc = 532 nm). The spectral features of apatite arise at 957–959 cm–1 (ν1PO4), 428 cm–1

(ν2PO4), 586 cm–1 (ν4PO4), and 1039–1043 cm–1 (ν3PO4), with those of CO3 (ν1CO3) arising at around
1069 cm-1; no clear indications of the spectral features of graphene could be observed, likely due to its
low intensity compared to bands of apatite. Raman spectrometer coupled to the VPSEM microscope
was necessary to reveal the characteristic D, G, and 2D signals of the graphene flakes at around 1330,
1560, and 2670 cm−1, respectively (Figure 3b, inset in red color). These bands displayed a 2D/G ratio
lower than 1, and a full width at half maximum (FWHM) of the 2D band of 78 cm−1, indicating they
are stacked in multiple layers (FWHM > 66 cm−1, > 5 layers) [37].
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3.2. Morphological Characteristics of Hybrid Apatite–Graphene Nanocomposites

Figure 4a,c,e,g (left panel) shows the representative VPSEM micrographs of hybrid apatite–
graphene nanocomposites, prepared with graphene nanoflakes and exfoliated in presence of Lys, Try,
NAce, and Chi, respectively. Graphene flakes were visible at very low voltage (1–3 kV), while they
become transparent to the electron beam at higher voltages. All samples were composed of a
polydisperse population of flakes with an irregular shape, and nanocrystalline apatites with elongated
shapes. The largest graphene flakes were produced in presence of Lys and Try (from 200–2000 nm),
while the smallest ones were obtained in presence of NAce and Chi (200–800 nm). Only a few graphene
flakes appeared greater than these sizes. In the last case, the composite was more homogeneous, with a
more intimate apatite–graphene interaction and a closer spatial relationship. A more detailed size
analysis is done in the TEM pictures (Figure 4b,d,f,h, on the left panel), where graphene flakes as large
as 800–1000 nm can be observed in Figure 4b,d, prepared in presence of Lyz and Try, respectively.

Figure 4. Left panel. (a,c,e,g) VPSEM and (b,d,f,h) TEM micrographs of nanocrystalline apatites
nucleated by the VDSD method on graphene nanoflakes, prepared by liquid phase exfoliation in
presence of Lys (a,b), Try (c,d), NAce (e,f), and Chi (g,h). Insets in the TEM micrographs are the selected
area electron diffraction (SAED) patterns of the graphene flakes (G) and of the apatite (Ap). Right panel.
Schematic illustration showing the formation process of graphene–apatite hybrid nanocomposites.

In these pictures, the nanocrystalline apatites displayed the following average lengths (L) and
widths (W): L = 105 ± 4 nm and W = 13 ± 2 nm for Lyz-exfoliated graphene and L = 152 ± 49 nm
and W = 16 ± 5 nm for Try-exfoliated graphene. In Figure 4f, apatite nanoparticles (L = 90 ± 12 nm
and W= 8 ± 3 nm) coating the graphene flakes exfoliated in presence of NAce and some isolated
flakes are observed. The SAED patterns of both components, graphene (G) and apatite (Ap), are
shown as insets in this micrograph. Summing up, the TEM pictures of these three composites reveal
a heterogeneous distribution of apatite-coated graphene and free graphene flakes. Finally, the full
coating with apatite nanoparticles (L = 69 ± 8 nm, W = 7 ± 3 nm) of the graphene flakes exfoliated
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in presence of chitosan (Figure 4h), confirms the greater impact of these Chi–graphene flakes on the
homogeneity of the composite. As a general rule, the apatite nanoparticles always appeared as coating
the graphene flakes, but this finding was more clearly evidenced when the sheets were exfoliated in
the presence of chitosan.

These observations point to the functionalization of the flakes with different biomolecules during
sonication. The labeling of the flakes with the biomolecules favors the stability of the graphene
suspensions for time periods longer than 1 week, as well as the interaction between the graphene
and the apatite nanoparticles during the early stages of nucleation at the surface–solution interfaces
(see Figure 4, right panel). The biomolecules holding hydrophilic groups, such as –COOH, –OH, –NH2,
=NH, or –NH–C=O–CH3 must be placed, not only intercalating the graphene layers of the flakes,
but also being adsorbed on their surfaces, with some ionizable functional groups pointing toward
the solution and providing electrostatic repulsion, thus preventing graphene from re-aggregation,
as suggested when LPE is assisted by ionic surfactants [38]. These functional groups can act as
nucleators of the calcium phosphate. The other mechanism of graphene stabilization is by steric
repulsion. In addition to the electrostatic considerations, this mechanism should be envisaged in
the case of the macromolecules employed in this paper. The better homogeneity of the Ap–G–Chi
composites must be related to the more regular array of the nucleation points on the functionalized
surfaces. Indeed, Chi is a polysaccharide (polymer of N-acetyl-glucosamine and D-glucosamine [39])
extremely rich in –OH groups, which forms sheets by the lateral aggregation of chains. In these sheets,
one side exposes –NH2 groups (pKa ~ 6.5). At acidic pHs, Chi behaves as a polycation. However,
at neutral to basic pHs, the –NH2 groups are uncharged and must be the anchoring points with the
more hydrophobic graphene surface. The other side of Chi exposes –OH groups, which can act as
nucleators. The detailed mechanism of graphite intercalation and graphene labeling with the different
biomolecules deserves a deeper experimental investigation, which is out of the scope of this work.

On the other hand, the findings from X-ray diffraction and the morphological analysis point to the
role of the “functionalized graphene” as a template that diminishes the energy barrier for nucleation,
thus favoring the heterogeneous nucleation and the growth of the apatite on its surface, similarly to
results reported by Liu et al. for the synthesis of apatite-reduced graphite oxide nanocomposites [12].
The presence of the template in the supersaturated solution can also explain why the apatite particles
displayed nanosized dimensions. Indeed, the decrease of Gibbs free energy in a supersaturated system
can be produced either by growth of the millions of nuclei or by primary aggregation of the early formed
particles. If the second mechanism is active, as was reported by Iafisco et al. [40] when producing
apatite in a Ca-citrate/phosphate/H2O system, the template might interact with the primary particles
formed by heterogeneous nucleation, stabilizing them and thus minimizing their aggregation tendency
and favoring the formation of nanoscale crystals, instead of larger crystals [19]. Therefore, the template
effect can plausibly explain the formation of nanocrystalline apatites coating the graphene surfaces.

3.3. Cytocompatibility of Hybrid Nanocomposites

In view of the possibility of using these nanocomposites in future biomedical applications,
their cytocompatibility was tested in an MTT assay on GTL-16 human carcinoma cells, after incubation
at concentrations ranging from 0.1 to 100 μg/mL. No toxicity was observed on GTL-16 cells at any
composite concentration, since in all cases full cell viability was observed (Figure 5). Furthermore,
in view of using these nanocomposites for bone regenerative medicine, we tested their cytocompatibility
also on the m17.ASC murine mesenchymal stem cell line, which has displayed osteogenic potential [29].
This cell line was somehow more sensitive to the contact with the graphene–apatite nanoparticles.
Indeed, a certain level of toxicity was observed at the higher nanocomposite concentrations; however,
in no case was viability lower than 80%, well above the 70% that is the cut-off indicated by ISO
10993-5:2009 [41].
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Figure 5. Viability of GTL-16 cells (a) and m17.ASC cells (b) incubated with graphene–apatite biohybrid
composites (Ap-G) for 72 hours in 3-(4,5-Dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide (MTT)
essays. The graphene flakes were prepared by the liquid-phase exfoliation method in presence of Lys,
Try, NAce, and Chi. Data represent means± SD of four independent experiments performed in triplicate,
and statistical analyses were carried on using one-way ANOVA, with a Bonferroni comparison test.
For statistical analysis, all data were compared to untreated samples.

4. Conclusions

In this research, the nucleation of apatite nanoparticles on exfoliated graphene flakes has been
successfully carried out by the sitting drop vapor diffusion technique. The graphene flakes were prepared
by the sonication-assisted liquid-phase exfoliation technique of graphite in the presence of lysozyme,
L-tryptophan, N-acetyl-D-glucosamine, and chitosan as dispersing surfactants. They were stacked
in multiple layers (>5 layers), and most likely intercalated and functionalized with the biomolecules.
The apatite nanoparticles were found forming a coating on the graphene surfaces. When using Lys-,
Try-, and NAce-exfoliated graphene, the apatite–graphene composites displayed a heterogeneous
distribution of apatite-coated graphene and free graphene flakes, while more homogeneous composites
were obtained when using Chi-exfoliated graphene flakes. The cytocompatibility tests were performed
in a dose-dependent manner on GTL-16 cells, a human gastric carcinoma cell line, and on m17.ASC
cells, a murine mesenchymal stem cell line with osteogenic potential. These tests revealed that in all
cases, these nanocomposites are fully cytocompatible.
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Abstract: A technique is described for generating large well diffracting crystals from conditions
that yield microcrystals. Crystallization using this technique is both rapid (crystals appear in <1 h)
and robust (48 out of 48 co-crystallized with a fragment library, compared with 26 out of 48 using
conventional hanging drop). Agarose gel is used to exclude nucleation inducing elements from the
remaining crystallization cocktail. The chemicals in the crystallization cocktail are partitioned into
high concentration components (presumed to induce aggregation by reducing water activity) and
low concentration nucleation agents (presumed to induce nucleation through direct interaction).
The nucleation agents are then combined with 2% agarose gel and deposited on the crystallization
shelf of a conventional vapor diffusion plate. The remaining components are mixed with the protein
and placed in contact with the agarose drop. This technique yielded well diffracting crystals of
lysozyme, cubic insulin, proteinase k, and ferritin (ferritin crystals diffracted to 1.43 Å). The crystals
grew rapidly, reaching large size in less than one hour (maximum size was achieved in 1–12 h).
This technique is not suitable for poorly expressing proteins because small protein volumes diffuse
out of the agarose gel too quickly. However, it is a useful technique for situations where crystals must
grow rapidly (such as educational applications and preparation of beamline test specimens) and in
situations where crystals must grow robustly (such as co-crystallization with a fragment library).

Keywords: drug discovery; education; crystallization; crystallography; nucleation; micro-crystals;
agarose; ferritin; lysozyme; proteinase k; insulin

1. Introduction

It is convenient to have a robust crystallization protocol that yields high quality protein crystals
even when the mother liquor is perturbed, for example by addition of chemicals from a fragment
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library [1,2]. Robust and rapid crystallization is also useful for applications such as to trouble-shooting
diffraction equipment or in-classroom demonstrations. Here, we present a general technique for
reliably and rapidly growing protein crystals by identifying elements that induce nucleation [3] and
excluding these chemicals from the remaining crystallization solution by sequestering them in agarose
gel [4]. This technique combines a vapor-diffusion approach to crystal growth [5] with a free-diffusion
approach to nucleation [6]. A conventional vapor diffusion plate is used [7]. First, a pellet of gelled
nucleation inducing chemicals is deposited on the crystallization shelf. Second, the solution of protein
and precipitant is placed in contact with the pellet composed of gelled nucleation inducing chemicals.
The reservoir contains the complete crystallization cocktail. If re-sealable crystallization plates are
used (we used EasyXtal® 15-well crystallization plate from Qiagen), the gelled nucleation-inducing
chemicals can be pre-deposited on the crystallization shelf so that crystal growth is initiated in one step
by pipetting the stored solution of protein and precipitant into contact with the agarose. An added
benefit is that hazardous nucleation-inducing chemicals are safer to handle when they are pre-applied
as a gel to the crystallization shelf in a controlled laboratory environment (in contrast, precipitants
frequently present few hazards if handled outside of the laboratory).

The protein experiences a concentration ratio for the gel sequestered nucleant that begins at 0 and
terminates at 1 (where unity is the concentration in the reservoir). In contrast, the concentration of
the precipitant varies by a smaller amount, from 1

2 to 1 (again as a ratio of the concentration in the
reservoir). A similar methodology was introduced when agar was first proposed as a crystallization
facilitator [8], with the difference that all components were embedded in the agar matrix [9], and similar
techniques continue to be used to simulate the advantages of growing crystals in microgravity [10].
In contrast, our goal is to introduce large concentration changes for nucleants, and more gradual
concentration changes for precipitants. A comparable change in concentration can be induced in other
ways, for example using button dialysis [11] and free diffusion methods [12]. The 4-corner method
increases the likelihood of crystallization success by sampling four discreet concentrations of each
precipitant [13]. One advantage of inducing large changes in concentration is that crystallization
often becomes more robust. For example, co-crystallization in the presence of chemical libraries
(such as fragment libraries) often perturbs conditions such that either no crystals are formed, or a
shower of micro crystals are formed [14]. In contrast, inducing crystallization using a large precipitant
gradient is often highly crystallogenic, and hence likely to robustly produce well diffracting crystals
even when perturbed by chemical biology experiments. Robust conditions for co-crystallization are
particularly valuable for drug discovery projects, where co-crystallization with chemicals of interest is
often preferred over soaking because soaking can either take too much time [15] or can induce artificial
artifacts [16].

2. Materials and Methods

We developed nucleant segregation strategies to crystallize four model proteins. Briefly,
the crystallization cocktail is partitioned into two parts, and the nucleation component is segregated
(using 2% agarose) from the protein and remaining chemicals (Figure 1). Our first model protein
was lysozyme, chosen because of the affordability and predictability that make it an unsurprising
test sample in many development projects. For many of the same reasons our second model protein
was proteinase K. Our third model protein was cubic insulin, to test the compatibility of nucleant
segregation techniques with established protocols for button dialysis. Our final target for crystallization
by exclusion of nucleating agents was ferritin. Because of its importance in general understanding
of biological function, as well as its relevance to disease processes, ferritin is intensively studied
by structural methods. However, ferritin is difficult to crystallize, which has slowed progress in
structure-based understanding of its function and role in disease. Nucleant segregation offers a novel
strategy for growing ferritin crystals. Our process induces the formation of small ferritin protein
crystals in under one hour. Large and well diffracting ferritin crystals are obtained overnight. Using
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conventional techniques, comparable quality crystals require extended growth times (crystals may
form more rapidly using techniques such as external magnetic fields; [17]).

Figure 1. Crystallization using gel exclusion. (A) The gel exclusion setup that was used to crystallize
test proteins (the shape of the agarose pellet shown was particularly important for ferritin). (B) Example
of a ferritin crystal grown by gel exclusion (these crystals diffracted to ~1.5 Å resolution).

A faster crystallization protocol would be advantageous, for example for high throughput drug
discovery projects (which require rapid crystal growth to screen large numbers of drug candidates).
Fast and robust crystal growth can also be advantageous to basic science projects (for example, protein
crystallization can be perturbed to generate insights into dynamic behavior).

2.1. Lysozyme

Agarose (2% w/v) was heated to 100 ◦C and combined with 0.4 M benzamidine hydrochloride,
4% sodium chloride, 100 mmol/L sodium acetate (pH 4.6), 10% glycerol, and 5% ethylene glycol. In the
case of lysozyme, the entire crystallization cocktail was included in the nucleation pellet, as explained
in Section 2.5. A 20 μL pellet of gelled nucleation solution was deposited on each cover slip and
allowed to cool (Figure 1A). Lysozyme powder (Sigma L6876, Sigma Aldrich, Saint Louis, MO, USA)
was dissolved (30 mg/mL in 100 mmol/L sodium acetate pH 4.6) and placed adjacent to the agarose
pellet. Control crystals were grown in a similar way, with the difference that no agarose was added,
such that the nucleating solution was added in the liquid state.

2.2. Proteinase K

Agarose (2% w/v) at 100 ◦C was combined with 0.8 M sodium nitrate. A 20 μL pellet of this
gel was deposited on each cover slip and allowed to cool. Proteinase K powder (Sigma P2308) was
dissolved (30 mg/mL 0.1 M BisTris pH 6.5 and 0.08 M CaCl2) and placed adjacent to the agarose pellet.
Similar to the growth of Lysozyme control crystals, proteinase K control crystals were grown with no
agarose and the addition of nucleating solution was in the liquid state.

2.3. Cubic Insulin

Gelled nucleating solution (2% w/v agarose) at 100 ◦C was combined with 0.25 mol/L sodium
phosphate pH 9.2 and deposited on individual cover slips as 20 μL pellets to cool. Human insulin
powder (Sigma 91077C) was dissolved (30 mg/mL in 0.05 mol/L sodium phosphate pH 11) and
placed adjacent to the pellet. Control crystals for insulin were not grown using previous techniques.
Button dialysis [18] proved more effective with the button containing 20 μL of 30 mg/mL protein
in 0.05 mol/L sodium phosphate pH 11, and the reservoir (around the button) containing excess of
0.25 mol/L sodium phosphate pH 9.2.
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2.4. Ferritin

Mammalian ferritin assembles into a roughly spherical protein that is primarily responsible for
oxidizing soluble ferrous iron into insoluble ferric iron (Fe2+ → Fe3+ is the ferroxidase activity). Ferritin
then stores the insoluble iron in a 270 nm3 cavity that can accommodate up to 4500 iron atoms [19].
Ferritin consists of 24 heterogeneous subunits, each of which can be either a light subunit (FTL –
ferritin light chain) or a heavy subunit (FTH1 – ferritin heavy chain) [20]. FTL and FTH1 subunits are
structurally similar, but FTH1 has increased ferroxidase activity, so that the greater the proportion
of FTH1, the greater the ability of the ferritin assembly to rapidly incorporate iron [21]. Ferritin is
intensively studied for two primary health related reasons. First, ferritin accumulates iron in response
to infection (denying iron to invaders) [22]. Second, ferritin maintains a constant level of soluble iron
(iron homeostasis), which is important in anemia and iron overload defects [23]. In addition to its
direct applications to human health, ferritin’s bio-mineralization and metal accumulation properties
are frequently used as tools in biotechnology applications [24].

Cadmium is required for formation of ferritin crystals. In conventional crystallization,
the cadmium is introduced along with the remaining crystallization chemicals. Since cadmium
is very effective in inducing nucleation of ferritin crystals, this process requires a very fine balance for
the cadmium concentration. If there is too much cadmium, a shower of microcrystals results. If there
is too little, the protein either remains in solution, or grows exceedingly slowly. One consequence of
this, is that for most protocols, much of the protein remains un-crystallized, since the crystallization
drop runs out of cadmium much before it runs out of ferritin protein.

We first used conventional high throughput screening to identify crystallization conditions
for ferritin (cadmium in different concentrations was included in all of our screens). We used
established micro-crystallization protocols [25] using an acoustic screening robot [26] to identify three
conditions that yielded ferritin crystals. We then used gel exclusion to segregate the cadmium from
the remaining crystallization cocktail to identify the optimal crystallization condition for our method
(3.5 mol/L (NH4)2SO4, 100 mmol/L tris(hydroxymethyl)aminomethane (TRIS) pH 7.4, 1 mmol/L
ethylenediaminetetraacetic acid (EDTA), 50 mmol/L CdSO4. The cadmium was sequestered in a
hydrogel by combining with 2% agarose and heating to 100 ◦C for 5 min.

We initially used a conventional “hanging drop” crystallization strategy, which consisted of a plate
with 24 separate crystallization chambers. The protein + crystallization chemicals + cadmium-agarose
pellet were positioned on the cover-slip. The cadmium-agarose pellet was of approximately equal
size compared to the protein-chemical drop, and was placed on the cover-slips and left to equilibrate
with the reservoir. The protein-chemical drop consisted of 50% ferritin and 50% crystallization
solution. Once we identified an optimal crystallization condition, we began experimenting with
altering the shape of the agar pellet, to further optimize crystallization. We used screw-on cover slips
(because conventional cover slips contain limited real estate for designing different agar pellet shapes
(screw-on cover slips also have the advantage of a plastic boundary that can be used in the shaping
process; EasyXtal® 15-Well from Qiagen). We observed that an extended shape, which minimized the
contact area between the cadmium-pellet and the crystallization solution, was optimal (Figure 1B).
For comparison, control crystals were grown without using agarose.

2.5. Lysozyme Co-Crystallization with Fragment Library

Each chemical from a 48-fragment library was deposited on a cover slip and allowed to dry (10 μL
of 100 mmol/L fragment dissolved in water). Gelled nucleating solution (2% w/v agarose) was heated
to 100 ◦C and combined with 0.4 mol/L benzamidine hydrochloride, 4% sodium chloride, 100 mmol/L
sodium acetate (pH 4.6), 10% glycerol, and 5% ethylene glycol. Then, 20 μL pellets of the gel was
deposited on each cover slip and allowed to cool while in contact with each chemical. Lysozyme
powder (Sigma L6876) was dissolved (30 mg/mL in 100 mmol/L sodium acetate pH 4.6) and placed
adjacent to the agarose pellet. Control crystals were grown with no agarose added, having nucleating
solution added in the liquid state.
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The cover slips containing lysozyme, proteinase, and cubic insulin were placed on a VDX™
hanging drop plate (Hampton HR3-172, Hampton Research, Aliso Viejo, CA, USA), where the reservoir
contained the complete respective crystallization cocktail. Crystallization plates and buttons were
placed on a Leica MZ16 microscope (Leica Camera AG, Wizlar, Germany) equipped with an Olympus
DP72 camera (Olympus, Shinjuku, Tokyo, Japan) operated with the cellSens standard (version 1.6,
Olympus, Shinjuku, Tokyo, Japan) software. Pictures of the growing crystals were taken automatically
using the process manager at intervals of 150 s (gel exclusion crystals) and 1500 s (control crystals).
Growth rate data were obtained for three gel exclusion crystals and for three control crystals of each
protein, and an overall crystal length “L” was determined for each crystal at each time point as
described in Section 2.2. Cubic insulin crystals moved through the field of view during the growth
process, so a single continuous growth curve could not be produced. Three student researchers
measured the dimensions of each crystal by inspection using Image J software (version 1.51w, NIH,
Bethesda, MD, USA) (the measurements from the three students were then averaged). The crystal
volume was determined using the average x, y, and z dimensions of each crystal, and the cube root of
the crystal volume was used as a measure of the observed length “L” of the crystal at each time point
(Equation (1), Section 3).

3. Results

We observed that all crystals that we tested grew faster using gel exclusion compared to controls
grown using conventional techniques. For both gel exclusion and controls, the crystal size was initially
observed to increase according to a one term asymptotic function but was bounded by an upper limit
that is less than the asymptotic value. Hence, the observed crystal size was empirically fitted to a
two-part equation, where the initial growth follows a simple two-parameter asymptotic Function (1a)
until reaching a maximum size limit, after which crystal size is constant (1b):

[
L = Lc

( t
t+τ

)
i f L < Lmax (1a)

L = Lmax i f L > Lmax (1b)

]
(1)

Here L is the predicted length of each side of the crystal, Lc is an adjustable constant that
corresponds to the asymptotic value (length units), t is the time over which crystallization has occurred,
τ is an adjustable constant that corresponds to the time needed for the crystal to reach 1

2 Lc (time
units), and Lmax is an adjustable constant which indicates the upper limit for crystal size (length units,
the point at which all soluble protein has been subsumed into the crystal such that no further growth is
possible). The three adjustable constants were iteratively refined to minimize the discrepancy between
the observed crystal length and the predicted crystal length (Table 1).

Compared to controls, lysozyme crystals grown using gel exclusion grew 4.6 times faster. Also,
when combined with a 48-fragment library, 100% of the gel exclusion lysozyme co-crystals grew,
compared with 38% of the control lysozyme crystals. Proteinase K crystals were also observed to grow
faster using gel exclusion, compared to controls (10.7 times faster).

Cubic insulin is conventionally grown using button dialysis, which involves a laborious setup of
the apparatus. In contrast, our gel exclusion crystallization setup was simple, and resulted in faster
growing crystals (17.1 times faster).

Growing ferritin crystals requires a prolonged period of time to grow using conventional methods,
particularly for iron containing ferritin. Using gel exclusion, we were able to grow large well diffracting
ferritin crystals overnight. These crystals diffracted to higher resolution than any iron containing
ferritin crystal in the protein data bank (PDB), 1.43 Å, compared to 2.22 Å; our best control crystal had
a resolution of 2.54 Å. The highest resolution for iron containing equine ferritin in the PDB is 2.2 Å,
which is comparable to our best control crystals at 2.5 Å. Data to 2.0 Å have been recorded from iron
containing ferritin crystals grown under high magnetic fields but were not deposited in the PDB [27].
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Table 1. Refined curve fitting parameters for crystal growth curves.

Lysozyme: Gel Exclusion Hanging Drop

Time step (s) 150 1500
Tau (h) 0.57 ± 0.02 2.66 ± 0.48

Lmax (μm) 512 ± 49 427 ± 71
Lc (μm) 605 ± 58 505 ± 84

Residual (%) 2.04% ± 0.36% 2.55% ± 0.56%

Proteinase K: Gel Exclusion Hanging Drop

Time step (s) 120 600
Tau (h) 1.01 ± 0.24 16.16 ± 2.60

Lmax (μm) 363 ± 81 361 ± 31
Lc (μm) 430 ± 21 534 ± 46

Residual (%) 5.66% ± 0.82% 2.80% ± 0.06%

Cubic insulin: Gel Exclusion Hanging Drop

Time step (s) 150 1500
Tau (h) 3.30 ± 0.00 56.33 ± 5.18

Lmax (μm) 222 ± 16 86 ± 10
Lc (μm) 555 ± 40 214 ± 25

Residual (%) 3.14% ± 0.63% 4.92% ± 1.97%

3.1. Lysozyme

Lysozyme crystals grew much faster using gel exclusion compared to controls. Crystals’ growth
using gel exclusion and controls had similar crystal habits, though the gel exclusion crystals tended to
exhibit a less elongated crystal habit (Figure 2). The growth constants τ, Lc, and Lmax (Equation (1)) for
each of the three crystals grown using gel exclusion, and for each of the three crystals grown using
conventional methods, are shown in Table 1. For visual illustration, we also fitted growth curves to
the overall data obtained by averaging the lengths of all three crystals grown using gel exclusion and
compared to the overall growth curve from the control crystals (Figure 1 inset).

Figure 2. Growth rate for lysozyme crystals grown using gel exclusion (green) and conventional
hanging drop (orange). Data are fitted by a single polynomial asymptotic curve with an upper bound
that is lower than the asymptotic value. Crystal habits were similar (inset).
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3.2. Proteinase K

Proteinase K crystals also grew much faster using gel exclusion compared to controls. Crystal
growth using gel exclusion and controls led to virtually identical crystal habits (Figure 3), and the
fitted parameters are shown in Table 1. As in Section 2.1, overall growth rates were also determined by
averaging the sizes of the three crystals grown using gel exclusion and the three controls (Figure 3 inset).

Figure 3. Growth rate for proteinase K crystals grown using gel exclusion (green) and conventional
hanging drop (orange). Data are fitted by a single polynomial asymptotic curve with an upper bound
that is lower than the asymptotic value. Crystal habits were virtually identical (inset).

3.3. Cubic Insulin

Gel exclusion proved to be a simple alternative to button dialysis, with many of the same benefits,
but with a much simpler experimental setup. Cubic insulin crystals grown using both methods had
identical habits. As previously, crystal growth was greatly accelerated using gel exclusion (average
values in Table 1; continuous growth curves could not be generated due to crystal movement).

3.4. Ferritin

Using gel exclusion to sequester cadmium to fine-tune crystallization of ferritin yielded well
diffracting crystals that grew in a few hours. As mentioned in Section 2.4, we noticed that there was a
correlation between the shape of the cadmium pellet and the quality of the crystals that grew in that
crystallization drop. After exploring many different shapes for the cadmium pellet, we observed that
the optimum shape was a “comma” shape. The crystals that resulted from this improved procedure
had a better, more symmetric crystal habit, and yielded improved diffraction quality.

Once we chose an optimal crystallization strategy (Section 2.4), we obtained an X-ray diffraction
data set (Figure 4). Diffraction data were measured at the National Synchrotron Light Source II
(NSLS II) beamline 17-ID-1 (AMX) and processed with XDS (version January 2018, MPI, Heidelberg,
Germany) [28]. Data were further processed using CTRUNCATE in the CCP4i suite (version 0.8.9,
CCP4, Oxon, UK) [29]. Structures were obtained by molecular substitution from published models and
refined using REFMAC (v0.8.9, CCP4, Oxon, UK) [30] and ArpWarp [31] (version 7, EMBL, Hamburg,
Germany) (starting models 1IER [32]). Structures were visually inspected using coot (version 0.8.9,
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CCP4, Oxon, UK) [33]. The quality of these crystals was a significant improvement compared to
the best crystals grown using conventional crystallization strategies (Table 2; PDB accession code
6MSX). We conclude that our proposed three-state crystallization strategy (with three distinct chemical
environments in the hanging drop, the agar pellet, and the reservoir) allowed us to fine-tune the
crystallogenesis of ferritin, yielding faster growing and higher quality crystals.

Figure 4. High quality crystals grown in 12 h yield accurate electron density for ferritin. Electron
density is contoured at 3σ (2fo–fc). Three residues are shown, the remainder of the ferritin is represented
as a helix ribbon (6MSX).

Table 2. Data reduction and structure refinement statistics.

Protein Ferritin Lysozyme Lysozyme Lysozyme

Fragment n/a 3-amino- Picolinic Eosin Y/
Phenol acid Trp62

Resolution (Å) 1.43 (1.47) 1.35 (1.39) 1.23 (1.26) 1.56 (1.60)
Rmerge (%) 11.6 (407) 7.0 (74.7) 6.7 (53.0) 9.0 (69.4)

CC1/2 100.0 (49.9) 99.5 (84.6) 99.4 (82.4) 99.5 (77.7)
<I/σ(I)> 31.81 (1.17) 21.9 (3.2) 17.4(2.3) 17.8 (3.1)

Multiplicity 138.2 (48.9) 12.8 (11.3) 8.1 (5.5) 12.8 (11.2)
Unique reflections 47,743 27,063 (1906) 32,856 (1997) 17,660 (1235)
Completeness (%) 100.0 (100.0) 99.7 (96.0) 97.3 (83.1) 99.7 (96.3)

Rwork (%) 15.71 15.75 17.62 17.44
Rfree (%) 17.17 18.59 19.91 21.16

R.M.S. bond (Å) 0.03 0.03 0.03 0.02
rms angles (◦) 2.65 2.53 2.51 1.83
Mean B (Å2) 30 19 19 26

Mean ligand B (Å2) n/a 17 30 38
Figure 4 6a 6b 6c

PDB code 6MSX 6MX9 n/a n/a

3.5. Lysozyme Co-Crystallization with Fragment Library

We originally designed the gel exclusion method as a convenience to easily generate crystals for
applications that require rapid crystal growth, such as educational courses and benchmarking the
performance of diffraction instrumentation. However, during testing we observed that gel exclusion
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was a robust crystallization technique that reliably yielded crystals even when mistakes were made
during the crystallization setup. To test the usefulness of this observation, we co-crystallized lysozyme
with 48 chemical fragments using gel exclusion and compared this to crystals generated using
conventional hanging drop. Using gel exclusion, we observed lysozyme crystals in all 48 fragment
screens (Figure 5, top), compared to 26 in the 48-control screen (Figure 5, bottom).

 
Figure 5. Co-crystallization of lysozyme with 48 fragments (gel exclusion on left, control on right).
Green dots indicate large crystals, yellow dots indicate small crystals, orange dots indicate possible
crystals, and red dots indicate no crystals). Gel exclusion co-crystallization yielded 48 crystals out of
48 screens, compared to 26 using conventional hanging drop (detailed description of fragment library
in Supplementary materials section 1).
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We obtained diffraction data from crystals drawn from all 48 gel exclusion screens. Diffraction
data were measured and processed, and structures were solved, as described in Section 2.5 (starting
models 4N8Z; [34]). Inspection of the structures revealed that three of the fragments tested induced
observable changes in the electron density, 3-aminophenol, picolinic acid, and eosin Y (Figure 6A–C
respectively). One observed ligand (3-aminophenol) was deposited in the PDB (6MX9).

Figure 6. Electron density indicated that 3 out of 48 fragments perturbed the lysozyme starting model.
Two of these were observed bound to the protein, (A) 3-aminophenol and (B) picolinic acid. (C) The
third induced oxidation of tryptophan 62 (eosin Y) (C). Figure (C) depicts a tryptophan residue with
an open ring and a changed confirmation (observed in the presence of eosin Y) [35]. Omit difference
electron density is contoured at 3σ (A) or 2σ (B,C). Since picolinic acid resembles a crystallization
component, (B) was re-crystallized without benzamidine.

4. Discussion

As discussed earlier, agar exclusion is a useful strategy for applications that require fast
crystallization, such as educational applications and generating test crystals to test diffraction
equipment. There are also safety advantages to sequestering toxic chemicals inside of an agar pellet
(such as cadmium sulfate used to nucleate ferritin crystals), and further advantages in work flow
compared to awkward crystallization setups such as button diffusion. In the case of ferritin, crystals not
only grew very quickly, but yielded higher resolution data than conventionally grown crystals. High
resolution data can improve the accuracy of ferritin models deduced from the diffraction (for example,
we used the diffraction data to estimate the iron content inside the ferritin cavity using an iterative
density modification and phase refinement procedure that is sensitive to data and model quality [36]).
The integrated total number of iron atoms inside of the ferritin cavity was deduced to be 835 ± 22,
starting from 20 models with very different initial average cavity density. This number is similar to a
previously reported estimate of 800 Fe/molecule for native equine ferritin (measured using atomic
absorption spectrophotometry [37,38]). All of these advantages are incremental conveniences that
improve experimental timing, work flow, or quality—but do not potentiate new science that would
otherwise not be possible.

The 100% co-crystallization rate for lysozyme with 48 fragments suggests that agar exclusion may
be a robust approach to fragment screening. The fact that none of the three fragments that induced
observable perturbations to the protein structure yielded crystals in the conventional hanging drop
screens begs the question of whether fragments that interact with the protein surface are more likely to
interfere in the crystallization process, compared to fragments that do not interact with the protein
surface. This would be particularly important because it would imply that the miss rate for fragment
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screening is exaggerated because useful fragments are especially likely to interfere in co-crystallization.
We can use the hypergeometric distribution to calculate that there is a 9% probability of observing
0 perturbations in the electron density from the set of 26 co-crystals that did grow in the control set,
and observing 3 perturbations in the electron density from the set of 22 co-crystals that did not grow
in the control set, if failure to co-crystallize and perturbation of the electron density are independent
variables (see supplemental section 2). Hence, we conclude that lysozyme co-crystals are less likely to
form in the presence of chemicals that perturb the structure of lysozyme, compared to chemicals that
do not perturb the structure of lysozyme.

5. Conclusions

We found simple and effective partitions of the crystallization cocktail for four test proteins,
with some of the chemicals sequestered in an agar pellet and some present in the protein drop.
We observed that this gel exclusion approach yielded large well diffracting crystals far more rapidly
than conventional crystallization. In the case of ferritin, crystals grown using gel exclusion were of
higher quality than comparable crystals grown using hanging drop, and also of higher quality than iron
containing crystals in the protein data bank. In the case of lysozyme, we observed that co-crystallization
with a fragment library was more robust with agar exclusion compared to conventional hanging drop
techniques. Notably, none of the three fragments that were observed to perturb the lysozyme structure
resulted in crystals when co-crystallized using conventional hanging drop methods. We conclude that,
in the case of proteins that are available in high quantities, agar exclusion is a promising technique for
rapidly growing robust protein crystals.
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Abstract: Homogeneous nucleation of protein crystals in solution is tackled from both
thermodynamic and energetic perspectives. The entropic contribution to the destructive action
of water molecules which tend to tear up the crystals and to their bond energy is considered.
It is argued that, in contrast to the crystals’ bond energy, the magnitude of destructive energy
depends on the imposed supersaturation. The rationale behind the consideration presented is
that the critical nucleus size is determined by the balance between destructive and bond energies.
By summing up all intra-crystal bonds, the breaking of which is needed to disintegrate a crystal into
its constituting molecules, and using a crystallographic computer program, the bond energy of the
closest-packed crystals is calculated (hexagonal closest-packed crystals are given as an example).
This approach is compared to the classical mean work of separation (MWS) method of Stranski and
Kaischew. While the latter is applied merely for the so-called Kossel-crystal and vapor grown crystals,
the approach presented can be used to establish the supersaturation dependence of the protein crystal
nucleus size of arbitrary lattice structures.

Keywords: protein crystal nucleation; thermodynamic and energetic approach; protein ‘affinity’
to water; solubility; balance between crystal bond energy and destructive surface energies;
supersaturation dependence of the crystal nucleus size

1. Introduction

Crystallization is the most efficient and economical way of obtaining chemically pure compounds.
That is why it is widely used in the pharmaceutical, fertilizer and sugar industries. Single crystal
X-ray diffraction, being the most universal, powerful and accurate tool for biological macromolecule
structure analysis and protein–substrate interactions, requires relatively large and well-diffracting
crystals. However, the major stumbling stone in X-ray diffraction analysis of protein crystals
is the lack of a recipe (or definite indications) for growing crystals of newly expressed proteins.
The issue is finding conditions that make the homogeneously scattered protein molecules in a solution
form stable crystal nuclei; once nucleated, the crystals continue growing spontaneously. Evidently,
nucleation is the crucial step that determines the difference between success and failure in protein
crystallization trials. Regardless of the numerous auxiliary crystallization tools employed, such as
automation and miniaturization of crystallization trials by means of robots, Dynamic Light Scattering,
crystallization screening kits, etc., it is researchers’ creativeness and acumen that remain indispensable.
Even with state-of-the-art tools, it is exceptionally challenging to probe the nucleation processes in
real time. Only most recently, this problem has been addressed successfully by Van Driessche et al. [1].
Nevertheless, some of the most intimate moments of molecule-by-molecule assembly to form crystal
nuclei are still elusive and require further elucidation.

Following the fundamental notion of a kink position (Halbkristalllage in German) introduced
by Kossel [2] and Stranski [3], the Bulgarian scientists Stranski and Kaischew [4–6] were the first
to apply a molecular kinetic (and energetic) approach to crystal nucleation. They proposed the
so-called mean work of separation (MWS) method. To calculate the MWS value, all of the different
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kinds of bonds (between the first, second and third neighboring crystal-building blocks) are counted
separately, and each number is multiplied by the corresponding bonding energy. Then, the products
are summed up, and the result is divided by the total number of blocks in the corresponding crystal
element (crystal face, cluster edge). It has been argued that for vapor phase crystallization MWS
value is equal to the chemical potential, taken with a negative sign, plus a substance and temperature
dependent constant [7]. To calculate the work required (energy barrier) for nucleus formation, crystal
bond energies are used as well. They are calculated by summing up the number of all intra-crystal
bonds, the breaking of which is needed to totally disintegrate a crystal into all its constituting
molecules. The same approach is used in the present study. Applying the MWS method to the so-called
Kossel-crystal (a crystal build by small cubes held together by equal forces in a cubic primitive crystal
lattice) allows the equilibrium crystal shapes to be determined.

A big advantage of the MWS method is its simplicity. It uses the relative bond energies between
separate crystal building units instead of the absolute bond energy values, which frequently are
unknown. However, the MWS method has two major drawbacks: it is applicable only to the
Kossel-crystal model (existing extremely rarely in nature) and considers solely enthalpic effects.
Perhaps it is for these very reasons that the MWS method is used rarely nowadays, even though it
enables semi-quantitative studies of crystal nucleation and growth.

To find the critical nucleus size, Garcia-Ruiz established the balance between the cohesive energy
(ΔGv), which maintains the integrity of a crystalline cluster, and the sum of destructive energies (ΔGs),
which tend to tear up the crystal, i.e., −ΔGv + ΔGs = 0 [8]. Using a cubic primitive crystal lattice formed
by spheres, the author equilibrated the number of bonds shared by the crystal building units with the
number of dangling bonds at the crystal surface, pointing toward the solution. This corresponds to the
classical nucleation theory where ΔGv is proportional to the crystal volume while ΔGs is proportional
to its surface, and the critical nucleus size is determined from the compensation of the large surface
energy, which is inherent for the undercritical molecule clusters, by the faster volume energy increase
resulting from the rising crystal size. Garcia-Ruiz’s intuitive approach accounts for the water molecules
acting on the apexes and edges that exist on the polyhedral crystal nuclei but are absent on the droplets.
His model shows that at the crystal vertices, water molecules pull protein molecules towards the
solution from three (perpendicular) directions, at the crystal edges from two directions, and at the
crystal face from one direction only.

Recently, Garcia-Ruiz’s brilliant idea was been further elaborated [9]. When the system is
undersaturated, i.e., crystallization is impossible, the protein ‘affinity’ to water molecules prevails
over the crystallization propensity. Therefore, to evoke crystallization, it is necessary to impose
supersaturation and the higher the latter, the more thermodynamically stable the crystal is, with respect
to the solution. Thus, it is feasible to assume that the imposed supersaturation decreases the
protein-to-water affinity, i.e., supersaturation diminishes the destructive energy (ψd) per bond.
This means that the tendency to tear up the crystal depends on the degree of supersaturation in
contrast to the cohesive energy per bond in the crystal lattice (ψb) which is supersaturation independent.
This means that any supersaturation increase will lead to an increase in ψb/ψd ratio. On this basis,
the critical nucleus size dependence on supersaturation has been determined (from the balance between
the sum of all intra-crystal bonds and the sum of surface destructive energies) for the Kossel-crystal
model [9].

The objective of the present work is to shed additional light on the thermodynamic and molecular
aspects of the homogeneous nucleation of non-Kossel crystals, such as nucleation of protein crystals in
solution. To determine the supersaturation dependent critical nucleus size, the crystal bond energy
and the sum of supersaturation dependent surface destructive energies are equilibrated (referred to
as EBDE) and compared to the MWS method. In view of the nature of lattice binding forces among
huge biomolecules, only the first nearest neighbor interactions are considered. For simplicity purposes,
equal bond energy interactions throughout the whole crystal are assumed. The consequences of the
highly anisotropic and multivalent interactions of proteins during crystal nucleation were considered
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elsewhere [10]. However, specifics of protein and small molecule crystal nucleation are kept in
mind [11].

2. Equilibration of Crystal Bond Energy with Surface Destructive Energies (EBDE)

2.1. Thermodynamic Basis of EBDE and Definition of Protein-to-Water Affinity

In [9], ψd was loosely defined as accounting for entropy, including the sum of all nucleation
disfavoring entropic contributions. All entropy increasing components (favoring crystal nucleation)
were included in ψb. A more rigorous definition of protein-to-water ‘affinity’ which uses both
nucleation process enthalpy and entropy is provided below.

Thermodynamics stipulates that enthalpy and entropy govern phase transition. In contrast to
crystal nucleation from vapors, protein crystal nucleation evokes a simultaneous entropy change
in both solutions and crystals [12]. Rearrangement and/or release of some associated water or
trapping of even more water molecules occurs when protein molecules get together to form a new
solid phase. Therefore, entropy accounts for the change in the number of molecules in both protein
crystals and solutes. Many water molecules are released in the solution for each protein molecule
bound into the crystal lattice. In the disordered bulk solvent, these water molecules have six degrees
of freedom and increase the entropy of the whole crystallizing system, thus leading to a decrease
in the Gibbs free energy of phase transition. Sometimes, the entropy gain resulting from the said
water transfer is the main component in the driving energy for protein crystal nucleation. However,
it is not only the release of water molecules from the contacting patches (during crystalline bonds
formation) that affects crystallization thermodynamics. Being immobilized in the crystal lattice, protein
molecules lose entropy due to the highly constrained translational and rotational degrees of freedom.
In turn, protein molecule ordering (crystal nuclei formation) is stimulated by an entropy gain due
to the newly acquired vibrational degrees of freedom that arise upon molecule attachment to the
crystal. Together with the high crystallization enthalpy, entropy changes ensure the negative values of
Gibbs free energy required for spontaneous crystallization are attained (for more details see [12,13]).
The conformational entropy of residues involved in crystal contact has been recently reconsidered [14].
Simultaneously, study of hydrogen bonds, van der Waals contacts and electrostatic interactions has
shown that hydrogen-mediated van der Waals interactions are the dominant force that maintains
protein crystal lattice integrity. Unfortunately, however, non-Kossel crystal lattice analysis remains
a theoretical challenge [13].

The relation between ψd and supersaturation (Δμ) is derived via the protein-to-water ‘affinity’
(α) noting that the lesser the value of α, the lesser the crystal solubility (ce). As a first approximation,
proportionality with a constant κ is assumed:

α = κce. (1)

Also noted is the equal probability of crystal nuclei formation and dissolution. This means that the
nucleation process can be regarded as a reversible chemical reaction characterized by the equilibrium
constant for crystallization (Keq). Combining the standard Gibbs free energy (ΔGo) for crystals,

ΔGo = ΔHo − TΔSo, (2)

where ΔHo is the standard enthalpy change, and ΔSo is the change in entropy of the nucleation process.
T is the absolute temperature. The Gibbs free energy isotherm equation is

ΔGo = −RTlnKeq,

and by denoting the universal gas constant as R, the following is obtained:

lnKeq = −(ΔHo/RT) + (ΔSo/R). (3)
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Considering the approximation suggested by Sleutel et al. [15] and assuming an ideal solution
(i.e., the activity coefficient is a unit), the crystallization equilibrium constant (Keq) can be represented
as Keq ≈ (ce/co)−1, which gives

ln(ce/co) = (ΔHo/RT) − (ΔSo/R). (4)

where co = 1 mol L−1 is the solution’s concentration in the standard state. Thus, solubility,
ce, is expressed in terms of the change in the entropy and enthalpy of the nucleation process:

ce = coexp[(ΔHo/RT) − (ΔSo/R)], and (5)

α = κcoexp[(ΔHo/RT) − (ΔSo/R)]. (6)

The protein crystal solubility, ce (and hence, protein-to-water affinity, α), depends on the solution’s
composition, mainly the precipitant type and concentration, pH, and temperature. (Isothermal protein
crystal nucleation is considered here.) The lesser the solubility (affinity), the larger the supersaturation
at the same solution concentration, c:

Δμ = kBTln(c/ce) = kBTln{c exp[(ΔSo/R) − (ΔHo/RT)]/co)} = kBTln(κc/α), (7)

where kB is the Boltzmann constant.
It has been known for a long time that the disordered solvent phase fills the void between

molecules in the protein crystal lattice [16]. The role of water included in protein crystals acting like
an ‘additional glue’ to hold protein molecules together has been considered elsewhere [17] and is not
within the scope of this paper.

2.2. Energetics of Protein Crystal Nucleation

From energetic point of view, it is evident why 3D nuclei are preferred over 2D nuclei built by the
same number of molecules. A (forth) molecule arriving from solution bulk prefers to start forming
a second layer (B) rather than attaching itself to the periphery of an already existing layer (A) (Figure 1).
The reason is that by sitting in the hole between the three molecules of layer A, this molecule bonds to
the others using energy 3ψb. If it is to remain in layer A, it will acquire two bonds only, so it jumps and
forms layer B (Figure 2). For the same reason, it is highly probable that a fifth molecule will attach
itself to the opposite side of the molecule triplet (Figure 1). That is how the cluster of bond energy 9ψb,
arises, instead of the planar configuration of energy 7ψb.

Figure 1. Three close-packed molecules form layer A.
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Figure 2. A molecule jumps to start formation of a second layer (B).

Typical 3D protein crystals are polyhedral, which is why crystal nuclei are assumed to have
polyhedral shapes. The thermodynamic definition of protein-to-water affinity presented above assumes
that crystals are stable entities, even though molecules at crystal vertexes and edges are connected
more loosely than those at the crystal face. In view of the rather high supersaturations needed for
protein crystal nucleation, this assumption is quite reasonable (and can be regarded as a justification
for EBDE application).

Keeping in mind Garcia-Ruiz’s postulate about water molecules pulling protein molecules at
crystal vertexes towards the solution more strongly (from three different directions) than those at
crystal faces, we notice that small molecule clusters, comprised of up to six molecules, have all of their
molecules sitting at crystal vertexes. From the EBDE perspective, such small molecule clusters can
be critical nuclei only provided supersaturation is very high. Table 1 shows the ψb/ψd ratio for the
number (n) of molecules in a cluster; note that the supersaturation is decreasing from left to right.
A 3D cluster formed by four molecules does not predetermine the lattice type—hexagonal closest
packed (HCP) or face centered cubic (FCC)—of the growing crystal, while a 3D cluster, comprised of
five molecules (three in layer A and one on each side, i.e., in two layers B), results in an HCP crystal
lattice. A FCC structure requires larger clusters of at least six molecules. However, it is not only the
energetic aspect that determines the crystal lattice type. Wukovitz and Yeates [18] have pointed out
that an appropriate symmetry is mandatory for the crystallization of biological macromolecules.

Table 1. The ψb/ψd ratio for the number (n) of molecules in a cluster.

n 2 3 4(in 3D) 5(HCP) 6(FCC)
ψb/ψd 6 3 2 ≈1.7 ≈1.6

Using the MWS method, Kaischew [19] showed that homogeneously formed crystal nuclei are
larger than heterogeneous nuclei. The reason for this is that the volume of a heterogeneous nucleus
decreases to a degree that depends on the substrate’s nucleation activity (see Figure 3). Energetically
preferred 3D HCP (Figure 4) and 3D FCC crystals arise by adding three molecules in the (corresponding)
holes at the top, and another three molecules at the bottom of an initial layer A of spheres arranged in
the shape of a hexagon; all of the tetrahedral holes are covered in the HCP structure, and all of the
octahedral holes are covered in the FCC crystals. The result is a three-fold rise in bond energy, up to
36ψb, compared with 12ψb in the planar configuration, and the ψb/ψd ratio is calculated by EBDE
(see Table 2, in which the supersaturation is decreasing from left to right).

The EBDE method benefits from crystallographic computer programs rendering the sums of
bond energies (ΔGv

3) of arbitrary sized 3D crystals and the number (Ns) of surface atoms exposed
to water destructive action. The advantage of crystallographic computer programs is that they are
applicable to diverse crystal structures. Given as an example here are HCP crystals with <0100> edge
lengths determined by the numbers (L) of the molecules in them. The ATOMS (Version 5.0.4, 1999)
computer program is used to calculate ΔGv

3 and Ns for the crystals of a truncated bipyramidal shape.
These crystals are geometrical homologues to the crystal (shown in Figure 5), with L = 3 (the three blue
balls), in which the number of molecules (Nt) in the topmost and correspondingly, in the bottommost,
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{0001} faces depend on L (so that for the differently sized crystals, Nt = 3 for L = 2 (Figure 4); Nt = 7 for
L = 3 (Figure 5); Nt = 12 for L = 4; Nt = 19 for L = 5; Nt = 27 for L = 6, etc.).

Figure 3. (a–c) 2D crystal nuclei: (a) homogeneous nucleus; (b,c) heterogeneously formed nuclei.
Wulff’s points are shown by small circles, and hi denotes the corresponding distances (proportional to
the respective surface free energies) used for the Currie–Wullf’s constructions; the solid line represents
the substratum surface.

Figure 4. Formation of a hexagonal closest packed (HCP) crystal.

Figure 5. Top view of a five-layered HCP (truncated dihexagonal dipyramid) crystal, for which the
two bottom layers are not seen. The crystal is formed on a closest packed monomolecular layer A of
spheres (the blue balls) arranged into the shape of a complete hexagon with L = 3.
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The plot of ΔGv
3/ΔGs vs. L is shown in Figure 6. The reason for this plotting is that the energy

balance (−ΔGv + ΔGs = 0) means ΔGv/ΔGs = 1, so the reciprocal of the ordinate value in Figure 6
(giving the corresponding ψb/ψd values) shows the decrease in supersaturation with an increase in L
(Table 2). Here Garcia-Ruiz’s postulate (that the molecules at the crystal vertexes are pulled towards
the solution from three different directions, the molecules in the crystal edges are pulled from two
directions, and the molecules in the crystal faces are pulled from one direction only) is also taken
into account since it should apply to any crystal structure—water molecules are ‘negligent’ of the
crystal lattice type. It is worth noting that the larger nucleus stands in equilibrium under the actual
supersaturation until the larger ψb/ψd value in Table 2 (corresponding to higher supersaturation
needed for formation the smaller crystal nucleus) is reached.

Table 2. The ψb/ψd ratio for the number (L) of molecules in the crystal edge.

L 2 3 4 5 6 7 8 9 10
ψb/ψd 1 0.43 0.25 0.17 0.13 0.10 0.087 0.07 0.06

Figure 6. Plot of ΔGv
3/Ns vs. L.

However, only crystals of modest size are of interest because though feasible from an energetic
point of view, larger crystal nuclei are less likely to appear. There are kinetic reasons for this—bringing
together a vast number of molecules via molecule-by-molecule assembly into a crystal nucleus involves
very large fluctuations which in turn requires very long waiting times. For the same reason, the simplest
crystal shapes are considered—any additional nuclei faces require a substantial increase in crystal size.

The discrete character of cluster-size alteration has been considered by Stoyanov, Milchev and
Kaischew [20–23]. They established a step-wise, instead of a continuous, relationship between nucleus
size and supersaturation, and a supersaturation interval instead of a fixed level of supersaturation
corresponding to each critical nucleus.

3. MWS Method Application to Closest-Packed 3D Crystals; Comparison of EBDE and MWS

Crystallographic computer programs provide crystal lattice images and numerical data, in contrast
to the classical MWS method which uses analytical expressions. Simple models of modestly sized
3D crystals with complete shapes were used to calculate the MWSs of faces forming the habitus
of non-Kossel crystal nuclei, the reason being that incomplete crystalline clusters would have sites
for subsequent attachment and formation of minimum surface free energy clusters. Considered
herein are the closest-packed (HCP and FCC) crystals. To prepare such models, closest-packed
monomolecular layers were stacked consecutively onto both sides of a basic A-layer. Three-layered
(Figure 7), five-layered (Figure 5), etc. homologous HCP crystal nuclei with L = 3, 4, etc. were created.
(It is worth noting that heaping 7 and more close-packed layers need larger foundations, i.e. larger
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L values. As already mentioned however, a nucleus size limit is inevitable.) In contrast, to calculate
the MWS of a {0001} crystal face, a whole upper mono-layer was stripped-off from the rest of the
crystal. Then the layer disintegrated completely into its constituent molecules. The results made
it obvious that MWS value calculations introduced uncertainty, caused by the alternatively stacked
hexagonal and ditrigonal layers in the HCP crystals. This is why two different MWS values (but not
one like by the Kossel-crystal) were calculated for the closest-packed surface layers. Oddly enough,
depending on the type of surface layer to be disintegrated, the crystal stood in equilibrium with two
different supersaturations.

Figure 7. Top view of a three-layered HCP truncated dihexagonal dipyramid crystal (the bottom layer
is unseen). The crystal is built by stacking the closest packed layers of spheres (the red balls) onto the
single A layer (the blue balls, arranged into the shape of a complete hexagon with L = 3).

Well-known crystallography equations were applied for the MWS value calculations. Since each
molecule in the closest-packed surface layer (regardless whether hexagonal or ditrigonal) is related to
three molecules beneath it, the work (energy) needed for striping-off one such layer is always three
times the number (z) of molecules in the layer. By denoting the number of molecules in the edge of
a hexagonal layer by λ, we obtain

z = 3λ(λ − 1) + 1, (8)

which gives z = 7, 19, 37, 61, 91, 127 ... for λ = 2, 3, 4, 5, 6, 7 ... respectively.
In addition, for the number (Z′) of molecules in the ditrigonal layer, which is situated onto

a hexagonal layer:
Z′ = 3(λ − 1)2, (9)

which gives Z′ = 3, 12, 27, 48, . . . for λ = 2, 3, 4, 5 ... respectively.
A complete disintegration of the hexagonal and ditrigonal layers into their constituent molecules

requires different amounts of work (ΔGv
2) which, in turn, implies two different MWS values.

Though disintegration can be done in various ways, the result must be one and the same.
Here, the crystallographic formula concerning the number of bonds in the hexagonal crystal layer
is used:

ΔGv
2 = (3λ − 3)(3λ − 2). (10)

Thus, the MWS value (W) for HCP crystals with hexagonal {0001} surface layers is

W = 3ψb + (3λ − 3)(3λ − 2)ψb/[3λ(λ − 1) + 1] = 3ψb + [9λ2 − 15λ + 6]ψb/[3λ2 − 3λ + 1]. (11)

Neglecting (for L→∞) all numbers smaller than the quadratic terms in Equation (11) gives
W→6ψb, i.e., the bonding energy of the molecule in a kink position.
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The formula for ΔGv
2 of ditrigonal layers is

ΔGv
2 = (3λ − 5)(3λ − 3), (12)

and the MWS value (W) for HCP crystals with ditrigonal {0001} surface lattice planes is

W = 3ψb + (3λ − 5)(3λ − 3)ψb/3(λ − 1)2 = 3ψb + [9λ2 − 24λ + 15]ψb/[3λ2 − 6λ − 3]. (13)

Here, again, all numbers smaller than the quadratic terms in Equation (13) can be neglected for
L→∞, and again, W→6ψb.

Relevant to the application of the MWS method to FCC crystals is the cubo-octahedron crystal
shown in Figure 8 (which is composed by five layers, BCABC, and has eight equal octahedral faces of
triangular shape, all of them containing six molecules). The EBDE method shows that this crystal can be
a critical nucleus under supersaturation, which is determined from the ratio ψb/ψd ≈ 0.42. It is almost
equal to the ψb/ψd ratio for the HCP crystal shown in Figure 5 (ψb/ψd ≈ 0.43, see Table 2). Note that
the FCC crystal is comprised of 55 molecules, while the HCP crystal has two additional molecules.

 
Figure 8. Top view of a five-layered face centered cubic (FCC) lattice crystal. It is formed on the closest
packed single layer of A spheres (the blue balls) arranged in the shape of a complete hexagon with
L = 3.

By applying the MWS method, we see that the stripping-off of the whole upper triangular layer
{111} (containing green balls, Figure 8) requires work (energy) amounting to 18ψb, while each layer
here has a bond energy of 9ψb. This gives a MWS value of 4.5ψb. The cubic faces {100} are built from
nine molecules of bond energy 12ψb, and the bond energy of the front cubic face in Figure 8 to the
layer beneath it is 32ψb. This gives a MSW value ≈ 4.9ψb. The different MWSs of the {111} and {100}
faces indicate that, according to the MSW method, this crystal does not have an equilibrium shape.

The difficulties encountered with the highly symmetrical HPC and FCC crystals indicate that the
MWS method has low applicability to less-symmetrical crystals. This notwithstanding, historically,
the classical MWS method has played an important role in the crystal growth theory, regardless
of being demonstrated merely on the Kossel-crystal model [24]. Markedly, present-day computer
programs are capable of elucidating at least one of the basic notions used in the classical MWS
method, namely the meaning of an ‘infinitely’ large crystal. The latter is used as a benchmark in
Stranski-Kaischew’s molecular kinetic theory. Figure 9 shows how the ‘infinitely’ large crystal size
is approached asymptotically. Here, the Nb/Na ratio (where Nb is the total number of bonds in the
crystal and Na is the number of molecules in the truncated HCP bipyramid) is plotted versus the
crystal edge length, L. It is well-known that the Nb/Na for a 12-coordinated molecule is six, and the
bond energy of a molecule in the kink position is 6ψb.

81



Crystals 2018, 8, 219

Figure 9. Plot of Nb/Na ratio (where Nb is the total number of bonds in the crystal and Na is the
number of molecules in the truncated HCP bipyramid), which shows the influence of crystal vertexes
and edges fading away with crystal enlargement. With L→∞ (L is the crystal edge length), the Nb/Na

ratio gradually approaches 6. Geometrical homologues to the HCP crystals like those in Figure 5 and
in Figure 7 are considered.

4. Difference between Equilibrium and Growth Crystal Shapes

The nucleation stage predetermines the polymorphic crystal form (i.e., crystal lattice type) but not
the habitus of a growing crystal (i.e., the type of faces on it). Crystal habitus depends on the growth
rates of faces in normal directions. Historically, Stranski and Kaischew [25] were the first to recognize
that the adsorption energy of a molecule at the middle of a crystal face can be used to characterize
its growth rate. Later, Hartman and Bennema [26] proved that although dependent on the growth
mechanism (via two-dimensional nucleation or spiral growth) and system conditions, face growth rate
always increases with the increase in attachment energy per molecule on this crystal face. For instance,
{110} faces grow faster than {100} and {111} faces because the steady-state growth shapes are determined
by the number of their dangling bonds. The latter are five for {110} faces, four for {100} faces and
three for {111} faces. In fact, ferritin crystals with the largest {111} faces have been observed most
frequently—an indication that this is the slowest growing type of face in the normal direction and
hence, the most morphologically important crystal face [27]. Using Atomic Force Microscopy, Yau and
Vekilov [28] observed that near-critical-size apoferritin crystallites grow by attachment of molecules to
the side {110} faces, thus forming a large {111} face. Growth of an apoferritin microcrystal consisting of
three {111} layers of about 60 molecules in each was also detected. These nearly-critical crystallites
were of quasi-planar (raft-like) shapes which is rather unusual for the FCC crystals.

5. Conclusions

An advantage of the EBDE method is that coupled with adequate computer programs, it can
predict the nucleation of crystals of diverse lattice structures. As exemplified here with HCP crystals,
modern computer programs (such as ATOMS) enable calculations considered unimaginable at the
time of Stranski and Kaischew, over 80 years ago. Just as an example, the ordinate for L = 10 in Figure 9
is calculated for a HPC bipyramid crystal having Na = 2859 atoms and Nb = 15588 bonds.
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Abstract: This paper reviews investigations on protein crystallization. It aims to present a
comprehensive rather than complete account of recent studies and efforts to elucidate the most
intimate mechanisms of protein crystal nucleation. It is emphasized that both physical and
biochemical factors are at play during this process. Recently-discovered molecular scale pathways
for protein crystal nucleation are considered first. The bond selection during protein crystal lattice
formation, which is a typical biochemically-conditioned peculiarity of the crystallization process,
is revisited. Novel approaches allow us to quantitatively describe some protein crystallization cases.
Additional light is shed on the protein crystal nucleation in pores and crevices by employing the
so-called EBDE method (equilibration between crystal bond and destructive energies). Also, protein
crystal nucleation in solution flow is considered.

Keywords: protein crystallization; biochemical aspects of the protein crystal nucleation; classical and
two-step crystal nucleation mechanisms; bond selection during protein crystallization; equilibration
between crystal bond and destructive energies; protein crystal nucleation in pores; crystallization in
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1. Introduction

Crystallization is widespread in nature, in everyday live, meteorology (ice and snow), and even
in biology, e.g., biomineralization of bone, teeth, and shells. Crystals are present in healthy (insulin)
as well as in diseased human organisms (e.g., kidney and gallbladder stones, uric acid crystals in
gout). Protein crystals also bear significant scientific, medical, and industrial relevance. Crystalline
drug formulations are most appropriate to maintain protein stability during storage, transport,
and upon administration.

Reports on protein crystallization date back some 180 years. Friedrich Ludwig Hünefeld observed
crystallization of the hemoglobin from earthworm blood by accident [1]. Before the introduction of
X-ray crystallography in biology 1934 [2], biochemists and physiologists used protein crystallization
for purification and characterization purposes only. To date, relatively large and well-diffracting
crystals are needed for X-ray (and neutron) diffraction studies, which are the most powerful methods
for structure-function studies of biomolecules. The knowledge of 3D protein molecule structures and
protein-substrate interactions is vital when it comes to understanding the mechanisms of life and
the human genome, and developing novel, protein-based pharmaceuticals for structure-guided drug
design and controlled drug delivery. Not surprisingly, already in 1962, the Nobel Prize in Chemistry
was awarded jointly to Max Perutz and John Kendrew “for their studies of the structures of globular
proteins”, (hemoglobin and myoglobin). Other Nobel Prizes for X-ray structure determinations of
bio-molecules and complexes have followed.

Unfortunately, growing crystals suitable for X-ray crystallography remains, even nowadays,
the major stumbling block in the whole study. Despite intensive endeavors, there is no recipe
for growing crystals of newly-expressed proteins. Instead, a tedious trial-and-error approach is
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applied. The numerous state-of-the-art crystallization tools employed, such as robots, automation and
miniaturization of crystallization trials, Dynamic Light Scattering, crystallization screening kits, etc.,
do not exclude the need for researchers’ creativity and acumen. Different approaches to evoke protein
crystallization have been attempted with and without success.

Because of the lack of seed crystals, spontaneous crystallization is used with newly-expressed
proteins. Inevitably, it starts with the formation of the smallest sized stable crystalline particles possible
under the conditions present, coined as ‘nuclei’. Therefore, the step that determines the difference
between success and failure of the crystallization effort is to compel the protein molecules scattered
homogeneously in the solution to form stable crystal nuclei; once nucleated, the crystals continue
their growth spontaneously. So, a detailed understanding of crystal nucleation in general, and of
the protein crystal nucleation, are obligatory. Such knowledge is needed because, being the first
crystallization stage, nucleation predetermines important features of the subsequent crystal growth,
such as polymorph selection, number of nucleated crystals, crystal size distribution, and frequently,
crystal quality.

Protein crystal polymorphism is the ability of a same chemical composition substance to exist in
more than one crystal structure. Whilst having identical chemical properties, polymorphs can differ
markedly in their dissolvability and bioavailability (the fraction of an administered dose of unchanged
drug that reaches the systemic circulation). Thus, depending on the crystal polymorphic form the
same molecule may have, or may not have a therapeutic effect [3]. Furthermore, in the worst case,
a change of the polymorphic form may render a drug toxic. Hence, of crucial importance is to identify
all relevant polymorphs which are decisive for the therapeutic function of drug formulation.

The molecular-kinetic mechanism of protein crystal nucleation is extremely complex. This process
involves a subtle interplay between physical and biochemical factors which enables a highly-precise
self-assembly of biological macromolecules into stable clusters. For instance, a physical requirement for
successful protein crystallization is that the protein-protein attraction strength should be moderate—the
attraction should be large enough to promote crystallization while not being so large as to provoke
amorphous precipitation. In other words, the pair-wise protein attraction must be carefully fine-tuned,
which is achieved by selecting proper crystallization conditions. However, although some physical
laws established previously for the crystallization of small inorganic molecules rule protein crystal
nucleation as well, it is the large size of the protein molecules and their highly inhomogeneous and
patchy surfaces that make protein crystal nucleation so peculiar. Physical and biochemical aspects of
protein crystal nucleation can be distinguished in an appropriately-designed experimental setting,
e.g., see [4].

Substantial difference, on both the molecular and macroscopic levels, is established by the
crystallization of protein and small (inorganic) molecules. On a molecular-scale, independently of
the spatial orientation of the meeting species, every hit between small molecules in supersaturated
media has the potential to contribute for the formation of a crystal bond. The reason for this is that
small molecules possess spherical interaction fields and a constant interaction potential. In contrast,
the surface of protein molecules is highly patchy and heterogeneous, and only a limited number of
discrete patches on it become attractive molecule portions under crystallization conditions. Due to the
strict selection of the crystalline bonding patches, a successful collision between protein molecules,
resulting in the formation of a crystalline connection, requires not only sufficiently close approach
of the species, but also, their proper spatial orientation. Macroscopically, the difference between
small molecules and proteins is manifested through the notorious reluctance of proteins to crystallize.
Furthermore, although requiring unusually high supersaturation, protein crystal nucleation and
growth occur much more slowly than that with small-molecule substances.

The so-called bond selection mechanism (BSM) was devised to explain the reduced rate of the
protein crystal nucleation [5–8]. It accounts for the biochemical constraint associated with the strict
selection of crystalline bonds, which also enforces specific bond orientations. Principally similar to
BSM is the increasingly popular ‘sticky patch’ model, which was derived from colloid chemistry
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and soft matter physics, e.g., see [9,10]. The severe steric restriction to the protein crystal bond
formation (arising due to the small size of the contacting patches) is mitigated to some degree by
‘sticky’ collisions, i.e., where two biomolecules in a water environment remain trapped close to each
other after their first encounter. In contrast to small molecules, large biomolecules perform rotational
diffusion, which involves multiple collisions (about nine collisions after their first encounter) [11].
During rotational diffusion, the biomolecules get a good chance of reorienting toward proper spatial
positioning of the crystallization patches on the two meeting protein molecules; successful encounters
become much more probable.

Bond selection is also a factor in protein crystal growth [12]; for a molecule to bond at the kink
site, it must be in an adequate orientation. Typically, the protein crystals grow under unusually high
supersaturations, i.e., around 100%, and even more. Despite this high supersaturation, their growth
proceeds more slowly than that observed with small molecule crystals; a typical value of the step
kinetic coefficient for inorganic crystals grown from solution is 2 to 3 orders of magnitude higher than
that of protein crystals [13,14]. This fact can be explained because of a low probability of proper spatial
orientation of an incoming protein molecule for its incorporation into the kink site. Perhaps, the higher
protein concentration that is used at crystallization conditions is needed to mitigate this decelerating
impact (through a higher attachment attempt frequency).

The aim of this review is to consider some biochemically-conditioned peculiarities of the protein
crystal nucleation (and growth). Recently-discovered molecular scale pathways for protein crystal
nucleation are discussed first. Novel proof for the BSM are presented. The so-called EBDE method
(equilibration between crystal bond and destructive energies) is re-substantiated, and protein crystal
nucleation in pores is revisited on this basis. Another aim of the present paper is to report a novel
consideration of the crystallization in solution flow.

2. Classical or Two-Step Crystal Nucleation Mechanisms: What Is Currently Known?

Despite nucleation significance and nearly a century-long period of intensive study, crystallization
onset is still debated. Quite often, classical nucleation theory (CNT) is employed to explain
protein crystal nucleation (e.g., [15]). However, while providing an adequate explanation of the
fluctuation-based nucleation mechanism and the origin of the nucleation barrier, there is an inadequacy
between some measurements of crystal nucleation rates and CNT predictions. (It is worth noting that
nucleation rates calculations according CNT suffer from uncertainty in determining the energy of the
interface arising between the new phase and the mother phase. While such energies are not measurable
for those nanoparticles, interface energy variation of only 10% can alter the nucleation rate by many
orders of magnitude. The reason is that the nucleation rate depends exponentially on the nucleation
energy barrier, which in turn is determined by the interface free energy in power three.) CNT also
failed to account for observations in biomineralization processes that are responsible for the formation
of invertebrate mineralized skeletal elements, e.g., the mollusk shell nacre layer (aragonite polymorph)
and the sea urchin spicule (calcite polymorph) [16]. To explain this inadequacy, the so-called two-step
nucleation mechanism (TSNM) has been proposed [17].

Though frequently contested, CNT has been confirmed by atomic force microscopy [18].
Molecular-scale images of sub-critical and super-critical crystals landing on apoferritin crystals
under supersaturated conditions reveal a classical nucleation pathway. Yau and Vekilov observe
that pre-nucleation clusters of apoferritin are also crystalline, and have the same molecular
arrangement as those in bulk crystals. So, the nucleation pathway complies with the classical
crystal nucleation pathway. Sleutel et al. [19] have also observed that glucose isomerase 2D crystal
nucleation proceeds following the classical pattern, and proved the existence of a critical crystal size.
This notwithstanding, a question arises of whether CNT can give a reliable physical rendition of
protein crystal nucleation process?

TSNM denies the simultaneous densification and ordering during a single nucleation event.
The theoretical basis for TSNM has been laid by ten Wolde and Frenkel [20]. Performing numerical
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simulations, they predict that the thermodynamically-favored nucleation pathway for colloidal and
protein-like substances entails the initial formation of a liquid cluster to be subsequently transformed
into a crystalline nucleus. However, this prediction is valid only for conditions close to the critical point
of a phase diagram (the intersection of the liquid-liquid binodal and spinodal). Nucleation pathways
that follow the CNT would result in different phase diagram regions. In reality, due to protein
aggregation or gelation, the critical point is hardly accessible in protein crystallization experiments.
This means that most protein crystallization experiments do not occur under conditions prescribed by
ten Wolde and Frenkel (and the TSNM of proteins has not been experimentally demonstrated with
proteins crystallizing under such conditions).

TSNM does not contest the basic CNT concept of a fluctuation-based nucleation mechanism. In its
initial formulation, TSNM assumes nucleation initiation via a high-density liquid phase appearing in
the bulk solution, with crystal nuclei being formed inside this dense liquid phase during the second
TSNM step [21]. The intermediate phase preserves some similarity to the mother phase, since it is only
densified. Therefore, the phase-transition energy barrier is lowered below the one needed for a direct
crystal nucleus formation occurring via the CNT mechanism. The fact that TSNM breaks up a single
large activation barrier into two smaller ones (the second barrier being for the ordering step) makes it
intuitively more attractive [22]. For whatever reason, the TSNM idea has gained increasing popularity
over the years, and despite the limited extent of clear experimental proof for the case of protein crystal
nucleation, the TSNM idea is broadly accepted as a scientific fact, superseding CNT.

It is mainly mesoscale observations that corroborate TSNM. Sauter et al. [23] have reported a
two-step pathway of protein nucleation for the protein/precipitant system β-lactoglobulin/CdCl2.
Vivares et al. [24] have observed TSNM formation of glucose isomerase crystals in a concentrated liquid
phase. Using Dynamic Light Scattering, Schubert et al. [25] have observed the occurrence of liquid
dense protein clusters with growing-over-time nanocrystals formed inside, as verified by transmission
electron microscopy (TEM).

However, due to the molecular scale of the processes involved, insights into the earliest crystal
nucleation stages have remained only very partially understood until recently. The remarkable
advancement in instrumental techniques has enabled molecular-scale observation of protein crystal
nucleation. For instance, no intermediate condensed liquid droplets, but only amorphous solid particles
consisting of lysozyme molecules, are observed [26], without the formation of crystalline phases inside
such amorphous particles. This speaks about the challenges faced by TSNM initial formulation.

Liquid-cell TEM reveals diverse nucleation pathways. Van Driessche et al. [27] used vitrified
samples plunge frozen at various time intervals. In doing so, the authors imaged the nanoscale
structure of pre-nucleation clusters along the way to the crystalline nuclei. Looking into the
earliest stages of glucose isomerase crystal nucleation [28], Van Driessche et al. have shown
distinct nucleation pathways for two glucose isomerase polymorphic crystal forms. For the rhombic
polymorph, the authors have not observed any amorphous precursors of crystal nuclei being formed
prior the appearance of crystalline nanoparticles (the latter being as small as 100 nm). Therefore,
Van Driessche et al. [27] concluded homogeneous crystal nucleation from solution following the
rules of the CNT. With the needle-like polymorphic form of glucose isomerase, they observed
crystalline nanorods that measured 12 by 2 molecules, and appeared almost immediately after setting
crystallization conditions. The smallest glucose isomerase rods captured at very early time points
(just 20 s after adding a crystallizing precipitate) have the same crystalline order as the bulk crystals,
which is in accordance with CNT. Afterwards, however, the rods undergo grouping and oriented
attachment into larger structures, referred to as fibers. These fibers (having widths of 40 nm and
lengths varying between 100 nm up to multiple microns) have a significant deviation from the
crystallographic packing, as predicted by the two-step model. On the basis of these observations,
Van Driessche et al. [27] have hypothesized that the formation of a crystalline nucleus takes place
by the lateral merging of fibers mediated by oriented attachment. In conclusion, the authors found
indications that elements of both CNT and TSNM may act during the nucleation of glucose isomerase
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crystals. A two-step crystal nucleation has also been seen using time-resolved potentiometry and
turbidimetry combined with Dynamic Light Scattering, small-angle X-ray scattering, and in situ
imaging by cryo-TEM (on frozen-hydrated cryo-samples) [29]. The authors have studied small
molecule (Portland cement) crystallization.

Most recently, Sleutel and Van Driessche have introduced some balanced views on the subject [30].
Assessing up-to-date results from cryo-TEM in situ imaging with its strengths and weaknesses,
the authors offer new insights into the earliest stages of the protein crystal nucleation. For proteins,
neither the suggested ubiquity of TSNM can be confirmed unambiguously, nor CNT rejected
completely; the reality might be diverse. The experimental proof thus far can only affirm the absence
of a universal nucleation mechanism in all crystallization cases. The authors’ review represents a
substantial leap in our understanding of how protein molecules, scattered homogeneously in the
solution, are constrained to form stable crystal nuclei [30] (see also [31]).

3. Bond Selection during Protein Crystallization

Interactions between bio-molecules and protein–substrate interactions play a central role in many
complex cellular processes (such as signaling, transcription, inhibition, translation, and regulation),
and are responsible for the stability and shelf-life of pharmaceutical formulations. Highly-selective and
directional protein-protein interactions govern the protein crystal nucleation as well. The formation of
protein crystal lattice contacts (i.e., regions on the surface of a protein that are in contact with regions on
the surfaces of neighboring proteins in the crystal lattice) is a typical biochemically-rooted peculiarity
of protein crystallization [4].

The study of protein crystal bond formation benefits from the comparison with the physiological
protein-protein interactions. Due to their enormous biological importance, the latter have been
investigated much more thoroughly than the former. A fundamental postulate for any person working
with/on proteins is that only the surface structure of a protein molecule dictates its ability to bind
to partners; the protein intramolecular interactions in the bulk do not participate in protein crystal
lattice binding, because those interactions are concealed under the amino-acid residues situated at
the molecular surface. Although it is impossible to observe the elementary acts of protein crystal
bond formation, knowledge about lattice contacts, which are the result of the protein crystallization,
are available from Protein Data Bank data, e.g., [32–35]. This information shows the clear differences
between physiological protein-protein interactions and biologically non-functional protein crystal
bonds. It is well known that the former arise due to hydrophobic areas that occupy relatively
large portions on the protein molecule surface. Besides, the physiological protein-protein bonds
are extremely specific and strong. In contrast, protein crystal lattice contacts are hydrophilic, polar,
and occupy relatively small fractions of the molecule surfaces [32,36]. The intra-crystalline contacts are
due to van der Waals, salt bridging, and hydration interactions. These data show that the patches on the
protein molecule surface, which can create crystal lattice contacts, are also selected. Observed across
many proteins, the most frequently-found residues in crystal contacts are arginine (Arg) and glutamine
(Gln) residues, while the most infrequent participation in protein crystal contacts is that of lysine
(Lys) and glutamate residues (i.e., the carboxylate anion of glutamic acid, Glu) [32], although both are
situated almost exclusively on the surface of the proteins. The hypothesis of Doye et al. [37,38] for an
evolutionary negative design (i.e., the evolutionary selection of the surface properties of proteins to
prevent any arbitrary association) is that lysine helps to prevent unwanted protein-protein interactions.
This protein ability is compulsory because proteins operate within the cellular context, with typical
concentrations of up to 300 mg/mL. Therefore, because of millions of years of natural selection,
physiological protein-protein bonds are highly specific; any non-specific inter-protein interaction may
be fatal.

Information about specific residues participating in the crystal contacts was reported by Gillespie
et al. [39]. The contacting residues were identified as participating in either direct residue-residue
interactions or in water-mediated interactions, with the interaction free energy of crystal contacts
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being calculated as well. (For a thorough consideration of the role which play water molecules found
at interfaces see [40].) The authors confirmed that the non-specific, long-range electrostatics are not
significant in crystal contacts, and that the interactions in crystals are likely dominated by short-range
interactions, such as van der Waals, salt bridging, and hydration interactions, which are highly specific.

The big success of the rational site-directed mutagenesis strategy is an (albeit indirect) argument
for bond selection during protein crystal nucleation. As early as 1992, rational surface engineering
was accomplished by McElroy et al. [41]. It has been established that even single amino acid changes
on the surface of the thymidylate synthase can dramatically affect the solubility of a protein and its
crystallizability, while not decreasing stability. The latter is of importance because structurally-rigid
proteins are more prone to crystallization. Therefore, keeping the protein folded is a prerequisite
for protein crystallization ability. It is logical to conclude that the surface mutations mediate novel
crystal contacts.

Site-directed mutagenesis has also been applied to crystallize other proteins that are recalcitrant
to crystallization [42–44]. Mutation of surface amino acid residues with high conformational entropy
to residues with no conformational entropy lead to the enhancement of crystallization; lysine residues
were systematically mutated to alanine. Also, modifying the surface properties of a protein by
mutating glutamic acid residues by alanine or aspartic acid results in enhanced crystallizability. In fact,
any additional CH2 group enhances the conformational entropy [45].

Also, chemical functionalization (a modification which often retains native protein structure), e.g.,
acetylation of surface lysine groups, coerces bovine carbonic anhydrase to crystallize [46]. The authors
have also shown how acetylation altered the organization and composition of crystal contacts—when
proteins crystallize, they bury solvent-exposed surface areas in contact regions, which accommodate
charged residues through salt bridges and/or hydrogen bonds. Acetylation has little influence on the
size and geometry of crystal contacts, but reduces their charge complementarity. Also, contact regions
generate and define adjacent non-contact regions. It was concluded that crystal contacts appear to be
the principal determinant of the quality of the crystals, as measured by the X-ray diffraction resolution,
and that the probability of obtaining crystals with adequate diffraction has been increased substantially
due to acetylation of surface lysine groups [46].

Studying the role of charges in protein-protein interactions, Kang et al. [46] show why lysine
residues are often excluded from the crystal lattice contacts. The authors conclude that the charge of
Lys, but not its conformational flexibility, reduces its propensity to participate in the contact regions
of proteins [47]. Kang et al. [46] also concluded that the protein-protein interactions that give rise
to crystals are generally weaker than the protein-protein interactions that permit biological function.
Indeed, molecules with weak intermolecular interactions can relatively easily reorient to find the
preferred orientation needed for the crystal. To compensate for the weak interaction, crystals of
proteins form in vitro at concentrations of protein that are much higher than those found inside
the cell.

4. Equilibration between Crystal Bonding and Destructive Energies (EBDE)

The intuitive suggestion of Garcia-Ruiz [48] for a balance between the sum of all intra-crystal
bond energies (which maintain the integrity of a crystalline cluster) and the sum of surface destructive
energies (which tend to tear up it) was our starting platform for further considerations [49],
which brings us to the so-called EBDE method [50]. The thermodynamic substantiation of EBDE
was presented earlier in this Journal. Let us outline it here.

When the system is undersaturated and no crystallization is possible, the protein ‘affinity’ to
water molecules prevails over the crystallization propensity. To evoke crystallization, it is necessary
to impose supersaturation, and the higher the latter, the more thermodynamically-stable the crystal,
with respect to the solution. Thus, it is logical to assume that the imposed supersaturation decreases
the protein-to-water ‘affinity’, i.e., supersaturation diminishes the destructive energy (ψd) per bond.
In other words, the tendency to disintegrate the crystal depends on the degree of supersaturation,
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in contrast to the cohesive energy per bond in the crystal lattice (ψb) which is supersaturation
independent. This means that any supersaturation increase will lead to an increase in ψb/ψd ratio.
A rigorous definition of protein-to-water ‘affinity’, which uses both nucleation process enthalpy and
entropy, was provided in [50].

The advantage of the EBDE method is that it can predict the nucleation of crystals of diverse
lattice structures (and can be aided by crystallographic computer programs), while the classical
mean work of the separation (MWS) method of Stranski–Kaischew [51–53] is applicable only with a
Kossel-crystal [54]. However, because EBDE rests on an intuitive suggestion, a question may arise
of whether the supersaturation dependent critical nucleus size determined using the EBDE method
corresponds to the one from CNT. Proof that the two coincide is presented below.

According to CNT, a free energy change (ΔG) is needed for a homogeneous crystal to occur,
e.g., [55]:

ΔG = −nΔμ + Sγ, (1)

where n denotes the number of molecules constituting the cluster and Δμ is supersaturation; S means
the total surface of the new phase, and γ is the specific interphase energy.

Classical thermodynamics points out that the cohesive energy (ΔGv = −nΔμ) maintaining the
integrity of a new phase cluster is proportional to its volume, i.e., to n in power three, while the sum of
energies (ΔGs = Sγ) tending to tear up the cluster is proportional to its surface, i.e., to n in power two.
According to EBDE, the balance between cohesive and destructive energies means −ΔGv + ΔGs = 0.
Importantly, in the case of under-critically sized clusters when ΔGv is smaller than ΔGs, also ΔG is
smaller than ΔGmax, which is the energy barrier for critical nucleus formation. However, increasing
more rapidly with cluster size enlargement (in power three) than ΔGs, ΔGv approaches ΔGs, and thus
also ΔGmax. Afterwards, when super-critically sized clusters are growing, ΔGv becomes larger than
ΔGs. Thus, ΔG becomes again smaller than ΔGmax. So, it is seen that ΔG is smaller on both sides of
ΔGmax. This is exactly the mathematical definition for maximum of a function y = f (x), according to
which the function maximum appears at the argument value xo for which:

f (xo + h) < f (xo) (2)

This is an inequality that holds true for every negative and positive small value of h. In other
words, f (xo) is larger than all neighboring function values. In conclusion, ΔGmax coincides with the
energy balance appearing at ΔGv = ΔGs.

The EBDE method is used here to consider the protein crystal nucleation in pores.

5. Protein Crystal Nucleation in Pores

Experimental studies have shown that porous materials are effective at inducing protein crystal
nucleation [56–65]. Remarkable success has been achieved with the use of a mesoporous bioactive
gel-glass (CaO–P2O5–SiO2) as a nucleating reagent [66]. The bioglass (Naomi’s Nucleant’) [67] proved
to be very successful in producing high quality crystals of both model and target proteins. So,
this discovery has set a trend for the use of porous materials as nucleants [68].

Theoretical considerations [69] have shown that a combined diffusion-adsorption effect can
increase protein concentration inside pores (and crevices) to a level that is enough for crystal nucleation
onset [70]. The reason is that molecular diffusion is the sole mass-transfer mechanism working in pores,
and due to translational Brownian motion, which is equally probable in all directions, the probability
that large protein molecules will land on pore walls is several times greater than the probability of
their escape [71].

The quantitative estimation of the size of a pore which can induce protein crystal nucleation is
based on the mean squared diffusion displacement, <x2>:

<x2> = 2Dt, (3)
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where D is the diffusion coefficient; a typical value for proteins being Dprot = 10−6 cm2 s−1.
Regarding the adsorption effect, it was shown that, provided the pore is sufficiently narrow,

protein molecules approach their walls and adsorb there more frequently than they can escape.
The time span during which protein molecules remain adsorbed at the pore walls is calculated from
the desorption rate (Rd), which is an activated first-order rate process:

Rd = −dca/dt = kdca, (4)

where ca is the surface concentration of the adsorbed molecules and t is time; kd being the rate constant
for desorption. Integration of Equation (4) gives:

ca = ca
0exp(−kdt), (5)

where ca
0 is the initial concentration of the adsorbed molecules.

The rate constant for desorption (kd) is kd = θexp(−Ed/kBT), where Ed is the desorption activation
energy, θ an “attempt frequency” for desorption, kB is Boltzmann’s constant, and T is temperature.
On the other hand, the half-life (τ1/2) for adsorption of protein molecules at the pore wall is defined as
the time when ca = ca

0/2. Thus:
τ1/2 = ln2/kd~(Ed/kBT), (6)

It has been found [72] that the apparent activation energy, Ed, for desorption of an isolated
protein molecule is extremely low, i.e., within the range of 2–4 kJ/mol, or less than 2kBT per molecule.
Therefore, most individual protein molecules exhibited short residence times of about 1 s and even less.

Equation (3) shows that during adsorption time t = 0.5 s, a protein molecule can diffuse from wall
to wall of a 10 μm sized pore and adsorb there (the tacit assumption being that the molecule would
follow the shortest path). So, the total time during which the protein molecules are in the adsorbed
state in pores narrower than several micrometers thus becomes greater than the total time during
which they are in the desorbed state. Therefore, despite the increasing amounts of protein in the pores,
no concentration gradient favoring back diffusion (from the pores towards bulk solution) can arise.
Hence, due to adsorption being more frequent than desorption, sufficiently narrow pores (presumably
about 1 μm in size) can become quasi-permanent traps for macromolecules, and thus, accumulate
protein [73]. The conclusion is that protein crystal nucleation may be enabled in sufficiently narrow
pores, even under conditions where heterogeneous nucleation on flat surfaces (and even more so in
bulk solution) is absent [69].

Using the MWS method of Stranski and Kaischew [51–53] and a Kossel-crystal as a model,
Nanev et al. [69] have calculated the crystal nucleation energy barriers resulting from pore space
confinement and interaction with pore walls; pores having the shape of rectangular prism were
considered. Also considered was the case in which the size of the pore opening is large enough to
allow a critical nucleus smaller than the pore opening to form inside the pore. It was found, however,
that such a crystal nucleus would be larger, and therefore, a smaller pore that is completely filled with
the nucleus is more effective [69]. Bearing this in mind, only the most closely-packed monomolecular
crystalline layers filling the entire pore orifices are considered here; once formed, the nuclei continue
their growth (with a probability 1/2) outside the pore. Evidently, to enable selection of a pore size,
which is suitable for crystallization of a given protein molecule, the optimal porous material should
possess a broad distribution of pore sizes [69].

Because only idealized pore-shapes are readily liable to be brought to quantitative account,
the protein crystallization promoting effect of pores, having hexagonal shapes (Figure 1a), trigonal
(Figure 1b) and a rhombic (Figure 1c) prisms, is calculated here by using the EBDE method. Instead of
Kossel crystals (existing extremely rarely in nature), closest packings of equal spheres are considered:
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(a) (b) (c) 

Figure 1. (a–c) Prismatic pores having hexagonal, trigonal and rhombic cross-sections. Flat pore
walls prevent the nucleating crystal from trying to conform to any curved pore surface and becoming
strained [74].

1. Crystallography equations for hexagonal crystal structures (see [50]) are applied for EBDE
calculations using pore model of a hexagonal prism (Figure 1a). By denoting the total number of
molecules in the hexagonal monolayer by (z), and the number of molecules in its edge by (λ), we have:

z = 3λ(λ − 1) + 1, (7)

which gives z = 7, 19, 37, 61, 91, 127... for λ = 2, 3, 4, 5, 6, 7 . . . respectively. Using the crystallographic
formula concerning the number of bonds in the hexagonal crystal layer:

ΔGv
h = (3λ − 3)(3λ − 2), (8)

we obtain the balance between cohesive and destructive energies, −ΔGv + ΔGs = 0:

(3λ − 3)(3λ − 2)ψb + [12 + 6(λ − 2)ψ = [3λ(λ − 1) + 1]ψd, (9)

where ψ is the work of separation of one protein molecule from a cavity wall; ψ ≈ Ed. Note that
the molecules at the six crystal apexes are bond to the pore walls by energy of 2ψ. Simultaneously,
no crystal apexes and edges (which can be exposed to the enhanced destructive action of water
molecules) exist on such crystalline monolayers.

Three different ratios between ψ and ψb are used to form an idea of how the energetic interactions
between protein and pore materials influence the supersaturation dependence of critical nucleus size:

ψ = 0.25ψb, and hence: [(3λ − 3)(3λ − 2) + 3 + 1.5(λ − 2)]ψb = [3λ(λ − 1) + 1]ψd, (10)

ψ = 0.5ψb, and hence: [(3λ − 3)(3λ − 2) + 6 + 3(λ − 2)]ψb = [3λ(λ − 1) + 1]ψd, (11)

ψ = 0.75ψb, and hence: [(3λ − 3)(3λ − 2) + 9 + 4.5(λ − 2)]ψb = [3λ(λ − 1) + 1]ψd, (12)

The results are presented in Table 1.
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Table 1. Supersaturation dependence of the critical nucleus size (thus, also of the suitable pore-opening
size). Recall that the higher ψb/ψd ratio means a higher supersaturation that is needed for formation
of the critical crystal nucleus.

ψb/ψd ≈
λ = 2 3 4 5 6 7

ψ/ψb = 0.25 0.47 0.41 0.39 0.37 0.37 0.36
ψ/ψb = 0.5 0.39 0.37 0.36 0.36 0.35 0.35
ψ/ψb = 0.75 0.33 0.34 0.34 0.34 0.34 0.34

The results in Table 1 confirm the intuitive expectation that the closer the energetic interaction
between protein and pore material (i.e., the larger ψ/ψb), the lower supersaturation needed for nucleus
formation; and the nucleus size becomes almost supersaturation-independent if ψ/ψd → 1. To all
appearances, the ‘biocompatibility’ of the pore material plays a major role. Perhaps, this is the reason
for the effectiveness of the bioactive gel-glass at inducing protein crystal nucleation, as described by
Naomi Chayen and coworkers [66].

2. Considering a pore’s capacity to increase supersaturation, Nanev et al. [69] have noted that
the narrower the pore, the smaller the protein molecule escape probability, and thus, the higher
the concentration- (respectively, supersaturation-) increase in the pore. On the other hand, the pore
opening is reached, and the protein molecules enter the pore with the same probability with which they
reach an equally large flat surface area, meaning that smaller openings are less accessible. The problem
is addressed here by considering the results in Table 1 and the model of a smaller crystal (see Figure 1c).
In this case, the balance between cohesive and destructive energies, −ΔGv + ΔGs = 0, gives:

5ψb + 8ψ = 4ψd (13)

Thus, we obtain:

1. ψ = 0.25ψb, ψb/ψd ≈ 0.57.
2. ψ = 0.5ψb, ψb/ψd ≈ 0.44.
3. ψ = 0.75ψb, ψb/ψd ≈ 0.36.

As seen, the above ψb/ψd-values are larger than the data for pores having the shape of a
hexagonal prism, Figure 1a; see Table 1. In other words, as intuitively expected, the smaller the
crystal nucleus, i.e., the narrower the suitable pore-opening size, the higher supersaturation needed
for the crystal to nucleate. However, though feasible from an energetic point of view, very large crystal
nuclei are less likely to appear for kinetic reasons—bringing together a vast number of molecules via
molecule-by-molecule assembly into a crystal nucleus involves very large fluctuations, which, in turn,
requires very long waiting times. So, crystals of modest size appear most probable.

3. Besides pore-opening size, pore volume and shape are also of importance. For instance,
in intricate pores with many turns and corners, protein molecules can be trapped more readily.
To address this point, protein crystal nucleation in a somewhat non-regularly shaped pore (see
Figure 1b) is considered. The result for this model is:

24ψb + 15ψ = 12ψd, (14)

which gives:

1. ψ = 0.25ψb, ψb/ψd ≈ 0.43.
2. ψ = 0.5ψb, ψb/ψd ≈ 0.38.
3. ψ = 0.75ψb, ψb/ψd ≈ 0.34.

No substantial difference between the two pore kinds (Figure 1a,b) can be established by
comparing these results with the data for λ = 2 to 3 in Table 1. So, we might conclude that although
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pores in actual disordered porous materials (e.g., such as Bioglass) are much more complex, the models
considered above provide adequate clues to comprehend why pores and crevices facilitate protein
crystal nucleation.

6. Protein Crystallization in Solution Flow

The interest in intensifying drug manufacturing is increasing nowadays [75,76]. Continuous
tubular crystallizers which use crystallization in solution flow have received a growing attention.
They improve efficiency and enable better product-quality control, thus showing advantages in
the process intensification required in the pharmaceutical industry [75,77,78]. Such crystallizers
contain periodically-spaced orifice baffles, which allow strong radial solution motions (turbulences)
to be created, thus securing a uniform mixing [79,80]. Using a combination of a laboratory-scale,
continuous-stirred tank crystallizer and a cooled tubular reactor in bypass, Hekmat et al. [81]
have proposed continuous protein crystallization as a viable purification alternative for continuous
preparative chromatography. Li and Lakerveld [82] demonstrate that the induction time for
protein nucleation can be reduced in continuous flow compared to batch crystallization with
electric-field-assisted crystallization and for the control experiment without an electric field.

As already seen [83], the electric field energy affects protein crystal nucleation. A reasonable
question here would be whether also the flow kinetic energy may affect protein crystal nucleation.
Like any moving object, solution flow has a kinetic energy (Ek). Considering a cylinder of a fluid that
is travelling at velocity (u), we have:

Ek = ρA�u2/2, (15)

where ρ is the fluid density, A is the tube cross-section area, and � is the tube length.
Unfortunately, there is no evident answer to above question. Shear flow alters the rate at which

crystals nucleate from solution, yet the underlying mechanisms remain poorly understood [84]. To the
best of the author’s knowledge, there are no rigorous experimental indications to the solution flow
stimulating or postponing crystal nucleation. Although numerous studies have been devoted to
protein crystallization in a flow, they refer predominantly to crystal growth e.g., [85–90], rather than
nucleation [84,91–93]. On the other hand, however, the spontaneous (primary) crystal nucleation is
technologically-unmanageable and is avoided, while being replaced by easily controllable seeding
technology. However, despite the seeding strategy, a significant increase in new crystal number is
observed frequently in the presence of an introduced crystalline material. Why new crystals are
bred is a fundamental question. Despite its significance, the understanding of this phenomenon
remains limited. It is argued that the origin of the secondary nuclei is the crystal seeds themselves.
Anwar et al. [94] have considered mechanisms of secondary crystal nucleation at a molecular level.
Via a molecular dynamic simulation, the authors stipulate that under-critically sized molecule clusters
forming close to the crystal seed can move towards the latter, and if/when contacting the seed‘s surface,
grow like crystal particles. This explanation is quite logical, but the locally-decreased supersaturation
in crystal vicinity (due to crystal growth under diffusion matter supply) limits its applicability to
some supersaturation interval where sufficiently-large, under-critically sized molecule clusters can
arise; the size of the heterogeneous critical nucleus, although smaller than the homogeneously formed
nucleus, also depends on the supersaturation.

To assess the impact of flow kinetic energy on crystal nucleation, it is necessary to recall that
this energy can be liberated/dissipated by conversion into internal energy, mainly heat, i.e., solution
temperature is expected to increase because of flow energy dissipation (the energy needed to raise the
temperature of 1 g of water by 1 ◦C is 1 calorie). Temperature increase disfavors crystallization
of substances possessing normal temperature dependent solubility, while in contrast, it favors
crystallization of substances possessing retrograde temperature-dependent solubility. Using the
mechanical equivalent of heat equal to 4.1868 joules per calorie, the resulting temperature increase is
determined simply using Ek.
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Occurring at larger flow velocities, a turbulent flow dissipates more energy than a laminar flow.
Therefore, the turbulent flow energy can be used as a benchmark for the significance of the Ek-effect.
The fluid velocity (u) needed for a turbulent flow to appear is found from the Reynolds number,
Re = uL/ν, where L [mm] is a typical length scale in the system, and ν is the kinematic viscosity of the
fluid; for water at 20 ◦C, ν = 1.0034 [mm2/s] [95]. For a flow in a pipe of diameter D, experimental
observations have shown that turbulence occurs when ReD ≥ 4000 [96]. Thus, assuming L = 1 mm,
the velocity needed for a turbulent flow to occur is u = 4000 mm/s. Then, if A = 1 mm2 and � = 1 mm,
Equation (15) will give Ek = 16 × 106 erg = 1.6 joule, i.e., a negligible temperature increase (less than
0.4 ◦C) in a solution of 1 mm3. Like mass mixing however, heat transfer is further enhanced by liquid
shear. So, even smaller temperature increases can be expected. Furthermore, the industrial tubular
crystallizers are usually tempered.

In conclusion, although the Ek-impact of the fluid flow is negligible, mass mixing may favor
crystal nucleation kinetically, e.g., by increasing the microscopic transport rate of a molecule to the
cluster in shear flow [97]. For instance, protein crystal nucleation can benefit from enhanced rotation
of the huge biomolecules, which assists their proper mutual orientation during colliding; see Section 3.

7. Conclusions

Evidently, it is the biochemically-conditioned peculiarity of the protein crystallization that makes
it different from the crystallization of small molecules. Therefore, to assist in the solution of practical
problems, e.g., in the pharmaceutical industry, it is obligatory to elucidate all such peculiarities.
Pharmaceutical proteins in crystal form are used to treat and prevent a wide range of diseases [98],
and crystallization can be an important purification step to remove degraded, aggregated, or misfolded
forms of the protein. Furthermore, the native configuration of proteins, which is of vital importance in
maintaining their therapeutic function, is best retained in crystalline drug formulations. In conclusion,
a profound knowledge of key protein crystallization process details is needed to intensify, and possibly
improve, the process in the pharmaceutical industry [75].
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Abstract: Protein crystals, otherwise usually colorless, can be stained a variety of hues by saturating
them with dyes, by diffusion from the mother liquor or co-crystallization. The colors assumed by
dyes are a function of chemical factors, particularly pH and redox potential. Protein crystals saturated
with a pH sensitive dye, initially at one pH, can be exposed to the mother liquor at a second pH and
the crystal will change color over time as H3O+ ions diffuse through the crystal. This allows diffusion
rates of H3O+ through the crystal to be measured. Diffusion fronts are often clearly delineated.
Similar experiments can be carried out with redox sensitive dyes by adding reductants, such as
ascorbic acid or dithionite, or oxidants such as H2O2, to the crystal’s mother liquor. Presented here
are a number of experiments using pH or redox sensitive dye-saturated protein crystals, and some
experiments using double dye, sequential redox–pH changes.

Keywords: dyes; diffusion; H3O+; reductants; color change; gradients

1. Introduction

In the course of investigations on the diffusion of dyes and stains into protein crystals, and their
subsequent, frequent incorporation [1,2], it was noted that a number of the dyes were sensitive to pH
and dramatically changed color as a consequence of proton acquisition or release from their peripheral
ionizable groups. These dyes are examples of the pH indicator dyes that have been in use for well
over two hundred years by chemists, histologists, and biochemists [3–8]. The dyes have an aromatic,
conjugated core that serves as a chromophore and attached, solubilizing ionizable groups that are
generally amines in the case of basic dyes, or sulfonates in the case of acidic dyes. Some examples are
shown in Figure 1.

Other dyes are sensitive to reduction and oxidation [9], and are generally brightly colored when
oxidized, but colorless when reduced. In both pH and redox induced color change, the reactions are
fully reversible.

Protein crystals can be saturated with a sensitive dye at a specific pH, the pH of its mother liquor,
and the mother liquor then replaced with an equivalent at another pH. If the second pH is on the
opposite side of a color transition point from the pH of the initial mother liquor, then the crystal
changes color. Over time, the entire crystal, from outside to inside, transforms from its initial color to
an alternate color. Because the reaction is reversible, replacement of the second mother liquor with
that at the original pH causes the color change to proceed in the opposite direction. Multiple cycles
of change of a protein crystal between two colors can thereby be realized. The pH sensitive dyes
employed in these experiments, their colors, and the pH transition points for their color change are
presented in Table 1.
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Figure 1. The chemical structures of a selection of the pH and redox sensitive dyes used in
the investigation.

Table 1. pH sensitive dyes.

Dye Low pH Color Transition pH High pH Color

Methyl yellow red 3.5 yellow
Methyl orange red 3 yellow

Bromophenol blue yellow 3.8 blue
Chlorophenol red blue/violet 4.0 red
Bromcresol green yellow 4.6 blue

Methyl red red 5.3 yellow
Bromcresol purple yellow 6.0 purple

m-cresol purple yellow 6.2 red
Bromothymol blue yellow 6.8 blue

Phenol red yellow 7.2 red
Neutral red red 7.4 yellow

Measuring color transitions of pH sensitive dye-saturated protein crystals as a function of time
serves as an indicator of the rates of diffusion of protons (H3O+ ions) into and out of the crystals.
Furthermore, because pH is defined as the negative log of the H3O+ concentration, by knowing the
pH of the initial and alternate mother liquors, the H3O+ concentrations, inside the crystal and in the
surrounding mother liquor are known precisely.

Similar opportunities exist using redox sensitive dyes. A protein crystal can be saturated with
such a dye (usually it is green or blue). Addition of an appropriate reductant will cause the dye to lose
color and the crystal will become clear. The redox sensitive dyes used in these experiments, along with
an appropriate reductant for that dye, are presented in Table 2. Oxygen, present in the environment,
including the mother liquor, eventually enters the crystal and re-oxidizes the dye and the original color
of the crystal returns. In the experiments described here, the diffusion of a reductant or oxidant into
crystals was visualized for various protein crystal/reducing agent combinations.
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Table 2. Oxidation–reduction sensitive dyes.

Dye Color Change on Reduction Reductant

Basic fuchsin red > colorless bisulfite

Methyl green green > colorless bisulfite

Crystal violet violet > colorless dithionite

Methylene blue blue > colorless ascorbic acid

Toluidine blue blue > colorless ascorbic acid

Luxol blue or Solvent blue 38 blue > copper dithionite

2. Materials and Methods

Dyes, their pH transition points, and their colors are listed in Table 1, and redox sensitive dyes and
the reductants used in conjunction are shown in Table 2. The crystallization conditions for the proteins
on which the experiments were based, along with their unit cell parameters and solvent contents are
detailed elsewhere [2]. In general, to provide good observation and recording by photography, it was
necessary to use large protein crystals [10–13]. Thus, the crystals studied had dimensions in the range
of 0.5 mm to 1.5 mm, or greater edge lengths. Crystals were grown by vapor diffusion [12,13] in sitting
drop Cryschem plates with drop sizes of 8 to 12 μL and reservoirs of 0.6 mL. Crystallization was
carried out at room temperature, although some crystallization plates were moved to 4 ◦C to better
preserve grown crystals. The mother liquors of canavalin crystals [14–16] were made 15% in 2-methyl
2,4 pentanediol (MPD) after crystals were fully grown, as canavalin crystals, both rhombohedral
and orthorhombic modifications [14–16], will otherwise spontaneously degrade over a week’s time
following their appearance.

Lysozyme in the tetragonal form [17] can be reproducibly grown at a pH between 4.0 and 7.5,
canavalin between about pH 5.0 and 7.5 [14–16], and thaumatin [18] between pH 6.0 and 8.0. Although
crystals of trypsin, inhibited with benzamidine [19], are usually grown at pH 8.5, they can be transferred
to mother liquors at pH 6.0 and even below, without damage. Satellite tobacco mosaic virus (STMV)
crystals [20] are stable between pH 4 and 7.5, and concanavalin A and concanavalin B crystals [21,22]
between pH 6 and 8. ß-lactoglobulin [23] was grown at pH 3.2 for which bromophenol blue was the
only useful dye. Crystals of RNase S were grown as described by Wyckoff et al. [24]. Other dyes in
the low pH range that might have been used (e.g. dimethyl yellow) were almost insoluble in water.
Some dyes that might appear useful were not, because they were insoluble in concentrated salt (NaCl,
(NH4)2SO4, etc.) solutions that were used in some crystallizations.

Manipulation of mother liquors in droplets was carried out under a zoom lens dissecting
microscope using gel loading tips on 10 μL pipetmen. If necessary, residual mother liquor was
drawn off using paper wicks (Hampton Research, Aliso Viejo, CA, USA). Manipulation of crystals
was carried out using cryo-mounting tips of 100 μm to 600 μm diameter from MitiGen (Ithaca, NY,
USA). Observation of diffusion experiments [2] was with an SZX12 Olympus zoom microscope with a
camera adaptor (Olympus Co., Tokyo, Japan). The camera was a Canon EOS digital model. Photos
were made with the night–no flash setting. Generally, at timed intervals, pairs of photos were recorded
at high and low magnification.

Experiments designed to record the rates of color change in crystals generally proceeded in the
following way: Protein crystals were saturated with a pH or redox sensitive dye, or both, in situ,
by adding a concentrated dye dissolved in the crystal’s mother liquor (minus protein). Diffusion of the
dye was allowed to continue for at least 48 h or more, as this was necessary in those cases where the dye
interacted strongly and positively with the protein comprising the crystals [1,2]. In experiments where
multiple dyes (i.e. both pH sensitive dyes and redox sensitive dyes) were investigated sequentially,
the crystals were first saturated with the pH sensitive dye and then with the redox sensitive dye.
The crystals, upon saturation, exhibited a color appropriate to the dye at the pH of the mother liquor,
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which would be on one side or the other of the pH transition point. The crystal was first washed with
the mother liquor (generally taken from the sitting drop reservoir) to remove extraneous dye from the
surroundings. The mother liquor was then replaced with equivalent mother liquor but at a pH on the
opposite side of the pH transition point. This meant that the pH of the solvent and the dye inside the
crystal was at the growth pH, but that of the new mother liquor was at a pH on the other side of the
dye’s pH transition point.

Depending on the direction of pH change, H3O+ ions either diffused into the crystals (high pH to
low pH), or out of the crystals (low pH to high pH). As the pH in a crystal changed, the pH sensitive
dye changed color. The progress of H3O+ diffusion, therefore, could be followed by recording the color
change within the crystal as a function of time. pH is the negative log of the H3O+ ion concentration,
so that by knowing the initial pH and the replacement pH, the H3O+ concentration difference between
the inside and outside of a crystal was known.

For experiments with reduction and oxidation, the crystals were saturated with a redox sensitive
dye [9] from Table 2 by exposing the crystals to the dye for at least 48 h. Addition of either a reducing
compound dissolved in the mother liquor of the crystal (minus protein) to the existing mother liquor,
or direct addition of the solid compound to the mother liquor was made. Generally, it was necessary to
add a substantial amount of the reducing agent because of competition by oxygen in the system. It was
not necessary to remove excess redox sensitive dye from the mother liquor as that was immediately
reduced to colorless upon addition of the reducing agent. Fortunately, and perhaps significantly,
protein crystals could be exposed to remarkably high concentrations of reducing agents without
visible damage.

In experiments where pH and redox dyes were sequentially diffused into crystals to saturation
with both, the experiment proceeded by first adding the reducing agent. This caused the color of
the redox dye to be lost and as a consequence reveal the color of the pH indicator dye. The pH was
then jumped, as described above, and the crystal then observed to transition to the alternate color.
In experiments involving reduction of a dye in a crystal, initially the concentration of the reductant in
the crystal was zero. Thus, the difference in reductant concentration inside and outside the crystal
upon addition of reductant was simply that of the mother liquor after addition.

A caution is advised to others carrying out experiments similar to these. Dyes will occasionally
adhere to or accumulate on the surfaces of protein crystals, but not actually penetrate into their
interiors. These occurrences are usually apparent on close microscopic inspection, but can nonetheless
cause confusion if ignored. Another point to note is that crystals occasionally develop visible cracks
and fissures or other significant damage as a consequence of physical manipulation or due to pH
or chemical changes to their mother liquors. It might be expected that the faults and defects would
provide expedited entry of dyes or ions into crystals. This should be evident by more intense color
changes at the defects and cracks. This was not, in general, observed to be the case. Entry through
fissures and cracks does not appear to be accelerated beyond the diffusion otherwise prevailing.

3. Results

It is not reasonable to present all of the experiments that were carried out, but a sampling should
here be sufficient.

In Figure 2 through 6 are found representative samples of the pH change experiments for a variety
of protein crystals. Figure 2 shows thaumatin crystals plus bromophenol blue, Figure 3 is thaumatin
crystals plus bromothymol blue, and Figure 4 is lysozyme crystals plus m-cresol purple.
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Figure 2. A tetragonal crystal of thaumatin about 1 mm in length was stained to saturation over 48 h
with the pH sensitive dye bromophenol blue. The crystal was initially at pH 8.25 so that its color was
blue–green. The mother liquor was then removed and replaced with an equivalent mother liquor but
at pH 6.5. As H3O+ ions diffused into the crystal, the incorporated bromophenol blue dye transformed
chemically and yielded a yellow color. The change of color shows a clear leading edge and the rate
of penetration of the yellow color provides a measure of the diffusion of H3O+ ions into the crystal.
The total time required for complete color transformation was about 30 to 40 min. The series of images
(a–i), taken at appropriate time intervals, shows the progress of the dye.

 
Figure 3. Tetragonal crystals of thaumatin, the larger about 1 mm in length, were stained to saturation
over 48 h with the pH sensitive dye bromothymol blue. The crystal was initially at pH 8.25. The mother
liquor was then removed and replaced with equivalent mother liquor but at pH 6.5. As H3O+ ions
diffused into the crystal, the incorporated bromothymol blue dye transformed chemically and yielded
a yellow color. The change of color again shows a clear leading edge. The total time required for
complete color transformation was about 35 min. The series of images (a–o), taken at appropriate time
intervals, shows the progress of the dye.
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Figure 4. Tetragonal lysozyme crystals were saturated with the dye m-cresol purple at pH 5, which gave
the crystals a yellow/orange color. The pH of the mother liquor was changed to pH 7.5 and the
conversion of the crystal color to red provided a measure of the diffusion of H3O+ ions out of the
crystal into the mother liquor. The total time required for the transition was about 30 min. The series of
images (a–l), taken at appropriate time intervals, shows the progress of the dye.

Figure 5 shows lysozyme crystals plus bromothymol green and Figure 6 shows crystals of the
virus STMV, plus m-cresol purple.

 
Figure 5. Tetragonal lysozyme crystals saturated with the dye bromocresol green are a dark blue-green
color at pH 6.0 in (a). When the pH of the mother liquor was altered to pH 3.8, the crystals were seen
in (b) through (r) to change in color to yellow. The series of images (a–r), taken at appropriate time
intervals, shows the progress of the dye.

Upon pH transformation, the change in color due to dye transition, as H3O+ either entered
or exited the crystals, appeared immediately at the crystal faces and rapidly proceeded inwards
toward the crystal center, generally by isometric approach. The diffusion front was usually clearly
evident, particularly when the color contrast was large, as for yellow to blue (or vice versa) transitions.
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Those between red and blue, for example, were often less evident. Diffusion was initially swift at
the edges and faces of the crystals, but slowed appreciably as the diffusion front approached the
crystal center. As diffusion proceeded, a core of color, visible at the crystal center, gradually dissipated
and disappeared. This was illustrated particularly well by the examples of the tetragonal thaumatin
crystals in Figures 2 and 3 stained with bromophenol blue and bromothymol blue, respectively.

 

Figure 6. Crystals of satellite tobacco mosaic virus (STMV) were saturated with the dye m-cresol purple
at pH 5.5 and appear as in (a). The mother liquor was replaced with equivalent mother liquor at pH 8.0
and the crystals changed color to dark red in (b) through (h). When the original pH was restored in
the mother liquor, the crystals (i) through (o) reverted to the initial color. This experiment, repeated
with numerous other protein crystals demonstrates the reversible nature of the color changes and that
crystals can experience multiple cycles of pH induced transitions. The series of images (a–o), taken at
appropriate time intervals, shows the progress of the dye.

The total time required for a crystal to completely transition between the initial and replacement
pH colors depended to some extent on the protein crystal, its size, and the magnitude of the pH change.
For the large crystals used in these experiments, however, the times were noted to be remarkably
similar; between 25 and 35 min for pH jumps of, for example pH 8 to pH 6 (10−8 mol/L [H3O+] to
10−6 mol/L [H3O+]). If the distances from the edges of the crystals to the center were on the order of
0.25 to 0.50 mm, as they were for most of these experiments, then this represents a diffusion rate in the
range of 500 to 1000 μm per hour, or about 8 to 16 μm per minute.

As H3O+ is likely the fastest of any ion or molecule diffusing through a protein crystal,
then 1000 μm per hour for a two-log difference in concentration inside to outside of the crystal
is probably an upper limit for the diffusion of any ion or molecule into a protein crystal. This, it must
be emphasized, is for a two-log difference. If, for example, mother liquor is made 10 mM in some
compound that is initially absent in a crystal, then the gradient of concentration is appreciably greater.
As demonstrated by the redox experiments below, when concentration differences are of that order,
diffusion rates substantially exceed those seen for the pH experiments.

Color transitions of dyes are completely reversible when the dye is inside the protein crystal.
Using crystals that were particularly stable to dramatic pH change, such as thaumatin and trypsin,
it was possible to put a protein crystal-dye complex through multiple cycles of pH and color transition
by successive changes of the pH of the mother liquor. This was illustrated in Figure 6 by the satellite
tobacco mosaic virus (STMV) crystals. Apparent in many sequences is that the movement of a pH
front through a crystal, whether from high to low, or vice versa, is the same in appearance. Absent
precise quantitation, it is not, however, certain if the movement of pH fronts, rates of transition from
high to low, and low to high pH, are identical.
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Table 2 lists a set of dyes that are sensitive to reduction and oxidation, and they include basic
fuchsin, methyl green, toluidine blue and methyl blue. Luxol blue, or solvent blue 38, is particularly
interesting as it is a soluble porphyrin with a copper atom in the oxidized plus two state that gives the
dye its blue color. The dyes are not equally sensitive to the various reducing agents, and in Table 2
are given the appropriate reducing compounds for their transition. Methylene blue, for example,
was reduced only by ascorbic acid (vitamin C), while basic fuchsin and methyl green with bisulfite,
and crystal violet by dithionite, the latter the most powerful of the reductants.

Experiments with redox sensitive dyes were carried out the same way as for those involving
pH change. The protein crystals were first saturated with dye, and reductant was then added to the
mother liquor. A noteworthy feature of these experiments was that the reductants, even at quite high
concentrations, seemed to inflict no damage on the crystals. This was in contradistinction to jumps in
pH that occasionally caused cracking or other damage.

Two, somewhat different kinds of results were recorded in the redox experiments, though they
reflect the same chemical process. In the examples shown in Figures 7 and 8 are lysozyme crystals
with methyl green and crystal violet, respectively. The color changes as the reductants, bisulfite and
dithionite, respectively, diffused into the crystals exhibited a distinct front that progressed from the
exterior faces to the center of the crystal, much as the H3O+ diffusion fronts in pH experiments did.
In some other experiments, however, basic fuchsin or methylene blue infused crystals for example,
there was no sharp diffusion front. The crystals simply changed in a more uniform manner from
colored to clear simultaneously throughout their volume. An explanation for this latter result may
be that the rate of change in color for some of the dyes is slow and comparable to the diffusion rate,
or even slower. In that case, the observed result might be expected.

 

Figure 7. Lysozyme crystals were saturated with the dye methyl green (a) and bisulfite added to the
mother liquor in (b). The green color was progressively lost as the dye was reduced. At (k), however,
oxygen from the environment competed to re-oxidize the dye, which then experienced a second cycle
of reduction in (n) and (o). The series of images (a–o), taken at appropriate time intervals, shows the
progress of the dye.

As with pH changes in crystals, transitions between oxidized and reduced states are reversible.
Addition of a low concentration of an oxidizing agent such as H2O2 immediately re-oxidizes the dyes.
It was usually not necessary to add any oxidant to reverse the chemical process, however, as this
was accomplished by oxygen absorbed into the mother liquor from the air around it. This process
of re-oxidation by ambient oxygen was reasonably slow and could be recorded as color returned
to crystals.
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Figure 8. Lysozyme crystals were saturated with the dye crystal violet (a) and dithionite added to the
mother liquor in (b). The purple color was progressively lost as the dye was reduced. At (k), however,
oxygen from the environment competed to re-oxidize the dye, which then experienced a second cycle
of reduction in (n) and (o). The series of images (a–o), taken at appropriate time intervals, shows the
progress of the dye.

The rates of change to the redox state of the various dyes were diverse, as the reductants were of
different strengths, or chemical activities, and controlling their concentration in mother liquors was
technically problematic. Nonetheless, for concentrations of bisulfite in the 10 mM range, reduction of
methyl green, for example, was complete throughout a protein crystal in about 10 to 15 min. For crystals
saturated with methylene blue, ascorbic acid concentrations of about 40 mM were necessary to achieve
the same range of rates. With dyes susceptible to reduction by dithionite, exterior concentrations of the
reductant were on the order of 100 mM and complete color conversion was complete in 2 min or less.

In the redox experiments, where a diffusion front was clearly visible and its progress measurable,
it was again observed (as in the pH experiments) that the diffusion front initially moved rapidly in
from the faces but slowed appreciably as it approached the crystal center. Thus, 80% of a crystal might
transition in the first 40% of the total time, while the final 20% of the dye at the center required the
last 60%. As already noted, spontaneous reversion to the oxidized state began soon after complete
reduction, and in some experiments even before full reduction had completed. Usually, however,
re-oxidation by ambient oxygen was graciously slow and required 15 to 20 min. Although no attempt
was made to quantitate it, the rates of re-oxidation by ambient oxygen could provide a measure of the
rates of diffusion of oxygen through a protein crystal.

Luxol blue, or solvent blue 38, is a sky-blue dye that was of particular interest. It would not enter
lysozyme crystals at all, probably due to size or shape, but crystals of thaumatin and STMV were
readily infused. The dye is a porphyrin that has two SO3

− groups attached for solubility. It is redox
sensitive because the Cu2+ ion at the porphyrin center can be reduced to elemental copper. In our
experiments we used dithionite as the reductant, as others failed. This is a strong reductant that is
difficult to control in the presence of oxygen. In these experiments grains of powdered dithionite
were added directly to the mother liquor at the edge of the droplet as far as possible from the crystals.
The grains of dithionite dissolved, and the dithionite then diffused rapidly across the drop before
reaching the crystals. This is why in most images the crystals change color, not uniformly from all
sides, but directionally as though reduction was passing as a wave through the crystal. The time for
reduction of the Luxol blue dye in the crystals was about 1 to 3 min.

As shown in Figures 9 and 10 for thaumatin crystals, when dithionite penetrated the Luxol
blue-containing crystals and reduced the dye, the color of the crystals changed from sky blue to the
color of a new penny. As with the other redox dyes, this reaction was also reversible and re-oxidation
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by ambient oxygen could be observed to occur over 5 to 10 min as the crystals were restored to their
original color. Because of the ready reversibility of these redox reactions, and the stability of protein
crystals in the presence of the reagents, multiple cycles, blue-copper-blue, could be generated with a
single crystal.

 
Figure 9. A tetragonal crystal of thaumatin about 1 mm in length was saturated with the redox sensitive
dye Luxol blue (Solvent blue 38) giving it an intense blue color. Luxol blue is a porphyrin that contains
a copper ion in the plus two state that is responsible for the color. Solid dithionite was added directly
to the mother liquor, which reduced the Cu2+ ion to elemental copper. Thus, the transformation of
color in the crystal from blue to copper shows the progress of the reduction reaction as the dithionite
penetrated the crystal. Beginning with image (h), oxygen in the environment initiated re-oxidation of
the copper and the color transitioned again to blue. This is shown in the final images (i) through (o).
The series of images (a–o), taken at appropriate time intervals, shows the progress of the dye.

 

Figure 10. A tetragonal crystal of thaumatin was saturated with the copper porphyrin dye Luxol blue
(Solvent blue 38) in (a) and dithionite then added to the mother liquor (b). The blue color transitioned
to elemental copper as the dye was reduced. At about (k) oxygen from the environment began to
re-oxidize the copper to the Cu2+ state and the dye regained its blue color. In both the reduction and
oxidation phases the redox front was well defined. The series of images (a–o), taken at appropriate
time intervals, shows the progress of the dye.
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Experiments were carried out with crystals of thaumatin, the most stable of the crystals,
to investigate possibilities with double staining using two dyes. In these experiments the crystals
were first saturated with a pH sensitive dye at a specific pH, and then exposed to a second redox
sensitive dye. Crystals then assumed the color of the dye combination. If a pH dye that was yellow
was followed by a blue redox dye, then the crystal would be green. If a blue dye was followed by a
green dye, the crystal would be blue-green, etc. In the experiment shown in Figure 11, a thaumatin
crystal was saturated with bromothymol blue at pH 6 (yellow), and then washed to remove exogenous
stain. It was then suffused with methyl green (which is actually blue in color) to give the aquamarine
crystals in Figure 11c top panel. Bisulfite was then added. This reduced the methyl green (blue color)
to colorless revealing the bright yellow color of the pH dye, bromothymol blue in Figure 11o top panel.
In the second series below, the pH was then raised in the mother liquor to pH 8.5 in Figure 11a bottom
panel and the crystals can be seen to transition to the high pH blue color in Figure 11o bottom panel.

 

 

Figure 11. In the top series, tetragonal crystals of thaumatin were first stained to saturation with the
dye bromothymol blue, which at pH 6.5 created a yellow color. This was followed by saturation with
the dye toluidine blue that gave the crystals a green (yellow + blue) color. Dithionite was then added to
the mother liquor and in (a) of the bottom series, as the dithionite penetrated the crystal, the toluidine
blue was reduced thereby yielding the underlying yellow color due to the pH sensitive bromothymol
blue at low pH. Reduction proceeded until (o) at which time virtually all of the redox sensitive dye had
been reduced. Starting in (e) of the bottom panel the pH of the mother liquor was raised to pH 8.2 and
the bromothymol blue dye in the crystal transitioned to the blue chemical state. The series of images
(a–o) in both the upper and lower panels, taken at appropriate time intervals, shows the progress of
the dye changes with time, for both pH and redox sensitive dyes.
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Aside from demonstrating the feasibility of multiple, successive chemical reactions within the
confines of protein crystals, the experiments involving multiple dyes have a second implication.
One dye saturating a protein crystal does not exclude another from entering and sharing the space.
The dyes, therefore, are not necessarily competitive for a few select sites, but seem to find for themselves
new available space.

4. Conclusions

The experiments described here involving protein crystals, dyes, and changes to chemical
states can serve as systems for the precise measurement of the penetration of H3O+, redox effectors,
and oxygen into and out of macromolecular crystals. With proper controls and the use of more
sophisticated instruments, such as micro-spectrophotometers, rates of penetration could be determined
quantitatively as a function of numerous parameters. These might include concentrations of dyes and
diffusing species in the mother liquor, crystal solvent content, dye size or charge, and undoubtedly
others. The work presented here yields only rough estimates, but they may be sufficient to at least put
succeeding investigations in the “experimental ballpark” with regard to initial trials.

The chemical reactions that were here induced inside the channels and cavities of protein
crystals represent only a small number of the many that might be carried out. They were
chosen because they were readily visualized and recorded using a simple microscope and camera.
Presumably, more interesting and challenging experiments could be designed or contrived that
yield more information about the physical and chemical properties that characterize the interiors of
macromolecular crystals.

Conflicts of Interest: The authors declare no conflict of interest.
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Abstract: Human carbonic anhydrase IX (CA IX) is a multi-domain membrane protein that is therefore
difficult to express or crystalize. To prepare crystals that are suitable for neutron studies, we are
using only the catalytic domain of CA IX with six surface mutations, named surface variant (SV).
The crystallization of CA IX SV, and also partly deuterated CA IX SV, was enabled by the use of
microseed matrix screening (MMS). Only three drops with crystals were obtained after initial sparse
matrix screening, and these were used as seeds in subsequent crystallization trials. Application of
MMS, commercial screens, and refinement resulted in consistent crystallization and diffraction-quality
crystals. The crystallization protocols and strategies that resulted in consistent crystallization are
presented. These results demonstrate not only the use of MMS in the growth of large single crystals
for neutron studies with defined conditions, but also that MMS enabled re-screening to find new
conditions and consistent crystallization success.

Keywords: crystallization; microseed matrix screening; seeding; optimization; human carbonic
anhydrase IX; neutron protein crystallography

1. Introduction

Protein crystallization is based on creating a supersaturated solution of a macromolecule with the
addition of precipitants (neutral salts, high molecular weight polymers, organic solvents, polyalcohols)
and by manipulation of crystallization conditions, including pH, incubation temperature, increased
ionic strength, alteration of the dielectric constant of the medium, volume exclusion by polymers,
and chemical/biochemical modification of proteins. Different approaches have been developed to
promote crystallization, and among the most widely used are sitting or hanging drop vapor diffusion,
batch, dialysis, and counter-diffusion techniques [1,2].

Growing large crystals for neutron protein crystallography (NPX) presents a major challenge
for structural biologists interested in using neutron scattering. Current neutron instruments for
NPX are limited in neutron flux and instrument geometry. This imposes limitations on the size
of the crystallographic unit cell parameters, asymmetric unit volume, and it requires a very large
overall crystal volume compared to what is sufficient for X-ray crystallographic studies. The general
recommendation is to aim for crystals ~1 mm3 in volume with ~30 out of 160 examples coming from
crystals smaller than this [3,4]. A survey of deposited NPX structures in the Protein Data Bank (PDB)
reveals that most large crystals were grown using vapor diffusion. A drop of protein is mixed with
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precipitant and equilibrated against the reservoir in a sealed environment. In the sitting drop format
it can be scaled up to almost any volume and has been reported to be successful in 100–1000 μL
drops [5–7]. Batch crystallization has also been used, and here the protein is mixed with precipitant
and optionally covered with a layer of oil. In batch, the supersaturation point is reached at the moment
of drop preparation, meaning the process does not rely on evaporation [8]. In both techniques, it is
challenging to control nucleation and subsequent crystal growth in a consistent and repeatable way.

Seeding is a very powerful strategy, as it allows optimization of crystal growth conditions
independently from conditions needed for initial nucleation. Examples in the literature show that
seeding in its variations can increase the number of crystallization hits and can significantly shorten
the crystallization time [9–11]. It is also possible to incorporate seeding into any crystallization set-up.
Seeding is a technique where crystals are crushed in mother liquor or reservoir solution and diluted to
create a seed stock that is added to crystallization solutions to aid with nucleation [12,13]. As illustrated
in Figure 1, spontaneous nucleation cannot occur in an undersaturated solution, below the solubility
line; therefore, seeds introduced in this phase dissolve. Spontaneous homogeneous nucleation occurs
in the supersaturation zone, but it can be a long process that takes several months. The supersaturation
is low and suitable for crystal growth in the metastable zone, but here nucleation does not occur
spontaneously. This zone is ideal for seeding and crystal growth, and seeding can remarkably speed
up the crystallization trajectory and provide more consistent control and results [10,11].

 

Figure 1. A schematic representation of a phase diagram showing the solubility of a protein in solution
as a function of the concentration of the precipitant. The grey arrow illustrates the estimated path of
crystallization. The path leads from the undersaturated zone below the solubility curve, where no
crystals can grow, to the precipitation zone, where supersaturation is too high and protein precipitates
without forming crystals. Below the precipitation zone is the nucleation zone, where the supersaturation
is high and nucleation is observed, but the crystal growth is slow. In the metastable zone, the nucleation
does not occur spontaneously, but the supersaturation is low and suitable for crystal growth [14].

In the nucleation and precipitation zone where spontaneous nucleation occurs, seeding often
results in excessive (over)nucleation and can result in the formation of showers of microcrystals or
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amorphous precipitate [14]. Additionally, the size and number of crystals can be manipulated by
systematically using a dilution series of seed stock until an ideal amount of seedstock for a given batch
can be identified [15]. This technique can not only help to grow crystals where none grew before, but it
can also generate better-diffracting crystals, since crystals are more likely to grow in the metastable
zone [14].

Our work is focused on NPX, and for that we need optimized methods to reliably grow large
crystals from large volume drops (typically >100 μL). This is due to the inherent low flux of neutron
sources, and crystals have to be 2–3 orders of magnitude larger in volume than what is typical for
X-ray crystallography (e.g., ~1 vs. ~0.01 mm3). Neutrons are sensitive to H atoms and to its isotope,
deuterium (D), whose scattering lengths differ in both magnitude and phase [16]. Partial (including
H/D exchange) or full (per)deuteration of proteins presents its own challenges, but it reduces the
incoherent scattering background from H, significantly increases the signal-to-noise ratio of the
diffraction data, and also makes it possible to use up to an order of magnitude smaller crystals [3,17].
In addition to the requirement of having large, deuterated protein crystals for NPX, there are also
limitations to the size of the unit cell that current neutron macromolecular beamlines can resolve.
Instruments have different design features that enable some to resolve unit cell parameters of 100–150 Å
on edge (IMAGINE, LADI-III, BioDIFF, iBIX), while MaNDi is designed to resolve unit cells up to
300 Å on edge [4,18]. This limitation remains a challenge, and while a large unit cell can be overcome
by having a large crystal, there are very few examples of neutron structures determined from crystals
with unit cells over 150 Å on any edge. Unit cell parameters are then an important consideration when
pursuing neutron studies of a given system. Just as a relatively large unit cell can be overcome by
having a large crystal, the converse is also true, in that it becomes more feasible to collect neutron data
from a much smaller crystal if the unit cell is also small [3,16,19].

In the work presented here, we worked with both hydrogenous and deuterated versions of the
same protein. As large crystals can take a long time to grow, it is necessary to use set-ups that are
stable for long incubation and equilibration periods. It is desirable to control the thermodynamic and
kinetic contribution to the supersaturated state where the protein crystal nucleates, and this can be
done by controlling temperature, evaporation rates, and pH, protein, and precipitant concentrations.
Automation and systematic screening gives better control of the supersaturation state by having the
possibility to screen a large area around crystallization hits. Seeding, in conjunction with large drop
volume, provides a way to speed up crystal growth, as well as a way to control the number of crystals
in a given drop.

The protein we are working with is human carbonic anhydrase IX (CA IX). CA IX is implicated
in cancer metastasis and has emerged as a target for cancer detection, imaging, and treatment [20].
We are using neutrons to obtain details of the enzyme active site with regards to hydrogen bonding,
water organization, and ligand binding interactions that will enable rational drug design efforts [16].
However, the native protein is 459 amino acids (UniProtKB–Q16790) with multiple domains, including
a membrane spanning domain [20]. There are two reports on the structure of the catalytic domain of
native CA IX, but the unit cell and parameters are unsuitable for neutron studies [21,22]. The most
recent is from CA IX prepared by expression in yeast, and the space group was H3 with unit cell
parameters: a = b = 152.7 Å, c = 170.7 Å; α = β = 90◦, γ = 120◦ (PDB ID 6fe2) [22]. The first structure that
was reported was also for the catalytic domain of CA IX, but produced in insect cells and crystallized in
P61 with unit cell parameters: a = b = 144.2 Å, c = 208.9 Å; α = β = 90◦, γ = 120◦ (PDB ID 3iai) [21]. Due to
the previously mentioned challenges regarding size and unit cell volumes, we are, therefore, working
with a construct composed of residues 140–395 of human CA IX, that also contains six mutations
engineered at the surface of the protein (hence called surface variant: CA IX SV). The mutated residues
C174S, L180S, A210K, A258K, F259Y, and M360S were designed to make the catalytic domain more
soluble, suitable for expression in E. coli, and also to be more amenable to crystallization [23].

While surface mutations are introduced away from the highly conserved active site of the enzyme,
the catalytic efficiency of the SV enzyme is decreased in comparison with native protein, as described
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by Mahon et al. [23]. The CA IX SV was previously reported to crystallize in P212121 with unit cell
parameters ~100 Å on edge using 8% PEG 8000, 0.1 M Tris pH 8.5, and as such is more suitable for
neutron studies than working with the native protein [21–23]. Despite extensive efforts to reproduce
these conditions, we were unable to obtain any crystals. Here we present the details of starting over
with nanoliter drops in high-throughput set-ups with commercial screens and going from a single
initial hit to optimization for consistent growth of diffraction-quality single crystals. A crystallization
strategy of microseed matrix screening (MMS), as described by Ireton and Stoddard, was used [24].
In this method, crystal seeds or nuclei from one crystallization condition are added systematically to a
matrix of various conditions to screen for new conditions that promote crystal growth [24].

2. Materials and Methods

2.1. Protein Preparation

The catalytic domain of human CA IX was expressed in E. coli BL21(DE3) under hydrogenous
and deuterated conditions according to a protocol described in detail elsewhere [23,25]. In this
previous work the focus was to optimize deuteration strategies to produce different levels of D
incorporation and to measure biophysical effects on the resulting proteins. To measure how deuteration
affects crystallization behavior, we chose a single condition from this work to set-up side-by-side
crystallization of H and D versions of the same proteins [25]. The protein was previously engineered
to have 6 surface mutations that provide a more soluble and stable enzyme, which we refer to as the
CA IX surface variant (CA IX SV) [23]. CA IX SV was purified using para-aminobenzenesulfonamide
resin (pAMBS, Sigma-Aldrich, Stockholm, Sweden), followed by size exclusion chromatography
(Superdex200 16/600, GE Healthcare, Uppsala, Sweden). The protein elutes in 50 mM Tris pH 8.5,
100 mM NaCl in 2 peaks. Both peaks 1 and 2 were tested for crystallization, and only peak 2 yielded any
crystals [25]. Fractions containing peak 2 were pooled and concentrated to 12–17 mg/mL, depending
on the preparation batch.

2.2. Crystallization

Published crystallization conditions around 8% PEG 8000, 0.1 M Tris pH 8.5 for concentrations of
CA IX SV ranging from 10.8 mg/mL to 17.5 mg/mL, were used to set up crystallization screens
at different temperatures (4, 18 ◦C, ambient) in vapor diffusion experiments [23]. To find new
conditions, high-throughput screening was performed with a Mosquito (TTP Labtech, Melbourn,
UK) crystallization robot for droplets with a final volume of 300 nL (protein:precipitant ratio of 1:1,
reservoir volume 40 μL), or with an Oryx8 (Douglas instruments, Hungerford, UK) in vapor diffusion,
or under-oil microbatch drops (protein:precipitant:seeds ratio of 3:2:1, final drop volume 0.6 μL,
reservoir volume 40 μL). Four commercial crystallization screens were used in the initial rounds:
JCSG+ (Molecular Dimensions, Newmarket, UK), Morpheus (Molecular Dimensions, Newmarket,
UK), PurePEGs (Anatrace, Maumee, OH, USA), and TOP96 (Anatrace, Maumee, OH, USA). MRC
crystallization plates from Molecular Dimensions were used for sitting drop format, while for
the microbatch under-oil set-up we used hydrophilic plasma treated plates (Douglas Instruments,
Hungerford, UK). Oils used were paraffin oil, silicon oil, and Al’s oil (1:1 mix of paraffin and
silicon oil). In manual set-ups for larger hanging and sitting drops (protein:precipitant:seeds ratio
of 3:2:1, final drop volume 3–24 μL, reservoir volume 1 mL), 24-well Linbro plates (Hampton
Research, Aliso Viejo, CA, USA) were used. Crystallization drops were always mixed in order,
precipitant–protein–seeds, using freshly prepared buffers and PEG solutions (w/v).

Seed stocks for microseeding experiments were prepared according to Seed Bead™ Kit
instructions (https://www.hamptonresearch.com; collected 2018-10-06) using reservoir solution from
the crystallization condition. For seeding optimization the stock was tested in a dilution series.
In between crystallization experiments the seed stocks were stored in a −80 ◦C freezer. Cross-seeding
was attempted with human CA isoform II crystal seeds [26]. Seeding was used for both manual and
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automated experiments with Oryx8 (Douglas instruments). All crystallization plates were incubated
at 20 ◦C and inspected under polarizing light microscope, or with the Minstrel HT UV imaging
system (Rigaku). Hydrogenous and deuterated proteins were crystallized using the same hydrogenous
precipitant solutions with no adaptation. Table 1 and Figure 2 show summaries of all conditions
eventually identified. Crystals were visually inspected and evaluated based on relative size and quality
(single, not aggregated, clean edges, no or little precipitation in the drops).

Figure 2. Crystallization of CA IX SV from initial hit to optimized crystals used for diffraction.
Drop volumes are indicated per row. The initial screening hit appeared in (1A) 20% PEG 3350, 0.2 M
ammonium formate (JCSG+). Systematic alternation of the initial conditions was performed in hanging
drop set-up. Observed crystals were used for two seed stocks. The first seed stock was prepared from
(1B) 0.1 M Tris pH 7.5, 22% PEG 3350, 0.2 M NaCl, and the second seed stock was from a mixture
of (1C) 0.1 M Tris pH 7.0, 20% PEG 4000, 0.2 NaCl and (1D) 0.1 M Tris pH 7.5, 20% PEG 6000, 0.2 M
NaCl. The two seed stocks were diluted 10× and seeded into JCSG+, Morpheus, PurePEGs, and TOP96
screens for a second round of MMS. The two rounds of MMS resulted in numerous new conditions
(2A–H): (2A) 0.1 M sodium cacodylate pH 6.5, 1 M sodium citrate, (2B) 0.1 M ammonium citrate pH
5, 22.5% PurePEGs Cocktail, 0.3 M cesium chloride, (2C) 0.1 M Tris pH 5.5, 25% PEG 3350, 0.2 M
magnesium chloride, (2D) 0.1 M HEPES pH 7.5, 25% PEG 3350, 0.2 M ammonium acetate, (2E) 0.1
M HEPES pH 7.5, 20% PEG 4000, 10% 2-propanol, (2F) 0.1 M Tris pH 8.5, 30% PEG 4000, 0.2 M
sodium acetate, (2G) 0.1 M Tris pH 8.5, 25% PEG 3350 and (2H) 0.1 M HEPES pH 7.5, 25% PEG 3350.
The crystallization condition that was used to prepare crystals of the H/D exchanged and deuterated
(D/D) CA IX SV protein corresponds to (2F). When scaling up the drop size, seed concentration had to
be optimized. Seeds stocks used were diluted 10× (3A), diluted 100× (3B), 1000× (3C), and 10,000×
(3D) in 24 μL drops.
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Table 1. Summary of crystallization conditions that yielded crystals.

Precipitant Buffer pH Additive/Extra Crystallization Set-Up
Correlation
to Figure 2

20% PEG 3350 None n/a 0.2 M Ammonium
Formate Hanging drop 1A 1

20–24% PEG 3350 0.1 M Tris 7.0 None Sitting drop n/a
25% PEG 3350 0.1 M HEPES 7.5 None Sitting drop 2H

20–24% PEG 3350 0.1 M Tris 8.0 None Sitting drop n/a
25% PEG 3350 0.1 M Tris 8.5 None Sitting drop 2G

25% PEG 3350 0.1 M Tris 5.5 0.2 M Magnesium
Chloride Sitting drop 2C

20–26% PEG 3350 0.1 M Tris 7.0 4–10% 2-propanol Sitting drop n/a

25% PEG 3350 0.1 M HEPES 7.5 0.2 M Ammonium
Acetate Sitting drop 2D

22% PEG 3350 0.1 M Tris 7.5 0.2 M Sodium Chloride Hanging drop, microbatch 1B 1

20–26% PEG 3350 0.1 M Tris 8.0 4–10% 2-propanol Sitting drop n/a

18–22% PEG 4000 0.1 M Tris 7.0 None Sitting drop n/a
18–22% PEG 4000 0.1 M Tris 7.0 0.2 M Sodium Chloride Hanging drop, microbatch 1C 1

20% PEG 4000 0.1 M HEPES 7.5 10% 2-propanol Sitting drop 2E
22–26% PEG 4000 0.1 M Tris 8.0 10% 2-propanol Sitting drop n/a

30% PEG 4000 0.1 M Tris 8.5 0.2 M Sodium Acetate Sitting drop, microbatch 2F, 3A–D

18–22% PEG 6000 0.1 M Tris 7.5 None Sitting drop n/a
18–22% PEG 6000 0.1 M Tris 7.5 0.2 M Sodium Chloride Hanging drop 1D 1

22.5% PurePEGs Cocktail 0.1 M Citric Acid 3.5 0.3 M Sodium Formate Sitting drop n/a

22.5% PurePEGs Cocktail
0.1 M

Ammonium
Citrate

5.0 0.3 M Cesium Chloride Sitting drop 2B

22.5% PurePEGs Cocktail 0.1 M Sodium
Cacodylate 6.5 0.3 M Magnesium

Chloride Sitting drop 2A

1.0 M Sodium Citrate 0.1 M Sodium
Cacodylate 6.5 None Sitting drop n/a

1 These are the only crystallization conditions where spontaneous nucleation occurred.

2.3. Deuterium Labeling and X-ray Analysis

Crystals of hydrogenous CA IX SV were grown under hydrogenous conditions and were kept
in hydrogenous buffers during the experiment (H/H CA IX SV). In parallel, crystals of H/H CA IX
SV were subjected to H/D exchange by exchanging the well solution for deuterated solutions and
resealed for several weeks to allow labile hydrogen atoms to exchange for deuterium (H/D CA IX
SV). Deuterated CA IX SV was crystallized with hydrogenous buffers and then later exchanged to
regain lost D atoms in labile positions (D/D CA IX SV). Crystals were cryoprotected by quick dipping
in reservoir solution supplemented with glycerol (20% v/v final concentration) and flash frozen in
liquid nitrogen. Crystals were tested for diffraction at the BioMAX beamline at the MAX IV laboratory.
Diffraction data statistics are shown in Table 2. Structure refinement is ongoing.

Table 2. X-ray diffraction data set statistics for CA IX SV.

H/H H/D D/D

Wavelength (Å)
Beamline, source

0.979
BM-30 (FIP), ESRF

0.979
BioMAX, MAX IV

laboratory

0.979
BioMAX, MAX IV

laboratory

Space group, unit cell P21; a = 44.3, b = 65.1,
c = 46.7; β = 115.1

P21; a = 44.5, b = 65.4,
c = 46.7; β = 115.1

P21; a = 44.4, b = 65.1,
c = 46.6; β = 114.7

Resolution range (Å)
50.0–1.77

(1.88–1.77)
40.0–1.39

(1.42–1.39)
40.0–1.49

(1.51–1.49)
Total No. of reflections 63,296 (9199) 327,912 (15,926) 265,165 (13,184)

No. of unique reflections 22,187 (3463) 48,352 (2406) 39,461 (1948)
Redundancy 2.8 (2.6) 6.8 (6.6) 6.7 (6.8)

Completeness (%) 95.1 (92.9) 99.8 (99.1) 99.9 (99.3)
〈I/σ(I)〉 10.5 (2.2) 19.9 (2.2) 14.3 (2.2)

Rmerge
† (%) 6.3 (48.6) 3.6 (78.1) 6.0 (78.1)

† Rmerge = (Σ|I − <I>|/Σ <I>) × 100.
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3. Results & Discussion

3.1. Initial Screening

Narrow screens for CA IX SV, ranging from 6 to 10% PEG 8000 (0.1 M Tris pH 8.5) around
published crystallization conditions (8% PEG 8000, 0.1 M Tris pH 8.5), were used to set up hanging
drops at different temperatures (4, 12, 18 ◦C, ambient) [23]. Despite extensive efforts to recreate the
reported crystallizations, we had no success. Protein expression and purification was attempted
exactly as previously published but did not yield any crystals [23]. The CA IX SV construct shares
36% of its sequence identity with CA II; however, an attempt to do cross-seeding with human CA
isoform II crystals did not result in any hits. In a recent study, Abuhammad et al. reported successful
crystallization, increased number of hits, and shorter crystallization times when seeds from protein
crystals with sequence identities as low as 24% were used [9]. The search for new conditions started
with random sparse matrix screening using two commercial screens, JCSG+ and Morpheus (both from
Molecular Dimensions). Small drops were prepared with a Mosquito (TTP Labtech) crystallization
robot in a sitting drop format using 96-well MRC crystallization plates. The first and only crystallization
hit was from JCSG+ (20% PEG 3350, 0.2 M ammonium formate pH 6.5) and was observed after 30 days
(Figure 2(1A)). This hit condition formed the basis of systematic alternation of the initial conditions
where 16–24% PEG 3350 (or 4000 or 6000 or 8000) with either 0.2 M NaCl or 0.2 M ammonium formate
were included. The pH was also varied in 0.5 unit increments from pH 7.0–9.0. The drops were hanging
drop and had a final volume of 3 μL and a protein:precipitant ratio of 1:1. Crystals appeared in three
of these drops after ~65 days from PEG 3350, 4000, and 6000 (20–22%) supplemented with 0.2 M NaCl
and 0.1 M Tris pH 7.0/7.5 (Figure 2(1B–1D)). There were no spontaneous crystals appearing at the
reported higher pH of 8.5 or with PEG 8000 in these initial screens.

3.2. Microseed Matrix Screening (MMS)

The drop shown in Figure 2(1B) was sacrificed for seed stock preparation with its reservoir
solution (0.1 M Tris pH 7.5, 22% PEG 3350, 0.2 M NaCl), and this stock was used in the first round
of MMS using four commercial screens: JCSG+, Morpheus, PurePEGs, and TOP96. The volume of
seeds added to the screens was 0.1 μL. The crystals from Figure 2(1C,1D) were later used to prepare a
second seed stock using 0.1 M Tris pH 7.0, 20% PEG 4000, 0.2 NaCl, and were also used as an additive
for automated microseeding experiments with the Oryx8 (Douglas instruments). Seeding experiments
resulted in the identification of numerous new conditions out of the 384 tested (summarized in Table 1;
some shown in Figure 2(2A–2H)).

The expanded hits covered a broad range of PEG sizes (Table 1). PEG 3350 appeared on ten
occasions, PEG 4000 on five, PEG 6000 on two, and PurePEGs cocktail on three occasions, and ranged
between 18% and 30% (w/v). A number of additional additives, including magnesium chloride,
sodium acetate, ammonium acetate, and 2-propanol also appeared, and seven hits did not contain any
(Table 1; Figure 2(2G)). We also found a non-PEG condition with sodium citrate, but due to the crystal
appearance, we did not explore it further (Figure 2(2A)). A broad range of pHs also became accessible
from the expanded screen results, with CA IX SV crystallizing between pH 3.5–8.5 (Table 1).

The distribution of the number of crystallizations of all the PEG conditions is shown in Figure 3
as a function of pH, PEG size, PEG concentration, and additives. The highest number of hits appears
to group around conditions with pH above 7, in range of 18–26% PEG 3350 or 4000, without additive
or with NaCl or isopropanol. We did not observe differences in conditions yielding crystals between
batch or vapor diffusion set-ups in the smaller volumes (0.3–15 μL) (Figure 4). The outcome of the
automated seeding experiments was firstly a control over consistent nucleation at lower levels of
supersaturation. Secondly, the conditions where crystals grew varied from the conditions where
crystal nucleation occurred and actually resulted in new hits yielding crystals that had different shapes.
In terms of time, optimization without seeds would, for some batches of fresh protein, never yield
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crystals, while seeding in small volumes reduced the time to get crystals from weeks or even months
to only days.

Figure 3. Distribution of the number of successful protein crystallizations of all PEG conditions found
in systematic screening as a function of pH, size of the PEG, PEG %, and which additives were included.
A 3D graph that displays all of the components of the PEG conditions is shown on the right.

  
(a) (b) 

Figure 4. The effect of diluting and testing the seed stock solution. Crystallization drops were set up in
0.1 M Tris pH 8.5, 30% PEG 4000, 0.2 M sodium acetate in a ratio of 3:2:1 (protein:precipitant:seeds) in
(a) vapor diffusion sitting drop set-up (total drop volume is 24 μL) and (b) microbatch with paraffin oil
set-up (total drop volume is 15 μL).

3.3. Optimization with Seed Concentration

The conditions summarized in Table 1 and Figure 2 that resulted in visually the best crystals were
scaled up in volumes from 3 to 24 μL, initially. Crystal quality was ranked based on being single,
having clear edges, and containing no inclusions. The Hampton Research recommended ratio of seed
stock to use is 3:2:1 (protein:precipitant:seeds), and while this worked well in smaller drops, when we
scaled up to 24 μL we observed overnucleation when using 10× diluted seed stocks (Figure 2(3A)).
The high number of seeds introduced into the crystallization drop resulted in numerous small crystals,
but yielded improved results, i.e., fewer and larger crystals per drop (Figure 2(3C,3D)) when prepared
in a 1000× and 10,000× dilution series. The condition that produced the first good crystals selected for
X-ray diffraction testing was 22% PEG 3350, 0.2 M NaCl, 0.1 M Tris pH 7.5 (Figure 2(1B)). However,
it was later observed that this condition, when using different protein batches, was not consistently
successful in giving any crystals, let alone for large crystal growth. After some additional trials,
the condition that consistently produced the largest crystals, regardless of the protein batch and length
of protein storage, was 30% PEG 4000, 0.2 M sodium acetate, 0.1 M Tris pH 8.5 (Figure 2(2F)).

This condition was successfully used to prepare crystals of the H/D exchanged and deuterated
(D/D) CA IX SV protein. Crystals from numerous conditions were selected for X-ray diffraction,
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but this condition gave the best diffraction data sets for H/H, H/D, and D/D CA IX SV. X-ray
diffraction data collection statistics are shown in Table 2, and the refinement and structures are ongoing
and will be reported elsewhere.

Through our MMS approach, we were not only able to gain consistent control over nucleation and
crystal growth, we also obtained a new space group (P21) with smaller unit cell parameters than the
previously reported P212121; a = 44.5, b = 65.4, c = 46.7 Å, β = 115.1◦ vs. a = 57.9, b = 102.7, c = 109.0 Å
(Table 2) [23]. The monoclinic space group reported here has a monomer in the asymmetric unit
(ASU) compared to a non-crystallographic dimer in the orthorhombic space group. This fortuitous
discovery is very beneficial for planned NPX experiments where large crystals with smaller unit cells
are required.

3.4. Deuterated CA IX SV and Large Volume Crystallization

It has been demonstrated for different proteins, including different human CA proteins,
that side-by-side crystallization with the same conditions produced variable outcomes depending on
the deuteration level of the protein [25–27]. Initial structural analysis shows that the resulting X-ray
crystal structures are unchanged, but the optimal crystallization conditions can be affected and may
have to be adjusted for deuterated protein crystal growth.

For neutron protein crystallography we need substantially larger crystals, one to two orders of
magnitude larger in volume than what is routinely used for X-ray diffraction. We attempted larger
drop set-ups with the best conditions used for X-rays (e.g., Figure 2(2E–2H)); however, scaling up to
50–150 μL with diluted seeds did not reproduce the results from the smaller drops, and conditions
had to be re-explored and refined in larger drops. We were finally able to grow a large crystal of
H/H CA IX SV from a 150 μL drop using 24% PEG 4000, 10% (v/v) 2-propanol, 0.1 M Tris pH 8.0
(Figure 5). We can speculate that, in addition to the chemical parameters (precipitant, pH, and salts),
this condition promotes crystallization in large volume by manipulating the dielectric properties of the
solution by presence of 2-propanol. All of these factors together successfully created a supersaturated
solution and resulted in growth of large single crystals of CA IX SV in nine to 12 months.

 

Figure 5. CA IX SV crystal mounted in a capillary. Approximate crystal dimensions are 1.3 × 0.8 ×
0.8 mm (volume ~0.8 mm3), lined ruler visible is graduated in mm increments.

4. Conclusions

For this challenging protein, the combination of microseeding, where crystal growth is induced
at low levels of supersaturation, and random sparse matrix screening yielded numerous conditions
over a broad range of PEGs, additives, and pH. Additionally, the microseeding allowed us to get
diffraction quality crystals for different batches of H/H, H/D, and D/D CA IX SV with a limited
amount of material and in a reasonable time frame. Conditions that appeared as the result of automated
high-throughput screening in small volumes (300 nL) did not scale as expected. Some screening and
refining was necessary when volumes were increased >10-fold from the initial hit volume. The amount
and size of the PEG varied greatly, from 18–30% PEG and sizes 3350, 4000, and 6000 all gave good
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crystals. Throughout our screening efforts, we did not find a condition with PEG larger than 6000.
The type of additive did not seem to affect crystal morphology or how fast they appeared in small
volumes (0.3–6 μL). However, for scaling up the crystallization drop volume beyond 50 μL, isopropanol
was a better additive than the others. An unexpected bonus coming out of these studies was that we
were able to find new conditions that gave us consistent control over crystallization. We prepared
well-diffracting crystals in a space group with smaller unit cell parameters than are suitable for neutron
diffraction experiments. In short, our work here demonstrates the necessity of broad screening and
subsequent continuous optimization while scaling up crystallization volumes as a pre-requisite for
preparing CA IX SV crystals suitable for NPX. This approach may be beneficial and generally applicable
to other challenging targets, as well, especially where larger crystals are required to enable X-ray or
neutron diffraction experiments.
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Abstract: Cry proteins have been the subject of intense research due to their ability to form crystals
naturally in Bacillus thuringiensis (Bt). In this research we developed a new strategy that allows
for the removal of cadmium and chromium from wastewater by using one Cry protein, Cry3Aa,
as a framework to immobilize tandem repeats of the cyanobacterial metallothionein SmtA from
Synechococcus elongatus (strain PCC 7942). SmtA is a low molecular weight cysteine-rich protein
known to bind heavy metals. A series of Cry3Aa-SmtA constructs were produced by the fusion of
one, three, or six tandem repeats of SmtA to Cry3Aa. Overexpression of these constructs in Bt resulted
in the production of pure Cry3Aa-SmtA fusion crystals that exhibited similar size, crystallinity,
and morphology to that of native Cry3Aa protein crystals. All three Cry3Aa-SmtA constructs
exhibited efficient binding to cadmium and chromium, with the binding capacity correlated with
increasing SmtA copy number. These results suggest the potential use of Cry3Aa-SmtA crystals
as a novel biodegradable and cost-effective approach to the removal of toxic heavy metals from
the environment.

Keywords: Cry protein crystals; metallothioneins; bioremediation; heavy metal contamination

1. Introduction

Cry proteins are a family of proteins that are produced and directly crystallized within the
bacterium Bacillus thuringiensis (Bt) [1–4]. The resulting crystals are very stable and can be isolated with
minimal purification. In many cases, simple washing is all that is needed to remove soluble impurities.
Functionally, Cry proteins are most famous for their role as biological insecticides. They have been
incorporated into many genetically modified crops as a way to make the crops resistant to insect and
nematode pests [5]. Due to their use in genetically modified crops that are consumed by humans,
Cry proteins are generally considered to be safe for organisms [6]. Our group was the first to
demonstrate that various reporter proteins could be fused to one such Cry protein, Cry3Aa, to produce
isolatable Cry3Aa fusion crystals without apparent loss of reporter function. Isolated Cry3Aa-GFP
or Cry3Aa-mCherry crystals were fluorescent, indicating the proper folding of GFP and mCherry,
while Cry3A-luciferase crystals remained functionally active and could be used for in vivo imaging
studies in mice [7]. It should be noted that while the crystalline nature of some Cry protein crystals
produced in Bt has been confirmed by powder diffraction [8], and in the case of Cry3Aa, its structure
determination [4], we have not been able to use diffraction to confirm this for our Cry3Aa fusions.
Nevertheless, their morphology, uniformity, and insolubility are similar to those of native Cry3Aa
crystals, and as such, we loosely use the term crystals to reflect this similarity. Consistent with these
properties, we recently demonstrated that the lipase lipA from Bacillus subtilis could be immobilized by
genetically fusing it to Cry3Aa and the resultant Cry3Aa-lipA fusion crystals were found to be more
stable against temperature and solvent than the free lipA protein, thus enabling multiple cycles of
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biodiesel conversion [9]. Herein, we extend the application of this Cry3Aa fusion technology for use in
heavy metal sequestration.

The release of heavy metals such as cadmium (Cd) or chromium (Cr) into natural water
ecosystems has increased with expanding industrialization [10], with industrial wastewater from
mining, metal processing, tanneries, pharmaceuticals, pesticides, organic chemicals, rubber and plastics,
lumber and wood products being common sources of heavy metal pollutants [11,12]. The exposure
of these heavy metals to humans can be harmful, leading to chronic or acute health conditions [13],
including reduced growth and development, cancer, organ damage, nervous system damage, and
in extreme cases, death [14–16]. Due to the mobility and toxicity of heavy metal ions in water,
effective methods for their removal are needed. Several different physicochemical methods such as
chemical precipitation and membrane filtration have been utilized for this purpose, but there are
disadvantages to each of these methods, including high cost, energy requirement, or production of
harmful by-products [17–20].

To produce our biologically inspired immobilized chelator, we chose to genetically fuse Cry3Aa
to the metallothionein SmtA from the cyanobacterium Synechococcus elongates (strain PCC 7942).
Metallothioneins are low molecular weight cysteine-rich proteins with a high binding capacity for heavy
metals due to the presence of multiple cysteine residues that facilitate the formation of metal-thiolate
clusters at sub-micromolar concentrations [21–25]. SmtA is arguably the best characterized bacterial
metallothionein. The NMR structure of a Zn2+-bound SmtA suggests that its cysteine residues form
a pocket for binding four metal ions [26]. Like other metallothioneins, this use of cysteines to ligate
the metal ions provides SmtA with selectivity towards soft metals such as Hg2+, Cd2+, Zn2+, Cu2+,
and Co2+, allowing it to be used as a metal chelator of toxic heavy metals such as Cd2+—even in the
presence of high concentrations of sodium, calcium, and magnesium [27,28]. This property makes
them potentially useful for multiple purposes [15,29–33], including as binding agents for the selective
removal of heavy atoms from contaminated water [27]. Here we describe the in vivo production and
physical characterization of three different Cry3Aa-SmtA fusion crystals, and the evaluation of their
ability to remove Cd2+ and Cr3+ ions from heavy metal-containing solutions.

2. Materials and Methods

2.1. Construction of the Cry3Aa-SmtA Fusion Plasmids

The gene encoding three tandem repeats of SmtA ([SmtA]3) was synthesized and cloned into
a standard plasmid by GeneArt (ThermoFisher). A single copy of SmtA ([SmtA]) or [SmtA]3 was
amplified by PCR using Kapa HiFi Hot Start Ready Mix (Kapa Biosystems) from the aforementioned
plasmid while the gene fragment encoding six repeats of SmtA ([SmtA]6) was generated by overlap
PCR of two [SmtA]3 fragments. Each gene was subcloned into an existing pHT315 vector harboring
the cry3Aa gene (pHT315-Cry3Aa) [7]. Briefly, the pHT315-Cry3Aa vector was linearized using the
restriction endonucleases BamHI and KpnI, and the gene fragment [smtA]x was then cloned between
the BamHI and KpnI sites downstream of the cry3Aa gene using Gibson Assembly® Master Mix (New
England Biolabs) following the manufacturer’s instructions, yielding the plasmids for Bt expression of
Cry3Aa-[SmtA], Cry3Aa-[SmtA]3, or Cry3Aa-[SmtA]6 protein crystals.

2.2. Expression and Purification of Cry3Aa and Cry3Aa-SmtA Fusion Crystals in Bt

All Bt Cry3Aa and Cry3Aa-SmtA fusion protein crystals were produced by transforming the
corresponding plasmids into Bt407 cells. The cells were overexpressed at 25 ◦C for 72 h, after which
the pellet was harvested using centrifugation at 8000 rpm for 10 min. The pellet was washed with
autoclaved double distilled water (ddH2O) and purified by centrifugation using a discontinuous
sucrose gradient (40% 4 mL, 55% 7 mL, 65% 7 mL, 72% 4 mL) at 5000 rpm for 30 min. The crystals were
extracted from the 55% and 65% layer and washed with autoclaved ddH2O to remove the sucrose.
SDS-PAGE samples were prepared by resuspending crystals in autoclaved ddH2O, adding 5× SDS
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dye, boiling for 5 min, and then loading onto a 10% TGX Stain-Free gel (BioRad) to verify the presence
and purity of the corresponding crystals. Protein concentrations were determined using the Bradford
standard assay (BioRad).

2.3. Dynamic Light Scattering of Cry3Aa and Cry3Aa-SmtA Fusion Crystals

The size and dispersity of Cry3Aa and the three Cry3Aa-SmtA fusion crystals were measured by
dynamic light scattering (DLS) at 25 ◦C by resuspending 100 μg of crystals in 1 mL of autoclaved ddH2O
and then applying them to a Malvern Zetasizer Nano ZS90 (Malvern Instruments Ltd., Malvern, UK).

2.4. Scanning Electron Microscopy of Cry3Aa and Cry3Aa-SmtA Fusion Crystals

Scanning electron microscopy (SEM) imaging samples were prepared by resuspending 0.1 mg of
Cry3Aa or Cry3Aa-SmtA fusion crystals in 1 mL autoclaved ddH2O. The samples were sonicated for
5 min and 2 μL of this solution was added to a copper stub and allowed to dry overnight. Samples were
coated with Au using a Sputter Coater S150B (Edwards) and imaged in a SU8000 (Hitachi) operated at
5 kV and a working distance of 8.0 mm to 8.2 mm. The length and width of crystals were measured
using software ImageJ Version 1.52a (NIH, Bethesda, MD, USA).

2.5. Metal Binding Capacity Studies by Atomic Absorption Spectrophotometer (AAS)

To ascertain the effect of fusing different numbers of repeat units of SmtA to Cry3Aa on the
binding capacity of the corresponding fusion crystals to Cd2+ and Cr3+ ions, 1 nmol of Cry3Aa
(control), Cry3Aa-[SmtA], Cry3Aa-[SmtA]3, or Cry3Aa-[SmtA]6 was incubated with 2 mL of 0.1 ppm
of Cd standard for AAS (Sigma) or Cr standard for AAS (Sigma) solution at room temperature
overnight. The samples were filtered with a 0.22 μm filter and the remaining Cd2+ or Cr3+ ions in the
supernatant were measured by atomic absorption spectrometry (AAS) (Hitachi Z2300 flame). The metal
concentrations were determined by comparing the measured absorbance against a series of calibration
standards from 0 to 1 ppm prepared from a Cd standard solution (Sigma) or Cr standard solution
(Sigma), and then used to derive the % bound by subtracting from the initial amount (0.1 ppm).

2.6. Statistical Analysis

GraphPad Prism software (version 8.0.2, GraphPad, San Diego, CA, USA) was used for statistical
analysis. An unpaired two-tailed student’s t-test was used for size comparison of the Cry3Aa-SmtA
fusions with native Cry3Aa. One-way analysis of variance (ANOVA) was used for the multi-group
comparison of metal binding by the different constructs. Data are presented as mean ± standard error
of the mean.

3. Results

3.1. Production of Cry3Aa and Cry3Aa-SmtA Fusion Crystals

Previous work by our group demonstrated the utility of Cry3Aa as an immobilization platform to
generate crystalline particles with functional fusion partners such as green fluorescent protein, mCherry,
luciferase, and lipase A [7,9]. To further expand the utility of the Cry3Aa protein crystal platform,
we decided to explore whether these crystals could be used to accommodate multiple copies of a small
protein, such as a metallothionein, and in so doing, improve their utility—in this case, for increasing
metal binding capacity. As such, a series of plasmids containing the gene encoding Cry3Aa-SmtA
with different numbers of SmtA repeats were constructed and the corresponding Cry3Aa-SmtA fusion
protein crystals were produced in Bt407. The identity and purity of each of the Cry3Aa-SmtA fusion
crystals were confirmed by SDS-PAGE (Figure 1) based on their molecular weights.
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Figure 1. SDS-PAGE of Cry3Aa and Cry3Aa-SmtA fusion crystals produced in Bacillus thuringiensis (Bt).
The theoretical molecular weights are: Cry3Aa, 73.1 kDa; Cry3Aa-[SmtA], 78.8 kDa; Cry3Aa-[SmtA]3,
90.3 kDa; and Cry3Aa-[SmtA]6, 107.5 kDa.

3.2. Characterization of Cry3Aa and Cry3Aa-SmtA Fusion Protein Crystals

The size and morphology of each Cry3Aa-SmtA fusion crystal were investigated by DLS and
SEM and compared to those of Cry3Aa. Based on the DLS measurements, the size distributions of the
different Cry3Aa-SmtA fusion crystals were similar to that of native Cry3Aa crystals (Figure 2a–d).
The mean hydrodynamic diameters and polydispersity index (PDI) of Cry3Aa-[SmtA], Cry3Aa-[SmtA]3,
and Cry3Aa-[SmtA]6 were found to be 860.8 nm (PDI = 0.147), 862.7 nm (PDI = 0.226), and 895.1 nm
(PDI = 0.015), respectively, whereas that of the native Cry3Aa was 754.1 nm (PDI = 0.035). In agreement
with the DLS results, SEM images of Cry3Aa and the three Cry3Aa-SmtA fusion crystals revealed that
the morphologies of the Cry3Aa-SmtA fusion crystals were also similar to that of Cry3Aa crystals
(Figure 3a–h)—a rod-like shape of similar length and width (Table 1). These findings suggest that the
fusion of SmtA and its repeats to Cry3Aa did not appear to alter the crystal-forming properties of
Cry3Aa with respect to both its size and morphology.

Table 1. The mean length and width of Cry3Aa and Cry3Aa-SmtA fusion crystals based on scanning
electron microscopy (SEM) images.

Construct Length (nm) * Width (nm) *

Cry3Aa 1215 ± 197 912 ± 97
Cry3Aa-[SmtA] 1378 ± 86 871 ± 138
Cry3Aa-[SmtA]3 1471 ± 195 1014 ± 151
Cry3Aa-[SmtA]6 1405 ± 112 913 ± 48

* Any difference between Cry3Aa-SmtA fusion and Cry3Aa crystals was not statistically significant (p > 0.05),
as confirmed by unpaired two-tailed student’s t-test.

128



Crystals 2019, 9, 287

Figure 2. Size comparison of Cry3Aa and Cry3Aa-SmtA fusion crystals by dynamic light scattering
(DLS). (a) Cry3Aa, (b) Cry3Aa-[SmtA], (c) Cry3Aa-[SmtA]3, and (d) Cry3Aa-[SmtA]6. All samples
were measured at a concentration of 100 μg/mL of crystal.

Figure 3. Size and morphological comparison of Cry3Aa and Cry3Aa-SmtA fusion crystals by scanning
electron microscopy (SEM). Global SEM images of purified crystals of (a) Cry3Aa, (b) Cry3Aa-[SmtA],
(c) Cry3Aa-[SmtA]3, and (d) Cry3Aa-[SmtA]6 at 5000×magnification. SEM images of single crystals of
(e) Cry3Aa, (f) Cry3Aa-[SmtA], (g) Cry3Aa-[SmtA]3, and (h) Cry3Aa-[SmtA]6 at 45,000×magnification.

3.3. Cadmium and Chromium Binding by Cry3Aa and Cry3Aa-SmtA Fusion Crystals

To evaluate the heavy metal binding capacity of the Cry3Aa-SmtA fusion constructs, 1 nmol each
of Cry3Aa-SmtA fusion and Cry3Aa (as a control) crystals were incubated with 2 mL of 0.1 ppm of Cd
standard solution or Cr standard solution (Figure 4). As revealed by the AAS assay, Cd binding to the
Cry3Aa-SmtA constructs increased with increasing SmtA repeats. Of note, Cry3Aa-[SmtA]6 crystals
bound nearly 100% of the Cd2+ ions in 0.1 ppm solution, suggesting that these fusion crystals were
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able to remove Cd2+ ions even at trace levels (Figure 4a). Similar trends were also observed for binding
of Cr3+ ions, with the Cry3Aa-[SmtA]6 crystals showing the highest level of Cr binding (Figure 4b).

Figure 4. Atomic absorption spectrometry (AAS) analysis of the metal binding capacity of Cry3Aa
(control) and Cry3Aa-SmtA fusion crystals. Percentage of (a) Cd2+ and (b) Cr3+ ions bound to crystals.
All measurements were performed in triplicate. The error bars show the standard deviation of the
mean. Repeated measurements of Cry3Aa-[SmtA] showed no binding of Cr3+ ions. **** p < 0.0001 by
one-way ANOVA.

4. Discussion

There has been long-term interest in developing metallothioneins for use in the selective removal
of heavy metals from wastewater [27]. Their selectivity allows for the binding of toxic metal ions such
as Cd2+ or Cr3+ without removing other metal ions that might be important for the environment [28].
A major challenge, however, is the generation of an immobilized metallothionein for this purpose in a
cheap and easy fashion that allows for its potential recycling.

As demonstrated here, the Cry3Aa crystal as an immobilization platform is particularly attractive
for this purpose. A plasmid for the expression of Cry3Aa fused to tandem repeats of the SmtA
can be readily produced and used for the production of Cry3Aa-SmtA fusion crystals directly in
Bt. These crystalline particles can easily be purified without the use of columns by density gradient
centrifugation, greatly simplifying the isolation step and lowering the cost of production.

While the fusion of one SmtA to Cry3Aa gives only limited binding of heavy metals, we show that
up to six tandem repeats of SmtA can be incorporated, resulting in enhanced metal binding without
significantly changing the size and morphology of the biologically produced crystal. As an aside,
the Cry3Aa-[SmtA]9 construct with nine copies of SmtA was also cloned, but the yields were low and
the resultant crystalline particles seemed less stable. This may suggest that the solvent channels within
Cry3Aa crystals can accommodate six copies of SmtA, but not nine. Increasing the number of copies of
SmtA is important for metal binding; however, the metal binding capacity for either Cd2+ or Cr3+ is
strongly correlated with the number of SmtA repeats incorporated. The results affirm the potential
use of biologically produced Cry3Aa-SmtA fusion crystals for the bioremediation of heavy metals
from wastewater.

While there are a number of conventional treatment processes such as ion exchange, activated
charcoal, chemical precipitation, and chemical reduction and adsorption, these approaches have
certain limitations including their high cost, production of secondary waste, and limited effectiveness
at low concentrations of metal [34,35]. In contrast, Cry3Aa-SmtA fusion crystals can be produced
directly in bacteria, are easy to isolate, and for the Cry3Aa fusion construct with six copies of SmtA,
Cry3Aa-[SmtA]6 can efficiently remove Cd2+ or Cr3+ ions from solutions even at trace levels of 0.1 ppm.
Thus, Cry3Aa-SmtA fusion protein crystals offer an environmentally friendly, effective, and economical
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alternative method for the removal of heavy metals from water—highlighting yet another use of
biologically produced Cry3Aa fusion crystals for practical application.
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Abstract: The gene encoding frog (Xenopus tropicalis) ependymin without the signaling sequence
was gene-synthesized, and the protein successfully over-expressed in ~mg quantities adequate
for crystallization using insect cell expression. Circular dichroism (CD) analysis of the protein
purified with >95% homogeneity indicated that ependymin contains both α-helix and β-strand
among the secondary structure elements. The protein was further crystallized using polyethylene
glycol 8000 as the precipitating reagent, and X-ray diffraction data were collected to 2.7 Å resolution
under cryo-condition at a synchrotron facility. The crystal belongs to a hexagonal space group P6122
(or P6522) having unit cell parameters of a = b = 61.05 Å, c = 234.33 Å. Matthews coefficient analysis
indicated a crystal volume per protein mass (VM) of 2.76 Å3 Da−1 and 55.4% solvent content in the
crystal when the calculated molecular mass of the protein only was used. However, the apparent
SDS-PAGE molecular mass of ~33 kDa (likely resulting from N-glycosylation) suggested VM of
1.90 Å3 Da−1 and 35.4% solvent content instead. In both cases, the asymmetric unit of the crystal
likely contains only one subunit of the protein.

Keywords: ependymin (EPN); ependymin-related protein (EPDR); mammalian ependymin-related
protein (MERP)

1. Introduction

Ependymin (EPN) was first discovered in the ependymal zone of goldfish brain upon emergence
of a learning behavior [1–3]. Additionally, EPN being one of the abundant glycoproteins in the brain
extracellular fluid and cerebrospinal fluid in the teleost fish, has been suggested to have various roles
in memory consolidation, neuronal regeneration, brain calcium homeostasis [4,5] as well as in cold
adaptation, and even in determining aggressiveness [6,7]. Interestingly, orthologues of fish EPN,
also exist in other animals such as sea urchin, frog, and even in mammals, and have been also named
as EPDR (ependymin-related) protein or MERP (mammalian ependymin-related protein). Humans,
in particular, have one isoform of EPN and its expression has been reported in various human normal
tissues [8,9]. More interestingly, the transcription level of human EPN was elevated in colorectal tumor
cells, and hence is also called UCC1 (upregulated in colorectal cancer gene 1) [10]. Hereafter, all EPN
and EPN-like proteins will be mentioned as EPN for simplicity.

EPNs in general contain endoplasmic reticulum-targeting signal sequences at the N-terminus,
which are likely cleaved by signal peptidases and further processed for secretion [9,11]. The sequences
also hold four cysteine residues that may form either intramolecular disulfide crosslinking for
stabilizing protein conformation or intermolecular crosslinking for mediating dimeric interaction
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(Figure 1). Furthermore, studies on fish EPN suggest N-glycosylations at two asparagine residues [1,12],
and other EPNs also have predicted N-glycosylation sites (Figure 1). An isolated digestive fragment of
fish EPN has been shown to activate c-Jun N-terminal kinase, and components of AP-1 (c-Jun and c-Fos)
via the PKC and MAPK pathways [13,14]. Because oxidative stresses induce the expression of AP-1
by the MAP kinase pathway, upregulation of superoxide dismutase (SOD), catalase, and glutathione
peroxide have been implied as the downstream targets of at least fish EPN to prevent damages resulting
from reactive oxygen species [15].

Figure 1. Protein sequence alignment of EPNs (without their N-terminal signal sequence) from various
organisms. Homologous residues in all species are in green background. Predicted N-glycosylation
sites are in red background. The four conserved cysteines are indicated with triangles on top.
The mouse sequence is from Mus musculus EPDR2, the fish sequence is from Oncorhynchus mykiss
(Rainbow trout), the frog sequence is from Xenopus tropicalis, and the sea urchin sequence is from
Strongylocentrotus purpuratus (purple sea urchin). In comparison to the frog EPN sequence expressed in
this study, the EPNs of fish (29%), sea urchin (43%), human (66%), and mouse (65%) all show sequence
conservations (identity percent in parenthesis).

Despite the fact that EPN is similar from sea urchins to humans [16], studies leading to its
multi-functional role are limited to EPN of the fish. Furthermore, the detailed mechanism of EPN’s
action remains yet to be unveiled. Since no known structure of any EPN exists so far, we believe that
the future structure of EPN would give directions in predicting the function of EPNs in general. In this
attempt, frog (Xenopus tropicalis) EPN without the signal sequence was recombinantly expressed in
insect cells and purified. The protein was further crystallized, and the diffraction data obtained in a
synchrotron facility.

2. Materials and Methods

2.1. Macromolecule Production

DNA encoding frog (X. tropicalis) EPN (residues 38~224), which excludes the N-terminal signal
sequence was gene-synthesized with an addition of N-terminal His8-tag sequence and BamHI/NotI
restriction enzyme sites (Bioneer, Daejeon, Korea) for cloning into pAcGP67A vector (BD Biosciences,
Franklin Lakes, NJ, USA) (Table 1). The final plasmid generated was sequence verified before
using it for transfection into insect cells. The media used for the insect cell culture was Corning®

Insectagro® (Thermo Fisher Scientific, Waltham, MA, USA) supplemented with ×1 of Gibco® (Thermo
Fisher Scientific, Waltham, MA, USA) Antibiotic-Antimycotic [penicillin 100 units/mL, streptomycin
100 μg/mL, Fungizone® (Amphotericin B) 250 ng/mL]. The media was pre-warmed in 27 ◦C water
bath for 1 h, and the insect cell culture was performed in 27 ◦C benchtop or shaking incubators.
Transfection of frog EPN containing plasmid and baculovirus DNA into SF9 (Spodoptera frugiperda)
cells, and the subsequent virus amplification through multistep infections were performed according
to the manufacturer’s method. Briefly, a mixture of 0.1 μg plasmid and 5 μL baculovirus DNA
(ProEasy™, AB vector, San Diego, CA, USA) was pre-mixed and diluted with water to 50 μL. Into the
pre-mix, 50 μL of 10% Profectin™ (AB vector, San Diego, CA, USA) solution was added dropwise,
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and incubated at room temperature for 20 min. For transfection into SF9 cells, the resulting 100 μL
mixture was added dropwise to the 50% confluent cells in a 6-well plate. The cells were harvested
after four days of infection to obtain the initial P0 EPN virus stock. All subsequent infections for virus
amplification were made by using the virus stock as ×20 stock. Hence, the P1 EPN virus stock was
obtained by infecting the P0 stock into 50% confluent SF9 cells in T75 flask and harvesting after 4 days.
Further infection and harvest after 4 days in 50% confluent SF9 cells in T150 flask generated the P2
EPN virus stock. Subsequently, another infection was made into a suspension culture in 50 mL SF9
cells (2 × 106 cells/mL) for the P3 EPN virus stock which was harvested in 4 days. The final P4 EPN
virus stock was obtained by infecting the P3 EPN virus stock into 200 mL SF9 cells (2 × 106 cells/mL).
For large-scale protein expression, 50 mL of P4 EPN virus stock was infected into 1 L of 2 × 106 cells/mL
SF9 cells with 140 RPM shaking at 27 ◦C. The cells were harvested after 2 days to obtain only the
supernatant in which the secreted EPN was found.

Table 1. Macromolecule production information for frog EPN.

Source Organism Xenopus tropicalis

DNA source Synthesized DNA

Cloning sites BamHI and NotI

Cloning vector pAcGP67A

Expression vector pAcGP67A

Expression host SF9 (S. frugiperda)

Complete amino acid sequence of the construct produced 1

ADPHHHHHHHHPVTPCEAPLQWEGRIVLYDH
NTGKNTRATVTYDAILQRIRILEEKKSFVPCK

RFFEYIFLYQEAVMFQIEQVTKICSKNTLTEPWDPY
DIPENSTYEDQYYIGGPGDQIPVQEWSDRKPARK

YETWVGVYTVKDCYPVQETYTKNDSMTTSTRFFDI
KLGISDPSVFNPPSTCEAAQPLLMSGDC

1 Non-native His6-tag is underlined.

Stock solutions of Tris pH 7.5 and NaCl were added into the harvested supernatant to a final
concentration of 50 mM Tris pH 7.5 and 200 mM NaCl, and further adjusted to pH 7 optimal for
Ni-NTA binding. For ~1 L of supernatant, 20 mL Ni-NTA resin (Qiagen, Hilden, Germany) was
added and rocked at 100 RPM (20 ◦C, 1 h) for bead binding. The mixture was incubated in 4 ◦C for
1 h to allow the separation of resin from the supernatant. The supernatant was carefully removed
until ~100 mL and the re-suspended mixture was packed in a glass column. The resin was further
washed with ~100 mL wash buffer (20 mM imidazole, 25 mM Tris pH 7.5, and 500 mM NaCl), and the
frog EPN eluted with ~100 mL elution buffer (200 mM imidazole, 25 mM Tris pH 7.5, and 500 mM
NaCl) by collecting in fractions of ~10 mL. The frog EPN in the collection fraction was checked on
SDS-PAGE, and concentrated to ~10 mL using Amicon® Ultra-15 centrifugal filter (Merck, Kenilworth,
NJ, USA). The concentrated crude protein was further purified using size-exclusion chromatography
(SEC) on a ÄKTA FPLC (GE Healthcare, Little Chalfont, UK) connected to Superdex® 200 HR26/60
(GE Healthcare, Little Chalfont, UK) pre-equilibrated with gel filtration buffer (50 mM Tris pH 7.5
and 150 mM NaCl). FPLC eluate peak of EPN showed one major peak, and was concentrated to
yield ~13 mg/mL (~200 μL) of frog EPN protein. Absorptivity coefficient of ε = 1.8 (mg/mL)−1 cm−1

at λ = 280 nm was calculated by using the numbers of tyrosine and tryptophan in the protein [17].
The homogeneity of the final frog EPN was checked using SDS-PAGE under both reducing (with 5 mM
DTT) and non-reducing (without DTT) conditions (Figure 2) and the aliquoted protein flash-frozen in
liquid nitrogen for storage in −80 ◦C.
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Figure 2. Size-exclusion chromatogram of frog EPN near 228 mL elution volume with the SDS-PAGE
results on the concentrated fractions under the peak (inset). Labels for inset are as follows: Protein
standard marker (M); SDS-PAGE under reducing condition (A); SDS-PAGE under non-reducing
condition (B).

2.2. Circular Dichroism (CD)

Proper folding and further secondary structure element content of the purified frog EPN protein
were analyzed using circular dichroism (CD). Ellipticity was scanned over 205~240 nm wavelength on
a JASCO spectropolarimeter (Model J-810, Tokyo, Japan) where a concentration of 0.2 mg/mL frog
EPN in 0.1 cm path-length cuvette was used. The ellipticity data was fitted using a secondary structure
estimation program K2D3 [18] to approximate the secondary structure content (Figure 3).

 

Figure 3. Circular dichroism study on the frog EPN.

2.3. Crystallization

Commercial screening solutions (Hampton Research, Aliso Viejo, CA, USA) were used to screen
for frog EPN crystals. Single crystals appeared in a well reservoir of 0.2 M Calcium acetate hydrate,
0.1 M Sodium cacodylate trihydrate pH 6.5, and 18% (w/v) Polyethylene glycol 8000 in ~2 days over a
hanging drop at 22 ◦C (Figure 3). A single crystal was transferred to a cryo-protectant solution which
was made by adding glycerol to the reservoir solution to final 20% concentration, and flash-cooled
in liquid nitrogen for storage. The frozen crystal was transported to a synchrotron facility where
diffraction experiment was performed (Figure 4).
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Figure 4. Crystals of frog EPN.

2.4. Data Collection and Processing

X-ray diffraction data were collected under a liquid nitrogen stream (100 K) on a CCD detector
(ADSC Quantum Q270) at beamline 7A of PLS (Pohang, Korea). The crystal was rotated with
1.0◦ oscillation per frame to a total of 180◦ for complete data collection. Data were processed using
HKL2000 [19] to a space group of P6122 (or P6522) (Table 2).

Table 2. Data collection and processing.

Diffraction Source Pohang Light Source (PLS 7A) (Pohang, Korea)

Wavelength (Å) 0.97934
Temperature (K) 100

Detector ADSC Quantum Q270
Crystal-detector distance (mm) 350

Rotation range per image (◦) 1
Total rotation range (◦) 180

Exposure time per image (s) 1
Space group P6122 (or P6522)

a, b, c (Å) 61.05, 61.05, 234.33
α, β, γ (◦) 90.0, 90.0, 120.0

Mosaicity (◦) 0.496
Resolution range (Å) 50.0–2.70 (2.75–2.70) 1

Total No. of reflections 129,713
No. of unique reflections 7871

Completeness (%) 99.6 (100.0)
Redundancy 16.6 (17.0)

〈I/σ(I)〉 43.8 (3.7)
Rmerge 0.118 (1.136)
Rp.i.m. 0.029 (0.271)
CC1/2 (0.886)

Overall B factor from Wilson plot (Å2) 58.9
1 Values for the outer shell are given in parentheses.

3. Results and Discussion

Although EPN is a protein that is similar among various species (Figure 1), neither the functional
role (other than in fish) nor the detailed mechanism of action are known. In this study, the DNA encoding
the frog (X. tropicalis) EPN without the signal sequence was generated by gene-synthesis and cloned into
a pAcGP67A vector for secreted recombinant expression in SF9 insect cells. Of note, all attempts in using
Escherichia coli bacterial expression of the same protein in various vectors and competent cells failed,
which led us to depend on the eukaryotic expression system of using insect cells. The EPN protein was
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successfully over-expressed in a soluble form and was secreted into the media. The SEC elution profile
of initial Ni-NTA purified frog EPN on HiLoad® 26/60 Superdex® 200 showed a single peak (Figure 2).
The final SDS-PAGE analysis of the concentrated EPN protein under the peak indicated successful
over-expression and purification of the EPN protein (Figure 2 inset). When looking at the size of the
expressed frog EPN protein under reducing (5 mM DTT) condition, the molecular mass estimated based
on standard protein markers seems to be ~33 kDa (Figure 2 inset) while the expected size calculated from
the protein sequence is 22.8 kDa. This increased size in SDS-PAGE may be due to the N-glycosylations
that are possible during expression within the insect cells. Also, unlike SDS-PAGE ran under reducing
condition, non-reducing SDS-PAGE of the protein showed a single band corresponding to the size of
a dimer. Hence, the frog EPN is likely associated into a dimer by at least one intermolecular disulfide
bridge. The overall yield of the purified frog EPN was ~3 mg per 1 L of culture.

Due to the lack of functional studies that can be performed on the frog EPN, circular dichroism
(CD) was used to determine that the recombinant protein had proper folding. Furthermore, secondary
structure contents of frog EPN were estimated using the CD data (Figure 3). When the experimental
ellipticity values of 205~240 nm range were fitted for secondary structure estimation, the result
indicated that ~19% of the protein are α-helical and ~33% of the protein are of β-strands (Figure 3).

Despite the fact that the purified frog EPN may contain N-glycosylation which often result in
difficulties in crystallizing proteins [20], crystals of frog EPN were obtained by screening against
commercial solutions (Figure 4). Single crystals were grown and optimized in a reservoir solution of
0.2 M Calcium acetate hydrate, 0.1 M Sodium cacodylate trihydrate pH 6.5, and 18% (w/v) Polyethylene
glycol 8000 at 22 ◦C. In ~2 days, the EPN crystal grew to approximately 10 μm × 10 μm × 100 μm
(Figure 4) in size, which was sufficiently sized for X-ray diffraction experiments. The crystal diffracted
well in a synchrotron X-ray radiation maintaining isotropic diffraction throughout all 180◦ rotation
(Figure 5). A total of 7871 unique reflections were measured throughout 180◦ rotation and merged
in the space group P6122 (or P6522) with unit cell parameters of a = b = 61.05 Å, and c = 234.33 Å.
The merged dataset was overall 99.6% complete with Rmerge of 11.8% and Rp.i.m. of 2.9% to 2.70 Å
resolution. Further diffraction statistics for the data collected are shown in Table 2. Matthews coefficient
analysis [21] using the unit cell parameters, space group and the calculated molecular mass of protein
only (22.8 kDa) indicated that the crystal volume per protein mass (VM) of the EPN crystal was
2.76 Å3 Da−1 with 55.4% solvent content. Instead of the calculated molecular mass, using the apparent
molecular mass of ~33 kDa from SDS-PAGE analysis, which likely results from N-glycosylation,
led to VM of 1.90 Å3 Da−1 and 35.4% solvent content. In both cases, these values suggested that
the asymmetric unit of EPN crystal likely contains only one subunit of the monomeric frog EPN.
Because no model for EPN exists in the Protein Databank (PDB), attempts for phasing via molecular
replacement couldn’t be made.

 

Figure 5. Isotropic X-ray diffraction image of frog EPN crystal.
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In the future, we plan to improve the current 2.7 Å resolution crystal for better diffraction,
and determine the high resolution structure of frog EPN by direct phasing. During the process,
we plan to exploit conventional metal soaking [22] and other well-known techniques to work such as
the use of (Ta6Br12)2+ [23] or 5-amino-2,4,6-triiodoisophthalic acid [24], and even sulfur-SAD [25,26] or
ultraviolet radiation damage-induced phasing (UV-RIP) [27] methods. Since no structural information
on any EPN exists in databases, the structure would give us insight into understanding its function.

Author Contributions: SY.P. and J.K.P. conceived and designed the experiments; J.K.P. and Y.W.S. performed the
experiments; J.K.P. analyzed the data; SY.P. wrote the paper.

Funding: This research was supported by the Basic Science Program through the National Research Foundation
of Korea (NRF) funded by the Ministry of Science, ICT & Future Planning (2016R1D1A1A09918187).

Acknowledgments: The authors would like to thank the staff at PAL 7A beamline for their support and beam time.

Conflicts of Interest: The authors declare no conflict of interest.

References

1. Shashoua, V.E. Brain metabolism and the acquisition of new behaviors. I. Evidence for specific changes in
the pattern of protein synthesis. Brain Res. 1976, 111, 347–364. [CrossRef]

2. Benowitz, L.I.; Shashoua, V.E. Localization of a brain protein metabolically linked with behavioral plasticity
in the goldfish. Brain Res. 1977, 136, 227–242. [CrossRef]

3. Shashoua, V.E. Brain protein metabolism and the acquisition of new patterns of behavior. Proc. Natl. Acad.
Sci. USA 1977, 74, 1743–1747. [CrossRef] [PubMed]

4. Shashoua, V.E. Ependymin, a brain extracellular glycoprotein, and CNS plasticity. Ann. N. Y. Acad. Sci. 1991,
627, 94–114. [CrossRef] [PubMed]

5. Schmidt, R. Cell-adhesion molecules in memory formation. Behav. Brain Res. 1995, 66, 65–72. [CrossRef]
6. Tang, S.J.; Sun, K.H.; Sun, G.H.; Lin, G.; Lin, W.W.; Chuang, M.J. Cold-induced ependymin expression in

zebrafish and carp brain: Implications for cold acclimation. FEBS Lett. 1999, 459, 95–99. [CrossRef]
7. Sneddon, L.U.; Schmidt, R.; Fang, Y.; Cossins, A.R. Molecular correlates of social dominance: A novel role

for ependymin in aggression. PLoS ONE 2011, 6, e18181. [CrossRef] [PubMed]
8. Apostolopoulos, J.; Sparrow, R.L.; McLeod, J.L.; Collier, F.M.; Darcy, P.K.; Slater, H.R.; Ngu, C.;

Gregorio-King, C.C.; Kirkland, M.A. Identification and characterization of a novel family of mammalian
ependymin-related proteins (MERPs) in hematopoietic, nonhematopoietic, and malignant tissues.
DNA Cell Biol. 2001, 20, 625–635. [CrossRef] [PubMed]

9. Gregorio-King, C.C.; McLeod, J.L.; Collier, F.M.; Collier, G.R.; Bolton, K.A.; Van Der Meer, G.J.;
Apostolopoulos, J.; Kirkland, M.A. MERP1: A mammalian ependymin-related protein gene differentially
expressed in hematopoietic cells. Gene 2002, 286, 249–257. [CrossRef]

10. Nimmrich, I.; Erdmann, S.; Melchers, U.; Chtarbova, S.; Finke, U.; Hentsch, S.; Hoffmann, I.; Oertel, M.;
Hoffmann, W.; Müller, O. The novel ependymin related gene UCC1 is highly expressed in colorectal tumor
cells. Cancer Lett. 2001, 165, 71–79. [CrossRef]

11. Müller-Schmid, A.; Rinder, H.; Lottspeich, F.; Gertzen, E.M.; Hoffmann, W. Ependymins from the
cerebrospinal fluid of salmonid fish: Gene structure and molecular characterization. Gene 1992, 118, 189–196.
[CrossRef]

12. Königstorfer, A.; Sterrer, S.; Hoffmann, W. Biosynthesis of ependymins from goldfish brain. J. Biol. Chem.
1989, 264, 13689–13692. [PubMed]

13. Shashoua, V.E.; Adams, D.; Boyer-Boiteau, A. CMX-8933, a peptide fragment of the glycoprotein ependymin,
promotes activation of AP-1 transcription factor in mouse neuroblastoma and rat cortical cell cultures.
Neurosci. Lett. 2001, 312, 103–107. [CrossRef]

14. Adams, D.S.; Hasson, B.; Boyer-Boiteau, A.; El-Khishin, A.; Shashoua, V.E. A peptide fragment of ependymin
neurotrophic factor uses protein kinase C and the mitogen-activated protein kinase pathway to activate
c-Jun N-terminal kinase and a functional AP-1 containing c-Jun and c-Fos proteins in mouse NB2a cells.
J. Neurosci. Res. 2003, 72, 405–416. [CrossRef] [PubMed]

15. Kaska, J. Ependymin Mechanism of Action: Full Length EPN vs Peptide CMX-8933. Master’s Thesis,
Worcester Polytechnic Institute, Worcester, MA, USA, 28 May 2003.

139



Crystals 2018, 8, 284

16. Suárez-Castillo, E.C.; García-Arrarás, J.E. Molecular evolution of the ependymin protein family: A necessary
update. BMC Evol. Biol. 2007, 7, 23. [CrossRef] [PubMed]

17. Gill, S.C.; von Hippel, P.H. Calculation of protein extinction coefficients from amino acid sequence data.
Anal. Biochem. 1989, 182, 319–326. [CrossRef]

18. Louis-Jeune, C.; Andrade-Navarro, M.A.; Perez-Iratxeta, C. Prediction of protein secondary structure from
circular dichroism using theoretically derived spectra. Proteins 2012, 80, 374–381. [CrossRef] [PubMed]

19. Otwinowski, Z.; Minor, W. Processing of X-ray Diffraction Data Collected in Oscillation Mode.
Methods Enzymol. 1997, 276, 307–326. [CrossRef] [PubMed]

20. Chang, V.T.; Crispin, M.; Aricescu, A.R.; Harvey, D.J.; Nettleship, J.E.; Fennelly, J.A.; Yu, C.; Boles, K.S.;
Evans, E.J.; Stuart, D.I.; et al. Glycoprotein Structural Genomics: Solving the Glycosylation Problem. Structure
2007, 15, 267–273. [CrossRef] [PubMed]

21. Matthews, B.W. Solvent content of protein crystals. J. Mol. Biol. 1968, 33, 491–497. [CrossRef]
22. Pike, A.C.; Garman, E.F.; Krojer, T.; von Delft, F.; Carpenter, E.P. An overview of heavy-atom derivatization

of protein crystals. Acta Crystallogr. D Struct. Biol. 2016, 72, 303–318. [CrossRef] [PubMed]
23. Pasternak, O.; Bujacz, A.; Biesiadka, J.; Bujacz, G.; Sikorski, M.; Jaskolski, M. MAD phasing using the

(Ta6Br12)2+ cluster: A retrospective study. Acta Crystallogr. D Struct. Biol. 2008, 64, 595–606. [CrossRef]
[PubMed]

24. Sippel, K.H.; Robbins, A.H.; Reutzel, R.; Domsic, J.; Boehlein, S.K.; Govindasamy, L.; Agbandje-McKenna, M.;
Rosser, C.J.; McKenna, R. Structure determination of the cancer-associated Mycoplasma hyorhinis protein
Mh-p37. Acta Crystallogr. D Struct. Biol. 2008, 64, 1172–1178. [CrossRef] [PubMed]

25. El Omari, K.; Iourin, O.; Kadlec, J.; Fearn, R.; Hall, D.R.; Harlos, K.; Grimes, J.M.; Stuart, D.I. Pushing the
limits of sulfur SAD phasing: De novo structure solution of the N-terminal domain of the ectodomain of
HCV E1. Acta Crystallogr. D Struct. Biol. 2014, 70, 2197–2203. [CrossRef] [PubMed]

26. Gorgel, M.; Bøggild, A.; Ulstrup, J.J.; Weiss, M.S.; Müller, U.; Nissen, P.; Boesen, T. Against the odds? De novo
structure determination of a pilin with two cysteine residues by sulfur SAD. Acta Crystallogr. D Struct. Biol.
2015, 71, 1095–1101. [CrossRef] [PubMed]

27. Foos, N.; Seuring, C.; Schubert, R.; Burkhardt, A.; Svensson, O.; Meents, A.; Chapman, H.N.; Nanao, M.H.
X-ray and UV radiation-damage-induced phasing using synchrotron serial crystallography. Acta Crystallogr.
D Struct. Biol. 2018, 74, 366–378. [CrossRef] [PubMed]

© 2018 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

140



crystals

Communication

Crystal Structure of the Catalytic Domain of MCR-1
(cMCR-1) in Complex with D-Xylose

Zhao-Xin Liu 1,2,†, Zhenggang Han 1,†, Xiao-Li Yu 1, Guoyuan Wen 3 and Chi Zeng 1,3,*

1 Hubei Province Engineering Research Center of Healthy Food, School of Biology and Pharmaceutical
Engineering, Wuhan Polytechnic University, Wuhan 430023, China; jiangxinklzx@163.com (Z.-X.L.);
zhengganghan@whpu.edu.cn (Z.H.); yxll268@126.com (X.-L.Y.)

2 College of Life Sciences, Wuhan University, Wuhan 430072, China
3 Key Laboratory of Prevention and Control Agents for Animal Bacteriosis (Ministry of Agriculture),

Institute of Animal Husbandry and Veterinary, Hubei Academy of Agricultural Sciences, Wuhan 430064,
China; wgy_524@163.com

* Correspondence: czeng@whpu.edu.cn
† These authors contributed equally to this work.

Received: 4 March 2018; Accepted: 14 April 2018; Published: 17 April 2018

Abstract: The polymyxin colistin is known as a “last resort” antibacterial drug toward
pandrug-resistant enterobacteria. The recently discovered plasmid-encoded mcr-1 gene spreads
rapidly across pathogenic strains and confers resistance to colistin, which has emerged as a global
threat. The mcr-1 gene encodes a phosphoethanolamine transferase (MCR-1) that catalyzes the
transference of phosphoethanolamine to lipid A moiety of lipopolysaccharide, resulting in resistance
to colistin. Development of effective MCR-1 inhibitors is crucial for combating MCR-1-mediated
colistin resistance. In this study, MCR-1 catalytic domain (namely cMCR-1) was expressed and
co-crystallized together with D-xylose. X-ray crystallographic study at a resolution of 1.8 Å found that
cMCR-1-D-xylose co-crystals fell under space group P212121, with unit-cell parameters a = 51.6 Å,
b = 73.1 Å, c = 82.2 Å, α = 90◦, β = 90◦, γ = 90◦. The asymmetric unit contained a single cMCR-1
molecule complexed with D-xylose and had a solvent content of 29.13%. The structural model of
cMCR-1-D-xylose complex showed that a D-xylose molecule bound in the putative lipid A-binding
pocket of cMCR-1, which might provide a clue for MCR-1 inhibitor development.

Keywords: polymyxin resistance; colistin resistance; MCR-1

1. Introduction

Antimicrobial resistance among Gram-negative bacteria, especially the multidrug-resistant
enterobacteria which are the leading cause of human clinical infections, is a global healthcare
concern [1]. The carbapenemase-producing carbapenem-resistant Enterobacteriaceae (CRE), such as
Klebsiella pneumoniae strains expressing the KPC-2 enzyme and Enterobacteriaceae strains expressing the
NDM-1 enzyme, are of special clinical importance [1].

Polymyxin is often employed as the final therapeutic option to treat CRE-caused clinical infections
because of its low resistance and high efficiency among CRE [2]. Polymyxins (colistin, polymyxin B)
are cationic polypeptides which could bind the lipid A moiety of bacterial lipopolysaccharide and
disrupt the bacterial cytomembrane subsequently [2]. Bacterial polymyxin resistance was considered
to be very low and primarily caused by genomic mutations associated with specific two-component
regulatory systems, which either modify lipid A or lead to complete loss of the lipopolysaccharide [2].

Recently, a novel mobile colistin resistance mechanism, led by a protein named MCR-1
(a phosphoethanolamine (PEA) transferase that confers colistin resistance by catalyzing the transference
of phosphoethanolamine to lipid A moiety of lipopolysaccharide), has been discovered [3]. The gene
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encoding MCR-1 (mcr-1) has been shown plasmid-located and self-transmittable between various
bacterial strains [2]. Until now, mcr-1 has already been detected within a broad range of pathogenic
isolates from humans and animals worldwide, which poses a huge threat to the sustaining effectiveness
of colistin against CRE-caused clinical infections [2]. Development of effective MCR-1 inhibitors
might be the only way to extend the usage of colistin as a reserved antibacterial drug to treat CRE
infections [4].

Although several structures of MCR-1 catalytic domain (namely cMCR-1) have been
determined [5–8], few effective inhibitors for MCR-1 are known. A recent co-crystallization study [9]
showed that two substrate analogues of MCR-1, ethanolamine and D-glucose, could specifically bind to
cMCR-1. Here, the crystallization and primary structure analysis of cMCR-1 complexed with D-xylose
is reported. The structure determined showed that a D-xylose molecule bound in the putative lipid
A-binding pocket of cMCR-1, which might provide a clue for MCR-1 inhibitor development.

2. Materials and Methods

2.1. Recombinant cMCR-1 Production

The sequence of mcr-1 gene is available in GenBank (GenBank accession no. KY685070). Based on
the secondary structure predictions, the MCR-1 catalytic domain (namely cMCR-1) includes 326 amino
acids, from Pro216 to Arg541. The partial mcr-1 gene sequence encoding cMCR-1 with NcoI/XhoI
restriction sites incorporated at the 5′/3′ ends was commercially synthesized and cloned into NcoI/XhoI
restriction sites of the expression vector pET-28a(+) (Novagen), creating pET-28a(+)-mcr-1. In construct
pET-28a(+)-mcr-1, a histidine tag (HHHHHH) was fused to the C-terminus of cMCR-1 (Table 1).

Table 1. Production specifics for cMCR-1.

Source Escherichia coli

DNA Synthesized DNA

Forward primer 1 5′-CATGCCATGGCCAAAAGATACCATTTATCAC-3′

Reverse primer 2 5′-CCCTCGAGGCGGATGAATGCGGTGCGGTC-3′

Expression vector pET-28a(+)

Host E. coli BL21(DE3)pLysS

Recombinant protein sequence 3

MGPKDTIYHAKDAVQATKPDMRKPRLVVF
VVGETARADHVSFNGYERDTFPQLAKIDGVTNF

SNVTSCGTSTAYSVPCMFSYLGADEYDVDTAK
YQENVLDTLDRLGVSILWRDNNSDSKGVMDKLPKA
QFADYKSATNNAICNTNPYNECRDVGMLVGLDDFV
AANNGKDMLIMLHQMGNHGPAYFKRYDEKFAKFT
PVCEGNELAKCEHQSLINAYDNALLATDDFIAQSIQ
WLQTHSNAYDVSMLYVSDHGESLGENGVYLHGMP
NAFAPKEQRSVPAFFWTDKQTGITPMATDTVLTHD

AITPTLLKLFDVTADKVKDRTAFIRLEHHHHHH
1 The NcoI site noted. 2 The XhoI site noted. 3 The cloning artifacts are underlined.

Escherichia coli BL21(DE3)pLysS was transformed with pET-28a(+)-mcr-1 and grown at 310 K,
200 rpm rotation in LB liquid medium containing 50 μg mL−1 kanamycin for cMCR-1 expression.
Confluent cultures (OD600~0.6) were then treated with 0.3 mM (final concentration) IPTG at 298 K
with shaking (180 rpm) for 20 h. Cells were collected by 20 min of centrifugation (4500 g, 277 K) and
pellets were kept at 193 K for subsequent use.

The cell pellets were lysed with 10 mM Tris-HCl pH 8.0, 200 mM NaCl, 5% (v/v) glycerol, 0.3%
(v/v) Triton X-100, 1 mM DTT, and 0.1 mM PMSF in a French press. Cell wastes were excluded by
centrifuging the lysates at 12,000 g for 30 min at 277 K, and the supernatant was clarified using a
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0.45 μm filter and then passed through a pre-equilibrated Ni-NTA affinity column (GE Healthcare).
The affinity column was washed thoroughly using 10 mM Tris-HCl pH 8.0 containing 50 mM imidazole
to remove the miscellaneous proteins. The target proteins were eluted using 10 mM Tris-HCl pH 8.0
containing 200 mM imidazole. Concentrated protein was then loaded onto a MonoQ 5/50 GL anion
exchange column (GE Healthcare) and chromatographed at 1 mL min−1 using a linear NaCl gradient
generated with 10 mM Tris-HCl pH 8.0 (buffer A) and 10 mM Tris-HCl pH 8.0, 1 M NaCl (buffer B). Peak
fractions were pooled and run through a Superdex 200 10/300 GL column (GE Healthcare) equilibrated
with buffer A at a flow rate of 1 mL min−1. Peak fractions were recovered and concentrated to 10 mg
mL−1 for crystallization. The purity of the final protein (cMCR-1) was checked by SDS-PAGE. All
specifics for recombinant cMCR-1 production are present in Table 1.

2.2. Crystallization

The cMCR-1 was crystallized at 277 K using the sitting-drop vapor-diffusion method as described
by Wei et al. [9]. The 0.5 μL sitting drops consisting of 0.25 μL cMCR-1 solution and 0.25 μL
reservoir solution were equilibrated against 30 μL reservoir solution in 96-well MRC plates (Molecular
Dimensions). The best crystals were achieved in 10% (w/v) PEG 1000, 5% (w/v) PEG 8000.

2.3. Data Collection, Structure Solution, and Refinement

The cMCR-1 crystals were incubated in mother liquor containing 100 mM D-xylose for 10 s to form
the cMCR-1-D-xylose complex. The cMCR-1-D-xylose co-crystals used for diffraction data collection
were incubated in cryoprotectant (mother liquor containing 20% (v/v) glycerol) for 10 s before flash
cooling in streams of liquid nitrogen. Data for cMCR-1-D-xylose complex were acquired at 100 K using
an ADSC Q315r detector at beamline BL17U1 of Shanghai Synchrotron Radiation Facility (SSRF), China;
360 frames were taken with 1.0◦ oscillations. The data were indexed, integrated, and scaled using
HKL-2000 (HKL Research, Inc., Charlottesville, VA, USA) [10] and iMosflm programs [11]. The structure
was solved by molecular replacement with Phaser [12] using a single monomer of cMCR-1 (PDB entry
5GRR [7]) as the search model. The structure model was constructed using alternating manual
building in Coot [13] and restrained refinement in PHENIX [14]. The final model was optimized on
PDB_REDO web server [15] and validated by MolProbity [16]. All figures were prepared by PyMOL
(Schrödinger). Table 2 summarizes data-collection and crystallographic statistics of cMCR-1-D-xylose
complex. Coordinates and structure factors of the cMCR-1-D-xylose complex have been deposited in
the Protein Data Bank (PDB) under accession code 5ZJV.
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Table 2. Data-collection and crystallographic statistics of cMCR-1-D-xylose complex.

Diffraction Source BL17U1, SSRF

Wavelength (Å) 0.9792
Temperature (K) 100

Detector ADSC Q315r
Crystal-to-detector distance (mm) 350

Total rotation range (◦) 360
Rotation range per image (◦) 1.0
Exposure time per image (s) 0.5

Space group P212121
a, b, c (Å) 51.6, 73.1, 82.2
α, β, γ (◦) 90, 90, 90

Resolution range (Å) 43.71–1.82 (1.88–1.82) 1

Total number of reflections 56014 (5514)
Number of unique reflections 28258 (2789)

Mosaicity (◦) 0.5
Multiplicity 2.0 (2.0)

Completeness (%) 99.0 (99.0)
Mean I/σ(I) 10.61 (4.94)
Rmerge (%) 3.5 (11.1)

CC1/2 0.997 (0.949)
Wilson plot overall B factor (Å2) 13.74
Reflection number, working set 28223 (2785)

Reflection number, test set 1997 (196)
Rwork 0.139
Rfree 0.178

Ramachandran favored region (%) 98
Ramachandran allowed region (%) 1.75

Ramachandran outliers (%) 0.25
Rotamer outliers (%) 0.65

R.m.s.d. bond lengths (Å) 0.006
R.m.s.d. bond angles (◦) 0.86

Average B factor (Å2) 17.55
1 Outer shell values.

3. Results and Discussion

As stated in the Introduction, development of effective MCR-1 inhibitors is crucial for combating
the threat of colistin resistance mediated by MCR-1. A recent co-crystallization study [9] showed that
two substrate analogues of MCR-1 (ethanolamine and D-glucose) could specifically bind to MCR-1
catalytic domain (cMCR-1). Both D-glucose and lipid A are hexacyclic compounds. Thus, we tried
many other hexacyclic compounds for co-crystallization with cMCR-1 (unpublished). The only other
co-crystal structure was that obtained for the complex formed between cMCR-1 and D-xylose at a
resolution of 1.8 Å.

MCR-1 belongs to the phosphoethanolamine (PEA) transferase family. It contains 541 amino acids
with an N-terminal five-helix transmembrane domain (amino acid residues 1–215) and a C-terminal
periplasmic catalytic domain (amino acid residues 216–541) [9]. In order to investigate the potential
interactions between D-xylose (and other hexacyclic compounds) and MCR-1, cMCR-1 (MCR-1 catalytic
domain) was expressed and purified using a combine of affinity, anion exchange and gel filtration
chromatography (Figure 1a), as stated in Section 2.1. The purity of the purified cMCR-1 was confirmed
with SDS-PAGE (Figure 1b) and subsequent Western blot analysis (Figure 1c). The cMCR-1 was
effectively crystallized using the sitting-drop vapor-diffusion method as described by Wei et al. [9],
which generated diffraction-quality crystals with a longest dimension of 0.2 mm (Figure 2). SDS-PAGE
showed that the obtained crystals were protein crystals and had the same molecular weight as the
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purified cMCR-1 protein (Figure 1b). The cMCR-1 crystals were incubated in the mother liquor
supplemented with 100 mM D-xylose for 10 s to form the cMCR-1-D-xylose complex.

Figure 1. Purification and purity analysis of cMCR-1. (a) Gel filtration chromatography of cMCR-1.
(b) SDS-PAGE of the final purified cMCR-1 and cMCR-1 crystals. Molecular-weight markers (lane M,
labelled in kDa), purified ~35 kDa cMCR-1 protein (lane 1) and cMCR-1 crystals (lane 2) are shown.
(c) Western blot analysis of the final purified cMCR-1 and cMCR-1 crystals using an anti-6×His antibody.
Purified ~35 kDa cMCR-1 protein (lane 1) and cMCR-1 crystals (lane 2) are shown.

Figure 2. Crystals of cMCR-1.

Diffraction data for the cMCR-1-D-xylose complex was collected to 1.8 Å resolution (Figure 3)
and on its basis, the cMCR-1-D-xylose co-crystals fell under space group P212121, possessing unit-cell
parameters a = 51.6 Å, b = 73.1 Å, c = 82.2 Å, α = 90◦, β = 90◦, γ = 90◦. The asymmetric unit contained a
single cMCR-1 molecule complexed with D-xylose. The data set of X-ray diffraction had a resolution
range from 43.71 Å to 1.82 Å with 3.5% Rmerge and 99.0% completeness. To elucidate the structure of
cMCR-1-D-xylose complex, we employed molecular replacement method using cMCR-1 monomer
(PDB entry 5GRR [7]) as a search model and obtained a clear solution. We confirmed the occurrence of
a single protein molecule in the asymmetric unit by cross-rotation and translation-function calculations;
the corresponding solvent content was 29.13%. Initial structure refinement using PHENIX [14] yielded
a model (Figure 4a) with an Rwork of 13.9% and an Rfree of 17.8%.
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Figure 3. Representative X-ray diffraction pattern of cMCR-1-D-xylose co-crystal.

Figure 4. Cont.
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Figure 4. Structure of the cMCR-1-D-xylose complex. (a) The ribbon diagram showing the overall
structure of cMCR-1. (b) The Fo-Fc electron-density map contoured at 3.0 σ depicting the D-xylose
molecule. The map was calculated using the model omitting the D-xylose molecule after rounds of
refinement. (c) The 2Fo-Fc electron-density map contoured at 1.0 σ depicting the D-xylose molecule.
(d) Interaction between cMCR-1 and the D-xylose molecule. (e) Interaction between cMCR-1 and the
D-glucose molecule. (f) Superposition of cMCR-1-D-xylose (cyan) and cMCR-1-D-glucose (magenta).
(g) Superposition of cMCR-1-D-xylose (cyan) and EptA (yellow). All figures were prepared using
PyMOL (Schrödinger).

As shown in the Fo-Fc map (contoured at 3.0 σ level) (Figure 4b) and 2Fo-Fc map (contoured
at 1.0 σ level) (Figure 4c), a D-xylose molecule bound in the putative lipid A-binding pocket of
cMCR-1. According to the PDB structure validation report, real space correlation coefficient (RSCC)
and real space r-value (RSR) are 0.94 and 0.13, respectively, for the ligand D-xylose. The D-xylose,
Pro481, and Tyr287 formed a sandwich structure with the D-xylose molecule in the middle (Figure 4d).
Obviously, the hydrophobic stacking interaction played a crucial role in D-xylose recognition.

The structure of cMCR-1-D-xylose complex is similar with that of cMCR-1-D-glucose complex
(PDB entry 5YLF [9]). Meanwhile, there are still many differences between the two structures.
First, alignment of the two structures (Figure 4f) showed that both D-xylose and D-glucose
bound to the same pocket of cMCR-1 and formed a π-π-conjugated interaction with Pro481
and Tyr287 of cMCR-1, but the skeletons of D-xylose and D-glucose were in the opposite
positions. Next, we analyzed the cMCR-1-D-xylose and cMCR-1-D-glucose interactions by using
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PISA server (http://www.ebi.ac.uk/pdbe/pisa). The accessible surface area (ASA) = 269.67 Å2,
buried surface area (BSA) = 194.27 Å2, solvation energy effect (ΔiG) = −2.37 kcal/mol between
D-xylose and cMCR-1, and the ASA = 303.17 Å2, BSA = 204.82 Å2, ΔiG = −2.97 kcal/mol between
D-glucose and cMCR-1. It suggested that the interaction between D-glucose and cMCR-1 is greater
than that between D-xylose and cMCR-1. The D-xylose and D-glucose molecules also bound to
cMCR-1 through a large number of hydrogen bonds. The O1, O2, O3, and O4 atoms of D-xylose
hydrogen-bonded to Ser284 OG, Thr283 OG1, N/Ser284 N, OG, Thr283 OG1, N, and Asn482 N,
respectively (Figure 4d). The O1, O2, O3, and O4 atoms of D-glucose hydrogen-bonded to Asn482 N,
Thr283 N, Ser284 N, OG/Thr283 OG1, and Ser284 OG, respectively (Figure 4e).

We also conducted a comparison of cMCR-1-D-xylose complex with phosphoethanolamine
transferase A (EptA) from Neisseria meningitides (PDB entry 5FGN [17]), the only structure of a
full-length phosphoethanolamine transferase so far. The structure of cMCR-1-D-xylose complex can be
well superimposed with the structure of EptA catalytic domain, with a Cα root-mean-square deviation
of 2.0 Å as revealed by Dali server (http://ekhidna.biocenter.helsinki.fi/dali_server/start) [18]
(Figure 4g). Anandan et al. [17] have shown that detergent dodecyl-β-D-maltoside (DDM) could bind
in a substrate pocket of EptA, and the pocket bound by DDM was probably the phosphoethanolamine
(PEA) binding pocket near the putative lipid A-binding pocket.

In conclusion, our finding that D-xylose could bind in the putative lipid A-binding pocket of
cMCR-1 is interesting, which might provide a clue for MCR-1 inhibitor development. In vitro inhibitory
assay is currently in progress to confirm if D-xylose could inhibit colistin resistance mediated by MCR-1.
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Abstract: Colonization of Campylobacter concisus in the gastrointestinal tract can lead to the
development of inflammatory bowel disease (IBD). Plasmid-encoded C. concisus-secreted protein
1 (Csep1p) was recently identified as a putative pathogenicity marker associated with active Crohn’s
disease, a clinical form of IBD. Csep1p shows no significant full-length sequence similarity to
proteins of known structure, and its role in pathogenesis is not yet known. This study reports
a method for extraction of recombinantly expressed Csep1p from Escherichia coli inclusion bodies,
refolding, and purification to produce crystallizable protein. Purified recombinant Csep1p behaved
as a monomer in solution. Crystals of Csep1p were grown by the hanging drop vapour diffusion
method, using polyethylene glycol (PEG) 4000 as the precipitating agent. A complete data set has been
collected to 1.4 Å resolution, using cryocooling conditions and synchrotron radiation. The crystals
belong to space group P62 or P64, with unit cell parameters a = b = 85.8, c = 55.2 Å, α = β = 90,
and γ = 120◦. The asymmetric unit appears to contain one subunit, corresponding to a packing
density of 2.47 Å3 Da−1.

Keywords: Campylobacter consisus; Crohn’s disease; circular dichroism; protein crystallization; Csep1p

1. Introduction

Campylobacter concisus is a gram-negative, spiral shaped, flagellated bacterium that, albeit being
part of the normal human oral microflora [1], is also found in the intestinal tract, where its presence
is associated with inflammatory bowel disease (IBD) [2]. C. concisus is genetically heterogeneous,
with two distinct genomospecies (GS) that show differential propensities for translocation to and
persistence in the human gastrointestinal tract [3–5]. In a genome study of 104 C. concisus isolates from
41 individuals, Kirk et al. (2018) [3] found GSII strains predominantly in gut mucosal samples (a result
supported by a previous qPCR-based study [5]), and GSI strains were found to be overrepresented
in oral samples. Translocation to and colonization of the gastrointestinal tract by C. concisus has
been implicated as a potential etiological factor underlying inflammatory bowel disease (IBD);
however, the molecular mechanisms underlying C. concisus pathogenesis in this respect remain poorly
defined [2,6].
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C. concisus has been shown to interact with host cells in a multifaceted manner. It is able to
induce apoptosis and perturb the production of proteins associated with occluding junctions in the
intestinal epithelium [7], modulate cell responses to bacterial lipopolysaccharides [8], and induce
the production of pro-inflammatory cytokines [9]. By searching for homologues of the genes and
proteins that had been previously implicated in colonization and virulence of other bacterial species,
Kaakoush et al. [10] identified a set of 25 putative virulence factors present in the genome of the
C. concisus strain 13826, including invasin InvA, adhesin CadF, two genes that encode zonula occludens
toxins (ZOT), and phospholipase A (PldA). It was noted by Kaakoush et al. [10] that the presence of
these virulence factors indicates that C. concisus may be capable of attaching to and invading host
cells though a mechanism that targets occludens junctions, providing a starting point from which to
investigate the enteric pathogenicity of C. concisus.

ZOT have been shown to compromise the intestinal barrier by interfering with proteins on the
occludens junctions [11], whereas PldA has been shown to damage the membrane of mammalian
cells [12]. Neither of the genes encoding these proteins, however, has a demonstrated association
with IBD. Further, ZOT have been identified considerably more frequently in GSI C. concisus strains,
which exhibit a reduced ability to persist in the GI tract [3]. As such, the usefulness of these gene
products as molecular markers of pathogenicity in C. concisus with respect to IBD development is
limited. Liu et al. [13] have recently identified a putative pathogenicity marker—the C. concisus
csep1-6bpi gene. This gene was disproportionately present in oral C. concisus strains obtained from
patients with active Crohn’s disease (a clinical form of IBD), and were not detected in oral C. concisus
strains isolated from both Crohn’s patients in remission and healthy controls, suggesting that the gene
may play a role in the development of Crohn’s disease [13]. The csep1-6bpi gene is present in pICON
plasmid or chromosome of GSII C. concisus strains, encoding C. concisus-secreted protein 1 (Csep1) that
contains an N-terminal secretion signal (amino-acid residues 1-21); this protein was confirmed to have
been secreted, being detected in the bacterial culture supernatant [13].

In this paper, we report expression, refolding from inclusion bodies, purification,
and characterization of the pICON plasmid-encoded C. concisus-secreted protein 1 (Csep1p), the novel
putative virulence factor of C. concisus. This protein shows no significant full-length homology
to proteins of known structure. The availability of pure recombinant Csep1p and determination
of its atomic structure will greatly facilitate investigation into its function and its role in the
C. concisus pathogenesis.

2. Materials and Methods

2.1. Gene Cloning and Overexpression

To express the protein in E. coli, the nucleotide sequence encoding Csep1p (locus tag CCS77_2074
on the pICON plasmid, GenBank ID CP021643.1) minus the signal peptide sequence was codon
optimized, synthesized, and cloned into the pET151/D-TOPO vector (Invitrogen, Waltham, MA,
USA) by GenScript. This expression vector contains an N-terminal His6 tag followed by a tobacco
etch virus (TEV) protease cleavage site. The recombinant protein used for biophysical assays and
crystallization contained residues 22–222, plus an additional GIDPFT sequence at the N-terminus,
as a cloning artifact originating from the TEV protease cleavage site. The vector was introduced into
E. coli BL21 DE3 (Novagen, Merck Group, Darmstadt, Germany), and cells were then cultured with
shaking in Luria–Bertani medium supplemented with 50 mg/L ampicillin at 310 K to an OD600 of
0.8. Overexpression of Csep1p was induced with 1 mM of isopropyl β-D-1-thiogalactopyranoside.
Cells were then grown for a further 4 h at 310 K and harvested by centrifugation at 4800× g for 15 min
at 277 K.
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2.2. Solubilization of Inclusion Bodies

The cells were re-suspended in buffer A (20 mM Tris-HCl pH 8.0, 150 mM NaCl, and 1 mM
phenylmethanesulfonyl fluoride (PMSF)), lysed using an EmulsiFlex-C5 cell disruption system
(Avestin, Ottawa, ON, Canada) and centrifuged at 10,000× g for 30 min at 277 K. SDS-PAGE analysis of
the proteins in the resultant pellet and supernatant indicated that Csep1p is predominantly expressed
in inclusion bodies (IBs). The IBs were solubilized by following the procedure described in [14],
with some modifications. Briefly, the pellet was washed twice with buffer B (10 mM Tris-HCl pH 8.0,
0.2 mM PMSF, and 1% w/v Triton X-100) and once with buffer C (10 mM Tris-HCl pH 8.0 and 0.2 mM
PMSF). After centrifugation at 10,000× g for 30 min, the supernatant was discarded and the IBs were
solubilized in buffer D (10 mM Tris-HCl pH 8.0, 10 mM dithiothreitol (DTT), 8 M urea, and 0.2 mM
PMSF) by axial rotation for 120 min at 277 K. The denatured protein solution was then clarified by
centrifugation at 30,000× g for 30 min at 277 K, and protein concentration was determined using
the Bradford assay [15]. Protein solution was aliquoted, snap-frozen in liquid nitrogen, and stored
at 193 K.

2.3. Refolding and Purification

Refolding of recombinant Csep1p was performed by diluting 70 mg of denatured protein into
250 mL of buffer E (3 M urea, 10 mM Tris-HCl pH 8.0, 0.4 M L-arginine monohydrochloride, 2 mM
oxidized L-glutathione, and 20 mM reduced L-glutathione) followed by a 24-h incubation at 227 K
with vigorous stirring. The sample was then dialyzed against 7.5 L of buffer F (10 mM Tris-HCl,
pH 8.0) at 277 K, with four buffer changes over the period of 24 h. After that, Tris–HCl pH 8.0, NaCl,
and imidazole were added to the sample to final concentrations of 20, 500, and 20 mM, respectively.
The protein solution was loaded onto a 5 mL Ni-nitrilotriacetic acid (NTA) sepharose affinity column
(GE Healthcare, Chicago, IL, USA) pre-equilibrated with buffer G (20 mM Tris–HCl pH 8.0, 500 mM
NaCl, and 20 mM imidazole). The column was then washed with seven column volumes of the same
buffer to remove unbound proteins, and Csep1p was eluted with buffer H (20 mM Tris–HCl pH 8.0,
500 mM NaCl, and 500 mM imidazole). The N-terminal His6 tag was cleaved off using His-tagged TEV
protease (Invitrogen) during overnight dialysis against buffer I (20 mM Tris-HCl pH 8.0, 150 mM NaCl,
2 mM DTT, and 1% v/v glycerol at 277 K. NaCl and imidazole were then added to the sample to final
concentrations of 500 and 20 mM, respectively. The uncleaved protein, His6 tag, and TEV protease were
removed over the Ni-NTA affinity column. The flow-through fractions were pooled, concentrated to
2 mL in an Amicon Ultracel 10 kDa cutoff concentrator, and loaded onto the Superdex 75 HiLoad 26/60
gel-filtration column (GE Healthcare, Chicago, IL, USA), pre-equilibrated with a buffer containing
20 mM Tris-HCl pH 8.0 and 150 mM NaCl (during the initial purification) or with buffer G (during
the purification for crystallization) at a flow rate of 4 mL/min. The peak fractions of the eluate were
pooled, and protein purity was assessed by SDS-PAGE. Tandem mass spectrometry analysis of the
tryptic digest peptides obtained from the protein band cut out from the gel was performed using the
Monash Biomedical Proteomics Facility. The oligomeric state of Csep1p in solution was determined by
calculating the molecular weight (MW) based on the retention volume, using the calibration plot for
the Superdex 75 HiLoad 26/60 column: Vretention (mL) = 631.3–104.3 × log MW [16].

2.4. Thermal Shift Assay

A thermal shift assay of protein stability in different buffers was performed using a Rotor-Gene Q
Real time PCR instrument (QIAGEN, Hilden, Germany). Purified Csep1p in buffer G was concentrated
to 12 mg/mL (1 mM) and diluted into a range of different buffers, containing 10 × SYPRO Orange
reagent (Sigma-Aldrich, 5000× stock, catalogue number S5692, St. Louis, MI, USA) to a concentration
of 10 μM (volume = 25 μL). The samples were thermally denatured by heating from 35 ◦C to 90 ◦C
at a ramp rate of 0.5 ◦C/min. Protein denaturation was monitored by following the SYPRO Orange
fluorescence emission (λex 530 nm/λem 555 nm). GraphPad Prism was used to fit the denaturation

152



Crystals 2018, 8, 391

data to a derivation of the Boltzmann equation for the two-state unfolding model, in order to obtain
the midpoint of denaturation (the melting temperature Tm) [17]. All experiments were performed
in triplicate.

2.5. Circular Dichroism Spectroscopy

Prior to circular dichroism (CD) experiments, purified Csep1p was buffer-exchanged into 10 mM
sodium phosphate pH 7.4. Far-UV CD spectra were recorded at a protein concentration of 0.24 mg/mL
at 298 K, using a JASCO J-815 spectropolarimeter over a wavelength range from 200–250 nm with a
scan rate of 20 nm/min. Spectra were recorded in triplicate and averaged. The secondary structure
content was calculated using the BeStSel server [18].

2.6. Crystallization

Prior to crystallization, Csep1p was concentrated to 8 mg/mL and centrifuged at 277 K for 30 min
at 13,200× g to clarify the solution. Initial screening for crystallization conditions was performed
by the hanging-drop vapor-diffusion method, using an automated Phoenix crystallization robot
(Art Robbins Instruments, Sunnyvale, CA, USA) and commercial screens Crystal Screen HT and
PEG/Ion HT (Hampton Research, Aliso Viejo, CA, USA), JBS HTS1 and 2 (Jena Bioscience, Jena,
Germany), and JCSG+ Suite (Qiagen, Hilden, Germany). The preliminary crystallization droplets
contained 100 nL of protein solution mixed with 100 nL of reservoir solution and equilibrated against
50 μL of reservoir solution in a 96-well plate. After one day, crystals appeared in many different
conditions. The condition containing 200 mM ammonium acetate, 100 mM sodium acetate trihydrate
(pH 4.6), and 30% w/v polyethylene glycol (PEG) 4000 was chosen for optimisation. The refinement of
this condition yielded monocrystals using 25% w/v PEG 4000, 100 mM ammonium acetate, 80 mM
sodium acetate trihydrate (pH 4.6) as the reservoir solution, and 8 mg/mL of protein (drop size was
2 μL protein solution plus 2 μL reservoir solution, suspended over 500 μL reservoir solution).

2.7. Data Collection and Processing

For data collection, the Csep1p crystal was briefly soaked in a cryoprotectant solution containing
36% w/v PEG 4000, 100 mM ammonium acetate, 80 mM sodium acetate trihydrate (pH 4.6), and 10%
v/v glycerol, and flash-cooled by plunging the crystal into liquid nitrogen. An X-ray diffraction data
set was collected to 1.4 Å resolution on the MX2 beamline of the Australian Synchrotron (Figure 1).
The data were processed and scaled using XDS [19] and AIMLESS [20] from the CCP4 suite [21].
The space group was determined with POINTLESS [22], and the Matthews coefficient was calculated
using MATTHEWS_COEF [23] from the CCP4 software package. Data collection statistics are presented
in Table 1.

Table 1. Data collection and processing statistics. Values in parentheses are for the highest resolution shell.

Diffraction Source MX2 beamline, Australian Synchrotron

Detector EIGER X 16M
Wavelength (Å) 1.07
Temperature (K) 100

Total oscillation span (◦) 90
Mosaicity (◦) 0.11
Space group P62 or P64

Unit cell parameters
a, b, c (Å) 85.8 85.8 55.2
α, β, γ (◦) 90 90 120
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Table 1. Cont.

Diffraction Source MX2 beamline, Australian Synchrotron

Resolution range (Å) 28.08–1.40 (1.42–1.40)
Observed reflections 189,480 (2515)
Unique reflections 43,067 (1401)

Mean I/σ(I) 15.1 (1.0)
Completeness (%) 94 (61)

Multiplicity 4.4 (1.8)
Rmerge

1 0.030 (0.288)
CC(1/2)

2 (%) 99 (64)

1. Rmerge =

(
∑
h

∑
i
|Ihi−〈Ih〉|

)

∑
h

∑
i
|Ihi | , where Ihi is the intensity of the ith observation of reflection h. 2 CC(1/2) is the Pearson

correlation coefficient calculated between two random half data sets.

 

Figure 1. A representative oscillation image of the data collected from the Csep1p crystal, using an
EIGER X 16M pixel detector on the MX2 station at the Australian Synchrotron, Victoria, Australia.
The edge of the detector corresponds to the resolution of 1.45 Å.

3. Results and Discussion

3.1. Cloning, Overexpression, Refolding, and Purification

An N-terminally His6-tagged expression construct for recombinant Csep1p lacking the signal
peptide (residues 1–21) was created by ligating the synthetic, codon-optimized gene into the
pET151/D-TOPO vector. Expression of Csep1p-His6 in Escherichia coli BL21 DE3 cells upon induction
of T7 polymerase predominantly resulted in protein deposition in inclusion bodies (IBs). We isolated
approximately 127 mg of protein in the form of washed IBs from 1 liter of bacterial culture.
The recombinant Csep1p was recovered from IBs by following the previously published refolding
procedure, which involves diluting denatured protein into a buffer containing 10 mM Tris-HCl (pH 8.0),
10 mM dithiothreitol, 8 M urea, and 0.2 mM protease inhibitor phenylmethanesulfonyl fluoride [14].
Approximately 25 mg of tagged protein was obtained from 70 mg of IBs, corresponding to a soluble
protein yield of 45 mg per 1 liter of culture (prior to purification).

Csep1p was purified to higher than 95% homogeneity—based on Coomassie blue staining of the
SDS–PAGE gel (Figure 2)—by affinity chromatography, followed by tag removal and gel filtration.
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The recombinant protein comprised residues 22–222 of Csep1p, as well as six additional residues
(GIDPFT) at the N-terminus, originating from the TEV cleavage site. The protein migrated on
SDS–PAGE with an apparent molecular weight (MW) of 24 kDa (Figure 2). This value is very
close to the MW calculated from the amino-acid sequence (24.34 kDa). The protein identity was
confirmed by tandem mass spectrometry (MS) analysis of the tryptic digest peptides obtained from the
protein band cut out from the gel. The search for peptides matching the Csep1p sequence against an
E. coli background proteome, allowing for semi-tryptic specificity, three missed cleavages, and limited
modifications, definitely identifying Csep1p based on 3102 spectra with 98% sequence coverage
(Figure S1).

 

Figure 2. SDS-PAGE Coomassie Blue-stained gel (15%) of samples taken during the purification of
recombinant Csep1p. Lane M: molecular weight ladder; Lane 1: inclusion bodies (IBs) after washing with
buffer B; Lane 2: urea-solubilized IBs containing Csep1p-His6; Lane 3: 15 μg of refolded Csep1p-His6 after
an affinity chromatography step; Lane 4: 15 μg of purified Csep1p with the His6-tag removed.

3.2. Protein Buffer Optimization

Our initial attempt to concentrate the protein in a buffer containing 20 mM Tris-HCl pH 8.0 and
150 mM NaCl for crystallization experiments resulted in extensive precipitation, indicating limited
solubility under those experimental conditions. We hypothesized that the protein would be more
soluble in a buffer that increases its thermodynamic stability. We have therefore assessed the Csep1p

stability in different buffers using a thermal shift assay. In this assay, a mixture of the purified protein
and fluorescent dye is exposed to a temperature gradient; the dye’s fluorescence increases when it
binds to the protein’s hydrophobic core, which becomes gradually exposed upon thermal denaturation.
The protein unfolding curve is measured by following changes in the fluorescence. The melting
temperature (Tm) value, which corresponds to the temperature at which 50% of the protein has
denatured, provides a measure of the thermal stability of the protein.

We first screened nine different buffers commonly used in crystallography, in the pH range
between 3.0 and 8.0, each at a concentration of 100 mM and in the presence or absence of 150 mM
NaCl. Analysis of the protein unfolding curves (Figure S2a) indicated that under very acidic conditions
(pH 3.0–4.0), the protein’s fold is highly unstable, even at room temperature; the fluorescent signal
started at a high value and decreased, rather than increasing, with temperature. No meaningful Tm

value could be ascribed to those curves. Protein stability under moderately acidic conditions (pH 4.6)
was also significantly lower than that in the pH range between 6.0 and 8.0, as evidenced by the lower
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Tm value (Figure 3a). Furthermore, the presence of 150 mM NaCl had a favorable effect on the protein’s
stability, resulting in up to 2 ◦C increase in the Tm value when compared to the respective buffer
without salt (Figure 3a), suggesting that higher ionic strength promotes stabilization of this protein
fold. As Csep1p in 100 mM HEPES pH 7.0, 150 mM NaCl showed the highest Tm value (64.6 ◦C)
in this screen, we attempted to concentrate the sample in this buffer; however, that also resulted in
protein precipitation.

We then took into account the observation that during the purification procedure, the protein
could be concentrated to 10–20 mg/mL in a buffer containing 20 mM Tris-HCl (pH 8.0), 20 mM
imidazole, 500 mM NaCl, 2 mM DTT, and 1% v/v glycerol. Since imidazole and glycerol are known
to increase the stability of some proteins, we produced a screen designed to systematically test the
effect of glycerol and imidazole at increasing salt concentrations (150, 250, and 500 mM NaCl) on
Csep1p stability. In addition, we tested the effect of charged amino acids L-Arg and L-Glu at 30 mM
on Tm, as the Arg–Glu mix has also been shown to increase the solubility of proteins [24]. The results
of the thermal shift assay using this screen are shown in Figure 3b. No significant differences in Tm

were observed between the conditions with and without glycerol. In contrast, imidazole, the Arg–Glu
mix, and higher NaCl concentrations each showed a stabilizing effect, as judged by an increase in
the respective Tm value (Figure 3b), with 500 mM NaCl having a more pronounced effect than 150
or 250 mM. We have selected three conditions corresponding to the highest observed Tm values:
(1) 100 mM Tris-HCl (pH 8.0), 30 mM Arg, 30 mM Glu, and 500 mM NaCl (Tm = 66.0 ◦C); (2) 100 mM
Tris-HCl (pH 8.0), 10 mM imidazole, and 500 mM NaCl (Tm = 65.8 ◦C); and (3) 100 mM HEPES
(pH 7.0), 10 mM imidazole, and 500 mM NaCl (Tm = 65.8 ◦C). We tested protein solubility in these
buffers by concentrating the dilute protein, buffer-exchanged into the respective buffer by dialysis up
to the solubility limit. The highest concentration of ~20 mg/mL was achieved in condition 2; similar
levels were achieved in a slightly modified condition 2, containing 20 mM Tris-HCl (pH 8.0), 20 mM
imidazole, and 500 mM NaCl (buffer G, see “Materials and Methods”). Therefore, to streamline the
purification procedure while retaining protein solubility at high levels, the final gel-filtration and
concentration steps were performed in buffer G.

 
(a) (b) 

Figure 3. Comparison of melting temperature (Tm) of Csep1p in different buffers. (a) Effect of pH and
presence or absence of 150 mM NaCl; (b) Effect of additives (glycerol, imidazole or Arg-Glu mix) and
increasing NaCl concentration. Results are means ± S.D. for three independent replicates.
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3.3. Stoichiometry and Secondary Structure Content of Csep1p

When subjected to size-exclusion chromatography on a calibrated gel-filtration column,
the protein eluted as a single, symmetrical peak with a retention volume of 176 mL (Figure S3),
which corresponds to an apparent MW of approximately 23 kDa. This indicates that Csep1p is
monomeric under the tested buffer conditions.

To ascertain the fold integrity of the prepared Csep1p sample prior to crystallization trials,
we estimated its secondary structure content using circular dichroism (CD). Analysis of the CD
spectrum (Figure 4) yielded values of 38% and 20% for α-helix and β-sheet content, respectively.
These values are close to those predicted from the primary sequence analysis (α = 38%, β = 19%) using
the Jpred4 server [25], confirming that Csep1p extracted from IBs is folded.

Figure 4. Circular dichroism (CD) spectrum of recombinant Csep1p.

3.4. Crystallization and Preliminary X-ray Analysis

To initiate a study of the structure/function relationship of Csep1p, we undertook robotic
crystallization trials using commercially available screens, and optimized the preliminary hits manually
to produce monocrystals of suitable size and diffraction quality. The best crystals were obtained using
PEG 4000 as a precipitant and a protein concentration of 8 mg/mL. The crystals typically appeared after
two days (Figure 5). An X-ray diffraction data set was collected for a single cryo-cooled crystal, using
beamline MX2 at the Australian Synchrotron to a resolution of 1.4 Å. Auto-indexing of the diffraction
data using XDS [19] was consistent with a trigonal or hexagonal crystal system. The data could be
scaled using AIMLESS [20] in the hexagonal system, and analysis using POINTLESS [22] showed
systematic absences along the 00l axis, with reflections only present when l = 3n, which suggested that
the crystals belong to space group P62 or its enantiomorph P64. The average I/σ(I) value was 15.1
for all reflections (resolution range 28.08–1.40 Å) and 1.0 in the highest resolution shell (1.42–1.40 Å).
A total of 189,480 measurements were made of 43,067 independent reflections. Data processing gave
an Rmerge of 0.03 for intensities (0.288 in the 1.42–1.40 Å resolution shell). The data was 94% complete,
with 61% completeness in the highest resolution shell (Table 1). Analysis of the data using PHENIX
Xtriage [26] detected no signs of twinning. Calculation of the Matthews coefficient and solvent
content for one molecule in the asymmetric unit gave values of 2.47 Å3 Da−1 and 50%, respectively,
which lies in the range observed for protein crystals [27]. Determination of the structure will require
heavy-atom derivatization or selenomethionine substitution to allow experimental phasing using
multiple isomorphous replacement or single- or multi-wavelength anomalous dispersion methods.
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Figure 5. Crystals of Csep1p from a pICON plasmid.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4352/8/10/391/s1.
Figure S1: Csep1p sequence coverage by the tryptic digest peptides identified in the sample using tandem mass
spectrometry analysis. Figure S2: Normalised thermal unfolding (melting) curves of Csep1p in different buffers,
measured by following changes in the fluorescence of SYPRO Orange. (a) Effect of pH and presence or absence of
150 mM NaCl; (b) effect of additives (glycerol, imidazole, or Arg–Glu mix) and increasing NaCl concentration.
Figure S3: Gel filtration chromatogram. The minor peak at the void volume (~85 mL) corresponds to a small
amount of non-specific, large aggregates.
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Abstract: Haloalkane dehalogenases are a very important class of microbial enzymes for
environmental detoxification of halogenated pollutants, for biocatalysis, biosensing and molecular
tagging. The double mutant (Ile44Leu + Gln102His) of the haloalkane dehalogenase DbeA
from Bradyrhizobium elkanii USDA94 (DbeAΔCl) was constructed to study the role of the second
halide-binding site previously discovered in the wild-type structure. The variant is less active,
less stable in the presence of chloride ions and exhibits significantly altered substrate specificity when
compared with the DbeAwt. DbeAΔCl was crystallized using the sitting-drop vapour-diffusion
procedure with further optimization by the random microseeding technique. The crystal structure of
the DbeAΔCl has been determined and refined to the 1.4 Å resolution. The DbeAΔCl crystals belong
to monoclinic space group C121. The DbeAΔCl molecular structure was characterized and compared
with five known haloalkane dehalogenases selected from the Protein Data Bank.

Keywords: Haloalkane dehalogenase; halide-binding site; random microseeding

1. Introduction

Hazardous halogenated compounds are an important class of environmental pollutants.
An obvious critical step in the potential biodegradation pathway is the dehalogenation process [1,2].
Haloalkane dehalogenases (HLDs) play an essential role in biodegradation of the halogenated pollutants.
HLDs are predominantly bacterial enzymes that belong to the superfamily of α/β-hydrolases and
catalyze the hydrolytic conversion of a wide range of halogenated aliphatic compounds, and therefore
play an important role in bioremediation [3] and industrial biocatalytic processes [4]. An aliphatic
alcohol, a halide and a hydrogen cation are released during the enzymatic dehalogenation of haloalkanes
by HLDs. The tertiary structures of HLDs are composed of a conserved α/β-hydrolase core domain
and an α-helical cap domain [5]. The core domain is responsible for the catalytic reaction of the enzyme
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and the cap domain is essential for substrate specificity and recognition [6]. A deep cleft is situated
between these two domains, allowing the solvent to access the buried active site. The active site is
composed of two halide-anion stabilizing residues and the catalytic triad consisting of a nucleophile,
a base and an acid [7]. HLDs can be divided into three subfamilies, HLD-I, HLD-II and HLD-III,
according to the composition of the catalytic residues and the anatomy of the cap domain [4].

A novel HLD DbeA from B. elkanii USDA94, a member of HLD-II subfamily [4], was structurally
and biochemically characterized [7]. The structure of DbeA wild type was determined to 2.2 Å
resolution and displays a typical topology of the α/β-hydrolases (EC 3.8.1.5). The unique feature of the
DbeA structure is the presence of two halide-binding sites, both fully occupied by chloride anions [7].
The first halide-binding site is located in the protein active site and is involved in substrate binding
and stabilization of halogen ion produced during dehalogenation reaction. DbeA active site consists
of five catalytic residues: two halide stabilizing residues (Trp104 and Asn38) and three amino acids
essential for the catalytic activity of the enzyme [2,4]: the nucleophile Asp103, the catalytic base His271,
and the catalytic acid Glu127. The second halide-binding site in DbeA is unique and has never been
observed within HLD structures deposited in the PDB [8]. The second halide-binding site, which is
buried in the protein core domain and located approximately 10 Å far from the first halide-binding site,
is formed by five amino-acid residues: Ile44, Gln274, Gln102, Gly37 and Thr40 [7]. Superposition of
the DbeA structure with other related HLD-II members revealed the presence of two unique amino
acids in the second halide-binding site: Gln102 instead of a typical His and Ile44 as a substitution of an
ordinary Leu, thereby sufficiently increasing the cavity volume to accommodate the second halide
ion. The variant DbeAΔCl (Ile44Leu+Gln102His) was constructed and biochemically characterized to
elucidate the role of the second halide-binding site in structure and function of DbeA [7].

Removal of the second halide binding site in DbeA significantly changed the substrate specificity
of DbeAΔCl and reduced the catalytic activity by an order of magnitude towards most of the tested
substrates [7]. Wild-type DbeA is more active, its melting temperature rises with an increasing
concentration of chloride salts and the binding energy for chloride ions is higher when compared
with the DbeAΔCl variant [7]. It was suggested that the chloride anion bound in a vicinity of second
binding site may increase basicity of catalytic histidine and consequently accelerate the nucleophilic
addition of water to the alkyl-enzyme intermediate [7]. In previous attempts, the crystallization of
DbeAΔCl was unsuccessful. The obtained crystals were very unstable, sensitive to mechanical stress
and poorly diffracted X-rays to about 10 Å resolution. It took several years to grow crystals with an
improved diffraction quality. Here, we report the successful crystallization, structure determination
and further characterization of DbeAΔCl variant.

2. Materials and Methods

2.1. Gene Synthesis, Cloning, Expression and Protein Purification

The recombinant gene dbeAΔCl-His6 (Ile44Leu + Gln102His) was synthesized artificially
(Entelechon, Regensburg, Germany) according to the DbeA sequence [7] (Table 1). The restriction
endonucleases NdeI and XhoI (Fermentas, Burlington, Canada) and T4 DNA ligase (Promega, Madison,
USA) were applied to transfer the synthesized gene into the expression vector pET-21b (Novagen,
Madison, USA). In order to overexpress DbeAΔCl in E. coli BL21(DE3) cells, the final genes were
transcribed by T7 RNA polymerase, which is expressed by the isopropyl β-D-1-thiogalactopyranoside
(IPTG)-inducible lac UV5 promoter. Cells containing the plasmid were cultured in Luria broth medium
at 310 K. When the culture reached an optical density of 0.6 at a wavelength of 600 nm, gene expression
(at 293 K) was induced by the addition of 0.5 mM IPTG. The cells were subsequently harvested and
disrupted by sonication using a Soniprep 150 (Sanyo Gallenkamp PLC, Loughborough, England).
The supernatant was collected after centrifugation at 100,000 g for 1 h. The crude extract was further
purified on a HiTrap Chelating HP 5 ml column charged with Ni2+ ions (GE Healthcare, Uppsala,
Sweden). The His-tagged enzyme was bound to the resin in the presence of 20 mM potassium
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phosphate buffer pH 7.5, 0.5 M sodium chloride, 10 mM imidazole. Unbound and non-specifically
bound proteins were washed out by a buffer containing 37.5 mM imidazole. The target enzyme was
eluted with a buffer containing 300 mM imidazole. The active fractions were pooled and dialyzed
overnight against 50 mM Tris-HCl pH 7.5. The DbeAΔCl enzyme was stored at 277 K in 50 mM
Tris-HCl pH 7.5 buffer prior to analysis. The DbeAΔCl production information is summarized in
Table 1.

Table 1. Production specifics for DbeAΔCl.

Source Organism Bradyrhizobium Elkanii USDA94

DNA source Artificially synthesized DNA

Transport vector pMA

Expression vector pET-21b

Expression host E. coli BL21(DE3)

Complete amino acid sequence of
DbeAΔCl

MTISADISLHHRAVLGSTMAYRETGRSDAPHVLFLHGNPTSSYL
WRNIMPLVAPVGHCIAPDLIGYGQSGKPDISYRFFDQADY
LDALIDELGIASAYLVAHDWGTALAFHLAARRPQLVRGLA

FMEFIRPMRDWSDFHQHDAARETFRKFRTPGVGEAMILDN
NAFVERVLPGSILRTLSEEEMAAYRAPFATRESRMPTLML

PRELPIAGEPADVTQALTAAHAALAASTYPKLLFVGSPGA
LVSPAFAAEFAKTLKHCAVIQLGAGGHYLQEDHPEAIGRS

VAGWIAGIEAASAQRHAALEHHHHHH

2.2. Crystallization

The freshly isolated and purified DbeAΔCl protein was crystallized at a concentration of 30 mg.ml−1

in 50 mM Tris–HCl buffer pH 7.5 by the sitting-drop vapour-diffusion procedure [9]. For initial screening
several commercial precipitants kits were used: JBScreen Classic Kits№ 1-10 and Wizard I-III (Jena
Bioscience GmbH, Jena, Germany), Morpheus®HT-96, JCSG-plus™HT-96, PACT premier™HT-96
and Structure Screen 1 + 2 HT-96 kit (Molecular Dimensions Ltd (MDL), Suffolk, UK), Crystal Screen
kit, PEGRx HT™ and PEG/Ion HT™ (Hampton Research (HR), Aliso Viejo, USA) and Axygen I-VIII
crystallization kits (Axygen Biosciences, Union City, USA). The CombiClover 96 well plates (MDL,
Suffolk, UK) for manual screening experiments as well as Swissi polystyrene MRC 2-drop plate (MDL,
Suffolk, UK) were utilized for the initial screening on an Oryx3 robot (Douglas Instruments Ltd,
Hungerford, UK) for the DbeAΔCl protein.

The hanging drop crystallization trials were carried out in Limbro 24 well plates (HR, Aliso Viejo,
USA). The Douglas Instruments, USA Vapour Batch 96 well plates were used to perform the microbatch
under oil crystallization [10]. Macroseeding experiments [11] were carried out by lowering the protein
concentration to 20–25 mg.ml−1. The counter-diffusion crystallization was performed in single glass
capillaries with inner diameters ranging from 0.1 to 0.4 mm (HR, Aliso Viejo, USA) using a three-layer
configuration [12].

2.3. Data Collection, Processing and Structure Solution

X-ray diffraction data at 100 K were collected to the 1.4 Å resolution at the BESSY II electron
storage ring on beamline MX 14.1 of the Helmholtz-Zentrum Berlin (Berlin-Adlershof, Germany; [13]).
2500 images were processed with the graphical user interface XDSAPP [14] for running XDS [15].
Phasing by molecular replacement was performed using MOLREP [16] and the structure of DbeA
as the template (PDB code 4k2a; [7]). One molecule was found in the asymmetric unit of DbeAΔCl.
Structure refinement and model building was performed using isotropic and anisotropic refinement
protocols in REFMAC5 [17] and Coot [18] from the CCP4 package [19], respectively. The quality
of the protein models was confirmed with MolProbity [20,21] and wwPDB [22] validation servers.
The structure of the DbeAΔCl has been deposited to the Protein Data Bank under accession code 6s42.
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Figures with the structure were prepared using the program PyMOL [23]. The complete information
about the data collection, processing, and refinement statistics are provided in Table 2.

Table 2. Data collection and crystallographic statistics.

X-ray Diffraction Data Collection Statistics

Space group C121
Cell parameters (Å, ◦) a = 128.95, b = 63.95, c = 46.05; α = γ = 90, β = 106.27

Wavelength (Å) 0.918
Resolution (Å) 1.39

Number of unique reflections 68,322
Redundancy 2.18 (2.20)

Completeness (%) 96.13 (92.17)
Rmerge

# 4.9 (26.3)
Average I/σ(I) 12.72 (3.19)
Wilson B (Å2) 20.8

Refinement Statistics

Resolution range (Å) 41.96–1.4 (1.43–1.39)
No. of reflections in working set 64,907 (4,609)

R value (%) ## 13.98
Rfree value (%) ### 15.22

RMSD bond length (Å) 0.006
RMSD angle (◦) 1.635

No. of atoms in AU 2,823
No. of protein atoms in AU 2,333

No. of water molecules in AU 470
No. of iodide ions in AU 8

No. of chloride ions in AU 3
Mean B value (Å2) 13.42

Ramachandran Plot Statistics

- Residues in favoured regions (%) 97.2
- Residues in allowed regions (%) 100

PDB code 6s42

The data in parentheses refer to the highest-resolution shell. # Rmerge = (|Ihkl − 〈I〉|)/Ihkl, where the average intensity
〈I〉 is taken over all symmetry equivalent measurements and Ihkl is the measured intensity for any given reflection;
## R-value = ||Fo| − |Fc||/|Fo|, where Fo and Fc are the observed and calculated structure factors, respectively;
### Rfree is equivalent to R value but is calculated for 5% of the reflections chosen at random and omitted from the
refinement process.

3. Results and Discussion

The crystallization procedure previously successfully used for growing of the DbeAwt protein [24]
was applied to prepare crystals of freshly purified DbeAΔCl protein. Initially, only a light amorphous
precipitation was observed. Further optimization of the crystallization conditions was carried out by
variation of the protein and precipitant concentrations (PEG and salt) and drop protein-reservoir ratio
composition. This optimization did not improve the results. Additional screening was conducted
by applying further commercial crystallization kits: JBScreen Classic Kits№ 1-10 and Wizard I-III
(Jena Bioscience GmbH, Jena, Germany). Again, only very small and thin needle crystals or a heavy
amorphous precipitation were observed. The next optimization step was based on moving the system
closer to the metastable zone based on the phase transition diagram by decreasing the concentration of
the crystallization drop components. The reduction of the DbeAΔCl concentration and variation of the
precipitant concentrations yielded small microcrystals (Figure 1a) and a two-dimensional (2D) single
needle crystals (Figure 1b) within a period of 1-3 weeks. The microcrystals were grown within three
weeks from precipitant consisting of 28% (w/v) PEG 4000, 0.2 M Li2SO4 in 0.1 M Tris pH 8.2 buffer and
a 30 mg.ml−1 protein concentration. The small needle crystals were observed after 10 days at a 10 to
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30 mg.ml−1 protein concentration in precipitant composed of 12– 17% (w/v) PEG 3350, 115– 125 mM
MgCl2 in 100 mM Tris-HCl 7.5 buffer.

 

Figure 1. Results of initial crystallization experiments of DbeAΔCl protein from B. elkanii USDA94:
(a) microcrystals and (b) small 2D needle crystals. The scale bar represents 100 μm.

In order to improve the crystal quality, Morpheus®HT-96, JCSG-plus™HT-96, PACT premier™
HT-96 and Structure Screen 1 + 2 HT-96 kit (Molecular Dimensions Ltd (MDL), Suffolk, UK), Crystal
Screen kit, PEGRx HT™ and PEG / Ion HT™ (Hampton Research (HR), Aliso Viejo, USA) and Axygen
I-VIII crystallization kits (Axygen Biosciences, Union City, USA) were applied. Finally, small 3D
crystals (Figure 2a) with a dimension of about 15 × 5 × 35 μm were grown from a solution containing
26.57% (w/v) hexanediol at 295 K over 10 days. The crystals diffracted X-rays to a maximum resolution
of 8–10 Å. The quality of these crystals did not allow to record good diffraction data and additional
strategies were needed to improve the size and shape of obtained crystals.

 

Figure 2. DbeAΔCl crystals used for diffraction analysis: (a) small 3D crystals grown at 26.5% (w/v)
hexanediol and (b) big 3D crystals developed by random seeding experiments. The scale bar represents
100 μm.
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Further optimization using the precipitant solution mentioned above was pursued by setting up
the experiments at a lower temperature (193K), by application of the Additive Screen (HR) and by
variation of the protein concentration from 10 to 40 mg.ml−1, however, without success. The same
conditions were tested in a hanging drop vapour-diffusion, microbatch under oil, counter-diffusion and
macroseeding procedure. All these experiments did not significantly improve the diffraction quality of
the crystals. Next, the small crystals (Figure 2a) were used for random microseeding experiments [25]
with application of two commercial crystallization kits: PACT premier™HT-96 and Structure Screen 1 +
2 HT-96 kit (MDL), which finally resulted in the appearance of 3D crystals with an average dimensions
70 × 75 × 100 μm within a period of two weeks (Figure 2b). These crystals, later used for X-ray
data collection experiments, were obtained by lowering the protein concentration to 20 mg.ml−1 and
applying the following precipitant: 0.2M sodium iodide and 20% (w/v) PEG 3350.

Crystals of DbeAΔCl diffracted X-rays to 1.4 Å resolution and belong to the monoclinic
base-centered space group C121. The diffraction data allowed localizing 294 amino-acid residues
fitting to the one molecule in the asymmetric unit. The overall shape of DbeAΔCl is like a block with
2,823 non-hydrogen atoms (470 water molecules, 8 iodide anions, 3 chloride anions and hexanediol
molecule) and corresponds to the canonical architecture of HLDs of the α/β hydrolase fold superfamily
(Figure 3a). The structural organization of DbeAΔCl displays two compact domains: an α/β hydrolase
core domain and a helical cap domain with the active site located between them. The cap domain
(residues 134–214) consists of five α-helices (α4, α5¸α5´, α6, α7 and α8) and six loops, together forming
a lid, protecting the active site cavity. The core domain (residues 4–133 and 215–298) consists of a
central twisted eight-stranded β-sheet with the β2 strand running antiparallel. The β-sheet region
is flanked by six α-helices: two elements (α1 and α2) cover one side and the remaining four (α3, α9,
α10 and α11) the other side [2,26] (Figure 3a). The protein displays a monomer as the biological unit
according to the analysis of crystal contacts between molecules in the unit cell and crystal packing.
The exploration of macromolecular interfaces by PDBePISA server [27] underpins the monomeric
nature of the protein.

The DbeAΔCl active site displays a substrate-binding pocket typical for all haloalkane
dehalogenases. The enzyme’s active site cavity contains the catalytic triad consisting of Asp103,
His 271 and Glu127. The nucleophile Asp103 is located at the turn between β-strand β5 and helix α3.
The catalytic base His271 is positioned on the loop joining β8 and α11. The catalytic acid Glu127 is
located behind β-strand β6. Inspecting the electron density map, one iodide anion and one molecule
of hexanediol as components of precipitant cocktail were identified near the DbeAΔCl active site.
The iodide ion is mainly stabilized by interactions with the N atoms of two halide-binding residues:
Asn34 Nδ2 and Trp104 Nε1 with distances of 3.72 Å and 3.47 Å, respectively. Further coordination is
realized with the N atom of the pyrrolidine ring of Pro205 at a distance of 3.64 Å and an O atom of
bound hexanediol at 3.68 Å distance (Figure 3b).

The substitutions Ile44Leu and Gln102His introduced into the structure of DbeA result in the
elimination of the second halide-binding site (Figure 3c). The site is occupied by a water molecule in
the mutant enzyme. Apparently, insufficient space is left for the positioning of the second halide anion
as observed in the DbeAwt structure. The atoms of three residues: Thr40 Oγ1, His102 Nδ1 and Gly37 N,
with hydrogen bond distances of 2.74 Å, 2.79 Å, and 2.94 Å, respectively, coordinated water molecule
W71 that was modelled instead of the halide anion (Figure 3c). Further coordination is realized by
water molecule W11 at a distance of 2.73 Å. Water molecule W11 is situated between two halide-binding
sites, 6.73 Å away from the iodide ion in the canonical active site of the protein. Water W11 is stabilized
by interaction with the Oδ2 atom of catalytic nucleophile Asp103 at 2.71 Å distance.
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Figure 3. The overall structure of DbeAΔCl (a), close-up view of the canonical DbeAΔCl active site
(b) and second halide-binding site (c). The 2Fo-Fc electron-density map contoured at 2σ is shown in
grey (a) Cα ribbon trace shows elements of the protein secondary structure. The α-helices are coloured
red for the main domain and brown for the cap domain; β-strands are coloured yellow; loops are
shown in green; iodide ion is presented as a cyan sphere, water molecule (W71) is shown as a red
sphere; the two point substitutions Ile44Leu + Gln102His introduced into DbeA are highlighted as blue
sticks. (b) The iodide ion in the active site is presented as a cyan sphere with coordination interaction
distances in Å and highlighted by yellow dashed lines; hexanediol (Hez) (shown in two alternative
conformations) and amino acids Asp103, Trp104, Pro205 coordinating the iodide ion are shown as sticks
with carbon atoms coloured yellow. Carbon atoms of catalytic triad are highlighted in green. (c) The
water molecules W11 and W71 are presented as red spheres; amino acids coordinating water molecule
W71 are shown as sticks with carbon atoms coloured in yellow with and interactions with distances in
Å shown by yellow dashed lines. Water molecule W71 is located in second-halide binding site.
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The sequence of DbeAΔCl from B. elkanii (PDB ID code: 6s42) was aligned (Figure 4) and compared
with five known sequences of HLDs deposited in the PDB: DbeA wild type from B. elkanii (PDB ID code:
4k2a [7]), DhaA from Rhodococcus species (PDB ID code: 1bn6 [1]), DhlA from Xanthobacter autotrophicus
(PDB ID code: 1cij [28]), LinB from Sphingomonas paucimobilis (PDB ID code: 1cv2 [29]) and DmbA from
Mycobacterium tuberculosis (PDB ID code: 2qvb [30]). The reason for selection of these dehalogenases
is that DbeAwt is the same protein without two point mutations occurring in DbeAΔCl with 99.3%
sequence identity, DhaA as HLD with highest sequence identity shows 50.7% and DhlA as HLD with
lowest sequence identity displays 26.5% in comparison to DbeAΔCl. Alignment of DbeAΔCl with
different kind of haloalkane dehalogenase LinB from the same substrate specificity group (SSG-I)
demonstrates 47.4% sequence identity similar to DmbA as another type of HLD from different SSG-III
(44.8%) [31].

Figure 4. Multiple sequence alignment of DbeAΔCl with five Haloalkane dehalogenases (HLDs)
deposited in PDB. Amino acids from canonical HLD active site are highlighted in yellow, catalytic
triad residues are highlighted in green and second halide binding site residues are highlighted in cyan.
Sequence alignment was performed by ClustalW [32].

The molecular structures of DbeA, DhaA, LinB, DmbA, and DhlA were superposed with the
DbeAΔCl enzyme’s Cα atoms with root mean square deviations of 0.335, 1.018, 0.985, 1.127 and 2.112 Å,
respectively. 3D-superpositions of the DbeAΔCl structure with the closest similarity model (DhaA)
and the lowest identity model (DhlA) are shown in Figure 5a.
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Figure 5. Structural comparison of DbeAΔCl with homologous dehalogenases. (a) DbeAΔCl secondary
structure superposition with DhaA and DhlA. Cα ribbon trace shows elements of the protein secondary
structures. The DbeAΔCl is coloured in red; DhaA is coloured in blue; DhlA is shown in yellow; iodide
ion (cyan sphere) is placed in the canonical active site of DbeAΔCl. (b) Superposition of DbeAΔCl,
DhaA and DhlA active sites. Amino acids of DbeAΔCl are shown as red sticks; amino acids of DhaA
are shown as blue sticks; amino acids of DhlA are shown as yellow sticks. The iodide ion and water
molecule W11 bound to DbeAΔCl are represented as red spheres; bromide ion and water are shown as
blue spheres for the DhaA structure and the single water molecule in the DhlA is shown as yellow
sphere. (c) Superposition of second halide binding site residues of mutant and wild type DbeA.
DbeAΔCl amino acids are shown as red sticks; amino acids of DbeAwt are shown as green sticks.
Water W71 is shown as red sphere and Cl− ion is shown as green sphere.

In general, the secondary structure elements of the core domain are better conserved compared to
the cap domain for the most dehalogenases. Significant differences in cap domains define substrate
specificity and variability [1]. The considerable divergence among the superimposed structures
was also observable at the relatively disordered N- and C-terminal parts of the proteins (Figure 5a).
The position of the active site residues was well conserved among HLDs with some differences in DhlA
structure. DbeAΔCl, DbeA, LinB, DhaA and DmbA belong to the HLD-II subfamily with Asp-His-Glu
catalytic triad and Asn-Trp halide binding residues [4] whereas DhlA belongs to the HLD-I subfamily
with an Asp-His-Asp + Trp-Trp catalytic pentad composition. The positions of the halide-binding
residues Asn38 and Trp104 in the DbeAΔCl structure is conserved in comparison to the rest of HLD
structures. The position of the catalytic triad (Asp103; His271 and Glu127) is well conserved among
the dehalogenases from HLD-II subfamily. The side chain of the catalytic acid Asp in DhlA is situated
slightly deeper in the active site cavity in comparison to HLD-II structures.

Superposition of the iodide ion at the DbeAΔCl active site with halide ions in the vicinity of
halide-stabilizing residues of the rest structures reveals some structural differences. DhlA and DmbA
contain halide ions inside the active site: Br- (DhlA) and Cl- (DmbA) with shifts in 0.47 and 0.39 Å
from the DbeAΔCl iodide ion position, respectively. However, there is only a water molecule in the
LinB structure (0.27 Å away from iodide ion of DbeAΔCl) and an empty space in the DhaA structure
(the closest water molecule is located 6.48 Å away from the iodide ion position).

Water molecule W71, which substitutes the halide ion at the second halide-binding site of the
DbeA wild type structure, was found at the canonical place where only a water molecule is present in
all the HLDs with a shift of 1.39 Å compared to the DhaA structure, 0.80 Å to the DhlA, 0.55 Å to the
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LinB and 0.43 Å to the DmbA, and 1.28 Å away compared to the second chloride anion in the DbeA
structure. Superposition of halide binding sites of the DbeAΔCl structure with halide binding sites of
the closest relative (DhaA) and the lowest identity HLD (DhlA) is shown in the Figure 5b.

4. Conclusions

After many crystallization experiments and optimization cycles, we found that two point mutations
deeply buried in the structure have a significant influence on the crystallization of the macromolecule.
Finally, random microseeding experiments with a seed stock prepared from small 3D crystals obtained
at a protein concentration of 20 mg.ml−1 and 0.2 M sodium iodide plus 20% (w/v) PEG 3350 as
the precipitant solutions produced crystals of the double mutant DbeAΔCl from B. elkanii USDA94.
These crystals were of sufficient quality for X-ray diffraction experiments. The structure of DbeAΔCl
was solved using molecular replacement and refined to 1.4 Å resolution. Overall, the structure is very
similar to other HLDs structures of the α/β hydrolase fold superfamily (EC 3.8.1.5). The substitutions
Ile44Leu and Gln102His resulted in a space reduction of the second halide-binding site and thus
incapability of DbeAΔCl to bind a second halide anion as compared to the wild type structure. Instead
of a chloride anion, a water molecule (W71) was found in the site of which the consequences are,
DbeAΔCl is less active and less stable in the presence of chloride salts when compared with the DbeAwt
enzyme [7]. The DbeAΔCl structure of B. elkanii was aligned and compared with five molecular
structures of haloalkane dehalogenases selected from the PDB. The elements of the secondary structure
and the catalytic pentad are well conserved. Superposition of the iodide ion at the DbeAΔCl active
site with the other structures reveals some structural differences. The water molecule W71 located at
the compromised second halide-binding site of DbeAΔCl was coordinated at the canonical place as
compared to other HLDs.
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