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of 20% methanol solution was added to equilibrate the cartridge. Further 15 mL of 20% methanol
solution were used to wash the cartridge after the toxin extract (3–5 mL) was loaded and 15 mL more
was used to elute toxins from the SPE cartridge. The rates of the activation and equilibration steps were
about 1 mL min−1, and of the sample loading, washing and elution about 0.5 mL min−1. The eluate
was concentrated under N2 at 30 ◦C and filtered through a 0.22 μm organic membrane filter (Jinteng,
Tianjin, China). It was stored at −20 ◦C until analysis. OA and DTX1 predominated the toxin profile of
the purified extract [45,46] and their concentrations were quantified using a LC-MS/MS method [47].
The toxin extract was dried under N2 at 30 ◦C and the residual was re-dissolved in filtered seawater
(0.45 μm) before adding to the feeding experiment.

5.4. Preparation of Suspended Particulate Matter

Surface sediments (<2 cm) were collected from Jiaozhou Bay (120.2573◦ E; 36.1796◦ N) and dried
at room temperature (total organic carbon ~1.88%) before grinding in a mortar and sieving them
through 200, 100 and 60 mesh sieves. Finally, three different size-fractions of SPM were obtained:
<75 μm, 75–150 μm, and 150–250 μm, respectively [37].

5.5. Design of Mussel Feeding Experiments

5.5.1. Effect of Suspended Particulate Matter on the Accumulation of Toxins by Mussels

Healthy looking adult mussels (Mytilus galloprovincialis) were obtained from Qingdao seafood
market. Natural seawater was used to carefully wash and clean the shells’ surface, and the connective
byssus between individuals was gently cut with scissors. Then, individual mussels were acclimated
for 1 week before the experiment in filtered seawater (0.45 μm membrane, salinity 29–30, pH 8.1–8.3,
temperature 15–18 ◦C) with continuous aeration (DO > 5 mg L−1). The seawater was renewed twice
per day, at morning and night respectively, with no addition of microalgal prey. Five individuals were
harvested randomly to analyze their background levels of OA and DTX1 before the experiment.

The design diagram of exposure experiments is shown in Figure 6. A total of 22 glass beakers
(5 L) were filled with filtered seawater (0.45 μm) and three mussels were added per beaker. Cells of
I. galbana were collected at the exponential growth phase, and three different SPM (<75 μm, 75–150 μm,
150–250 μm) size-fractions were added to each of the four beakers, with an initial microalgal density
of about 1 × 106 cells L−1 and a SPM concentration of 30 mg L−1. Then the mixture of OA and
DTX1 was added to these 16 beakers in two different concentrations of toxins (low: OA 0.92 μg L−1,
DTX1 1.32 μg L−1; high: OA 9.2 μg L−1, DTX1 13.2 μg L−1) to compare the effects in duplicate
treatments. Both concentration levels of toxins were also added to four controls without microalgae
and SPM, in duplicate treatments. Only filtered seawater and mussels were in the other two beakers
as blank control treatments. All mussels were cultured for 4 days under the same conditions before
terminating the feeding experiment. The ratio of the total OA or DTX1 accumulated by mussels to
the total amount of toxins added into the beaker was calculated as the accumulation efficiency of the
toxins shown in Table 1. The accumulation efficiency was calculated as the ratio between the amount
of toxins in the mussels and that supplied in the water.

 

Figure 6. Design diagram of the exposure experiments (SPM = suspended particulate matter).
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5.5.2. Effect of Toxins on Mussels Feeding Behaviors

A total of nine glass beakers (5 L) were filled with filtered seawater (0.45 μm) and cells of I. galbana,
collected at the exponential growth phase. The initial density of microalgae was 1.83 × 106 cells
L−1 to start the experiment. Three healthy mussels were placed in each beaker. Then two different
concentrations of toxins (low: OA 0.92 μg L−1, DTX1 1.32 μg L−1; high: OA 9.2 μg L−1, DTX1 13.2 μg
L−1) were added to the beakers in triplicate, respectively, and no toxins were added in the other
three beakers. Microalgal density in all beakers was counted throughout the entire feeding period.
The proportion of I. galbana cells cleared by mussels was calculated as the ratio between the number
of algal cells eaten and the initial amount of microalgae added to the beakers.

5.5.3. Esterification and Distribution of OA and DTX1 in Mussels

Three healthy mussels were placed in each glass beaker (5-L) filled with filtered seawater (0.45 μm).
The same density of microalgae (I. galbana; ~1 × 106 cells L−1) was added to six glass beakers. OA and
DTX1 toxins (OA 9.2 μg L−1, DTX1 13.2 μg L−1) were added into three of these beakers and no toxins
were added to the other three. SPM (size-fraction 75–150 μm, 30 mg L−1) was added to three glass
beakers and the same concentration of toxins was also spiked. The mussels were taken out and different
parts including gills, mantle, digestive gland and residual tissues were dissected after four days of
feeding. Free and esterified forms of OA and DTX1 in the different mussel tissues were analyzed.

5.6. Extraction of Toxins in Mussels

Free toxin forms were extracted from mussel tissues according to Li et al. [11]. In brief, 1 g of
homogenized tissue and 3 mL of methanol added to a 10-mL centrifuge tube were mixed with a
vortex, the mixture centrifuged at 8000× g for 10 min and the supernatant was transferred to a 10-mL
volumetric flask. Three mL of methanol was added and extracted twice, and all supernatants combined
in the volumetric tube. Finally, the extract was made up to scale using methanol and the extraction
ratio was 1 g: 10 mL. One mL of extract was filtered (0.22 μm membrane filter) and stored in sample
vials at −20 ◦C until analysis.

The esterified forms of OA and DTX1 toxins were analyzed following [48]. One mL of the
filtered (0.22 μm) extract of free toxin forms was transferred to a 4-mL glass vial, and 125 μL of 2.5 M
NaOH solution was added and mixed. Then the sealed mixture was hydrolyzed at 76 ◦C for 40 min,
neutralized with 125 μL of 2.5 M HCl and kept at room temperature. One mL of chloroform was
used for a liquid-liquid extraction for the hydrolyzed extract, and this process was repeated. Finally,
the chloroform phase was dried under N2 at 40 ◦C. The residual material was suspended in 1 mL of
methanol, which was filtered (0.22 μm membrane filter) and stored in a sample vial at −20 ◦C.

5.7. LC-MS/MS Analysis of OA and DTX1 Toxins

An Agilent 6430 tandem quadrupole mass spectrometer coupled with an Agilent 1290 HPLC
(Palo Alto, CA, USA) was used with an ESI interface. An X-Bridge™ C18 column (150 × 3 mm i.d,
5 mm, Waters, Milford, MA, USA) at 35 ◦C was used to separate OA and DTX1 toxins. The alkaline
elution phase (pH = 11) was composed by mobile phases A (water) and B (90% acetonitrile) both
containing 6.7 mM NH4OH [49]. A gradient was run at 300 μL min−1 starting with 10% ‘B’ for 1 min,
and increasing linearly to 90% ‘B’ over 9 min. The mobile phase was held at 90% ‘B’ for 3 min, returned
to 10% ‘B’ over 2 min, and held for 3 min before re-equilibration for the next run. An injection volume
of 5 μL was adopted here.

The atomization device press was set at 40 psi, and the capillary voltage was 4000 V.
The temperature of ESI source and dry N2 gas (flow rate 10 L min−1) was set at 110 ◦C and
350 ◦C, respectively. OA and DTX1 toxins were qualified and quantified by the selective reaction
monitoring mode of the negative mode, and the transition ions m/z 803.5 -> 255.2, 151.1 (OA), and m/z
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817.5 -> 255.2, 151.1 (DTX1), respectively. OA and DTX1 were quantified by comparing their peak
areas with those of solutions with a known concentration.
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Abstract: Surf clams, Mesodesma donacium, were shown to accumulate toxins from Dinophysis
acuminata blooms. Only pectenotoxin 2 (PTX2) and some of its derivatives were found, and no
toxins from the okadaic acid group were detected. PTX2 seems to be transformed to PTX2 seco-acid
(PTX2sa), which was found in concentrations more than ten-fold those of PTX2. The seco-acid was
transformed to acyl-derivatives by esterification with different fatty acids. The estimated amount of
these derivatives in the mollusks was much higher than that of PTX2. Most esters were originated
by even carbon chain fatty acids, but some originated by odd carbon number were also found
in noticeable concentrations. Some peaks of toxin in the bivalves did not coincide with those of
Dinophysis abundance, suggesting that there were large differences in toxin content per cell among
the populations that developed throughout the year. The observed depuration (from the digestive
gland) was fast (more than 0.2 day−1), and was faster for PTX2 than for PTX2sa, which in turn was
faster than that of esters of PTX2sa. PTX2 and PTX2sa were distributed nearly equally between
the digestive gland and the remaining tissues, but less than 5% of the palmytoyl-esters were found
outside the digestive gland.

Keywords: pectenotoxins; surf clam; accumulation; biotransformation; depuration

Key Contribution: Mesodesma donacium accumulates only PTX2, and no other pectenotoxin or toxin
of the okadaic acid group from Dinophysis acuminata blooms in northern Chile, suggesting that only
this toxin is produced by D. acuminata from the area. This compound is quickly transformed to
PTX2sa and to acyl-ester, and also depurates quickly.

1. Introduction

Toxins produced by the dinoflagellate genus Dinophysis frequently accumulate in bivalves making
them unsafe for human consumption and leading to closures of fisheries or marketing of aquaculture
products. The impacts of these toxins are widely distributed across the oceans, but some areas are
particularly affected, as is the case in Southern Chile and North-Western Spain [1–8].

Species of the genus Dinophysis are known to produce two different groups of toxic compounds:
toxins of the okadaic acid (OA) group and pectenotoxins (PTX) [7]. The production of one or both
types of toxins is known to be species-specific, but important strain variation exists. Some species
produce only pectenotoxins (Figure 1) while others usually produce toxins of both groups, although in
some cases, with a low relative proportion of pectenotoxins [7]. While the toxins of the OA group

Toxins 2018, 10, 314; doi:10.3390/toxins10080314 www.mdpi.com/journal/toxins322
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have caused numerous intoxications [9], there is no evidence that PTXs are toxic for humans by oral
exposure [10]. However, due to their toxicity by intraperitoneal injection (and some contradictory
results about the effects of oral administration) in mice and rats, some regulatory systems, such as the
European one, still maintain quarantine levels for these compounds [11,12], with a noticeable incidence
for products that target these markets.

 

Figure 1. PTX2 (upper structure) and PTX2 seco-acid (PTX2sa) and its acyl esters (lower structure).

In many bivalves, the accumulated toxins of the okadaic acid (OA) group are transformed to
7-O-acyl derivatives (generically known as DTX3) by esterification with fatty acids of different carbon
chain length [13–15]. Very likely this is the main route for the elimination of those compounds from
the bivalves. Less information exists for pectenotoxins, but it is known that they can be enzymatically
transformed to their corresponding seco-acid (by opening the macro-ring of the molecule) in the
digestive system of some mollusks [16]. These seco-acids can be esterified by fatty acids (as in the
case of the toxins of the OA group) at least in the mussel Mytilus edulis [17] and in an Australian clam
(probably Plebidonax deltoids) [14], suggesting that this can also be a depuration route.

In the northern region of Chile, the impact of the toxins produced by Dinophysis is less than in the
south, but some closures, mostly of the economically important aquaculture of the pectinid Argopecten
purpuratus, have taken place, as happened in 2005 due to a bloom of Dinophysis acuminata [18]. In that case
D. acuminata was shown to have an atypical toxin profile, producing only pectenotoxins, without traces of
toxins of the okadaic acid group. D. acuminata had been shown to be present in the north of Chile many
years earlier [19–21], and could be assumed to be persistent in the area. DSP harvesting closures in the
area, notwithstanding, were not needed until October 2005 [18], suggesting that toxin production was low,
or that the toxins produced were quickly degraded or depurated from the bivalves in the area.

In this work, we studied D. acuminata populations, and the accumulation in the surf clam
Mesodesma donacium of the toxins produced by this species in Coquimbo Bay, a significant fishing area
for this economically important species. The objectives of the study were: (a) to obtain the profile of
accumulated toxins; (b) to check if the accumulated toxin follows the D. acuminata cell abundance;
(c) to obtain an estimate of the depuration rate of the toxins involved; and d), to gather knowledge
about the possible transformations that take place in the bivalve.

2. Results

2.1. Abundance and Composition of Dinophysis Populations

Dinophysis populations were always present in the area and were dominated by Dinophysis
acuminata. Its abundance was generally low, with cell concentrations below 300 cells L−1 in 75% of the
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sampled weeks. However, some blooms, with abundances over 900 cells L−1 were recorded in April
2009, and in January and February 2010, reaching a maximum of 2100 cells L−1. On some occasions,
Dinophysis caudata and D. tripos were detected but only in net samples (with very low concentrations)
and their populations could not be quantified. The cells of Dinophysis acuminata were almost oval in
shape with the left sulcal list well developed and extending about one-half to two-thirds of the cell
length (Figure 2). The thecal plates that constitute the hypotheca were covered with circular areolae.
The antapex of the cells was rounded, and in some cells two to four small knob-shaped posterior
protrusions were found. The length (L) of the cell was 47.61 ± 3.87 μm and the dorso-ventral width (W)
was 34.69 ± 3.47 μm, while the L/W ratio was 1.38.

 
Figure 2. Phase contrast (left) and fluorescence photomicrographs of Calcofluor stained (right)
Dinophysis acuminata cells from samples of the study.

2.2. Toxin Profiles

OA, DTX1 or DTX2 were not detected in either the raw or the hydrolyzed samples, in this study.
The only PTX found was PTX2, which was accompanied by its seco-acid and by acyl-esters of its
seco-acid (Figures 3 and 4). None of the other monitored PTX compounds (Table 1) were found.
The main esters of PTX2-sa found were produced by esterification with palmitic acid (C16), but other
esters—from fatty acids with even carbon numbers (mainly C16:1, C14:0, C18:0, C18:1, C10:5) and
with odd carbon numbers (mainly, C15:0, C17:0 and C17:1)—were also found (Figure 4). The detected
acyl-esters seem to be mostly products of the esterification of the hydroxyl groups at C33 and/or C37,
as their fragmentation pattern presented relevant peaks at m/z 823, which is typical of these types of
esters (Figure 5). Additional small peaks also appeared when the product m/z 1061.5 was monitored,
probably due to the presence of C11 esters. A regression of the signals of m/z 823 and 1061 in all
measured samples gave an R2 of 0.999, indicating that the contribution of the C11 esters (associated
with m/z 1061 but not with m/z 823) was very small.
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Figure 3. Chromatograms of the main pectenotoxin (PTX) analogs detected (sample of the digestive
gland on 12 August 2009). The two lower chromatograms correspond to transitions of palmytoyl-esters
of PTX2sa. The upper one of these is more affected by C33 and C37 esters and the lower one of these is
also affected by C11 esters.

Figure 4. Fragmentation spectrum of palmitoyl-PTX2sa (main peaks).

Table 1. Transitions used to identify and quantify the compounds studied (CE = Collision Energy (V)).

Reference Parent Product CE

PTXs method

OA_DTX-2 803.5 255.2 48
OA_DTX-2 803.5 563.4 43

DTX-1 817.5 255.2 48
DTX-1 817.5 563.5 43
PTX-2 876.5 805.5 23
PTX-2 876.5 823.5 21
PTX1 892.5 839.5 23
PTX6 906.5 853.5 23
PTX12 874.5 821.5 23
PTX2sa 894.5 823.5 21
PTX2sa 894.5 805.5 21

PTX11sa 910.5 179.2 50
PTX11sa 910.5 137.2 50

C16-PTX2sa C33,37 1132.6 823.5 23
C16-PTX2sa C11 1132.6 1061.5 23
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Table 1. Cont.

Reference Parent Product CE

Acyl derivatives method

C14:0-PTX2sa 1104.6 823.5 23
C15:0-PTX2sa 1118.6 823.5 23
C16:1-PTX2sa 1130.6 823.5 23
C16:0-PTX2sa 1132.6 823.5 23
C17:1-PTX2sa 1144.6 823.5 23
C17:0-PTX2sa 1146.6 823.5 23
C18:5-PTX2sa 1150.6 823.5 23
C18:4-PTX2sa 1152.6 823.5 23
C18:3-PTX2sa 1154.6 823.5 23
C18:2-PTX2sa 1156.6 823.5 23
C18:1-PTX2sa 1158.6 823.5 23
C18:0-PTX2sa 1160.6 823.5 23
C20:5-PTX2sa 1178.6 823.5 23
C20:4-PTX2sa 1180.6 823.5 23
C20:2-PTX2sa 1184.6 823.5 23
C20:1-PTX2sa 1186.6 823.5 23
C20:0-PTX2sa 1188.6 823.5 23
C22:6-PTX2sa 1204.6 823.5 23

Figure 5. Chromatograms of the main acyl-derivatives of PTX2sa in the sample corresponding to the
digestive gland of the Mesodesma donacium taken on 12 August 2009. m/z numbers are the parent
masses (product m/z = 823) corresponding to esters of PTX2sa with fatty acids of the indicated chain.

Several esters, and perhaps several conformational isomers of them, for each fatty acid may be
involved as they were not resolved as a unique chromatographic peak, as shown for the esters with
palmitic acid (Figure 3).

PTX2 seco-acid (PTX2sa) concentrations were much higher than those of PTX2. Even though the
precise contribution of PTX2sa could not be determined because of the lack of reference solutions,
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the response in our method (estimated by means of a biotransformation experiment not reported here)
was approximately one-third that of PTX2. Taking this into account, the PTX2sa concentrations found
were on average nearly 20-fold and 10-fold those of PTX2, in the digestive gland and in the remaining
tissues, respectively.

Assuming that the response of the palmitoyl-esters of PTX2sa detected in the mass spectrometer
was the same as that of the unesterified compound, esters (even when only those of palmitic acid were
quantified) had, on average, half the concentration of PTX2sa in the digestive gland and were nearly
absent from the remaining tissues (Figure 6).

The relationship between the pectenotoxins concentration and those of its derivatives was linear and
statistically significant, both, in the digestive gland and in the remaining tissues (Supplementary Material).

Figure 6. Concentration of the studied toxins in digestive gland and remaining tissues of Mesodesma
donacium (PTX2sa ester = palmytoyl-PTX2sa). The limits of each box correspond to the 75% and 25%
quartiles. The central horizontal line inside the box is the median. The extremes of the vertical lines are
the extreme observations excluding the outliers and the isolated dots are outliers.

2.3. Anatomical Distribution of Toxins

The concentrations of all toxins studied were much higher in the digestive gland than in the
remaining tissues (Figure 7a). The concentrations of PTX2 and PTX2sa in the digestive gland were
approximately 10-fold those in other tissues, but the difference was even more important for esters
which were more than 300-fold more concentrated in the digestive gland (Figure 7a).

 
(a) (b) 

Figure 7. (a) Ratio between concentration of the toxins in digestive gland and other tissues (left panel)
and (b) percentage of the total toxin burden in the digestive gland (right panel).
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The amounts of PTX2 and PTX2sa were evenly distributed between the digestive gland and the
remaining tissues (with slightly less PTX2sa in the remaining tissues) (Figure 7b), but nearly all esters
were located in the digestive gland (with significant differences between esters and the other two
toxins, but not between PTX2 and PTX2sa).

2.4. Dinophysis Abundance and Toxin Concentration

Dinophysis abundance was generally low, exceeding 500 cells L−1 on only a few occasions.
The maximum weekly mean of cell concentration attained was 1825 cells L−1 (Figure 8). The time-course
of toxin concentration of M. donacium in the digestive gland showed three main peaks, which took place
at the same time for the PTX1, PTX2sa and PTX2sa esters. In general (when records of both, toxins and
cells were available) the peaks of D. acuminata abundance and toxin concentration in surf clams did
not coincide.

Figure 8. Dinophysis acuminata abundance and average weekly toxin concentrations in M. donacium in
samples from Bahía Coquimbo. Periods not connected by lines correspond to weeks in which samples
could not be obtained.

2.5. Depuration Rates

The estimated depuration rates (Figure 9) were higher for PTX2 than for PTX2-sa and PTX2-sa
esters. The average values were high at 0.3, 0.23 and 0.2 day−1, respectively.

Figure 9. Estimated depuration rates for PTX2 and its derivatives.
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3. Discussion

In Chile, the presence of Dinophysis acuminata has been described in several distinct geographical
locations. In northern Chile this species has been described between 18 ◦S and 33 ◦S [18–22].
The taxonomic examination of specimens from phytoplankton net samples revealed that the main
morphological features correspond to descriptions of this species given by Faust and Gulledge [23].
In relation to cell size, the length is consistent with measures given by Faust and Gulledge [23] (38–58 μm),
Lebour [24] (38–51 μm), Dodge and Hart-Jones [25] (38–58 μm), Olenina et al. [26] (38–58 μm) and
Reguera [27] (44–58 μm). However, our cells were larger than those reported by Sar et al. [28] (31.5–38 μm).
In relation to cell width, our measures are consistent with the values reported by Olenina et al. [26]
(30–38 μm), Faust and Gulledge [23] (30–40 μm) and Reguera [27] (24–43 μm).

Dinophysis acuminata was found to be persistent in the area, but without attaining high cell
concentrations. This finding seems to be consistent with observations that the species is common
in Northern Chile [18–21], but that it seldom results in market closures of fisheries or aquaculture
products [18].

The toxin profiles observed in M. donacium, with a complete absence of toxins of the okadaic acid
group, suggest that the lack of these toxins in D. acuminata from the area found in a bloom in 2005 by
Blanco, Alvarez and Uribe [18], was not a special case but rather a general characteristic of this species
in the area. The diversity of toxins and derivatives of the PTX group was very limited. Only PTX2 and
some of its derivatives in the form of seco-acid and seco-acid esters were found, suggesting that the
Dinophysis populations contain only PTX2, as PTX2-sa (as also seems to be the case on the Argentinian
coast [29]) and its esters are formed by the action of the bivalve [16,17,30–32]. Apart from Mytilus
edulis [14,17] and an “Australian clam” (cited by Doucet et al. [14] without specifying the species,
but which was probably Plebidonax deltoides as high accumulations of PTX2sa had been found in this
species in the area [7,33]), Mesodesma donacium is the first species in which esters of PTX2sa have been
found, suggesting that this transformation could be general in molluscs. In other bivalve species,
such as Patinopecten yessoensis, PTX2 undergoes an oxidation that yields PTX6 as the final product and
PTX1 as intermediate one [34,35], but neither PTX6 nor PTX1 have been found in M. donacium which
means that that oxidation route that generates these derivatives is not active in the species.

The fact that the observed peaks of cell abundance did not produce equivalent peaks of
pectenotoxins in M. donacium suggests that there were substantial differences in toxin/cell among the
different D. acuminata populations that developed throughout the sampled year. Other causes, such as
differences in the availability of the toxic cells to the infaunal populations of the mollusks cannot be
discarded. However, downwelling in the area (computed from the wind data of a meteorological
station on-shore, data not shown)—the main process that could potentially regulate this availability—
was not related to the toxin peaks in the clams.

The presence in M. donacium of PTX2, PTX2sa and PTX2sa esters suggests that PTX2 is transformed
to PTX2sa and then to PTX2sa esters. The first step (PTX2 to PTX2sa) could take place in the gut,
during = the process of extracellular digestion of the ingested phytoplankton, as demonstrated by
MacKenzie, Selwood and Marshall [16] for Perna canaliculus but it is possible that the transformation
continues once PTX2 is inside the digestive cells as it has also been observed in vitro by treating
PTX2 with homogenates [30–32] (or even in cells of other tissues). Esters of PTX2sa should be
generated inside the cells as happens with other toxins, such as those of the OA group [13,36,37],
brevetoxins [38], spirolides [39], gymnodimines [40], and other lipophilic compounds such as
esteroids [41,42]. Very likely the mechanism is a transesterification similar to that found in OA [36,43].
It is clear that this process, in the case of M. donacium, only takes place in the digestive gland and not
in other tissues, as their content in esters is marginal.

The fact that the apparent depuration rates from the digestive gland are lower as the compound
required more transformation steps (PTX2 > PTX2-sa > PTX2-sa esters) can be explained in multiple
ways. One possibility is that there were differences in the actual depuration rate of the compounds.
A second possibility, which seems more likely, is that the biotransformations altered the estimated
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depuration rates because the losses by depuration of the transformed compound are increased by the
amount of compound that is transformed, while those corresponding to the product compound are
decreased by the same reason. A combination of the two processes could also take place. A more
detailed study involving the analysis of these possibilities would be required to elucidate the precise
cause of the observed differences.

The observed depuration rates, even though they are likely to be underestimates (because the cells
rarely disappeared from the water), are relatively high in comparison with those of other lipophylic
toxins as those in the OA group [44,45]. Mesodesma donacium seems to depurate PTXs much faster than
Norwegian mussels and oysters, [46] with estimates of t1/2 (semidepuration time) of 6–13 days for PTX2
in mussels Mytilus edulis and oysters, while in this study they ranged from 2.3 to 3.1 days, for PTX2 and
palmytoyl-PTX2sa, respectively. Notwithstanding this, in a previous study, the estimated depuration
rates for PTX2 and PTX2sa from another mussel (Mytilus galloprovincialis), and the cockle Cerastoderma
edule, were much higher, ranging from 0.6 to 1.1 and from 1 to 3 day−1, respectively (t1/2 1.2–0.6 days
and 0.7–0.2 days) [47]. Okadaic acid in the same studies was found to depurate from the bivalves at
substantially lower rates [46,47].

These high depuration rates indicate that most of the accumulated toxins are likely to have been
recently incorporated, and that the levels of these kinds of toxins in M. donacium are strongly dependent
on the precise nature of the causative organisms.

4. Materials and Methods

4.1. Area of Study, Phytoplankton Sampling, Quantification and Taxonomic Analyses

Phytoplankton samples were collected periodically (weekly when possible) in Bahía Coquimbo
(29◦51′ S, 71◦16′ W) from 1 May 2009 to 28 April 2010, by means of vertical net hauls (20 μm mesh)
and a 10 m hose, in order to obtain integrated samples of the entire water column. Bahía Coquimbo is
a wide bay with a mean depth of 25 m, and is very dynamic, with typical surficial tidal currents of
around 10 cm·s−1 and bottom currents between 4 and 13 cm·s−1 [48]. The bottom sediment is mostly
sand and is sorted by depth, with the finest particles in the deepest locations [49], indicating a high
dynamism in the shallow areas. A thermocline sometimes exists, at a depth of 10 m. The phytoplankton
samples were obtained from the same location as those of Mesodesma donacium. Two aliquots were
preserved—one with formaldehyde 4% (net hauls) and another with Lugol’s iodine (hose)—for
taxonomic and quantitative analyses, respectively. Phytoplankton composition, including D. acuminata
cells, were routinely identified using an Olympus IX71 epifluorescence inverted microscope and the
method describe by Fritz and Triemer [50]. Phytoplankton and D. acuminata cells were quantified
using the Utermöhl method, described by Hasle [51], using 10-mL sedimentation chambers with an
Olympus IX71 inverted microscope.

4.2. Shellfish Sampling, Toxin Extraction and Hydrolysis

Shellfish samples were collected from 1 May 2009 to 28 April 2010 at the same station as the
phytoplankton samples, from 10 to 15 m deep, by means of hookah diving. When possible, a weekly
periodicity was maintained. Samples were homogenized and extracted with methanol 100% at a ratio
of 1:4 (weight:volume). Extracts were clarified by centrifugation (10,000× g, 15 min) and then filtered
through 0.20 μm Clarinert nylon syringe filters (13 mm diameter) (Agela technologies).

In order to check the presence of derivatives of toxins of the okadaic acid group some extracts,
selected because of their high PTX2 levels (which could be expected to be correlated with toxins of
the OA group), were subjected to alkaline hydrolysis following the standard procedure of the EU
Reference Laboratory for Marine Biotoxins [52].
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4.3. Toxin Detection and Quantification

The toxins contained in the extracts were determined by HPLC-MS/MS, with a Thermo Accela
chromatographic system (UHPLC) coupled to a Thermo TSQ Quantum Access Max by means of a
HESI-II electrospray interface.

Basically, the chromatographic method by Regueiro et al. 2010 [53] was used, but modified in
order to use a shorter column and to allow enough time for the elution, not only of the free toxins,
but also of their acylated derivatives. Two chromatographic phases were used: A = 6.7 mM NH4OH
in MilliQ water (Millipore); and B = 90% ACN with 6.7 mM NH4OH. First, the sample was injected
into an online solid phase extraction (SPE) column (Phenomenex Security Guard 4 × 2 mm with
phase Gemini-NX C18 (AJO-8367) in an isocratic flow of 90% A and 10% B, while the chromatographic
column was kept at 80% A. After 1.5 min the system flow was switched (with a Rheodyne 2-position
6-way valve) and the content of the SPE column started to elute to the chromatographic column
(Phenomenex Gemini-NX C18 50 × 2 mm 3 μm). The phase B percentage was raised in a linear
manner until reaching 90% at min 3.85 and maintained at that concentration until min 8.25 when the
initial conditions were put in place again and maintained until min 10.5. At min 7.5 the Rheodyne
valve was switched again in order to equilibrate the SPE column for the next injection. For detailed
analysis of PTX2sa acyl-derivatives the chromatographic gradient was modified by extending it for
3 additional minutes.

The mass spectrometer was operated in positive and negative ionization mode using the following
settings: Spray Voltage Positive 3500 V, Negative 3000 V, Sheath Gas Pressure 50, Aux Gas Flow:
5; Vaporizer Temperature: 110; Capillary Temperature 360; Collision Gas Pressure (mTorr): 1.5.
For identification and quantification, the transitions given in Table 1 were used.

The toxin concentration in the extracts was quantified by comparing the area or the peaks obtained
in the chromatograms with those of certified reference materials obtained from Laboratorio CIFGA,
Spain and the NCR, Canada. When those materials were not available—as was the case for PTX2
seco-acid and esters of PTX2 seco-acid—a relative quantification was carried out using the signal of
PTX2 as reference.

4.4. Estimation of Depuration Rates

Rough estimates of depuration rates were obtained by using concentration values in two
consecutive weeks based on the following selection criteria: (a) that the first observation had a high
concentration value; (b) that the D. acuminata abundance in the following week was low; and (c) there
was no substantial increase of toxin concentration in the third week. This approach would yield
underestimated values of the depuration rate as some toxin uptake had taken place during the period
for which depuration was estimated. It was assumed that depuration followed an exponential decrease,
and the rate for each period was computed as Ln[Tox]week0 − [Tox]week1)/7 days and was expressed
as day−1.

4.5. Statistical Analysis

Regression, correlation and ANOVA analyses were carried out with R [54]. Descriptive statistical
plots were built with the ggplot2 package [55].

Supplementary Materials: The following are available online at http://www.mdpi.com/2072-6651/10/8/314/
s1, Raw data of toxin concentration in the extract. Raw data of Dinophysis acuminata cell counts. Figure S1:
Relationships between the PTX2 derivatives.
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Abstract: Several species of the dinoflagellate genus Dinophysis produce toxins that accumulate in
bivalves when they feed on populations of these organisms. The accumulated toxins can lead to
intoxication in consumers of the affected bivalves. The risk of intoxication depends on the amount and
toxic power of accumulated toxins. In this review, current knowledge on the main processes involved
in toxin accumulation were compiled, including the mechanisms and regulation of toxin acquisition,
digestion, biotransformation, compartmentalization, and toxin depuration. Finally, accumulation
kinetics, some models to describe it, and some implications were also considered.

Keywords: okadaic acid; pectenotoxins; Dinophysis toxins; accumulation; digestion; biotransformation;
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Key Contribution: The main aspects of the process of Dinophysis toxins accumulation are summarized
and analyzed.

1. Introduction

1.1. Dinophysis-Produced Toxins

Some dinoflagellates of the genus Dinophysis produce toxins belonging to the okadaic acid group
(okadaic acid and dinophysistoxins, OA and DTXs, respectively) and/or to pectenotoxins (PTXs).
Both groups of toxins are polyethers having a linear structure in the OA group and a macrocyclic
lactone in pectenotoxins. The compounds in the OA group have a terminal carboxylic function,
which in some cases, esterifies diols or other compounds, and a hydroxyl in C-7 that is frequently
esterified with fatty acids to yield the group of derivatives generically known as “DTX3” (Figure 1).
The macrolactone cycle of PTXs could be opened to produce seco-acids that in turn can be esterified
with fatty acids (Figure 7).

Dinophysistoxin-1 (DTX1) was identified in 1982 as the substance responsible for a toxic syndrome
(Diarrhetic Shellfish Poisoning, DSP) [1,2], which affected more than 1600 people in Japan [3]. This toxin
is a 35-R-Methyl derivative of okadaic acid, a compound that had previously been isolated from two
sponges of the genus Halichondria (H. okadai and H. melanodocia) [4], and which since then, has been
associated with numerous DSP outbreaks occurring all over the world [5–9]. The allowable levels in
shellfish of this toxin and other toxins or derivatives of the same group have been regulated in many
countries. In Europe and other areas, the established regulatory threshold is 160 μg OA-eq/Kg of
edible product (quantified together with pectenotoxins) [10–12].

Pectenotoxins have never been linked to any human intoxication [13], but they were discovered
because they co-elute with the toxins of the okadaic group and are lethal to mice by intraperitoneal
injection in the bioassays typically used to monitor DSP toxins. The regulatory level in Europe is the
same as the one for the toxins of the OA group (quantified jointly) [11].

Toxins 2018, 10, 453; doi:10.3390/toxins10110453 www.mdpi.com/journal/toxins335
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Figure 1. Structure of the toxins of the okadaic acid group. R4 and R5 are some examples of structures
which may be more complex.

The threat that these toxins pose to human health makes it mandatory to implement monitoring
systems. Legal/regulatory strategies must allow for the proper management of marine resources
(including aquaculture) to preserve public health and minimize the economic losses of fishermen and
farmers [14]. Both monitoring and management have costs and these can be high, depending on the
importance and value of the resources and means of commercialization [15].

Bivalves, retain, ingest, and digest Dinophysis cells, bioaccumulate the toxins they contain and
biotransform them into derivatives that could have different toxicities than their parent toxins.
Understanding these processes is essential to developing predictive capability of the intensity and
duration of toxic episodes of Dinophysis, and consequently, using the abundance of its populations as a
warning in monitoring systems and designing mechanisms to mitigate their impact by means of the
acceleration of the depuration process or the reduction of toxin uptake.

1.2. Toxins in Phytoplankton

Different species (or strains) of Dinophysis produce different toxins. Phytoplanktonic populations
usually contain free toxins (the main toxin structure without esterifying or being esterified with any
other compound). Thus, okadaic acid, DTX1, DTX2, and PTX2 (PTX11 and 12 to a lesser extent) are the
main toxins found.

Okadaic acid is present in many Dinophysis species and is dominant in European waters. In Japan,
Chile, and the U.S., DTX1 appeared more frequently [16–19]. DTX2 seems to be practically restricted
(with the exception of a few samples from Baja California, Mexico [20]) to the Atlantic coast of
Europe (Ireland [21] (where it was first identified), Spain [22,23], Portugal [24], Southern Norway [25],
Great Britain [26]), Northern Africa (Morocco [27], Tunisia [28]), and the Mediterranean Sea [29],)
and is mostly (or exclusively) associated with Dinophysis acuta [21,30,31].
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Derivatives of the free toxins in which the carboxylic function esterifies diols (diol esters), triols,
or more complex molecules (DTX4, DTX5) (Figure 1) have been described from certain OA-producer
Prorocentrum species [32–39]. In some species of the genus Dinophysis, such as D. acuta [40–42],
diol esters have been found and their presence is suspected in others like D. ovum and D. acuminata, in
view of the increase in free OA produced by the alkaline hydrolysis of the extracts of a bloom [43,44].
Some other species, such as D. fortii [40], and probably some strains of the cited ones, do not seem to
contain these kinds of compounds.

Pectenotoxins—mainly PTX2, but sometimes also PTX11 and 12 [42,45,46]—are produced by
several Dinophysis species [45,47–60]. Frequently their detection is concurrent with that of toxins of the
OA group, but in some cases, only pectenotoxins seem to be produced [17,61,62].

2. Ingestion

Toxins can be acquired by bivalves in two ways: (1) Directly from the dissolved phase, and (2)
from the cells or particulate matter that contain them.

The uptake of okadaic acid by bivalves from the dissolved phase has been demonstrated [63,64].
The capability of this toxin to pass through lipid bilayers by forming aggregates [65] or dimers [66] had
been previously shown. Other lipophilic toxins—the azaspiracids—for which this capability has not
been demonstrated, could also be acquired by mussels in a similar way [67]. Li et al. [63], observed that
the concentration of OA in bivalves exposed to dissolved toxin exceeded the levels that could be
expected in view of concentrations in the water, suggesting that an active uptake mechanism could
exist, at least in the digestive gland.

Most toxins, notwithstanding, are retained by bivalves together with the cells that produce
them. Bivalves pump water, with the particles suspended in it, through the gill and retain them in a
proportion which depends, among other factors, on their size. The feeding process comprises water
pumping and filtration, pre-ingestive particle selection, ingestion, post-ingestive selection, and food
amount regulation (reviewed in Dame [68] and Gosling [69]). Most bivalves retain particles larger that
5–7 μm with efficiencies of 100% [70–73], and consequently, can retain Dinophysis cells (mostly between
45 and 85 μm [74]) with high efficiency. Therefore, practically all particles pumped through the gill
are filtered and retained. The pumping rate depends mostly on the species, size of the individuals,
and concentration, as well as the quality of the particles suspended in water (seston). In general,
filtration is low at low seston concentrations, maximum at intermediate levels, and submaximal
when the concentration is high (reviewed in Gosling [69]), as is the case, for example, of the cockle
Cerastoderma edule in most conditions [75] (Figure 2).

When the filtration efficiency is close to 100%, the filtration rate and clearance rate (the rate at
which particles are withdrawn from water) are equivalent.

Filtration rate is a species-specific characteristic that can explain, at least in part, the differences in
the accumulation of Dinophysis-produced toxins between species. Oysters, for example, accumulate
fewer toxins than mussels [76–79], and their maximum filtration rate is, in general, lower [80,81].
Filtration rate is dependent on the gill area, and consequently, proportional to (approximately) the
square of the body length (L2), and also approximately to body weight (W2/3) (reviewed by Cranford
et al. [82] and Gossling [69], which means that smaller individuals of the same species filtrate more
cells or particles in relation to their body weight than larger ones.

The phytoplankton species may also affect filtration and clearance rates, as has been demonstrated
for some PSP producing species of Alexandrium [83] and some Pseudo-nitzschia (whether or not they
produce domoic acid) [84], but there is no evidence of these kinds of effects being caused by any natural
population of Dinophysis. Two species of scallops, Patinopecten yessoensis and Mimachlamys nobilis,
were shown to be affected by cultures of a PTX2-producer, Dinophysis acuta, but to a degree that was
not dependent on the toxin quota of the cultured cells [85]. Another okadaic acid-producing species,
Prorocentrum lima, has been shown to reduce the filtration rate of mussels [86], and recently, Li et al. [63]
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also found a reduced clearance rate in mussels exposed to okadaic acid isolated from the same species.
In none of these cases can the possible contribution of other biologically active substances be ruled out.

Figure 2. Filtration, ingestion, and rejection of seston by the cockle Cerastoderma edule as a function
of organic content and seston concentration. Reproduced with permission from Iglesias et al. [75],
published by Elsevier 1996.

In some cases, a proportion of the cleared particles is rejected, in a degree that is dependent,
at the very least, on the seston concentration and on its organic content, with maximum rejection
levels at high concentrations of inorganic particulate matter. Dinophysis blooms are associated with
a wide range of particulate matter concentrations, ranging from very low (in cases where hardly
any other phytoplankton species are present) to very high (in cases where Dinophysis are only
minor accompanying species). Therefore, a constant response of bivalves, in terms of rejection,
would not be expected. Sampayo et al. [87] and Haamer [88] found that the toxicity degree of bivalves
exposed to Dinophysis populations was lower when the abundance of accompanying species was low,
which, among other causes, could be due to increased rejection under these conditions.

Not all particles that are retained by the gill are ingested afterwards. Some particles are negatively
selected and rejected through the production of pseudofaeces [75,89–92] or other mechanisms [93,94].
In general, particles with a high organic content, which include phytoplankton, and therefore
Dinophysis cells, are preferentially ingested [90]. Size may also play an important role in particle
selection. Inorganic particles, with the same shape, larger than the threshold size (depending on
the species) were found to be rejected preferentially [95]. Mafra et al. [84] also found that the oyster
Crassostrea virginica preferentially rejects large cells of Pseudo-nitzschia multiseries—a diatom producer
of the ASP toxin domoic acid—an occurrence which they associated with the fact that the large cells
exceeded the width of the principal filament aperture (approx. 68 μm). Even when Dinophysis cells
are above that size threshold, there is no evidence that they (or other organic particles) are rejected
preferentially. Contrarily, it seems that the mussel Mytilus galloprovincialis can ingest Dinophysis cells
preferentially over other phytoplanktonic species, in view of the gut remains [96].

Intraspecific differences in OA accumulation during the early stages of a Dinophysis bloom
(therefore, probably related to cell ingestion) have also been found in mussels. These differences would
have a genetic basis, as a heritability greater than 30% was estimated [97].
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3. Post-Ingestive Selection and Regulation of Food Processing

Once ingested, the Dinophysis cells, jointly with other particles go through the esophagus to
the stomach and the crystalline stylus sac where they are broken down [98] into fine fragments,
before being transferred to the digestive tubules. The walls of the stomach of the bivalves have a
complex network of ciliated folds that are believed to act by sorting particles [99]. If the number of
particles ingested is low, a high proportion of the large particles are recurrently sent to the crystalline
style sac for additional processing, and another proportion is directly rejected and sent to the intestine.
If the amount of food ingested is high, a larger proportion of the ingested cells is diverted unprocessed
to the intestine and eliminated with feces (Figure 3). The higher the volume of ingested material,
the shorter the time it will stay in the digestive system (gut passage time, GPT), and it will consequently
go through less processing and digestion, leading to a lower absorption efficiency of the organic
matter [100,101]—including the toxins [102,103]—it contains. These processes could help explain
why the bivalves exposed to Dinophysis populations acquire less toxicity when the accompanying
populations of other phytoplankton species are abundant [87,88].

Figure 3. Schematic representation of the particle flow through the digestive system of a bivalve
(redrawn and simplified from Owen [98]). Black arrows represent large particles and red arrows
small particles.

The ingested particles could be selectively diverted to the intestine and eliminated with feces
without further processing by post-ingestive selection, which has been documented for several species
and types of particles [92,104–106]. This kind of selection has not been demonstrated for Dinophysis,
but it was shown for another okadaic acid producer [107,108], Prorocentrum lima, where this mechanism
was hypothesized as being a way to reduce the accumulation of the toxin and avoid its possible
effects [108].

4. Digestion and Uptake

Digestion in bivalves has two components: one is extracellular, which takes place mostly in the
stomach and crystalline style sac, and the other is intracellular, which takes place mostly in the cells
of the digestive tubules (Figure 4). In the first step, the ingested particles, including Dinophysis and
other phytoplankton cells, are broken down and consequently, the released substances are subjected to
the action of both the autolytic enzymes of the ingested phytoplankton and the digestive enzymes
secreted by the bivalve. The pH of the digestive system is also different from the one in seawater
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but it is not extreme, with its minimum value being around 6. Neither the enzymatic activity nor
the pH levels seem to degrade or transform the main Dinophysis-produced toxins [64,109], as the
amounts of toxin ingested and excreted have been found to be approximately the same. At least some
of their derivatives, notwithstanding, could be hydrolyzed to the main toxins or to other (simpler)
derivatives. The enzymes of the diatom Thalassiosira weissflogii, for example, were shown to quickly
convert DTX4 and DTX5 to diol-esters, and those, at a lower rate, to the main toxins [110]. The same
processes are known to take place with autolytic enzymes of the OA producer Prorocentrum lima,
as shown by the fact that the cell concentrates must be boiled to inactivate enzymes to obtain these
compounds [36,111,112]. It can be expected that enzymes of this kind will be released into the stomach
after cell breakage and catalyze the hydrolysis as discussed earlier. The digestive enzymes of the
bivalves also play a role in transformations of this type as these compounds are quickly hydrolyzed by
esterases [34] and bivalves secrete enzymes of this group [69,113]. Some studies of the time-course of
OA, DTX2 (and their conjugated forms) depuration in the mussel Mytilus galloprovincialis showed a
quick decrease in conjugated forms just after Dinophysis ingestion stopped, which was interpreted as
corresponding to the hydrolysis of the conjugated forms acquired from the Dinophysis cells [44,114].
Mackenzie et al. [115] isolated a digestive esterase from the green mussel Perna canaliculus, which has
the capability of hydrolyzing diol-esters, as well as 7-O-acyl esters, of OA (which may also be also
present in seston after OA is biotransformed by Dinophysis consumers). It is possible that not all
diol-esters are hydrolyzed at the same rate, as the activity of the enzyme varies noticeably with the
chain length of several 4-nitrophenyl esters tested [115].

Figure 4. Structure of the digestive tubules and diverticula, showing incoming particles and outgoing
excretory spheres (rejection bodies). Reproduced with permission from Owen [98], published by
Company of Biologists 1955.

Much less information is available on pectenotoxins. The main change induced by digestive
processes is the opening of the macrolactone ring to produce a secoic acid. As discussed earlier,
the esterase isolated from P. viridis catalyzes this transformation of some, but not all, pectenotoxins.
PTX2 and PTX1, for example, are readily hydrolyzed while PTX11, PTX2c, and other analogues are
not affected. Additionally, at least the latter two compounds act as competitive inhibitors of PTX2
hydrolysis [115], which may also be true of equivalent enzymes of other bivalve species.

From the stomach, the partially digested material is diverted to the digestive tubules where
extracellular digestion is completed, and where intracellular digestion takes place [69,113]. The uptake
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of the toxins of the OA group by digestive cells has been the object of very few studies, but there are
several mechanisms that could be involved. Rossignoli [64] found that OA was taken up by fragments
of digestive gland much faster when supplied in dissolved form than in an emulsion of oil droplets.
Moreover, it was recently found that dissolved OA and DTX1 can be taken out by different tissues
of the mussel Mytilus galloprovincialis [63], but especially by the digestive gland. Even when, at the
pH levels found in the digestive gland, the main toxins of the OA group are ionized, in view of
their pKa [116], they were shown to be able to self-assemble [66] or to form aggregates of several
molecules [65] in a way that hides the charged parts of the molecule, allowing them to pass through
the lipid bilayers (as cell membranes). Diol-esters are less polar than their corresponding main toxins
and the carboxylic function, being combined with a diol, cannot be charged. Hence, they could be
taken up more easily than the free toxins. It would be expected that the toxins taken up by this
mechanism are initially stored in the cytosol, as was found for OA by Rossignoli and Blanco [117] and
by Guéguen et al. (mostly) [118].

Some endocytic mechanisms, such as phagocytosis or pinocytosis that are involved in the
uptake of different components of food by digestive cells, do not require the toxins to be uncharged
because they do not need to pass through the cellular membrane (Figure 5). Dissolved OA could be
absorbed mainly by means of phagocytosis when associated with debris of Dinophysis cells, or by
pinocytosis, in addition to diffusion through the membrane, when it is in solution. In both cases,
the toxins would enter the cell inside endosomes that would be progressively converted into lysosomes.
Guéguen et al. [118] found a noticeable proportion of the cellular okadaic acid to be located in
lysosomes, which means that this route of uptake could also be important. Phagocytosis has been
suggested for highly lipophilic xenobiotics [119], with an octanol-water partition coefficient ≥ 4 (log P),
because they are mostly associated (adsorbed or dissolved into them) with organic particles or lipid
droplets [120].

Phytoplanktonic pectenotoxins, which have a polarity similar to that of OA, and which are not
ionized at a pH below 8, are expected to share the same uptake routes.

The dominance of one route or another is probably a complex mixture of the distribution of toxins
in the lumen of the digestive tubules, the concentration of free toxins in the cytosol of the cells and the
rates of diffusion (passive or facilitated) or phagocytosis.

Figure 5. Hypothetical steps involved in the accumulation of toxins in the okadaic acid (OA) group.
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5. Compartmentalization

When the toxins enter the digestive gland cells, they are distributed heterogeneously between the
different types and the different parts of the cells. Okadaic acid was shown to be stored preferentially
in the digestive cells of M. galloprovincialis rather than the secretory cells [121] (the two main cellular
types that integrate the digestive tubules) [113,122]. The structure and function of each cellular type
could explain this preferential storage, as secretory cells present less surface to tubule lumen than
digestive cells, and their function as secretory cells does not include endocytic processes.

Once inside the cells, okadaic is mostly located in the cytosol and bounded to (or dissolved
into) high-density lipoprotein(s) (HDL) [117] (the same was observed for acyl-derivatives of OA,
unpublished information), but in some cases, a noticeable proportion of OA could be also found in
lysosomes or similar cellular structures [118]. It seems very likely that the toxin contained in the
lysosomes entered the cell by means of an endocytic mechanism and in the cytosolic fraction it entered
the cell in dissolved form and/or was transferred to the cytosol from the lysosomes.

The association with HDLs probably has a transport function, since this group of proteins is
strongly linked to the transport of lipophilic substances in the organism. In humans, for example,
HDLs in association with ABC membrane transporters are responsible for removing excess cholesterol
from cells and transporting it to the liver and other steroidogenic tissues to be metabolized and
excreted [123].

There is no information available on the cellular or subcellular distribution of pectenotoxins,
but it would seem likely that they share this with other compounds of similar polarity, such as OA
or cholesterol.

Anatomically, both pectenotoxins and toxins of the OA group are heterogeneously distributed
among organs and/or tissues. Okadaic acid has been shown to be concentrated especially in the
digestive gland of the mussels Mytilus galloprovincialis [124], M. edulis [86,125–127], and in the
scallop Argopecten irradians [108]. It also appears to be the case with two Australian scallop species,
Pecten fumatus [128] and P. maximus [129], the clams Spisula solida and Donax trunculus [130], and the
razor clam Pinna bicolor [128]. Notwithstanding, recently in Crenomytilus grayanus, it was found that
the acyl-esters of OA were more abundant in other organs than in the digestive gland (quantified by
means of ELISA assay) [131].

Little information is available on pectenotoxins, even though it is generally admitted that the
digestive gland is the main accumulator of this group of toxins, and this organ was used to isolate
pectenotoxins as a step prior to their purification (e.g., Daiguji et al. [48]). In the Chilean surf clam
Mesodesma donacium PTX2 and PTX2sa were 10-fold more concentrated in the digestive gland than in
the remaining tissues, and the esters were nearly absent outside the digestive gland (approx. 300 times
less concentrated) [132]

It is highly likely that compartmentalization influences depuration. As the main organs involved
in excretion in bivalves are the kidney and digestive gland, the toxins located in other body tissues
would probably be transported to these organs before starting depuration, which would slow down
the process.

6. Transformation

The toxins produced by Dinophysis undergo transformations during the extracellular digestive
process, as is the case of the hydrolysis of conjugated forms of the toxins in the OA group (Figure 6),
and the formation of secoic acids of the pectenotoxins (Figure 7). Thereafter, they are partially
transformed inside the cells of the bivalves. The main transformation route is the esterification with
fatty acids of different chain lengths. In the toxins of the OA group, the hydroxyl group in C7 is
frequently esterified with fatty acids, forming 7-O-acyl derivatives, generically known as DTX3 [133].
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Figure 6. Main transformations of the toxins of the okadaic acid group. Labels inside the boxes indicate
the moieties that constitute the molecule. Zigzag lines indicate the bonds that are broken to generate
other compounds. The line(s) of each box indicate whether the compounds are found in phytoplankton
or in bivalves. From Reguera et al. [74].

The free toxins undergo an esterification with fatty acids [134,135], where the microsomal fraction
of the digestive gland cells—probably originating from the endoplasmic reticulum—is involved [134].
In some cases it seems that diol- or triol-esters which may not be partially hydrolyzed during the
digestion process, are also esterified yielding mixed (or hybrid) esters, where the carboxylic function
of the OA (or other analogues) is esterifying a diol or triol and a hydroxyl (in C7 of the OA or in
any location of the diol/triol) is esterified with a fatty acid [38]. The proportion of the different fatty
acids involved in the formation of the esters is variable, depending mainly on the bivalve species.
Linear fatty acids with an even number of carbon atoms are frequent in all molluscs [136–141], and the
esters of OA and PTX are usually formed with these fatty acids. Nevertheless, some infaunal species
like cockles and clams, seem to have a noticeable proportion of odd-chain and branched-chain fatty
acids involved in the esterification of the toxins [136], which Vale [142] hypothesized as possibly being
caused by bacterial action.

Not all bivalve species have the same esterification capability and not all toxins are esterified
at the same rate. In most of the studied bivalve species, the esterification is fast, reaching
nearly 100% soon after the supply of free toxins is interrupted. This is the case, for example,
of the cockle Cerastoderma edule, the peppery furrow shell Scrobicularia plana, the carpet shell
Venerupis pullastra, the Pacific oyster Crassostrea japonica (Magallana gigas), the razor clams Ensis spp.,
Ruditapes decussatus [143,144], the European flat oyster Ostrea edulis [26,144,145], the surf clam
Spisula [146], the littleneck clam Leukoma staminea [143], the scallop Patinopecten yessoensis [147,148],
the Manila clam Ruditapes philippinarum (unpublished data), and some Chilean mussels (the blue mussel
M. chilensis and the ribbed mussel Aulacomya ater [149]). In other mussels, such as Mytilus edulis [144],
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M. galloprovincialis [44,114,130,134,148,150–152], M. coruscus [139], and Crenomytilus grayanus [131]),
as well as in some other species, like the clam Donax trunculus [136] or the variegated scallop
Aequipecten opercularis (unpublished observation), the proportion of esterified toxins is usually much
lower than 100%.

Figure 7. Transformations of PTX2 in bivalves.

Different toxins could be differentially esterified, depending on the species. In general, it seems
that the species that readily esterify OA (most infaunal species and oysters) do not show important
differences between toxins, whilst other species, such as Mytilus galloprovincialis or M. edulis,
for example, where OA is only partially esterified, esterify other toxins of the same group much
less efficiently. In Norway [144], the flat oyster Ostrea edulis, was shown to contain a high proportion of
esterified OA (86%) and also high proportions of esterified DTX1 and DTX2 (93 and 83%, respectively),
whilst the blue mussel Mytilus edulis, with only 41% of the OA esterified, contained substantially lower
proportions of esterified DTX1 and DTX2 (27 and 21%, respectively). The same pattern was found in
an intoxication experiment with the same species and toxins involved [145], and in the early work of
Marr et al. [141]. In Portugal, Vale and Sampayo [150] found no difference in the esterification of OA
and DTX2, in most clams, cockle, and oyster, which esterified these compounds almost completely.
However, they did find a substantially lower percentage of esterified DTX2 than OA in mussels,
where the proportion of esterified OA was less than 50%. The same pattern was also observed in
Galicia (NW Spain) [153].

Pectenotoxins are also transformed inside bivalves. The most frequent transformation seems
to be the opening of the macrolactone ring to produce the seco-acids corresponding to each
toxin [46,48,52,59–61,130,132,145,152,154–159]. It is very likely that this transformation takes place
during digestion, as found by MacKenzie et al. [115] in Perna canaliculus and other species.
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Notwithstanding, the transformation from pectenotoxins to their corresponding seco-acids is a species-
and toxin- dependent process. The Japanese scallop Patinopecten yessoensis, for example, does not
hydrolyze the macrolactone ring of PTX2, and consequently it does not generate seco-acids [49,160,161].
There are other bivalve species which have been found to be unable to transform PTX2 into its seco-acid
when this toxin was incubated with homogenates of their hepatopancreas or other organs [115].
While the enzyme isolated from Perna canaliculus can hydrolyze PTX2 and PTX1, it does not have the
same capability for some of their stereoisomers, such as PTX2b and c, and with other compounds of
the same group, as PTX6 and PTX11 [45]. PTX12 seco-acids also seem to be less readily formed than
those of PTX2 in blue mussels from Norway, but not in the cockle Cerastoderma edule from the same
location (at least in some cases) [46].

Patinopecten yessoensis transforms pectenotoxins in a significantly different way (Figure 7).
This species performs a series of successive oxidations of C-43. From PTX2, its hydroxy (PTX1),
its aldehyde (PTX3), and finally its carboxylic derivative (PTX6) are formed [49,162]. As far as we
know, this sequential oxidation route of PTX2 has only be found in Patinopecten yessoensis, and it
has the additional peculiarity that it does not take place in vitro by incubation with digestive gland
extracts [162]. However, the possibility that this process could take place in other bivalve species
cannot be ruled out.

The seco-acid of PTX2, at least in some bivalves, undergoes an esterification with fatty acids,
as happens with other lipophilic compounds, like okadaic acid and dinophysistoxins 1 and 2 [134]
or steroids [163,164]. Three types of esters have been described, depending on the position of the
esterified hydroxyl group: C-11, C-37, and C-33 [165]. These esterified forms could be found in
some bivalves in a noticeable proportion in relation to PTX2 and PTX2sa [132]. Like the 7-O-acyl
esters of the okadaic acid group, several fatty acids may be involved and the mechanism could
also be a trans-esterification in which Coenzyme A is involved. In the digestive gland of mussels
(M. galloprovincialis), an overexpression of genes related to the Coenzyme A activity has been found
after exposure to the OA-producing organism Prorocentrum lima [166].

7. Depuration

Lipophilic toxins do not remain in bivalves indefinitely. They are eliminated from their organs
(depurated) at rates that are species- and toxin-dependent. During the intoxication phase, toxins are
stored into two main compartments: (a) The outer part of the digestive system (stomach, gut, digestive
diverticula), and (b) inside the cells of different organs, mainly the digestive gland. During the
depuration phase, shortly after the supply of toxic organisms ceased, the first compartment loses most
of its importance, because it includes only the toxins that are being released with feces. Obviously,
the mechanisms involved in the elimination of the toxins from each of these two compartments would
be completely different. In the case of the first compartment, depuration consists only (or almost
only) of the evacuation of the toxins and/or of the particles containing them from the lumen of the
digestive organs. In this case, the velocity of the depuration would be related to the rate of renewal of
the digestive system, and therefore to the gut passage time, which in turn, is related to the volume
of the ingested material. Neither the renewal rate nor the forms in which the toxins are present are
expected to be the same in the digestive diverticula and the remaining parts of the digestive system.
The digestive diverticula receive material that have already been processed in the stomach and which
have been subjected to post-ingestive selection. On the contrary, the stomach and gut contain materials
that are unprocessed, are being processed, or have been negatively selected due to their characteristics
and/or because of an excess amount of food to be processed. Typically, gut content is renewed within
hours, but renewing the diverticula content takes days.

Once the toxins are inside the cells, the depuration mechanisms involved are not very well known.
In the okadaic acid group at least, the degradation of the main toxin structural backbone does not
seem to be important in light of the existing mass balance studies [64]. As far as we know, no mass
balance of the pectenotoxins in the bivalves has been carried out, in part because of the methodological
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difficulties entailed in quantifying seco-acid esters. Hence, the possibility of the degradation of these
toxins cannot be ruled out. In fact, the formation of seco-acids could be considered a degradation of
the toxin as the structure is substantially modified by opening the macrolactone cycle and its toxicity
is lost.

Therefore, it seems that efflux from the cells would be the main process involved in depuration.
Efflux by means of passive diffusion is unlikely because, if that mechanism were important,
no accumulation of the toxins would take place. Thus, active efflux through the plasma membrane
would take place. This can be done by means of protein membrane transporters or by vesicular
transport. In the first case, a number of transporters may be involved, but only a few have been
studied. Martínez-Escauriaza [167] and Lozano [168] found in mussels exposed to okadaic acid,
an overexpression of genes that codify for membrane transporters, more precisely for a Multidrug
Resistance Protein (MDR1, P-glycoprotein) and a Multidrug Resistance-Related Protein (MRP2), both of
the ATP-Binding Cassette (ABC) type, which, as commented above, are related to the transport of
excess cholesterol and involved in the elimination of multiple xenobiotics from bivalve cells [169–176].
Huang et al. [177] found that the genes that codify for a p-glycoprotein (MDR type) were overexpressed
in the mussel Perna viridis after its exposure to the OA-producing dinoflagellate Prorocentrum lima.
Notwithstanding, some specific inhibitors of the activity of the equivalent protein in humans did not
increase the amount of OA accumulated by the mussels, which led the authors to suggest that MRP-type
proteins could be involved in the efflux of OA. It should be taken into account that inhibitors, known
to be effective in human transporter proteins, might be ineffective in their bivalve homologues [170].

The acylation of the molecules of the OA group seems to be an important step in depuration (with
the exception of short-term depuration), as most toxins found in bivalve feces are conjugated with fatty
acids [64] (+additional unpublished information). This depuration route holds true even for species
with a relatively low acylation capability for these toxins, such as the mussel Mytilus galloprovincialis,
and suggests that the main route for depuration is selective enough to exclude the free forms of the
toxins, which suggests that it includes a selective transporter. In fact, from that mussel, DTX2 which
esterifies to a lower percentage than OA, depurates more slowly [114,130,145,152].

Vesicular transport could also contribute to depuration. The formation of excretion spheres is a
common mechanism of digestive cells to eliminate unassimilated substances (Figures 4 and 8), and we
have observed that feeding toxic mussels with substances which bind OA and that cannot be easily
digested, like Diaion HP-20 (a synthetic resin) or Olestra (a polyester of sucrose with fatty acids,
from Procter and Gamble) substantially accelerated the depuration velocity [64] (Figure 9).

Suárez-Ulloa et al. [166] found that genes related to vesicle-mediated transport are overexpressed
in the mussel digestive gland after exposure to the OA producer dinoflagellate Prorocentrum lima,
which could also support our findings with Diaion and Olestra.

The depuration rates of these toxins are also dependent on the bivalve species and the toxin. It is
difficult to extract reliable depuration rates from the literature because they have been obtained in
different ways, and in many cases, do not consider all the processes that could affect the amount of a
particular toxin in the bivalve body, for instance: (a) In some cases, the change in the toxin burden
of the bivalves was used to estimate the rates; however, in many other instances, toxin concentration
was used, which means that the estimates are affected by changes in body weight. (b) The whole
body was used in some cases, and the digestive gland alone in others. (c) The total amount of a toxin
or a particular form of the toxins has also been used. In the former case, the estimated depuration
rate is the real depuration rate, but if a particular form of a toxin (free form, for example) is used,
then the depuration rate obtained is only apparent because the actual rate is increased by the loss of
that form of the toxin—not only by depuration but also by transformation to other forms (for example
to acyl-derivatives). Moreover, it is decreased by the transformation of other forms to it (for example
from diol-esters to OA) (see some examples in Figure 8, in which some forms of the toxins that do
not depurate in the model, have “apparent” depuration rates higher than the forms that are actually
depurated). (d) In the cases in which depuration was estimated from bioassay or immunoassay data,
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the estimates are affected by the toxin profile and its changes. The following data should therefore be
considered rough approximations.

Figure 8. Cells of a digestive tubule after being fed with particles of titanium oxide and colloidal
graphite showing the formation and expulsion of excretory spheres containing these materials.
Reproduced with permission from Owen [98], published by Company of Biologists 1955.

Figure 9. Content in okadaic acid of mussels at the start of the depuration period and after one week.
Initial = start of the experiment. Control, Olestra, and Diaion HP20 = after one week being fed with
Tetraselmis suecica (control), supplemented with Olestra and Diaion HP20.

In general, the elimination of OA, usually estimated by fitting a first-order exponential
decay, is relatively fast in all molluscs. In cultured Galician mussels Mytilus galloprovincialis,
average depuration rates were around 0.17 to 0.07 day−1 or even less at the final part of the depuration
phase [44,114,178,179]; 0.19 in M. galloprovincialis in the Adriatic sea [180]; and 0.13 in Portugal [130];
approx. 0.13 for Briton and Mediterranean mussels, respectively [181]; 0.05 for M. edulis from
Norway [145] and 0.13 from Denmark [182]; between 0.07 and 0.17 for Donax trunculus [130,183],
0.22 for Spisula solida [130], and 0.23 for Perna viridis [184].
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In general, the estimates of the depuration rates for DTX1 and DTX2 are equal to or lower than
for OA [114,145,152]. In Mytilus galloprovincialis and Donax trunculus—species with low esterification
rates—DTX1 and DTX2 are depurated more slowly than OA, which also seems to be true for species
with a moderate esterification capability, such as the European oyster Ostrea edulis [145]. In several
species with high esterification rates, like the cockle Cardium edule and others, OA and DTX2 appear to
be depurated at similar rates [130,152]. The most likely reason is that these toxins are mostly (after the
first steps) depurated as esters, and considering that depuration is proportional to the concentration of
the toxin to be depurated, a lower proportion of esters leads to a lower depuration rate.

Very few studies have examined the depuration of esters. Vale [130,152] estimated the depuration
rates of OA and DTX2 esters to be higher than those of their free form counterparts, but the opposite
was found by Lindegarth et al. [145]. This could be explained because the number of accumulated esters
is determined by the balance between esterification and depuration, and consequently, the estimated
depuration is only “apparent” and not the real one.

The estimation of the depuration of pectenotoxins is even more inaccurate than that of the toxins
of the okadaic acid group because it is impossible to measure the total toxin. In toxins of the OA group,
it is possible to transform all chemical forms into free toxins by hydrolysis, but this is not possible
with pectenotoxins due to their instability under extreme pH conditions. For example, the estimates of
the depuration of PTX2 are overestimated because it is simultaneously depurated and transformed
into PTX2sa. The estimates corresponding to PTX2sa are on the one hand, overestimated because it is
transformed into PTX2sa-acyl esters, and on the other, underestimated because it derives from PTX2.
Even if all these steps are combined in a model, it would be difficult to obtain a correct estimate because
it is not possible to quantify all PTX2-acyl esters due to the huge number of possible combinations of
fatty acids and locations in the molecule of the esterified hydroxyls.

The “apparent” depuration rate of PTX2 was estimated to be 0.09 day−1 for the Norwegian blue
mussel Mytilus edulis and the flat oyster Ostrea edulis [145]. In another mussel, M. galloprovincialis,
in Portugal, the estimated rate was much higher (0.6–1.1 day−1), as was the case of the cockle Cerastoderma
edule (1–3 day−1) [152] and the Chilean surf clam Mesodesma donacium [132]. In the Norwegian and
Portuguese species, the “apparent” depuration rates of PTX2 were higher than those of OA.

The “apparent” depuration rate of PTX2sa in the flat oyster and M. edulis from Norway were
similar to that of PTX2 (0.1 and 0.09 day−1, respectively) [145]. In the two species studied in
Portugal, C. edule depurated at a slower rate (0.38 day−1) and M. galloprovincialis at a similar rate
(1.04 day−1) [152]. In Mesodesma donacium the “apparent” depuration rate showed a decreasing
trend with the degree of biotransformation, ranging from 0.3 day−1 for PTX2 to 0.2 day−1 for
palmytoyl-PTX2sa, with an intermediate value of 0.23 day−1 for PTX2sa [132].

8. Accumulation Kinetics and Modeling

Different models have been used to describe the accumulation kinetics of lipophilic and
hydrophilic toxins [185]. For toxin acquisition, the simplest approach assumes a constant feeding rate
(K), and a toxin uptake that depends on the feeding rate, the toxin content of the water (TCW), and the
absorption efficiency

dTox/dt = K · TCW · (AE) (1)

where TCW can be computed by multiplying the toxic cell concentration in water (Cellwater) by the
toxin content per cell (Toxcell)

dTox/dt = K · Cellwater · Toxcell · AE (2)

When, after entering the digestive gland, toxins are distributed to other organs or tissues,
a multicompartment (usually a two-compartment) model could be used, where the main compartment
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(compartment 1) acquires the toxin and then it loses a part to the second compartment. In such a case,
losses are usually assumed to be proportional to the amount or concentration of toxin

dTox1/dt = K · Cellwater · Toxcell · AE − TR1-2·Tox1 (3)

dTox2/dt = + TR1-2·Tox1 (4)

where subindices refer to the compartment and TR is the Transfer Rate between compartments.
When large differences are found in cell concentration in the water, then it might be necessary

to express AE (absorption efficiency) as a function of the available cell (or particle) volume which
determines the gut passage time (GPT), and consequently the AE, and even to express the feeding rate
K as a function of the cell or seston concentration (see Sections 2 and 3).

When several toxins or toxin derivatives are present, including biotransformations in the kinetic
models is mandatory. For example, if diol-esters or sulphated OA or DTXs derivatives (okadaates)
are present in Dinophysis cells, the free toxins are going to be released and the time course of their
abundance cannot be correctly described without transformations. This could explain the anomalies
in the accumulation kinetics found by Svensson [186]. Fernández et al. [114] and Moroño et al. [44]
included the transformation of these kinds of toxins into free forms, thus improving the model fitting
and obtaining what appears to be more realistic estimates of different rates in the model. In OA and
Okadaates, the equations would be:

dOA = K · Cellwater · OAcell · AE + HR · Okadaates (5)

dOkadaates/dt = K · Cellwater · Okadaatescell · AE − HR · Okadaates (6)

where OAcell and Okadaatescell are the concentrations of OA and Okadaates in the cells, and HR is the
rate of hydrolysis of Okadaates into OA.

Needless to say, several toxins, derivatives, and compartments could be included.
After the first steps of toxin acquisition, toxin losses due to depuration and/or metabolic

transformations of the compounds start to be quantitatively important and should be included in
the models. Both biotransformations (formation of 7-O-acyl derivatives (“DTX3”), for example) and
depuration are usually assumed to be dependent on the amount (or concentration) of the accumulated
toxin. The system of Equations (5) and (6) should be modified to include these two components.
Assuming that only 7-O-acyl esters are eliminated, the equation system would be the following:

dOA = K · Cellwater · OAcell · AE + HR · Okadaates − AR · OA (7)

dOkadaates/dt = K · Cellwater · Okadaatescell · AE − HR · Okadaates (8)

dDTX3 = + AR · OA − DR · DTX3 (9)

where DR is the depuration rate of “DTX3”.
It is clearly necessary to know the toxin forms that are depurated to correctly formulate a model.

In the toxins of the OA group, the 7-O-acyl esters appear to be the main toxin form that is depurated,
but in the case of pectenotoxins no information is available. Noticeable differences in the kinetics could
derive from the routes modeled, as can be observed in some examples in Figure 10.

In the initial steps of depuration, when the undigested toxin stored in the digestive system is
quantitatively important, it could be necessary to include an additional compartment and reformulate
the models to fit its kinetics. Some possible approaches have been suggested (for particulate matter) by
Penry [187].

The build-up of biomass can also be included in the models, thus allowing in this way to describe
and predict the allometric changes during the time-course of toxin accumulation.
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Figure 10. Models of the kinetics of OA and “DTX3” (A–D), the previous ones plus “DTX5” (E),
and PTX2, PTX2sa and its esters (F,G), after 40 days of intoxication (with constant cell abundance in
the environment) and 80 days of depuration. The blue line represents total toxin, black is “DTX5” or
PTX2, green shows OA or PTX2sa and red, DTX3 or PTX2sa esters. Kinetics with high acylation rate
(=0.3 day−1) with only DTX3 depuration (A), and with OA and DTX3 depuration at the same rate (B).
Kinetics with low acylation rate (0.05 day-1) with only DTX3 depuration (C), and with OA and DTX3
depuration at the same rate as in A and B (D). Same as C with input of OA and “DTX5” (50%) (E).
With depuration of the three forms of PTX2 (F) and with depuration of only PTX2sa esters (G).

Recently, a DEB (Dynamic Energy Budgets) model was developed for PSP toxins in the Pacific
oyster [188]. Models of this kind include the main metabolic processes of bivalves (including spawning)
and would be especially useful when long-term simulations are needed.

9. Perspectives

Many areas still need considerable efforts to gather the knowledge that would facilitate the
understanding and prediction of the accumulation of toxins produced by Dinophysis in bivalve
molluscs. When dealing with toxin acquisition, it is necessary to evaluate the effects of Dinophysis
populations on filtration and on the efficiencies of pre- and post-ingestive selection, as well as the
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precise mechanism involved in the toxin uptake by the bivalve cells. The mechanisms of depuration
for the different toxins, and their interconnection with biotransformation, should also be studied in
depth. The use of transcriptomic methodology is promising, but currently, the complexity of the results
obtained, together with the lack of knowledge of the precise functions of proteins with or without
mammal homologues, makes it difficult to obtain solid and interpretable results. Linking molluscan
genes (especially those that codify for membrane transporters) to their actual function would lead
to a considerable advance in the elucidation of the depuration mechanisms. It is also important to
know which forms of the toxins are eliminated from the bivalves, since they condition not only the
possible depuration mechanisms, but also the correct kinetics that should be modeled to obtain a good
prediction capability.

In addition to allowing for the development of more precise predictive models, a good knowledge
of the mechanisms involved in the accumulation of toxins from Dinophysis, would make it easier to
develop genetic selection programs, to obtain bivalves with a reduced ability to acquire toxins or
with an increased ability to eliminate them. It would also allow development of effective depuration
treatments for bivalve species with high commercial value.
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