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Figure 1. Microscopic examination of epithelioma papulosum cyprini cells infected with European chub
iridovirus. (A) Control flask at 48 h post-inoculation (hpi); (B) control flask 96 hpi; (C) infected flask
showing enlarged and refractile cells at 48 hpi; (D) infected flask showing enlarged and refractile cells
at 96 hpi. Scale bars are 50 um.

3.2. Transmission Electron Microscopy

Non-enveloped, hexagonal virus particles with electron-lucent or electron-dense cores were
observed within viral assembly sites in the cytoplasm of infected EPC cells (Figure 2). The mean
diameter of individual virus particles was 127 nm from opposite sides (n = 20, standard deviation = 9)
and 147 nm from apex to apex (n = 20, standard deviation = 10).

Figure 2. (A) Transmission electron photomicrograph of an epithelioma papulosum cyprini cell infected
with European chub iridovirus, displaying numerous non-enveloped, hexagonal viral particles within
the viral assembly site (labeled as V) in the cytoplasm. Scale bar is 1 um. (B) Higher magnification of
the virus particles. Scale bar is 250 nm.

3.3. Genome Annotation, Genetic and Phylogenetic Analyses

The de novo assembly of the 14,420,600 paired-end reads recovered a contiguous sequence of
128,216 bp with an overall coverage of 2948 reads/nucleotide. The %GC of the genome was 38.83,
and a total of 108 open reading frames (ORFs) were predicted (Table S1). Comparative genomic analysis
revealed the absence of one iridovirus core gene (ISKNV ORF 32R encoding putative thymidine kinase,
GenBank accession number AF371960; SDDV ORF 1251, GenBank accession number KR139659) in
Europoean chub iridovirus (ECIV). Eighty-seven genes showed the highest amino acid (AA) sequence
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identity to SDDV, seven genes to various members of the family Iridoviridae, and six genes to other
organisms (e.g., eukaryotes including fish and fungi). Eight genes were found to be unique to the ECIV
genome and did not display similarity to existing genes within the NCBI GenBank nr protein sequence
database. Of these, seven genes (ORFs 2, 5, 18, 58, 65, 82, and 89) were predicted as hypothetical
proteins, and ORF 66 predicted to be a chromosome segregation protein (Table S1). As with cherax
quadricarinatus iridovirus strain CQIV-CNO1 (GenBank acc. MF197913), shrimp hemocyte iridescent
virus isolate 20141215 (GenBank accession number MF599468), grouper iridovirus (GenBank accession
number AY666015), and Singapore grouper iridovirus (GenBank acc. no. AY521625), the ECIV ORF 84 is
predicted to encode an ubiquitin family protein. The ECIV ORFs 31 and 57 were predicted as members
of the serpin superfamily and showed the highest AA to SDDV ORFs 97L and 45R, respectively.
The ECIV encoded a HIRAN domain containing protein (ORF 49) and a family of ankyrin (ANK)
proteins (ORFs 3, 4, 44, 46,47, 63,92, 99, and 102) that ranged in size from 143 to 478 AA residues. Each
ECIV ANK protein possesses between 1 and 7 ANK motifs. ECIV ORF 97 was predicted to encode an
US22 protein and displayed the highest AA sequence identity (39.2%) to an US22 protein from Asian
swamp eel (Monopterus albus). The complete genome sequence of ECIV has been deposited in NCBI
GenBank under the accession number MK637631.

The ML analysis of the concatenated 25 iridovirus core gene sequences produced a well-resolved
and supported tree (Figure 3). The ECIV was found to be the sister species to the SDDV, which together
form the basal branch of the megalocytivirus tree. Genetic comparisons of the ECIV ATPase and
MCP nucleotide sequences to other megalocytiviruses ranged from 66.4 to 76.9% and 62.8 to 73.1%,
respectively (Tables S2 and S3). The highest identities were observed between ECIV and SDDV.
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Figure 3. Cladogram depicting the relationship of European chub iridovirus to 47 other members of
the family Iridoviridae based on 25 core genes. The Maximum Likelihood tree was generated using
1000 bootstraps and the branch lengths are based on the number of inferred substitutions, as indicated
by the scale. All nodes were supported by bootstrap values >80% except those labeled with black
circles. See Table 1 for virus abbreviations.
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4. Discussion

In this investigation, we report the complete genome sequence of a novel iridovirus isolated from
moribund European chub (Squalius cephalus) in England. The in vitro characteristics (i.e., enlarged,
rounded, and refractile cells), virion ultrastructure and morphogenesis (i.e., non-enveloped hexagonal
virus particles within the cytoplasm), and genetic/phylogenetic analyses supported the identification
of European chub iridovirus (ECIV) as a divergent megalocytivirus most closely related to the recently
described SDDV [21]. To our knowledge, this study represents the first isolation and genomic
characterization of a megalocytivirus in a cyprinid fish. The results of these studies add to a growing
body of literature on the host range and threat megalocytiviruses pose to wild and cultured fishes,
including their potential impacts in cyprinids [7].

The type species of the genus Megalocytivirus (Infectious spleen and kidney necrosis virus; ISKNV) exhibits
low host specificity, with strains infecting >150 species of freshwater, brackish, and marine fishes [7,30].
The recent characterization of the TSIV from Canadian threespine stickleback (Gasterosteus aculeatus) [20]
and SDDV from Asian seabass (Lates calcarifer) [21] have revealed the existence of genetically-divergent
megalocytiviruses that have been argued to represent new species. The discovery of iridoviruses
distantly related to ISKNV has stimulated discussion by members of the International Committee on
Taxonomy of Viruses study group on iridoviruses to begin re-evaluating the criteria used in defining
megalocytivirus species [13]. The genome annotation of ECIV revealed that it possesses 108 predicted
genes (including eight unique genes), and compared to other fully-sequenced megalocytivirus genomes,
ECIV has the longest genome and a low %GC content similar to SDDV. These data, taken together with
the genetic and phylogenetic analyses, suggest ECIV represents yet another novel megalocytivirus,
and we propose the formal species designation of European chub iridovirus to be considered for
approval by the International Committee on Taxonomy of Viruses.

The HIRAN domain-containing protein (ECIV ORF 49) is not observed in other viruses, except in
some bacteriophages [31], and displayed the highest amino acid (AA) sequence identity (39.1%) to the
protein of a zygomycete fungus (Basidiobolus meristosporus). The HIRAN domain has been found as a
standalone protein in a wide range of bacteria or fused to other catalytic domains in eukaryotes [31].
The HIRAN domain is predicted to function as a DNA-binding domain that recognizes damaged
DNA or stalled replication forks and recruits repair and remodeling enzymes to these sites [31].
Although a variety of DNA viruses encode serpin proteins, lymphocystis disease virus Sa isolate SA9
(ORF 50R; GenBank accession number KX643370), SDDV (ORFs 45R and 97L; GenBank accession
number KR139659), and ECIV (ORFs 31 and 57) are the only iridoviruses that possess these genes [32].
Recent studies have demonstrated that poxvirus-encoded serpins subvert host immune responses by
inhibiting the inflammatory response and apoptosis [33]. Megalocytiviruses are the only member of
the family Iridoviridae to encode ANK repeat proteins, and ECIV encodes the greatest number of copies
(ORFs 2, 5,18, 58, 65, 82, and 89) among members of the genus. ANK repeat proteins have also been
described in poxviruses, mimiviruses, and phycodnaviruses. The ISKNV ANK repeat protein (ISKNV
OREF 124L; GenBank accession number AF371960) has been shown to interfere with TNF-a-induced
NF-«kB activation, an important immune regulatory pathway [34]. Poxvirus-encoded ANK repeat
proteins are suggested to be involved with host cell tropism [35] and manipulation of the host cell
ubiquitin-proteasome machinery [36]. The US22 proteins are present in all megalocytiviruses, except
in SDDV and ISKNV, and these proteins are believed to counter diverse host immune responses by
interacting with specific host proteins [37,38]. The highest AA sequence identity of the ECIV US22
protein (ORF 97) to Asian swamp eel suggests it was acquired from a fish host.

The in vitro cultivation of megalocytiviruses is challenging, with propagation reported in a
handful of cell lines including the grunt fin cell line for RSIV and three spot gourami iridovirus [17,30],
the mandarin fish fry cell line for ISKNV [39], and the turbot fin cell line for TRBIV [40]. Commonly-used
cell lines failed in the propagation of the Banggai cardinalfish iridovirus, a strain of the ISKNV
genotype, including the epithelioma papulosum cyprini (EPC), bluegill fry (BF-2), chinook salmon embryo
(CHSE-214), and fathead minnow (FHM) cell lines [41]. Similarly, TSIV was refractory to culture on
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EPC, BF-2, and CHSE-214 cell lines [20]. In contrast, ECIV is less fastidious than other megalocytiviruses
growing on EPC, BF-2, CHSE-214, KF-1, and CCB cell lines. Whether the related SDDV shares similar
in vitro growth characteristics with ECIV remains to be determined as SDDV has only been tested and
cultivated in the seabass kidney cell line [21].

Future challenge studies will be needed to determine whether ECIV causes disease in European
chub and related cyprinids. These experiments will also help determine whether ECIV induces the
pathognomonic microscopic lesions (i.e., megalocytes with basophilic cytoplasmic inclusions) observed
in all other megalocytivirus infections to date [17,20,21,30]. Finally, the genomic sequence presented
here will facilitate the development of molecular diagnostic assays that could be used to determine the
prevalence of ECIV among European chub populations across Eurasia.

Supplementary Materials: The following are available online at http://www.mdpi.com/1999-4915/11/5/440/s1,
Table S1: Genome annotation of the European Chub iridovirus; Table S2: Genetic relationship among iridoviruses
measured as nucleotide sequence identity in the major capsid protein. Values for European chub iridovirus are
outlined in red. See Table 1 for virus abbreviations; Table S3: Genetic relationship among iridoviruses measured
as nucleotide sequence identity in the ATPase gene. Values for European chub iridovirus are outlined in red.
See Table 1 for virus abbreviations.
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Abstract: Different developmental stages of Artemia spp. (metanauplii, juveniles and adults) were
bath-challenged with two isolates of the Lymphocystis disease virus (LCDV), namely, LCDV SA25
(belonging to the species Lymphocystis disease virus 3) and ATCC VR-342 (an unclassified member
of the genus Lymphocystivirus). Viral quantification and gene expression were analyzed by qPCR
at different times post-inoculation (pi). In addition, infectious titres were determined at 8 dpi by
integrated cell culture (ICC)-RT-PCR, an assay that detects viral mRNA in inoculated cell cultures.
In LCDV-challenged Artemia, the viral load increased by 2-3 orders of magnitude (depending on
developmental stage and viral isolate) during the first 8-12 dpi, with viral titres up to 2.3 x 102
Most Probable Number of Infectious Units (MPNIU)/mg. Viral transcripts were detected in the
infected Artemia, relative expression values showed a similar temporal evolution in the different
experimental groups. Moreover, gilthead seabream (Sparus aurata) fingerlings were challenged by
feeding on LCDV-infected metanauplii. Although no Lymphocystis symptoms were observed in the
fish, the number of viral DNA copies was significantly higher at the end of the experimental trial and
major capsid protein (mcp) gene expression was consistently detected. The results obtained support
that LCDV infects Artemia spp., establishing an asymptomatic productive infection at least under the
experimental conditions tested, and that the infected metanauplii are a vector for LCDV transmission
to gilthead seabream.

Keywords: Lymphocystis disease virus; Artemia spp.; viral infection; Sparus aurata; viral transmission

1. Introduction

The family Iridoviridae comprises two subfamilies and six genera [1]. Three of them,
Lymphocystivirus, Megalocytivirus, and Ranavirus (subfamily Alphairidovirinae), infect ectothermic
vertebrates (amphibians, reptiles and bony fish), whereas the hosts for the other three genera, Iridovirus,
Chloriridovirus, and Decapodiridovirus (subfamily Betairidovirinae), are invertebrates (primarily insects
and crustaceans) [1-3].

Members of the genus Lymphocystivirus, collectively named as Lymphocystis disease virus (LCDV),
are the causative agents of the Lymphocystis disease (LCD) affecting a wide variety of freshwater,
brackish, and marine fish species [4]. The characteristic lesions of LCD are small pearl-like nodules
on fish skin and fins, grouped in raspberry-like clusters of tumorous appearance [5,6]. Although
this disease is rarely fatal, affected fish cannot be commercialized, provoking important economic
losses [7]. LCD is the main viral infection reported in gilthead seabream (Sparus aurata) aquaculture [8]
and it is caused by Lymphocystis disease virus 3 (LCDV-Sa). Two more species have been recognized
in the genus Lymphocystivirus—Lymphocystis disease virus 1 (LCDV1) and Lymphocystis disease virus
2 (LCDV-Q), that infect European flounder (Platichthys flesus) and Japanese flounder (Paralichthys
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olivaceus), respectively—and a number of isolates have been obtained from other LC-diseased fish
species, but their taxonomic position is unclear [1].

It is assumed that LCDV transmission occurs through the skin and gills of fish by direct contact
or by waterborne exposure [9,10]. However, viral transmission via the alimentary canal has been
demonstrated for gilthead seabream larvae feeding on LCDV-positive rotifers [11].

The brine shrimp Artemia (Crustacea, Branchiopoda, Anostraca) is an aquatic crustacean frequently
used for the feeding of postlarvae fish in aquaculture practice [12,13]. Several authors have considered
Artemia spp. nauplii as a possible source for the introduction of microorganisms into the rearing
systems, including bacteria, viruses, and protozoa [14-19], and in most studies, a mechanical carrier
stage, in which the pathogen does not multiplicate into the brine shrimp but accumulates in its
alimentary canal, has been proposed [16,19,20].

LCDV has been detected by PCR-based methods in Artemia cysts and nauplii/metanauplii collected
in gilthead seabream hatcheries [21,22]. In a previous study, we demonstrated that the nauplii become
easily contaminated with LCDV by immersion challenge. Furthermore, infectious LCDV persists
along the Artemia life cycle, with viral genome and antigens detected not only in the gut of adult
specimens, which could be related to a viral bioaccumulation process, but also in the ovisac in
females [21]. These findings suggest that Artemia might act as a reservoir of LCDV and could support
viral replication.

The aim of the present study was to investigate the susceptibility of different developmental
stages of Artemia spp. to LCDV and to elucidate its role as a vector for LCDV transmission to
gilthead seabream.

2. Materials and Methods

2.1. Brine Shrimp Culture

Artemia spp. cysts (Artemia AF, INVE Aquaculture Inc., Salt Lake City, UT, USA) were decapsulated
using a mixture of sodium hypochlorite (0.5 g active chlorine per gram of cysts) and sodium hydroxide
(0.15 g/g cysts), following a standard procedure [23]. Residual hypochlorite was neutralized with
sodium thiosulfate (0.1%, w/v, 5 min). Decapsulated cysts were hatched in sterile seawater (33 g/L
salinity) at 26 °C [12]. After a 48 h incubation, hatched instar II nauplii were separated from the
unhatched and empty cysts and transferred to aquaria with fresh sterile seawater. Nauplii were reared
to the adult stage at 26 °C, with continuous aeration and a 24 h photoperiod, and fed with a commercial
phytoplankton-based food (Mikrozell-Hobby, Dohse Aquaristik GmbH, Grafschaft-Gelsdorf, Germany).
Different developmental stages (nauplii, metanauplii, juveniles and adults) were taken from this
stock at 4, 8, 14, and 21 d post-hatching (dph), respectively, and used in the experimental infections
described below.

2.2. LCDV Infection in Brine Shrimp

The infectivity of LCDV to different developmental stages of Artemia (metanauplii, juveniles
and adults) was tested by immersion challenge, using an inoculum of 102 TCIDsy/mL during 24 h
as specified by Cano et al. [21]. After the challenge, animals were filtered through a synthetic net,
washed three times for 5 min each in sterile seawater, transferred to aquaria with fresh sterile seawater,
and maintained as specified above.

Two LCDV isolates were used for the challenges—LCDV SA25 from gilthead seabream (belonging
to genotype VII and identified as LCDV-Sa) [24,25], and LCDV strain Leetown NFH (ATCC VR-342;
genotype VIII). Brine shrimps at the same developmental stages inoculated with Leibovitz’s L-15
medium (Gibco, Life Technologies, Carlsbad, CA, USA) were used as control groups.

Pooled samples of brine shrimp, approximately 100 mg in weight, were collected from each
experimental group at several times post-inoculation (pi) (1, 3, 5, 8, 12, 15, and 23 dpi). The animals
were washed with sterile seawater as specified above, gently dried on sterile filter paper, and frozen in
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liquid nitrogen. Samples were ground in liquid nitrogen using a Mixer Mill MM400 (Retsch GmbH,
Haan, Germany), and subsequently used for both nucleic acid extraction and virological analysis.

2.3. Gilthead Seabream Challenge with LCDV-Infected Artemia

Gilthead seabream fingerlings (0.5-1 g) were obtained from a research marine aquaculture facility
with no record of LCD. Prior to the experiment, 10 fish were randomly collected and analyzed by
real-time PCR (qPCR) [22] to ensure that they were LCVD-free. The fish were divided into two groups
(50 individuals per group) and stocked at a density of 2 g/L in aquaria with filtered seawater. Fish were
maintained at 20-22 °C and a 12-h photoperiod, and fed with commercial pellets (Gemma PG 0.8,
Skreeting, Burgos, Spain) at a feeding rate of approximately 5% fish body weight per day.

Artemia nauplii were inoculated by immersion with LCDV isolate SA25 or Leibovitz’s L-15
medium as previously specified. At 8 dpi, metanauplii were washed with sterile seawater and used to
feed gilthead seabream fingerlings. The presence of LCDV in brine shrimp (two samples of 100 mg per
experimental group) was determined by qPCR following the procedure described in Section 2.6.

For the oral challenge, fingerlings were fed once with metanauplii that had been inoculated with
LCDV or L-15 medium (challenged and control groups, respectively) at a concentration of 0.2 g/L.
The following day, the commercial diet was resumed, and fish were maintained at the conditions
indicated above for 30 d. Fingerlings were euthanized by anaesthetic overdose (150 mg/mL MS-222,
Sigma-Aldrich, St. Louis, MO, USA). All procedures were carried out following the European Union
guidelines for the protection of animals used for scientific purposes (Directive 2010/63/UE).

Seven gilthead seabream fingerlings from both the oral challenged and control groups were
randomly sampled at7, 12, and 24 dpi. Samples, consisting of the caudal part of the body (approximately
the posterior one third of the fish body), were homogenized in L-15 medium (10%, w/v) [26] and used
for nucleic acid extraction.

2.4. Virological Analysis

A total of 50 mg of brine shrimp tissue powder was suspended in 1 mL of Leibovitz’s L-15
medium supplemented with 2% r-glutamine, 1% penicillin-streptomycin and 2% foetal bovine serum,
and clarified by centrifugation (10,000x g for 5min at 4 °C) (Rotina 38R centrifuge, Hettich, Kirchlengern,
Germany). These homogenates were used to inoculate SAF-1 cells [27], BF-2 cells for homogenates
from LCDV ATCC VR-342 infected animals, or were kept at —20 °C until used for virus titration.
Cell cultures were maintained at 20 °C until the appearance of cytopathic effects (CPE) (up to 14 dpi).
Infectious titres were determined in SAF-1 or BE-2 cells using the ICC-RT-PCR assay described by
Valverde et al. [25]. Briefly, cells were inoculated in triplicate with ten-fold serial dilutions of the
homogenates and harvested at 5 dpi for total RNA extraction using a commercial kit. After DNase I
treatment, one step RT-PCR was performed using primers targeting the major capsid protein (1mcp)
gene. Amplification products were denatured and detected by blot-hybridization using a specific DNA
probe. Viral titre, expressed as MPNIU/mL, was estimated using an MPN table with a confidence level
of 95%.

2.5. DNA and RNA Extraction and cDNA Synthesis

Total DNA and RNA were extracted from 20 mg of tissue powder (brine shrimp samples) or
200 pL of homogenate (fish samples) using the Illustra triplePrep Kit (GE Healthcare, Chicago, IL,
USA), following the manufacturer’s instructions. Total RNA was treated with RNase-free DNase I
(Sigma-Aldrich) for 30 min at 37 °C. RNA purity and quantity were determined using a NanoDrop
1000 (Thermo Scientific, West Palm Beach, FL, USA). After DNase treatment, total RNA was used in the
qPCR reaction in order to control for the absence of viral genomic DNA. First-strand DNA synthesis
was carried out with 1 pug of total RNA and random hexamer primers using the Transcriptor First
Strand cDNA Synthesis Kit (Roche Life Science, Indianapolis, IN, USA). DNA and cDNA were stored
at —20 °C until used as template for qPCR.
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2.6. LCDV DNA Quantification and Gene Expression

Viral DNA quantification was carried out by qPCR using the methodology described by
Valverde et al. [22]. Viral loads were expressed as copies of viral DNA per milligram of tissue.

The mcp gene expression was analyzed as an indicator of viral productive infection. Relative
quantification of mcp gene expression was carried out by RT-qPCR, following the protocol mentioned
above but using 20 puL final volume reactions and cDNA generated from 200 ng of the original
RNA template.

For LCDV-challenged Artemia, relative viral gene expression values were calculated using
the comparative delta-Ct method with Artemia actin expression used for normalization. Primers
for Artemia actin gene detection by qPCR (Art-actin-F: 5'-GGTCGTGACTTGACGGACTATCT-3/,
and Art-actin-R: 5'- AGCGGTTGCATTTCTTGTT-3’) were designed using Primer Express Software
v3.0 (Applied Biosystems, Life Technologies, Carlsbad, CA, USA) based on the sequence obtained
from GenBank (accession no. X52602.1). No significant differences in Ct values were observed for
this housekeeping gene between different experimental groups during the course of the infection
(CV =1.02%, Kruskal-Wallis test H = 2.27, p = 0.13).

In the case of gilthead seabream fingerlings challenged by feeding, normalized relative mcp
expression levels were calculated by applying the formula F = logyg [(E + 1)%0-CtN] [28], where E is
the amplification efficiency of the qPCR, Ct (threshold cycle) corresponds to the PCR cycle number,
N is the maximal number of viral DNA copies/mg of tissue detected minus the number of viral DNA
copies/mg of tissue determined by absolute qPCR for the sample, and Ct of 40 arbitrarily corresponds
to “no Ct” by qPCR. In this challenge, results obtained for viral DNA quantification and relative gene
expression were analyzed using a Mann-Whitney U test followed by a Holm—-Bonferroni correction for
multiple comparisons.

3. Results

3.1. Infection of Artemia spp. by LCDV

To establish if LCDV replicates in Artemia spp. cells, experimental infections were carried out
using LCDV SA25 and three developmental stages of Artemia. The time course of the experimental
infection was studied by analyzing viral load and mcp gene expression in parallel. In challenged
metanauplii, the viral load increased by more than two orders of magnitude from the first to the 8th
dpi (from 7.6 x 10° to 1.7 x 103 copies of viral DNA/mg of tissue). The viral load remained above
102 copies of viral DNA/mg during the entire sampling period (Figure 1A). In juveniles and adults,
the time course of the infection was similar to that obtained for metanauplii, reaching the maximal
value at 8 dpi (6.7 X 10% and 7 x 10% copies of viral DNA/mg of tissue, respectively) (Figure 1A). Relative
expression of viral mcp transcripts showed a similar temporal evolution for the three experimental
groups analyzed, reaching the highest value at 8 dpi (Figure 1B). Neither LCDV genomes nor mRNA
were detected in brine shrimp inoculated with L-15 medium (control groups).
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Figure 1. Temporal evolution of viral loads (A) and relative major capsid protein (1ncp) gene expression
values (B) in different developmental stages of Artemia inoculated with Lymphocystis disease virus
(LCDV) SA25.

No CPE could be observed in cell cultures inoculated with LCDV-infected Artemia homogenates
and maintained up to 14 dpi. Nevertheless, by using the ICC-RT-PCR assay, viral infectious titre
determination was carried out at 8 dpi. The estimated viral titres were 9.3 x 10! MPNIU/mg for
metanauplii and juveniles, and 2.3 x 10> MPNIU/mg for infected adults.

Viral load and mcp gene expression were also investigated in Artemia metanauplii challenged with
LCDV ATCC VR-342. Viral load reached the maximal value at 12 dpi (1.7 X 102 copies of viral DNA/mg
of tissue), and the same was observed for relative viral gene expression (Figure 2). In this case, the viral
titre at 8 dpi was 7.5 MPNIU/mg, one order of magnitude lower than obtained in metanauplii infected
by LCDV SA25.

In any of the experimental groups, clinical signs or mortality were not observed in the
Artemia cultures.
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Figure 2. Temporal evolution of viral loads (A) and relative mcp gene expression values (B) in Artemia
metanauplii inoculated with LCDV ATCC VR-342.

3.2. LCDV Transmission to Gilthead Seabream Fingerlings

Artemia metanauplii used for fingerlings feeding were infected by LCDV, as demonstrated by
gPCR, with an estimated viral load of 1.2 + (0.1) X 10® copies of viral DNA/mg of tissue, whereas
metanauplii in the control group remained LCDV-negative.

In fingerlings fed on the LCDV-positive metanauplii (challenged group), LCDV was detected by
qPCR in all fish and at all time points analyzed. At 7 dpi, the estimated viral load ranged between 10.6
and 26.8 copies of viral DNA per mg of tissue. Five days later, viral loads were significantly higher
(p < 0.01), and they remained at similar values at 24 dpi (Figure 2A). No LCD symptoms were observed
in these fish at the end of the experiment (30 dpi). The mcp gene expression was also detected in all fish
analyzed, with the highest F-value observed at 12 dpi (Figure 3B). Neither LCDV genomes nor mRNA
were detected in fish from the control group (i.e., fed on metanauplii inoculated with L-15 medium).
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Figure 3. Viral loads (A) and relative mcp gene expression values (B) in gilthead seabream fingerlings
orally challenged with LCDV-positive Artemia metanauplii (mean + standard deviation; n = 7). Different
letters indicate significant differences (p < 0.01) (Mann-Whitney U-test, Holm—Bonferroni correction).

4. Discussion

A number of studies have confirmed the role of Artemia nauplii as vectors for several crustacean
viruses, such as Macrobrachium rosenbergii nodavirus (MrNV), hepatopancreatic parvo-like virus (HPV),
white spot syndrome virus (WSSV), and infectious myonecrosis virus (IMNV) [29-32]. In addition,
Artemia appears to be susceptible to some of these viruses, including WSSV and MrNV, with the
infection being asymptomatic [33,34]. Regarding fish pathogens, Artemia nauplii have proven to be
a mechanical vector only in the case of microsporidia and Vibrio anguillarum [35,36], although some
studies have shown that they could also accumulate viral pathogens and protozoa [16,19,37].

Previous studies demonstrated that infectious virus could be detected in Artemia nauplii inoculated
with LCDV-Sa by immersion and the virus persisted to the adult stage, and from adults to reproductive
cysts [21]. These results led us to consider the hypothesis that Artemia spp. could be susceptible to
LCDV infection, acting as reservoir and biological vector for LCDV.

The results obtained in the experimental infections carried out demonstrated that Artemia spp.
could be infected by LCDV at different developmental stages, since viral loads increased during the
course of the experiments. In addition, viral transcripts were also detected, showing a similar temporal
evolution. Thus, Artemia spp. seems to be a susceptible host for LCDV, at least in experimental
conditions, with the resulting infection being asymptomatic. This is the first description of a fish virus
that also infects invertebrates. Viral loads and infectious titres estimated in LCDV-infected Artemia
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were higher than those previously obtained for subclinically infected gilthead seabream fingerlings or
juveniles [25,28,38].

During the course of the experimental infections, particularly in those performed with metanauplii
and juveniles, brine shrimps kept growing, doubling or tripling in size, and completed their life
cycle, becoming adults. Thus, viral loads expressed per mg of tissue are difficult to interpret, and do
not reflect actual viral loads per individual. Taking this into account, the number of genome copies
probably increased in each brine shrimp specimen during the experimental trial.

Viral replication kinetics were similar in the experimental infections carried out with different
developmental stages of Artemia. Nevertheless, relative viral gene expression values were higher
in metanauplii compared to juveniles or adults infected by LCDV SAZ25, although this difference
was not reflected in infectious titres. Differences in relative viral expression values were observed
in metanauplii infected by both viral isolates, which might indicate that viral infectivity is variable
among LCDV genotypes or that Artemia susceptibility to these isolates differs.

On the other hand, gilthead seabream fingerlings fed on LCDV-infected metanauplii became
infected, as demonstrated by the increase in the number of LCDV DNA copies during the experimental
period, and the detection of viral transcripts in these animals. Estimated viral loads were consistent
with those previously reported for asymptomatic infections in gilthead seabream [25]. These results
indicate that Artemia metanauplii can be a vector for LCDV, participating in viral transmission to
gilthead seabream via the alimentary route under laboratory conditions that mimics those used in
aquaculture farms. Whether Artemia is also a reservoir host for LCDV remains to be investigated.

In conclusion, the results demonstrate that LCDV establishes a productive infection in Artemia
spp., at least under the experimental conditions tested, which extend the host range of the genus
Lymphocystivirus to crustaceans. Furthermore, our study confirms that Artemia metanauplii act as a
vector for LCDV transmission to gilthead seabream fingerlings.

Author Contributions: Conceptualization and experimental design, ].J.B. and D.C.; investigation, E.J.V.; formal
analysis and visualization, E.J.V. and A.M.L.; writing—original draft, ].J.B. and D.C.; writing—review and editing,
JJ.B., D.C. and A.M.L.; all authors read and approved the final manuscript.

Funding: This study has been supported by a project from Junta de Andalucia (P12-RNM-2261) granted to
J.J. Borrego.

Conflicts of Interest: The authors declare no conflict of interest.

References

1. Chinchar, V.G; Hick, P;; Ince, I.A.; Jancovich, ] K.; Marschang, R.E.; Qin, Q.; Subramaniam, K.; Waltzek, T.B.;
Whittington, R.J.; Williams, T.; et al. ICTV virus taxonomy profile: Iridoviridae. ]. Gen. Virol. 2017, 98, 890-891.
[CrossRef] [PubMed]

2. Chinchar, V.G.; Kwang, H.Y.; Jancovich, ].K. The molecular biology of Frog virus 3 and other iridoviruses
infecting cold-blooded vertebrates. Viruses 2011, 3, 1959-1985. [CrossRef] [PubMed]

3. Jancovich, JK; Qin, Q.; Zhang, Q.-Y; Chinchar, V.G. Ranavirus replication: Molecular, cellular,
and immunological events. In Ranaviruses: Lethal Pathogens of Ectotermic Vertebrates; Gray, M.J., Chinchar, V.G.,
Eds.; Springer OPEN: Heidelberg, Germany, 2015; pp. 71-104.

4. Borrego, ].J.; Valverde, EJ.; Labella, AM.; Castro, D. Lymphocystis disease virus: Its importance in
aquaculture. Rev. Aquac. 2017, 9, 179-193. [CrossRef]

5. Sarasquete, C.; Gonzalez de Canales, M.L.; Arellano, J.; Perez-Prieto, S.I.; Garcia-Rosado, E.; Borrego, J.J.
Histochemical study of lymphocystis disease in skin of gilthead seabream, Sparus aurata, from the South
Atlantic coast of Spain. Histol. Histopathol. 1998, 13, 37-45. [PubMed]

6. Smail, D.A.; Munro, A.L.S. The virology of teleosts. In Fish Pathology, 3rd ed.; Roberts, R.]., Ed.; W.B. Saunders:
Edinburgh, UK, 2011; pp. 169-253.

7. Masoero, L.; Ercolini, C.; Caggiano, M.; Rossa, A. Osservazioni preliminary sulla linfocisti in una maricoltura
intensive italiana. Riv. Ital. Piscic. Ittiopatol. 1986, 21, 70-74.

158



Viruses 2019, 11, 506

10.

11.

12.

13.

14.

15.

16.

17.

18.

19.

20.

21.

22.

23.

24.

25.

26.

27.

28.

29.

Colorni, A.; Padroés, F. Diseases and health management. In Sparidae: Biology and Aquaculture of Gilthead Sea
Bream and Other Species; Pavlidis, M., Mylonas, C., Eds.; Wiley-Blackwell: Oxford, UK, 2011; pp. 321-357.
Bowser, P.R.; Wooster, G.A.; Getchell, R.G. Transmission of walleye dermal sarcoma and lymphocystis via
the waterborne exposure. J. Aquat. Anim. Health 1999, 11, 158-161. [CrossRef]

Wolf, K. Fish Viruses and Fish Viral Diseases; Cornell University Press: Ithaca, NY, USA, 1988.

Cano, I; Valverde, E.J.; Garcia-Rosado, E.; Alonso, M.C.; Lopez-Jimena, B.; Ortiz-Delgado, ].B.; Borrego, J.J.;
Sarasquete, C.; Castro, D. Transmission of lymphocystis disease virus to cultured gilthead seabream,
Sparus aurata L., larvae. J. Fish Dis. 2013, 36, 569-576. [CrossRef] [PubMed]

Lavens, P.; Sorgeloos, P. Manual on the Production and Use of Live Food for Aquaculture; FAO Fisheries Technical
Paper No. 361; FAO: Rome, Italy, 1996; 295p.

Sorgeloos, P; Dhert, P.; Candreva, P. Use of the brine shrimp, Artemia spp., in marine fish larviculture.
Aquaculture 2001, 200, 147-159. [CrossRef]

Austin, B.; Allen, D.A. Microbiology of laboratory hatched brine shrimp (Artemia). Aquaculture 1982, 26,
369-383. [CrossRef]

Mendez-Hermida, F.; Gomez-Couso, H.; Ares-Mazas, E. Artemia is capable of spreading oocysts of
Cryptosporidium and the cysts of Giardia. ]. Eukaryot. Microbiol. 2006, 53, 432-434. [CrossRef]

Mortensen, S.; Evensen, O.; Rodseth, O.; Hjeltnes, B. The relevance of infectious pancreatic necrosis virus
IPNV in farmed Norwegian turbot Scophthalmus maximus. Aquaculture 1993, 115, 245-252. [CrossRef]
Muroga, K.; Higashi, M.; Keitiku, H. The isolation of intestinal microflora of farmed red seabream Pagrus major
and black seabream Acanthopagrus schlegeli larval juvenile stages. Aquaculture 1987, 65, 79-88. [CrossRef]
Nicolas, J.L.; Robic, E.; Ansquer, D. Bacterial flora associated with a trophic chain consisting of microalgae,
rotifers and turbot larvae: Influence of bacteria on larval survival. Aquaculture 1989, 83, 237-248. [CrossRef]
Skliris, G.P.; Richards, R.H. Assessment of the susceptibility of the brine shrimp Artemia salina and rotifer
Brachionus plicatilis to experimental nodavirus infections. Aquaculture 1998, 169, 133-141. [CrossRef]
Overstreet, R.M.; Stuck, K.C.; Krol, R.A.; Hawkins, W.E. Experimental infection with Baculovirus penaei in
white shrimp Penaeus vannamei (Crustacea: Decapoda) as a bioassay. . World Aquac. Soc. 1988, 19, 175-187.
[CrossRef]

Cano, I.; Lopez-Jimena, B.; Garcia-Rosado, E.; Ortiz-Delgado, ].B.; Alonso, M.C.; Borrego, J.J.; Sarasquete, M.C.;
Castro, D. Detection and persistence of lymphocystis disease virus in Artemia sp. Aquaculture 2009, 291,
230-236. [CrossRef]

Valverde, E.J.; Cano, L; Labella, A.; Borrego, ].J.; Castro, D. Application of a new real-time polymerase chain
reaction assay for surveillance studies of lymphocystis disease virus in farmed gilthead seabream. BMC Vet.
Res. 2016, 12, 71. [CrossRef]

Moretti, A.; Fernandez-Criado, M.P; Cittolin, G.; Guidastri, R. Manual on Hatchery Production of Seabass
and Gilthead Seabream; Food and Agriculture Organization of the United Nations (FAO): Rome, Italy, 1999;
Volume 1, pp. 75-82.

Cano, L; Valverde, E.J.; Lopez-Jimena, B.; Alonso, M.C.; Garcia-Rosado, E.; Sarasquete, M.C.; Borrego, J.J.;
Castro, D. A new genotype of Lymphocystivirus isolated from cultured gilthead seabream, Sparus aurata L.,
and Senegalese sole, Solea senegalensis (Kaup). J. Fish Dis. 2010, 33, 695-700. [CrossRef]

Valverde, E.J.; Borrego, J.J.; Castro, D. Evaluation of an integrated cell culture RT-PCR assay to detect and
quantify infectious lymphocystis disease virus. J. Virol. Methods 2016, 238, 62—-65. [CrossRef]

Alonso, M.C.; Cano, I; Garcia-Rosado, E.; Castro, D.; Lamas, J.; Barja, J.L.; Borrego, J.J. Isolation of
lymphocystis disease virus from sole, Solea senegalensis Kaup, and blackspot sea bream, Pagellus bogaraveo
(Briinnich). J. Fish Dis. 2005, 28, 221-228. [CrossRef]

Bejar, J.; Borrego, J.J.; Alvarez, M.C. A continous cell line from the cultured marine fish gilt-head sea bream
(Sparus aurata L.). Aquaculture 1997, 150, 143-153. [CrossRef]

Valverde, E.J.; Borrego, ].J.; Sarasquete, M.C.; Ortiz-Delgado, J.B.; Castro, D. Target organs for lymphocystis
disease virus replication in gilthead seabream (Sparus aurata). Vet. Res. 2017, 48, 21. [CrossRef] [PubMed]
Da Silva, SSM.B.C.; Lavander, H.D.; De Santana Luna, M.M.; Da Silva, A.O.M.E.; Galvez, A.O,;
Coimbra, M.R.M. Artemia franciscana as a vector for infectious myonecrosis virus (IMNV) to Litopenaeus
vannamei juvenile. |. Invertebr. Pathol. 2015, 126, 1-5. [CrossRef] [PubMed]

159



Viruses 2019, 11, 506

30.

31.

32.

33.

34.

35.

36.

37.

38.

Sivakumar, V.K; Sarathi, M.; Venkatesan, C.; Sivaraj, A.; Sahul Hameed, A.S. Experimental exposure of
Artemia to hepatopancreatic parvo-like virus and subsequent transmission to post-larvae of Penaeus monodon.
. Invertebr. Pathol. 2009, 102, 191-195. [CrossRef] [PubMed]

Sudhakaran, R.; Yoganadhan, K.; Ishaq Ahmed, V.P.; Sahul Hameed, A.S. Artemia as a possible vector for
Macrobrachium rosenbergii nodavirus (MrNV) and extra small virus transmission (XSV) to Macrobrachium
rosenbergii post-larvae. Dis. Aquat. Org. 2006, 70, 161-166. [CrossRef] [PubMed]

Zhang, ].S.; Dong, S.L.; Dong, Y.W.; Tian, X.L.; Cao, Y.C.; Li, Z].; Yan, D.C. Assessment of the role of brine
shrimp Artemia in white spot syndrome virus (WSSV) transmission. Vet. Res. Commun. 2010, 34, 25-32.
[CrossRef]

Li, Q.; Zhang, J.; Chen, Y.; Yang, F. White spot syndrome virus (WSSV) infectivity for Artemia at different
developmental stages. Dis. Aquat. Org. 2003, 57, 261-264. [CrossRef]

Sudhakaran, R.; Ishaq Ahmed, V.P; Haribabu, P.; Mukherjee, S.C.; Sri Widada, J.; Bonami, J.R,;
Sahul-Hameed, A.S. Experimental vertical transmission of Macrobrachium rosenbergii nodavirus (MrNV) and
extra small virus (XSV) from brooders to progeny in Macrobrachium rosenbergii and Artemia. |. Fish Dis. 2007,
30, 27-35. [CrossRef]

Grisez, L.; Chair, M.; Sorgeloos, P.; Ollevier, F. Mode of infection and spread of Vibrio anguillarum in turbot
Scophthalmus maximus larvae after oral challenge through live feed. Dis. Aquat. Org. 1996, 26, 181-187.
[CrossRef]

Olson, R.E. Laboratory and field studies on Glugea stephani (Hagenmuller), a microsporidan parasite of
pleuronectid flatfishes. ]. Protozool. 1976, 23, 158-164. [CrossRef]

Mendez-Hermida, F.; Gomez-Couso, H.; Ares-Mazas, E. Possible involvement of Artemia as live diet in the
transmission of cryptosporidiosis in cultured fish. Parasitol. Res. 2007, 101, 823-827. [CrossRef] [PubMed]
Valverde, E.J.; Cano, I; Castro, D.; Paley, R.K.; Borrego, J.J. Rapid and sensitive detection of Lymphocystis
disease virus genotype VII by loop-mediated isothermal amplification. Food Environ. Virol. 2017, 9, 114-122.
[CrossRef] [PubMed]

® © 2019 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
@ article distributed under the terms and conditions of the Creative Commons Attribution
BY

(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

160



viruses MBPY

Technical Note
eDNA Increases the Detectability of Ranavirus
Infection in an Alpine Amphibian Population

Claude Miaud "*(©, Véronique Arnal !, Marie Poulain !, Alice Valentini > and Tony Dejean >

1 CEFE, EPHE-PSL, CNRS, Univ. Montpellier, Univ Paul Valéry Montpellier 3, IRD, Biogeography and
Vertebrate Ecology, 1919 route de Mende, 34293 Montpellier, France; veronique.arnal@cefe.cnrs.fr (V.A.);
marie.poulain@cefe.cnrs.fr (M.P.)

2 SPYGEN, 17 Rue du Lac Saint-André, 73370 Le Bourget-du-Lac, France; alice.valentini@spygen.com (A.V.);
tony.dejean@spygen.com (T.D.)

*  Correspondence: claude.miaud@cefe.cnrs.fr; Tel.: +33-(0)4-67-61-33-43

check for
Received: 15 March 2019; Accepted: 4 June 2019; Published: 6 June 2019 updates

Abstract: The early detection and identification of pathogenic microorganisms is essential in order
to deploy appropriate mitigation measures. Viruses in the Iridoviridae family, such as those in the
Ranavirus genus, can infect amphibian species without resulting in mortality or clinical signs, and
they can also infect other hosts than amphibian species. Diagnostic techniques allowing the detection
of the pathogen outside the period of host die-off would thus be of particular use. In this study,
we tested a method using environmental DNA (eDNA) on a population of common frogs (Rana
temporaria) known to be affected by a Ranavirus in the southern Alps in France. In six sampling
sessions between June and September (the species’ activity period), we collected tissue samples from
dead and live frogs (adults and tadpoles), as well as insects (aquatic and terrestrial), sediment, and
water. At the beginning of the breeding season in June, one adult was found dead; at the end of
July, a mass mortality of tadpoles was observed. The viral DNA was detected in both adults and
tadpoles (dead or alive) and in water samples, but it was not detected in insects or sediment. In live
frog specimens, the virus was detected from June to September and in water samples from August
to September. Dead tadpoles that tested positive for Ranavirus were observed only on one date (at
the end of July). Our results indicate that eDNA can be an effective alternative to tissue/specimen
sampling and can detect Ranavirus presence outside die-offs. Another advantage is that the collection
of water samples can be performed by most field technicians. This study confirms that the use of
eDNA can increase the performance and accuracy of wildlife health status monitoring and thus
contribute to more effective surveillance programs.
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1. Introduction

Amphibians are often considered ecosystem health indicators (“the canaries in the coal mine”, [1])
due to their permeable skin, their sensitivity to environmental disturbance, and their often biphasic
(requiring water and land) life cycle (e.g., [2]). Over 40% of the more than 7000 species that have been
evaluated are classified as threatened today, and the main cause of the disappearance or decline of
amphibian populations is the degradation and destruction of their habitats [3]. Emerging infectious
diseases (EIDs) are also causing drastic amphibian declines worldwide [4-6], and the chytridiomycosis
panzootic has been involved in the decline of at least 501 amphibian species over the past half-century,
including 90 presumed extinctions [7]. Ranaviruses (family Iridoviridae)—double-stranded DNA
viruses that infect fish, reptiles, and amphibians [8]—are considered the second most common
infectious cause of mortality in amphibians [9,10]. These viruses have caused amphibian die-offs on
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five continents [11]. The common midwife toad virus (CMTV) [12] is a Ranavirus that has been causing
amphibian die-offs since 2005 in Spain [10]. Since then, CMTV-related mortality has been recorded in
other European countries, affecting several amphibian species in both Anura and Caudata [13,14].
The rapid and accurate identification of pathogenic microorganisms is essential for the early
detection of infection and the deployment of appropriate mitigation measures [15]. Several field studies
have reported Ranavirus-infected amphibians that do not present clinical signs or histological changes
(e.g., [16]). The use of molecular techniques to identify microbial pathogens (e.g., see reviews in [17] for
fungus and [18] for viruses) has considerably improved detection possibilities. Molecular tools applied
to environmental samples are now widely used to identify infectious agents [19] and are particularly
promising for the early detection of aquatic pathogens that can be introduced by non-native species
(e.g.,[20]). In the last decade, the DNA detection of pathogens in environmental samples (e.g., in water)
has been performed successfully to identify several metazoan parasites, fungi (Chytrid and Oomycota),
and Ranaviruses [21-28]. By comparing water samples and the Ranavirus infection status of wood frog
tadpoles (Lithobates sylvaticus) in several ponds in north-eastern Connecticut in the United States, Hall
et al. (2016) [24] demonstrated a strong relationship between the viral load in environmental DNA
(eDNA) and larval tissues, indicating the effectiveness of eDNA-based Ranavirus detection in the field.
In Europe, Ranavirus infections and die-offs have been described in four amphibian families and
ten species [8,13]. One of these species is the common frog (Rana temporaria), which is experiencing
population die-offs in alpine lakes [13]. This study had two key aims: (1) To describe the infection status
of different potential hosts of Ranavirus (common frog adults, tadpoles, and insects) and ecosystem
compartments (sediment and water) in an alpine lake during the activity period (summer), both prior to
and after an observed die-off; and (2) to use the eDNA method to detect Ranavirus during this infection
event. We also compared previous studies using eDNA to detect Chytrids and Ranavirus to provide
some recommendations for a more effective implementation of water sampling in monitoring programs.

2. Materials and Methods

2.1. Study Area

The study was conducted in Mercantour National Park in the south-eastern Alps in France.
The sampled area consisted of several small lakes and a pond. Balaour pond (44.1082 N, 7.3742 E)
is 25 x20m, and 2355 m a.s.l. It lies at a distance approximately 100 m from the closest lake.
The maximum depth is 1.5 m, and the bottom is granitic rock, partly covered by a shallow (max 0.10 m)
sedimentary layer of mud. There is no macrophytic vegetation.

The common frog R. temporaria uses these kinds of water bodies for breeding and hibernation in
this alpine region [29]. In the study area, the common frog is the only amphibian species present, and
it breeds only in Balaour pond (no breeding in the neighboring lakes). Many lakes are stocked with
brown trout (Salmo trutta), and the common minnow (Phoxinus phoxinus), which is used as bait, has
also been introduced in the lakes. However, there are no trout or minnows in the studied pond.

2.2. Water Temperature

The water temperature during the study was recorded using two data loggers (model iBCod 21G,
Maxim/Dallas Semiconductor Inc., San Jose, CA, USA, accuracy +/— 1 °C). These were attached to a
PVC tube (50 mm diameter; 40 cm in length) with one end glued to a 20 x 20 cm polystyrene float.
One logger was positioned just below the float, and the other was positioned 25 cm from the first
logger. They were programmed to record the temperature every two hours. The device was set in
the field at 14:00 on the first day of the survey (11 June 2016) and remained there until 10:00 on the
last day (19 September 2016). To do this, a 2 m high metallic pole was staked into the ground in the
middle of Balaour pond (depth about 1 m). The PVC tube was then fitted to the pole with the float
at the top. The data loggers were at a depth of about 5 and 30 cm, respectively. The PVC tube and
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float were designed to follow changes in water level so the data loggers recorded temperatures at a
constant depth.

2.3. Amphibian Sampling

Sampling was carried out at Balaour pond on six dates between June and September in 2016
(Table 1), covering the developmental period of embryos and tadpoles in this region and at this altitude.

Table 1. Sampling at Balaour pond in 2016.

Date

Samples

10-11 June 23-24 June 08 July 27 July 15-16 August 19 September
Tadpole alive 5(9-11) ! 5 (24-25) 5 (30) 5(35-39) 5(39-41) 5 (43-45)
Tadpole dead - - - 10 (35-39) -
Adult alive 2 5 5 5 0 1 5
Adult dead 1 - - - - -
Terrestrial insects > 1 1 1 1 1 1
Aquatic insects + 1 1 1 1 1 1
Sediment 1 1 1 1 1 1
Water © 1 1 1 1 1 1

1 Stage of development (based on Gosner stages [30]); 2 the distal phalange of the second forelimb toe was collected
from adults caught in water; > one sample per date, consisting of all flying insects caught with three yellow plates
placed around the pond and then pooled together; * one sample per date, consisting of all aquatic insects caught by
dip-netting in the pond and then pooled together; 5 one sample of sediment per date, consisting of 20 subsamples
collected around the pond and then pooled together; © one sample of water per date, consisting of 20 subsamples
collected around the pond, filtered and pooled together (see M&M for more details).

The pond was visually scanned to detect tadpoles and adults resting on the bottom. Live tadpoles
were caught by a dip-net (mesh 1 mm). They were stored in individual plastic bottles (1.5 mL) filled
with 95% ethanol. Dead tadpoles were collected and stored similarly. Live adults were caught by a
dip-net (5 mm mesh), and the distal phalange of the second forelimb toe was collected and stored
individually in a snap-cap tube (1.5 mL) filled with 95% ethanol. Disposable gloves were used and
changed between each sampling, and the material (scissors and pliers) was soaked in ethanol and
passed through a flame between each sample collection. The dead adults were collected with the
dip-net and stored in a plastic bottle (300 mL) filled with 95% ethanol. Table 1 shows the sample size
and developmental stages [30] of the tadpoles and adults collected. The toe clipping allowed us to
check that unique adult specimens were sampled during the study period.

2.4. Insect Sampling

Both terrestrial and aquatic insects were collected in the six sampling sessions (Table 1). Terrestrial
insects were collected using three yellow plastic plates placed on the ground about 10 m from the edge
of the pond. These plates were filled with water and one drop of domestic detergent. After one hour
of sampling, the flying insects found dead in the liquid were collected and stored in a 15 mL plastic
bottle filled with 95% ethanol. Aquatic insects were caught by dip-netting (1 mm mesh), mostly in the
shallow area of the pond (less than 0.60 m deep). To limit contamination with the surrounding water,
each specimen was removed with needle-nose pliers and washed with distilled water. The aquatic
insects collected on the same date were stored in the same 15 mL plastic bottle filled with 95% ethanol.

2.5. Water Sampling

The field survey method was modified from that used in [31]. Using a sterile water-sample
dipper, a 100 mL water sample was collected at 20 locations equally spaced around the edge of Balaour
pond, resulting in a pooled sample of approximately 2 L contained in a sterile self-supporting plastic
bag. Samples were collected from the top 0.10 m of the water column preceded by a gentle circular
movement with the sampling ladle. Surveyors stood on the pond bank without entering the water to
avoid possible contamination from their boots or from stirring up sediment. The 2 L water sample was
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homogenized by gently shaking the bag to ensure the eDNA was evenly mixed throughout the sample,
and the whole 2 L water sample was then filtered directly in the field through a VigiDNA 0.45 pm filter
(SPYGEN, Le Bourget du Lac, France) using a sterile 100 mL syringe. The filter was filled with 80 mL
of a CL1 conservative buffer (SPYGEN) and stored at room temperature before DNA extraction.

2.6. Sediment Sampling

At each of the six sampling sessions, sediment (approximately 10 mL) was collected from 20
locations evenly distributed around Balaour pond. Each sediment sample was collected approximately
0.5 m from the shoreline using a sterile syringe (20 mL) pushed into the top 5 cm of sediment. The 20
samples were placed into a shared sterile bag, mixed together, and then stored in a sterile wide-neck
barrel (1L).

2.7. Ranavirus Detection in Frogs, Tadpoles and Insects

From the adult frogs, a small piece (2 mm?) of tissue was collected: Liver tissue from dead
specimens (which were dissected) and toe tissue from live specimens. For small tadpoles, the total
tadpole was used (e.g., individuals <10 mm, Gosner stage 25). For larger tadpoles (Gosner stages
30-45), individuals were dissected, and a total tissue volume of about 2 mm? was collected, mostly
composed of the liver and heart. For both aquatic and terrestrial insects, specimens were grouped per
date of sampling and crushed together in 5 mL of 95% ethanol. A subsample of 1.5 mL was collected
for DNA analysis.

The DNA was extracted with a REDExtract-N-Amp Plant Kit (Sigma-Aldrich-Merck, Darmstadt,
Germany) by incubating a piece of tissue or the bulk of insects in 50 pL of extraction solution at 95 °C
for 20 min after ethanol evaporation (56 °C for 30 min). An equal volume of dilution solution was
added to the extract to neutralize inhibitory substances before a polymerase chain reaction (PCR).

The Tagman real-time quantitative PCRs were performed following the protocol described in
detail in [13], using primers and probes designed by Leung et al. (2017) [32]. All assays were performed
in triplicate. Ranavirus DNA, provided in several densities by Stephen Price (Zoological Society,
London, UK), was used to calibrate the standard curve.

A sample was considered positive if the amplification curves were similar to those in positive
controls (i.e., shape, cycle threshold, values, and > 0.1 genomic equivalent), and at least two replicates
gave positive amplification. If only one well resulted in a positive signal, the sample was rerun and
was considered positive if at least two wells gave a positive amplification signal. The results were
expressed in terms of genomic equivalent (GE) and prevalence (number of positive samples/total
number of samples).

2.8. Ranavirus Detection in Sediment

The sediment samples were weighed, and a similar weight of a saturated phosphate buffer
(NapHPOy; 0.12 m; pH ~ 8) was added, as described in [33]. The DNA extraction was performed
using a commercial kit for soil DNA (NucleoSpin® Soil; Macherey-Nagel, Diiren, Germany), following
the manufacturer’s instructions. The PCR amplifications were performed following the protocol
previously described for amphibian tissue and insects.

2.9. Ranavirus Detection in Water

For the water samples, DNA extraction was performed following the protocol described in [34]
in a dedicated room for water DNA extraction equipped with positive air pressure, UV treatment,
and frequent air renewal. Before entering this extraction room, personnel used a connecting zone to
change into full protective clothing, comprising a disposable body suit with hood, mask, laboratory
shoes, overshoes, and gloves. All workbenches were decontaminated with commercial bleach, diluted
to achieve a 0.5% sodium hypochlorite solution, before and after each manipulation. For DNA
extraction, each filtration capsule, containing the CL1 buffer, was agitated for 15 min on an S50 shaker
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(cat Ingenieurbtiro™) at 800 rpm, and then the buffer was emptied into a 50 mL tube before being
centrifuged for 15 min at 15,000 g. The supernatant was removed with a sterile pipette, leaving 15 mL
of liquid at the bottom of the tube. Subsequently, 33 mL of ethanol and 1.5 mL of 3 M sodium acetate
were added to each 50 mL tube and stored for at least one night at —20 °C. The tubes were centrifuged
at 15,000x g for 15 min at 6 °C, and the supernatants were discarded. After this step, 720 uL of an
ATL buffer from the DNeasy Blood & Tissue Extraction Kit (Qiagen, Hilden, Germany) was added.
The tubes were then vortexed, and the supernatants were transferred to 2 mL tubes containing 20 uL of
Proteinase K. The tubes were then incubated at 56 °C for two hours. Subsequently, DNA extraction was
performed using NucleoSpin®Soil (MACHEREY-NAGEL GmbH & Co., Diiren, Germany) starting
from step 6 and following the manufacturer’s instructions. The elution was performed by adding
100 puL of a SE buffer twice. After DNA extraction, the samples were tested for inhibition using real-time
amplification following the protocol described in Biggs et al. (2015) [31], which involved adding a
synthetic DNA sequence to each sample and then trying to amplify it. None of the samples were
found to be inhibited. The samples were amplified using primers and probes designed by Leung et al.
(2017) [32]. The qPCR was carried out in 12 replicates on a final volume of 25 uL, using 3 uL of template
DNA, 12.5 uL of TagMan Environmental Master Mix 2.0 (Life Technologies, Carlsbad, CA, USA), 6.5 uL
of ddH20, 1 uL of forward primer and reverse primer, and 1 uL of probe (MCP_probe) using thermal
cycling at 50 °C for 5 min and 95 °C for 10 min, followed by 50 cycles at 95 °C for 30 s and 60 °C for
1 min. To detect potential contamination, qPCR negative controls and DNA extraction controls (with
12 replicates) were amplified in parallel. Standard curve calculations were based on three standards
(4.5 % 107, 4.5 x 10%, and 4.5 x 10 target copies per 3 uL) made from a plasmid containing the viral
MCP target. Samples were run on a BIO-RAD CFX96 Touch real-time PCR detection system in a room
dedicated to amplified DNA analysis with negative air pressure and physically separated from the
DNA extraction room.

The results were expressed in terms of the number of positive replicates/total number of replicates
per sample and the mean number of DNA copies (using the number of copies per Rv+ replicates)
per sample.

2.10. Ranavirus Identification

Viral DNA was obtained from 1 dead adult, 3 live adults, 5 dead tadpoles, and 5 live tadpoles.
These 14 samples were sequenced following the Mao et al. (1999) PCR method [35], using the BigDye
Terminator Cycle Sequencing kit (PE Biosystems, Thermo Fisher Scientific, Bleiswijk, Netherlands) on
an ABI Prism 3100 (Applied Biosystems, Foster City, CA, USA). The electropherogram was exported
and converted to Kodon (Applied Maths, Sint-Martens-Latem, Belgium), and, using the BLAST
program (default settings), the sequences were compared to Ranavirus sequences previously identified
in this region [15].

3. Results

3.1. Field Observations

At altitudes above 2000 m, the common frog breeds as soon as a small open body of water is
available. The breeding population in Balaour pond has long been observed, but the population size
has not been precisely estimated. The number of egg-masses is regularly around several hundred
(M.-F. Lecchia, pers.comm.).

AtSampling Session 1 (10-11 June 2016), the breeding season had started, and about 200 egg-masses
were counted. The embryos were at stages 9-11. Sixteen adults were observed in the water. One dead
frog was observed at the bottom of the pond. At Session 2 (23-24 June), the tadpoles (stages 24 and 25)
formed large aggregates on the remains of the spawn (jelly) along the pond shore. Fewer than 10 adults
were observed in the water. At Session 3 (8 July), the tadpoles (stage 30) were grouped along the pond
shore where the water temperature was highest. Five adults were observed in the water. At Session 4
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(27 July), the tadpoles (stages 35-39) were grouped along the pond shore. Dead tadpoles (about 250
counted) were observed on the bottom of the pond. Several individuals were observed with atypical
behaviour, such as slow movements when stimulated, lateral swimming, or lying on their back on the
pond bottom (about 50 counted). Most of the dead tadpoles were eaten by their congeners (Figure 1).
Only two adults were observed in the water. At Session 5 (15-16 August), the tadpoles (stages 39-41)
were more widespread in the pond, i.e., observed swimming beyond the 2 m strip near the shoreline.
While we did not estimate the (relative) density at each session, the number of live tadpoles observed
at Session 5 was clearly lower than at Session 4. No dead tadpoles were observed, nor tadpoles with
the previously described atypical behaviour. Only two adults were observed in the pond. At Session 6
(19 September), most of the tadpoles had metamorphosed or were very close to metamorphosis (stages
43-45) and were widespread along the pond shore, both in the water and on land. No dead tadpoles or
froglets were observed. Eight adults were observed in the pond.

Figure 1. Common frog Rana temporaria tadpoles feeding on their dead congeners (photo L. Miaud).

Terrestrial insects (Diptera, Chironomids, Hymenoptera, Rhopalocera, and ants) and aquatic
insects (Diptera, Heteroptera, and Odonata) were present around and in Balaour pond from June
to September.

The two data loggers allowed the water temperature to be recorded at the surface and at a depth
of 30 cm (Figure 2). The temperature increased from about 7 °C in mid-June to 14 °C at the beginning of
July. The mean temperature during the July-August sampling period was 14 °C + 4.3, with a maximum
of 20.5 °C (at the surface) and 20 °C (at a depth of 30 cm) in July. In September, the temperature
decreased to about 7 °C.
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Figure 2. Change in water temperature and Ranavirus prevalence and load in a pond where the mass
mortality of common frog tadpoles was observed. Water temperature was recorded at the surface
and 30 cm below the surface. Top row of histograms: Ranavirus DNA quantities in common frogs
(adults and tadpoles) and water samples (log scales, mean value, and SD). Bottom row of histograms:
Prevalence (number of Ranavirus positive specimens/total number of sampled specimens, with sample
size indicated above the bars). Developmental stages are based on Gosner stages; mortality was
observed only on July 27.

3.2. Ranavirus Detection in Organisms

Ranavirus was detected in several compartments of the studied ecosystem (Supplementary
Materials S1 and Figure 2) during the common frog activity period (June-September).

At Sampling Session 1 (10-11 June), the adult frogs present in the pond tested negative for
Ranavirus (hereafter Rv-). The dead frog found on the pond bottom tested positive for Ranavirus
(hereafter Rv+) with a genomic equivalent (GE) load of 2.83 x 10! (Supplementary Materials S1 and
Figure 2). At Session 2, 12 days later (23-24 June), three out of five adults were Rv+, with a mean GE of
0.43 +. 1.45 (n = 3). Adults caught in the water continued to be Rv+ (four out of five testing positive) at
Session 3 (8 July), with the highest mean GE (345 + 14.5, n = 4, Figure 2). No adults were sampled at
Session 4 (27 July). The individual caught at Session 5 (15-16 August) and the five caught at Session 6
(19 September) were all Rv- (Figure 2). Most of the frogs that reproduce in Balaour pond leave the
water after spawning to reach their surrounding terrestrial summer habitats. We did not catch adult
frogs on land, so we do not know the infection status of these adults.

One recently hatched tadpole, i.e., hatched for less than one week in the prevailing environmental
conditions at this altitude (water temperature about 6 °C, Figure 2 and [29]), of the five tested was
Rv+ (Table 2). Thereafter, live tadpoles were Rv+ until metamorphosis (Session 6; 19 September).
The prevalence of Ranavirus increased with time, reaching 100% (n = 5/5) at Session 5 (15-16 August),
and then dropped to 20% (1 = 1/5) at Session 6 (19 September) (Figure 2). The variation in mean GE
across the tadpole developmental period shows a rather low viral load until Session 4 (27 July) in live
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tadpoles, while the load in dead tadpoles was higher by an order of magnitude of 7 (107). After this
date, the GE values in live tadpoles stayed high (10%).

None of the terrestrial and aquatic insects collected from June to September tested positive for
Ranavirus.

3.3. Ranavirus Detection in Water

Water samples from the first two sampling sessions were Rv- (Figure 2). From Session 3 (8 July) to
Session 5 (15-16 August), the 12 qPCR replicates performed for each water sample were Rv+. Ranavirus
was still detected at Session 6 (19 September), though it had the lowest detectability (5/12 replicates).
The number of DNA copies (Figure 2) reached its maximum on 27 July (by an order of magnitude of 2),
when the dead tadpoles were also observed with a high GE load. However, the GE values in infected
live tadpoles and the number of DNA Ranavirus copies in water were not significantly correlated
(Spearman rank correlation R = 0.25, p > 0.05).

3.4. Ranavirus in Sediment

All the qPCR replicates were negative for the samples collected at Sessions 1, 2, 4, and 6. At Sessions
3 and 5, 1 qPCR of the three was positive for both samples; these two samples were rerun. Only one
positive replicate was observed again, so the two sediment samples were also considered negative.

3.5. Ranavirus Identification

The sequences obtained from the DNA extracted from dead tadpoles (1 = 5), live tadpoles (n = 5),
dead adults (n = 1), and live adults (n = 3) were 100% identical to the CMTV (GenBank accession
number JQ231222) isolated from a common midwife toad (Alytes obstetricans; [12]) and an alpine newt
(Ichthyosaura alpestris) in Spain [36]. This Ranavirus has been identified as the etiologic agent of the
mass mortality of the common frogs observed in the region [13].

4. Discussion

4.1. Seasonal Dynamics of Ranavirus Epidemics in a Common Frog Population

The common frogs (tadpoles and adults, dead and alive) testing positive for Ranavirus (CMTYV, [12])
in Balaour pond in 2016 confirm the widespread distribution of this pathogen in the south-eastern
Alps [13].

At the first sampling session (10 June), egg-masses had been deposited in the pond, but only
16 adults were observed in the water, and they did not exhibit breeding behavior. Spawning in the
common frog is synchronous and short in duration [37]. On this date, one dead adult was observed
in the water. This specimen was Rv+. Of the live adults, 5 specimens were Rv-, while 1 out of 5 live
tadpoles was Rv+. Of the few adults that remained in the pond until July, some were Rv+, but no
further adult mortality was observed in the pond. In contrast, tadpoles suffered mass mortality at the
end of July, when they reached developmental stages 35-39. Ranavirus was not detected in the sampled
insects (aquatic or terrestrial), nor in the sediment collected during the summer activity period.

Sampling different life stages of organisms, as well as biotic and abiotic components, is necessary
to provide a comprehensive view of Ranavirus dynamics (e.g., [38]). The observed dynamics in Balaour
pond raise several questions: Ranavirus (including CMTV) is often highly pathogenic, and adult
mass mortalities in common frog populations have been described in this region [13]. Yet adult mass
mortality was not observed in Balaour pond in 2016. The breeding population is estimated to consist
of at least 400 breeding adults (based on the observation of approximately 200 egg-masses in the pond
and assuming an unbiased sex ratio [39]). Frog mass mortality is easily detectable in these small alpine
ponds, so it is unlikely that an adult die-off went undetected. While frog aggregation during breeding
can potentially foster pathogen transmission [40,41], the small fraction of adults that remained in the
water after breeding was not infected at the beginning of the activity season. We have no data on
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the infection status of adults coming to breed or leaving the water after breeding, and the source and
timing of the Ranavirus introduction remain unknown. It is unlikely that Ranavirus persists in the pond
water from one year to the next [42], so it may be that sub-lethally infected adults (hibernating in water
or on land) expose hatchlings to Ranavirus each year. Other reservoir species may also contribute to
seasonal epidemics [43]; Ranavirus has been detected in fish in neighboring lakes [13]. However, the
studied pond is free of fish, and the other communities we tested (aquatic and terrestrial insects) were
Rv-. The characteristics of Ranavirus persistence from year to year in this pond remain to be studied.

In contrast to adults, tadpoles did suffer mass mortality. Rapid and synchronous mass mortality
of tadpoles in frog populations is well known [38]. The sudden introduction of a virus can be the cause
of such a die-off, but this does not seem to be the case in Balaour pond, as Ranavirus was detected from
the very beginning of the activity season. The existence of a window of host susceptibility mediated
by environmental conditions (e.g., temperature) may contribute to this pattern (e.g., [38]). Ranavirus
epidemics often occur during late spring or summer and can begin and end within weeks [38,44—47].
Infected tadpoles in Balaour pond were observed throughout the activity season (from June to
September), i.e., from early developmental to pre-metamorphosis stages, while tadpoles died in mass
only at the end of July, at stages 35-39 (Figure 2). Hall et al. (2018) [38] observed that Ranavirus
prevalence reached high levels (>50%) in wood frog tadpoles up to six weeks before mass mortality.
High prevalence was also observed in the common frog population one month before the mass mortality
in our study. In the wood frog [38], mortality occurred when tadpoles reached developmental stages
(hind limb formation) that coincide with higher water temperatures (>15 °C). Several studies indicate
that the pathogenicity of Ranavirus depends on the individual’s developmental stage, with the most
susceptible stage varying between species [10,11,43,44]. In our study, the tadpole die-off was found to
coincide with the highest virus load in tadpole tissue (Figure 2, [48,49]). The accumulation of infectious
dead tadpoles may also facilitate transmission (Figure 1, [50-52]). Water temperature, independent of
developmental stage, has been shown to increase virus pathogenicity [53]. Common frog tadpoles
suffer greater mortality at 20 °C than at 15 °C, whether exposed to Ranavirus (FV3) or not [54]. The mass
mortality of tadpoles observed in Balaour pond corresponded with the highest temperature recorded
during the sampling period (Figure 2, 20 °C at the surface). However, no mortality was observed
at the beginning of July or the end of August, when similar high temperatures were recorded. The
respective and interacting roles of water temperature and tadpole developmental stage on Ranavirus
pathogenicity remain to be studied in this common frog population.

4.2. Designing Pathogen Surveys Using eDNA and Occupancy Models

Diagnosing Ranavirus infection in amphibians requires collecting samples from either live
individuals (e.g., a piece clipped from the tail or toe or skin swabs [55-57]) or dead individuals (e.g., a
sample from the liver) [55]). However, Ranavirus can also resist adverse conditions (e.g., the drying out
or freezing of a host carcass) and can then be shed into the water from infected individuals [58,59].
While viruses are rapidly degraded by microbes and zooplankton predation in water [42], they
can remain detectable for at least seven days [60]. Water sampling and eDNA testing can thus
indicate the presence of the pathogen; Hall et al. (2016) demonstrated that in ponds where wood frog
tadpoles were Rv+, collected water samples also revealed the presence of Ranavirus DNA [24]. Other
pathogens have also been detected using water samples—several metazoan parasites [26,61,62], chytrid
fungus [21-25,27,63,64], and the Oomycota fungus Aphanomyces astaci, the causative agent of crayfish
plague [28]—demonstrating the usefulness of eDNA for detecting pathogen infections in wildlife.
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Table 2 summarizes different methods used to collect water for pathogen detection (Chytrids
and Ranavirus). The most usual method is to collect water samples that are then filtered in the field.
The filters are then stored until DNA extraction and amplification in the laboratory. The sampling
design varies, e.g., discrete samples may be filtered separately or combined before filtering (Table 2).
The location of the water sampling also differs, from rather exhaustive sampling (e.g., at approximately
equidistant locations around the site) to solely where the presence of the pathogen would be expected
(e.g., locations where frogs or tadpoles have been present). Water collection and filtering procedures are
simple and have been used by non-experts in a citizen science program [65]. Clearly, the detection of a
pathogen in water samples depends on its density (DNA quantities) and distribution (e.g., continuous
or patchy) in the studied site. Several estimates concerning sampling effort are available; Julian et al.
(2019) evaluated that as few as five water samples (Table 2) taken in June or July can detect both Bd and
Ranavirus with 95% confidence [65]. In another study, every pond with Ranavirus-infected tadpoles
tested positive with just three 250 mL water samples (Table 2, [27]). In our study, Ranavirus detection
from water samples was effective in four out of six sessions, i.e., 66.6% detectability. In contrast, mass
mortality was observed on only one date, i.e., 16.6% detectability. When live tadpoles were collected
and molecular diagnostics performed, the presence of the pathogen was detected throughout the six
sampling dates (100% detectability). Increasing the number of water samples will increase the cost of
the molecular diagnostics, but pooling the samples before filtration allows a good sampling coverage
of the study area at a reasonable cost. When the distribution of the pathogen (or the potential hosts) is
known, we recommend to perform a pilot study to optimize the number (or volume) of water samples.
Without preliminary knowledge, the screening of the site can be based on samples spaced evenly along
the entire site circumference, then combined in one water samples which is then filtered to collect DNA.

Nonetheless, most pathogen detection tests are imperfect, resulting in false negatives when a
pathogen is present but not detected. False negatives can occur when specimens or water samples
are collected in the field, from organs in infected hosts (histological diagnostics) or in PCR replicates
(molecular diagnostics). To address this, multi-scale occupancy models [66] can be used to develop a
species distribution model to estimate the proportion of sites where a species or a pathogen occurs [67],
even when detection is imperfect. This statistical framework is particularly suitable for eDNA analyses
in which replicates (and thus detection probability) are present at the different steps of the method [68];
for example, it has been recommended in disease ecology [69]. Table 2 provides some studies that used
eDNA to detect Bd or Ranavirus as well as occupancy models to estimate pathogen prevalence. Naive
prevalence (i.e., estimated prevalence without taking into account imperfect detection) can lead to the
underestimation of Bd prevalence in ponds [23]; estimating correct prevalence requires taking multiple
samples per site (Table 2). Replicates to evaluate detection probabilities can be temporal (i.e., sampling
the same site at least three occasions) or spatial (i.e., sampling in at least three locations in the site) [66].

5. Conclusions

Inferring the health status of common frogs or ecologically similar amphibian species based
only on the observation of mass mortality events in breeding sites runs the risk of missing potential
infections. A better strategy is to sample amphibian tissue (adults and/or tadpoles) during, for example,
the tadpole developmental phase and then perform molecular diagnostics. As this requires invasive
techniques, administrative authorizations for protected species and/or protected areas and specific
materials to collect and store the samples are needed. In some cases, catching frogs and tadpoles can
be challenging, and tissue sampling requires a certain level of technical competence (and, sometimes,
certified training). In light of these challenges, our results confirm previous findings that eDNA can
be an effective alternative, since the temporal window for detecting the pathogen is rather large,
collecting water samples is simple and can be performed by most field technicians, and, moreover, no
specimen has to be caught, manipulated, or sacrificed. Moreover, applying a sampling design based
on occupancy modelling (e.g., replicates allowing the evaluation of detection probability) provides
prevalence estimates that are comparable between sites or years. As a biodiversity inventory method
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in marine and freshwater environments, eDNA has been extraordinarily successful; likewise, it holds
clear potential for improving disease surveillance programs and increasing the performance of wildlife
health status monitoring.
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Abstract: Ranaviruses began emerging in common frogs (Rana temporaria) in the United Kingdom
in the late 1980s and early 1990s, causing severe disease and declines in the populations of these
animals. Herein, we explored the transmission dynamics of the ranavirus(es) present in common frog
populations, in the context of a simple susceptible-infected (SI) model, using parameters derived from
the literature. We explored the effects of disease-induced population decline on the dynamics of the
ranavirus. We then extended the model to consider the infection dynamics in populations exposed
to both ulcerative and hemorrhagic forms of the ranaviral disease. The preliminary investigation
indicated the important interactions between the forms. When the ulcerative form was present in
a population and the hemorrhagic form was later introduced, the hemorrhagic form of the disease
needed to be highly contagious, to persist. We highlighted the areas where further research and
experimental evidence is needed and hope that these models would act as a guide for further research
into the amphibian disease dynamics.

Keywords: transmission modelling; susceptible-infected (SI) models; emerging infection; ranavirosis;
Iridoviridae; disease dynamics

1. Introduction

Ranaviruses are double-stranded DNA viruses in the Iridoviridae family that can infect ectothermic
vertebrates [1] and are found worldwide [2]. Ranaviruses cause systemic hemorrhaging and edema in
amphibian, reptile, and fish hosts [3]. In amphibians, mortality can occur in only three days in very
susceptible host species and life history stages [4], resulting in die-offs of both adults and larvae, in
Europe [5,6], and tadpoles and metamorphs, in North America [7,8]. Ranaviruses have been shown to
alter amphibian population dynamics, with declines of the common frog (Rana temporaria) in the United
Kingdom [9] and whole amphibian communities in Spain [10]. Additionally, population simulation
models have shown that ranaviruses could potentially cause the local extinction of populations of
three, highly susceptible species of the United States anurans [11,12]. However, these models do not
include the transmission dynamics, which are not well-understood and could potentially alter host
population dynamics. Farrell et al. [13] modeled host population declines in the case of the highly
pathogenic Ambystoma tigrinum virus (ATV), but they found that extinction of host populations would
not occur even in the cases where the host population was severely reduced. These diverse conclusions
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showed that there were many different possible outcomes of ranavirus infections that influenced
disease dynamics, and they appeared to be system-specific.

Mathematical models are helpful tools for understanding transmission dynamics and the
persistence of pathogen and host populations [14,15]. Models might help determine which transmission
conditions are most likely, given the information about disease dynamics in wild populations. In the
case of the ranavirus, Brunner and Yarber [16] developed a model which suggested that ranavirus
transmission from water and scavengers are likely minimal in most circumstances. Previous attempts
have also been made to formalize the transmission dynamics at, both, the species level [17] and at
the community level [18]. Most models have been based on North American amphibian populations
or communities. The dynamics of amphibian-ranavirus systems in the UK, the ranavirus-common
frog (Rana temporaria) system, are distinctly different from those in North America and thus require
specific investigation.

Here, we developed susceptible-infection (SI) models for ranavirus infection in common frogs, in
the UK. The ranavirus—common frog system in the UK differs from the infection/disease dynamics
seen in North American anuran species, because infections in eggs or tadpoles of wild populations
are absent, for the most part [19,20], despite experimental evidence that tadpoles can be infected and
have died with signs of ranavirosis. Given this information, the route of transmission in common frogs
is most likely among adults. With the benefit of long-term data sets on the persistence of ranavirus
infections in common frogs, we know that the ranavirus can persist in adult frog populations for
many years [9] and involves at least two distinct disease syndromes (hemorrhagic and ulcerative) with
variations in the prevalence of disease, across sites and years [21]. We, therefore, developed SI models
to test the hypothesis that ranaviruses have the potential to remain in the UK common frog populations,
under various conditions, with only horizontal transmission between adults. We examined scenarios
with host population declines that included both ranavirus syndromes.

2. Basic Model Formulation

In the simplest case, we used an SI model with no recovery, based on the high mortality rate
associated with ranavirus infection. We followed the method for developing mathematical models
described by Otto and Day [22]. The population consisted of recruits (Ag), susceptible individuals
(Ag), and infected individuals (A;) and mortality occurred at two different rates—natural mortality
(My) and mortality due to disease (Mp). We assumed that the adult population size remained constant
(i.e., mortality was fully compensated irrespective of the cause of death), all recruits to the population
were susceptible to the ranavirus, and all individuals were equally susceptible to infection. The contact
rate (V) was defined as the number of different individuals that one animal physically contacts, the
likelihood of transmission (o) was the probability of transmission given the physical contact, and
Ry was the basic reproductive rate of the virus. We used a discrete time model, because common
frogs aggregate annually for breeding and we assumed that transmission primarily occurred from
contacts during breeding. We also assumed that mortality due to disease occurred primarily during
summer; ranavirus-associated mortality peaks between mid-July and mid-August, after breeding, has
previously been concluded [20]. (See Figure 1 for a schematic view of the important life history events
and timing.) Based on the above assumptions, we developed the following equations:

As(t +1) = As(t) — oF-As(t)-Ar(t) — Mn(b) + Ar() )
At +1) = A(t) + oA (t)-Ag(t) — [Mn(t) + Mp ()] @
Ro = 0¥-As(t)/[Mn(t) + Mp(t)] ©)

To determine under what conditions the ranavirus would remain or spread in a population, we
modified Equation (3) by removing Mp (t) to assume a successful introduction:

Ry = oF-As/Mn(t) )
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The important interactions in this equation are between o and ¥, and this relationship needed to
be explored, graphically, to determine when the conditions for R, > 1 exist. If we assume a population
size of 99 (Ag), with an initial introduction of one infected individual (Aj) and an My of 20% [23]
(although other estimates do exist [24]), values of o and ¥ under which R, > 1 are illustrated in Figure 2.
To test if similar assumptions are valid at a smaller population size, we repeated the process using
alternative values for Ag = 49 and My = 10% (i.e., 5 individuals/annum) and introduced one infected
individual (total population size 50; Figure 2).

| Winter ‘ Spring ‘ Summer ‘ Fall ‘
Juveniles ‘ Lanval Development - i i | Hibernation
Adults | } Emergence ‘ Breeding |
Events

Figure 1. Annual cycle of important life history events for common frogs (Rana temporaria) and
important events for ranavirus infections and diseases, for these animals. Boxes shaded in blue are
those that occur in the aquatic environment, green boxes are those that straddle the land and water,
grey boxes occur at an unknown location, and mauve boxes are life history events that are known to
happen on both the land and in the water.
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Figure 2. The interaction between o and ¥, under which R, > 1, when Ag = 99 and an My = 20%
(upper dashed-curve) and when the initial conditions of Ag = 49 and an My = 10% (lower curve),
where V¥ is the contact rate and o is the likelihood of transmission for the model.

After establishing the conditions which permit ranavirus persistence, we next examined the
behavior of Ag and A under potential biologically relevant conditions. We used experimental data
from ranavirus exposures in the literature, to estimate o (Table 1). It is important to note that the data
used to estimate o was extremely variable; the viral titers used in the experiments range from TCIDs
of 10! to 10? mL for virus obtained from crude organ homogenates to TCIDs; of 10*2 to 1062 mL, for
virus produced via tissue culture [25]. This variability made the biological relevance of our estimates
less than ideal; however, these are the best estimates that can be made with the available data.
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Table 1. Estimates for o derived from the literature. Note: Experiments where the exposure was via
inoculation have not been included in these estimates. No distinction has been made between the types
of ranavirus-associated disease that the virus was derived from. Development of disease data, TCIDs,
and type of experiment information are summarized from Cunningham et al. [25]. (HS = Hemorrhagic
and US = Ulcerative forms of ranavirosis.).

Devel f Di
evelopment of Disease Disease

No. with Total No. Prevalence Type of Experiment/Exposure Type Estimate of o TCIDso
Disease Exposed
o, Immersion with virus from naturally 1
3 20 15% disease tissue, with and without bacteria 0.15 10°/mL
Immersion with virus from naturally 10%/mL HS

9 20 45% disease tissue homogenate to animals with 0.45

1.5
skin wounds, with and without bacteria 107°/mL US
o U 10%/mL HS
9 10 90% Immersion in virus from culture 0.90 1015/mL US
5 5 100°% Immersion in virus from virus culture to 1 10°0 to
° animals with wounded skin 10°2/mL

Immersion in virus from tissue homogenate
2 5 40% from naturally diseased animals to animals 0.40 103/mL
with wounded skin

Estimates of ¥ were unavailable, so we arbitrarily chose ¥ = 0.3—0.6 (Figure 3). We ignored sex
specific contact rates, as male-male contact rates are extremely high and polyandry is common [26].
Additionally, Teacher et al. [9] found that the median population size of common frogs was 31 for those
places where ranaviruses have emerged in the UK, so we used an Ay, of 30 (Figure 4).

100 -

90 -

80

60 -

=y 50 -

40 -

20 -

Time

Figure 3. Predicted values of Ag with varying values of ¥ while other values remained constant at:
0 =0.3; My = 0.2; and Mp = 0.75. The starting population composition is A; = 1 and Ag = 99 and time
is in years. Ag is the number of susceptible individuals, ¥ is the contact rate, o is the likelihood of
transmission, My is the natural mortality rate, and Mp is the mortality rate associated with ranavirosis.
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Figure 4. The average expectation of the ranavirus dynamics in a population of adult common frogs
(Rana temporaria) through time (years). (¥ = 0.45; 0 = 0.3; My = 0.2; Mp = 0.775; starting population
comprised of A; = 1 and Ag = 29.) A is the number of infected individuals, Ag is the number of
susceptible individuals, ¥ is the contact rate, o is the likelihood of transmission, My is the natural

mortality rate, and Mp is the mortality rate associated with ranavirosis.

Since ranaviruses have emerged recently in the UK, and common frogs and the severity of
the disease is affected by climate change, it is unlikely that the disease dynamics have reached an
equilibrium ([27,28]; Figure 4). Using an estimated o of 0.3 (from data from Table 1), an average Mp of
0.775, an average ¥ value of 0.45, and an A, of 30 [9] with the initial conditions of an Ag of 29 and an
Aj of 1, we found that the interaction between Ag and A requires greater than 60 years to stabilize to
post-epidemic dynamics (Figure 5). These results suggest that, under the present conditions, ranavirus

in populations of common frogs can be sustained entirely through adult-adult transmission.
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Figure 5. Illustration of the predicted values for Ag with different disease-induced mortality rates,

while other values remained constant at: ¥ = 0.45; o = 0.3; My = 0.2; the starting population comprised
of A; =1 and As = 29. Ay is the number of susceptible individuals, ¥ is the contact rate, o is the
likelihood of transmission, My is the natural mortality rate and Mp, is the mortality rate associated

with ranavirosis.
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2.1. Factoring in Population Decline

In UK common frogs, ranavirosis has caused an 81% decline in some affected populations, over a
10 year period [9]; this appears to be a clear violation of the assumption in the model that population
size remains constant. Teacher et al. [9] found that the declines in these populations were proportional
to their size (i.e., the larger the population, the larger the decline experienced). This is possibly
consistent with the assumption that all adults are equally susceptible, when a ranavirus first invades
a population. Contrarily, larger declines in larger populations might be due to density-dependent
transmission of the virus. This scenario can also account for the differences among individuals, in their
susceptibility to the ranavirus.

However, Teacher et al. [29] report that populations of common frogs maintain allelic diversity
through the immigration of adults from nearby ponds. This immigration has two potentially important
consequences for the emergence of ranavirosis: (1) the population of adult frogs in the affected
population will remain susceptible to infection because of the homogenizing effect of immigration;
thus, the immigration of susceptible individuals might dilute the prevalence of the resistance genes,
as long as the immigrants come from susceptible populations; and (2) immigration might bolster
population numbers and reduce the observed decline. Consequently, the estimates of population
decline due to ranavirosis that were made by Teacher et al. [9] might, in fact, be underestimates.
In addition, Campbell et al. [30] have found that the population structure shifts from older adult frogs
to proportionally more juveniles, with a much smaller total population size in the affected populations.
These smaller populations have also been shown to be more susceptible to stochastic events, via
population modelling [30]. For simplicity, we assumed that declines of 81% over a 10 year period, as
seen by Teacher et al. [9], correspond to a steady annual decline of 8.1%. Under such conditions, it
takes the model approximately 65 years to stabilize, with all adults in the population suffering from
ranavirus infections (Figure 6).

— Total
—— Susceptible
25 —e- Infected

Number of Individuals

Time

Figure 6. Illustration of the predicted dynamics of a common frog population, with the ranavirus
factoring in an annual population decline of 8.1% for adult common frogs. (¥ = 0.45; 0 = 0.3; My = 0.2;
Mp = 0.775; starting population comprised of Aj = 1 and Ag = 29; time is in years.) Ay is the number
of susceptible individuals, ¥ is the contact rate, o is the likelihood of transmission, My is the natural
mortality rate, and Mp, is the mortality rate associated with the ranavirosis.

2.2. Accounting for Different Disease Syndromes

Ranavirosis in the UK common frogs presents as two syndromes which are not mutually exclusive.
The ulcerative form of the disease is characterized by ulcers of the skin and the skeletal muscle,
and sometimes necrosis of the digits, while the hemorrhagic form of the disease is characterized by
internal hemorrhages, most commonly involving the gastrointestinal and reproductive tracts ([21];
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personal observation). Adult common frogs exposed to a tissue homogenate derived from skin ulcers
only developed the ulcerative form of the disease (with a prevalence of ~30%; See Table 2; [25]).
Conversely, adult frogs exposed to a virus isolate obtained from skin ulcers generated both ulcerative
and hemorrhagic signs of the disease, while virus isolated from a hemorrhage caused the hemorrhagic
form of the disease in exposed adults [25]. These, and other data, indicate that ranaviruses associated
with different pathologies in the UK might have different transmission rates [25]. Our estimates of
o for both the ulcerative and hemorrhagic forms can be found in Table 2. If we take the view that
infection using viral isolates derived from the cell culture does not mimic the natural process, the
other estimates from Table 2 would be preferred, in which case, we estimated o for the ulcerative and
hemorrhagic syndromes as 0.33 and 0.20, respectively.

Table 2. Estimates for o derived from the literature, taking into account the different disease syndromes
and type of syndrome that the virus was obtained from. U indicates the ulcerative form of the disease;
H is the hemorrhagic form. The estimate of ¢ is simply the prevalence of the disease based on the
presence of the signs of disease when the experiment terminated. The average estimate of o is simply
the mean of the estimates for each type of virus used for exposure. Development of disease data and
type of experiment information are summarized from Tables 3-5 of Cunningham et al. [25].

Development of Disease Type of Experiment/ Average

Exposure Type Estimate of o Estimate of o
No. withU  No. withH No. withU&H  Total Exp. P P 1

Immersion with virus from
2 0 0 5 naturally disease tissue with 0.4
bacteria (Ulcerative)

Immersion with virus from 0.36

1 0 0 5 naturally disease tissue without 0.2
bacteria (Ulcerative)

Immersion with virus from
naturally disease tissue to animals
with skin wounds with bacteria
(Ulcerative)

0.4

Immersion with virus from
naturally disease tissue to animals
with skin wounds without bacteria

(Ulcerative)

Immersion in virus isolated from
2 2 0 5 naturally diseased animals from 0.8
virus culture (RUK 13, Ulcerative)

Immersion with virus from
0 0 0 5 naturally disease tissue without 0
bacteria (Hemorrhagic)

Immersion with virus from 0.44

0 0 0 5 naturally disease tissue with 0
bacteria (Hemorrhagic)

Immersion with virus from
naturally disease tissue to animals
with skin wounds with bacteria
(Hemorrhagic)

0.6

Immersion with virus from
naturally disease tissue to animals
with skin wounds without bacteria

(Hemorrhagic)

0.8

Immersion in virus isolated from
naturally diseased animals from
virus culture (RUK 11,
Hemorrhagic)

0.8

We investigated three scenarios applying different values of o, where the first two versions explored
the two syndromes in isolation (ulcerative form, Ay, and hemorrhagic form, Ay, present, respectively,
in Figure 7A,B), represented by Equations (5)—(9) for the initial frequencies and Equations (10)—(14) at
time (t). Then we developed a new series of equations for when both disease syndromes are present
and including individuals that show signs of both forms of the disease, Ay,y. For simplicity, we
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assumed that all animals are equally susceptible to both forms of the disease (Figure 8) and that there
was no difference in the disease-induced mortality rate between syndromes:

Ag(t) = As(i) — [01¥-As(i)-Ay(i) + 02¥-Ag())- A (i) + 03¥-As(i)-Ap(i)] - Mn() + Ar()  (5)
Ay(t) = Ay(i) + [01F-As(i)-Au@)] - [01F-Au(i)-Au() + 03F-Ax@)-Au@)] - [Mn() + Mpuy@)]  (6)

Ausm () = Aum () + [02Y-As()-Awsm] + [01F-Au(@)-Au(@)] + [03F-Ax()-Ay(i)] @)

— [Mn (i) + Mpu+n)(d)]
An(t) = Ag() + [03B-As(i)-Au()] - [01B-Au(i)-An() + 03B-Ag()-Au@)] — [Mn(@) + Mpay@)]  (8)
Ag(t+1) = Ag(t) — [01F-As(t)-Ay(t) + 02¥-As(t)-Auny(t) + 03F-As(t)-Au(t)] — Mn(t) + Ar(t)  (9)

&)

Ayt +1) = Ay(®) + [01F-As(t)-Au(t)] — [o1Y-Ay(t)-Au(t) + o3F-Anu(t) Au(t)]

~ M (®) + M (0] (10)

Ausp(t+1) = Ausn) () + [02V-As@)-Aurm] + [01Y-Ay()-Au()] + [03Y-An(i)-Ay()] 1)
= [Mn(i) + Mpu+m)()]

Ag(t+1) = Ag(t) + [03F-As(t)-An(H)] — [o1F-Ay(t)- Au(t) + o3F-Ap(t)-Ay(h)] (12)

= [Mn(t) + Mpg)(H)]

oW-A)AL)
A)
\
Aq(t) A(t) Ay(t) My(t)
My(®) Mo(t)
5 oAt AL
N\
Aq(t) A(t) A(t) My(t)
My(®) Mo(t)

Figure 7. Diagrammatic representations of the transmission dynamics of the ranavirus when only the
Ag or Ay causing isolate of the ranavirus is present. (A) When only the ulcerative form of the ranavirus
is present within the population. (B) When only the hemorrhagic form of the disease is present in the
population. All of the variables present are the same as described above and all have a time component
associated with them. Where A is the number of susceptible individuals, ¥ is the contact rate, o is the
likelihood of transmission, My is the natural mortality rate, and Mp, is the mortality rate associated
with ranavirosis.
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Figure 8. Illustration of the complex transmission dynamics of the ranavirus, when both of the
observed disease syndromes are present in the population. Dashed lines are used to make the disease
syndrome-specific vectors of the transmission easier to follow. The box sizes are not representative of
the number of individuals in each category. The order of the boxes does not indicate when the given
disease syndrome was introduced. All parameters have time components associated with them. Ag is
the number of susceptible individuals, ¥ is the contact rate, o is the likelihood of transmission, My is
the natural mortality rate, and Mp is the mortality rate associated with ranavirosis.

Ulcerative Syndrome

Rou = 01 [As(t) + Ap(t)]/Mn(H)+Mp)(t) + Mpgp (t) (13)
Hemorrhagic Syndrome

Rop = 03 [As(t) + Ay(H]/Mni(t) + Mpg () + Mp)(t) (14)

Under the assumptions that Ag = 28 — 14, Ay = 1 — 14, with the introduction of 1 — 5 Ay,
Mp) = Mpm) = 0.775, 01 = 0.3, 03 = 0.25, ¥ = 0.45, and My = 0.2, based on the Rp values, Ay and Ay
should not coexist over the long term. It does not matter if Ay is introduced into a population with Ay
or vice-versa (Figure 9). Both of these disease syndromes co-occur in nature [21] and in experimental
infections [25].

Increasing the number of Ay individuals in a population requires a higher transmission rate at
each contact, for Ay to become established (i.e., R, > 1). However, establishment does not guarantee
coexistence over the long term. While at first this might seem counter intuitive, it can be explained as
follows—when there are more Ay individuals in the population there is a greater overall mortality
rate because Mp) >> My. Hence, there are actually fewer individuals to infect. Even when all
of the population (1 = 29) is composed of Ay individuals, Ay can become established (o3 = 0.85;
see Figure 10). Although this is a high transmission rate, it is not unlikely in the situation where
animals have broken skin (see [25]; adult common frogs with broken skin are more likely to become
infected), which is characteristic of the ulcerative form of the ranaviral disease. The above analysis
demonstrates that the two disease syndromes could persist in the short term, in the same population,
by adult-to-adult transmission, albeit under conditions which have been estimated from data that are
incomplete and not necessarily biologically relevant, based on the differing R, values.
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Figure 9. R, values for the introduction of one Ay individual into a population of Ag =28 and Ay =1
(Mp) = Mp) = 0.775, ¥ = 0.45, My = 0.2). Ag is the number of susceptible individuals, ¥ is the
contact rate, o is the likelihood of transmission, My is the natural mortality rate, and Mp, is the mortality
rate associated with ranavirosis.
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Figure 10. Ro values for the introduction of one Ay individual to populations with differing numbers
of Ay, while the total population size remains constant at 30. The number associated with each line
indicates the number of Ay individuals present in the population. (Mp() = 0.775, ¥ = 0.45, My = 0.2)
A is the number of susceptible individuals, ¥ is the contact rate, o is the likelihood of transmission,
My is the natural mortality rate, and Mp is the mortality rate associated with ranavirosis.

3. Discussion

Transmission dynamics are key to understanding host and pathogen persistence. In amphibian
ranavirus systems, transmission can occur through direct contact, from scavenging, from virus particles
persisting in the environment, and even between vertebrate classes, as seen in laboratory experiments.
However, there is little understanding of the transmission routes that are most important in natural
communities. In North America, ranavirus transmission appears to be primarily through direct contact
with minimal transmission from water and scavenging, in most circumstances [16]. Our model is
consistent with these results, demonstrating that the ranavirus(es) present in the UK common frog
populations might persist in the short-term through horizontal, adult-to-adult transmissions alone.

When the declines of 8.1% per annum—observed by Teacher et al. [9] in the common frog
populations where ranavirosis have emerged—are factored into the model, it took approximately
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65 years for all adults in the population to become infected. This model did not take into account
immigration, which has been noted by Teacher et al. [29] or the change in population structure that is
caused by the emergence of ranavirosis, as described by Campbell et al. [30]. These additional factors,
along with the effects of climate change [28], might change the outcomes of the models, and perhaps
even require adjustments to the model parameters.

Strict adult-to-adult transmission of ranaviruses appears to be relatively rare. It is likely to have
occurred in a mass mortality event of over 1000 adult and metamorphic water frogs (Pelophylax spp.)
in the Netherlands, caused by a strain of Common Midwife Toad Virus (CMTV) [31]. In this case, there
were also common newts (Lissotriton vulgaris) involved in the mortality event [31], but they made up
only approximately 1% of the animals killed, and ranavirus transmission to the newts might be best
attributed to pathogen spillover. In North America, reports of adult anurans infected with ranavirus
are rare (e.g., only one adult wood frog [18]); morbidity and mortality events tend to occur in the
tadpole stage. However, in the UK, adult-only mortality and morbidity events are typical, therefore,
adult-to-adult transmission must play a major role in the transmission, which is consistent with our
model results. This is an important finding since, there often is a lack of tadpoles in the ponds at the
time of the adult mortality events [20]. However, other species might act as a reservoir of hosts that
can infect common frogs [32], such as common toads, common newts (Lissotriton vulgaris) and the
introduced common midwife toad (Alytes obstetricans). Future models and studies should explore
interspecies transmission and subsequent population dynamics, especially since the presence of other
species, namely common toads (Bufo bufo), can reduce disease risk in common frogs [5,27].

Our models showed that both disease syndromes can co-exist in the short term, despite competition
between the ranavirus(es) associated with the different disease syndromes. This is not surprising if
there are multiple strains of ranavirus present in the population. Exposure to different ranaviruses
has been shown to result in enhanced viral infectivity in larval amphibians in the USA [33], and it is
possible that this same pattern is occurring in the adult UK common frogs. The susceptibility of the
host might depend on which ranavirus strain (ulcerative or hemorrhagic) is first introduced into the
population. A similar effect has been previously observed in tadpoles exposed to Frog virus 3 (FV3)
and Ambystoma tigrinum virus [33]. This might be the case in the UK, because there are at least two
different types of ranaviruses present [27]. CMTV-like and FV3-like ranaviruses have been previously
identified in the UK populations of common frogs [27]; however, no association with the distinct
disease syndromes were found in this study. In a previous study, molecular differences between two of
the isolates (RUK 11 and RUK 13) were found, both of which were responsible for different disease
syndromes. Duffus et al. [34] found that while the major capsid protein sequences for these two isolates
were similar to FV3, the partial sequence of open reading frame 57r (an eIF-2cc homologue) was similar
to that found in an isolate of Chinese giant salamander virus (a common midwife toad-like virus).
These differences could be indicative of larger scale molecular differences between the RUK isolates
that result in the different ranaviral syndromes seen in common frogs in the UK.

Our models were greatly limited by a lack of robust parameter estimates. The contact rates were
unknown for common frogs and the transmission coefficients were based on experiments with small
sample sizes and unrealistic viral titres. Better parameter estimation (e.g., contact rates, individual
susceptibility to ranavirosis, and disease-induced mortality in adults) would be key to improving the
predictive values of all presented models.
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Abstract: Ranavirus cross-species infections have been documented, but the viral proteins involved
in the interaction with cell receptors have not yet been identified. Here, viral cell-binding proteins
and their cognate cellular receptors were investigated using two ranaviruses, Andrias davidianus
ranavirus (ADRV) and Rana grylio virus (RGV), and two different cell lines, Chinese giant salamander
thymus cells (GSTC) and Epithelioma papulosum cyprinid (EPC) cells. The heparan sulfate (HS) analog
heparin inhibited plaque formation of ADRV and RGV in the two cell lines by more than 80% at a
concentration of 5 ug/mL. In addition, enzymatic removal of cell surface HS by heparinase I markedly
reduced plaque formation by both viruses and competition with heparin reduced virus-cell binding.
These results indicate that cell surface HS is involved in ADRV and RGV cell binding and infection.
Furthermore, recombinant viral envelope proteins ADRV-58L and RGV-53R bound heparin-Sepharose
beads implying the potential that cell surface HS is involved in the initial interaction between
ranaviruses and susceptible host cells. To our knowledge, this is the first report identifying cell surface
HS as ranavirus binding factor and furthers understanding of interactions between ranaviruses and
host cells.

Keywords: ranavirus; virus binding; heparan sulfate; Andrias davidianus ranavirus; Rana grylio virus;
envelope protein

1. Introduction

Interspecies transmission and infection have been reported in several viruses that infect humans [1,
2]. Likewise, aquatic animal viruses can also infect and cause disease in a wide range of aquatic
animals [3,4]. Specifically, the interspecies infection was reported following ranavirus infection [5,6].
However, the basis for the broad ranavirus host range is not clear [7,8]. Ranaviruses are large
double-stranded DNA viruses within the family Iridoviridae [9]. Ranaviruses target aquatic animals
globally and have been isolated from reptiles [10,11], amphibians [12-15], and bony fish [16,17].
Among them, several isolates represent great threats to the development of the aquaculture industry
and wild animal populations [18]. Aside from infecting several species within a given taxonomic class
(e.g., frog virus 3 infects diverse amphibian species), ranaviruses may also infect members of different
classes (e.g., frog virus 3-like agents have been isolated from both amphibians and fish) [19].

Binding susceptible host cells is the first step in viral infection and is one of the key factors
responsible for determining host range [20]. Diverse cellular receptors and viral envelope and capsid
proteins are involved in the process. For example, vaccinia virus utilizes four viral proteins that bind
to glycosaminoglycans (GAGs) or laminin on the cell surface [21-25].

Cell surface GAGs consist of complex linear polysaccharides, which are ubiquitously expressed in
most cell types [26]. Heparan sulfate (HS), chondroitin sulfate (CS), and dermatan sulfate comprise the
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main types of GAGs on the cell surface. Besides vaccinia virus, GAGs are involved in the binding
of adenovirus [27], various alphaviruses [28,29], bunyaviruses [30,31], filoviruses [32], flavivirus [33],
hepacivirus [34], herpesvirus [35], papillomaviruses [36], and rhabdoviruses [37]. It has been shown
that cell surface GAGs, especially HS, serve as initial receptors in infections with these viruses. However,
there is little information on the role of HS in ranavirus binding.

Rana grylio virus (RGV) and Andrias davidianus ranavirus (ADRV) are ranaviruses isolated from
diseased pig frogs R. grylio (anura amphibian) and Chinese giant salamanders (CGS) A. davidianus
(urodele amphibian), respectively [12,13]. The complete genomes of the two viruses have been
sequenced, and several functional proteins have been characterized [38—45]. For example, RGV-53R,
a homolog of ADRV-58L, was identified as an envelope protein [38]. Decreased expression of RGV-53R,
or its frog virus 3 (FV3) homolog FV3-53R impaired virus replication in cultured cells [45,46]. In this
report, we examine the role of HS in ranavirus entry. Furthermore, since ranavirus viral envelope
proteins [38-40,45—48] are likely involved in the initial interaction between virus and host, we examined
the ability of RGV-53R and its ADRV homolog, ADVR-58L, to bind heparin-Sepharose beads.

2. Materials and Methods

2.1. Viruses and Cells

ADRYV isolated from diseased Chinese giant salamanders (CGS) [13] and RGV isolated from
the diseased pig frog R. grylio [12] were maintained in our laboratory and used in the present study.
CGS thymus cells (GSTC) [49] and Epithelioma papulosum cyprinid (EPC) cells [39] were cultured in
M199 medium supplemented with 10% bovine calf serum.

2.2. Virus Purification

ADRYV and RGV were purified, as described previously [50]. Briefly, GSTC cells were infected with
ADRYV and RGV at a multiplicity of infection (MOI) of 0.1 PFU/cell, respectively, and incubated at 25 °C.
The cell cultures were harvested when cytopathic effects (CPE) reached approximately 90%. The viral
suspensions were frozen at —20 °C, thawed three times, and then centrifuged at 5000 g for 20 min.
The resulting supernatants were ultracentrifuged at 110,000x g (Beckman, SW41, Brea, CA, USA) for
90 min. The pellets were resuspended in TE buffer (10 mM of Tris-HCI, 1 mM of EDTA, pH 7.4) and
further purified in a discontinuous sucrose gradient (30%, 40%, 50%, and 60%) at 110,000x g for 60 min.
The viral bands were collected, centrifuged to remove residual sucrose, and the resulting viral pellets
were resuspended in TE buffer and stored at —80 °C.

2.3. Plaque Reduction Assay

Heparin is a structural homolog of highly sulfated HS and has been used as a surrogate for cell
surface HS in research studies examining binding [51]. The effect of heparin on viral plaque formation
was tested in assays using GSTC and EPC cells for the purpose of analyzing the effect of soluble
glycosaminoglycans on viral infection. The indicated cells were seeded in 24-well plates 24 h prior
to infection. Heparin (Sangon Biotech, Shanghai, China, from porcine intestinal mucosa, molecular
weight range of 6-20 kDa) was diluted in cell culture medium and incubated with ADRV or RGV for
1hat4°C. At a concentration of 10 ug/mL, the color of the growth medium (using phenol red as an
indicator) did not change, indicating a stable pH. Cell culture media was removed and 100 uL of the
virus-heparin solution, containing approximately 50 PFU of the indicated virus, was added to each
well for 1 h at 25 °C. Three replicate wells were used in each treatment. After 1 h, the inoculum was
removed, the cells were washed twice with fresh medium, and overlaid with culture media containing
0.7% agarose. Fresh medium was added to the well after agarose solidification. Plaques were counted
after three days of incubation at 25 °C. Based on the results obtained from the heparin treatment, two
other glycosaminoglycans, heparan sulfate and chondroitin sulfate (Sigma, St. Louis, MO, USA), were
tested by the method described above.
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2.4. Heparinase Treatment

To further investigate its role in virus binding, target cells were treated with heparinase to remove
cell surface heparan sulfate. Heparinase I cleaves the linkages between hexosamines and the O-sulfated
iduronic acids of heparin and HS. GSTC cells were seeded in 24-well plates 24 h prior to infection.
Medium was removed before the assay, and the cells were incubated with different concentrations of
heparinase I from Flavobacterium heparinum (Sigma) in 20 mM of Tris-HCI (pH 7.5), 4 mM of CaCl,,
50 mM of NaCl, and 0.01% bovine serum albumin (BSA) for 1 h at 15 °C and then washed twice with
fresh medium. One hundred microliters of medium containing ADRV or RGV (50 PFU) were added
and incubated for another 1 h at 15 °C. The supernatant was removed, the cells washed twice with fresh
medium, and overlaid with medium containing 0.7% agarose, as described above. After incubation for
three days at 25 °C, the plaques were counted.

2.5. Cell Binding Assay

To investigate the effect of heparin on virus—cell binding, quantitative real-time PCR (qPCR)
analysis that has been used in the detection of hepatitis C virus (HCV) genomes [34] was used to
determine the relative quantity of virus bound to the cell surface. Both purified virions, isolated
following separation on a sucrose step gradient, and a crude viral suspension, obtained by lysis
of cells infected by the virus, were used in these assays. GSTC cells were seeded in 24-well plates
24 h prior to infection. Heparin was diluted in medium and mixed with the viral suspension or
purified virions for 30 min at 4 °C, and then 100 pL of the mixture containing approximately 1000
PFU of the indicated virus was added to cells for 1 h at 4 °C, as described above. The inoculum was
removed after incubation. The cells, washed twice with fresh medium, were collected by centrifugation,
and DNA was extracted with the TakaRa MiniBEST Universal Genomic DNA Extraction Kit (TakaRa,
Tokyo, Japan). Bound viral genomes, based on detection of the relative numbers of major capsid
protein gene (MCP), were detected by qPCR, which was conducted using a StepOne Real-Time
PCR system (The Applied Biosystems, Foster City, CA, USA). Each qPCR mixture contained 1 uL
of DNA, 12.5 uL of SYBR Premix (2x), 0.5 puL of forward and reversed primers (for each primer,
5’-CACCTCCATCCCAGTCAGCA-3'/5'-AATCCCATCGAGCCGTTCA-3’), and 10.5 pL of ultrapure
water. The qPCR conditions were as follows: 95 °C for 10 min; 40 cycles of 95 °C for 15 s and 60 °C for
1 min; and a melt curve analysis at 95 °C for 15 s, 60 °C for 1 min, and 95 °C for 15 s. The f3-actin gene,
used in a previous study [52], was used as a loading control. qPCR efficiency was evaluated with a
standard curve, based on serially diluted DNA samples using the 3-actin gene primers, which showed
that there were no obvious differences on the gPCR efficiencies among samples treated with different
concentrations of heparin. For the MCP detection, MCP levels were normalized to (3-actin levels in
each sample. The level of bound virus (MCP level) in the treated group versus that in the control group
(no heparin) was calculated by the 2724CT method [53].

2.6. Protein Expression and Purification

Considering the pivotal roles that viral envelope proteins play in virus attachment and entry,
we determined whether viral envelope proteins interacted with HS by monitored the binding
of purified recombinant proteins to heparin-Sepharose beads as described by Chung et al. [22].
Previous studies demonstrated that RGV-53R is 522 amino acid (aa) envelope protein with
two predicted transmembrane (TM) domains (aa 193-211 and aa 218-237) [38]. ADRV-58L is
the ADRV homolog of RGV-53R. The aa sequence identity between ADRV-58L and RGV-53R
is 99.2% [13]. In the present assay, TM helices and topology of the two proteins were
predicted with the online tools HMMTOP (http://www.enzim.hu/hmmtop/html/submit.html) and
TMHMM (http://www.cbs.dtu.dk/services/ TMHMM-2.0/) that presented on ExPASy. The primers
5’-GTAGAATTCATGGGAGCAGCGGAA-3’ and 5'-GATAAGCTTTTATGTGGTGGGGTCCAGGCC-3’
were used for amplifying DNA sequences encoding the N-terminal region (1-192) of 58L
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and the N-terminal region (1-192) of 53R, respectively. The other pair of primers
(5’-GGCGAATTCCCCAGGCCCGTCAAGA-3'/5'-CTATAAGCTTTTAACCCCTGTGGGC-3’) was used
for amplifying the DNA sequences for the C-terminal region (238-522) of 58L. Because the amino
acid sequence of the C-terminal regions of ADRV-58L and RGV-53R are identical, only the C-terminal
region of ADRV-58L was expressed in the present study. The resulting fragments were digested using
EcoR I'and Hind III, and ligated into pET32a or pET28a vectors that had been digested with the same
enzymes. Successful cloning was validated by DNA sequencing.

For protein expression and purification, the plasmids obtained above were used to transform
Escherichia coli BL21 (DE3). Positive clones were cultured in LB medium and induced with 0.1 mM
isopropyl-f3-p-thiogalactopyranoside (IPTG) for 4 h at 24 °C. The bacterial pellets were lysed by sonication.
The recombinant protein was purified using the HisBind Purification Kit (Novagen, Billerica, MA, USA)
according to the manufacturer’s instructions. The purified protein was dialyzed against PBS, the
concentration determined using a BCA Protein Assay Kit (Beyotime, Wuhan, China), and stored at —80 °C.

2.7. Heparin-Sepharose Binding Assay

Heparin-Sepharose beads 6FF and control Sepharose beads (Purchased from SMART lifesciences,
Changzhou, China, particle diameter range of 45-165 um) were equilibrated with binding buffer
(50 mM Tris-HCl, 10 mM sodium citrate, pH 7.4) before use. The purified recombinant protein (5 ug)
was mixed with or without heparan sulfate (100 pg/mL) and incubated in binding buffer with 100
uL of beads for 1 h at 4 °C. The supernatant was collected after centrifugation for 1 min at 1800x g.
The beads were washed with binding buffer (100 uL) five times, and bound protein was eluted with
binding buffer containing 2 M NaCl. The samples were analyzed by 12% SDS-PAGE and subsequently
transferred to a PVDF membrane (Millipore, Burlington, MA, USA). A monoclonal antibody against
the His tag (Santa Cruz, Dallas, Texas, USA) was used as the primary antibody, horseradish peroxidase
(HRP)-conjugated goat anti-mouse IgG (H + L) (Merck, Kenilworth, NJ, USA) as the secondary antibody,
and antibody binding detected by chemiluminescence (Millipore).

3. Results

3.1. Heparin and HS Inhibit Infection by ADRV and RGV

The effect of heparin on virus infection was tested by monitoring viral plaque formation following
incubation of ADRV and RGV in the presence of increasing concentrations of heparin. As shown
in Figure 1, the number of plaques formed by either ADRV or RGV was reduced by heparin in
a concentration-dependent manner. For ADRY, infectivity was reduced by approximately 70% by
pre-exposure to heparin at 0.1 ug/mL and by more than 80% at 5 ug/mL. A similar phenomenon was
observed in RGV-infected cells, which exhibited a 57% inhibition at 0.1 ug/mL and more than 75% at
5 ug/mL. Moreover, inhibition was detected regardless of the cell line used. The results indicate that
heparin-like GAGs were involved in ADRV and RGV binding.
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Figure 1. Soluble heparin inhibits Andrias davidianus ranavirus (ADRV) and Rana grylio virus (RGV)
infection of giant salamander thymus cells (GSTC) and Epithelioma papulosum cyprinid (EPC) cells.
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Cells were infected with ADRV or RGV that had been pre-incubated in the presence of different
concentrations of heparin. The number of plaques obtained in the absence of heparin was set as 1.
The data represent triplicate results and was analyzed with Student’s t-test. Significant differences
(versus virus without heparin) are marked with * (p < 0.05).

In a second experiment, HS and CS, linear polysaccharides that constitute two major classes of cell
surface GAGs, were monitored for their ability to reduce plaque formation. As with heparin, HS reduced
the number of plaques formed by the two viruses in GSTC and EPC cells in a concentration-dependent
manner (Figure 2a). For both viruses, plaque formation was inhibited by more than 80% in GSTC cells and
more than 60% in EPC cells at 5 ug/mL (Figure 2a). In contrast, a significant inhibitory effect was only seen
at the highest concentration when CS was substituted for HS (Figure 2b). These results indicate that cell
surface GAGs, including HS, likely play important roles in plaque formation by both ADRV and RGV.

GSTC EPC
OADRV BRGV OADRV @RGV

=
]
o
1

[
T

Relative infectivity
S oo o

S N = O\ 0 =
—

%
*
*
*
*

Relative infectivity
(=] (=] o O
(3] ESS SN O =
— T

*
*
*
*
%
*

0 1 1 1 )
0 0.1 1 5 0 0.1 1 5
Heparan sulfate (ug/mL) Heparan sulfate (ug/mL)
(@)
_ GSTC 14 ¢ EPC

OADRV BRGV | OADRV @BRGV

=~ o
T

Relative infectivity
S oo o —
SN &~ O\ o = N
— T
*
Relative infectivity
o O O O [
S N = N 0 = N
—
—t—
—
%

0 0.1 1 5 0 0.1 1 5
Chondroitin sulfate (ug/mL) Chondroitin sulfate (ug/mL)

(b)
Figure 2. Heparan sulfate (a) and chondroitin sulfate (b) inhibit ADRV and RGV infection of GSTC and
EPC cells. GSTC and EPC cells were infected with ADRV or RGV in the presence of different concentrations
of heparan sulfate and chondroitin sulfate. The number of plaques obtained without glycosaminoglycans

(GAGs) was set as 1. Experiments were conducted in triplicate and analyzed using Student’s t-test.
Significant differences (versus virus without exposure to GAGs) are marked with * (p < 0.05).

3.2. Enzymatic Removal of Cell Surface HS Reduced Viral Infection

If the interaction between heparin-like GAGs and viral particles is needed for viral infection,
removal of GAGs should inhibit infection. To accomplish that task, heparinase I was used to remove
cell surface HS. As shown in Figure 3, the number of plaques formed by the two viruses was markedly
reduced in GSTC cells pretreated with heparinase I. The reduction was more than 50% at a heparinase
concentration of 1.25 U/mL and slightly more at higher enzyme concentrations. Thus, the ability of
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heparinase treatment to reduce viral plaque formation supports the view that cell surface HS is a
receptor for the two viruses.
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Figure 3. Heparinase I treatment reduced ADRV and RGV plaque formation in GSTC cells. Cells were
infected with ADRV or RGV after treatment with different concentrations of heparinase I and plaque
formation monitored. Plaque numbers obtained in the absence of heparinase treatment were set as 1.
Triplicate results were analyzed by Student’s t-test, and significant differences are marked with * (p < 0.05).

3.3. Heparin Inhibits Virus—Cell Binding

To further verify the role of cell surface HS on virus—cell binding, heparin was used to inhibit
the binding of the two viruses competitively. The number of bound virions was determined by
measurement of viral DNA copy number by qPCR to monitor binding. As shown in Figure 4,
binding of either crude (viral suspension) or purified virions was inhibited by pre-exposure to heparin.
Binding of crude suspensions of either ADRV or RGV were reduced to 20-30% of control levels at a
concentration of 10 pg/mL. Similar results were obtained with purified virions. The inhibitory effect of
heparin on virus-cell binding supports the finding that cell surface HS is a viral receptor.
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Figure 4. Soluble heparin inhibits virus binding to GSTC cells. Viral suspensions or purified virions
were added to GSTC cells in the presence of different concentrations of heparin. After incubation,
virion binding was assessed by determining the number of bound viral genomes by qPCR. DNA levels
observed in the absence of heparin pre-treatment were set as 1. The data were obtained from three
experiments and analyzed with Student’s ¢-test. Significant differences are marked with * (p < 0.05).

3.4. Recombinant Envelope Proteins Bind Heparin Beads In Vitro

As shown above, cell surface HS is an important receptor for both ADRV and RGV. Here we
examine the role that viral envelope proteins play in this process by monitoring the interaction of purified
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recombinant viral envelope protein with heparin-Sepharose beads. To accomplish this, the amino terminal
192 amino acids of ADRV-58L and RGV-53R and the C-terminal region of ADRV-58L (amino acids 238-522)
were cloned into pET32a and pET28a and expressed in E. coli (Figure 5a). Because the amino acid sequences
of the C-terminal regions of ADRV-58L and RGV-53R are identical, only the C-terminal region of ADRV-58L.
was expressed. Note the recombinant proteins were increased in size, due to a 17 kDa Trx-His-S tag
in pET32a, and a 4 kDa His-T7 tag in pET28a. As shown in Figure 5b,c, recombinant proteins of the
expected sizes were generated using the two expression systems. Subsequently, purified recombinant
proteins were isolated and incubated with heparin-Sepharose beads or control beads lacking heparin.
The three recombinant proteins (r58L-N, r53R-N, and r58L-C), expressed using either pET32a or pET28a,
bound heparin-sepharose beads and were eluted in the presence of a high salt wash. In contrast, all three
recombinant proteins failed to bind sepharose beads lacking heparin, and, as a result, were present in
the unbound supernatant (S) fraction (Figure 5d). When considered together, these results support the
view that HS is a cellular receptor for both ADRV and RGV and the binding fashion may be similar to the
interaction between 53R/58L and heparin that occurred in vitro.
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. .
RGV-53R [ . ) [ . ] pET28a (His-T7 tag)
r58L-N/r53R-N rS8L-C
@
r58L N rSSL C r53R-N r58L-N r58L-C r53R-N

kDaMl 56M8910kDa kDaM 1 2 34 567 8 MI10 1112 kDa

120

100

70
50 -N L m

40
— 33

30

"

25.——- o

Proteins expressed with pET32a Proteins expressed with pET28a

(b) (©)
Heparin beads Control beads Heparin beads Control beads
Input S W5 Eluate S W5 Eluate jpput S W5 Eluate S W5 Eluate
1S8L-N e — - - — -
53RN —_— — — — —
rS8L-C < — i N - Te— -
Proteins expressed with pET32a Proteins expressed with pET28a

(d)

Figure 5. Recombinant proteins bind heparin-Sepharose beads. (a) Schematic diagram of the
recombinant proteins: The N-terminal domain of ADRV-58L (r58L-N), the N-terminal domain of
RGV-53R (r53R-N), and the C-terminal domain of ADRV-58L (r58L-C) were expressed using pET32a or
pET28a. The predicted transmembrane region is shown in the grey box. (b) Expression and purification
of the three proteins (r58L-N, r53R-N, and r58L-C) with pET32a vector. M: protein marker; 1, 4, 8:
Bacteria without induction; 2, 5, 9: Bacteria with induction; 3, 6, 10: Purified proteins. The recombinant
proteins are indicated with asterisks, and their predicted molecular weights are shown on the right.
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(c) Expression and purification of the three proteins using pET28a. M: Protein marker; 1, 5, 10: Cacteria
without induction; 2, 6, 11: Cacteria with induction; 3, 4, 7, 8, 12: Purified proteins. The recombinant
proteins are indicated with asterisks, and their predicted molecular weights are shown on the right. (d)
Binding of recombinant proteins and heparin-Sepharose beads. Recombinant proteins were incubated
with heparin-Sepharose or Sepharose beads. The fractions of input (Input), supernatant after incubation
(S), the fifth wash solution (W5), and the eluate (Eluate) were detected by Western blot with the anti-His
antibody. Recombinant proteins expressed with pET32a or pET28a vectors were used. Recombinant
proteins were observed in the Input and Elute fractions from heparin-Sepharose beads and S fraction
from control beads.

4. Discussion

In this study, we tested the ability of heparin and two other GAGs (HS and CS) to inhibit plaque
formation in fish and amphibian cell lines. These and other results showed that cell surface HS is an
important receptor for the binding of ADRV and RGYV to target cells. As far as we know;, it is the first
report describing the role of cell surface HS in iridovirus infection.

Previously we identified RGV-53R as an envelope protein [38]. Here we tested whether RGV-53R,
or its ADRV homolog (58L), could bind HS. Our data showed that recombinant 53R and 58L proteins
specifically bound heparin-Sepharose beads in vitro and that this binding could be inhibited by the
presence of excess HS. The envelope protein 53R and its homologs among other members of the family
constitute one of 26 core proteins and likely function in viral entry. Additional studies will be needed
to identify the protein domains involved in 53R-heparan sulfate interaction.

Multiple steps are involved in virion entry and initiation of a successful infection. Binding to cell
surface GAGs, including HS, has proved to be the initial event in the entry of several mammalian
viruses [27-37]. Because GAGs are linked to proteins and usually exist as proteoglycans in vivo [26],
viral envelope proteins may bind to cell surface heparan sulfate-linked proteins and facilitate attachment
between the virus and potential host cells. Our results suggest that binding of cell surface HS is
required for initiation of productive infection by ranaviruses. However, since competition by increasing
concentrations of heparin or HS, or treatment with heparinase did not completely inhibit plaque
formation, it appears that HS is not the sole cellular receptor for ranaviruses. A similar phenomenon
has been observed in the binding of the vaccinia virus, which uses cell surface GAGs and cellular matrix
laminin as receptors [22-25]. A recent study showed that class A scavenger receptors are utilized by
frog virus 3, the type species of the genus Ranavirus [54]. Additional ranavirus binding factors and
specific cellular protein receptors may be involved in viral attachment and entry. In addition, although
the host range of ranaviruses could be determined by binding to other cellular proteins, binding to cell
surface GAGs likely plays an important role in the initial interaction between virus and host cell.

It is worth noting that there are two types of virions for iridoviruses. One contains a central core
surrounded by an internal membrane and a viral capsid. The other type has an outer viral envelope
after the virions bud from the plasma membrane [9]. The two types of viral particles may have different
cellular receptors when they infect cells. Thus, the existence of different virions that have an outer
envelope or not could be another reason for the incomplete inhibition efficiency in the present study.

This is a report showing that iridoviruses bind cells of different species through the interaction
between cell surface GAGs and envelope proteins. However, it remains to be determined whether
binding to GAGs is both necessary and sufficient for subsequent virion entry, or whether virus—GAG
interaction precedes binding to a second specific cellular receptor.
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Abstract: Invertebrate iridoviruses (IIVs), while mostly described in a wide range of invertebrate
hosts, have also been repeatedly detected in diagnostic samples from poikilothermic vertebrates
including reptiles and amphibians. Since iridoviruses from invertebrate and vertebrate hosts differ
strongly from one another based not only on host range but also on molecular characteristics,
a series of molecular studies and bioassays were performed to characterize and compare IIVs from
various hosts and evaluate their ability to infect a vertebrate host. Eight IIV isolates from reptilian
and orthopteran hosts collected over a period of six years were partially sequenced. Comparison of
eight genome portions (total over 14 kbp) showed that these were all very similar to one another
and to an earlier described cricket IIV isolate, thus they were given the collective name lizard—cricket
IV (Liz—CrlIV). One isolate from a chameleon was also subjected to Illumina sequencing and almost
the entire genomic sequence was obtained. Comparison of this longer genome sequence showed
several differences to the most closely related 11V, Invertebrate iridovirus 6 (IIV6), the type species of
the genus Iridovirus, including several deletions and possible recombination sites, as well as insertions
of genes of non-iridoviral origin. Three isolates from vertebrate and invertebrate hosts were also
used for comparative studies on pathogenicity in crickets (Gryllus bimaculatus) at 20 and 30 °C.
Finally, the chameleon isolate used for the genome sequencing studies was also used in a transmission
study with bearded dragons. The transmission studies showed large variability in virus replication
and pathogenicity of the three tested viruses in crickets at the two temperatures. In the infection
study with bearded dragons, lizards inoculated with a Liz—CrIV did not become ill, but the virus
was detected in numerous tissues by gPCR and was also isolated in cell culture from several tissues.
Highest viral loads were measured in the gastro-intestinal organs and in the skin. These studies
demonstrate that Liz-CrIV circulates in the pet trade in Europe. This virus is capable of infecting
both invertebrates and poikilothermic vertebrates, although its involvement in disease in the latter
has not been proven.

Keywords: lizard; bearded dragon; Pogona vitticeps; cricket; Gryllus bimaculatus

1. Introduction

The word “irido” is derived from Iris, the name of a Greek goddess who personified the rainbow.
This is due to the “rainbow like” iridescence observed in heavily infected insects as mature virions
accumulate within the cytoplasm of their infected cells in large paracrystalline arrays. In current
taxonomy, the family Iridoviridae is divided into two subfamilies, Alphairidovirinae and Betairidovirinae [1].
The former contains three genera (Ranavirus, Megalocytivirus and Lymphocystivirus) whose members
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infect primarily ectothermic vertebrates, and the latter comprises three genera (Iridovirus, Chloriridovirus
and Decapodiridovirus [2]) that infect mainly invertebrates such as insects and crustaceans. To avoid
confusion, in this paper we will follow the suggestion of Vetten and Haenni [3], and generally members
of the family Iridoviridae will be referred to as iridovirids (in short: IV) to distinguish them from
the sensu stricto-invertebrate-iridoviruses (IIVs), which belong to Betairidovirinae.

Members of the family possess linear, double-stranded DNA genomes, which vary in size from
approximately 100 kbp (genus Ranavirus) to over 200 kbp (genus Iridovirus). Iridovirid genomes
are unique among animal viruses in that they are circularly permuted and terminally redundant.
Many representatives have relevance for agriculture or nature conservation, but their inability to infect
mammalian hosts somewhat limited the study of this diverse virus family, and especially that of
the IIVs. Comprehensive reviews have been written about research progress on this group of viruses
over the last decades [4-6].

The first invertebrate iridescent virus was reported in the mid 1950s from insects [7,8].
Further viruses were found in a wide range of invertebrates, mainly arthropods, but there have
also been a few reports from other taxa (mollusks, an annelid and a nematode) [9,10]. For a while,
the name of the host from which an ITV was first isolated was used in the nomenclature, later the viruses
were assigned type numbers based on the chronological order of the reports [11]. The major capsid
protein (MCP) gene used to be the part of the genome most commonly used for the classification of IIV
isolates [12,13], and the largest number of IIV sequences in GenBank is from this gene. Many date
back more than 20 years and were published in a single study [14]. In that study, a molecular
comparison of fragments of the MCP gene of eighteen diverse isolates revealed that IIVs of the Iridovirus
genus clustered into three groups/clades. The so called “crusteceoiridovirus group” contained two
isolates, which were closely related phylogenetically, but had been isolated at distant locations from
evolutionarily distant arthropod hosts, and later were grouped together in the species Invertebrate
iridescent virus 31. The “oligoiridovirus group” contained a single established member, Invertebrate
iridescent virus 6 (IIV6; synonym: Chilo iridescent virus, CIV), which was initially isolated from a stem
borer (Chilo supressalis) lepidopteran in Japan, but other isolates have also been reported. IIV6 was
assigned as the type species of the genus. All other isolates, which were obtained from different insect
hosts collected on five continents, clustered into the polyiridovirus group [10]. Subsequent studies
added a few further sequences and branches to this tree [15]. The genus Chloriridovirus for a long time
contained a single member, which was later assigned to the species Invertebrate iridescent virus 3 (IIV3),
and separated from the genus Iridovirus based on differences in phenotypic traits (e.g., larger particle
size: 180 nm) and on its narrower host range [16]. However, the study of Wong et al. [17], based on
the analysis of 26 core genes [18] demonstrated that IIV3 clusters with the polyiridovirus group,
indicating that the genus Chloriridovirus may need to be re-evaluated, integrating the polyiridoviruses.
This revision was further supported by MCP protein-based analyses of novel polyiridoviruses [19,20].
Most recently, viruses found in three distinct crustacean species have been proposed either to represent
a novel genus (Decapoiridovirus) within the subfamily Betairidovirinae [21-23], or even cluster outside of
it [24].

Natural transmission of IIVs has been recorded across insect orders and even phyla,
and consequently several IIVs have been suggested as agents for pest control both as wild type
viruses (e.g., [25-28]), or as a recombinant vector, encoding a toxin [29]. Patent infections of IIVs are
often associated with macroscopic iridescence in the animals and are mostly lethal. However, non-lethal
covert (or inapparent) infections are also common, and can manifest in reduced lifespans and/or
reproduction rates [10]. Despite descriptions of IIVs in many different hosts on all continents except
Antarctica, full genome sequences are currently only available from nine IIV isolates [6].

At the beginning of our sequencing studies, full genome sequences were available from only two
viruses: IIV3 and IIV6 [16,27,30]. The genome of IIV6 was found to be ca. 212 kbp (unique portion)
long with 28.6% G + C content and comprises 468 open reading frames (ORFs), of which 234 are
non-overlapping. These ORFs were numbered from 001R to 468R, which indicates their orientation
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(left or right transcribing) in the genome as well. Core IIV genes were defined in IIV6 [31], which include
those involved in 1) nucleic acid biosynthesis, e.g., DNA polymerase (037L), RNA polymerase II (176R, 428L),
RNAse 11 (142R), a helicase (161L) and a DNA topoisomerase I (045L) gene; 2) nucleotide metabolism,
such as ribonucleotide reductase (085L, 376L), dUTPase (438L), thymidylate synthase (225R), thymidylate
kinase (251L) and thymidine kinase (143R) genes; 3) virion formation, such as the major capsid protein
(MCP or 274L) or the myristilated membrane protein gene (118L, 458R) and 4) other genes coding for
proteins of known function including inhibition of apoptosis (e.g., 157L, 193R). Other notable non-core
putative genes identified in IIV6 include an NAD-dependent DNA ligase gene (205R) and a putative
homolog of the sillucin (160L) gene coding for a cysteine-rich antibiotic peptide, the first described
viral antibiotic (VAB) [27,30].

Around the millennium, a new isolate was added to the oligoiridovirus group. This IIV was
originally detected in insects bred for the pet trade in Europe and named cricket iridovirus (CrIV)
or Gryllus bimaculatus iridovirus (GbIV) after its first known host [25,32], and its wide host range
was demonstrated amongst different insect orders [25]. In addition to the primary findings in crickets,
closely related viruses have been repeatedly detected in lizards [33,34]. It has been hypothesized that
lizards become infected with the virus when fed IIV infected prey insects. In 2001, a German group
reported the isolation of IIV-like viruses from the lung, liver, kidney and intestine of two bearded
dragons (Pogona vitticeps) and a chameleon (Trioceros [Chamaeleo] quadricornis) and from the skin of
a frilled lizard (Chlamydosaurus kingii) on viper heart cells (VH-2) at 28 °C [33]. The frilled lizard
showed pox-like skin lesions and one of the bearded dragons had pneumonia. The other lizards had
died with non-specific signs. Part of the MCP gene of the isolates was sequenced and had 97% identity
to the nucleotide sequence of IIV6, and 100% identity to the nucleotide sequence of GbIV. A host-switch
of this virus from prey insects to the predator lizards was postulated [33]. It was later demonstrated
in our laboratory at the time that an IIV isolate from a lizard host is capable of infecting crickets [35].
Another study described the detection of similar viruses in skin swabs and organs from different
amphibian species kept in captivity in several European countries [36]. Skin swabs as well as organ
samples were found positive for IIV by PCR and/or virus isolation in 12 specimens originating from
anurans representing five families (Ranidae, Hylidae, Dendrobatidae, Leptodactylidae and Bufonidae)
as well as from a caudate (Lake Urmia newt; Salamandridae).

Detection of IIV in vertebrate hosts has been carried out by isolation in cell culture and by
conventional PCR (nPCR) [33,35,36]. A qPCR, targeting a portion of the MCP gene was developed
in our laboratory and was found to reliably detect and quantify IIVs of the oligoiridovirus group in
tissues from vertebrate and invertebrate hosts both with high and low copy numbers [37].

The present paper summarizes parts of our work performed over the past two decades in
connection with IIV isolates from reptiles and arthropods as well as diagnostic testing of reptiles,
amphibians and arthropods. In addition to listing the species affected, it includes animal infection
studies performed with invertebrate hosts (crickets) in order to compare the pathogenicities of several
isolates, as well as transmission studies with vertebrate hosts (bearded dragons). New sequence data
obtained from eight isolates from six vertebrate and two invertebrate hosts as well the draft genome
sequence analysis of a chameleon isolate are also presented.

2. Materials and Methods

2.1. Iridovirus Isolates Used

Eight different IIV isolates, originating from four different lizard species, a scorpion and the prey
cricket species fed to these pets were used for molecular biological comparison and for bioassays
(Table 1). All of the viruses were isolated in reptile cell lines at 28 °C as described elsewhere [35].
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