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Daniel González-Martı́nez, Nerea Fernández-Sáez, Carlos Cativiela, Joaquı́n M. Campos and 
Vicente Gotor-Fernández

Development of Biotransamination Reactions towards the 3,4-Dihydro-2H-1,5-
benzoxathiepin-3-amine Enantiomers

Reprinted from: Catalysts 2018, 8, 470, doi:10.3390/catal8100470 . . . . . . . . . . . . . . . . . . . 144
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1. Background

Biocatalysis is the term used to describe the application of any type of biocatalyst (enzymes,
as isolated preparations of wild-type or genetically modified variants, or whole cells, either as
native cells or as recombinant expressed proteins inside host cells) in a given synthetic schedule [1].
One type of applied biocatalysis, also called a biotransformation [2], takes advantage of the excellent
enzymatic precision inherent to its use, in terms of chemoselectivity, regioselectivity, or stereoselectivity.
The use of biotransformations has increased considerably in recent decades, complementing classical
chemical synthesis in multiple industries, mainly for the preparation of pharmaceuticals [1,3–18],
fine chemicals [19–21] or food products [22–24]. Additionally, and based on the principles and
metrics of green chemistry [25–29] and sustainable chemistry [30–37], biocatalysis fits perfectly into
this framework; in fact, biocatalyzed procedures are highly efficient, economical, and generate
less waste than conventional organic syntheses [38–46]. As such, the interest in the application of
biocatalysis within the pharma industry is not surprising, as this industry is by far the biggest waste
producer [43,46–50]. Furthermore, as biotransformations are generally conducted under approximately
the same temperature and pressure conditions, the possibility of carrying out coupled cascade
processes is enabled, providing additional economic and environmental advantages [51–58]. Finally,
most biotransformations can be easily developed in standard multipurpose batch reactors without
requiring costly specific devices, such as high-pressure equipment [59,60], allowing the costless
implementation of continuous processes [21,44,61–63].

In recent decades, the increase of the impact of biocatalysis within the pharma industry has
not been linear. In fact, it was relatively minor until the last two decades, when a clear increase
(the third wave of biocatalysis [64]) was caused by the popularization of the genetic manipulation of
biocatalysts by directed evolution [15,65–75], a method involving fast generation of enzyme mutants
using new molecular biology techniques combined with selective pressure via screening conditions.
This technique, recognized by the Nobel Prize in Chemistry being awarded to pioneer Frances Arnold in
2018 [76,77], has allowed the redesign of enzymes to fulfill industrial requirements in terms of specificity,
activity, and robustness, while keeping or even increasing its outstanding precision. Thus, with this
potent tool in our hands, we are facing what has been called the 4th wave of biocatalysis [1,78,79],
which will be fully implemented within the pharma industry when the speed of the overall process
needed to create an improved biocatalyst (rational directed evolution in a design−make−test cycle,
combining multiple disciplines in a continuous industrialized workflow) is improved by at least
200%–1000% [1,18,80,81].
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2. The Present Issue

In this Special Issue, in which I have been honored to act as Guest Editor, different articles have
been published covering very diverse areas of this fascinating discipline—the implementation of
biocatalytic tools focused on pharmaceuticals. It comprises three reviews and eight research articles.

In the first review by Bastida and coworkers [82], the application of glycosaminoglycan
(GAG)-degrading enzymes, specifically chondroitin sulfate (CS) lyases (CSases), is presented as
an effective tool for the preparation of bioactive molecules possessing diverse therapeutic applications.
Thus, initially the types, structures, and mechanisms of different CSases are described, and afterward,
the application of these enzymes for the synthesis of low molecular weight chondroitin sulphate
(LMWCS; used for osteoarthritis treatment, cardiocytoprotection, anticoagulant and antithrombotic
activities, etc.) is reviewed, clearly illustrating the potential of these enzymes for the sustainable
development of CS-based pharmaceutical products.

In the second review, presented by Alcántara and coworkers [83], different chemoenzymatic
methods (using nitrilases, ketoreductases, and aldolases) for the synthesis of the lateral chain
of statins—possessing two stereogenic centers, the absolute configuration of which is vital for
the therapeutic activity of these drugs—are presented and compared. Statins—inhibitors of
3-hydroxy-3-methylglutaryl coenzyme A (HMG-CoA) reductase—are the largest selling class of
drugs prescribed for the pharmacological treatment of hypercholesterolemia and dyslipidemia. In fact,
the statin market involves a huge amount of money, which could potentially increase due to the
recently described statins’ pleiotropic effects (beneficial effects for cardiovascular health, regulation of
the immune system, anti-inflammatory and immunosuppressive properties, prevention and treatment
of sepsis, treatment of autoimmune diseases, osteoporosis, kidney and neurological disorders, or even
in cancer therapy), which are also noted.

In a similar field, Rhimi and coworkers present in this Special Issue a review of the microbial
bioreduction of cholesterol to coprostanol [84], a metabolite poorly absorbed by the human intestine,
allowing it to have an impact on cholesterol metabolism and modulation of serum cholesterol
levels. This biotransformation is still poorly understood, as few studies are available examining
cholesterol-metabolizing bacteria and their associated genes. Thus, by understanding the molecular
characterization of these bacterial pathways (currently, three different pathways are proposed),
as presented in this review, it could be possible to design new hypocholesterolemic strategies that
could be complementary to the previously mentioned prescription of statins.

As mentioned before, eight research articles are included in this Special Issue. In the article
presented by Plou and coworkers, a controlled enzymatic hydrolysis of chitosan or chitin with different
enzymes was employed to obtain three types of chitooligosaccharides (COS), with molecular weights
ranging 0.2–1.2 kDa—namely, fully deacetylated (fdCOS), partially acetylated (paCOS), and fully
acetylated (faCOS) chitooligosaccharides [85]. Subsequently, the chemical composition of these
biopolymers was established, as well as the anti-inflammatory activity of the three COS mixtures.
In this case, this was done by measuring their ability to reduce the level of tumor necrosis factor (TNF)
in murine macrophages (RAW 264.7) after stimulation with a mixture of lipopolysaccharides (LPS).
Results showed that fdCOS and faCOS chitooligosaccharides effectively displayed anti-inflammatory
activity, therefore proving their potentiality.

Sulfuretin is a naturally occurring aurone displaying a remarkable spectrum of biological activities
(including against acquired lymphedema, anti-Parkinson’s disease activity, antioxidant action,
therapeutic benefits in bone disease and regeneration, as well as neuroprotective effects). Although
sulfuretin glucosides are important sources of innovative drugs, few glucosides of sulfuretin have been
observed in nature, meaning the preparation of sulfuretin glycosides is an attractive research field.
In this sense, in the article presented by Kong and coworkers [86], the glycosyltransferase (GT)-catalyzed
glycodiversification of sulfuretin is described, specifically using a flavonoid GT (named OcUGT1)
for the glucosylation of sulfuretin with UDP-Glc. In this article, ten glycosylated products (three
monoglucosides, five diglucosides, and two triglucosides) are characterized; the three monoglucosides
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were identified as sulfuretin 3′-, 4′-, and 6-glucoside, while the major diglucoside was assigned as
sulfuretin 4′,6-diglucoside. The exact structures of the other four diglucosides (traces) were not well
characterized, but they were inferred to be sulfuretin 3′,6-diglucoside, sulfuretin 3′,4′-diglucoside,
and two disaccharide glucosides. Finally, the structural identification of the remaining two triglucosides
was not performed because of their small amount, although one of them was deduced to be sulfuretin
3′,4′,6-triglucoside, according to the previously reported catalytic behavior of OcUGT1. Remarkably,
at least six of the ten sulfuretin glucosides are described for the first time, making this a pioneering
article in describing the simultaneous production of monoglucosides, diglucosides, and triglucosides
of sulfuretin from a single glycosyltransferase.

The use of laccases for catalyzing polymerization of bioactive phenolic compounds has become
very attractive because of the enhanced physicochemical and biological properties of the obtained
products, which are generally used as nutraceuticals. In this context, the article presented by
Eibes and coworkers [87] describes the influence of enzyme activity on rutin (also named rutoside,
quercetin-3-O-rutinoside, or sophorin) oligomerization using low (1000 U/L) and high (10,000 U/L)
initial activities of laccase from Trametes versicolor in a food-compatible reaction medium; rutin oligomers
with the best characteristics were obtained in the reaction with the lowest laccase activity, significantly
improving the apparent aqueous solubility and xanthine oxidase inhibitory activity compared to its
control reaction, without compromising the antioxidant activity. The thermal stability of rutin oligomers
was negatively affected by increasing the enzyme concentration, and by comparing the antioxidant
capacity of similar mean molecular mass oligomers produced with different laccase activities, these
authors concluded that higher enzyme dosages promoted the formation of multiple intermolecular
bonds between rutin units, which negatively affected their antioxidant activity. Remarkably, this is
the first study focusing on the effect of laccase activity upon the products obtained in enzymatic
oligomerization of the rutin flavonoid as a key parameter to enhance and tailor their physicochemical
and biological properties.

The article presented by Otero and coworkers [88] describes different extraction methods of
high-value hydrophilic spirulina biocomponents (peptides of therapeutic interest), using four selective
enzymatic degradations of spirulina biomass, catalyzed by two proteases and endo- and exoglucanases,
illustrating the usefulness of biocatalysts in this applied field. The four enzyme-assisted extraction
processes were optimized, determining best experimental conditions (pH, temperature, enzymatic
loading or duration of enzymatic pre-treatment), and scaled up, showing a superior behavior compared
to those extractions not employing enzymes. The best results for hydrophilic extraction were obtained
using Alcalase® (a serine endo-peptidase from Bacillus licheniformis, mainly subtilisin A), because
of its effective degradation of membrane proteins, lipoproteins, and peptidoglucan under very
mild conditions.

Sterically demanding 2,2-diaryl-2-hydroxy carboxylic acids are valuable chiral building blocks
for the synthesis of antimuscarinic agents. When facing a hypothetical enzymatic kinetic resolution
of these bulky substrates, there are two main drawbacks: First of all, esters having α-quaternary or
α- tertiary centers display high steric hindrance, hampering their approach to the enzymatic active
site, (only pig liver esterase (PLE) has been proven active for this purpose). Additionally, esters of
2-hydroxy-2-(3-hydroxyphenyl)-2-phenylacetate (the key precursors for preparation of antimuscarinic
agents) display poor stereo discrimination because of the two aromatic groups directly bound to
the stereocenter, which differ only by the presence of a meta substituent on one of the two aromatic
rings. For this difficult task, Pinto, Carzaniga, and coworkers [89] have described a very smart
approach, using a double enzymatic hydrolysis: In fact, because in a first PLE-catalyzed hydrolysis
of the quaternary α-hydroxyester, only moderate enantioselectivity (80% ee) was obtained, these
authors chemically re-esterified the enantiomerically enriched α-hydroxyacid and carried out a
second enzymatic hydrolysis. With this methodology (optimized by choosing suited co-solvents
(DMSO) and additives (β-cyclodextrins)), it was feasible to prepare the desired optically pure
α,α-diaryl-α-hydroxyacid on a multi-milligram scale.
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Speranza, Ubiali, and coworkers present in this Special Issue a paper describing the chemoenzymatic
synthesis of ribavirin, tecadenoson, and cladribine (nucleoside analogues, well-established drugs
in clinical practice, mainly used as anticancer and antiviral agents) via “one-pot, one-enzyme”
transglycosylation; that is, the transfer of the carbohydrate moiety from a nucleoside donor to a
heterocyclic base [90]. For this purpose, purine nucleoside phosphorylase from Aeromonas hydrophila
(AhPNP) was the biocatalyst used, using 7-methylguanosine iodide and its 2´-deoxy counterpart as
sugar donors. Good conversions (49%–67%) were achieved in all cases under screening conditions.
Similarly, 7-methylguanine arabinoside iodide was prepared for the purpose of synthesizing the
antiviral vidarabine via a novel approach, although neither the phosphorolysis of the sugar donor
nor the transglycosylation reaction were observed. Finally, this strategy was used to prepare
two other ribonucleosides structurally related to ribavirin and tecadenoson, namely, acadesine
(5-aminoimidazole-4-carboxamide-1-β-D-ribofuranoside, also named AICA-riboside or AICAR) and
2-chloro-N6-cyclopentyladenosine (CCPA), leading to a moderate yield (52%) for the latter compound
only. This study clearly paves the way for the development of a new synthesis of the target Active
Pharmaceutical Ingredientes APIs at a preparative scale, and contributes to the understanding of the
specific substrate requirements of AhPNP.

The stereoselective synthesis of enantiopure amines is an interesting task because of their
role as intermediates in pharmaceutical synthesis, as well as for a variety of other chemical
products. There are several biocatalyzed approaches leading to these optically pure amines
using different enzymes (amine dehydrogenases, imine reductases, reductive aminases, or amine
transaminases). Two contributions in this Special Issue focus on this area. Campos, Gotor-Fernández,
and coworkers apply a broad panel of commercially available amine transaminases (ATAs) for the
biotransanimation of 3,4-dihydro-2H-1,5-benzoxathiepin-3-one (the chemical synthesis of which is
reported via some previously undescribed intermediates) to furnish the correspondent enantiopure
amines [91]. The optimization of the reaction conditions (enzyme loading, temperature, and reaction
times) using ATA03 from Neosartorya fischeri and ATA07 from Mycobacterium vanbaalenii (leading to the
(S)-amine), as well as TA-P1-G05 for the (R)-counterpart, allowed a milligram-scale synthesis of the
pure amines, which are useful as building blocks for the preparation of antiproliferative drugs.

In the second article producing enantiopure amines, Hollmann and coworkers report a methodology
based on the aerobic photooxidation (mediated by water-soluble sodium anthraquinone-2-sulfonate (SAS)
and heterogeneous graphitic carbon nitride (g-C3N4)) of primary and racemic secondary alcohols to the
corresponding aldehydes and prochiral ketones, which are subsequently transformed into the (chiral)
amines with commercial aminotransaminases (one (R) and four (S)-ATAs), using isopropylamine as
the sacrificial amine donor [92]. The system worked in a one-pot, one-step fashion; as time-consuming
intermediate isolation and purification steps were omitted, the required amount of organic solvents was
minimized, with a concomitant reduction of waste. The productivity was significantly improved by
switching to a “one-pot, two-step” procedure. A wide range of aliphatic and aromatic compounds was
transformed into the enantiomerically pure corresponding amines via the photo-enzymatic cascade,
providing good yields and excellent ee values.

In conclusion, these eleven papers clearly illustrate the versatility of biocatalysis in the preparation
of bioactive compounds. Once again, let me reiterate what an honor it has been for me to act as Guest
Editor of this Special Issue. I would like to thank all of the authors participating in it, as well as all of the
reviewers for providing me with their valuable comments. Finally, I cannot refrain from thanking all
of the staff of the Catalysts Editorial Office, especially Caroline Zhan, Associated Editor, whose efforts
made this Special Issue possible.

Funding: This research received no external funding.

Conflicts of Interest: The authors declare no conflict of interest.
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Abstract: Chondroitin sulfates are linear anionic sulfated polysaccharides found in biological tissues,
mainly within the extracellular matrix, which are degraded and altered by specific lyases depending
on specific time points. These polysaccharides have recently acquired relevance in the pharmaceutical
industry due to their interesting therapeutic applications. As a consequence, chondroitin sulfate (CS)
lyases have been widely investigated as tools for the development of new pharmaceuticals based on
these polysaccharides. This review focuses on the major breakthrough represented by chondroitin
sulfate-degrading enzymes and their structures and mechanisms of function in addition to their
major applications.

Keywords: lyases; chondroitin sulfates; glycosaminoglycan; polysaccharides

1. Introduction

Proteoglycans consist of a central protein core with O-linked glycosaminoglycan (GAG)
side-chains. They can be categorized into four main groups based on differences between the repeating
disaccharide units comprising GAGs: heparan sulfate (HS), chondroitin sulfate (CS), dermatan sulfate
(DS) and hyaluronic acid (HA) (Figure 1A).

CSs are a family of highly sulfated polysaccharides that have recently acquired relevance
in the pharmaceutical industry due to their interesting therapeutic applications [1]. Structurally,
these are linear polysaccharides and their basic unit is a disaccharide composed of a
D-glucopyranosyluronic acid (♦) or L-idopyranosiduronic acid (♦) glycosidically linked (β (1→3)) to
an N-acetyl-D-galactosamine residue (�) in which the hydroxyl groups undergo sulfation at one or
more positions. The disaccharide subunits found in natural CSs are shown in Figure 1B.

Catalysts 2019, 9, 322; doi:10.3390/catal9040322 www.mdpi.com/journal/catalysts9
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Figure 1. (A) The general structure of proteoglycans. The chemical structures of glycosaminoglycans
(GAGs) are shown. (B) The natural sulfation patterns of the chondroitin sulfates (CSs).

Their ubiquity in the human body and their essential functions for life have aroused great interest
in their medical applications [2]. In addition to their well-known applications in the treatment
of osteoarthritis [3] and thrombosis [4], other potential pharmaceutical applications have been
proposed [5]. Table 1 summarizes the physiological functions of CSs in animal cells and tissues
and their potential medical/pharmacological applications.

Table 1. Physiological functions in animal cells and tissues and potential medical/pharmacological
applications of CSs.

Physiological Function Reference

Cell–cell/cell–matrix interactions [6]

Immune modulation [7,8]

Host–pathogen interactions [9,10]

Anticoagulant activities [11,12]

Potential Therapeutic Application

Anti-inflammatory [13,14]

Antiviral [15,16]

Antimalarial vaccine [17,18]

Anticancer [19,20]

Antiparasitic [21]

Biomarker [22]

Liver regeneration [23]

Repair of the central
nervous system [24,25]

Neuroprotective [26]

Wound healing [27]
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Additionally, CSs are widely used in other pharmacological applications such as coating materials
for implants, hydrogels in controlled release applications, components of 3D-constructs such as tissue
engineering scaffolds and even as biosensors in diagnostic devices [8,28]. Table 2 summarizes these
applications of CS.

Table 2. Applications of CS in 2D and 3D systems.

Glycosaminoglycan Conjugate Type of Application Target Tissue/Application Method Reference

Biotinylated Hyaluronic Acid(HA)CS Material coating In vitro biosensor [29]

Collagen/CS Implant coating Osseointegration [30,31]

Gelatin methaclylate/CS methacrylate Hydrogel Cartilage regeneration [32]

Cross-linked thiolated HA, CS,
Heparine, gelatin Biodegradable hydrogel Drug/Growth factor (GF) delivery,

tissue regeneration [33–35]

Cross-linked CS–tyramine Hydrogel Drug delivery [36,37]

Chemically cross-linked HA/CS Hydrogel
matrix/particles Wound dressing, skin regeneration [38–41]

Photochemically cross-linked HA/CS Hydrogel Cell encapsulation, cartilage repair [42]

Collagen-CS Porous scaffold Neovascularization, tissue (bone)
regeneration [43,44]

Genipin cross-linked HA, CS Porous scaffold Cartilage regeneration [45]

Carbodiimide-cross-linked HA, CS,
Dermatan sulfate (DS), Chitosan gelatin Porous scaffold Cartilage regeneration [46,47]

Electrospun collagen–CS Porous mesh Artificial extracellular matrix(ECM),
cartilage regeneration [48–50]

Chitosan–CS Nanoparticles GF delivery, bone regeneration [51]

However, CSs present not only positive outcomes with regard to their pharmaceutical
applications—numerous downsides have also been pointed out. On the one hand, CSs extracted from
natural sources have a high structural diversity in terms of their molecular weight (Mw) and degree
of sulfation. On the other hand, the preservation of the functionality of CSs while maintaining their
biocompatibility is a challenging task and must be addressed depending on the specific application.

To provide solutions to these drawbacks, new approximations have been described during the
last decade, with the enzymatic modification of CSs being one of the most widely employed [52,53].
In this context, glycosaminoglycan lyases (GAGLs) can be combined with separation methods for the
preparation of CS oligosaccharides for biological evaluations as well as for disaccharide analysis and
polysaccharide sequencing [54].

These enzymes have important therapeutic value for the treatment of diseases related to GAGs [55].
Hence, chondroitinase ABC, for example, is being tested in clinical trials for the treatment of spinal
cord injury [56]. The same CSase inhibits melanoma invasion, proliferation and angiogenesis [57],
and has also been applied as a subretinal injection [58] and for the treatment of intervertebral disc
protrusion [59]. On the other hand, HAase has been successfully used as an adjuvant for infiltration
anesthesia due to the increased membrane permeability induced by the hydrolysis of HA [60]. Finally,
some GAG-degrading enzymes are used as an adjuvant therapy in cancer, in which their administration
to reduce the progression of metastatic breast cancer is well tolerated without adverse events [61,62].

Despite the great interest in these direct medical applications, in this review we focused only on
the GAG-degrading enzymes, specifically CSases as biocatalytic tools for the development of new
pharmaceuticals based on GAGs.

2. Types, Mechanism and Structure of CS Lyases

GAG-degrading enzymes are widely distributed in nature and are structurally diverse depending
on whether they are produced by eukaryotic or prokaryotic organisms. These enzymes catalyze the
depolymerization of GAGs and are classified according to their enzymatic mechanism in two categories;
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hydrolases and lyases. They act with an extremely high degree of stereospecificity. Additionally, a
classification based on amino acid sequence similarities has been proposed (http:www.cazy.org).

Mammalian enzymes are hydrolases and their mechanism is the same as glucosidases in which
the glycosyl–oxygen (C1–O) bond is hydrolyzed by the addition of a water molecule [63], affording
saturated oligosaccharide products. In contrast, bacterial enzymes degrade GAGs either through
hydrolysis or by a β-elimination reaction (lyases). The latter degrades GAGs by cleaving the
oxygen–aglycone (O–C4) linkages on the non-reducing side of uronic acids yielding unsaturated
C4–C5 products [64–66]. The mechanism of action of these enzymes is shown in Figure 2. In the first
step, the negative charge on the C5 carboxylate group is neutralized presumably by interaction with a
positively charged arginine or calcium ion, thereby reducing the acidity of the C5 proton. Next, the
proton at C5 of the GlcA is abstracted by a His residue, leading to the elimination of the 4-O–glycosidic
bond and the formation of a double bond between C4–C5 of the uronic acid. Finally, an acidic residue
of the protein (Tyr) donates a proton to the O-leaving group of the glucosamine, reconstituting the
hydroxyl functional group at the reducing end of the cleaved bond and releasing the products.

Figure 2. The catalytic mechanism of the GAG-degrading enzymes by elimination cleavage (lyases).

These enzymes catalyze reactions with an extremely high degree of stereospecificity, with
extensive variation in specificity among lyases for different GAG classes [54]. Accordingly,
these enzymes can be divided into three groups depending on the composition of the repeating
disaccharide unit: GlcA-β(1-4)-GlcNAc for heparinases (Hsases) and hyaluronidases (HAases), and
GlcA-β(1-3)-GlcNAc for chondroitinases (CSases) [67]. In this review we focused on those that degrade
polysaccharides in which the uronic acids are β(1→3) linked to N-acetyl-D-galactosamine (CS/DS) or
to N-acetyl-D-glucosamine (HA) (Figure 3). Some exceptions have been found to this stereospecificity.
Hence, an HSase isolated from Erpobdellidae (Nephelopsis obscura and Erpobdella punctata), for example,
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degrades HA by hydrolysis [68,69] while HAase lyase from Streptococcus pneumoniae degrades HA/CS
by β-elimination [66].

Figure 3. The chemical structure of GAG disaccharide-repeat building blocks of CS, dermatan sulfate
(DS) and hyaluronic acid (HA).

In addition to the GAG-class specificity, the majority of these enzymes degrade glycosidic bonds
with absolute uronic acid epimer specificity towards either GlcA or IdoA, as well as being dependent
on their sulfation pattern. Thus, CSase AC specifically degrades the glucoronic acid-containing
glycosidic bonds present in CS-A (chondroitin 4-sulfate) and CS-C(chondroitin 6-sulfate). In fact, the
nomenclature for the CSases has been established based on this sulfation pattern specificity. Hence,
CSase AC, for instance, cleaves CS-A and CS-C but not DS (chondroitin 2,4-Disulfate, CS-B).

Finally, the GAG-degrading enzymes can present endolytic or exolytic modes of action. In the
former, the cleavage occurs in the middle of the GAG chain, yielding a mixture of disaccharides,
tetrasaccharides and longer oligosaccharides. In the latter, the enzyme degrades the chain from the
end, releasing only disaccharide products.

Table 3 and the following text summarize the findings regarding the classes, mechanisms and
structures of the CS-specific lyases.

Table 3. CS-degrading enzymes (lyases).

Lyase Substrate PDB Species Catalytic tetrad Ref.

CSase ABC II
(exo)

CSase ABC II
(exo)

CSase ABC I
(endo)

CS, DS, HA
Tetra-CS,
Tetra-DS

CS, DS, HA

2Q1F
1HNO

Bacteroides
thetaiotaomicron
Proteus vulgaris
Proteus vulgaris

Glu628–Tyr461–His454– Arg514

His453–Tyr 460

His501–Tyr508–Arg560– Glu653
[70–74]

CSase AC II
(Exo)

CSase AC I
(Endo)

CSase ACY253A

CS, HA
CS, HA

1RWF;1RWG;1RWH;1RW9;1RWA;1RWC
2WA; 2XO3

1CB8
1HMW;1HM2;1HM3;1HMU

Arthrobacter
aurescens

Streptomyces
coelicor A3

Flavobacterium
heparinum
Pedobacter
heparinus

His225–Tyr234–Arg288–Glu371 [75–78]

CSase B
(Endo) DS 1DBO;1DBG;1OFL;1OFM Flavobacterium

heparinum Lys250–Arg271–His272 [79,80]

HAase HA, CS 1OJO;1OJM;
1OJN;1OJP

Streptococcus
pneumoniae [81]

2.1. Chondriotinases ABC

Chondriotinases ABC (EC 4.2.2.4) with endo activity (CSase ABC I) [73] or exo activity (CSase ABC
II D) [70] are catalysts with a high degree of stereospecificity. CSases ABC can degrade chondroitin, CS
(A and C), DS and HA independent of their sulfation pattern by β-elimination, producing unsaturated
disaccharides and tetrasaccharides. They are not active against keratan sulfate, HS and heparin. In rare
cases, a single enzyme is able to degrade both uronic acid isomers (IdoA and GlcA) efficiently.
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2.1.1. CSase ABC I Endolyase

CSase ABC I endolyase from Proteus vulgaris (EC:4.4.4.20) presents three domains (ID:1HNO); an
N-terminal domain with a fold similar to that of carbohydrate-binding domains, a middle domain
with an (α/α)5 fold (typical for CSase AC) and a C-terminal domain with β-sheet folding (typical for
CSase B) (Figure 4). The substrate-binding site is in the middle domain, a wide-open cleft with two
structural folds that evolved to perform these reactions in an epimer-specific fashion [70–73] (Figure 4).
The putative catalytic residues of CSase ABC I from P. vulgaris are His501, Tyr508, Arg560 and Glu653,
which were identified by site-directed mutagenesis [74]. The His501 residue plays the critical role of the
proton abstraction of C5 from the IdoA/GlcA moiety during catalysis, the Glu653 residue is involved in
a hydrogen bonding network in the active site, the Tyr508 residue is essential in the protonation of the
leaving group in the GAG and the Arg560 residue near the IdoA/GlcA is able to stabilize the carbanion
intermediate formed during catalysis, making the C5 proton more labile (Figure 4). This enzyme
presents a shared identity of over 90% in the following species: Shigella sp. FC1655, Proteus mirabilis,
Klebsiella pneumoniae, Proteus hauseri and Proteus penneri. This enzyme is able to promote functional
recovery in the injured central nervous system via its role in the disruption of the normal organization
of the extracellular matrix.

 

Figure 4. CSase ABC I from P. vulgaris. The N-terminal domain is colored green, the middle (catalytic)
domain is in blue and the C-terminal domain is in yellow. The Ca2+ ion is shown as a red sphere. The
catalytic tetrad is shown by the stick (His501, Tyr508 and Arg560).

2.1.2. CSase ABC II Exolyase from Bacteroides thetaiotaomicron

CSase ABC II exolyase from Bacteroides thetaiotaomicron (gene BT_3324) is a broad-specificity lyase
which degrades CSs and DS to yield only disaccharide products. This enzyme has a preference for
CS-A over CS-C and exhibits low activity against HA. The enzyme presents three structural domains;
an N-t domain which adopts a β-jellyroll fold (carbohydrate binding), a central domain which adopts
an (α/α)5 incomplete toroid and a C-t domain which contains four antiparallel β-sheets. Glu628,
Tyr461, His454 and Arg514 contribute to the catalytic tetrad and one structural Ca2+ ion is located in the
N-t domain [70]. Tyr461 in a deprotonated state acts as the catalytic base abstracting the C5-bound
proton from glucuronic acid, His454 serves as a catalytic base and Glu628 plays a part in positioning
both His454 and Arg514 in the precise orientation necessary for effective CS/DS degradation, but is
not directly involved in catalysis. Similar proteins with a shared identity of 90% are found in other
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species, including: Bacteroides faecis CAG:32, Bacteroides thetaiotaomicron CAG:40, Bacteriodes sp. AR20
and Klebsiella oxytoca.

2.1.3. CSase ABC II Exolyase from Proteus vulgaris

CSase ABC II exolyase from Proteus vulgaris has a broad specificity of GAG activity which
preferentially degrades the tetra- and hexasaccharide derivatives of CS and DS produced by the CS
ABC endolyase, to yield the respective disaccharides. This enzyme is inhibited by Ni2+. The catalytic
residues are His453 (proton acceptor) and Tyr 460 (proton donor).

2.1.4. Other CSases

Recently, CSase ABC from Acinetobacter sp. C26 has been described, with the finding that its
activity increases in the presence of a number of different ions (Na+, K+, Mn2+) and is strongly inhibited
by other kinds of ions (Cu2+, Hg2+, Al3+) [82].

CSase ABC displays a more open cleft in the central domain (substrate binding), which is different
from the other lyases.

2.2. CSases AC

CSases AC with endo activity (from Flavobacterium heparinum) [83] or exo activity (from
Arthrobacter aurescens) [83] degrade CS (CS-A or CS-C) and HA, generating unsaturated disaccharides.
These enzymes show a low level of homology with several hyaluronate lyases, although they share
its fold. CSase AC from Flavobacterium heparinum is composed of two domains; an α-helical domain
(N-t) within enzymatic activity residues and a β-sheet domain (C-t). These enzymes are sensitive
to the 5-epimerization of the GlcA moiety, so they can only degrade CSs containing a domain with
an (α/α)5 toroid fold. The crystal structures of the lyase–GAG complex showed that His225 is the
candidate for the catalysis and the Tyr–His–Glu–Arg residues are present in the catalytic center. Four
residues—His225, Tyr234, Arg288 and Glu371—are near the catalytic site of chondroitin AC lyase from
Flavobacterium heparinium (Figure 5) [78]. The His225 residue is a candidate for the general base and
the removes the proton attached to C5 of the glucuronic acid, the Tyr234 residue is able to protonate
the leaving group and the Arg288 residue contributes to charge neutralization and stabilization of the
enolate anion intermediate. These enzymes could have endolytic or exolytic activity depending on
the microorganism (Table 3), while the activity itself is independent of metal ions [78]. The structural
alignment of CSases AC and CSase ABC shows that the Tyr–His–Arg–Glu catalytic tetrads of CSases
AC have counterparts in CSase ABC [78].

Figure 5. Ribbon stereo drawing of the chondroitinase AC I from Flavobacterium heparinum showing
the N-t domain ((α/α)5 (green), β-sheet sandwich C-t domain (orange)) and active site.
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2.3. CSase B

CSase B from Flavobacterium heparinum [83] cleaves endolytically on the GAG DS, generating
oligosaccharides, tetrasaccharides and unsaturated 4-sulfate-disaccharides. This enzyme is often used
in studies to assess the structural characterization and antithrombin activity of DS by chromatographic
techniques. The first crystallographic study of this enzyme with DS facilitated the identification of the
subsites in the active site [79,80]. Later, establishing the structure of the lyase–CS complex provided
a more complete picture of the active site of the enzyme including the identification of the catalytic
residues Lys250, Arg271 and His272 [79,84]. Mutation of the amino acid Lys resulted in the inactivation
of the enzyme, which is attributed to the role of the residue in stabilizing the carbanion of C5 formed
during catalysis. The 3D X-ray structure revealed the presence of a divalent ion coordinated by
conserved acidic residues (one asparagine and two glutamates) and utilized for charge neutralization
of the acidic group of iduronic acid [84] (Figure 6). The activity of this enzyme is inhibited by Co2+, Fe2+

and Ba2+ ions. CSase B adopts a β-helical fold, typical of several polysaccharide lyases and hydrolases
(Figure 6).

Figure 6. (A) Ribbon stereo drawing of Chondroitinase B from Flavobacterium heparinum (pdb ID:1egu);
(B) the active site of the enzyme CSase B. Figure generated by Maestro and ChemDraw.

2.4. HAases

HAases from Streptococcus pneumoniae degrade hyaluronan and chondroitin/CSs only in four
positions of the sulfate group based on the β-elimination mechanism [85]. These lyases show low
levels of homology with chondroitinases of type AC. The enzymatic activity residues are within the
N-terminal domain. The enzyme molecule is composed of two domains, the catalytic domain having a
(α/α)5 barrel fold (N-t) and the C-t domain comprising an antiparallel β-sandwich (Figure 7). The
function of the C-t domain is the modulation of the oligosaccharide substrate access to the catalytic
cleft present in the N-t domain. Any changes in the binding mode of the protein were detected when
used as disaccharides of CS-O, CS-A and CS-C.
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Figure 7. Ribbon stereo drawing of the hyaluronidase from Streptococcus pneumoniae (pdb ID:1ojo).
Figure generated by Maestro.

The HAase from Vibrio sp. FC509 degrades hyaluronan and CS variants except CS-E
(GlcA-GalNAc(4,6S)), while the desulfation of the GalNAc unit abrogates its activity on the β(1-4)
linkage between the disaccharide units. This protein uses a general acid–base catalysis mechanism as
with the other lyases [62].

3. Applications of CSases

3.1. Synthetic Applications: Preparation of Low Molecular Weight Chondroitin Sulphate (LMWCS) as
Therapeutic Agents

The preparation of low molecular weight chondroitin sulphate (LMWCS) has mainly been
accomplished through acidic, basic or oxidative treatment or by enzymatic depolymerization,
allowing oligosaccharides with different molecular weights and degrees of polydispersity to be
obtained depending on the employed degradation conditions [86] (Table 4). In the case of the
chemical procedures, fairly drastic conditions can cause undesirable reactions and partial or total
desulfation of the obtained oligosaccharides, modifying the biological properties of the resulting
oligosaccharides [87].

Table 4. The Mw of natural and depolymerized CS.

SAMPLE a

MOLECULAR WEIGHT (Da)

Natural
Depolymerized CS/Low Molecular Weight of CS

HCl/H20/60 ◦C NaOH/MAOS b/60 ◦C Enzymatic H2O2(30%)

CS-B 18.150 1.826 8.085 2.583 1.561
CS-S 31.300 1.217 4.269 1.994 1.511
CS-P 10.070 2.690 3.663 2.920 2.191

a CS-B, from bovine cartilage; CS-S, from shark cartilage; CS-P, from porcine cartilage. b Microwave-assisted
organic synthesis.

On the contrary, enzymatic depolymerizations are more specific and allow better control of the
processes, as well as being environmentally friendly. Additionally, the polysaccharide substrates and
enzymes are relatively inexpensive, meaning the oligosaccharides can be prepared in large quantities at
a low cost. For this reason, several specific (CSase AC I, CSase AC II and CSase ABC) and non-specific
enzymes (HAases) have been employed in the preparation of LMWCS.

These oligosaccharides have therapeutic applications, the depolymerization of natural CSs being
a strategy that can be used to remove their main limitations in many medical applications. It is well
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understood that CSs of natural origin have high polydispersity, varying significantly in chain length
even when isolated from a single source [88,89]. Furthermore, their high molecular weights preclude
their use in many medical uses, impacting not only their biological activities but also their equally
important pharmacological properties [90]. For these reasons, their degradation products (LMWCS)
have been found to be much more useful than native CSs.

Several studies have demonstrated that changes in the Mw cause different immune responses and
that the use of long-chain CSs can even result in the cancellation of the anti-inflammatory activity [91,92].
In a similar way, LMWCS has demonstrated a superior effect on collagen-induced arthritis as compared
to that of intact CSs [93]. To this must be added that even though the Mw is similar, the biological effect
is further augmented in the case of CSs with a narrow range of molecular weights, i.e., polysaccharides
with low polydispersity [94]. An explanation for these results is that only LMWC derivatives reach the
bloodstream, as absorption through the gastrointestinal tract is a Mw-dependent process [95,96]. In fact,
it has been reported that LMWCS administered orally for osteoarthritis treatment is more readily
absorbed and hence arrives at the joint and is distributed into the cartilage more effectively than native
CSs [97]. Finally, the Mw also has an important effect on the elimination of exogenously administered
CSs. The use of LMWCS prevents its hepatic accumulation and improves its renal filtration [98,99].

Accordingly, the preparation of LMWCS for osteoarthritis treatment has attracted much attention
in recent years, especially with the cloning, expression and characterization of new GAG lyases such
as chondroitin lyase AC II from Arthrobacter aurescens [100] and the chondroitinase ABC I from Proteus
vulgaris with a maltose-binding protein [101] or with glyceraldehyde-3-phosphate dehydrogenase [102]
as fusion proteins.

LMWCS 4-sulfated polysaccharides have been prepared by the degradation of CS-A from
bovine trachea tissue using a bovine testicular hyaluronidase [103]. These 4-sulfated polysaccharides
(CS-A) are known for their antioxidant activity, a capacity that is closely related to the treatment of
diseases such as cancer, cardiovascular and cerebrovascular diseases and ischemia, as well as aging
processes [104]. In a similar way, the digestion of CS-A from cow cartilage with an extracellular
chondroitinase ABC produced by Sphingomonas paucimobilis afforded CS-A oligosaccharides. These
promote in vitro cardiocytoprotection, decreasing the well-known damage induced by isoproterenol
and accelerating the recovery of myocardial cells [105].

Recently, the preparation of low molecular weight fucosylated chondroitin sulfates (LMWfCSs)
has attracted much attention [106] (Figure 8). Fucosylated CSs (fCSs) are CSs with fucose branches
invariably extending from the 3-O-position of the GlcA. These have demonstrated anticoagulant and
antithrombotic activities as substitutes for heparin [107] and have attracted considerable attention as
potential antitumor drugs [108,109] and for their application as a treatment of hyperlipidemia [110,111].
Unfortunately, native fCSs can also cause side effects such as the activation of FXII, platelet
aggregation [112], hypertension and spontaneous bleeding in humans [87], limiting their therapeutic
applications. However, LMWfCSs have demonstrated that in addition to the retention or even
enhancement of biological activities in comparison with native fCS, depolymerized polysaccharides
exhibit negligible adverse effects [113].

Figure 8. Chemical structure of fucosylated CS (fCS).
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3.2. Analytical Applications

3.2.1. Oligosaccharide Mapping

Knowledge of the oligosaccharide sequences that contain GAGs is an important prerequisite for a
better understanding of their biological roles and the development of pharmaceuticals based on them.
Oligosaccharide mapping is an approach comparable to the peptide mapping of proteins that has
been applied to GAGs in order to provide information on which oligosaccharide sequences are the
bioactive domains.

The mapping technique involves specific enzymatic scission of polysaccharide chains, followed
by high-resolution separation of the degradation products by chromatographic methods and the final
analysis of the obtained oligosaccharides [114]. In this context, the use of enzymes that can specifically
isolate certain domains through the selective digestion of other domains has been reported. Hence
for example, a lyase from the marine bacterium Vibrio sp. FC509 has been used to isolate several CS-E
oligosaccharides and their interaction with herpes simplex virus receptors has been analyzed [115].
As such, the bioactive domain in the binding to the virus has been established [115], opening the door
to the development of new antiviral drugs (Figure 9).

Figure 9. Oligosaccharide mapping for the discovery of new antivirals.

In a similar way, CS from shark fin cartilage has been digested with chondroitinase AC-I from
Flavobacterium heparinum, an enzyme which cannot act on the galactosaminidic linkages bound to
GlcA(2-O-sulfate)-GalNAc(6-O-sulfate) disaccharides (CS-D units) (Figure 10A) [116]. This digestion
afforded five novel hexasaccharide sequences in addition to three previously reported sequences
containing D-D-tetrasaccharide motifs (Figure 10B), which might be useful for the establishment of
useful structure–function relationships in neuroglycobiological fields with regard to novel biomarkers.

Figure 10. (A) The chemical structure of D-D-tetrasaccharide motifs. (B) The general structure of novel
hexasaccharide sequences.

3.2.2. Compositional Analysis of GAGs

Another important application of GAG lyases is the compositional analysis of polysaccharides,
both from natural sources and semi-synthetic products. Normally, a small quantity of the
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polysaccharide is exhaustively depolymerized using the proper lyase; then, the CS disaccharides
obtained from this process are analyzed by High Perfermance Liquid Chromatograpgy (HPLC) and
quantified by calculating the total peak areas of the disaccharides derived from a CS calibration curve.

As an example of the analysis of CS from natural sources, very recently a comprehensive
disaccharide analysis of polysaccharides from different shellfish was performed to better understand
the GAG structures in marine organisms [117]. According to the obtained results, the degree of sulfation
in CSs depends on the species and, surprisingly, ΔDi-diSE is present in most shellfish (Figure 11).

Figure 11. Unsaturated disaccharide composition of CSs from different types of shellfish.

Finally, enzymatic digestion followed by disaccharide analysis using HPLC is a very useful
procedure for evaluation of the composition of semi-synthetic CSs. For example, we employed this
method to determine the composition of a library of polysaccharides recently prepared in order to
establish novel structure–function relationships [118] (Figure 12). Concretely, we showed that the
particular sulfate distribution within the disaccharide repeating-unit plays a key role in the binding
of growth factors, modulating the surface charge of the helical structure that, interestingly, has a
significant influence on the binding capacity of CSs with several Grow Factors [119]. These findings
provide additional strategies in the development of new CSs as growth factor binders for a broad
range of therapeutically relevant applications [120].

Figure 12. (A) The semi-synthesis of CS-0, CS-A and CS-C. (B) The analysis of disaccharides by HPLC
after CSase ABC digestions.

4. Conclusions and Future Perspectives

The types, structure and activity of CS-degrading enzymes were the focus of this review.
These lyases can be employed as tools for the development of new pharmaceuticals based on CS
structures. During the last decades, these structures have been demonstrated to be involved not only in
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structural functions, but also in modulating numerous biological processes, such as angiogenesis, cell
differentiation, growth and migration. These findings provide a promising avenue in the development
of new pharmaceuticals based on CSs for a broad range of therapeutically relevant applications,
including new drugs, drug carriers and medical implants.

However, it should be note that their development still faces challenges, which includes the
discovery of more efficient and universal methods to synthesize LMWCSs with precisely controllable
structures. Moreover, their interactions with growth factors and cells as well as their biological
processes still need to be studied further. Thus, among other things, deep insight into CSs sequences
as well as their relation to biological functions is required.

In our opinion, chondroitin sulfate-degrading enzymes will gradually become more present in
the pharmaceutical industry in the next years, not only as excellent drug candidates [55–62] but also as
important tools for the sustainable development of CS-based pharmaceutical products.

Author Contributions: Conceptualization, A.B. and J.R.; resources, S.Z. and R.B.-A; writing—review and editing,
J.R. and A.B.

Funding: The authors thank the Ministerio de Economía y Competitividad (grants MAT2015- 65184-C2-2-R and
CTQ2016-79255-P) for their support.

Conflicts of Interest: The authors declare no conflict of interest.

References

1. Volpi, N. Therapeutic applications of glycosaminoglycans. Curr. Med. Chem. 2006, 13, 1799–1810. [CrossRef]
[PubMed]

2. Stick, R.V.; Williams, S. Glycoproteins and proteoglycans. In Carbohydrates: The Essential Molecules of Life;
Stick, R.V., Williams, S., Eds.; Elsevier Science: Amsterdam, The Netherlands, 2008; pp. 369–412.

3. Hermann, W.; Lambova, S.; Muller-Ladner, U. Current treatment options for osteoarthritis. Curr. Rheumatol.
Rev. 2018, 14, 108–116. [CrossRef] [PubMed]

4. Mourão, A.P. Perspective on the use of sulfated polysaccharides from marine organisms as a source of new
antithrombotic drugs. Mar. Drugs 2015, 13, 2770–2784. [CrossRef] [PubMed]

5. Yamada, S.; Sugahara, K. Potential therapeutic application of chondroitin sulfate/dermatan sulfate. Curr.
Drug Discov. Tech. 2008, 5, 289–301. [CrossRef]

6. Milstone, L.M.; Houghmonroe, L.; Kugelman, L.C.; Bender, J.R.; Haggerty, J.G. Epican, a
heparan/chondroitin sulfate proteoglycan form of CD44, mediates cell-cell adhesion. J. Cell Sci. 1994,
107, 3183–3190. [PubMed]

7. Stabler, T.V.; Huang, Z.; Montell, E.; Verges, J.; Kraus, V.B. Chondroitin sulphate inhibits NF-κB activity
induced by interaction of pathogenic and damage associated molecules. Osteoarthritis Cartilage 2017, 25,
166–174. [CrossRef]

8. Wu, F.F.; Zhou, C.H.; Zhou, D.D.; Ou, S.Y.; Liu, Z.J.; Huang, H.H. Immune-enhancing activities of chondroitin
sulfate in murine macrophage RAW 264.7 cells. Carbohydr. Polym. 2018, 198, 611–619. [CrossRef] [PubMed]

9. Rogerson, S.J.; Chaiyaroj, S.C.; Ng, K.; Reeder, J.C.; Brown, G.V. Chondroitin sulfate A is a cell-surface receptor
for Plamodium-falciparum infected erythrocytes. J. Exp. Med. 1995, 182, 15–20. [CrossRef] [PubMed]

10. Pereira, M.A.; Clausen, T.M.; Pehrson, C.; Mao, Y.; Resende, M.; Daugaard, M.; Kristensen, A.R.; Spliid, C.;
Mathiesen, L.; Knudsen, L.E.; et al. Placental Sequestration of Plasmodium falciparum malaria parasites is
mediated by the interaction between VAR2CSA and Chondroitin sulfate A on Syndecan-1. PloS Pathog. 2016,
12, e1005831. [CrossRef]

11. Mourao, P.A.S.; Pereira, M.S.; Pavao, M.S.G.; Mulloy, B.; Tollefsen, D.M.; Mowinckel, M.C.; Abildgaard, U.
Structure and anticoagulant activity of a fucosylated chondroitin sulfate from echinoderm.Sulfated fucose
branches on the polysaccharide account for its high anticoagulant action. J. Biol. Chem. 1996, 271, 23973–23984.
[CrossRef]

12. Glauser, B.F.; Pereira, M.S.; Monteiro, R.Q.; Mourao, P.A.S. Serpin-independent anticoagulant activity of a
fucosylated chondroitin sulfate. Thromb. Haemos. 2008, 100, 420–428. [CrossRef]

21



Catalysts 2019, 9, 322

13. Ustyuzhanina, N.E.; Bilan, M.I.; Panina, E.G.; Sanamyan, N.P.; Dmitrenok, A.S.; Tsvetkova, E.A.;
Ushakova, N.A.; Shashkov, A.S.; Nifantiev, N.E.; Usov, A.I. Structure and anti-inflammatory activity of a
new unusual fucosylated chondroitin sulfate from Cucumaria djakonovi. Mar. Drugs 2018, 16, 389. [CrossRef]
[PubMed]

14. Lovu, M.; Dumais, G.; du Souich, P. Anti-inflammatory activity of chondroitin sulfate. Osteoarthritis Cartilage
2008, 16, S14–S18.

15. Bergefall, K.; Trybala, E.; Johansson, M.; Uyama, T.; Naito, S.; Yamada, S.; Kitagawa, H.; Sugahara, K.;
Bergström, T. Chondroitin sulfate characterized by the E-disaccharide unit is a potent inhibitor of herpes
simplex virus infectivity and provides the virus binding sites on gro2C cells. J. Biol. Chem. 2005, 280,
32193–32199. [CrossRef] [PubMed]

16. Mycroft-West, C.J.; Yates, E.A.; Skidmore, M.A. Marine glycosaminoglycan-like carbohydrates as potential
drug candidates for infectious disease. Biochem. Soc. Trans. 2018, 46, 919–929. [CrossRef] [PubMed]

17. Goel, S.; Muthusamy, A.; Miao, J.; Cui, L.W.; Salanti, A.; Winzeler, E.A.; Gowda, D.C. Targeted disruption
of a ring-infected erythrocyte surface antigen (RESA)-like export protein gene in Plasmodium falciparum
confers stable chondroitin 4-sulfate cytoadherence Capacity. J. Biol.l Chem. 2014, 289, 34408–34421. [CrossRef]
[PubMed]

18. Alkhalil, A.; Achur, R.N.; Valiyaveettil, M.; Ockenhouse, C.F.; Gowda, D.C. Structural requirements for the
adherence of Plasmodium falciparum-infected erythrocytes to chondroitin sulfate proteoglycans of human
placenta. J. Biol. Chem. 2000, 275, 40357–40364. [CrossRef] [PubMed]

19. Asimakopoulou, A.P.; Theocharis, A.D.; Tzanakakis, G.N.; Karamanos, N.K. The biological role of
chondroitin sulfate in cancer and chondroitin-based anticancer agents. In Vivo 2008, 22, 385–389. [PubMed]

20. Borsig, L.; Wang, L.; Cavalcante, M.C.M.; Cardilo-Reis, L.; Ferreira, P.L.; Mourão, P.A.S.; Esko, J.D.;
Pavão, M.S.G. Selectin blocking activity of a fucosylated chondroitin sulfate glycosaminoglycan from
sea cucumber: Effect on tumor metastasis and neutrophil recruitment. J. Biol. Chem. 2007, 282, 14984–14991.
[CrossRef]

21. Merida-de-Barros, D.A.; Chaves, S.P.; Belmiro, C.L.R.; Wanderley, J.L.M. Leishmaniasis and
glycosaminoglycans: a future therapeutic strategy? Parasit. Vectors 2018, 11, 536. [CrossRef] [PubMed]

22. Vallen, M.J.E.; van Tilborg, A.A.G.; Tesselaar, M.H.; ten Dam, G.B.; Bulten, J.; van Kuppevelt, T.H.;
Massuger, L. Novel single-chain antibody GD3A10 defines a chondroitin sulfate biomarker for ovarian
cancer. Biomark. Med. 2014, 8, 699–711. [CrossRef] [PubMed]

23. Yamaguchi, K.; Tamaki, H.; Fukui, S. Detection of oligosaccharide ligands for Hepatocyte growth
factor/Scatter factor (HGF/SF), Keratinocyte growth factor (KGF/FGF-7), RANTES and Heparin cofactor II
by neoglycolipid microarrays of glycosaminoglycan-derived oligosaccharide fragments. Glycoconjugate J.
2006, 23, 513–523. [CrossRef] [PubMed]

24. Djerbal, L.; Lortat-Jacob, H.; Kwok, J. Chondroitin sulfates and their binding molecules in the central nervous
system. Glycoconjugate J. 2017, 34, 363–376. [CrossRef] [PubMed]

25. Miller, G.M.; Hsieh-Wilson, L.C. Sugar-dependent modulation of neuronal development, regeneration, and
plasticity by chondroitin sulfate proteoglycans. Exp. Neurol. 2015, 274, 115–125. [CrossRef] [PubMed]

26. Ju, C.; Gao, J.; Hou, L.; Wang, L.; Zhang, F.; Sun, F.; Zhang, T.; Xu, P.; Shi, Z.; Hu, F.; et al. Neuroprotective
effect of chondroitin sulfate on SH-SY5Y cells overexpressing wild-type or A53T mutant α-synuclein. Mol.
Med. Rep. 2017, 16, 8721–8728. [CrossRef] [PubMed]

27. Zou, X.H.; Jiang, Y.Z.; Zhang, G.R.; Jin, H.M.; Hieu, N.T.M.; Ouyang, H.W. Specific interactions between
human fibroblasts and particular chondroitin sulfate molecules for wound healing. Acta Biomater. 2009, 5,
1588–1595. [CrossRef]

28. Kowitsch, A.; Zhou, G.Y.; Groth, T. Medical application of glycosaminoglycans: A review. J. Tissue Eng.
Regen. Med. 2018, 12, E23–E41. [CrossRef] [PubMed]

29. Altgarde, N.; Nileback, E.; de Battice, L.; Pashkuleva, I.; Reis, R.L.; Becher, J.; Moller, S.; Schnabelrauch, M.;
Svedhem, S. Probing the biofunctionality of biotinylated hyaluronan and chondroitin sulfate by
hyaluronidase degradation and aggrecan interaction. Acta Biomater 2013, 9, 8158–8166. [CrossRef] [PubMed]

30. Kliemt, S.; Lange, C.; Otto, W.; Hintze, V.; Möller, S.; von Bergen, M.; Hempel, U.; Kalkhof, S. Sulfated
Hyaluronan Containing Collagen Matrices Enhance Cell-Matrix-Interaction, Endocytosis, and Osteogenic
Differentiation of Human Mesenchymal Stromal Cells. J. Proteome Res. 2013, 12, 378–389. [CrossRef]

22



Catalysts 2019, 9, 322

31. Korn, P.; Schulz, M.C.; Hintze, V.; Range, U.; Mai, R.; Eckelt, U.; Schnabelrauch, M.; Moller, S.; Becher, J.;
Scharnweber, D.; Stadlinger, B. Chondroitin sulfate and sulfated hyaluronan-containing collagen coatings of
titanium implants influence peri-implant bone formation in a minipig model. J. Biomed. Mater. Res. Part A
2014, 102, 2334–2344. [CrossRef] [PubMed]

32. Levett, P.A.; Melchels, F.P.W.; Schrobback, K.; Hutmacher, D.W.; Malda, J.; Klein, T.J. A biomimetic
extracellular matrix for cartilage tissue engineering centered on photocurable gelatin, hyaluronic acid
and chondroitin sulfate. Acta Biomater. 2014, 10, 214–223. [CrossRef] [PubMed]

33. Cai, S.S.; Liu, Y.C.; Shu, X.Z.; Prestwich, G.D. Injectable glycosaminoglycan hydrogels for controlled release
of human basic fibroblast growth factor. Biomaterials 2005, 26, 6054–6067. [CrossRef] [PubMed]

34. Elia, R.; Newhide, D.R.; Pedevillano, P.D.; Reiss, G.R.; Firpo, M.A.; Hsu, E.W.; Kaplan, D.L.; Prestwich, G.D.;
Peattie, R.A. Silk-hyaluronan-based composite hydrogels: A novel, securable vehicle for drug delivery. J.
Biomater. Appl. 2013, 27, 749–762. [CrossRef]

35. Shu, X.Z.; Ahmad, S.; Liu, Y.C.; Prestwich, G.D. Synthesis and evaluation of injectable, in situ crosslinkable
synthetic extracellular matrices for tissue engineering. J. Biomed. Mater. Res. Part A 2006, 79A, 902–912.
[CrossRef]

36. Jin, R.; Lou, B.; Lin, C. Tyrosinase-mediated in situ forming hydrogels from biodegradable chondroitin
sulfate-tyramine conjugates. Polym. Int. 2013, 62, 353–361. [CrossRef]

37. Ni, Y.L.; Tang, Z.R.; Cao, W.X.; Lin, H.; Fan, Y.J.; Guo, L.K.; Zhang, X.D. Tough and elastic hydrogel of
hyaluronic acid and chondroitin sulfate as potential cell scaffold materials. Int. J. Biol. Macromol. 2015, 74,
367–375. [CrossRef] [PubMed]

38. Jia, X.Q.; Yeo, Y.; Clifton, R.J.; Jiao, T.; Kohane, D.S.; Kobler, J.B.; Zeitels, S.M.; Langer, R. Hyaluronic
acid-based microgels and microgel networks for vocal fold regeneration. Biomacromolecules 2006, 7, 3336–3344.
[CrossRef]

39. Kirker, K.R.; Luo, Y.; Nielson, J.H.; Shelby, J.; Prestwich, G.D. Glycosaminoglycan hydrogel films as
bio-interactive dressings for wound healing. Biomaterials 2002, 23, 3661–3671. [CrossRef]

40. Philandrianos, C.; Andrac-Meyer, L.; Mordon, S.; Feuerstein, J.-M.; Sabatier, F.; Veran, J.; Magalon, G.;
Casanova, D. Comparison of five dermal substitutes in full-thickness skin wound healing in a porcine model.
Burns 2012, 38, 820–829. [CrossRef] [PubMed]

41. Yan, S.; Zhang, Q.; Wang, J.; Liu, Y.; Lu, S.; Li, M.; Kaplan, D.L. Silk fibroin/chondroitin sulfate/hyaluronic
acid ternary scaffolds for dermal tissue reconstruction. Acta Biomater. 2013, 9, 6771–6782. [CrossRef]
[PubMed]

42. Kesti, M.; Mueller, M.; Becher, J.; Schnabelrauch, M.; D’Este, M.; Eglin, D.; Zenobi-Wong, M. A versatile
bioink for three-dimensional printing of cellular scaffolds based on thermally and photo-triggered tandem
gelation. Acta Biomater. 2015, 11, 162–172. [CrossRef]

43. Daamen, W.F.; van Moerkerk, H.T.B.; Hafmans, T.; Buttafoco, L.; Poot, A.A.; Veerkamp, J.H.; van
Kuppevelt, T.H. Preparation and evaluation of molecularly-defined collagen-elastin-glycosaminoglycan
scaffolds for tissue engineering. Biomaterials 2003, 24, 4001–4009. [CrossRef]

44. McFadden, T.M.; Duffy, G.P.; Allen, A.B.; Stevens, H.Y.; Schwarzmaier, S.M.; Plesnila, N.; Murphy, J.M.;
Barry, F.P.; Guldberg, R.E.; O’Brien, F.J. The delayed addition of human mesenchymal stem cells to pre-formed
endothelial cell networks results in functional vascularization of a collagen-glycosaminoglycan scaffold
in vivo. Acta Biomater. 2013, 9, 9303–9316. [CrossRef]

45. Ko, C.-S.; Huang, J.-P.; Huang, C.-W.; Chu, I.M. Type II collagen-chondroitin sulfate-hyaluronan scaffold
cross-linked by genipin for cartilage tissue engineering. J. Biosci. Bioeng. 2009, 107, 177–182. [CrossRef]
[PubMed]

46. Chen, Y.-L.; Lee, H.-P.; Chan, H.-Y.; Sung, L.-Y.; Chen, H.-C.; Hu, Y.-C. Composite
chondroitin-6-sulfate/dermatan sulfate/chitosan scaffolds for cartilage tissue engineering. Biomaterials 2007,
28, 2294–2305. [CrossRef] [PubMed]

47. Kuo, C.-Y.; Chen, C.-H.; Hsiao, C.-Y.; Chen, J.-P. Incorporation of chitosan in biomimetic
gelatin/chondroitin-6-sulfate/hyaluronan cryogel for cartilage tissue engineering. Carbohyd. Polym. 2015,
117, 722–730. [CrossRef] [PubMed]

48. Fischer, R.L.; McCoy, M.G.; Grant, S.A. Electrospinning collagen and hyaluronic acid nanofiber meshes.
J. Mater. Sci. Mater. Med. 2012, 23, 1645–1654. [CrossRef] [PubMed]

23



Catalysts 2019, 9, 322

49. Ji, Y.; Ghosh, K.; Li, B.; Sokolov, J.C.; Clark, R.A.F.; Rafailovich, M.H. Dual-syringe reactive electrospinning
of cross-linked hyaluronic acid hydrogel nanofibers for tissue engineering applications. Macromol. Biosci.
2006, 6, 811–817. [CrossRef]

50. Zhong, S.P.; Teo, W.E.; Zhu, X.; Beuertnan, R.; Ramakrishna, S.; Yung, L.Y.L. Development of a novel
collagen-GAG nanofibrous scaffold via electrospinning. Mater. Sci. Eng. C Biomim. Supramol. Syst. 2007, 27,
262–266. [CrossRef]

51. Santo, V.E.; Gomes, M.E.; Mano, J.F.; Reis, R.L. Chitosan-chondroitin sulphate nanoparticles for controlled
delivery of platelet lysates in bone regenerative medicine. J. Tissue Eng. Regen. Med. 2012, 6, s47–s59.
[CrossRef] [PubMed]

52. Pomin, V.H.; Wang, X. Synthetic oligosaccharide libraries and microarray technology: A powerful
combination for the success of current glycosaminoglycan interactomics. ChemMedChem 2018, 13, 648–661.
[CrossRef] [PubMed]

53. Avci, F.Y.; DeAngelis, P.L.; Liu, J.; Linhardt, R.J. Enzymatic synthesis of glycosaminoglycans: improving
on nature. In Frontiers in Modern Carbohydrate Chemistry; Demchenko, A.V., Ed.; ACS Symposium Series;
American Chemical Society: Washington, DC, USA, 2007; Volume 960, pp. 253–284.

54. Linhardt, R.J.; Avci, F.Y.; Toida, T.; Kim, Y.S.; Cygler, M. CS lyases: Structure, activity, and applications in
analysis and the treatment of diseases. Adv. Pharmacol. 2006, 53, 187–215. [PubMed]

55. Kasinathan, N.; Volety, S.M.; Josyula, V.R. Chondroitinase: A promising therapeutic enzyme. Crit. Rev.
Microbiol. 2016, 42, 474–484. [CrossRef]

56. Orr, M.B.; Gensel, J.C. Spinal cord injury scarring and inflammation: Therapies targeting glial and
inflammatory responses. Neurotherapeutics 2018, 15, 541–553. [CrossRef] [PubMed]

57. Denholm, E.M.; Lin, Y.Q.; Silver, P.J. Anti-tumor activities of chondroitinase AC and chondroitinase B:
inhibition of angiogenesis, proliferation and invasion. Eur. J. Pharmacol. 2001, 416, 213–221. [CrossRef]

58. Yao, X.Y.; Hageman, G.S.; Marmor, M.F. Recovery of retinal adhesion after enzymatic perturbation of the
interphotoreceptor matrix. Invest. Ophthalmol. Vis. Sci. 1992, 33, 498–503.

59. Kato, F.; Iwata, H.; Mimatsu, K.; Miura, T. Experimental chemonucleolysis with chondroitinase ABC. Clin.
Orthop. Relat. Res. 1990, 253, 301–308. [CrossRef]

60. Buhren, B.A.; Schrumpf, H.; Hoff, N.P.; Bolke, E.; Hilton, S.; Gerber, P.A. Hyaluronidase: From clinical
applications to molecular and cellular mechanisms. Eur. J. Med. Res. 2016, 21, 5. [CrossRef] [PubMed]

61. Rzany, B.; Becker-Wegerich, P.; Bachmann, F.; Erdmann, R.; Wollina, U. Hyaluronidase in the correction of
hyaluronic acid-based fillers: A review and a recommendation for use. J. Cosmet. Dermatol. 2009, 8, 317–323.
[CrossRef] [PubMed]

62. Khan, N.; Niazi, Z.R.; Rehman, F.U.; Akhtar, A.; Khan, M.M.; Khan, S.; Baloch, N.; Khan, S. Hyaluronidases:
A Therapeutic Enzyme. Protein Pept. Lett. 2018, 25, 663–676. [CrossRef] [PubMed]

63. Zechel, D.L.; Withers, S.G. Glycosidase mechanisms: Anatomy of a finely tuned catalyst. Acc. Chem. Res.
2000, 33, 11–18. [PubMed]

64. Linhardt, R.J.; Galliher, P.M.; Cooney, C.L. Polysaccharide lyases. Appl. Biochem. Biotechnol. 1986, 12, 135–176.
[CrossRef] [PubMed]

65. Lombard, V.; Bernard, T.; Rancurel, C.; Brumer, H.; Coutinho, P.M.; Henrissat, B. A hierarchical classification
of polysaccharide lyases for glycogenomics. Biochem. J. 2010, 432, 437–444. [CrossRef] [PubMed]

66. Garron, M.L.; Cygler, M. Structural and mechanistic classification of uronic acid-containing polysaccharide
lyases. Glycobiology 2010, 20, 1547–1573. [CrossRef] [PubMed]

67. Wang, W.; Wang, J.; Li, F. Hyaluronidase and chondroitinase. Adv. Exp. Med. Biol. 2017, 925, 75–87. [PubMed]
68. Stern, R.; Jedrzejas, M.J. Hyaluronidases: Their genomics, structures, and mechanisms of action. Chem. Rev.

2006, 106, 818–839. [CrossRef]
69. Hovingh, P.; Linker, A. Hyaluronidase activity in leeches (Hirudinea). Comp. Biochem. Physiol. B Biochem.

Mol. Biol. 1999, 124, 319–326. [CrossRef]
70. Shaya, D.; Hahn, B.S.; Bjerkan, T.M.; Kim, W.S.; Park, N.Y.; Sim, J.S.; Kim, Y.S.; Cygler, M. Composite

active site of chondroitin lyase ABC accepting both epimers of uronic acid. Glycobiology 2008, 18, 270–277.
[CrossRef]

71. Linn, S.; Chan, T.; Lipeski, L.; Salyers, A.A. Isolation and characterization of two chondroitin lyases from
Bacteroides thetaiotaomicron. J. Bacteriol. 1983, 156, 859–866.

24



Catalysts 2019, 9, 322

72. Yamagata, T.; Saito, H.; Habuchi, O.; Suzuki, S. Purification and properties of bacterial chondroitinases and
chondrosulfatases. J. Biol. Chem. 1968, 243, 1523–1535.

73. Huang, W.; Lunin, V.V.; Li, Y.; Suzuki, S.; Sugiura, N.; Miyazono, H.; Cygler, M. Crystal structure of Proteus
vulgaris chondroitin sulfate ABC lyase I at 1.9A resolution. J. Mol. Biol. 2003, 328, 623–634. [CrossRef]

74. Prabhakar, V.; Raman, R.; Capila, I.; Bosques, C.J.; Pojasek, K.; Sasisekharan, R. Biochemical characterization
of the chondroitinase ABC I active site. Biochem. J. 2005, 390, 395–405. [CrossRef] [PubMed]

75. Lunin, V.V.; Li, Y.; Linhardt, R.J.; Miyazono, H.; Kyogashima, M.; Kaneko, T.; Bell, A.W.; Cygler, M.
High-resolution crystal structure of Arthrobacter aurescens chondroitin AC lyase: an enzyme-substrate
complex defines the catalytic mechanism. J. Mol. Biol. 2004, 337, 367–386. [CrossRef] [PubMed]

76. Elmabrouk, Z.H.; Vincent, F.; Zhang, M.; Smith, N.L.; Turkenburg, J.P.; Charnock, S.J.; Black, G.W.; Taylor, E.J.
Crystal structures of a family 8 polysaccharide lyase reveal open and highly occluded substrate-binding cleft
conformations. Proteins 2011, 79, 965–974. [CrossRef] [PubMed]

77. Fethiere, J.; Eggimann, B.; Cygler, M. Crystal structure of chondroitin AC lyase, a representative of a family
of glycosaminoglycan degrading enzymes. J. Mol. Biol. 1999, 288, 635–647. [CrossRef] [PubMed]

78. Huang, W.; Boju, L.; Tkalec, L.; Su, H.; Yang, H.O.; Gunay, N.S.; Linhardt, R.J.; Kim, Y.S.; Matte, A.; Cygler, M.
Active site of chondroitin AC lyase revealed by the structure of enzyme-oligosaccharide complexes and
mutagenesis. Biochemistry 2001, 40, 2359–2372. [CrossRef] [PubMed]

79. Pojasek, K.; Raman, R.; Kiley, P.; Venkataraman, G.; Sasisekharan, R. Biochemical characterization of the
chondroitinase B active site. J. Biol. Chem. 2002, 277, 31179–31186. [CrossRef] [PubMed]

80. Huang, W.; Matte, A.; Li, Y.; Kim, Y.S.; Linhardt, R.J.; Su, H.; Cygler, M. Crystal structure of chondroitinase B
from Flavobacterium heparinum and its complex with a disaccharide product at 1.7 A resolution. J. Mol.
Biol. 1999, 294, 1257–1269. [CrossRef]

81. Rigden, D.J.; Jedrzejas, M.J. Structures of Streptococcus pneumoniae hyaluronate lyase in complex with
chondroitin and chondroitin sulfate disaccharides. Insights into specificity and mechanism of action. J. Biol.
Chem. 2003, 278, 50596–50606. [CrossRef]

82. Zhu, C.; Zhang, J.; Zhang, J.; Jiang, Y.; Shen, Z.; Guan, H.; Jiang, X. Purification and characterization of
chondroitinase ABC from Acinetobacter sp. C26. Int. J. Biol. Macromol. 2017, 95, 80–86. [CrossRef]

83. Jandik, K.A.; Gu, K.; Linhardt, R.J. Action pattern of polysaccharide lyases on glycosaminoglycans.
Glycobiology 1994, 4, 289–296. [CrossRef] [PubMed]

84. Michel, G.; Pojasek, K.; Li, Y.; Sulea, T.; Linhardt, R.J.; Raman, R.; Prabhakar, V.; Sasisekharan, R.; Cygler, M.
The structure of chondroitin B lyase complexed with glycosaminoglycan oligosaccharides unravels a
calcium-dependent catalytic machinery. J. Biol. Chem. 2004, 279, 32882–32896. [CrossRef] [PubMed]

85. Cordula, C.R.; Lima, M.A.; Shinjo, S.K.; Gesteira, T.F.; Pol-Fachin, L.; Coulson-Thomas, V.J.; Verli, H.;
Yates, E.A.; Rudd, T.R.; Pinhal, M.A.; Toma, L.; Dietrich, C.P.; Nader, H.B.; Tersariol, I.L. On the catalytic
mechanism of polysaccharide lyases: Evidence of His and Tyr involvement in heparin lysis by heparinase I
and the role of Ca2+. Mol. BioSyst. 2014, 10, 54–64. [CrossRef] [PubMed]

86. Li, L.; Li, Y.; Feng, D.; Xu, L.; Yin, F.; Zang, H.; Liu, C.; Wang, F. Preparation of low molecular weight
chondroitin sulfates, screening of a high anti-complement capacity of low molecular weight chondroitin
sulfate and its biological activity studies in attenuating osteoarthritis. Int. J. Mol. Sci. 2016, 17, 1685.
[CrossRef] [PubMed]

87. Buyue, Y.; Sheehan, J.P. Fucosylated chondroitin sulfate inhibits plasma thrombin generation via targeting of
the factor IXa heparin-binding exosite. Blood 2009, 114, 3092–3100. [CrossRef] [PubMed]

88. Tat, S.K.; Pelletier, J.P.; Mineau, F.; Duval, N.; Martel-Pelletier, J. Variable effects of 3 different chondroitin
sulfate compounds on human osteoarthritic cartilage/chondrocytes: relevance of purity and Production
Process. J. Rheumatol. 2010, 37, 656–664. [CrossRef] [PubMed]

89. Silva, L.C. Isolation and purification of chondroitin sulfate. Adv. Pharmacol. 2006, 53, 21–31. [PubMed]
90. Volpi, N. Analytical aspects of pharmaceutical grade chondroitin sulfates. J. Pharm. Sci. 2007, 96, 3168–3180.

[CrossRef] [PubMed]
91. Leeb, B.F.; Schweitzer, H.; Montag, K.; Smolen, J.S. A metaanalysis of chondroitin sulfate in the treatment of

osteoarthritis. J. Rheumatol. 2000, 27, 205–211.
92. Surapaneni, L.; Haley-Zitlin, V.; Bodine, A.; Jiang, X.P.; Brooks, J. Examination of chondroitin sulfate

molecular weights on in vitro anti-inflammatory activity. FASEB J. 2013, 27, 1.

25



Catalysts 2019, 9, 322

93. Cho, S.Y.; Sim, J.S.; Jeong, C.S.; Chang, S.Y.; Choi, D.W.; Toida, T.; Kim, Y.S. Effects of low molecular weight
chondroitin sulfate on type II collagen-induced arthritis in DBA/1J mice. Biol. Pharm. Bull. 2004, 27, 47–51.
[CrossRef]

94. Igarashi, N.; Takeguchi, A.; Sakai, S.; Akiyama, H.; Higashi, K.; Toida, T. Effect of molecular sizes of
chondroitin sulfate on interaction with L-Selectin. Int. J. Carbohydr. Chem. 2013, 2013, 856142. [CrossRef]

95. Renukuntla, J.; Vadlapudi, A.D.; Patel, A.; Boddu, S.H.S.; Mitra, A.K. Approaches for enhancing oral
bioavailability of peptides and proteins. Int. J. Pharm. 2013, 447, 75–93. [CrossRef] [PubMed]

96. Xiao, Y.; Li, P.; Cheng, Y.; Zhang, X.; Sheng, J.; Wang, D.; Li, J.; Zhang, Q.; Zhong, C.; Cao, R.; Wang, F.
Enhancing the intestinal absorption of low molecular weight chondroitin sulfate by conjugation with
alpha-linolenic acid and the transport mechanism of the conjugates. Int. J. Pharm. 2014, 465, 143–158.
[CrossRef] [PubMed]

97. Martel-Pelletier, J.; Farran, A.; Montell, E.; Verges, J.; Pelletier, J.P. Discrepancies in composition and biological
effects of different formulations of chondroitin sulfate. Molecules 2015, 20, 4277–4289. [CrossRef] [PubMed]

98. Pecly, I.M.D.; Melo, N.M.; Mourao, P.A.S. Effects of molecular size and chemical structure on renal and
hepatic removal of exogenously administered chondroitin sulfate in rats. Biochim. Biophys. Acta Gen. Subj.
2006, 1760, 865–876. [CrossRef] [PubMed]

99. Volpi, N. About oral absorption and human pharmacokinetics of chondroitin sulfate. Osteoarthritis Cartilage
2010, 18, 1104–1105. [CrossRef]

100. Williams, A.; He, W.Q.; Cress, B.F.; Liu, X.Y.; Alexandria, J.; Yoshizawa, H.; Nishimura, K.; Toida, T.;
Koffas, M.; Linhardt, R.J. Cloning and expression of recombinant chondroitinase acii and its comparison to
the arthrobacter aurescens enzyme. Biotechnol. J. 2017, 12, 1700239. [CrossRef] [PubMed]

101. Chen, Z.; Li, Y.; Yuan, Q. Expression, purification and thermostability of MBP-chondroitinase ABC I from
Proteus vulgaris. Int. J. Biol. Macromol. 2015, 72, 6–10. [CrossRef] [PubMed]

102. Li, Y.; Chen, Z.; Zhou, Z.; Yuan, Q. Expression, purification and characterization of GAPDH-ChSase ABC I
from Proteus vulgaris in Escherichia coli. Protein Expr. Purif. 2016, 128, 36–41. [CrossRef]

103. Wang, J.P.; Zhang, L.; Jin, Z.Y. Separation and purification of low-molecular-weight chondroitin sulfates and
their anti-oxidant properties. Bangladesh J. Pharmacol. 2016, 11, S61–S67. [CrossRef]

104. Valko, M.; Leibfritz, D.; Moncol, J.; Cronin, M.T.; Mazur, M.; Telser, J. Free radicals and antioxidants in
normal physiological functions and human disease. Int. J. Biochem. Cell Biol. 2007, 39, 44–84. [CrossRef]
[PubMed]

105. Fu, J.; Jiang, Z.; Chang, J.; Han, B.; Liu, W.; Peng, Y. Purification, characterization of Chondroitinase ABC
from Sphingomonas paucimobilis and in vitro cardiocytoprotection of the enzymatically degraded CS-A.
Int. J. Biol. Macromol. 2018, 115, 737–745. [CrossRef] [PubMed]

106. Vasconcelos, A.A.; Sucupira, I.D.; Guedes, A.L.; Queiroz, I.N.; Frattani, F.S.; Fonseca, R.J.; Pomin, V.H.
Anticoagulant and antithrombotic properties of three structurally correlated sea urchin sulfated glycans and
their low-molecular-weight derivatives. Mar. Drugs 2018, 16, 304. [CrossRef] [PubMed]

107. Zhao, L.; Wu, M.; Xiao, C.; Yang, L.; Zhou, L.; Gaoa, N.; Li, Z.; Chen, J.; Chen, J.; Liu, J.; et al. Discovery of an
intrinsic tenase complex inhibitor: Pure nonasaccharide from fucosylated glycosaminoglycan. Proc. Natl.
Acad. Sci. USA 2015, 112, 8284–8289. [CrossRef] [PubMed]

108. He, M.; Wang, J.; Hu, S.; Wang, Y.; Xue, C.; Li, H. The effects of fucosylated chondroitin sulfate isolated from
Isostichopus badionotus on antimetastatic activity via down-regulation of Hif-1α and Hpa. Food Technol.
Biotechnol. 2014, 23, 1643–1651. [CrossRef]

109. Zhao, Y.; Zhang, D.; Wang, S.; Tao, L.; Wang, A.; Chen, W.; Zhu, Z.; Zheng, S.; Gao, X.; Lu, Y. Holothurian
glycosaminoglycan inhibits metastasis and thrombosis via targeting of nuclear factor-κB/tissue factor/Factor
Xa pathway in melanoma B16F10 cells. PLoS ONE 2013, 8, e56557. [CrossRef]

110. Li, J.; Li, S.; Yan, L.; Ding, T.; Linhardt, R.J.; Yu, Y.; Liu, X.; Liu, D.; Ye, X.; Chen, S. Fucosylated chondroitin
sulfate oligosaccharides exert anticoagulant activity by targeting at intrinsic tenase complex with low FXII
activation: Importance of sulfation pattern and molecular size. Eur. J. Med. Chem. 2017, 139, 191–200.
[CrossRef]

111. Wu, N.; Zhang, Y.; Ye, X.; Hu, Y.; Ding, T.; Chen, S. Sulfation pattern of fucose branches affects the
anti-hyperlipidemic activities of fucosylated chondroitin sulfate. Carbohyd. Polym. 2016, 147, 1–7. [CrossRef]
[PubMed]

26



Catalysts 2019, 9, 322

112. Chen, S.; Li, G.; Wu, N.; Guo, X.; Liao, N.; Ye, X.; Liu, D.; Xue, C.; Chai, W. Sulfation pattern of the fucose
branch is important for the anticoagulant and antithrombotic activities of fucosylated chondroitin sulfates.
BBA Gen. Subjects 2013, 1830, 3054–3066. [CrossRef] [PubMed]

113. Sheehan, J.P.; Walke, E.N. Depolymerized holothurian glycosaminoglycan and heparin inhibit the intrinsic
tenase complex by a common antithrombin-independent mechanism. Blood 2006, 107, 3876–3882. [CrossRef]
[PubMed]

114. Solakyildirim, K.; Zhang, Z.; Linhardt, R.J. Ultraperformance liquid chromatography with electrospray
ionization ion trap mass spectrometry for chondroitin disaccharide analysis. Anal. Biochem. 2010, 397, 24–28.
[CrossRef] [PubMed]

115. Peng, C.N.; Wang, Q.B.; Wang, S.M.; Wang, W.S.; Jiao, R.M.; Han, W.J.; Li, F.C. A chondroitin sulfate
and hyaluronic acid lyase with poor activity to glucuronyl 4,6-O-disulfated N-acetylgalactosamine
(E-type)-containing structures. J. Biol. Chem. 2018, 293, 4230–4243. [CrossRef] [PubMed]

116. Mizumoto, S.; Murakoshi, S.; Kalayanamitra, K.; Deepa, S.S.; Fukui, S.; Kongtawelert, P.; Yamada, S.;
Sugahara, K. Highly sulfated hexasaccharide sequences isolated from chondroitin sulfate of shark fin
cartilage: Insights into the sugar sequences with bioactivities. Glycobiology 2013, 23, 155–168. [CrossRef]
[PubMed]

117. Okamoto, Y.; Higashi, K.; Linhardt, R.J.; Toida, T. Comprehensive analysis of glycosaminoglycans from the
edible shellfish. Carbohyd. Polym. 2018, 184, 269–276. [CrossRef]

118. Benito-Arenas, R.; Doncel-Pérez, E.; Fernández-Gutiérrez, M.; Garrido, L.; García-Junceda, E.; Revuelta, J.;
Bastida, A.; Fernández-Mayoralas, A. A holistic approach to unravelling chondroitin sulfation: Correlations
between surface charge, structure and binding to growth factors. Carbohyd. Polym. 2018, 202, 211–218.
[CrossRef] [PubMed]

119. Doncel-Pérez, E.; Aranaz, I.; Bastida, A.; Revuelta, J.; Camacho, C.; Acosta, N.; Garrido, L.; Civera, C.;
García-Junceda, E.; Heras, A.; et al. Synthesis, physicochemical characterization and biological evaluation of
chitosan sulfate as heparan sulfate mimics. Carbohyd. Polym. 2018, 191, 225–233. [CrossRef] [PubMed]

120. Pudełko, A.; Wisowski, G.; Olczyk, K.; Koźma, E.M. The dual role of the glycosaminoglycan
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Abstract: Statins, inhibitors of 3-hydroxy-3-methylglutaryl coenzyme A (HMG-CoA) reductase, are
the largest selling class of drugs prescribed for the pharmacological treatment of hypercholesterolemia
and dyslipidaemia. Statins also possess other therapeutic effects, called pleiotropic, because the
blockade of the conversion of HMG-CoA to (R)-mevalonate produces a concomitant inhibition of
the biosynthesis of numerous isoprenoid metabolites (e.g., geranylgeranyl pyrophosphate (GGPP)
or farnesyl pyrophosphate (FPP)). Thus, the prenylation of several cell signalling proteins (small
GTPase family members: Ras, Rac, and Rho) is hampered, so that these molecular switches,
controlling multiple pathways and cell functions (maintenance of cell shape, motility, factor secretion,
differentiation, and proliferation) are regulated, leading to beneficial effects in cardiovascular health,
regulation of the immune system, anti-inflammatory and immunosuppressive properties, prevention
and treatment of sepsis, treatment of autoimmune diseases, osteoporosis, kidney and neurological
disorders, or even in cancer therapy. Thus, there is a growing interest in developing more sustainable
protocols for preparation of statins, and the introduction of biocatalyzed steps into the synthetic
pathways is highly advantageous—synthetic routes are conducted under mild reaction conditions, at
ambient temperature, and can use water as a reaction medium in many cases. Furthermore, their
high selectivity avoids the need for functional group activation and protection/deprotection steps
usually required in traditional organic synthesis. Therefore, biocatalysis provides shorter processes,
produces less waste, and reduces manufacturing costs and environmental impact. In this review,
we will comment on the pleiotropic effects of statins and will illustrate some biotransformations
nowadays implemented for statin synthesis.

Keywords: biocatalysis; biotransformations; statins; pleiotropic effects

1. Introduction

It is very well known that raised cholesterol levels increase the risks of heart disease and
stroke. Globally, a third of ischaemic heart disease is attributable to high cholesterol and, according
to the World Health Organization, raised cholesterol is estimated to cause 2.6 million deaths
(4.5% of total) and 29.7 million disability adjusted life years (DALYS) [1]. In this sense, inhibitors
of 3-hydroxy-3-methylglutaryl coenzyme A (HMG-CoA) reductase, commonly known as statins
(Figure 1), are the largest selling class of drugs prescribed for the pharmacological treatment
of hypercholesterolemia and dyslipidaemia [2,3], and it has been also reported that since their
introduction in 1987, the lives of millions of people have been extended through statin therapy
and, more importantly, quality of life has been drastically improved [4].
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Figure 1. Some Statins, inhibitors of 3-hydroxy-3-methylglutaryl coenzyme A (HMG-CoA) reductase.

Since the discovery of the first statins from natural sources, mevastatin (Figure 1, 1, also named
compactin, from the fungi Penicillium citrinum [5] and Penicillium brevicompactum [6]), lovastatin
(Figure 1, 2, Mevinolin, found in Aspergillus terreus [7] and food such as oyster mushrooms [8] or
red yeast rice [9]), simvastatin (Figure 1, 3, Mevacor, also isolated from Aspergillus terreus [10]), and
pravastatin (Figure 1, 4, initially known as CS-514, originally identified in the bacterium Nocardia
autotrophica [11]), synthetic more potent compounds (Figure 1, 5–9), also known as superstatins,
were introduced into the drug market [12,13]. As can be observed, the common structure of these
compounds is formed by a central core of different heterocyclic aromatic rings containing nitrogen,
and a lateral chain derived from (3R,5R)-3,5-dihydroxyheptanoic acid.

The economic impact of statins on the drug market is enormous. For instance, simvastatin
was originally developed by Merck under the brand name Zocor™; in 2005, Zocor™ was Merck’s
best-selling drug and the second-largest selling statin in the world (more than US$3 million only in
USA, according to different reports [14–21]). In 2006, Zocor™ went off patent, and the annual sales
drastically dropped; anyhow, from that moment, generic simvastatin became the most-prescribed
statin in the world between 2010 and 2015 [19,20,22]. On the other hand, atorvastatin (Figure 1, ATC
(Anatomical Therapeutic Chemical) classification system, according to World Health Organization)
Code C10AA05, DrugBank Code DB01076, 5) is the greatest blockbuster drug in pharmaceutical history,
and the best known representative of superstatins, receiving this name because of its pronounced
ability to reduce low-density lipoprotein cholesterol levels and increase high-density lipoprotein
cholesterol compared with other existing agents [13]. It was first synthesized in 1985 by Bruce Roth
of Parke-Davis Warner-Lambert Company (now Pfizer), which commercialized it under the name of
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Lipitor™. Since it was approved in 1996, sales have exceeded US$125 billion, and the drug has topped
the list of best-selling branded pharmaceuticals in the world for nearly a decade. When Pfizer’s patent
on Lipitor™ expired in USA by the end of 2011 and in Europe in mid-2012, generic atorvastatin from
other companies became available, and it is still being widely sold (US$2.16 billion in sales, standing
as the year’s fourth-best-selling cardiovascular drug, with analysts predicting sales of US$1.85 billion
in 2024 [23]). Finally, rosuvastatin (Figure 1, 9, ATC Code C10AA07, DrugBank Code DB01098) was
marketed as calcium salt in 2003 by AstraZeneca under the name of Crestor™. Like atorvastatin,
rosuvastatin is also a superstatin; the initial patent on rosuvastatin synthesis (purely chemical) was
developed by Shionogi Research Laboratories [24] and later sold to AstraZeneca. This patent expired
in June 2016, but anyhow, it still can be considered a blockbuster drug, by looking at the great volume
of sales of Crestor™ (around U$2.7 billion in 2017, and US$727 million for the first half of 2018 [23]).
A recent study [25] points toward global sales of statins of US$1 trillion by 2020, thus pharmaceutical
companies are still interested in developing new synthetic strategies for putting these drugs on
the market.

Thus, it is undoubtedly clear that the statin market involves a huge amount of money.
Furthermore, the importance of this type of drug is even higher because of their new therapeutic
uses that are recently becoming more and more recognized, which will be commented on in Section 2.
Finally, as the absolute configuration of statins plays a crucial role in the activity of these compounds,
the enormous potential of an enantioselective biocatalytic process for the sustainable synthesis of chiral
building blocks involved in statin preparative procedures will further be commented on in Section 3.

2. New Therapeutic Effects of Statins

As mentioned before, these drugs act by reversibly and competitively inhibiting the bioreduction
of S-3-hydroxy-3-methylglutaryl-coA (HMG-CoA), the rate-limiting step of the mevalonate pathway
in cholesterol biosynthesis (Figure 2), because of the chemical similitude with mevalonyl-CoA, the
intermediate obtained after the first reduction of HMG-CoA. Furthermore, there is extensive recent
evidence suggesting that statins are more than simple lipid-lowering drugs [3,26]; in fact, a large
amount of up-to-date experimental data have confirmed that statins may exert many different
potentially beneficial therapeutic effects, by several mechanisms not essentially related to cholesterol
metabolism. These so-called pleiotropic effects [27] could be attributed to their ability to prevent
the conversion of HMG-CoA to R-mevalonate, which results in the concomitant inhibition of the
downstream biosynthesis of cholesterol, as well as of numerous isoprenoid metabolites, such as
geranylgeranyl pyrophosphate (GGPP) or farnesyl pyrophosphate (FPP), as shown in Figure 2.

These molecules are well-known key intermediates for prenylation of several cell signalling
proteins (such as small GTPase family members: Ras, Rac, Rho, Rab), which act as molecular switches
controlling multiple pathways and cell functions (maintenance of cell shape, motility, factor secretion,
differentiation, and proliferation), so that they can be inhibited by statin treatment [28]. For instance,
when Ras and Rho isoprenylation is inhibited, there is a concurrent accumulation of inactive forms
of both proteins in cytoplasm and an inhibition of these signalling molecules [29]. Certainly, it has
been reported that small G-proteins like Rho and Rac influence endothelial nitric oxide synthase
(eNOS) expression and nitric oxide (NO) availability [30]. Rho negatively regulates eNOS expression,
while Rac activates nicotinamide dinucleotide phosphate (NADPH)-oxidase and the correspondent
superoxide production, which in turn inactivates NO. If statins block both Rho and Rac GTPase activity
via inhibition of geranylgeranylation, this leads to eNOS upregulation [31,32]. Remarkably, some
beneficial effects of statins were displayed before cholesterol levels were reduced [30], and it can
be assumed that those effects, dependent on the enhancement of eNOS expression and/or activity,
result in a decline of platelet activation, attenuation of adhesion molecules expression, decrease of
inflammatory cytokine production, and increase of reactive oxygen species (ROS) [33]. Therefore,
pleiotropic effects of statins include the reduction of haemostasis by reducing platelet activation and the
pro-coagulation cascade; the increase of fibrinolysis and the anticoagulation cascade; the improvement
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of endothelial function; the increase of NO bioavailability; as well as antioxidant, immune modulatory,
and anti-inflammatory activities and stabilization of atherosclerotic plaques [27,29,34–37]. Thus, the
therapeutic effects of statins are nowadays present in areas such as cardiovascular health, regulation of
the immune system, anti-inflammatory and immunosuppressive properties, prevention and treatment
of sepsis, treatment of autoimmune diseases, osteoporosis, kidney and neurological disorders, and
even in cancer therapy; some of these therapeutic areas will be commented on.

 

Figure 2. Mevalonate pathway.

2.1. Cardiovascular Effects

Aside from the main mechanism of action of lowering cholesterol levels, statins are also useful
in the treatment of some other cardiovascular disorders, including acute coronary syndrome, heart
failure, cardiac arrhythmias, aortic stenosis, peripheral arterial disease, cerebrovascular disease, and
essential hypertension, as recently reviewed (see papers by Mihos et al. [38], Oesterle et al. [39],
and references therein). In fact, chronic administration of statins is believed to produce what is
known as PIC (“pre-ischemic conditioning”), protecting the myocardium during ischemic insult and
injury [40], as a consequence of an increase in nitric oxide availability and immunomodulation; thus,
statins increase the production of nitric oxide and blunt the formation of superoxide radicals via the
upregulation of eNOS and stabilization of its mRNA, leading to an improved vascular function and a
reduction in vascular inflammation [34]. In this sense, recent studies show the effectiveness of statins’
cardiovascular primary prevention [41], also for elderly people [42], and point towards the special
benefits of fluvastatin [43].
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2.2. Immunomodulatory Effects

The main objectives of autoimmune therapies are to re-establish immunological homeostasis
and reduce autoimmune damages. Different studies are increasingly suggesting that an imbalance
between Th17 and Treg cells, as well as the incorrect release of potent pro-inflammatory mediators
by Th17 cells, are crucial for the pathogenesis of a number of autoimmune disorders [44].
Thus, a new immunotherapeutic strategy could be based on increasing Treg or inhibiting Th17
differentiation/effector functions. In this respect, statins show an outstanding potential, especially
considering the increasing evidence that they might inhibit Th17 differentiation/effector functions and
conversely promote Treg differentiation/suppressive function selectively in the setting of autoimmune
diseases [44]. Small GTPases have been centrally implicated in regulating the development and
functions of T and B lymphocytes as well as of dendritic cells (DC) [45,46]. Thus, as a consequence
of the inhibition of GTPases prenylation, statin-based therapy can be a potential alternative for
the treatment of autoimmune diseases [44,47,48]. In fact, positive effects of statin treatment have
been reported in numerous autoimmune diseases such as multiple sclerosis [49,50], systemic lupus
erythematosus [51–53], autoimmune myocarditis [54–56], or rheumatoid arthritis [44,57–59].

2.3. Neurological Disorders

This is probably one of the most attractive therapeutic areas in which the use of statins
introduces interesting advances. Pleiotropic effects of statins via GTPases inhibition might have
potential therapeutic implications in many neurological disorders, as the current connection between
neurodegenerative diseases and vascular risk factors is becoming more and more evident [30,60];
therefore, statin treatment could display beneficial effects in neurological disorders such as stroke,
Alzheimer’s disease (AD), Parkinson’s disease (PD), multiple sclerosis (MS), primary brain tumours,
or depression.

2.3.1. Stroke

The risk factors for cerebrovascular disease are well known and largely variable and, in this
sense, reduction of serum cholesterol levels could be highly beneficial for reducing the hazard of
suffering a cerebrovascular accident (CVA), also named stroke [30]. Anyhow, an indubitable link
between high cholesterol level and stroke risk is difficult to establish, because controversial data from
several clinical studies have been published in the literature, some of them finding no relationship
between cholesterol and stroke [61,62], while in some other cases, the beneficial effects are indeed
observed [63,64]. A possible explanation for these discrepancies could be based on the fact that stroke
can be either ischemic or haemorrhagic, and there are evidences supporting an association between
elevated cholesterol and increased risk of ischemic stroke, but also showing a relationship between
low cholesterol levels and increased risk of haemorrhagic stroke [30]. So, while disagreements are
still present on the usefulness of statins in the primary prevention of acute stroke, there is a wide
consensus on the positive aspects of statins treatment in secondary prevention after stroke or transient
ischemic attack for diminishing the menace of suffering a new stroke [65–68]. Even in haemorrhagic
stroke, some data from recent studies suggest that statin therapy could improve the outcome after
spontaneous intra-cerebral haemorrhage and statin therapy should be not discontinued [69–71]. In any
case, the most feasible explanation for reduction in clinical events reported for patients treated with
statins is the stabilization of atherosclerotic plaques, which are generated by lipids deposition and
migration and proliferation of vascular smooth muscle cells (see report from Malfitano et al. [30] and
references cited therein for a more detailed explanation).

2.3.2. Alzheimer’s Disease (AD)

AD is a chronic neurodegenerative syndrome caused by the appearance of brain senile plaques
composed of aggregated forms of β-amyloid peptide (Aβ), and it is the most common cause of

32



Catalysts 2019, 9, 260

dementia in elderly people, with a new case globally occurring every seven seconds [72]. Emerging
evidence suggests a link between cholesterol and AD [37,72–76], and extensive studies have been
published stressing the therapeutic utility of pleiotropic effects of statins, showing a dose-dependent
beneficial effect on cognition, memory, and neuroprotection [72] by different mechanisms, such as
altering the properties of plasma membrane by a reduction in cholesterol levels and a modulation of
secretase activities, thus decreasing amyloid precursor protein (APP) processing [77], or by altering
neuronal activity via modification of GTPases prenylation [28,74,78]. On the other hand, a possible
effect of statins in cholinergic neurotransmission has been also described; in fact, simvastatin inhibits
acetyl cholinesterase (AChE) activity in rats [79] and prevents the blockade caused by AChE inhibitors
at α 7-nicotinic AChE receptors [80], thus increasing cholinergic neurotransmission. In this sense,
Ghodke et al. [81] reported that statins treatment for 4 months, but not for 15 days, showed noteworthy
enhancement in mice memory function, whereas a high cholesterol diet showed significant diminishing
of memory. However, long-term statin treatment showed a significant decrease in serum cholesterol
level as well as brain AChE level. Moreover, a high cholesterol diet showed a significant decrease in
memory function with an increase in serum cholesterol level as well as brain AChE level. Thus, they
concluded that there was no direct correlation between brain cholesterol level, as well as HMG-CoA
activity with memory function regulation, although there is tangible link between plasma cholesterol
level and AChE level, and long-standing plasma cholesterol alteration may be essential to regulate
memory function through the AChE modulated pathway. Finally, a simvastatin-related rise of butyryl
cholinesterase (BuChE) activity in mice brain, which may be a potential adverse effect in patients with
AD, has been recently reported [82].

Another feasible mechanism for explaining statins’ neuroprotective effect considers an activation
of the heme oxygenase/biliverdin reductase (HO/BVR-A) system [37]. Statins can also be active
in AD treatment because of their protecting effect against glutamate toxicity over primary cortical
neurons [83,84]. Low-dose administration of statins avoids aberrant neuronal entry into mitosis [85],
promotes anti-apoptotic pathways [86], and impairs inflammation [87], although higher doses of
statins have been shown to induce toxic effects [88]. Recently, some studies point towards the utility of
simvastatin administration in the improving of hippocampus-dependent spatial memory in mice, due
to an activation of Akt (protein kinase B), via a depletion of FPP and inhibition of farnesylation [89,90].
This same group has recently shown how simvastatin administration potentiates the contribution
of N-methyl D-aspartate receptor (NMDAR) to synaptic transmission, by increasing the surface
distribution of the GluN2B subunit of the NMDAR without affecting cellular cholesterol content [91].
The influence of statins in these ionotropic glutamate-receptors, and the succeeding utility of these
drugs on treatment of AD and other mental disorders, is undoubtedly a very attractive and innovative
research field [91,92].

Lamentably, although most evidence consistently confirms how statins do afford neuroprotection
and improve disease pathology in animal models [93,94], results are rather controversial or even
disappointing in human trials [72,95–98], thus a very careful study design and analysis will be essential
in the future [95].

2.3.3. Parkinson’s Desease (PD)

PD, the second most common chronic neurodegenerative disorder in adults over the age of
65 years [99], is a progressive neurodegenerative disorder characterised by the presence of intracellular
protein aggregates (Lewy bodies) and the loss of dopaminergic neurons from the pars compacta
component of the substantia nigra in the midbrain; PD-related clinical manifestations of dopamine
deficiency (gait, tremor, rigidity, and bradykinesia) are the most archetypical symptoms of this disease.
There are several studies showing that some statins (simvastatin, but neither atorvastatin nor lovastatin)
may reduce the incidence of PD in patients aged over 65 years [100]. Compared with discontinuation of
statins, continuation of lipophilic statin use has been associated with a reduced risk of PD, particularly
in the elderly [101]; nevertheless, in patients with existing PD, 10-day treatment of simvastatin
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(40 mg/day) showed no significant effects on dyskinesia, functional impairment, or involuntary
movement [102].

As inflammation is accepted to be a main contributor to the PD aetiology, the anti-inflammatory
action of statins could be a rational explanation for their activity [30]; in fact, simvastatin has been
reported useful for reversing the loss of striatal dopamine activity and the production of nitrosylated
free radicals, thus inducing neuro-protection [103,104], by decreasing the release of inflammatory
mediators from microglia. Also, some studies in rats have shown that simvastatin can protect
against loss of NMDA receptors produced by 6-hydroxydopamine (6-OHDA) [105]; also using
the 6-OHDA model in rats, Wang et al. [106] recently described the beneficial effect of simvastatin
in reducing abnormal involuntary movements known as L-DOPA-induced dyskinesia, commonly
observed in patients chronically treated with L-DOPA. Finally, simvastatin and pravastatin can decrease
the dopaminergic neuronal loss induced by MPTP (1-methyl-4-phenyl-1,2,3,6-tetrahydropyridine)
via inhibition of p21(Ras)-induced NF-κB (nuclear factor kappa-light-chain-enhancer of activated
B cells) [107].

Anyhow, as mentioned in the previous paragraph, more definitive evidence from prospective and
clinical studies is required before drawing any conclusions about statins efficacy for treatment of PD.

2.3.4. Depression

As well as for the previous neurological disorders discussed so far, there are reported discrepancies
about statins’ effect in depression, with some studies reporting positive effects of statins in reducing
depression and depression-like symptoms in animals [108–115] or humans [116,117], while some
others stated no relationships [118–120]. These divergences require more detailed studies, also for
elucidating the possible mechanism of the positive effects, which, in some cases, have been associated
with a modulation of NMDA receptors [121] or peroxisome proliferator-activated receptor gamma
(PPAR-γ) receptors, by NO inhibition [122].

2.3.5. Epilepsy

In several studies, a reduced risk of developing epilepsy after age 50 has been reported [123–128],
and the mechanism for this neuroprotective effect has been associated with a decrease in the association
of subunit 1 of NMDA receptors to lipid rafts [129], as well as inhibition of calcium-dependent calpain
activation, ROCK inhibition, the activation of the PI3K pathway, and increased APP cleavage [124], or
the increased expression level of eNOS [130]; a recent publication by Scicchitano et al. [131] summarises
the currently available data concerning statin effects in modulating epileptic seizure activity (sometimes
adversely) and epileptogenesis in different experimental models, as well as in clinical studies [123,132].

2.4. Cancer

There are many studies dealing with the potential antitumor efficacy of statins, reporting effects
in different cancer cell lines, as well as the possible risks of cancer development caused by statins
treatment and the results of different clinical trials [133–138]. Once again, the molecular mechanisms
explaining statins’ effects are quite different, and clinical trials are not reporting conclusive results;
in fact, although some large scale meta-analyses seem to indicate that statins do not have significant
effects on cancer incidence [133,139,140], in some other cases, some beneficial effects associated with
statins’ administration in the treatment of different cancers have been described [141–144].

What is really clear is that there is not just one mechanism explaining the anticancer activity of
statins, because depending on the type and dosages of statin used, the type of cancer cells, and the time
of exposure of cells to statins, different effects leading to cell-cycle arrest, induction of apoptosis, or
changes in molecular pathways are reported [138]. Concerning cell modifications, a common scheme
is followed, starting with an arrest of cells in the G1 [145,146] or S-phase [147], and this inhibition
of cell-cycle progression is mediated by cyclins (such as cyclin D1 [148]), cyclin-dependent kinases
(CDKs, such as p21WAF1/CIP1 [148], p27 [149], CD4 [148], or p53 [150,151]), and inhibitors of CDKs [145].
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Simultaneously, inhibition of G-protein prenylation is produced, leading to the arrest of proliferation
and/or induction of apoptosis in cancer cells [152,153], by an increase in caspases activity [147,154,155];
henceforward, inhibition of prenylation is a promising way to impede progression of cancer (see the
recent review of Matusewicz et al. [138] and cites therein). On the other hand, it has been also
reported that a substantial reduction in the amount of cholesterol leads to a reduction in the content of
membrane lipid rafts in the cell membrane, altering cell signalling [156,157], and loosing membrane
integrity; in this sense, it is known that the membrane of breast cancer and prostate cancer cells has
higher level of cholesterol and lipid rafts, so these cells are more susceptible to apoptosis promoted by
statins compared with normal cells [158,159]. In another feasible mechanism, statins are associated
with inhibition of phosphorylation of caveolin-1 (Cav-1), the integral membrane protein that binds
and transport cholesterol, which promotes tumour cell survival and resistance to chemotherapy by
different mechanisms [160].

Anyhow, an exhaustive recompilation of all other mechanisms proposed to explain the action of
statins in cancer treatment would be out of the scope of this manuscript and can be found in recent
reviews [135,136,138,161]. However, once again, while the correlation between data obtained in vitro
with those other ones reported in animal models is very high, clinical trials are not that irrefutable in
their conclusions, and more detailed studies are demanded.

3. Biocatalyzed Synthesis of Statins

As previously indicated in the Introduction, the use of biocatalyzed steps for preparing homochiral
synthons useful for the synthesis of statins is a smart strategy for gaining both efficiency and
sustainability. In this section, we will present some examples.

3.1. Simvastatin

Lovastatin (Mevacor 2, ATC Code C10AA02, DrugBank Code DB00227, Figure 1) is a
naturally-occurring fungal polyketide produced by Aspergillus terreus [162], while simvastatin (3, ATC
Code C10AA01, DrugBank Code DB00641, Figure 1) is a semisynthetic analogue of 2 and is
more effective in treating hypercholesterolemia, because of the fact that the substitution of the
α-methylbutyrate side chain with α-dimethylbutyrate significantly increases the inhibitory properties
of 2, while lowering undesirable side effects [10].

Because of the economic importance of simvastatin, as mentioned in the Introduction, various
multistep syntheses of 3 starting from 2 have been described; thus, a widely used process (route #1)
starts with the hydrolysis of the C8 ester in 2 to yield the triol Monacolin J 10, followed by selective
silylation of the C13 alcohol to yield 11, esterification of C8 alcohol with dimethylbutyryl chloride to
furnish 12, and deprotection of C13 alcohol to finally yield 3 [163] (Figure 3).

In another option, namely route #2 [164], lovastatin 2 was treated with n-butylamine and TBSCl
to obtain 13, which was alkylated with another methyl group to furnish 14, and finally transformed
into 3 by hydrolysis and lactonization. Both multistep processes shown in Figure 3 were laborious,
thus contributing to simvastatin being nearly five times more expensive than lovastatin [165].

Some enzymatic transformations using lipases and esterases were investigated as alternatives to
chemical hydrolysis leading to Monacolin J 10 [166,167]. However, the requirement of regioselective
esterification of the C8 alcohol invariably involves protection of other reactive alcohol groups in 10,
and generally leads to lowered overall yield. Therefore, a specific reagent that is able to selectively
acylate C8 of 10 is important for the efficient synthesis of simvastatin 3 and additional statin analogues.

In this sense, Tang and co-workers [22] described an acyltransferase (LovD) able to catalyse the
last step of lovastatin biosynthesis, as shown in Figure 4, by transferring a 2,2-dimethylbutyryl acyl
group from dimethylbutyryl-S-methylmercaptopropionate (DMB-SMMP, 16) regioselectively to the C8
hydroxyl of Monacolin J 10, the immediate biosynthetic precursor of simvastatin. The reaction proceeds
via a ping-pong mechanism, and LovD is inhibited by Monacolin J at moderate substrate concentrations.
LovD displayed broad substrate specificity toward the acyl carrier, the acyl substrate, and the decalin
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core of the acyl acceptor. This same group developed a one-step, whole-cell biocatalyzed process for the
synthesis of Simvastatin from Monacolin J using an Escherichia coli strain overexpressing LovD, leading
to >99% conversion of monacolin J to simvastatin without the use of any chemical protection steps [165].
The process was scaled up for gram-scale synthesis of simvastatin, also showing that simvastatin
synthesized via this method could be readily purified from the fermentation broth with >90% recovery
and >98% purity, as determined by high-performance liquid chromatography.

 
Figure 3. Chemical transformations of lovastatin 2 into simvastatin 3.

 
Figure 4. Biocatalyzed transformations of lovastatin 2 into simvastatin 3.

Codexis improved not only the enzyme (previously modified used directed evolution at lab
scale in an E. coli-based biocatalytic platform [168]) but also process chemistry to enable a large-scale
simvastatin manufacturing process, by carrying out nine iterations of in vitro evolution, creating 216
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libraries and screening 61,779 variants to develop a LovD variant with improved activity, in-process
stability, and tolerance to product inhibition. The approximately 1000-fold improved enzyme and the
new process pushed the reaction to completion at high substrate loading and minimized the amounts
of acyl donor and of solvents for extraction and product separation. This process possesses many
advantageous characteristics from a Green Chemistry point of view:

• Catalyst is produced efficiently from renewable feedstock.
• Reduced use of toxic and hazardous substances like tert-butyl dimethyl silane chloride, methyl

iodide, and n-butyl lithium.
• Improved energy efficiency as the reaction is run at ambient temperature and at near

atmospheric pressure.
• Reduction in solvent use because of the aqueous nature of the reaction conditions.
• The only by-product (methyl 3-mercaptopropionic acid) is recycled.
• The major waste streams generated are biodegraded in bio treatment facilities.
• Codexis’ process can produce simvastatin with yields of 97%, significant when compared with

<70% with other manufacturing routes.

For these reasons, Codexis and Prof. Tang obtained the U.S. Environmental Protection Agency’s
Green Chemistry Presidential Award in 2012 [169], inside the category of Greener Synthetic Pathway.
Recently, identification of the complete biosynthetic pathway leading to monacolin J has been
reported [170].

3.2. Biocatalyzed Synthesis of the Lateral Chain of Superstatins

Different biocatalytic routes have been proposed and implemented at industrial scale for the
stereoselective preparation of the lateral chain (bearing the stereocentres) of superstatins. Thus, we
would use the preparation of atorvastatin as a reference to illustrate how different biotransformations
can be included in the overall protocol.

The chemical synthesis of atorvastatin originally described by researchers at Warner-Lambert
Company [171], shown in Figure 5, started from a chiral building block, ethyl (R)-4-cyano-3-
hydroxybutyrate 18, also known as “hydroxynitrile” (HN), and the second stereogenic centre of
20 was obtained by diastereomeric induction, using cryogenic borohydride reduction of a boronate
derivative of the 5-hydroxy-3-keto intermediate 19 derived from HN.

 
Figure 5. Chemical synthesis of atorvastatin 5.
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Taking this procedure as model, different strategies for generating the desired chirality can be
envisaged from a biocatalytic retrosynthetic scheme [172], as depicted in Figure 6, in which purely
chemical steps are denoted by a red C, while those syntheses feasible to be biocatalyzed are represented
by a blue BT and a number, corresponding to the type of biocatalyst used. Thus, route #1 creates the
desired chirality by a stereoselective desymmetrization of dinitrile 25 using a nitrilase (BT-1), while
route #2 requires the preparation of HN 18 via a bioreduction of ketoester 27, so a ketoreductase (BT-2)
is the biocatalyst required for that aim. Anyhow, in this synthetic path, another bioreduction should be
used for avoiding the previously mentioned borohydride reduction of intermediate 19, using another
ketoreductase (BT-3), so this can be considered route #3. Finally, if an aldolase (BT-4) is the enzyme
selected, it is possible to envisage route #4 as an alternative through cyclic intermediate 28. These
different routes will be discussed in the following sections.

3.2.1. Hydrolases as Catalysts for the Preparation of the Lateral Chain of Atorvastatin and
Other Superstatins

As shown in route #1, a nitrilase-catalyzed enzymatic desymmetrization of prochiral
3-hydroxyglutaronitrile 25 and subsequent esterification of the resulting (R)-3-hydroxy-4-cyanobutyric
acid (R)-26 can lead to HN. The use of enzymatic protocols for hydrolysing nitriles is a green alternative
compared with chemical methodologies [173], because of the harsh reaction conditions required,
demanding either strong mineral acids (e.g., hydrochloric or phosphoric acid) or bases (e.g., potassium
or sodium hydroxide) and relatively high reaction temperatures. Moreover, chemical procedures
sometimes give low yields because of both unwanted by-product formation and the generation of
concentrated contaminating waste salt streams (e.g., 6 mol L−1) when the acid or base is neutralized
prior to disposal [174].

 
Figure 6. Biocatalytic retrosynthetic routes to atorvastatin. BT represents biotransformation step, while
C stands for chemical processes.
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Thus, researchers at Diversa described a wild type nitrilase enzyme that catalysed the
desymmetrization of 25 at high substrate concentration (3M) at lab-scale reaction, with an enantiomeric
excess (ee) of 88%. [175]. A mutant nitrilase, obtained by directed evolution using gene site saturation
mutagenesis (GSSM), and showing Ala190His single mutation, resulted in an excellent biocatalyst;
hence, after a 15 h reaction at 20 ◦C, (R)-26 was isolated in 96% yield, with an excellent ee of 98.5%
and a volumetric productivity of 619 g L−1 d−1 [176]. Subsequently, Dow Chirotech, a subsidiary
of Dow Chemical Company, developed the Diversa nitrilase further into a biocatalysis process [177]
and used the Pfenex expression system (a Pseudomonas fluorescens-based host expression system) to
overproduce the enzyme. In this way, optimal reaction conditions for desymmetrization of 25 were
as follows: 3 M (330 g L−1), pH 7.5, 27 ◦C, under 16 h reaction time. A conversion of 100% and 99%
product ee was obtained, and the so-formed (R)-26 was consequently esterified to give HN. Overall,
a highly efficient three-stage synthesis of HN starting from low-cost epichlorohydrin (required to
produce 25) was achieved with an overall yield of 23%, 98% ee, and 97% purity [177]. Recently, an
enzymatic method has been described for the synthesis of ethyl (R)-3-hydroxyglutarate from HN using
free and immobilized recombinant Escherichia coli BL21(DE3)pLysS harbouring a nitrilase gene from
Arabidopsis thaliana (AtNIT2) [178]. The hydrolysis of HN proceeded with the freely suspended cells of
the biocatalyst under the optimized conditions of 1.5 mol L−1 (235.5 g L−1) substrate concentration and
6.0 wt % loading of wet cells at pH 8.0 and 25 ◦C, with 100% conversion obtained in 4.5 h. Furthermore,
immobilization of the whole cells enhanced their substrate tolerance, stability, and reusability. Under
the optimized conditions (100 mmol L−1 tris(hydroxymethyl)aminomethane hydrochloride buffer,
pH 8.0, 25 ◦C), the immobilized biocatalyst could be reused for up to 16 batches, with a biocatalyst
productivity of 55.6 g gwet cells−1 and a space–time productivity of 625.5 g L−1 d−1.

Hydrolases are also useful for preparing (S)-3-hydroxy butyrolactone (S)-32, another enantiopure
intermediate to furnish HN (Figure 7). In fact, opening of (S)-32 with HBr/EtOH will yield the
corresponding ethyl (S)-4-bromo-3-hydroxybutanoate ((S)-BHBE, (S)-33) [179], later transformed
into HN via SN2 when treated with sodium (or potassium) bromide. Although (S)-32 can be
produced from chiral pool raw materials (lactose or malic acid), it can be conveniently obtained
by enzymatic hydrolysis of the racemic ethyl 4-chloro-3-hydroxybutanoate (CHBE, rac-29) in the
aqueous phase [180]. The lipase stereoselectively hydrolysed only the (S)-enantiomer; however, the
resulting acid (S)-30 is unstable, and it readily loses one HCl molecule to give the corresponding
lactone of high enantiopurity (>99% ee). However, the enantiopurity of the lactone rapidly decreased
when the process was operated at yields of more than 40%. The hydrolysis of the enantiopure benzoic
ester of (S)-hydroxybutyrolactone (S)-31 has also been described using lipase from Candida rugosa
(CRL) immobilized on amberlite XAD-7 as polymeric support, with ee of 99% [181]. This enzymatic
hydrolysis was observed to be non-stereoselective in nature, because the enzymatic hydrolysis of the
racemic benzoic ester yielded the racemic lactone, so that a chiral pool precursor (L-malic acid) for
this process was necessary. Anyhow, this method has been scaled up to a ton scale, with an overall
yield of over 80%, and a reaction time of 14 h [182]. Recently, a platform pathway for the production of
3-hydroxyacids has been described as an alternative biosynthetic route to generate the enantiopure
lactone [183].
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Figure 7. Preparation of HN 18 starting from (S)-3-hydroxy butyrolactone (S)-32.

More recently, new biocatalytic approaches employing hydrolases have been described for
furnishing the lateral chain of superstatins. Actually, Figure 8 shows a synthetic scheme for preparing
rosuvastatin 9. As can be seen, conjugated ketoester 36 is subsequently transformed into final calcium
rosuvastatin 9 by different steps (silyl ether cleavage, diastereoselective Narasaka-Prasad [184,185]
syn-reduction using diethylmethoxy borane leading to ester 37, and finally ester hydrolysis and salt
formation).

 
Figure 8. Final steps in the chemical synthesis of rosuvastatin 9.

Aldehyde 34 can be easily obtained [186], while the preparation of enantiopure ylide 35 is much
more complicated. Thus, several examples can be found in the literature starting from racemic diethyl
3-hydroxyglutarate, which had to be previously transformed in an activated derivative to react with
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the corresponding methyltriphenylphosphonium ylide to finally yield 35; although this route has been
described using an enzymatic desymmetrization step [187,188], different side reactions were observed
to decrease either the final yield or the enantiomeric excess. Recently, a bi-enzymatic process has
been described for obtaining enantiopure monoester (R)-40 (Figure 9), combining a stereoselective
hydrolysis of prochiral 38 to obtain (R)-39 with high yield and enantiopurity, and a subsequent removal
of the acetyl group with cephalosporin acetyl esterase [189].

 
Figure 9. Two-enzymatic system for synthesizing chiral intermediates for Rosuvastatin, as described
by Metzner et al. [189].

Furthermore, these same authors have optimized the overall procedure, using a smart engineering
approach with an enzyme recycling of chymotrypsin and immobilized cephalosporin C acetyl esterase,
with excellent volumetric productivity, transferring this technology to Sandoz for its industrial
implementation [190].

3.2.2. Ketoreductases as Catalysts for the Preparation of the Lateral Chain of Atorvastatin and
Other Superstatins

As commented before, HN 18 was the starting point for the first synthesis of atorvastatin (Figure 5).
For preparing HN, apart from the hydrolytic procedures described in Figure 7, some different purely
chemical methodologies have been also described [191], and are depicted in Figure 10.

 

Figure 10. Different chemical methodologies for the preparation of HN 18.

The first synthetic protocols involved kinetic resolutions of prochiral 1,3-dichloropropan-2-ol
43 using microbes, and transformation to dihidroxyester (S)-45 and subsequently to bromohydrine
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(S)-33 [179]. Later routes have involved asymmetric reduction of ethyl 4-chloroacetoacetate (COBE,
27), produced from diketene, to furnish ethyl (S)-4-chloro-3-hydroxybutanoate ((S)-CHBE, (S)-46),
using either chemical or biocatalytic reductions, as previously shown in route #2, Figure 6. Finally, the
corresponding halohydrin ((S)-33 or (S)-46) could be converted to HN by treatment with cyanide.

In this sense, the enzymatic asymmetric reduction of 4-bromo-3-oxobutyrate esters has
hardly been investigated compared with the corresponding chlorine analogue, because of the
lower reactivity and enantioselectivity of enzymes towards brominated compounds, although
(S)-4-bromo-3-hydroxybutanoate esters would be better substrates for the ulterior cyanide treatment;
anyhow, some examples can be found in the literature, starting from methyl 4-bromo-3-oxobutyrate
(BAM), using Escherichia coli engineered cells containing a mutant β-keto ester reductase (KER-L54Q)
from Penicillium citrinum and a cofactor-regeneration enzyme such as glucose dehydrogenase (GDH)
or Leifsonia sp. alcohol dehydrogenase (LSADH) [192,193].

Regarding chlorine containing oxoesters, the seminal paper of Patel et al. using glucose-, acetate-,
or glycerol-grown cell (10% w/v) suspensions of Geotrichum candidum SC 5469 [194] to produce (S)-46

in reaction yield of 95% and optical purity of 96%, starting from 10 mg mL−1 of 27, showed how the
bio-reduction could be an interesting alternative to asymmetrical chemical reduction. Furthermore, the
optical purity of (S)-46 was increased to >99% by heat treatment of cell suspensions (55 ◦C for 30 min)
prior to conducting bio-reduction at 28 ◦C.

Ye et al. [195] have reviewed a list of different yeast able to reduce 27 to furnish (S)-46,
such as Candida etchellsii [196], Candida parapsilosis [197], Candida magnoliae [198], Saccharomycopsis
lipolytica [196], or Candida macedoniensis [199], but in many cases, the stereoselectivity values obtained
were not very high. Also, fungi as Aureobasidium pullulans CGMCC 1244 [200], Cylindrocarpon
sclerotigenum IFO31855 [201], Penicillium oxalicum IFO 5748 [197], Botrytis allii IFO9430 [197], or
Pichia stipitis CBS 6054 [202] can produce (S)-46 with a higher enantiomeric excess compared with
yeasts. This same group, through genome database mining of this yeast Pichia stipitis, found
two carbonyl reductases (PsCRI and PsCRII) leading to (S)-46 with >99% enantiomeric excess,
which were subsequently characterized, cloned, and expressed in E. coli [195]. On the other hand,
Cai et al. [203] described a substrate-coupled biocatalytic process based on the reactions catalyzed by an
NADPH-dependent sorbose reductase (SOU1) from Candida albicans in which 27 was reduced to (S)-46,
while NADPH was regenerated by the same enzyme via oxidation of sugar alcohols (sorbitol, mannitol,
or xylitol). Optimization of COBE and sorbitol proportions yielded 2340 mM of (S)-46 starting from
2500 mM 27 with an enantiomeric excess was 99%. This substrate-coupled system maintained a stable
pH and a robust intracellular NADPH circulation, so that pH adjustment and the addition of extra
coenzymes were unnecessary, thus making this system very attractive. The bio-reduction of 27 and the
scaling up of the process using Escherichia coli cells expressing a reductase (ScCR) from Streptomyces
coelicolor to afford enantiopure (S)-46 has recently being described [204], at substrate loading of 100 g/L,
while the concentration of coenzyme NAD+ was limited to 0.1 mM based on cost considerations, other
reaction parameters were optimized as 25 ◦C and pH 6.5, with a biocatalyst dose of 10 kU/L in the
presence of isopropanol (1.5 equiv of 27) as co-substrate for regenerating NADH. The reaction was
performed in a toluene−aqueous biphasic system (1:1, v/v), with agitation at the maximal linear
rate of 0.88 m/s. Finally, the bio-reaction was performed on a pilot scale using a 50 L thermostatised
stirred-tank-reactor, affording (S)-46 in 85.4% yield and 99.9% ee, and a total turnover number (TTN) of
6060 for the cofactor NAD+. The specific production was calculated to be 36.8 g product/g dcw, which
is the highest value reported to date among the whole-cell-mediated processes for producing (S)-46.
Furthermore, from the point of view of sustainability, for this bio-reduction, the reaction and extraction
solvent (toluene) was recycled with a loss of only 4.1%, so that the E factor (kg waste per kg product)
for the process was determined as 1.8 if the process water was excluded, which was much lower than
that value (2.3) obtained from the process using isolated ketoreductase, glucose dehydrogenase as the
biocatalyst for cofactor regeneration, and glucose as the co-substrate [179]. The main contributors to
the low E factor were the loss of the solvent toluene (46.1%), the use of excessive isopropanol, and
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the formation of coproduct acetone (combined ca. 35%). If water was also included, then the E factor
would be 13.4.

Very recently, a recombinant Escherichia coli harbouring both the carbonyl reductase and glucose
dehydrogenase has been described [205]. The recombinant E. coli was cultured in a 500-L fermenter,
and the biocatalytic process for the synthesis of (S)-46 in an aqueous-organic solvent system was
constructed and optimized with a substrate fed-batch strategy. Concentration of 27 reached to 1.7 M,
and (S)-46 was obtained after a 4 h reaction in a 50-L reactor with yield of 97.2% and enantiomeric excess
(ee) of 99%. Finally, (S)-46 was extracted from the reaction mixture with 82% yield and 95% purity.

Nevertheless, because of the great overall demand of HN required for atorvastin synthesis
(estimated to be in excess of 100 mT [179]), it is highly desirable to reduce the wastes and hazards
involved in its manufacture, while reducing its cost and maintaining or, preferably, improving
its quality. This has been successfully carried out on a multiton scale by Codexis by means of a
three-enzyme two-step process, the detailed description of which is depicted in Figure 11.

 
Figure 11. Codexis synthesis of HN.

Hence, the first step involves the biocatalytic reduction of 27, using a ketoreductase (KRED)
in combination with glucose and an NADP-dependent glucose dehydrogenase (GDH) for cofactor
regeneration, leading to (S)-46 in 96% isolated yield and >99.5% ee. In the second step, a halohydrin
dehalogenase (HHDH), an enzyme capable of catalysing the elimination of halides from vicinal
haloalcohols, resulting in epoxide ring formation [206], was employed to catalyse a nucleophilic
substitution of chloride by cyanide, using HCN at neutral pH and ambient temperature. The efficiency
and greenness of this protocol (Codexis was awarded the U.S. Environmental Protection Agency’s
Presidential Green Chemistry Challenge Award in 2006 for this work [207]) is based on the fact that
all previous manufacturing routes to HN shown in Figure 10 involved, as the final step, a standard
but troublesome SN2 substitution of halide with cyanide ion in alkaline solution (pH = 10) at high
temperatures (80 ◦C), being this reaction substituted in the Codexis protocol. In fact, in the SN2
chlorine substitution, both (S)-46 and HN are base-sensitive molecules, and extensive by-product
formation is observed, leading to high E values [179]. Moreover, the product is a high-boiling oil, and
a troublesome high-vacuum fractional distillation is required to recover HN, resulting in further yield
losses and waste, and clearly contravening the first and sixth principles of Green Chemistry [208].
Thus, conducting the cyanation reaction under milder conditions at neutral pH, by employing the
enzyme, HHDH, is the key step for increasing the greenness of the overall process.

Coming back to the Codexis protocol, awkwardly, both the wild-type KRED and GDH as well
as HHDH displayed very low activities, so that in the first experiments, huge enzyme loadings were
required to obtain an economically feasible reaction rate, thus leading to troublesome emulsions, which
hampered the subsequent downstream processing. Additionally, severe product inhibition and poor
stability under operating conditions were observed. To enable a practical large-scale process, the three
enzymes were optimized by in vitro enzyme evolution using gene shuffling technologies according to
predefined criteria and process parameters, resulting in an overall process in which the volumetric
productivity per mass catalyst load of the cyanation process was improved ~2500-fold, comprising a
14-fold reduction in reaction time, a 7-fold increase in substrate loading, a 25-fold reduction in enzyme
use, and a 50% improvement in isolated yield [179].
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Also using bio-reductions, some other strategies have been developed for the preparation of
chiral building blocks for statins synthesis. Thus, Figure 12 illustrates route #3, previously shown
in Figure 6, depicting bioreduction of the corresponding 6-substitued-3,5-dioxohexanoates 48 to
furnish (R or S)-49 (similar to (R)-19, Figure 6). As depicted in Figure 5, the homochiral intermediate
(3R,5R)-20 was originally prepared by diastereoselective chemical reduction of (R)-19, using NaBH4

and MeOBEt2 and, so as to obtain a high diastereoselectivity (>99.5% de), an extremely low temperature
(−90 ◦C) and pyrophoric triethyl borane were demanded [209], with a concomitant extensive energy
consumption and substantial amount of waste formation. Another alternative chemical route using
chlororuthenium(II) arene/β-amino alcohol as the catalyst for the reduction was described [210],
although the diastereoselectivity was insufficient (80% de).

 
Figure 12. Bio-reductions to produce chiral building blocks for statins.

Therefore, the use of a ketoreductase is highly desirable to develop green and sustainable
bioreduction. This process has been described [211,212] using NADP(H)-dependent alcohol
dehydrogenase of Lactobacillus brevis. This enzyme was overexpressed in a recombinant E. coli and
the cell extracts were then employed for carrying out the biocatalytic reactions on a gram scale, to
reduce (S)-48a to give the corresponding (3S, 5R)-49a in >99.5% de and isolated yield of 72%, at
24 h. Alcohol dehydrogenase itself recycles its cofactor by a substrate coupled methodology, by
oxidation of 2-propanol to acetone. This process was scaled up to 100 g [213] using a fed-batch
reactor, with the conversion of more than 90% attained in a total reaction time of 24 h. For the
same substrate, Liu and co-workers have reported the use of a ketoreductase from Rhodosporidium
toruloides, wild-type and genetically evolved, under different reaction conditions [214–217], while
Xu et al. used a ketoreductase from Klebsiella oxytoca [218]. On the other hand, for reducing (R)-19 (up to
300 g L−1), the ketoreductase from L. brevis overexpressed in E. coli cells has also been employed [219],
coupled to glucose-GDH for cofactor recycling, yielding (R,R)-20 in >99.5% de and 351 g L−1 d−1

space–time yield under the optimized conditions. Very recently, the same group has evolved the
ketoreductase in order to improve the activity and thermostability of the enzyme [220]; thus, by
coexpressing both the mutant ketoreductase and GDH, they describe the bioreduction of (R)-19 to
(R,R)-20 at 40 ◦C in only 6 h, leading to values of >99.5% de and 1050 g L−1 d−1 space–time yield.
Other similar bioreductions have also been reported using ketoreductases from other sources, such as
Rhodotorula glutinis (whole cells [221]); engineered cells containing overexpressed NADPH-dependant
ketoreductase from Saccharomyces cerevisiae and GDH [222,223]; a wild-type ketoreductase from
Kluyveromuces lactis XP1461 (NADH-dependant) expressed in E. coli [224], subsequently improved by
site-saturation mutagenesis [225]; or the ketoreductase from Candida albicans XP1463, also expressed in
E. coli cells [226].

In a similar way, the double reduction of dioxoesters 50 (Figure 13) would directly lead to the
target dihydroxyester 51. For this purpose, whole cells of Lactobacillus kefir, which contain two different
types of alcohol dehydrogenase, are able to convert 50b into the dihydroxy ester (3R, 5S)-51a (99% ee
in a total yield of 47.5% after 22 h, [227]) and the cofactor NADP(H) was regenerated by the usual
glucose metabolism of the cell.
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Figure 13. Bio-reductions of dioxoesters to produce chiral building blocks for statins.

The double bio-reduction has been also described using isolated enzymes, from Acinetobacter
species; in fact, Patel et al. originally described the bio-reduction of 50b using both whole cells
and cell extracts from Acinetobacter calcoaceticus [228], and some years later, they also cloned and
overexpressed [229] the diketoreductase responsible for the double reduction, which was efficiently
carried out with the engineered enzyme [230]. Similarly, a diketoreductase from Acinetobacter baylyi
ATCC 33305 was cloned and heterogeneously expressed in Escherichia coli by Wu et al. [231], showing
an excellent biocatalytic performance at substrate concentration around 100 g L−1 [232] for the double
reduction of 50a. Interestingly, the 3D structure of this enzyme was reported, and the details of the
catalytic mechanism were explained [233–235].

3.2.3. Aldolases for the Preparation of the Lateral Chain of Atorvastatin and Other Superstatins

Aldolases can also be used in the preparation of chiral building blocks for statin synthesis.
This would correspond to route #4 in Figure 6. In fact, Gijsen and Wong [236,237] first described the
use of 2-deoxy-D-ribose 5-phosphate aldolase (DERA) from E. coli in the preparation of intermediate
28, in a reaction mixture consisting of 133 mg of chloroacetaldehyde and 264 mg of acetaldehyde in a
total reaction volume of 20 mL (Figure 14). The atorvastatin intermediate lactone (4R, 6S)-54 can be
easily formed by oxidation of lactol 28. However, aldolase showed low affinity to chloroacetaldehyde
and was promptly inactivated at required aldehyde concentrations, so that a huge amount of aldolase
was required. Furthermore, a very long reaction time of 6 days was required because of the reversible
nature of aldol reactions, making this process unpractical for scaling up.

 
Figure 14. Aldolase-catalysed synthesis of chiral building blocks for statins.

Subsequent studies by Liu et al. [238] described a mutant aldolase, leading to an increased
yield of (4R, 6S)-54 to 43%, in comparison with 25% for the wild type aldolase, although the other
reaction drawbacks were not overpassed. The process was markedly improved and scaled up by
Greenberg et al. [239] of Diversa Corporation, by genetically modifying DERA by means of high
throughput screenings of environmental DNA libraries, focussing on chloroacetaldehyde resistance
and higher productivity; in a second step, the process was further improved by using a fed-batch
bioreactor, in order to avoid significant substrate inhibition. Thus, the final synthesis of (4R, 6S)-54

on a 100 g scale in a total reaction time of 3 h with an ee of >99.9% and a 10-fold reduction in catalyst
load over the previous method [240]. More recently, the use of whole cells systems is being evaluated
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for this process [241,242], as well as new strategies for improving DERA by genetic engineering [243].
Finally, a simple basic hydrolysis of lactone (4R, 6S)-54 leads to the trihydroxyacid (3R, 5S)-55, which
is the precursor [244] of the lateral chain of superstatins. On the other hand, scientists from Lek
Pharmaceutical (a Sandoz company) have described the use of whole cells of Escherichia coli BL21 (DE3)
overexpressing the native E. coli deoC DERA gene for production of chiral lactols such as 28 [241], with
excellent volumetric productivity (up to 50 g L−1 h−1), >80% yield, and >80% chromatographic purity
with titers reaching 100 g L−1. This process is highly cost effective and environmentally friendly, and
its sustainability is even improved if the oxidation of 28 to (4R, 6S)-54 is also catalysed with an enzyme,
as this same group has reported using PQQ-dependent glucose dehydrogenases [245]. Ohshima and
co-workers described the sequential aldol reactions depicted in Figure 14 using DERA isolated from
thermophilic organisms, describing a relatively lower activity compared with the enzyme from E. coli,
although this fact was compensated by a better synthetic yield caused by the increased acetaldehyde
resistance shown by the thermophilic enzyme [246]. Shen and co-workers reported higher conversions
when chloroacetaldehyde was used as the acceptor substrate, as compared with acetaldehyde [243],
and thus the development of new DERAs from different microorganisms is an open research area, as
reported in recent revisions [247,248].

In any case, compared with other chemical protocols, most pharmaceutical processes are
performed on a smaller scale, with the production volume of 1000 to 10,000 tons per year and
product concentration ranging between 50 and 100 g/L; hence, the main drawback is the transfer of
the biocatalytic process from laboratory to a larger scale, especially with respect to retention times,
which are greater on a larger scale (compared with those in the laboratory). A good example of
industrial scale-up has been described by Ručigaj and Krajnc [242], who used acetoxyacetaldehyde
and acetaldehyde as substrates, which are presented in an aldol reaction catalyzed by a crude DERA
expressing culture lysate. By optimizing addition regimes of both reactants into a reaction mixture,
the corresponding lactol was produced at near 77 g/L. The complete process was designed in a
practical and economical manner and could be used further on an industrial scale. Another industrial
scale, low temperature process was developed by DSM, leading to a final product concentration of
100 g L−1 [249].

4. Prognosis and Conclusions

It is easily foreseen that because our diet habits are becoming progressively unhealthier, with an
increased uptake of fats and abandoning the traditional “Mediterranean diet”, hypercholesterolemia
and dyslipidaemia will be typical maladies in Western society. Thus, statins would be gradually
more present in our lives, being a very important piece of the global pharmaceutical market, either as
branded or generic drugs. This fact, combined with the plethora of other pharmacological activities,
called pleiotropic effects, that are being ascribed to statins, as revised in Section 2, makes us predict an
ever-growing market for this type of drug. Anyway, more detailed and careful studies are demanded
in order to be sure about the real efficiency of pleiotropic therapeutic effects of statins, by clearly
identifying those patients who could be the best ones for responding to the desired effect of statins,
and by establishing the most effective dose, duration of use, and statin drug entity required. Besides,
more accurate clinical trials have to be conducted in order to evaluate the real effect upon the desired
target, by designing more effective and truthful biomarkers.

For statins’ preparation, new and more sustainable protocols would be demanded; in this context,
the substitution of chemical by biocatalyzed processes will certainly help to gain sustainability, because
of the well-known green features of biocatalysis—synthetic routes conducted under mild reaction
conditions; at ambient temperature; using water as reaction medium in many cases; and, last but
not least, avoiding functional group activation and protection/deprotection steps usually required in
traditional organic synthesis. Thus, we also foresee a growing increase in the use of biocatalysis and
biotransformations for the preparation of statins, mainly promoted by the enhancement of biocatalysts’
performance through chemical modification and genetic engineering.
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In another context, very recently, a new type of drug has emerged for dealing with those patients
already using statins, but not reaching low-density lipoprotein cholesterol levels, rather by genetic and
environmental factors or by pathological states—known as statin-resistance [250,251]. These drugs are
the inhibitors of proprotein convertase subtilisin/kexin type 9 (PCSK9), a hepatic protease that becomes
attached to low-density lipoproteins receptors (LDLRs), causing them to remain inside liposomes
and get destroyed [252]. Nowadays, there are two PCSK9 inhibitors commercialized, both of them
approved in 2015: alirocumab (Praluent®, from Sanofi) and evolucomab (Repatha®, from Amgen), both
of them are used not as monotherapy, but are rather combined with a low cholesterol diet as well as
with statins at maximally tolerated doses [253]. These two drugs are monoclonal antibodies, and their
high price hampers their prior authorization practices and reduces their long-term adherence, so that
the search for small molecules active as PCSK9 inhibitors is a “Holy Grail” in medicinal chemistry [254].
This situation leads us to think that (a) the statin market is not going to decrease, because they are going
to be complemented (not substituted) with new drugs; and (b) as most of the new small molecules
tested as PCSK9 inhibitors contain stereocenters in their structures [254], surely biocatalysis would
become a very useful tool to facilitate more sustainable synthetic routes for their preparation.
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Abstract: The gut microbiota plays a key role in cholesterol metabolism, mainly through the reduction
of cholesterol to coprostanol. The latter sterol exhibits distinct physicochemical properties linked to
its limited absorption in the gut. Few bacteria were reported to reduce cholesterol into coprostanol.
Three microbial pathways of coprostanol production were described based on the analysis of reaction
intermediates. However, these metabolic pathways and their associated genes remain poorly studied.
In this review, we shed light on the microbial metabolic pathways related to coprostanol synthesis.
Moreover, we highlight current strategies and future directions to better characterize these microbial
enzymes and pathways.
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1. Introduction

With more than 31% of all global deaths, atherosclerotic cardiovascular disease is now largely
recognized as a major concern for global health [1]. A key risk factor for cardiovascular disease includes
imbalanced blood cholesterol levels, notably a high serum concentration of low-density lipoprotein
cholesterol [2]. Maintaining cholesterol homeostasis is achieved by balancing dietary cholesterol intake
through its synthesis, absorption, and excretion [3].

Current therapeutic approaches aiming at reducing plasma cholesterol levels in humans rely on
(i) the inhibition of cholesterol biosynthesis, (ii) an increased elimination of cholesterol from tissues
into the intestinal lumen, and (iii) the reduction of cholesterol absorption from the gastrointestinal
tract (GIT) [4–6]. While these three approaches seem attractive, they display several limitations
including a significant proportion of non-responders among patients (20–30%), and the omission of
the intestinal microbiota impact on cholesterol cycle [7]. On a daily basis, around 1 g of cholesterol
from diet, bile, and desquamated intestinal cells reaches the human colon. This cholesterol amount
is metabolized by commensal bacteria to coprostanol [8]. Unlike cholesterol, coprostanol is poorly
absorbed by the human intestine [9]. For this reason, it was suggested to have an impact on cholesterol
metabolism and modulating serum cholesterol levels [8]. This takes more importance if we consider
the existence of an inverse relationship between plasma cholesterol levels and the ratio of cholesterol
to coprostanol conversion in the feces [10]. Indeed, cholesterol displays chemical behaviors different
from coprostanol, which confer to the latter a feeble intestinal absorption [9]. Cholesterol conversion
to coprostanol could therefore constitute a new strategy, allowing a better management of cholesterol
homeostasis in humans without influencing host physiology [8]. Notably, some studies reported that
cholesterol metabolites could be associated with procarcinogenic effects and an increased risk of colon
cancer [11,12]. The reduction of cholesterol to coprostanol and the properties of this reaction remain
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largely unknown. This concept is still poorly understood, as few studies are available regarding
cholesterol-metabolizing bacteria and their associated genes. Therefore, achieving a molecular
characterization of these bacterial pathways represents a challenge in this field of research in setting
out new hypocholesterolemic strategies.

In this review, we provide an overview of cholesterol and coprostanol chemical behaviors, and
outline the coprostanoligenic bacteria. Moreover, we analyze the current knowledge related to the
reduction of cholesterol to coprostanol, and highlight available approaches and future opportunities to
better characterize these metabolic pathways.

2. Cholesterol versus Coprostanol

2.1. Chemical Behaviors

Cholesterol, a major sterol in body tissues, was first discovered in solid form in gallstones and
bile [13]. It is a complex lipid substance that plays a key role in many biochemical processes [14–16].
From a structural point of view, cholesterol (C27H46O) is mostly a hydrophobic molecule that has a
rigid, steranic core coupled to a hydrophilic hydroxyl group at position 3. Such a unique structure is
composed of four, fused hydrocarbon rings: A, B, C and D (Figure 1). Its physicochemical properties
confer an amphiphilic nature and a specific orientation (i.e., A/B ring: trans) adapted to its integration
into cell membranes [17,18]. Most plasma cholesterol exists in an esterified form (with a fatty acid
attached at C3), making the molecule even more hydrophobic [19]. Cholesterol ester is the form
of storage under which cholesterol is found in most tissues and plasma [19]. As a main structural
component of cell membranes, cholesterol regulates membrane fluidity and cellular signaling, and
serves as a precursor of important molecules including steroid hormones (e.g., progesterone, estrogen,
etc.), vitamin D, and bile acids [20].

Figure 1. Chemical structures of cholesterol (Molecular weight (Mw): 386,654 g/mol) and coprostanol
(Mw: 388,6756 g/mol).

Coprostanol, a saturated analog of cholesterol, was first isolated in the mid-1800s and
characterized as an alcohol (C27H48O) [21]. This sterol shares the same basic structure as cholesterol,
but it lacks the 5–6 double bond and it has an additional hydrogen atom at position 5. This gives
different properties to the sterane nucleus, making it less rigid (Figure 1) [21]. At room temperature,
coprostanol is a white crystalline solid with a melting point of 101 ◦C [22]. Like cholesterol, coprostanol
is highly soluble in hexane, benzene, and chloroform. However, both sterols are insoluble in polar
solutions like methanol [22]. The solubility of such sterols in alcoholic solvents increases with an
increasing chain length of the alcohol–hydrocarbon moiety [23]. Accordingly, they tend to be more
soluble in ethanol, but completely soluble in butan-1-ol [23]. Notably, cholesterol is insoluble in water at
concentrations less than 1 μg/mL at 30 ◦C [24]; nevertheless, no report exists on coprostanol solubility.
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Unlike most saturated sterols found in nature, which are A/B-trans, coprostanol seems to be the
only exception with a cis-oriented A/B ring structure (the 3-hydroxyl group in coprostanol is in an
equatorial configuration on ring A) [25]. The biological role of this compound remains to be elucidated.

2.2. Intestinal Uptake

The poor absorption of coprostanol in the intestine was associated with its very low uptake
through the intestinal mucosa and its limited esterification in mucosal cells [9]. Indeed, the cis-A/-B
ring structure in coprostanol, driving the difference in the 3-hydroxyl group from the axial to equatorial
position, was suggested to affect coprostanol incorporation into mucosal cell membranes, thereby
limiting its intestinal uptake [26]. Hence, a high-efficiency conversion of cholesterol to coprostanol
was proposed to lower serum cholesterol levels [27,28]. Cholesterol absorption takes place mostly in
the upper GIT [29,30], while coprostanol production occurs essentially in the large intestine [31]. This
concept remains highly controversial, as earlier studies revealed the presence of significant amounts of
coprostanol in the first half of the small intestine in rats [32,33] and humans [34].

3. Microbial Conversion of Cholesterol to Coprostanol

3.1. Coprostanoligenic Bacteria

Cholesterol conversion to coprostanol by intestinal bacteria was first reported in the 1930s [35].
Since coprostanol was not detected in tissues, but mainly in larger amounts in feces (more than 50%
of total sterols in humans), this product was proposed to derive from bacterial conversion in the
intestine [35,36]. A key role for the gut microbiota in this biotransformation was further investigated
by comparing fecal sterols of conventional and germ-free rats. In fact, contrary to the conventional
group, germ-free rats excreted only unmodified cholesterol [37]. These data provide evidence for
the role of gut microbiota in cholesterol metabolism, including coprostanol synthesis. Numerous
reports were aimed at identifying bacteria that were able to reduce cholesterol to coprostanol [38–43].
As anaerobic strains are difficult to culture, only few coprostanoligenic bacteria were isolated from
rat cecal contents [38], baboons [40], and human feces [44,45]. Surprisingly, most strains exhibited
similar properties and were assigned to the genus Eubacterium [40–44], except Bacteroides sp. strain
D8 [45]. Bacteria belonging to Bifidobacterium, Clostridium, and Lactobacillus were also reported to reduce
cholesterol to coprostanol in vitro [46–48], yet they were not explored in vivo. Based on metagenomic
analysis, new bacterial phylotypes from Lachnospiraceae and Ruminococcaceae families were recently
associated with high coprostanol levels in healthy humans [49]. Notably, associations of these bacterial
taxa with coprostanol levels require further functional studies in order to elucidate the eventual causal
relationship between these microbial communities and coprostanol synthesis.

3.2. Two Patterns Cepending on Gut Microbiota

In humans, microbial conversion of cholesterol to coprostanol is bimodal, with a majority of high
producers (almost complete cholesterol conversion) that display low cholesterolemia and a minority of
low, or inefficient, producers (coprostanol content representing less than one-third of the fecal neutral
sterol content) [50,51]. Such conversion patterns were found to be equally distributed with respect
to sex, and were independent of age [51–53]. Factors affecting cholesterol conversion were defined
and proposed to be closely related to the abundance of cholesterol-metabolizing bacteria [39,46].
In fact, low converters harbored less than 106 cholesterol-metabolizing bacteria per gram of stool,
while more than 108 cholesterol-metabolizing bacteria per gram of stool led to nearly complete
cholesterol conversion [52]. Remarkably, Sekimoto et al. (1983) reported the existence of an inverse
relationship between serum cholesterol levels and the coprostanol/cholesterol ratio in feces [9]. These
findings denote that the conversion of cholesterol into coprostanol can significantly decrease the blood
cholesterol level. A correlation between fecal microbial community structure and the conversion
rate of cholesterol to coprostanol was also reported [46]. Interestingly, the high density of bacteria
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in the colon can explain the significant production levels of coprostanol seen in this part of the GIT.
In fact, we previously reported the identification of the first human bacterium (Bacteroides sp. D8)
that displayed a high coprostanol production level in human feces [45,54]. Furthermore, feeding the
cholesterol-reducing bacterium Eubacterium coprostanoligenes significantly reduced plasma cholesterol
levels in hypercholesterolemic rabbits [27]. Accordingly, greater coprostanol/cholesterol ratios were
detected in the digestive contents of bacteria-fed rabbits [27]. Such effect was further ascribed to the
reduction of cholesterol to coprostanol in the intestine, seeing that E. coprostanoligenes colonized and
reduced cholesterol in the jejunum and ileum (sites for cholesterol absorption) [27]. The progress
in functional knowledge related to the human gut microbiota, and the availability of new microbial
culture facilities, offer a unique opportunity to isolate new coprostanoligenic bacteria belonging to
different taxa.

3.3. Metabolic Pathways

The mechanism of cholesterol conversion to coprostanol was investigated and three major
pathways were proposed [38,55–58]. The first one is a direct, stereospecific reduction of the 5,6-double
bond of cholesterol, without an intermediate formation of a ketone at C3 (Figure 2) [59,60]. This
statement was supported by the use of labeled cholesterol that led only to coprostanol synthesis [59,60].
The second one is an indirect pathway, which was described through the action of several bacteria
on marked cholesterol (Figure 2). In fact, it was reported that cecal rat contents (Eubacterium
strain, E. coprostanoligenes, and Bacteroides sp. D8) incubated with labeled cholesterol allowed for
the production of cholestenone and coprostanone intermediates, demonstrating that this microbial
pathway involved at least three steps [45,61,62]. The third pathway consisted of the isomerization of
cholesterol to allocholesterol, which can be reduced to coprostanol by Eubacterium ATCC21, 408, and
403 species [38,57,58]. However, few data exist regarding this last bacterial metabolic pathway.

Figure 2. Metabolic pathways for cholesterol conversion to coprostanol. I: direct pathway; II: indirect
pathway; II-1: Oxidation of the 3-β-hydroxyl group moiety catalyzed by cholesterol oxidase; II-2:
Isomerization of Δ5 double bond to Δ4 by cholesterol oxidase; II-3: Reduction of the Δ4 double bond by
3-oxo-Δ4-steroid 5β-reductase; II-4: Reduction leading to coprostanol; III-1: Isomerization of cholesterol
to allocholesterol; III-2: Reduction to coprostanol.

The first two steps of the indirect pathway are catalyzed by a single enzyme, cholesterol oxidase
(EC 1.1.3.6), and result in the formation of 4-cholesten-3-one with a reduction of oxygen to hydrogen
peroxide (Figure 2). Briefly, the 3-β-hydroxyl group of the steroid A ring is first oxidized to the
corresponding ketone using the FAD (Flavin Adenine Dinucleotide) cofactor, which is reduced during
this process (reductive first-reaction). Since the 5-cholesten-3-one intermediate is not stable and
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susceptible to radical oxygenation, the Δ5 double bond in the oxidized steroid ring is then isomerized
to Δ4 to form 4-cholesten-3-one, the final steroid product. During the oxidative half-reaction, the FAD
is finally re-oxidized by dioxygen to form hydrogen peroxide (Figure 2) [63,64]. To efficiently catalyze
both reactions (oxidation and isomerization), distinct and essential features are required for cholesterol
oxidase. As a starting point, the substrate (cholesterol) must be properly oriented to the cofactor to
allow for hydride transfer from the steroid C3 site to the N5 site of the cofactor [64]. Then, during the
dehydrogenation step a base is needed to: (i) deprotonate the steroid C3-OH, and (ii) transfer protons
during the isomerization reaction [64].

Biochemical and structural studies were performed for cholesterol oxidases of several
microorganisms, mostly deriving from soil [65–69]. Structural studies revealed the existence of two
forms of cholesterol oxidases: one with the FAD linked covalently to the enzyme, and another with the
FAD non-covalently bound [64]. Despite topological differences in these two forms, both enzymes
exhibit a large buried hydrophobic pocket, able to accommodate the steroid substrate (Figure 3).
In both forms, the binding site for cholesterol is sealed off by a number of amphipathic loops to prevent
potential aggregation. Once opened, these loops allow the sterol to exit from the membrane so that
the 8-carbon isoprenyl tail of cholesterol can pack and bind to the protein [64]. Following substrate
binding, hydrophobic interactions between cholesterol and hydrophobic residues minimize energy
loss. Two active-site residues, Histidine and Glutamate, were shown as important to catalyze the
oxidation and isomerization reactions (Figure 3). The Histidine residue binds to the C3-OH of the
steroid, allowing for proper positioning of cholesterol relative to the FAD cofactor. Glutamate acts as a
base during the isomerization reaction [70,71].

Figure 3. Structure of the cholesterol oxidase enzyme (pdb ID: 4U2T) with a close-up view of the
active site showing the key catalytic residues. The substrate is shown in magenta and the dashed lines
indicate the H-bond interactions. Atomic color designation: H, white; C, green; O, red; and N, blue
(Adapted from Yu et al., 2017 [72]).

The third step in the conversion of 4-cholesten-3-one to coprostanone includes a reduction of
the Δ4 double bond into 3-oxo-Δ4-steroid by microbial 3-oxo-Δ4-steroid 5β-reductase (EC 1.3.1.3).
Purification and activity monitoring of this reductase was performed initially in cecal contents from
rats [68]. This process was found to involve a partial transfer of hydrogen from the 4β-position of
NADH (Nicotinamide adenine dinucleotide) to the 5β-position of the steroid [73].

Based on transcriptomic studies using Bifidobacterium bifidum PRL2010, Zanotti et al. (2015)
reported the up-regulation of three genes encoding for a putative cholesterol reductase in the
presence of cholesterol [74]. The in silico study of these genes demonstrate that they display
significant similarities with human cholesterol reductase (34% similar), thus, highlighting their
potential involvement in the conversion of cholesterol to coprostanol [74]. A comparative study
showed that all Bifidobacterium genomes contained genes 26% to 100% similar to Bifidobacterium bifidum
reductase PRL2010. [74]. Recently, we analyzed the Eubacterium genomes, and no significant similarities
were found with reductase genes [75]. The same study demonstrated that the Bacteroides sp. D8 genome
showed 37% to 46% similarity with a cholesterol reductase-encoding gene from Bifidobacterium bifidum
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PRL2010 [75]. Overall, these results indicate that only few functional studies were focused on reductase,
explaining the lack of mechanistic knowledge concerning this class of enzyme.

4. Towards a Better Understanding of the Coprostanol Production Pathway

Although cholesterol metabolism by gut microbiota has been known for almost a century, the
genes and enzymes involved in the conversion of cholesterol to coprostanol are still largely unknown.
Only a few coprostanoligenic bacteria have been isolated so far, and very few cholesterol-metabolizing
strains are available [42,45]. Such strains are highly oxygen-sensitive, very difficult to grow, and
seem to be non-dominant species within the human gut microbiota of high converters. Isolation of
new cholesterol-metabolizing strains from the gut microbiota, and other ecological niches, will be
of great interest to identify the genes involved in the reduction of cholesterol to coprostanol. Many
approaches aiming at identifying bacterial functions are available, including activity-based screening
and phenotypic assays [48]. With the availability of sequenced bacterial genomes and the diversity of
coprostanol producing bacteria, comparative genomic approaches may also enable the identification
of genes shared among coprostanoligenic microbial species [74]. The analysis of up-regulated genes
in the presence of cholesterol using omic approaches can lead to the identification of candidate
genes. Furthermore, functional metagenomics is a powerful way to characterize coprostanoligenic
pathways from uncultured and metagenomic species. High throughput coprostanol analysis, coupled
with targeted mutagenesis and genomic/metagenomic libraries, may provide additional mechanistic
insights [76]. An in-depth, functional profiling of metagenomic data combined with biochemical
insights may also help to achieve this goal.

5. Conclusions

Several reports stressed the key role of gut microbiota in cholesterol metabolism, essentially
through the conversion of cholesterol to coprostanol. Microbial metabolic pathways remain poorly
understood, as well as their relevance and distribution in the human gut microbiome. Significant
efforts have been made to isolate new cholesterol-metabolizing bacteria and analyze their genomes.
Unfortunately, these strategies did not allow the identification of genes responsible for coprostanol
synthesis. Therefore, a critical need exists to set out new approaches and/or tools to analyze these
microbial metabolic pathways and their associated genes. Deciphering the biochemical and structural
features of the encoded proteins will be of interest to understand the properties of this reduction
reaction and its importance for bacteria.
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Abstract: By controlled hydrolysis of chitosan or chitin with different enzymes, three types of
chitooligosaccharides (COS) with MW between 0.2 and 1.2 kDa were obtained: fully deacetylated
(fdCOS), partially acetylated (paCOS), and fully acetylated (faCOS). The chemical composition of
the samples was analyzed by high-performance anion exchange chromatography with pulsed
amperometric detection (HPAEC-PAD) and MALDI-TOF mass spectrometry. The synthesized fdCOS
was basically formed by GlcN, (GlcN)2, (GlcN)3, and (GlcN)4. On the contrary, faCOS contained
mostly GlcNAc, (GlcNAc)2 and (GlcNAc)3, while paCOS corresponded to a mixture of at least 11
oligosaccharides with different proportions of GlcNAc and GlcN. The anti-inflammatory activity
of the three COS mixtures was studied by measuring their ability to reduce the level of TNF-α
(tumor necrosis factor) in murine macrophages (RAW 264.7) after stimulation with a mixture of
lipopolysaccharides (LPS). Only fdCOS and faCOS were able to significantly reduce the production of
tumor necrosis factor (TNF)-α at 6 h after stimulation with lipopolysaccharides.

Keywords: biocatalysis; glycosidases; chitinases; chitosanases; chitosan oligosaccharides;
deacetylation degree; anti-inflammatory

1. Introduction

Chitin [(C8H13O5N)n] is a linear biopolymer of N-acetyl-D-glucosamine (GlcNAc) moieties that
gives toughness to the exoskeleton of arthropods (crustaceans, insects, etc.) and mollusks, as well
as fungi cell walls [1,2]. The hydrolysis of chitin (and of its deacetylated product chitosan, more
soluble than chitin) yields a series of chitooligosaccharides (COS) containing random GlcNAc and
D-glucosamine (GlcN) units [3].

Three families of COS can be differentiated (Figure 1): fully acetylated chitooligosaccharides
(faCOS) (formed exclusively by GlcNAc), partially acetylated chitooligosaccharides (paCOS) (composed
of GlcN and GlcNAc), and fully deacetylated chitooligosaccharides (fdCOS) (formed exclusively by
GlcN) [4]. The bioactivity of COS is well reported [5–7], in particular their anti-inflammatory [8],
neuroprotective [9], antibacterial [10], antiviral [11], antihypertensive [12] antiangiogenic [13],
and antitumor [14] properties, among others. The size of COS (defined by the degree of polymerization,
DP), degree of deacetylation (DD) and pattern of acetylation (PA) exert a notable influence on their
properties [4,13,15,16].
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Figure 1. Structure of the three main types of chitooligosaccharides (COS): fully acetylated (faCOS),
partially acetylated (paCOS), and fully deacetylated (fdCOS).

Among the methodologies to perform the partial hydrolysis of chitin/chitosan into COS, the use of
chitinolytic/chitosanolytic enzymes offer some advantages over physical, chemical, or electrochemical
depolymerization [17]. Glycosidic enzymes require mild reaction conditions (moderate temperature
and slightly acidic pH), display high efficiency, and allow for control of the composition of the final
product on the basis of enzyme specificity [4,18–22], which can also be altered by protein engineering
techniques [23,24]. The enzymatic strategies are more environmentally friendly and generate less
waste than the chemical methods [3,25,26]. The physicochemical properties of the starting chitosan
also influence the composition of the resulting oligosaccharides [27,28].

For the hydrolysis of chitosan, chitosanases (EC 3.2.1.132) catalyze specifically the cleavage
of β (1→4) glycosidic linkages between GlcN moieties [29–32]. However, other enzymes such as
pectinases [33], cellulases [34], and proteases [35] also display chitosanolytic activity yielding COS.
We have recently reported that a proteolytic preparation from Bacillus amyloliquefaciens (Neutrase 0.8L)
is able to produce a mixture of COS that is highly enriched in fdCOS [18].

Chitinases (EC 3.2.1.14) are hydrolytic enzymes involved in chitin decomposition that play
an important role as control agents against pathogenic fungi in plants [36–38]. In recent research,
we cloned chitinase Chit42 from fungus Trichoderma harzianum in Pichia pastoris to produce 3 g/L using
fed-batch fermentation, and its 3D structure was characterized [39]. This enzyme hydrolyzed chitin and
chitosan with a low DD giving rise to mixtures enriched in faCOS and paCOS, respectively. In general,
the binding site of chitinases of fungal origin is substantially long and interacts with a minimum of
five sugar units. The glycosyl-binding subsites are designated as −3, − 2, −1, +1, and +2, and the split
occurs between the −1 and +1 sugar. A detailed structural analysis of Chit42 indicated that this protein
requires a GlcNAc residue in the substrate located at the −1 position for substrate hydrolysis.

In the present work, we have synthesized three COS mixtures enriched in fdCOS, paCOS, and faCOS.
The samples were chemically characterized by chromatography and mass spectrometry. The effect
of COS composition on anti-inflammatory properties was studied using a murine macrophage cell
line (RAW 264.7). Although the anti-inflammatory activity of chitosan oligosaccharides is well
reported [40–43], most of the works have been performed with COS mixtures not fully characterized
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in terms of DP, DD, or PA, probably due to the difficulties in the controlled synthesis and analysis of
COS mixtures.

2. Results and Discussion

2.1. Enzymatic Production and Characterization of fdCOS

Based on previous work [18], we selected the commercial proteolytic preparation Neutrase 0.8L
and a chitosan (CHIT600) with a high DD (>90%) to scale up the production of fully deacetylated COS
(fdCOS). The reaction was carried out over 24 h with 1% (w/v) chitosan at pH 5.0 and 50 ◦C. After
this time, the enzyme and the remaining chitosan were eliminated by ultrafiltration with a 10 kDa
membrane. Then, the COS of high molecular weight were removed using a 1 kDa cut-offmembrane.
The resulting solution was dialyzed over 0.1–0.5 kDa cut-off tubing to eliminate the salts and other small
contaminants, yielding a COS fraction with a molecular mass between 0.2 and 1.2 kDa. This fraction
was further freeze-dried and characterized by high-performance anion exchange chromatography with
pulsed amperometric detection (HPAEC-PAD) chromatography and MALDI-TOF mass spectrometry.

The HPAEC-PAD chromatogram of the COS obtained with Neutrase 0.8 L—purified as described
above—is represented in Figure 2. The chromatogram shows five main peaks corresponding to fdCOS,
which was identified with the corresponding standards as GlcN (1), (GlcN)2 (2), (GlcN)3 (3), (GlcN)4 (4),
and (GlcN)5 (5). In particular, chitobiose [(GlcN)2] and chitotriose [(GlcN)3] were the major products.
Peaks marked with asterisks were not identified due to the lack of available standards.

Figure 2. High-performance anion exchange chromatography with pulsed amperometric detection
(HPAEC-PAD) chromatogram of the chitooligosaccharides produced by Neutrase 0.8 L using chitosan
CHIT600. Reaction conditions: 1% (w/v) chitosan, 10% (v/v) Neutrase 0.8 L, 50 ◦C, 50 mM ammonium
acetate buffer pH 5.0, 24 h. Identified peaks: (1) GlcN; (2) (GlcN)2; (3) (GlcN)3; (4) (GlcN)4; (5) (GlcN)5.

The MALDI-TOF spectrum of the COS mixture was in accordance with the chromatographic
analysis since the main m/z peaks corresponded to the molecular weight of the fdCOS. The main signals
in the mass spectrum in positive mode belonged to the M + [Na]+ and M + [K]+ cations. Table 1
compiles the major m/z signals and the assigned composition. Several m/z values in agreement with
partially acetylated COS (paCOS) appeared in the MS spectrum, with significantly lower intensity than
the fdCOS. These paCOS probably corresponded to the unidentified peaks in the HPAEC-PAD analysis
(Figure 2). However, their chemical structure could not be unequivocally assigned from the obtained
data. The deacetylation degree of this fdCOS sample must be between 95 and 100%.
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Table 1. Main identified signals in the MALDI-TOF mass spectrum of the reaction between chitosan
CHIT600 and Neutrase 0.8 L. Reaction conditions were as described in Figure 2.

m/z Assignation

180.0 GlcN + H+

363.1 (GlcN)2 + Na+

524.2/540.2 (GlcN)3 + Na+/K+

566.2/582.2 (GlcN)2-GlcNAc + Na+/K+

685.3/701.3 (GlcN)4 + Na+/ K+

727.3/743.3 (GlcN)3-GlcNAc + Na+/K+

846.3/862.2 (GlcN)5 + Na+/ K+

888.3/904.3 (GlcN)4-GlcNAc + Na+/K+

1023.3 (GlcN)6 + K+

1049.4 (GlcN)5-GlcNAc + Na+

1210.4 (GlcN)6-GlcNAc + Na+

We calculated the efficiency of COS production with Neutrase 0.8 L. Starting from 1 g chitosan
CHIT600, and after all the purification steps, approximately 210 mg of COS (mostly fully deacetylated)
was obtained.

2.2. Enzymatic Production and Characterization of faCOS

For the production of faCOS, the first step was the transformation of chitin flakes into colloidal
chitin as previously described [39]. Chitinase Chit42 was used for the hydrolysis of chitin into
fully acetylated chitooligosaccharides. Figure 3 illustrates the HPAEC-PAD chromatogram of the
reaction mixture obtained with Chit42, which was purified as described in the Experimental Section.
The presence of the faCOS GlcNAc (1), (GlcNAc)2 (2), and (GlcNAc)3 (3) was verified by using the
corresponding standards. The deacetylation degree of this faCOS sample was between 0 and 5%.

Figure 3. HPAEC-PAD chromatogram of the chitooligosaccharides obtained with chitinase Chit42
employing chitin (colloid). Reaction conditions: 1% (w/v) colloidal chitin, 10% (v/v) chitinase, 70 mM
potassium phosphate pH 6.0. Identified peaks: (1) GlcNAc; (2) (GlcNAc)2; (3) (GlcNAc)3.

The MALDI-TOF spectrum of this mixture was simpler than that of fdCOS. Table 2 summarizes
the main m/z peaks and their assignations. The main signal in the mass spectrum corresponded to
(GlcNAc)2. It is worth noting that both the monomer GlcNAc and the trimer (GlcNAc)3 did not appear
in the MS spectrum, probably due to bad ionization or low stability of the formed ions. In contrast,
several peaks containing a GlcN moiety were present, which probably corresponded to the minor peaks
detected in the HPAEC-PAD analysis, indicating that GlcN units favor MALDI ionization. Starting
from 1 g of colloidal chitin, 75.8 mg of the characterized faCOS was obtained.
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Table 2. Main identified signals in the MALDI-TOF mass spectrum of the reaction between chitinase
Chit42 and colloidal chitin. Reaction conditions were as described in Figure 3.

m/z Assignation

405.2 GlcN-GlcNAc + Na+

447.2/463.2 (GlcNAc)2 + Na+/K+

608.3/624.2 GlcN-(GlcNAc)2 + Na+

769.3/785.2 (GlcN)2-(GlcNAc)2 + Na+/K+

811.3 GlcN-(GlcNAc)3 + Na+

853.3 (GlcNAc)4 + Na+

2.3. Enzymatic Production and Characterization of paCOS

Chitosan QS1—with a lower DD (81%) than CHIT600 (>90%)—and chitinase Chit42, which
requires a GlcNAc residue at −1 position [39], were used for the preparation of partially acetylated
chitooligosaccharides (paCOS). The analysis of this family of COS is quite difficult due to the lack of
commercial standards. Figure 4 illustrates the HPAEC-PAD chromatogram of the resulting mixture.
At least 11 unidentified peaks were detected.

Figure 4. HPAEC-PAD chromatogram of the chitooligosaccharides produced by chitinase Chit42 using
chitosan QS1 as substrate. Reaction conditions: 1% (w/v) chitosan, 10% (v/v) chitinase Chit42, 70 mM
potassium phosphate pH 6.0.

Table 3 summarizes the main m/z peaks detected in the MALDI-TOF spectrum and the proposed
composition. However, the chemical structure of these compounds cannot be inferred from the mass
spectrometry data. Since chitinase Chit42 only cleaves chitosan when a GlcNAc residue is located at
the −1 position, the synthesized COS should present a GlcNAc at the reducing end. Table 3 includes
COS containing up to nine residues with GlcN as the main component, which correlates well with the
degree of deacetylation of chitosan QS1. After the purification steps, starting from 500 mg of chitosan
QS1, 18 mg of paCOS was isolated. The lower yield obtained in comparison with fdCOS and faCOS
was probably a consequence of the requirement of Chit42 for a GlcNAc at −1 position and the presence
of a high proportion of GlcN (81%) in chitosan QS1.
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Table 3. Main identified signals in the MALDI-TOF mass spectrum of the reaction between chitosan
QS1 and chitinase Chit42. Reaction conditions were as described in Figure 4.

m/z Assignation

405.2/421.2 GlcN-GlcNAc + Na+/K+

447.2/463.2 (GlcNAc)2 + Na+/K+

566.3/582.2 (GlcN)2-GlcNAc + Na+/K+

608.3/624.3 GlcN-(GlcNAc)2 + Na+/K+

727.3/743.3 (GlcN)3-GlcNAc + Na+/K+

769.3/785.3 (GlcN)2-(GlcNAc)2 + Na+/K+

811.3/827.3 GlcN-(GlcNAc)3 + Na+/K+

888.4/904.3 (GlcN)4-GlcNAc + Na+/K+

930.4/946.3 (GlcN)3-(GlcNAc)2 + Na+/K+

1049.4/1065.4 (GlcN)5-GlcNAc + Na+/K+

1091.4/1107.4 (GlcN)4-(GlcNAc)2 + Na+/K+

1133.4/1149.4 (GlcN)3-(GlcNAc)3 + Na+/K+

1210.4/1226.4 (GlcN)6-GlcNAc + Na+/K+

1252.5/1268.4 (GlcN)5-(GlcNAc)2 + Na+/K+

1294.5/1310.4 (GlcN)4-(GlcNAc)3 + Na+/K+

1413.5/1429.5 (GlcN)6-(GlcNAc)2 + Na+/K+

1532.6/1548.5 (GlcN)8-GlcNAc + Na+/K+

2.4. Anti-Inflammatory Activity of fdCOS, faCOS, and paCOS

Inflammation plays an important role in the development of a series of pathologies including
autoimmune diseases and cancer [44]. The anti-inflammatory activity of the three samples of COS
previously obtained was assessed by measuring their ability to reduce the level of TNF-α (tumor necrosis
factor) in murine macrophages (RAW 264.7) after stimulation with a mixture of lipopolysaccharides
(LPS). TNF-α is a cytokine involved in systemic inflammation and one of the cytokines released by
activated macrophages during the acute phase reaction of inflammation [45].

Three concentrations of COS were tested in a multi-well plate: 100, 250, and 500 ng per well. The
ELISA methodology for the detection of TNF-α was properly validated through the accuracy of the
standard curve obtained, which allowed the quantification of samples with a TNF-α concentration
between 30 and 1000 pg/mL. The amount of TNF-α was measured at 2 and 6 h after incubation with
LPS (10 ng/well). To discard the possible inflammatory effect of the compounds, the cells were also
exposed to the three COS samples in the absence of LPS. However, no significant effect was observed
in samples supplemented only with fdCOS, faCOS, or paCOS (data not shown). After the stimulations,
both the culture supernatants and the cells were collected at 2 and 6 h.

Figure 5 shows the TNF-α concentration in the supernatants after 2 and 6 h stimulated with fdCOS,
faCOS, and paCOS (at the three concentrations) in combination with 10 ng LPS. The results of the
control experiment of cells stimulated only with LPS are also included in the figure. As illustrated in
Figure 5, the TNF-α concentration tended to increase over time for most samples. The highest TNF-α
concentration (1575 pg/mL) was obtained after 6 h post-stimulation with 10 ng of LPS per well.

The three types of COS were able to decrease the production of TNF-α at 6 h after stimulation
with LPS. The highest effect was obtained using 250 ng/well (Figure 5). It is worth noting that fdCOS
exhibited a negligible anti-inflammatory effect at concentrations of 100 and 500 ng/well after a 2-h
incubation, but this effect increased significantly at 6 h. This relates well with our preliminary results
with fdCOS [18]. In contrast, paCOS (except for 100 ng/well) and faCOS displayed a more stable effect
between 2 and 6 h. These results could be indicating a critical role of the acetamido group of COS in
their properties. However, only the fdCOS and faCOS at a concentration of 250 ng/well and after 6 h
incubation displayed a statistically significant anti-inflammatory effect.
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Figure 5. Tumor necrosis factor-alpha (TNF-α) concentration in the supernatants from cells stimulated
with fdCOS, faCOS, and paCOS (at 100, 250, and 500 ng per well) in combination with 10 ng
lipopolysaccharide (LPS) per well. Graphs show the amount of TNF-α at 2 and 6 h post-stimulation.
The data is expressed as the mean ± SD (*p < 0.05 vs. LPS control).

These results correlate well with previous works that analyzed the anti-inflammatory activity
of COS. Yoon et al. reported the attenuation of secretion of TNF-α and IL-6 induced by LPS upon
incubation with COS, demonstrating that the expression of these cytokines was regulated by COS
at the transcription level [41]. However, the authors employed a commercial COS that was not
fully characterized (MW < 10000; 90–95% DD). The dependence of anti-inflammatory activity on the
molecular weight of COS was studied by Fernandes et al. [8] and Pangestuti et al. [46], concluding
that COS of a low molecular weight were the most efficient. Sánchez et al. reported that a mixture
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with a similar content of deacetylated and monoacetylated HMW COS (5–10 kDa) produced the best
anti-inflammatory effects [47].

Our results correlate well with those of Lee et al. [48]. They demonstrated that COS with
90% N-deacetylation (90-COS) displayed a higher anti-inflammatory effect than COS with 50%
N-deacetylation (50-COS, more related to paCOS); interestingly, the 90-COS with a molecular mass
between 5 and 10 kDa showed the highest inhibition activity.

In conclusion, the secretion of TNF-α decreased during the first 6 h in macrophages treated with
the three COS mixtures in comparison with macrophages stimulated with LPS only. These results
confirm the inhibitory effect of COS against inflammation, which confirms their potential as ingredients
in functional foods and nutraceutical and pharmaceutical preparations.

3. Materials and Methods

3.1. Enzymes and Reagents

Neutrase 0.8 L was kindly donated by Novozymes A/S (Bagsværd, Denmark). The expression
and production of Chit42 (chitinase from Trichoderma harzianum) by Pichia pastoris was performed
as previously described [39]. Chitosan CHIT600 from shrimp shells (600–800 kDa, DD > 90%) was
purchased from Acros Organics (Geel, Belgium). Chitosan QS1 from Paralomis granulosa (98 kDa,
81% DD) was supplied by InFiQus (Madrid, Spain). Chitin (coarse flakes, DD ≤ 5%) from shrimp
shells and N-acetyl-glucosamine (GlcNAc) were from Sigma-Aldrich (Madrid, Spain). Chitobiose
[(GlcN)2], chitotriose [(GlcN)3], chitotetraose [(GlcN)4], N,N′-di-N-acetyl-glucosamine [(GlcNAc)2],
and N,N′,N”-tri-N-acetyl-glucosamine [(GlcNAc)3] were acquired from Carbosynth Ltd. (Compton,
Berkshire, UK). All other reagents were of the highest purity grade available.

3.2. Preparation of Colloidal Chitin

Colloidal chitin was prepared following the method of Jeuniaux [49]. In particular, 10 g of chitin
and 175 mL of 10 M HCl were stirred for 16 h at 4 ◦C. Then, the mixture was filtered using thick glass
fibers and mixed with 1 L of ethanol. After 16 h at 4 ◦C, the precipitated chitin floccules were separated
by centrifugation at 5000× g for 10 min and washed with distilled water. Finally, 200 mL of potassium
phosphate buffer (70 mM, pH 6.0) was added to the pellet. To determine the concentration of colloidal
chitin, 1 mL of solution was frozen at −70 ◦C, lyophilized, and weighed.

3.3. COS Production and Purification

Chitooligosaccharides with different deacetylation degrees were produced by different
combinations of enzymes and substrates based on previous works [18,39]. The reaction conditions for
the production of each type of COS are summarized in Table 4.

Table 4. Experimental conditions for the preparation of COS samples.

Enzyme Substrate Reaction Conditions Main Products

Chit42 Colloidal chitin 35 ◦C, pH 6.0 faCOS
Chit42 Chitosan QS1 35 ◦C, pH 6.0 paCOS

Neutrase 0.8 L Chitosan CHIT600 50 ◦C, pH 5.0 fdCOS

Reactions were carried out in a final volume of 40 mL containing 4 mL of enzyme solution and
36 mL of 1% (w/w) substrate dissolved properly in ammonium acetate at the optimal pH for the
reaction. The formation of COS was followed by HPAEC-PAD until the hydrolysis was complete.
Samples were filtrated through a paper filter to remove any insoluble particles and further purified by
a series of membranes. First, the reaction mixture was fractionated using a 50 mL Amicon system with
a 10 kDa cut-offmembrane. This step separated the enzyme and the unreacted high molecular weight
chitosan from the chitooligosaccharides. Then, the fraction of COS (< 10 kDa) was further fractionated
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with a 1 kDa cut-off membrane. The fraction of COS whose MW was lower than 1 kDa was then
dialyzed with a 0.1–0.5 kDa membrane (Biotech Cellulose Ester Dialysis Membrane, Spectra/Por, Fisher
Scientific, Madrid, Spain) to remove the salts and small contaminants from the sample, yielding a COS
fraction with a MW between 0.1 and 1 kDa. This fraction was lyophilized, analyzed by HPAEC-PAD
and MALDI-TOF, and used for bioactivity assays.

3.4. COS Characterization by HPAEC-PAD and MALDI-TOF

COS samples were analyzed at 30 ◦C by HPAEC-PAD on a chromatograph ICS3000 (Dionex,
Thermo Fischer Scientific Inc., Waltham, MA, USA) formed by a gradient pump (model SP),
an electrochemical detector consisting of a working electrode (Au) and a reference electrode (Ag/AgCl),
and a AS-HV autosampler. The column was an anion exchange Carbo-Pack PA-200 (Dionex,
4 × 250 mm) connected to a CarboPac PA-200 guard column (4 × 50 mm). A post-column delivery
system (PC10) pumped 200 mM NaOH to enhance the detector response. The mobile phase was 1 mM
NaOH at a flow rate of 0.3 mL/min for 20 min, followed by a gradient from 0 to 320 mM sodium
acetate/100 mM NaOH in 10 min, that was kept for another 10 min. Equilibration of the column to
the initial conditions was made for 40 min. The chromatograms were analyzed using Chromeleon
software. The identification and quantification of the different carbohydrates were done based on
commercial standards when available.

The molecular size of COS was analyzed by MALDI-TOF mass spectrometry using Ultraflex
III TOF/TOF equipment (Bruker, Billerica, MA, USA) equipped with a NdYAG laser. The spectra
were acquired in positive reflector mode in the mass interval 40–5000 Da, employing 20 mg/mL
2,5-dihydroxybenzoic acid (DHB) in acetonitrile: H2O (3:7) (v/v) as matrix and external calibration.
The samples were mixed with the DHB matrix in a 4:1 (v/v) ratio and 0.5 μL was injected.

3.5. Anti-Inflammatory Activity of COS

RAW 264.7 cells were cultured in DMEM (Dulbecco’s Modified Eagle’s medium) supplemented
with 10% FBS (fetal bovine serum) and 1% penicillin/streptomycin. Cells were counted with a Neubauer
chamber in order to seed a concentration of 2 million cells per well. Each of the compounds was tested in
duplicate at three different concentrations: 500, 250, and 100 ng/well. A mixture of lipopolysaccharides
(LPS, potent immune cell activator) at a concentration of 10 ng per well was used as a positive control,
and PBS (phosphate buffered saline) was used as a negative control and added to the wells in the same
volume as the rest of the compounds. The cells were also exposed to the three chitooligosaccharides
(without LPS) as a control for the inflammatory effect of the compounds. After the stimulations, both
the culture supernatants and the cells were collected at 2 and 6 h. Samples were frozen and kept at
−80 ◦C until analysis.

The quantification of anti-TNF-α antibodies in culture supernatants was assessed by ELISA
using a murine TNF-α ELISA kit (Diaclone, Besançon, France) following the protocol provided by
the manufacturer. Samples were diluted 1:2 (v/v) in an appropriate buffer (provided by the kit) and
100 μL was added in duplicate to the plate. Serial dilutions of the standard were made to provide a
concentration range from 1000 to 31.25 pg/mL, and 100 μL was added per well in duplicate to the ELISA
plate. Biotinylated anti-murine TNF-α antibody was properly diluted according to the manufacturer’s
protocol and 50 μL was added to each well. Plates were sealed and incubated at room temperature
for 3 h. After incubation, plates were washed three times with the wash buffer provided with the
kit. Streptavidin-Horseradish Peroxidase (HRP) solution (100 μL) was added for the detection of the
biotinylated detection antibody and plates were incubated at room temperature for 30 min. Then,
100 μL of ready-to-use 3,3’,5,5’-Tetramethylbenzidine (TMB) substrate solution was transferred into
each well. Plates were incubated in the dark at room temperature (10 min) for color development.
To stop the color reaction, 50 μL of 2 N H2S04 was added. The optical density (OD) for each well was
measured with a microplate reader set to 450 nm.
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Data were expressed as the mean ± standard deviation (SD) with n = 2. Brown–Forsythe test
and post-hoc Games–Howell method were used to find differences with respect to the LPS control.
Statistical analysis was performed with IBM® SPSS® Statistics v25 and differences were considered
significant when p < 0.05.
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Abstract: Sulfuretin glucosides are important sources of innovative drugs. However, few glucosides
of sulfuretin have been observed in nature. Therefore, it is urgent to diversify sulfuretin
glycosides. Herein, glycosyltransferase (GT)-catalyzed glycodiversification of sulfuretin was
achieved. Specifically, a flavonoid GT designated as OcUGT1 was used as a biocatalyst for the
glucosylation of sulfuretin with UDP-Glc. The OcUGT1-assisted glucosylation of sulfuretin yielded
ten glycosylated products, including three monoglucosides, five diglucosides and two triglucosides.
The three monoglucosides were thus identified to be sulfuretin 3′-, 4′- and 6-glucoside according to
HR-ESI-TOFMS data and their coelution with respective standards. A major diglucoside was assigned
as sulfuretin 4′,6-diglucoside by HR-ESI-TOFMS in conjunction with NMR analysis. The exact
structure of the other four diglucosides was not well characterized due to their trace amount.
However, they were reasonably inferred as sulfuretin 3′,6-diglucoside, sulfuretin 3′,4′-diglucoside
and two disaccharide glucosides. In addition, the structural identification of the remaining two
triglucosides was not performed because of their small amount. However, one of the triglucosides
was deduced to be sulfuretin 3′,4′,6-triglucoside based on the catalytic behavior of OcUGT1. Of the ten
sulfuretin glucosides, at least six were new compounds. This is the first time to obtain monoglucosides,
diglucosides and triglucosides of sulfuretin simultaneously by a single glycosyltransferase.

Keywords: glycosyltransferase; glycodiverfication; sulfuretin; OcUGT1

1. Introduction

Glycodiversification is a collective strategy of natural product glycosylation, in which varied
activated sugars are attached to natural-product acceptors by enzymatic or chemical means, thereby
providing diverse carbohydrate structures and functions [1,2]. The resultant glycosylated bioactive
compounds have been shown to exert various biological and pharmacological activities with improved
physicochemical characters, such as solubility and stability [3,4]. Many glycosides are thus developed
to clinical drugs, e.g., rutin [5–7], puerarin [8] and scutellarin [9]. Hence, glycodiversification of natural
products is deemed an effective strategy to broaden the scope of new compounds [2].

Owing to the structural complexity of many glycosylated compounds, glycodiversification
of natural products by chemical synthesis may be a formidable task [2]. Conversely, enzymatic
glycodiversification is becoming a main strategy for diversifying glycosylated natural products due to
the great strides made in the generation of glycosyltransferase with catalytic promiscuity [10–13].

Sulfuretin (1, also designated as sulphuretin, Figure 1 and Figure S1), a naturally occurring
aurone [14–16], is found to display a remarkable spectrum of biological activities such as therapeutic
activity against acquired lymphedema [14], anti-Parkinson’s disease activity [15], antioxidant
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action [16], therapeutic benefits in bone disease and regeneration [17,18] and neuroprotective effect [19],
suggesting sulfuretin is a promising molecule for drug development. Accordingly, the interest for the
discovery or synthesis of sulfuretin derivatives is increasing. Many sulfuretin derivatives featuring
varied functional groups were thus observed to display a wide range of biological activities [20–23].
Of these derivatives, glycosides of sulfuretin, e.g., sulfuretin 6-glucoside (sulfurein) [24–26], sulfuretin
3′-glucoside [25] and palasitrin (sulfuretin 3′,6-diglucoside) [27], have been determined to exhibit
diverse activities such as antioxidant activity [26,28] and influenza A neuraminidase inhibitory
activity [25], suggesting sulfuretin glycosides are a potent source of drug discovery. Thus far, however,
few sulfuretin glycosides have been obtained through direct extraction or enzymatic synthesis [29,30],
which limited their druggability study. Therefore, it is urgent to diversify sulfuretin glycosides for
drug screening.

Figure 1. OcUGT1-catalyzed glucosylation of sulfuretin (1) resulted in the generation of ten glucosides
(1a, 1b, 1c, 1g and six unidentified compounds).

OcUGT1 (Ornithogalum caudatum UDP-glycosyltransferase), isolated from O. caudatum
previously [13], is a flavonoid glycosyltransferase (GT) with catalyzing promiscuity. OcUGT1 can
glucosylate diverse sugar acceptors including flavonoids. Moreover, OcUGT1 has been observed to
function on multiple sites of flavonoids, yielding a number of flavonoid glycosides [13]. Both indicate
OcUGT1 is an ideal tool for glycodiversification of small molecules. OcUGT1 was used as a biocatalyst
for the glucosylation of sulfuretin with UDP-D-glucose (UDP-Glc). OcUGT1-assisted glucosylation of
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sulfuretin resulted in the formation of ten glucosides including three monoglucosides, five diglucosides
and two triglucosides. Of these ten newly formed glycosides, at least six glucosides were new
compounds (Figure 1). Thus, the use of single glycosyltransferases capable of forming multiple
glycosides is an effective way to achieve glycosidic diversification, and can significantly increase the
probability of drug discovery.

2. Results and Discussion

2.1. Protein Expression and Purification

After induction by IPTG, total proteins of Escherichia coli strain BL21(DE3) [pET28a-OcUGT1
+ pKJE7] were subject to sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE)
analysis [13]. As shown in Figure 2A, an intense band with 53 kDa was detected in the sample.
No corresponding band was present in the control strain, suggesting a soluble OcUGT1 was expressed
in E. coli (Figure 2). The expressed OcUGT1 was thus purified to near homogeneity and its concentration
was determined for glucosylation reaction.

Figure 2. Heterologous expression (A) and affinity purification (B) of OcUGT1. 1, total protein of
the control strain BL21(DE3) [pET-28a (+)+pKJE7]; 2, total protein of BL21(DE3) [pET28a-OcUGT1
+ pKJE7]; and 3, the purified OcUGT1 protein. Values at the left margin indicate the position and
molecular mass of protein standards. Red arrows show the recombinant OcUGT1.

2.2. OcUGT1-Catalyzed Glycosylation towards Sulfuretin

After incubated at 50 ◦C for 2 h, the reaction mixture containing purified OcUGT1, sulfuretin
and UDP-Glc was analyzed by reverse phase high performance liquid chromatography (RP-HPLC).
As shown in Figure 3, ten new peaks 1a–j were present in the reaction mixture (Figure 3), while there
were no new peaks in the control reaction harboring no purified OcUGT1 (Figure 3) suggesting the ten
peaks might be glucosylated metabolites of sulfuretin.
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Figure 3. HPLC chromatogram of the glucosylated metabolites of sulfuretin with (a) or without
(b) purified OcUGT1.

2.3. Structural Identification of Sulfuretin Monoglucosides

The ten metabolites were then subjected to high-resolution electrospray ionization mass
spectrometry (HR-ESI-MS) analyses. The positive ion HR-ESI-MS spectrum of 1a displayed a molecular
ion peak at m/z 455.0928 [M + Na]+ corresponding to C21H20O10Na (Figure S2).The major metabolite
1b exhibited a pseudomolecular ion peak [M + Na]+ at m/z 455.0927, and the molecular formula
C21H20O10Na was established by HR-ESI-MS (Figure S2). The molecular formula of a minor product
1c was determined to be C21H20O10Na, by HR-ESI-MS at m/z 455.0943 [M + Na]+ (Figure S2).
The evidence suggests that all three metabolites were monoglucosylated sulfuretins. Coelutions
of these metabolites with their standards assigned 1a, 1b and 1c to be sulfuretin 3′-, 4′- and 6-glucoside,
respectively [29].

2.4. Structural Identification of Sulfuretin Diglucosides

Compounds 1d, 1e, 1f, 1g and 1h have the same molecular formula C27H30O15Na with [M + Na]+

ion peaks at m/z 617.1479, 617.1484, 617.1492, 617.1481 and 617.1500, respectively, suggesting their
diglucosylation of sulfuretin (Figure S3). Compound 1g is the major product of these sulfuretin
diglucosides. To further determine the structure of 1g, it was collected using RP-HPLC and subjected
to nuclear magnetic resonance (NMR) analyses. The 1H-NMR spectrum (Figure S4 and Table 1)
showed signals for the following protons: an olefinic proton at δ 6.77 (1H, s, H-10); and two sets of
ABX type aromatic protons at δ 7.71 (1H, d, J = 8.5 Hz, H-4), 6.92 (1H, dd, J = 2.0, 8.5 Hz, H-5), 7.21
(1H, d, J = 2.0 Hz, H-7), and 7.49 (1H, d, J = 2.1 Hz, H-2′), 7.21 (1H, d, J = 8.6 Hz, H-5′), 7.41 (1H, dd,
J = 2.1, 8.6 Hz, H-6′). The 13C-NMR and spectroscopic data (Figure S4 and Table 1) indicated 27 carbon
resonances, including two glucose moiety carbons, one carbonyl carbon, five aromatic oxygenated
carbons, and nine aromatic carbons. The above data revealed that compound 1g has a typical sulfuretin
skeleton. In the HMBC (Figure 4 and Figure S5) spectrum of compound 1g, long-range correlations
between H-1′′ and C-6 (δ 164.9), H-1′′′ and C-4′ (δ 146.7), demonstrated that the glucosyl group was
located at C-6 and C-4′, respectively. The β-configuration of sugars were concluded from the anomeric
proton signals at δ 5.18 (1H, d, 7.3 Hz, H-1′′), and 4.84 (1H, d, 7.3 Hz, H-1′′′) in the 1H-NMR spectrum.
Based on these observations, the metabolite 1g was elucidated as sulfuretin 4′,6-diglucoside (Figure 4,
Figure S1, S4 and S5 and Table 1). The four other diglucosides were not well characterized due to
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their trace amount. According to the catalytic behavior of OcUGT1 towards luteolin [13], the four
diglucosides should include sulfuretin 3′,6-diglucoside and sulfuretin 3′,4′-diglucoside. Previous study
indicated that OcUGT1 was able to attack the hydroxyl group of sugar moiety in monoglucosides,
thereby forming disaccharide glycosides [30]. It is therefore reasonable to infer the remaining two
diglucosides were disaccharide glucosides of sulfuretin. Thus, OcUGT1-assisted glucosylation of
sulfuretin resulted in five diglucosides, namely sulfuretin 4′,6-diglucoside (1g) (Figure S1), sulfuretin
3′,6-diglucoside, sulfuretin 3′,4′-diglucoside and two disaccharide glucosides (Figure 1). Of the five
diglucosides, the two diglucoside sulfuretin 4′,6-diglucoside (1g) and sulfuretin 3′,4′-diglucoside,
as well as two disaccharide glucosides of sulfuretin, were new compounds.

Table 1. 1H- and 13C-NMR data of the compound 1g.

Position 13C 1H

2 146.2,C
3 181.7,C
4 125.4,CH 7.71, d (8.5)
5 113.7,CH 6.92, dd (8.5, 2.0)
6 164.9,C
7 99.4,CH 7.21, d (2.0)
8 167.4,C
9 115.1,C
10 111.9,CH 6.77, s

1′ 126.3,C
2′ 118.2,CH 7.49, d (2.1)
3′ 147.2,C
4′ 146.7,C
5′ 116.0,CH 7.21, d (8.6)
6′ 124.0,CH 7.41, dd (8.6,2.1)

Glc Glc
1′′ 101.4,CH 5.18, d (7.3)
2′′ 73.3,CH
3′′ 76.4,CH
4′′ 69.9,CH 3.0–3.8, m (overlapped)
5′′ 77.3,CH
6′′ 60.8,CH2

Glc
1′′′ 99.7,CH 4.84, d (7.3)
2′′′ 73.1,CH

3.0–3.8, m (overlapped)
3′′′ 75.8,CH
4′′′ 69.6,CH
5′′′ 77.1,CH
6′′′ 60.7,CH2

2.5. Structural Identification of Sulfuretin Triglucosides

The HR-ESI-MS of 1i and 1j displayed molecular ion [M + Na]+ peaks at m/z 779.2011 and 779.2031,
respectively, both corresponding to the molecular formula of C33H40O20Na, which indicated that both
compounds were triglucosides of sulfuretin (Figure S6). The structures of the two triglucosides were
not well characterized due to their trace amount. According to the catalytic behavior of OcUGT1 [13],
one of the triglucosides was sulfuretin 3′,4′,6-triglucoside. The other triglucoside could not been
deduced from the HR-ESI-MS data. To the best of our knowledge, the two triglucosides were also
new compounds.
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Figure 4. Selected HMBC (arrows) correlations of 1g.

Overall, OcUGT1-catalyzed glucosylation of sulfuretin led to the generation of ten glucosides
including six new compounds. The data revealed that enzyme-mediated glucosylation is an effective
way to diversify glucosides. Previously, glycosyltransferases capable of accepting glycosides for further
glycosylation have been reported [3]. However, there are few glycosyltransferases that catalyze the
formation of monoglycosides, diglucosides and triglycosides of a single substrate simultaneously.
In this study, OcUGT1 has been demonstrated to catalyze sulfuretin to form corresponding
monoglycosides, disaccharides and triglycosides simultaneously, indicating that OcUGT1 has a very
wide substrate specificity. These results, together with previous reports [13,31,32], indicate that
OcUGT1 has potential applications as a biocatalyst in glycodiversification of natural products.

3. Materials and Methods

3.1. Chemicals

Sulfuretin (CAS No.:120-05-8) was purchased from BioBioPha (Kunming, Yunnan, China)
(Figure S1). UDP-Glc was obtained from Sigma-Aldrich Co. LLC (St. Louis, MO, USA). The other
chemicals were either reagents or analytical grade when available.

3.2. Protein Expression and Purification

Heterologous expression and purification of OcUGT1 was performed as described previously [13].
As introduced by Yuan et al., an expression plasmid pET28a-OcUGT1 and a chaperone plasmid
pKJE7 (Takara, Dalian, China) were co-transformed into E. coli strain BL21 (DE3) for soluble
expression. Total protein extracts from isopropyl-β-D-thiogalactoside (IPTG)-induced bacterial cells
were separated by SDS-PAGE. The expressed recombinant protein with His-Tag were purified by
affinity chromatography. The concentration of the purified protein was determined based on the
procedure introduced by Yin et al. [33]. The resultant purified OcUGT1 was applied as the biocatalyst
for the glycosylation towards sulfuretin (1) (Figure S1).
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3.3. Glycosylation Assay

The reaction mixture and reaction conditions of OcUGT1-catalyzed glycosylation assay was the
same as that of our previous reports [13]. In brief, a total of 100 μL phosphate buffer (10 mM, pH 8.0)
harboring 10 mg purified OcUGT1, 1 mM sulfuretin and 1 mM UDP-Glc were incubated at 50 ◦C for
2 h. The glycosylation reaction was monitored by RP-HPLC. The HPLC conditions were the same as
previously described by Yuan et al. [13].

3.4. Structural Identification

HR-ESI-MS spectra were recorded on A Triple TOF™ 5600 system (AB SCIEX, CA, USA) with a
DuoSpray ionization source operating in the positive ESI mode.

NMR spectroscopic data were obtained as previously described [29,34–36]. Chemical shifts (d)
and coupling constants (J) were provided in ppm and hertz (Hz), respectively.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/8/10/416/s1,
Figure S1: he general position numeration of sulfuretin (1) and sulfuretin 4′,6-diglucoside (1g), Figure S2: The
mass spectra of 1a (A), 1b (B) and 1c (C) acquired by ESI-HRMS, Figure S3: The mass spectra of 1d (A), 1e (B)
1f (C), 1g (D) and 1h (E) acquired by ESI-HRMS, Figure S4: 1H-NMR spectrum (600 MHz, DMSO-d6) (A) and
13C-NMR spectrum of 1g (150 MHz, DMSO-d6) (B), Figure S5: HMBC spectrum of 1g, Figure S6: The mass spectra
of 1i (A) and 1j (B) acquired by ESI-HRMS.
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Abstract: The enzyme-mediated polymerization of bioactive phenolic compounds, such as the
flavonoid rutin, has gained interest due to the enhanced physico-chemical and biological properties of
the products, which increases their potential application as a nutraceutical. In this work, the influence
of enzyme activity on rutin oligomerization was evaluated in reactions with low (1000 U/L) and
high (10,000 U/L) initial laccase activities. For both reactions, high molecular weight oligomer
fractions showed better properties compared to lower weight oligomers. Products of the reaction
with low laccase activity exhibited thermal stability and antioxidant potential similar to control
reaction, but led to higher inhibitory activity of xanthine oxidase and apparent aqueous solubility.
Oligomers obtained in the reaction with high laccase activity showed better apparent aqueous
solubility but decreased biological activities and stability. Their low antioxidant activity was
correlated with a decreased phenolic content, which could be attributed to the formation of several
bonds between rutin molecules.

Keywords: rutin oligomers; laccase activity; aqueous solubility; antioxidant activity; xanthine oxidase
inhibition; MALDI-TOF; HPSEC

1. Introduction

Flavonoids are one of the main types of polyphenols commonly identified in plants as secondary
metabolites [1]. This type of compound exhibits satisfactory antioxidant capacities [2,3] and pharmacological
properties, with potential use in the prevention of various diseases such as diabetes, cancer, cardiovascular,
and neurodegenerative diseases [4,5]. Rutin (3’,4’,5,7-tetrahydroxy-flavone-3-rutinoside) is a quercetin
O-glycoside generally extracted from Fagopyrum esculentum M. (Polygonaceae), Ruta graveolens L.
(Rutaceae), Sophora japonica L. (Fabaceae), and Eucalyptus spp. (Myrtaceae). Concerning food, rutin
can be found in vegetables, fruits, and plant-derived beverages. Rutin-rich foods had already been
used by traditional Chinese medicine [6], and more recently rutin has been demonstrated to possess
beneficial properties for preventing diseases and protecting genome stability [7]. Due to its useful
properties, the Dietary Supplement Label Database lists over 1100 currently marketed products
that contain rutin [8]. However, both its low solubility in aqueous and non-toxic organic solvents,
which imply scarce bioavailability, and poor thermal stability [9–11], restrict its application. Enzymatic
polymerization of polyphenolic monomers has been shown to produce higher molecular weight
polyphenols with improved solubility, thermostability, and superior antioxidant properties [12–16].

Laccases (EC 1.10.3.2) and peroxidases (EC 1.11.1) are enzymes that oxidize phenolic substrates
to form phenoxyl radicals. The pathway followed by these radicals depends on various factors such
as the nature of the substrate or the composition of the reaction medium. One of the possibilities
relies on an oxidative coupling that can lead to the formation of oligomers/polymers from the initial

Catalysts 2018, 8, 321; doi:10.3390/catal8080321 www.mdpi.com/journal/catalysts91



Catalysts 2018, 8, 321

substrate [17]. The main advantage of laccase compared to peroxidases is that it requires oxygen
as a final electron acceptor rather than hydrogen peroxide [18]. Laccases have been used in the
food, pharmaceutical, and cosmetics sectors and have proved their usefulness as catalysts for the
oligomerization or polymerization of phenolic compounds [14–16].

More specifically, the production of oligomers from flavonoids with improved properties using
laccase has been demonstrated. Kurisawa et al. [14] reported the oligomerization of rutin by laccase,
obtaining products with higher superoxide scavenging activity and aqueous solubility compared with
the rutin monomer. Moreover, the improved capacity of rutin oligomers to inhibit the xanthine oxidase
enzyme [19] and their improved antigenotoxic activity [20] compared to the rutin monomer were
also demonstrated.

Although the properties of oligorutin are of great interest, reaction conditions should be optimized
to make the process more efficient, both economically and environmentally. Methanol is often used as
a co-solvent to allow for higher rutin solubility, but because of its toxicity, it would be advisable to
avoid its use, which may involve lower costs in subsequent purification of the products, as methanol
cannot be present especially in cosmetics and food applications. Ethanol is a valid alternative organic
solvent as it increases the solubility of rutin and is considered safe according to the European Food
Safety Authority (EFSA).

The aim of this work is to evaluate the effect of laccase activity on the rutin oligomers produced
in a reaction medium compatible with food applications, using ethanol as co-solvent. To our
knowledge, there are no studies that comprehensively evaluate the influence of laccase activity
on the oligomerization reaction. The products obtained were divided into fractions of different
molecular masses by ultrafiltration and subsequently characterized in terms of chemical structure
(matrix-assisted laser desorption/ionization-time-of-flight mass spectrometry (MALDI-TOF) and high
pressure size exclusion chromatography (HPSEC)), phenolic content, antioxidant activity by different
assays (Ferric reducing antioxidant power-FRAP, cupric reducing antioxidant capacity-CUPRAC,
2,2’-azino-bis(3-ethylbenzenothiazoline-6-sulfonic acid) diammonium salt scavenging activity-ABTS+

and xanthine oxidase inhibition) and aqueous solubility. The thermal stability of oligorutins produced
in both reactions was also assessed by thermogravimetric analysis (TGA).

2. Results and Discussion

2.1. Polymerization Reaction

The use of EtOH as a co-solvent greatly increased rutin solubility. As shown in Figure S1, rutin
solubility increased from 97.1 mg/L (0% EtOH) up to 3370.1 mg/L (50% EtOH). Combining this result
with previous studies on laccase stability in the presence of EtOH [15], the value of 50% EtOH: acetate
buffer (pH 5, 10 mM) was chosen as the appropriate reaction medium for this work.

Color changes were observed during the experiments, being more gradual in reaction A than in
reaction B. Reaction A started to take an orange tone during the first few hours of reaction, eventually
turning into an amber-colored liquid. Experiment B turned dark brown in less than an hour and
continued to darken for the next hour, when visual changes could not be seen for the remaining
extent of the reaction. This change in color is in accordance with that found by Sun et al. [21] for the
polymerization of catechol and resorcinol by laccase. In contrast, controls maintained a pale-yellow
color during the entire experiments. The enzymatic activity and the rutin concentration in the reaction
medium over time are showed in Figure 1 (measurements related to their initial value).

Both the greatest loss of enzymatic activity and the highest rutin conversion occurred during
the first 5–6 hours of reaction in both experiments. At that time, the losses in laccase activity reached
values close to 50% of the initial activity, which is consistent with the decrease due to the presence of
ethanol in the reaction medium, as previously reported [15]. Nevertheless, during the first two hours,
the decrease in laccase activity in reaction B was lower than that observed in reaction A (14% and 33%,
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respectively). The enzyme activity continued to decrease until the experiments were completed, with a
residual activity of 34% for reaction A and only 13% for reaction B.

The increase in laccase activity from 1000 to 10,000 U/L led to a higher rutin throughput (above
93%). Rutin depletion in reaction A occurred more gradually than in reaction B. After the first five hours,
only 42.6% of rutin was consumed in reaction A, whilst reaction B showed a rapid drop in rutin content
leaving only 7% of the initial rutin unreacted. Similar yields were obtained by Kurisawa et al. [14]
using methanol as co-solvent. In addition, reaction B underwent a slightly higher acidification of the
reaction medium. The final pH of reaction B was 5.80, while the pH of reaction A (6.12) was almost
identical to that of the controls (6.18).

Figure 1. Monitored parameters for the polymerization of 3 g/L rutin in 50% ethanol:acetate buffer
(10 mM, pH 5) mixture over 24 h at 25 ◦C and 1500 rpm for reactions A (1000 U/L of laccase activity)
and B (10,000 U/L): (a) relative enzymatic activity of reactions A ( ) and B (�), (b) residual rutin
percentage in the reaction medium for reactions A (�) and B (�). X is used to indicate rutin conversion
into oligomers.

Both media were divided into three different fractions by ultrafiltration. Although the samples
were filtered to reach the same volume for each fraction, once lyophilized, different amounts of solid
products were obtained, thus indicating different oligomerization degrees.

2.2. Apparent Solubility of Rutin Oligomers

The apparent solubility of the different fractions of the oligomers obtained in reactions A and
B was evaluated. The total flavonoid content (TFC) of sample solutions in both 50% methanol and
water supernatants was determined as mg of rutin equivalents per gram of sample (Table S1) and the
apparent aqueous solubility was calculated using Equation (1). The results are shown in Table 1.

Table 1. Apparent solubility of oligomer fractions obtained in reactions A and B. The fold is expressed
as the improvement of the solubility of the fractions by taking the controls as a reference.

Fraction
Apparent Solubility Fold

g/L Relative to Controls

AF3 6.76 ± 0.04 ~58
AF2 5.84 ± 0.40 ~50
AF1 2.21 ± 0.43 ~19
CA 0.12 ± 0.01
BF3 10.77 ± 0.21 ~71
BF2 9.93 ± 0.28 ~65
BF1 * *
CB 0.15 ± 0.01

* Recovered lyophilized product was not sufficient to perform the assay. (A: 1000 U/L laccase, B: 10,000 U/L laccase,
C: Control, F3 ≥ 10 kDa, F2 ⊂ (10, 1] kDa, F1 < 1 kDa).
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The apparent aqueous solubility of CA and CB controls was similar to that obtained for rutin by
Krewson et al. [9], thus supporting the validity of the technique used to indirectly assess the solubility
of these flavonoids. The results showed that, regardless of the laccase activity used, an increase in
the molecular mass of the oligomers led to an improved apparent aqueous solubility, as previously
reported for different flavonoid oligomers [16,19,20]. Moreover, higher enzymatic activity during rutin
polymerization (reaction B) produced oligomers (F3 fractions) with considerably enhanced apparent
solubility, ~70 times greater than its control. Nevertheless, the use of 1000 U/L laccase activity (reaction
A) improved the apparent solubility nearly 60 times, which would imply lower production costs.

A molecular modeling study conducted by Anthoni et al. [19] indicated that higher solubility of
oligorutins could be attributed to their unfolded molecular structure, which would allow a greater
number of intermolecular H-bonds of sugar parts with water molecules.

2.3. Antioxidant Activities of Rutin Oligomer Fractions and Xanthine Oxidase Inhibitory Potential

Oligorutins previously obtained by different researchers in methanol: water mixtures have shown
good scavenging and antioxidant activity [14]. In addition, their ability to inhibit the enzyme xanthine
oxidase, involved in inflammatory-related processes, has also been proven [19]. To evaluate the
antioxidant activity of the lyophilized oligorutin fractions produced in reactions A and B, FRAP
and CUPRAC methods were used. Moreover, the ABTS assay allowed us to measure their radical
scavenging capacity. The results are shown in Table 2.

Table 2. Ferric reducing antioxidant power (FRAP), cupric reducing antioxidant capacity (CUPRAC),
ABTS+ scavenging activity and xanthine oxidase inhibitory potential of lyophilized rutin oligomer
fractions and their respective controls for the different reaction conditions.

Fraction
FRAP CUPRAC ABTS+ Xanthine Oxidase Inhibition

mg TE a/g Sample mg TE a/g Sample % Inhibition (1 g/L) IC50 (mg/L)

AF3 149.27 ± 22.67 488.30 ± 2.48 98 ± 1 186.36 ± 18.28
AF2 138.02 ± 3.55 415.14 ± 7.43 95 ± 1 198.43 ± 14.90
AF1 81.87 ± 1.93 245.67 ± 12.11 71 ± 2 372.30 ± 30.47
CA 168.79 ± 2.58 526.63 ± 8.81 100 ± 1 259.84 ± 1.45
BF3 59.22 ± 1.29 226.21 ± 22.56 60 ± 3 241.28 ± 24.34
BF2 13.33 ± 0.43 46.08 ± 3.44 11 ± 1 > 400 b

BF1 12.11 ± 2.79 27.50 ± 1.10 8 ± 1 > 600 b

CB 109.37 ± 2.79 304.24 ± 65.76 85 ± 3 415.12 ± 2.72

A: 1000 U/L laccase, B: 10,000 U/L laccase, C: control, F3 ≥ 10 kDa, F2 ⊂ (10, 1] kDa, F1 < 1 kDa. a TE = Trolox
equivalents. b maximal tested concentration due to the impossibility of measuring higher absorbance.

The differences observed in both control reactions, CA and CB, derive from their different content
of inactivated enzyme (since reaction B had 10-fold higher enzymatic activity, inactivated laccase
represents a higher mass percentage of the final freeze-dried powder obtained). Experiment B involved
10 times the enzyme activity in A, thus, after lyophilization, the non-rutin content in medium B was
higher than in medium A, causing its lower antioxidant activity.

For all fractions, the antioxidant activity was lower than that of their control. AF3 showed the
values most similar to those of the controls, reaching about 90% of the CA antioxidant activity for
FRAP and CUPRAC methods and almost 100% of its ABTS+ radical scavenging capacity. The use
of 10,000 U/L laccase activity caused a remarkable loss in antioxidant activity, with the BF3 fraction
reaching values close to 70% of those obtained for CB (except for the FRAP assay, which showed only
54%). Antioxidant activity dropped for smaller Mw fractions, especially for BF2 and BF1 oligomers,
where close to 10–15% of CB activities were found, while AF2 and AF1 retained ~80 and ~50%,
respectively (except for the ABTS test, which showed 95 and 71% of the CA scavenging activity).

This loss in antioxidant activity did not match the results provided by Kurisawa et al. [14],
who observed an improvement in the superoxide scavenging capacity of oligorutin compared to rutin.
However, Anthoni et al. [19] did observe this drop in antioxidant activity and, as stated by several
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authors who studied the effect of phenolic substituents on antioxidant activity [22,23], attributed it
to a possible loss of free hydroxyl groups on C4’ and/or C3’. These functional groups, together with
the C2–C3 double bond, are the structural features in rutin molecule that contribute the most to its
antioxidant activity (the chemical structure of rutin can be seen in Figure S2). Therefore, the phenolic
groups in C4’ and C3’ could have taken part in the polymerization reaction, leading to the possible
formation of ether and/or carbon–carbon linkages between different rutin molecules.

The enzyme xanthine oxidase is considered to be an important biological source of ROS and
catalyzes the oxidation of hypoxanthine and xanthine to uric acid, which plays a crucial role in
gout [24]. Xanthine oxidase inhibitors represent an attractive option for the treatment of disorders
such as gout, hyperuricemia, ulcers, ischemia, and hypertension, among others [25].

Table 2 shows also the xanthine oxidase inhibitory activity in the oligorutin fractions and their
respective controls. The IC50 values are the average result of the duplicates, calculated by standard
curve regression analysis. The correlation factors (R2) for each standard curve ranged from 0.964 to
1000. AF3, AF2 and BF3 showed better results than CA and CB, with the IC50 of AF3 being the lowest
value (186 mg/L). This enhancement was also found for AF2 with a similar IC50 but not for AF1, BF2
and BF1, leading to the conclusion that smaller oligomers show the worst xanthine oxidase inhibitory
capacity. In fact, for oligomers obtained using higher laccase activity, only BF3 exhibited a lower IC50

than its control. This mass-related inhibitory activity is consistent with previous results reported by
Anthoni et al. [19], who found that the higher the molecular mass of the oligorutin fractions, the lower
the IC50 is. However, this is not in agreement with the results obtained by Kurisawa et al. [14],
who performed rutin oligomerization in methanol:buffer mixtures using Myceliophthora laccase as
a biocatalyst.

When comparing the best absolute IC50 values, AF3 and AF2 obtained better results than BF3,
which means that the excess of laccase activity used in the production of higher molecular mass
oligorutin negatively affected the xanthine oxidase inhibitory activity of these fractions.

The structure–activity relationship of flavonoids as inhibitors of xanthine oxidase has been
previously studied by several researchers [24,26], who observed that the aromatic hydroxyl groups
placed at C3’ and C4’ had little or no effect upon this capacity. In contrast, the OH groups linked
to C5 and C7, along with the C2–C3 double bond, were the main causes of their xanthine oxidase
inhibitory potential. Thus, the phenolic groups in C5 and C7 should not have been lost by providing a
link between the rutin monomers.

In general, the results of the antioxidant activity tests and the xanthine oxidase inhibitory potential
assay indicate that oligomerization probably involves phenolic groups in C3’ and/or C4’ carbons to
form O–C or C–C bonds.

2.4. Evaluation of the Phenolic Content of Rutin Polymerization Products

Since there are widely studied correlations between the phenolic groups of flavonoids and
their effect upon antioxidant activity [23] and the xanthine oxidase inhibition potential [24],
the phenolic content of the oligorutin fractions produced was measured using two different
protocols, revealing different results (Figure 2) that could be attributed to the chemical basis of
the methods. While the Folin–Ciocalteu method measures all the reducing phenolic compounds,
the 4-aminoantipyrine (4-AAP) method can only detect phenolic groups that have a free para
position [27]. Due to the scarce quantity of recovered products for the lower molecular weight
fractions, these assays were only performed for the F3 and F2 fractions of both reaction products.

The results provided by the Folin–Ciocalteu assay showed a slight loss of reducing phenolic
compounds (RPC) for AF3 of less than 15% compared to CA, indicating that O–C bonding could
have occurred. In addition, the reducing phenolics decreased considerably for the BF3 fraction,
thus indicating a higher degree of polymerization (DP) through phenolic groups or, alternatively,
that several bonds involving those hydroxyl groups were formed between rutin monomers. For F2
fractions, the reduction in RPC was greater, especially for BF2, which retained only about 10% of the
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phenolic groups present in the control. Therefore, the Folin–Ciocalteu assay proves that the use of
higher enzyme activity led to a further decrease in reducing phenolic compounds, and that the smaller
fractions of both reaction products suffered a marked drop in comparison with higher Mw fractions.

 
Figure 2. Phenolic content of the different fractions obtained for reaction A and B relative to their
respective controls. Values were obtained via Folin–Ciocalteu (�) and 4-AAP (�) assays (A: 1000 U/L
laccase, B: 10,000 U/L laccase, F3 ≥ 10 kDa, F2 ⊂ (10, 1] kDa).

The protocol based on the reaction of phenolic compounds and 4-AAP showed different results.
Considering the molecular structure of rutin (Figure S2). it can be understood that this method would
not measure hydroxyl groups bonded to C4’ and C7, as they do not present a free para position.

The values obtained for the fractions show differences in the decrease of phenolic content that
may provide insight on the possible bonding occurring between rutin monomers. While AF3 and BF2
did not show major differences for both protocols used to measure phenolic content, AF2 and BF3
did. AF2 showed a higher decrease of non-para-substituted phenols in proportion to all the reducing
hydroxyl groups bonded to the aromatic part of the rutin molecule, while BF3 showed the opposite
effect. Therefore, reaction A shows a general tendency to yield oligomers with a lesser proportion
of non-para-substituted phenolic groups, while the opposite trend was observed for products of
reaction B.

These results lead to the conclusion that the use of higher enzyme activity not only decreased
the phenolic content, but also may have affected the phenolic groups involved in the polymerization
reaction. However, this information alone does not directly indicate which type of bonding took place
between the rutin molecules. A decrease in the phenolic groups detected by the 4-AAP method can
mean that the hydroxyl group became part of an O–C bond, or that the carbon atom placed in its para
position has been involved in a new bond with another rutin molecule (C–O or C–C).

Furthermore, considering the antioxidant and xanthine oxidase inhibitory activities and phenolic
content, the hydroxyl group in C3’ appears to be involved in rutin oligomerization when 1000 U/L of
laccase is used, while increasing this activity up to 10,000 U/L would imply the greater participation
of the phenolic group in C4’ to produce high molecular mass oligomers. This observed trend was
indicated in Figure S2, where the atoms marked in blue represent those most likely to be involved in
oligomerization under A conditions, whereas those in red would correspond to B conditions.

A similar effect of the enzyme activity has been previously observed on the characteristics of
the dehydrogenation polymers (DHP) synthesized from coniferyl alcohol (CA). Mechin et al. [28]
demonstrated the influence of enzyme activity/substrate ratio on the structure of DHP’s obtained
using horseradish peroxidase (HRP). They found a negative correlation between the β-O-4 content
of the DHPs and the HRP/CA ratio. Hence, the enzyme activity dose had a significant effect on the
structure of the obtained products.
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However, if the oligomerization only occurs by C–O and/or C–C bonds, it is not entirely
determined by the techniques and methods already applied. Anthoni et al. [19] performed 1H-NMR
analysis and confirmed the existence of C–O and C–C bonds between the rutin molecules, not only
in the aromatic but also the sugar part. As for the aromatic part, the bonds that might be most likely
to form were C2’–C2’, O4’–C6’ and C6’–C6’ [29], the latter two proposed linkages according to our
conclusions based on antioxidant and xanthine oxidase inhibitory activities after considering the
structure–activity relationships.

2.5. Molecular Weight Characterization of the Different Reaction Products

2.5.1. MALDI-TOF Analysis

The MALDI-TOF analysis of the obtained fractions (Figure S3) showed different high intensity
peaks separated by ~608 Da, indicating that two different rutin molecules have lost a hydrogen atom
in the formation of a new intermolecular bond.

The highest DP found was 7, only obtained in BF3, thus supporting that the highest laccase activity
used in the polymerization reaction implied the longest chain of the oligomers produced, despite the
low intensity of the signal. In reaction A, a DP of 6 was found in AF2 and AF3 fractions. This deviation
of only one degree of polymerization between AF3 and BF3 would probably not explain the differences
in antioxidant and xanthine oxidase inhibitory activities, which might imply that the presence of
higher laccase activities may have different effects on the products apart from increasing the length
of the oligomer. The results were similar to those obtained by Anthoni et al. [19,30], who found a
maximum DP of 6 rutin units using methanol as co-solvent. The intensities read in the AF3 fraction
seem to indicate that the R2 and R3 oligomers may be present in the same proportion in this sample.
In contrast, BF3 showed a remarkable difference in favor of R3, which coincides with the higher DP
displayed by that sample. In addition, all the fractions produced in reaction B show an unidentified
compound with a mass close to 1260 Da and intensity similar to that of R2.

The observed masses, intensities and suggested compounds for the peaks found with this
technique are listed in Tables S2 and S3, along with the expected theoretical mass of each compound
and the deviation of the measured values. Intermediate compounds with lower intensities
would correspond to rutin oligomers lacking one or several methyl, OH, glucose, rhamnose,
or rutinose substituents. With this in mind, reaction mechanisms similar to those found in esculin
oligomerization [15] could be assumed.

The oligomers in reaction B often show the greatest deviations from the theoretical masses of
expected polymers. This effect was especially observed for DP greater than 3 and always corresponded
to masses lower than expected. The formation of multiple bonds between two rutin molecules in the
presence of increased laccase activity would explain this behavior.

2.5.2. HPSEC Analysis

High performance size exclusion chromatography (HPSEC) made it possible to measure the
average molecular mass of the oligomers present in the different fractions obtained after ultrafiltration
(Figure 3). These results are orientative and can only be used in a comparative study, as the calibration
curve was carried out using polystyrene standards (266 to 62,500 Da).

The products of reaction A were well distributed between AF2 and AF3, since high molecular mass
compounds were detected in both chromatograms. The highest Mw, registered by BF3, was 8338.51 Da,
much higher than that observed in the MALDI-TOF analysis, which corresponds to a maximum
degree of polymerization of 14 instead of 7. The same effect but on a smaller scale occurred for
all fractions analyzed. The mass underestimation by the MALDI-TOF technique, also reported by
Anthoni et al. [30], was attributed to the possibility of a weak ionization for oligomers with a molecular
mass greater than 3000 Da.
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Compounds of about 4000 and 400 Da were detected in CA and CB, respectively, probably derived
from the use of T. versicolor laccase. The differences between the chromatograms may be linked to
the amount of laccase and rutin present in each control (rutin and laccase HPSEC chromatograms are
provided in Figure S4). Moreover, a peak of around 400 Da could also be observed in oligomer fractions
and BF2 seems to be enriched in this compound, which shows that the oligomers obtained in reaction B
are mainly concentrated in the BF3 fraction, which would explain the lower antioxidant activities and
poor xanthine oxidase inhibitory capacity present in BF2 and BF1. The AF3 and AF2 chromatograms
did not differ much, despite being AF3 enriched with oligomers of a slightly higher Mw.

 

Figure 3. Molecular weight, polydispersity, and degree of polymerization parameter obtained by
HPSEC for controls and fractions F3 and F2 of rutin oligomers from reactions A (a) and B (b)
(A: 1000 U/L laccase, B: 10,000 U/L laccase, F3 ≥ 10 kDa, F2 ⊂ (10, 1] kDa). tR: retention time,
Mp: peak molecular weight, Mn: number-average, Mw: average molecular weight, Mw/Mn: degree of
polydispersity and DP: degree of polymerization. The percentage of each mean molecular mass peak
observed in the quantified area of the chromatogram is also shown in the table.

The differences in the degree of polymerization are, according to several authors, related to the
antioxidant properties, but it cannot be stated that the properties evaluated in oligorutins derive
only from this aspect, and evidence of possible multiple bonding between rutin molecules should
be considered. For this reason, and to check whether this hypothesis is true or false, a new set of
experiments was designed, with the objective of producing oligomers of similar molecular mass with
1000 and 10,000 U/L laccase activity.

If multiple linkages have been produced for oligomers in reaction B, although the products do
not show very different molecular masses, different antioxidant activities are expected. The AF4’ and
BF5’ fractions showed several similarities in the HPSEC chromatograms (see Figure S5) and their
antioxidant properties were evaluated by FRAP and CUPRAC assays: BF5’ exhibited nearly half of
the AF4’ antioxidant activity for both assays: 39.29 ± 3.02 (FRAP) and 143.44 ± 2.02 mg TE/g sample
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(CUPRAC) for BF5’; 80.52 ± 4.06 (FRAP) and 252.36 ± 3.17 mg TE/g sample (CUPRAC) for AF4’.
Despite both products showing similar DP, these comparisons make evident that different laccase
activities used for each reaction have led to structurally different oligorutin.

2.6. Thermal Stability of Rutin Oligomers

The thermal stability of high molecular mass oligomer fractions and lyophilized controls for both
reactions was assessed by thermogravimetric analysis. The differences in the controls are attributed to
their different laccase content, thus decreasing the solid content at 600 ◦C for CB, since commercial
laccase degrades up to around 85% at this temperature. AF3 showed almost the same solid residue
at 600 ◦C as CA, while thermal stability in BF3 was strongly compromised, with only 25.7% of solid
residue at the end of the analysis (final solid residue values along with decomposition intervals are
presented in Table S4).

The TGA curves (Figure 4) showed a continuous decrease in mass at low temperatures for both
AF3 and BF3 at the beginning of the analysis. Nevertheless, while the mass loss in AF3 was comparable
to CA and CB (3–4% of the total product), BF3 lost up to 8.6% of its mass. Losses below ~120 ◦C are
often attributed to the moisture content of the samples [31], but, since all samples were manipulated
identically, these observed losses could also be associated with the chemical structure of the oligomers,
either if the samples are partially decomposing or their hygroscopicity changed, which would relate
this major mass loss for BF3 to a higher amount of ambient humidity absorbed after lyophilization.

Figure 4. Thermogravimetric analysis (TGA) analysis for high molecular mass rutin oligomers obtained
in reactions A and B, compared to control experiments. —AF3, - - CA, —BF3, - - CB (A: 1000 U/L
laccase, B: 10,000 U/L laccase, C: control—F3 ≥ 10 kDa).

Unlike AF3, CA and CB, BF3 showed three different decomposition steps (inflection points in
the TGA curve) and the solid residue at 600 ◦C was lower than that of its control, thus showing poor
thermal stability, which cannot be attributed to the use of different laccase activities compared to AF3,
but to its chemical nature. The properties of oligorutins evaluated in this study were summarized in
Table S5.

3. Materials and Methods

3.1. Materials

Laccase from Trametes versicolor, rutin hydrate, 2,2’-azino-bis(3-ethylbenzenothiazoline-6-sulfonic
acid) diammonium salt (ABTS), potassium persulfate, aluminum chloride hexahydrate, sodium
nitrite, iron (III) chloride hexahydrate, 2,4,6-tri(2-pyridyl)-1,3,5-triazine (TPTZ), neocuproine,
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6-hydroxy-2,5,7,8-tetramethylchroman-2-carboxylic acid (Trolox), Folin–Ciocalteu’s phenol reagent,
4-aminoantipyrine (4-AAP), potassium ferricyanide, xanthine, xanthine oxidase (E.C. 1.17.3.2.), gallic
acid, dimethyl sulfoxide (DMSO), absolute ethanol, methanol and polystyrene standards (between
62,500 and 266 Da) were purchased from Sigma (Sigma-Aldrich, St. Louis, MO, USA). Copper (II)
chloride dihydrate and phenol were purchased from Merck (Merck KGaA, Darmstadt, Germany).
Di-sodium hydrogen phosphate anhydrous was purchased from Panreac (Panreac Química SLU,
Barcelona, Spain). 2,6-dimethoxyphenol (2,6-DMP) was purchased from Fluka (Honeywell Specialty
Chemicals Seelze GmbH, Seelze, Germany). All reagents were of analytical grade.

3.2. Laccase Activity

Laccase activity of the enzyme stock solution was determined using ABTS as substrate [32].
During the oligomerization reaction, the substrate was changed to 2,6-DMP instead of ABTS, to avoid
the possible reduction or scavenging of ABTS+ by antioxidant compounds present in the reaction
medium, such as rutin itself or the oligomers produced, since it is well known that this reverse
reaction is possible [33]. This measurement was performed following the protocol defined by Wariishi
at al. [34] with slight modifications. Briefly, the oxidation rate of 50 μL of 20 mM 2,6-DMP to
2,2’,6,6’-tetramethoxydibenzo-1,1’-diquinone caused by 50 μL of laccase solution, was monitored
at 468 nm (ε468 = 49,600 M−1·cm−1) in a sodium malonate (250 mM, pH 4.5, 200 μL) and distilled water
(700 μL) mixture at room temperature. One unit (U) of activity was defined as the amount of enzyme
forming 1 μmol of 2,2’,6,6’-tetramethoxydibenzo-1,1’-diquinone per minute. All spectrophotometric
measurements were carried out on a Shimadzu UV-1800 (Shimadzu Europa GmbH, Duisburg, Germany).

3.3. Synthesis of Rutin Oligomers

3.3.1. Oligomerization Reaction

Polymerization of rutin was performed in 12 mL polypropylene test tubes with a threaded cap
placed inside an MSC-100 thermoshaker incubator. This equipment protected the reaction medium
from direct exposure to light. Only 5 mL of each tube was filled with the reaction medium to ensure
oxygen excess (thus not limiting the reaction) and correct agitation. The temperature was set to 25 ◦C
and agitation to 1500 rpm. For both experiments, the initial concentration of rutin was 3 g/L and
the reaction medium composition was 50% ethanol and 50% acetate buffer (pH 5, 10 mM), with a
single initial pulse of the enzyme solution to reach the desired initial laccase activity. In Experiment A,
1000 U/L (ABTS-related units) of laccase was used as a catalyst, whereas 10,000 U/L was used in
Experiment B. Control experiments (CA and CB) had exactly the same composition as their reference
experiments, but the enzyme was previously thermally inactivated (30 min at 100 ◦C). After 24 h,
all reactions were stopped by adding HCl to acidify the reaction medium at a pH of 1.5.

Rutin concentration was monitored during the oligomerization process by high-performance
liquid chromatography (HPLC) in a Jasco XLC HPLC (Jasco Analitica Spain, Madrid, Spain) equipped
with a 3110 MD diode array detector (detection at 355 nm) and a Gemini reversed-phase column
(150 × 4.6 mm, particle size: 3 μm) (Phenomenex, supplied by Jasco Analitica Spain, Madrid, Spain) at
45 ◦C. Gradient elution (flow rate of 0.7 mL·min−1) started with 10% acetonitrile in water (2% acetic
acid), increased to 90% acetonitrile in 8 min, and then decreased back to the initial concentration after
2 min.

3.3.2. Separation and Lyophilization of the Polymers

After completion of the reaction, the samples were divided into three fractions using an Amicon
8010 10-mL ultrafiltration cell (Millipore Corporation, Bedford, MA, USA), with regenerated cellulose
membrane discs with a nominal molecular weight limit of 10 and 1 kDa. For each experiment,
the fractions F3 (10 kDa retentate), F2 (10 kDa permeate and 1 kDa retentate) and F1 (1 kDa permeate)
were obtained and labelled as AF3, AF2, AF1, BF3, BF2 and BF1. Ethanol was removed by evaporation
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from products and controls (Büchi Rotavapor R-205 BÜCHI Labortechnik AG, Flawil, Switzerland,
50–70 mbar, 40 ◦C, 60 rpm) and samples were then lyophilized (Labconco FreeZone Benchtop Freeze
Dry System (Labconco Corporation, Kansas City, MO, USA), 0.098 Torr, −50 ◦C).

3.4. Characterization

3.4.1. Apparent Solubility of Rutin Oligomers

Since it was not possible to measure the concentration of rutin oligomers in solution (no standards
are available), an indirect protocol for measuring apparent aqueous solubility was developed based on
the total flavonoid content (TFC) assay explained by Kim et al. [35] with the modifications proposed
by Gullón et al. [36].

With the aim of analyzing the apparent solubility of the target compounds, two different matrices
were considered for the preparation of each sample, one in distilled water and one in 50% methanol.
For a concentration of 10 g/L of lyophilized fractions and controls, the solution prepared in water
showed partial solubilization, which was evidenced by the presence of precipitates and turbidity
of the sample, while the solution containing methanol showed complete dissolution. After 1 h of
agitation at 1500 rpm and 25 ◦C in an MSC-100 thermoshaker incubator (LABGENE Scientific SA,
Châtel-Saint-Denis Switzerland), each pair of samples was centrifuged at 25 ◦C and 14,000 rpm using
an Eppendorf 5417 R microcentrifuge. The supernatant from each sample was withdrawn and the
TFC was measured as described above and expressed as an average of two duplicates. The apparent
solubility (g/L) of the products was then calculated as indicated in Equation (1):

Apparent solubility =
TFCH2O

TFCMeOH:H2O
·C (1)

where TFCH2O is the TFC in the supernatant of aqueous solutions, TFCMeOH:H2O is the TFC in
methanol:water solutions, and C is the concentration of the tested sample (10 g/L).

3.4.2. Ferric Reducing Antioxidant Power (FRAP), Cupric Reducing Antioxidant Capacity (CUPRAC),
ABTS+ Scavenging Activity and Xanthine Oxidase Inhibition Test

FRAP and CUPRAC assays were conducted as indicated in our previous work, where these
protocols were applied to measure the antioxidant properties of oligoesculin [15]. The results were
expressed as the average value of two replicates. The ABTS assay was carried out to measure the
potential of samples (1 g/L solutions) to scavenge ABTS+ radical. This test was performed according to
the method proposed by Re et al. [33] but was modified by increasing the incubation time, from 6 min
up to 45 min based on previous results obtained by Boẑiĉ et al. [37], which showed that caffeic acid
and gallic acid oligomers increased their scavenging activity over time, reaching values even higher
than those obtained for monomer molecules. For FRAP, CUPRAC, and ABTS assays, samples were
solubilized in methanol with 15% (v/v) DMSO.

In order to measure the xanthine oxidase inhibitory activity, the spectrophotometric protocol
reported by Chebil et al. [12] was followed with the modifications detailed by Muñiz-Mouro et al. [15].

These protocols were performed using a Shimadzu UV-1800 spectrophotometer (Shimadzu
Europa GmbH, Duisburg, Germany).

3.4.3. Assays for the Determination of Phenolic Compounds

Phenolic content was determined using two different protocols: Folin–Ciocalteu assay [38]
and 4-aminoantipyrine (4-AAP) assay [39]. The Folin–Ciocalteu protocol was performed with the
modifications indicated by Muñiz-Mouro et al. [15], and the values were obtained as the average
of duplicates. The percentage of reducing phenolic compounds (RPC) present in each product was
calculated in relation to its control.
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In the 4-AAP assay, 920 μL of diluted samples or phenol standards (from 0.1 to 4.5 mg/L) were
added to 50 μL of sodium–potassium tartrate buffer (pH 9.5), 50 μL of 4-AAP (20 g/L), and 50 μL of
potassium ferricyanide (20 g/L). After 5 min of incubation, an absorbance at 510 nm was recorded in a
BioTek PowerWave XS2 microplate spectrophotometer (Biotek Germany, Friedrichshall, Germany).
The results were expressed in mg of phenol equivalents per g of freeze-dried sample as the average of
four replicates. The phenolic content of each product was calculated in relation to its control.

3.4.4. Structural Analysis: MALDI-TOF and HPSEC

Absolute masses were determined by MALDI-TOF based on the protocol described by
Anthoni et al. [30], using the equipment described in our previous work [15] and using DHB matrix but
choosing the positive ionization and linear operation modes. The lyophilized samples were dissolved
(1 g/L) in acetonitrile/water (30:70, v/v) with 0.1% TFA.

The average molecular weight (Mw) of oligorutin fractions (3 g/L solutions) was analyzed
by high-performance size exclusion chromatography (HPSEC) using the method described by
Dávila et al. [31] with some modifications: the injection volume was switched to 40 μL, the flow
rate to 0.4 mL/min, and the temperature of 50 ◦C. This technique also made it possible to determine
the number average (Mn) and the degree of polydispersity (Mw/Mn). The degree of polymerization
(DP) was calculated as the ratio between Mw and the molecular mass of rutin. The chromatograms
obtained were processed using the software ChromNAV 2.0 HPLC Software version 1.11.02 (JASCO,
Easton, MD, USA).

3.4.5. Production of Oligomers with Similar Molecular Mass

In order to assess whether the properties of the rutin oligomers depend solely on its molecular
weight, regardless of the enzyme activity used during oligomerization, reactions A and B were repeated
following the same experimental procedure explained in Section 3.3, and the product medium obtained
was ultrafiltrated into five different fractions instead of three. In addition, to avoid different protein
contents associated to the use of different enzyme activities, Experiment A was supplemented with
thermally inactivated laccase until the amount of enzyme was equivalent to that used in Experiment B.
The fractions obtained after ultrafiltration were: F5’, retentate of a 30 kDa membrane, F4’, permeate of
30 and retentate of 10 kDa membranes, F3’, permeate of 10 and retentate of 3 kDa membranes, F2’,
permeate of 3 and retentate of 1 kDa membranes, and F1’, permeate of 1 kDa membrane. The molecular
weights of all lyophilized fractions were determined by HPSEC and similar products of both reactions
were selected to assess their antioxidant properties by FRAP and CUPRAC assays.

3.4.6. Thermal Stability Study of Rutin Oligomers

The thermal properties of the oligorutins produced were evaluated by thermogravimetric analysis
(TGA). This analysis was performed on a Mettler Toledo TGA/DSC1 thermobalance (Mettler-Toledo,
Columbus, OH, USA), with a heating rate at 10 ◦C·min−1 from 25 to 600 ◦C under a nitrogen flow
(20 mL·min−1), placing approximately 2–4 mg of lyophilized samples in an aluminum crucible.
For each sample, the decomposition intervals and the maximum decomposition temperature rate
(MRDT) were obtained, as well as the final percentage of solids remaining at 600 ◦C.

4. Conclusions

The effect of the starting enzymatic activity in the laccase-mediated oxidative oligomerization of
rutin was studied using the natural enzyme from T. versicolor in a food-compatible reaction medium.
The rutin oligomers with the best characteristics for its use as a nutraceutical were obtained in the
reaction with the lowest laccase activity (1000 U/L). The rutin oligomeric AF3 fraction obtained
with this enzyme dosage significantly improved the apparent aqueous solubility and xanthine
oxidase inhibitory activity compared to its control reaction, without compromising the antioxidant
activity. The thermal stability of rutin oligomers was negatively affected by increasing the enzyme
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activity involved in the oligomerization reaction. The hypothesis of different molecular structure
for rutin oligomers produced under different laccase activities was confirmed by comparing the
antioxidant capacity of similar mean molecular mass oligomers produced involving different laccase
activities, leading to the conclusion that higher enzyme dosages promoted the formation of multiple
intermolecular bonds between rutin units, which negatively affected their antioxidant activity.

To our knowledge, this is the first study that focuses on the effect of laccase activity upon the
products obtained in enzymatic oligomerization of the rutin flavonoid as a key parameter to enhance
and tailor their physicochemical and biological properties. Further experiments will be required to
optimize and scale up the production of this rutin oligomer, to evaluate its bioactive properties more
exhaustively, and to provide more insight on the chemical structure of rutin oligomers.
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type bonded to the A ring and the other to the B ring, Figure S3. MALDI-TOF analysis of rutin oligomer fractions
produced in reactions A and B, Figure S4. HPSEC chromatograms for laccase and rutin. Mp: peak molecular
weight, tR: retention time, Figure S5. HPSEC chromatograms for rutin oligomer fractions AF5′ and BF4′, Table S1.
Total flavonoid content (TFC) in 10 g/L solutions of the different oligomer fractions in 50% MeOH:H2O and in
supernatants of oversaturated (10 g/L) aqueous solutions, Table S2. MALDI-TOF results of the different fractions
of rutin oligomers produced in reaction A and suggested compounds, detected as the deprotonated compounds,
Table S3. MALDI-TOF results of the different fractions of rutin oligomers produced in reaction B and suggested
compounds, detected as the deprotonated compounds, Table S4. TGA main parameters for high molecular mass
rutin oligomers obtained in reactions A and B, compared to control experiments, Table S5. Summary of tested
oligorutin properties.
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Abstract: Spirulina biomass has great nutritional value, but its proteins are not as well adsorbed as
animal ones are. New functional food ingredients and metabolites can be obtained from spirulina,
using different selective biodegradations of its biomass. Four enzyme-assisted extraction methods
were independently studied, and their best operation conditions were determined. Enzymes were
employed to increase the yield of easily adsorbed proteic extracts. A biomass pre-treatment using
Alcalase® (pH 6.5, 1% v/w, and 30 ◦C) is described, which increased the extraction yield of hydrophilic
biocomponents by 90% w/w compared to the simple solvent extraction. Alcalase® gives rise to
2.5–6.1 times more amino acids than the others and eight differential short peptides (438–1493 Da).
These processes were scaled up and the extracts were analyzed. Higher destruction of cell integrity
in the case of Alcalase® was also visualized by transmission electron microscopy. The described
extractive technology uses cheap, commercial, food grade enzymes and hexane, accepted for food and
drug safety. It is a promising process for a competitive biofactory, thanks to an efficient production of
extracts with high applied potential in the nutrition, cosmetic, and pharmaceutical industries.

Keywords: microalgae; Spirulina; Alcalase®; amino acid; extraction; nutraceutical

1. Introduction

New functional products are increasingly demanded by the food, cosmetic, and pharmaceutical
industries. Enzyme degrading processes of vegetable biomasses are a ‘white biotechnology’ for
sustainable production of these new functional products [1]. Degradation of the cell membrane before
the extraction of biocomponents facilitates the recovery of cytoplasmic products [2]. Since the great
part of cyanobacteria biocomponents are inside the cell [3,4], their extraction can be improved via
destructive pre-treatment of the cellular and subcellular structures [2,5]. To recover the biomass
constituents, enzymatic tools provide energy savings compared to mechanical treatment processes
or chemical catalytic hydrolysis at high temperatures. They also compete well in the selectivity
of extracted biocomponents. Depending on the type of enzyme, the cellular membrane and cell
components may be degraded in different ways. Consequently, the potential of this technology is
high, considering the great variety of degradation products that can be obtained through the action
of different types of selective catalysts. This fact opens many opportunities for enzyme technology.
Examples of advantageous enzymatic processes able to extract high value products from vegetable
and animal biomasses are: (i) degradation of cellulose to glucose using cellulases, and (ii) membrane
phospholipid hydrolysis by lipases for production of essential fatty acids.

The food chain is based on algae and microalgae products. Microalgae are good protein and
metabolite sources. Dietary supplements are obtained from them [6].

Cyanobacteria (also named blue algae) are prokaryotic, photosynthetic, unicellular
microorganisms. To this group belong Arthrospira platensis and Arthrospira maxima (commonly named
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Spirulina platensis and Spirulina maxima). Spirulina platensis grows in Africa, Asia, and South America,
with a characteristic helicoidal morphology [7]. Spirulina biomass (spirulina) has great potential for its
composition and nutritional properties [8]. More than two thousand years ago, it was already being
consumed by Aztecs. Spirulina properties are very much appreciated by modern society, being widely
consumed for different types of healthy diets. Spirulina is a good source of essential amino acids,
vitamins, carbohydrates, macro- and trace minerals, and other nutrients. The composition percent dry
weight of spirulina is 64–73% protein, 12–17% carbohydrate, 5–7% lipids, 0.9% P, and 10.3–11.6% N. [9].
Blue pigments (phycocianins) of spirulina contribute to increasing the protein and iron availability [10].
Since 2011, spirulina is considered a safe ingredient in class A diet supplements [11]. Spirulina improves
the immune system [12], and it has therapeutic effects against cancer and different virus, microbial,
and inflammatory processes [1]. Spirulina provides high amounts of a unique antioxidant amino
acid: L-ergothioneine (EGT; 2-mercaptohistidine trimethylbetaine) [13]. Spirulina supplementation
provides vegetable proteins to the organism. To increase bioassimilation of its proteic material, extracts
of its degraded proteic biocomponents must be obtained [14]. Additionally, the efficient extraction of
intracellular components is limited by the cell membrane.

The cell membrane of Spirulina is analogous to that of Gram-negative bacteria [15]; they have two
lipid membrane layers (cellular and cytoplasmic), separated by the murein layer. Murein is a rigid
macromolecular structure formed by complex polymers of peptidoglycans and lipopolysaccharides.
Peptidoglycans are covalently linked disaccharides and tetrapeptides. They are placed between
cellular and cytoplasmic membranes, and linked to the external membrane layer by lipoproteins.
Lipopolysaccharides are formed by a lipid and a complex polysaccharide chains. The cellular
membrane has proteins non-covalently linked to lipids, whereas the cytoplasmic membrane is formed
by lipoproteins (proteins covalently linked to lipids). The sugar complexes of cell membranes function
as energy reserves (e.g., glucogen) [12].

Methods for cell membrane degradation may be physical (ultrasounds, microwaves [16,17],
osmotic sock, pulse electric field, heat treatment [18], etc.), but may also be chemical or enzymatic [19,
20]. The recovery of biocomponents can be achieved by different methods, such as those based on phase
separation with solvents [21,22], supercritical fluids, pervaporation, etc. Safi et al. compared different
fragile-cell-walled microalgae using several physical [23] and chemical [24] cell disruption methods.
They were attacked according to the following order: Haematococcus pluvialis < Nannochloropsis oculata <
Chlorella vulgaris < Porphyridium cruentum ≤ Arthrospira platensis. These authors determined that among
the physical methods employed for protein extraction, high-pressure cell disruption was the most
efficient one, although it was not enough to recover more than 50% of the proteins from these green
microalgae, indicating that more passes are required to completely disrupt their macrostructure, and
thus more energy input is necessary [23]. Using several cycles, mechanical treatments released more
proteins from all the microalgae compared to chemical treatments. Percentages of protein extracted
from Spirulina biomass using an alkaline pre-treatment or high-pressure homogenization method
were 68% and 75%, respectively [24]. On the other hand, some reports described different enzyme
treatments of protein extracts from spirulina, obtaining several bioactive products. In all the cases, the
protein extracts were obtained by mechanical methods, prior to being submitted to a given enzyme
degradation. More precisely, the iron-chelating peptide Thr-Asp-Pro-Ile(Leu)-Ala-Ala-Cys-Ile(Leu),
with a molecular weight of 802 Da, was obtained through the combined action of two proteases [25].
The protein extract was first obtained by homogenization of the cell suspension, centrifugation, and
further precipitation of the supernatant with ammonium sulfate. The extracted material was then
consecutively submitted to two proteolytic steps by two different proteases. In other study, the
antihypertensive peptide Ile-Gln-Pro was prepared via Alcalase® digestion of previously extracted
proteins by freeze–thawing and sonication procedures [26]. Similarly, two potential anti-inflammatory
peptides (LDAVNR and MMLDF) were obtained by subsequent proteolysis with trypsin, chymotrypsin,
and pepsine of the proteins that were previously extracted from spirulina by freeze–thawing and
sonication procedures [27]. All these studies were focused on purification and characterization of
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particular bioactive peptides [25–27]. In these cases, only the fractions of proteins previously extracted
by physical or mechanical methods were treated with enzymes, and in none of the cases did the
authors take into consideration the advantage that the direct action of the enzymes on the spirulina
cells provides: higher recovery of intracellular components (e.g., proteins). Hence, more studies
based on direct enzyme extraction protocols are required. In order to take full advantage of the
enzyme-assisted extractions of proteins, direct studies of the digestion of Spirulina cells by enzymes
should be carried out. In that respect, appropriate use of the enzyme technology requires determining
for each biocatalyst the influence of different operation parameters on the enzyme degrading activity
for each specific biomass.

In this work, the application of different enzymes for obtaining easily adsorbed proteic extracts
was studied. Different selective enzyme degradation processes of Spirulina biomass were investigated
for the extraction of polar spirulina biocomponents. The biomass was enzymatically degraded using
four different cheap and easily accessible commercial enzyme preparations. These processes at their
corresponding best operation conditions were compared with the extraction done without any prior
enzyme treatment of the biomass. In particular, two different enzyme treatments, based on the
degradation of membrane proteins, lipoproteins, and peptidoglucan by two proteases (Alcalase® and
Flavourzyme®), and two other biomass treatments using endo- and exo-glucanases (Ultraflo® and
Vinoflow®) to breakdown the sugar polymer structure, were comparatively studied. The best values
of the most important parameters of all the enzymatic pre-treatments for biomass degradation were
determined. The corresponding extractive yields in dry weight of aqueous extracts were determined
for the four enzyme extraction processes at their respective best conditions, and they were compared
with those of the control extract (without enzyme assistance). Changes occurring at the cellular
level after the different extraction processes were comparatively analyzed by transmission electron
microscopy (TEM). Total amino acid contents of all hydrophilic extracts were compared.

2. Results and Discussion

A commercial dry biomass of the cyanobacteria Arthrospira platensis (Spirulina) was submitted to
different enzyme degradations. S. platensis extractions after four different enzyme pre-treatments were
independently studied. These processes were carried out in their respective best operation conditions
and compared with the control (no enzyme added) extraction. Two distinct proteases and two distinct
glucanases were used to favor biocomponent recovery via membrane enzymatic degradation. The
four different enzyme extractions were analyzed in terms of both the weight yields of the dry aqueous
extracts and their respective amino acids contents.

2.1. Enzyme-Assisted Extraction

The most important parameters of the enzyme-assisted degradation of spirulina were studied.
The best operation conditions for each enzyme extraction were determined by following changes
in each peak area value of the high performance liquid chromatography with a evaporative light
scattering detector (HPLC-ELSD) chromatograms of the aqueous phase. In all cases, the area changes in
all the significant peaks were inspected (see below). All significant peaks of the HPLC chromatogram
exhibited the same dependence of the studied parameters, that is, the same variation (increase or
decrease) of their area values with the studied parameter value, and the same optimal value. Hence,
for the sake of clarity, the influences of pH, time, temperature, and enzyme loading are depicted with
respect to the total area values of all significant peaks. Nevertheless, a couple of examples of the
parameter (pH and time) effect in one peak area are also given.

2.1.1. Influence of pH

Figure 1 represents the change of the total peak areas in the chromatogram (Figure 1A), and the
area of a representative individual peak (Figure 1C) obtained after 4h of biomass pre-treatment with
Alcalase®. The maximal initial rate (4h) of the biocomponent extraction with Alcalase® was obtained
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at pH 6.5. The enzyme degradation process was faster at this pH value, giving rise to the maximal
total peak area value obtained for a short time pre-treatment (4h, Figure 1A). For the extractions with
Flavourzyme®, Ultraflo®, and Vinoflow®, the corresponding best pH values determined were 6.0, 7.0,
and 6.5, respectively (not shown).

  

Figure 1. Enzyme-assisted extraction with Alcalase® of the polar spirulina biocomponents. Variations
of total peak area in the HPLC-ELSD analyses: (a) effect of pH on the total area of peak products
extracted at 4 h of enzyme treatment. (b) Time course of the extraction at optimal pH 6.5, for the total
peak area. (c) Variation of the area value of the peak at 67.83 min retention time, for 4 h of enzyme
treatment. (d) Time course of the extraction at optimal pH 6.5, for the peak at 5.5 min retention time.
Other conditions: 1% (v/w) enzyme loading and 40 ◦C. A.U.: arbitrary area units.

Lu et al. used a different pH value for the extraction of an anti-hypertensive peptide from spirulina
using Alcalase® (pH 8.5 at 50 ◦C for 10h) after three cycles of freeze–thawing the biomass [26]. Kim et
al. also used different operation conditions to obtain the iron-chelating peptide with a multi-enzymatic
biomass degradation (Alcalase® pH 8.0 at 50 ◦C for 1 h + Flavourzyme® pH 7.0 at 50 ◦C for 8 h) [25].
The obtained products of their peptide degradation were also different from those of this study (work
in progress, personal communication).

The dependence of the extraction yield on the pH parameter is a consequence of the effect of pH
on the process of biomass degradation by the enzyme. Variations in the total charge of proteins with
pH should determine their mutual interaction and interaction with the biocatalyst employed. For the
extraction of anti-cancer biocomponents from spirulina, papaine presented an optimal pH of 6.5, while
other enzymes exhibited very different optimal pH values (pH 2–8.5) [28]. Optimal values in the basic
range of pH were earlier described for the extraction of spirulina antioxidants with different enzymes,
although other group of enzymes exhibited low activities under these conditions [29]. Different
proteases from those used here were earlier studied to extract spirulina oil, reporting an optimal pH
range of 7.5–10 for the best biocatalyst [30].
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The time course of the enzyme-assisted extraction at the best pH value was studied for the first 48
h. The results obtained with Alcalase® for all the chromatogram peaks are represented in Figure 1B,
and for a representative peak in Figure 1D. Similarly to Alcalase® extraction, the other three types of
enzyme extractions required 24 h of enzyme pre-treatment of spirulina to reach maximal recovery of
biocomponents (not shown). These results (Figure 1B,D) were obtained via analyses of aliquots taken
from the reaction mixtures at the indicated times, while those of Figure 1A,B correspond to analyses of
lyophilized extracts. The two studies correspond to samples of different extract concentrations, so the
area values of these two figures cannot be compared (see Materials and Methods Section 3.3.1).

2.1.2. Effect of Temperature

The effect of the temperature of the biomass pre-treatment on the extraction of polar
biocomponents was carried out at the respective optimal pH values of each enzyme (Alcalase® at pH
6.5; Flavourzyme® at pH 6.0; Ultraflo® at pH 7.0; Vinoflow® at pH 6.5) and an enzyme loading of
1% (v/w) in the range 30–50 ◦C after 24 h of biomass treatment (Figure 2). The total area values of
peak products of the corresponding aqueous extracts were calculated from the obtained HPLC-ELSD
chromatograms. The area value corresponding to 1 g of spirulina was calculated and represented
against temperature. Figure 2 depicts the total peaks area values obtained for Alcalase®.

  

Figure 2. Effect of the temperature on the Alcalase® assisted extraction of the polar spirulina
biocomponents. Variation of total peak areas in the HPLC-ELSD analyses relative to 1 g biomass.
Conditions: 1% (v/w) enzyme loading and pH 6.5; A.U.: arbitrary units.

Considering the experimental error, 30 ◦C was the best temperature determined for the extractions
with Alcalase®. Similar results were obtained with the other three enzymes (not shown). From these
results, 30 ◦C was determined to be the best temperature for the two proteases (Alcalase® and
Flavourzyme®) and Ultraflo®, the latter one having β-glucanase and xylanase activities as well as
several side activities (Cellulase, Hemicellulase, and Pentosanase). The optimal temperature value
determined for Vinoflow® was 40 ◦C (not shown). In all cases, the best temperature to achieve the
maximum recovery of biocomponents in the aqueous extract was relatively low. Vitamins, antioxidants,
and other thermo-labile components of the extracts were relatively well preserved in this temperature
range. At mild temperatures the energy expenses and the product lability were reduced, while the
operational stability of the biocatalysts employed was increased. In fact, the decrease observed in the
extraction of biocomponents at the higher temperatures (Figure 2), might be explained by a decay of
the operational stability of the enzyme.

In the case of proteases, Zhang & Zhang reported higher optimal temperatures for enzyme-assisted
extraction of anti-tumor polypeptides from spirulina with trypsin, pepsine, and papain, namely 42 ◦C,
37 ◦C, and 55 ◦C, respectively, than the ones herein determined [28].
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2.1.3. Effect of the Enzyme Loading

Catalyst charge affects the speed of biomass biodegradation prior to solvent extraction,
determining the extraction yield value obtained at a given time.

The results obtained with different Alcalase® loadings (0–2% v/w enzyme) are represented in the
Figure 3. These results were compared with those of a control extraction assay, where, instead of the
enzyme solution, an equivalent volume of water solution was used (0% enzyme loading in Figure 3).

 

Figure 3. Effect of the enzyme loading on the Alcalase® assisted extraction of the polar spirulina
biocomponents. Variation of total peak areas in the HPLC-ELSD analyses relative to 1 g biomass.
Conditions: 30 ºC and pH 6.5; A.U.: arbitrary units.

The extraction of polar biocomponents increased with the increase of the enzyme loading from
0.5% to 1% (v/w) Alcalase®, but it dramatically decreased with an higher enzyme amount (i.e., 2% v/w;
Figure 3). The same best value was found for Flavourzyme® and Ultraflo®. The best enzyme loading
of Vinoflow® was 2% (v/w) (not shown). These values correspond to 1.2–2.4% (w/w), considering the
corresponding density values.

Our results are in good agreement with those of the literature, where the dependence of the
extraction yield exhibits a maximum value, with a value of biocatalyst loading above which the process
becomes less efficient [31]. The decrease of the product recovery when using high enzyme charges
suggests that high enzyme concentrations might favor an excessive biodegradation of the biomass.
Different types of biomasses require different amounts of biocatalysts. All these reports and the results
of this work indicate that the optimal charge of enzyme requested depends on the type of biomass,
type of the biocatalyst, and the biocomponents to be extracted.

The duration of the enzyme pre-treatment is an important parameter, involving important
considerations in the process scale up. In this work, 24 h seemed to be necessary to get maximum
extraction of intra- and extracellular biocomponents from spirulina. Liang et al. [5] studied an
enzyme-assisted extraction of microalgae oil, where optimal yield extraction was found at 12 h
of biomass biodegradation. These results, and those of the literature, suggest that the necessary time to
degrade the biomass depends on both the enzyme and the biomass studied. It also substantially varies
with the method used to degrade the biomass and the product to be extracted. Extractions based on
the use of ultrasounds and microwave irradiation for biomass degradation use relatively short times
(20 min–4 h) for antioxidant and pigment extractions from microalgae [16].

2.2. Scale Up and Extraction Yields

The four different enzyme-assisted extraction processes were carried out at their corresponding
optimal operation conditions at a scale increased by a factor of 2.5. Ten grams of Spirulina biomass
were used for each experiment. All the extracts were prepared in their respective optimal conditions
(pH 6.5, 1% v/w and 30 ◦C for Alcalase®; pH 6.0, 1% v/w and 30 ◦C for Flavourzyme®; pH 7.0, 1% v/w
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and 30 ◦C for Ultraflo®; pH 6.5, 2% v/w and 40 ◦C for Vinoflow®). The control extract was obtained in
this scale without any enzyme assistance, using milli-Q water instead of the enzyme solution, at 30 ◦C
and 24h. The aqueous extracts obtained with the different enzyme-assisted methods were liophylyzed
and kept at –70 ◦C.

Table 1 summarizes the recovery yields of aqueous extracts obtained. They are expressed in dry
weight percent (calculated with respect to the starting Spirulina biomass).

Table 1. Extraction yield and total content of amino acids of the aqueous extracts obtained with the
enzyme-assisted and control extraction procedures in their respective optimal operation conditions.

Sample

Yield Total Amino Acid Content

(%, w/w) 1 % (w/w)
μmol/g
Extract

mg/g
Biomass

μmol/g
Biomass

R 3

Control 2 19.20 ± 0.20 34.4 ± 0.5 2986 ± 47 66.0 ± 1.0 573 ± 9 1.0
Alcalase® 36.50 ± 0.10 45.0 ± 7.1 3907 ± 69 164 ± 26.0 1426 ± 25 2.5

Flavourzyme® 31.80 ± 0.10 16.9 ± 0.2 1471 ± 16 53.8 ± 0.5 468 ± 5 0.8
Ultraflo® 19.70 ± 0.10 13.7 ± 0.5 1189 ± 40 27.0 ± 0.91 234 ± 8 0.4

Vinoflow® 26.30 ± 0.10 13.5 ± 0.1 1172 ± 9 35.5 ± 0.3 308 ± 3 0.5
1 By weight percent with respect to the starting Spirulina biomass. 2 No enzyme pre-treatment. 3 Mole ratio of total
amino acids obtained per gram of extract with and without enzyme assistance. Mean values of individual amino
acid contents of all the extracts resulted statistically not equal in the t-test (p ≤ 0.05).

All the enzyme-assisted extraction processes enabled greater yields of aqueous extracts than
the control extraction, being higher the yields obtained with the two proteases (Alcalase® and
Flavourzyme®). The highest extraction yield was obtained with Alcalase®. This biocatalyst enables an
increase by 1.9 times of the weight of extract obtained, compared to the one obtained in the control
extraction process without any enzyme assistance (Table 1).

2.3. Compositional Analysis of Polar Extracts

All dry extracts (obtained in their respective best conditions) were analyzed to determine their
amino acid and peptide compositions. The extracts were rich in free amino acids and short peptides.
The total values obtained for both hydrolyzed and free amino acids are given in Table 1.

Alcalase® extract had a significantly higher content of amino acids (45% w/w dry extract) than
the extract obtained without any enzyme assistance (34% w/w), and also higher than the other three
enzymatic extracts (13–17% w/w). Alcalase® extract has higher nutritional interest, and some of the
peptides could exhibit bioactivities of therapeutic interest. This value corresponded to most amino
acids of the spirulina (50–65% w/w, Table 2).

Table 2. Composition of spirulina from ASN LEADER S.L., provided by the manufacturer.

General Composition

Proteins Lipids Carbohydrates Minerals Fiber Energy

50–65% 6–7.5% 18–22% 15% 0.2% 390 cal/100 g

Total (hydrolyzed + free) amino acids content values were also calculated per gram of dry spirulina.
The ratio between amounts of extracted amino acids for each particular method and the quantity
obtained with the control extraction was greater than 1 only in the case of Alcalase®, indicating the
superiority of Alcalase® method not only with respect to the control extraction, but also with respect
to the other enzymatic methods (p ≤ 0.05). Remarkably, among the two proteolytic enzymes and the
two studied glucanases, only Alcalase® significantly increased the recovery percentage of amino acids
with respect to the control assay (853 μmol/g spirulina more). These results suggest that amino acid
extraction is not necessarily improved by any type of protease-assisted extraction. However, only the
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process with Alcalase® yielded a weight of amino acids 2.5 times higher than the control extraction,
and 3.1 times higher than the extraction with the other protease (Flavourzyme®). From 1 g biomass,
the Alcalase® extraction method obtained 1426 μmol amino acids, a quantity 2.5–6.1 times higher
than the total amount obtained with the other methods (control without enzyme and enzyme-assisted
methods). The control extraction obtained only 573 μmol amino acids/g biomass.

Liquid chromatography coupled to an electrospray ionization mass spectrometer in positive
ionization mode (LC ESI-MS/MS) analyses revealed that the most abundant peptides in the
spirulina extracts obtained with four enzymes and without an enzyme pre-treatment (control)
were all different from one extract to another. More specifically, the eight peptides present
in Alcalase® extract were: MKKIEAIIRPF, LPPL, ALAVGIGSIGPGLGQGQ, TTAASVIAAAL,
DFPGDDIPIVS, LELL, WKLLP, and CHLLLSM (438–1493 Da). By contrast, the control
extract contained 12 peptides, namely: NGDPFVGHL, VFETGIKVVDL, DFFVDKL, SGPPLDIKL,
DVNETVLDNLPKTRTQI, DVNETVLDNLP, DSLISGAAQAVY, GIGNDPLEIQF, GLILLPHLATL,
GLILLPHLA, AVLGAGALFHTF, and DVNETVLDNLP (851–1955 Da).

2.4. Biomass Analyses by TEM

Structural changes in the spirulina were investigated by TEM analysis (Figures 4 and 5).

  

 

 

Figure 4. Micrographs of Arthrospira (Spirulina) platensis dry biomass, neither treated with any enzyme
nor extracted by any solvent; (A) a longitudinal cut trichome and several transversally cut trichomes;
(B) three contiguous cyanobacteria of a trichome separated by their cell walls; (C) detail of the cell wall.

Figure 4A is a micrograph of commercial dry biomass not treated with enzymes nor extracted with
any solvent, where a longitudinal section through a trichome with twelve cells is visualized. Complete
integrity of the cellular material, including the membrane, is clearly visualized in Figure 4B,C. The four
layers of cell membrane were identified (Figure 4C). In the starting spirulina, the cytoplasm and
thylakoid system were compressed against the internal cell membrane.
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Figure 5. Transmission electron microscope (TEM) micrographs of residual biomasses of Arthrospira
p., obtained after the control extraction (A) and the extractions with Alcalase® (B), Ultraflo® (C), and
Vinoflow® (D) pre-treatments. Extracts were obtained in their optimal conditions (pH 6.5, 1% v/w
Alcalase® and 30 ◦C; pH 7.0, 1% v/w Ultraflo® and 30 ◦C; pH 6.5, 2% v/w Vinoflow® and 40 ◦C), and
the control experiment was done with milli-Q water instead of the enzyme solution at 30 ◦C and 24 h.

In Figure 5, the micrographs of residual biomass obtained after the control extraction (Figure 5A),
and residual biomasses obtained after extraction with Alcalase® (Figure 5B), Ultraflo® (Figure 5C), and
Vinoflow® (Figure 5D) assistance are compared at the same scale. Trichomes were still observed after the
control extraction of the biomass, although their thylakoid system was not any more compressed against the
internal cell membrane (Figure 5A). Cells after the control extraction exhibited a swelling phenomenon, and
a few were detached from the trichome. By contrast, after all the enzyme extractions studied, the number
of trichomes observed was minimal and cellular degradation was evident (Figure 5B–D). A dispersion of
remaining (non-extracted) intracellular material and membrane rests was obtained after biomass treatment
with Alcalase® (Figure 5B). After extraction with Alcalase® assistance, most of the cellular material
disappeared. Consequently, the residual biomass is more transparent (Figure 5B) than the other ones
(Figure 5A,C,D). This fact is due to the higher recovery of biocomponents with Alcalase® than with the
control and other enzyme extractions (Figure 5A,B). These observations agree with previous studies, where
cyanobacteria cells modified their shape and size, swelling after a Lysozyme treatment [32]. Less cellular
material remained in the residual biomasses extracted with Ultraflo® and Vinoflow® (Figure 5C,D) than in
the control experiment (lower observed electronic density). However, in all these cases the amount of cell
residues was significantly greater than in the case of the Alcalase® extraction (Figure 3B). These findings
are in good correspondence with the values of extraction yields obtained (Table 1), where the Alcalase®

extraction process was the most effective one for biocomponent recovery of spirulina.
The micrographs of this study show that Alcalase® pre-treatment of the biomass is the most

efficient, resulting in most of trichomes and spheroplasts degraded. Vladimirescu revealed the
existence of differences in enzymatic sensitivity of cells [33]. Compared with other bacteria, Spirulina
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sp. has a thicker cell membrane that makes more difficult to detach the cells or spheroplasts from the
trichome. Because of that, cell disintegration is not efficiently achieved with lysozyme treatment [34].

The comparative inspection of micrographs of residual biomasses obtained with the different
enzyme-assisted extraction processes (Figure 5) reveals that the enzyme pre-treatment of the biomass
that allowed the highest biocomponent recovery (Alcalase®) produces the greatest cellular degradation.
Compared with the other enzyme-assisted extraction types, the biomass extracted after Alcalase®

treatment appeared nearly completely disintegrated and with very low electronic density, as a result of
the greater extraction of its biocomponents (Figure 5B–D).

The results here described support the implementation of enzyme technology to replace
conventional extraction processes. The Alcalase® extraction herein reported significantly increased the
yield and quality of aqueous extracts from A. (Spirulina) platensis biomass. The enzyme technology
developed uses food grade enzymes and hexane, which are accepted by regulatory agencies for
food and drug safety. This enzyme technology looks promising for a more efficient, safe, and
environmentally clean industrial production of cyanobacteria extracts with high value in the nutrition,
cosmetic, and pharmaceutical industries [14]. The potential of this extraction method will be further
clarified once the extracted biocomponents are molecularly and functionally characterized. A complete
characterization of the different aqueous extracts obtained with all the enzymes in their respective
optimal operation conditions will be reported.

3. Materials and Methods

3.1. Materials

Arthrospira (Spirulina) platensis dry biomass was purchased from ASN Leader S.L. (Murcia,
Spain). Composition of the cyanobacteria biomass provided by the manufacturer is given in Table 2.
The cyanobacteria biomass was a lyophilized dry powder for nutrition use. Solvents were HPLC
grade. N-Hexadecane was used as an internal standard, and sodium sulfate as a desiccant. All of
them were from Sigma-Aldrich (Madrid, Spain). Buffer solutions used were CH3COONa/CH3COOH
(pH 5-6), Na2HPO4/NaH2PO4 (pH 6.5-8), and NaCO3/ NaHCO2 (pH 8.5-9). Alcalase® 2.4 L FG,
Flavourzyme®, Ultraflo® L, and Vinoflow® Max A were generously donated by Novozymes A/S
(Kalundborg, Denmark). Alcalase® has an activity of 2.4 AU A/g. Flavourzyme® has at least 1000
LAPU/g (leucine aminopeptidase units/g determined with Leu-pNA), not being the single activity
type in this preparation. The main activity of Ultraflo® L is β-glucanase (45 fungal β -glucanase (FBG)
per g). In addition, it contains approximately 470 Farbe xylanase units (FXU) per g. Vinoflow® Max A
has a declared activity of 46 BGXU/ml.

Alcalase® is a commercial preparation of a serine endo-peptidase (EC. 3.4.21.62) from Bacillus
licheniformis (mainly subtilisin A). Alcalase® acts as an esterase, catalyzing the stereoselective hydrolysis
of esters, and hydrolyzes amino esters including heterocyclic amino esters. Flavourzyme® is a peptidase
preparation from Aspergillus oryzae, widely and diversely used for protein hydrolysis in industrial and
research applications. Eight enzymes have been identified in Flavourzyme®, namely two aminopeptidases,
two dipeptidyl peptidases, three endopeptidases, and one α-amylase. Purified Flavourzyme® enzymes
were biochemically characterized with regard to pH and temperature profiles and molecular sizes [35].
Ultraflo® L is a multicomponent enzyme preparation that contains 5–10% (w/w)β-glucanase (endo-1,3(4)-)
and 1–5% (w/w) xylanase (endo-1,4-) as the main active components (EC 3.2.1.6 and EC 3.2.1.8), produced
by a strain of Humicola insolens. The enzyme preparation is used in the brewing industry to hydrolyze
polysaccharide gums and to break down cell wall materials in cereals like beta-glucan and xylans [36].
These two types of enzymatic activities in Ultraflo® are cellulose action and catalysis of the hydrolysis
of complex sugars in the amorphous regions of the cellular membrane. Ultraflo® L is also marketed
within the European Union as a feed-additive under the name of ‘Pentopan/Biofeed Plus.’ There is a
more abundant enzyme, while a second activity is due to other two enzymes. Vinoflow® Max A is a
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β-glucanase (exo-1,3-) preparation, used on wine to speed up the aging process [37]. All these enzyme
preparations are GRAS type hydrolases.

3.2. Enzyme-Assisted Extraction of Spirulina Biocomponents

The enzyme-assisted extraction methods of the cyanobacteria biomass studied using Alcalase®

2.4 L FG, Flavourzyme®, Ultraflo® L, and Vinoflow® Max A differ in the cell degradation step (protein
or sugar hydrolysis). All degraded biomasses were next extracted with solvents. These extractions
were compared with the same solvent extraction procedure carried out without any enzyme assistance
(control experiment).

The influence of the more important parameters of the enzymatic step was studied: pH 5.5–8,
temperature 30–50 ◦C, and enzyme loading 0.5–2 (v/w, volume of enzyme preparation/weight of
enzyme + biomass suspension). Optimal operation conditions of the four enzyme-assisted extraction
processes were determined.

A suspension of the biomass (0.2 g/mL aqueous buffer) containing the corresponding loading of
enzyme preparation (or an equivalent volume of milli-Q water, in the case of the control experiment),
was kept under magnetic agitation for the indicated time at a controlled temperature. Unless indicated,
the study was carried out in triplicate at the short and long reaction times (duration of enzyme
pre-treatment: 4 and 24 h), as follows:

• Effect of pH: This study was carried out at 40 ◦C and 1% (v/w) enzyme solution
• Effect of temperature: This study was carried out at relatively mild temperatures (30–50 ◦C) at the

optimal pH value previously determined.
• Effect of enzyme loading: This study was performed at the optimal values of pH and temperature

previously determined in the range of 0.5–2% (v/w) enzyme solution. The process extraction was
followed at 1, 2, 4, 6, 8, and 24 h.

• Solvent extraction step: Each aliquot (0.5 mL) of the enzyme–biomass suspension was dissolved
in 1 mL hexane–isopropanol mixture (3:2, v/v). The resultant solution was centrifuged for 15 min
at 10,000 rpm, and allowed to completely separate into the two liquid (aqueous and oil) phases.
The residual biomass was then separated from the liquid phase. The liquid solution was then
placed in a decantation funnel. After separation of the oil and aqueous phases, the oil phase was
collected. Next, the oil phase extraction protocol was repeated two more times by adding 0.25 mL
hexane-isopropanol mixture to the decantation funnel. Finally, the two liquid (aqueous and oil)
extracts obtained were freeze-dried.

• Scaled up extraction: In order to obtain greater amounts of extracts, all the extraction processes
(enzyme-assisted and control extractions) were carried out at a scale factor of 2.5 at their respective
optimal conditions for 24 h enzyme pre-treatment under magnetic agitation (500 rpm). Scaled up
extraction processes were carried out as follows: pH 6.5, 30 ◦C and 1% v/w Alcalase®; pH 6.0,
30 ◦C and 1% v/w Flavourzyme®; pH 7.0, 30 ◦C; and 1% v/w Ultraflo®; pH 6.5, 40 ◦C and 2% v/w
Vinoflow®. The extraction without enzyme digestion (control) was carried out using milli-Q water
instead of the enzymatic preparation in buffer at 30 ◦C and 24h. After the indicated time, the
enzyme–biomass mixture was centrifuged for 30 min at 14,000 rpm and 10 ◦C. All corresponding
aqueous extracts were lyophilized for 4 days and then weighed. All dry weight values of the
aqueous extracts were corrected by subtraction of the corresponding weight of the buffer enzyme
solution (lower than 1% w/w). Residual biomasses obtained were dried under nitrogen. All the
experiments were carried out in triplicate.

3.3. Analysis and Characterization of Aqueous Extracts

3.3.1. HPLC Analyses

A high-performance liquid chromatography apparatus coupled to an evaporative light scattering
detector (HPLC-ELSD) was used for optimization of the enzymatic extraction process. These analyses
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allowed determination of relative changes of the biocomponent concentrations in the aqueous extracts
obtained at different times of enzyme treatment.

Analyses were carried out with a Hitachi D-7000IF apparatus (Germany) with a silica column
from Kromasil C18 (5 μm, 250 × 4.6 mm) connected to a Sedex 55 ELSD detector (SEDERE, France).
Aqueous solution of the lyophilized samples (20 μL of 50 mg/mL) was injected and analyzed at 30 ◦C
for 83 min with a gradient mobile phase at 1.5 mL/min, phase A being milliQ water (100% v/v) and
phase B being acetonitrile/milliQ water (80:20 v/v). The composition of the phases (A:B) varied as
follows: 96:4 for the first 5 min, increasing to 60:40 in 60 min, followed by a linear increase of Phase
B up to 95% in 1 min. Composition was then maintained for the next 7 min (up to min 23), then the
mobile phase returned to the first composition (96:4) and remained constant for the rest of the analysis.
Analysis of each sample was replicated three times. For analyses of liquid aqueous extracts obtained
after 4 h enzyme pre-treatment, 0.5 mL of aqueous phase was mixed with 1 mL distilled water, and
20 μL of the resultant solution was injected into the HPLC.

3.3.2. Amino Acid and Peptide Composition

The extracts obtained in the respective optimal conditions were analyzed to determine their
composition in amino acids, using a chromatography procedure developed by Spackman et al. [38].
Solutions of the different aqueous extracts (1–2.6 mg/mL) were prepared in triplicate and placed
in the hydrolysis tubes. Norleucine was used as the internal standard in this assay. The analyzer
apparatus was calibrated with three tubes of hydrolysis containing known amounts of the standard
and norleucine. Standard solutions were submitted to the same hydrolysis treatment as the extract
solutions. Finally, all the hydrolysis tubes were vacuum dried in a Speed Vac.

The hydrolysis tubes containing the sample solutions were placed in glass bottles with a valve to
make a vacuum, and purged with inert nitrogen gas. To each flask, 200 μL HCl 6N and 50 mg phenol
were added. Next, a vacuum was applied to each flask for 20 sec and then they were purged with
nitrogen inert gas for 20 sec. This process was repeated three times. Each flask was introduced into
an oven at 110 ◦C for 21 h. After that, the hydrolysis tubes were dried in the Speed Vac. Hydrolyzed
samples and standard were dissolved in buffer, and then injected into the analyzer.

Quantitative analysis of amino acids mixtures was carried out in a Biochrom 30 Series Amino
Acid Analyzer, with a reproducibility >0.5 CV at 10 nmoles. Biochrom 30 uses the classic methodology
for amino acid analysis, based on ion exchange liquid chromatography and a post-column reaction
made continuous with ninhydrine, with a sensitivity of ∼10 pmol.

All the aqueous extracts were analyzed by liquid chromatography coupled to an electrospray
ionization mass spectrometer in positive ionization mode (LC ESI-MS/MS) to identify their respective
peptide components. Prior to analysis, the samples were cleaned with C18 tips. LC ESI-MS/MS
analyses were carried out in an Ultimate 3000 nanoHPLC (Dionex, Sunnyvale, California) coupled to
an ion trap mass spectrometer AmaZon Speed (Bruker Daltonics, Bremen, Germany). The reversed
phase analytic column used was an Acclaim C18 PepMap of 75 μm × 15 cm, 3 μm particle size and
100 Å pore size (ThermoScientific, USA). The trap column was a C18 PepMap of 5 μm particle diameter,
100 Å pore size, connected in series with the analytical column. The loading pump flushed a solution
of 0.1% trifluoroacetic acid in 98% water/2% acetonitrile (ScharLab, Barcelona, Spain) at 3 μL/ min
The nanopump operated at a flow of 300 nL/min in gradient conditions, using 0.1% formic acid (Fluka,
Buchs, Switzerland) in water (phase A), and 0.1% formic acid in 80% acetonitrile/20% water (phase B).
The scheme of the elution gradient was: isocratic mode with 96% A, 4% B for 5 min, a linear increase to
40% B in 60 min, a linear increase to 95% B in 1 min, isocratic conditions of 95% B for 7 min, and return
to initial conditions in 10 min. Five μL of extract solutions (4 μg/μL) were injected, and detected at
214 y 280 nm wavelengths. In a second analysis, 5 μL of extract solutions (10 μg/μL) were injected.
The LC system was connected by a CaptiveSpray source (Bruker Daltonics, Bremen, Germany) to the
ion trap spectrometer, operating in positive mode with a capillary voltage set of 1400 V. The automatic
data acquisition allowed sequential observation of both MS spectra (m/z 350–1500) and the MS CID
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spectra of the 8 more abundant ions. In the analyses of 10 μg/μL samples, the MS spectra range was
100–1000 m/z. Exclusion dynamics were applied to prevent the isolation of the same m/z for 1 min
after its fragmentation.

For peptide identification, MS and MS/MS data of individual fractions of HPLC were processed
with DataAnalysis 4.1 (Bruker Daltonics, Bremen, Germany). MS/MS spectra (in the form of
generic Mascot files) were analyzed against a data base obtained from NCBInr (National Center
for Biotechnology Information) containing 68623 entries of proteins from both Spirulina and Arthrospira.
The database search was carried out with Mascot v.2.6.0 (Matrix Science, London, UK) [39].
Search parameters were set as follows: oxidized methionine as the modification variable without
enzyme restriction. Tolerance for peptide mass of 0.3 Da and 0.4 Da in MS and in MS/MS modes,
respectively. In most of the cases, a precision of ±0.1–0.2 Da was obtained for both MS and
MS/MS spectra.

Additionally, in the case of Alcalase® extract all MS and MS/MS spectra were analyzed using
the ‘de novo’ tool of the Peaks software (Bioinformatics solutions, Inc).This program combines both
the unconditioned ‘de novo’ analysis of MS/MS spectra with the more conventional search against
organism-specific (i.e., Arthrospira–Spirulina) sequence databases. Only sequence assignments with
confidence values equal or superior to 80 have been included, to avoid doubtful sequences. Note that
this approach cannot distinguish the following identities: I and L, K and Q, F and M.

3.3.3. Statistical Analyses

The experiments were carried out in triplicate, reporting the results as their corresponding mean
values with their standard errors, which were compared at confidence level of 95% (p ≤ 0.05) using the
SPSS program.

3.4. Transmission Electronic Microscopy Analyses, TEM

Fresh and residual (extracted) biomass samples were visualized in a transmission electronic
microscope. Morphological changes of the residual biomass after the enzyme-assisted extraction
process were visualized and compared by TEM analyses. A Jeol Jem 1010 apparatus (100Kv, Yokyo,
Japan), coupled to a digital camera Orius SC200 (Gatan Inc., Pleasanton, CA, USA) and the Digital
Micrograph v 3.4 software for image acquisition, was used. Prior to analysis, all the samples were
treated as follows: first they were washed three times with 0.1 M sodium phosphate buffer, pH 7.2,
then transferred into 2% w/w bacteriological agar in buffer and fixed in glutaraldehyde (2.5% w/w)
for 2 h 40 min, and finally washed with cacodylate buffer 0.1M (pH 7.3). Post-fixation of samples
was done on 1–2 mm agar blocks with osmium tetroxide (1% w/w) for 1 h 40 min. Samples were
then dehydrated in an oven with absolute ethanol and embedded in a durcupan resin, and then were
polymerized at 60 ◦C over 48 h. Samples were cut into ultrafine layers (60 nm) with a Leica ultracut S.
Finally the sample slices were dyed with uranyl and lead acetates.

4. Conclusions

Different extraction methods of high value hydrophilic spirulina biocomponents were
implemented via four selective enzyme degradations of spirulina biomass. Comparison of the
extracts obtained in their optimal operation conditions demonstrated that different products can
be obtained through spirulina degradation by different enzyme types. The four enzyme-assisted
extraction processes were superior to the corresponding extraction process without enzyme-assistance
for prior biomass degradation. Among the two proteases and the endo- and exoglucanases, Alcalase®

gave the highest extraction yield of hydrophilic extract, as a result of its effective degradation of
membrane proteins, lipoproteins, and peptidoglucan. Both the extract composition and the amount of
extracted biocomponents depended on the temperature, enzyme charge and type, pH, and duration
of enzymatic pre-treatment of the biomass. Compared to conventional extraction processes, higher
extraction yields were obtained in mild conditions; Alcalase® extract was the one with the highest
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protein content. All the protein extracts obtained could be applied for satiety and muscle building in
sports/active nutrition, for geriatric population, convalescent patients, etc.
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Abstract: Preparation of optically-pure derivatives of 2-hydroxy-2-(3-hydroxyphenyl)-2-phenylacetic
acid of general structure 2 was accomplished by enzymatic hydrolysis of the
correspondent esters. A screening with commercial hydrolases using the methyl ester of
2-hydroxy-2-(3-hydroxyphenyl)-2-phenylacetic acid (1a) showed that crude pig liver esterase
(PLE) was the only preparation with catalytic activity. Low enantioselectivity was observed with
substrates 1a–d, whereas PLE-catalysed hydrolysis of 1e proceeded with good enantioselectivity
(E = 28), after optimization. Enhancement of the enantioselectivity was obtained by chemical
re-esterification of enantiomerically enriched 2e, followed by sequential enzymatic hydrolysis with
PLE. The preparation of optically-pure (S)-2e was validated on multi-milligram scale.

Keywords: esterase; stereoselective; ester hydrolysis; antimuscarinic agents; pig liver esterase (PLE)

1. Introduction

Enzymatic hydrolysis of chiral esters using carboxylesterases is an established method for
obtaining kinetic and dynamic resolution [1–5]. A number of stereoselective carboxylesterases
is nowadays available, and troublesome application such as the hydrolysis of spatially bulky
substrates can be solved by screening and protein engineering [6]. Esters of carboxylic acids with
sterically-demanding α-substitutions are not easily hydrolysed by most of the lipases, and protein
engineering for making natural enzymes able to accept these substrates is still limited to relatively
bulky carboxylic acids [7]. Enzymatic hydrolysis of carboxylic acid esters having an α-quaternary
or α-tertiary centre is still a difficult task [8]; in contrast to the broad spectrum of esters with
bulky alcohol moieties accepted as substrates [9,10]. Activation by electron-withdrawing (EW)
hetero-atoms (e.g., O and N) or by EW-functional groups (e.g., -NO2, -CN, -CF3) is often required
to observe enzymatic hydrolytic activity [11–13]. α-,α-Disubstituted malonate diesters are among
the few α-,α-,α-trisubstituted carboxylic esters accepted by carboxylesterases; in particular, pig
liver esterase (PLE) is particularly suited for catalyzing the enantioselective monohydrolysis
of differently substituted malonate diesters [14], including ester derivatives, such as dimethyl
3,3-dimethyl-2-methylenecyclohexane-1,1- dicarboxylate, a chiral building block used for the
enantioselective total synthesis of ent-kauranoids [15].

In this work, we have studied the enzymatic hydrolysis of esters 1, derivatives of sterically
demanding 2,2-diaryl-2-hydroxy acids 2 (Figure 1); these molecules attract great attention for
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pharmaceutical applications as they can be useful chiral building blocks for the synthesis of compounds
exerting muscarinic M3 receptor antagonist activity [16,17]. Antimuscarinic agents have a variety
of applications but one of the most well established is their use as inhaled bronchodilators for the
treatment of obstructive airway diseases such as asthma and chronic obstructive pulmonary disease
(COPD) [18]. The enzymatic hydrolysis of ester 1 has been therefore investigated as a possibly
suitable, affordable and sustainable method alternative to classical liquid (LC)/supercritical fluid
chromatography (SFC) chiral separation of racemic mixtures or diastereomeric salt crystallization,
to obtain the desired active (S)-enantiomer 2.

Figure 1. Kinetic resolution of esters of 2,2-diaryl-2-hydroxy acids; optically pure acids are building
blocks for the synthesis of muscarinic receptor antagonists.

2. Results

2.1. Screening of Biocatalysts and Substrates

The synthesis of esters 1a-e, used in this work, was realized as described in Scheme 1.

Scheme 1. Synthesis of esters 1a-e. Reaction conditions: a: THF, RT, 16 h; b: dihydrotoluene, 10% Pd/C,
EtOH, reflux, eight hours; c: (i) LiOH, THF/water, RT, 2 h; (ii) CDI, 2-(dimethylamino)ethanol, CH2Cl2,
60 ◦C, 4 h; d: N-(benzyloxycarbonyl)-3-amino-1-propyl methanesulfonate, CsCO3, DMF, RT, 16 h.

Hydrolysis of 1a-b was firstly investigated using 20 commercial hydrolases and 15 enzymatic
preparations from our laboratory [19–24]; only commercial PLE gave hydrolysis of 1a,b (Scheme 2)
with conversions ranging between 50 and 100% after 24 h (Table 1).

Scheme 2. Enzymatic hydrolysis of esters 1a-b with pig liver esterase (PLE).
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Table 1. Hydrolysis of 1a-b with pig liver esterase (PLE); Conditions: [S] = 2.5 mM, [PLE] = 7.5 mg/mL
in 100 mM phosphate buffer at pH = 7.0 and DMSO (5%), 30 ◦C.

Entry Substrate
Conv.
(%)

ee (R)-ester (%) ee (S)-acid (%) E Time (h)

1 1a 52 67 63 8 5
2 1a >97 <5 <5 - 24
3 1b 50 67 67 10 5
4 1b > 97 <5 <5 - 24

The reactions occurred with excellent rates, but low enantioselectivity, furnishing the S-acid
with enantiomeric ratio (E) ranging between 8 and 10. Absolute configurations were assigned by
comparison with enantiomerically pure sample previously synthesized [16]. Different (bulkier) alcohol
moieties were introduced with the aim of increasing the enantioselectivity, therefore esters 1c,d were
synthesized as shown before and used as substrates for the enzymatic hydrolysis with commercial
PLE, but enantioselectivity remained quite low (E < 8 in both the cases).

As a strategy for improving enantioselectivity, we synthesized 1e, where a benzyloxy
propylcarbamate was introduced as meta-substituent for boosting the structural diversity of the
two aromatic groups (Scheme 3).

Scheme 3. Enzymatic hydrolysis of ester 1ewith pig liver esterase (PLE).

In fact, the kinetic resolution of 1e occurred with higher enantioselectivity (E = 21, entry 1, Table 2)
than what observed with 1a–d. Commercial PLE preparation is extracted from animal tissues and
composed by 6 different isoenzymes, each one potentially leading to different stereoselectivity [14,25];
therefore, we also tested the six isoforms as single recombinant enzymes (commercially available and
named ECS-PLE 01–06) for the hydrolysis of 1e (Table 2, entries 2-7).

Table 2. Hydrolysis of 1e with PLE; conditions: [S] = 2.5 mM, [PLE] 7.5 mg/mL in 100 mM phosphate
buffer at pH = 7.0 and DMSO (5%), 30 ◦C.

Entry Substrate Conv. (%) ee (R)-ester (%) ee (S)-acid (%) E Time (h)

1 Crude PLEs 30 37 87 21 5
2 ECS-PLE01 <5 - - - 24
3 ECS-PLE02 <5 - - - 24
4 ECS-PLE03 19 8 30 <5 24
5 ECS-PLE04 8 - n.d. - 24
6 ECS-PLE05 <5 - - - 24
7 ECS-PLE06 37 51 87 24 24

The highest enantioselectivity was observed with the recombinant isoform ECS-PLE06 (entry 7,
Table 3), comparable with the one obtained with crude PLE, which, in turn, showed higher
specific activity.

2.2. Optimization

Crude PLE was therefore used for further optimization, carried out using an experimental design
(Multisimplex v2.0 (Multisimplex AB, Karlskrona, Sweden), previously used for optimizing the
conditions of different biotransformations [26]. The control variables were substrate and enzyme
concentration, pH, co-solvent (DMSO) concentration, and temperature. Productivity at 24 h and
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enantioselectivity were chosen as response parameters. Under optimized conditions ([S] = 3.5 mg/mL
(8 mM); [Enz] = 5.0 mg/mL; solvent 0.1 M phosphate buffer/DMSO 8%, pH = 7.0 at 25 ◦C), where the
ratio between substrate and enzyme was reduced, the highest enantioselectivity (E = 28) was obtained,
but reaction rate slowed down. Under these conditions, enzymatic hydrolysis gave 2e with an ee of
90% after 24 h, in correspondence of 30% conversion.

As previously reported, the addition of co-solvents, which alter the solubility of the substrate,
may affect the enantioselectivity and the reaction rate of reactions catalyzed by crude PLE [14,27].
Consequently, we investigated the activity and the enantioselectivity on the hydrolysis of 1e with
crude PLE carried out under optimized conditions in the presence of the solvents listed in Table 3.

Table 3. Hydrolysis of 1e with PLE in the presence of different co-solvents. Conditions: [S] = 8 mM,
[PLE] = 5.0 mg/mL in 100 mM phosphate buffer at pH = 7.0 and co-solvents (amounts as indicated in
Table), 25 ◦C. Results after 24 h.

Entry Co-solvent (% v/v) Conv. (%) ee (R)-ester (%) ee (S)-acid (%) E

1 none 30 23 90 23
2 EtOH (8) <5 - - -
3 iPrOH (8) <5 - - -
4 DMSO (8) 30 39 90 28
5 THF (8) 10 9 79 10
6 acetone (8) <5 - - -
7 Et2O (30) <5 - - -
8 toluene (30) <5 - - -
9 n-heptane (30) 22 25 90 21

10 isooctane (30) 25 30 88 21

Protic water-soluble co-solvents (EtOH and iPrOH, entries 2 and 3, Table 3) suppressed enzymatic
activity, whereas, DMSO (firstly chosen as co-solvent) was the only polar co-solvent with beneficial
effects (entry 4, Table 3). Detected activity and enantioselectivity in the presence of highly hydrophobic
solvents (n-heptane and isooctane, entries 9 and 10, Table 3) were lower than the ones obtained in water
containing 8% DMSO. Reactions performed in the presence of different concentrations of hydrophobic
solvents (10, 30, 50% v/v) did not show any significant differences.

Another way to influence the overall reactivity of organic substrates in aqueous enzymatic
reactions involves the use of cyclodextrins (CDX) [28]. CDX can modify the solubility of organic
compounds in water, while establishing diastereoisomeric interactions with chiral substrates; for these
reasons, different CDX were tested as additive in the enzymatic hydrolysis of 1e (Table 4).

Table 4. Hydrolysis of 1e with PLE in the presence of β-cyclodextrins; conditions: [S] = 8 mM,
[PLE] = 5.0 mg/mL, [CDX] 10 mM in 100 mM phosphate buffer and DMSO (8%) at pH = 7.0, 25 ◦C.
Results after 24 h.

Entry β-Cyclodextrin Conv. (%) eeester (%) eeacid (%) E

1 underivatized 45 70 86 28
2 triacetyl 40 59 88 28
3 methyl 33 44 88 24
4 trimethylammonium 25 31 91 28

Cyclodextrins generally improved the reaction rates, with β-CDX showing the highest acceleration
(entry 1, Table 4). The screening shown in Table 5 was carried out using a slight excess of CDX over
the substrate, so we decided to explore the effect of different stoichiometric ratios between β-CDX
and substrate (Table 5), observing that no significant improvements were obtained above 1.25 ratio
β-CDX/substrate.
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Table 5. Hydrolysis of 1e with PLE in the presence of different amounts of β-cyclodextrin (β-CDX);
conditions: [S] = 8 mM [PLE] = 5.0 mg/mL, different amounts of β-CDX in 100 mM phosphate buffer
and DMSO (8%) at pH = 7.0, 25 ◦C. Results after 24 h.

Entry Ratio [β-CDX]/[S] Conv. (%) eeester (%) eeacid (%) E

1 1 41 60 86 24
2 1.25 45 70 86 28
3 1.5 45 70 86 28
4 2 48 78 84 28

2.3. Preparative Biotransformation

A preparative biotransformation was thus performed starting from 150 mg of 1e (Figure 2) using
the best reaction conditions (entry 2, Table 5).

Figure 2. Preparative kinetic resolution of 1e. Conditions. [S] = 8 mM, [PLE] = 5.0 mg/mL,
[β-CDX] = 10 mM in phosphate buffer (100 mM) and DMSO (8%) at pH = 7.0, 25 ◦C.

The reaction was stopped in correspondence of 54% conversion (after 40 h), allowing for the
recovery and purification of 2e (67 mg) with an ee of 80%. This batch of optically-enriched 2e was
chemically methylated to give optically enriched 1e, which was subsequently hydrolysed with PLE,
furnishing 50 mg of optically pure (S)-2e. The overall results of this sequential kinetic resolution are
given in Scheme 4.

 
Scheme 4. Preparation of optically pure 2e after sequential enzymatic hydrolysis of 1e with PLE.

3. Discussion

Sterically demanding 2,2-diaryl-2-hydroxy carboxylic acids are valuable chiral building blocks for
the synthesis of antimuscarinic agents [9]. Two major problems were encountered in the enzymatic
kinetic resolution of these bulky substrates. Firstly, esters having α-quaternary or α-tertiary center
show severe steric hindrance that hampers the approach to the active site; in fact, among the
different enzymes tested, PLE was the only enzyme active on these substrates. Besides, esters
of 2-hydroxy-2-(3-hydroxyphenyl)-2-phenylacetate (the ones considered here as key precursors
for antimuscarinic agents preparation) display poor stereo-discrimination due to the presence of
two aromatic groups, directly bound to the stereocenter, which differ only for the presence of
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a meta-substituent on one of the two aromatic rings. Derivative 1e, which bears a benzyloxy
propylcarbamate substituent in meta-position, gives sufficient stereo-differentiation for achieving
moderate-to-good enantioselectivity (E = 28). Moreover, the biotransformation was optimized by
choosing suited co-solvents (DMSO) and additives (β-CDX).

The preparative significance of this method was established by the expedient preparation of
optically pure (S)-2e on multi-milligram scale, using a sequential kinetic resolution approach.

4. Materials and Methods

All chemicals were from Sigma-Aldrich (Milano, Italy) and/or VWR International (Milano, Italy)
and used without further purification unless otherwise stated. Pig liver esterase was purchased
from Sigma-Aldrich (Milano, Italy). PLE isoforms were from Enzymicals (Greifswald, Germany).
β-Cyclodextrins were provided by Wacker-Chemie GmbH (Munchen, Germany). Anhydrous solvents
were purchased from Aldrich and used as received. “Brine” refers to a saturated aqueous solution
of NaCl. Unless otherwise specified, solutions of common inorganic salts used in workups are
aqueous solutions. Optically pure/enriched compounds, used as HPLC standards, were synthesised
as previously described [17].

4.1. Analyticals

HPLC analyses were performed with a Jasco PU-980 pump equipped with a UV–VIS detector
Jasco UV-975 (Easton, MD, USA). The NMR of 1H and 13C spectra were recorded in DMSO using
Bruker 600 MHz or 400 MHz spectrometer (Karlsruhe, Germany), equipped with a self-shielded
z-gradient coil 5 mm 1H/nX broad band probehead for reverse detection, deuterium digital lock
channel unit, quadrature digital detection unit with transmitter offset frequency shift. Chemical shifts
are reported as δ downfield in parts per million (ppm) and referenced to tetramethylsilane (TMS) as
the internal standard in the 1H measurements. Coupling constants (J values) are given in hertz (Hz)
and multiplicities are reported using the following abbreviation (s = singlet, d = doublet, t = triplet,
q = quartet, m = multiplet, br = broad, nd = not determined). The pulse programs were taken from
the Varian and Bruker software libraries. The HRMS spectra were recorded on an Agilent instrument
(Santa Clara, CA, USA) using the Time-of-Flight Mass Spectrometry (TOF MS) technique. Specific
rotation of compounds was measured with a Polarimeter Perkin Elmer (model 241 or 341, Waltham,
USA) at sodium D-line (589 nm), 25 ◦C, 1 dm path length. Reactions were monitored by TLC using
0.25 mm Merck silica gel plates (60 F254, Darmstadt, Germany). For chiral analysis the samples were
analysed using a chiral column for the separation of the enantiomers. HPLC analyses were carried
out on a Kromasil 5-Amycoat column 4.6 × 250 mm (CPS Analitica, Milan, Italy), 5 μm; mobile
phase: n-hexane:isopropanol:TFA 8:2:0.1%, flow rate 1 mL/min, λ = 220 nm. Optically pure/enriched
compounds were chemically synthesised as chiral HPLC standards. Column chromatography was
performed on Merck silica gel 60 (0.063–0.2 mm).

4.2. Procedure for the Synthesis of methyl 2-(4-(benzyloxy)phenyl)-2-hydroxy-2-phenylacetate (1a)

To a solution of methyl 2-oxo-2-phenylacetate (12.83 mL, 91 mmol) in THF (Volume: 350 mL),
(4-(benzyloxy)phenyl)magnesium bromide (100 mL, 100 mmol) was added dropwise at 0 ◦C over
30 min and stirred overnight at RT. Reaction was partitioned between AcOEt and saturated NaCl,
organic phase dried over Na2SO4 and evaporated. The oily residue was crystalized in Et2O to afford
methyl 2-(4-(benzyloxy)phenyl)-2-hydroxy-2-phenylacetate (15 g, 43.1 mmol, 47.4 % yield) as white
solid. 1H NMR (600 MHz, DMSO-d6; δ ppm 7.24–7.44 (m, 11 H) 6.94–6.98 (m, 2 H) 6.91 (dt, J = 8.08,
1.15 Hz, 1 H) 6.67 (s, 1 H) 5.06 (s, 2 H) 3.71 (s, 3 H); 13C NMR (151 MHz, DMSO-d6) δ ppm 173.97
(s, 1 C) 158.36 (s, 1 C) 145.33 (s, 1 C) 143.63 (s, 1 C) 137.45 (s, 1 C) 129.35 (s, 1 C) 128.88 (s, 1 C) 128.28
(s, 1 C) 128.25 (s, 1 C) 128.15 (s, 1 C) 127.92 (s, 1 C) 127.40 (s, 1 C) 120.06 (s, 1 C) 114.50 (s, 1 C) 113.84
(s, 1 C) 81.05 (s, 1 C) 69.70 (s, 1 C) 52.96 (s, 1 C). HRMS (ESI-TOF): Exact mass calculated for C22H20O4
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[M-H]- = 347.1289, Found: [M + NH4]+ = 366.1698. 1H NMR and 13C NMR spectra of 1a are reported
in Supplementary Materials (Figures S2 and S3, respectively).

4.3. Procedure for the Synthesis of methyl 2-hydroxy-2-(3-hydroxyphenyl)-2-phenylacetate (1b)

Methyl 2-(3-(benzyloxy)phenyl)-2-hydroxy-2-phenylacetate (1a) (200 mg, 0.574 mmol),
1-methylcyclohexa-1,4-diene (129 μl, 1.148 mmol) and Pd/C 10% wet (60 mg, 0.028 mmol) were
refluxed in EtOH (2870 μl) in a closed vessel at 80 ◦C for 8 h, then the mixture filtered on PTFE
membrane and evaporated under reduced pressure. The resulting oil was recrystallized in a
mixture of cyclohexane/iPr2O to give methyl 2-hydroxy-2-(3-hydroxyphenyl)-2-phenylacetate (130 mg,
0.503 mmol, 88% yield) as a white powder. 1H NMR (600 MHz, DMSO-d6) δ ppm 9.35 (s, 1 H) 7.32 (d,
J = 4.29 Hz, 4 H) 7.25–7.30 (m, 1 H) 7.11 (t, J = 7.87 Hz, 1 H) 6.74–6.77 (m, 1 H) 6.73 (dd, J = 1.67, 0.95 Hz,
1 H) 6.67 (ddd, J = 8.02, 2.41, 0.89 Hz, 1 H) 6.55 (s, 1 H) 3.71 (s, 3 H); 13C NMR ((151 MHz, DMSO-d6) δ
ppm 174.14 (s, 1 C) 157.33 (s, 1 C) 145.20 (s, 1 C) 143.82 (s, 1 C) 129.17 (s, 1 C) 128.15 (s, 1 C) 127.81 (s, 1 C)
127.50 (s, 1 C) 118.08 (s, 1 C) 114.89 (s, 1 C) 114.70 (s, 1 C) 81.10 (s, 1 C) 52.87 (s, 1 C); HRMS (ESI-TOF):
Exact mass calculated for C15H14O4 [M-H]- = 257.0819, Found: [M + Na]+ = 281.0783. 1H NMR and
13C NMR spectra of 1b are reported in Supplementary Materials (Figures S4 and S5, respectively).

4.4. Procedure for the Synthesis of 2-(dimethylamino)ethyl
2-(3-(benzyloxy)phenyl)-2-hydroxy-2-phenylacetate (1c)

Methyl 2-(3-(benzyloxy)phenyl)-2-hydroxy-2-phenylacetate (1a) (5 g, 14.35 mmol) and LiOH
(1.031 g, 43.1 mmol) were dissolved in THF (Volume: 15 mL)/Water (Volume: 15.00 mL) and
stirred for 2 h at RT. Reaction was quenched by the addition on 1M HCl and extracted with AcOEt,
the organic phase was washed with aqueous NaCl and dried over Na2SO4 before being evaporated
under reduced pressure. The desired product 2-(3-(benzyloxy)phenyl)-2-hydroxy-2-phenylacetic
acid (2a) (5.1 g, 15.25 mmol, 106 % yield) was obtained as a yellowish foam, not isolated and used
as such for the following step. 2-(3-(Benzyloxy)phenyl)-2-hydroxy-2-phenylacetic acid (2a) (2.5 g,
7.48 mmol) and CDI (2.425 g, 14.95 mmol) were reacted for 5 min in DCM (Volume: 8 mL) prior the
addition of 2-(dimethylamino)ethanol (2.257 mL, 22.43 mmol). Reaction was stirred for 4 h at 60 ◦C,
then partitioned between AcOEt and sat NaHCO3aq, washed twice with water, dried over Na2SO4

and evaporated under reduced pressure. The crude was chromatographed on silica gel by gradient
elution from 100 % AcOEt to AcOEt/MeOH (7N NH3) 90/10 in 12 CV to give 2-(dimethylamino)ethyl
2-(3-(benzyloxy)phenyl)-2-hydroxy-2-phenylacetate (1c) (1.02 g, 2.52 mmol, 33.6 % yield) as a yellowish
oil. 1H NMR (600 MHz, DMSO-d6) δ ppm 7.23–7.44 (m, 12 H) 6.98–7.01 (m, 1 H) 6.92–6.96 (m, 2 H)
6.58 (s, 1 H) 5.05 (s, 2 H) 4.23 (t, J = 5.57 Hz, 2 H) 2.12 (s, 6 H); 13C NMR (151 MHz, DMSO-d6) δ
ppm 173.34 (s, 1 C) 158.33 (s, 1 C) 145.30 (s, 1 C) 143.63 (s, 1 C) 137.47 (s, 1 C) 129.25 (s, 1 C) 128.87
(s, 1 C) 127.88 (s, 1 C) 127.54 (s, 1 C) 127.43 (s, 1 C) 120.21 (s, 1 C) 114.69 (s, 1 C) 113.80 (s, 1 C) 81.06
(s, 1 C) 69.69 (s, 1 C) 63.47 (s, 1 C) 57.42 (s, 1 C) 45.54 (s, 1 C). HRMS (ESI-TOF): Exact mass calculated
for C25H27O4N [M]+ = 405.1940, Found [M-H]+ = 406.2011 1H NMR and 13C NMR spectra of 1c are
reported in Supplementary Materials (Figures S6 and S7, respectively). 1H NMR and 13C NMR spectra
of 1c are reported in Supplementary Materials (Figures S6 and S7, respectively).

4.5. Procedure for the Synthesis of (1-benzylpiperidin-4-yl)methyl
2-(3-(benzyloxy)phenyl)-2-hydroxy-2-phenylacetate (1d)

2-(3-(benzyloxy)phenyl)-2-hydroxy-2-phenylacetic acid (2a) (2.5 g, 7.48 mmol) and CDI
(2.425 g, 14.95 mmol) were reacted for 5 min in DCM (Volume: 15 mL) prior the addition of
(1-benzylpiperidin-4-yl)methanol (2.3 g, 11.20 mmol). Reaction was stirred for 3 h at 60 ◦C, then DMF
was added and the mixture was stirred at 80 ◦C for 4 h. The mixture was partitioned between AcOEt
and an aqueous solution of NaHCO3, washed twice with water, dried over Na2SO4 and evaporated
under reduced pressure. The crude was chromatographed first on silica gel (gradient elution from
100 % AcOEt to AcOEt/MeOH (7N NH3) 90/10 in 10 CV), then by flash chromatography on a reverse
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phase: C18 column 60 g, from 100/0 A/B to 75/25 A/B, A: water/MeCN 95:5 + 0.1% HCOOH
B:MeCN/water 95:5 + 0.1% HCOOH, to obtain the desired product (1-benzylpiperidin-4-yl)methyl
2-(3-(benzyloxy)phenyl)-2-hydroxy-2-phenylacetate (1d) (715 mg, 1.371 mmol, 18.3 % yield) as a white
oil. 1H NMR (600 MHz, DMSO-d6) δ ppm 7.20–7.42 (m, 16 H) 6.93–6.97 (m, 2 H) 6.90–6.93 (m, 1 H)
6.60 (s, 1 H) 5.05 (s, 2 H) 3.99 (d, J = 6.44 Hz, 2 H) 3.40 (br s, 2 H) 2.73 (br d, J = 10.01 Hz, 2 H) 1.76–1.92
(m, 2 H) 1.49–1.58 (m, 1 H) 1.47 (br d, J = 12.92 Hz, 2 H) 1.12 (br d, J = 12.16 Hz, 2 H); 13C NMR
(151 MHz, DMSO-d6) δ ppm 173.40 (s, 1 C) 158.31 (s, 1 C) 145.33 (s, 1 C) 143.63 (s, 1 C) 137.46 (s,
1 C) 129.24 - 129.35 (m, 1 C) 129.16 (br s, 1 C) 128.85 (s, 1 C) 128.50–128.65 (m, 1 C) 128.23 - 128.31
(m, 1 C) 128.18 (s, 1 C) 128.04 (s, 1 C) 127.85–127.94 (m, 1 C) 127.42–127.56 (m, 1 C) 127.17–127.35 (m,
1 C) 120.14 (s, 1 C) 114.63 (s, 1 C) 113.84 (s, 1 C) 81.11 (s, 1 C) 69.79 (s, 1 C) 69.68 (s, 1 C) 62.75 (s, 1 C)
53.04 (s, 1 C) 40.58 (s, 1 C) 35.38 (s, 1 C) 28.62 (s, 1 C). HRMS (ESI-TOF): Exact mass calculated for
C34H35NO4 [M]+ = 521.2566, Found [M+H]+ = 522.2642-. To 1H NMR and 13C NMR spectra of 1d are
reported in Supplementary Materials (Figures S8 and S9, respectively).

4.6. Procedure for the Synthesis of methyl
2-(3-(3-(((benzyloxy)carbonyl)amino)propoxy)phenyl)-2-hydroxy-2-phenylacetate (1e)

Methyl 2-hydroxy-2-(3-hydroxyphenyl)-2-phenylacetate (2b) (570 mg, 2.207 mmol) and
3-(((benzyloxy)carbonyl)amino)propyl methanesulfonate (761 mg, 2.65 mmol) were dissolved
in DMF (6 mL), followed by the addition of CsCO3 (1079 mg, 3.31 mmol). The reaction
solution was stirred at room temperature overnight. The reaction mixture was quenched
adding water then extracted with EtOAc. The organic phase was dried over Na2SO4, filtered
and evaporated under reduced pressure. The crude was purified by flash chromatography
(25 g silica, from 20 to 50 % EtOAc in heptane) to obtain the desired product methyl
2-(3-(3-(((benzyloxy)carbonyl)amino)propoxy)phenyl)-2-hydroxy-2-phenylacetate (1e) (670 mg,
1.491 mmol, 67.5 % yield) as a colourless oil. 1H NMR (600 MHz, DMSO-d6) δ ppm 7.27–7.39
(m, 11 H) 7.24 (t, J = 8.27 Hz, 1 H) 6.88–6.92 (m, 2 H) 6.82–6.88 (m, 1 H) 6.67 (s, 1 H) 5.02 (s, 2 H) 3.94 (t,
J = 6.28 Hz, 2 H) 3.72 (s, 3 H) 3.16 (q, J = 6.54 Hz, 2 H) 1.85 (quin, J = 6.51 Hz, 2 H); 13C NMR (151 MHz,
DMSO-d6) δ ppm 173.97 (s, 1 C) 158.36 (s, 1 C) 145.33 (s, 1 C) 143.63 (s, 1 C) 137.45 (s, 1 C) 129.35 (s,
1 C) 128.88 (s, 1 C) 128.28 (s, 1 C) 128.25 (s, 1 C) 128.15 (s, 1 C) 127.92 (s, 1 C) 127.40 (s, 1 C) 120.06 (s,
1 C) 114.50 (s, 1 C) 113.84 (s, 1 C) 81.05 (s, 1 C) 69.70 (s, 1 C) 52.96 (s, 1 C). HRMS (ESI-TOF): Exact mass
calculated for C26H27NO6 [M-H]- = 448.1766, Found: [M+NH4]+ = 467.2177. 1H NMR and 13C NMR
spectra of 1a are reported in Supplementary Materials (Figures S10 and S11, respectively).

4.7. Enantiomeric Excess Determination

The enantiomeric excess (ee %) was determined by HPLC with a Kromasil 5-Amycoat column
4.6 × 250 mm, 5 μm, mobile phase: n-hexane:isopropanol:TFA 8:2:0.1%, flow rate 1 mL/min,
λ = 220 nm. Retention times: (R)-1a 10.1 min; (S)-1a: 11.5 min; (R)-2a 20.7 min; (S)-2a: 34.6 min;
(S)-1b: 11.3 min; (R)-1b: 11.5 min; (S)-2b: 14.1 min; (R)-2b: 16.1 min; (R)-1e: 16.3 min; (S)-1e:
17.4 min; (R)-2e: 23.8 min; (S)-2e 29.1 min. Representative HPLC chromatograms are reported in
Supplementary Materials (Figure S18).

4.8. General Procedure for Biotransformations

Screening and optimization were carried out by performing reactions in 5 mL screw-capped
test tubes with a reaction volume of 2 mL. Preparative biotransformations were carried out at 25
and 150 mL scale. Substrates (2.5–10 mM) were dissolved in DMSO (final concentration 5%) and
added to phosphate buffer (100 mM, pH = 7). The reactions were started by the addition of the
enzyme. The mixture was then kept at fixed temperature under magnetic stirring. Samples of the
biotransformation mixture were withdrawn, diluted with an equal volume of water, acidified with
1 N HCl and extracted with eight volumes of EtOAc. The organic extract was then concentrated and
analysed by HPLC.
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4.8.1. (S)-2-(3-(Benzyloxy)phenyl)-2-hydroxy-2-phenylacetic acid (2a)

1H NMR (600 MHz, DMSO-d6) δ ppm 12.20–13.89 (m, 1 H) 9.31 (s, 1 H) 7.36–7.39 (m, 2 H)
7.29–7.34 (m, 2 H) 7.24–7.29 (m, 1 H) 7.11 (t, J = 7.89 Hz, 1 H) 6.82 (br s, 1 H) 6.79–6.82 (m, 1 H) 6.66
(ddd, J = 8.05, 2.34, 1.03 Hz, 1 H) 5.48–6.50 (m, 1 H) 13C NMR (151 MHz, DMSO-d6) δ ppm 175.14 (s,
1 C) 157.22 (s, 1 C) 145.55 (s, 1 C) 144.17 (s, 1 C) 129.00 (s, 1 C) 128.01 (s, 1 C) 127.59 (s, 1 C) 118.21 (s,
1 C) 114.86 (s, 1 C) 114.66 (s, 1 C) 80.63 (s, 1 C). HRMS (ESI-TOF): Exact mass calculated for C14H12O4

[M-H]- = 243.0663; Found: [M+Na]+ = 267.0626.

4.8.2. (S)-2-Hydroxy-2-(3-hydroxyphenyl)-2-phenylacetic acid (2b)

1H NMR (600 MHz, DMSO-d6) δ ppm 13.21 (br s, 1 H) 7.41–7.45 (m, 2 H) 7.36–7.41 (m, 4 H)
7.23–7.35 (m, 5 H) 7.01–7.05 (m, 1 H) 6.93–7.00 (m, 2 H) 6.34 (s, 1 H) 5.05 (s, 2 H); 13C NMR (151 MHz,
DMSO-d6) δ ppm 175.01 (s, 1 C) 158.31 (s, 1 C) 145.68 (s, 1 C) 143.96 (s, 1 C) 137.47 (s, 1 C) 129.20 (s,
1 C) 128.88 (s, 1 C) 128.28 (s, 1 C) 128.18 (s, 1 C) 128.13 (s, 1 C) 127.71 (s, 1 C) 127.50 (s, 1 C) 120.23 (s,
1 C) 114.72 (s, 1 C) 113.50 (s, 1 C) 80.61 (s, 1 C) 69.70 (s, 1C). HRMS (ESI-TOF): Exact mass calculated
for C21H18O4 [M-H]+ = 333.1132, Found: [M+NH4]- = 352.1541.

4.8.3. (S)-2-(3-(3-(((Benzyloxy)carbonyl)amino)propoxy)phenyl)-2-hydroxy-2-phenylacetic acid (2e)

1H NMR (600 MHz, DMSO-d6) δ ppm 13.15 (br s, 1 H) 7.29–7.41 (m, 10 H) 7.25–7.29 (m, 1 H)
7.21–7.24 (m, 1 H) 6.92–6.97 (m, 2 H) 6.77–6.89 (m, 1 H) 6.31 (br s, 1 H) 5.01 (s, 2 H) 3.93 (t, J = 6.22 Hz,
2 H) 3.15 (q, J = 6.63 Hz, 2 H) 1.84 (quin, J = 6.51 Hz, 2 H); 13C NMR (151 MHz, DMSO-d6) δ ppm
174.98 (s, 1 C) 158.50 (s, 1 C) 156.61 (s, 1 C) 145.71 (s, 1 C) 144.13 (s, 1 C) 137.71 (s, 1 C) 129.05–129.19
(m, 1 C) 128.81 (s, 1 C) 128.15–128.36 (m, 1 C) 128.08 (s, 1 C) 127.60–127.69 (m, 1 C) 127.47–127.58 (m,
1 C) 119.97 (s, 1 C) 114.29 (s, 1 C) 112.27–113.50 (m, 1 C) 80.59 (s, 1 C) 65.85 (s, 1 C) 65.12–65.56 (m, 1
C) 37.45–38.24 (m, 1 C) 29.64 (s, 1 C). HRMS (ESI-TOF): Exact mass calculated for C26H27NO6 [M]+ =
435.1682, Found [M+H]+ = 436.1754; [α]D = −3.4 (CHCl3; c=1).

4.9. Procedure for the Synthesis of methyl
(S)-2-(3-(3-(((benzyloxy)carbonyl)amino)propoxy)phenyl)-2-hydroxy-2-phenylacetate (optically enriched 1e)

(S)-2-(3-(3-(((Benzyloxy)carbonyl)amino)propoxy)phenyl)-2-hydroxy-2-phenylacetic acid (100 mg,
0,23 mmol) obtained by biotranformation was dissolved in MeOH (1,5 mL) and slowly added SOCl2
(0,5 mL) at 0 ◦C. The reaction mixture was refluxed at 70 ◦C for 2 h, after which time it was cooled to RT.
MeOH was removed in vacuum and the resulting residue was poured onto ice-H2O and extracted with
EtOAc. The combined organic extracts were washed with 10% NaHCO3, brine, dried over Na2SO4,
and evaporated to provide the product as a white solid (101 mg, 98% yield). 1H NMR (600 MHz,
DMSO-d6) δ ppm 7.20–7.40 (m, 12 H) 6.84–6.86 (m, 1 H) 6.82–6.90 (m, 2 H) 6.65 (s, 1 H) 5.01 (s, 2 H)
3.93 (t, J = 6.22 Hz, 2 H) 3.72 (s, 3 H) 3.15 (q, J = 6.67 Hz, 2 H) 1.84 (quin, J = 6.54 Hz, 2 H); 13C NMR
(151 MHz, DMSO-d6) δ ppm 172.50–174.93 (m, 1 C) 158.11–159.19 (m, 1 C) 155.83–157.71 (m, 1 C)
144.39–146.14 (m, 1 C) 143.20–144.08 (m, 1 C) 137.30–137.95 (m, 1 C) 129.20–129.50 (m, 1 C) 128.80 (br d,
J = 27.51 Hz, 1 C) 128.24 (s, 1 C) 128.20 (br d, J = 3.30 Hz, 1 C) 127.82–127.98 (m, 1 C) 127.29–127.52 (m,
1 C) 119.48–120.06 (m, 1 C) 113.96–114.24 (m, 1 C) 113.42 (s, 1 C) 81.06 (s, 1 C) 65.65 (s, 1 C) 65.51 (s, 1 C)
52.40 - 53.57 (m, 1 C) 37.02 - 38.35 (m, 1 C) 28.67–29.99 (m, 1 C); HRMS (ESI-TOF): Exact mass calculated
for C26H27NO6 [M-H]- = 448.1766, Found: [M+H]+ = 450.1913. 1H NMR and 13C NMR spectra of
optically enriched 1e are reported in Supplementary Materials (Figures S12 and S13, respectively).

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/9/2/113/s1,
Table S1: Control variables and initial levels considered for the optimization. Figure S1: Sequential optimization
of the PLE-catalysed hydrolysis of 1e. Figure S2: 1H NMR spectrum of 1a. Figure S3: 13C NMR spectrum of 1a.
Figure S4: 1H NMR spectrum of 1b. Figure S5: 13C NMR spectrum of 1b. Figure S6: 1H NMR spectrum of 1c.
Figure S7: 13C NMR spectrum of 1c. Figure S8: 1H NMR spectrum of 1d. Figure S9: 13C NMR spectrum of 1d.
Figure S10: 1H NMR spectrum of 1e. Figure S11: 13C NMR spectrum of 1e. Figure S12: 1H NMR spectrum of
(S)-2a. Figure S13. 13C NMR spectrum of (S)-2a. Figure S14: 1H NMR spectrum of (S)-2b. Figure S15. 13C NMR
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spectrum of (S)-2b. Figure S16: 1H NMR spectrum of (S)-2e. Figure S17. 13C NMR spectrum of (S)-2e. Figure S18:
Chiral HPLC of the hydrolysis of 1e to 2e catalysed by PLE.
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Abstract: Despite the impressive progress in nucleoside chemistry to date, the synthesis of
nucleoside analogues is still a challenge. Chemoenzymatic synthesis has been proven to overcome
most of the constraints of conventional nucleoside chemistry. A purine nucleoside phosphorylase
from Aeromonas hydrophila (AhPNP) has been used herein to catalyze the synthesis of Ribavirin,
Tecadenoson, and Cladribine, by a “one-pot, one-enzyme” transglycosylation, which is the transfer
of the carbohydrate moiety from a nucleoside donor to a heterocyclic base. As the sugar donor,
7-methylguanosine iodide and its 2′-deoxy counterpart were synthesized and incubated either
with the “purine-like” base or the modified purine of the three selected APIs. Good conversions
(49–67%) were achieved in all cases under screening conditions. Following this synthetic scheme,
7-methylguanine arabinoside iodide was also prepared with the purpose to synthesize the antiviral
Vidarabine by a novel approach. However, in this case, neither the phosphorolysis of the sugar
donor, nor the transglycosylation reaction were observed. This study was enlarged to two other
ribonucleosides structurally related to Ribavirin and Tecadenoson, namely, Acadesine, or AICAR,
and 2-chloro-N6-cyclopentyladenosine, or CCPA. Only the formation of CCPA was observed (52%).
This study paves the way for the development of a new synthesis of the target APIs at a preparative
scale. Furthermore, the screening herein reported contributes to the collection of new data about the
specific substrate requirements of AhPNP.

Keywords: Ribavirin; Tecadenoson; Cladribine; purine nucleoside phosphorylase; transglycosylation
reaction; 7-methylguanosine iodide; 7-methyl-2′-deoxyguanosine iodide; 7-methylguanine
arabinoside iodide

1. Introduction

Nucleoside analogues are well-established drugs in clinical practice; they are mainly used as
anticancer and antiviral agents. However, the search for new therapeutically active nucleosides is still
a vibrant research area, as witnessed by the approval of the pro-drug Sofosbuvir, marketed as Sovaldi®

in 2013, used in the treatment of hepatitis C as an alternative to peginterferon-combined therapies
(e.g., in association with Ribavirin and Daclatasvir, Ledipasvir or Simeprevir) [1].

Drug discovery stands alongside the set-up of new synthetic strategies aimed at circumventing the
typical constraints of nucleoside chemistry (e.g., multi-step processes, protection/deprotection reactions,
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lack of selectivity, etc.) [2]. Chemoenzymatic synthesis has been proven to overcome most of these
drawbacks. The main advantages of enzymatic methods include high catalytic efficiency, mild reaction
conditions (and thus environmentally friendly and safer syntheses), high stereo- and regioselectivity,
and fewer numbers of synthetic steps. However, a truly efficient synthesis of nucleoside analogues is
often the result of a combination of chemical methods and biochemical transformations [3].

Purine nucleoside phosphorylases (PNPs, EC 2.4.2.1) catalyze the reversible cleavage of the
glycosidic bond of purine nucleosides in the presence of inorganic orthophosphate as a co-substrate,
to generate the conjugated nucleobase and α-d-pentofuranose-1-phosphate. If a second purine base is
in the reaction medium, the formation of a new nucleoside can result by a regio- and stereoselective
transglycosylation reaction [3].

Accumulated data about a PNP from Aeromonas hydrophila (AhPNP) [4] have clearly shown
that this enzyme can be successfully used in the synthesis of a wide range of nucleoside analogues,
which are either routinely used as drugs (e.g., arabinosyladenine) [5,6] or can have promising
pharmacological activities, such as some 6-substituted purine ribonucleosides [7,8]. This PNP has
been shown to have a quite relaxed substrate tolerance toward the purine base, to recognize
ribo- and 2′-deoxyribonucleosides as the sugar donor, and, although to a lesser extent, to accept
d-arabinose-1-phosphate produced by the phosphorolysis of arabinosyluracil in a bi-enzymatic
transglycosylation reaction [4–9].

Ribavirin (Virazole®) is considered the “gold-standard” in the treatment of hepatitis C in
association with pegylated interferon-alpha (IFN-α) [10–13]. Tecadenoson and its congeners are
selective A1 receptor agonists, which have been investigated for their use against arrhythmia and
atrial fibrillation [14–16]. Cladribine (Litak®) has been approved for the treatment of symptomatic
tricoleukaemia (hairy-cell leukemia). It can act both as a chemotherapy drug and an immunosuppressive
agent. Clinical studies have also suggested its potential usefulness in the treatment of multiple
sclerosis [17,18]. Chemical structures of Ribavirin (1), Tecadenoson (2), and Cladribine (3) are reported
in Figure 1.

Figure 1. Ribavirin (1), Tecadenoson (2), Cladribine (3), 2-chloro-N6-cyclopentyladenosine or CCPA
(17), and Acadesine (18).

The synthesis of Ribavirin (1) has been achieved by both chemical and enzymatic approaches.
The established glycosylation route involves the reaction of peracetylated β-d-ribofuranose with methyl
1,2,4-triazole-3-carboxylate, followed by aminolysis. Despite the good yields (54–83%) as well as the
high regio- and stereoselectivity, high temperatures (135–170 ◦C) and high vacuum (15–55 mmHg) are
required for the formation of the glycosydic bond [19,20]. Interestingly, when the reaction was carried
out under slightly milder conditions (MW irradiation, 130 ◦C, 5 min and direct MPLC purification),
the overall yield of Ribavirin was only 35% [21].

The synthesis of Ribavirin (1) by enzymatic transglycosylation was performed both by using
whole cells (e.g., Escherichia coli, A. hydrophila, Enterobacter aerogenes, Enterobacter gergoviae) and isolated
PNPs [22–33]. Either natural nucleosides or the suitable sugar phosphates were used as the ribose
donor, resulting in variable yields (from 19% to 84%).

To date, the only synthetic strategy to obtain Tecadenoson (2) consists of nucleophilic substitution
on either 2′,3′,5′-tri-O-acetyl-6-chloroinosine or 6-chloroinosine with (R)-3-aminotetrahydrofurane or
its salts followed, when necessary, by deprotection with ammonia (reported yield: 68%) [34–36].
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The direct glycosylation of a proper purine base (typically 2,6-dichloropurine) with a protected
1-chloro or 1-acetate ribose is the key step in numerous chemical syntheses of Cladribine (3) which can
be obtained in variable yields ranging from 24% to 61% [37–39]. More elaborate multistep chemical
strategies were also reported: they are based on either the 2′-deoxygenation of preformed protected
adenosines [40,41], or the substitution with ammonia sources of purine nucleoside intermediates
activated in 6-position [42–46].

Also, for Cladribine, enzymatic glycosylation (i.e., enzyme-catalyzed formation of the glycosydic
bond) has been suggested as an alternative to the chemical route. Some examples of transglycosylation
based on the use of PNPs (from E. coli and Geobacillus thermoglucosidasius) in mono- or bi-enzymatic
processes have been reported [47,48].

While this research was ongoing, an E. coli PNP-catalyzed transglycosylation for the preparation
of 2′-deoxynucleosides, including Cladribine, was developed by Mikhailov and co-workers who
exploited a 7-methyl purine nucleoside iodide as the sugar donor [49].

The aim of this work was to enzymatically prepare Ribavirin, Tecadenoson, Cladribine, and
some congeners (2-chloro-N6-cyclopentyladenosine or CCPA, 17, and Acadesine or AICAR, 18,
see Figure 1), by exploiting the well-established relaxed substrate specificity of AhPNP [4–8]
through a “one-pot, one-enzyme” transglycosylation based on the use of 7-methylguanosine (7)
or 7-methyl-2′-deoxyguanosine iodide (8) as the sugar donor. It is worth noting that this route
represents the first enzymatic synthesis of Tecadenoson.

In this context, we explored the use of 7-methylguanine arabinoside iodide (9) (Scheme 1)
as the sugar donor for the synthesis of arabinosyl purine analogues such as the antiviral drug
Vidarabine, as an alternative scheme to both the conventional chemical synthesis and the bi-enzymatic
transglycosylation reaction [6].

Scheme 1. Reagents and conditions (yield): CH3I, DMF/DMSO (7: 87%; 9: 89%) or CH3I, DMSO, 20 ◦C
(8: 80%).

2. Results and Discussion

2.1. Synthesis of the Sugar Donors

The three sugar donors, i.e., 7-methylguanosine iodide (7), 7-methyl-2′-deoxyguanosine iodide
(8), and 7-methylguanine arabinoside iodide (9), were prepared by methylation of the corresponding
nucleosides (Scheme 1).

The choice of CH3I as the methylating agent and of the proper solvent (DMSO or a DMF/DMSO
mixture) led to the selective formation of the iodide salts at N-7 (Scheme 1). Light exposure during
the reaction at room temperature was avoided to prevent the decomposition of the final products,
which had to be stored at −20 ◦C until use. The stability of 7-methylated nucleosides in DMSO or
DMSO/DMF mixtures was found to depend on the nature of the sugar moiety, and posed a serious
issue in the synthesis of 7-methyl-2′-deoxyguanosine iodide (8), as highlighted by 13C NMR spectra
registered in DMSO-d6 (see Supplementary Materials, Figure S1). The methylation reaction was thus
performed by modifying a previously reported protocol [50] under controlled temperature (20 ◦C),

134



Catalysts 2019, 9, 355

short reaction time, and an excess of CH3I in order to avoid any decomposition of 8 in DMSO. Higher
temperatures (25–30 ◦C) and longer reaction times led to product decomposition.

No synthesis of 7-methylguanine arabinoside iodide (9) has been reported in the literature to date;
thus, the same strategy (CH3I in a DMSO/DMF mixture) was successfully applied to the methylation
of arabinosylguanine (6), thus affording 9 in 83% yield. In contrast to 8, 7-methylguanine arabinoside
iodide (9) was as stable as the corresponding ribo-derivative (7). No decomposition products were
detected both in DMSO/DMF and under bioconversion conditions (see below).

2.2. Synthesis of the Base Acceptors

The synthesis of 2-chloro-6-aminopurine (11), the base acceptor to prepare Cladribine (3),
was achieved by treatment of 2,6-dichloropurine (10) with NH3/MeOH under MW irradiation.
Following the same approach, the base acceptors of Tecadenoson (2) and its congener,
i.e., CCPA, were synthesized starting from 2,6-dichloropurine (10) or 6-chloropurine (13) and
(R)-3-aminotetrahydrofuran hydrochloride/LiOH/EtOH or cyclopentylamine/n-BuOH, respectively
(Scheme 2). Products were purified either by precipitation or by flash column chromatography in 35–69%
yield. 1,2,4-Triazole-3-carboxamide (15) and 5-amino-1H-imidazole-4-carboxamide (16) (see Scheme 3)
were commercially available.

Scheme 2. Synthesis of adenine acceptors (i: NH3, MeOH, 110 ◦C, MW, 66%; ii: c-C5H9NH2, n-BuOH,
reflux, 69%; iii: (R)-3-aminotetrahydrofuran hydrochloride, LiOH, EtOH, reflux, 35%).

 
Scheme 3. Synthesis of nucleoside analogues 1–3 and 17–18 by enzymatic transglycosylation.

2.3. “One-Pot, One-Enzyme” Transglycosylations

“One-pot one-enzyme” transglycosylations were carried out starting from either
7-methylguanosine iodide (7) or 7-methyl-2′-deoxyguanosine iodide (8) as the sugar donors for
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the synthesis of the APIs 1–2 and 3, respectively (see Scheme 3). As previously reported for nucleoside
7 [4,7], also the phosphorolysis reaction of 8 was almost complete and irreversible. In fact, the conjugated
nucleobase of these nucleosides (7-methylguanine, 19, see Scheme 3) was not recognized by AhPNP as
a substrate, thus assisting the shift of the reaction equilibrium toward the product formation.

Transglycosylation reactions occur under very mild conditions, generally in phosphate buffer
at room temperature. The typical drawback of enzymatic reactions is the need to conjugate the poor
solubility of substrates in aqueous media with the stability of the biocatalysts in organic solvent.
Starting from a reaction set-up established in our labs, glycerol was used as the co-solvent in
order to improve the substrate solubility and to preserve the enzyme activity (glycerol is routinely
used as a protein preservative). Only in the case of Cladribine (3), DMSO was added as a second
co-solvent besides glycerol (1 mL, 5% of the total volume) to overcome the very poor solubility of
2-chloro-6-aminopurine (11). As previously reported [8], the use of DMSO is quite well tolerated
by AhPNP.

As for the solubility issue, 7-methyl purine nucleosides are highly water soluble and their use
as the sugar donors is, indeed, a true advantage. On the other hand, the conjugated base of these
nucleosides (7–9), i.e., 7-methylguanine (19), is poorly water soluble and easily separates out the
reaction, thus giving a further contribution to drive the reaction equilibrium. No less important, a further
strength-point of 7-methyl purine nucleosides as the sugar donor relies on their straightforward and
high-yielding preparation (see Section 2.1).

All reactions were carried out in 50 mM phosphate buffer (pH 7.5) containing 20% of glycerol (v/v)
at room temperature (Scheme 3). Bioconversions were performed at an analytical scale (1 mM substrate
concentration) by using a 1:1 donor/acceptor ratio. Reactions were monitored both by measuring the
depletion of the nucleobase acceptor as well as the formation of the new nucleoside (see Materials
and Methods). Conversions (end-point: 24 h) are reported in Table 1. All the HPLC peaks were
assigned on the basis of the pure reference compounds, either purchased or synthesized (see Materials
and Methods).

Table 1. Synthesis of the target nucleosides 1–3 and 17–18 by enzymatic transglycosylation. 1

X 2 B-H 2 Product Conversion

OH 15 1 (Ribavirin) 67%
OH 14 2 (Tecadenoson) 49%
H 11 3 (Cladribine) 56% 3

OH 12 17 (CCPA) 52% 3

OH 16 18 (Acadesine) n.d.
1 Experimental conditions: 50 mM KH2PO4, pH 7.5, and glycerol (20%), (substrate) = 1 mM, 1:1 donor/acceptor
ratio, r.t., AhPNP (21.5 mg mL−1; 39 IU mg−1) = 1.15 IU or 80 IU; time monitoring (HPLC): 1, 3, 6, and 24 h, endpoint
= 24 h. 2 X and B-H as in Scheme 3. 3 For the synthesis of 3 and 17, DMSO (5% or 10% v/v, respectively) was used as
the second co-solvent besides glycerol. n.d. = not detected.

As recalled in the Introduction, the synthesis of nucleoside-based APIs by an enzymatic
transglycosylation reaction has been investigated by many authors (for a comprehensive review,
see References [3,51]; for a recent example see Reference [52]). However, the enzymatic synthesis of
Tecadenoson has been reported herein for the first time (see Supplementary Materials, Figure S7).
Taking into account this result and the evidence that AhPNP can accept a wide array of 6-substituted
purines as substrates, we also successfully synthesized CCPA (17), the congener of Tecadenoson
(Scheme 3). In this case, as the base acceptor (12) was not soluble in the buffer–glycerol mixture even
in the presence of 5% DMSO (as applied in the synthesis of Cladribine), the biotransformation was
carried out in a sort of “fed batch” mode. A 10 mM stock solution of 12 in DMSO was progressively
added to the reaction upon monitoring the rate of phosphorolysis and the transglycosylation reaction
(see Supplementary Materials, Figure S5). The final percentage of DMSO was 10% v/v. It is worth
reporting that a large excess of AhPNP was used in this case, as the formation of the target nucleoside
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was hardly detectable when using 1.15 U of enzyme. This result prompted us to further extend this
approach to the synthesis of other ribo-derivatives such as Acadesine (or AICAR, 18), a congener of
Ribavirin. This reaction was performed under standard conditions (glycerol–buffer) by using the same
excess of AhPNP as for CCPA. At this stage of the project, in fact, the goal was to assess whether the
biocatalyst could synthesize Acadesine. Surprisingly, whereas in the case of Ribavirin a conversion
of 67% was registered after 24 h, the formation of Acadesine was not observed (see Supplementary
Materials, Figures S4 and S6).

As it is well known, the chemical route to purine 2′-deoxyribonucleosides is even more challenging
than that to its ribo-counterparts [2]. Therefore, the availability of 7-methyl-2′-deoxyguanosine iodide
would represent a valuable tool for an alternative synthetic approach, as proven by the bioconversion of
Cladribine (see Table 1). However, this sugar donor was found to be less stable than 7-methylguanosine
iodide in aqueous medium, in agreement with a very recent report by Mikhailov et al. [49]. We have
found that this molecule is unstable also in DMSO at room temperature, as indicated from the
appearance of extra signals in the 13C NMR spectrum recorded at two-hour intervals in DMSO,
clearly showing that the decomposition of the nucleoside had occurred (see Supplementary Materials,
Figure S1). Dimethyl sulfoxide was used in the synthesis of Cladribine (3) as the second co-solvent.
The evidence of the poor stability of 7-methyl-2′-deoxyguanosine iodide both in buffer solutions and
in DMSO makes this molecule a substrate which is difficult to handle in preparative applications.

As a natural continuation of this study, our efforts were then focused on the synthesis of arabinosyl
purine nucleosides by using the newly prepared 7-methylguanine arabinoside iodide (9) as the sugar
donor. Vidarabine (arabinosyladenine) was selected as the target API as its enzymatic synthesis,
although through a bi-enzymatic approach [6,9], it was successfully achieved even at a preparative
scale with a good yield and purity (3.5 g/L, 53% yield, 98.7% purity). Surprisingly, when using
7-methylguanine arabinoside iodide (9), neither phosphorolysis, nor transglycosylation, thereof,
were observed. This result suggests the need for a deeper understanding of the structural requisites for
the enzyme-substrate molecular recognition; this is a necessary step to rationalize all the data collected
over the years about the substrate specificity of AhPNP as well as to further widen the exploitation of
this enzyme in the bio-catalyzed synthesis of modified nucleosides, also at a preparative scale. In this
regard, taking into account that the synthesis of Ribavirin (1), Tecadenoson (2), and Cladribine (3) were
performed under screening conditions by using a 1:1 donor/acceptor ratio, conversions values were
remarkable (≥50%) and foresee considerable room for improvement.

3. Materials and Methods

3.1. General

3.1.1. Chemicals

Solvents and reagents were purchased from Sigma–Aldrich (Milano, Italy), Fluorochem (Hadfield,
Derbyshire, UK), Fluka (Milwaukee, WI, USA), Merck (Darmstadt, Germany), and were used without
any further purification, unless stated otherwise. Dichloromethane (CH2Cl2), chloroform (CHCl3),
acetone, methanol (MeOH), and ethanol (EtOH) were distilled before use. All other solvents were of
HPLC grade.

Purine nucleoside phosphorylase from Aeromonas hydrophila (AhPNP) was provided by
Gnosis S.p.A. (Desio, MB, Italy). Specific activity toward inosine was 39 IU·mg−1 (stock solution
21.5 mg·mL−1) [4]. One IU corresponded with an amount of enzyme that converts one mmol of inosine
into hypoxanthine per min.

3.1.2. Methods

Analytical TLC was performed on silica-gel F254 precoated aluminum sheets (0.2 mm layers,
Merck, Darmstadt, Germany). Elution solvent: CH2Cl2–MeOH, 9:1. Detection: UV lamp (λ 254 nm)
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and 4.5% w/v CeSO4/(NH4)6Mo7O24·4H2O solution or 5% w/v ninhydrin solution in EtOH followed by
heating at 150 ◦C.

Flash column chromatography was performed using silica gel 60, 40–63 μm (Merck, Darmstadt,
Germany). Reaction performed by microwave (MW) irradiation (300 W) were run in a Biotage Initiator
+ apparatus (Biotage, Uppsala, Denmark).

1H and 13C spectra were recorded at 400.13 and 100.61 Hz, respectively, on a Bruker AVANCE
400 spectrometer equipped with a TOPSPIN software package (Bruker, Karlsruhe, Germany) at 300 K,
unless stated otherwise. 1H and 13C chemical shifts (δ) are given in parts per million and were
referenced to the solvent signals (δH 3.31–δC 49.00, δH 2.50–δC 39.52 ppm from tetramethylsilane
(TMS) for CD3OD and DMSO-d6, respectively). The 13C NMR signal multiplicities were based on APT
(attached proton test) spectra. The 13C NMR signals were assigned with the aid of 1H-13C correlation
experiments (heteronuclear multiple quantum correlation spectroscopy, HMQC, and heteronuclear
multiple bond correlation spectroscopy, HMBC).

Electrospray ionization mass spectra (ESI-MS) were recorded on a ThermoFinnigan LCQ
Advantage spectrometer (Hemel Hempstead, Hertfordshire, UK).

The pH measurements were performed by using a 718 Stat Titrino pHmeter from Metrohm
(Herisau, Switzerland).

Enzymatic reactions were monitored by HPLC using a Merck Hitachi L-7000 La-Chrom liquid
chromatographer equipped with a UV-Vis detector, an autosampler (injection volume: 20 μL),
and a column oven (instrument 1), or a Chromaster 600 bar system, Merck Hitachi VWR equipped
with a UV-Vis detector, an autosampler (injection volume: 20 μL), and a column oven (instrument 2).

Chromatographic conditions: column, Phenomenex Gemini C18 (5 μm, 250 × 4.6 mm, Supelco)
or SepaChrom C18-Extreme (5 μm, 250 × 4.6 mm); flow rate: 1.0 mL·min−1; λ: 260 nm
(225 nm for Ribavirin synthesis); temperature: 35 ◦C; eluent: 50 mM K2HPO4 buffer pH 4.5
(A) and MeOH (B); method: from 3% to 65% B (20 min), 65% B (5 min), from 65% to 3% B
(0.1 min), 3% B (15 min). Under these conditions the following retention times (tR) were
registered: 7-methylguanosine iodide (7) (6.64 min); 7-methyl-2′-deoxyguanosine iodide (8) (7.20 min);
Ribavirin (1) (4.53 min); 1,2,4-triazole-3-carboxamide (15) (3.25 min); Tecadenoson (2) (19.32 min);
6-(3-aminotetrahydrofuranyl)purine (14) (17.46 min); Cladribine (3) (18.62 min); 2-chloro-6-aminopurine
(11) (15.16 min); CCPA (17) (26.39 min); 2-chloro-N6-cyclopentyladenine (12) (27.60 min); Acadesine
or AICAR (18) (6.47 min); 5-amino-1H-imidazole-4-carboxamide (16) (3.72 min); 7-methylguanine
(19) (7.97–8.06 min). Retention times of CCPA (17) and 7-methylguanine (19) were assigned by
exclusion, upon analyzing the profile of each chromatogram. The samples from the enzymatic
reactions were analyzed after filtering off the enzyme through centrifugal filter devices (10 kDa MWCO,
VWR International, Milano, Italy).

3.2. Chemical Synthesis of Sugar Donors

7-Methylguanosine iodide (7). The title compound was synthesized in 87% yield as previously
reported [4]. 7-Methyl-2′-deoxyguanosine iodide (8). The title compound was prepared following
a published procedure with some modifications [50]. Under inert atmosphere, a solution of 5 (160 mg,
0.60 mmol, 1.00 equivalent), and CH3I (0.30 mL, 4.82 mmol, 8.03 equivalent) in dry DMSO (1.20 mL)
was stirred at 20 ◦C for 4 h 30′. The mixture was continuously protected from light exposure, and as the
solution slowly turned brown-red, the substrate disappearance was monitored by TLC (EtOH–H2O,
4:1; Rf = 0.80). Cold CHCl3 (15 mL) was added to precipitate a pale-yellow powder and the suspension
was decanted at 0 ◦C for 2 h. The precipitate was filtered, washed with cold CHCl3, and dried to get 8 as
an off-white powder, which was stored at −20 ◦C (197 mg, 0.48 mmol, 80%). Rf: 0.21 (EtOH–H2O, 4:1).
HPLC tR: 7.20 min. 1H NMR (DMSO-d6, 400 MHz): δ (ppm) 11.67 (s, 1H, NH1), 9.28 (s, 1H, H8),
7.18 (br s, 2H, N2H2), 6.20 (t, J = 6.0 Hz, 1H, H1′), 5.40 (br s, 1H, OH3′), 4.98 (br s, 1H, OH5′), 4.37
(dd, J = 9.1, 4.6 Hz, 1H, H3′ ), 4.00 (s, 3H, N7CH3), 3.93 (q, J = 3.9 Hz, 1H, H4′ ), 3.62 (dd, J = 12.1, 4.2 Hz,
1H, H5′a, partially overlapped with H5′b), 3.57 (dd, J = 12.1, 4.2 Hz, 1H, H5′b, partially overlapped with

138



Catalysts 2019, 9, 355

H5′a), 2.55–2.47 (m, 1H, H2′a, partially covered by DMSO), 2.40 (ddd, J = 13.4, 6.2, 4.8 Hz, 1H, H2′b).
13C NMR (DMSO-d6, 100 MHz): δ (ppm) 156.0 (C2), 153.9 (C6), 149.3 (C4), 136.7 (C8), 108.1 (C5), 89.1
(C4′ ), 85.8 (C1′ ), 70.2 (C3′ ), 61.3 (C5′ ), 40.5 (C2′ , partially covered by DMSO), 36.1 (N7CH3). MS (ESI+):
m/z calcd. for [C11H16N5O4]+: 282.12; found: 166.3 [M-2′-deoxyribosyl]+, 282.1 [M]+, 305.3 [M + Na]+,
563.7 [2M]+. MS (ESI−): m/z calcd. for [I]−: 126.91; found: 127.2 [M]−.

7-Methylguanine arabinoside iodide (9). Under inert atmosphere, a solution of 6 (100 mg,
0.35 mmol. 1.00 equivalent), synthesized as previously reported [53], and CH3I (0.14 mL, 2.25 mmol,
6.43 mmol) in a dry DMF/DMSO mixture (3:1 v/v, 1.00 mL) was stirred at room temperature for 6 h.
The mixture was continuously protected from light exposure, and as the solution slowly turned yellow,
the substrate disappearance was monitored by TLC (EtOH–H2O, 7:3; Rf = 0.83). The mixture was
diluted with H2O (50 mL) and freeze-dried until complete removal of DMSO. The resulting pale-yellow
crude was suspended in dry acetone (2.5 mL), filtered, washed with few cold dry acetone, and dried
to get 9 as an off-white powder, which was stored at −20 ◦C (133 mg, 0.31 mmol, 89%). Rf: 0.53
(EtOH–H2O, 7:3). 1H NMR (DMSO-d6, 400 MHz):δ (ppm) 11.68 (br s, 1H, NH1), 9.22 (s, 1H, H8),
7.21 (br s, 2H, N2H2), 6.17 (d, J = 4.3 Hz, 1H, H1′), 5.82 (d, J = 5.3 Hz, 1H, OH2′), 5.64 (d, J = 4.3 Hz,
1H, OH3′), 5.04 (t, J = 5.4 Hz, 1H, OH5′), 4.17 (dd, J = 8.6, 4.4 Hz, 1H, H2′), 4.11 (dd, J = 7.5, 3.7 Hz,
1H, H3′), 4.06 (s, 3H, N7CH3), 3.90 (dd, J = 8.9, 5.1 Hz, 1H, H4′), 3.70 (dd, J = 11.5, 5.0 Hz, 1H, H5′a,
partially overlapped with H5′b), 3.64 (dd, J = 11.6, 5.4 Hz, 1H, H5′b, partially overlapped with H5′a).
13C NMR (DMSO-d6, 100 MHz): δ (ppm) 156.2 (C2), 153.8 (C6), 149.6 (C4), 137.8 (C8), 107.6 (C5), 86.5
(C4′ ), 86.0 (C1′ ), 75.5 (C2′ ), 75.4 (C3′ ), 61.3 (C5′ ), 36.1 (N7CH3). MS (ESI+): m/z calcd. for [C11H16N5O5]+:
298.11; found: 166.2 [M-arabinosyl]+, 297.1 [M −H]+, 298.0 [M]+. MS (ESI−): m/z calcd. for [I]−: 126.91;
found: 127.1 [M]−.

3.3. Chemical Synthesis of Base Acceptors and Tecadenoson

2-Chloro-6-aminopurine (11). The title compound was prepared following a published procedure
with some modifications [54]. Under inert atmosphere, a solution of 10 (113 mg, 0.60 mmol,
1.00 equivalent) in a 30% aq. NH3–MeOH mixture (2:3 v/v, 11.3 mL) was stirred under MW irradiation
at 110 ◦C for 14 h. The solution was evaporated and the resulting light-blue solid was suspended in H2O.
The precipitate was filtered and dried to get 11 as a white powder (67 mg, 0.40 mmol, 66%).1H NMR
(DMSO-d6, 400 MHz): δ (ppm) 8.13 (s, 1H, H2), 7.62 (s, 2H, NH2). 13C NMR (DMSO-d6, 100 MHz):
δ (ppm) 156.1, 153.8, 140.8. MS (ESI+): m/z calcd. for [C5H4ClN5]+: 169.02; found: 507.31 [3M]+.
MS (ESI−): m/z calcd. for [C5H4ClN5]−: 169.02; found: 168.13 [M − H]−.

2-Chloro-N6-cyclopentyladenine (12). The title compound was prepared following a published
procedure with some modifications [55]. Under inert atmosphere, a suspension of 10 (142 mg,
0.75 mmol, 1.00 equivalent), cyclopentylamine (0.22 mL, 2.25 mmol, 3.00 equiv) in dry n-BuOH
(1.50 mL) was refluxed for 4 h. The solvent was evaporated and the resulting crude was purified
by flash chromatography (CH2Cl2–MeOH, 9.7:0.3) to get 12 as a white powder (191 mg, 0.52 mmol,
69%). Rf: 0.33 (CH2Cl2–MeOH, 9.7:0.3). 1H NMR (CD3OD, 400 MHz): δ (ppm) 8.04 (s, 1H, H8),
4.56 (br s, 1H, Ha), 2.33–2.05 (m, 2H, Hb), 1.83 (qd, J = 10.5, 8.8, 5.0 Hz, 2H, Hb), 1.78–1.68 (m, 2H, Hc),
1.63 (ddt, J = 14.0, 8.1, 5.2 Hz, 2H, Hc). 13C NMR (CD3OD, 100 MHz): δ (ppm) 153.5, 139.6, 112.2, 52.0,
32.4, 23.9. MS (ESI+): m/z calcd. for [C10H12ClN5]+: 237.08; found: 259.99 [M + Na]+.

6-(3-Aminotetrahydrofuranyl)purine (14). Under inert atmosphere, a suspension of 13 (154 mg,
1.00 mmol, 1.00 equivalent), (R)-3-aminotetrahydrofuran hydrochloride (595 mg, 6.00 mmol,
6.00 equivalent) and LiOH (250 mg, 6.00 mmol, 6.00 equivalent) in EtOH (3.5 mL) was refluxed for 6 h.
The solution was evaporated and the residue was purified by flash chromatography (CH2Cl2–MeOH,
9.3:0.7) to get 14 as a white powder (72 mg, 0.35 mmol, 35%). 1H NMR (CD3OD, 400 MHz): δ (ppm)
8.28 (s, 1H, H2), 8.10 (s, 1H, H8), 4.92–4.79 (m, 1H, Ha), 4.16–3.99 (m, 2H, Hb, Hc), 3.91 (td, J = 8.4, 5.5 Hz,
1H, Hc), 3.81 (dd, J = 9.2, 3.4 Hz, 1H, Hb), 2.41 (ddt, J = 13.0, 8.2, 7.2 Hz, 1H, Hd), 2.04 (dddd, J = 13.0,
7.6, 5.4, 3.7 Hz, 1H, Hd). 13C NMR (CD3OD, 100 MHz): δ (ppm) 152.3, 73.0, 66.7, 51.4, 32.4. MS (ESI+):
m/z calcd. for [C9H11N5O]+: 205.10; found: 206.05 [M + H]+, 228.06 [2M + Na]+.
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Tecadenoson (2). The title compound was prepared following a published procedure with some
modifications [35]. Under inert atmosphere, a suspension of 6-chloroinosine (143 mg, 0.50 mmol,
1.00 equivalent), (R)-3-aminotetrahydrofuran hydrochloride (148 mg, 1.50 mmol, 3.00 equivalent) and
triethylamine (0.21 mL, 1.50 mmol, 3.00 equivalent) in EtOH (4.0 mL) was refluxed for 4 h. The solution
was evaporated and the residue was purified by flash chromatography (CH2Cl2–MeOH, 9:1) to get 2

as a white powder (93 mg, 0.28 mmol, 55%). 1H NMR (DMSO-d6, 400 MHz): δ (ppm) 8.39 (s, 1H, H2),
8.24 (s, 1H, H8), 8.14–7.93 (m, 1H, N6H), 5.90 (d, J = 6.1 Hz, 1H, H1′ ), 5.45 (s, 1H, OH2′ ), 5.37 (t, J = 5.6 Hz,
1H, OH5′), 5.19 (s, 1H, OH3′), 4.72 (s, 1H, NH6), 4.61 (t, J = 5.5 Hz, 1H, H2′), 4.15 (s, 1H, H3′), 4.10
(q, J = 5.2 Hz, 3H, Ha, Hb, Hc), 4.01–3.83 (m, 1H, H3′ ), 3.84–3.43 (m, 3H, H4′ , Hb, Hc), 2.20 (dq, J = 14.6,
7.6 Hz, 1H, Hd), 2.04 (br, 1H, Hd). 13C NMR (DMSO-d6, 100 MHz): δ (ppm) 153.2, 151.9, 87.5, 85.9, 72.4,
71.0, 66.5. MS (ESI+): m/z calcd for [C14H19N5O5]+: 337.14; found: 360.04 [M + Na]+.

3.4. Enzymatic Synthesis of Nucleoside Analogues: General Procedure of Transglycosylation Reactions

Purine nucleoside phosphorylase from A. hydrophila (1.15 or 80 IU) was added to a solution of
50 mM KH2PO4 buffer pH 7.5 and 20% (v/v) glycerol containing 7 or 8 (1 mM) and the modified
nucleobase B-H (1 mM, see Table 1). In the case of Cladribine (3) and CCPA (17), DMSO was added
as the second co-solvent (5% or 10% v/v, respectively). The final reaction volume was 20 mL or 5 mL.
The mixture was gently stirred (rolling shaker) at room temperature. Aliquots (200 μL) of the reaction
mixture were withdrawn at fixed times (1, 3, 6, 24 h), and filtered by centrifugation (MWCO 10 kDa,
5 min, 12,000 rpm). The supernatant was diluted 1:4 with the mobile phase and analyzed by HPLC
(injection volume: 20 μL). Conversions were estimated by Equations (1) and (2):

Base consumption (%) =
base area

base area + nucleoside area
×100 (1)

Nucleoside formation (%) =
nucleoside area

base area + nucleoside area
×100 (2)

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/9/4/355/s1,
Figure S1: 13C-NMR monitoring of 7-methyl-2′-deoxyguanosine iodide (8) stability, Figure S2: 1H-NMR and
13C-NMR spectra of 7-methylguanine arabinoside iodide (9), Figure S3: 1H-NMR spectrum of Tecadenoson (2),
Figure S4: HPLC monitoring of the enzymatic synthesis of Ribavirin (1), Figure S5: HPLC monitoring of the
enzymatic synthesis of CCPA (17), Figure S6: HPLC monitoring of the enzymatic synthesis of Acadesine (18),
Figure S7: HPLC monitoring of the enzymatic synthesis of Tecadenoson (2).
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Abstract: The stereoselective synthesis of chiral amines is an appealing task nowadays. In this
context, biocatalysis plays a crucial role due to the straightforward conversion of prochiral and
racemic ketones into enantiopure amines by means of a series of enzyme classes such as amine
dehydrogenases, imine reductases, reductive aminases and amine transaminases. In particular,
the stereoselective synthesis of 1,5-benzoxathiepin-3-amines have attracted particular attention
since they possess remarkable biological profiles; however, their access through biocatalytic
methods is unexplored. Amine transaminases are applied herein in the biotransamination of
3,4-dihydro-2H-1,5-benzoxathiepin-3-one, finding suitable enzymes for accessing both target amine
enantiomers in high conversion and enantiomeric excess values. Biotransamination experiments have
been analysed, trying to optimise the reaction conditions in terms of enzyme loading, temperature
and reaction times.

Keywords: amine transaminases; asymmetric synthesis; benzoxathiepins; biocatalysis; biotransamination;
stereoselective synthesis

1. Introduction

We have reported several (RS)-benzo-fused seven-membered rings with oxygen and sulfur atoms
in 1,5 relative positions with interesting anti-proliferative activities against the MCF-7 cancer cell line.
The most active compounds are 1 and 2 [1] (Figure 1). Other compounds, such as 3 [2] and 4 [3], exhibited
more potent anti-ischemic effects than reference compounds, whilst 5 can be the prototype for the design of
more potent anti-proliferative agents [4] (Figure 1). The (3R)-3,4-dihydro-2H-1,5-benzoxathiepin-3-amine
core appears in red in compounds 3–5 (Figure 1). Such a (3R)-amino-1,5-benzoxathiepin scaffold has been
obtained from L-cystine ((2R)-2-amino-3-[[(2R)-2-amino-2-carboxyethyl]disulfanyl]propanoic acid) [4,5].
The incorporation of α-amino acids into heterocyclic structures is an effective strategy for generating
numerous peptidomimetics and combinatorial library scaffolds.

Catalysts 2018, 8, 470; doi:10.3390/catal8100470 www.mdpi.com/journal/catalysts144
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Figure 1. Benzo-fused seven-membered rings with oxygen and sulphur atoms in 1,5 relative positions
(1–5) with interesting biological properties [1–5]. The (3R)-3,4-dihydro-2H-1,5-benzoxathiepin-3-amine
core appears in red in compounds 3–5.

Due to the fact that the primary amine is a key functional group in all areas of chemistry,
methods to generate molecules containing primary amine groups are of intense interest and
impact on many research fields. The use of enzymes in organic synthesis has gained maturity
in the last few decades, since the advances in enzyme immobilisation, modification and rational
design allow for the application of improved biocatalysts for the development of a wide variety of
stereoselective transformations [6–10]. In this context, the synthesis of chiral amines is particularly
challenging, with the conversion of prochiral ketones into optically active amines receiving great
attention in recent years [11–14] by using mainly imine reductases [15–17] and amine transaminases
(ATAs) [18–23]. Taking into account the potential of ATAs in the single biotransamination of cyclic
ketones [24–32], even as part of multienzymatic sequences [33–38], but especially since they have
served as valuable biocatalysts in the production of pharmacologically active products [39–43],
we have focused herein our efforts in the pursuit of an efficient biotransamination protocol for
3,4-dihydro-2H-1,5-benzoxathiepin-3-one (6).

2. Results and Discussion

The synthesis of the benzo-fused seven-membered ketone 6 is depicted in Scheme 1.
2-Mercaptophenol was alkylated with two equivalents of ethyl bromoacetate in refluxing acetone in the
presence of dry potassium carbonate to give diester 7 (83%). Examination of the Dieckmann reaction
of 3 showed that the reaction occurred smoothly when sodium ethoxide/ethanol was used as a base
in dry tetrahydrofuran (THF) to give ethyl 3-oxo-3,4-dihydro-2H-1,5-benzothiepin-4-carboxylate 8

as the sole cyclised product in 90% yield. Decarboxylation of the β-ketoester 4 in boiling acetic
acid containing aqueous sulfuric acid gave the 3,4-dihydro-2H-1,5-benzothiepin-3-one (6, 60%).
Regioselectivity of the Dieckmann cyclisation was deduced based on the 1H-NMR (CDCl3) spectral
data of the resulting product 8, which exhibited two doublets (integrating each one for 1H) at
δ 4.88 and 4.59 ppm (J = 17.5 Hz) assignable to the geminal methylene protons adjacent to the oxygen
atom in the seven-membered ring. Compounds 7 and 8 have not been described previously, whilst
ketone 6 was reported formerly by Sugihara et al. [44].
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Scheme 1. Chemical synthesis of 3,4-dihydro-2H-1,5-benzoxathiepin-3-one 6.

Due to the amine transaminases catalytic mechanism, which involves two pairs of ketones
and amines in equilibrium, the reductive amination of the substrate must be thermodynamically
favoured in order to obtain high yields of the desired product [45,46]. In order to displace the
equilibrium towards amine formation, the removal of the generated co-products by coupling different
multienzyme networks is often required [20], but also worth noting is the use of sacrificial substrates,
which normally range from the use of a large excess of a commercially available amine donor, typically
isopropylamine [47], to “smart cosubstrates”, mainly diamines, in a stoichiometric amount that are able
to drive equilibrium by spontaneous cyclisation or aromatisation reactions [31,48–50]. Promisingly,
we have found a favourable ΔG of -31.0 kJ/mol (calculated at M06-2X/6-311++G(3df,2p) level;
see Section 3.8) for the transamination of 6 to 9 when using isopropylamine and acetone is formed as a
by-product, probably due to ring strain instability. Figure 2 shows the charge density of the optimised
geometry of the ketone 6, where steric and electronic differences between the two substituents of the
carbonyl group can be observed. This prompted us to study the biocatalytic process in depth.

 
Figure 2. Optimised geometry of 3,4-dihydro-2H-1,5-benzoxathiepin-3-one (6): electronic isodensity
contour (left); colour-mapped with the electrostatic potential (right), where red and blue zones are
related to the electrophilic and nucleophilic zones of the molecule, respectively.

The biotransamination of 3,4-dihydro-2H-1,5-benzoxathiepin-3-one (6, 20 mM) was then studied
in standard conditions previously employed in our research group [46,51]. These settings include the
use of a large excess of isopropylamine as amine donor (1 M), pyridoxal 5’-phosphate (PLP, 1 mM) as
cofactor, a 100 mM phosphate buffer pH 7.5 with acetonitrile (5% v/v) as cosolvent to favour the ketone
solubility, at 30 ◦C and 250 rpm for 20 h (Scheme 2). Three different types of enzymes were employed:
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(a) lyophilised Escherichia coli cells containing overexpressed ATAs; (b) commercially available ATAs
from Codexis Inc.; (c) commercially available ATAs from Enzymicals AG.

 
Scheme 2. Biotransamination of 3,4-dihydro-2H-1,5-benzoxathiepin-3-one (6) into amine 9, using ATAs.

Initially, for the biotransamination experiments made in house ATAs were used, all of them
overexpressed in Escherichia coli. Some of them, such as the ones from Chromobacterium violaceum [52] or
Arthrobacter species [53], displayed very low activity (<5%), while others such as Arthrobacter citreus [54]
or the Arthrobacter species evolved variant named ArRmut11 [55] provided almost quantitative
conversion but moderate (74% ee) or negligible stereoselectivity, respectively. Trying to improve
both activity and selectivity values, commercially available ATAs were employed from two different
commercial sources (Codexis Inc. and Enzymicals AG).

To start with, 30 Codexis enzymes were employed (Table 1), and we found that 19 of them led to
the complete disappearance of the starting ketone. Remarkably, four enzymes from this kit provided
the desired amine 9 in optical purities over 80% ee, the ATA-200 conducting to the (S)-9 (entry 8), while
the TA-P1-B04, TA-P1-F03 and TA-P1-G05 gave access to its amine antipode (entries 23, 24 and 26).

Table 1. Biotransamination of ketone 6 using Codexis ATAs a.

Entry Enzyme Conversion (%) b ee (%) c

1 ATA-7 <1 n.d.
2 ATA-13 30 n.d.
3 ATA-24 93 <1
4 ATA-25 96 <1
5 ATA-33 >99 <1
6 ATA-113 13 n.d.
7 ATA-117 2 n.d.
8 ATA-200 >99 85 (S)
9 ATA-217 6 n.d.
10 ATA-234 4 n.d.
11 ATA-237 >99 41 (S)
12 ATA-238 4 n.d.
13 ATA-251 >99 72 (S)
14 ATA-254 >99 56 (S)
15 ATA-256 >99 63 (S)
16 ATA-260 >99 79 (S)
17 ATA-301 >99 7 (S)
18 ATA-303 >99 <1
19 ATA-412 >99 55 (S)
20 ATA-415 >99 <1
21 TA-P1-A01 >99 62 (R)
22 TA-P1-A06 >99 50 (R)
23 TA-P1-B04 >99 82 (R)
24 TA-P1-F03 >99 90 (R)
25 TA-P1-F12 >99 28 (R)
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Table 1. Cont.

Entry Enzyme Conversion (%) b ee (%) c

26 TA-P1-G05 >99 93 (R)
27 TA-P1-G06 >99 67 (R)
28 TA-P2-A01 4 n.d.
29 TA-P2-A07 60 16 (S)
30 TA-P2-B01 99 19 (R)

a For reaction details, see Section 3.6. b Conversion values measured by GC analyses of the reaction crudes.
c Enantiomeric excess (ee) of amine 9 determined by HPLC analyses after derivatisation of the reaction crude. These
ee values were calculated for those reactions with conversions over 30% (n.d.: not determined).

Using the best found enzyme, TA-P1-G05 (entry 26, >99% conversion and 93% ee), the transamination
of 6 was followed over time using two enzyme loadings (90% and 45% w/w enzyme vs. ketone); we
observed a very fast conversion in the first 2 h and then a slower rate until complete depletion of the
substrate occurred, after 6 h or 24 h, respectively (Figure 3).
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Figure 3. Study of the enzymatic transamination of ketone 6 with TA-P1-G05 over time employing:
( ) 90% of enzyme loading (w/w) or ( ) 45% of enzyme loading (w/w vs. 6).

Eight enzymes from Enzymicals AG were employed (Table 2), finding in three cases an amine
with over 90% ee (entries 3, 7 and 8). Interestingly, the ATA08 from Silicibacter pomeroyi allowed the
quantitative conversion of the ketone into the amine (R)-9 (entry 7).

Table 2. Biotransamination of ketone 6 using Enzymicals AG ATAs a.

Entry Enzyme Conversion (%) b ee (%) c

1 ATA01 Aspergillus fumigatus 9 n.d.
2 ATA02 Gibberella zeae <1 n.d.
3 ATA03 Neosartorya fischeri 29 90 (S)
4 ATA04 Aspergillius oryza 2 n.d.
5 ATA05 Aspergillius terreus 8 n.d.
6 ATA06 Penicillium chrysogenum <1 n.d.
7 ATA07 Mycobacterium vanbaalenii 20 95 (S)
8 ATA08 Silicibacter pomeroyi >99 91 (R)

a For reaction details, see Section 3.6. b Conversion values measured by GC analyses of the reaction crudes.
c Enantiomeric excess of amine 9 determined by HPLC analyses after derivatisation of the reaction crude. These
values were calculated for those reactions with conversions over 20% (n.d.: not determined).
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In order to improve the conversion values towards the amine (S)-9 the ATA03 Neosartorya fischeri
(entry 3) and ATA07 Mycobacterium vanbaalenii (entry 7) were selected for optimization studies. So,
new experiments were developed that includes the decrease of the substrate concentration, the use
of longer reaction times, higher temperatures and enzyme loadings, and the performance of the
biotransaminations without an organic cosolvent (Table 3). Interestingly, the best results were found
when no cosolvent was employed, suggesting a deactivation of both enzymes in the presence of even
low amounts of the organic solvent (MeCN, 5% v/v). In particular, the reduction of the substrate
concentration from 20 to 10 mM of ketone 6 allowed higher conversions, although this limited its
practical application. In addition, prolonged reaction times led to better conversions, while the use of
higher temperatures led to a significant deactivation of the enzyme.

Table 3. Optimisation of the biotransamination of ketone 6 using selected enzymes a.

Entry Enzyme [6] (mM) Cosolvent b T (◦C) t (h) c (%) c

1 ATA03 Neosartorya fischeri 20 MeCN (5%) 30 20 29
2 ATA03 Neosartorya fischeri 10 none 30 48 86
3 ATA07 Mycobacterium vanbaalenii 20 MeCN (5%) 30 20 20
4 ATA07 Mycobacterium vanbaalenii 10 none 30 20 73
5 ATA07 Mycobacterium vanbaalenii 20 none 45 48 43

6 d ATA07 Mycobacterium vanbaalenii d 20 none 30 65 91

a For reaction details, see Section 3.6. b Concentration values in v/v % indicated in brackets. c Conversion values
measured by GC analyses of the reaction crudes. d Double the amount of enzyme was used (4 mg, 180% w/w).

Focusing on the scaling up of the biotransformations, we decided to move to higher substrate
concentrations (50 mM of ketone) in order to produce a significant amount of the optically active
amine (R)-9, which is a precursor of organic molecules with interesting biological profiles [2–5]. In this
case, 225 mg of 6 were used, selecting TA-P1-G05 (entry 26, Table 1) as the ideal candidate since in
standard conditions the amine (R)-9 was formed in complete conversion and good selectivity (93% ee).
The enzyme loading was reduced from an initial 90% w/w enzyme vs. substrate ratio to 33% to improve
the economy of the process, and after 22 h quantitative conversion was also achieved, maintaining
the selectivity and isolating the desired amine in 98% yield after a simple liquid-liquid extraction
protocol (Scheme 3). Measurement of the optical rotation for the pure amine and its corresponding
hydrochloride salt allowed us to unequivocally assign the absolute configuration by comparison with
previously reported data [4,5].
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Scheme 3. Scale-up of the biotransamination towards the (3R)-3,4-dihydro-2H-1,5-benzoxathiepin-3-amine
(R-9).

3. Materials and Methods

3.1. General Materials and Methods

2-Mercaptophenol, ethyl bromoacetate and sodium ethoxide were purchased from Sigma-Aldrich,
now Merck (Madrid, Spain). PLP as enzyme cofactor, other chemical reagents and solvents were
obtained with the highest quality available from Sigma-Aldrich-Fluka (Steinheim, Germany). Amine
transaminases were obtained from Codexis Inc. (Redwood City, CA, USA) and Enzymicals AG
(Greifswald, Germany). Transaminases from Chromobacterium violaceum (2.1 U/mg), Arthrobacter citreus
(0.9 U/mg), Arthrobacter species (0.6 U/mg) and the evolved ArRmut11 were overexpressed in E. coli
and used as lyophilised cell lysates, as previously reported [26,56].

Melting point of compound 6 was measured in an open capillary in an Electrothermal digital
melting point IA9200 apparatus (Cole-Parmer, Stone, UK) and is uncorrected. Elemental analyses were
performed on a Thermo Scientific Flash 2000 analyzer (Thermo Flash & Carlo Erba Analyzers, Pennsauken,
NJ, USA) and the measured values were indicated with the symbols of the elements or functions within
±0.4% of the theoretical values. NMR spectra were recorded on a Bruker AV300 MHz spectrometer
(Bruker Co., Faellanden, Switzerland). All chemical shifts (δ) are given in parts per million (ppm) and
referenced to the residual solvent signal as internal standard. High-resolution mass spectroscopy (HRMS)
was performed on a VG AutoSpec Q high-resolution mass spectrometer (Fision Instrument, Milford,
MA, USA). Measurement of the optical rotation values was carried out at 590 nm on an Autopol IV
Automatic polarimeter (Rudolph Research Analytical, Hackettstown, NJ, USA).

Gas chromatography (GC) analyses were performed for the determination of conversion values
using a Hewlett-Packard HP-6890 chromatograph (Hewlett Packard, Palo Alto, CA, USA). A non-chiral
HP-1 column (Agilent Technologies, Inc., Wilmington, DE, USA) was used with the following
temperature programme: 90 ◦C (2 min) then 10 ◦C/minutes and finally 180 ◦C (0 min). The reaction
crudes were analysed, obtaining the following retention times: 9.3 min for ketone 6 and 10.5 min for
amine 9.

High-performance liquid chromatography (HPLC) analyses were performed for enantiomeric
excess value measurements using an Agilent 1260 Infinity chromatograph with UV detector at 210 nm
(Agilent Technologies, Inc., Wilmington, DE, USA). A Chiralpak IA (25 cm × 4.6 mm) was used as chiral
column at 30 ◦C (Chiral Technologies, Mainz, Germany), employing a mixture of n-hexane/2-propanol
(90:10) as eluent with a 0.8 mL/min flow. The reaction crudes were derivatised as acetamides, obtaining
the following retention times: 11.2 min for the (R)-10 and 12.6 min for the (S)-10 enantiomer (Figure 4).

 
Figure 4. Structures of (R)- and (S)-10.
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Thin-layer chromatography (TLC) analyses were conducted with Merck Silica Gel 60 F254
precoated plates (Merck KGaA, Darmstadt, Germany). They were visualised with UV and potassium
permanganate stain. Column chromatography purifications were performed using Merck Silica Gel 60
(230–400 mesh, Merck KGaA, Darmstadt, Germany).

3.2. General Procedure for the Synthesis of Ethyl 2-Ethoxycarbonylmethylthiophenoxyacetate (7)

A mixture of 2-mercaptophenol (1 g, 7.925 mmol), ethyl bromoacetate (1.93 mL, 17,4 mmol) and
dry K2CO3 (3.3 g, 23.8 mmol) in anhydrous acetone (20 mL) was added under argon atmosphere,
and then stirred under reflux. After 24 h the solvent was evaporated under reduced pressure and the
residue purified by column chromatography (EtOAc/n-hexane, 1:8), obtaining 7 as a colourless syrup.
Yield 83%. 1H NMR (300.13 MHz, CDCl3) δ 7.43 (dd, JHH = 7.7, 1.7 Hz, 1H), 7.21 (td, JHH = 7.9, 1.7 Hz,
1H), 6.95 (td, JHH = 7.5, 1.2 Hz, 1H), 6.76 (dd, JHH = 8.2, 1.2 Hz, 1H), 4.70 (s, 2H), 4.26 (q, JHH = 7.1 Hz,
2H), 4.11 (q, JHH = 7.1 Hz, 2H), 3.72 (s, 2H), 1.28 (t, JHH = 7.1 Hz, 3H), 1.18 (t, JHH = 7.1 Hz, 3H) ppm.
HRMS (ESI-TOF) (m/z) calcd. for C14H19O5S (M + H)+ 299.0953, found 299.0955. Anal. Calcd for
C14H18O5S: C, 56.36; H, 6.08; S, 10.75. Found: C, 56.45; H, 5.89; S, 10.55.

3.3. General Procedure for the Synthesis of Ethyl 3-Oxo-3,4-dihydro-2H-1,5-benzoxathiepin-4-carboxylate (8)

To a mixture of diester 7 (1.37 g, 4.59 mmol) in THF (40 mL) at 0 ◦C, a solution of NaOEt (21% wt,
1.78 g, 5.51 mmol) in EtOH (2.06 mL) was added. The mixture was stirred at 0 ◦C for 1 h and then
refluxed for 15 h. Solvent was evaporated under reduced pressure and the residue cooled to 0 ◦C,
quenched first with water, and later with an aqueous HCl 6 M solution up to pH 6. The mixture was
extracted with EtOAc (2 × 40 mL) and the organic fractions combined, dried over anhydrous Na2SO4,
filtered and the solvent was removed under reduced pressure. Compound 8 was purified by column
chromatography (EtOAc/n-hexane, 1:7) as a colourless oil. Yield, 90%. 1H NMR (300.13 MHz, CDCl3)
δ 7.22–7.12 (m, 1H), 7.08–6.85 (m, 3H), 4.88 (d, JHH = 17.5, 1H), 4.75 (s, 1H), 4.59 (d, JHH = 17.5, 1H),
4.29–4.15 (m, 2H), 1.21 (td, JHH = 7.1, 1.4 Hz, 3H) ppm. HRMS (ESI-TOF) (m/z) calcd. for C12H11O4S
(M - H)+ 251.0378, found 251.0376. Anal. Calcd for C12H12O4S: C, 57.13; H, 4.79; S, 12.71. Found: C,
56.99; H, 4.98; S, 12.72.

3.4. General Procedure for the Synthesis 3,4-Dihydro-2H-1,5-benzoxathiepin-3-one (6)

A mixture of keto ester 8 (2.5 g, 11.9 mmol), acetic acid (4.16 mL), H2SO4 concentrated (4.16 mL)
and H2O (23.8 mL) was refluxed for 1 h. The reaction was cooled to 0 ◦C, and water was added and
extracted with CH2Cl2 (2 × 40 mL). The organic fractions were combined, dried (anhydrous Na2SO4),
filtered and the solvent was removed under reduced pressure. Compound 6 was purified by column
chromatography (n-hexane and then, EtOAc/n-hexane 0.5:10) as a white solid, mp 29–31 ◦C, literature
28–31 ◦C [43]. Yield 60%. 1H NMR (300.13 MHz, CDCl3) δ 7.18 (dd, JHH = 8.0, 1.8 Hz, 1H), 7.14–7.07
(m, 1H), 7.01 (m, JHH = 8.1, 4.8, 1.5 Hz, 2H), 4.75 (s, OCH2, 2H), 3.93 (s, SCH2, 2H) ppm. HRMS
(ESI-TOF) (m/z) calcd. for C9H9O2S (M + H)+ 181.0323, found 181.0321.

3.5. General Procedure for the Biotransamination of 6 Using ATAs Overexpressed in Escherichia coli

The lyophilised cells of E. coli containing overexpressed transaminases (5 mg) were suspended in
a 100 mM phosphate buffer pH 7.5 (475 μL) containing PLP (1 mM) and 2-propylamine (1 M). Then,
a stock solution of ketone 6 in MeCN was added (25 μL of stock 0.4 M; final concentration 20 mM) and
the mixture was shaken at 30 ◦C and 250 rpm for 20 h. After this time, the reaction was quenched by
adding an aqueous 10 M NaOH solution (200 μL) and extracted with EtOAc (2 × 500 μL). The organic
phases were combined and dried over anhydrous Na2SO4. The reaction crudes were analysed by GC
to determine conversion values. Derivatisation were carried out in situ using acetic anhydride and
K2CO3 for the measurement of the enantiomeric excesses through HPLC.
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3.6. General Procedure for the Biotransamination of 6 Using Commercial ATAs

Transaminases from Codexis or Enzymicals AG (2 mg, 90% w/w) were suspended in a 100 mM
phosphate buffer pH 7.5 (475 μL) containing PLP (1 mM) and 2-propylamine (1 M). Then, a stock
solution of ketone 6 in MeCN was added (25 μL of stock 0.4 M; final concentration 20 mM) and the
mixture was shaken at 30 ◦C and 250 rpm for 20 h. After this time, the reaction was quenched by
adding an aqueous 10 M NaOH solution (200 μL) and extracted with EtOAc (2 × 500 μL). The organic
phases were combined and dried over anhydrous Na2SO4. Reaction crude was analysed by GC to
determine conversion values and in situ derivatisation was carried out using acetic anhydride and
K2CO3 for the measurement of the enantiomeric excesses by HPLC.

3.7. Preparative Biotransamination of 6 under Optimised Conditions

Ketone 6 (225 mg, 1.25 mmol) was dissolved in MeCN (1.25 mL) and 100 mM phosphate buffer pH
7.5 (25 mL), containing PLP (0.5 mM) and 2-propylamine (1 M), and the TA-P1-G05 (75 mg, 33% w/w)
were successively added. The mixture was shaken at 30 ◦C and 250 rpm for 22 h. The reaction was
quenched by adding an aqueous NaOH 4 M solution (5 mL) and extracted with EtOAc (3 × 15 mL).
The organic phases were combined, dried over anhydrous Na2SO4, combined and the solvent removed
under reduced pressure, affording the (R)-9 amine (220 mg).

(3R)-3,4-Dihydro-2H-1,5-benzoxathiepin-3-amine (R)-9. Yield: 220 mg (98%). 1H NMR (300.13 MHz,
CDCl3): δ 7.37 (dd, JHH = 7.7, 1.7 Hz, 1H), 7.15 (ddd, JHH = 8.1, 7.3, 1.7 Hz, 1H), 7.02–6.92 (m, 2H), 4.12–4.08
(m, 2H), 3.50–3.42 (m, 1H), 3.18 (dd, JHH = 14.2, 3.2 Hz, 1H), 2.80 (dd, JHH = 14.2, 5.7 Hz, 1H), 1.89 (br s,
2H) ppm. For the free amine (R)-9 in 93% ee [α]20

D = +32.6 (c = 0.1, MeOH), and for the hydrochloride
salt (R)-9·HCl in 93% ee [α]20

D = +41.2 (c = 0.1, MeOH); literature [α]20
D = +48.9 (c = 0.35, MeOH) for the

(R)-9·HCl in >99% ee [4].

3.8. Computational Methods

Calculations were performed using the Gaussian 09 package [57] at the M06-2X/6-311++G(3df,2p)
level [58]. Molecular geometries of the studied compounds were optimised with tight convergence criteria
and the frequencies were computed in order to obtain the thermal correction to the energy (298.15 K).

The molecular electrostatic potential of 3,4-dihydro-2H-1,5-benzoxathiepin-3-one (6) was
computed at M06-2X/6-311++G(3df,2p) level with tight SCF procedure and generating the density
and potential cubes to plot the isodensity surface, colour-coded with the electrostatic potential.

4. Conclusions

The synthesis of the 3,4-dihydro-2H-1,5-benzoxathiepin-3-amine enantiomers has been possible
by means of the stereoselective biotransamination of the 3,4-dihydro-2H-1,5-benzoxathiepin-3-one.
A broad panel of commercially available amine transaminases were employed, finding after
optimisation of parameters that affect the enzyme catalysis suitable reaction conditions for the
access to both amine antipodes in high conversions and good selectivities. A scale-up experiment
considering 50 mM substrate concentration was successfully achieved for the formation of the
(R)-3,4-dihydro-2H-1,5-benzoxathiepin-3-amine (R-9), a valuable precursor of anti-proliferative agents.
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Abstract: The consecutive photooxidation and reductive amination of various alcohols in a
cascade reaction were realized by the combination of a photocatalyst and several enzymes.
Whereas the photocatalyst (sodium anthraquinone-2-sulfonate) mediated the light-driven, aerobic
oxidation of primary and secondary alcohols, the enzymes (various ω-transaminases) catalyzed the
enantio-specific reductive amination of the intermediate aldehydes and ketones. The system worked
in a one-pot one-step fashion, whereas the productivity was significantly improved by switching to a
one-pot two-step procedure. A wide range of aliphatic and aromatic compounds was transformed
into the enantiomerically pure corresponding amines via the photo-enzymatic cascade.

Keywords: photooxidation; cascade; alcohol; reductive amination; ω-transaminase

1. Introduction

In recent years, significant attention has been devoted to the synthesis of amines [1]. Especially,
enantiomerically pure amines are of interest in natural product synthesis, as intermediates in
pharmaceutical synthesis, and for a variety of other chemical products [2–4]. Direct amination of
alcohols has been studied extensively [1,5]. The main advantage of prompt conversion of alcohols
to amines is that both the substrate and the product are in the same oxidation state, and, thus,
theoretically the additional use of any redox equivalents is not required [6,7]. Furthermore, many of
the required alcohols are already available on an industrial scale, which facilitates the mass application
of the technology [8]. On the other hand, most of the currently applied reactions either possess poor
chemo-selectivity and require harsh reaction conditions (e.g., the reaction of alcohol with ammonia over
various heterogeneous catalysts, such as tungsten, cobalt, nickel, chromium) [5] or have low efficiency
and produce toxic intermediates [9]. It is also worth mentioning that the majority of the current
methodologies either only accept symmetric substrates or produce racemic products. To synthesize
chiral amine moieties, ketones are one of the most commonly used precursors [1].

Various approaches have been reported to selectively oxidize alcohols to the corresponding
carbonyl products [10–13]. Compared to transition metal-based approaches [14], photooxidation
provides an atom-economic and environmentally benign alternative [10]. Commercially available TiO2

is used most commonly as a photocatalyst, but the applicability is restricted by its UV absorption [15].
However, efficient oxidation of 1-pentanol has been reported by irradiation up to 480 nm upon doping
TiO2 with Nb2O5 [16,17]. To further utilize visible light, numerous other heterogeneous catalysts
have been tested [18]. By using graphitic carbon nitride (g-C3N4) [19,20] and vanadium-oxide grafted
to numerous carriers [21,22], efficient alcohol oxidation mediated by visible light has been reported.
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Besides heterogeneous systems, water-soluble sodium anthraquinone-2-sulfonate (SAS) is also known
as an effective and inexpensive homogeneous photocatalyst [23–27]. Very recently we found that
SAS is also very active for the oxidation of C–H bonds [27] and, therefore, can be implemented in
photo-enzymatic cascades for the conversion of a very large substrate scope [28].

Even though photocatalysis provides an attractive approach to produce the carbonyl intermediate,
typically, tedious protection/de-protection steps are required for the synthesis of chiral amines. These
additional stages prolong the synthesis time and significantly decrease the atom efficiency of the
reaction. To aid these shortcomings, biocatalytic approaches have been extensively studied [29–32].
Pyridoxal-5-phosphate (PLP)-dependent ω-transaminases (ω-TAs) provide an elegant way to convert
a carbonyl group to an amine moiety at the expense of a sacrificial amine donor [31,33]. ω-TAs
have been increasingly applied in industrial chemical synthesis, in particular for the manufacturing
of active pharmaceutical ingredients (APIs) [29,34,35]. Other main applications deal with the
production of surfactants [36], amino acids [37], and plastic fiber monomers [36,38,39]. To reach
an acceptable conversion when L- or D-alanine is used as an amine donor, the reaction equilibrium
of the transamination reaction must be shifted towards the product. Thus, one of the most common
means to enhance the amine formation is to remove the pyruvate by-product through the addition of
another enzyme, such as lactate dehydrogenase (LDH), alanine dehydrogenase (AlaDH), pyruvate
decarboxylase (PDC), or an acetolactate synthase (ALS) [32]. On the other hand, the use of alternative
amine donors provides a more favorable thermodynamic equilibrium. However, these molecules are
either prohibitively expensive [39] or generate a co-product during the transamination that tends to
polymerize, thus complicating product isolation and lowering product yield [40,41]. Therefore, it is
not surprising that isopropylamine (IPA) has been used as the preferred amine donor, especially on an
industrial scale. IPA is inexpensive and provides a much more favorable thermodynamic equilibrium
compared to alanine [42], which can be further shifted via simple and selective evaporation of the low
boiling acetone co-product [35]. Consequently, IPA was selected as the amine donor in this study.

Recently, numerous reports have been published about the effective conversion of a plethora of
alcohols to (chiral) amines in multi-enzyme cascades [43,44]. Inspired by their results and the current
advances in the selective photochemical oxidation of alcohols [18], herein we present a photo-enzymatic
tandem reaction for the direct conversion of alcohols to (chiral) amines. Employing the consecutive
oxidation and reductive amination steps in one pot, a further reduction of the environmental impact of
the synthesis is possible (Scheme 1). As time-consuming intermediate isolation and purification steps
are omitted, the required amount of organic solvents is minimized, which results in a lower E-factor
(Environmental factor, defined as the mass of waste per mass of product) [45,46].

Scheme 1. Schematic representation of the photo-enzymatic cascade reaction and the
examined substrates.
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2. Results and Discussion

In the first set of experiments, we evaluated a range of homogeneous and heterogeneous
photocatalysts available in our laboratory. More specifically, water-soluble sodium
anthraquinone-2-sulfonate (SAS) and heterogeneous graphitic carbon nitride (g-C3N4),
niobium(V)-oxide-doped titanium-dioxide (TiO2-Nb2O5), and vanadium oxide (VO) deposited
on various carriers, such as alumina (VO-Al2O3), zirconium-dioxide (VO-ZrO2), and graphitic
carbon nitride (VO-g-C3N4), were evaluated. As a model reaction, we chose the oxidation of
rac-1-phenylethanol (5a) to acetophenone (5b) (Figure 1). Starting from 25 mM of the starting material,
SAS mediated the full conversion of 5a (TN = 30), while the best heterogeneous catalyst, g-C3N4,
produced only 6.2 mM of product with 20% conversion. The discrepancy between conversion and
product concentration in the case of SAS is probably due to the oxidative decomposition of the product.
Since the other photocatalysts fell back significantly in their performance (Figure 1), we focused our
attention on SAS and g-C3N4.

Figure 1. Alcohol oxidation using various photocatalysts. Reaction conditions: 1 mL MilliQ water with
[5a] = 25 mM, [sodium anthraquinone-2-sulfonate (SAS)] = 0.75 mM, or [heterogeneous photocatalyst]
= 10 mg/mL. Reactions were performed for 24 h at 30 ◦C under atmospheric conditions and irradiated
under visible light (λ > 400 nm). These experiments have been performed as single experiments.

We performed the cascade reaction shown in Scheme 1 using SAS and g-C3N4 in a one-pot
one-step fashion, i.e., adding the starting material and all catalysts at the beginning (Figure 2). For the
reductive amination of the intermediate ketone, two ω-transaminases were applied: the (R)-selective
ω-TA from Aspergillus terreus (ATωTA) and the (S)-selective ω-TA from Bacillus megaterium (BMωTA).
In the case of g-C3N4, virtually no alcohol conversion was observed. The trace amounts of rac-5c

originated from small acetophenone impurities within the commercial substrate. We attribute this lack
of catalytic activity to the absorption of the biocatalysts to the g-C3N4 surface, thereby passivating it
for the desired oxidation reaction.

The cascade reaction using SAS, however, produced 2.5 mM (S)- and 1.5 mM (R)-1-phenylethyl
amine in 48 h. Even though enantiomerically pure amines were obtained, the performance of this
system fell back behind our expectations. Therefore, we set out to investigate the limitations of
the one-pot one-step procedure. Further characterization of the reaction conditions revealed some
limitations of the one-pot one-step procedure to be as follows: (i) the catalytic activity decreased
steadily in the presence of light and SAS. This may be attributed to an oxidative inactivation and
degradation of the biocatalysts by photoexcited SAS and the used light (Figure S9); (ii) we found that
the rate of the first step (SAS-mediated oxidation of phenylethanol) was significantly slower in the
case of the one-pot one-step procedure. This may be attributed to SAS’s activity on the stoichiometric
amine donor and the product of the reductive amination step (Figures S11–S13).

158



Catalysts 2019, 9, 305

Figure 2. Results of the direct amination of 1-phenylethanol (5a) in a one-pot one-step fashion with SAS
(−) and g-C3N4 (−) photocatalysts, employing BMωTA (Bacillus megaterium ωTA �/�) and ATωTA
(Aspergillus terreus ωTA •/•) enzymes. (A) Conversion of 5a. As a comparison, the conversion of 20 mM
5a in MilliQ water containing 0.75 mM SAS is also shown (
); (B) Production of 1-phenylethyl amine 5c.
Reaction conditions: 1 mL reaction mixture containing sodium phosphate (NaPi) buffer (100 mM, pH 9),
[1-phenylethanol] = 15 mM, [SAS] = 0.75 mM, [isopropylamine, IPA] = 1 M, [Pyridoxal-5-phosphate,
PLP] = 1 mM, [crude cell extract overexpressed with ω-TA enzyme] = 10 mg/mL. Reaction mixtures
were incubated at 30 ◦C, irradiated with white light (λ > 400 nm).

Therefore, we turned our attention to a one-pot two-step procedure, wherein we first performed
the photochemical alcohol oxidation followed by supplementation of the reaction mixture containing
the reaction components needed for the reductive amination in a second step. Compared to the one-pot
one-step case, the rate of the oxidation increased meaningfully, and the amount of product 5c doubled
with excellent enantiomeric excess (>99%) (Figure 3).

Figure 3. Results of the direct amination of 1-phenylethanol (5a) in a one-pot two-step fashion. (A)
Conversion of 5a (�); (B) Production of 5c with BMωTA (�) and ATωTA (•) enzymes; Reaction
conditions: (A) 1 mL MilliQ water containing [5a] = 10 mM, [SAS] = 0.75 mM. Samples were incubated
at 30 ◦C and irradiated under visible light (λ > 400 nm); (B) 0.5 mL pH 9 reaction mixture containing
[NaPI] = 50 mM, [IPA] = 1 M, [PLP] = 1 mM, [crude cell extract overexpressed with ω-TA enzyme] =
10 mg/mL. Samples were incubated on a shaking plate at 30 ◦C at 600 rpm.

To gain more insight into the performance of the ω-transaminases, we varied the enzyme, amine
donor, and cofactor concentrations. An increase in the enzyme concentration resulted in a higher
initial reaction rate. However, approx. 2.9 mM of product was formed for all cases after 28 h using
1 M of IPA at pH 9 (Figure S23). Using the same concentration of IPA but increasing the pH to 10.2
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led to a progressive increase in the yield above 6 mM (Figure S26). These data are in agreement with
previous publications, which indicate that the deprotonated form of IPA in aqueous solution might
act as the actual amine donor [35,47,48]. Testing different concentrations of IPA at pH 9 (0.5, 1, 2 M)
resulted in both higher initial rate and final product concentration (Figure S24), as also the amount
of free IPA amino donor in solution increased accordingly. We concluded that the final obtained
conversion was determined by the actual concentration of free IPA in solution and the thermodynamic
equilibrium constant of the reaction [42], and not by the stability of the biocatalyst. Therefore, the
productivity of our system can be increased in the future by process engineering aimed at the selective
removal of the acetone co-product. Finally, varying the concentration of the cofactor PLP did not
show any noticeable influence on the product formation (Figure S25), which is also in agreement with
previous findings. Conversely, an excessively high concentration of PLP is not only inconvenient
economically but can also inhibit the ω-TA [49]. Based on the above findings, we chose the following
parameters for our next investigation: [with ω-TA enzyme] = 10 mg/mL, [IPA] = 1 M, and [PLP] =
1 mM. The reactions were performed at 30 ◦C, an optimal temperature for both the photooxidation
and reductive amination steps.

To further explore the scope of the one-pot two-step procedure, we investigated a broader scope
of starting materials including aliphatic, aromatic, chiral, and non-chiral substrates (Scheme 1 and
Table 1).

Table 1. Photocatalytic oxidation of various alcohols.

Substrate Conversion a (%) Yield b (%)

1a c 23 74
2a c 26 51
3a c 29 27
4a c 28 27
5a 99 94
6a >99 74
7a 98 59
8a 88 28
9a 98 88
10a >99 100

For analytical details see Supplementary Materials. a Conversion was determined by GC analysis and calculated as
X = (c0 − c)/c0, where X is the conversion, c0 is the in initial substrate concentration, and c is the final substrate
concentration. b Yield was determined by GC analysis and calculated as Y = (cp − cp,0)/(c0 − c), where Y is the yield,
cp,0 is the initial product concentration, cp is the final product concentration c0 is the initial substrate concentration,
and c is the final substrate concentration. c 1 mL reaction mixture was used in a 2 mL glass vial and irradiated for
24 h. Reaction conditions: 2 mL MilliQ water in a 4 mL vial, containing [SAS] = 0.75 mM and [substrate] = 10 mM.
Samples were incubated at 30 ◦C and irradiated under visible light (λ > 400 nm) for 9 h.

Aromatic substrates were oxidized with good (>80%) to excellent (>95%) conversion. However,
by increasing the length of the aliphatic side chain from 1-phenylethanol (5a) to 1-phenylbutanol
(7a), the yield decreased significantly. This is likely the result of oxidative decomposition, which is
enhanced by the inductive effect of the aliphatic side chain [47]. This is also supported by the results
for benzyl alcohol (9a) and 3-chlorobenzyl alcohol (10a). With the presence of an electron withdrawing
group on the aromatic ring, which slightly reduces the activity of the hydroxyl group, the selectivity
increased. It is also worth mentioning that besides oxidation, 1,2,3,4-tetrahydro-naphtol (8a) reacted
with SAS, which was indicated by the absence of the characteristic yellow color of the photocatalyst
after irradiation. In contrast to the aromatic substrates, aliphatic compounds demonstrated moderate
conversion (>30%). Interestingly, C5 compounds (1a, 2a) showed better yield than C6 compounds
(3a, 4a).

Following the photooxidation, the reductive amination step was carried out. The oxidized samples
were diluted as such that the reaction mixture contained approx. 5 mM aromatic (except α-tetralone
(8b) 1 mM) and 0.3–1.5 mM aliphatic substrate. In the reactions, the substrate scopes of five wild-type
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ω-TAs were examined, one (R)-selective from Aspergillus terreus (ATωTA), and four (S)-selective
ones from Bacillus megaterium (BMωTA), Chromobacterium violaceum (CVωTA), Pseudomonas fluorescens
(PFωTA), and Vibrio fluvialis (VFωTA). For all ω-TAs tested, alkaline reaction conditions were found
to be favorable for the reductive amination reaction (Figures S26–S30).

Amongst the prochiral compounds (Table 2), the entire range of substrates was transformed with
excellent stereoselectivity (>99% ee). Acetophenone (5b) was accepted by all enzymes. In the case
of aromatic compounds (5b–7b), the conversion decreased progressively with the increasing length
of the alkyl chain attached to the aromatic ring. However, VFωTA was an exception, as it similarly
mediated the reductive amination of both propiophenone (6b) and butyrophenone (7b) with 35%
conversion. Reductive amination of 8b was also feasible using BMωTA with excellent stereospecificity,
which has been challenging for other systems [47,50]. Amongst the aliphatic substrates, 2-pentanone
(2b) and 2-hexanal (4b) were converted to detectable levels of product only by ATωTA and VFωTA,
respectively. However, the modest performances of other enzymes are likely to be the result of the
mediocre initial concentration of the substrate, as both compounds have been reported to be efficiently
converted to the corresponding chiral amine [47].

Table 2. Reductive amination of ketones.

2b 3b 5b 6b 7b 8b

ATωTA
camine (mM) a 0.66 (R) n.d. 2.8 (R) n.d. n.d. n.d.

Conversion (%) b 36 n.d. 72 n.d. n.d. n.d.
ee (%) c >99 n.d. >99 n.d. n.d. n.d.

BMωTA
camine (mM) n.d. n.d. 4.93 (S) 10.75 (S) n.c 0.42 (S)

Conversion (%) n.d. n.d. 95 89 n.d. 20
ee (%) n.d. n.d. >99 >99% n.d. >99%

CVωTA
camine (mM) n.d. n.d. 1.29 (S) n.d. n.d. n.d.

Conversion (%) n.d. n.d. 34 n.d. n.d. n.d.
ee (%) n.d. n.d. >99 n.d. n.d. n.d.

PFωTA
camine (mM) n.d. n.d. 1.95 (S) 2.40 n.d. n.d.

Conversion (%) n.d. n.d. 43 35 n.d. n.d.
ee (%) n.d. n.d. >99 >99 n.d. n.d.

VFωTA
camine (mM) n.d. 2.25 (S) 3.73 (S) 2.44 1.20 (S) n.d.

Conversion (%) n.d. 100 72 35 35 n.d.
ee (%) n.d. >99 >99 >99 % >99 n.d.

For analytical details, see Supplementary Materials. a Amine concentration was determined by GC analysis b

Conversion was determined by GC analysis and calculated as indicated in Table 1. c Enantiomeric excess was
determined by GC analysis on a chiral stationary phase (see Supplementary Materials). d n.d.: Not determined due
to low concentration. Reaction conditions: 0.5 mL reaction mixture in a 2 mL glass vial containing [NaPi] 50 mM,
[crude cell extract overexpressed with ω-TA enzyme] = 10 mg/mL, [IPA] = 1 M, [PLP] = 1 mM, and [aromatic
ketone] ≈ 5 mM or [aliphatic ketone] ≈ 0.5 mM.

In the case of aldehydes, excellent conversions were achieved (Table 3). Besides VFωTA, all the
enzymes completely converted hexanal (3b) to hexylamine (3c). However, it is also important to
mention that similar to the other aliphatic compounds, the initial substrate concentration was low. Both
benzaldehyde (9b) and 3-chlorobenzaldehyde (10b) were fully converted to the corresponding amine.

Table 3. Reductive amination of aldehydes.

4b 9b 10b

ATωTA
camine (mM) a 2.21 6.03 8.20

Conversion (%) b 100 100 95

BMωTA
camine (mM) 2.21 6.86 11.97

Conversion (%) 100 100 98
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Table 3. Cont.

4b 9b 10b

CVωTA
camine (mM) 2.21 7.00 12.82

Conversion (%) 100 100 91

PFωTA
camine (mM) 2.21 6.84 11.79

Conversion (%) 100 100.00 91

VFωTA
camine (mM) n.d. c 7.19 11.83

Conversion (%) n.d. 100.00 98

For analytical details, see Supplementary Materials. a Amine concentration was determined by GC analysis b

Conversion was determined by GC analysis and calculated as indicated in Table 1. c n.d.: Not determined due to
low concentration. Reaction conditions: 0.5 mL reaction mixture in a 2 mL glass vial containing [NaPi] = 50 mM,
[crude cell extract overexpressed with ω-TA enzyme] = 10 mg/mL, [IPA] = 1 M, [PLP] = 1 mM, and [aromatic
ketone] ≈ 5 mM or [aliphatic ketone] ≈ 0.5 mM.

3. Materials and Methods

All chemicals were purchased Sigma-Aldrich (Zwijndrecht, The Netherlands), Fluka (Buchs,
Switzerland), Acros (Geel, Belgium) or Alfa-Aesar (Karlsruhe, Germany) with the highest purity
available and used without further treatment. The ω-transaminases were prepared via recombinant
expression in Escherichia coli as described in detail in the Supplementary Materials.

3.1. Reaction Conditions for the One-Pot One-Step Cascade

In a 2 mL glass vial, 1 mL pH 9 reaction mixture was prepared, containing 100 mM sodium
phosphate (NaPi), approx. 11 mM 1-phenylethanol (or one of the other alcohols investigated
here), 1 mM pyridoxal-5-phosphate (PLP), 0.75 mM sodium anthraquinone-2-sulfonate (SAS), 1 M
isopropylamine (IPA), and 10 mg lyophilized crude cell extract overexpressed with (R)- or (S)-selective
ω-transaminase (ω-TA). Samples were irradiated under visible light (Osram Halolux CERAM 205W
light bulb; λ > 400 nm) at 30 ◦C. The reaction mixture was stirred gently with a magnetic stirrer.
At intervals, aliquots were taken, extracted with ethyl acetate, derivatized, and analyzed by gas
chromatography (see Supplementary Materials).

3.2. Reaction Conditions for the One-Pot Two-Step Cascade

If not stated otherwise, in a 4 mL vial, 2 mL MilliQ water containing approx. 10 mM substrate and
0.75 mM SAS were irradiated with visible light (Osram Halolux CERAM 205W light bulb; λ > 400 nm)
at 30 ◦C. The reaction mixture was gently stirred with a magnetic stirrer. At intervals, aliquots were
taken, extracted with ethyl acetate, and analyzed by gas chromatography without derivatization (see
Supplementary Materials). After the irradiation, 250 μL reaction mixture was diluted to 500 μL by
using NaPi (100 mM) as such that the final samples contained NaPI (50 mM), IPA (1M), PLP (1 mM),
and 10 mg/mL lyophilized whole cells overexpressed with (R)- or (S)-selective ω-TA. The pH of the
system was adjusted to pH 9. Samples were incubated on a shaking plate at 30 ◦C with 600 rpm shaking
speed. At intervals, aliquots were taken, extracted with ethyl acetate, derivatized, and analyzed by gas
chromatography (see Supplementary Materials).

3.3. Derivatization of GC Samples

Samples (75 μL) were extracted with ethyl acetate (150 μL) dried (MgSO4, 5 mg) and reacted with
acetic anhydride (10 μL) in the presence of 4-(N,N-dimethylamino)pyridine (5 mg) at 45 ◦C for 45 min.
The reaction was quenched with water (75 μL) and the samples were dried (MgSO4, 5 mg) again.

4. Conclusions

In summary, a reaction sequence of consecutive photooxidation and reductive amination of
various alcohols in one pot is reported. The tandem reaction with sodium anthraquinone-2-sulfonate
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(SAS) as a photocatalyst was also feasible in a one-pot one-step approach; however, the yield was
significantly inferior to the one-pot two-step case. The system was tested on a plethora of aromatic
and aliphatic substrates. Even though all of the compounds were converted, the photooxidation of
aromatic substrates proceeded much faster and with a higher yield. In the second step of the cascade
reaction, recombinant transaminases originating from Aspergillus terreus (ATωTA), Bacillus megaterium
(BMωTA), Chromobacterium violaceum (CVωTA), Pseudomonas fluorescens (PFωTA), and Vibrio fluvialis
(VFωTA) were used for the reductive amination. All of the non-chiral substrates were converted with
high conversion and the prochiral substrates with excellent enantiomeric excess.

One issue en route to the preparative application is the inactivation of the biocatalysts by the
photoexcited photocatalysts. This may be overcome by special separation of the photocatalytic
oxidation step from the reductive amination step. For this, for example, immobilized catalysts in a
flow chemistry setup may be a doable approach.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/9/4/305/s1.
Figure S1: SDS-Page for the expression of the ωTAs; Figure S2: FT-IR spectrum of SAS; Figure S3: FT-IR
spectrum of g-C3N4; Figure S4: XRD spectrum of g-C3N4; Figure S5: FT-IR spectrum of g-C3N4; Figure S6:
XRD spectrum of g-C3N4-VO; Figure S7: Effect of evaporation on the acetophenone concentration during the
photo-oxidation of 1-phenylethanol; Figure S8: Control reaction of the photooxidation; Figure S9: Effect of the
circumstances of the photooxidation on the efficiency of the reductive amination; Figure S10: Control reaction
of the reductive amination; Figure S11: 1H NMR spectrum of 1-phenylethyl amine; Figure S12: 1H NMR
spectrum of oxidation of 1-phenylethylamine; Figure S13: 1H NMR spectrum of oxidation of isopropylamine;
Figure S14: Effect of light intensity on the photocatalytic activity of SAS; Figure S15: Effect of light composition
on the photocatalytic activity of SAS; Figure S16: Effect of the reaction atmosphere on the photocatalytic activity
of SAS; Figure S17: Effect of the amount of photocatalyst on the photocatalytic activity of SAS; Figure S18:
Effect of pH on the photocatalytic activity of SAS; Figure S19: Effect of light composition on the photocatalytic
activity of g-C3N4; Figure S20: Effect of the reaction atmosphere on the photocatalytic activity of g-C3N4;
Figure S21: Effect of the photocatalyst amount on the photocatalytic activity of g-C3N4; Figure S22: Effect of
the pH on the photocatalytic activity of g-C3N4; Figure S23: Effect of the enzyme concentration on the yield of
the reductive amination; Figure S24: Effect of the amine donor concentration on the conversion of the reductive
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