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All of us know very well the importance of the catalysis in organic synthesis. Catalyzed reactions
are usually preferred when planning a new synthetic approach and the choice of the proper catalyst is
of pivotal relevance.

In this context, the use of biocatalysts in organic synthesis has grown steadily during the last fifty
years. Presently, chemists have become accustomed to the idea that the use of enzymes is essential in a
modern synthetic laboratory. It does not matter if a given transformation is performed using whole
cell microorganisms or using an isolated enzyme. In both cases, the specific activity and selectivity of
one or more enzymes is exploited. In fact, biocatalysts allow for performing a number of chemical
reactions with high regio- and stereoselectivity and a large number of biocatalyzed industrial processes
have already been established.

This Special Issue has been planned in order to collect studies focused on the exploitation
of enzyme stereoselectivity for the synthesis of relevant chemicals, such as innovative materials,
active pharmaceutical ingredients, natural products, flavours and fragrances, and any other kind of
bioactive compounds.

Overall, the Special Issue has gathered six articles and one review.
A first paper from Serra and De Simeis [1] describes the stereoselective synthesis of the enantiomeric

forms of the alcohol (2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol, which are potential chiral
building blocks for the preparation of different natural terpenes. Two different catalytic approaches are
reported. The first is based on the stereospecific (+)-10-camphorsulfonic acid catalyzed cyclization
of 2-methyl-5-(2-methyloxiran-2-yl)pentan-2-ol enantiomers, which are synthesizable from linalool
enantiomers, easily available from the chiral pool. The second synthetic approach is based on the
lipase-mediated resolution of the target tetrahydropyranyl alcohol, which is available in racemic
form starting from the industrial intermediate, dehydrolinalool. In this work, a large-scale resolution
procedure that exploits the opposite enantioselectivity of Novozym® 435 lipase and lipase AK in
the acetylation reaction of (2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol is described. The two
enantiomeric forms of the latter alcohol were then employed for the first stereoselective synthesis of
both enantiomers of the flavor linaloyl oxide.

Concerning resolution based processes, Boratyński et al. [2] reported a novel microbial approach
to the production of enantiomerically enriched aroma compounds based on solid-state fermentation
using agroindustrial side-stream feedstocks. Twenty-five filamentous fungi were screened for lipase
activity and enantioselective hydrolysis of the racemic flavours 1-phenylethyl acetate, trans and cis
whisky lactones, γ-decalactone, δ-decalactone, and cis-3a,4,7,7a-tetrahydro-1(3H)-isobenzofuranone.
Solid-state fermentation was conducted with linseed and rapeseed cakes and the results highlight the
potential economic value of solid-state fermentation as an alternative to more expensive processes
conducted in submerged fermentation.

Two relevant works exploit the potential of biocatalysed reduction reactions. A first contribution
from Brenna et al. [3] describes the enantioselective synthesis of β-nitroalcohols by enzyme-mediated
reduction of α-nitroketones. In this work, the use of commercial alcohol dehydrogenases (ADHs)
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for the reduction of aromatic and aliphatic nitroketones is investigated. High conversions and
enantioselectivities were achieved with two specific ADHs, affording either the (S) or (R)-enantiomer
of the corresponding nitroalcohols. The further manipulation of the enantioenriched nitroalcohols
into protected aminoalcohols is also described. A second contribution from Gotor-Fernández et
al. [4] reports the preparation of chiral 1,4-diaryl-1,4-diols through ADH-catalyzed bioreduction of the
corresponding bulky 1,4-diaryl-1,4-diketones. Among the different enzymatic preparations used, ADH
from Ralstonia sp. (RasADH) overexpressed in E. coli afforded the best results in terms of conversions
and diastereo- and enantiomeric excess, allowing the preparation of a set of 1,4-diaryl-1,4-diols bearing
different pattern substitutions in the aromatic ring.

Concerning enantioenriched alcohol derivatives, Serra and De Simeis [5] synthesized natural
hydroxy fatty acids by means of a biocatalytic hydration reaction of natural fatty acids. The
study describes the use of the probiotic bacterium Lactobacillus rhamnosus (ATCC 53103) as
whole-cell biocatalyst for the hydration of the most common unsaturated octadecanoic acids,
namely oleic acid, linoleic acid, and linolenic acid. The reaction proceeds with high regio- and
stereoselectivity. Only 10-hydroxy derivatives were formed and the resulting (R)-10-hydroxystearic
acid, (S)-(12Z)-10-hydroxy-octadecenoic acid, and (S)-(12Z,15Z)-10-hydroxy-octadecadienoic acid were
obtained in very high enantiomeric purity (ee > 95%). The biotransformation protocol is stereoselective,
scalable, and holds preparative significance, suitable for the production of high-value flavor ingredients.

Yan et al. [6] report a study on the use of modified pullulan polysaccharide for lipase immobilization.
Burkholderia cepacia lipase, immobilized on this new material, showed a very good performance,
significantly shortened the reaction equilibrium time in transesterification reaction, and exhibited
good operational stability. It was found that the enlarged spherical surface of the particle led to
high-immobilized efficiency, resulting in the improvement of enantioselectivity in chiral resolution.

Finally, Yun et al. [7] contribute with a review on the recent advances in synthetic applications of
ω-transaminases for the production of chiral amines. Recent developments in protein engineering
techniques and incorporation of ω-transaminases in multi-enzymatic cascades are there detailed.
This work shows that ω-transaminases are efficient catalysts for the synthesis of enantiomerically
pure amines.

Overall, these seven contributions give the reader fresh insights on the use of the biocatalysis for
the stereoselective synthesis of some relevant chemical compounds (high value products or chiral
building blocks) whose preparation, by means of the classical asymmetric processes, presents many
drawbacks or cannot be performed.

Funding: This research was funded by [Cariplo Foundation], grant number [2017-1015 SOAVE (Seed and vegetable
Oils Active Valorization through Enzymes)] and by [Regione Lombardia], grant number [228775 VIPCAT (Value Added
Innovative Protocols for Catalytic Transformations)].
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Abstract: The enantiomeric forms of the alcohol (2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol
are potential chiral building blocks for the stereoselective synthesis of different natural terpenes.
Here, we describe their preparation by means of two different synthetic approaches. The first
is based on the stereospecific (+)-10-camphorsulfonic acid (CSA)-catalyzed cyclization of
(R)- and (S)-2-methyl-5-(2-methyloxiran-2-yl)pentan-2-ol, which were in turn synthesized
from (R)- and (S)-linalool, respectively. The latter monoterpenes are easily available
from the chiral pool, with different optical purity. As our synthesis makes use of the
intermediate 2,6-dimethyloct-7-ene-2,6-diol, whose enantiopurity can be improved through fractional
crystallization, we obtained (2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol enantiomers in
an almost enantiopure form. The second synthetic approach is based on the lipase-mediated
resolution of the aforementioned tetrahydropyranyl alcohol, which was prepared in racemic
form starting from the industrial intermediate, dehydrolinalool. In this work, we report
a large-scale resolution procedure that exploits the opposite enantioselectivity of Novozym® 435 lipase
and lipase AK in the acetylation reaction of (2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol.
The two enantiomeric forms of the latter alcohol were employed for the first stereoselective synthesis
of both enantiomers of the flavor, linaloyl oxide (2,2,6-trimethyl-6-vinyltetrahydro-2H-pyran).

Keywords: linalool; cyclization; enantioselective synthesis; enzyme-mediated resolution; lipases;
flavors; monoterpenes; linaloyl oxide

1. Introduction

Tetrahydropyrane and tetrahydrofurane derivatives having the general framework of type 2 and
3 (Figure 1) are quite common naturally occurring compounds. The biosynthesis of the main part of
these ethers is based on the cyclization of a terpenic alcohols of type 1, and follows two main pathways,
both involving the intramolecular nucleophilic addition of a hydroxyl functional group to a terminal
prenyl group [1,2].

A first path requires the preliminary activation of the double bond through its transformation in
epoxide or halonium derivatives, which easily cyclizes to give the corresponding ether derivatives
bearing an additional hydroxyl or halogen functional group. Due to the general interest in this kind of
chemical transformation in organic synthesis, its regio- and stereochemical outcomes were studied in
depth [3–5]. In addition, the monoterpenes possessing a hydroxyl group and a vinyl group (E = OH,

Catalysts 2018, 8, 362; doi:10.3390/catal8090362 www.mdpi.com/journal/catalysts4
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R = vinyl) are well-known flavor components collectively called linalool oxides, regardless of the fact
that they possess a six- or five-membered ring [6].

Figure 1. The transformation of terpenic alcohols of type 1 into tetrahydropyrane and tetrahydrofurane
derivatives 2 and 3, respectively.

On the contrary, the cyclization path which does not involve a preliminary oxidation reaction
affords tetrahydropyrane and tetrahydrofurane derivatives devoid of a hydroxyl group (E = H).
Although a number of pyranoid derivatives possessing these structural frameworks were identified in
nature, only few stereoselective approaches to their synthesis are described so far. For example linaloyl
oxide (Compound 4) enantiomers (Figure 2) are relevant flavor and fragrance components [7–20],
sydowic acid (Compound 5) is a bioactive sesquiterpene produced by the mold Aspergillus sidowii [21],
the diterpenic diol (Compound 6) was isolated from the African plant Anisopappus pinnatifidus [22],
and triterpene panaxadiol (Compound 7) is a bioactive component of the ginseng extract [23].
These terpenes share in common the same tetrahydropyranyl moiety which contains a quaternary
stereocenter, whose stereoselective construction is especially demanding.

Figure 2. Representative examples of natural terpenes (mono-, sesqui-, di-, and triterpenes) bearing the
2,6,6-trimethyltetrahydro-2H-pyran-2-yl moiety in their molecular framework.

As we are involved in a number of studies describing the stereoselective synthesis of flavors
and fragrances [24–28], and as we recently reported a new enantioselective synthesis of pyranoid
linalool oxide isomers [29], we became interested in expanding our studies to the above-described
class of compounds. More specifically, we envisaged that the enantiomeric forms of the primary
alcohol (2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol (Compound 8; Figure 3) could be regarded
as potential building blocks for the stereoselective synthesis of this kind of natural product.

According to our retrosynthetic analysis, we devised two different synthetic
methods for the stereoselective preparation of alcohol 8. Both approaches are based on
an enantioselective-catalyzed reaction as key step. The first procedure takes advantage of the
stereospecific (+)-10-camphorsulfonic acid (10-CSA)-catalyzed cyclization of (R)- and (S)-enantiomers
of 2-methyl-5-(2-methyloxiran-2-yl)pentan-2-ol (Compound 9), which were in turn synthesized
from (R)- and (S)-enantioforms of linalool (Compound 10), respectively. The latter cyclization
reaction proceeds with very high stereocontrol as previously described by Vidari [30,31], who studied
this chemical transformation using very similar epoxides as substrates. In addition, both linalool
enantiomers are accessible from the chiral pool with different optical purity [32].

The second approach is based on the lipase-mediated resolution of the racemic alcohol 8, in turn
obtained by reduction of the easily available cinenic acid (Compound 11) [33].
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Figure 3. The retrosynthetic analysis of the enantiomeric forms of
(2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol 8. Two different approaches are proposed:
the first is based on stereoselective synthesis (left) and the second is based on the resolution of racemic
8 (right).

Although we already reported the resolution of racemic 11 by means of the fractional
crystallization of its (R)-1-phenylethylamine salt [34], the application of this procedure for the
preparation of both enantiomers of the aforementioned acid turned out to be lengthy because
of the necessary sequential preparation of both (R)- and (S)-phenylethylamine salts. In order
to avoid the tedious chemical manipulations related to the salt formation, as well as to the
number of crystallizations required, we investigated the lipase-mediated acetylation reaction of
alcohol 8 using vinyl acetate as an acetyl donor. According to this approach, the enzymes are
able to catalyze the esterification reaction with high enantioselectivity, allowing the separation of
(2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol isomers. One enantiomer gives the corresponding
acetate, and the other does not react. A simple chromatographic separation is required to complete the
resolution procedure.

In the present work, we describe the accomplishment of the two above-described synthetic approaches.
More specifically, we report in detail the synthetic procedure that allows transforming
enantioenriched linalool into enantiopure (2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol enantiomers.
Moreover, we describe a large-scale resolution procedure that exploits the opposite enantioselectivity of
two different lipases in the acetylation reaction of alcohol 8. Thanks to the sequential use of both enzymes,
the two enantiomeric forms of the alcohol were obtained in very high enantiomeric purity and were
employed for the first stereoselective synthesis of both enantiomers of the natural flavor, linaloyl oxide
(2,2,6-trimethyl-6-vinyltetrahydro-2H-pyran).

2. Results and Discussion

As mentioned in the introduction, we selected epoxide 9 as a synthetic precursor of alcohol 8.
We planned the enantioselective synthesis of both epoxide enantiomers using linalool enantiomers as
starting materials. From a synthetic standpoint, the different reactivity of the two double bonds present
in the linalool framework allows an outline of the regioselective preparation of 9. Indeed, the tertiary
hydroxy group can be introduced via regioselective epoxidation/reduction of the trisubstituted linalool
double bond (Figure 4). Furthermore, the epoxide functional group can be introduced by oxidative
cleavage of the monosubstituted linalool double bond followed by reduction to the corresponding
1,2-diol. The latter intermediate can be transformed into epoxide 9 by activation of the primary hydroxy
group followed by a ring-closure reaction.

6
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Figure 4. Stereoselective synthesis of (S)- and (R)-2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol 8

starting from (R)- and (S)-linalool 10, respectively. Reagents and conditions: (a) Ac2O/pyridine (Py),
4-dimethylaminopyridine (DMAP) catalyst, reflux 2 h; (b) m-chloroperbenzoic acid (mCPBA), CH2Cl2,
0 ◦C; (c) LiAlH4, dry tetrahydrofuran (THF), reflux 5 h; (d) O3, DMAP, −15 ◦C, then TsCl 0 ◦C, 3 h;
(h) (+)-10-camphorsulfonic acid (CSA) catalyst, CH2Cl2, 0 ◦C, 2 h; (i) CrO3/aqueous H2SO4, acetone,
0 ◦C to room temperature (rt), 1 h; (j) three crystallizations from hexane.

At first, we accomplished this synthetic approach starting from a sample of (−)-(R)-linalool that
is commercially available in very high enantiomeric purity by extraction from Cinnamomun canphora
(95% enantiomeric excess (ee)). Accordingly, the tertiary alcohol (−)-10 was refluxed with acetic
anhydride and pyridine (Py) in presence of catalytic amount of 4-dimethylaminopyridine (DMAP),
to give the corresponding acetate (−)-12. The latter ester was treated with m-chloroperbenzoic
acid (mCPBA) in CH2Cl2 and the resulting crude epoxide was regioselectively reduced using
an excess of LiAlH4 in refluxing tetrahydrofuran (THF). The obtained diol (−)-13 was first purified by
crystallization from hexane and then treated with ozone in CH2Cl2/MeOH, until complete cleavage of
the double bond. The following reduction with NaBH4 afforded the triol (+)-14 in very good yield.
Compound 14 could not be characterized by NMR analysis as the strong inter- and intramolecular
hydrogen bonding broadened both 1H- and 13C-NMR signals to such an extent that we could not
properly describe the spectra. Since the latter compound is previously undescribed, we prepared the
dioxolane (+)-15 by reaction of (+)-14 with 2,2-dimethoxypropane (2,2-DMP) in acetone in presence of
a pyridinium p-toluenesulfonate (PPTS) catalyst. Thus, the derivative (+)-15 was fully characterized,
and the analytical data confirmed both the regioisomeric purity and the chemical structure of triol 14.
The transformation of the 1,2-diol functional group into an epoxide group was performed as described

7
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by Vidari [30], using lithium diisopropylamide (LDA) and tosyl chloride in THF solution at −10 ◦C.
The obtained epoxy-alcohol (−)-9 was treated with a catalytic amount of (+)-10-CSA to give the desired
(2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol (+)-8 in good yield. The absolute configuration of
(+)-8 was confirmed to be (S) by chemical correlation with cinenic acid. Accordingly, oxidation of (+)-8
with Jones reagent afforded (+)-cinenic acid 11 of known (S) configuration [35].

In order to also obtain the compound (−)-8, we accomplished the identical reaction sequence
described above starting from (+)-linalool. The latter compound is easily available from coriander
oil whose weight is made up of more than 90% (+)-10. The direct treatment of the essential oil with
acetic anhydride and pyridine in presence of a catalytic amount of DMAP, followed by purification
by distillation, gave the corresponding acetate (+)-12 in good yield. Unfortunately, the enantiomeric
purity of (+)-linalool from this botanic source ranges from 45 to 85% ee [32], which is not suitable
for the preparation of the chiral building block 8. Since our synthesis makes use of the intermediate
2,6-dimethyloct-7-ene-2,6-diol 13, which can be purified by crystallization, we observed that, starting
from (−)-(R)-linalool showing 95% ee, the optical rotation value of the resulting diol was −9.9◦ which
increased to −10.4◦ after crystallization. Similarly, diol (+)-13 derived from a commercial sample of
coriander oil (optical purity of the linalool of about 55% ee) showed an optical rotation value of +5.2◦,
which increased to +10.1◦ after three crystallizations from hexane. These results demonstrate that
the enantiopurity of diol 13 was improved through fractional crystallization passing from 53% ee
to 96% ee. Therefore, the described purification procedure allows the proper enantioselective synthesis
of both enantioforms of compound 8.

Accordingly, the achieved enantiopure diol (+)-13, was transformed into alcohol (−)-8, following
the experimental conditions used for the synthesis of alcohol (+)-8. Overall, both enantioforms of the
building block (2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol were achieved in optical purity
superior to 95% ee.

The second part of this work, namely the development of an enzyme-mediated resolution
procedure of alcohol (±)-8, first requires a valuable amount of the aforementioned racemic alcohol.
Hence, we devised the preparative procedure described in Figure 5, which improved the cinenic acid
synthesis previously reported by Rupe and Lang [33].

Figure 5. Synthesis of racemic 2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol 8 starting from
6-methylhept-5-en-2-one 16. Reagents and conditions: (a) ethynylmagnesium bromide, THF
dry, −70 ◦C to rt, 2 h; (b) HCOOH/H2O 85:15, reflux 30 min; (c) NaIO4, RuCl3·H2O catalyst,
CCl4/CH3CN/H2O 2:2:3, rt, 24 h; (d) ClCOOEt/Et3N, dry THF, −10 ◦C, one hour, then NaBH4,
H2O, 0 ◦C to rt, 4 h.

Accordingly, the addition of ethynylmagnesium bromide to 6-methylhept-5-en-2-one
(Compound 16) afforded dehydrolinalool (Compound 17), which was then heated at reflux in formic
acid/water to give 2-ethynyl-2,6,6-trimethyltetrahydro-2H-pyran (Compound 18).

The oxidation of the alkyne 18 to cinenic acid 11, performed using Rupe and Lang procedure,
makes use of aqueous KMnO4, and the yield of the isolated acid does not exceed 50%, even with
complete conversion of the alkyne. Therefore, we employed a different oxidation method based on
the use of NaIO4, in the presence of a catalytic amount of RuCl3·H2O [36]. As a result, cinenic acid
was obtained in very good yield (90%). Finally, the transformation of the carboxylic acid functional
group of 11 into the corresponding carboxy-ethyl derivative followed by reduction with NaBH4 [37]
smoothly afforded racemic 8, in good overall yield.
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To the best of our knowledge, no enzyme-mediated resolution procedures of
(2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol are reported until now. It should be noted
that, usually, lipases catalyze the esterification of primary alcohols with very low enantioselectivities.
Since we already described some remarkable exceptions to this behavior [38–41], we decided to
investigate the reactivity of racemic 8 in the latter reaction, using a number of selected lipases. For each
experiment, 8 was treated with vinyl acetate in t-butyl-methyl ether, in the presence of the given
enzyme (Figure 6). The reactions were interrupted when the wanted conversion was achieved.
The unreacted alcohol and the acetate 19 were separated by chromatography, and their enantiomeric
compositions were determined by comparing their optical rotation values with those measured for the
same enantiopure chemical compounds. The results are summarized in Table 1.

Figure 6. Lipase-mediated acetylation of racemic (2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol 8.
Reagents and conditions: t-BuOMe/vinyl acetate 5:1, rt, concentration of (±)-8: 1 M. Results are
collected in Table 1.

Table 1. Results of the enzyme-mediated acetylation of racemic alcohol 8.

Racemic
Alcohol

Enzyme
Acetate/Configuration

(Enantiomeric Excess (ee))
Time

(Days)
Conversion

(%)
Enantiomer
Ratio (E) 2

(±)-8

PS (Amano) (−)-19/2R (61% ee) 3 44 6.5
PPL - 14 <10 -
CRL (+)-19/2S (4% ee) 0.5 h 29 1.1

Novozym 435 (+)-19/2S (81% ee) 3 40 16.3
PLE on Eupergit 1 - - -

Lipase AK (Amano) (−)-19/2R (79% ee) 4 40 13.7
1 After 10 days, the thin-layer chromatography (TLC) analysis of the reaction mixture did not detect the presence of
the acetate; 2 E = ln(1 − c × (1 + eep))/ln(1 − c × (1 − eep)), [42]. PPL—porcine pancreatic lipase; CRL—lipase
from Candida rugosa; PLE—pig liver esterase.

The perusal of the obtained data allows drawing some relevant considerations. Firstly, we can
observe that porcine pancreatic lipase (PPL) and pig liver esterase (PLE on Eupergit) were
completely inactive. The reaction with PPL afforded only a trace of the acetate 19 after a long
reaction time. This behavior is in sharp contrast with the results obtained in our previous studies
where the same enzymes showed a remarkable catalytic activity in the acetylation of different
primary alcohols. On the contrary, all the other enzymes evaluated in this work showed high activity,
although with different stereoselectivity. More specifically, lipase PS and lipase AK (both from
Amano Pharmaceuticals) catalyze the acetylation of (R)-8 in modest (E = 6.5) and good (E = 13.7)
enantioselectivities, respectively. Moreover, lipase from Candida rugosa (CRL) and Novozym 435 lipase
catalyze the acetylation of (S)-8 in very low (E = 1.1) and good (E = 16.3) enantioselectivities, respectively.
It is worth noting that CRL is a very effective catalyst, but does not show any enantioselectivity, thus
making the enzyme unsuitable for any resolution process. Overall, we identified two enzymes, namely
Novozym 435 and lipase AK, that are able to catalyze the acetylation of racemic alcohol 8 with
good enantioselectivity. Both enzymes are suitable for setting up a resolution process, but they display
opposite enantiopreference. Taking advantage of this observation, we devised a large-scale resolution
procedure (Figure 7) based on the combined and sequential use of Novozym 435 lipase and lipase AK.
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Figure 7. Large-scale resolution procedure of racemic 2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol 8.
Reagents and conditions: (a) Novozym® 435 lipase, t-BuOMe/vinyl acetate 5:1, rt; (b) NaOH/MeOH,
reflux, 1 h; (c) lipase AK, t-BuOMe/vinyl acetate 5:1, rt.

Hence, racemic 8 was treated with vinyl acetate in t-BuOMe using Novozym 435 as catalyst.
The acetylation reaction was prolonged until about 65% conversion was reached. In accord with the
specific lipase enantioselectivity and with the general rules of the enzyme-based kinetic resolution
of racemic mixtures [42], the unreacted alcohol (−)-(R)-8 was isolated in about 34% yield and in very
high enantiopurity (98% ee). On the contrary, the acetate (+)-19 possessed low optical purity and was
hydrolyzed using NaOH in methanol. The resulting alcohol (+)-8 was submitted to a second acetylation
step, using lipase AK as catalyst. Indeed, the latter enzyme catalyzes the esterification of the (−)-(R)
enantiomer of alcohol 8, which was transformed in the corresponding acetate. As (−)-8 is the minor
component of the enantiomers mixture, the enzymatic reaction increased the enantiomeric purity of the
unreacted alcohol. After the acetylation reaction reached a conversion of about 60%, the alcohol (+)-8
was isolated in about 35% overall yield and with 98% ee. Nearly racemic acetate 19 was also obtained
and it could be hydrolyzed to recover further alcohol, to be used in a new resolution procedure.

Overall, our resolution procedure proved to be compact, effective, and user-friendly as it can
afford both enantiomeric forms of (2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol in very high
optical purity by means of two commercial enzymes and without the employment of demanding
experimental conditions or reagents.

As a first synthetic application of the obtained chiral building blocks, we describe here the preparation
of (R)- and (S)-linaloyl oxide 4 starting from (R)- and (S)-(2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol
8, respectively. As mentioned in the introduction, this monoterpene is a relevant fragrance/flavor
ingredient [43]. More specifically, it is one of the fragrance components of geranium and lime
essential oil [7,8] and is a trace component of the flavor of many fruits or other vegetal species [9–20].
Since an effective and cheap synthesis of racemic 4 was established [44], linaloyl oxide is currently produced
and commercialized in this form, under the trade name Limetol® (Givaudan).

We are not aware of any olfactory evaluation of the single enantiomeric forms of this
monoterpene that seems to occur in essential oils in nearly racemic form [8]. Since the organoleptic
evaluation of this compound is subject to the availability of both (R) and (S) isomers in high
enantiomeric purity, their stereoselective synthesis is highly desired. To date, only a lengthy
and low-yielding synthesis of (+)-4 was reported in the course of a study finalized to the
characterization of linalool oxide [45]. As the starting compound was (−)-linalool, a similar
approach for the preparation of enantiopure (−)-4 is not applicable, as (+)-linalool is available in low
enantiomeric purity. Therefore, we synthesized (R)- and (S)-linaloyl oxide starting from enantiopure
(R)- and (S)-(2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol 8, respectively, as described in Figure 8.
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Figure 8. Synthesis of (R)- and (S)-linaloyl oxide 4 starting from (R)- and
(S)-(2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol 8, respectively. Reagents and conditions:
(a) Py·SO3, dimethyl sulfoxide (DMSO), Et3N, rt, 2 h; (b) Zn, CH2I2, Me3Al, dry THF, 0 ◦C, one hour.

Accordingly, the alcohols (−) and (+)-8 were oxidized in good yields to the corresponding
aldehydes (−) and (+)-20, respectively, using Py·SO3 in dimethyl sulfoxide (DMSO)/Et3N [46].
Then, the C9 aldehydes 20 were homologated to the C10 ethers 4 through a methylenation reaction.
The most used method to perform this transformation, namely the Wittig reaction using
triphenylphosphoniummethylene ylide, was not successful, as only the degradation of the starting
aldehyde was observed. On the contrary, we found that the reagent obtained by reaction of Zn,
CH2I2, and Me3Al [47] effectively converted (−) and (+)-20 into ether (+) and (−)-4, respectively.
Overall, the described reaction sequence is high yielding and did not involve loss of optical purity.
Since the starting chiral building blocks are enantiopure, the obtained linaloyl oxide enantiomers are
suitable for olfactory evaluation, the study of which will be reported in due course.

3. Materials and Methods

3.1. Materials and General Methods

All moisture- and air-sensitive reactions were carried out using dry solvents under a static
atmosphere of nitrogen.

All solvents and reagents were of commercial quality and were purchased from Sigma-Aldrich
(St. Louis, MO, USA) with the exception of (S)-linalool acetate (+)-12 and dehydrolinalool 17

(3,7-dimethyloct-6-en-1-yn-3-ol), which were prepared by acetylation of coriander oil and by addition
of ethynylmagnesium bromide to 6-methylhept-5-en-2-one 16, respectively.

(−)-(R)-Linalool, extracted from Cinnamomun canphora (L.) and possessing 99% purity by GC and
[α]20

D = −20.9 (neat), was purchased from Sigma-Aldrich (lot MKBR2739V).
Coriander oil, [α]20

D = +8.3 (neat), was purchased from Sigma-Aldrich (lot MKCC6867) and was
used as source of (+)-(S)-linalool.

Lipase from Porcine pancreas (PPL) type II, Sigma-Aldrich, 147 units/mg; lipase from
Pseudomonas cepacia (PS), Amano Pharmaceuticals Co., Tokyo, Japan, 30 units/mg; lipase from
Candida rugosa (CRL) type VII, Sigma-Aldrich, ≥700 units/g; Novozym® 435, Novozymes,
≥5000 units/g; lipase AK Amano from Pseudomonas fluorescens, Sigma-Aldrich, 20 units/mg; and PLE
on Eupergit, Sigma-Aldrich, 200 units/g were employed in this work.

3.2. Analytical Methods and Characterization of the Chemical Compounds

1H and 13C-NMR spectra and DEPT (Distortionless enhancement by polarization transfer)
experiments: CDCl3 solutions at room temperature (rt) using a Bruker-AC-400 spectrometer
(Billerica, MA, USA) at 400, 100, and 100 MHz, respectively; 13C spectra are proton-decoupled;
chemical shifts in ppm relative to internal SiMe4 (0 ppm).

Thin-layer chromatography (TLC) involved the use of Merck silica gel 60 F254 plates (Merck
Millipore, Milan, Italy), while column chromatography involved the use of silica gel.

Melting points were measured on a Reichert apparatus, equipped with a Reichert microscope,
and are uncorrected.

Optical rotations were measured on a Jasco-DIP-181 digital polarimeter (Jasco, Tokyo, Japan).
Mass spectra were recorded on a Bruker ESQUIRE 3000 PLUS spectrometer (ESI detector,

Billerica, MA, USA) or by GC–MS analyses.
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GC–MS analyses involved the use of an HP-6890 gas chromatograph equipped with a 5973 mass
detector, using an HP-5MS column (30 m × 0.25 mm, 0.25-μm film thickness; Hewlett Packard, Palo
Alto, CA, USA) with the following temperature program: 60◦ (1 min), then 6◦/min to 150◦ (held at
1 min), then 12◦/min to 280◦ (held 5 min); carrier gas: He; constant flow 1 mL/min; split ratio: 1/30;
tR given in minutes.

The values of tR for each compound are as follows: tR(4) 5.97, tR(8) 8.78, tR(9) 10.53, tR(10) 8.86,
tR(11) 12.32, tR(12) 12.42, tR(13) 11.93, tR(15) 14.58, tR(17) 8.67, tR(18) 5.81, tR(19) 12.63, and tR(20) 7.07.

3.3. Stereoselective Preparation of (S)- and (R)-(2,6,6-Trimethyltetrahydro-2H-pyran-2-yl)methanol Starting
from (R)- and (S)-Linalool, Respectively

3.3.1. (R)-2,6-Dimethyloct-7-ene-2,6-diol (−)-13

(−)-(R)-Linalool 10 (60 g, 389 mmol), acetic anhydride (50 mL, 529 mmol), pyridine (45 mL,
559 mmol), and DMAP (1 g, 8.2 mmol) were heated at reflux under a static atmosphere of nitrogen
until complete acetylation of the starting alcohol (2 h by TLC analysis). The reaction mixture was
then cooled and quenched by addition to a mixture of water and crushed ice followed by extraction
with diethyl ether (2 × 250 mL). The combined organic phases were washed in turn with water,
and saturated with NaHCO3 solution (3 × 200 mL) and brine. The organic phase was dried (Na2SO4)
and concentrated in vacuo. The residue was purified by distillation to afford colorless (R)-linalool
acetate 12 (62.9 g, 82% yield, 94% purity by GC analysis).

A sample of acetate 12 (24 g, 122 mmol) was dissolved in CH2Cl2 (100 mL) and treated with
m-chloroperbenzoic acid (31 g, 77% w/w, 138 mmol) stirring at 0 ◦C until completion of the reaction
(TLC monitoring). The m-chlorobenzoic acid formed was removed by filtration and the liquid phase
was washed in turn with aqueous Na2SO3 (10% w/w), aqueous NaHCO3 (saturated solution) and brine.
The organic phase was dried (Na2SO4), concentrated under reduced pressure and the residue was
diluted with dry THF (60 mL). The aforementioned solution was added dropwise to a stirred
suspension of LiAlH4 (6 g, 158 mmol) in dry THF (200 mL). The reaction was stirred at reflux until the
starting epoxide was completely transformed into the diol 13 (5 h, TLC analysis); then, the mixture
was cooled (0 ◦C), diluted with diethyl ether (300 mL), and quenched by dropwise addition of 40%
aqueous solution of NaOH (50 mL), stirring vigorously for 1 h. The resulting heterogeneous mixture
was filtered on a celite pad and the organic phase was washed with brine, before being dried (Na2SO4)
and concentrated under reduced pressure. The residue was purified by chromatography using
n-hexane/AcOEt (8:2–1:1) as an eluent to afford pure (R)-2,6-dimethyloct-7-ene-2,6-diol 13 (17.8 g,
85% yield) as a colorless oil which solidified on standing; [α]20

D = −9.9 (c 2, CHCl3). A sample of the
diol was recrystallized from hexane. The collected crystals showed 98% purity by GC analysis; melting
point (mp): 55–56 ◦C; [α]20

D = −10.4 (c 2.1, CHCl3); 1H NMR (400 MHz, CDCl3): δ 5.92 (dd, J = 17.4,
10.8 Hz, 1H), 5.21 (dd, J = 17.4, 1.2 Hz, 1H), 5.05 (dd, J = 10.8, 1.2 Hz, 1H), 1.69 (br s, 2H), 1.59–1.49 (m,
2H), 1.49–1.34 (m, 4H), 1.29 (s, 3H), 1.21 (s, 6H). 13C NMR (100 MHz, CDCl3): δ 145.1 (CH), 111.6 (CH2),
73.2 (C), 71.0 (C), 44.1 (CH2), 42.6 (CH2), 29.2 (Me), 27.7 (Me), 18.6 (CH2).

GC–MS m/z (relative intensity): 154 (M+-H2O, <1), 139 (11), 121 (19), 109 (8), 93 (10), 81 (37), 71 (100),
59 (33), 43 (46).

3.3.2. (R)-2,6-Dimethylheptane-1,2,6-triol (+)-14

An oxygen stream containing ozone (0.1 mole/hour) was bubbled into a cooled (−70 ◦C) solution
of the diol (−)-13 (14 g, 81.3 mmol) in CH2Cl2/MeOH (3:1 v/v, 280 mL). As soon as the solution took
a persistent light-blue color, the ozone addition was stopped and the oxygen stream was switched to
a nitrogen stream. After a few minutes the solution became pale yellow and NaBH4 (5 g, 132.2 mmol)
was added portionwise. The reaction was slowly allowed to reach rt and set aside overnight. The excess
of hydride was then quenched by addition of acetic acid (50 mL). After excluding the presence of
residual peroxides (negative KI/starch test) the solvents and the excess of acetic acid were removed
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under reduced pressure and the residue was diluted with water (80 mL) and extracted with n-butanol
(4 × 100 mL). The combined organic phases were washed with brine, before being dried (Na2SO4)
and concentrated under reduced pressure. The residue was purified by chromatography eluting first
with n-hexane/AcOEt (1:1) and then increasing the polarity using AcOEt/MeOH (2:1) to afford pure
(+)-(R)-2,6-dimethylheptane-1,2,6-triol 14 as a thick, colorless oil (12.9 g, 90% yield).

[α]20
D = +2.9 (c 4.7, CHCl3); MS (ESI): 199.1 (M+ + Na)

Due to the strong intermolecular hydrogen bonding, 1H and 13C-NMR analysis of the latter
compound were not clear and did not allow an unambiguous characterization of compound
14. Therefore, we prepared the derivative 15 that was fully characterized. The obtained
analytical data substantiated the chemical structure of 15, and thus, the structure of triol 14.
Accordingly, a sample of triol (+)-14 (200 mg, 1.13 mmol) was dissolved in acetone (10 mL) and
treated with 2,2-dimethoxypropane (5 mL) and pyridinium p-toluenesulfonate (0.1 g, 0.40 mmol),
and then stirred at rt for 8 h. Next, Et3N (2 mL) was added and the solvents were removed under
reduced pressure. The residue was partitioned between EtOAc (50 mL) and water (50 mL) and the
organic phase was washed with water and with brine, before being dried (Na2SO4) and concentrated in
vacuo. The obtained pale-yellow oil was purified by chromatography using n-hexane/AcOEt (8:2–1:1)
as an eluent to afford pure (+)-(R)-2-methyl-5-(2,2,4-trimethyl-1,3-dioxolan-4-yl)pentan-2-ol 15 (215 mg,
88%).

[α]20
D = +2.3 (c 3.2, CHCl3)

1H NMR (400 MHz, CDCl3): δ 3.79 (d, J = 8.3 Hz, 1H), 3.71 (d, J = 8.3 Hz, 1H), 1.72–1.33 (m, 7H),
1.40 (s, 3H), 1.38 (s, 3H), 1.28 (s, 3H), 1.22 (s, 6H).

13C NMR (100 MHz, CDCl3): δ 109.0 (C), 81.2 (C), 74.0 (CH2), 70.9 (C), 44.3 (CH2), 40.5 (CH2), 29.3 (Me),
29.2 (Me), 27.2 (Me), 27.1 (Me), 24.8 (Me), 19.3 (CH2).

GC–MS m/z (relative intensity): 201 (M+-Me, 31), 183 (16), 141 (9), 123 (100), 115 (92), 107 (10), 97 (19),
81 (39), 72 (52), 59 (50), 43 (75).

MS (ESI): 239.1 (M+ + Na).

3.3.3. (R)-2-Methyl-5-(2-methyloxiran-2-yl)pentan-2-ol (−)-9

A stirred solution of triol (+)-14 (8.2 g, 46.5 mmol) in dry THF (60 mL) was treated at −15 ◦C
with freshly prepared LDA (44 mL of a 2.4 M solution in THF). After ten minutes, a solution of tosyl
chloride (9.7 g, 50.9 mmol) in dry THF (30 mL) was added dropwise. The mixture was stirred at
0 ◦C until complete transformation of the starting triol (3 h). Then, the reaction was quenched
by pouring into a mixture of saturated NH4Cl solution and crushed ice followed by extraction
with diethyl ether (2 × 200 mL). The combined organic phases were washed in turn with saturated
NaHCO3 solution and brine. The organic solution was dried (Na2SO4) and concentrated in vacuo.
The residue was purified by chromatography using n-hexane/AcOEt (9:1–1:1) as an eluent to afford
pure (−)-(R)-2-methyl-5-(2-methyloxiran-2-yl)pentan-2-ol 9 as a colorless oil (5.9 g, 80% yield).

[α]20
D = −6.2 (c 5.2, CHCl3)

1H NMR (400 MHz, CDCl3): δ 2.62 (d, J = 4.8 Hz, 1H), 2.58 (d, J = 4.8 Hz, 1H), 1.67–1.41 (m, 7H),
1.32 (s, 3H), 1.22 (s, 6H).

13C NMR (100 MHz, CDCl3): δ 70.7 (C), 56.9 (C), 53.8 (CH2), 43.6 (CH2), 36.9 (CH2), 29.3 (Me), 29.1 (Me),
20.8 (Me), 19.9 (CH2).

MS (ESI): 181.1 (M+ + Na).
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3.3.4. (S)-(2,6,6-Trimethyltetrahydro-2H-pyran-2-yl)methanol (+)-8

A stirred solution of epoxide (−)-9 (5.6 g, 35.4 mmol) in CH2Cl2 (50 mL) was treated
at 0 ◦C with (+)-10-camphorsulfonic acid (100 mg, 0.43 mmol). As soon as the starting
epoxide was no longer detectable by TLC analysis (2 h), the reaction was quenched by
addition of a saturated NaHCO3 solution (40 mL) and was extracted with CH2Cl2 (2 × 60 mL).
The combined organic phases were dried (Na2SO4) and concentrated in vacuo. The residue
was purified by chromatography using n-hexane/Et2Ot (9:1–2:1) as an eluent to afford pure
(+)-(S)-(2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol 8 as a colorless oil (4.8 g, 86% yield).

[α]20
D = +9.8 (c 3.4, CHCl3)

1H NMR (400 MHz, CDCl3): δ 3.32 (d, J = 10.6 Hz, 1H), 3.24 (d, J = 10.6 Hz, 1H), 2.28 (br s, 1H),
1.84–1.58 (m, 3H), 1.55–1.47 (m, 1H), 1.41–1.25 (m, 2H), 1.25 (s, 3H), 1.19 (s, 3H), 1.17 (s, 3H).

13C NMR (100 MHz, CDCl3): δ 73.3 (C), 71.8 (C), 70.6 (CH2), 36.4 (CH2), 32.2 (Me), 30.3 (CH2), 28.1 (Me),
24.3 (Me), 16.1 (CH2).

GC–MS m/z (relative intensity): 143 (M+-Me, 2), 127 (59), 109 (100), 97 (3), 81 (4), 75 (4), 69 (49), 59 (12),
43 (45).

3.3.5. Chemical Correlation of (+)-(2,6,6-Trimethyltetrahydro-2H-pyran-2-yl)methanol 8 with
(+)-(S)-Cinenic Acid 11

Jones reagent (5 mmol) was added dropwise to a stirred solution of the alcohol (+)-8 (0.2 g,
1.26 mmol, 95% ee) in acetone (15 mL) at 0 ◦C. The reaction was allowed to reach rt and stirring
was prolonged since TLC analysis indicated complete transformation of the intermediate aldehyde
into the corresponding acid (one hour). The reaction was then quenched by dilution with water
(60 mL) and extraction with diethyl ether (2 × 70 mL). The organic phase was washed with water
and with brine, before being dried (Na2SO4), and concentrated under reduced pressure. The residue
was purified by chromatography using n-hexane/ethyl acetate (9:1–7:3) as an eluent to give pure
(+)-(S)-2,6,6-trimethyltetrahydro-2H-pyran-2-carboxylic acid 11 as a colorless oil which crystallized on
standing (195 mg, 90% yield, 94% purity by GC–MS analysis).

[α]20
D = +2.6 (c 4, CHCl3)

1H NMR (400 MHz, CDCl3): δ 9.95 (br s, 1H), 2.11–2.02 (m, 1H), 1.80–1.62 (m, 2H), 1.56–1.47 (m, 3H),
1.45 (s, 3H), 1.28 (s, 3H), 1.24 (s, 3H).

13C NMR (100 MHz, CDCl3): δ 178.5 (C), 75.2 (C), 74.4 (C), 35.9 (CH2), 32.0 (CH2), 30.1 (Me), 27.7 (Me),
27.4 (Me), 16.4 (CH2).

GC–MS m/z (relative intensity): 157 (M+-Me, 2), 139 (4), 127 (58), 109 (100), 95 (3), 69 (62),
59 (14), 43 (57).

3.3.6. (S)-2,6-Dimethyloct-7-ene-2,6-diol (+)-13

Coriander oil (60 g), acetic anhydride (50 mL, 529 mmol), pyridine (45 mL, 556 mmol), and DMAP
(1 g, 8,2 mmol) were heated at reflux under a static atmosphere of nitrogen until complete acetylation
of the (+)-(S)-linalool (2 h by TLC analysis). The reaction mixture was then cooled and quenched by
addition to a mixture of water and crushed ice followed by extraction with diethyl ether (2 × 200 mL).
The combined organic phases were washed in turn with water, before being saturated NaHCO3

solution (3 × 200 mL) and brine. The organic phase was dried (Na2SO4) and concentrated in vacuo.
The residue was purified by distillation to afford colorless (+)-(S)-linalool acetate 12 (51.2 g, 91% purity
by GC analysis).

A sample of acetate (+)-12 (28 g, 142.6 mmol) was dissolved in CH2Cl2 (120 mL) and treated
with m-chloroperbenzoic acid (34 g, 77% w/w, 151.7 mmol) stirring at 0 ◦C until completion
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of the reaction (TLC monitoring). The m-chlorobenzoic acid formed was removed by filtration
and the liquid phase was washed in turn with aqueous Na2SO3 (10% w/w), aqueous NaHCO3

(saturated solution), and brine. The organic phase was dried (Na2SO4), concentrated under reduced
pressure and the residue was diluted with dry THF (60 mL). The aforementioned solution was
added dropwise to a stirred suspension of LiAlH4 (6.5 g, 171.3 mmol) in dry THF (200 mL).
The reaction was stirred at reflux until the starting epoxide was completely transformed in the
diol (+)-13 (5 h, TLC analysis); then, the mixture was cooled (0 ◦C), diluted with diethyl ether
(300 mL), and quenched by dropwise addition of 40% aqueous solution of NaOH (50 mL), stirring
vigorously for 1 h. The resulting heterogeneous mixture was filtered on a celite pad and the
organic phase was washed with brine, before being dried (Na2SO4) and concentrated under reduced
pressure. The residue was purified by chromatography using n-hexane/AcOEt (8:2–1:1) as an eluent
to afford pure (+)-(S)-2,6-dimethyloct-7-ene-2,6-diol 13 (19.1 g, 78% yield) as a colorless thick oil,
showing [α]20

D = +5.3 (c 3.5, CHCl3). The diol was then recrystallized three times from hexane.
The third crystal crop (6.8 g, recrystallization yield 36%) showed 98% purity by GC analysis;
mp: 52–53 ◦C; [α]20

D = +10.1 (c 3.5, CHCl3), corresponding to 96% ee. 1H-NMR, 13C-NMR, and GC–MS
were superimposable to those reported for the (−)-(R) isomer.

3.3.7. (S)-2,6-Dimethylheptane-1,2,6-triol (−)-14

According to the procedure outlined for the synthesis of triol (+)-14, diol (+)-13 (96% ee, 98%
chemical purity) gave, in 91% yield, (−)-14 as a colorless thick oil with [α]20

D = −2.8 (c 3.5, CHCl3).

3.3.8. (S)-2-Methyl-5-(2-methyloxiran-2-yl)pentan-2-ol (+)-9

According to the procedure outlined for the synthesis of epoxide (−)-9, triol (−)-14 (96% ee) gave,
in 76% yield, (+)-9 as a colorless oil with [α]20

D = +6.0 (c 4.1, CHCl3) and 95% chemical purity by GC;
1H-NMR, 13C-NMR, and MS (ESI) were superimposable to those reported for the (−)-(R) isomer.

3.3.9. (R)-(2,6,6-Trimethyltetrahydro-2H-pyran-2-yl)methanol (−)-8

According to the procedure outlined for the synthesis of alcohol (+)-8, epoxide (+)-9 (96% ee, 95%
chemical purity) gave, in 88% yield, (−)-8 as a colorless oil with [α]20

D = −10.0 (c 3.1, CHCl3) and 95%
chemical purity by GC.

3.4. Synthesis of Racemic (2,6,6-Trimethyltetrahydro-2H-pyran-2-yl)methanol

3.4.1. 2-Ethynyl-2,6,6-trimethyltetrahydro-2H-pyran

A solution of ethynylmagnesium bromide (390 mL, 0.9 M in THF) was added dropwise at −70 ◦C
to a stirred solution of 6-methylhept-5-en-2-one 16 (40 g, 317 mmol) in dry THF (100 mL) under a static
atmosphere of nitrogen. The reaction was allowed to reach rt, and after 2 h, was poured into a mixture
of crushed ice (300 g) and saturated NH4Cl solution (300 mL) followed by extraction with diethyl ether
(2 × 300 mL). The combined organic phases were washed with water and with brine, before being
dried (Na2SO4) and concentrated in vacuo. The residue was purified by distillation (boiling point (bp)
98 ◦C at 20 mmHg) to afford pure 3,7-dimethyloct-6-en-1-yn-3-ol 17 (43.8 g, 91% yield, 95% purity by
GC–MS analysis).

A solution of the alkynol 17 (20 g, 131.4 mmol) in HCOOH/H2O (85:15, 25 mL) under a static
atmosphere of nitrogen was heated at reflux until complete transformation of the starting propargylic
alcohol (half an hour, TLC analysis). After cooling, the reaction was diluted with cool water (250 mL)
and extracted with diethyl ether (2 × 150 mL). The combined organic phases were washed in turn
with water, with saturated NaHCO3 solution and with brine, before being dried (Na2SO4) and
concentrated in vacuo. The residue was purified by distillation (bp 65 ◦C at 20 mmHg) to afford
pure 2-ethynyl-2,6,6-trimethyltetrahydro-2H-pyran 18 (15.1 g, 75% yield, 94% purity by GC–MS
analysis) as a colorless oil.
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1H NMR (400 MHz, CDCl3): δ 2.34 (s, 1H), 2.01 (qt, J = 13.5, 3.4 Hz, 1H), 1.84 (dm, J = 13.0 Hz, 1H),
1.61 (dt, J = 13.5, 3.7 Hz, 1H), 1.55 (dm, J = 13.0 Hz, 1H), 1.47 (s, 3H), 1.46 (s, 3H), 1.43–1.28 (m, 2H),
1.18 (s, 3H).

13C NMR (100 MHz, CDCl3): δ 89.0 (C), 73.5 (C), 71.3 (CH), 67.1 (C), 38.3 (CH2), 36.4 (CH2), 33.0 (Me),
32.6 (Me), 25.2 (Me), 17.5 (CH2).

GC–MS m/z (relative intensity): 137 (M+-Me, 100), 119 (11), 109 (76), 95 (32), 79 (69), 66 (81), 56 (62), 43 (83).

3.4.2. 2,6,6-Trimethyltetrahydro-2H-pyran-2-carboxylic Acid or Cinenic Acid 11

A heterogeneous mixture of the alkyne 18 (10 g, 65.7 mmol), sodium periodate (60 g, 280.5 mmol)
CCl4 (50 mL), CH3CN (50 mL), water (75 mL), and a catalytic amount of RuCl3 hydrate (40% w/w Ru,
80 mg, 0.32 mmol) was vigorously stirred at rt. When the starting alkyne was no longer detectable by
TLC analysis (24 h), the reaction was diluted with water (200 mL), acidified using diluted aqueous HCl
and extracted with CH2Cl2 (3 × 120 mL). The combined organic phases were dried (Na2SO4) and were
concentrated in vacuo. The residue was purified by chromatography using n-hexane/AcOEt (9:1–1:1)
as an eluent to afford pure 2,6,6-trimethyltetrahydro-2H-pyran-2-carboxylic acid 11 as a colorless oil
which crystallized on standing (10.2 g, 90% yield, 94% purity by GC–MS analysis). A sample of the
acid was recrystallized from hexane. The collected crystals showed 98% purity by GC–MS analysis;
mp: 83–84 ◦C; 1H-NMR, 13C-NMR, and GC–MS were superimposable to those reported above for the
(+)-(S)-isomer.

3.4.3. Racemic (2,6,6-Trimethyltetrahydro-2H-pyran-2-yl)methanol 8

Ethyl chloroformate (5.5 mL, 57.5 mmol) was added dropwise at −10 ◦C to a stirred solution
of acid 11 (9 g, 52.3 mmol) and Et3N (8 mL, 57.4 mmol) in dry THF (60 mL). After one hour,
the precipitate triethylammonium chloride was filtered and the solid was washed with cold THF
(10 mL). The combined liquid phases were added dropwise to a stirred solution of NaBH4 (5 g,
132.2 mmol) in water (50 mL) keeping the temperature below 10 ◦C by external cooling. After complete
addition, the reaction was allowed to reach rt, before being stirred at this temperature for 4 h and
quenched by acidification with diluted HCl (3% in water). The obtained mixture was extracted
with diethyl ether (3 × 100 mL) and the combined organic phases were washed with saturated
NaHCO3 solution and with brine, before being dried (Na2SO4) and concentrated in vacuo. The residue
was purified by chromatography using n-hexane/AcOEt (9:1–7:3) as an eluent to afford pure
(2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol 8 (6.7 g, 81% yield) as a colorless oil; 1H-NMR,
13C-NMR, and GC–MS were superimposable to those reported above for the (+)-(S) isomer.

3.5. Enzyme-Mediated Resolution of (2,6,6-Trimethyltetrahydro-2H-pyran-2-yl)methanol

3.5.1. Determination of the Enantioselectivity in the Lipase-Catalyzed Acetylation of Racemic
Alcohol 8

A solution of the racemic alcohol 8 (0.5 g, 3.16 mmol), lipase/esterase, vinyl acetate
(5 mL), and t-BuOMe (20 mL) was stirred at rt, and the formation of the acetylated
compound was monitored by TLC analysis. The reaction was stopped at the reported
conversion (see Table 1) by filtration of the enzyme and evaporation of the solvent at
reduced pressure. The residue was then purified by chromatography using hexane-acetate
(9:1–7:3) as an eluent. The obtained acetate and the unreacted alcohol were bulb-to-bulb distilled
in order to obtain solvent free samples suitable for the accurate measurement of their optical
rotation values. The enantiomeric purity of the samples was determined comparing the measured
optical rotation values with those of (S)-(2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol 8 and
(S)-(2,6,6-trimethyltetrahydro-2H-pyran-2-yl)methanol acetate (+)-19 possessing 95% ee, [α]20

D = +9.8
(c 3.4, CHCl3) and [α]20

D = +7.9 (c 2.9, CHCl3), respectively.

16



Catalysts 2018, 8, 362

Data analysis for acetate (+)-19: 1H NMR (400 MHz, CDCl3): δ 4.02 (d, J = 10.9 Hz, 1H), 3.86 (d,
J = 10.9 Hz, 1H), 2.08 (s, 3H), 1.76–1.58 (m, 2H), 1.56–1.32 (m, 4H), 1.23 (s, 3H), 1.21 (s, 3H), 1.18 (s, 3H).

13C NMR (100 MHz, CDCl3): δ 170.9 (C), 71.8 (C), 71.5 (C), 70.9 (CH2), 36.3 (CH2), 31.7 (CH2), 30.8 (Me),
29.7 (Me), 25.4 (Me), 20.9 (Me), 16.0 (CH2).

GC–MS m/z (relative intensity): 185 (M+-Me, 2), 127 (71), 109 (100), 97 (3), 81 (3), 69 (36), 56 (6), 43 (54).

3.5.2. Large-Scale Resolution of (2,6,6-Trimethyltetrahydro-2H-pyran-2-yl)methanol 8

A solution of the racemic alcohol 8 (10 g, 63.2 mmol), Novozym®435 lipase (3 g), vinyl acetate
(10 mL), and t-BuOMe (50 mL) was stirred at rt, and the formation of the acetylated compound was
monitored by TLC analysis. The reaction was stopped at 65% conversion by filtration of the enzyme
and evaporation of the solvent at reduced pressure. The residue was then purified by chromatography
using hexane-acetate (9:1–7:3) as an eluent. The unreacted alcohol (−)-8 (3.4 g, 34% yield) showed the
following analytical data: 96% chemical purity by GC–MS, [α]20

D = −10.1 (c 3.6, CHCl3), corresponding
to 98% ee. The obtained acetate (+)-19 was treated with NaOH (6 g, 0.15 mol) in MeOH (80 mL) at
reflux for 1 h. After the work-up procedure, the obtained alcohol was submitted again to the resolution
procedure using lipase AK (4 g) as a catalyst, vinyl acetate (10 mL), and t-BuOMe (50 mL) allowing the
acetylation reaction to reach a conversion of about 60%. The unreacted alcohol (+)-8 (3.5 g, 35% yield)
showed the following analytical data: 97% chemical purity by GC–MS, [α]20

D = +10.1 (c 3.0, CHCl3),
corresponding to 98% ee. The remaining acetate (3.0 g, 24% yield) could be hydrolyzed to recover
further alcohol with low ee that could be used in a new resolution procedure.

3.6. Synthesis of the Enantiomeric Forms of 2,2,6-Trimethyl-6-vinyltetrahydro-2H-pyran

3.6.1. (R)-2,6,6-Trimethyltetrahydro-2H-pyran-2-carbaldehyde (−)-20

A solution of Py·SO3 complex (2.7 g, 17 mmol) in dry DMSO (10 mL) was added in one portion
to a stirred solution of alcohol (−)-8 (1 g, 6.32 mmol, 98% ee) and Et3N (10 mL, 72 mmol) in
dry DMSO (15 mL). After complete transformation of the starting alcohol (by TLC analysis, 2 h),
the reaction was quenched by addition of water (100 mL) followed by extraction with diethyl ether
(2 × 80 mL). The combined organic phases were washed in turn with water, diluted HCl solution,
and brine. The organic solution was dried (Na2SO4) and concentrated in vacuo. The residue
was purified by chromatography using n-hexane/Et2O (95:5–8:2) as an eluent to afford pure
(−)-(R)-2,6,6-trimethyltetrahydro-2H-pyran-2-carbaldehyde 20 (810 mg, 82% yield, 92% purity by
GC–MS analysis) as a colorless oil.

[α]20
D = −44.7 (c 3.9, CHCl3)

1H NMR (400 MHz, CDCl3): δ 9.59 (d, J = 1.7 Hz, 1H), 2.15 (dm, J = 13.3 Hz, 1H), 1.61–1.35 (m, 4H),
1.30–1.17 (m, 1 H), 1.27 (s, 3H), 1.12 (s, 3H), 1.11 (s, 3H).

13C NMR (100 MHz, CDCl3): δ 205.5 (C), 78.4 (C), 73.0 (C), 35.7 (CH2), 31.9 (Me), 29.2 (CH2), 25.8 (Me),
24.5 (Me), 16.6 (CH2).

GC–MS m/z (relative intensity): 141 (M+-Me, 2), 127 (60), 109 (100), 95 (3), 81 (4), 69 (75), 59 (8), 43 (54).

3.6.2. (R)-2,2,6-Trimethyl-6-vinyltetrahydro-2H-pyran (+)-4

A solution of trimethylaluminium in hexane (3.2 mL of a 1 M solution) was added dropwise,
under a static atmosphere of nitrogen, to a stirred suspension of activated zinc dust (3.2 g, 48.9 mmol),
CH2I2 (4.2 g, 15.7 mmol), and dry THF (20 mL). The temperature of the mixture was kept below 30 ◦C
by external cooling until the exothermic reaction settled down. The stirring was prolonged at rt for
a further 10 min; then, aldehyde (−)-20 (0.8 g, 5.12 mmol, 98% ee) in dry THF (3 mL) was added
dropwise at 0 ◦C and the mixture was stirred for one further hour. The reaction was diluted with
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diethyl ether (100 mL) and was acidified with diluted HCl (3% in water). The ether was separated
and the aqueous phase was extracted with further ether (60 mL). The combined organic phases
were washed with water and with brine, before being dried (Na2SO4) and concentrated in vacuo.
The residue was purified by chromatography using n-pentane/Et2O (99:1–9:1) as an eluent to afford
pure (+)-2,2,6-trimethyl-6-vinyltetrahydro-2H-pyran 4 (0.61 g, 77% yield, 93% purity by GC–MS
analysis) as a colorless oil. The bulb-to-bulb distillation (60–65 ◦C, 20 mmHg) of the latter compound
afforded very pure (+)-4 (99% purity by GC–MS analysis).

[α]20
D = +8.9 (c 3.3, CHCl3)

1H NMR (400 MHz, CDCl3): δ 5.96 (ddd, J = 17.8, 11.0, 0.8 Hz, 1H), 4.99 (dd, J = 17.8, 0.8 Hz, 1H), 4.94
(dd, J = 11.0, 1.0 Hz, 1H), 1.89 (dm, J = 13.4 Hz, 1H), 1.78–1.65 (m, 1H), 1.62–1.51 (m, 1H), 1.50–1.32
(m, 3H), 1.20 (s, 3H), 1.19 (s, 3H), 1.18 (s, 3H).

13C NMR (100 MHz, CDCl3): δ 147.2 (CH), 110.2 (CH2), 73.4 (C), 72.2 (C), 36.6 (CH2), 33.0 (CH2),
32.3 (Me), 31.5 (Me), 27.5 (Me), 16.8 (CH2).

GC–MS m/z (relative intensity): 154 (M+, <1), 139 (100), 121 (42), 109 (24), 93 (11), 81 (59), 71 (64),
56 (29), 43 (47).

3.6.3. (S)-2,6,6-Trimethyltetrahydro-2H-pyran-2-carbaldehyde (+)-20

According to the procedure outlined for the synthesis of aldehyde (−)-20, alcohol (+)-8 (98% ee)
gave, in 85% yield, aldehyde (+)-20 as a colorless oil with [α]20

D = +45.4 (c 3.1, CHCl3) and 95%
chemical purity by GC; 1H-NMR, 13C-NMR, and GC–MS were superimposable to those reported for
the (−)-(R)-isomer.

3.6.4. (S)-2,2,6-Trimethyl-6-vinyltetrahydro-2H-pyran (−)-4

According to the procedure outlined for the synthesis of ether (+)-4, aldehyde (+)-20 (98% ee)
gave, in 70% yield, ether (−)-4 as a colorless oil with [α]20

D = −9.0 (c 2.1, CHCl3) and 95% chemical
purity by GC; 13C-NMR, and GC–MS were superimposable to those reported for the (+)-(R)-isomer.
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Abstract: Chiral β-nitroalcohols are important building blocks in organic chemistry. The synthetic
approach that is based on the enzyme-mediated reduction of α-nitroketones has been scarcely
considered. In this work, the use of commercial alcohol dehydrogenases (ADHs) for the reduction of
aromatic and aliphatic nitroketones is investigated. High conversions and enantioselectivities can be
achieved with two specific ADHs, affording either the (S) or (R)-enantiomer of the corresponding
nitroalcohols. The reaction conditions are carefully tuned to preserve the stability of the reduced
product, and to avoid the hydrolytic degradation of the starting substrate. The further manipulation
of the enantioenriched nitroalcohols into Boc-protected amminoalcohols is also described.

Keywords: nitroketone; reduction; alcohol-dehydrogenase; enantioselectivity

1. Introduction

Chiral β-nitroalcohols 1 (Scheme 1) are relevant synthetic targets in organic chemistry. They are
employed as key intermediates for the preparation of a wide range of biologically active natural
products and active pharmaceutical ingredients [1–5], especially because they can be readily converted
into chiral β-aminoalcohols 2 by reduction of the nitro moiety.

Scheme 1. Synthesis of β-amminoalcohols 2 through β-nitroalcohols 1 as intermediates

The most common approach to compounds 1 is represented by the enantioselective Henry
(nitroaldol) reaction between aldehydes and nitromethane, which is catalysed by metal complexes or
organocatalysts [1,6–16].

During the past decade, the search for greener and more sustainable synthetic procedures
has promoted the investigation of biocatalysed strategies for the synthesis of enantiopure
β-nitroalcohols [17]. Several examples of kinetic resolution of racemic compounds 1 catalysed by
hydrolases have been reported in the literature [7]. It has also been discovered that some hydroxynitrile
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lyases (HNLs) are able to promote the enantioselective addition of nitromethane to aldehydes, such as
the (S)-selective HNLs from Hevea brasiliensis and from Manihot esculenta [18–20], and the (R)-selective
HNLs from Arabidopsis thaliana [21], Acidobacterium capsulatum, and Granulicella tundricula [22].
These reactions are generally characterized by long reaction times, and strong substrate dependence.

Another possible enzymatic approach, which has received scarce consideration until now,
is represented by the bioreduction of α-nitroketones 3. Only a few papers on this topic are present in the
literature. In 1987 [23], the baker’s yeast reduction of 3-methyl-3-nitro-2-butanone to the (S)-enantiomer
of corresponding alcohol (enantiomeric excess = ee > 96%) in 57% yield was described. A few years
later, Moran et al. [24] investigated the reduction of α-nitroacetophenone (3a. R = Ph) in fermenting
baker’s yeast. Only 6% of nitroalcohol 1a (R = Ph) could be isolated, with benzoic acid being the main
product of the biotransformation (27%). According to the authors, the formation of benzoic acid was
due to the retro-Henry degradation of nitroalcohol 1a to benzaldehyde, followed by oxidation. In 2008,
Kroutil et al. [25] reported on the conversion of 1-nitro-3-phenylpropan-2-one and 1-nitro-2-octanone
into the enantiopure (S)-nitroalcohols in 47% and 75% yield, respectively, by using the lyophilized
cells of Comomonas testoteroni. Recently [26], the whole cells of Candida parapsilosis ATCC 7330 were
employed to catalyse the enantioselective reduction of some aliphatic derivatives 3 (only R = alkyl) in
water with ethanol as a cosolvent, at room temperature, and in 4 h reaction time (conversion yields
54–76%, ee = 8.2–81%). The formation of the (R) or (S) enantiomer of the corresponding nitroalcohol
depended upon the nature of the R group.

The scarcity of experimental data on the bioreduction of α-nitroketones, especially for aromatic
derivatives, and the current need for biocatalysed synthesis of chiral building blocks for pharmaceutical
applications [27–31] led us to investigate the use of commercial alcohol dehydrogenases for the
enantioselective reduction of aryl and alkyl α-nitroketones 3 in controlled reaction conditions. We also
studied the further manipulation of specific nitroalcohols 1 to prepare aminoalcohols 2, which have
been already employed as key intermediates for the synthesis of active pharmaceutical ingredients,
such as levamisole and (R)-tembamide.

2. Results and Discussion

2.1. Synthesis of Nitroketones 3 and Biocatalysed Reduction to Derivatives 1

Nitroketones 3a–o (Scheme 2) were synthesized according to the literature by derivatization of
the corresponding carboxylic acids with carbonyldiimidazole, followed by reaction with the sodium
salt of nitromethane, which was obtained in turn by deprotonation of nitromethane with NaH [32].

Scheme 2. Synthesis and biocatalysed reduction of nitroketones 3a–o.

Before starting the alcohol dehydrogenases (ADH) screening, the stability of derivatives 1 was
investigated in buffer solutions at pH = 5, 7, and 9 for 4–18 h at 25 ◦C, using compound 1a as a model
and DMSO as a co-solvent. As expected, nitroalcohol 1a resulted to be unstable towards retro-Henry
reaction in basic and neutral medium: conversion into benzaldehyde was complete at pH = 7 and 9
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after 18 h. At pH = 5 no benzaldehyde was observed. Thus, pH = 5 was selected for the investigation
of the biocatalysed reduction of compound 3a, using a panel of 18 commercial alcohol dehydrogenases
(from Evoxx). The catalytic NADPH or NADH cofactor was recycled with glucose dehydrogenase
(GDH from Bacillus megaterium), and glucose was employed as a sacrificial co-substrate. The reactions
were performed in acetate buffer solution (pH = 5) with 1% DMSO, monitored by TLC, and usually
stopped after 4–5 h. The results of the screening experiments are collected in Table S1. Conversion were
evaluated by 1H NMR spectroscopy and the enantiomeric excess values of the reduced products were
determined by HPLC analysis on a chiral stationary phase. GC-analysis could not be used because
nitroalcohol 1a undergoes partial thermal degradation to benzaldehyde.

During this screening, benzaldehyde was never detected in the final reaction mixture, while
the formation of benzoic acid was observed in a variable amount: from 4–6% in the most effective
reductions of 3a with ADH270 and 440, to nearly 30% in those reactions in which no nitroalcohol was
formed. In order to explain the formation of benzoic acid, the stability of compound 3a was investigated
in buffer solution (pH = 5), in the presence of 1% DMSO, GDH, NAD(P)+, without adding the ADH,
for 4 and 18 h at 25 ◦C. Partial degradation (35%) to the carboxylic acid was observed after 4 h, while
the complete conversion into benzoic acid was achieved after 18 h. A search in the literature showed
that Pearson et al. [33] had described the hydrolytic cleavage of nitroketone 3a to the corresponding
carboxylic acid in dioxane-water solution and the possibility to suppress this side-reaction only in
strong mineral acid solution. In the evaluation of the molar percentages of the reduced product 1a

reported in Table S1, as calculated by 1H NMR analysis of the final mixture, the formation of the
carboxylic acid was taken into account. The integrals of the following well-separated signals were
employed: (i) the doublet of doublets of the CH-OH of 1a (one hydrogen atom); (ii) the singlet of the
CH2 of 3a (two hydrogen atoms); and, (iii) the doublet of the two aromatic hydrogen atoms adjacent to
the COOH group of benzoic acid.

Only eight of the eighteen screened ADHs could catalyze the reduction of nitroketone 3a.
Prolonged reaction times did not improve the yield in the reduction product, instead promoted
the extensive hydrolysis of unreacted starting 3a. The ADHs giving the best results in terms of
both conversion and enantioselectivity, i.e., ADH270, 440 and 441, were employed to investigate the
reduction of the whole set of nitroketones 3b–o. The results are reported in Figure 1 and Table S2.
The absolute configuration of all the nitroalcohols 1a–o could be established by a comparison of the
corresponding HPLC analyses on chiral stationary phase with those reported in the literature in the
same experimental conditions (See Supplementary Materials).

(R)-Nitroalcohols were invariably obtained in the presence of ADH440, while opposite
enantioselectivity were observed with either ADH270 or ADH441. In the reduction of 2-furyl and
2-thienyl derivatives 3l and 3m, obtaining the (S)-nitroalcohol with ADH440 and the (R)-enantiomer
with ADH270, and 441 does not represent an inversion of enantioselectivity with respect to the
reductions of the other substrates. It is a consequence of the fact that the priority order of the
substituents around the stereogenic centre is different for the presence of the heteroaromatic ring.
The only real inversions of configuration were observed in the reduction of 3f (R = o-F-C6H4) and 3n

(R = ethyl) with ADH441 and 270, respectively, affording the corresponding (R)-enantiomers with
ee = 43 and 80%.

The best results were achieved while using ADH440 as a catalyst (Figure 1). This enzyme
promoted the conversion of nitroketones 3 into the (R)-enantiomer of nitroalcohols 1 with high yields
(c = 79–99%) and very good ee values in the range 92–99% for most of the substrates. Enantioselectivity
that was slightly lower 90% was observed in the quantitative reduction of 3c (R = m-Me-C6H4, ee = 84%)
and 3l (R = 2-furyl, ee = 71%). Only in the case of ethyl derivative 3n, the corresponding reduced
product was obtained in racemic form.
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Figure 1. Alcohol dehydrogenases (ADH)-mediated reduction of nitroketones 3a–o to nitroalcohols
1a–o (preliminary screening). For graphic reasons the ee values of (R)-enantiomers are represented as
positive values, those of (S)-enantiomers are given as negative: 5 mM substrate, 16 mM glucose, ADH,
glucose dehydrogenase (GDH), NAD(P)+, 1% DMSO, acetate buffer pH 5.0, 25 ◦C, 4–5 h; conversion
(c, %) calculated by 1H NMR spectroscopy as molar percentage of the nitroalcohol 1 in the final reaction
mixture after 4–5 h, taking into account the unreacted nitroketone 3, and the carboxylic acid obtained
upon nitroketone hydrolysis; enantiomeric excess (ee, %) calculated on the basis of HPLC analysis on a
chiral stationary phase.

ADH270 gave the (S)-enantiomer of the reduced product in all the bioreductions, with the
exception of the reaction of compound 3n (Figure 1, R = ethyl), affording (R)-1n (ee = 80%).
The highest ee values (91–99%) were obtained in the transformation of para-substituted nitroketones
3d (R = p-Me-C6H4, ee = 94%), 3e (R = p-OMe-C6H4, ee = 91%), 3i (R = p-Br-C6H4, ee = 95%), 3j

(R = p-Cl-C6H4, ee = 97%), and derivatives 3a (R = phenyl, ee = 92%), 3m (R= 2-thienyl, ee = 93%),
and 3o (R = butyl, ee = 99%). Enantioselectivity in the range 80–84% was achieved in the reduction of
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compounds 3c (R = m-Me-C6H4, ee = 82%), 3k (R = 2-naphthyl, ee = 83%), 3l (R = 2-furyl, ee = 84%),
and 3n (R = ethyl, ee = 80%), while modest ee values could be obtained with fluoro derivatives 3f

(R = o-F-C6H4, ee = 62%), and 3h (R = p-F-C6H4, ee = 66%). m-Fluoro nitroketone 3g was converted
into a racemic nitroalcohol. Only substrate 3b (R = o-Me-C6H4) was recovered unreacted.

When ADH441 was employed as a catalyst (Figure 1), the relevant results were achieved in the
reduction of 3a (R = Ph), 3c (R = m-Me-C6H4), 3j (R = p-Cl-C6H4), and 3l (R = 2-furyl), affording the
corresponding nitroalcohol with high enantiomeric purity (ee = 90, 93, 92 and 96%, respectively).

The results of this screening clearly show that ADH270 and 440 are the most effective catalysts for
the preparation of both the enantiomers of nitroalcohols 1.

2.2. Bioreductions of Nitroketones in Biphasic Medium

In order to avoid the drawback of nitroketone hydrolysis, the use of a biphasic medium (buffer
and organic solvent) was evaluated. No benzoic acid was observed when compound 3a was stirred
in toluene/buffer or EtOAc/buffer mixtures for 24 h in the presence of GDH and NAD(P)+ without
adding the ADH. In the presence of ADH440 and ADH270 as catalysts, the reductions proceeded
affording the results that are reported in Table 1. Toluene resulted to be the solvent of choice, preserving
nitroketone 3a from hydrolysis, still maintaining the activity of the ADH.

Table 1. ADH-mediated reduction of nitroketone 3a to nitroalcohol 1a in biphasic system a.

ADH 1 Organic Solvent Conversion 2 (%) Ee 3 (%)

270 AcOEt - -
440 AcOEt 68 98 (R)
270 toluene 88 95 (S)
440 toluene 99 97 (R)

1 Total volume 4 mL (organic solvent/water 1/1), 6 mM substrate, 20 mM glucose, ADH (2 mg), GDH (1 mg),
NAD(P)+ (0.25 mM), acetate buffer pH 5.0, 25 ◦C, 24 h; 2 conversion calculated on the basis of the 1H NMR
spectrum of the crude mixture after 24 h; 3 enantiomeric excess calculated on the basis of HPLC analysis on a chiral
stationary phase.

The ADH-mediated reduction of model nitroketone 3a was also investigated in 1:1 toluene-water
(buffer pH = 5) at 25 ◦C with ADH270 and 440 in order to increase both substrate loading (mg/mL) and
substrate to enzyme ratio (mg/mg). The corresponding conversions, determined after 24 h reaction
time by 1H NMR spectroscopy, are reported in Table 2.

Table 2. Effect of substrate concentration and substrate/enzyme ratio on conversion for the
ADH-mediated reduction of 3a.

ADH 1 [Substrate](mg/mL) Substrate/Enzyme(mg/mg) Conversion 2(%)

440

1 2.0 99
1 8.0 94
2 2.0 95
2 8.0 91
3 8.0 94
3 24.0 80

270

1 2.0 88
1 3.0 67
2 2.0 84
2 3.0 74
3 3.0 73
3 4.0 58

1 Total volume 4 mL (organic solvent/water 1/1), substrate, glucose (3.2 eq), ADH, GDH, NAD(P)+ (0.04 eq), acetate
buffer pH 5.0, 25 ◦C, 24 h; 2 conversion calculated on the basis of the 1H NMR spectrum of the crude mixture after
24 h.
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ADH440 was found to be very effective in promoting the reduction of substrate 3a: in batch
conditions, with a substrate concentration of 3 mg/mL, conversion remained still satisfactory
(80%) when the enzyme concentration was decreased from 0.38 mg/mL (substrate/enzyme = 8)
to 0.12 mg/mL (substrate/enzyme = 24).

ADH 270 showed less efficiency than ADH440 in these bioreductions. When substrate loading was
increased to 3 mg/mL the use of 1 mg/mL enzyme (substrate/enzyme = 3) afforded 73% conversion,
while a further decrease of enzyme concentration to 0.75 mg/mL (substrate/enzyme = 4) led only to
58% of reduced product.

2.3. Synthesis of Boc-protected β-Aminoalcohols 2

The conversion of β-nitroalcohols 1 into β-aminoalcohols 2 was investigated, in order to establish
the synthetic potential of the ADH-mediated reduction of nitroketones 3 and highlight its value within
organic chemistry procedures. Compounds 1a and 1e were employed as model substrates, since the
corresponding amino derivatives (S)-2a and (R)-2e are the key intermediates in the synthesis of active
pharmaceutical ingredients, such as levamisole and (R)-tembamide (Scheme 3).

 
Scheme 3. Active pharmaceutical ingredients prepared starting from amino alcohols (S)-2a and (R)-2e.

Levamisole, which is the (S)-enantiomer of tetramisole, is a broad spectrum anthelmintic [34],
which has found wide application in the treatment of worm infestations and in the elimination of
intestinal parasites in both humans and animals. It is also one of the nonspecific immunomodulating
agents that are used in clinical practice [35–37]. The known synthetic asymmetric approaches
are based on the use of optically active phenylethylenediamine [38–41] or amino alcohol (S)-2a as
intermediates [42].

(R)-(−)-Tembamide is a naturally occurring β-hydroxyamide isolated from various members of
the Rutaceae family. This compound has been reported to have insecticide and adrenaline-like activity.
Extracts of Aegle marmelos, containing tembamide, have been used in the Indian traditional medicine
as a control for hypoglycemia [43]. Most of the enantioselective procedures to (R)-tembamide involve
the use of the corresponding amino alcohol (R)-2e as a key building block [44].

The nitro moiety of model compounds (S)-1a and (R)-1e was converted into the corresponding
amino functionality by reaction with NiCl2·6H2O and NaBH4 (Scheme 4), followed by treatment with
(Boc)2O, in order to facilitate the isolation of the aminoalcohol from the reaction mixture. The reaction
was fast and is characterized by complete conversion. The Boc derivatives could be recovered as
solid compounds, and easily purified by crystallisation. The procedure was carried out directly in
the reaction medium of the biocatalysed reaction, after removal of the aqueous phase, avoiding the
isolation of the intermediate nitroalcohols, in order to achieve a one-pot chemo-catalysed conversion of
nitroketones 3a and 3e into Boc-protected derivatives (S)-2a and (R)-2e, in 57 and 63% isolation yields.
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Scheme 4. Synthesis of Boc-protected derivatives 2.

3. Materials and Methods

3.1. Sources of Enzymes

GDH from Bacillus megaterium DSM509 (DSM, Heerlen, the Netherlands) was overexpressed in E. coli
BL21 (DE3) strains harbouring the plasmid pKTS-GDH prepared according to standard molecular biology
techniques. The enzyme was produced and purified, as described in the Supplementary Materials.

The complete set of ADHs was purchased from Evoxx (Monheim am Rhein, Germany).

3.2. General Procedure for the ADH-Mediated Reduction of α-Nitroketones 1a–o (Screening)

A solution of the substrate in DMSO (50 μL, 500 mM) was added to an acetate buffer solution
(5 mL, 50 mM, pH 5.0) containing glucose (80 μmol), NADP+ (1 μmol, Sigma-Aldrich, Milan, Italy) or
NAD+ (1 μmol, Sigma-Aldrich, Milan, Italy) (according to the ADH preference), GDH (1.5 mg), and the
required ADH (3 mg, Evoxx, Monheim am Rhein, Germany). The mixture was incubated for 4–5 h in
an orbital shaker (150 rpm, 30 ◦C). The solution was extracted with EtOAc (2 × 1 mL, Sigma-Aldrich,
Milan, Italy), centrifuging after each extraction (15,000 g, 1.5 min). The combined organic solutions
were dried over anhydrous Na2SO4, and concentrated under reduced pressure. The residue was
submitted to 1H NMR analysis (Bruker, Milan, Italy) to determine conversion. Two replicates were
performed for each biotransformation: no significant differences (less than 5%) were observed for
conversion and enantiomeric excess values.

The enantiomeric excess values of each nitroalcohol was determined by HPLC analysis
(Agilent, Cernusco sul Naviglio, Italy) on a chiral stationary phase (See Supplementary Materials).
The comparison of these HPLC analyses with those that were reported in the literature in the same
experimental conditions (See Supplementary Materials) allowed for the absolute configuration of
nitroalcohols 1a–o to be established.

3.3. General Procedure for the Reduction of Nitroketone 3a in a Biphasic System Mediated by ADH440 and
ADH270.

A solution of nitroketone 3a (4 mg, 25 μmol) in toluene (2 mL) was mixed with an acetate buffer
solution (2 mL, 50 mM, pH = 5), containing glucose (80 μmol), NADP+ (1 μmol), GDH (1 mg), and
the required ADH (2 mg). The mixture was incubated for 24 h in an orbital shaker (150 rpm, 30 ◦C).
The mixture was extracted with EtOAc (2 × 1 mL), centrifuging after each extraction (15,000 g, 1.5 min).
The combined organic solutions were dried over anhydrous Na2SO4, and concentrated under reduced
pressure. The residue was submitted to 1H NMR analysis to determine conversion. Two replicates
were performed for each biotransformation: no significant differences (less than 5%) were observed for
the conversion and enantiomeric excess values.

The same procedure was employed to investigate the effect on conversion due to substrate loading
and substrate to enzyme ratio, by changing the amount of nitroketone and ADH.

3.4. General Procedure for the Conversion α-Nitroketones 3a and 3e into Boc Protected Amino Alcohols 2a
and 2e

The enantioselective reduction of the nitroketone was performed with the required ADH on 100
mg of nitroketone (20 mL of toluene, 20 mL of buffer pH = 5, 15 mg of ADH440 or 35 mg of ADH270,
10 mg NADP+, 7.5 or 18 mg GDH, 150 mg glucose), following the procedure already described in the
previous paragraph for biotransformations in biphasic medium. After 24 h, the aqueous phase was
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removed, methanol was added (0.5 mL), followed by the cautious addition of NiCl2·6H2O (1 eq) and
NaBH4 (3 eq) under vigorous stirring. After 30 min, (Boc)2O (1.2 eq) was added. The mixture was
stirred for 30 min, filtered through a celite pad, and extracted with EtOAc. The organic layers were
dried over anhydrous Na2SO4, and the residue was purified by crystallization from hexane–EtOAc.

3.4.1. (S)-Tert-butyl (2-hydroxy-2-phenylethyl) carbamate ((S)-2a)

From compound 3a (100 mg, 0.61 mmol), using ADH270, derivative (S)-2a was obtained (83 mg,
57%): ee (HPLC) = 92%, [α]D = +46.8 (c 0.85, CHCl3) [lit. ref. [45] [α]D = +45.1. (c 0.6, CHCl3) for (S)-1a
with ee = 93%]; 1H NMR (CDCl3, 400 MHz) [39]: δ = 7.40–7.27 (m, 5H, ArH), 4.92 (br s, 1H, NH), 4.83
(m, 1H, CHOH), 3.48 (m, 1H, CHN), 3.26 (m, 1H, CHN), 3.01 (br s, 1H, OH), 1.45 (s, 9H, (CH3)3C);
13C NMR (CDCl3, 100.6 MHz) [45]: δ = 157.1, 142.0, 128.6, 127.9, 126.0, 80.0, 74.0, 48.5, 28.5; GC-MS (EI)
tr= 21.5 min m/z (%) = 181 (M+-56, 14), 107 (100), 79 (47), 57 (100).

HPLC analysis [45]: Chiralcel OD, 95/5 hexane/i-PrOH, 0.6 mL/min, 215 nm, (R)-2a tr = 19.1 min,
(S)-2a tr = 23.4 min.

3.4.2. (R)-Tert-butyl (2-hydroxy-2-(4-methoxyphenyl)ethyl) carbamate ((R)-2e)

From compound 3e (100 mg, 0.51mmol), using ADH440, derivative (R)-2e was obtained (86.3 g,
63%): ee (HPLC) = 96%, [α]D = −37.7 (c 0.7, CHCl3); 1H NMR (CDCl3, 400 MHz) [46]: δ = 7.28
(d, J = 8.7 Hz, 2H, ArH), 6.88 (d, J = 8.7 Hz, 2H, ArH), 4.95 (br s, 1H, NH), 4.76 (m, 1H, CHOH), 3.80
(s, 3H, OCH3), 3.43 (m, 1H, CHN), 3.23 (m, 1H, CHN), 3.00 (br s, 1H, OH), 1.44 (s, 9H, (CH3)3C );
13C NMR (CDCl3, 100.6 MHz): δ = 159.4, 157.0, 134.1, 127.2, 114.1, 79.9, 73.2, 55.4, 48.5, 28.5; GC-MS
(EI) tr= 23.8 min m/z (%) = 267 (M+, 0.5), 211 (5), 137 (100), 109 (15), 57 (18).

HPLC analysis: Chiralcel OD, 95/5 hexane/i-PrOH, 0.6 mL/min, 215 nm, (R)-2a tr = 26.9 min,
(S)-2a tr = 34.9 min.

4. Conclusions

The results that are reported in this work show that the biocatalytic reduction of α-nitroketones 3

mediated by ADHs is a convenient and useful procedure for the synthesis of both the enantiomers of
the corresponding β-nitroalcohols 1 with high enantiomeric purity. In particular, for the first time the
reduction of aryl and heteroaryl α-nitroketones (R = aryl or heteroaryl) has been successfully achieved
by enzymatic catalysis, enlarging the known methods for the reduction of these compounds limited up
to now to the asymmetric transfer hydrogenation in the presence of ruthenium [47], and iridium [48]
chiral complexes, with formic acid as a reductant.

The bioreduction is performed under mild conditions (ambient temperature and pressure),
with low energy consumption, at the expense of glucose, which is employed as a sacrificial substrate
for the enzymatic regeneration of the cofactor. The enzymes catalyzing this transformation with either
(R)- and (S)-selectivity are commercially available, and they can be manipulated easily and safely.
The use of a biphasic reaction medium with toluene as an organic solvent does not inhibit the activity
of the selected ADHs, helps in preserving the starting substrate from hydrolytic degradation, and it
improves work-up procedures. The further manipulation of nitroketones into aminoalcohols was
carried out without isolation of the nitroalcohol intermediate, thus telescoping the synthetic sequence.

Future work will be devoted to increase the productivity of the reaction, for example,
by immobilizing the most suitable ADHs on solid supports and performing the reaction in
flow conditions.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/8/8/308/s1.
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Abstract: Due to the steric hindrance of the starting prochiral ketones, the preparation of chiral
1,4-diaryl-1,4-diols through the asymmetric hydrogen transfer reaction has been mainly restricted
to the use of metal-based catalysts, oxazaborolidines, or organocatalysts. Herein, we demonstrated
the versatility of oxidoreductases, finding overexpressed alcohol dehydrogenase from Ralstonia sp.
(E. coli/RasADH) as the most active and stereoselective biocatalyst. Thus, the preparation of a set of
1,4-diaryl-1,4-diols bearing different pattern substitutions in the aromatic ring was achieved with
complete diastereo- and enantioselectivity under mild reaction conditions.

Keywords: alcohol dehydrogenases; asymmetric synthesis; bioreduction; 1,4-diols; diketones

1. Introduction

Optically active 1,4-diols can be found as structural motifs in a huge number of biologically active
compounds as pharmaceuticals, flavors, and fragrances, but also in chiral ligands and auxiliaries for
asymmetric synthesis purposes [1,2]. Their synthetic versatility has also been utilized as precursors
of valuable compounds such as 2,5-disubstituted pyrrolidines and phosphine derivatives used as
ligands in asymmetric hydrogenations [3–5]. In this context, 1,4-butanediol plays a key role due its
applications in the food and cosmetic industry, but also as precursor of plastics, pharmaceuticals,
fibers, solvents, and biologically active lactones, among others. For these reasons, the preparation of
enantioenriched 1,4-diols using efficient and selective methodologies is a field of interest in organic
chemistry. Different asymmetric strategies have been reported for their synthesis, the catalytic
asymmetric transfer hydrogenation (CATH) of prochiral 1,4-dicarbonylic compounds being one of the
most recurrent methods [6,7]. CATH is the most straightforward approach for obtaining the optically
pure diols in quantitative yield, but presents difficulty in that the hydroxy ketone intermediate can
also be attained and that (up to) four possible diastereoisomers can be formed. Therefore, several
selective chiral catalysts and reducing reagents have been developed for the stereoselective asymmetric
reduction of these prochiral diketones, including rhodium or iridium complexes [8], different borane
complexes such as oxazaborolidines [9,10], or proline-type derivatives as catalysts in combination with
the appropriate reducing agents [11,12].

Biocatalysis has emerged in the last decades as a mature technology for the production of
optically active (poly)alcohols by means of the stereoselection displayed by different enzymes [13–17].
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Among the wide set of (poly)alcohol structures that can be obtained using biocatalysts, the production
of optically active 1,4-dialkyl-1,4-diols and their corresponding acetates has been described mainly
by the action of lipases through resolution procedures involving acylation and transesterification
processes [18–25], and only the resolution of the bulkier 1-phenylpentane-1,4-diol or its acetate has been
successfully achieved [26,27]. Alcohol dehydrogenases (ADHs) are valuable biocatalysts that have been
widely employed for the synthesis of chiral alcohols due to their usually excellent selectivity [28–31],
including dicarbonyl bioreduction processes [32,33]. Among the wide set of alcohol structures that
can be obtained with these enzymes, optically active 1,4-dialkyl-1,4-diols have been described. Efforts
have been especially focused on the preparation of chiral 2,5-hexanediol, a key starting material for the
preparation of several catalysts and drugs [34–37]. However, until now there are no examples about the
enzymatic reduction of 1,4-diaryl-1,4-diketones to obtain the corresponding chiral 1,4-diaryl-1,4-diols,
as these substrates are probably too bulky for ADH recognition. In the present paper, we describe
for the first time the use of ADHs for the stereoselective preparation under mild reaction conditions
(aqueous buffer and 30 ◦C) of a representative panel of 1,4-diaryl-1,4-diols bearing different pattern
substitutions in the aromatic ring.

2. Results and Discussion

As a first step, the chemical synthesis of prochiral 1,4-diketones 1–8a was developed to later study
the biocatalyzed stereoselective synthesis of the optically active 1,4-diols 1–8b. Different methods
have been described for the preparation of these substrates [38,39]. Among them, we have carried
out the synthesis of these compounds through the cross aldol condensation of 4′-substituted
acetophenones with α-bromo-4′-substituted acetophenones, followed by 1,3-dehydrobromination
of these products, and cleavage of the corresponding activated cyclopropyl intermediates in the
presence of ZnCl2,·tBuOH,·and Et2NH (Scheme 1) [40]. Thus, 1,4-diketones 1–8a were obtained in
yields varying from 8% for the o-methoxy derivative (8a) to 58% for 1,4-diphenylbutane-1,4-dione (1a).

Scheme 1. Synthesis of diketones 1–8a from the corresponding 4′-substituted acetophenones and the
α-bromo-4′-substituted acetophenones.

Once synthesized, the obtained diketones were tested in the bioreduction processes catalyzed by
a set of commercially available and “made in house” alcohol dehydrogenases. As model substrate
1,4-diphenylbutane-1,4-dione (1a) was chosen. Thus, lyophilized cells of E. coli overexpressing alcohol
dehydrogenases from Ralstonia sp. (E. coli/RasADH) [41], Lactobacillus brevis (E. coli/LBADH) [42],
Sphingobium yanoikuyae (E. coli/SyADH) [43], Thermoanaerobacter ethanolicus (E. coli/TeSADH) [44]
and Rhodococcus ruber (E. coli/ADH-A) [45] were tested. From previous studies, 25 mM substrate
concentration was initially considered and 2.5% v/v of dimethylsulfoxide (DMSO) was used as
cosolvent due to the low solubility of the ketones in the aqueous media, using Tris·HCl buffer 50 mM
pH 7.5, and isopropanol (IPA) or glucose dehydrogenase (GDH) with glucose as reducing agents to
recycle the nicotinamide cofactor [46]. The reactions were incubated for 24 h at 30 ◦C, observing only
activity when E. coli/RasADH was utilized (Table 1). This result is not entirely surprising, as this
NADP-dependent enzyme has been previously described as a valuable biocatalyst for the reduction
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of sterically hindered substrates [47]. Hence, a conversion of 56% was reached by using this enzyme,
leading to the formation of diol (1S,4S)-1b in a highly selective manner (98% de, >99% ee), not observing
the hydroxy ketone intermediate (Table 1, entry 1). Remarkably, 82% conversion was obtained after
48 h maintaining the excellent selectivity (Table 1, entry 2).

In order to optimize the bioreduction using this enzymatic preparation, different conditions
were studied (Table 1, entries 3–17). Firstly, in similar conditions the absence of cosolvent led to a
decrease in the conversion (72%–82% conversion, entries 2–3). When the usual regeneration system
(glucose/GDH) was changed to IPA (entry 4), the diastereoselectivity of the process dropped from
98% de to 78% de.

Table 1. Bioreduction of 1,4-diphenylbutane-1,4-dione (1a) using E. coli/RasADH a.

Entry Regeneration System Cosolvent % (v/v) t (h) Conversion (%) b de b,c ee (%) b,d

1 Glucose/GDH DMSO 2.5 24 56 99:1 >99
2 Glucose/GDH DMSO 2.5 48 82 99:1 >99
3 Glucose/GDH - - 48 72 99:1 >99
4 IPA - - 48 72 89:11 >99
5 Glucose/GDH EtOH 2.5 24 57 99:1 >99
6 Glucose/GDH 1,4-dioxane 2.5 24 72 99:1 >99
7 Glucose/GDH 1,4-dioxane 5 24 78 >99 >99
8 Glucose/GDH 1,4-dioxane 10 24 79 99:1 >99
9 Glucose/GDH 1,4-dioxane 10 48 80 99:1 >99
10 Glucose/GDH MTBE 2.5 24 70 >99 >99
11 Glucose/GDH MTBE 5 24 83 >99 >99
12 Glucose/GDH MTBE 10 24 77 >99 >99
13 Glucose/GDH MTBE 10 48 77 >99 >99
14 Glucose/GDH THF 2.5 24 72 99:1 >99
15 Glucose/GDH THF 5 24 88 >99 >99
16 Glucose/GDH THF 10 24 80 99:1 >99
17 Glucose/GDH THF 10 48 82 99:1 >99

a For reaction details, see Materials and methods section; b Measured by High Performance Liquid Chromatography
(HPLC); c Ratio of (1S,4S) and (1R,4R) to meso-diol; d Enantiomeric excess of (1S,4S)-1b.

Taking all these data into account, an exhaustive cosolvent screening was performed (entries 5–17).
Ethanol (EtOH), 1,4-dioxane, methyl tert-butyl ether (MTBE), and tetrahydrofuran (THF) were chosen
as suitable cosolvents for the biotransformation and employed in different quantities. When using
2.5% v/v of the organic solvent, for instance 1,4-dioxane, MTBE, and THF (entries 6, 10, and 14),
better conversions than DMSO (entry 1) and EtOH (entry 5) were achieved, also affording excellent
selectivities. An increase in the amount of these cosolvents from 2.5% to 5% v/v revealed even better
conversions (entries 7, 11 and 15) and perfect diastereoselectivities (>99% de). Finally, the amount of
cosolvent was increased up to 10% v/v (entries 8, 12, and 16), but unfortunately this did not lead to
any improvement. Moreover, higher reaction times (from 24 h to 48 h, entries 9, 13, and 17) did not
show better results. It must be pointed out that the hydroxy ketone intermediate was not observed in
any case.

Commercial ADHs purchased from Codexis were also tested, as these enzymes have recently
demonstrated interesting applications [48]. In this case, IPA was utilized as hydrogen source and
phosphate buffer 125 mM pH 7.0 as suitable reaction medium. DMSO (2.5% v/v) was added again to
solubilize the ketone. Thus, diketone 1a was a suitable substrate for five of them (69–89% conversion,
74–99% de, Table 2). ADH-P2-D03 led to the formation of the opposite enantiomer (1R,4R)-1b (entry 4)
with excellent enantioselectivity and 74% de. Thus, by modifying the biocatalyst, both enantiomers of
diol 1b could be achieved. Again, the hydroxy ketone intermediate was not detected.
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Table 2. Bioreduction of 1,4-diphenylbutane-1,4-dione (1a) using commercially available alcohol
dehydrogenases (ADHs) a.

Entry ADH Conversion (%) b de b,c ee (%) b,d

1 P1-B02 85 >99 >99
2 P1-B10 79 >99 >99
3 P1-B12 75 99:1 >99
4 P2-D03 89 87:13 >99 e

5 P2-D11 69 98:2 >99

a For reaction conditions, see Materials and methods section; b Measured by HPLC; c Ratio of (1S,4S) and (1R,4R) to
meso-(1R,4S); d Enantiomeric excess of (1S,4S)-1b; e Enantiomeric excess of (1R,4R)-1b.

Seeking further exploitation of the synthetic approach, first we considered the study of
similar substrates that differed at the para substitution of the aromatic ring. For this purpose,
biotransformations with E. coli/RasADH and substrates 2–5a were set up using the best conditions
found in the reduction of diketone 1a (Table 1, entry 15, 5% v/v THF, 30 ◦C, 24 h). The results are
summarized in Scheme 2. In all cases, sole formation of (1S,4S)-diols 2–5b was observed (>99% de
and >99% ee), with no detection of the corresponding hydroxy ketone intermediates in any case.
For chlorinated substrate 4a (82% conversion), the results were comparable to those obtained with the
model substrate (88% conversion). A small drop in the conversion was observed for methoxylated
(2a) and methylated (3a) compounds (72% and 77%, respectively), while bulkier trifluoromethylated
diketone 5a showed a significant loss of activity (50% conversion).

Then, the study was also performed on substrates bearing meta or ortho substitution at the phenyl
ring. Hence, diketones 6–8a were used as substrates for RasADH. However, very low yields (8%) were
observed for the corresponding enantiopure methoxylated derivatives (1S,4S)-6b and 8b. A special
mention is deserved for ortho-substituted diketone 8a, that provided hydroxy ketone 8c at higher
extent (36%) than the corresponding diol 8b. Regarding the m-chloro derivative 7a, that showed higher
enzymatic conversion (22%), two different experiments were also carried out. On the one hand, the
amount of enzyme was doubled leading to the formation of (1S,4S)-7b in 34% conversion after 24 h.
On the other hand, the temperature was raised up to 40 ◦C, obtaining (1S,4S)-7b in 43% conversion
after 24 h. These results showed that the substitution pattern had an effect on the enzymatic activity,
achieving the most valuable results for the para-substituted diketones.

Next, the bioreductions of diketones 2–5a were also attempted with the commercially available
ADHs reported in Table 2. Unfortunately, no conversion was observed in any case, demonstrating the
difficulty of these bioconversions, only achieved with RasADH.

Finally, preparative biotransformations up to 100-mg scale were carried out using E. coli/RasADH
under the optimized reaction conditions (Figure 1), using THF (5% v/v) as cosolvent at 30 ◦C and
glucose/GDH as NADPH regeneration system. After 24 h, the conversions obtained were between 40%
and 90%, isolating the corresponding diastereo- and enantiopure diols (1S,4S)-1–5,7b in moderate to
high yields. The highest yield was obtained for the unsubstituted diol (1S,4S)-1b, which was recovered
in 73% yield, while the m-chloro compound (7b) led to the lowest yield (10%).
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Scheme 2. Selective bioreduction of diketones 2–8a using E. coli/RasADH and tetrahydrofuran (THF)
as cosolvent.

Figure 1. Conversions and isolated yields for the RasADH-catalyzed preparative biotransformations
to obtain the optically active diols (1S,4S)-1–5,7b.
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3. Conclusions

A series of 1,4-diaryl-1,4-diols were synthesized via ADH-catalyzed bioreduction from the
corresponding bulky 1,4-diaryl-1,4-diketones. Among the different enzymatic preparations used, ADH
from Ralstonia sp. (RasADH) overexpressed in E. coli afforded the best results in terms of conversions
and diastereo- and enantiomeric excess, usually obtaining the (1S,4S)-diols, and only observing the
formation of the hydroxy ketone intermediate in the case of the o-methoxylated derivative. The cofactor
regeneration system and the addition of an organic cosolvent were studied, showing that glucose/GDH
and THF were the best options. Herein we have shown that the bioreduction can be a useful alternative
under mild conditions to obtain these appealing chiral compounds, which can be further employed as
synthons for the preparation of other valuable derivatives.

4. Materials and Methods

As for the substrates and products studied in this contribution, HPLC separations,
HPLC chromatograms of optically active 1,4-diaryl-1,4-diols and NMR spectra, please see the
Supplementary Materials.

4.1. General Materials and Methods

The 4′-Substituted acetophenones and α-bromo-4′-substituted acetophenones were purchased
from TCI Europe (Zwijndrecht, Belgium). NADPH as enzyme cofactor and all the other chemical
reagents were obtained with the highest quality available from Sigma-Aldrich-Fluka (Steinheim,
Germany). Alcohol dehydrogenases and GDH were obtained from Codexis Inc., (Redwood City,
CA, USA). The production of E. coli overexpressed ADHs has been previously reported and these
enzymatic preparations have been provided by Prof. Wolfgang Kroutil (University of Graz) [35,41,43].

NMR spectra were recorded on a Bruker AV300 MHz spectrometer (Bruker Co., Faellanden,
Switzerland). All chemical shifts (δ) are given in parts per million (ppm) and referenced to the residual
solvent signal as internal standard. Measurement of the optical rotation values was carried out at
590 nm on a Autopol IV Automatic polarimeter (Rudolph Research Analytical, Hackettstown, NJ,
USA). High performance liquid chromatography (HPLC) analyses were performed for conversion,
enantiomeric excess, and diastereomeric excess value measurements using a Hewlett Packard
1100 chromatograph UV detector at 210 nm (Agilent Technologies, Inc., Wilmington, DE, USA).
As chiral columns, Chiralpak AD-H (25 cm × 4.6 mM) and Chiralpak IA (25 cm × 4.6 mM) were used
(Chiral Technologies, Mainz, Germany). Thin-layer chromatography (TLC) analyses were conducted
with Merck Silica Gel 60 F254 precoated plates (Merck KGaA, Darmstadt, Germany) and visualized
with UV and potassium permanganate stain. Column chromatography purifications were performed
using Merck Silica Gel 60 (230–400 mesh, Merck KGaA, Darmstadt, Germany).

4.2. General Procedure for the Synthesis of 1,4-Diaryl-1,4-Diketones 1–8a

For the preparation of diketones 1–8a we followed a similar methodology to the one described in
the literature [40]. Commercial anhydrous ZnCl2 (2.72 g, 20 mMol) was placed into a one-neck 250-mL
round-bottom flask and dried by melting under vacuum (1 torr) at 250–350 ◦C for 15–20 min. After
cooling under vacuum to room temperature, toluene (10 mL), diethylamine (1.03 mL, 10 mmol)
and tBuOH (0.95 mL, 10 mmol) were successively added. The mixture was stirred until zinc
chloride was fully dissolved (approx. 2 h), and then the corresponding acetophenone (8.0 mMol)
and α-bromoacetophenone (5.0 mMol) were successively added. The mixture was stirred at room
temperature for 4 days. After this, CH2Cl2 (300 mL) was added and the resulting organic phase
was successively washed with an aqueous H2SO4 2.0 M solution (2 × 120 mL), water (1 × 150 mL)
and brine (1 × 150 mL). The organic phase was dried over Na2SO4, filtered, and the solvents were
evaporated under reduced pressure. Crude solids, except compounds 6a and 8a that were purified by
column chromatography (Hexane/EtOAc 4:1), were purified by crystallization in absolute EtOH in
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order to yield the corresponding 1,4-diaryl-1,4-diketones (see Supplementary Materials) 1a (0.69 g, 58%
yield), 2a (0.36 g, 24%), 3a (0.33 g, 25%), 4a (0.51 g, 33%), 5a (0.91 g, 49%), 6a (0.19 g, 13%), 7a (0.79 g,
52%) and 8a (0.11 g, 8%) [38–40,49–51].

4.3. General Procedure for the Synthesis of Racemic 1,4-Diaryl-1,4-Diols 1–8b

Diketones 1–8a (0.3 mMol) were dissolved in THF (2.0 mL) and NaBH4 (90.8 mg, 2.4 mMol,
8.0 equiv.) was slowly added at room temperature. Reactions were stirred for 2–4 h until completion.
After this, an aqueous HCl 1.0 M solution (2.0 mL) was added and the mixtures were extracted with
CH2Cl2 (2 × 5 mL). The organic phases were dried over Na2SO4, filtered and the solvents were
evaporated under reduced pressure. The reaction crudes were purified by column chromatography
(EtOAc/hexane mixtures), isolating the racemic 1,4-diaryl-1,4-diols (±)-1b (61.7 mg, 85% yield), (±)-2b

(65.2 mg, 72%), (±)-3b (65.6 mg, 81%), (±)-4b (71.9 mg, 77%), (±)-5b (102.1 mg, 90%), (±)-6b (30.0 mg,
52%), (±)-7b (58.3 mg, 62%) and (±)-8b (33.0 mg, 66%).

4.4. General Procedure for the Synthesis of Racemic 4-Hydroxy-1,4-Bis(2-methoxyphenyl)butan-1-one 8c

Diketone 8a (0.13 mMol) was dissolved in THF (0.9 mL) and NaBH4 (21 mg, 0.54 mMol, 4.0 equiv.)
was added at room temperature. The reaction was stirred for 30 min until the formation of the hydroxy
ketone was observed by TLC analysis. After this, an aqueous HCl 1.0 M solution (2.0 mL) was added
and the mixture was extracted with CH2Cl2 (2 × 5 mL). The organic layers were dried over Na2SO4,
filtered and the solvents were evaporated under reduced pressure. The reaction crude was purified
by column chromatography (EtOAc/hexane mixtures), isolating the racemic hydroxy ketone (±)-8c

(2 mg, 5% yield).

4.5. General Procedure for the Enzymatic Conversion of 1,4-Diaryl-1,4-Diols 1–8b Using Overexpressed
E. coli/RasADH

Lyophilized E. coli/RasADH cells (15–30 mg), the cosolvent (2.5%–10% v/v), 1 mM NADP+

(60 μL of a 10 mM stock solution), 50 mM glucose (60 μL of a 500 mM stock solution) and glucose
dehydrogenase (5 U) were added into an Eppendorf tube containing 1,4-diaryl-1,4-diketones (1–8a,
25 mM) in Tris·HCl buffer 50 mM pH 7.5 (420 μL). The reaction was shaken at 30–40 ◦C and 250 rpm for
24–48 h. After this time, the mixture was extracted with ethyl acetate (2 × 500 μL), the organic layers
separated by centrifugation (2 min, 5700× g), combined and finally dried over Na2SO4. Conversion,
diastereomeric excess and enantiomeric excess values of 1,4-diaryl-1,4-diols 1–8b were determined by
HPLC (see Supplementary Materials).

4.6. General Procedure for the Bioreduction of 1,4-Diphenylbutane-1,4-Dione 1a Using Commercial Alcohol
Dehydrogenases

In a 2.0 mL Eppendorf tube, KRED (2 mg) was added to 900 μL phosphate buffer 125 mM
pH 7.0 (1.25 mM mgSO4, 1 mM NADP+) containing 1,4-diphenylbutane-1,4-dione (1a, 25 mM),
DMSO (25 μL) and iPrOH (100 μL). The reaction was incubated at 250 rpm and 30 ◦C for 24 h.
Then, the mixture was extracted with ethyl acetate (2 × 500 μL), the organic layers separated by
centrifugation (2 min, 5700× g), combined and finally dried over Na2SO4. Conversion, diastereomeric
excess and enantiomeric excess values of 1,4-diphenylbutane-1,4-diol (1b) were determined by HPLC.

4.7. Preparative Bioreductions of 1,4-Diarylbutane-1,4-Diones 1–5a, 7a, and 8a Using Overexpressed
E. coli/RasADH

Lyophilized E. coli/RasADH cells (50 mg for 1,4-diketone 1a, 20 mg for 1,4-diketones 2–4a,
100 mg for 1,4-diketone 5a, and 150 mg for 1,4-diketone 7a). THF (5% v/v), NADP+ (1 mM), glucose
(50 mM), and GDH (50–100 U), were added into an Erlenmeyer flask containing a suspension of the
corresponding 1,4-diketone (25 mM) in Tris·HCl buffer 50 mM pH 7.5. The reaction was incubated
at 30 ◦C and 250 rpm for 24 h (1a–5a) or at 40 ◦C and 250 rpm for 48 h (7a). Then, the mixture was
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extracted with ethyl acetate (3 × 15 mL). The organic layers were separated by centrifugation (5 min,
4000× g), combined, and finally dried over Na2SO4. The reaction crude was purified by column
chromatography (EtOAc/hexane mixtures), isolating the enantiopure (1S,4S)-diols in moderate to
high yields (10%–73%).

(–)-(1S,4S)-1,4-Diphenylbutane-1,4-diol [(1S,4S)-1b]. Yield: 37 mg (73%). Rf = 0.36 (40% EtOAc/hexane).
Mp: 74–75 ◦C. 1H NMR (300.13 MHz, CDCl3): δ 1.76–1.96 (m, 2H), 1.88–2.02 (m, 2H), 2.59 (s, 2OH),
4.72 (dd, JHH = 6.5, 3.9 Hz, 2H), 7.08–7.50 (m, 10H) ppm. 13C NMR (300.13 MHz, CDCl3): δ 35.9 (2CH2),
74.6 (2CH), 125.8 (4CH), 127.5 (2CH), 128.4 (4CH), 144.6 (2C) ppm. HRMS (ESI+, m/z): calcd for
(C16H18NaO2)+ (M + Na)+ 265.1204; found 265.1199. [α]21

D = −57.2 (c = 0.5, CHCl3), described in the
literature [52]: [α]25

D = −59.0 (c = 1.0, CHCl3) for syn-(S,S)-diol.

(–)-(1S,4S)-1,4-Bis(4-methoxyphenyl)butane-1,4-diol [(1S,4S)-2b]. Yield: 9 mg (41%). Rf = 0.21 (40%
EtOAc/hexane). 1H NMR (300.13 MHz, CDCl3): δ 1.71–1.85 (m, 2H), 1.85–2.00 (m, 2H), 3.82 (s, 6H),
4.68 (m, 2H), 6.88 (d, JHH = 8.5, 4H), 7.27 (d, JHH = 8.1 Hz, 4H) ppm. 13C NMR (300.13 MHz, CDCl3): δ
34.4 (2CH2), 53.6 (2CH3), 81.0 (2CH), 113.9 (4CH), 127.5 (2CH), 135.2 (2C), 159.1 (2C) ppm. HRMS (ESI+,
m/z): calcd for (C18H22NaO4)+ (M + Na)+ 325.1415; found 325.1410. [α]21

D = −43.0 (c = 0.1, CHCl3),
described in the literature [11]: [α]22

D = +41.6 (c = 1.0, CHCl3) for syn-(R,R)-diol.

(–)-(1S,4S)-1,4-Bis(4-methylphenyl)butane-1,4-diol [(1S,4S)-3b]. Yield: 14 mg (69%). Rf = 0.27 (40%
EtOAc/hexane). Mp: 114–115 ◦C. 1H NMR (300.13 MHz, CDCl3): δ 1.72–1.80 (m, 2H), 1.88–2.04
(m, 2H), 2.28 (s, 2OH), 2.36 (s, 6H), 4.70 (dd, JHH = 6.8, 4.4 Hz, 2H), 7.16 (d, JHH = 8.0 Hz, 4H), 7.24 (d,
JHH = 8.0 Hz, 4H) ppm. 13C NMR (300.13 MHz, CDCl3): δ 21.1 (2CH3), 35.8 (2CH2), 74.5 (2CH),
125.8 (4CH), 129.1 (4CH), 137.2 (2C), 141.7 (2C) ppm. HRMS (ESI+, m/z): calcd for (C18H22NaO2)+

(M + Na)+ 293.1517; found 293.1512. [α]21
D = −45.2 (c = 0.2, CH2Cl2), described in the literature [4]:

[α]25
D = −47.0 (c = 1.0, CHCl3) for syn-(S,S)-diol.

(–)-(1S,4S)-1,4-Bis(4-chlorophenyl)butane-1,4-diol [(1S,4S)-4b]. Yield: 11 mg (57%). Rf = 0.45 (40%
EtOAc/hexane). Mp: 112–113 ◦C. 1H NMR (300.13 MHz, CDCl3): δ 1.69–2.01 (m, 4H), 2.31 (s, 2OH),
4.71 (d, JHH = 5.9 Hz, 2H), 7.09–7.46 (m, 8H) ppm. 13C NMR (300.13 MHz, CDCl3): δ 35.8 (2CH2),
73.8 (2CH), 127.1 (4CH), 128.5 (4CH), 133.2 (2C), 142.9 (2C) ppm. HRMS (ESI+, m/z): calcd for
(C16H16Cl2NaO2)+ (M + Na)+ 333.0425; found 333.0419. [α]21

D = −22.1 (c = 0.2, CHCl3), described in
the literature [11]: [α]21

D = +24.4 (c = 1.05, CHCl3) for syn-(R,R)-diol.

(–)-(1S,4S)-1,4-Bis[4-(trifluoromethyl)phenyl]butane-1,4-diol [(1S,4S)-5b]. Yield: 63 mg (64%). Rf = 0.51
(40% EtOAc/hexane). Mp: 159–160 ◦C. 1H NMR (300.13 MHz, MeOD): δ 1.67–1.77 (m, 2H), 1.78–1.92
(m, 2H), 3.30 (s, 2OH), 4.73 (apparent t, JHH = 5.6 Hz, 2H), 7.49 (d, JHH = 8.2 Hz, 4H), 7.60 (d,
JHH = 8.2 Hz, 4H) ppm. 13C NMR (300.13 MHz, MeOD): δ 34.8 (2CH2), 72.5 (2CH), 124.4 (q,
JCF = 271.2 Hz, 2CF3), 124.7 (q, JCF = 3.6 Hz, 4CH), 126.1 (4CH), 128.9 (q, JCF = 32.0 Hz, 2C), 149.6 (2C)
ppm. HRMS (ESI+, m/z): calcd for (C18H16F6NaO2)+ (M + Na)+ 401.0952; found 401.0951. [α]25

D = −20.1
(c = 0.4, CHCl3), described in the literature [3]: [α]24

D = +19.0 (c = 0.1, CHCl3) for syn-(R,R)-diol.

(–)-(1S,4S)-1,4-Bis(3-chlorophenyl)butane-1,4-diol [(1S,4S)-7b]. Yield: 8 mg (10%). Rf = 0.35 (40%
EtOAc/hexane). 1H NMR (300.13 MHz, CDCl3): δ 1.80–1.93 (m, 4H), 2.54 (s, 2OH), 4.71 (m, 2H),
7.02–7.51 (m, 8H) ppm. 13C NMR (300.13 MHz, CDCl3): δ 35.8 (2CH2), 74.0 (2CH), 124.0 (2CH),
126.1 (2CH), 127.8 (2CH), 129.9 (2CH), 134.5 (2C), 146.7 (2C) ppm. HRMS (ESI+, m/z): calcd for
(C16H16Cl2NaO2)+ (M + Na)+ 333.0425; found 333.0426. [α]19

D = −41.0 (c = 0.1, CHCl3).

To obtain the hydroxy ketone 8c, lyophilized E. coli/RasADH cells (80 mg), THF (5% v/v),
NADP+ (1 mM), glucose (50 mM), and GDH (50 U), were added into an Erlenmeyer flask containing a
suspension of the 1,4-diketone 8a (20 mg, 25 mM) in Tris·HCl buffer 50 mM pH 7.5. The reaction was
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incubated at 30 ◦C and 250 rpm for 24 h. Then, the mixture was extracted with ethyl acetate (3 × 15 mL)
and the organic layers were separated by centrifugation (5 min, 4000× g), combined and finally dried
over Na2SO4. The reaction crude was purified by column chromatography (EtOAc/hexane mixtures),
isolating 8c (2 mg, 10% yield).

4-Hydroxy-1,4-bis(2-methoxyphenyl)butan-1-one (8c). Rf = 0.41 (40% EtOAc/hexane). 1H NMR
(300.13 MHz, CDCl3): δ 2.13–2.36 (m, 2H), 3.00 (s, OH), 3.05–3.29 (m, 2H), 3.85 (s, OCH3), 3.88 (s,
OCH3), 6.79–7.07 (m, 4H), 7.25 (m, 1H), 7.38 (d, JHH = 7.5 Hz, 1H), 7.40–7.51 (t, JHH = 7.8 Hz, 1H),
7.69 (dd, JHH = 7.7, 1.8 Hz, 1H) ppm. HRMS (ESI+, m/z): calcd for (C18H20NaO4)+ (M + Na)+ 323.1259;
found 323.1260.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/8/4/150/s1.
Substrates and products studied in this contribution, 2. HPLC separations, 3. HPLC chromatograms of optically
active 1,4-diaryl-1,4-diols, 4. NMR spectra.
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Abstract: Natural hydroxy fatty acids are relevant starting materials for the production of a number
of industrial fine chemicals, such as different high-value flavour ingredients. Only a few of the latter
hydroxy acid derivatives are available on a large scale. Therefore, their preparation by microbial
hydration of unsaturated fatty acids, affordable from vegetable oils, is a new biotechnological
challenge. In this study, we describe the use of the probiotic bacterium Lactobacillus rhamnosus (ATCC
53103) as whole-cell biocatalyst for the hydration of the most common unsaturated octadecanoic acids,
namely oleic acid, linoleic acid, and linolenic acid. We discovered that the addition of the latter fatty
acids to an anaerobic colture of the latter strain, during the early stage of its exponential growth, allows
the production of the corresponding mono-hydroxy derivatives. In these experimental conditions,
the hydration reaction proceeds with high regio- and stereoselectivity. Only 10-hydroxy derivatives
were formed and the resulting (R)-10-hydroxystearic acid, (S)-(12Z)-10-hydroxy-octadecenoic acid,
and (S)-(12Z,15Z)-10-hydroxy-octadecadienoic acid were obtained in very high enantiomeric purity
(ee > 95%). Although overall conversions usually do not exceed 50% yield, our biotransformation
protocol is stereoselective, scalable, and holds preparative significance.

Keywords: hydratase; oleic acid; linoleic acid; linolenic acid; hydroxy fatty acids; stereoselective
biotransformation; Lactobacillus rhamnosus

1. Introduction

Hydroxy fatty acids (HFAs) are important chemicals widely used for a number of applications,
such as starting materials for biodegradable polymers, lubricants, emulsifiers, drugs, cosmetic
ingredients, and flavours [1–4]. A very large number of HFAs have been identified in nature, but only
a few of them are available in industrially significant amounts. This is the case of ricinoleic acid 1

(12-hydroxy-9-cis-octadecenoic acid) that is commonly used in industry as it is the major fatty acid
component of castor oil (Figure 1). Consequently, the supply of other HFAs is usually achieved by
hydration of the unsaturated fatty acids (UFAs), straightforwardly available from natural sources.
A large number of different (UFAs), possessing multiple double bonds are components of vegetable
oils or fish fats. Therefore, the preparation of many HFAs is possible. Unfortunately, even if this kind
of reaction can be efficiently performed by a number of chemical means, the latter processes are usually
performed using harsh experimental conditions (strong acid catalysts, high temperatures) that lack of
stereochemical control. Thus, complex mixtures of isomers are usually formed. In addition, according
to the European and US legislation the obtained HFAs are considered as artificial and are no longer
exploitable as starting precursors for the preparation of natural flavours [4].
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Figure 1. Synthesis of natural (+)-(R)-gamma-decalactone from castor oil and the prospective synthesis
of natural C12 lactones gamma-dodecalactone, dairy lactone and tuberose lactone from vegetable oils
through exploitation of UFA hydration reactions.

In this context, the most relevant application involving HFAs is their microbial degradation to
lactones. Usually, this process is conveniently performed by means of different yeast strains [5,6] that
use these fatty acids as a carbon source and transform them through many cycles of β-oxidation in the
corresponding gamma or delta lactones. The majority of the fatty acid-deriving lactones (C9–C12) are
of high interest in F&F industry because are widely used for food flavouring. These compounds are not
available by extraction from natural sources, therefore, the only affordable way for their preparation, in
natural form, is the biotransformation of natural precursors, such as natural HFAs. Lactones obtained
by this way can be labelled as natural and, thus, possess much higher commercial value, with prices
ranging from 300 to 3000 €/Kg.

A reliable process based on the microbial transformation of castor oil [6], secures the production
of natural (+)-(R)-gamma-decalactone 2 (Figure 1). On the contrary, there are no affordable natural
HFA precursors for other sought-after C12 gamma lactones. In principle, the most straightforward and
challenging way for their synthesis is based on the enzymatic hydration of the very common Δ9−10

unsaturated fatty acids of type 3, in order to produce the corresponding 10-hydroxy derivatives 4.
The hydrolysis of a number of vegetable oils affords this kind of fatty acids, such as oleic acid 3a, linoleic
acid 3b, and α-linolenic acid 3c. Therefore, some high-value gamma lactones [7], for example gamma
dodecalactone 5, the structurally-related dodecelactone 6 (dairy lactone), and dodecadienelactone 7 [8]
(tuberose lactone) could be prepared following this approach.

The hydration reaction of unsaturated fatty acids was discovered in the early 1960s, during a
study on the hydration of oleic acid using a Pseudomonas strain [9,10]. Afterwards, a number of other
microorganisms proved to be able to perform this transformation [11–25] but the enzymes responsible
for the hydration step (oleate hydratases) have been characterized only recently [26], receiving growing
attention both from chemists and biologists [27–37]. It is worth noting that different putative oleate
hydratase have been cloned from a number of bacteria strains, but none of them have been used for the
industrial synthesis of HFAs. To date, the transformation of natural UFAs in HFAs, at the preparative
scale, has been achieved only by means of whole-cell based procedures. These studies take advantage
of the high hydratase activity of some specific bacteria, regardless of the biosafety level they belong.
Since we are interested in developing a reliable process for the synthesis of HFAs, to be employed as
starting materials for the production of natural food flavours, we limited our study to microorganisms
belonging to biosafety level 1 and recognized with technological beneficial use in foods [38].
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As different studies have reported the 10-hydratase activity of some Lactobacillus species [2,21,22],
namely acidophilus, plantarum, casei, paracasei, lactis, delbrueckii, reuteri, bulgaricus, and rhamnosus LGG,
we selected Lactobacillus rhamnosus LGG (ATCC 53103) as the most suitable whole-cell biocatalyst for
the above mentioned hydration reaction. Actually, this microorganism has been isolated from the
intestinal tract of healthy human beings and is available on the market in lyophilized form since is
currently used as a probiotic [39] and has been already employed for whole-cell biotransformation
processes [40]. Being regarded as beneficial for human health, the use of the latter strain does not
involve any safety concerns and can be employed in industrial processes for food flavour production.

In the present work, we describe the use of this microorganism as a whole-cell biocatalyst for
the hydration of the most common unsaturated octadecanoic acids, namely oleic acid, linoleic acid,
and linolenic acid. More specifically, we study a preparative procedure for their conversion in the
corresponding 10-hydroxy-derivatives. Our studies are also finalized to determine the regio and
stereoselectivity of the hydration step. As linoleic and linolenic acids possess two and three double
bonds, respectively, the biotransformation can affect up to three position of the fatty acids. Even if only
the mono-hydroxy derivatives are formed, the reaction can afford different regioisomers, each ones as
R or S enantiomers. This part of the study was performed by GC-MS analysis of the biotransformation
mixtures and by NMR analysis of specific derivatives of the isolated hydroxy acids. The results showed
that the investigated reaction is completely region- and stereoselective affording (R)-10-hydroxystearic
acid, (S)-(12Z)-10-hydroxy-octadecenoic acid, and (S)-(12Z,15Z)-10-hydroxy-octadecadienoic acid as
sole products.

2. Results and Discussion

According to the patent literature that described the isolation and the culture conditions of
Lactobacillus rhamnosus ATCC 53103 [39], we have grown the latter strain in anaerobic flasks, at 37 ◦C
and using MSR broth as a medium. Preliminary biotransformation experiments were performed by
adding the suitable fatty acid (3 g/L), dissolved in ethanol (<0.5% final concentration), to an active
culture of the Lactobacillus. In order to exclude growth variability due to quorum-sensing effect [41],
we used the same bacterial inoculum for each trials (7.5 × 107 CFU/mL). The fatty acids were added
at once, at different stages of the culture growth and the formation of the corresponding HFAs was
detected by TLC analysis. We observed that each one of the three fatty acids markedly inhibited
the microbial growth to such an extent that the addition of the UFAs within the first hour after the
inoculum allowed obtaining neither a proper bacterial culture nor the wanted HFAs derivatives.
Otherwise, when the microorganism is in the stationary phase, the addition of the UFAs produces a
minor amount of the corresponding HFAs derivatives.

These observations agree with Hagen’s work [26], in which the expression of the oleate hydratase
from Elizabethkingia meningoseptica was induced by the presence of oleic acid. As a consequence,
the hydration reaction can be properly achieved adding the fatty acid during the exponential phase
of the bacteria growth. In order to establish the best biotransformation conditions, we describe the
Lactobacillus rhamnosus ATCC 53103 growth curve by sampling a flask culture, prepared as described
above and measuring its optical density (OD600) at regular time interval (Figure 2).

Combining the latter data with the preliminary results of the flask-based biotransformation
experiments, we selected as the most suitable moment for the fatty acids addition the first part of
the exponential growth phase (3 h for the flask experiments). Since the microorganism under study
produces lactic acid by glucose catabolism, we took advantage of the deriving pH variation to define
the exponential phase span. In accord with the main aim of our work, we exploited the data described
above in order to scale up the biotransformation.

The process was performed in fermenter, each experiment on a scale superior to one litre and
using a fatty acid concentration of 5 g/L. The pH was controlled by dropwise addition of an aqueous
solution of either acetic acid or ammonia. The investigated Lactobacillus strain produce a defined
amount of lactic acid, directly proportional to the glucose content of the medium.
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Figure 2. Growth curve of Lactobacillus rhamnosus ATCC 53103. Conditions: anaerobic flask, MRS broth,
37 ◦C, inoculum 7.5 × 107 CFU/mL, 130 rpm.

In the experimental conditions described, the ammonia uptake necessary to keep the pH at the
fixed value of 6.2 was 11 mmol per gram of glucose. About 2–6 h after the inoculum of the microbial
precolture, the fermentation entered its exponential phase of growth as indicated by the start of the
automatic addition of the base. After consumption of about one fourth of the initial glucose content,
the fatty acid was added at once. In order to allow the maximum hydratase production, the microbial
growth was then forced by addition of further glucose as soon as that contained in the medium ran out.

After 48 h since the fatty acid addition, the TLC analysis showed that the hydration reaction did
not proceed further. The biotransformation was stopped and both the unreacted UFAs and the HFAs
formed were isolated by chromatography. The biotransformation of each one of the three selected
UFAs was performed in triplicate and the results obtained are schematically described in Figure 3.
The indicated yields correspond to the average of three different experimental values.

 

Figure 3. Whole-cell based biotransformation of oleic, linoleic and linolenic acid using
Lactobacillus rhamnosus (ATCC 53103). Experimental conditions: (a) anaerobic fermentation, MRS broth,
37 ◦C, pH 6.2, 170 rpm, fatty acid concentration 5 g/L.

The perusal of the obtained data allows drawing some relevant conclusions. First, the number
of the double bonds present on the starting fatty acid has a limited influence on the absolute
yields of the obtained HFAs. This value range from 34% for linolenic acid to 45% for linoleic acid
whereas oleic acid affords the corresponding HFA in 41% yield. Longer contact times or lower UFA
concentrations did not increase the yields. It seems possible that the formed HFAs could act as
inhibitors of the hydration reaction itself and, thus, overall yields are the result of the equilibrium of
the hydration/dehydration reactions. Otherwise, the yields versus transformed UFAs indicated that
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the investigated microorganism does not transform the substrates in derivatives different from HFAs,
with the exception of oleic acid for which we detected a minor and unspecific partial degradation.

The isolated HFAs were characterized by NMR, ESI-MS and GC-MS analysis. The results
confirmed the chemical structures represented in Figure 3, indicating that Lactobacillus rhamnosus
hydrates oleic, linoleic, and linolenic acids to give the corresponding 10-hydroxyderivatives,
namely 10-hydroxystearic, (12Z)-10-hydroxy-octadecenoic, and (12Z,15Z)-10-hydroxy-octadecadienoic
acids, respectively.

The recorded 1H- and 13C-NMR spectra are in very good agreement with those previously
reported in the literature [42] for the same HFAs.

Furthermore, the three HFAs were derivatized by means of the sequential treatment with
diazomethane followed by acetic anhydride in pyridine. The obtained derivatives 8a–c (Figure 4)
appear as sharp, well-resolved peaks by GC-MS analysis, whose electron impact spectrums share
in common the ions showing m/z 201 and 169. The latter fragmentation patterns are most likely
formed from alpha cleavage with respect to the 10-acetoxy group and, thus, their presence give a
strict confirmation of the hydroxy group position on the fatty acid chain. Finally, the GC-MS analysis
of each one of the latter derivatives showed the presence of a single peak, confirming that only the
10-hydroxy derivatives were formed, regardless of the number (or position) of the other double bonds.
The same analytical procedure was repeated using samples of the three crude biotransformation
mixtures. The results of the latter analyses cannot be effected by the purification procedures and
confirmed again the exclusive presence of the above-described 10-hydroxy derivatives.

 
Figure 4. Transformation of 10-hydroxystearic, (12Z)-10-hydroxy-octadecenoic and (12Z,15Z)-10-
hydroxy-octadecadienoic acids 4a–c to the corresponding derivatives 8a–c. Reagents and conditions:
(a) CH2N2, Et2O, 0 ◦C; (b) Ac2O/Py, DMPA cat., RT.

Another important topic of our work concerns the determination of the stereoselectivity related
to the hydration reaction. The isolated (12Z)-10-hydroxy-octadecenoic and (12Z,15Z)-10-hydroxy-
octadecadienoic acids both showed the negative optical rotation value of −6.4 and −4.7, respectively,
corresponding to (S) absolute configuration. Moreover, 10-hydroxystearic acid possesses an optical
rotation value almost equal to zero and its configuration is not assignable through the latter
measurement. In order to determine the missing assignment and to measure the enantiomeric purity of
all three HFAs obtained by Lactobacillus rhamnosus biotransformation, we derivatized them according
to the Rosazza procedure [43] (Figure 5).

The latter analytical method was developed for ascertaining the stereochemical purity of
10-HSA and is based on the 1H-NMR analysis of the diastereoisomeric (S)-O-acetylmandelate
esters of the corresponding methyl-10-hydroxystearate. The methyl ester signals due to (R) and
(S)-10-hydroxystearic acid derivatives gives two well-resolved singlets at 3.66 and 3.67 ppm,
respectively, whose relative peak areas indicate the corresponding isomeric ratio.
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Figure 5. Synthesis of racemic (12Z)-10-hydroxy-octadecenoic and (12Z,15Z)-10-hydroxy-
octadecadienoic acids and the transformation of the HFAs 4a–c into the corresponding (S)-O-
acetylmandelate esters 10a–c. Reagents and conditions: (a) CH2N2, Et2O, 0 ◦C; (b) (S)-9, DCC, cat.
DMAP, CH2Cl2 r.t.; (c) DMSO, ClCOOCl, Et3N, CH2Cl2, −70 ◦C; (d) NaBH4, MeOH, 0 ◦C.

Concerning 10-hydroxystearic acid, we used as a reference standard a (R)-10-hydroxystearic acid
sample having 21% ee, obtained by baker’s yeast-mediated oleic acid hydration [25]. Accordingly,
both the 10-HSA obtained by biotransformation and the above-mentioned (R)-standard were treated
with diazomethane and then converted in the corresponding (S)-O-acetylmandelate esters 10a.
The 1H-NMR analysis (Figure 6) of these two derivatives showed the presence of a 61:39 mixture
of (R,S)-10a and (S,S)-10a for the reference standard (sample a) and a 98:2 mixture of (R,S)-10a

and (S,S)-10a for the sample of 10-HSA produced by means of Lactobacillus rhamnosus (sample b).
This experiment attests unambiguously that the latter microorganism hydrates oleic acid with complete
regio and stereospecificity affording (R)-10-hydroxystearic acid with ee > 95%.

In order to obtain reference standard samples of racemic hydroxy acids 4b and 4c, we oxidized
the corresponding (S)-enantiomers obtained by biotransformation. The obtained ketones were then
reduced to racemic alcohols. As the intermediate ketones are β,γ-unsaturated, to avoid isomerization,
the oxidation was performed at −70 ◦C, using Swern conditions [44]. The ketones were not purified
and were immediately reduced using NaBH4 in methanol.

Again, both the 10-hydroxy acids obtained by the biotransformation procedures and the
above-mentioned racemic standards were treated with diazomethane and then converted in the
corresponding (S)-O-acetylmandelate esters. Esters 10b and 10c were prepared using racemic 4b and
4c, respectively. The 1H-NMR analysis of these two esters showed that the hydrogens linked to the
carbon bearing the acetoxy group give two well-resolved singlets at 5.890 and 5.878 ppm (Figure 6,
sample c and sample e). The (S)-O-acetylmandelate esters of (S)-(12Z)-10-hydroxy-octadecenoic and
(S)-(12Z,15Z)-10-hydroxy-octadecadienoic acid methyl esters are responsible for the signals at 5.878
ppm. As a consequence, comparing the relative peak areas measured for the diastereoisomeric
compounds (S,S)-10b/(R,S)-10b and (S,S)-10c/(R,S)-10c we determined the enantiomeric purity of
(S)-(12Z)-10-hydroxy-octadecenoic and (S)-(12Z,15Z)-10-hydroxy-octadecadienoic acids.
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(a) (c) (e) 

   
(b) (d) (f) 

Figure 6. 1H-NMR analysis of the diastereoisomeric mixtures of (S)-O-acetylmandelate esters
10a–c deriving from 10-hydroxystearic (4a), (12Z)-10-hydroxy-octadecenoic (4b) and (12Z,15Z)-10-
hydroxy-octadecadienoic (4c) acid samples either prepared as reference standards (samples a, c,
and e) or obtained by Lactobacillus rhamnosus-mediated hydration reactions (samples b, d, f). Samples
description: (a) ester 10a prepared using (R)-4a having 21% ee; (b) ester 10a prepared using 4a obtained
by hydration of oleic acid; (c) ester 10b prepared using racemic 4b; (d) ester 10b prepared using 4b

obtained by the hydration of linoleic acid; (e) ester 10c prepared using racemic 4c; and (f) ester 10c

prepared using 4c obtained by the hydration of linolenic acid.

Accordingly, ester 10b, prepared using 4b obtained by the hydration of linoleic acid (sample
d) and ester 10c, prepared using 4c obtained by the hydration of linolenic acid (sample f) showed a
diastereoisomeric ratio of about 98:2, again corresponding to an enantiomeric excess >95% for both
above mentioned HFAs.

It is worth noting that the studied Lactobacillus strain hydrates the three UFAs with identical
stereoselectivity. The descriptor switch from (R) form of hydroxystearic acid to the (S) form of
(12Z)-10-hydroxy-octadecenoic and (12Z,15Z)-10-hydroxy-octadecadienoic acid is due only to a change
of substituent priority, according to the Cahn-Ingold-Prelog rules. Most likely, the oleate hydratase(s)
produced by Lactobacillus rhamnosus accepts as substrates different unsaturated fatty acids, which must
have a (Z) Δ9–10 double bond as the sole mandatory requirement. The latter catalyst(s) works with
very high regio and stereoselectivity regardless of the presence of other double bonds on the fatty
acid chain.

This wide substrates acceptance doesn’t imply that the studied microorganism can transform the
three selected fatty acid with the same kinetic ratio. Even though the substrates were hydrated with
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high selectivity, the microbial hydratase(s) could possess different affinity for each one of the acids
that, in turn, could show different reactions kinetic.

In order to investigate this point, we set up two experiments based on the biotransformation
of the mixture of the three acids. Accordingly, we added a 1:1:1 mixture of oleic/linoleic/linolenic
acids to an anaerobic culture of Lactobacillus rhamnosus. The overall acids concentration was set at
6 g/L and the experiments were performed in triplicate using both the flask- and fermenter-based
procedures. The biotransformations were stopped after 48 h and the crude products were derivatized
and then analysed by GC-MS, in order to measure the HFAs relative compositions. Regardless of the
transformation yields, all the experiments showed that 10-hydroxystearic acid was the most abundant
HFA. Flask-based biotransformations afforded 4a/4b/4c in a 59/17/24 ratio, whereas fermenter-based
biotransformations gave 4a/4b/4c in a 71/15/14 ratio. Overall, it seems that Lactobacillus rhamnosus
can hydrate oleic acid faster than linoleic and linolenic acids. This could be due either to the presence
of different hydratases or to the specific activity of a single hydratase towards each one of the UFAs
used in this study, thus justifying the different product ratios. In spite of this fact, yields are not
related to this aspect, as demonstrated by the fact that for large-scale biotransformation experiments,
the hydration of linoleic acid affords hydroxy acid 4b in yields higher than those obtained for the
hydration of oleic or linolenic acid.

3. Materials and Methods

3.1. Materials and General Methods

All air- and moisture-sensitive reactions were carried out using dry solvents and under a static
atmosphere of nitrogen. All solvents and reagents were of commercial quality.

Oleic acid (94%, lot. MKBZ2615V), linoleic acid (99%, lot. SLBT2627), linolenic acid (68%,
lot. 310689/1), MRS broth, sodium thioglycolate, resazurin sodium salt, and glucose were purchased
from Sigma-Aldrich (St. Louis, MO, USA). Linolenic acid (85% purity, lot. 81003) was purchased
from Nissan—Nippon Oil and Fats Co. (Tokyo, Japan), LTD. (S)-O-acetyl mandelic acid was prepared
starting from (S)-mandelic acid and using acetic anhydride, pyridine and cat. DMAP, as described
previously [45].

A reference standard sample of 10-(R)-hydroxystearic acid, showing 21% ee, was prepared by
baker’s yeast-mediated hydration of oleic acid, according to the biotransformation procedure described
in our previous work [25].

Reference standard samples of racemic (12Z)-10-hydroxy-octadecenoic acid and (12Z,15Z)-10-
hydroxy-octadecadienoic acid were prepared starting from the corresponding (S) enantiomers obtained
by biotransformation. The process is based on the following two steps chemical transformation.

A solution of dry DMSO (0.5 mL, 7 mmol) in CH2Cl2 (3 mL) was added dropwise to a stirred
solution of oxalyl chloride (0.3 mL, 3.5 mmol) in CH2Cl2 (7 mL) at −70 ◦C. After ten minutes, a sample
of enantio-enriched (12Z)-10-hydroxy-octadecenoic acid (4b) or (12Z,15Z)-10-hydroxy-octadecadienoic
acid (4c) (300 mg, 1 mmol) in CH2Cl2 (2 mL) was added dropwise. After a further 15 min, dry Et3N
(2 mL, 14.3 mmol) was added and the resulting mixture was allowed to warm to room temperature.
The reaction was then poured into ice-cooled water and was extracted twice with CH2Cl2 (50 mL × 2).
The combined organic phases was washed with brine and concentrated under reduced pressure.
The residue was dissolved in methanol (30 mL) and was treated at 0 ◦C with NaBH4 (100 mg, 2.6 mmol)
under stirring. After complete reduction of the ketone (TLC analysis), the reaction was quenched
by addition of diluted HCl aq. (3% w/w, 40 mL) followed by extraction with CH2Cl2 (50 mL × 2).
The combined organic phases was washed with brine and concentrated under reduced pressure.
The residue was purified by chromatography using n-hexane/AcOEt (9:1–7:3) as eluent to afford the
racemic hydroxy acid derivatives 4b or 4c (195–230 mg, 65–77% yield).
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3.2. Analytical Methods and Characterization of the Products Deriving from the Biotransformation Experiments

1H- and 13C-NMR Spectra and DEPT experiments: CDCl3 solutions at RT using a Bruker-AC-400
spectrometer (Billerica, MA, USA) at 400, 100, and 100 MHz, respectively; 13C spectra are proton
decoupled; chemical shifts in ppm relative to internal SiMe4 (=0 ppm).

TLC: Merck silica gel 60 F254 plates (Merck Millipore, Milan, Italy). Column chromatography:
silica gel.

Melting points were measured on a Reichert apparatus, equipped with a Reichert microscope,
and are uncorrected.

Optical rotations were measured on a Jasco-DIP-181 digital polarimeter (Tokyo, Japan).
Optical density value were measured on a Jasco V-560 UV–VIS spectrophotomer (Tokyo, Japan)

at a wavelength of 600 nm.
Mass spectra were recorded on a Bruker ESQUIRE 3000 PLUS spectrometer (ESI detector)

(Billerica, MA, USA) or by GC-MS analyses.
GC-MS analyses: A HP-6890 gas chromatograph equipped with a 5973 mass detector, using a

HP-5MS column (30 m × 0.25 mm, 0.25 μm film thickness; Hewlett Packard, Palo Alto, CA, USA)
was used with the following temp. program: 120◦ (3 min)—12◦/min—195◦ (10 min)—12◦/min—300◦

(10 min); carrier gas: He; constant flow 1 mL/min; split ratio: 1/30; tR given in minutes.
The biotransformations of oleic acid, linoleic acid, and linolenic acid to give 10-hydroxystearic acid,

(12Z)-10-hydroxy-octadecenoic acid, and (12Z,15Z)-10-hydroxy-octadecadienoic acid, respectively,
were monitored by means of GC-MS analysis. To this end the biotransformation mixture was acidified
at pH 3 and filtered on celite. The aqueous phase was then extracted three times with ethyl acetate
and the combined organic layer was washed with brine and dried on Na2SO4. The solvent was then
removed under reduced pressure and the residue was treated at 0 ◦C with an excess of an ethereal
solution of freshly-prepared diazomethane. As soon as the evolution of nitrogen ceased, the solvent
was eliminated and the residue was treated at RT with a 1:1 mixture of pyridine/acetic anhydride (4 mL
for about 100 mg of residue) and DMAP (10 mg). After five hours, the excess of reagents was removed
in vacuo and the residue was analysed by GC-MS in order to determine the fatty acid/hydrated fatty
acid ratio.

Oleic acid methyl ester: tR 18.95
GC-MS (EI): m/z (%) = 296 [M+] (7), 264 (49), 235 (6), 222 (30), 180 (19), 166 (10), 152 (12), 137 (17),

123 (26), 110 (32), 97 (62), 83 (68), 69 (79), 55 (100).

Linoleic acid methyl ester: tR 18.52
GC-MS (EI): m/z (%) = 294 [M+] (18), 263 (15), 234 (1), 220 (4), 178 (6), 164 (10), 150 (16), 135 (15),

123 (18), 109 (36), 95 (70), 81 (93), 67 (100), 55 (56).

Linolenic acid methyl ester: tR 18.79
GC-MS (EI): m/z (%) = 292 [M+] (7), 261 (4), 249 (2), 236 (5), 191 (3), 173 (5), 149 (13), 135 (15), 121

(20), 108 (34), 95 (56), 79 (100), 67 (66), 55 (43).

Methyl 10-acetoxystearate (8a): tR 24.47
GC-MS (EI): m/z (%) = 313 [M+-MeCO] (6), 296 [M+-AcOH] (3), 281 (17), 264 (31), 243 (11), 222 (9),

201 (100), 169 (64), 157 (16), 125 (21), 97 (18), 83 (19), 69 (21), 55 (27).

Methyl (12Z)-10-acetoxy-octadecenoate (8b): tR 24.28
GC-MS (EI): m/z (%) 311 [M+-MeCO] (<1), 294 [M+-AcOH] (39), 279 (1), 263 (24), 220 (7), 201 (46),

169 (100), 150 (13), 136 (9), 123 (15), 109 (21), 95 (37), 81 (53), 67 (46), 55 (32).

Methyl (12Z,15Z)-10-acetoxy-octadecadienoate (8c): tR 24.33
GC-MS (EI): m/z (%) 292 [M+-AcOH] (76), 277 (1), 261 (20), 201 (33), 169 (100), 149 (19), 135 (28),

121 (41), 108 (42), 93 (57), 79 (87), 55 (39).
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The enantiomeric composition of the isolated 10-hydroxystearic acid, (12Z)-10-hydroxy-
octadecenoic acid, and (12Z,15Z)-10-hydroxy-octadecadienoic acid samples obtained from the
biotransformation experiments was determined by 1H-NMR analysis, according to the Rosazza
procedure [43]. Hence, each one of the hydroxy acid samples (100 mg, 0.33 mmol) was treated with an
excess of an ethereal solution of freshly-prepared diazomethane. As soon as the evolution of nitrogen
ceased, the solvent was eliminated and the resulting methyl ester was dissolved in dry CH2Cl2 (5 mL)
treated with (S)-O-acetylmandelic acid 9 (130 mg, 0.67 mmol), DCC (140 mg, 0.68 mmol) and DMAP
(10 mg), stirring at RT for 6 h. The reaction was then quenched by the addition of water and diethyl
ether (60 mL). The formed dicyclohexylurea was removed by filtration on celite and the organic phase
was washed with aq. NaHCO3, brine and dried on Na2SO4. The solvent was then removed under
reduced pressure and the residue was roughly purified by chromatography, collecting every fraction
containing the fatty acid mandelates.

3.3. Biotransformation Experiments

Lactobacillus rhamnosus (ATCC 53103), in lyophilized form, was purchased from Malesci Spa
(Florence, Italy) (trade name Kaleidon 60). The microorganism was grown anaerobically at 37 ◦C,
under a nitrogen atmosphere. The biotransformation experiments were performed either in flasks or in
a 5 L fermenter (Biostat A BB-8822000, Sartorius-Stedim (Göttingen, Germany)) using MRS broth as the
medium. Unless otherwise stated, all the biotransformation experiments were carried out in triplicate.

3.3.1. Representative Procedure for Flask-Scale Biotransformations

The anaerobic flasks were prepared loading 40 mL of MRS broth in 100 mL conical vacuum flasks
followed by the addition of cysteine (20 mg), sodium thioglycolate (40 mg) and resazurine sodium
salt (1 mg). The flasks were flushed with nitrogen until complete removal of the oxygen content, then
were sealed with a silicone rubber septa and sterilized (121 ◦C, 15 min.). Each flask was inoculated
via syringe with lyophilized Lactobacillus rhamnosus (3 × 109 CFU, suspended in 2 mL of sterilized
skimmed milk) and was incubated at 37 ◦C and at 130 rpm.

A solution of the fatty acid (120 mg) in ethanol (0.15 mL) and 2 mL of a sterilized solution of
glucose (300 g/L) in water were added to each flask after 3.5 and 6 h since the inoculum, respectively.
After 48 h the reaction mixtures were acidified at pH 3 by addition of diluted HCl and then filtered on
celite. The aqueous phases are then extracted three times with ethyl acetate and the combined organic
layers were washed with brine, dried on Na2SO4 and the solvent was removed under reduced pressure.
The crude biotransformation mixtures were derivatized and analysed by GC-MS as described above
(Section 3.2).

3.3.2. Representative Procedure for Preparative Biotransformations

Two anaerobic flasks, containing 40 mL of MRS broth and prepared as described above,
were inoculated with Lactobacillus rhamnosus (3 × 109 CFU for each flask) and then incubated at 37 ◦C
and 130 rpm for 6 h. The cultures were centrifuged at 3220× g for 3 min (4 ◦C), the supernatant removed
and the cells were resuspended in 4 mL of sterilized skimmed milk. The obtained suspension was
added to a fermenter vessel containing nitrogen flushed MRS broth (1 L). The temperature, the stirring
speed, and the pH were set to 37 ◦C, 170 rpm and 6.2, respectively. The pH was controlled by dropwise
addition of sterilized aqueous solutions (10% w/w in water) of either acetic acid or ammonia. About
2–4 h since the inoculum, the fermentation showed an exponential phase of growth as indicated
by starting of the continuous addition of base, necessary to neutralize the lactic acid produced by
the glucose bacterial catabolism. As soon as 60 mmol (6 h) and 220 mmol (10 h) of ammonia were
supplemented, the solution of the suitable fatty acid (5 g) in ethanol (5 mL) and then 65 mL of a
sterilized solution of glucose (300 g/L) in water were added at once. The fermentation was stopped
48 h since the inoculum. At that time the reaction mixture was acidified at pH 3 by addition of diluted
HCl and then filtered on celite. The aqueous phase was then extracted three times with ethyl acetate and
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the combined organic layers were washed with brine, dried on Na2SO4, and the solvent was removed
under reduced pressure. The residue was purified by chromatography using n-hexane/AcOEt (9:1–7:3)
as the eluent to afford unreacted fatty acid (first eluted fractions) followed by hydroxy acid derivative.

The general preparative procedure was performed using oleic acid as substrate. The resulting
crude biotransformation mixture showed a unreacted oleic acid/10-hydroxystearic acid ratio of
2:3 (by GC-MS analysis). The chromatographic purification allowed isolating 1.5 g of unreacted
oleic acid and 2.2 g of 10-hydroxystearic acid (colorless crystal; 41% yield; 59% yield versus
transformed oleic acid). A sample of the obtained 10-hydroxystearic acid was transformed in the
corresponding (S)-O-acetylmandelate ester, whose NMR analysis confirmed that the hydroxy acid is
the (R)-enantiomer possessing ee > 95%.

(R)-10-Hydroxystearic acid (4a): m.p.: 82–84 ◦C; 1H-NMR (400 MHz, CDCl3): δ = 3.65–3.53 (m, 1H),
2.34 (t, J = 7.5 Hz, 2H), 1.69–1.56 (m, 2H), 1.51–1.20 (m, 27H), 0.88 (t, J = 7.0 Hz, 3H). 13C-NMR (100 MHz,
CDCl3): δ = 178.7 (C), 72.1 (CH), 37.5 (CH2), 37.4 (CH2), 33.8 (CH2), 31.9 (CH2), 29.7 (CH2), 29.6 (CH2),
29.6 (CH2), 29.3 (CH2), 29.3 (CH2), 29.1 (CH2), 29.0 (CH2), 25.6 (CH2), 25.5 (CH2), 24.6 (CH2), 22.6 (CH2),
14.1 (Me). MS (ESI): 299.1 (M − 1, negative ions).

The general preparative procedure was performed using linoleic acid as substrate. The resulting
crude biotransformation mixture showed a unreacted linoleic acid/(12Z)-10-hydroxy-octadecenoic
acid ratio of 1:1 (by GC-MS analysis). The chromatographic purification allowed isolating 2 g of
unreacted linoleic acid and 2.4 g of (12Z)-10-hydroxy-octadecenoic acid (pale yellow oil; 45% yield;
75% yield versus transformed linoleic acid). A sample of the obtained 10-hydroxy-octadecenoic acid
was transformed in the corresponding (S)-O-acetylmandelate ester, whose NMR analysis indicated
that the hydroxy acid possessed ee > 95%. The absolute configuration was established as (S) by
measurement of its optical rotation value.

(S)-(12Z)-10-hydroxy-octadecenoic acid (4b): [α]20
D = −6.4 (c 2.6, MeOH). 1H-NMR (400 MHz, CDCl3) δ

5.61–5.51 (m, 1H), 5.44–5.35 (m, 1H), 3.67–3.58 (m, 1H), 2.34 (t, J = 7.5 Hz, 2H), 2.22 (t, J = 6.7 Hz, 2H),
2.09–2.00 (m, 2H), 1.68–1.58 (m, 2H), 1.52–1.22 (m, 18H), 0.89 (t, J = 6.9 Hz, 3H). 13C-NMR (100 MHz,
CDCl3) δ 179.5 (C), 133.5 (CH), 125.0 (CH), 71.6 (CH), 36.7 (CH2), 35.3 (CH2), 34.0 (CH2), 31.5 (CH2),
29.5 (CH2), 29.3 (CH2), 29.3 (CH2), 29.1 (CH2), 29.0 (CH2), 27.4 (CH2), 25.6 (CH2), 24.6 (CH2), 22.5 (CH2),
14.0 (Me). MS (ESI): 321.4 (M + Na+); 297.2 (M − 1, negative ions).

The general preparative procedure was performed using linolenic acid as a substrate. The resulting
crude biotransformation mixture showed a unreacted linolenic acid/(12Z,15Z)-10-hydroxy-
octadecadienoic acid ratio of 2:1 (by GC-MS analysis). The chromatographic purification allowed
isolating 2.9 g of unreacted linolenic acid and 1.8 g of (12Z,15Z)-10-hydroxy-octadecadienoic acid
(pale yellow oil; 34% yield; 80% yield versus transformed linolenic acid). A sample of the obtained
10-hydroxy-octadecadienoic acid was transformed in the corresponding (S)-O-acetylmandelate ester,
whose NMR analysis indicated that the hydroxy-acid possessed ee > 95%. The absolute configuration
was established as (S) by measurement of its optical rotation value.

(S)-(12Z,15Z)-10-hydroxy-octadecadienoic acid (4c): [α]20
D = −4.7 (c 2.5, MeOH). 1H-NMR (400 MHz,

CDCl3) δ 5.63–5.25 (m, 4H), 3.68–3.59 (m, 1H), 2.81 (t, J = 7.2 Hz, 2H), 2.34 (t, J = 7.5 Hz, 2H), 2.28–2.20
(m, 2H), 2.12–2.02 (m, 2H), 1.69–1.57 (m, 2H), 1.53–1.22 (m, 13H), 0.97 (t, J = 7.5 Hz, 3H). 13C-NMR
(100 MHz, CDCl3) δ 179.5 (C), 132.2 (CH), 131.5 (CH), 126.8 (CH), 125.4 (CH), 71.5 (CH), 36.8 (CH2),
35.3 (CH2), 34.0 (CH2), 29.5 (CH2), 29.3 (CH2), 29.1 (CH2), 29.0 (CH2), 25.7 (CH2), 25.6 (CH2), 24.6 (CH2),
20.6 (CH2), 14.2 (Me). MS (ESI): 319.4 (M + Na+); 295.1 (M − 1, negative ions).

4. Conclusions

The probiotic bacterium Lactobacillus rhamnosus (ATCC 53103) can be used as a whole-cell
biocatalyst for the hydration of oleic acid, linoleic acid, and linolenic acid to produce
(R)-10-hydroxystearic acid, (S)-(12Z)-10-hydroxy-octadecenoic acid, and (S)-(12Z,15Z)-10-hydroxy-
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octadecadienoic acid, respectively. We developed a biotransformation protocol that holds preparative
significance because it is scalable and allows obtaining the above-mentioned HFAs with high regio-
and stereoselectivity (ee > 95%). Finally, the used bacteria strain does not involve any safety concerns
and the proposed process can be employed for the industrial production of food flavour.
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Abstract: A novel microbial approach to the production of enantiomerically enriched and pure
aroma compounds based on kinetic resolution via solid-state fermentation is proposed. Twenty-five
filamentous fungi were screened for lipase activity and enantioselective hydrolysis of a volatile
racemic ester (1-phenylethyl acetate (1)) and several racemic lactones (trans and cis whisky lactones
(4, 5), γ-decalactone (7), δ-decalactone (8), (cis-3a,4,7,7a-tetrahydro-1(3H)-isobenzofuranone) (9)).
Solid-state fermentation was conducted with linseed and rapeseed cakes. Kinetic resolution afforded
enantiomerically enriched products with high enantiomeric excesses (ee = 82–99%). The results
highlight the potential economic value of solid-state fermentation using agroindustrial side-stream
feedstocks as an alternative to more expensive processes conducted in submerged fermentation.

Keywords: aroma compounds; kinetic resolution; solid-state fermentation; agro-industrial side
stream; rapeseed cake; linseed cake; lactones; esters

1. Introduction

The food industry generates large quantities of wastes and by-products, and research interest in
efficient use of agroindustrial residues has been increasing [1]. Several bioprocesses that use these
residues as substrates have been developed, including production of enzymes, single cell proteins,
ethanol, organic acids, biopolymers, and secondary metabolites [2]. Solid-state fermentation (SSF)
constitutes a microbial culture method alternative to submerged fermentation (SmF). SSF lowers the
capital investment that is required for particular bioprocesses by approximately 78% in comparison to
SmF [3]. Because growth media account for approximately 40% of the total cost of bioprocessing, it is
reasonable to use inexpensive raw materials such, as agricultural by-products [4].

Oilseed cakes are solid residues that are obtained after pressing of oil seeds. They can constitute
up to 75% of total seed weight. Oilseed cakes are rich in carbohydrates, proteins, fat, and cellulose,
and therefore provide excellent media for growth of microorganisms [5]. The world market for oilseed
cakes is dominated by soybean, rapeseed, cottonseed, groundnut, sunflower, and linseed cakes.

Microbial SSF on renewable agroindustrial side-stream products is ideal for efficient production
of industrially important biocatalysts, such as lipases, proteases, cellulases, and amylases [6].
Application of microbial enzymes or whole cells permits transformation with high chemo-, regio-,
and enantioselectivity [7]. Notably, biotransformation is an environmentally friendly process because
it can be conducted under mild conditions, requires few chemicals, and produces little toxic chemical
waste. In the pharmaceutical, agricultural, and fine chemical industries, there is a strong demand for
the production of the enantiopure forms of chiral compounds, and biocatalysis is therefore being used
to manufacture a wide range of products [8].
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Increasing attention is being paid to the origins of food additives, and those with natural origins
are preferred. Compounds obtained by biotransformation, according to United States and European
Union regulations, are regarded as natural [9]. Interest in biotechnological production of natural
and natural-identical flavor compounds has recently increased [10]. One group of additives with
well-characterized flavor properties are compounds that contain ester bonds, including lactones,
which are characterized by an intense, specific aroma, and which are used in the food, cosmetic,
and pharmaceutical industries. Their fragrance depends on the size of the ring, the type of substituents,
the presence of unsaturated bonds, and the configuration of the chiral centers [11].

One common aroma lactone is whisky lactone. It is essential for the flavoring of aged alcoholic
beverages, such as whisky, cognac, brandy, and wine. It is also used as an aroma ingredient of
flavored sweets and beverages, as well as a variety of baked foods and tobacco. Four stereoisomers of
whisky lactone are known, and their olfactory properties are determined by their spatial structure [12].
γ-Decalactone was originally isolated from fruits, meat, and dairy products. It enriches food products
with an intense scent of peach or coconut. The S enantiomer of γ-decalactone occurs naturally in mango,
while the R enantiomer is found in most fruits, especially in peaches [13]. A reliable process based
on the microbial transformation of castor oil secures the production of natural (+)-(R)-γ-decalactone,
whilst the (S)-enantiomer is not easily available yet [14]. δ-Decalactone, with its creamy, sweet, milky,
coconut-peach flavor, is of great interest to the food industry. It is a well-known constituent of the
aroma of dairy products and some fruits [15]. cis-3a,4,7,7a-Tetrahydro-1(3H)-isobenzofuranone is the
precursor of the phthalide-derived lactones that are abundant in fruits in the family Apiaceae, which are
characterized by a celery-like aroma [16]. 1-Phenylethyl acetate is a well-known flavoring used in many
countries as a food additive. Its aroma has been described as sweet and fruity, woody, and tropical
with floral nuances; it is found in a wide range of fruits and vegetables, such as strawberry, melon,
avocado, pineapple, and banana. It is a highly valued natural volatile ester that is widely used as
an additive in cosmetics, foods, and pharmaceuticals [17].

The aim of this study was microbial kinetic resolution of aroma compounds. Whole cells of
filamentous fungi growing on rapeseed (RC) and linseed cakes (LC) were screened for their ability to
produce enantiomerically pure lactones and esters. To the best of our knowledge, only a few reports
have been published on biotransformation via SSF. Although numerous hydrolases are produced
by SSF, only a few reports have discussed their application in biotransformation. Macedo et al. [18]
described the production of lipases by SSF and preparation of lyophilized powder of extracted enzymes
used for synthesis of short chain citronellyl esters. Only one study, conducted by Nagy et al. [19],
has examined lipases produced by SSF as catalysts for kinetic resolution of racemic secondary alcohols.
When considering the prevalence of application of these aroma compounds in the food industry,
and the economic benefits of sustainable management of agricultural side streams, this approach is
undeniably attractive.

2. Results and Discussion

The stereoselectivity of hydrolysis catalyzed by enzymes produced by filamentous fungi in
solid-state fermentation (SSF) was tested with various aroma compounds: 1-phenylethyl acetate (1),
a mixture of trans and cis whisky lactones (4, 5), γ-decalactone (7), δ-decalactone (8), and cis-3a,4,7,7a-
tetrahydro-1(3H)-isobenzofuranone (9) (Scheme 1). SSF was conducted on oilseed cakes from linseeds
and rapeseeds, which are by-products of the oleoindustry that contain all essential ingredients for
fungal growth, especially the fatty acids that are required for lipase biosynthesis.
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Scheme 1. Aroma compounds applied for kinetic resolution by solid-state fermentation (SSF).

2.1. Kinetic Resolution of 1-Phenylethyl Acetate (1)

Fungal strains exhibiting lipolytic activity were tested on racemic 1-phenylethyl acetate (1)
as a reference substrate to investigate their capacity for dynamic kinetic resolution (Scheme 2).
This substrate was hydrolyzed to phenylethanol (2), which is, especially in its enantiomerically pure
forms, in great demand in the agrochemical, flavor, and pharmaceutical industries [20]. Additionally,
as a result of alcohol 2 oxidation, acetophenone (3) was formed. In the biotransformation of racemic
1-phenylethyl acetate (1), both hydrolases and oxidoreductases play a crucial role. On the basis of gas
chromatography (GC) analysis, arising acetophenone (3) during the biotransformation suggests that
(S)-1-phenylethanol (2) is oxidized to acetophenone (3), which is immediately selectively reduced to
(R)-1-phenylethanol (2).

filamentous fungi

-1 ( )-(R)-2(+)-(S)-1 3

Scheme 2. Kinetic resolution of 1-phenylethyl acetate (1).

The majority of the biocatalysts preferentially transformed the (R)-1 ester to the corresponding
(R)-2 alcohol (Table 1). Kinetic resolution of ester 1 catalyzed by all nine strains (Aspergillus candidus
AM386, A. nidulans AM243, Botrytis cirenea AM235, Fusarium oxysporum AM21, F. semitectum AM20,
Mucor spinosus AM398, Papularia rosea AM17, Penicillum camemberti AM83, Poria placenta AM38) of
filamentous fungi tested produced (S)-1 and (R)-2, with a high conversion rate and enantiomeric
excess. The greatest quantity of enantiomerically pure (S)-1 (ee > 99%) was achieved after three days
of hydrolysis catalyzed by F. oxysporum AM21. Three strains (A. nidulans AM243, P. camemberti AM83,
and F. avenaceum AM11) produced the (R)-2 enantiomer (ee > 99%). Hydrolysis on RC proceeded
relatively fast, and the highest enantioselectivity was achieved after three days of biotransformation.
Subsequently, enantiomeric excess of product (R)-2 decreased. With application of B. cirenea AM235
and P. rosea AM17, high enantiomeric excess was observed, even after 10 days; however, in P. rosea
AM17 culture the amount of acetophenone (3) increased steadily with time (data not shown).

LC was also a valuable biotransformation medium; however, hydrolysis proceeded via different
pathways (Table 2). Hydrolysis of 1 with B. cirenea AM235 on LC provided the (S)-enantiomer of
substrate 1, whereas on RC, the (R)-enantiomer of product 2 was produced (Table 1). Culture of
A. ochraceus AM370 and Penicillium thomi AM91 produced only ketone 3, which suggests high
oxidoreductase activity of these strains. Biotransformation catalyzed by Fusarium avenaceum AM11 also
produced different results, with only ketone 3 or alcohol 2 observed on RC and LC, respectively. It is
worthy of mention that the type of oilseed cake influenced enzyme activity and specificity. However,
the use of another medium had no or only a slight influence on the kinetic resolution process catalyzed by
A. nidulans AM243, A. ochraceus AM370, M. spinosus AM398, P. rosea AM17 in comparison to RC (Table 1).
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Table 1. Kinetic resolution of racemic 1-phenylethyl acetate (1) by fungi in rapeseed cake (in %
according to GC).

Strain
Time

(Days)
Lipase Activity

(U/g)
Conversion

(%)

(S)-1 (R)-2 3

(%) ee (%) (%) ee (%) (%)

Aspergillus candidus AM386 3 40.4 100 0 - 86 >99 14
Aspergillus nidulans AM243 3 106.6 100 0 - 100 >99 0
Aspergillus ochraceus AM370 3 21 100 0 - 0 - 100
Aspergillus ochraceus AM456 3 90.3 88 12 74 88 22 0
Aspergillus wenthi AM413 3 96.8 30 70 30 26 64 4
Botrytis cirenea AM235 6 144.7 100 0 - 96 98 4
Fusarium avenaceum AM11 3 46 100 0 - 0 - 100
Fusarium oxysporum AM21 3 146.5 18 82 >99 15 44 3
Fusarium semitectum AM20 3 105.5 96 4 >99 a 56 >99 40
Fusarium tricinctum AM16 3 67 25 75 20 25 66 0
Mucor spinosus AM398 3 54.1 94 6 66 a 78 >99 16
Papularia rosea AM17 6 160.7 97 3 0 88 96 9
Penicillum camemberti AM83 3 144.3 100 0 - 100 >99 0
Penicillium chrysogenum AM112 6 105.1 100 0 - 100 62 0
Penicillium thomi AM91 6 155.5 98 2 >99 a 60 54 38
Poria placenta AM38 10 22.1 98 2 >99 a 84 92 14
Spicoria divaricata AM423 3 89.9 93 7 >99 59 0 34

a The reaction proceeded with opposite enantiomer selectivity ((R)-1).

Table 2. Kinetic resolution of racemic 1-phenylethyl acetate (1) by fungi in linseed cake (in % according
to GC).

Strain
Time

(Days)
Lipase Activity

(U/g)
Conversion

(%)

(S)-1 (R)-2 3

(%) ee (%) (%) ee (%) (%)

Aspergillus nidulans AM243 3 106.6 100 0 - 100 >99 0
Aspergillus ochraceus AM370 3 21 100 0 - 0 - 100
Aspergillus ochraceus AM456 3 90.3 83 17 40 83 30 0
Aspergillus wenthi AM413 10 237.5 90 10 24 78 0 12
Botrytis cirenea AM235 3 14 10 90 80 0 - 10
Fusarium avenaceum AM11 3 46 100 0 - 100 >99 0
Fusarium oxysporum AM21 10 26.6 75 25 62 59 0 16
Fusarium semitectum AM20 3 105.5 70 30 72 34 38 36
Fusarium tricinctum AM16 3 67 44 56 26 22 86 22
Mucor spinosus AM398 3 54.1 100 0 0 95 90 5
Papularia rosea AM17 6 160.7 100 0 0 46 86 54
Penicillum camemberti AM83 3 144.3 30 70 30 30 58 0
Penicillium chrysogenum AM112 6 105.1 92 8 >99 67 50 25
Penicillium notatum AM904 6 36.5 100 0 0 92 0 8
Penicillium thomi AM91 3 39.4 100 0 - 0 - 100
Sclerophoma pythiophila AR55 3 5.6 48 52 52 35 20 13
Spicoria divaricata AM423 3 20.1 100 0 - 85 26 15

Both media, RC and LC, were effective for lipase production. In general, higher lipase activity was
observed in most cultures grown on RC, however three strains A. ochraceus AM370, A. wenthi AM413,
and F. avenaceum AM11 exhibited higher lipase activity on LC. Previous reports describe a few examples
of use of these oilseed cakes as a medium for hydrolase production [6,21–25]. When considering
the differences in the kinetic resolution results, it appears that the chemical composition of the
media induces the production of enzymes with different enantioselectivity. Fermentation on LC
produced a greater content of carbohydrates and proteins as compared to RC, although the quantity of
residual oil was comparable (12–13%) [26–28]. The main differences in LC and RC are in fatty acid
composition, which can strongly affect lipase biosynthesis. Both LC and RC contain a significant
majority of unsaturated fatty acids (90–94%). However, in LC, α-linolenic acid predominates (50–55%),
whereas RC primarily contains oleic acid (~60%), and only 1% α-linolenic acid. Oilseed cake from
flax contains a similar linoleic acid content (~20%) to RC [29,30]. Moreover, the physical properties of
LC, which shows significantly stronger adsorption of water (used to add moisture in SSF) than RC,
might explain the differences in the efficiency of the fungal kinetic resolution process [31]. It is worth
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mentioning that during the SSF processes that were conducted in this experiment, not only hydrolases
were produced. Acetophenone (3) was synthesized by oxidoreductases, which have not been assessed
in SSF to date.

A few examples of fungal kinetic resolution, although in submerged fermentation, of ester 1

can be found in recent literature [32,33]. Fusarium proliferatum NCIM1105 used for hydrolytic kinetic
resolution of racemic 1 afforded 100% enantiomerically pure (R)-2 within 36 h [33]. In the present study,
comparable results were obtained with A. nidulans AM243, P. camemberti AM83, and F. avenaceum AM11
(Tables 1 and 2). Filamentous fungi Aspergillus flavus CECT20475 was applied in kinetic resolution
of 2. Within 24 h at 40 ◦C, (R)-2 was esterified into (R)-1 with ee = 94.6%, and ee = 99% of (S)-2 was
received [34]. Nagy et al. screened filamentous fungi under SSF for lipase activity and enantioselectivity
relative to 1, using wheat bran as a medium [19]. Of the 26 fungal strains that were tested, 18 were able
to provide (R)-2 with high enantiomeric excess (ee > 88%). Six strains hydrolyzed 1 to produce (S)-1
with ee > 83%. Enantiomerically pure (R)-2 was obtained with Chaetomium elatum UAMH2672 and
Scopulariopsis brevicaulis WFPL248A as a biocatalysts within 24 h, and (S)-1 was received within 120 h
with ee > 99% by Chaetomium globosum OKI270 and Gliocladium vermoesenii NRRL1752. Resolution
of racemic 1 by Candida antarctica lipase B was examined by Fan et al. [35]. As a result, racemic
1 was hydrolyzed with the conversion rate 41.2% and enantiomerically pure (S)-2 was obtained.
Liang et al. [36] applied esterase from Bacillus sp. SCSIO 15121 to obtain (R)-2 with the conversion rate
49%. Application of the enzymatic system of vegetables to the kinetic resolution of 1 was reported
by Vanderberghe et al. [37]. The highest ee of hydrolysis products was obtained by using beetroot as
a biocatalyst (ee of (R)-2 66%, (S)-1 >99%). Purified microbial GDSL lipase MT6 conduct hydrolysis of
1 within 12 h and generated (S)-2 with ee = 97%, however the conversion rate was 28% [38].

2.2. Kinetic Resolution of trans and cis Whisky Lactones (4, 5)

SSF has not previously been applied to obtain enantiomerically pure whisky lactone, one of
the most commonly used flavors in the food industry. Each enantiomer displays different biological
activity, due to its structural characteristics. Therefore, it is important to evaluate the natural and
economical methods of production of enantiomerically pure forms of whisky lactone. Currently,
a few biotechnological methods that produce enantiomerically pure cis and trans isomers of
whisky lactone are known. Trans-(−)-(4R,5S)- and cis-(+)-(4R,5R)-whisky lactones can be produced
by enantioselective oxidation of diols using alcohol dehydrogenases, mainly horse liver alcohol
dehydrogense (HLADH) as biocatalysts. Thereafter, (−)-(4R,5S)-isomer with yield = 51% and ee = 34%,
as well as (+)-(4R,5R)-isomer with yield = 48% and ee = 64% were formed after 24 h. In the same
study, filamentous fungi were used to catalyze lactonization of γ-oxoacids. Transformation catalyzed
by Beauveria bassiana AM278 provide after 48 h trans-(+)-(4S,5R)-whisky lactone (yield = 55% and
ee > 99%) and cis-(−)-(4S,5S) (yield = 45% and ee = 77%) [39].

Kinetic resolution of a diastereoisomeric mixture of whisky lactones was conducted on RC and
LC (Scheme 3), similar to the previous substrate 1. Filamentous fungi mainly catalyzed hydrolysis
of (−)-(4R,5S)-4 and (−)-(4S,5S)-5 to the corresponding hydroxyacid 6, leaving (+)-(4S,5R)-4 and
(+)-(4R,5R)-5 predominantly.

)-4 (3R,4S)-6

(3S,4S)-6

filamentous fungi

filamentous fungi

)-5 (+)-(4R,5R)-5

(+)-(4S,5R)-4

Scheme 3. Kinetic resolution of diastereoisomeric mixture of whisky lactones (4, 5).
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Tables 3 and 4 list the fungi that most effectively hydrolyzed 4 and 5 on LC and RC. The selected
filamentous fungi exhibited biocatalytic ability to hydrolyze the internal ester bond in trans and cis
whisky lactones.

Table 3. Kinetic resolution of mixture of racemic trans and cis whisky lactones (4, 5) by filamentus fungi
in rapeseed cake (in % according to GC).

Strain
Time

(Days)
Lipase Activity

(U/g)
trans/cis
Ratio (%)

trans-(+)-(4S,5R)-4
ee (%)

cis-(+)-(4R,5R)-5
ee (%)

Aspergillus sp. AM31 6 18.1 59/41 38 28
Fusarium culmorum AM9 3 3 48/52 12 14
Fusarium equiseti AM15 3 5.8 50/50 24 a 18
Fusarium oxysporum AM13 6 25 56/44 56 60
Papularia rosea AM17 6 160.7 33/67 70 42
Penicillum camemberti AM83 3 144.3 77/23 32 0
Penicillium chrysogenum AM112 10 49.2 77/23 42 14
Penicillium notatum AM904 6 36.5 58/42 52 12
Pycnidiella resinae AR50 6 19.8 27/73 40 0

a The reaction proceeded with opposite enantiomer selectivity ((−)-(4R,5S)-4).

Table 4. Kinetic resolution of mixture of racemic trans and cis whisky lactones (4, 5) by fungi in linseed
cake (in % according to GC).

Strain
Time

(Days)
Lipase Activity

(U/g)
trans/cis
Ratio (%)

trans-(+)-(4S,5R)-4
ee (%)

cis-(+)-(4R,5R)-5
ee (%)

Aspergillus nidulans AM243 6 47.2 46/54 90 0
Aspergillus ochraceus AM456 6 15.4 65/35 0 14
Fusarium avenaceum AM11 6 61.8 52/48 90 14
Fusarium semitectum AM20 6 87 40/60 26 38
Fusarium solani AM203 6 87.4 54/46 90 52
Penicillum camembertii AM83 6 118 35/65 84 0
Penicillium chrysogenum AM112 6 105.1 54/46 44 0
Penicillium notatum AM904 6 36.5 65/35 50 0
Penicillium vermiculatum AM30 10 3.2 55/45 40 10
Sclerophoma pythiophila AM55 6 9.9 56/44 28 12

Following fungal kinetic resolution of diastereoisomeric mixtures of whisky lactones (4 and 5),
enantiomerically enriched isomers (+)-(4S,5R)-4, and (+)-(4R,5R)-5 were obtained. Most of the
filamentous fungi exhibited a strong tendency to hydrolyze both diastereoisomers of whisky lactone.
However, a greater enantiomeric excess of (+)-(4S,5R)-4 was observed on LC. After six days of SSF,
A. nidulans AM243, F. avenaceum AM11, and F. solani AM203 afforded 4 with ee = 90% (Table 4). Notably,
SSF with F. solani AM203 afforded enantiomerically enriched both diastereoisomers (ee = 90% of 4 and
ee = 52% of 5). This strain showed the highest enantioselectivity for both isomers among all of the
screened strains. Further studies of medium optimization for F. solani AM203 will be undertaken in
the near future. Biotransformation on RC was characterized by lower enantioselectivity in comparison
to LC. As biotransformation progressed, kinetic resolution of 4 and 5 did not improve. The best results
were achieved by F. oxysporum AM13 and P. rosea AM17, which hydrolyzed 4 with ee = 56% and 70%
and 5 with ee = 60% and 42%, respectively.

2.3. Kinetic Resolution of γ-Decalactone (7) and δ-Decalactone (8)

During SSF of γ-decalactone (7) and δ-decalactone (8), both of the substrates were metabolized
and probably assimilated by the microorganisms as a source of energy. Therefore, application of
oilseed cake as a medium for enantioselective hydrolysis of these lactones is not reasonable. A method
for obtaining enantiomerically enriched γ- and δ-decalactones by applying alcohol dehydrogenases
to enzymatic oxidation of diols was presented by us previously [40]. Enzyme HLADH after two
days catalyzed the oxidation of diol to the (–)-(S)-isomer of γ-decalactone with yield = 79% and
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ee = 20%, while PADH III after five days mediated oxidation gave (+)-(R)-isomer of γ-decalactone
with significantly higher enantiomeric excess, but lower yield (yield = 16% and ee = 80%).

2.4. Kinetic Resolution of cis-3a,4,7,7a-Tetrahydro-1(3H)-isobenzofuranone (9)

Fungal kinetic resolution of 9 in SSF on RC and LC was studied. All of the strains hydrolyzed only
(+)-(3aS,7aR)-9, whereby only (−)-(3aR,7aS)-9 was obtained in high enantiomeric excess (Scheme 4).
Table 5 shows the results of hydrolysis of 9.

Scheme 4. Enantioselective hydrolysis of lactone 9.

Table 5. Kinetic resolution of racemic lactone 9 by fungi in SSF (in % according to GC).

Strain Time (Days) Lipase Activity (U/g)
(−)-(3aR,7aS)-9 ee (%)

RC LC

Aspergillus nidulans AM243 3 106.6 34 26
Aspergillus wenthi AM413 3 96.8 50 0
Botrytis cirenea AM235 6 144.7 0 80
Fusarium avenaceum AM11 3 46 10 20
Fusarium oxysporum AM21 3 146.5 74 16
Fusarium semitectum AM20 3 105.5 66 44
Fusarium tricinctum AM16 3 67 12 68
Mucor spinosus AM398 3 54.1 38 40
Papularia rosea AM17 6 160.7 26 10
Penicillum camembertii AM83 3 144.3 34 34
Penicillium chrysogenum AM112 6 105.1 36 50
Penicillium notatum AM904 6 36.5 40 82
Sclerophoma pythiophila AM55 3 5.6 20 24
Spicoria divaricata AM423 3 20.1 26 0

The highest enantioselectivity of hydrolysis of 9 was observed using P. notatum AM904 and
B. cirenea AM235 as biocatalysts (ee = 82% and 80%, respectively) on LC. However, a modest
enantiomeric excess of the (−)-(3aR,7aS)-9 isomer was also obtained by F. oxysporum AM21 and
F. semitectum AM20 on RC (ee = 74% and 66%, respectively). Using the previous substrates (1, 4),
the application of LC or RC resulted also in significant differences in hydrolysis of 9. B. cinerea
AM235 stereoselectively catalyzed hydrolysis of 9 only on LC, producing the (−) isomer in high
enantiomeric excess (ee = 80%). F. oxysporum AM21 afforded the (−) isomer of 9 with ee = 74% on RC,
in comparison to LC, where the enantiomeric excess was only 16%. In an alternative method applied
by our group, based on bacterial oxidation of the corresponding diol, enantiomerically enriched
(−)-(3aR,7aS)-9 isomer was produced by Micrococcus sp. DSM 30771 after seven days with the
yield = 28% in comparable enantiomeric excess (ee = 88%) [41].

3. Materials and Methods

3.1. Materials

Rapeseed and linseed cakes were purchased from Oleofarm, Wroclaw, Poland. 1-Phenylethyl
acetate (1), trans and cis whisky lactones (4, 5), γ-decalactone (7), δ-decalactone (8), and p-nitrophenyl
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palmitate (p-NPP) were purchased from Sigma-Aldrich Chemical Co. (St. Louis, MO, USA). Racemic
lactone cis-3a,4,7,7a-tetrahydro-1(3H)-isobenzofuranone (9) was synthesized according to described
procedure [42].

3.2. Microorganisms

The following filamentous fungi strains were used for screening: Aspergillus sp. AM31,
Aspergillus candidus AM386, Aspergillus nidulans AM243, Aspergillus ochraceus AM370, Aspergillus ochraceus
AM456, Aspergillus wenthi AM413, Botrytis cirenea AM235, Fusarium avenaceum AM11, Fusarium culmorum
AM9, Fusarium equiseti AM15, Fusarium oxysporum AM13, Fusarium oxysporum AM21, Fusarium semitectum
AM20, Fusarium tricinctum AM16, Fusarium solani AM203, Mucor spinosus AM398, Papularia rosea AM17,
Penicillum camembertii AM83, Penicillium chrysogenum AM112, Penicillium notatum AM904, Penicillium thomi
AM91, Penicillium vermiculatum AM30, Poria placenta AM38, Pycnidiella resinae AR50, Sclerophoma pythiophila
AR55, Spicoria divaricata AM423. The microorganisms were purchased from Department of Chemistry,
Wroclaw University of Environmental and Life Sciences (Wroclaw, Poland). They were stored at 4 ◦C
on Sabouraud agar slants containing peptone (10 g), glucose (30 g) and agar (15 g) dissolved in water
(1 L) at pH 5.5.

3.3. Solid-State Fermentation

Oilseed cakes were placed (5 g each) in Erlenmayer flasks and autoclaved for 15 min at 121 ◦C.
Then, hydrated to 60% moisture, inoculated with 0.5 mL of a dense spore suspension 2.3 × 107 spores/mL
prepared in sterile water from agar slant cultures, and thoroughly mixed. Flasks were then incubated
in thermostatic cabinet at 30 ◦C with defined humidity and without shaking.

3.4. Enzyme Extraction and Activity Assay

Samples (3 g) of solid-state media were taken at specified interval of cultivation time (3, 6,
and 10 days), then vortexed for 5 min at 3500 rpm in phosphate buffer pH 7.2, centrifuged at 10,000 rpm
for 10 min at room temperature, and supernatants were assayed for lipase activity. Lipase activity was
determined in a spectrophotometric assay with p-NPP as a substrate. The enzyme reaction mixture
contained 75 μL of substrate (1 mM) dissolved in isopropanol, 50 μL of crude enzyme filled to 3 mL
by 50 mM Tris-HCl buffer (pH 8) and incubated at 37 ◦C for 10 min. The reaction was interrupted by
addition of 1 mL cooled ethanol. The activity was measured at 410 nm. One enzyme unit (U) was
defined as an amount of enzyme that released 1 μM p-nitrophenol per minute. Lipase activity was
calculated using p-nitrophenol standard curve and was expressed in units/gram of oilseed cake.

3.5. Biotransformation Process

After three days of cultivation, grown cultures were sprayed by a 0.2 mL 5 mM solution of
substrates in acetone and water (1:1 v/v). For each biotransformation three individual flasks were set
up to estimate the progress of reaction after 3, 6, and 10 days. To the samples distilled water (15 mL)
and ethyl acetate (5 mL) were added. Media were vortexed for 5 min at 3500 rpm and centrifuged at
5000 rpm for 15 min at room temperature. Finally, the organic phase was dehydrated by anhydrous
MgSO4 and transferred to a vial then analyzed on a gas GC instrument equipped with an autosampler
(Figure 1). In control experiments, the substrates were incubated in sterile oilseed cakes without
microorganism to check substrate stability. Additionally, to estimate the fungal metabolites, a control
culture was performed without substrates.
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Figure 1. The process of aroma compounds kinetic resolution by using solid-state fermentation.

3.6. Analysis

The progress of reaction and enantiomeric excesses of the hydrolysis products were determined
by gas chromatography. Determination of the individual isomers was based on previously obtained
standards of chiral lactones [39–41]. Quantification was made when comparing with standard graph
drawn for individual compounds. Gas chromatography analysis (FID, carrier gas H2) was carried out
on Agilent Technologies 7890N (GC System, Agilent, Santa Clara, CA, USA). Enantiomeric excesses
of the products 1–7 and 9 were determined on chiral column Cyclosil-B (30 m × 0.25 mm × 0.25 μm),
according the next temperature programs: (1–3) 80 ◦C, 110 ◦C (1 ◦C/min), 200 ◦C (20 ◦C/min) (5 min).
The total run time was 39.5 min. Retention times were established, as follow: (S)-1 = 28.1 min,
(R)-1 = 29.5 min, (R)-2 = 29.9 min, (S)-2 = 30.8 min, 3 = 27.5 min; (4, 5) 80 ◦C, 160 ◦C (3 ◦C/min),
250 ◦C (20 ◦C/min) (3 min). The total run time was 34.0 min. Retention times were established as
follow: (+)-(4S,5R)-4 = 21.70 min., (–)-(4R,5S)-4 = 22.01 min, (–)-(4S,5S)-5 = 23.45 min, (+)-(4R,5R)-5
= 23.60 min; (7) 80 ◦C, 210 ◦C (8 ◦C/min), 250 ◦C (20 ◦C/min) (3 min). The total run time was 21.0 min.
Retention times were established as follow: (S)-7 = 14.53 min, (R)-7 = 14.58 min; (9) 80 ◦C, 160 ◦C
(2 ◦C/min), 200 ◦C (20 ◦C/min) (6 min). The total runtime was 48.0 min. Retention times were
established as follow: (+)-(3aS,7aR)-9 = 36.3 min, (−)-(3aR,7aS)-9 = 36.6 min. Column CP-Chirasil
DEX 7502 (30 m × 0.25 mm × 0.25 μm) was used to determine 8, according to the next temperature
program: 80 ◦C, 120 ◦C (0.5 ◦C/min), 200 ◦C (20 ◦C/min) (2 min). The total run time was 86.0 min.
Retention times were established as follow: (R)-8 = 73.8 min, (S)-8 = 75.9 min.

4. Conclusions

SSF cultures were evaluated for kinetic resolution of natural-identical aroma compounds.
Agroindustrial side streams proved to be a wholesome growth medium for microorganisms that
exhibit high enantioselectivity of hydrolysis of 1-phenylethyl acetate (1). Dynamic kinetic resolution
of 1-phenylethyl acetate (1) catalyzed by F. oxysporum AM21 afforded enantiomerically pure (S)-1
(ee > 99%). The (R)-enantiomer (ee > 99%) of phenylethanol (2) was produced by A. nidulans AM243,
P. camemberti AM83, and F. avenaceum AM11. Kinetic resolution of a diastereoisomeric mixture of
whisky lactone (4 and 5) catalyzed by A. nidulans AM243, F. avenaceum AM11, and F. solani AM203
afforded trans-(+)-(4S,5R)-4 with ee = 90%. The highest enantioselectivity of hydrolysis of the bicyclic
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lactone 9 was observed with P. notatum AM904 and B. cirenea AM235 (ee = 82% and ee = 80% respectively).
In conclusion, enantiomerically enriched isomers of aroma lactones can be economically obtained
using environmentally friendly techniques by the solid-state fermentation of oilseed cakes.
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Abstract: A kind of pH-responsive particle was synthesized using modified pullulan polysaccharide.
The synthesized particle possessed a series of merits, such as good dispersity, chemical stability and
variability of particle size, making it a suitable carrier for enzyme immobilization. Then, Burkholderia
cepacia lipase (BCL), a promising biocatalyst in transesterification reaction, was immobilized on the
synthesized particle. The highest catalytic activity and immobilization efficiency were achieved at
pH 6.5 because the particle size was obviously enlarged and correspondingly the adsorption surface
for BCL was significantly increased. The immobilization enzyme loading was further optimized,
and the derivative lipase was applied in chiral resolution. Under the optimal reaction conditions,
the immobilized BCL showed a very good performance and significantly shortened the reaction
equilibrium time from 30 h of the free lipase to 2 h with a conversion rate of 50.0% and ees at 99.2%.
The immobilized lipase also exhibited good operational stability; after being used for 10 cycles, it still
retained over 80% of its original activity. Moreover, it could keep more than 80% activity after storage
for 20 days at room temperature in a dry environment. In addition, to learn the potential mechanism,
the morphology of the particles and the immobilized lipase were both characterized with a scanning
electron microscope and confocal laser scanning microscopy. It was found that the enlarged spherical
surface of the particle in low pH values probably led to high immobilized efficiency, resulting in the
improvement of enantioselectivity activity in chiral resolution.

Keywords: immobilization; Burkholderia cepacia lipase; chiral resolution; 1-phenylethanol; pullulan

1. Introduction

Lipases (triacylglycerol acylhydrolases, EC 3.1.1.3) are a class of promising biocatalysts owing to
their catalytic diversity such as hydrolysis, esterification and transesterification [1,2]. Among them,
Burkholderia cepacia lipase (BCL) is a versatile one and has been widely used in organic synthesis,
biodiesel preparation, biodegradation and many other reactions in aqueous and non-aqueous
phases [3–5]. Recently, enzymatic chiral resolution by lipases has generated huge interest due to the
merits of it having fewer byproducts, a simple operation and environmental friendliness [6,7]. However,
the freeform lipases generally exhibit low stability, poor recyclability and non-reusability [3,8],
especially low enzyme activity in non-aqueous phase reaction. These demerits were also reflected
in the freeform BCL in our previous studies [3,9]. As we know, to employ a proper immobilization
method can effectively improve enzyme activity and its dispersibility in solutions. For example,
Lee et al. reported that sol–gel immobilized Candida rugosa lipase exhibited 10 times higher activity in
esterification reaction [10]. So far, a number of materials have been used as immobilization carriers,
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such as insoluble gel, macroporous resin, carbon nanotubes, and so on. The basic principle is that
the physical and chemical properties of the support materials should be stable and harmless to the
enzyme. Generally, materials with good dispersibility, hydrophobicity and large surface area are the
ideal ones for lipase immobilization [11,12].

Pullulan is a polysaccharide produced by the fungus Aureobasidium pullulans. It mainly consists
of α-(1-6)-linked maltotriose repeating unit and is easily commercially available [13]. Owing to the
advantages of high water solubility, film forming, plasticity and easy biodegradation, pullulan has
been widely applied in food and pharmaceutical industries [14]. There is much research on
anti-cancer drug delivery using modified pullulan as drug carrier. Many pullulan derivatives
have been synthesized for drug delivery systems such as pH/thermo-responsive pullulan-grafted
copolymers [15], pullulan nanogel [16] and pullulan-doxorubicin conjugates [17]. It can be inferred
that pullulan derivatives are safe, uniformly dispersed and chemically stable, making it a promising
immobilization carrier. Furthermore, the pH-responsive pullulan derivatives can significantly increase
the immobilization efficiency and the immobilized enzymes can keep relatively high activity owing to
the “pH memory” mechanism [18], even under the conditions that they are converted from the aqueous
phase into the organic phase. However, since the patent “Enzyme Immobilized with Pullulan Gel”
was published in 1981 [19], there have been few reports about the application of pullulan derivatives
in enzyme immobilization. Thus, it is necessary and worthy to further explore such kinds of carrier,
especially to focus on its sensitivity to pH value.

Moreover, 1-phenylethanol has been utilized in toiletries, chemical industries and many other
fields as essential intermediate block. There is much research reporting enzymatic chiral resolution
of (R, S)-1-phenylethanol and the catalytic efficiency can be easily compared between different
enzymes [20]. Thus, chiral resolution of (R, S)-1-phenylethanol has been regarded as one of the
model resolution reactions. The enantioselectivity (ees), conversion and the duration to achieve reaction
equilibrium are the principal factors in evaluating catalytic efficiency. For example, Chen et al. used
Yarrowia lipolytica lipase to resolve (R, S)-1-phenylethanol via solvent engineering, increasing the ees

from 66% to 99.1% in pure n-hexane [21]. In addition, Antonia et al. obtained good conversion rates
and high enantioselectivities (92%–>99%) of Candida antarctica lipase B using the essentially anhydrous
protic ionic liquids in 2012 [22].

Therefore, (R, S)-1-phenylethanol chiral resolution reaction was utilized to assess the enzyme
activity and catalytic efficiency of the freeform and the immobilized lipases. This study attempts
to investigate a strategy for BCL immobilization using pullulan derivatives as carrier, to optimize
the main affecting parameters on the immobilization efficiency and resolution ability during lipase
immobilization, and to further discuss the probable mechanism for pH sensitivity of the immobilized
enzyme. Thus, in this study, we aimed to develop a kind of immobilized lipase with controllable
particle size by changing the pH value of the solution, which could benefit future application of the
immobilized lipase or the combination with other immobilization strategies.

2. Results and Discussion

2.1. Particle Characterization and pH Responsibility

The morphology of the synthesized carrier is shown in Figure 1. The modified pullulan
polysaccharide was turned into spherical particles through diafiltration, achieving a good dispersion
in reaction mixture. In the view of high magnification, the spherical particles were not a typical smooth
sphere but a rough surface. This structure led to a larger specific surface area at 4.57 m2·g−1 measured
by BET method in N2 adsorption, which would contribute to higher immobilization efficiency.

As shown in Figure 2, the average particle sizes in different pH values were measured via
DLS analysis, indicating the synthesized carriers had very good pH sensitivity. When the solution
pH decreased from 10.0 to 4.0, particle sizes were gradually increased, especially within pH values
from 7.5 to 6.0, the particle sizes were sharply increased. This phenomenon was mainly due to the
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introduction of sulfadimethoxine (SDM), a member of the sulfonamide family, which is an important
factor responsible for the polymer pH sensitivity [23]. In an acidic environment, SDM was deionized
and became hydrophobic, which led to a strong self-assembling of the pullulan derivatives. On the
contrary, in the alkaline environment the ionized SDM was hydrophilic, so the pullulan derivatives
were rather evenly dispersed than assembled. Therefore, larger particle size was obtained at lower pH
while smaller size at higher pH as shown in Figure 2. Moreover, lipase immobilization was achieved
within the self-assembling of the synthesized carriers, a larger particle size would lead to a higher
immobilization efficiency owing to the occurrence of embedding and adsorption.

 

Figure 1. SEM images of the synthesized particles.

 

Figure 2. Average particle sizes variation of the synthesized matrix in different solution pH values.

2.2. Lipase Immobilization and Characterization

The immobilized BCL as a catalyst was achieved via physical absorption on the synthesized
matrix. The effect of enzyme amount is presented in Figure 3. The ratios between lipase and matrix
were ranged from 0.5 to 4.0 and a highest resolution activity was obtained at 2.0. Immobilization
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efficiency remained nearly 80% in the ratios from 2.0 to 4.0. To minimize cost of the immobilized lipase
preparation, the ratio of 2.0 (lipase: matrix) was chosen for later experiments.

Owing to the pH sensitivity of the carriers, the immobilization efficiency was significantly
enhanced by changing the pH value during immobilization, thus, the effect of pH on immobilization
was investigated (Figure 4). As described in “Section 2.1”, lipase was immobilized along with the
particle self-assembling through both embedding and adsorption, so the immobilization efficiency was
increased with the increment of particle sizes and the highest immobilization efficiency was achieved
at pH 4.0. Immobilization pH was not only related to the immobilization efficiency but also to the
lipase activity. As the ‘pH memory’ theory [18] described, when enzymes were immobilized from
an aqueous phase, they maintained the ionization, so they could preserve the catalytic activity after
immobilization. Meanwhile, it can be seen from Figure 4 that the activity reached its maximum at pH
6.5 but reduced obviously under an acidic environment, even the immobilization efficiency was higher.
Thus, the immobilized lipase as catalyst in resolution reaction should be prepared in a nearly neutral
buffer with pH 6.5, where the particle size changed greatly.

Figure 3. Effects of enzyme amount (lipase: matrix) on the immobilization efficiency and ee value in
the solution pH of 7. (Reaction conditions: 0.02 g immobilized lipase as catalyst, 45 ◦C, 1 h).

Figure 4. Effects of solution pH values (4–10) on the immobilization efficiency and ee value with
enzyme amount ratio of 2.0. (Reaction conditions: 0.02 g immobilized lipase as catalyst, 45 ◦C, 1 h).
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In addition, the immobilized BCL was visualized by a confocal laser scanning microscopy
(CLSM) [24]. As can be seen from Figure 5, the synthesized carrier displayed as grey component in
the vision, and FITC (fluorescein iso-thiocyanate) labeled BCL delivered a green signal under the
microscopy, providing a direct evidence for successful immobilization of the lipase.

 

Figure 5. Confocal laser scanning microscopy (CLSM) images of the immobilized BCL labeled with
FITC (showing a green signal).

2.3. Catalytic Performance

2.3.1. Effect of Reaction Time

The effect of reaction time on conversion and enantioselectivity (ees) in the chiral resolution
reaction of (R, S)-1-phenylethanol is presented in Figure 6. During the catalytic resolution,
the conversion and ees increased with the extension of reaction time and showed a consistent
tendency. At the first 60 min, the reaction had an extremely high reaction rate with the initial one at
79.41 μmol/min·g, and at 90 min the conversion rate and ees respectively attained nearly 50% and 90%.
After 180 min, the conversion and ees were roughly stabilized at a relatively high level, meaning the
reaction reached its equilibrium. The conversion rate was nearly 50% and ees was close to 100%,
indicating that BCL had high enantioselectivity for (R)-1-phenylethanol. Nevertheless, the free BCL
exhibited very low activity, and only the Pullulan carrier as control didn’t show any catalytic activity
in this reaction. Additionally, our previous study [9] also proved that the immobilized BCL showed
a significant higher initial reaction rate than the freeform.

Figure 6. Time curve of resolution (R, S)-1-phenylethanol using 0.02 g immobilized BCL as catalyst in
45 ◦C.
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2.3.2. Effect of Temperature

The influence of reaction temperature was important to enzyme activity as a proper temperature
may lead to the structure change of lipase active site, resulted in enzymatic activation. As shown in
Figure 7, the immobilized BCL exhibited a relatively high catalytic activity when the temperature
reached 35 ◦C and then gradually increased. Below 35 ◦C, lipase protein structure might keep
an inactive form owing to the close of the active site. With the increase of environment temperature,
the structure was turned into an activated form and the substrates could easily get access to the active
site, resulting in a greatly improved catalytic activity. The highest conversion (and ees) was achieved
at 55 ◦C, and then the activity decreased beyond this temperature, which probably was due to the
inactivation of protein in elevated temperature. In the range of 35–65 ◦C, the catalytic efficiency kept
relatively high where conversion rate was over 45% and ees was more than 80%, indicating that the
immobilized BCL had a good thermo-stability. It is in good agreement with our previous work [3,9,25].

Figure 7. Temperature curve of resolution (R, S)-1-phenylethanol using 0.02 g immobilized BCL as
catalyst for 1 h.

2.3.3. Catalytic Reusability and Storage Stability

It is important for a catalyst to be reusable in industrial application as it can significantly reduce
production cost. Thus, catalytic reusability of the immobilized BCL was further explored and is
presented in Figure 8. It can be seen that centrifugation could easily separate the catalyst from the
reaction system and was reused for 10 cycles. The activity slightly reduced in the first several cycles and
then remained above 80% of its original activity, exhibiting very good operationability and reusability.
Moreover, the immobilized BCL also presented fairly good storage stability. It could remain over 80%
activity after storage for 20 days at room temperature in a drying environment (Figure 9). The above
results demonstrated that the immobilized BCL is not only well applicable in research experiments but
also possesses a promising prospect in large-scale industrial applications.
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Figure 8. Reusability of immobilized lipase in resolution reaction. (Reaction conditions: 0.02 g
immobilized BCL, 45 ◦C, 1 h).

Figure 9. Storage stability of immobilized lipase in resolution reaction. (Reaction conditions: 0.02 g
immobilized BCL, 45 ◦C, 1 h).

2.4. In Comparison with Other Enzymes

Pullulan has been widely employed in immunity therapy researches as a promising carrier
of protein drug. However, there were few reports on immobilization of enzyme with pullulan
since the patent “Enzyme Immobilized with Pullulan Gel” was published in 1981. In recent years,
Swati and Rekha synthesized a kind of alginate beads made from pullulan-complexed α-amylase
and glucosidase via entrapment immobilization method [26]. The addition of pullulan obviously
enhanced the immobilization efficiency and the beads of enzymes–pullulan complex showed higher
enzyme activity in hydrolysis of starch than the corresponding beads of free enzymes. In this work,
the resolution efficiency of BCL was largely improved by immobilizing it on the modified pullulan
particles. Under the optimal reaction conditions, resolution equilibrium could be achieved within 2 h
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where conversion rate reached 50% and the corresponding ees was 99.2%. While in the same conditions,
the free BCL needs 30 h to reach the reaction equilibrium.

It can be seen from Table 1, compared with related works on chiral resolution published in the
past decades [9,27–32], the immobilized BCL in this work exhibited a higher enantioselectivity and
a shorter reaction time (2 h). As BCL was immobilized through physical absorption, the enhancement
of resolution efficiency was mainly attributable to the properties of pH sensitive particles. During the
lipase immobilization, a proper pH value could lead to a sharply increase in particle size, which would
provide even larger spherical surface for lipase immobilization, resulting in higher immobilization
efficiency as well as easier access of substrates to the lipase. Moreover, the synthesized particles
could be uniformly dispersed in the reaction system, and easily separated by centrifugation for the
subsequent reuse. These results suggest that the modified pullulan is a suitable immobilization carrier
and has a good potential for lipase immobilization in the future.

Table 1. Comparison of the enantioselectivity of other enzymes.

Lipase from Immobilization Carrier Conversion (%) ees (%) Time (h) References

C. rugosa Magnetic β-cyclodextrin
nanoparticles 49.5 98.0 24 28

C. rugosa Magnetic chitosan nanoparticles 50.8 79.1 140 29

Candida sp. 99–125 Aminopropyl-grafted mesoporous
silica nanotubes NM * 80.0 90 30

B. cepacia Hybrid with calcium phosphate 47.8 91.1 24 27

B. cepacia Active carbon cloth 46.0 32.0 24 31

B. cepacia pH-responsive particles 50.0 99.2 2 This work

B. cepacia Free lipase 50.0 99.0 30 9

P. cepacia Free lipase 7.1 7.7 48 32

* NM: not measured in the report.

3. Experimental

3.1. Materials

Burkholderia cepacia lipase (BCL) powder was bought from Amano, Nagoya-shi, Aichi, Japan.
Pullulan polysaccharide was obtained from Aladdin, Shanghai, China. (R, S)-1-phenylethanol was
bought from Sigma Aldrich Co., Ltd., St. Louis, MO, USA. High-performance liquid chromatography
(HPLC) grade organic solvents were purchased from TEDIA, Fairfield, OH, USA. Acetic anhydride,
succinic anhydride, vinyl acetate, n-heptane and other reagents were bought from Sinopharm Chemical
Reagent Co., Ltd., Shanghai, China.

3.2. Synthesizing pH-Responsive Particles from Pullulan Polysaccharide

As reported by Kun and You [33], pullulan polysaccharide was firstly modified by acetylation
forming pullulan acetate (PA). Then, PA was succinylated and conjugated with sulfadimethoxine
(SDM). Finally, the polymers were self-assembled into hydrogel particles using a diafiltration method,
and then the pullulan derivative was obtained. Subsequently, the particles were filtered and dried in
a thermostatic vacuum drier. The synthesized carrier turned into a kind of white precipitation and
then it was ground into powder for later use.

3.3. Particle Size and Specific Surface Area Measurement

Dynamic light scattering (DLS) analysis was utilized to measure the average particle size of
the resultant carrier. Before the DLS examination, particle samples were incubated in solution
buffer with different pH for 12 h. To investigate the effect of pH on particle size, three different
kinds of solution buffers were used. They were Na2HPO4–citrate acid buffer (0.2 M, pH 4.0–5.0),
sodium phosphate buffer (0.2 M, pH 6.0–8.0), and Tris–HCl buffer (0.2 M, pH 9.0–10.0). In addition,
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the specific surface areas of the synthesized particles were also performed and calculated using BET
(Brunauer–Emmett–Teller) method in N2 adsorption [34].

3.4. Lipase Immobilization

The synthesized particles were used as the immobilization carrier. A proper quantity of lipase was
dissolved in 5 mL buffer solution containing 0.1 g immobilization carrier in a 50 mL tube. The mixture
was incubated with rotary shaking under 37 ◦C at 7.2 g for 12 h. The supernatant were removed
by centrifugation at 4 ◦C, 25,800 g for 10 min. The frozen vacuum drier was used to dehydrate the
immobilized lipase and then it was ground into powder for later use. During this procedure, the effect
of lipase amount on immobilization efficiency was examined and optimized. The protein content of
the supernatant was mensurated via the Bradford’s method using bovine serum albumin (BSA) as
standard [35]. Immobilization efficiency (%) was estimated via Equation (1).

Immobilization efficiency (%) =
immobilized protein
total loading protein

× 100% (1)

3.5. Catalyzing Resolution of (R, S)-1-Phenylethanol and Efficiency Evaluation

1 mmol racemic 1-phenylethanol, 4 mmol vinyl acetate and 5 mL pure heptane were mixed
together to start the reactions (Scheme 1). The mixture and 0.02 g immobilized or free BCL as catalysts
were added into a 50 mL stoppered flask, shaking at 45 ◦C, 7.2 g for 60 min. Meanwhile, only the
Pullulan carrier without the enzyme was also used in this reaction as a control. During the catalyzing
process, the effects of reaction time, temperature and pH on resolution efficiency and the performances
of reuse and storage were totally examined. After the reactions, the catalysts were removed by
centrifugation at 4 ◦C, 25,800 g for 2 min. A 0.45 μm filter was used to filter the samples and HPLC was
used to analyze all the samples. The resolution reaction mentioned above was utilized to measure the
enzyme activity. One unit (U) of enzyme activity was defined as the amount of enzyme that produces
1 μmol α-phenylethyl acetate in one minute under the assay conditions. According to our previous
work [36], substrate and product were analyzed by HPLC (Model 2300-525, Scientific Systems, Inc.
(SSI), State College, PA, USA) with a Chiral OD-H column (4.6 mm × 250 mm, Daicel Chemical, Tokyo,
Japan). The mobile phase was composed of hexane/2-propanol alcohol at 95/5 (v/v) and the flow rate
was 1.0 mL·min−1. The samples were detected at 254 nm (Model 525 UV Detector, Scientific Systems,
Inc. (SSI), State College, PA, USA). In the above condition, (R)- and (S)-1-phenylethanol were separated
and appeared in different resulted peaks of HPLC between 7 and 10 min. The same conditions were
used to run all the samples as stated above.

Scheme 1. Lipase catalyzed resolution of (R, S)-1-phenylethanol.
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As Chen et al. [37] described, enantioselectivity was represented by E value and it was calculated
by Equation (2); substrate enantiomeric excess (ees) was estimated by Equation (3), and substrate
conversion (C) computed by Equation (4).

E =
ln[(1 − C)(1 − ees)]

ln[(1 − C)(1 + ees)]
(2)

ees =
S − R
S + R

(3)

C =
S0 + R0 − (S + R)

S0 + R0
(4)

where, S0 and R0 respectively represent the concentrations of the (S)- and (R)- enantiomers of
1-phenylethanol before the reaction; S and R represent the concentrations of the (S)- and (R)-
enantiomers of 1-phenylethanol after the reaction.

3.6. Characterization via SEM and CLSM for the Probable Mechanism for pH Sensitivity

Morphology characterization of the synthesized particles was analyzed by scanning electron
microscope (Nova Nano SEM 450, FEI Company, and Eindhoven, The Netherlands). The samples were
coated with gold using a sputter coating system and tested under an acceleration voltage of 5 kV.

The immobilized lipase on the synthesized particles was examined through a confocal laser
scanning microscopy (CLSM) with a SIM scanner (Olympus FV1000 Co., Tokyo, Japan) to test
the fluorescencent signal from the FITC (fluorescein iso-thiocyanate)-marked immobilized BCL.
The labeling procedure was as follows [38]: Firstly, lipase was dissolved in sodium phosphate buffer
solution (pH 7.0, 0.05 M) with a final concentration at 10 mg·mL−1 and fluorescein iso-thiocyanate
diffused in dimethyl sulfoxide (DMSO) and the final concentration was 1 mg·mL−1. Secondly,
the mixture of lipase solution (5 mL) together with FITC (100 μL) was incubated at 4 ◦C without
light for 24 h. Lastly, the residual FITC was separated from the mixture by dialyzing with double
distilled water and the immobilized lipase labeled with FITC was achieved.

4. Conclusions

In this study, a new particle was synthesized using diafiltration method from the modified
pullulan polysaccharide. The size of the derivative particle exhibited pH sensitivity and increased along
with the decrease of solution pH, rendering itself a series of unique merits in enzyme immobilization.
BCL, a promising biocatalyst in transesterification reaction, was immobilized on the synthesized
particle and employed in (R, S)-1-phenylethanol chiral resolution. The highest enantioselectivity was
achieved at pH 6.5 because the particle size was obviously increased, leading to a larger specific surface
area and resulting in easier access of substrates to active site of the immobilized lipase. The immobilized
BCL also exhibited very good operation stability; after 10 reuse cycles, about 80% original activity
still remained, and over 80% relative activity remained after storage for 20 days at room temperature
in a drying environment. More importantly, it could sharply shorten the reaction time to 2 h with
a conversion rate of 50.0% and ees at 99.2%, much better than the ones reported in the literature.
This study indicates that the immobilized BCL exhibits good catalysis performance and possesses
a prosperous prospect in future industrial application.
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Abstract: Chiral amines are important components of 40–45% of small molecule pharmaceuticals
and many other industrially important fine chemicals and agrochemicals. Recent advances in
synthetic applications of ω-transaminases for the production of chiral amines are reviewed herein.
Although a new pool of potential ω-transaminases is being continuously screened and characterized
from various microbial strains, their industrial application is limited by factors such as disfavored
reaction equilibrium, poor substrate scope, and product inhibition. We present a closer look at
recent developments in overcoming these challenges by various reaction engineering approaches.
Furthermore, protein engineering techniques, which play a crucial role in improving the substrate
scope of these biocatalysts and their operational stability, are also presented. Last, the incorporation
of ω-transaminases in multi-enzymatic cascades, which significantly improves their synthetic
applicability in the synthesis of complex chemical compounds, is detailed. This analysis of recent
advances shows that ω-transaminases will continue to provide an efficient alternative to conventional
catalysis for the synthesis of enantiomerically pure amines.

Keywords: biocatalysis; chiral amines; ω-transaminases; protein engineering; reaction engineering;
multi-enzymatic cascades

1. Introduction

Enantiomerically pure amines are indispensable constituents of various small molecule
pharmaceuticals, fine chemicals, and agrochemicals [1]. The increasing demands for enantiopure
compounds in the pharmaceutical, fine chemicals, and agricultural industries, together with the
environmental restrictions approved by many economies, require the effective integration of traditional
chemical synthesis methods with those of enzymatic ‘greener’ approaches [2–5]. The chemical synthesis
of chiral amines is labor intensive, requiring harsh reaction conditions and use of toxic intermediates.
The use of toxic metals also warrants a purification step, thus further complicating the synthetic
systems and the cost thereof [6]. As enzymes are obtained from renewable resources, they fulfil the
basic demands of sustainable and green chemistry, proposed by Graedel et al. [7]. In this context,
biocatalysis, the application of enzymes for efficient and selective chemical transformations, has been
recognized as a major ‘green technology’ that provides sustainable synthetic methods towards a range
of chiral compounds [8,9].
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Transaminases (TAs) are one of the largest groups of enzymes used in the synthesis of chiral
amine building blocks [10–13]. As TAs play key roles in various cellular signaling and metabolic
pathways, their presence is ubiquitous in nature [14]. The history of transamination can be traced back
to 1930, when Needham and coworkers observed the relationship between levels of amino acids such
as L-glutamic acid, L-aspartic acid and oxaloacetic acid in the breast muscles of pigeon [15]. Since the
first demonstration of transamination in the late 1930s, various transaminases have been discovered in
subsequent decades [16,17]. Depending on their specificities towards various substrates, transaminases
are generally classified as α- or ω-TAs. Transaminases are classified based on the structures of the
amino donor substrates, which are divided based on the presence and position of a negatively charged
group with respect to the amino group being transferred. In the case of α-Transaminases (i.e., amino
acid TAs), the presence of a carboxylic acid group in the α-position to the keto or amine functionality
is exclusively required [18]. ω-TAs transfer an amino group attached to a primary carbon at least one
carbon away from a carboxyl group (Figure 1). In addition, compounds lacking any carboxyl groups,
such as amines and ketones, can serve as substrates for ω-TAs, thus making these enzymes potential
biocatalysts for the synthesis of chiral amine compounds [18–20]. ω-TAs accepting amines/ketones
without carboxylic group are interchangeably referred to as amino transaminases.

 

Figure 1. Schematic of transamination catalyzed by transaminases.

The mechanism of the ω-TA-catalyzed transamination reaction is well studied and has been
reported to exhibit ping-pong-bi-bi kinetics. In a two-step reaction, Pyridoxal 5′-phosphate (PLP),
bound to the lysine residue of an enzyme, mediates the transfer of amino group from an amino donor,
such as L-alanine to form pyridoxamine phosphate (PMP) intermediate. Subsequently, this amine
group is transferred to the amino acceptor, such as a keto acid or ketone and the PLP is regenerated
for the next catalytic cycle [12,18,21]. The enantiomeric purity of the stereospecific isomer formed
by TA-mediated biocatalysis is a consequence of their exclusive substrate-binding mode, which is
constrained by the relative position of PLP and two substrate-binding pockets of different sizes.

PLP-dependent enzymes are divided into seven Fold-Types (I–VII) and despite their wide
substrate specificities, ω-transaminases are only found in two different protein folds: (S)-selective
enzymes, which belong to protein fold-type I and (R)-selective enzymes belonging to protein fold-type
IV) [19,20,22].

2. Synthetic Approaches for Chiral Amines and Equilibrium Shift for ω-TA-Mediated Biocatalysis

ω-TAs can be employed for the synthesis of enantiopure amines using three approaches: (A)
kinetic resolution of the racemic mixture of amines; (B) asymmetric synthesis using pro-chiral ketones
and (C) deracemization of racemic amines (Figure 2). The previous two decades have seen a surge of
interest in TA-mediated amination reactions.
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Figure 2. Synthetic approaches for ω-TA-mediated amine synthesis: (A) Kinetic resolution with
(S)-ω-TA; (B) Asymmetric synthesis and (C) Deracemization of racemic amine using (R)-ω-TA and
(S)-ω-TA. (Adapted from [14], Copyright (2010), with permission from Elsevier).

2.1. Kinetic Resolution

The kinetic resolution of primary amines employs stoichiometric amounts of an amino acceptor,
wherein the reaction equilibrium favors product formation. Since the early 1990s, when Celgene
Corporation successfully used kinetic resolution for the synthesis of enantiopure amines [23],
this approach has been extensively explored in the last few years [15,24–28].

With the developing substrate scope and improved enzymatic characteristics, many “ready to
use” screening toolkits are commercially available for their application in biocatalysis. For instance,
commercially available ω-TAs from Codexis such as ATA-256, ATA-114, ATA-117, ATA-113, and ATA-103
have been successfully applied for the synthesis of chiral amines [12,29,30]. In addition, a new pool of
potential TAs is being continuously screened and characterized from various microbial strains [31,32].
Recently, an (S)-ω-transaminase from the thermophilic eubacterium Sphaerobacter thermophilus was
expressed and functionally characterized in Yun’s laboratory [33]. This thermostable enzyme was used
for the kinetic resolution of various amines, and β- and γ-amino acids, in the presence of pyruvate as
amino acceptor. Wu et al. have characterized four new distinct ω-TAs from Pseudomonas putida NBRC
14164, which were utilized for the kinetic resolution of racemic amines such as 4-phenylbutan-2-amine,
2,3-dihydro-1H-inden-1-amine and amino alcohols such as 2-amino-2-phenylethanol, 2-aminobutan-1-ol,
etc. [24]. More recently, Iglesias et al. [34] characterized an (R)-ω-TA from Caproniasemi immersa.
In their studies, whole cell extracts of E. coli BL21 (DE3) expressing (R)-ω-TA were utilized for the
resolution of several racemic amines in the presence of pyruvic acid as an amine acceptor. Most recently,
Baud et al. used a metagenomics approach for the discovery of new ω-TAs and subsequently for
the synthesis of allylic amines [35]. Three enzymes were selected among the 11 putative class-III
TAs identified by genome mining. These enzymes were further evaluated for their transamination
potential of functionalized cinnamaldehydes, which are ultimately used as building blocks for antifungal
Naftin® (naftifine) and analogs thereof [35]. Gao et al. also identified and characterized a novel
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(R)-enantioselective ω-TA from Fusarium oxysporum by genome mining and evaluated it for the kinetic
resolution of amine substrates, such as 1-(3-chlorophenyl)ethanamine, 1-(2-fluorophenyl)ethanamine
and (4-chlorophenyl)(phenyl)methanamine [36].

Although kinetic resolution is advantageous in requiring only a single enzyme, the atom
efficiency of kinetic resolution remains low with a maximum theoretical yield of 50% [15]. The kinetic
resolution also suffers other disadvantages, such as the formed ketone-product from corresponding
amines being reported to cause severe inhibition [14]. Thus, the removal of formed ketone to
circumvent product inhibition is highly desirable (Figure 3(AI)). Various strategies, such as physical
extraction/vaporization, are available to remove the ketone products and thus to shift the equilibrium
of the reversible reaction towards product formation [37] (Figure 3). Accordingly, isopropylamine has
been identified as an industrial choice, since it is readily available and economically viable, and its
product acetone is volatile and can easily be removed by reduced pressure (Figure 3(AII)) [34,38,39].
However, complete removal of low concentrations of acetone (<100 mM), without removing other
volatile components of the reaction, is a challenging task.

 

Figure 3. Various strategies used to shift the equilibrium of ω-TA mediated transamination: (AI)
Removal of ketone byproduct by evaporation; (AII) Removal of ketone byproduct under reduced
pressure; (AIII) Removal of ketone byproduct using biphasic reaction system; (B) Recycling of pyruvate
substrate; and (C) Use of ‘smart’ amine donors (BCTA- Branched-chain amino acid transaminases;
LDH-Lactate dehydrogenase; GDH-Glucose dehydrogenase).
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It has also been reported that the removal of ketones by physical methods is critically affected by
the equilibrium constant and volatility of the ketones. Owing to the differential polarities of amines
and ketones, methods such as extraction using bi-phasic reactions systems, either liquid-solid or
liquid-liquid, have been developed for the continuous removal of ketone products (Figure 3(AIII)) [40].
However, extraction using organic/aqueous biphasic systems is limited by the denaturation of
enzymes in an organic environment and the poor discrimination between substrate and product [12].
Nonetheless, to avoid enzyme denaturation in biphasic systems, stabilization of enzymes by
immobilization [41,42] (detailed in Section 4.3), enzyme membrane- and packed bed reactors have also
been reported [15,43,44].

2.2. Asymmetric Synthesis

The maximum theoretical yield of 50% limits the practical applications of the kinetic resolution
approach. Thus, despite being more challenging than kinetic resolution, asymmetric synthesis
and deracemization are preferred strategies, as they can generate a theoretical yield of 100% [45].
In asymmetric synthesis, prochiral ketones are aminated to the corresponding chiral amines, with the
possibility of obtaining the desired enantiopure amine form in 100% yield [14].

Other than an industrially applied procedure for antidiabetic Sitagliptin, the recent successful
examples of amine synthesis by ω-TA-mediated catalysis include pyridyl alkylamines [46],
(R)-ramatroban precursor [47] and serinol [48]. Moreover, substituted aminotetralins, potential agents
used to treat Parkinson’s disease and cardiovascular disorders, have also been successfully synthesized
using an engineered ω-TA from Arthrobacter citreus [ω-TAAc] [49] and a novel (S)-selective ω-TA from
Pseudomonas fluorescens KNK08-18 [50]. However, ω-TA-mediated transamination reactions generally
are thermodynamically limited [51]. For instance, the reported equilibrium constant of ω-TA from
Vibrio fluvialis JS17 (ω-TAVf ) for the kinetic resolution of (S)-α-MBA, using pyruvate as co-substrate, is
1135. Thus, the equilibrium is greatly shifted toward the formation of L-alanine and acetophenone,
consequently making it difficult to perform asymmetric synthesis of (S)-α-MBA without rapid product
removal and/or the use of sacrificial amines as donors [52].

Subsequently, various strategies have been applied to prevail over these limitations. For instance,
a 20-fold excess of (S)-α-MBA was used in the asymmetric synthesis of serinol-monoester, a precursor
for the synthesis of chloramphenicol, wherein the (S)-enantiomer was obtained with 92% conversion
and 92% ee, when F85L/V153A variant of ω-TAVf was used [48]. In addition, many of the ω-TAs use
L-alanine as an amine donor. Thus, the recycling or removal of pyruvate formed can help to overcome
the thermodynamic barrier of the reaction. The application of two strategies is generally used for
the removal of pyruvate co-product. (1) Use of lactose dehydrogenase (LDH) and NADH recycling
system [53], wherein pyruvate is reduced to lactate, which is recycled using glucose dehydrogenase at
the expense of cheaper substrate i.e., glucose (Figure 3B). (2) Use of alanine dehydrogenase (AlaDH) for
the effective recycling of L-alanine as amine donor has been reported to reduce the cost of amine donor
by 97%, while simultaneously decreasing the E-factor (environmental factor; the ratio of the mass of
waste per mass of product) and improving the atom efficiency [54]. However, the use of additional
enzymes and their cofactors leads to further complications of the overall biocatalytic reactions.

Although α-MBA, isopropylamine and L-alanine have been most frequently used as amine donors
in the ω-TA-mediated asymmetric syntheses, more reactive amine donors are highly desirable to drive
reaction equilibrium, and to reduce the use of a high molar excess of these sacrificial amine donors
used in the biocatalytic reactions. Recently, ‘smart’ diamine donors, such as xylylenediamine (XDA)
were discovered, which is readily converted to an amino aldehyde. The subsequent intramolecular
cyclization of the amino aldehydes tautomerizes to form isoindol, which is polymerized, and can
easily be removed from the reaction mixture due to precipitation (Figure 3C) [53]. However, XDA is
not accepted by all wild-type ω-TAs, and it is not a cheaper amino donor, ultimately increasing
the cost of the biocatalytic reaction [30]. It was more recently reported that only 1.5 equiv. of
cis-but-2-ene-1,4-diamine can be used as sacrificial amine donor for the conversion of aromatic
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sec-alcohols with different substitutions in the aromatic ring to the corresponding amines in a sequential
application of laccases and ω-TAs [55]. Furthermore, recyclable biogenic terminal diamines, such as
putrescine, cadaverine, and spermidine have also recently been discovered to drive the equilibrium
towards amination of ketones. Following the transamination, these bio-based diamines are converted
into reactive amino aldehydes, which spontaneously get converted to cyclic imines, thus shifting the
equilibrium towards product formation [56].

The synthesis of chiral amines using ω-TA-mediated catalysis has been explored using broad
substrate types, including linear, cyclic and aromatic ketones. Numerous research groups have
exploited this biocatalytic route for the synthesis of a wide range of pharmaceutical compounds,
their intermediates and unnatural amino acids such as beta-and gamma-amino acids [33,57].
Various methods, for instances, co-product removal using cascade enzymes, and the use of ‘smart’
amine donors to reduce the excess use of sacrificial amines, have been developed to overcome the
limitations in biocatalytic reactions employing ω-TAs. Recently, Rehn et al. demonstrated the successful
use of supported liquid membrane for the in-situ product removal of (S)-α-methylbenzylamine
(MBA) produced by immobilized ω-TAAc [58]. Other strategies, such as substrate engineering [59]
and protein engineering, have also been developed for the efficient synthesis of chiral amines by
ω-TA-mediated biocatalysis.

2.3. Deracemization

While asymmetric synthesis is still the most favored approach to biocatalytic amine synthesis,
deracemization is also attractive, especially when access to racemic amines as substrates is easier
than to the corresponding prochiral ketone. In a deracemization reaction, theoretical complete
conversion and enantioselectivity is achieved by employing two stereocomplementary ω-TAs. The first
step in the deracemization process affords the formation of ≤50% enantiopure amine and the
corresponding ketone co-product by enantioselective deamination of the racemic amine. This is
followed by the asymmetric amination of the ketone by an enantiocomplementary ω-TA, forming
the optically pure amine in up to 100% yield [17]. Deracemization has been effectively used for the
synthesis of important pharmaceutical drugs, such as mexiletine, an orally effective anti-arrhythmic
drug (Figure 4) [60,61]. In this one-pot two-step process on 100 mg scale, an isolated yield of
97% with excellent enantioselectivity (>99% ee) could be achieved by the combination of two
stereocomplementary enzymes [61]. In addition, the change in an absolute configuration of the
generated product could easily be achieved and both (R)- and (S)-enantiomers can be produced by this
method, notably without compromising the isolated yield or enantioselectivity, by switching the order
of transaminases applied.

Figure 4. Use of a deracemization strategy for the synthesis of enantiopure Mexiletine (reprinted with
permission from [61], Copyright (2009) American Chemical Society). (Reaction conditions: 50 mM
racemic substrate, 50 mM sodium pyruvate, 20 mg whole cells of E. coli expressing ω-TAs, phosphate
buffer (100 mM, pH 7.0), 1 mM PLP, 30 ◦C, 24 h).
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The application of ω-TAs in dynamic kinetic resolutions has also been reported to be very effective
for the synthesis of production of Niraparib, a potential anti-cancer drug, and the smoothened receptor
inhibitor (SMO), used in the treatment of leukemia [62,63]. Deracemization of various important
amines such as 4-phenylbutan-2-amine, a precursor for the antihypertensive dilevalol; sec-butylamine,
1-methoxy-2-propanamine and 1-cyclohexylethylamine, precursors of inhibitors of tumour necrosis
factor-α (TNF-α); and 1-phenyl-1-propylamine, a precursor of anti-depressant agent corticotropin
releasing factor type-1 receptor antagonist, and other important aromatic amines has been reported in
the literature [64,65].

3. Protein Engineering Aspects for Improved Substrate Scope of ω-Transaminase (ω-TA) Biocatalysts

In the context of ω-TAs, the scientific community has used various protein engineering aspects
for the efficient synthesis of chiral amines, to improve the substrate scope of available enzymes and
further even to alter the stereopreference of the enzymes [66]. In this section, we will discuss the recent
advances in the protein engineering aspects of transaminase-mediated biocatalysis for the synthesis of
chiral amines drugs and drug intermediates.

The knowledge obtained from the structure of various ω-TAs has established that, generally, the
active form of ω-TA is a homodimer, and the active site is positioned at the interface of the monomers,
wherein each monomer participates in the active site [67]. The substrate binding region of ω-TAs
is composed of two pockets: a large pocket that allows accommodation of substituents with rather
broad size distribution, such as small alkyl to naphthyl groups and small binding pocket allows access
to the small substituents, not exceeding that of a methyl group [48,68]. Although this characteristic
architecture of the active site limits the substrate scope, it also contributes to the high stereopreference
of ω-TAs [69]. Until very recently, the number of (R)-selective ω-TAs was very limited and much of the
effort has been directed towards protein engineering approaches for the generation of stereospecific
ω-TAs, and to broaden their substrate scope. The first successful industrially applicable protein
engineering approach was the development of the (R)-selective ω-TA-117 from Arthrobacter sp. for the
synthesis of the antidiabetic drug Sitagliptin [29]. The substrate ketone, pro-sitagliptin, is not a natural
substrate and could not be accepted by wild-type enzyme. Extensive computational modeling, along
with a directed evolution approach, was utilized to incorporate 27 mutations, not only in the active
site of the enzyme but also in the interface of the enzyme dimer. This active variant was used at the
pilot-scale production of Sitagliptin, wherein 92% yield with excellent enantioselectivity (>99.95% ee)
was afforded by 6 gL−1enzyme load. This improved process resulted in the reduction of total waste
produced by 19%, which was acknowledged by its achievement of the ‘Presidential Green Chemistry
Challenge Award for Greener Reaction Conditions’ in 2010 [70].

Since the successful engineering of ω-TA-117, many research groups have directed their
scientific efforts to the engineering of active site pockets for the acceptance of bulkier substrates
by TAs. For instance, the work by Midelfort et al. was directed towards making TAs amenable
biocatalysts for synthesis of β-aminoesters from the corresponding β-ketoesters. The (S)-ω-TAVf
was engineered for the synthesis of (3S,5R)-ethyl 3-amino-5-methyloctanoate; a key intermediate
in the synthesis of imagabalin, a drug candidate in Phase III clinical trials for the treatment
of generalized anxiety disorder. The final improved variant, r414, contained eight mutations
(F19W/W57F/F85A/R88K/V153A/K163F/I259V/R415F), which displayed a 60-fold increase in
initial reaction velocity for the transamination of (R)-ethyl 5-methyl 3-oxooctanoateto (3S,5R)-ethyl
3-amino-5-methyloctanoate (Figure 5) [71].
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Figure 5. Improved production of Imagablin by protein engineering of (S)-ω-TAVf [71]. (Reaction
conditions: 4.0 g of wet E. coli cells containing (S)-ω-TAVf mutant r414, 88 mL potassium phosphate
buffer (0.1 M, pH 7.0); 54 mg pyridoxal phosphate; 1 g substrate, 7.5 mL of 1 M solution of (S)-α-MBA,
30 ◦C, 24 h).

Further efforts to improve the substrate scope of (S)-ω-TAVf to accommodate the bulky
branched-chain substrates were carried out by Bornscheuer et al. [72]. In these studies, the most
suitable mutation sites and amino acid substitutions were identified by bioinformatic analysis using
3DM. The volume of the substrate binding pocket was enlarged by the creation of a library that
included mainly hydrophobic residues in the active site. The best variant containing four mutations
(L56V, W57C, F85V, V153A) was able to catalyze the asymmetric synthesis of sterically demanding
branched-chain chiral amines, which afforded complete conversion of the ketone and yielded the
corresponding amine with >99% ee, notably with a preference for the (R)-enantiomer.

In another study, (S)-ω-TAVf was engineered using a rational design strategy combining
in silico and in vitro studies for the asymmetric synthesis of (S)-1-(1,1′-biphenyl-2-yl)ethanamine
by ω-TA-mediated transamination between bulky aromatic ketone substrate 2-acetylbiphenyl
and the amine donor isopropylamine [73]. The incorporation of two mutations (W57G/R415A)
generated a mutant that showed detectable enzyme activity, and the rationally designed variant
(W57F/R88H/V153S/K163F/I259M/R415A/V422A) improved the reaction rate by >1716-fold
towards the bulky ketone 2-acetylbiphenyl, producing the corresponding (S)-amine with excellent
enantiomeric purity (>99% ee).

Since the substrate specificity of ω-TAs is largely controlled by steric constraints in the
substrate-binding pockets, bulky α-keto acids carrying a side chain bigger than an ethyl substituent
generally are not accepted by ω-TAs. The (S)-selective ω-TA from Ochrobactrum anthropic ((S)-ω-TAOa)
was engineered by employing alanine scanning mutagenesis to reduce steric constraints and thereby
to allow the small pocket to readily accept bulky substituents. Alanine substitution at residue L57
(L57A), a residue located in the large pocket, induces an altered binding orientation of a carboxyl
group of keto acids and amino acids and thus was able to provide more room for the small pocket.
This variant allowed the acceptance of bulkier substrates, 2-oxopentanoic acid, and L-norvaline and
improved the activity towards these substrates by 48-and 56-fold, respectively. The applicability of
the generated mutant was evaluated for the kinetic resolution of racemic norvaline and furthermore
to produce optically pure L- and D-norvaline by asymmetric amination of 2-oxopentanoic acid [74].
In another study, Nobili et al. carried out systematic mutagenesis study of the active site residues of
(S)-ω-TAVf to expand its substrate scope towards two bulky ketones. This group identified two active
mutants, F85L/V153A and Y150F/V153A, which showed a 30-fold increased activity in the conversion
of (S)-phenylbutylamine and (R)-phenylglycinol, respectively [68]. However, saturation mutagenesis
at the respective position in (S)-ω-TAVf did not improve the activity towards the same substrates
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studied in the previous studies, implying that the substrate specificity of ω-TA is a complex episode
and cannot be directly related from one enzyme template to another.

In a contribution to expand the substrate scope of ω-TAs, Pavlidis et al. [75] mutated a
fold class I (S)-ω-TA from Ruegeria sp. TM1040 [(S)-ω-TARu; PDB ID: 3FCR] by rational design
and identified an active variant with just four mutations (3FCR_QM; Y59W/Y87F/Y152F/T231A),
which proved sufficient for the acceptance of bulkier ketones and enabled asymmetric synthesis of
a wide set of bulky chiral amines on a preparative scale with excellent conversion, isolated yield
and stereoselectivity. This group further carried out mutational studies on (S)-ω-TARu for the
synthesis of a bridged bicyclic amine exo-3-amino-8-aza-bicyclo[3.2.1]oct-8-yl-phenyl-methanone,
a motif constituent of many neuroactive agents, from its corresponding ketone substrate [76].
Two active variants were identified (3FCR_QM/I234F) and (3FCR_QM/I234M), which exhibited
specific activity of 80 and 116 mU mg−1, respectively, while maintaining absolute stereoselectivity
compared to 45 mU mg−1 of the mutant identified in the previous studies (3FCR_QM) for the kinetic
resolution of a bicyclic amine exo-3-amino-8-aza-bicyclo[3.2.1]oct-8-yl-phenyl-methanone.

Although (S)-ω-TARu has successfully been engineered to accept aromatic (such as bicyclic)
and thus planar bulky amines, the variants active towards the substrates carrying a bulky tert-butyl
substituent adjacent to the carbonyl function, such as 2,2-dimethyl-1-phenyl-propan-1-one, were
unavailable until very recently. To address this issue, (S)-ω-TARu was engineered by introducing five
mutations [Y59W/Y87L/T231A/L382M/G429A] [77]. This active variant enabled the asymmetric
synthesis of (R)-2,2-dimethyl-1-phenylpropan-1-amine from the corresponding ketone substrate
2,2-dimethyl-1-phenyl-propan-1-one and isopropylamine as an amine donor. These studies suggested
the critical importance of amino residue Y87, as it blocks the entrance for the sterically demanding
tert-butyl moiety, and the introduction of a mutation at this position (Y87L) allowed the hydrophobic
interaction between the substrate moiety and amino acid residue at position 87, thus leading to the
accommodation of the bulky substrate [77].

Protein engineering approaches have played a crucial role in the generation of highly efficient
ω-TAs. Various approaches, such as directed evolution and rationally designed engineering of
ω-TAs, not only improved the scope for bulkier substrates but also improved their enantioselectivity.
Knowledge of the various putative sequences of protein families has successfully been used for the
identification of novel transaminases. Various approaches have been utilized for improvement in
kinetic resolution and asymmetric synthesis approaches. The removal of co-products by physical
extraction using membrane bioreactors has been successfully implemented to favor the reaction
equilibrium towards product formation. Furthermore, reaction engineering by employing cascade
reactions to remove and/or recycle the product have also found a useful role in equilibrium shift.
To this end, various ‘smart’ amine donors have been developed that allow the cyclization or the
tautomerization. Ever since the successful demonstration of protein engineering for the industrial
production of sitagliptin, various approaches of protein engineering have spurred improvement in the
substrate scope of TAs and their enantioselectivities.
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4. Establishing Stable ω-TA Biocatalysts for Synthetic Applications

The synthetic applicability of TA biocatalysts can be successfully extended to industrial scale only
with the use of robust and reusable biocatalysts, which can offer excellent stability in non-physiological
conditions. The stability of any enzymatic preparation can be exemplified as its thermodynamic
stability (conformational stability of the enzyme structure), kinetic stability (stability over time)
and operational stability, which includes thermostability and stability in organic solvents [78,79].
The following sections summarize the various strategies adopted to improve the stability of ω-TAs
and thereby their applicability in the synthesis of chiral amines.

4.1. Finding Thermostable ω-TAs

Owing to their excellent stability, thermostable enzymes permit execution of the biocatalytic
reaction at higher temperatures. This results in the achievement of higher reaction rates and
furthermore to the easier removal of volatile by-products, thereby helping to shift the equilibrium of the
reaction towards product formation [11,41]. Enzymes originating from thermophilic microorganisms
naturally possess desired properties of high operational and thermodynamic stabilities [80]. Recently,
Cerioli and co-workers [81] identified a ω-TA from the halophilic bacterium Halomonas elongata
exhibiting highest activity at 50 ◦C. In addition, the enzyme activity was retained in the presence
of co-solvents up-to 20%, proving the enzyme suitable for industrial application of transamination
of poorly water-soluble substrates. Chen et al. [82] improved the operational stability of ω-TA
from Chromobacterium violaceum (ω-TACv) by the addition of additives, co-solvents, and organic
solvents, and demonstrated the first successful application of ω-TA co-immobilized with surfactants.
It was shown that the enzyme retains its active dimeric structure when it is stored in 50% glycerol,
20% methanol or 10% DMSO. Mathew et al. recently identified two thermostable ω-TAs, each
from Thermomicrobium roseum (ω-TATr) and Sphaerobacter therlmophilus(ω-TASt) respectively [33,83].
A (S)-ω-TATr showed improvement in residual activity when the enzyme was incubated for 1 h at
60 and 70 ◦C, which was attributed to the refolding of an enzyme to its natural conformation at higher
temperatures. In addition, this enzyme exhibited a broad substrate scope and could be utilized for
the synthesis of chiral amines using asymmetric synthesis and kinetic resolution approaches [83].
Another thermostable TA, (S)-ω-TASt, showed the highest activity at 60 ◦C and no loss of activity
following 1 h incubation at this temperature was noticed. It was also reported that the stability
of (S)-ω-TAS was not adversely affected in the presence of 20% DMSO, implying the industrial
potential of the enzyme [33]. More recently, Chen et al. [84] identified a thermostable ω-TA from
Geobacillus thermodenitrificans (ω-TAGt), which showed highest activity at 65◦C. The ω-TAGt also
exhibited 2.5-fold increase in activity when the enzyme was incubated for 8 h at 50 ◦C or 30 min at
60 ◦C. Most recently, Ferrandi et al. [85] discovered the novel thermostable ω-TA by exploiting the
metagenomics approach. One of the three discovered ω-TAs, B3-TA, was exceptionally thermostable
and retained 85% and 40% of the initial activity after the incubation at 80 ◦C for 5 days and 2 weeks,
respectively. B3-TA is the most thermostable natural ω-TA known till date, which also showed excellent
tolerance toward different water-miscible and water immiscible organic solvents (Table 1).
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4.2. Protein Engineering

In addition to its application to the improvement of the substrate scope of ω-TAs, protein
engineering approaches have also been extended to improve the operational stability of the enzymes
(Table 2). For instance, (R)-selective ω-TA-117 from Arthrobacter sp., employed in the industrial
production of sitagliptin, was engineered to improve its tolerance towards organic solvents [29].
Eleven rounds of evolution generated the optimized biocatalyst, which could afford a successful
transamination of high substrate load (50 g L−1 pro-sitagliptin ketone) at 45 ◦C, importantly,
in the presence of 50% DMSO as a co-solvent. Pannuri et al. also engineered ω-TAAc to improve its
thermostability and subsequently used it for stereoselective synthesis of chiral amines [86].

The recent structural studies of ω-TAs have established the fact that the homotetrameric
conformations of ω-TAs possess superior operational stability compared to their homodimeric
counterparts [87,88]. It has also been postulated that the structural integrity of the cofactor-ring
binding domain is a decisive factor in the operational stability of ω-TAs. The cofactor-ring motif,
positioned at the interface of monomer and dimer interface, is known to shape the bottom of the active
site and to shield the cofactor from the solvent environment. To gain deeper insights into the role of
cofactor-ring motif in the operational stability of tetrameric ω-TAs, Börner et al. [89] recently generated
several mutant libraries by targeting 32 amino acid residues around the active site and cofactor-ring
domains. A double mutant (Asn161Ile and Tyr164Leu) increased the resting stability of the enzyme by
11 ◦C compared to its wild-type parent enzyme. Notably, mutations introduced at these two positions
conferred an excellent operational stability in biphasic reaction system at 45 ◦C. Moreover, the addition
of third mutation (Gly51Ser) granted an additive effect in terms of thermal resistance and improved
the thermal resistance of the resting state by 4 ◦C [89].

In another study, the (R)-ω-TA from Aspergillus terreus [(R)-ω-TAAt] was recently engineered
by employing the combination of an in silico strategy and mutational studies by site-directed
mutagenesis [90]. The potential mutation sites were selected based on the folding energy calculations
and four stabilized mutants (T130M, T130F, E133F and D134L) were obtained. These studies were
successful in generating a single mutant (T130M) and double mutant (T130M/E133F), which improved
the half-life (t1/2) at 40 ◦C by ~2.2 and 3.3-fold, respectively. The mutations carried out at these
positions generated new hydrophobic clusters and increased the hydrogen bonds, thereby improving
the thermostability of the mutants compared to the wild-type protein.

Protein engineering by incorporation of noncanonical amino acids has also been proven to be
an attractive strategy to improve the stability and activity of ω-TAs [91]. Recently, Yun’s group
successfully used this approach for the improvement of enzymatic properties and thereby its
synthetic applications of (S)-ω-TAVf. The global incorporation of 3-fluorotyrosine resulted in 2.3-fold
improvement of a half-life of engineered enzyme compared to its wild-type counterpart. Furthermore,
the engineered (S)-ω-TAVf could completely convert 25 mM of acetophenone into (S)-MBA with
excellent enantioselectivity (ee >99%) in the presence of 20% DMSO (v/v), which was ~2-fold higher
than wild-type ω-TAVf [92].

92



Catalysts 2018, 8, 254

T
a

b
le

2
.

Se
le

ct
ed

ex
am

pl
es

of
ap

pl
ic

at
io

n
of

pr
ot

ei
n

en
gi

ne
er

in
g

te
ch

ni
qu

es
to

im
pr

ov
e

op
er

at
io

na
ls

ta
bi

lit
y

of
ω

-T
A

s.

S
r.

N
o

.
S

o
u

rc
e

E
n

z
y

m
e

S
e

le
ct

iv
it

y
S

tr
a

te
g

y
U

se
d

R
e

m
a

rk
s

R
e

fe
re

n
ce

1
A

rt
hr

ob
ac

te
r

sp
.

(R
)-

se
le

ct
iv

e
Su

bs
tr

at
e

w
al

ki
ng

,
m

od
el

in
g,

an
d

m
ut

at
io

n
ap

pr
oa

ch

11
ro

un
ds

of
ev

ol
ut

io
n

ge
ne

ra
te

d
th

e
op

ti
m

iz
ed

bi
oc

at
al

ys
t,

w
hi

ch
co

ul
d

af
fo

rd
a

su
cc

es
sf

ul
tr

an
sa

m
in

at
io

n
of

in
th

e
pr

es
en

ce
of

50
%

D
M

SO
as

a
co

-s
ol

ve
nt

[2
9]

2
A

rt
ho

ba
ct

er
ci

tr
eu

s
(S

)-
se

le
ct

iv
e

St
ru

ct
ur

e-
gu

id
ed

en
zy

m
e

m
ut

ag
en

es
is

Th
e

en
zy

m
e

w
as

us
ed

fo
r

th
e

in
du

st
ri

al
pr

od
uc

tio
n

of
su

bs
tit

ut
ed

am
in

ot
et

ra
lin

e
[8

6]

3
N

ov
el

en
zy

m
e

fr
om

c-
LE

ct
a’

sm
et

ag
en

om
ic

lib
ra

ry
Se

m
i-

ra
ti

on
al

m
ut

ag
en

es
is

32
am

in
o

ac
id

re
si

du
es

w
er

e
ta

rg
et

ed
ar

ou
nd

th
e

ac
ti

ve
si

te
in

cl
ud

in
g

th
e

co
fa

ct
or

-r
in

g
m

ot
if

fo
r

su
pe

ri
or

op
er

at
io

na
l,

th
er

m
o-

an
d

so
lv

en
ts

ta
bi

lit
y

[8
9]

4
A

sp
er

gi
llu

s
te

rr
eu

s
(R

)-
se

le
ct

iv
e

In
si

lic
o

de
si

gn
em

pl
oy

in
g

B-
fa

ct
or

an
d

fo
ld

in
g

fr
ee

en
er

gy
ca

lc
ul

at
io

ns

Th
e

op
ti

m
um

ca
ta

ly
ti

c
te

m
pe

ra
tu

re
of

a
m

ut
an

tT
13

0F
w

as
in

cr
ea

se
d

by
10

◦ C
[9

0]

5
Sp

ha
er

ob
ac

te
rt

he
rm

op
hi

lu
s

(S
)-

se
le

ct
iv

e

R
es

id
ue

-s
pe

ci
fic

an
ds

it
e-

sp
ec

ifi
c

in
co

rp
or

at
io

n
of

un
na

tu
ra

l
am

in
o

ac
id

s

Th
e

re
si

du
e-

sp
ec

ifi
c

in
co

rp
or

at
io

n
sh

ow
ed

2-
fo

ld
en

ha
nc

em
en

ti
n

th
e

ha
lf

lif
e

at
70

◦ C
[9

1]

6
V

ib
ri

o
flu

vi
al

is
JS

17
(S

)-
se

le
ct

iv
e

G
lo

ba
li

nc
or

po
ra

ti
on

of
un

na
tu

ra
la

m
in

o
ac

id
s

M
ut

an
te

xh
ib

it
ed

~2
-f

ol
d

hi
gh

er
to

le
ra

nc
e

to
w

ar
ds

20
%

D
M

SO
co

m
pa

re
d

to
w

ild
-t

yp
e

[9
2]

93



Catalysts 2018, 8, 254

4.3. Enzyme Immobilization

A single enzyme can differentially perform in different formulations in terms of activity and stability.
Although the cell-free, purified form of a protein is the most desirable form of any biocatalysts, the higher
purification costs limit its application on large scales. Biocatalyst in another form i.e., cell free extracts,
can also be used if the target protein is sufficiently overexpressed. However, the long-term storage
stability of the purified as well as cell free extracts is poor [12]. Therefore, use of the whole cells expressing
the biocatalyst of interest is of potential use. However, the major limitation of the use of whole cell
biocatalysts is the poor accessibility of the substrate to the enzymes located within the cells [93].

One potential approach to improve the stability of biocatalysts is their immobilization.
Immobilization is advantageous owing to its low downstream requirements, as it allows the easy
recovery of the biocatalysts and their reuse in the subsequent batch or continuous reactions [42,93,94].
Immobilization has been widely used to improve the operational and storage stability of ω-TAs
(Table 3). For instance, Koszelewski et al. [95] encapsulated the commercially available enzymes
TA-117, TA-113, TA-114 and ω-TAVf using sol–gel/celite matrix for the first time. The immobilized
TA-117 exhibited excellent operational stability and retained about 78% of the initial activity after eight
repetitive uses, most importantly, without compromising the enantioselectivity. The immobilization by
covalent attachment using various support materials such as chitosan is also widely reported [96–99].
De Souza et al. [100] recently utilized cellulose for immobilization of ω-TAVf. The ω-TAVf immobilized
in the epoxy-functionalized cellulose conferred excellent temperature stability and reusability, wherein
enzyme was consistently active over the broad range of temperature from 30 to 60 ◦C and for four
repetitive cycles in the asymmetric synthesis of (S)-phenylethylamine.

The entrapment of whole cells expressing ω-TAs using natural materials such as Ca-alginate,
gelatin, or agarose has been reported. For instance, Rehn et al. compared the various methods of
immobilization of recombinant E. coli cells expressing ω-TAAc. Chitosan proved to be the method of
choice for the whole-cell immobilization as it retained >90% activity after eight successive batches [42].
In another study, Cardenas-Fernandez et al. successfully overcame the diffusional limitations of
whole-cell immobilization by entrapping the permeabilized whole cells in PVA-gel (Lentikats®) [101].

While most of the non-commercial supports limit their application because of the labor-intensive
preparations prior to immobilization, commercially available ready-to-use supports such as polymeric
resins are feasible. Neto et al. [41] recently immobilized (S)-ω-TA (ATA-47) and (R)-ω-TA (Ate-TA)
using commercially available polemeric resins as enzyme carriers. Among six, two enzyme carriers
i.e., (Relizyme HA403; pore size-40–60 nm and Supabeads EC-HA; pore size-10–20 nm; both having
hexamethylamino functional groups) allowed the reuse of the preparation for 250 h of operation with
retention of more than 50% of the initial activity. In addition, the immobilized preparations increased
thermal stability, allowing storing the enzyme for more than 60 days at room temperature [41]. Most recently,
Abaházi et al. [1] covalently immobilized Try60Cys mutant of ω-TACv on bisepoxide-activated polymeric
resins. The enzyme mutant immobilized by linking it to polymeric resin with ethylamine function activated
with glycerol diglycidyl ether-EA-G could preserve the activity even in the high concentration of DMSO
(50% v/v). Furthermore, this enzyme preparation could be used for 19 consecutive cycles in batch mode
for the kinetic resolution of rac-4-phenylbutan-2-amine to its corresponding R-enantiomer, a precursor for
antihypertensive dilevalol, with excellent activity and selectivity (C~50%, ee > 99%).

Protein fusion tags, such as polyhistidine tags, provide an efficient protein purification by
affinity chromatography and allow the enzyme immobilization in assembling immobilized enzyme
microreactors (IEMR) [11,102,103]. IEMRs are the unique platforms for in vitro multi-enzymatic
synthetic pathways. Furthermore, recent advances in nanotechnology have provided several
nanomaterials for the efficient immobilization of the enzymes. Nanomaterials provide the large
surface area that improves the adsorption of proteins and thereby allow the separation of protein
in a low-concentration samples [104] Immobilization of ω-TAs using Ni2+-chelated polydopamine
magnetic nanoparticles [104], magnetic PVA-Fe3O4 nanoparticles [105] and MnO2 nanorods [106] has
been recently reported in the literature.
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5. Cascade Reactions Involving ω-TAs

Enzymatic cascades, wherein several independent reactions proceed simultaneously, offer numerous
advantages in the production of target compounds, such as shortened synthetic routes, minimization of
the use of organic solvents, and improvement in atom efficiency [11,12]. Furthermore, the easier handling
of unstable intermediates and the control of unfavorable reaction equilibrium are added benefits of using
biocatalytic cascades [107–109]. Cascade reactions have been categorized into four main types: (1) Linear
cascades represent consecutive transformations in one-pot. (2) Parallel cascades, which are frequently
used in redox biocatalysis wherein the product formation is coupled with a simultaneously proceeding
second reaction. (3) The third type, orthogonal cascades, are closely related to parallel cascades and are
generally used to shift the reaction equilibrium towards product formation. (4) Cyclic cascades, which
are generally used for the stereoinversion processes. Readers are referred to recent reviews [107–113],
which have elegantly elaborated on the advancements achieved in the field of cascade reactions.

Multi-enzymatic cascades involving ω-TAs have been successfully used for the amination of the
hydroxyl functional groups of alcohols to their corresponding amines. For instance, Fuchs et al. [114]
utilized the cascade of galactose oxidase and ω-TAs for the amination of benzylic and cinnamic
alcohols. In the first step, alcohol substrates are converted to their corresponding aldehydes in the
presence of galactose oxidase. In the subsequent step, the transamination of aldehyde intermediates
arecatalyzed by ω-TAs (Figure 6).

 

Figure 6. Biocatalytic cascade employing galactose oxidase and ω-TA for the amination of
benzylic/cinnamic alcohols (reprinted from [114], with permission of The Royal Society of Chemistry).
(Reaction conditions: 50 mM substrate, 20 mg lyophilized E. coli BL21(DE3) cells over-expressing
galactose oxidase, 0.075 mg/mL 2,2′-azino-bis(3-ethylbenzothiazoline-6-sulfonic acid), 20 mg,
lyophilized E. coli BL21(DE3) cells over-expressing ω-TAVf, Sodium phosphate buffer (100 mM,
pH 7.0), 1 mM PLP, 10 mM CuSO4, 7.5 mg alanine dehydrogenase, 20 U glucose dehydrogenase,
150 mM L-alanine, 120 mM (2.4 equiv) glucose, R.T., 24 h).

Similarly, an artificial redox-neutral cascade, employing alcohol dehydrogenase, alanine
dehydrogenase, and ω-TA, has been recently utilized for the conversion of ether alcohol substrates to
their corresponding ether amine products [115]. Initially, alcohol ether substrates were converted to
the corresponding aldehydes or ketones using ADH from G. stearothermophilus. ω-TACv subsequently
catalyzed the amination of these intermediates, wherein AlaDH from V. proteolyticus recycled pyruvate
to L-alanine with the simultaneous regeneration of the NAD+ cofactor (Figure 7).
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Figure 7. Artificial redox-neutral cascade employing alcohol dehydrogenase, ω-TA and alanine
dehydrogenase for the synthesis of ether amines from ether alcohol substrates (reprinted from [115]
with the permission of John Wiley and Sons). (Reaction conditions: 10 mM substrate, 280 mM
ammonia, ammonium carbamate buffer (40 mM, pH 9.0), 1 mM NAD+, 0.35 mM PLP, 0.5 mM L-Alanine,
0.1 mg/mL ADH, 0.004 mg/mL Ala-DH, 0.064 mg/mL ω-TACv, 30 ◦C).

Chiral amino-alcohols are known as common constituents of many natural products,
pharmaceuticals and chiral auxiliaries used in chemical syntheses [116]. For instance, a chiral
amino-triol, (2S,3R)-2-amino-1,3,4-butanetriol (ABT), is used as a precursor for the synthesis of statins
and ultimately for a HIV-protease inhibitor Nelfinavir. Gruber et al. [117] recently demonstrated a
novel 2-step-enzymatic synthesis of approach, employing transketolase and ω-TA, for the synthesis of
ABT in a continuous-flow microreactor system. In the initial step, transketolase -catalyzed asymmetric
carbon-carbon bond formation between hydroxypyruvate and glycoaldehyde led to the generation
of L-Erythrulose. In the subsequent step, ω-TA-catalyzed conversion of the keto-group into a chiral
amino group generated ABT (Figure 8).

 

Figure 8. Biocatalytic cascade employing transketolase and ω-TA for the synthesis of amino alcohol
(2S,3R)-2-amino-1,3,4-butanetriol (Reprinted from [117], with the permission of John Wiley and Sons).
(Reaction conditions: 50 mM substrate, 3.25 U/mL transketolase, 4.8 mM thiamine diphosphate (ThDP),
19.6 mM MgCl2, 10 mM (S)-α-MBA, 27 U/mL ω-TA, 2 mM PLP, Tris-HCl buffer (100 mM, pH 9.0), R.T.).

Despite its complexity, sophisticated enzymatic cascades were recently developed for the synthesis
of pharmaceutically important alkaloid scaffolds, such as THIQs. For instance, Erdmann et al. [118]
recently reported the synthesis of 1,3,4-trisubstituted THIQs with three chiral centers by employing the
cascade of three enzymes, namely carboligase, ω-TACv and a mutant of Pictet-Spenglerase enzyme
Norcoclaurine synthase (NCS) from Thalictrum flavum. In the first reaction, carboligase catalyzed the
generation of (R)-1-hydroxy-1-(3-hydroxyphenyl)propan-2-one from 3-hydroxybenzaldehyde and pyruvate
substrates. The transamination catalyzed by ω-TACv generated the corresponding amino product from
(R)-1-hydroxy-1-(3-hydroxyphenyl)propan-2-one. Subsequent Pictet-Spengler condensation, catalyzed
by NCS-Tf, generated a THIQ product (1S,3S,4R)-1-benzyl-3-methyl-1,2,3,4-THIQ-4,6-diol (Figure 9).
In addition, opposite stereoselectivities of the C1-substituted-THIQs could be achieved following the
chemical cyclization by phosphate (Figure 9), providing access to both the orientations of the substituted
THIQ [118].
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Figure 9. Enzymatic and Chemo-enzymatic synthesis of 1-benzyl-THIQs employing the cascade of
carboligase, ω-TA and NCS [118]. (Reaction conditions: step 1: 10 mM substrate, HEPES buffer
(100 mM, pH 7.5), 5 mM MgCl2, 0.1 mM ThDP, 0.05 mM FAD, 20 mM sodium pyruvate, 2.5% DMSO
(v/v), 0.5 mg/mL acetohydroxy acid synthase I from E. coli (EcAHAS-I), 30 ◦C, 750 rpm; Step 2: 0.2 mM
PLP, 100 mM isopropylamine, 3.1% DMSO (v/v), 3 mg/mL ω-TACv, 30 ◦C, 750 rpm; step 3 (Enzymatic):
9.5 mm phenylacetaldehyde, 2.5% DMSO (v/v), 0.5 mg/ mL NCS-Tf -A79I), 37 ◦C, 750 rpm; step 3
(Chemo-enzymatic): 10 mM bromobenzaldehyde, 200 mM potassium phosphate buffer, pH 7.0, 50 ◦C,
750 rpm).

Another Pictet-Spenglerase enzyme, Strictosidine synthase (STR), has also been employed
in the cascade consisting of ω-TAs for the synthesis of (S)-strictosidine derivatives possessing
an additional stereogenic center at C3 of the tetrahydro-β-carboline moiety [119]. In the initial
reaction, α-methyltryptamine derivatives were generated using ω-TA-catalyzed amination of
prochiral ketone substrates. Subsequent STR-catalyzed condensation of α-methyltryptamine
derivatives with secologanin formed optically pure C3-methyl-substituted strictosidine derivatives.
Furthermore, the use of stereocomplementary ω-TAs allowed the synthesis of both the enantiomers
of α-methyltryptamine derivatives, which ultimately allowed the synthesis of both the epimers of
C3-methyl-substituted strictosidine derivatives [119] (Figure 10).

 

Figure 10. Biocatalytic cascade employing ω-TA and STR for the chemo-enzymatic synthesis of
C3-methyl-substituted enantiopure Strictosidine derivatives (adapted with permission from [119],
Copyright (2015) American Chemical Society). (Reaction conditions: 2 mM substrate, potassium
phosphate buffer (100 mM, pH 7.0), 10 mg lyophilized E. coli cells over-expressing ω-TA, 90 mU STR,
250 mM D-or L-alanine, 150 mM ammonium formate, 1 mM PLP, 1 mM NAD+ 11 U FDH, 4 U Ala-DH,
DMSO (5%, v/v), 4 mM secologanin, 24 h, 30 ◦C).
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6. Conclusions and Prospects

The ever-increasing demands of enzyme-mediated synthesis of enantiopure amines are being
elegantly met by engineered ω-TAs. The decreasing costs of gene synthesis and the increasing
availability of the genome sequences have given access to a new pool of potential ω-TAs. Therefore, the
exploitation of these novel biocatalysts can provide a massive addition to the application of biocatalysts
for the industrial synthesis of various pharmaceuticals, fine chemicals, and other important industrial
products. This accelerated rate of biocatalyst discovery has permitted scientific community to enter a
‘golden age’ of biocatalysis[120]. Despite this progress, many of the recently-discovered enzymes still
display poor substrate tolerance profiles, making their role as routine catalysts unlikely. Nevertheless,
the recent advances in the reaction engineering such as, development of ‘smart’ amine donors, in-situ
product removal, and application of cascade reactions, have successfully addressed the major challenge
of poor reaction equilibrium towards product formation. In addition, protein engineering strategies
have played a pivotal role in expanding the substrate scope of recently discovered biocatalysts and
further in improving the thermodynamic and operational stabilities of the already-available enzymes.
The future of ω-TA biocatalysis research should also see the discovery of novel enzymes, particularly
thermostable ones, by utilizing metagenomic approaches. The application of engineered ω-TAs for
the industrial production of sitagliptin has already exhibited the synthetic potential of these potent
biocatalysts. Engineered ω-TAs will continue to develop as a competitive alternative technology to
conventional syntheses for the production of enantiomerically enriched amines.
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