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Abstract: Repetitive DNAs are ubiquitous in eukaryotic genomes and, in many species, comprise the
bulk of the genome. Repeats include transposable elements that can self-mobilize and disperse around
the genome and tandemly-repeated satellite DNAs that increase in copy number due to replication
slippage and unequal crossing over. Despite their abundance, repetitive DNAs are often ignored in
genomic studies due to technical challenges in identifying, assembling, and quantifying them. New
technologies and methods are now allowing unprecedented power to analyze repetitive DNAs across
diverse taxa. Repetitive DNAs are of particular interest because they can represent distinct modes of
genome evolution. Some repetitive DNAs form essential genome structures, such as telomeres and
centromeres, that are required for proper chromosome maintenance and segregation, while others
form piRNA clusters that regulate transposable elements; thus, these elements are expected to evolve
under purifying selection. In contrast, other repeats evolve selfishly and cause genetic conflicts with
their host species that drive adaptive evolution of host defense systems. However, the majority of
repeats likely accumulate in eukaryotes in the absence of selection due to mechanisms of transposition
and unequal crossing over. However, even these “neutral” repeats may indirectly influence genome
evolution as they reach high abundance. In this Special Issue, the contributing authors explore these
questions from a range of perspectives.

Keywords: repetitive DNA; transposable element; heterochromatin; genome evolution;
genomic conflict

Repetitive DNAs include both short and long sequences that repeat in tandem or are interspersed
throughout the genome, such as transposable elements (TE), ribosomal rRNA genes (rDNA), and
satellite DNA. Repetitive DNA is ubiquitous in eukaryotic genomes, but despite this universality,
their possible functions and predictable patterns of evolution remain relatively poorly characterized
across taxa. Empirical evidence suggests important roles of repetitive DNA in chromosome stability
and segregation, as well as gene regulation. Theory predicts roles of both neutral processes (unequal
crossing over, gene conversion) and selection, as well as selfish (non-Mendelian) transmission, in
determining patterns of sequence variation in repetitive regions. Despite a wealth of theory, until
recently, this fraction of the genome has remained largely overlooked due to technological constraints
on sequencing and quantifying repetitive DNA genome-wide. With the advent of high-throughput
sequencing technologies, this portion of the genome has become more accessible, though inherent
biases due to sequencing chemistry and computational identification pipelines remain challenges.

In this special issue, 11 articles review the evolution and function of the different classes of
repetitive DNA and empirically investigate their predicted functions and evolutionary patterns from a
variety of perspectives. Two articles approach TE evolution from different angles—Blumenstiel [1]
describes the life cycle of a TE and uses this analogy to develop predictions for how TEs evolve, using

Genes 2019, 10, 896; doi:10.3390/genes10110896 www.mdpi.com/journal/genes1
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known examples to describe persisting TEs as quickly proliferating genome invaders, long-lasting
residents, and even as “resurrectors” from previously “dead” copies. In another review, Bourgeois
and Boissinot [2] synthesize perspectives on the roles of adaptive and non-adaptive processes in TE
evolution and offer ways forward to model TE evolution at the population level.

Two studies test predictions about TE evolution using a macroevolution approach. Wu and Lu [3]
first develop a new pipeline for identifying transposable elements and then apply it to examine TE
proliferation and diversification across 500 million years of arthropod evolution. They introduce the
Arthropod TE database as a resource for TE consensus sequences for the community to use and build
on. Bohman et al. [4] provide a genome assembly for the Blue-capped Cordon-Bleu, a small East
African finch, whose karyotype and annotated transposon content enable new detailed examination
of TE evolution in birds, particularly relatives of the model zebra finch. Their results highlight the
utility of employing a comparative approach to investigate TE evolution. Together, these papers offer a
dynamic view of TE evolution.

Three papers examine the role of adaptive and non-adaptive processes in TE evolution using
genomic and functional approaches. Taking a computational approach, Pettersson and Jern [5] find a
greater role for neutral evolution rather than selection in endogenous retrovirus (ERV) diversification
across domestic chicken lineages. In contrast, Radion et al. [6] use functional and genomic analyses
to examine the transcriptional regulation of piRNA clusters and TEs and find evidence for selective
constraints. Lannes et al. [7] provide evidence for links between TE presence/absence and regulation of
their activity via epigenetic modifications, implicating selection on their regulation. Together, these
papers demonstrate the interplay of selection and neutral processes in different groups and emphasize
the need for more studies to test broadly applicable “rules” for TE evolution.

Four papers focus on the evolution and function of other less-studied repetitive DNA types.
Symonová [8] reviews studies of rDNA, from their function to their use in phylogeny and integrates
these perspectives to provide a wider view of rDNA importance and evolution. Benetta et al. [9]
synthesize recent work on the non-Mendelian transmission of repetitive facultative (B) chromosomes.
Miga [10] reviews recent work on the links between satellite DNA and disease, highlighting the
importance of their study to human health. Hartley and O’Neill [11] discuss the evolution and function
of satellite DNA and TEs in centromeres. These papers highlight overlooked types of repetitive DNA
and identify key challenges to move the field forward.

This special issue demonstrates the benefits of applying multiple perspectives to tackle questions
about repetitive DNA evolution, function, and adaptation. They paint a picture of the complex
processes involved and reveal the need for additional work. With more affordable sequencing, and a
growing arsenal of genetic tools and widely-available annotation databases, it is a promising time to
tackle fundamental questions about repetitive DNA with important implications for our understanding
of the fundamental rules of chromosome segregation, genome evolution, and human health. We would
like to thank all of the authors and reviewers for their contributions to this issue.
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Abstract: Transposable elements (TEs) can be maintained in sexually reproducing species even if they
are harmful. However, the evolutionary strategies that TEs employ during proliferation can modulate
their impact. In this review, I outline the different life stages of a TE lineage, from birth to proliferation
to extinction. Through their interactions with the host, TEs can exploit diverse strategies that range
from long-term coexistence to recurrent movement across species boundaries by horizontal transfer.
TEs can also engage in a poorly understood phenomenon of TE resurrection, where TE lineages can
apparently go extinct, only to proliferate again. By determining how this is possible, we may obtain
new insights into the evolutionary dynamics of TEs and how they shape the genomes of their hosts.

Keywords: transposable element; horizontal transfer; arms race; LINE-1; Alu; hobo; I element

1. Introduction

“And he that was dead came forth, bound hand and foot with graveclothes.” John 11:44.

Transposable elements (TEs) have an intimate relationship with the genomes of their hosts. Like
any form of parasite they cause harm but they are also dependent on the host for fitness. However,
unlike typical parasites, they are directly embedded in the genomes of their hosts. How can such
parasites spread if they are harmful? Alleles that are harmful are expected to be lost, but transposable
elements exist in essentially all forms of life. In eukaryotes, the persistence of TEs is explained by
the fact that sexual reproduction allows TEs to spread even if their net effect is a reduction in host
fitness. Gamete fusion allows TEs to colonize new genomes [1] and recombination breaks up the
association between progenitor copies and harmful descendant copies [2,3]. However, if TEs proliferate
too rapidly within genomes, the consequences of their harm can indeed become too high and impede
their success [4]. Transposable elements must walk a fine line between a sufficient rate of proliferation
and one that is not so great that TEs become too burdened by the harmful effects that they impose.

The nature of this tension depends on the degree of intimacy with the host genome and is
illuminated by considering the moment when a TE and the host genome first meet. This occurs during
horizontal transfer, which is the first stage in the life cycle of a TE (see reviews on TE life cycles [5–9]).
When a TE first invades a genome, it is a particularly fragile moment for the TE family because such
events are likely to be serendipitous. For an element to be successful during the early stages of invasion,
it must exploit these chance moments and avoid being lost from the population by drift. Studies show
that the optimal TE strategy during horizontal transfer is to have a very high initial transposition
rate [4,10]. This arises from the fact that the probability that a new TE becomes established is similar to
the probability of fixation for a new beneficial allele. In the case of a new beneficial allele, the probability
of fixation is ~2s, where s is the beneficial selection coefficient. For a transposon, the probability
of establishment is ~2(u − s), where u is the transposition rate and s is the selection coefficient that
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measures the average harmful effect of each new single insertion [4,10,11]. Establishment is achieved
when, on average, each individual in the population has one copy. Rather than fixation, I consider
establishment to be a more appropriate term for TE families because fixation is a term that is more
appropriate for alleles. Transposable elements insertions within the population are non-allelic if they
reside at different locations in the genome. So, if each individual on average carries one insertion,
the TE family can be considered established. A single TE insertion allele can be considered fixed if
there are no non-insertion variants segregating in the population at that locus.

For both a new beneficial allele and a new transposable element, the fixation (or establishment)
probabilities do not depend much on the population size since the dynamics of stochastic loss by
drift when the novel variant first appears are the same whether the population size is one million
or one trillion. However, a transposition rate that is too high, while it will increase the probability
that a TE becomes established, may also impose such a burden that the host may become extinct if
the selection regime fails to limit the ever-increasing copy number. Thus, it has been shown that the
optimal strategy for a transposable element is to have a high transposition rate during early invasion,
followed afterwards by a period with a lower rate of movement [4]. This lower rate of movement may
be enabled by host TE suppression mechanisms such as small RNA silencing.

It is not apparent that selection on TE lineages would be efficient enough to directly select such a
tunable strategy. However, this tension reveals that optimal TE strategies will depend on the nature
of the relationship with a genome. On one end of the continuum, TEs may be long term residents.
On the other end, TEs may adopt a strategy of rapid invasion and movement from species to species.
In the first part of this review, I discuss the nature and implications of these two strategies. Then,
I consider an interesting phenomenon of TE lineages that appear to reside within genomes, go extinct,
and then apparently come “back to life” many generations later. I will argue that TEs that show this
pattern—I will designate them Lazarus elements—may highlight interesting aspects of TE biology and
host interaction.

2. Long-Lasting Relationships

Some TE lineages are long-lived residents of their host genomes. In some cases, this is because TEs
have adopted a cooperative strategy with the host. For example, in Drosophila, telomere function has
been assumed by TEs [12]. However, for TEs that remain parasitic with respect to the host, there may be
no better example of long-term coexistence than the LINE-1 elements of mammalian genomes. LINE-1
elements are a member of the non-LTR retrotransposon class and have been residents of mammalian
genomes since early in the radiation of mammals [13–15]. In humans, the LINE-1 element has had a
profound role in shaping the genome and there are approximately 500,000 copies of this element [16,17].
The LINE-1 family is shared across most mammals due to continued vertical transmission since early
in the mammalian radiation [18,19]. Vertebrates that include reptiles, amphibians and fish also share
LINE-1 elements, suggesting that the LINE-1 element may have been present since before the origin of
mammals [14]. Alternately, it has been proposed that LINE-1 elements entered the therian mammal
ancestor (rather than the ancestor of all mammals) through horizontal transfer. This is suggested by
the observation that monotremes lack LINE-1 elements and have no clear signature of their previous
activity [20]. In either case, the LINE-1 lineage shows a striking level of persistence and success across
mammals through ongoing vertical transmission.

What has enabled this intimate relationship for millions of years within mammals? Phylogenetic
analysis of LINE-1 elements within mammals has revealed a particular feature of LINE-1 persistence.
In particular, phylogenetic trees of LINE-1 elements within a genome frequently have a “ladder-like”
appearance [14,21,22]. This represents a scenario in which, through evolutionary time, there is typically
only one or few proliferating lineages. This phylogenetic pattern has been proposed to be driven
by an ongoing evolutionary arms-race with the host [14]. In particular, as mechanisms of LINE-1
control evolve on the part of the host, evolutionary innovation on the part of the TE lineage enables
escape from host control. Recurrent cycles of adaptation and innovation—in both host and TE—can
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thus lead to the persistence of a single successful TE lineage [21]. This pattern may also be driven
by the smaller effective population sizes that are likely more common in mammals. In very large
populations, the fixation of an active and harmful TE insertion allele by drift is unlikely. However,
in smaller populations, drift may allow such insertion alleles to fix. When an active copy becomes
fixed at a particular locus, only decay into a non-functional state will allow the active copy to be
lost from the population. Thus, fixation of an active TE insertion allele represents a critical stage in
TE-host dynamics.

Faced with the continued presence of the LINE-1 element over millions of years, specialized
modes of host control are proposed to contribute to the evolutionary dynamics that yield the arms-race
driven “ladder” phylogeny. In particular, new active LINE-1 lineages may carry key innovations
that enable specialized modes of escape from repression [23]. Diverse proteins that restrict LINE-1
transposition include APOBEC3, MOV10, ZAP, SAMHD1 and ZNF93 [24]. Signatures of recurrent
LINE-1 adaptation that allow evasion from these restricting factors have also been found. For example,
within mammals, the 5’ UTR of LINE-1 is highly dynamic [22,25–27]. This has been proposed to be
driven by the ongoing evolution of KRAB zinc fingers that can evolve specificity to target particular
sequences in LINE-1 for repression. In response to this, it appears that selection on the LINE-1 lineage
has driven removal of particular target sequences from the 5’ UTR [28].

The ongoing persistence of one or few evolving LINE-1 lineages is likely enforced by within
lineage competition. Otherwise, we might expect different modes of adaptation to evolve on distinct TE
lineages, followed by successful diversification. Competition for host factors required for transposition
has been proposed to contribute to this dynamic [29]. Strikingly, and in contrast to mammalian systems,
the proliferation of one or few LINE-1 element lineages does not seem to apply in other vertebrates [14].
Rather, multiple lineages of LINE-1 elements have expanded and proliferated in the genomes of reptiles,
amphibians and fish [30–32]. This represents a distinct mode of long-term coexistence within the
genomes of non-mammalian species. Differences in demographic history and the strength of selection
are likely to contribute to this difference. Compared to mammals, some non-mammalian species with
greater LINE-1 diversity also show a stronger signature of selection acting to limit the fixation of TE
insertion alleles [33]. This suggests that different selection regimes may contribute to the difference in
LINE-1 dynamics between mammalian and non-mammalian species (but see [34]). One difference
may arise from differences in the probability of ectopic recombination between dispersed repeats [29].
Selection against ectopic recombination is an important determinant of TE dynamics and a low rate
across mammalian genomes may decrease the strength of selection against insertions and allow the
accumulation of repetitious sequences [35–40]. In addition, if lower levels of ectopic recombination
allow greater TE accumulation, persisting copies that fix by drift may intensify competition for host
factors. Thus, as genomic copy number increases due to reduced levels of genome-wide ectopic
recombination, the magnitude of competition for host factors may increase among competing copies
and lineages. This may lead to a greater tendency for a single lineage to outcompete all other lineages.
For these reasons, selection on LINE-1 lineages may not simply be to evade host restriction factors.
Selection to increase access to host factors that enable transposition, amidst a genome filled with many
other copies, may also be critical.

3. Horizontal Transfer: Fast, Cheap and Out of Control

“Based on our experience in building ground based mobile robots (legged and wheeled),
we argue here for fast, cheap missions using large numbers of mass produced simple
autonomous robots...” Brooks and Flynn. 1989. Fast, Cheap and Out of Control: A robot
invasion of the solar system.

These contrasting modes of LINE-1 evolution—the proliferation of a few lineages in mammals
vs. diversification in reptiles, amphibians and fish—represent two forms of long-term co-existence.
As previously indicated, long-term co-existence can also be maintained if TEs adapt a strategy of
cooperation, as seen in the case of Drosophila telomeres. However, for selfish TEs that display parasitic
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behavior with respect to the host, another strategy relies on horizontal transfer and recurrent invasion.
If TEs have the capacity to invade genomes through horizontal transfer, long-term persistence may
be enabled by a ‘live fast, die young’ strategy [41,42]. If a TE family can invade a species, proliferate,
and jump to a new species, it may conceivably persist even if it is unlikely to endure within any
single species. Studies of the DNA transposon mariner in Drosophila illustrate how such a strategy is
possible [43–45]. mariner was discovered in D. mauritiana, a close relative of D. melanogaster. However,
its presence within the D. melanogaster species subgroup is considered “spotty” [46,47]. In particular,
it appears in several close relatives of D. melanogaster but is absent from D. melanogaster itself. It has
apparently been lost. Interestingly, an additional mariner lineage is also found in the genomes of other
members of the melanogaster species subgroup, including D. erecta, but was apparently lost from the
D. melanogaster/D. simulans clade [48]. This latter mariner family also shares 97% sequence similarity
with a mariner element found in the cat flea, indicating horizontal transfer several million years ago.
Overall, these patterns indicate that mariner dynamics can be explained by a dynamic process of
recurrent horizontal transfer and extinction [48]. In contrast to mammals, it appears that horizontal
transfer is rampant in insect species. In a comprehensive analysis of the genomes of nearly 200 insect
species, more than 2000 horizontal transfer events were found to have occurred within a span of about
10 million years [49]. Strikingly, the Tc1/mariner class of DNA transposons shows the greatest frequency
of horizontal transfer. This high propensity for horizontal transfer has been attributed to a lack of
dependence on host factors for transposition [50]. Tc1/mariner cis regulatory sequences that drive
transcription in diverse genomes may also facilitate efficient movement across species [51]. Within
a single species, a TE lineage can proliferate if its transposition rate is sufficiently high so that it can
increase at a rate faster than its removal due to negative selection. The same principle should also apply
across species. If a TE can invade, by horizontal transfer, the genomes of new species at a rate faster
than the within species extinction rate, the lineage will also find success. In this case, since TE success
depends on being able to move across species, it is unlikely that natural selection will be sufficient for
adaptation, on the part of a TE lineage, to a particular host genome. Rather, natural selection will favor
a “generalist” strategy that enables movement in the genomes of many species.

4. Extinction

Whether a TE is adapted for continued vertical transmission (as observed for LINE-1 elements)
or ongoing movement across species (as perhaps observed for mariner elements), TE lineages are not
guaranteed perpetual success. Rather, they can also go extinct within a species. Across mammals,
LINE-1 extinction has been observed in the rhinoceros and lineages of rodents, bats, insectivores and
Afrotherians [15,52–55]. Several mechanisms have been proposed to contribute to LINE-1 extinction.
In one scenario, mechanisms of host suppression may be sufficient. It has been noted that the fate of a
TE lineage depends on the balance between transposition and the rate of accumulation for degenerating
mutations [56]. If the transposition rate is lower than the rate of mutation that renders an element
inactive, then the TE lineage will decay. Thus, host control mechanisms that drive a significantly low
transposition rate may also drive extinction by decay.

Other factors are also likely to contribute to extinction. TE families may drive other TE families to
extinction through direct competition for host factors. For example, LINE-1 extinction in a group of
sigmodontine rodents may have been influenced by competition for host factors with an expanding
endogenous retrovirus lineage [57,58]. Extinction may also be driven by other TE lineages through
direct sequestration of TE-encoded factors that enable transposition. SINE elements, such as the Alu
element, hijack LINE-1 encoded factors to favor their own increase [59]. Thus, Alu amplification may
drive LINE-1 extinction through competitive saturation of LINE-1 encoded factors required for LINE-1
transposition [60]. Finally, extinction may also be enabled by a form of lineage “suicide”. In the case of
DNA transposons, internally deleted copies may titrate functional transposase from fully functional
copies [61]. As internally deleted copies within the genome increase, active DNA transposon lineages
may lose sufficient access to their own encoded factors.
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Finally, stochastic loss and demographic factors may also contribute to lineage extinction.
In populations where an active TE does not fix at any particular location, selection or drift may
simply lead to the loss of every active copy in the genome. This will be most likely when the
transposition rate is sufficiently low, so it is likely to be enhanced by host suppression mechanisms.
The dynamics of stochastic loss, in many ways, are likely to be similar to loss by the mutational
degeneration of active copies. How long will it take for a TE family to be lost by this mechanism?
Using simulation, I have shown that total copy number within the population—rather than population
size or per genome copy number—dominates the dynamics of stochastic loss assuming no individual
insertion becomes fixed (Figure 1). Selection also plays a role.
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Figure 1. Dynamics of stochastic loss. N is the diploid population size and s is the selection coefficient
acting against single insertions. All simulations were performed by simple binomial sampling of insertion
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alleles starting at frequency of 1/2N. Sampling was iterated according to frequency in the population
for a given number of copies. This procedure implicitly assumes there is no linkage. In addition, by
assuming no actual transposition or degradation specifically, it is suitable to a scenario where the rate
of transposition is equal to the rate of mutation to a non-functional state. Selection was simulated by
adjusting the probability of sampling according to the selection coefficient. (A) Fixed population size
and negative selection coefficient. The time until loss increases with per individual copy number. Note
that the rate of increase declines. (B) A fixed number of copies in the population, distributed among
individuals of different population sizes. The time until loss is not affected by population size. (C) An
increasing selection coefficient, as expected, decreases the time until loss.

5. Resurrection

Overall, the canonical life-cycle of a TE family starts with invasion followed by proliferation and
eventual extinction. The duration for each of these stages may vary and be influenced by a wide variety
of factors, as outlined previously. Extinction is certainly not guaranteed but there are many examples
of where this appears to be the case. More striking, however, is that in some cases, extinction seems to
be followed by resurrection. This is a mysterious phase of TE dynamics and worthy of investigation
because it may shed light on the evolution of TE life-strategies that range between recurrent invasion
and long-term coevolution.

Resurrection, also known as re-invasion, occurs when an active TE lineage becomes quiescent
and perhaps even extinct, and then later proliferates. Syndromes of hybrid dysgenesis were the first
to reveal this phenomenon, in particular the I-R syndrome of dysgenesis. Hybrid dysgenesis is a
syndrome of intraspecific sterility that occurs when active TE families transmitted paternally are absent
or nearly absent from the maternal genome [62–64]. In the absence of abundant maternal copies, a pool
of piRNAs that maintain TE repression is not provisioned to the zygote [65,66]. This leads to activation
of paternally inherited TEs and sterility. Perhaps the most well understood syndrome of hybrid
dysgenesis is the P-M system. P-M dysgenesis occurs when P elements inherited from P strain males,
mated with M strain females, cause germline cell death [67,68] due to excessive transposition in the
absence of maternal P element piRNAs. In the P-M system, the asymmetry in the P element abundance
between P and M strains can be explained by recent horizontal transfer rather than resurrection [69].
M laboratory strains devoid of P elements were established in the early part of the 20th century.
P element invasion of natural populations via horizontal transfer occurred at a similar time, so natural
populations now carry many P elements [70,71]. In contrast, I-R dysgenesis seems to have arisen from
resurrected I elements. I-R dysgenesis—observed as hatch failure in eggs laid by F1 females—occurs
when I (inducer) strain males, carrying abundant non-LTR I retrotransposons, mate with R (reactive)
strain females that lack active copies [63]. However, in contrast to the P-M system, the genomes of R
strains are littered with degraded I elements that are the fossils of a previous proliferation event [72–75].
In fact, under certain conditions, the degraded I elements can contribute to the piRNA pool and
mediate repression of the newer I elements [76]. Thus, the genome retains a memory of past invasion
and still retains some capacity to restrain new I elements.

Two additional cases of hybrid dysgenesis reveal a similar scenario, indicating that resurrection
may be a common but poorly appreciated part of the life cycle of TEs. In Drosophila melanogaster, a third
case of hybrid dysgenesis is driven by the hobo element. hobo is a DNA transposon that causes hybrid
dysgenesis when males carrying multiple active hobos are mated with females that lack them [64].
Studies indicate that American populations lacked active hobo elements in the 1950s [77]. Strikingly,
the genomes of D. melanogaster as well as close relatives all carry degraded copies of hobo. This suggests
that an active version of the hobo element was present in an ancestor of all D. melanogaster, was lost,
but now has proliferated to the extent that it can cause hybrid dysgenesis. This new hobo variant also
appears among close relatives that include D. simulans [78–81]. Finally, a similar scenario is observed
in the hybrid dysgenesis syndrome of Drosophila virilis. The Penelope element likely contributes to this
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syndrome and it also represents a case of re-invasion. Multiple degraded copies within the genome of
D. virilis and relatives suggest a scenario of proliferation and extinction, followed by re-invasion [82,83].

As phylogenetic analysis shows (Figures 2 and 3), the mode of past and current proliferation
varies across these difference cases. For the hobo element, it appears proliferation occurred millions of
years ago, prior to the divergence of D. melanogaster and the D. simulans clade. This corresponds to the
upper portion of the hobo phylogeny where lineages of D. melanogaster, D. simulans and D. sechellia are
intermingled in a complex manner. This was followed by another proliferation, perhaps only in the
D. simulans/D. sechellia clade. As active and nearly identical copies currently exist in D. melanogaster,
D. simulans and D. sechellia, a recent wave of re-activation appears to have occurred across all three
species, but especially in D. melanogaster. Phylogenetic analysis suggests that the currently active
lineage was derived from a clade of proliferating elements derived solely from D. simulans, as has been
proposed [80]. In contrast to hobo, the previous proliferation of the I element seems more ongoing,
but with one large wave of historical activity in the D. melanogaster genome. However, it also appears
that the closest relative of the I element resides in D. simulans. This supports the possibility that
both currently active variants of hobo and the I element were introduced into D. melanogaster from
D. simulans. While these species do not readily produce fertile hybrids, they can in some cases.
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Figure 2. Phylogenetic analysis of hobo element fragments extracted from the genomes of D. melanogaster,
D. simulans and D. sechellia. Alignments from BLAST output (E cutoff −100) were subjected to
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How does re-invasion occur? What does the time between waves of proliferation tell us about
the likely mechanism of re-invasion? This is a critical question and I consider two possibilities.
One possible explanation is that re-invasion arises through iterated rounds of invasion by horizontal
transfer (Figure 4A). Specifically, a TE lineage residing in a reservoir species (of any kind, not just
a close relative), jumps into the host. After the first round of horizontal transfer, proliferation is
followed by extinction. In turn, a second horizonal transfer event is followed by an additional round
of proliferation. The reservoir source species of the original horizontal transfer event may not be the
same as the second. Under this mechanism, the time between proliferation events may be significant.

Figure 4. Dynamics of transposable element (TE) resurrection. (A) Iterated rounds of horizontal transfer
(either through hybridization or other mechanisms) between sympatric close relatives allows extinction
events to be followed by new rounds of proliferation. (B) Population subdivisions (indicated with
the blue dashed line) allow a TE lineage to decrease in abundance, go extinct from one population,
but become resurrected through contact with an isolated refuge population.

A second possibility is that a TE lineage becomes quiescent, but active copies linger within the
species (Figure 4B). In this case, the TE lineage will have experienced only apparent, but not complete
extinction. How could this occur? One scenario is that host suppression mechanisms first become
sufficient so as to essentially cease transposition. This may occur through the fixation of host suppressor
alleles. For example, a TE copy may land in a piRNA cluster and drive piRNA suppression that is
strong enough to drive an extremely low transposition rate. Subsequently, if no TE insertion alleles
are fixed within the population (due to selection against insertions), then all functional TE copies will
eventually be lost by a combination of drift, selection and degeneration. However, this may take a
very long period of time. During this lingering phase, several outcomes are possible. First, selection to
retain host suppressor alleles (such as piRNA silencing alleles) may become reduced because there
are few TE copies that remain a threat. However, if lingering TE copies take advantage of degraded
suppressor alleles that have become frequent within the population, the TE lineage may return to
an active state and in turn prevent the fixation of degraded host suppressor alleles. Depending on
the timing of these dynamics, this may simply appear to represent a case of continued proliferation.
An alternate outcome may give the illusion of resurrection. In this case, host suppression alleles may
become degraded and these degraded variants may increase in frequency and perhaps even fix. In the
scenario where non-functional host suppressor alleles are neutral, perhaps due to an exceedingly
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low abundance of lingering TE copies, the time until suppressor decay will be similar to the rate of
mutation to the non-functional state. This may be of the order of millions of generations and it may be
unlikely that an active lineage could persist for this time. But if lingering TE copies persist, the loss of a
host suppressor allele may lead to a new round of TE proliferation. This scenario may be more likely if
isolated populations can function as source refugia for new waves of TE proliferation. Depending
on the timing of these dynamics, this may give the appearance of TE resurrection. Even if a host
suppression allele is not lost, TE resurrection may also be apparent if a novel TE variant arises during
the lingering phase. Such a variant may confer resistance to the host suppression allele, thus allowing
a new round of TE proliferation. This would be analogous to evolutionary rescue of the TE lineage.
Finally, true resurrection may be possible if recombination between non-functional copies leads to
restoration of a functional copy.

These two scenarios may explain the appearance of Lazarus elements. In the first case, iterated
rounds of horizontal transfer give the appearance of resurrection. In the latter case, an active lineage
becomes quiescent for a duration, but lingers. After some period of time, it becomes active again.
The key distinction between these two scenarios is the source for the newly proliferating lineage. Is it
“from without” or “from within”? The likelihood of these two explanations depends on a large number
of unknown parameters. It is apparent that horizontal transfer is quite common for transposable
elements and this fact lends support to the “from without” hypothesis. In fact, at least for Drosophila,
it appears that iterated rounds of horizontal transfer among close relatives might play an important
role in the dynamics of re-invasion. For both the hobo and the I element, copies shared among close
relatives are highly similar. Thus, rare hybridization may contribute to continued TE exchange and
enable iterated bouts of re-invasion. Horizontal transfer of TEs among close relatives of D. melanogaster
appears rampant [84]. A similar pattern of ongoing exchange of TEs also appears in close relatives of
D. pseudoobscura that are in sympatry [85]. Overall, the genomes of closely related species in sympatry
may function as an effective higher-level ecosystem for TEs. As modes of TE silencing in one species
decay, horizontal transfer mediated by either hybridization or other mechanisms may allow iterated
rounds of re-introduction. This dynamic is likely to be shaped by the dynamics of decay of host
suppressor alleles. Nonetheless, it is also apparent that systems of host suppression are in rapid
flux, and selection for host suppression in any single species may be quite weak. Thus, host alleles
that suppress TE movement—such as TE insertions into piRNA clusters—may decay after the threat
imposed by a TE family becomes reduced, even if the TE lineage has not yet become completely extinct
within the species. In this case, new proliferation events may arise “from within”. How might we test
between these hypotheses? The key may be to identify the source refugia for resurrected TEs. For the
“from without” hypothesis, these may be other species that live in physical proximity, such as close
relatives that can hybridize. Alternately, shared parasites that enable horizontal transfer may also
function as refugia [86]. However, horizontal transfer can be a very rare event, so proof of source may
be extremely challenging. For the “from within” hypothesis, this may require a closer study of TE
dynamics in large populations that have geographic structure. Theoretical studies may also examine
whether it is plausible for a functional TE lineage to persist at low frequency until a host suppressor
allele is lost, followed by re-invasion. Examples of apparent resurrection, where divergence between
active and degraded copies are in the 5% to 10% range, suggest that the time would perhaps be too long.
However, in the case of the I element where degraded copies may be quite young, the “from within”
hypothesis might be more plausible. Altogether, distinguishing between these two possibilities will
provide insight into the evolutionary strategies that TEs employ to ensure their continued presence
across diverse species.
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Abstract: Transposable elements (TEs) play an important role in shaping genomic organization and
structure, and may cause dramatic changes in phenotypes. Despite the genetic load they may impose
on their host and their importance in microevolutionary processes such as adaptation and speciation,
the number of population genetics studies focused on TEs has been rather limited so far compared
to single nucleotide polymorphisms (SNPs). Here, we review the current knowledge about the
dynamics of transposable elements at recent evolutionary time scales, and discuss the mechanisms
that condition their abundance and frequency. We first discuss non-adaptive mechanisms such
as purifying selection and the variable rates of transposition and elimination, and then focus on
positive and balancing selection, to finally conclude on the potential role of TEs in causing genomic
incompatibilities and eventually speciation. We also suggest possible ways to better model TEs
dynamics in a population genomics context by incorporating recent advances in TEs into the rich
information provided by SNPs about the demography, selection, and intrinsic properties of genomes.

Keywords: transposable elements; population genetics; selection; drift; coevolution

1. Introduction

Transposable elements (TEs) are repetitive DNA sequences that are ubiquitous in the living world
and have the ability to replicate and multiply within genomes. Since their discovery, TEs have proven
to be of paramount importance in the evolution of genomes, shaping their architecture, diversity,
and regulation [1–4]. Given their abundance, the precise quantification of the evolutionary forces and
mechanisms that condition their polymorphism and eventual fixation or loss in natural populations
is needed.

The theoretical and practical tools provided by population genetics have been crucial to better
understand how stochasticity and selection shape TEs dynamics (e.g., [2,5–7]). The first demographic
models specifically designed for the analysis of TE polymorphisms were already developed in the 1980s,
incorporating transposition and excision rates, effective population size, and purifying selection [4].
Despite this early interest, the investigation of TEs’ dynamics in natural populations faded between
1990–2000 [8]. While the precise mechanisms underlying the activity and copy number of TEs have
been the topic of many early studies, relatively little attention has been paid to their microevolutionary
dynamics in the genomic era, when the focus has been on comparative genomics and on analyses
at deeper evolutionary scales. This is mostly explained by the sequencing technologies that have,
until recently, produced rather short sequencing reads, which prevent the accurate identification of
TE insertions. Instead, most population genomics studies have focused on variation regarding single
nucleotide polymorphisms (SNPs). The growing availability of whole-genome resequencing data,
as well as the development of new computational tools, has revived the interest of the evolutionary
genomics community for the analysis of TE polymorphisms [9,10].
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Early reports on the propagation of TEs demonstrated a deleterious effect of their activity.
This work, which was mostly based on the investigation of TE polymorphisms in Drosophila populations,
presented this type of variation as neutral or deleterious [11], and subsequent studies have tried
to explain the allele frequency spectrum of TEs within this framework [5,12]. However, TEs can
dramatically modify phenotypes, for example by triggering epigenetic mechanisms, by modifying gene
expression, or by being a source of ready-to-use functional motifs [13,14]. Thus, TEs can potentially be
recruited in adaptive processes and rise in frequency due to positive selection. It remains unclear how
the abundance and frequency of TEs are controlled by the host, and to what extent they can become
the target of positive selection [9]. In addition, understanding the dynamics of TEs requires jointly
studying the host demography, adaptation, and mechanistic views of genome architecture, regulation,
and coevolution. This will be crucial if we want to quantify the importance of TEs in adaptive processes
and the evolution of species. Here, we summarize the current state of the literature on TEs’ evolution
at microevolutionary scales, but we also propose possible methodologies to jointly study TEs and
traditional markers such as SNPs.

2. Transposable Elements: Classification and Mechanisms of Transposition

“Transposable elements” is an umbrella term that covers a wide diversity of DNA sequences that
have the ability to move from one location of a genome to another location. Besides being mobile,
these sequences don’t have much in common, and they differ considerably in sequence, structure,
length, base composition, and mode of transposition. A number of excellent reviews are available
on TE diversity (among those, we refer the reader to [15–17]), and we provide here a short synthesis
of what is known. TEs are broadly classified into two classes: class I elements (or retrotransposons),
which are mobilized by the reverse-transcription of an RNA intermediate, and class II elements (DNA
transposons), which use a DNA intermediate. Retrotransposons are further divided into long terminal
repeats (LTR) and non-LTR retrotransposons, based on the presence of long terminal repeats (LTR).
LTR retrotransposons, which include the copia and gypsy elements, are mobilized by a process similar
to retroviruses. The RNA is reverse-transcribed in the cytoplasm into a double-strand cDNA, which
is inserted back into the genome by an integrase. Non-LTR retrotransposons, which include the
Long Interspersed Nuclear Elements (LINEs) and Penelope elements, are mobilized by a mechanism
termed target-primed reverse transcription, where the RNA is reverse-transcribed at the site of
insertion [18]. The reverse transcriptase of non-LTR retrotransposons can also act on other transcripts
and is responsible for the amplification of non-autonomous elements (also called Short INterspersed
Elements, or SINEs), which can considerably outnumber their autonomous counterparts [19]. Class II
elements include elements that use a cut-and-paste transposition, such as the hAT and mariner elements,
or elements that have a circular DNA intermediate (Helitrons). Class II elements can also mediate
the transposition of non-autonomous copies, which, similar to SINEs, can amplify to extremely high
copy numbers.

Since TEs are part of the genome of their hosts, they are transmitted vertically from parents
to offspring. However, many elements have the ability to invade genomes horizontally, and the
recent sequencing of a large number of eukaryotic genomes revealed that this process is not as
uncommon as previously thought. Some elements seem to be more prone to horizontal transfer than
others. Non-LTR retrotransposons are transmitted mostly vertically [20–22], but some families, such as
RTE, have been shown to readily transfer across highly divergent taxa, for instance from reptiles to
cows [23,24]. The horizontal transfer of LTR retrotransposons is more frequent and seems particularly
common in plants and insects [25,26]. Similarly, the horizontal transmission of DNA transposons has
been widely documented, and for some unknown reason, some organisms, such as butterflies, bats,
and squamate reptiles, seem much more prone to horizontal transfer than others [27–31]. Another case
of horizontal transfer occurs when the germline is invaded by retroviruses, which can become stable
residents of genomes, keeping the ability to multiply in the genome while lacking infectivity [32,33].
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The abundance and diversity of TEs differ considerably among organisms, and the evolutionary
mechanisms responsible for these differences remain unclear. The number of TE copies is highly
correlated with genome size and can show large variation, even within the same eukaryotic lineage.
For instance, among parasitic unicellular eukaryotes, TEs are absent from the genome of Plasmodium
falciparum [34], while the genome of Trichomonas vaginalis is composed of 40% TEs [35]. In plants,
~85% of the maize genome is composed of TEs [36], whereas this number is only ~10% in Arabidopsis
thaliana [37]. Among vertebrates, the abundance in TEs range from ~6% in the pufferfish to more
than 50% in zebrafish and some mammals [1,38]. The diversity of TEs also differs considerably
among organisms. For instance, the genome of non-mammalian vertebrates (fish, amphibian, reptiles)
typically contains a large diversity of active TEs represented by many families of class I and class II
elements, whereas the genome of placental mammals generally harbors a single type of autonomous
TE: the LINE-1 (L1) element [1,38–40].

3. How Population Dynamics and Intrinsic Properties of Genomes Shape TEs Polymorphisms

3.1. The Role of Purifying Selection and Demography

As for SNPs, the frequency of TE insertions in natural populations is conditioned by the balance
among the drift, selection, and migration between demes (Figure 1A). TEs can disrupt genes and
regulatory sequences, and thus can negatively affect the fitness of their host. For instance, in humans,
several genetic diseases are caused by TE insertions, such as hereditary cancer [41] or haemophilia [42]
(for a more exhaustive review, see [43]). This is also exemplified by the extreme rarity of insertions
within exons (e.g., in Drosophila [44,45] or Brachypodium distachyon [46]), compared to intergenic and
intronic regions. Thus, it is expected that purifying selection (i.e., selection against deleterious alleles)
against TE insertions plays a major role in shaping their frequency in populations. A consequence
of purifying selection is that it prevents or delays the fixation of mutations that reduce fitness in a
population. This leads to shifts in the derived allele frequency spectrum (AFS), with an excess of derived
variants at low frequencies. Many studies have highlighted this effect, using different approaches.
Using a diffusion approximation similar to early models of TE evolution [4], Hazzouri et al. estimated
the selective coefficient (Nes) against an Ac-like transposon to range between −50 and −10 in Arabidopsis
arenosa [47]. In Drosophila melanogaster, the selective coefficient against insertions from the BS family in
an African population was estimated at Nes ≈ −4 [48], and was as low as −100 for some TE families [45].
In humans, this coefficient was estimated at Nes = −1.9 against L1 retrotransposons [49]. Comparisons
of TEs’ frequencies with estimates obtained from coalescent simulations often reveal deviations from
purely neutral expectations. This is observed in green anoles [50,51], mice [50], or Arabidopsis [7,47],
for which TEs display an excess of singletons compared to SNPs, which is consistent with purifying
selection. A common point between those studies is that they take into account the demographic
history of investigated populations to properly estimate the significance of deviation from neutrality,
revealing substantial differences with estimates of Nes obtained assuming stable demography [48].
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Figure 1. Summary of mechanisms impacting the diversity and frequency of transposable elements
(TEs), and their impact on flanking sequences. (A) Demographic changes affect the frequency spectra
of both TEs and single nucleotide polymorphisms (SNPs) in a similar way, assuming neutrality and
a constant rate of transposition. Reductions in effective population sizes should lead to an excess of
alleles at intermediate frequencies, while population expansions may lead to an excess of singletons.
On the other hand, purifying selection on TEs should lead to an excess of singletons compared to SNPs.
Variable rates of transposition may also lead to discrepancies in the spectra between SNPs and TEs.
(B) TEs involved in adaptation may be detected through their changes in frequencies, but also through
the signature left in flanking regions. In the case of positive selection, longer, younger haplotypes
should be found nearby positively selected insertions. The similarity of selected haplotypes may be
very high in the case of a recent hard sweep, where the insertion is immediately selected and rises in
frequency. It may be lower in the case of a so-called soft sweep, where selection either acts after the
insertion has already reached an appreciable frequency in the population, or when two insertions
with a similar effect on fitness appear at the same time. Positive selection should also result in higher
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differentiation at the selected locus compared to populations where selection is not acting. On the
other hand, balancing selection may lead to signatures of partial selective sweep when it is recent.
Since the selected alleles may be maintained through long periods of time, they have more time to
recombine and accumulate new mutations than neutral haplotypes, leading to a narrow signature
of high diversity. Since alleles under balancing selection tend to introgress into new populations,
and have high diversity, low differentiation is expected at these sites. (C) Left panel: Given a constant
recombination rate, positive and linked selection in a given population (here, a population of two)
may increase differentiation and reduce diversity at selected TEs and flanking regions compared to
the rest of the genome. On the other hand, if TEs play a role in incompatibilities after secondary
contact, a signature of both elevated differentiation and diversity may be expected. Right panel:
However, an excess of TEs in regions of reduced polymorphism, higher differentiation, and lower
recombination may be caused by different mechanisms such as purifying selection. This can be due to
a reduced effective rate of transposition in regions of high recombination due to deleterious ectopic
exchanges, and/or because of the larger-scale effect of selection that accelerates lineage sorting and the
differentiation of TEs in regions of low recombination.

The deleterious effect of TEs can have three causes. First, a cost related to where the element inserts
(insertional mutagenesis) can affect the host; the number of disease-causing insertions in humans
and other organisms constitute prime examples of this [41–43,52]. Second, TEs can produce RNAs or
proteins that could be deleterious to the host. For instance, damages induced by the endonuclease
encoded by retrotransposons on DNA [53] or the competition of TEs with hosts’ genes for transcription
factors [54] may lead to a loss in fitness. Third, ectopic recombination between non-allelic copies
can lead to deleterious chromosomal rearrangements. Since the 1980s, the relative importance of
each of these three mechanisms has been a matter of debate [4,55–57]. However, it has been shown
in humans [49], Drosophila [57], mouse [50], and anoles [51] that long elements are found at lower
frequency in populations than short elements. This suggests that purifying selection acts more strongly
against longer copies of elements, and it was shown, in humans, that short elements behave similarly to
neutral alleles [49,58]. This pattern could be explained by selection against intact progenitors—which
are the longest elements, and the only ones that are capable of producing the RNA and proteins
necessary for transposition—or by the ectopic exchange model, since longer elements are more likely
to mediate ectopic recombination than shorter ones [50,57,59]. However, selection seems to act against
long elements that are not full-length and thus not active, which suggests that the ectopic exchange
model plays a preponderant role [50,59]. This model is also supported by the genomic distribution
of elements of different length. Long elements tend to be absent from highly recombining regions of
genomes [44,60] and accumulate in non-recombining regions such as the human Y chromosome [61,62].
The effect of ectopic recombination will depend on the abundance of elements and the frequency of
the insertions. For ectopic recombination to have a substantial effect requires the elements to have
reached a copy number threshold so that large families of TEs are more likely to be deleterious than
smaller ones [45,57,63]. In addition, heterozygous insertions are more likely to be involved in ectopic
recombination because of the lack of an allelic copy on the other chromosome [64]. Thus, elements
at low frequency in populations are more likely to be deleterious, since insertions are more likely
to be present in the heterozygous state. This suggests that selection against TE insertions may be
frequency-dependent, so that the selection coefficient against a specific insertion will decrease when
the insertion increases in frequency. Thus, it is expected that rapidly expanding TE families, which are
characterized by a high copy number and a majority of insertions in the heterozygous state, are more
deleterious than smaller families, where elements are found at high frequency (for instance, after a
strong bottleneck effect). These predictions still need to be tested, and this aspect will need to be
incorporated in future models of TE evolution.

Genetic drift is the stochastic variation of allele frequencies across generations due to the finite
size of natural populations. The effect of genetic drift will depend on the effective size of populations
and their past demographic history. When an effective population size is small, genetic drift can
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cause large changes in allelic frequency, and may even counteract the effect of selection, so that
insertions that would be eliminated by selection in large populations can reach high frequency or
even fixation in small populations. The stochasticity induced by demographic events explains a
significant amount of TEs’ diversity in natural populations, which is consistent with theoretical models
(e.g., [4,65,66]). For example, in Arabidopsis lyrata, smaller populations showed an accumulation of
TEs at higher frequencies, due to stronger stochasticity and a reduced efficiency of purifying selection
in those populations [7,67], and this has been documented across six TE families. In B. distachyon,
the loss of retrotransposons across genetic clusters is partly explained by recent bottlenecks and
demography [46]. In Drosophila subobscura, recent bottlenecks explain the high frequencies of the
bilbo and gypsy elements [68]. A recent study demonstrated that TEs’ diversity could be explained by
variation in effective population sizes in humans and sticklebacks [50,69], while a joint effect of purifying
selection and demography was more obvious in anoles and mice [50,70]. Overall, demography may
play an important role in the likelihood for TEs to reach fixation and increase genome size, which is in
accordance with the hypothesis that genome size may be directly related to demographic history [71].

3.2. Non-Equilibrium between Transposition and Loss

Another important parameter when characterizing TE dynamics is the interplay between the
rate of insertion and the rate at which copies are lost from the population. For the sake of simplicity,
early models of population genetics applied to TEs have often assumed that these parameters were in
equilibrium [66]. However, the frequency of TEs is likely impacted by shifts in this balance. Sudden
bursts of transposition can occur, generating a large cohort of insertions with roughly the same age.
Such bursts are well-documented in Drosophila [72], rice [73], piciformes [74], fish [75], or mammals [28].
On the other hand, hosts defense mechanisms may be triggered by a high level of transposition.
This may lead to waves of extinction, with fast drops in the number of functional TE copies in
genomes, and ultimately to the complete cessation of transposition. This alteration between periods
of proliferation and elimination has sometimes been described as a life cycle [76,77], which results
in genealogies between insertions that are quite different from classical turnover expectations [76].
Some stages of this life cycle may be particularly sensitive to high genetic drift, as the stochastic loss of
functional copies may lead to the premature loss of transposition compared to large populations [65].
From a population genomics perspective, this non-equilibrium dynamic has a direct impact on the
average age of TE insertions in a given population. This affects not only the copy number, but also the
frequency spectrum of these insertions. Ultimately, this can generate complications when interpreting
discrepancies between the allele frequency spectra obtained from SNPs and TEs, since they may
then be explained by a combination of selection and unbalanced ratios between transposition and
elimination rates (Figure 1A). For example, an excess of rare insertions may be due to a recent burst of
transposition, leading to an excess of low-frequency TEs insertions [78]. Such a signature would be
mistakenly attributed to purifying selection in equilibrium models [7,12].

Non-equilibrium explanations for the excess of rare insertions are considered unlikely [5,45] by
some authors. Nevertheless, the direct application on TEs of classical population genetics assumptions
that rely on constant mutation rates may not be realistic. For example, in Drosophila, the frequency
spectra of TEs from different families is directly related to each family’s age and their time since
inactivation [44]. This may be particularly important for models where little is known about the
dynamics of the TEs. To take this issue into account, a test that quantify purifying selection on TEs has
been developed [12] that is conditional on the age of elements. However, this age is often overestimated
for TE sequences, because of non-equilibrium demography and mutations introduced by transposition
errors [12]. Recent advances in modeling may facilitate the deployment of methods that jointly estimate
selection and transposition [79].
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3.3. Transposition and Variable Rates of Recombination

A consequence of selection limiting the proliferation of TEs in genomes is that TEs should be more
frequently found in regions of the genome where natural selection and elimination mechanisms are
weaker or less efficient. This requires a better quantification of the relationship between the number
and the type of TE insertions and genomic features such as recombination, which is often found to be
negatively associated with TE content [60,80]. Regions of low recombination tend to be associated
with a lower gene content, which reduces the likelihood for an insertion to be strongly deleterious.
Selection is more likely to remove TE insertions in regions of high recombination, since more frequent
ectopic recombination should increase the likelihood of deleterious chromosomal rearrangements [56].
In addition, TE silencing is often associated with epigenetic modifications that are negatively associated
with recombination [81,82]. Another mechanism is Hill–Robertson interference. Competition between
haplotypes harboring different deleterious TE insertions may reduce the efficiency of selection, similar
to a reduction of local effective population sizes that enhance the impact of genetic drift in regions
of low recombination [83,84]. Ultimately, this may lead to the fixation of TEs through the process
of Muller’s ratchet, where low recombination prevents the persistence of a haplotype without any
insertion, increasing mutational load [56]. However, this latter effect is more likely for TEs in regions
of extremely low recombination [56]. The position of recombination hotspots varies across species [85],
which can be an alternative explanation to divergent selection when interpreting variation in TE
frequencies between species and populations.

Recent studies of recombination landscapes have improved our understanding of TEs dynamics.
The expected negative correlation between TEs and recombination rates has been observed for LINEs
in humans [59,62], mice, and rats [86]. In Drosophila, there is evidence that both reduced gene content
in regions of low recombination and ectopic recombination shape the frequency of TEs along the
genome [87,88]. However, the insertion process itself varies between different TE families, and may be
responsible for variation in abundance and frequency along chromosomes. Indeed, a more detailed
examination of the correlation between TEs and recombination shows a heterogeneous pattern,
with some TE families [89] and endoviruses [90] found more frequently near recombination hotspots.
The same pattern is observed near recombination hotspots in Ficedula, which is possibly due to the
shared preference of recombination and transposition machineries for open chromatin [85]. A preference
for high-recombining regions has also been shown for DNA transposons (but not non-LTR elements)
in Caenorhabditis elegans [91]. This may be due to the cut-and-paste mechanism of transposition
that takes advantage of the double-stranded breaks that initiate recombination events. Another
possible explanation lies in the negative correlation between the age of TEs and the recombination
rate, suggesting that a long-term effect of recombination is needed to remove TEs from genomes.
Overall, this suggests that previous demonstrations of a negative correlation between TE content and
recombination rate need to take into account the properties and histories that are specific to each TE
family [60,91].

Until recently, most theoretical works on TE dynamics have considered constant recombination
rates [56]. The emergence of new simulation tools that can simultaneously incorporate the intrinsic
properties of the genome and the evolutionary history of populations may be valuable to disentangle
the effects of demography, selection, recombination, and the transposition process of TEs (Figure 2).
A promising method is SLIM3 [79], which is able to simulate TEs as well as flank genomic fragments
under any arbitrary complex demographic scenario, and can also incorporate variations in transposition
rates due to thresholds in abundance or any other feature deemed useful by the user. Then, contrast
between simulations and observed data may be performed to quantify the dynamics of TEs, for example
through approximate Bayesian computation (ABC) [92] approaches (see [50] for an example).
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Figure 2. A possible analytical pipeline for population genomics of TEs, highlighting some promising
methods. Genetics and genomics may provide information about the intrinsic properties of genomes
(e.g., recombination maps) and extrinsic processes such as demographic changes and selection.
This information may then be used to build neutral expectations about both TEs and SNPs. Contrasting
the observed statistics for TEs (e.g., frequencies, length, properties of flanking regions) with simulations
may facilitate the quantification of the mechanisms that act on their diversity.

3.4. Coevolutionary Dynamics

Coevolution between TEs and their hosts is a crucial aspect that shapes TE diversity and
impacts the likelihood for insertions to reach high frequencies. Understanding the distribution of TE
polymorphisms across genomes and populations requires a better quantification of the mechanisms
behind TEs silencing [93]. Refining the timescale of coevolution between TEs and control mechanisms
would provide important insights about constraints on the transposition rate. Such knowledge would
improve our models of transposition for specific TE families.

Hosts use many mechanisms to control the proliferation of TEs within their genomes (see [94]
for an exhaustive review in humans). An important example is the APOBEC enzymes. APOBEC3
proteins inhibit endoviruses by editing dC residues to dU during reverse transcription. This increases
the rate of G to A mutation, and ultimately results in the inhibition of transposition. They are also
inhibitors of reverse transcription, making them efficient against LINEs and other retrotransposons [95].
Variation in the sequence and structure of APOBEC genes seems to be directly related to their efficiency
in controlling TEs [96,97]. There is already evidence that APOBEC proteins act in specific ways on
TEs from different families across vertebrates [97]. In vertebrates, epigenetic modifications such as
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methylation [98] and histone modifications [99] may be responsible for controlling TEs by limiting their
expression. In rice, mutants at a chromomethylase, OsCMT3a, cannot methylate TEs, and display a
burst of transposition [100]. Finally, another control mechanism lies in small RNA pathways, by which
TEs RNA is recognized and eliminated. In fruit flies, two main mechanisms regulate TE activity:
siRNA/Dicer [101] and piRNA [102,103]. Therefore, further refinements of models of TEs’ evolution
would benefit from the knowledge of the spatial repartition of methylated regions and other control
mechanisms that are specific to the host. A promising approach lies in simulations and model-fitting
incorporating demography, selection, and control mechanisms to test expectations about TE dynamics.
For example, a recent simulation study showed that large, non-recombining clusters of piRNAs are
more efficient at trapping TEs and preventing invasions [104]. Transposition rates and population
sizes mostly influenced the length during which TEs were active, but not the final amount of TE
insertions [104]. Combining experimental evolution with modeling may provide better resolution on
the coevolutionary process; an example is provided in [105]. In this work, the authors investigated
how synergies between RNAi and methylation pathways effectively controlled TE proliferation, using
a set of ordinary differential equations describing transposition, elimination, methylation, and RNA
interference. By reanalyzing the expression and transposition of the Evade element in two A. thaliana
inbred lines, they could show that small amounts of RNAi were enough to initiate methylation
and silencing. According to the model, the retention of methylated TEs prevented reamplification
more efficiently than elimination. Although these models may benefit from further refinements by
incorporating unstable demography or linked selection to be broadly applicable, they already provide
a solid conceptual and methodological basis.

Importantly, this dynamic implies that there is a coevolution between the different components of
the genome, which may have an impact on the diversity of hosts’ defense genes. Scanning the genome
for loci that display correlation between their diversity and the number of TE families found in the host
may be a way to identify which genes in a pathway are of primary functional importance. There are
signatures of fast adaptive evolution at genes that are involved in RNA interference in Drosophila [106],
with recent selective sweeps encompassing genes from the piRNA pathway [107]. Another compelling
example of coevolution is found in primates, where two zinc-finger genes, ZNF91 and ZNF93, evolved
rapidly to prevent the expansion of SINE and LINE elements [108]. Besides the need for a more
comprehensive understanding of the pathways involved in TEs regulation, there is a need for further
investigation in a population genetics context. For example, are demographic fluctuations such as
bottlenecks responsible for a relaxation of selective pressures at defense genes that may explain bursts
of transposition? Is there a link between diversity at defense genes associated with speciation and
environmental adaptation?

4. Transposable Elements as a Source of Adaptation

4.1. Evidence for Positive Selection on TEs and SNPs

Identifying TEs that are under positive selection and therefore rise to high frequency in populations
is an exciting alley for research in population genomics. However, detecting positive selection is a
challenging task even for traditional markers such as SNPs [109]. TEs idiosyncrasies must also be
taken into account, since bursts of transposition or insertion bias due to recombination also shape
their diversity. Many TEs have been domesticated by hosts genomes over long evolutionary time
scales, leading to the emergence of novel cellular functions through the recruitment of TE-derived
coding sections or cis-regulatory domains [110]. For example, the RAG genes that are involved in the
recombination process of antibodies in jawed vertebrates [111,112] originated from a domesticated
Transib element [113]. Whole TE families may be domesticated by a host. For example, in Drosophila,
three non-LTR retrotransposons (TART, TARHE, and HeT-A) preferentially transpose in telomeres and
prevent their shortening [114], although their domestication is likely incomplete [115]. TEs are also
important for the stability of centromeres during replication [116], and might be involved in speciation.
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For example in rice, recent insertions of both class I and class II transposons are responsible for the
accelerated differentiation of centromeres between three cultivated species and subspecies [117].

Bursts of transposition are known to occur in organisms put under stressful conditions [118], which
may be subsequently recruited by the host for rapid adaptation [2,119]. For example, the increased
transposition of BARE-1 may be adaptive and is associated with higher elevation and dryness in
natural populations of the wild barley [120]. A burst of transposition is associated with the adaptive
radiation of Anolis lizards. This has led to an increase in TE insertions within the HOX genes clusters
compared to other vertebrates, which may be linked to the outstanding morphological diversity in
these lizards [121]. In maize, the expansion of Helitrons might have been associated with positive
selection over 4% of these elements [122]. Some Helitrons subfamilies can capture gene fragments.
The survival rate of these elements was correlated with the length of genetic inserts, which might
enhance their adaptive potential.

TEs can provide a selective advantage and quickly modify phenotypes, for example by triggering
epigenetic mechanisms and enhancing gene expression due to the insertion of a TE promotor [13,123].
A recent example includes the genetic determinism of the industrial melanism trait in peppered moth,
which is associated with a TE insertion in the cortex gene [124]. In Drosophila, there is evidence that TEs
may be recruited in adaptation to temperate environment, pesticides [125,126], development [127],
or oxidative stress [128,129]. The same insertion may have both positive and negative effects on
fitness [127,130], which may prevent fixation due to the associated cost of selection. In humans, analyses
based on TE frequencies in 15 populations sampled across Europe, Asia, and Africa highlighted
candidate TEs for adaptation that might be responsible for change in gene expression [131]. However,
we note that unlike recent studies in Drosophila [129], this study focused primarily on TE frequencies,
and did not examine signatures of selection in flanking regions, and used a relatively simplistic model
of human demography. Importantly, similar to traditional markers such as SNPs, the effects of past
demography may mimic expected signatures of selection. For example, in D. melanogaster, latitudinal
variation in North America and Australia was partly explained by past admixture between African
and European populations [6]. Overall, the way that TEs are recruited by the host—either through the
recycling of TE-derived coding regions (e.g., RAG genes), because of the repeats themselves (e.g., TART)
or because of regulatory effects (cortex in peppermoth, [132]—the candidate genes in humans [131])
still need to be quantified.

4.2. Quantifying Positive Selection on TEs

A promising approach consists in the joint analysis of TEs and SNPs to detect candidate insertions
for positive selection (Figure 1B,C and Figure 2). SNPs can be used to build neutral demographic
models and allele frequency spectra that are expected under neutrality [7,51]. Variation in allele
frequencies across populations can be used to detect insertions displaying high differentiation driven
by positive selection [10,133]. A common bias in these approaches is that background selection can also
lead to unusual allele frequency spectra and patterns of differentiation due to stronger drift in regions
of low recombination. A possible way to overcome this issue and identify loci that are truly under
positive selection consists of performing genome-wide association with environmental or phenotypic
features [109]. Other approaches based on linkage disequilibrium (LD) can help identify insertions
that are associated with long haplotypes, and are therefore more likely to be under recent positive
selection. The distribution of haplotypes’ length may provide useful information to estimate the age of
an insertion (see for example [124]). A number of tests, including iHS, XP-EHH, and H2/H1 statistics
or nSL [134–137], can be used on datasets combining TE insertions and SNPs.

Other approaches that directly link environmental and phenotypic variation to SNPs may be
applied to TEs as well. Methods that track association between allele frequencies and environmental
features across populations are increasingly powerful (e.g., BAYPASS [138]). Classical genome-wide
association analyses (GWAS) at the scale of individual phenotypes are also a good way to better
link TEs variation with relevant ecological mechanisms that may shape diversity. Other potentially
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fruitful approaches have been developed that facilitate the joint inference of demography and selection
and make a better use of whole-genome information. Those include ancestral recombination graphs
(ARGs) inference [139], approximate Bayesian computation (ABC) [92], and machine learning [140].
ARGs inference reconstructs coalescent and recombination landscapes along genomic fragments,
and is useful to quantitatively estimate the time since selection and completeness of selective sweeps.
However, this inference is computationally intensive and unpractical for very large datasets [139].
ABC and machine learning are faster approaches that use summary statistics computed across genomic
windows to classify them as selected or not. These approaches allow combining multiple tests for
selection such as the ones described above. Then, expectations for these statistics can be obtained
by simulations under the hypothesis of selection or neutrality, and algorithms can be trained to
classify windows as more or less likely to contain selected sites [141,142]. This type of approach has
the advantage of directly including the confounding effects of demography in its implementation,
and provides an estimate of false positive and false negative rates.

A general question in the study of adaptation at the genomic level lies in identifying the origin of
beneficial alleles. Selected alleles can have independent mutational origins and rise independently
in the frequency in each population, as they provide a selective advantage. Selected alleles might
originate from novel alleles that quickly reach high frequency due to their benefit (hard sweep) or
from pre-existing standing variation (so-called soft sweeps [143]). At last, an allele initially selected
in one population can spread through migration to other populations where it provides a selective
advantage. These questions are especially interesting for TEs. For example, biases in transposition due
to recombination and coevolution with the host may facilitate the repeated emergence of advantageous
mutations in the same genomic regions, ultimately promoting convergent evolution. Methods similar
to diploS/HIC [144] may be used to disentangle scenarios of neutrality, selection on de novo mutations
(hard sweep), or on standing variation (soft sweep). Another recently developed maximum-likelihood
approach, dmc [145], aims at distinguishing between different modes of convergent adaptation
at candidate sites for selection, and may be useful to use on candidate TEs for adaptation and
flanking SNPs.

4.3. Studying Balancing Selection on TEs

Evidence for balancing selection, a type of selection that maintains variation, is still elusive
in natural populations, even for SNPs (but see [146] for a discussion of its importance). This type
of selection is notoriously difficult to detect due to its very localized effects, especially on long
evolutionary time scales. Several recent methods have been specifically developed to detect this type
of selection [139,147,148], and may be used on TEs or linked SNPs and haplotypes (Figure 1B). The role
of TE insertions in facilitating balancing selection is worth investigating, although neglected [149].
A recent example in a locust is a Lm1 insertion in the heat-shock protein Hsp90, which is found only in
the heterozygote state and seems to display latitudinal variation [150]. This insertion is associated
with the faster development of embryos, and may control the number of broods that hatch in a year.
Instead of directly providing a selective advantage, TEs might facilitate the maintenance of diversity at
loci where their expression at the homozygote state would be detrimental, for example at genes of the
Major Histocompatibility Complex [151].

4.4. Limitations and Future Improvements

A word of caution is needed, since all those approaches are more likely to identify whole genomic
regions than specific TE insertions under selection. Therefore, functional validation remains an essential
step to identify TE insertions that have a positive impact on fitness [9]. Moreover, several types of
selection remain difficult to detect and quantify, such as multi-locus weak selection or balancing
selection [109]. However, it is now possible to address such issues, as recent advances in sequencing
will allow for the inclusion of large number of individuals in a dataset, and will thus facilitate the
narrowing of candidate regions for selection. Low-depth sequencing becomes an interesting way to
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obtain genotypic information for many individuals [152], and may be associated with the systematic
search for transposable elements using state-of-the-art methods such as MELT, which have been shown
to perform well when detecting polymorphic variants, even at relatively low sequencing depths [153].
However, other methods are being developed (Table 1), and may be more suited to a specific design,
such as pooled whole-genome resequencing. This may be coupled with recent improvements in GWAS
such as mixed linear models that have enhanced power to detect the loci associated with relevant
phenotypes and polygenic selection [154] using large sample sizes.

Table 1. Summary of tools commonly used for transposable elements (TE) detection and analysis.
Methods that have been compared on human datasets in [155] are highlighted in bold.

Name of the Method Purpose Link Reference

Popoolation_TE2 TE detection in pooled designs https://sourceforge.net/p/popoolation-te2/wiki/Home/ [156]

T-LEX2 Detection of polymorphic TEs
from short reads http://petrov.stanford.edu/cgi-bin/Tlex.html [157]

STEAK Detection of polymorphic TEs
from short reads https://github.com/applevir/STEAK [158]

TIDAL Detection of polymorphic TEs
from short reads

http://www.bio.brandeis.edu/laulab/Tidal_Fly/Tidal_Fly_
Home.html [159]

MELT Detection of polymorphic TEs
from short reads http://melt.igs.umaryland.edu/ [153]

LoRTE Detection of polymorphic TEs
from PacBio sequencing http://www.egce.cnrs-gif.fr/?p=6422 [160]

ITIS Detection of polymorphic TEs
from short reads https://github.com/Chuan-Jiang/ITIS [161]

TEMP Detection of polymorphic TEs
from short reads https://github.com/JialiUMassWengLab/TEMP [162]

Mobster Detection of polymorphic TEs
from short reads http://sourceforge.net/projects/mobster/ [163]

Tangram Detection of polymorphic TEs
from short reads https://github.com/jiantao/Tangram [164]

RetroSeq Detection of polymorphic TEs
from short reads https://github.com/tk2/RetroSeq [165]

RelocaTE2 Detection of polymorphic TEs
from short reads https://github.com/JinfengChen/RelocaTE2 [166]

McClintock Combination of several
methods into a single pipeline https://github.com/bergmanlab/mcclintock [167]

Invade

Population genomics
modeling (forward-in-time)
incorporating coevolution

with piRNA clusters

https://sourceforge.net/p/te-tools/code/HEAD/tree/sim3p/ [104]

SLIM3 Population genomics
modeling (forward-in-time) https://messerlab.org/slim/ [79]

5. The Role of Selfish Elements in Genomic Conflicts: Impact in Natural Populations

During speciation, populations may diverge and accumulate private combinations of alleles at
multiple loci. The disruption of these allele combinations in hybrids may result in lower fitness, which
is a process known as Bateson–Dobzhansky–Muller incompatibilities, and prevents the homogenization
of gene pools [168,169]. These incompatibilities can emerge when conflicts between selfish elements
and the host lead to different coevolutionary mechanisms in isolated populations [170–173]. Secondary
contact between these diverged genomes results in a disruption of the control mechanisms and
ultimately the low fitness of hybrids, therefore maintaining differentiated species. TEs may play
important roles in these processes (see [174] for a more exhaustive review). A classic example of
the hybrid dysgenesis induced by TEs is provided in D. melanogaster. In this species, the P-element
(a DNA transposon) that expanded recently was probably introduced through horizontal transfer
from D. willistoni [175,176]. Crosses between females where the P-elements are absent (M females)
and P males carrying the element produce progeny exhibiting high mutation rates, chromosomal
rearrangements and sterility [177]. This is caused by the deposition of piRNAs in the egg by the
females that cannot recognize the P elements provided by the male genome, causing massive expansion.
This recent invasion of the P element in D. melanogaster, but also in D. simulans [178–180], highlights
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the fast dynamic of coevolutionary mechanisms dealing with genomic conflicts and how they can lead
to speciation.

Repeated elements are associated with DNA-binding proteins that shape the chromosome
organization. There is evidence for the rapid reorganization of these repeats between closely related
species (e.g., in rice, [117]) that shape heterochromatin repartition and ultimately disturb the meiotic
process in hybrids. Since TEs are associated with major structural changes and variation in repeat
content, they may play an important role in meiotic drive, where driver elements rise in frequency
by distorting meiosis [173]. Their abundance and high turnover on sex chromosomes (among other
repeats) also suggests that TEs may play an important role in the process of speciation and Haldane’s
rule, which states that in hybrids between incipient species, the sex that is most likely to display
reduced fitness is the heterogametic one [181]. Moreover, TEs can be responsible for gross chromosome
rearrangements due to unequal recombination between TE copies [55], which may explain the fast
divergence in karyotypes and ultimately speciation (see [182] for a review). TEs may also play a role
in dosage compensation between males and females, as demonstrated for a domesticated Helitron
element in Drosophila miranda [183]. In this species, a succession of neo-X chromosomes appeared in
the last million years. Gene expression is upregulated by twofold in males by the male specific lethal
(MSL) complex that targets an ~21-bp specific sequence harbored by the domesticated element [184].
Domestication of the Helitron element occurred each time a new sex chromosome emerged, with a
specific motif invading the chromosome and recruiting adjacent genes in dosage compensation.

How can population genomics contribute to the study of TEs involved in incompatibilities and
speciation? First, it remains clear that functional assessments and crosses in controlled conditions may
be critical to provide definite proof of the role of TEs in maintaining barriers between species [174].
However, cline theory [185] and the information provided by SNPs can be useful to assess which
specific elements may be involved in the speciation process. For example, genomes may be scanned
for an excess of private TE insertions in regions of low recombination that resist the gene flow between
two species. Since Haldane’s rule predicts that sex chromosomes should be quicker to accumulate
incompatibility loci, contrasting the TE content between sex chromosomes and autosomes may also
provide evidence for TE-driven incompatibilities. The analysis of SNP and haplotype diversity in
regions flanking TEs may also facilitate the interpretation, for example by estimating the age of
haplotypes that contain insertions and whether they display evidence of resisting introgression.

Coevolution between TEs and recombination may be important in maintaining divergence between
populations (Figure 1C). TEs may drive variation in recombination rates by inducing changes in
chromatin conformation; they may also facilitate the suppression of recombination between diverging
lineages through their accumulation in low-recombining regions (see [80] for a discussion). This is
why when examining the dynamic of TEs after secondary contact, a careful examination of changes
in recombination rates along chromosomes and a comparison of correlation between active and
inactive families would be recommended [80]. On a related note, variation at genes that shape the
recombination landscape may be relevant to assess in association with TEs dynamics. For example,
in mammals, PRDM9 is involved in the fast-evolving positioning of recombination hotspots [186],
but it is also involved in hybrid sterility and speciation [173]. Variation at this gene between incipient
species may lead to divergent constraints on transposable elements diversity along genomes, which in
turn could facilitate the spread of regions of reduced recombination resisting gene flow.

At last, elements involved in incompatibility may display gradients of association with the
environment due to coupling [187], where clines of incompatible alleles drift to match tension zones
corresponding to environmental discontinuity. Special care should be taken to identify possible cryptic
hybrid zones that can trap incompatible alleles along environmental clines when looking for TEs
involved in adaptation to the environment [169,187].

31



Genes 2019, 10, 419

6. Future Directions

Recent methodological progresses should prove useful to obtain a better understanding of the
dynamics of TEs in natural populations. It is increasingly acknowledged that local variations in
mutation and recombination rate, demography, selective sweeps, and linked and background selection
have to be integrated into analyses of genetic variation (e.g., [188,189]). All these factors are also
likely to explain local variation in TEs density, forcing us to adopt a more integrative approach
when studying TEs’ dynamics. Comparisons of simulations-based models are flexible and powerful,
and have become increasingly popular in population genomics [92,140]. The challenge with TEs lies
in properly simulating the process by which they insert and are removed from genomes, as well
as demography and selection. This requires a good preliminary knowledge of the idiosyncrasies
of the species and the TEs under investigation. As new methods keep being developed to jointly
estimate the effects of demography and selection on genomes, the field of TEs population genomics
will move toward more model-based approaches. This will provide quantitative estimates of the forces
underlying TEs dynamics.

Another crucial aspect that is still missing for most sequenced species is a high-quality genome
assembly. Poor assemblies often omit highly repetitive regions where TEs are more likely to lie. Without
proper assembly and annotation, it becomes impossible to perform a near-exhaustive assessment of TE
insertions and identification of polymorphisms [9]. This is especially important when investigating
the role of repetitive regions in the emergence of incompatibilities. Besides, since the most powerful
methods to detect selection use the spatial distribution of allele frequencies and LD, they cannot be
used efficiently on highly fragmented genomes. This creates biases; for example, in the Tasmanian
devil, poor assembly led to incorrectly assume the inactivation of LINE-1 elements [190]. However,
the advent of third-generation sequencing techniques should circumvent this issue and expand the
study of TEs to a broader diversity of organisms.

Only a few models are available to study the population genomics of TEs, and drosophilids are
clearly over-represented in the field of TE population genetics. This creates a challenge regarding
drawing general conclusions about TE dynamics, as well as the relative importance of selection and
drift in shaping genomic diversity. The large effective population size of the Drosophila species has been
hypothesized to facilitate a widespread effect of selection across the genome [189,191], making both
demographic inference and the detection of outliers difficult. Besides those on humans, Drosophila,
and some crops (rice, Arabidopsis, maize), studies remain scarce, with a few studies highlighting
the effects of both drift and purifying selection on TE’s diversity in green anoles [51] and birds [192].
As whole-genome assembly and resequencing becomes more affordable, there is hope that more
general conclusions about the microevolutionary dynamics of TEs may be drawn.
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Abstract: Avian genomes have perplexed researchers by being conservative in both size and
rearrangements, while simultaneously holding the blueprints for a massive species radiation during the
last 65 million years (My). Transposable elements (TEs) in bird genomes are relatively scarce but have
been implicated as important hotspots for chromosomal inversions. In zebra finch (Taeniopygia guttata),
long terminal repeat (LTR) retrotransposons have proliferated and are positively associated with
chromosomal breakpoint regions. Here, we present the genome, karyotype and transposons of
blue-capped cordon-bleu (Uraeginthus cyanocephalus), an African songbird that diverged from zebra
finch at the root of estrildid finches 10 million years ago (Mya). This constitutes the third linked-read
sequenced genome assembly and fourth in-depth curated TE library of any bird. Exploration of TE
diversity on this brief evolutionary timescale constitutes a considerable increase in resolution for
avian TE biology and allowed us to uncover 4.5 Mb more LTR retrotransposons in the zebra finch
genome. In blue-capped cordon-bleu, we likewise observed a recent LTR accumulation indicating that
this is a shared feature of Estrildidae. Curiously, we discovered 25 new endogenous retrovirus-like
LTR retrotransposon families of which at least 21 are present in zebra finch but were previously
undiscovered. This highlights the importance of studying close relatives of model organisms.

Keywords: transposable elements; transposons; LTR retrotransposons; ERV; genome; genome
annotation; karyotype; estrildidae; zebra finch; Uraeginthus cyanocephalus

1. Introduction

Birds are remarkable among vertebrates by having small genomes, a low variation (0.91–2.16 pg,
2.4-fold) in genome size and a low density of repetitive elements [1–3]. Small genome sizes of birds
are typically explained as an adaption for flight, through association with high metabolic rate which
in turn selects for small red blood cells capable of greater gas exchange per unit volume [4–6]. This
view is consistent with the observation of smaller genomes in flighted versus flightless birds and
more streamlined genomes of bats compared to other eutherians [4,7,8]. However, measurements of
insertion and deletion rates suggest that birds with more transposable element (TE) accumulation also
have more deletions, resulting in a higher net shrinking and therefore smaller genomes [3]. Larger
genome sizes of flightless birds result from low deletion rates and accumulation of TEs, meaning that
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they have less genomic turnover overall [3]. This might indicate that genome size differences among
extant birds do not necessarily reflect adaptation for flight, but instead lineage-specific differences in
genome dynamism [3].

Birds are the most species-rich group of land vertebrates as a result of a massive radiation
following the demise of other dinosaur fauna at the Cretaceous–Paleogene extinction event 65 Mya [9].
The putative association between TE accumulation and speciation that has been shown in, e.g.,
mammals [10] is an interesting prospect for avian TE biology. Transposons have for example been
implicated as hotspots for chromosomal breakpoint regions [11–13], conceivably associating transposon
accumulation with chromosomal inversions. Through recombination suppression, inversions may
act as islands of genomic differentiation (e.g., [14]). Research has shown that the genome of the
important model organism zebra finch has undergone many inversions on a short evolutionary
timescale [15,16]. Zebra finch also has a recent accumulation of endogenous retrovirus (ERV)-like long
terminal repeat (LTR) retrotransposons [17], which proliferate through a copy and paste mechanism [18].
Romanov et al. [16] found a positive correlation between LTR retrotransposons and genomic regions
especially prone to chromosomal rearrangements, so-called evolutionary breakpoint regions. Moreover,
intra-chromosomal rearrangements such as inversions are more frequent in the zebra finch’s family
Estrildidae, than in other bird lineages [15].

To understand the dynamics of LTR proliferation in Estrildidae, we de-novo sequenced and
karyotyped the genome of blue-capped cordon-bleu (Uraeginthus cyanocephalus) and performed an
in-depth computational prediction and manual curation of TEs. Blue-capped cordon-bleu is an East
African estrildid finch and famous for its rapid tap dancing display [19,20]. It belongs to a lineage that
split from the Austro-Pacific zebra finch at the root of Estrildidae 10 Mya [15]. In-depth annotations of
TEs consisting of both computational prediction and manual curation have so far only been presented
for zebra finch, chicken (Gallus gallus) and collared flycatcher (Ficedula albicollis) [17,21,22]. Each
genome curated has revealed a great diversity of new transposon families and subfamilies. Through
rigorous manual curation, we discovered 25 new ERV-like retrotransposon families of which 21 are
shared with zebra finch. Using repeats from collared flycatcher and blue-capped cordon-bleu, we
find an additional 4.5 Mb of LTR elements (i.e., >10% increase in annotated bp) in the zebra finch
genome assembly taeGut2, compared with using only previously curated bird repeats from Repbase.
Furthermore, we show that blue-capped cordon-bleu has experienced a recent accumulation of LTR
retrotransposons, which indicates that this is a shared feature of estrildid finches and likely important
in shaping their genomic landscape.

2. Materials and Methods

2.1. Sequencing, Genome Assembly and Karyotyping

We sequenced the genome from heart and testis tissues of a male blue-capped cordon-bleu
(U. cy.) bred at Max Planck Institute for Ornithology (Germany), Seewiesen animal facility, using
the 10X Genomics Chromium linked-read system [23,24] and sequencing of 150-bp paired-end reads
on an Illumina HiSeq X instrument, both conducted by SciLifeLab Stockholm (Sweden). Animal
handling was carried out in accordance with the European Communities Council Directive 2010/63
EU and the legislation of the state of Upper Bavaria. We used a genome assembly from testis tissue
for RepeatModeler prediction (see below), but decided to use an assembly from heart tissue for all
analyses, to be more comparable with the somatic repeatomes of zebra finch, collared flycatcher and
chicken, due to the recent hypothesis of a germline restricted chromosome being widespread among
songbirds [25–27]. Hereafter, “the genome of blue-capped cordon-bleu” refers to the heart assembly.
We generated “pseudohaploid” draft genome assemblies using Supernova 2.0 [23,24]. The Chromium
system employs a unique barcoding of reads from the same input DNA molecule which potentially
allows for the assembly of longer contigs and scaffolds than conventional short-read technologies [24].
We assessed the assembly quality using the assemblathon_stats.pl script [28] and investigated the gene
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set completeness using the aves_odb9 library in BUSCO2 [29] (Table 1). Karyotyping was performed on
fibroblast cells from the embryos of both male and female blue-capped cordon-bleu using established
protocols [30,31] with modifications described previously in Santos et al. [32] and Furo et al. [33]
(Figure 1).

2.2. Computational and Manual Curation of Transposable Elements

Repetitive element consensus sequences were predicted de novo using RepeatModeler
ver. 1.0.8 [34]. The predicted library of consensus sequences was masked with RepeatMasker
ver. 4.0.7 using the Aves Repbase library [35]. Consensus sequences more than 5% diverged from
previously annotated zebra finch repeat consensuses [17] were selected for manual curation. Using a
custom script [22], the 20 best BLASTn ver. 2.6.0+ [36] hits of each consensus sequence along with
2-kb flanks were aligned using MAFFT ver. 7.310 [37]. For each repeat predicted by RepeatModeler,
a new majority rule consensus sequence was made based on the aligned hits, either manually with an
alignment viewer (Aliview [38] or BioEdit [39]) or using Advanced Consensus Maker [40]. At each
site, the most abundant base was used as consensus, except for potential hypermutable CpG sites,
which were curated as 5′-CG-3′. Target site duplication (TSD) patterns and the long terminal repeat
(LTR) canonical 5′-TG . . . CA-3′ ends were used to identify and classify LTR retrotransposons into
three groups [41]: endogenous retrovirus superfamily 1 (ERV1, 4 bp TSD), endogenous retrovirus
superfamily K/2 (ERV2, 6 bp TSD) and endogenous retrovirus superfamily L/3 (ERV3, 5 bp TSD). The
characteristic eight base pair motif [42], 5′-ATTCTRTG-3′, was used to identify the 3′ ends of CR1
LINEs. CR1 curation proceeded in 5′ direction as long as at least three BLASTn hits with high similarity
were distinguishable in the alignment.

Manually curated consensus sequences were queried against Repbase using CENSOR [43]. To date,
a majority of avian repeats in Repbase are from chicken and zebra finch. SINE and LTR retrotransposons
with considerable nucleotide similarity (>80%) across a majority of their lengths (>80%; for at least
80 bp) to a repeat in Repbase or to each other (checked manually), were classified as belonging to the
same family. SINE and LTR retrotransposons with hits to Repbase that did not meet these criteria
were classified as new families. The criteria used here are based on the TE family 80-80-80 rule cutoff
proposed by Wicker et al. [44] in which two TEs belong to the same family if 80% of a novel TE is more
than 80% identical for at least 80 bp of an already classified TE, in a BLAST search or similar against
a repeat database. By the same classification scheme, a TE subfamily represents a subpopulation of
an already identified TE family [44]. We classified novel TEs from the same species as belonging to
separate subfamilies if their consensus sequences were less than 95% similar on the nucleotide level.
Some blue-capped cordon-bleu consensus sequences were more than 95% similar to zebra finch repeats
after manual curation (Table S1). We still consider these as separate subfamilies in our analyses. For
all curated LTR retrotransposons that met our criteria for a novel family, we next searched a library
of collared flycatcher LTR consensus sequences [22] using BLASTn (E-value = 0.01). We classified a
blue-capped cordon-bleu LTR consensus sequence as belonging to a collared flycatcher LTR family if
it had considerable nucleotide similarity across the majority of its sequence (see criteria above) to a
collared flycatcher LTR consensus. CR1 elements were classified based on a PhyML ver. 3.0 [45,46]
maximum likelihood (ML) phylogeny (GTR+G+I substitution model) of all CR1 subfamilies from
blue-capped cordon-bleu, chicken, zebra finch and collared flycatcher. The library for the latter three
is the same as in Suh et al. [22]. This and another phylogenetic tree of songbird repeats from the TE
family TguERVL2_I were depicted using FigTree ver. 1.4.3 (Figures S1 and S2) [47]. TE subfamilies and
families were named following previous conventions used in the zebra finch and collared flycatcher
repeat annotations [17,22].

2.3. Data Analysis

We created TE landscape plots using the .align files of the RepeatMasker output as described in
preceding publications [22,48], except that CpG sites have lower weighting instead of being excluded

45



Genes 2019, 10, 301

when counting substitutions (Figure 2). Data presented in Table 2 were obtained from the .tbl file
of the RepeatMasker output. We investigated the respective amount of shared and lineage-specific
diversity of LTR families and subfamilies using genomes and LTR libraries from in-depth curated birds:
chicken—galGal4, zebra finch—taeGut2, collared flycatcher—ficAlb1.5 and blue-capped cordon-bleu,
using reciprocal BLASTn searches (E-value cutoff = 10−10) [22] (Figure 3). The zebra finch genome
(taeGut2) was masked with two libraries: a library consisting of repeats from the Aves category in
Repbase and a “full” library where blue-capped cordon-bleu and collared flycatcher repeats were
added (Table S4). Statistical analyses of chromosomal content and LTR subfamily number in zebra
finch were performed using R ver. 3.5 [49] on a taeGut2 genome assembly acquired from UCSC [50]
(Figure 4). Scaffolds with Un* prefix and *random suffix were excluded in the analyses (Figure 4).
All repeat libraries were obtained from Repbase [43] except for the collared flycatcher library which
was acquired from dfam_consensus [51]. We hypothesized that LTR subfamilies from blue-capped
cordon-bleu and collared flycatcher that are more similar to zebra finch LTRs should compete more
in masking with zebra finch LTRs in RepeatMasker. Conversely, we predicted that blue-capped
cordon-bleu and collared-flycatcher LTR subfamilies that do not belong to a family curated in zebra
finch should contribute more to the discovery of previously unannotated repeats in the taeGut2 genome.
We tested this prediction by comparing the overlap of chromosomal positions between LTRs from the
RepeatMasker output of the Aves Repbase library and two sets of LTRs from the output when masking
with the “full” library, using the intersect utility in the BEDTools suite [52] (Figure 4c). To annotate a
single internal portion of an ERV-like element, we reran the pipeline described above for collecting
BLASTn hits along with flanking regions, to obtain more copies of the internal element. We then used
the NCBI ORFfinder tool to identify open reading frames [53], NCBI CD-search for characterization of
conserved domains [54], and the consensus2genome R script [55] to depict genomic hits (BLASTn) of a
concatenated consensus sequence of the ERV internal region and the flanking LTRs (Figure 5).

2.4. Data Deposition

Linked-read data were deposited in Sequence Read Archive (accession number SRR8873500).
Both the “pseudohaploid” genome assembly draft and a phased diploid assembly draft were deposited
in Dryad (http://dx.doi.org/10.5061/dryad.322gd5p). The newly curated consensus sequences were
deposited in dfam_consensus.

3. Results

3.1. Genome Assembly and Karyotype of Blue-Capped Cordon-Bleu

We sequenced the genome of a male blue-capped cordon-bleu using the 10X Genomics Chromium
linked-read platform [24] and obtained an average molecule length of 42.4 kb (Table 1). We assembled
the genome using Supernova 2.0 and obtained an ~1.1 Gb assembly size, of which 105.6 Mb are “N”
gaps, a scaffold N50 of 10.9 Mb, and a contig N50 of 66.3 kb (Table 1). We assessed the completeness
of the genome using the aves_odb9 ortholog data set in BUSCO and recovered 90.1% of the genes
completely, while 5.9% were fragmented and 4% were missing (Table 1).

Next, we karyotyped male and female blue-capped cordon-bleu using Giemsa staining and
C-banding (Figure 1). Like zebra finch, blue-capped cordon-bleu has 2n = 80 [32]. Unlike zebra finch
where the W is smaller than the Z [32,56], blue-capped cordon-bleu has sex chromosomes of roughly
equal size (Figure 1a). Sex chromosomes were identified as a homomorphic macrochromosome pair in
males (ZZ), while in females they were heteromorphic (ZW). Giemsa staining pattern is shown for
the largest macrochromosomes and sex chromosomes of a female (Figure 1a). C-banding revealed
a highly heterochromatic W chromosome, further confirming its identity (Figure 1b). Constitutive
heterochromatin on autosomes is mainly restricted to putatively centromeric regions (Figure 1b).
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Figure 1. Karyotype of a female blue-capped cordon-bleu. The diploid (2n) chromosome number is 80.
Giemsa staining of macrochromosomes showed that the sex chromosomes are approximately equal
in size (a). C-banding revealed that the W chromosome is enriched in heterochromatin, compared to
autosomes in which heterochromatin is restricted to putative centromeric regions (b). In panel (a),
autosomes are numbered from largest to smallest, as proposed by the International System for
Standardized Avian Karyotypes [57].

Table 1. Sequencing and assembly statistics for the genome assembly of blue-capped cordon-bleu.

Statistic Quantity

Assembly size 1099.6 Mb
“N” nucleotides 105.6 Mb

Weighted mean molecule length 42.4 kb
Number of reads 254.2 million

Scaffolds 26,389
Scaffold N50 10.9 Mb

Contigs 51,469
Contig N50 66.3 kb

BUSCO (complete) 90.1%
BUSCO (fragmented) 5.9%

BUSCO (missing) 4%

3.2. The Transposable Element Landscape of Blue-Capped Cordon-Bleu

We identified transposable elements in the genome of blue-capped cordon-bleu using de-novo
prediction with RepeatModeler followed by manual curation of all non-redundant and curatable
consensus sequences. Masking the genome with RepeatMasker revealed a TE content of 6.44%
(Table 2), a number typical for birds [2]. Most transposons were LINEs (132,734 copies) followed by
LTR retrotransposons (61,457 copies). However, they have a roughly similar density, indicating that
LTR retrotransposons are longer on average (Table 2). In Figure 2, we show three TE landscapes to
highlight the difference in results when only relying on previously annotated TEs (Figure 2a), adding
a RepeatModeler library (Figure 2b) and when performing in-depth manual curation (Figure 2c).
Many repeats were initially classified as unknown by RepeatModeler (compare Figure 2a,b). Our
manual curation showed that all curatable “unknown repeats” were in fact solo-LTRs of ERV-like
retrotransposons (Table S1, Figure 2c). We used the canonical 5′-TG . . . CA-3′-ends and TSDs to
identify solo-LTR elements. However, several variations deviating from 5′-TG . . . CA-3′ were observed
(Table S1). Following previous LTR annotations for songbirds [15,20], we classified LTR elements to ERV
superfamilies based on the length of their TSDs [41]. A peculiar element—UcyLTR-Lurtz—had both 5
and 6 bp target site duplications. In total, 25 new families and 50 new subfamilies of retrovirus-like
LTR retrotransposons were curated. Moreover, we identified 16 new CR1 subfamilies and one new
CR1-mobilized tRNA-Ile SINE subfamily (Table S1, Figure S1). We found no new curatable DNA
transposons, which is perhaps not surprising considering that previous investigations of estrildid
finches revealed only a relatively old hAT DNA transposon family, present in low copy numbers in
zebra finch [17].
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Figure 2. Comparison of transposable element landscapes for the genome of blue-capped cordon-bleu,
representing different levels of effort in transposon annotation. Percentage of bp occupied in the genome
is plotted against the Kimura 2-parameter (transitions/transversions) distance of each transposable
element (TE) copy from its consensus. Panel (a) shows the landscape for when avian repeats available
in Repbase (Aves Repbase, AR) and collared flycatcher (CF) repeats were used for masking the genome.
Panel (b) is based on de-novo predicted repeats from Repeatmodeler, AR and CF repeats. Note the
share of unknown (grey) repeats, a majority of which were identified as solo-long terminal repeats
(LTRs) of endogenous retrovirus (ERV)-like retrotransposons when manually curated (c). The pie chart
specifies the relative abundance of different TEs based on the .tbl file of the RepeatMasker output
(Table 2), for the curated, final landscape (c).

Table 2. Copy number, total base pair and density of different classes of repetitive elements annotated
by RepeatMasker using a library consisting of manually curated blue-capped cordon-bleu and collared
flycatcher repeats, and the Aves library from Repbase.

Repeat Type Copies Total bp % of Genome

SINE 7163 852,236 0.08
LINE 132,734 37,876,706 3.44
LTR 61,457 29,437,443 2.68

DNA 14,100 2,195,734 0.20
Unclassified 2367 416,198 0.04

Total interspersed repeats 217,821 70,778,317 6.44
Small RNA 1479 199,270 0.02

Satellites 1960 581,825 0.05
Simple repeats 211,440 9,408,016 0.86

Low complexity 43,325 2,238,772 0.20
Total tandem repeats 258,204 12,427,883 1.17

Total repeats 746,059 83,206,200 7.61

48



Genes 2019, 10, 301

3.3. Comparative Genomics Revealed Extensive Shared Diversity of LTRs among Estrildid Finches

From the 50 discovered ERV-like LTR retrotransposons in blue-capped cordon-bleu, we classified
25 as new families based on the lack of extensive nucleotide similarity to LTR elements in Repbase,
in collared flycatcher, and to each other. We considered consensus sequences with less than 95%
nucleotide identity to each other as separate subfamilies within such a family. To investigate the
amount shared LTR diversity between the in-depth curated birds (chicken, collared flycatcher, zebra
finch and blue-capped cordon-bleu), we extended the reciprocal BLASTn search of Suh et al. [22] using
consensus sequences from blue-capped cordon-bleu. In brief, separate libraries of LTR subfamily
consensus sequences from each species were BLASTn searched to each genome, and the presence and
absence of LTR families and subfamilies was scored (Tables S2 and S3 and Figure 3). A majority of
LTR subfamilies that was curated using the blue-capped cordon-bleu genome is shared between zebra
finch and blue-capped cordon-bleu. Thus, 21 of 25 novel ERV-like LTR families are present in the
zebra finch genome assembly (taeGut2) but were previously undiscovered. Four families (UcyLTRK7,
UcyLTRK15, UcyLTRL6, and UcyLTR-Lurtz) are lineage-specific to blue-capped cordon-bleu (Figure 3).
Only TguERV5 is specific to zebra finch (Figure 3).

Figure 3. Analysis of LTR diversity along branches in the tree of birds with in-depth curated TE libraries.
The number of LTR families and subfamilies on each branch are depicted in red (above branches) and
blue (below branches), respectively. Most LTR retrotransposon families are shared between blue-capped
cordon-bleu and zebra finch. The previously thoroughly investigated genome of zebra finch contains
more lineage-specific TE subfamilies. A large diversity of LTR families and subfamilies are shared
among the three songbirds compared with the relative sparse number of LTRs shared with chicken at
the root of the tree. Node estimates are based on previously published timetrees [9,15,58].

To understand how heterospecific TE libraries can improve repeat annotation in a model organism
and why substantial LTR diversity was previously undetected in the zebra finch, we masked the
zebra finch reference genome (taeGut2, based on same isolate as taeGut1) obtained from UCSC [50],
using RepeatMasker and two libraries. One library consisted of Aves repeats in Repbase only and the
other was Aves Repbase repeats concatenated with collared flycatcher and blue-capped cordon-bleu
repeats. The latter, “full” library masked ~7.5 Mb more repeats than the former, of which ~4.5 Mb
are LTR elements and ~2.6 Mb are satellite DNA (Table S4). We visualized the chromosomal content
of LTR elements by six different categories and grouped them according to two criteria: (1) songbird
species whose genome assembly was used for curation and (2) whether or not the LTR element
belongs to a zebra finch LTR family (Figure 4a). One exception is TguLTRL3-L_Ucy, which fulfilled
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our criteria to be classified as a new family but was highly similar (>75%) at two different parts of its
consensus to TguLTRL3. We therefore treated this new family as belonging to the category of zebra
finch (ZF) families in these analyses. One LTR subfamily (fAlbLTR1_Ucy) in blue-capped cordon-bleu
(BC) belonged to a collared flycatcher (CF) LTR family and was categorized as “Others” along with
mostly chicken LTRs. Note that LTR annotation by RepeatMasker includes fragments of elements,
which we included in the copy number estimates. Furthermore, five BC and two CF LTR subfamilies
curated using respective genome had less than five hits in total and their presence/absence in the ZF
genome should thus be considered with caution. The reciprocal BLAST approach should give a more
conservative picture of the genomic presence/absence status of specific LTR families and subfamilies
(Figure 3).

 

Figure 4. Investigation of LTR subfamily number and diversity in the zebra finch genome. We masked
the genome of zebra finch (taeGut2) using RepeatMasker and two repeat libraries. One consisted of
Aves repeats in Repbase (AR) only, and the other contained Repbase repeats with addition of collared
flycatcher [22] and the novel blue-capped cordon-bleu repeats. We found ~4.5 Mb more LTR elements
using the latter library (Table S4). Panel (a) shows the number of LTRs per Mb per chromosome. LTR
copies were grouped according to the genome assembly used for curation and species first used for LTR
family definition. Chromosomes are ordered in ascending size and are named according to homology
with chicken chromosomes. Panel (b) shows the number of LTR copies per subfamily, here depicted as
violin distributions. Statistics presented for each group of LTR copies per subfamily are: sample size
per category (n), mean (x) and standard deviation (sd) of copies per subfamily per category. Panel (c)
shows the library overlap analysis pipeline. Several steps are shared with the other analyses depicted
in (a) and (b). Blue-capped cordon-bleu (BC) and collared flycatcher (CF) LTRs belonging to zebra finch
(ZF) LTR families generally map to already annotated repeats (overlaps/total copies ≈ 0.95). LTR copies
from families described as novel in respective genome project map to new positions (overlaps/total
copies ≈ 0.05).
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We observed that BC LTRs were overall more frequent than CF LTRs in the zebra finch genome
(Figure 4a). The same pattern was seen for the frequency of LTR copies per subfamily, with a total
of 10,811 BC copies and 4427 CF copies (Figure 4b). There were significantly more BC LTR copies
per subfamily than CF copies (Welch t-test; p-value = 1.151 × 10−4). We saw the same trend when
we compared LTR subfamilies from BC and CF families, with 4889 copies from BC LTR families and
1719 copies from CF families, and significantly more BC than CF copies per LTR subfamily (Welch t-test;
p-value = 9.949 × 10−3). Furthermore, BC LTRs from BC families constituted significantly more base
pairs per chromosome than CF LTRs from CF families (Wilcoxon signed rank test; p-value= 1.863× 10−9).
BC LTRs from BC families comprised in total 1736 kb compared to 471 kb of CF LTRs from CF families.
These results strongly indicate that in-depth curation of LTR families in the more closely related
blue-capped cordon-bleu led to annotation of more LTR copies in zebra finch than did the LTR families
of the more distantly related collared flycatcher.

Long terminal repeat subfamilies from BC and CF belonging to ZF LTR families have high
sequence similarity to zebra finch LTRs and would therefore compete in masking with them. We
can call this the “competition-in-masking” hypothesis. A prediction from this hypothesis is that the
largest gain in finding previously unannotated LTR elements in zebra finch should be obtained by
using consensus sequences from LTR families previously undetected in zebra finch. We tested the
“competition-in-masking” hypothesis by counting the number of overlaps between LTRs from the
RepeatMasker output using only Aves Repbase repeats as library against two sets of LTRs from the
“full” library (Figure 4c). The first set consisted of BC and CF LTRs belonging to ZF LTR families
(8651 copies), and the second set consisted of BC and CF LTRs belonging to respective BC or CF LTR
families (6608 copies). In the first set, 8214 overlaps were found which gave an overlap/copy number
ratio of ~0.95. In the second set, only 373 overlaps were counted which results in a ratio of ~0.05.
These results strongly confirm the “competition-in-masking” hypothesis and highlight how describing
novel LTR families in a non-model relative can uncover hidden LTR diversity in the genome of a
model organism.

3.4. Analysis of a Recently Active TE

We were able to curate a full-length LTR retrotransposon subfamily from the ERVL superfamily
with complete internal region, in the blue-capped cordon-bleu genome. The copies of this LTR
subfamily, TguERVL2_I_Ucy, make up ~1 Mb in total, which is 2.5 times more DNA than the closely
related TguERVL2_I in the zebra finch genome (Table S5). The low average divergence (1.7%) to
the consensus sequence is a good indication that this TE subfamily was very recently active (Table
S5). We did a functional annotation of the consensus sequence of TguERVL2_I_Ucy, which revealed
two long ORFs in the same reading frame and intact AP, RT, RH and INT domains, as well as an
additional broken RH domain, all of which are canonical for vertebrate ERV-like retrotransposons
(Figure 5a) [44,59,60]. However, the AP domain is predicted partially outside of the ORF boundaries
(Figure 5a). Curiously, a disrupted envelope (ENV) glycoprotein C domain from the Marek_A
superfamily is predicted inside the gag ORF (137 amino acid alignment to superfamily member
PHA03269, E-value = 7.97 × 10−4). The Marek_A glycoprotein was originally classified in Marek’s
disease virus (also known as Gallid alphaherpesvirus) [61], a ~174–180 kb dsDNA herpesvirus causing a
neoplastic disease in chickens [62,63]. Interestingly, the TguERVL2 family is found in chickens as well
(Table S3).
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Figure 5. Functional domain annotation and genomic BLASTn hits of TguERVL2_I_Ucy. We predicted
conserved domains and open reading frames (ORFs) of the consensus sequence of TguERVL2_I_Ucy
(a). In addition to the canonical domains (AP, RT, two RH (one partial and one complete), and INT),
a disrupted ENV domain was predicted at an upstream position. Panel (b) shows the distribution of
copies of a pseudo full-length ERV consensus sequence (same LTR flanked by separately classified
internal portion) of the TE subfamily TguERVL2_I_Ucy in blue-capped cordon bleu. Most copies in
the genome are solo-LTRs and a majority of the full-length copies are less than 5% diverged from the
consensus sequence. Hits spanning a majority of the consensus are shown in red and partial hits are
black. Blue line represents consensus coverage.

Conserved domain analysis of TguERVL2_I and TguERVL1_I in zebra finch suggests that these
have all domains except for this broken ENV (not shown). However, a protein alignment of consensus
sequences of TguERVL2_I, TguERVL1_I and members of PHA03269 (Envelope glycoprotein C from
Human alphaherpesvirus 3 and Cercopithecine alphaherpesvirus 9) and pfam02124 (various herpesviruses)
revealed that all TguERVL2_I subfamilies, but not TguERVL1_I, share similarity in a short region
mainly to PHA03269 (Figure S2; Data S2). It is therefore likely that this hit represents an ancestral
feature of the TguERVL2 family and not a translocation or recombination with a herpesvirus in the
recent history of blue-capped cordon-bleu. Furthermore, this amino acid feature does not mean that
TguERVL2_I_Ucy has an intact envelope as has been seen for some invertebrate LTR retrotransposons
that likely acquired an entire ENV ORF from dsDNA viruses [64].
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We inferred a maximum likelihood phylogeny of internal consensus sequences of TguERVL2_I in
blue-capped cordon-bleu, zebra finch and collared flycatcher to analyze the evolutionary history of
this LTR family (Figure S3). TguERVL1_I was the most closely related TE in the well-annotated zebra
finch genome and was consequently chosen as outgroup. The phylogeny recapitulated the species tree
with strong support (99 of 100 bootstrap replicates), indicating that TguERVL2_I has been vertically
inherited in the investigated songbirds.

The curated LTR of TguERVL2_I_Ucy was concatenated with both ends of the internal region
to create a 6.4 kb “pseudo full-length” ERV consensus, which we subsequently used to characterize
consensus coverage of hits in the genome using the consensus2genome R script relying on BLASTn
(E-value cutoff = 10−7) [55]. Most copies of this ERV throughout the genome are solo-LTRs, as indicated
by the higher coverage of terminal repeats (Figure 5b). We also see a pattern of more copies with
intact internal regions being recently diverged from the consensus (Figure 5b). These observations
are consistent with the view of deletion of the internal region and one LTR, through within-element
non-allelic homologous recombination [65]. Curiously, many hits in the range of 10% to 20% divergence
to consensus seem to lack homology for the first ORF containing the broken ENV. These likely represent
elements of another LTR subfamily with a similar pol ORF but a dissimilar gag ORF.

4. Discussion

In this study, we present the third linked-read genome assembly of any bird, to our knowledge.
If we compare with one of the 10X genome assemblies published previously for eastern black-eared
wheatear (Oenanthe hispanica melanoleuca) [66], we obtain a higher weighted average molecule length
(42.4 kb vs. 17.5 kb) which most likely contributes to a higher scaffold N50 (10.9 Mb vs. 90 kb), (Table 1).
Even higher scaffold N50 may be possible to be obtained by using a subset of reads [23], as shown by
Toomey et al. [67] who produced a 10X genome assembly with scaffold N50 of 18.97 Mb for Gouldian
finch (Erythrura gouldiae) with a read-depth of 60-fold in Supernova. Using the ranking employed by
Suh and Kapusta [2], the genome assembly of blue-capped cordon-bleu is of medium quality (scaffold
N50 >1 Mb; high quality requiring chromosome-level scaffolds) and has the 11th highest scaffold N50
out of the 77 analyzed bird genomes [2]. We also present the fourth bird genome with a well-curated
transposon library and the first that allows comparative TE biology on the within-family level in
birds. Previous work has shown that zebra finch has a substantial recent accumulation of ERV-like
retrotransposons compared with other bird lineages [2,17,22], but see Mason et al. for a different view
of LTR retrotransposon abundance in chickens [68]. The genome of blue-capped cordon-bleu also
shows ERV-like LTR retrotransposon accumulation, and notably a recent expansion mostly caused by
a single LTR subfamily, TguERVL2_I_Ucy (Table S5). Considering that zebra finch and blue-capped
cordon-bleu separated at the deepest node of Estrildidae 10 Mya [15,69], ERV-like LTR retrotransposon
accumulation might be ancestral to this clade.

Curiously, a majority (21 out of 25) of ERV-like LTR families described in this study are shared
with zebra finch but were not previously described in its repeat annotation [17]. By combining repeats
curated from the closely related blue-capped cordon-bleu (BC) and the more distantly related collared
flycatcher (CF) with the Aves Repbase library, we were able to mask an additional 4.5 Mb (>10%
increase) LTR retrotransposons in the zebra finch genome. We found significantly more copies per
subfamily and a larger number of base pairs masked per chromosome of BC LTRs from BC families than
CF LTRs from CF families (Figure 4a,b). This indicates that phylogenetic relatedness is an important
factor when trying to find more repeats in a genome assembly using a TE library from another species.
Furthermore, by analyzing the overlap between LTR copies in the RepeatMasker output from of the
Aves Repbase and “full” libraries, we see that the largest addition of previously unannotated LTR
elements in the taeGut2 genome results from novel BC and CF LTR families (Figure 4c). These results
indicate that there are more TEs to be found in the reference genomes of model organisms and that
they may be discovered by curating the repeatomes of closely related species.
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A few novel BC ERV-like LTR retrotransposon families do not occur in zebra finch (Figure 3). Some
or all might be unassembled or lost by drift or selection in zebra finch. A more plausible explanation is
that they constitute recent germline infiltrations in the blue-capped cordon-bleu lineage. If that was the
case for all four novel ERV-like LTR retrotransposon families, then the rate of germline infiltration in the
blue-capped cordon-bleu lineage would be one every 2.5 My. This number may be an underestimate
considering that research on a recent germline infiltration in koalas (Phascolarctos cinereus) show a
polymorphic presence/absence pattern and no fixed insertions among individuals [70–73]. In addition,
note the 28 LTR families on the short branch shared by zebra finch and blue-capped cordon-bleu
(Figure 3). This indicates an even higher rate of germline infiltrations in the common ancestor of
estrildid finches. The results presented here give an indication that the repetitive content and diversity
of avian genomes may currently be somewhat underestimated. It is likely that the we will see
diminishing returns in finding further shared TE diversity as more species are investigated. However,
in-depth curation may greatly improve the accuracy of inferring a genome’s repeat landscape, especially
when in-depth TE libraries from closely related species are missing [74], or when many solo-LTRs
are automatically classified as unknown by RepeatModeler as was the case here for blue-capped
cordon-bleu (Figure 2b).

In this particular case, variation among species in the effect of sequence modification by TE
suppression systems may be increasing LTR sequence diversity in estrildid finches compared with other
songbird lineages. It has previously been shown that zebra finch LTR retrotransposons frequently are
C→U-modified by APOBEC family proteins leading to a G→A mutation on the antisense strand [75].
Among 111 analyzed vertebrates, APOBEC modification was especially strong in zebra finch [75] and
we speculate that it could be one of the most important drivers increasing the genetic diversity of LTR
subfamilies in blue-capped cordon-bleu as well as zebra finch. Knisbacher and Levanon [75] observed a
much more limited effect of APOBEC in medium ground finch (Geospiza fortis) indicating that APOBEC
activity varies among songbirds or that the edited sites were more easily detected in zebra finch because
of its in-depth curated LTR library. However, it is possible that APOBEC modification mainly affects
LTR subfamily diversity, see for example the high number of subfamilies on the zebra finch branch
in Figure 3. On the other hand, LTR families with no homology to other repeats in Repbase likely
represent previously undiscovered retroviral diversity arising from germline infiltrations. Altogether,
genome evolution in Estrildidae may very well be shaped by the expansion of LTR retrotransposons
and their strong suppression by APOBEC modification.

The question of shared ERV-like retrotransposon diversity warrants further study, both in
Estrildidae and in other songbird clades. Related to the question of shared diversity is the notion that a
single LTR subfamily, TguERVL2_I_Ucy, has proliferated very recently in the evolutionary history of the
blue-capped cordon-bleu so that it now composes 2.5-fold more DNA than in the genome of its closest
relative in zebra finch (Table S5). This number is probably an underestimate considering the difficulty
in assembling long repeat sequences with high sequence identity [76]. The fact that a full-length
element of 6.4 kb was curatable and the consensus has intact GAG, AP, RT and RH domains suggests
that this subfamily is likely still actively retrotransposing. The phylogeny of TguERVL2_I_Ucy and its
closest songbird relatives suggests vertical inheritance of this LTR family at least since the common
ancestor of Estrildidae (Figure S3). The ultimate cause of this element’s high frequency in blue-capped
cordon-bleu could be random genetic drift or some molecular feature of its Gag polyprotein—such as
the putative Envelope glycoprotein C domain—that has allowed it to escape effective suppression.
A horizontal acquisition event may have occurred in either direction between the ancestor of TguERVL2
and an alphaherpesvirus, but we cannot rule out that the similarity to Envelope glycoprotein C is
caused by genetic drift or adaptive molecular convergence alone. However, horizontal transfer in both
directions between LTR retrotransposons and dsDNA viruses have previously been inferred, which
implies that such events do occur successfully [64,77].

Further investigation in Estrildidae is needed to explore the link between ERV-like LTR
retrotransposon activity and the high rate of chromosomal inversions observed in this songbird
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clade [15]. For example, a single insertion of an LTR retrotransposon, Ty912, has been shown to
increase the rate of gross chromosomal rearrangements (such as inversions) 380-fold in an experimental
Saccharomyces cerevisiae yeast strain, compared to a wild type strain [12]. The karyotype data we
present here indicates that no major interchromosomal rearrangements (i.e., fissions or fusions)
have occurred since the divergence of zebra finch and blue-capped cordon-bleu (Figure 1) [32].
Future studies would do service by comparing the number of intrachromosomal rearrangements
(especially inversions) in Estrildidae with other bird clades and investigate their likely link with LTR
retrotransposon proliferation.

To conclude, we were able to annotate an additional 4.5 Mb of LTR retrotransposons in zebra finch
using the in-depth curated LTR libraries of collared flycatcher and, most importantly, blue-capped
cordon-bleu. We were also able to uncover a shared estrildid diversity of 21 out of 25 previously
undiscovered ERV-like retrotransposon families found in blue-capped cordon-bleu. These results
demonstrate the significance of studying close relatives to model organisms.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4425/10/4/301/s1,
Figure S1: Maximum likelihood phylogeny of CR1 consensuses; Figure S2: Snapshot of protein alignment of
TguERVL_I Gag and Envelope glycoprotein C members (PHA03269 and pfam02124) of Marek_A superfamily of
alphaherpesviruses; Figure S3: Maximum likelihood phylogeny of songbird TguERVL2_I consensuses; Table S1:
Classification sheet of de-novo curated repetitive elements; Table S2: LTR reciprocal BLAST among in-depth
curated birds, LTR subfamilies per branch; Table S3: LTR reciprocal BLAST among in-depth curated birds, LTR
families per branch; Table S4: Comparison of RepeatMasker output between two different libraries (Aves Repbase
library vs. “full” merged library) when masking zebra finch; Table S5: Abundance of TguERVL2_I family among
in-depth curated songbirds; Data S1: Fasta-formatted consensus sequences of blue-capped cordon-bleu TEs;
Data S2: Protein alignment of TguERVL_I Gag and Envelope glycoprotein C members (PHA03269 and pfam02124)
of Marek_A superfamily.
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Abstract: B chromosomes are enigmatic heritable elements found in the genomes of numerous plant
and animal species. Contrary to their broad distribution, most B chromosomes are non-essential.
For this reason, they are regarded as genome parasites. In order to be stably transmitted through
generations, many B chromosomes exhibit the ability to “drive”, i.e., they transmit themselves at
super-Mendelian frequencies to progeny through directed interactions with the cell division apparatus.
To date, very little is understood mechanistically about how B chromosomes drive, although a likely
scenario is that expression of B chromosome sequences plays a role. Here, we highlight a handful of
previously identified B chromosome sequences, many of which are repetitive and non-coding in nature,
that have been shown to be expressed at the transcriptional level. We speculate on how each type of
expressed sequence could participate in B chromosome drive based on known functions of RNA in
general chromatin- and chromosome-related processes. We also raise some challenges to functionally
testing these possible roles, a goal that will be required to more fully understand whether and how B
chromosomes interact with components of the cell for drive and transmission.

Keywords: B chromosomes; PSR (Paternal sex ratio); genome elimination; ncRNAs (non coding
RNAs); selfish elements; super-Mendelian; repeated elements

1. Introduction

Since the time when microscopy first allowed visualization of hereditary material, researchers
have observed peculiar chromosome variants in the genomes of higher eukaryotes. For any given
species, the core of the genome consists of a certain number of A chromosomes, which carry all genes
needed collectively for the organism’s development, metabolism, and reproduction. Thus, without
the complete set of A chromosomes, the organism cannot survive. However, extra or supernumerary
non-essential chromosomes, termed B chromosomes, have been detected in numerous plant and animal
species [1–4]. The frequency of B chromosomes within a given population can range from very low to
complete fixation among all individuals, and a carrying individual can contain one to as many as ten or
more B chromosome copies in each nucleus [1–3]. Interestingly, with little exception, B chromosomes
are not essential for the organism. Indeed, the fact that B chromosomes can persist without providing
any measurable benefit has contributed to the view that they are genome parasites [5]. But if they
do not help the organism, how then do B chromosomes persist, thereby defying the expectation that
non-essential genetic elements are eventually lost?

Previous work in various B-carrying organisms has provided some insights regarding this
question. For example, in several grasshopper species, certain B chromosomes are transmitted to
progeny through both parents, and they segregate with very high efficiency to daughter cells during
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mitotic and meiotic divisions [6,7]. In these organisms, the B chromosomes appear to behave similarly
to the A chromosomes. In contrast, B chromosomes in other organisms exhibit “drive”—that is,
they behave in specific ways that defy normal Mendelian transmission patterns in order to ensure their
inheritance in subsequent generations [8]. For example, one B chromosome in a rye species counters
its tendency to loss through a form of mitotic drive. Specifically, the sister B chromatids fail to separate
(i.e., non-disjoin) in the division that produces the vegetative (non-gametic) cell and pollen (gametic)
cell [9,10]. Moreover, the unseparated B chromatids tend to segregate toward the side of the spindle
that will give rise to the pollen cell. This tropism of the B chromatid pair for the future pollen cell,
which can lead to an accumulation of multiple B chromosome copies in offspring, is thought to occur
by the B chromatids utilizing an inherent asymmetry in the makeup of the spindle apparatus [9].
Indeed, B chromosomes may tend to drive in this way in plants because of the universally asymmetric
spindle at the pollen production stage [11].

As a remarkably different example of drive, the jewel wasp Nasonia vitripennis harbors
a B chromosome known as PSR (for Paternal Sex Ratio) that is transmitted via the sperm (i.e., paternally)
to progeny [12]. Interestingly, this B chromosome causes complete loss of the sperm’s hereditary material
but not itself during the first mitotic division of the embryo [13]. Interestingly, the PSR chromosome does
not eliminate itself, but instead associates with the functional egg-derived chromosomes, and successfully
segregates with them. Due to the fact that in wasps and other hymenopteran insects, males normally
develop as haploids from unfertilized eggs while females develop as diploids from fertilized eggs,
this genome elimination event converts fertilized embryos, which should become female, into haploid
B chromosome-carrying males, thereby ensuring B chromosome transmission.

Even though we know what happens at the descriptive level in these cases of drive, what remains
to be determined is how mechanistically B chromosomes drive in their resident genomes. Two general
possibilities exist: a B chromosome may either (i) act passively, being transmitted and/or driving
due to the intrinsic properties of its own DNA sequences [14], or (ii) it may operate actively through
expression of its DNA sequences [9,15]. Here, we focus on the second possibility by reviewing
a number of different types of B chromosome-linked DNA sequences, many of which are repetitive and
non-coding in nature, that have been identified through genetic and genomic analyses. We highlight
a subset of these DNA sequences that are known to be expressed, and we propose possible roles for
each. Several recent studies have demonstrated that B chromosomes can influence the expression of
A-linked genes [16–19] and epigenetic marks of A chromatin, reviewed in [20,21]. However, given the
non-essential nature of most B chromosomes, these effects may not substantially affect the biology of
the organism. Thus, we limit our attention here to B-expressed sequences and their potential roles in
B chromosome drive and transmission. Finally, we raise some challenges to functionally testing these
possible roles, a goal that will be required to more fully understand whether and how B chromosomes
interact with components of the cell.

2. B Chromosomes Are Mosaics of Protein-Coding and Repetitive, Non-Coding Sequences

Genetic and genomic studies have been performed in a number of different organisms, including
but not exclusive to maize [22], rye [19,23], grasshoppers [24], wasps [25,26], cichlids [27,28], raccoon
dogs [29] and fungi [30,31], in order to identify specific DNA sequences carried by B chromosomes
(see Table 1). The repertoire of B-linked DNA sequences includes both protein-coding and non-coding
sequences. The origin of any given B-linked sequence may date back to the beginning of the
B chromosome itself, or the sequence may have arisen subsequently as a copy of another B-linked gene
or of an ancestral gene located on an A chromosome that was moved via transposable element (TE)
activity, inter-chromosomal meiotic recombination, or imperfect DNA repair [19].

The majority of known B-linked protein-coding genes match genes located on the A chromosomes
and belong to nearly all protein function categories [19,29,32–35]. Most B-linked protein-coding genes
are degenerate; they can be present as partial gene copies, such as truncated forms or missing exons,
or they can show low sequence similarity across their entire lengths to the ancestral sequences [35].
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For this reason, many B-linked protein-coding genes are considered to be pseudogenes [19]. The few
B-linked protein-coding genes that do show high sequence similarity to their ancestral copies are likely
not needed for the organism because the B chromosomes themselves are non-essential. Thus, given
the lack of functional constraint on such B-linked protein-coding genes, high sequence similarity may
indicate that the origin of the B-linked copy from its ancestral gene was a relatively recent event.

Despite the presence of protein-coding sequences, it appears that most B chromosomes consist
primarily of non-coding sequences including TEs, simple satellites, and complex satellite-like
repeats [3,36–40]. Such highly repetitive DNA sequences are known to be enriched in the heterochromatin
that surrounds the centromeres of the A chromosomes [40]. For this reason, it has been proposed
that B chromosome formation begins with duplication of an A chromosome followed by the loss
of its euchromatic chromosome arms, thus producing a nascent B chromosome consisting mainly
of a centromere and its pericentromeric regions. Over time, TE activity can move genes from the
A chromosomes onto the B chromosome; these sequences may then undergo mutational decay, further
duplication through replication slippage, or rearrangement events such as intra-chromosomal inversion,
deletion, and translocation [40]. We should mention here that the PSR chromosome present in the
jewel wasp contains transposon-like sequences that appear to be absent from the wasp genome but to
match sequences present in another wasp species [41,42]. Such patterns open up the possibility that
this B chromosome derives from a chromosome of another species that moved into the wasp genome
through interspecific hybridization or by parasites or food sources [43–46].

3. Expression of B-Linked DNA Sequences

Despite our current knowledge of some DNA sequences carried by B chromosomes, only a handful
of studies have addressed which of them are expressed. Certainly, transcription of any given DNA
sequence alone does not guarantee that it is functional; work in different model organisms suggests that
much of the non-coding part of the A genome may be transcribed without function [47]. Nevertheless,
a reasonable (and perhaps obvious) assumption is that a locus that is functional will at least be expressed
at the RNA level. To date, several studies have identified RNAs produced by B chromosomes, either by
examination of individual B-linked sequences or through whole genome approaches such as RNA-Seq.
To our knowledge, no individual B-linked sequence has yet been tested for functionality through genetic
manipulation. However, all B-linked sequences producing RNA should be considered as potential
candidates for involvement in B chromosome dynamics and drive. Here, we highlight several examples
of B-linked sequences that are known to express RNAs, and we speculate on the possible functions of
these sequences in light of the types of RNAs that they produce and the underlying B chromosome
biology in each case.

3.1. Copies of Protein-Coding Genes

Of the previously identified B-linked DNA sequences that are copies of A-linked protein-coding
genes, few are known to be expressed (Table 1) [19,23,24,27,28,48,49]. For example, a B chromosome
in the cichlid fish Astatotilapia latifasciata was shown to express multiple different protein-coding
genes. Three of these expressed genes derive from the ancestral A-linked genes encoding Separin,
Tubulin B1 (TUBB1), and KIF11 [27,28]. Interestingly, these A-linked genes play important roles in
chromosomal segregation during cell division: TUBB1 is involved in microtubule organization [50],
KIF11 functions in centrosome behavior and spindle assembly [50], and Separin mediates the release
of sister chromatids at the onset of anaphase [50]. It has been proposed that because these genes
are implicated in different aspects of chromosome segregation, expression of the B-linked variants
may somehow promote B chromosome transmission such that they are inherited to over 50% of the
gametes [27,28]. Indeed, a number of B-linked genes that derive from protein-coding genes involved
in various aspects of the cell cycle and cell division have been detected in other organisms [19,24,29,34].
However, in most of these other cases, it is not yet known which of the protein-coding gene variants
are expressed.
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We point out here an important consideration: that any expressed protein-coding gene that affects
aspects of cell division would likely impact the A chromosomes in addition to the B chromosome,
potentially having large costs to the organism. Thus, proteins that play roles in B chromosome drive
may be expected to specifically affect the B chromosome. Certain chromatin-associated proteins,
which could have affinity for specific DNA sequences found uniquely on B chromosomes, would fulfill
such an expectation. This idea is consistent with previously proposed models invoking co-evolving
centromere repeats and their chromatin proteins as agents of centromere/meiotic drive [51]. Copies
of histones H3 and H4 are known to be expressed from B chromosomes in different grasshopper
species [52,53]. However, it remains to be determined whether variants of these conventional histones
or other non-histone chromatin proteins are carried and expressed by B chromosomes.

Table 1. Protein-coding genes located on B chromosomes in different species. (NK = not known).

Functional Group Gene Name Organism Transcribed Gene Integrity References

Cell Division and
Microtubules

Tubulin beta-1 (TUBB1) Cichlid fishes yes High [27]
Tubulin beta-5 (TUBB5) Cichlid fishes yes High [27]

Spindle and kinetochore-associated
protein-1 (SKA-1) Cichlid fishes yes High [27]

Kinesin-like protein-11 (KIFF11) Cichlid fishes yes High [27]
Centromere-associated protein-E

(CENP-E) Cichlid fishes yes High [27]

Centromere-associated protein-N
(CENP-N) Red fox NK NK [34]

Cytoskeleton-associated protein 2
(CKAP2) Grasshoppers yes truncated [24]

Condensin I complex subunit G (CAP-G) Grasshoppers yes truncated [24]
E3 ubiquitin-protein ligase MYCBP2 Grasshoppers yes truncated [24]

Kinesin-like protein KIF20A Grasshoppers yes High [24]
DNA topoisomerase 2-alpha (TOP2A) Grasshoppers yes truncated [24]

Kinesin-3-like Rye yes High [19,23]
Shortage in chiasmata gene (SHOC 1) Rye yes High [19,23]

Chromosome-associated kinesin
KIF4A-like Rye yes high + truncated [19,23]

Aurora kinase-B (AURK) Cichlid fishes yes High [27]
Separin-like protein Cichlid fishes yes High [27]

Coiled-coil and C2 domain Containing
2A (CC2D2A) Deer NK NK [34]

Ecotropic viral integration site 5-like
(EVI5) Deer NK NK [34]

E3 ubiquitin-protein ligase CHFR Deer NK NK [34]
G1/S-specific cyclin-D2 (CCND2) Deer NK NK [34]

Tripartite motif-containing 67 (TRIM67) Deer NK NK [34]
Palladin (PALLD) Deer NK NK [34]

Cdc42 effector protein 4 (CDC42EP4) Deer NK NK [34]
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Table 1. Cont.

Functional Group Gene Name Organism Transcribed Gene Integrity References

v-kit Hardy-Zuckerman 4 feline sarcoma
viral oncogene homolog (C-KIT)

Red fox NK NK [34]
Raccoon dogs NK NK [34]

Deer NK NK [34]

Differentiation,
Proliferation

Kinase insert domain receptor (KDR) Raccoon dogs NK NK [34]
Low density lipoprotein receptor-related

protein 1B(LRP1B) Raccoon dogs NK NK [29,34]

AICDA Raccoon dogs NK NK [34]
RET Raccoon dogs NK NK [34]

APOBEC1 Raccoon dogs NK NK [34]
ARNTL Raccoon dogs NK NK [34]
BARX2 Raccoon dogs NK NK [34]
BTBD10 Raccoon dogs NK NK [34]

COL4A3BP Raccoon dogs NK NK [34]
CXCR4 Raccoon dogs NK NK [34]
ENPP1 Raccoon dogs NK NK [34]
GDF3 Raccoon dogs NK NK [34]
GNAS Raccoon dogs NK NK [34]

HMGCR Raccoon dogs NK NK [34]
JAG1 Raccoon dogs NK NK [34]

MDM4 Raccoon dogs NK NK [34]
TNNI3K Deer NK NK [34]
ZNF268 Deer NK NK [34]
ACVR2B Deer NK NK [34]

BCL6 Deer NK NK [34]
BST1 Deer NK NK [34]
CD38 Deer NK NK [34]

DHCR7 Deer NK NK [34]
DLEC1 Deer NK NK [34]
EOMES Deer NK NK [34]
FBXL5 Deer NK NK [34]

FGFBP1 Deer NK NK [34]
FNIP1 Deer NK NK [34]

GABRB1 Deer NK NK [34]
GFI1 Deer NK NK [34]
HPSE Deer NK NK [34]

MYD88 Deer NK NK [34]
PLCD1 Deer NK NK [34]
SDK2 Deer NK NK [34]

SERPINB9 Deer NK NK [34]
SSBP3 Deer NK NK [34]

SST Deer NK NK [34]
SSTR2 Deer NK NK [34]
TXK Deer NK NK [34]

CIP2A (CIP2A protein) Grasshopper yes High [34]

Neuron Synapse,
Cell Junction

Cadherin-associated protein-2 (CTNND2) Red Fox NK NK [34]
LRRC7 Raccoon dogs NK NK [34]
CXCR4 Raccoon dogs NK NK [34]

ARHGAP32 Raccoon dogs NK NK [34]
SDK1 and 2 Deer NK NK [34]

GABRA4 and GABRB1 Deer NK NK [34]
LPP Deer NK NK [34]

SHANK2 Deer NK NK [34]

Recombination and
Repair

DNA repair protein XRCC2 Cichlid fishes yes High [27]
SC protein-2 (SYCP-2) Cichlid fishes yes High [27]

Regulator of telomere elongation helicase
(RTEL) Cichlid fishes ye High [27]

Regulation of
Transcrption

Peroxisome proliferator-activated
receptor gamma coactivator-1 (PPRC1) Cichlid fishes yes Low [27]

Mesogenin-1 (MSGN1) Cichlid fishes yes Low [28]
C-Myc-binding protein (MYCBP) Cichlid fishes yes Low [28]

Nuclear receptor-subfamily 2-group
F-member 6 (NR2F6) Cichlid fishes yes Low [28]

Zinc finger protein-596 (ZNF596) Cichlid fishes yes High [28]
DEAD-box ATP-dependent RNA helicase

7 Maize yes High [48]

Myb-like DNA-binding domain Maize yes High [48]
Conserved mid region of cactin Maize yes High [48]
Argonaute-likeprotein (AGO4) Rye yes High [23]

DNA (cytosine-5-)-methyltransferase Rye yes High [19]
Ubiquitin ligase sinat5 Rye yes High [19]

histone-lysine n-methyltransferase Rye yes High [19]
protein kinase subfamily lrk10l-2 Rye yes High [19]

Sex determination
and Differentiation

Wilms tumor gene cichlid fishes yes Low [27]
pre-B-cell leukemia transcription factor 1 cichlid fishes yes Low [27]

FKBP4 cichlid fishes yes Low [27]
FNDC3A cichlid fishes yes Low [27]
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Table 1. Cont.

Functional Group Gene Name Organism Transcribed Gene Integrity References

Metabolism
Regulation

Fucose-1-phosphate guanylyltransferase
(FPGT)

Siberian Roe
deer yes High [49]

Raccoon dogs NK NK [29,34]
Lysosomal alpha-mannosidase Raccoon dogs NK NK [29,34]

Hydroxypyruvate isomerase (HYI) Grasshoppers yes truncated [24]
Putative aldose reductase-related protein Maize yes High [48]
Leucine-rich repeat- containing protein

23 (LRC23) Cichlid fishes yes Low [27,28]

Leucin-Rich Protein

Acidic leucine-rich nuclear
phosphoprotein 32 family member E

(Cpd1)
Cichlid fishes yes High [27]

Leucine-rich repeats and
immunoglobulin-like domains 1(LRIG1) Raccoon dogs NK NK [29,34]

Leucine-rich repeat and IQ
domain-containing protein 3 (LRRIQ3)

Siberian Roe
deer yes High [49]

Olfactory Receptors

Olfactory receptors 5F1 (or OR11-10) Cichlid fishes yes High [27]
Olfactory receptor 6C4 (or OR12-10 Cichlid fishes yes High [27]
Olfactory receptor 6N1 (or OR6N1) Cichlid fishes yes High [27]
Olfactory receptor 51E1 (or OR51E1 Cichlid fishes yes High [27]

Ribonucleotide
Binding

GTP-binding protein 6 (GTPB6) Grasshoppers yes High [24]
Mitochondrial GTPase 1 (MTG1) Grasshoppers yes High [24]

Development Indian hedgehog homolog b (IHHB) Raccoon dogs NK NK [29]

Immune Responses Rnasel 2 (Ribonuclease-like 2) Raccoon dogs NK NK [29]

Cell-cell Signalling
and Cellular

Response to Stimuli

VPS10 domain receptor protein SORCS
3–like Raccoon dogs NK NK [29]

SLIT Grasshoppers yes truncated [34]

Histones H3 and H4
Migratory

locust NK it varies among
copies [52]

Grasshoppers NK NK [53]

3.2. Transposable Elements

DNA TEs, retro-TEs, and TE-like elements are abundant in higher eukaryotes, making up anywhere
from ~5 to as much as 50% of a given eukaryotic genome [54,55]. It is, therefore, no surprise that these
elements have been found to be carried and expressed by B chromosomes in a number of organisms
including rye [15,33], maize [56], fishes [39,57], and the jewel wasp [41,42]. It is difficult to imagine
a scenario in which TE expression per se could enhance B chromosome drive. Moreover, a substantial
amount of cellular energy is devoted to the silencing of TE expression, and unsilenced TEs can lead to
severe genome instability [58]. However, TEs may play secondary but important roles in B chromosome
drive. Given the potential of TEs to mobilize and amplify within single generations, it is expected
that these genetic elements move frequently between the A and B chromosomes over short periods of
evolutionary time; as mentioned above, such movement likely serves as a mechanism for the transfer
of gene copies between the A and B chromosomes [39,40]. Additionally, TEs that have moved onto
B chromosomes may themselves degenerate and become pseudogenes, they may fuse with non-TE
sequence to form new genes [39,40], or they may decay over time and become tandemly copied to form
arrays of complex satellite-like repeats [59]. Any such TE-derived sequence may itself be expressed
through the transcriptional regulatory sequences of transposase or other TE-associated genes, or it may
induce the expression of adjacent sequences that would otherwise be transcriptionally silent.

3.3. Long Non-Coding RNAs

An interesting class of candidates for involvement in B chromosome transmission and drive
consists of long non-coding RNAs (lncRNAs). Bioinformatically, lncRNAs are challenging to identify
from RNA expression datasets for a number of reasons. For one, it is difficult to identify secondary
structural domains that suggest potential function of a putative lncRNA. Additionally, long RNAs
that function as structural molecules may contain cryptic, unused open reading frames, leading to
ambiguity in bioinformatically assigning such RNAs as coding or non-coding. Despite these challenges,
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previous work has led to the identification of putative lncRNAs expressed from B chromosomes in the
jewel wasp and in cichlids [25,60].

In the jewel wasp, comparison of testis transcriptomes between wild type and B chromosome-
carrying (PSR+) males led to the identification of ten transcripts, ranging between ~500–1500 nucleotides
in length, that are present only in the PSR + genotype [25,26]. These transcripts represent the highest-
expressed sequences from the PSR chromosome. Fluorescence in situ hybridization (FISH) and PCR
of genomic DNA were used to demonstrate that the cognate DNA sequences of these transcripts are
located exclusively on the PSR chromosome [25,26]. A couple of these transcripts contain potential, short
open reading frames, but the majority of them were bioinformatically predicted to be non-coding [25].
A different study in the cichlid A. latifasciata identified a transcript corresponding to a non-coding DNA
repeat represented in multiple copies on a B chromosome in this organism [60]. This transcript was
shown to be expressed in multiple different fish tissues [60].

A central question is whether such non-coding RNAs are functional, especially with regard to
B chromosome drive. While no studies have yet demonstrated functionality of these RNAs, some
interesting speculations stem from examples of lncRNA function in non-B systems. It has become
apparent that lncRNAs span a wide range of cellular and developmental processes [61,62], but those of
particular interest here pertain to chromatin and chromosome dynamics. In particular, two well-studied
groups of lncRNA pertain to the X chromosome. In the fruit fly Drosophila melanogaster the roX1 and
roX2 lncRNAs associate with the male-specific lethal (MSL) proteins to form the dosage compensation
complex (DCC) in young male embryos [63]. This complex localizes to “entry” sites located along the
male’s single X chromosome. There, the DCC spreads to other regions on the X, where it ultimately
induces transcriptional upregulation of most X-linked genes [64]. This effect involves remodeling of X
chromatin through acetylation of Lysine residue 16 of histone H4 (H4K16ac) and phosphorylation of
Serine residue 10 of histone H3 (H3S10p), each by a different enzymatic activity of DCC-associated
components (reviewed in [65]). In this case, the roX lncRNAs play an indispensable role as a structural
“glue” that scaffolds together the DCC proteins [66]. In mammals, a different lncRNA known as
Xist is expressed initially from both X chromosomes during early embryogenesis but its expression is
eventually turned off on one of the two X chromosomes (reviewed in [67]). Xist coats the X chromosome
that continues to express it, an effect that leads to the association of the Polycomb Repressive Complex
(PRC) and its trimethylation of Lysine residue 27 of histone H3 (H3K27me3). This histone mark leads
to the facultative heterochromatinization of this Xist-expressing X chromosome, leaving the other X
in a transcriptionally active state [68]. lcnRNA function is not limited to the X chromosome; these
molecules also facilitate chromatin remodeling elsewhere in the genome, and they function in other
aspects of chromatin dynamics (reviewed in [69,70]).

Taken together, these examples demonstrate the potential for lncRNAs to associate with specific
chromosome regions and not others, as well as their ability to facilitate specific alterations of chromatin.
Thus, it is intriguing to speculate that B chromosome-expressed lncRNAs may play unique roles in
B chromosome drive in certain cases through such chromatin interactions. For example, in both rye
and maize, B chromosomes that are deleted for a small region of repetitive DNA lose their ability to
drive by nondisjunction at the pollen mitosis stage [9,10]. Currently it is not known if these repeats are
transcribed from the undeleted B chromosomes. However, if they are expressed, then their encoded
RNAs could associate with the centromeric regions where they may recruit enzymes that interact with
the cohesin machinery. Such an effect could, in turn, retard the separation of the sister B chromatids
during anaphase so that both B chromatids end up in the gamete (Figure 1).
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Figure 1. Possible roles for B-expressed sequences in B drive. (a) B chromosome drive through
asymmetrical segregation and non-disjunction could involve cis-acting B specific products (proteins or
ncRNAs) that retard release of the two sister chromatids at the kinetochore. The sister B chromatid
pair then migrates preferentially toward the generative pole due to an intrinsic asymmetry of the
spindle apparatus. As a result, multiple copies of the B chromosome accumulate in progeny over
multiple generations. (b) B chromosome drive through genome elimination, such as occurs by the
PSR chromosome in the jewel wasp Nasonia vitripennis, occurs during the first mitotic division of
the newly fertilized embryo. In this model, B-chromosome-expressed protein or RNA could localize
preferentially with the paternal chromatin, recruiting chromatin-remodeling enzymes that disrupt
normal chromatin remodeling dynamics through abnormal histone modification. As a consequence,
the paternal chromatin forms a condensed mass that is unable to resolve into chromosomes and
segregate properly.
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It has been proposed that the putative lncRNAs expressed by the PSR chromosome in the jewel
wasp may underlie the elimination of the paternally-inherited half of the wasp genome [26]. Previous
work demonstrated that certain histone marks (H3K9me3, H3K27me1, and H4K20me1) appeared in
abnormal patterns on the paternal chromatin immediately before its elimination [71]. The abnormal
placement of these histone marks may block subsequent chromatin remodeling events, such as histone
phosphorylation, that are essential for normal condensation of chromatin into chromosomes during
mitosis [71]. An intriguing possibility is that PSR induces the abnormal histone marks through one
or more of the identified lncRNAs. For example, one or more of these molecules may associate with
the paternal chromatin and recruit chromatin-remodeling enzymes that disrupt normal chromatin
dynamics [71]. Regardless of the mechanism, PSR must possess some way of sparing itself from this
abnormal chromatin remodeling [71] (Figure 1).

3.4. Small Non-Coding RNAs

So far, little is known about the potential for B chromosomes to express small RNAs, non-coding
molecules that typically range between ~21–33 nucleotides in length (reviewed in [61]). A multitude
of studies have characterized the functional roles of the three major classes of small RNAs and
their corresponding pathways: micro-RNAs (miRNAs), which block translation of their cognate
mRNA targets, endogenous small interfering RNAs (endo-siRNAs), which inhibit translation by
inducing degradation of target mRNAs, and PIWI-associated RNAs (piRNAs), which facilitate
the transcriptional silencing of chromatin through the association of certain chromatin-remodeling
enzymes (reviewed in [72]). The functions of these different small RNA classes are not completely
distinct from one another since there is evidence of some crossover between small RNA pathways [73].
To our knowledge, only one study, conducted in the jewel wasp, has detected small RNAs expressed
from a B chromosome [26]. In this insect, several different small RNAs were found to be produced
by PSR at expression levels matching those of more abundant small RNAs expressed from the
A chromosomes [26]. Interestingly, the most abundant PSR-specific small RNA exhibits peculiar
properties, having a length (32–33 nt) and starting in a uracil similar to piRNAs while appearing to
be processed from a hairpin precursor like endo-siRNAs [26]. More work will be required to better
understand to which class this and other PSR-expressed small RNAs belong. However, this work
demonstrates that B chromosomes can, indeed, express this type of non-coding RNA. Additionally,
given the link of certain small RNAs in chromatin remodeling, it should be strongly considered that
B chromosomes like PSR, whose drive involves chromatin remodeling, may drive at least in part
through the actions of small RNAs.

4. Functional Testing of Expressed B Loci and Some Challenges

Previous studies aimed at identifying functional B-specific sequences have been restricted to
deletion analysis in rye and maize [9,10], jewel wasp, [14] and grasshoppers [74]. Although certain
deletions of B chromosomes elicited a loss of drive, it is still unclear in each of these cases which
individual sequence(s) within the deleted regions underlie drive and transmission [9,10,14,74]. Until
only recently have studies begun to uncover individual RNAs that are expressed by B-linked sequences.
Given that most known B chromosomes are not essential for the organism, it may be that much of
B chromosome expression may be nothing more than noise. A fundamental question is whether any
B expressed loci are functional, and if so, which ones. The ideas presented here may serve as some
basis for deciding which candidate loci to prioritize within each B chromosome system. But one thing is
certain: fully understanding if and how a given locus is involved in B chromosome transmission or drive
will ultimately require some form of genetic manipulation. Such a goal has been challenging due to
the fact that most studied B chromosomes reside in non-model organisms that lack traditional genetic
tools. However, the development of CRISPR/Cas9 genome editing has made genetic manipulation
of individual loci possible in almost any organism, model or not. In principle, this method promises
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to allow “knock out” of target loci on B chromosomes or, alternatively, the transgenic expression of
B chromosome-derived sequences in a non-B genotype, in order to test for functionality.

Just as there is strong promise for CRISPR/Cas9 in achieving these goals, there are some
substantial obstacles that will need to be tackled. For example, unlike essential genes located on
the A chromosomes, which provide lethal or semi-lethal phenotypes when altered, mutant alleles
created by the editing of B-linked loci would not provide any overt phenotype to follow. Contrarily,
any such induced mutant allele that affects B chromosome drive would likely lead to quick loss of the
B chromosome under study. Another difficulty would be mutagenesis of candidate sequences that
are present in multiple copy number, such as the complex repeats that express putative lncRNAs in
the jewel wasp [26]. A less problematic goal may be the expression of candidate B linked sequences
from transgenes inserted through CRISPR/Cas9 and homology-dependent recombination (HDR).
A consideration of this approach will be whether transgenic expression of multiple different B-linked
sequences simultaneously is required to cause a phenotype of interest. Despite these obstacles, genome
editing provides a very promising means for finally understanding how B chromosomes mediate their
own transmission and drive at the mechanistic level.
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Tatsuta, H.; Rubtsov, N.B. DNA content of the B chromosomes in grasshopper Podisma kanoi Storozh.
(Orthoptera, Acrididae). Chromosome Res. 2007, 15, 315–325. [CrossRef]

38. Ruiz-Ruano, F.J.; Cabrero, J.; López-León, M.D.; Sánchez, A.; Camacho, J.P.M. Quantitative sequence
characterization for repetitive DNA content in the supernumerary chromosome of the migratory locust.
Chromosoma 2018, 127, 45–57. [CrossRef]

39. Coan, R.; Martins, C. Landscape of transposable elements focusing on the B chromosome of the cichlid fish
Astatotilapia latifasciata. Genes 2018, 9, 269. [CrossRef]

40. Marques, A.; Klemme, S.; Houben, A. Evolution of plant B chromosome enriched sequences. Genes 2018, 9,
515. [CrossRef]

41. McAllister, B.F. Isolation and characterization of a retroelement from B chromosome (PSR) in the parasitic
wasp Nasonia vitripennis. Insect Mol. Biol. 1995, 4, 253–262. [CrossRef] [PubMed]

42. McAllister, B.F.; Werren, J.H. Hybrid origin of a B chromosome (PSR) in the parasitic wasp Nasonia vitripennis.
Chromosoma 1997, 106, 243–253. [CrossRef] [PubMed]

43. Perfectti, F.; Werren, J.H. The interspecific origin of B chromosomes: experimental evidence. Evolution 2001,
55, 1069–1073. [CrossRef]

44. McVean, G.T. Fractious chromosomes: hybrid disruption and the origin of selfish genetic elements. Bioessays
1995, 17, 579–582. [CrossRef] [PubMed]

45. Schartl, M.; Nanda, I.; Schlupp, I.; Wilde, B.; Epplen, J.T.; Schmid, M.; Parzefall, J. Incorporation of
subgenomic amounts of DNA as compensation for mutational load in a gynogenetic fish. Nature 1995,
373, 68–71. [CrossRef]

46. Banaei-Moghaddam, A.M.; Martis, M.M.; Macas, J.; Gundlach, H.; Himmelbach, A.; Altschmied, L.;
Mayer, K.F.X.; Houben, A. Genes on B chromosomes: Old questions revisited with new tools.
Biochim. Biophys. Acta 2015, 1849, 64–70. [CrossRef] [PubMed]

47. Palazzo, A.F.; Lee, E.S. Non-coding RNA: what is functional and what is junk? Front. Genet. 2015, 6, 2.
[CrossRef] [PubMed]

48. Huang, W.; Du, Y.; Zhao, X.; Jin, W. B chromosome contains active genes and impacts the transcription of A
chromosomes in maize (Zea mays L.). BMC Plant Biol. 2016, 16, 88. [CrossRef]

49. Trifonov, V.A.; Dementyeva, P.V.; Larkin, D.M.; O’Brien, P.C.M.; Perelman, P.L.; Yang, F.;
Ferguson-Smith, M.A.; Graphodatsky, A.S. Transcription of a protein-coding gene on B chromosomes
of the Siberian roe deer (Capreolus pygargus). BMC Biol. 2013, 11, 90. [CrossRef]

50. Gaudet, P.; Livstone, M.S.; Lewis, S.E.; Thomas, P.D. Phylogenetic-based propagation of functional
annotations within the Gene Ontology consortium. Brief. Bioinform. 2011, 12, 449–462. [CrossRef]

51. Malik, H.S.; Bayes, J.J. Genetic conflicts during meiosis and the evolutionary origins of centromere complexity.
Biochem. Soc. Trans. 2006, 34, 569–573. [CrossRef] [PubMed]

52. Teruel, M.; Cabrero, J.; Perfectti, F.; Camacho, J.P.M. B chromosome ancestry revealed by histone genes in the
migratory locust. Chromosoma 2010, 119, 217–225. [CrossRef] [PubMed]

53. Oliveira, N.L.; Cabral-de-Mello, D.C.; Rocha, M.F.; Loreto, V.; Martins, C.; Moura, R.C. Chromosomal
mapping of rDNAs and H3 histone sequences in the grasshopper Rhammatocerus brasiliensis (Acrididae,
gomphocerinae): extensive chromosomal dispersion and co-localization of 5S rDNA/H3 histone clusters in
the A complement and B chromosome. Mol. Cytogenet. 2011, 4, 24. [CrossRef] [PubMed]

54. SanMiguel, P.; Tikhonov, A.; Jin, Y.K.; Motchoulskaia, N.; Zakharov, D.; Melake-Berhan, A.; Springer, P.S.;
Edwards, K.J.; Lee, M.; Avramova, Z.; et al. Nested retrotransposons in the intergenic regions of the maize
genome. Science 1996, 274, 765–768. [CrossRef] [PubMed]

72



Genes 2019, 10, 123

55. Tang, W.; Mun, S.; Joshi, A.; Han, K.; Liang, P. Mobile elements contribute to the uniqueness of human
genome with 15,000 human-specific insertions and 14 Mbp sequence increase. DNA Res. 2018, 25, 521–533.
[CrossRef]

56. Cheng, Y.-M.; Lin, B.-Y. Molecular organization of large fragments in the maize B chromosome: indication of
a novel repeat. Genetics 2004, 166, 1947–1961. [CrossRef] [PubMed]

57. Ziegler, C.G.; Lamatsch, D.K.; Steinlein, C.; Engel, W.; Schartl, M.; Schmid, M. The giant B chromosome of the
cyprinid fish Alburnus alburnus harbours a retrotransposon-derived repetitive DNA sequence. Chromosome Res.
2003, 11, 23–35. [CrossRef]

58. Gross, L. Transposon silencing keeps jumping genes in their place. PLoS Biol. 2006, 4, e353. [CrossRef]
59. McGurk, M.P.; Barbash, D.A. Double insertion of transposable elements provides a substrate for the evolution

of satellite DNA. Genome Res. 2018, 28, 714–725. [CrossRef]
60. Ramos, É.; Cardoso, A.L.; Brown, J.; Marques, D.F.; Fantinatti, B.E.A.; Cabral-de-Mello, D.C.; Oliveira, R.A.;

O’Neill, R.J.; Martins, C. The repetitive DNA element BncDNA, enriched in the B chromosome of the
cichlid fish Astatotilapia latifasciata, transcribes a potentially noncoding RNA. Chromosoma 2016, 126, 313–323.
[CrossRef]

61. Perry, R.B.-T.; Ulitsky, I. The functions of long noncoding RNAs in development and stem cells. Development
2016, 143, 3882–3894. [CrossRef]

62. Ulitsky, I.; Bartel, D.P. lincRNAs: genomics, evolution, and mechanisms. Cell 2013, 154, 26–46. [CrossRef]
[PubMed]

63. Park, Y.; Oh, H.; Meller, V.H.; Kuroda, M.I. Variable splicing of non-coding roX2 RNAs influences targeting
of MSL dosage compensation complexes in Drosophila. RNA Biol. 2005, 2, 157–164. [CrossRef] [PubMed]

64. Park, Y. Extent of chromatin spreading determined by roX RNA Recruitment of MSL proteins. Science 2002,
298, 1620–1623. [CrossRef]

65. Lucchesi, J.C.; Kuroda, M.I. dosage compensation in Drosophila. Cold Spring Harb. Perspect. Biol. 2015, 7,
a019398. [CrossRef] [PubMed]

66. Ilik, I.A.; Quinn, J.J.; Georgiev, P.; Tavares-Cadete, F.; Maticzka, D.; Toscano, S.; Wan, Y.; Spitale, R.C.;
Luscombe, N.; Backofen, R.; et al. Tandem stem-loops in roX RNAs act together to mediate X chromosome
dosage compensation in Drosophila. Mol. Cell 2013, 51, 156–173. [CrossRef] [PubMed]

67. Sahakyan, A.; Yang, Y.; Plath, K. The Role of Xist in X-chromosome dosage compensation. Trends Cell Biol.
2018, 28, 999–1013. [CrossRef] [PubMed]

68. Rougeulle, C.; Chaumeil, J.; Sarma, K.; Allis, C.D.; Reinberg, D.; Avner, P.; Heard, E. Differential histone H3
Lys-9 and Lys-27 methylation profiles on the X chromosome. Mol. Cell. Biol. 2004, 24, 5475–5484. [CrossRef]

69. Han, P.; Chang, C.-P. Long non-coding RNA and chromatin remodeling. RNA Biol. 2015, 12, 1094–1098.
[CrossRef] [PubMed]

70. Böhmdorfer, G.; Wierzbicki, A.T. Control of chromatin structure by long noncoding RNA. Trends Cell Biol.
2015, 25, 623–632. [CrossRef]

71. Aldrich, J.C.; Leibholz, A.; Cheema, M.S.; Ausió, J.; Ferree, P.M. A “selfish” B chromosome induces genome
elimination by disrupting the histone code in the jewel wasp Nasonia vitripennis. Sci. Rep. 2017, 7, 42551.
[CrossRef] [PubMed]

72. Zhang, C. Novel functions for small RNA molecules. Curr. Opin. Mol. Ther. 2009, 11, 641–651. [PubMed]
73. Chapman, E.J.; Carrington, J.C. Specialization and evolution of endogenous small RNA pathways.

Nat. Rev. Genet. 2007, 8, 884–896. [CrossRef]
74. López-León, M.D.; Cabrero, J.; Pardo, M.C.; Viseras, E.; Camacho, J.P.M.; Santos, J.L. Generating high

variability of B chromosomes in Eyprepocnemis plorans (grasshopper). Heredity 1993, 71, 352–362. [CrossRef]

© 2019 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

73





genes
G C A T

T A C G

G C A T

Review

Centromere Repeats: Hidden Gems of the Genome

Gabrielle Hartley 1 and Rachel J. O’Neill 2,*

1 Department of Molecular and Cell Biology, University of Connecticut, Storrs, CT 06269, USA;
gabrielle.hartley@uconn.edu

2 Department of Molecular and Cell Biology and Institute for Systems Genomics, University of Connecticut,
Storrs, CT 06269, USA

* Correspondence: rachel.oneill@uconn.edu; Tel.: +1-860-486-6031

Received: 8 February 2019; Accepted: 11 March 2019; Published: 16 March 2019
��������	
�������

Abstract: Satellite DNAs are now regarded as powerful and active contributors to genomic and
chromosomal evolution. Paired with mobile transposable elements, these repetitive sequences
provide a dynamic mechanism through which novel karyotypic modifications and chromosomal
rearrangements may occur. In this review, we discuss the regulatory activity of satellite DNA and
their neighboring transposable elements in a chromosomal context with a particular emphasis on
the integral role of both in centromere function. In addition, we discuss the varied mechanisms by
which centromeric repeats have endured evolutionary processes, producing a novel, species-specific
centromeric landscape despite sharing a ubiquitously conserved function. Finally, we highlight the
role these repetitive elements play in the establishment and functionality of de novo centromeres and
chromosomal breakpoints that underpin karyotypic variation. By emphasizing these unique activities
of satellite DNAs and transposable elements, we hope to disparage the conventional exemplification
of repetitive DNA in the historically-associated context of ‘junk’.

Keywords: satellite; transposable element; repetitive DNA; chromosome evolution; centromere drive;
genetic conflict; CENP-A; centromeric transcription

1. Introduction

Specific types of repetitive segments within eukaryotic genomes are now recognized as critical
to maintaining subspecialized genomic functions. Common elements within repetitive segments
include both transposable elements (TEs) and satellite DNA [1], collectively representing a large
portion of eukaryotic genomes [2,3]. Unlike TEs that are capable of moving within a genome and
thus are often found dispersed (albeit not randomly; reviewed in [4]), satellite DNA consists of short
stationary DNA sequences that tandemly repeat to form a larger array, often restricted to specific
sub-regions of chromosomes [1,5]. Ranging from just a few base pairs to several megabases in
length, satellite repetitive units comprise up to 10% of the human genome [6]; across eukaryotes,
variation in copy number and satellite family diversity contributes to differences in total satellite
DNA content among taxa, often with dramatic total satellite content differentials [5]. Despite the
high degree of variation among species in both sequence diversity and overall content, satellite
DNAs are collectively found most highly concentrated in the centromeric and pericentromeric regions
of chromosomes [7]. While the exact functions of satellite DNA have not been fully realized, this
incommensurate distribution of satellite DNA within the genome highlights the importance of satellite
DNA in chromosome inheritance through participation in centromere function.

First described in the context of DNA content in eukaryotes by Kit et al. [8] and Seuoka et al. [9]
in 1961, satellite DNA was discovered via ultracentrifugation of genomic DNA—Note: the first use
of the term satellite as a genetic descriptor is attributed to Sergius Navashin in his 1912 study of
secondary constrictions on the chromosomes of a hyacinth [10]. Following the centrifugation of DNA
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from animal tissue extracts across a cesium chloride density gradient, Kit et al. [8] described a satellite
band that was clearly differentiated from the major band of genomic DNA. Due to the repetitive nature
of the DNA within this band, this fraction displayed an observable shift in density and led to the
first description of satellite DNA. Despite this traditional descriptor, the phrase satellite DNA has
been used more broadly to describe all tandemly arranged repetitive DNA sequences [11] irrespective
of their resolution on density gradients. Since their discovery, a number of different methods have
been used to characterize tandem repeats, including C0T analysis, in which the rate of re-association
of complementary DNA strands is used to identify the frequency of repetitive elements [12], and
separation following restriction endonuclease treatment, in which digested genomic DNA is separated
via electrophoresis on an agarose gel [13]. Modern molecular techniques including next-generation
sequencing (NGS) and fluorescence in situ hybridization (FISH) have provided additional clarity in the
identification and physical characterization of satellite DNA sequences. This review includes emerging
discoveries about satellite array characteristics and the other types of repeats found within, model
systems proven useful for studying the role of satellite DNA in genome evolution, and the intimate
relationship between satellite DNA and TEs. In addition, this review examines the paradoxical link
between divergent satellite DNA and conserved centromere function as well as the connection between
repeats and the emergence of new centromeres during chromosome evolution.

2. A Brief Primer on Satellite DNA in a Chromosomal Context

While the term satellite DNA encompasses all tandem nucleotide repeats, this large category can
be further divided into a number of different subcategories and families. In addition to larger tandem
repeats, one such grouping of smaller repeats can be created based on the number of nucleotides
existing in the core repetitive segment. Microsatellites, for example [14], consist of repeating units less
than 10 nucleotides in length and constitute up to 3% of the human genome [15]. Minisatellites, often
referred to as variable number tandem repeats (VNTRs) [16], consist of a 10 to 100 nucleotide unit
repeating up to several hundred times. With several thousand minisatellite loci distributed throughout
the human genome [17], minisatellites are found at a high frequency in telomeric regions [18].
Telomeres are also enriched for a specific microsatellite, (TTAGGG)n, which constitutes the bulk
of telomeric sequences, extending for 9–15 kb on human chromosomes [19,20]. Nucleoproteins (TRF1,
TRF2, and POT1) bind to these telomeric satellites to form the shelterin complex [21], which interacts
with the ribonucleoprotein telomerase that contains the enzyme component telomerase reverse
transcriptase (TERT) [22], and an RNA (TERRA) [23]. The resulting ‘cap’ distinguishes chromosome
ends from DNA breaks requiring repair and thus protects the chromosome from end-degradation and
interchromosomal fusions [24].

Perhaps the most notable satellite families in the human genome are those located at both
pericentromeric and centromeric regions: α satellites. α satellites, found ubiquitously at all human
centromeres, are a ~171 base pair unit, known as a monomer, with sequences that are 50–80% identical
among all monomers within an array (repeated monomers in tandem) [25]. The core of the centromere,
where the kinetochore will form and mediate microtubule attachment and faithful chromosome
segregation, is functionally defined by the assembly of centromeric nucleosomes containing the
centromere-specific histone 3, CENP-A [26]. In humans, this core is enriched for α satellite DNA [25].
While found as solo repetitive units scattered among other satellites in the pericentromeric regions of
human chromosomes without higher organization, α satellites within human centromeres are tandemly
repeated to form a block of satellites, called a higher order repeat (HOR). HORs are comprised of a
set number of monomers that varies from 2 to 34 monomers ([25,27–30] and reviewed in [31]) in a
largely chromosome-specific arrangement (Figure 1a). For example, the α satellite HOR blocks on
chromosome 1 consist of 2 monomers [32], referred to as 2-mers, the HOR blocks on chromosome 7
consist of 6-mers [33], and the HOR blocks on the Y chromosome are 34-mers [34]. These HOR blocks
are further repeated to form HOR arrays than can span megabases. Because of the highly repetitive
nature of these centromeric HOR arrays with identities among HOR blocks nearing 99% in some
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cases [35] and high HOR copy numbers [36], centromeric regions have historically been refractive to
characterization, at least in the context of genome assemblies [6].

Figure 1. Overview of satellite DNA structure in a human centromere/pericentromere. (a) α satellite
monomers (colored solid arrows) are organized into a repeating unit, called a higher order repeat (HOR)
(red dashed arrows). In this example, 10 monomers are in each HOR (10-mers). HOR units are repeated
in a chromosome-specific manner 100–1000 s of times within a functional centromere core. Within a
single HOR, monomers share anywhere from 50–80% sequence identity with one another. The same
monomer within different HORs in the same array may share up to 99% identity. Solo monomers
(solid arrows) are found in the pericentromeric region and are highly variable in terms of sequence and
orientation. Within the centromere, transposable elements (TE) insertions typically include recently
active or active (hot) elements, while the TE insertions found in the pericentromere are older, inactive
elements. (b) The core centromere structure (red dot, chromosome schematic) of human chromosomes
(a generic chromosome ideogram is indicated, middle) consists of different α satellite arrays arranged
in HORs (dashed arrows). Each HOR array may contain a different monomer number; in this example,
the functional centromere (i.e., assembles CENP-A nucleosomes) at a 10-mer HOR (red dashed arrows).
A 7-mer HOR is found nearby but is an inactive epiallele. Both HORs are separated by non-centromeric
DNA, which may contain genes. α satellites are also found throughout the pericentromere (bottom
schematic, different colored blocks). (c) Representative cladogram of the phylogenetic relationship of
the non-HOR α monomers shown in (b). In this example, strata of newer satellites are closer to the
HOR arrays, while older satellites are found more distally. Relative age of satellites is indicated by tree
branch length; shorter branches are younger elements and deeper branches are older.

Despite challenges associated with characterizing highly repetitive stretches of DNA, groups are
uncovering variation in satellite DNA, both within the human reference genome and among different
individuals, and identifying the functional consequences of these variants. α satellite monomers
are classified into 12 consensus monomers (J1, J2, D1, D2, W1, W2, W3, W4, W5, M1, R1, and
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R2) [29,30,37–39], which are further grouped into five suprachromosomal families (SF1-5) [29,30,40].
A specific strata of satellites within each human chromosome was revealed by fine-scale mapping
and sequence annotation of monomers and HORs [30,40], wherein highly homogenized and recently
derived monomers are organized into HORs within the functional core of the centromere and the
older, divergent monomers are organized further from the core and into the pericentromere (Figure 1b).
In other words, the closer a satellite stratum is to the functionally defined core of the centromere, the
younger and more homogenized the monomers within those HORs will be. It has thus been proposed
that the α satellite strata are a phylogenetic record of the evolution of human centromeres, with the
younger and more homogenized monomers closer to the functionally defined core of the centromere
and older centromere remnants orbiting the central core, indicating the location and/or abandoned
sequence of long-dead centromeres shared with our primate ancestors [40] (Figure 1c).

Once a satellite variant becomes dominant in a species, there is subsequent intrachromosomal
homogenization that further distinguishes chromosome-specific arrays. Recent work in humans
has also revealed that there is variation of chromosome-specific α satellite arrays among different
individuals in the human population [41,42]. Aldrup-MacDonald et al. [41] describe variation within
the α satellite DNA arrays of human chromosome 17 first characterized by several groups over the past
few decades [40,43–45]. At this chromosome, the centromeric region contains three unique α satellite
arrays arranged adjacently: D17Z1, D17Z1-B, and D17Z1-C (Figure 2). Among these three arrays,
only one acts as the functional centromere and recruits CENP-A histones; thus, multiple, potentially
functional arrays on one chromosome are known as epialleles [46]. In roughly 70% of individuals,
the centromere is assembled at the 16-mer D17Z1 locus, while the remaining 30% of individuals
display differential centromere assembly at the D17Z1 locus of one homolog and the 14-mer D17Z1-B
locus of the other [46] (Figure 2a). While the D17Z1-B epiallele can support centromere assembly
in human artificial chromosomes, no individual homozygous for this allele has yet been identified.
Because of this, it is purported that those homozygous for the D17Z1-B epiallele represent a rare, yet
functionally viable, variant in the human population [41]. Similarly, Miga et al. [42] have identified
size and sequence satellite array variants on human chromosomes X and Y via their utilization of
whole-genome shotgun sequencing in efforts to create centromeric reference models [47]. This ongoing
work continues to build upon the foundational understanding of satellite array variation that has been
characterized by others [48,49] and suggests that centromeric HOR variants are not a phenomenon
exclusive to human chromosome 17.

While the underlying molecular foundation for the formation of centromeric epialleles remains
unknown, Aldrup-MacDonald et al. [41] propose, based on their work with somatic cell hybrid
lines, that genomic variation of satellite DNA is an influential factor dictating which epiallele will
assemble centromeric nucleosomes [46]. Using restriction enzyme digestion and Southern blotting
to identify variation in D17Z1, D17Z1-B, and D17Z1-C epialleles, Aldrup-MacDonald et al. [41]
determined that larger D17Z1 satellite arrays were more likely to be both homogenous (wild type for
the canonical 16-mer HOR) and the active site of centromere assembly. By using cytogenetic techniques
like fluorescence in situ hybridization (FISH) and monitoring chromosome stability, it was determined
that centromeres assembling at a highly variant D17Z1 array locus (containing a number of different
HOR variants) were unstable while those assembling at the D17Z1-B locus remained stable despite
D17Z1 variability [41] (Figure 2b). Furthermore, it was determined that these unstable centromeric
locations had about half of the amount of centromeric proteins CENP-A and CENP-C present in
comparison to stable centromeres [41]. These studies suggest that variant chromosome 17 epialleles do
not perform equally and thus highlight the important role variation of satellite DNA might play in the
maintenance of proper chromosome segregation.
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Figure 2. Chromosome 17 epialleles. (a) Ideogram of chromosome 17 (top). Zoom inset of epialleles
showing monomer number for HORs and orientation. D17Z1B HORs carry 14 monomers, as do
D17Z1C HORs. D17Z1 HORs are variable in the human population, with wild type epialleles containing
16-mer, 15-mer, and 14-mer HORs (pink) and variant epialleles containing wild type HORs in addition
to 13-mer and 12-mer HORs (green). (b) Variation of the D17Z1 epiallele is linked to centromere activity.
When the variation in D17Z1 increases, CENP-A nucleosomes (red) decrease; when variation exceeds
80%, the centromere assembles on the D17Z1B epiallele.

3. Centromere Repeats Endure Unique Evolutionary Processes

Although the presence of satellite DNA in centromeres is a shared characteristic found among
many eukaryotic taxonomic groups, as is the protein cascade required for faithful chromosome
segregation mediated by CENP-A, the underlying sequence of this satellite DNA is highly variable and
largely species-specific [50–55]. Tandemly arrayed satellites within a single chromosome experience
high rates of sequence turnover via concerted evolution, a non-independent process of molecular
drive [56] (Figure 3a). Several mechanisms have been invoked to explain this observation, including
nonhomologous and/or unequal crossing over [57], replication slippage [58], gene conversion [59],
and rolling circle amplification and subsequent reinsertion ([60], reviewed in [61]). Such mechanisms
impact sequence homogenization across an array as well as variation in overall array length.

While tandemly arrayed sequences are not capable of transposition, a family of arrays appears
to spread from one chromosome to another, rendering the centromere repeats of non-homologous
chromosomes within a karyotype highly similar and phylogenetically closely related. For example,
several pairs of human chromosomes share the same satellite arrays: chromosomes 1, 5, and 19 [62,63],
13 and 21 [64], and 14 and 22 [65]. Interestingly, chromosomes 13 and 21 in the chimpanzee share the
same satellite array as is observed on the homologous chromosomes 13 and 21 in humans, but the
13/21 arrays of these two species are not orthologous [65,66], indicating some chromosomes efficiently
evoke inter-chromosomal recombination in independent lineages [28]. How this occurs or why this
appears restricted to a subset of chromosomes is not known.

Homogenization of arrays is not linked specifically to the presence of tandem repeats. In
fact, the only stratum of satellites across the centromere/pericentromere that experience forces of
homogenization across an array, and thus carry HORs and high identity repeat units, is that of the
recently derived and functional core [40] (Figure 3a). In other words, only the satellites that serve
as the foundation for the kinetochore undergo continual homogenization, linking the assembly of
the kinetochore to the homogenization process [37], and consequently, rapid evolution. It has been
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proposed that proteins facilitating homogenization, known as a kinetochore-associated recombination
machine (KARM), have become integrated into the kinetochore complex, fostering this core-satellite
specific homogenization process [28,40]. One candidate for this machine is topoisomerase II [40], a
DNA decatenating enzyme that resides in the kinetochore during mitosis and initiates homologous
recombination following the induction of DNA breaks [67].

What is the source material for new satellite arrays that seed within older arrays, eventually
pushing them to outer, non-homogenized and highly variable strata? The library hypothesis [68]
provides one explanation for how satellite DNA content at the centromere may diverge rapidly among
closely related species (Figure 3a). In this scenario, extant but distinct centromeric repeats, representing
a satellite library for a species, may independently expand or contract in copy number in different
evolutionary lineages (be they chromosomes or species within a complex). If a repeat from this library
finds itself in the core of the centromere, associated homogenization and expansion could result in
the establishment of what appears to be a new satellite array [69–74]. In some cases, the seeding of a
centromere from such a library is facilitated by chromosome rearrangement [75–77].

Figure 3. Schematic of the evolutionary mechanisms that impact centromere repeats. (a) Two models
for the derivation of species-specific satellites are shown: (left) A satellite array evolves from a library
of satellites, culminating in a dominant satellite; (right) TE insertion(s) followed by mutations, such as
deletions, lead to the evolution of new satellites. In both cases, a homogenized array evolves through
molecular drive mechanisms, such as intra-array concerted evolution. Stabilization of the arrays into
HOR arrays defines the active centromere core, where CENP-A nucleosomes (red) are assembled.
Other events, such as inter-array conversion, can lead to the spread of new HORs or changes in HOR
copy number (bottom). (b) Two homologous chromosomes share the same satellite repeat (red), but
one homolog experiences an expansion of that repeat through de novo mutations. During female
meiosis, the larger centromere attracts more microtubules, resulting in the loss of the homolog with the
weaker centromere into the polar body during meiosis I. The larger centromere is preferentially driven
to the viable egg following unequal distribution of chromatids during meiosis II.

Another mechanism proposed to give rise to the variability of satellite sequences in different
species is a meiotic drive model, known as centromere drive [78] (Figure 3b). As predicted by this
model, satellite arrays attract more microtubules during female meiosis if the arrays experience
accretion [79,80]. Preferentially sorted into the egg, these expanded satellite sequences are predicted
to promote increased rates of evolution of centromere proteins, particularly CENP-A, which directly
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interacts with satellite DNA, through genetic conflict. Eventually, these divergent centromere proteins
become highly prevalent in the population as they evolve to restore parity in meiosis [52,81]. In fact,
this model is supported not only by the rapid evolution and variability of satellites in a variety of
species, but by the positive selection of nucleic-acid interacting centromere proteins like CENP-A
and CENP-C in plants, primates, and others [82–86]. This model is further supported by evidence
that Robertsonian fusions with a single centromere are preferentially segregated due to a higher
recruitment of CENP-A, Ncd80, and microtubules than their unfused mates [87]. Heterozygosity for
these fusions has been observed to reduce male fertility, creating a selective pressure for the fixation of
a new karyotype via a fitness cost ([88], reviewed in [89]).

Despite the ability of the centromere drive model to explain the high variation observed in
satellite sequence from one species to the next, this model does not offer a complete mechanism by
which chromosomal evolution and karyotypic changes may occur, particularly when considering the
circumstances of de novo centromere formation. Described in human patients presenting with an
abnormal karyotype (reviewed in [90]), a neocentromere forms on an ectopic site on a chromosome
when the original centromere is lost or inactivated, or the entire karyotype is unstable, as in cancer
(e.g., [91]) —Note: It has been argued that the term neocentromere is incorrectly used to describe de
novo centromeres that are kinetochore-competent [92]. The original use of the term neocentromere
is attributed to describe subtelomeric heterochromatin blocks that behave similarly to centromeres
but do not build a traditional kinetochore [93]. While stable neocentromeres can be fully functional in
kinetochore assembly and thus maintain proper chromosome segregation, most lack the typical satellite
DNA characteristic of centromeric regions [94–99]. Not only are functional neocentromeres devoid
of satellite DNA, but in some cases, the original inactive centromere retains satellite arrays yet they
no longer recruit centromere proteins (and thus are rendered non-functional) (reviewed in [90,100]).
The identification of functional neocentromeres lacking satellite DNA spawned the prediction that
satellite DNA is neither sufficient nor required for centromere function [101], despite its apparent
ubiquity across taxonomic groups.

Neocentromeres are not restricted to clinical cases of chromosome instability; shifts in centromere
location with no discernable change in intervening gene order distinguish species-specific karyotypes
in many eukaryotic taxa. Formerly referred to as centric shifts [102,103], these evolutionary new
centromeres (ENCs) [104] (Figure 4) have been characterized in primates, horses, cattle, marsupials,
plants, insects, and many other species complexes (see [102–108] for examples). Moreover, several
groups have noted a lack of higher order satellite arrays in newly emerged, functional centromeres,
indicating that the formation of homogenized arrays succeeds centromere fixation in a population [109].
It has been proposed that following the fixation of a novel centromere in a species, satellite
arrays accumulate to further stabilize the centromere [110,111]. Successive interchromosomal
homogenization further support the establishment of large, stable regional centromeres that are
rendered species-specific [109,112–115]. Thus, ENCs accumulate satellite DNA arrays across successive
generations as they phylogenetically age, while their immature counterparts lack these types of
repetitive sequences (Figure 4).

Not only has it been established that some recently emerged centromeres lack the higher order
satellite arrays characteristic of functional centromeres in a wide variety of organisms, but species in
the Equus genus carry several centromeres that lack satellite DNA altogether [110,111,116]. Included
in those devoid of satellite DNA are ENCs, repositioned to a non-centromeric location following
the loss of function at the original centromere [108]. Based on the emerging ENC hypothesis, the
recently diverged Equus genus, estimated to share a last common ancestor with other genera just
2–3 million years ago despite considerable karyotypic variation, would be predicted to contain de novo
centromeres helping drive karyotypic variation that lack satellite DNA. Immuno-FISH experiments
using satellite DNA and antibodies against CENP-A completed by Piras et al. [111] identified both
functional centromeres lacking satellite DNA as well as satellite repeats present at non-centromeric
locations, suggesting the presence of both immature centromeres and ancestral yet inactive centromeric
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locations, respectively. The identification of a fixed, satellite-free centromere on chromosome 11 in
Equus caballus presented a distinctive opportunity to test whether there was detectable variability in
kinetochore assembly localization on an ENC. ChIP-on-chip analyses in five Equus individuals using
an antibody against CENP-A revealed at least seven functional centromere epialleles on chromosome
11 dispersed across a region of 500 kb and extending between 80 to 160 kb [117]. The results of these
experiments, and recent work in Equus asinus [110], demonstrate significant plasticity in CENP-A
binding domains among individuals and suggest the potential for centromeres across mammalian
species to positionally ‘slide’, resulting in the formation of variable functional epialleles [110,111].

 

Figure 4. The hypothetical evolution of new centromeres. The ancestral chromosome in this example
is submetacentric (the centromere is indicated with red ‘nucleosomes’). The active locus (black dot)
carries satellite arrays. Some individual(s) in a population experience the destabilization of the active
centromere and formation of a neocentromere, perhaps through the activation of a new TE, resulting in
a centric shift (CS). The new centromere is indicated with a black dot, while the latent centromere is
indicated with an open circle. The new centromere becomes fixed in a population and eventually gains
new satellite arrays (orange), either by interchromosomal seeding from the old centromere (grey) or
from the TE itself. Over time, the latent centromere loses its HORs while the new centromere becomes
stabilized. In some cases, the ENC can lead to a new species karyotype.

Genome sequencing efforts have further revealed that many eukaryotic species lack centromeres
enriched for satellite arrays. For example, sequencing following chromatin immunoprecipitation
with antibodies to centromeric proteins CENP-A and CREST, Johnson et al. [118] report a lack of
satellite arrays in the centromeres of the recently characterized koala (Phascolarctos cinereus) genome,
an observation also described in gibbon centromeres and suggestive of the recent evolution of new
elements associated with centromere function [119]. Furthermore, this observation has also been
documented in a number of other species with small centromeres, ranging from plant species like
rice [120] and potato [74] to marsupials like the tammar wallaby [121,122], and fungal species such
as Candida albicans [123,124]. Taken collectively, new centromere formation is likely not initiated by
satellite DNAs; however, satellite DNA is a shared feature of regional centromeres and thus likely
promotes their stability. While the introduction of α satellite arrays in human cells can result in the
formation of a functional neocentromere, supporting the proposal that satellite DNA is foundational
to centromere activity [125,126], the seeding of new ectopic neocentromeres appears to occur in the
absence of satellite DNA.
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4. Satellites and Their Party Friends—Transposable Elements

While satellite DNA is pervasive in the stable, regional centromeres of many species, another
class of repetitive element is found within satellite-rich centromeres, ENCs, and neocentromeres:
TEs. TEs are repetitive sequences that are able to alter their location in the genome and thus are
often considered selfish elements [1,127,128]. Originally characterized by cytogeneticist Barbara
McClintock [129], transposable elements can be divided into two categories based on mobility;
transposons alter their position directly via a cut and paste mechanism, while retrotransposons move
via a copy and paste mechanism through which an RNA intermediate is first created before being
reverse transcribed into an identical DNA sequence inserted at a particular genomic locus [130,131].

Transposons moving via a cut and paste mechanism, also called type II transposable elements,
require a self-encoded enzyme, transposase, in order to move from one locus to another [130,131].
The transposon, flanked by terminal inverted repeats, is recognized by transposase which removes
the transposon before reintegrating it at a target location. The gap left behind by transposon excision
can be repaired either with, or without, the addition of a replacement transposon. Dissimilarly,
retrotransposons, also called type I transposable elements, rely on the transcription of an RNA
intermediate as part of their transposition [130,131]. Following transcription, retrotransposon RNA
intermediates are reverse transcribed into identical DNA sequences and integrated into a target
locus [130,131]. Unlike transposase-mediated mobility, the number of retrotransposons present in a
genome increases in number each time they undergo transposition.

Like satellite DNA, transposable elements form a significant portion of eukaryotic genomes.
In fact, due to the ability for many subfamilies to multiply during retrotransposition, TEs can occupy a
significant majority of eukaryotic genomes [132–134], constituting up to 85% of the maize genome [134]
and nearly 50% of the human genome [135]. Historically believed to simply self-propagate, it is now
understood that these elements not only comprise a bulk of eukaryotic DNA but also contribute
significantly to a wide range of regulatory functions within a genome. Unsilenced TEs have been
observed to contain cis-regulatory sequences that, due to their motility, have been dispersed broadly
throughout the human genome [136,137]. These cis-regulatory elements have been shown by several
groups to act as promoters, enhancers, and repressors of transcription [138–142]. Using human
and mouse cell lines, Sundaram et al. [136] found that 20% of transcription factor binding sites were
embedded within transposable elements. Similarly, Cao et al. [142] identified widespread enhancer-like
repeats throughout the human genome, many of which were enriched in the mammalian-wide
interspersed repeat (MIR) family of short interspersed nuclear elements (SINEs) and the L2 family of
long interspersed nuclear elements (LINEs). Moreover, Makarevitch et al. [143] suggest the potential
for TEs to provide a mechanism for the upregulation of particular genetic transcripts following
abiotic stress in maize via their enhancer-like activity. These studies represent just a fraction of the
mounting evidence suggesting that TEs provide necessary regulatory functions within a genome
(e.g., see [4,144,145] for reviews).

Despite the high frequency of transposable elements in both human and other eukaryotic genomes,
the majority of transposable elements are not actively moving from one genomic locus to another.
While mutations have rendered many transposable elements inactive, some have been epigenetically
silenced through various mechanisms, such as post transcriptional modifications via RNA interference,
DNA and chromatin modifications, and germline silencing. Epigenetic silencing prevents TEs from
producing the proteins required for mobility despite a lack of change to the underlying DNA sequence
(reviewed in [109,146,147]).

While satellite DNA is characteristic of centromeres across eukaryotic organisms, the surrounding
regions of pericentric heterochromatin are often enriched in TE content. For example, while human
centromere cores are enriched for tandem repeat stretches of α satellite DNA, the surrounding
heterochromatin regions consist of shorter satellites (e.g., satellites I and II) and primarily two
different types of retrotransposons: LINEs and SINEs. Emerging models of centromeric contigs
have shown that TE insertions are also found within HOR arrays of the centromere core of all human
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chromosomes [148–150]. This characteristic, coupled with the observations that TEs are often found at
both neocentromeres [99,151,152] and ENCs that are devoid of any satellite content [117,118,153,154],
suggests a potential role for TEs in centromere function independent of resident satellite DNA.

While the exact role TEs play in centromere function is not currently known, several features
of centromeric TEs have been revealed. For example, epigenetic silencing of transposable
elements appears to be critical in maintaining proper centromere function and chromosome
segregation [147,155,156]. In mice, activating regularly silenced long terminal repeat (LTR) and
non-LTR retrotransposons at centromeric regions has led to defects in both meiosis and chromosomal
segregation, suggesting the necessity of epigenetically silent transposable elements for appropriate
centromere function [156]. Undermethylation of centromeric retroelements in interspecific hybrids led
to centromere destabilization and chromosome instability [157,158], indicating that tight regulation of
TE activity underlies centromere stability. Moreover, studies have suggested a link between centromeric
retrotransposons and the silencing of satellite DNA in the centromere, as well as a link between satellite
DNA and the silencing of retrotransposons. May et al. [159] describe this relationship in Arabidopsis
thaliana, in which satellite-derived transcripts are epigenetically silenced in part due to the insertion
of transposable elements. Phylogenetic analyses and TE annotations have led to the observation
that species-specific [118] and recently active [160] or hot TEs [152,161] are often the type of element
found within centromere cores, while divergent and ancestral TEs are relegated to the hypermutated
satellites [30,40,149] found in the outer strata of the centromere and pericentromere (Figure 1a,b).

It has been suggested that a close evolutionary relationship exists between centromeric TEs and
the birth of new satellite families (Figure 3a). In the plant species Aegilops speltoides, a 250 base pair
repeat satellite array family is present at centromeres [162]. While not identical to that of a transposable
element, this satellite DNA sequence shares high similarity to portions of a transposable element:
Ty3/gypsy-like retrotransposons. Furthermore, this phenomenon has been observed in other model
species as well, including members of the Arabidopsis [163], Drosophila [164], and Cetacean [165] genera.
A recent study observed that tandem dimers of TEs form during bursts of TE activity and may serve as
fodder for the evolution of satellite arrays, as was found for the hobo element in Drosophila [166]. It has
been proposed that large-scale mutations, insertions and deletions within centromeric TEs followed by
unequal crossing over or even seeding across chromosomes, may give rise to novel tandem repetitive
elements found highly enriched at centromeres [112,167–170]. These processes are thought to act as
part of the host-defense mechanisms to inactivate mobile elements ([171,172] but see [173]) or prevent
non-allelic homologous recombination ([174,175] and reviewed in [109,176,177]).

Within plants, allopolyploidy presents a unique opportunity for the evolution of centromeric
sequences from resident TEs. Following allopolyploidization, and during the genomic instability that
ensues, centromeric TEs from the different progenitor genomes may become activated [178]. Evidence
has been found in Gossypium (cottons) that such activation likely occurred, resulting in the integration of
TEs from one genome into another, and subsequent proliferation among centromeres [179]. This activity,
coupled with the exposure of new genomic material in the polyploid state, provides an opportunity
for competition among multiple, newly emerged centromere repeats and the possible selection for
repeats that are more conducive to supporting centromere nucleosome structure [180].

5. Transcription in the Centromere—Let’s Get the Party Started!

While a function for satellite DNAs in kinetochore assembly and/or stability has been inferred
since their discovery (e.g., [181–183]), a common misconception has been that these sequences were not
actively transcribed into RNAs (but see [184] and references therein from the 1960s). Undoubtedly, the
discovery that satellite DNAs are transcriptionally viable has led to a shift in how we view centromeric
chromatin [185,186]. Soon after the discovery of satellite DNA in cesium gradients, electron microscopy
revealed RNA at plant and animal centromeres [187,188], although satellites themselves were not
directly linked to active transcription. Furthermore, examination of the linear organization of histones
within centromeres using chromatin fiber FISH revealed that CENP-A nucleosome domains were
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interrupted by nucleosomes containing H3K4me2 [189,190] and H3K36me2 [191], epigenetic marks of
active transcription. Using chromatin immunoprecipitation, Choi et al. reported the detection of RNA
polymerase II at centromeres in the fission yeast Schizosaccharomyces pombe [192]. Further analyses
have identified the presence of RNA polymerase II at centromeres in humans [193], flies [194,195], and
budding yeast [196], among others. The presence of RNA polymerase II at these sites suggested active
transcription occurring from the DNA present at centromeres: satellites and TEs.

Transcripts originating from centromeric satellite DNA and TEs have now been observed in a
variety of species across eukaryotes [122,159,186,194,196–204], while some species, such as S. pombe,
exhibit transcription of boundary elements (e.g., tRNAs [205]). Thus, centromeric RNAs are a
conserved component of the centromere, despite a lack of sequence conservation across these regions.
Recent work implicates centromere transcription as integral to centromere function, impacting the
pivotal event in centromere assembly: the loading of newly synthesized CENP-A histones. For
example, in budding yeast [196] and human artificial chromosomes [191,206,207], transcriptional
silencing of centromeric DNA has been shown to lead to a failure to maintain proper centromere
function. In human artificial chromosomes, this malfunction was attributed to the inability to load
new CENP-A during mitosis to G1. Conversely, upregulation of satellite transcripts is also detrimental
to centromere function, causing the removal of the CENP-A histone variant [196,200,207,208] as well
as cellular instability [196,200,209–213]. Intriguingly, several proteins involved in the kinetochore
assembly cascade are either RNA binding proteins or have been demonstrated to associate with
RNAs in a complex, including CENP-A [199], CENP-C [202,214], and KNL2/M18BP1 [215]. While the
transcriptional framework underlying centromere assembly is not fully understood (but see [109,186]),
several mechanisms have been proposed that can promote transcription within regional centromeres.
Early work in plants [199] and marsupials [122] supported the hypothesis that centromeric TEs
promote transcription, and their ability to transcribe neighboring satellites is implied by the presence
of bi-directional promoters within these TEs [200,216–218]. More recently, it has been hypothesized
that non-B form DNA facilitated by dyad symmetries and CENP-B binding within centromeres may
facilitate transcription [219]. While there is a clear connection between transcription and centromere
nucleosome assembly [194,195,199,200,220,221], how and when this occurs during the cell cycle
remains elusive.

Transcription has also been linked to the emergence of new centromeres. In a human
neocentromere case, a L1 was found transcribed and actively demarcating the CENP-A domain
of the new centromere [152,222]. Given earlier work demonstrating that demethylation of centromeric
TEs led to increased activity [158], release of ectopic TEs from a silenced state may facilitate their
transcription and subsequent recruitment of CENP-A nucleosomes, leading to the rescue of acentric
chromosome fragments following the inactivation of the native centromere. How an ectopic site
becomes activated, enabling the recruitment of CENP-A nucleosomes in the absence of chromosome
damage, as is implied by centromere repositioning events, is unknown. If multiple inversion events,
insertion events by active TEs, or simply deletions of part of an HOR array lead to the interruption of
the native satellite array, destabilization of the kinetochore assembly cascade may follow, necessitating
a rescue centromere elsewhere on the chromosome. Perhaps the most recent TE insertions in a genome
allow ectopic centromere formation as such elements have yet to experience silencing by host defense
mechanisms. Under this model, some mechanism must prevent the activation of ectopic centromeres
at these hot elements when native centromeres are still functional to prevent the formation of dicentric
chromosomes and subsequent breakage-fusion-bridge cycles [223–225].

6. Conclusions

The influence of repeated DNAs on eukaryotic genomes is often presented in the framework of
the logical fallacy that repeated DNA should no longer be considered inconsequential ‘junk DNA’.
Contextualizing repeated DNAs under such as false descriptor, even when presented as an oft
challenged and subsequently defeated cliché, undercuts not only the long-standing validity of studying
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repeated DNAs, but the growing impact the field of repeat DNA biology has had on our understanding
of eukaryotic genome biology and evolution. The repeats found at centromeres are an excellent
case in point. There is little doubt that centromeric repeats, including both satellites and TEs, are
integral to centromere function and stability as well as the evolution of novel karyotypes. The models
discussed herein are not all-inclusive yet demonstrate the unique processes that have allowed for
significant species-specific variation among repetitive DNAs despite a simultaneously foundational
role in genome stability and regulation. As we gain an understanding of the evolutionary forces
that influence the constitution of centromeric DNA, we can start to unravel the impact centromeric
sequences have on both maintaining chromosome stability within a species and karyotypic change
during species evolution.
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Abstract: Epigenetic modifications have an important role to explain part of the intra- and
inter-species variation in gene expression. They also have a role in the control of transposable
elements (TEs) whose activity may have a significant impact on genome evolution by promoting
various mutations, which are expected to be mostly deleterious. A change in the local epigenetic
landscape associated with the presence of TEs is expected to affect the expression of neighboring genes
since these modifications occurring at TE sequences can spread to neighboring sequences. In this
work, we have studied how the epigenetic modifications of genes are conserved and what the role of
TEs is in this conservation. For that, we have compared the conservation of the epigenome associated
with human duplicated genes and the differential presence of TEs near these genes. Our results show
higher epigenome conservation of duplicated genes from the same family when they share similar
TE environment, suggesting a role for the differential presence of TEs in the evolutionary divergence
of duplicates through variation in the epigenetic landscape.

Keywords: transposable elements; gene duplication; gene evolution; epigenetics

1. Introduction

Epigenetic changes can explain part of the variation in gene expression observed between tissues
from the same organism [1–4], or the fate of individuals like in honeybees by affecting the differentiation
between the queen and the workers [5] or in the determination of the different casts in ants [6].
These examples are likely to represent only a tiny fraction of all the possible effects of epigenetic
processes. In sum, epigenetic modifications are important actors of the gene expression modulation
such as variation in expression among tissues, developmental stages or in response to environmental
changes [7]. Three epigenetic mechanisms have been identified that can work jointly to regulate gene
expression. DNA methylation usually occurs in the context of CpG dinucleotides and is associated
with transcription silencing [8–11]. RNA interference mechanism is characterized by the synthesis
of small noncoding RNAs, which, when associated with a protein complex, can target messenger
RNAs and trigger their degradation [12,13]. Histone modifications correspond to post-translational
biochemical changes occurring at particular amino acid residues of these proteins that are at the basis
of nucleosomes [11,14,15]. According to the type of histone modifications, the effect can either compact
or relax the chromatin structure; both have a direct impact on the gene expression [3,16]. Due to their
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important role in gene regulation, epigenetic modifications can potentially cause diseases under certain
circumstances when a global modification of the epigenetic landscape happens [17].

It has long been suspected that changes in gene regulation may play a role in the adaptation
and evolution of organisms [18]. In particular, epigenetic divergence has been proposed to affect
species divergence by conferring hybrid incompatibility like in the example of the formation of
mouse subspecies, which is linked to methylation of lysine 4 from histone 3 (H3K4me) [19]. In three
cell lines, variation of gene expression in primates could be associated with changes in H3K4me3
localization [20]. Similarly, changes in DNA methylation have been shown to partly explain the
divergence of gene expression in the brains of humans and chimps [21]. This variation in DNA
methylation could also explain the evolution of vulnerability to some diseases in humans since
among the list of impacted genes, several of them have been associated with human diseases like
neurodevelopmental and psychological disorders. Epigenetic conservation or divergence is also
linked to the DNA sequence conservation. For example, in humans, hypomethylated CpG islands
have been shown to be under selective constraints [22]. These CpG islands were also shown to be
more enriched in trimethylated H3K4 and H3K36, and in acetylated H3K27 [23]. The acquisition of
hypermethylated DNA in humans is coupled to a very rapid nucleotidic evolution near CpG sites [24].
In this last work, the authors showed a genome-wide conservation of DNA methylation profiles
when comparing humans and various primates, with the presence of regions with human specific
patterns not localized near transcription start sites. Some epigenetic modifications can be conserved
between species. For example, the trimethylated H3K36 modification is conserved in exons and introns
between humans and mice [25]. A wide comparison of three histone modifications among several cell
types from humans and mice showed a strong association between the stability among the cell types
(intraspecies) and the conservation between species of these modifications against both genetic and
environmental changes [26]. Among invertebrates, gene body DNA methylation has been shown to
be conserved on very long evolutionary time scales, suggesting a function of DNA methylation in
the different genomes [27]. The same kind of results have been observed in plants in which a strong
conservation of gene body methylation was observed that targeted slowly evolving genes, indicating
that the methylation level can have evolutionary consequences [28]. At an intraspecific level, epigenetic
modifications may be implicated in functional divergence by facilitating tissue-specific regulation.
For example, human duplicated genes are initially highly methylated, then gradually lose DNA
methylation as they age [29]. Within each pair of genes, DNA methylation divergence increases
with time. Moreover, tissue-specific DNA methylation of duplicates correlates with tissue-specific
expression, implying that DNA methylation could be a causative factor for functional divergence
of duplicated genes [29]. However, epigenetic modifications may also play a role in the functional
conservation. For example, in some plants, paralogous genes associated with trimethylated H3K27
showed the highest coding sequence divergence but the highest similarity in expression patterns
and in regulatory regions when compared to paralogous genes in which only one gene was the
target of this histone modification [30]. In this case, the histone modification could be responsible
for the conservation of gene expression. By comparing segmental duplications regions in humans,
a widespread conservation of DNA methylation and some histone modifications was observed
when considering recently duplicated regions [31]. For the regions displaying divergence in DNA
methylation and chromatin states, particular DNA motifs were detected.

Eukaryotic genomes are formed from a variety of elements among which protein-coding genes are
a minority. In the human genome, for example, the protein-coding genes represent only a very small
fraction (<2% of the genome), whereas repetitive sequences represent more than half [32]. While the
non-coding part was first thought to have no function [33], it is now known to be composed of
a mixture of repetitive DNA and non-functional sequences interspersed with non-coding RNA genes
and regions that are crucial for transcriptional and post-transcriptional regulation [34,35]. The greater
part of repeated DNA is classified as transposable elements (TEs), with several millions of them
inserted throughout the human genome. Because of their presence in genomes, TEs have a significant
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impact on genome evolution and on gene functioning [36,37]. For example, a bias in the distribution of
TEs in and near genes has been observed, showing that TEs are found to be under represented inside
genes, which indicates that they are counter selected in these regions [34,38]. Moreover, TEs have been
shown to be associated with the evolution of duplicated genes [39,40]. To counteract their deleterious
effects, TEs are regulated by the host genome via epigenetic mechanisms to suppress or silence their
activity [41,42]. In normal mammalian cells, TEs are usually methylated, therefore transcriptionally
silenced [41]. In some abnormal cells where DNA methylation is abolished, TEs can be mobilized,
resulting in a potential impact on the integrity of the cell [43,44]. A change in the local epigenetic
landscape associated with the presence of TE sequences is expected to affect the expression of the
neighboring genes since these modifications occurring at TE sequences can spread to neighboring
sequences, as has been observed in mice, in plants or in fungi [45–51]. In humans, the recent insertion of
an Alu element was identified as the cause of increasing levels of DNA methylation in its surrounding
genomic area, which inactivated the neighboring gene expression [52]. When comparing histone
modification of genes between normal and cancer conditions in humans, we found that the presence of
TEs near genes was associated with more changes in histone enrichment [53]. In primates, some TEs
have been identified as a source of novelty in gene regulation, in association with changes in histone
modifications [54]. Alu elements were observed to be enriched around methylated sites of discordant
paralogous regions corresponding to segmental duplications in human [31]. Differentially methylated
regions between humans and primates were shown to be enriched in endogenous retroviruses in
hypomethylated human specific regions [24]. Thus, the presence of TEs in a genome may have a direct
influence on the epigenetic variations directed on the host genes, potentially influencing their fate
and functioning.

In this work, we have explored how the epigenetic modifications of genes are conserved and what
the role of TEs is in this conservation. For that, we have studied the conservation of the epigenome at
an intraspecific level in humans. By measuring, in different cell types, the divergence of epigenetic
modifications associated with duplicated genes and linked to the presence of TEs near the genes,
we have determined the impact of TEs on epigenetic changes and expression divergence associated
with the time since duplication. Our results show that the presence of TEs is associated with variation
in histone modification enrichment and methylation level of neighboring genes but also that a similar
TE environment near duplicated genes is related to higher conservation of epigenetic modification
and expression.

2. Material and Methods

2.1. Duplicated Genes

Gene families were retrieved from the HOGENOM database [55], which contains functional
proteins from 1400 organisms grouped by sequence homology coming from various nucleotide
sequence collections. Among the 10,064 gene families for which we were able to identify Ensembl gene
access numbers in the human genome version GRCh38, 1420 families contain two functional human
genes (list provided as Supplementary data S1). We determined for each of these pairs the divergence
between the two genes by aligning the protein sequences and subsequently the nucleotidic sequences
to keep the codon alignments. The sequence divergence estimates between duplicated genes of a given
family were computed using the YN00 module of paml [56] to obtain the synonymous substitution
rate (dS), the non synonymous substitution rate (dN) and the omega ratio (dN/dS).

2.2. Epigenetic Modification and Expression Data

This study makes use of data generated by the BLUEPRINT Consortium (www.blueprint-
epigenome.eu). We have retrieved epigenetics and expression data from four normal cell types
extracted from cord blood of female individuals and corresponding to two precursor cell types
(cd14+cd16− (access number C005PS) and erythroblast (access number S002S3)) and to two
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differentiated cell types (macrophage (access number S00BHQ) and cd8T (access number C0066P)).
Methylation, histone modification and expression data have been generated by the alignment of
BS-seq, ChIP-seq and RNA-seq reads on the human genome (version GRCh38) using the mapper
bwa [57] with a random location assignment for multiple hits [58]. We thus used the methylation
status (hypomethylated, hypermethylated, and standard), and the histone enrichment for six histone
modifications (H3K27me3, H3K9me3, H3K27ac, H3K4me1, H3K4me3 and H3K36me3) of genomic
regions, and the expression level of annotated genes (FPKM) as provided by the BLUEPRINT
Consortium. The mean histone enrichment was computed for each gene and corresponds to the average
fold enrichment of the given histone modification for the positions covered by the gene, normalized by
the gene size [53]. We have determined the mean level of methylation of each gene from the identified
hyper- and hypo-methylated regions covering the gene. Hyper-methylated regions correspond to
regions with an average methylation level of >0.75 and hypo-methylated regions have an average
methylation level of <0.25. These values correspond to the ratio of reads with an unconverted cytosine
(i.e., C) over the sum of all reads containing either an unconverted cytosine or a converted cytosine (i.e.,
T). We thus have considered a gene globally hypo- or hyper-methylated when the average methylation
ratio covering its position was <0.25 or >0.75 respectively. Its level of methylation was considered as
standard otherwise. For the expression analysis, a gene was considered as expressed if it has an FPKM
value of at least 0.5 [59]. As recommended [60], the expression data of a given gene i in each cell type
were converted from FPKM to TPM using the formula TPMi =

FPKMi
∑ FPKM ·106 to normalize the values

in each cell type allowing direct comparisons. The divergence of expression between the two genes
g1 and g2 from a given family was estimated by the Manhattan distance dm across the four samples
according to the formula:

dm =
1
2

4

∑
k=1

∣
∣
∣
∣
∣

g1,k

∑4
k=1 g1,k

− g2,k

∑4
k=1 g2,k

∣
∣
∣
∣
∣

2.3. Transposable Elements Neighborhood

The TE annotation from the latest version of the human genome assembly was obtained by
parsing the repeat-masker output file available on the website of the University of California,
Santa Cruz (http://hgdownload.cse.ucsc.edu/goldenPath/hg38/bigZips/) using the program
one-code-to-find-them-all [61] with the –strict option to avoid false positive identification. This program
assembles each TE copy and determine their positions in the genome. Although polymorphic TE
insertions are present when comparing different individuals and may locally have an important impact
on health, they represent only thousand of insertions, which is fare less than the millions of fixed
ones [62]. In this work, we are investigating the influence of fixed TE insertions for normal conditions.
For each human coding gene, we computed the TE density and the TE coverage using a 2kb-flanking
region upstream and downstream the gene as proposed by Grégoire et al. [53] to cover the promoter
region of the genes in addition to the entire gene. The density estimates the number of TEs in a given
region normalized by the size of the region and the coverage measures the proportion of nucleotides
belonging to an TE in the considered region. We have considered in our approach all types of TEs
globally, without differentiating the classes. It is known that epigenetic modifications may differ
according to the type of TEs [63]; however, it would be impossible to have a large enough sample
size of duplicated genes if considering only those with just one type of TE in their vicinity, the unique
condition to really analyze the TE type contribution without any confounding factors due to the
presence of other TEs.

2.4. Gene Classification

All human coding genes (18,938 genes) were clustered according to their level of density
and coverage of TEs using the K-medoids algorithm as implemented in the pam() function of
the R package [64], which allows an unsupervised classification in a defined number of classes.
We thus defined five gene categories from TE-free genes (genes with no TE in their neighborhood)
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to TE-very-rich genes (genes with numerous TE in their neighborhood). The genes with density and
coverage of 0 were defined as TE-free genes. The remaining genes were clustered using both density
and coverage values to discriminate between the TE-very-poor (mean density of 0.0003 insertions/pb
and mean coverage of 0.086), TE-poor (mean density of 0.0007 insertions/pb and mean coverage of
0.196), TE-rich (mean density of 0.0012 insertions/pb and mean coverage of 0.304), and TE-very-rich
genes (mean density of 0.0025 insertions/pb and mean coverage of 0.419).

We determined three age classes (young, middle-age and old) of gene families based on the
intra family synonymous substitution rate (dS) values with young families corresponding to gene
pairs with dS < 1, middle-age families corresponding to gene pairs with 1 ≤ dS < 2, and old families
corresponding to gene pairs with dS > 2 [29].

2.5. Statistical Tests

All statistical analyses were performed using R version 3.2.3 [64]. The Kolmogorov-Smirnov test
was used to compare the distribution of two samples, the Kruskall-Wallis test was used to determine
whether samples originated from the same distribution, and the Spearman test was used to determine
if the correlations between the compared data were significantly not null. The Pearson’s chi-squared
goodness of fit test was used to determine whether there was a significant difference between the
expected and the observed frequencies in one or more categories of possible associations of TE context
for duplicated gene pairs. It is designed to test the null hypothesis that an observed frequency
distribution is consistent with a hypothesized theoretical distribution. P-values were computed by
Monte Carlo simulations with 2000 replicates. In this test, simulations are done by random sampling
from the discrete distribution specified by the given theoretical distribution, each sample being of size
n = sum(x), with x the numeric vector of absolute observed frequencies (see help of R for more details).
To account for multiple testing, we used the Benjamini–Hochberg procedure to compute q-values.

3. RESULTS

3.1. Duplicated Genes in the Human Genome Are Mainly Located on Different Chromosomes, Represent Old
Events and Display Similar TE Environment

Among the 10,064 homologous families present in the HOGENOM database grouping 16,144
human proteins, about 75% of the families contain single copy genes (7576 families). The 25% remaining
families contain from 2 to 345 human genes. We decided to focus our analyses on gene families with
two copies (that we will refer to in this manuscript as “duplicated genes”), which represent 14.53% of
all gene families (1462 families containing 2924 proteins). Among the 2924 proteins, we were able to
find the corresponding gene ids in Ensembl for 2840 genes.

These duplicated genes are quite old as confirmed by the elevate mean synonymous rate we
obtained when comparing the gene pairs (mean dS = 3.136). Indeed, this rate increases with the time
since the duplication event [29]. Only 48 pairs of duplicated genes displayed dS values less than 0.25,
which indicates that they represent very recent duplicates, among the 99 pairs of duplicated genes
that we qualified as young families. Among the others, 189 pairs were considered as middle-age
families and 1132 pairs were considered as old families. We determined the physical distances between
the duplicated genes. The vast majority (2464 over 2840 genes representing 86.76% of all duplicated
genes) is located on different chromosomes. Among the remaining 376, 26 duplicated genes are
overlapping and the global distance between the other 350 duplicated genes is quite high since
the median distance is about 81 kb (72kb when considering only young families and 109 kb when
considering only middle-age and old families). When we looked at the position of genes according
to the age of the family (young, middle-age and old), 72% and 94% of middle-age and old families,
respectively, had their genes on different chromosomes, whereas only 37% of the young families had
their genes on different chromosomes. We examined the level of sequence divergence by estimating the
omega ratio (corresponding to the dN/dS ratio) for all duplicate pairs (Figure 1A). The ratios centered
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around a median at 0.129 with only four families with omega > 1. This indicates rather slow rates of
protein evolution, suggesting that the genes of all these families are evolving under purifying selection.

Figure 1. Distribution of the omega (dN/dS) ratio computed between duplicated genes from a same
family, (A) for all families, (B) for families whose two genes have the same transposable elements (TE)
environment, (C) for families whose two genes have different TE environment.

We then explored the TE environment of the duplicated genes. All coding genes from the human
genome were clustered according to their TE environment (see method) and we then considered only
the duplicated genes. The distributions corresponding to the number of genes according to their TE
neighborhood category between all genes in the genome and the duplicated genes are not different
(Table 1; X-squared = 2.4439, df = 4, p-value = 0.6547).

Table 1. Number of genes according to their TE neighborhood category.

TE Category All Protein Coding Genes Duplicated Genes

TE-free 773 (4.08%) 109 (3.84%)
TE-very-poor 4830 (25.50%) 713 (25.10%)

TE-poor 5885 (31.08%) 915 (32.22%)
TE-rich 4848 (25.60%) 729 (25.67%)

TE-very-rich 2602 (13.74%) 374 (13.17%)

In both cases, TE-free genes are the less abundant category since they represent less than 5% of all
genes. The TE-very-rich genes are also less frequent (less than 14%). Both TE-very-poor and TE-rich
genes represent the same proportion in the genome (>25%). The most represented category concerned
the TE-poor genes (>30%). We then explored for each gene family if the two duplicated genes have
similar TE environment. We observed that in a large proportion of the families (31.9%—453 families),
the two genes are assigned to the same TE neighborhood cluster. This is significantly higher than
when grouping randomly two genes (24%; X-squared = 35.584, df = 1, p-value = 2.443 × 10−9) and this
remains significant when considering only families whose genes are located on different chromosomes.
When considering all possible associations of TE context for duplicated gene pairs, their observed
occurrences are significantly different than expected according to the frequencies of TE categories in
the entire genome (Table 2; X-squared = 226.52, p-value estimated according to 2000 replicates using
Monte Carlo test = 0.0004998).
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Table 2. Number of gene families according to the TE neighborhood category of each duplicated gene.

TE Environment of the Second Gene

TE-Free TE-Very-Poor TE-Poor TE-Rich TE-Very-Rich

TE Environment
of the First Gene

TE-free 20 (1.41%) / / / /
TE-very-poor 36 (2.53%) 121 (8.52%) / / /

TE-poor 18 (1.27%) 220 (15.49%) 169 (11.90%) / /
TE-rich 13 (0.91%) 143 (10.07%) 229 (16.13%) 110 (7.75%) /

TE-very-rich 2 (0.14%) 72 (5.07%) 110 (7.75%) 124 (8.73%) 33 (2.321%)

In bold: excess; italic: depletion; the percentages of gene families are indicated in parenthesis.

Moreover, the results indicate that there is an excess of families whose genes are either in the
same or in close categories (Table 2). This observation remains true when considering each class of
age independently (Supplementary Table S1), although the comparison between the three age classes
indicates that when the families are recent, the proportion of genes with the same TE environment
is larger than in older families (X-squared = 8.65, df = 2, p-value = 0.01323). We looked at the omega
ratio of gene families, taking into account the TE environment of their genes. For that, we separated
families in which both genes had a similar TE environment and those in which genes had a different
TE environment (Figure 1B,C). The distributions of the omega ratio are not different between the two
groups (Two-sample Kolmogorov-Smirnov test D = 0.074374, p-value = 0.06847), indicating similar
evolutionary constraints on the families, irrespective of their TE environment. This remains true
whatever the age of the family.

3.2. Duplicated Genes Have Similar Histone Modification Enrichment Especially If They Share a Similar
TE Environment

We determined the histone enrichment of each duplicated gene according to their TE
neighborhood in four cell types. Figure 2 displays the normalized average histone enrichment in
each cell type and inside each gene category related to their TE neighborhood (from TE-free to
TE-very-rich genes).

Figure 2. Normalized average histone enrichment of duplicated genes in each cell type according
to the category related to their TE neighborhood (from TE-free to TE-very-rich genes). White color
indicates a depletion in the considered histone modification and dark blue indicates an enrichment of
the histone modification (Kruskal-Wallis tests, q-values < 0.05—Supplementary Table S2). Activating
and repressive histone modifications are represented, respectively, in green and red.
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Inside each cell type and for each histone modification, there are significant differences between
genes according to their TE neighborhood (Kruskal-Wallis tests, q-values < 0.05—Supplementary Table
S2). In particular, for all histone modifications, there is a decrease in the histone enrichment of genes
associated with an increase in the presence of TEs in their neighborhood, excepted for H3K36me3 for
which it is the contrary with more enrichment when genes have a neighborhood richer in TEs.

We then wanted to determine if genes from the same family could have similar histone enrichment
and if this could be linked with any similarity in the amount of TEs found nearby. We thus tested the
correlations inside each family of the histone enrichment of genes (Table 3).

The results showed an effect of the gene family since for all cell types and for all histone
modifications, there are significant positive correlations between the histone enrichment of genes from
the same family. According to the histone modification considered, the positive correlations are more
or less pronounced. For example, the genes have a higher positive correlation for their enrichment
in H3K27me3 (0.31 in CD14+CD16−, 0.34 in macrophages, 0.32 in CD8T and in erythroblasts) than
in H3K9me3 (0.18 in CD14+CD16−, 0.17 in macrophages, 0.10 in CD8T, and 0.15 in erythroblasts).
In order to determine if these positive correlations may be only due to the fact that genes are from
the same gene family or if their respective TE environment may be involved, we tested the same
correlations between duplicated genes having similar TE environment on one hand and between
duplicated genes with different TE environment on the other hand. The second case is expected to
underline any correlations due only to the belonging of the same family. In that last case, we observed
positive correlations but they were weaker than when considering all genes (Table 3). For the histone
modification H3K9me3, the correlations even disappeared in CD8T and was barely significant in
erythroblasts. However, when considering only gene families for which both genes have similar TE
environment, the positive correlations observed before were stronger, especially for the H3K27me3
modification (0.41 in CD14+CD16−, 0.40 in macrophages, 0.43 in CD8T and 0.44 in erythroblasts).
In Figure 3 (Supplementary Table S3), we displayed the correlations for each histone modification and
according to the TE neighborhood, for all cell types taken together.

Figure 3. Correlations of the histone enrichment between paired genes according to the similarity
of their TE neighborhood in the four cell types. Activating and repressive histone modifications are
represented, respectively, in green and red.
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The figure clearly shows that genes of a given family that display a similar TE environment
have a stronger positive correlation for their histone modification enrichment compared to genes that
have a different TE environment. For example, the Spearman correlation rho of the duplicated genes
for their enrichment in H3K36me3 is 0.37 when it increases to 0.46 when considering only families
whose duplicates share the same TE environment (Supplementary Table S3). To determine whether
this correlation may be linked to the age of the family, we computed the correlations in the three age
groups. The previous observation remains globally true in some cell types, especially for middle-age
families (Supplementary Table S4). Indeed, irrespective of the cell type and the histone modification,
duplicated genes having the same TE environment usually displayed a positive correlation for their
histone enrichment that is stronger than duplicated genes with different TE environment when they
belong to middle-age families. For the histone modifications H3K36me3 and H3K27me3, this positive
correlation is also observed between genes from young families. However, the correlation is generally
less strong or at least the same between genes from old families, independently of the TE environment
with few exceptions. For example, there is a higher positive correlation for H3K36me3 enrichment in
macrophage and erythroblast among duplicated genes with the same TE environment in old families
when compared to genes with a different TE environment, which is not the case in CD14+CD16 and
CD8T in which the positive correlation is the same irrespective of the TE environment.

3.3. Duplicated Genes Have a Similar Methylation Level That Is Linked to Both the TE Environment
Conservation and the Age of the Gene Family

We looked at the methylation level of each duplicated gene linked with its richness in TEs in the
four cell types (Figure 4).

Figure 4. Average methylation level of the duplicated genes according to their neighborhood in TEs in
the four cell types. (Kruskal-Wallis tests, p-values < 2.2 × 10−16).

In all cell types, the methylation level of the genes is associated with the TE category of each
gene (Kruskal-Wallis tests, p-values < 2.2 × 10−16). In particular, TE-free genes are systematically less
methylated than the other genes. Interestingly, the genes categorized as TE-poor and TE-rich displayed
the highest methylation levels when we could have expected TE-very-rich genes to behave this way if
the presence of TEs was mainly responsible for the methylation level of the genes.

We then compared inside each gene family the methylation level of the duplicated genes (Table 4).
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Table 4. Correlations of the methylation level between duplicated genes.

Duplicated Genes
Duplicated Genes with the

Same TE Environment
Duplicated Genes with

a Different TE Environment

Spearman
Rho

q Value
Spearman

Rho
q Value

Spearman
Rho

q Value

CD14+CD16− 0.14 * 1.911360 × 10−6 0.17 * 3.354545 × 10−4 0.11 * 9.217000 × 10−4

erythroblast 0.16 * 9.492000 × 10−9 0.21 * 2.280000 × 10−5 0.13 * 3.475500 × 10−5

CD8T 0.15 * 1.333800 × 10−8 0.22 * 9.620000 × 10−6 0.12 * 1.370400 × 10−4

macrophage 0.18 * 6.968400 × 10−11 0.27 * 1.333800 × 10−8 0.13 * 4.400000× 10−5

bold * statistically significant correlations (q values < 0.05).

We observed that there is a positive correlation in the methylation level between the genes
belonging to the same family. For example, in the macrophage cell type, the Spearman correlation rho
is 0.18 (q value = 6.97 × 10−11), indicating a weak but significant positive correlation. To investigate the
implication of the quantity of nearby TEs around the genes, we compared the genes only from families
whose two genes had similar TE environment. In that case, we observed a stronger positive correlation
(Table 4). For example, in the macrophage cell type, the Spearman rho is 0.27 (q value = 1.33 × 10−8).
On the contrary, when considering families in which the two genes have a different TE environment,
although there is still a positive correlation, it is weaker (for example, r = 0.13, q value = 4.40 × 10−5 in
the macrophage cell type).

We investigated whether the age of the family may be implicated in the observed correlations.
There is a positive correlation in the methylation level between the duplicated genes for young
and middle age families but this correlation is either absent or not significant for old families
(Supplementary Table S5). When taking into account the TE environment around the genes,
the conservation of the methylation level is higher in young and middle-age families for families
whose genes have a similar TE environment, except for young families with respect to erythroblasts
(Supplementary Table S5). This is true also for old families for three cell types (erythroblast,
macrophage, and CD8T), although the correlation values are weak. It thus seems that in the
case of methylation conservation, the age of the family plays an important role, in addition to the
TE environment.

3.4. The Duplicated Genes with Very Low Expression Divergence Display a High Conservation of Epigenetic
Modifications and TE Environment

We found that the majority of the genes are either expressed in the four cell types
(n = 1677—59.05%) or in none of them (n = 729—25.67%). Of the 1420 families, genes from 267
of them presented no expression in all cell types for both members of the pair. These gene families
were not considered in the remaining analyses.

To determine the divergence in expression between duplicates of a given family, we computed
the normalized Manhattan distance dm to compare differences in the relative abundance of the two
genes across the four cell types. We looked at the average Manhattan distance inside each class of ages
(Figure 5A).

As could be expected, the divergence of expression between the genes is associated with the
age of the family, genes from old families having an expression divergence higher than genes from
young families (Kruskal-Wallis chi-squared = 15.789, df = 2, p-value = 0.0003727). We then tested
whether the TE environment around the genes could be associated with the observed expression
divergence. For that, we separated the gene families according to the TE environment of the
duplicated genes (similar or different). The results are presented on the Figure 5B,C. We observed
the same tendency as when all gene families were considered together, irrespective of the TE
environment, to have a difference in gene expression divergence according to the age of the
families (different TE environment, Kruskal-Wallis chi-squared = 7.8622, df = 2, p-value = 0.01962;
same TE environment Kruskal-Wallis chi-squared = 10.421, df = 2, p-value = 0.00546). However,
the expression divergence is the same for a given class of age independently of the TE environment
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(Two-sample Kolmogorov-Smirnov tests D = 0.29895, p-value = 0.1048, D = 0.21009, p-value = 0.1433,
and D = 0.03746, p-value = 0.9661 for young, middle-age, and old families, respectively).

Figure 5. Average Manhattan distance of the duplicated gene expression level inside each class of ages,
(A) for all families (Kruskal-Wallis chi-squared = 15.789, df = 2, p-value = 0.0003727), (B) for families
whose two genes have different TE environment (Kruskal-Wallis chi-squared = 7.8622, df = 2, p-value =
0.01962), (C) for families whose two genes have the same TE environment (Kruskal-Wallis chi-squared
= 10.421, df = 2, p-value = 0.00546).

We then studied the association between the different types of epigenetic modifications of the
duplicated genes, the expression divergence and the TE environment. We separated the gene families
according to the level of expression divergence in four classes (very low dm [0–0.25], low dm [0.25–0.5],
medium dm [0.5–0.75], and high dm [0.75–1]). The results showed that a strong positive correlation in
the DNA methylation level can be observed only for the families whose duplicates share similar TE
environment and have a very low expression divergence (Spearman correlation rho = 0.33, q value =
6.88 × 10−3; Supplementary Table S6). We performed the same kind of analysis considering the mean
histone modification enrichment between the duplicated genes of each family (Supplementary Table
S6). As previously, we separated the gene families according to the level of gene expression divergence.
The results showed also a strong positive correlation of the histone enrichment between paired genes
when they have similar TE environment and a very low expression divergence (from rho = 0.31 q value
= 1.28 × 10−2 for H3K9me3 to rho = 0.57, q value = 1.77 × 10−7 for H3K4me3 Supplementary Table S6).
A less strong positive correlation is also observed for three histone modifications (H3K4me3, H3K36me3
and H3K9me3) for genes with a low expression divergence and a same TE environment (rho = 0.29 q
value = 8.16 × 10−3, rho = 0.29 q value = 8.16 × 10−3, and rho = 0.26 q value = 2.09 × 10−2, respectively).
There is also a positive correlation for families whose genes have a different TE environment and a very
low expression divergence for H3K4me3, H3K27ac, H3K36me3, and H3K27me3, these correlations
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being less strong than for genes having the same TE environment (rho = 0.33 q value = 5.23 × 10−5,
rho = 0.29 q value = 4.65 × 10−4, rho = 0.25 q value = 3.16 × 10−3, and rho = 0.19 q value = 3.10 × 10−2,
respectively). The conservation of epigenetic modifications and of the TE environment around genes is
associated with a very low expression divergence between duplicated genes.

4. Discussion

The maintenance and evolution of duplicated genes have been proposed to be linked to variation
in epigenetic modifications [65]. For example, it has been shown in zebrafish that epigenetic
divergence of duplicated genes affects both their expression and their functional divergence [66].
In humans, duplicated genes display highly consistent patterns of DNA methylation divergence
across multiple tissues due to different frequencies of sequence motifs, which allowed the proposal
that DNA methylation could be a causative factor for functional divergence of duplicated genes [29].
In Arabidopsis, the presence of H3K27me3 correlates with a slower rate of function evolution in
duplicated gene families [30]. These various examples indicate that epigenetic modifications can
have an evolutionary importance in the fate of duplicated genes. To gain insight into this question,
we have analyzed in this work different histone modifications enrichment and DNA methylation level
between pairs of genes from a same family, in different cell types, taking into account the presence
of TEs near the genes, to evaluate their impact in any potential conservation or divergence of these
epigenetic modifications.

We have focused our interest on gene families of size two. They represent the majority of the
multigenic families in the human genome. We have observed that on average, these families are
quite old. This is consistent with the hypothesis of the two rounds of whole genome duplication that
occurred early in the evolution of vertebrates [67,68]. It was indeed predicted that we should have
an excess of two and four size gene families in the human genome due to extensive gene losses that
occurred later [69]. Even if the average age is quite high for those families, there remains a substantial
number of families that appeared recently, via other mechanisms. Their synonymous substitution
rate distribution is consistent with what was observed for all duplicated genes with Ks values less
than 1 [70], indicating that the young families of size two are representative of all young duplicated
families. When we analyzed the TE environment around these duplicated genes, we found that the
proportion of TEs around them is not different than when considering all human genes, with TE-free
genes being the less abundant category of genes, followed by TE-rich genes. Interestingly, we observed
that genes from the same family tend to globally conserve the same type of TE neighborhood. It could
be expected to observe this tendency only for young gene families, whose genes did not have time
to differently accumulate new TE insertions. Young families indeed present an excess of similar TE
environments in both genes. However, it is also true for older gene families, even if the proportion
decreases. Although this indicates a link between the conservation of TE neighborhood between
duplicated genes and the age of the duplication, it is not the only explanation since we can still
observe this effect in old families. In old families, we could also hypothesize that some selective
pressures to conserve the gene environment are at work that could explain the similar TE environment.
The duplicated genes displayed a similar level of selection acting on them, indicating that almost all
genes in our dataset evolve under purifying selection. These selective pressures could thus explain
why genes from the same family tend to conserve the same TE environment. Selective constraints
acting on genes have already been shown to be associated with the presence of TE insertions near the
genes [71,72]. In particular, TE-free genes were shown to be subjected to a stronger purifying selection
when compared to TE-rich genes [72]. However, the same selective pressure is also acting on gene
pairs for which the TE environment is different. Then, the purifying selection that could act against
TE insertions is not enough to explain why the members of some gene families conserve the same TE
environment. Another possibility to explain the conservation of the TE environment could be linked
with the gene function of duplicated genes. However, we did not detect any functional bias among
the duplicated genes with the same TE environment when compared to all duplicated genes in the
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human genome. To go deeper to explore this question would be to focus more specifically on larger
gene families for which more data are available concerning their function.

We have shown in this work that according to the proportion of TEs inserted near genes, there are
variations in the level of methylation and the enrichment in histone modification of genes. In particular,
TE-free genes are depleted in H3K36me3 whereas TE-very-rich genes are on the contrary enriched for
this modification. This modification has usually been described to be associated with active chromatin
but it has also been shown to be implicated in various other mechanisms like transcriptional repression,
alternative splicing or DNA methylation [73]. Interestingly, this modification can promote repressive
chromatin within actively transcribed genes, preventing spurious transcription initiation from cryptic
promoters or TE remnants [74]. The histone modifications H3K4me1, H3K4me3, H3K27ac, H3K27me3
and H3K9me3 were found to be more present in TE-free genes rather than in genes with TEs in their
surroundings. This could be expected for the modifications H3K4me1, H3K4me3, and H3K27ac,
which have been shown to be associated with actively transcribed regions, if we consider that TEs are
rather associated with repressive modifications [63,75]. This could be more surprising concerning the
repressive modifications H3K27me3 and H3K9me3, which have been shown to be associated with TE
repression in various cell types and organisms [43,63,75–78]. Since histone modifications can spread at
TE insertions [46], it could be expected that genomic regions with numerous TE insertions would be
impacted by repressive modifications originating in TEs. However, in this work, we are considering
TEs that are found near or in genes, rather than intergenic insertions. We are thus considering TE
insertions among which some could potentially have a role in the regulation of gene expression and
some could just be neutral with no particular effect. Indeed, it has been observed that SINE elements
are depleted in H3K9me3, especially when they are close to genes, supporting a potential role of
these elements in the gene regulation [76]. Moreover, we already observed these results in other
work [53], that could be explained by the “exaptation hypothesis” [77], considering that epigenetic
modifications associated with specific TE insertions could be adaptive. This would imply that among
all TE insertions in a genome, not all of them will have the same impact on gene expression. We also
observed that TE-free genes displayed the lowest level of methylation when compared to genes with
TEs in their surrounding. This is what could be expected if the presence of TEs in or near genes triggers
DNA methylation, since this epigenetic modification has been largely associated with TE silencing,
especially in mammals [79]. Interestingly, the proportion of TEs does not seem to impact the level of
methylation since even TE-very-poor genes displayed as much DNA methylation than TE-very-rich
genes. This could indicate that the methylation level does not increase with the number of TEs but as
soon as even a few TEs are present, they are susceptible to trigger a significant amount of methylation.

We compared the histone enrichment and methylation level between both members of the same
gene family in four different cell types to determine whether duplicated genes tend to conserve
their epigenetic environment. As we could expect, there is a positive correlation of the epigenetic
modification between genes from the same family, especially when the families are young. This is
consistent with what was previously observed concerning the DNA methylation divergence of
duplicated genes, with young duplicates displaying similar levels of methylation compared to older
duplicates [29,31]. This could be explained by the fact that young duplicates are likely to be in a similar
genomic environment. Indeed, when we considered only young duplicates (99 pairs of genes), there is
a strong positive correlation for the histone enrichment irrespective of the TE environment, when the
two genes are on the same chromosome (62 pairs of genes) (Supplementary Table S7). However,
the duplicated genes we analyzed are on average very far away and sometimes even on different
chromosomes. The conservation of epigenetic modification is in contradiction to the results presented
by a study on segmental duplications in which an asymmetry was observed in the methylation level
and in the histone acetylation that could be linked to pseudogenization [80]. Although in this last
study, the genes considered may not all be pseudogenes, the discrepancy could be explained by the
fact that in our work, we focused only on duplicated genes that are both functional. It was proposed
that when a gene is in a different genomic environment, this could trigger changes in epigenetic

110



Genes 2019, 10, 249

modifications that could allow new duplicates to be submitted to new selective pressures preventing
their pseudogenization [81]. The correlation we observed is stronger when the TE environment of
both genes is similar. This could be a byproduct of selective pressure acting on those genes that
would have the consequence to conserve the same proportion of TE insertions by removing any new
insertions. However, when duplicated genes with different TE environments are submitted to the same
selective constraints, then the selective pressure acting on duplicated genes is not enough to explain
this observation. In Arabidopsis, there is an association between the conservation of H36K27me3 of
paralogs and conserved noncoding sequences (CNS) [82]. The same mechanism could be at work in
this case. However, we did not find much overlap between the duplicated genes and CNS previously
identified in humans [83]. Only 17% (n = 484) of the duplicated genes from our analysis were
overlapping with at least one CNS. This overlapping concerned the two duplicated genes of only
49 gene families. The presence of TEs could thus be implicated in both the maintenance and the
divergence of epigenetic modifications.

In conclusion, our results point out the possibility for TE insertions to participate in the modulation
of epigenetic variation of genes, especially inside duplicated gene families. New TE insertions could
help trigger new epigenetic modifications that could have an impact in the functional divergence of the
duplicated genes, whereas ancestral insertions would on the contrary have an effect of conservation.
This hypothesis is supported by the fact that we observed a strong positive correlation in epigenetic
modification between both duplicates when they display very low expression divergence and the same
TE environment, irrespective of the age of the family. Perspectives on this work will require to work at
the individual TE insertion level in order to identify, without any ambiguity, epigenetic modifications
associated with them to clearly identify their effect on gene regulation.
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of each family across all cell types. Supplementary Table S4: correlation of the histone enrichment between
genes from the same family, according to the TE neighborhood and the age of the family. Supplementary Table
S5: correlations of the methylation level between duplicated genes from a same family, according to the age of
the family and the TE neighborhood. Supplementary Table S6: correlations of the methylation level or histone
enrichment of the duplicated genes according to the level of expression divergence between the two genes across
all tissues. Supplementary Table S7: correlation of the histone enrichment between genes from the same young
family, according to the TE neighborhood and the position on the chromosome.
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Abstract: The central goal of medical genomics is to understand the inherited basis of sequence
variation that underlies human physiology, evolution, and disease. Functional association studies
currently ignore millions of bases that span each centromeric region and acrocentric short arm. These
regions are enriched in long arrays of tandem repeats, or satellite DNAs, that are known to vary
extensively in copy number and repeat structure in the human population. Satellite sequence variation
in the human genome is often so large that it is detected cytogenetically, yet due to the lack of a
reference assembly and informatics tools to measure this variability, contemporary high-resolution
disease association studies are unable to detect causal variants in these regions. Nevertheless, recently
uncovered associations between satellite DNA variation and human disease support that these regions
present a substantial and biologically important fraction of human sequence variation. Therefore,
there is a pressing and unmet need to detect and incorporate this uncharacterized sequence variation
into broad studies of human evolution and medical genomics. Here I discuss the current knowledge
of satellite DNA variation in the human genome, focusing on centromeric satellites and their potential
implications for disease.

Keywords: satellite DNA; centromere; sequence variation; structural variation; repeat; alpha satellite;
human satellites; genome assembly

1. Introduction

Genome-scale initiatives, such as the Human Genome Project and the 1000 Genome (1KG)
consortium [1–3], have provided a wealth of genomic information that have greatly advanced basic
and biomedical research. However, in light of this progress, the millions of bases that span each
human centromeric region remain largely disconnected from contemporary genetic and genomic
analyses. This has historically been due to the challenge of generating and validating linear assemblies
of tandemly-repeated DNA (e.g., thousands of copies of a repeat with a limited number of sequence
variants to guide overlap-consensus derived assemblies), which are known to span each centromeric
region [4]. Our understanding of the sequence content and organization of human centromeres
improved dramatically with the release of the GRCh38 reference genome, and recent efforts to generate
true linear assemblies using “ultra-long” sequencing (i.e., reads that span hundreds of kilobases [5]),
wherein the centromere-assigned gaps on each chromosome assembly were updated with sequence
information [6,7]. Thus, we are entering a new era in genomics where centromeric DNAs are available
for detailed study, either within a single karyotype or across human populations, that will drive
research aimed to understand repeat variation that contributes to genome stability, population variation,
and disease.

Centromeric satellite DNA arrays are known to vary extensively in the human population,
yet few genomic tools have been developed to study the full extent of this sequence variation,
thereby ignoring a fraction of the human genome expected to contribute directly to cancer and human
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disease [8–10]. The extent of variation has been documented at the cytogenetic level, and gross estimates
of rearrangement and/or repeat expansion have been associated with cancer and infertility [11–13].
Additionally, the epigenetic regulation of satellite DNAs, as well as anomalous methylation and altered
transcription of satellite DNAs, have been associated with human diseases [9,14]. However, these
early observations are challenged by inconsistencies in association [15], small sample size and perhaps
an incomplete (or often, low-resolution) understanding of underlying genomic structure and array
variant composition.

Acknowledging the differences between the satellite arrays, there is limited utility in restricting
studies to the use of a single genomic map. Rather, it is important to extend our survey of satellite
DNA genomics to large panels of diverse individuals, thus enabling high-resolution maps of human
sequence diversity in these regions. Such sampling efforts would be the foundation for a modern era
of satellite DNA genomics: establishing allelic frequencies for satellite variants necessary to expand
disease-association studies. Here I discuss our current understanding of satellite DNA variation as
determined from whole-genome sequencing projects, with a focus on the largest families in the human
genome and their association with disease.

2. What Proportion of the Human Genome is Defined by Peri/Centromeric Satellite DNAs?

The largest arrays of satellite DNAs in the human genome are organized within centromeric
and pericentromeric regions [2,3,16]. Although several distinct satellite DNA families are known to
contribute to pericentromeric regions (e.g., gamma, beta, and subtelomeric satellites [17–19]), this
review is focused on alpha satellite and human satellites 2, 3, which are the most abundant in the human
genome and most commonly associated with human disease [8]. The alpha satellite DNA family is
defined by a group of related, highly divergent AT-rich repeats or ‘monomers’, each approximately
171 bp in length, which are found in every normal human centromere [20–22]. Previous genome-wide
estimates of alpha satellite have observed that this family represents ~2.6% of the human genome [23],
which roughly aligns with early hybridization-based estimates [16]. Additionally, previous physical
maps of centromeric regions, and pulse-field gel electrophoresis (PFGE) southern-based estimates
of chromosome-assigned satellite arrays, revealed an average (~3 Mbps) amount of alpha satellite
per centromeric region [24–26]. Therefore, we can assign a very rough estimate of 72 Mbps across all
22 autosomes and two sex chromosomes (i.e., 2.4%), which remains in agreement with all previous
genome-wide estimates. Human satellites 2, 3 (HSat2,3), are collectively defined by enrichment of
a pentameric repeat, (CATTC)n, and represent the largest heterochromatin blocks (documented as
at least 10 Mbps in length) in human pericentromeric regions; notably, on chromosomes 1, 9, 16,
and Y [27–32]. In total, HSat2,3 are observed to be less abundant than alpha satellite (~1.5% of the
genome) [31], yet early estimates of array lengths on the DYZ1 array suggest that abundance estimates
may vary considerably in the human population [31,33–35]. Therefore, efforts to better understand
the true extent of satellite subfamily overall variation would benefit from surveying a much larger
panel of diverse individuals. In doing so, one can define the lower and upper bounds of satellite
DNA content in the genome. For example, can one individual have 3% alpha satellite and another
individual have closer to 10%? What defines these bounds? Further, do these fluctuations in overall
satellite composition contribute to our understanding of chromosome segregation, genome stability,
and disease?

Genome-wide estimates of alpha satellite and HSat2,3 content have relied on constructing
comprehensive sequence databases using raw read data from each satellite DNA family, thereby
avoiding underestimates due to assembly collapse of identical/near-identical repeats [23,31]. Alpha
satellite and HSat2,3 exhibit considerable sequence heterogeneity [20,21,32], as observed most readily
in the ability to hybridize specifically to divergent repeat sequences within chromosome-specific
arrays [20,36–38]. Therefore, efforts to construct genome-wide libraries from short-read datasets rely
on methods that are comprehensive and inclusive with respect to the potential heterogeneity within
satellite families. One approach is to reformat published satellite sequence libraries [7,23,31] into
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catalogs of short oligonucleotide sequences (24 bps, representing sequences in both orientations)
that are specific to a given satellite family; that is, each oligo is only observed within a respective
satellite database and never observed to have an exact match anywhere else in the genome. It is
then possible to survey existing low-coverage, publicly available, population datasets, such as 1KG
data [1], to identify what percentage of reads (as determined by exact matches with oligo libraries) are
assigned to each respective satellite family (Figure 1a,b). In a study of low-coverage 1KG sequence
data representing 14 diverse populations (400 male individuals and 414 female individuals) [1,7], alpha
satellite has a median of 3.1% genome-wide estimate, with a range between 1% and 5% (Figure 1a).
These initial HSat2,3 estimates reveal that although this satellite family is typically less abundant than
alpha (median, 2.1%, range ~1–7%), it is observed in many cases to match, or surpass, alpha satellite
abundance [31] (Figure 1b).

 

Figure 1. Proportion of alpha satellite and human satellites 2,3 in the human population. Using 1KG [1]
data representing 14 diverse populations (400 male individuals and 414 female individuals) (a) the
frequency of 24-mers that have an exact match with alpha satellite [23], (b) the frequency of 24-mers
that have an exact match with human satellite 2,3 [31]. (c) Median frequencies (from panel (a) alpha
and (b) HSat2,3) are listed relative to the observed frequency in the human reference genome assembly
(GRCh38; GCA_000001405.15). (d) Evaluation of 300 Mb of DNA from the collective genomes of
910 people of African descent, previously determined to be missing or unaligned to GRCh38 [39].
Key for human subpopulations: CHB: Han Chinese in Beijing, China; JPT: Japanese in Tokyo, Japan;
CHS: Southern Han Chinese; CEU: Utah Residents (CEPH) with Northern and Western European
Ancestry; TSI: Toscani in Italia; FIN: Finnish in Finland; GBR: British in England and Scotland; IBS:
Iberian Population in Spain; YRI: Yoruba in Ibadan, Nigeria; LWK: Luhya in Webuye, Kenya; GWD:
Gambian in Western Divisions in the Gambia; ASW: Americans of African Ancestry in SW USA; MXL:
Mexican Ancestry from Los Angeles USA; PUR: Puerto Ricans from Puerto Rico; CLM: Colombians
from Medellin, Colombia.

Proper representation of satellite DNAs in human reference assemblies will be critical to ensure
faithful short read mapping and accurate assessments of satellite family variability in the future.
Notably, the addition of millions of bases of alpha satellite “reference models” with the release of the
GRCh38 reference genome has provided initial short read mapping targets [7,40]. This has proven to
be useful in decreasing off-target alignments and has enabled high-resolution studies aimed to study
the epigenetic structure in centromeres [41,42]. In contrast, HSat2,3 are woefully underrepresented
in all human assemblies, with only ~0.01% representation in GRCh38 (Figure 1c). This can lead to
pronounced differences in the way we annotate and study human variation. For example, a recent
study of 910 individuals of African descent identified roughly 300 Mbp of sequences not present in
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the human reference (GRCh38) [39], of which the largest proportion have exact oligo matches with
HSat2,3 (Figure 1d). This demonstrates the importance of proper satellite DNA representation in the
reference assembly in shaping our interpretation of novel sequences in the population. Notably, alpha
satellite, a satellite family with great representation in the current reference assembly, still has candidate
sequences that are not aligned to the reference models derived from the HuRef genome (Figure 1d, red).
This result emphasizes a second important point: because satellites are expected to vary between
genomes, the use of a single individual’s genome as a reference, in this case HuRef [43], is not sufficient
to capture the sequence diversity in the human population. Expanding the representation of human
sequence diversity has been previously shown to improve mapping of variants [44,45], highlighting
the need for a ‘pan-human genome reference’ to improve mapping efficiency and satellite variation
studies in the future.

3. What is the Nature of Sequence Variation within a Single Satellite Array?

The variation of satellite DNAs genome-wide abundance is driven by repeat expansion
and contraction, commonly attributed to mechanisms of non-homologous crossover and/or
conversion [46,47]. Genomic-based studies of satellite DNA evolution have greatly benefited from
the advancement of software designed to study tandem repeat variation in unassembled reads
(reviewed [48]). The advancement of such high-resolution studies across a broad number of species is
expected to dramatically advance our knowledge of the rates and mechanisms driving satellite array
evolution. Previous studies of comprehensive studies of satellite DNA classes. Efforts in the past to
study satellite repeat variation have focused on shorter microsatellites and tandem repeat classes that
are amenable to complete assembly using long read technologies. However, recent efforts to study
tandem repeat variation in human rDNA arrays revealed a high level of heterogeneity (i.e., an average
rate of 7.5 variants per kb). Each rDNA unit is 45 kb with roughly 500 copies per diploid cell, and
much like the satellite arrays, rDNA array length can vary significantly in size from just a few units to
>100 between individuals [49,50].

The relationship between repeat units from different alpha satellite arrays would suggest that the
rate of intra-chromosomal exchange (i.e., sister chromatid exchange) is higher than inter-homologue
exchange [51]. As a result, most satellite arrays in the human genome can be defined by highly
homogeneous arrays that can be often typified by chromosome-specific multi-monomeric repeat units,
or higher-order repeats (HOR) [20,52]. Although the chromosome-assignment of HORs is largely
invariant between individuals, as demonstrated by the effectiveness of commercially available satellite
Fluorescence in situ hybridization (FISH) markers for chromosome labeling in clinical cytogenetics,
the thousands of copies of the HOR that comprise a single array are expected to represent a mixture
of expansion/contraction of repeat variants, shifts in orientation, and mobile element insertions
(Figure 2a) [7,20,37,53].

This ever-changing genomic landscape guides our understanding of centromere function
and chromosome stability. For example, the repeat structure and array length are expected to
change the frequency of and spacing of the 17-bp centromere protein B binding motif, or CENP-B
box. The functional role of CENP-B at human centromeres is not yet fully understood [54,55],
yet recent studies suggest that the periodicity may contribute to kinetochore function and centromere
fidelity [56,57]. Rearrangement in canonical HOR units, i.e., insertions and/or deletions presumably due
to unequal crossing-over events, are observed at different frequencies between spatially distinct arrays.
The Chr17-specific alpha satellite HOR (D17Z1) is characterized by arrays containing approximately
1000 repeat units that range in length from 11–16 monomers [36,56,58]. The frequency and ordering
of these variants have been shown to influence the centromere location on human chromosomes
with metastable epialleles [59,60]. Ultimately, sequence composition within each satellite array is
thought to influence expression of the repeats [10,61,62], transcription factor binding [63,64], and
replication efficiency [65–67]. Therefore, the high-resolution and comprehensive study of array
sequence composition and structure is key to our understanding of how these specialized loci function.
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Previous methods have used unassembled reads from whole-genome sequencing projects to
evaluate chromosome-specific satellite overall abundance, or copy number, and the frequency of
variants (e.g., HOR rearrangements, inversions, transposition, and single nucleotide variants (SNVs))
within the array [7,31,68]. Specifically, the centromeric regions on the X and Y chromosomes in
male genomes offer a unique opportunity to study the variation in haploid array length within the
human population. Altemose et al. [31], estimated the array size using low-coverage, short-read
sequencing data from 396 male 1KG individuals [1], showing that the DYZ1 array varies over an
order of magnitude (7–98 Mbps, with a mean of 24 Mb), consistent with previous experimental
observations of Y-chromosome length variability [34,69,70]. Similarly, 1KG read-depth-based estimates
of alpha satellite array lengths on the X and Y chromosomes (DXZ1 and DYZ3) agree with prior PFGE
Southern experiments [7,25,71]. Although the X array has been predicted to have a 10-fold size range
(800 kb to 8 Mbps), the medians of predicted X array lengths per human population, are observed
to fall within experimentally validated lengths of 2.2–3.7 Mbps (mean 3010 kb) [7,25] (Figure 2b).
This further corroborates the accuracy of short-read-based array length estimates applied to diverse
groups of people.

Figure 2. Intra-array satellite sequence variation. (a) All normal human centromeric regions contain at
least one alpha satellite array, shown in grey, which is tandemly organized in a head-to-tail orientation
with occasionally transposable element interruptions (green) and shifts in directionality (black box).
The fundamental alpha satellite repeat unit, or ~171 bp monomer, is shown in a variation of shaded
colors to illustrate the heterogeneity of the sequencing identity. Multi-monomer repeat units, or
‘higher-order repeats (HORs), are shown by the larger grey arrows that encompass the collection of
smaller repeats. In contrast to the individual monomers, these repeats are shown to be identical,
or near-identical (98–100%). In addition to single nucleotide differences between the HORs, larger
rearrangements (shown as a deletion of five monomers) are observed to occur and expand and
contract within the array. (b) Satellite array length predictions on the X chromosome (DXZ1) [7], grey
shading marks the previously observed PFGE Southern length range [25]. (c) Inversion detected using
error-corrected PacBio reads [68]. (d) RP13-511L2 is an X-specific BAC that represents the transition
from core alpha satellite to the edge of the array. HOR pair-wise repeat identity (muscle alignment [72])
showing increased divergence approaching the chromosome arm (43,346 bp), as typically observed at
the edge of the array.
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Use of error-corrected long reads (e.g., Pacific Biosciences, PacBio) prior to assembly provide
an automated method to identify larger structural variation (SV) in satellite arrays, such as: HOR
rearrangement (insertion and/or deletion), inversions, and interruption by transposons [68]. In addition
to changes in the HOR structure, one can monitor precise sites where shifts in orientation or inversions
take place within the array (Figure 2c). Further, when tracking sites of transposable element insertion,
LINE1 is documented to be the most prevalent, consistent with the literature of alpha satellite DNA [73].
In addition to advancing our understanding of sequence organization and centromere function,
such low-copy sequence variants that interrupt the uniformity of the satellite array are also expected
to also guide linear assembly efforts [4,6]. Likewise, low-copy SNVs have been shown to be useful
in overlap-consensus assembly, but they depend on high sequencing accuracy often obtained from
Illumina reads and/or high-coverage of long-read data [6]. Satellite DNA studies using bacterial
artificial chromosome (BAC) data provide a snapshot of local SNV spacing, where increased divergence
is expected at the edges of the array (closest to the transition with the chromosome arms) with sparse,
and infrequent informative sites within the array (Figure 2d) [73]. Ultimately, efforts to construct robust
databases of satellite-associated SVs and SNVs will benefit from additional high-coverage, long read
(PacBio or nanopore sequencing) datasets from diverse individuals. Such databases would provide
allele-frequency data needed to guide future disease associations of variants.

4. Centromeric Regions Span Variants Associated with Disease.

Entire multi-megabase-sized centromeric regions, including the heterochromatic regions in the
pericentromere, suppress meiotic recombination and are commonly observed as a single haplotype
block, or ‘cenhap’ (Figure 3a) [74]. Little is known about the unique evolution and regulatory
properties of those sequences that are associated with these highly specialized regions. Position effect
variegation (PEV), or the mosaic pattern of gene expression when placed within or near heterochromatic
environments, has been observed in organisms from yeast to humans [71]. The extensive range of
satellite array sizes observed within the human population may contribute to studies of PEV variability
and gene regulation in the human genome. Sequences directly adjacent to the centromeric satellite
arrays have been documented as hypermutable, with a speculation that the increased mutation
rate may be attributed to centromere activity [73,74]. Further, genes that are largely excluded by
recombination may influence the efficacy of selection and create a ‘protected’ environment for gene
mutations, inheritance, and disease.

These immense linkage blocks encompass satellite DNAs, segmental duplications [75], and a
collection of well-annotated genes [76], many of which have been previously attributed to human
clinical and disease phenotypes. Although the functional implications of gene-level associations
are difficult to infer due to the large region of linkage disequilibrium, it may be useful for studies
to recognize and bin these centromere-associated genomic regions as it is likely that they are share
a compartment of the genome with specialized inheritance and evolution. The Xq cenhap region
contains eight genes that are documented in the Online Mendelian Inheritance in Man (OMIM)
noting the potential for allelic variants to represent disease-causing mutations (Figure 3b) [77,78].
Additionally, genome-wide association studies (GWAS) have identified SNPs in cenhap regions as
associated with human disease (as shown in Figure 3b for NHGRI-EBI GWAS data, each selected
with p-values < 1.0 × 10–5), many of which do not overlap with genes or annotated sequence
features [79,80]. Studies of variants directly adjacent to centromeric regions have been associated
with chromosome instability and disease. For example, multiple independent signals associated
with chromosome X loss around the centromere of chromosome X have been reported in a study of
mosaic chromosomal alterations in clonal hematopoiesis [81], with a strong association (P= 6.6× 10−27,
with an observed 1.9:1 bias in the lost haplotype) near the centromere array (DXZ1, Xp11.1). Further
examples of centromere-adjacent or associated SNPs have been used to predict a significant association
with multiple sclerosis risk around the chromosome 1 (lod = 4.9; with initial scan of 484 cases and
1043 controls; genotyped at 1082 SNPs) [82]. It is likely that many other disease association loci
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exist in these centromere-proximal regions, as association with centromeric SNPs (defined as within
2 Mbps of an alpha satellite reference model in GRCh38 that do not overlap with a known gene or
segmental duplication) have been observed for a variety of clinical studies, including various cancers,
neurodegenerative disorders and cardiovascular diseases (Table 1) [80,83].

 

Figure 3. Disease-associated variants in centromere-associated haplotypes. (a) Centromeres act as
the primary constriction of chromosomes, and are historically defined by the reduction of meiotic
recombination (indicated by blue). Therefore, sequences in these regions are commonly inherited in
large linkage blocks, or cenhaps (shown in the linkage disequilibrium heat map) [70]. (b) Study of
disease and clinically associated single nucleotide variants (GWAS Catalog (green), ClinVar SNVs
(yellow) in the Xq cenhap region (with Linkage Disequilibrium heat map from (a) enlarged) and a
collection of annotated genes (RefSeq, white), of which variation have been attributed to a human
disease (OMIM data, grey).

In addition to studies that involve the cenhap associated regions, extensive sequence variation
within the satellite array is expected to contribute to our understanding of centromere instability and
disease. Cytogenetic staining has revealed the constitutive heterochromatin in human centromeric
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regions has a highly heteromorphic structure. Given the critical importance of centromeres in ensuring
proper chromosome segregation, such genomic variation is hypothesized to drive genome stability,
and have been linked with human disease and cancers (reviewed [84]). Nevertheless, in the case of
cancers where cells are expected to present increased genomic rearrangements, altered regulation
and localization of kinetochore proteins, it will be important to estimate the rate of neocentromere
formation with respect to native centromere sequence stability to test functionally relevant satellite
DNA variants. We are only beginning to understand the sequence organization, allelic frequency,
and evolution of satellite DNAs in the human population. Indeed, an analysis of optical genome
maps of 154 individuals from 26 populations provided evidence for a large proportion of structural
variants in satellite DNAs [85]. Such high-resolution diversity maps are expected to guide studies
aimed to characterize satellite array structures that are associated with disease from those that have
little functional consequence.

Table 1. Description of centromere-adjacent single nucleotide polymorphisms (SNPs) identified by
published Genome-Wide Association Studies (GWAS), collected in the NHGRI-EBI GWAS Catalog
published jointly by the National Human Genome Research Institute (NHGRI) and the European
Bioinformatics Institute (EMBL-EBI) [80]. SNPs are included if found within a two-megabase
window of an alpha satellite reference model (GRCh38) and do not overlap with annotated genes or
segmental duplication).

Trait SNPs CEN adjacent (2Mb) Regions Citation

Cancer rs930395, rs2241024, rs142427110, rs35951924,
rs199501877, rs11146838, rs6490525, rs2050203,

rs7278690, rs35505947

4p12; 5p12; 5q11; 10p11; 13q12; 18p11;
19q11; 20p11; 21q11

[86–89]

Cardiovascular disease rs10132760, rs12186641, rs9367716, rs71566846,
rs223290, rs144961578, rs3813127, rs1657346,

rs1254531, rs10793514

5q11.2; 6p11.2; 6q11.1; 10q11.21; 14q11.2;
18q11.2

[90–92]

Neurodegenerative
diseases

rs11826064, rs13168838, rs62365447, rs140996952,
rs1480597, rs10783624, rs7989524, rs6822736,

rs13110633, rs2424635

4p11; 4q12; 5p12; 5q11.1; 6q11.1; 10q11;
11p11; 12q12; 13q12; 20p11

[93–100]

Scoliosis/Bone Density
(Spine)

rs8111296, rs11652527, rs1436931, rs6061081,
rs17599071, rs10136383, rs9288898, rs10772040,

rs4562194, rs810967, rs6050182, rs6511621,
rs11229654, rs6551418, rs1006899

3p11.1; 3q11.2; 6q12; 7q11.21; 10q11.21;
11q11; 12p11.21; 14q11.2; 17q11.2; 19p12;

20p11.21; 21q11.2
[101,102]

Digestive system disease rs4243971, rs2342002, rs4800353, rs6058869, rs6087990 6q11.1; 18q11.2; 20q11.21 [103,104]

5. Concluding Remarks

In conclusion, human satellite DNAs provide a new, largely uncharted source of sequence variation
in the human population. Chromosome-specific satellite arrays are expected to vary considerably in
the human population, and measuring the overall range in the abundance and frequencies of repeat
variants will contribute to ongoing studies of centromere biology and genome instability. Efforts to
identify and study these variants will rely on improved, comprehensive genomic methods capable
of mapping the full extent of satellite sequence heterogeneity that cannot be captured using a single
reference genome. Such maps are necessary to direct future biomedical research to variants that
are associated with disease, rather than natural sequence variation, which may have little or no
clinical consequence.
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Abstract: Retroviruses have invaded vertebrate hosts for millions of years and left an extensive
endogenous retrovirus (ERV) record in the host genomes, which provides a remarkable source for an
evolutionary perspective on retrovirus-host associations. Here we identified ERV variation across
whole-genomes from two chicken lines, derived from a common founder population subjected to
50 years of bi-directional selection on body weight, and a distantly related domestic chicken line as a
comparison outgroup. Candidate ERV loci, where at least one of the chicken lines indicated distinct
differences, were analyzed for adjacent host genomic landscapes, selective sweeps, and compared
by sequence associations to reference assembly ERVs in phylogenetic analyses. Current data does
not support selection acting on specific ERV loci in the domestic chicken lines, as determined by
presence inside selective sweeps or composition of adjacent host genes. The varying ERV records
among the domestic chicken lines associated broadly across the assembly ERV phylogeny, indicating
that the observed insertion differences result from pre-existing and segregating ERV loci in the host
populations. Thus, data suggest that the observed differences between the host lineages are best
explained by substantial standing ERV variation within host populations, and indicates that even
truncated, presumably old, ERVs have not yet become fixed in the host population.

Keywords: endogenous retrovirus; host genome; evolution; segregation

1. Introduction

Retroviruses have infiltrated vertebrate germline for millions of years by integrating as proviruses
in host DNA, which have then passed down to the offspring through generations as inherited
endogenous retroviruses (ERVs). The genomic ERV record represents retroviruses that were replicating
at the time of integration and constitutes large fractions of contemporary vertebrate genomes,
for example about 7–8% of human DNA [1,2] and about 3% of the chicken genome [3]. The genomic
ERV record thus presents a remarkable source for an evolutionary perspective on the biology and
interactions among retroviruses and their hosts.

Diverse sets of ERVs can be identified across all studied vertebrate genome assemblies [4] by
screening for structural hallmarks including long terminal repeats (LTRs), which flank the ERV gag, pol,
and env genes [5]. Over time, ERV loci may become fixed in the host population, either due to genetic
drift of those loci that are least harmful or due to selection on beneficial insertions [2]. ERV contributions
to the host genome structure and function include providing a substrate for genomic recombination,
and effects on the host transcriptome resulting from their integration and expression with diverse
effects on host genome function and evolution. Among positive effects are the expression of viral
gene products as useful new genes in the host [6], modification of chromosomal gene expression
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by ERVs including promoter, enhancer, and insulator functions, as well as alternative splice signals
from ERV integrations in host transcription units or adjacent to chromosomal genes [2,7]. On the
other hand, is the potential for host gene disruption, as well as the potential for somatic spread of
replicating retroviruses leading to pathogenic consequences for the host [2,8,9]. ERV-mediated genomic
recombination can further contribute to the organization and plasticity of the host’s genome [10–13].
Overall, it is plausible that ERVs have had considerable effects on host genome function and evolution
across the entire vertebrate lineage, by shuffling genomic regions, exons, and regulatory genetic
sequences into new contexts and thereby altering the dynamic functions of the host DNA.

It is desirable to identify orthologous ERV loci across the compared host lineages in order to
evaluate potential effects of retroviruses and ERVs on host biology because it allows for connecting
ERV integrations to host phenotypic differences and evolutionary history. ERV studies have benefited
from recent advancements in sequencing technology and a growing catalogue of reference host genome
assemblies, where much focus has been placed on comparing ERV records across related host species
reference genome assemblies, an approach that suffers from undersampling of the diversity within
vertebrate species, and thus presents challenges for reaching a better understanding of potential
factors that contribute to the long-term retrovirus-host associations [4]. More recently, studies utilizing
re-sequencing data to target searches for integration differences among selected ERVs within a host
population to explain activities during recent evolution have made efforts to address this issue for
specific virus types in host populations [14,15].

In an attempt to further explore ERV-host associations in a hitherto un-examined system, we make
use of an artificial selection system where selection lines of domestic chicken that have been undergoing
strong bi-directional selection on body weight at eight weeks of age for more than 50 years [16].
This selection-scheme, from a single founder population, has generated extreme phenotypes with more
than 10-fold difference in average weights between the two chicken lines. We utilized whole-genome
re-sequencing data from these chicken lines, as well as an outgroup commercial chicken line,
to investigate ERV insertion variation and potential evolutionary contributions from inherited ERVs
on host genome function.

Domestic animals provide rare possibilities, currently not feasible in human biomedicine, to study
connections between genes, phenotypes, and biological function [17]. Crossbreeding of domestic
animals is also a useful tool to determine genomic differences, making it possible to apply genetic
analyses to reveal loci controlling phenotypic traits that have been selected during domestication [18].

The rationale for utilizing chicken as a model dates back more than 100 years to pioneering studies
of retroviruses and ERVs, reviewed in [19,20], and the availability of sequence data from the chicken
selection pedigree established in 1957 (see above), which, measured by the response in phenotypic traits
and single nucleotide polymorphism (SNP) allele-frequency divergence, has accumulated changes that
have been estimated by Johansson et al. to require about 5000 years to evolve in natural populations [21].
Overall, the chicken selection lines present a promising model for identifying ERV divergence and
interpreting observations in the context of previously known results in this system, thereby estimating
ERV contributions to dynamics of complex genetic traits of their hosts.

Here, we identify ERV insertion differences across available re-sequenced genomes derived
from the two bi-directionally growth-selected chicken lines and compare candidate ERV loci with
a commercial layer chicken outgroup. We map insertions and deletions to establish their positions
relative to the adjacent host genomic landscape and compare candidate loci associated by sequence
similarity to ERVs identified in the Red junglefowl reference assembly (version galGal3) along with
reference retroviral sequences within a phylogenetic framework.
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2. Materials and Methods

2.1. Domestic Chicken Selection Lines

Whole-genome re-sequenced DNA from domestic chicken selection lines was analyzed for
differences in ERV makeups as potential markers for effects of ERVs on host genome function and
evolution, see Table 1. For this purpose, we utilized a well-studied model system established in 1957,
where two growth-selected lines of chicken were developed from a single founder population by
bi-directional selection of body weight at 56 days of age for more than 40 generations and kept as
closed populations [16]. The average body weights of individuals from respective selection lines
(H: high-growth; L: low-growth) differ more than 10-fold today, and, in addition to the response to
the selection of body weight, the lines have accumulated significant differences in feeding behavior
and food consumption [22]. The chicken selection lines (H and L) were analyzed together with the
commercial white leghorn chicken (W) for whole-genome comparisons as previously described in a
study of domestication sweeps [18]. Mate-pair sequence read libraries, with read length 50 nt times
two and approximately 3 to 4 kb insert sizes were produced using high throughput SOLiD sequencing
technology, see Table 1, and mapped to the Red junglefowl reference genome assembly (version galGal3,
accessed from the UCSC Genome Browser, http://genome.ucsc.edu) by Rubin et al. [18].

Table 1. Re-sequenced chicken selection lines and endogenous retrovirus (ERV) associated reads.

Pooled Genomes 1 Short Name Library 2 n 3 Coverage 4 ERV Assoc. Reads ERV-Host Read Pairs

High-growth line H ugc_208 11 5.53x 233,621 82,719
Low-growth line L ugc_209 11 5.19x 239,189 98,942
White leghorn W ugc_254 11 3.37x 191,873 90,759

1 High throughput SOLiD sequencing mate-pair libraries as previously described [18]. White leghorn chicken was
used as an outgroup in comparisons. 2 Approximately 3500 nt mate-pair library gap lengths mapped to the chicken
genome assembly (version galGal3) [18]. 3 Numbers of pooled individuals in SOLiD sequencing. 4 Sequencing
coverage as previously described [18].

2.2. Endogenous Retrovirus Mapping

Briefly, to allow identification of reference as well as non-reference assembly ERVs using mate-pair
short reads sequencing technology, we applied a strategy where reads were mapped to an independent
ERV library and then located along host chromosomes by anchoring their mate-pair reads to positions
in the flanking host DNA. The RetroTector software [5] was used to mine the Red junglefowl reference
genome assembly (version galGal3) for ERV sequences to construct an independent reference library
for mapping ERV-associated SOLiD sequencing short reads for each (H, L, and W, see above) chicken
selection line [18] using the SHRiMP2 software [23]. To identify ERV-host DNA junctions, SHRiMP2
ERV-associated reads scoring ≥400 were paired with reads that target unique chromosomal flanking
sequences [18]. The number of expected loci including full-length ERVs, truncated ERVs, and
solo-LTRs [24], which are the results from homologous recombination between the two provirus
LTRs, can be estimated to be about 20 times more frequent than the number of full-length ERVs
based on previous evaluations [1], which serves as a conservative starting point for analyses. As our
RetroTector analyses of the galGal3 reference assembly identified 532 high-quality ERVs scoring ≥300
(as previously discussed [5]), a putative target of around 10,000 candidate ERV loci was used to
determine conditions for reads clustering at ERV-host DNA junctions. Conservative (top) scores were
used for chromosomal DNA positions mapped by Rubin et al. [18] and SHRiMP2 ERV-associated
read scores (ranging 400–493) were used at ≥425. The up- and downstream ERV-host DNA junctions
were clustered separately considering mate-pair reads insert size of about 3500 nt, which reflects the
maximum chromosomal flanking distance to the ERV integration, and requiring short reads to cover
at least 2% of that length. Up- and downstream ERV-host DNA junctions were paired given shared
orientation, read associations to target reference ERV sequences, indications of both 5′- and 3′-ERV
flanking sequences, and separation by less than about 20 kb to accommodate expected ERV lengths of

133



Genes 2019, 10, 162

around 7–11 kb and potential secondary transposable element integrations into the candidate ERV.
Together, these clustering conditions indicated 12,709 candidate ERV loci and additional ERV-associated
reads with relaxed mapping scores (≥400) were appended to the identified ERV-host DNA junctions.

2.3. Endogenous Retrovirus Integration Variation

Candidate ERV loci were tested for read mapping differences across the re-sequenced chicken
lines (H, L, and W, see above) using Fisher’s exact test if the minimum observed read counts at the
locus were fewer than 15 and otherwise by comparison to the Chi distribution. Loci where short
reads were missing in one or two of the three chicken lines were kept for further analyses if p-values
for ERV-associated read counts passed the conservative threshold (p < 4 × 10−6) after Bonferroni
correction for multiple testing.

2.4. Endogenous Retrovirus Integration Landscape

The Red junglefowl (galGal3) reference gene dataset was downloaded from the UCSC genome
browser (http://genome.ucsc.edu) and intersected with positions for candidate ERV loci in order to
explore biological significance of genes located adjacent to ERVs and their potential associations with
the chicken selection line phenotypes. Associations among chromosomal genes and ERVs, intragenic as
well as intergenic positions covering 150 kb up- and downstream of reference gene transcription start
sites were analyzed. Candidate ERV loci were intersected with sweep regions previously determined
for the H and L chicken selection lines [18,21]. Chromosomal reference genes identified adjacent to ERV
loci were included in searches at the database for annotation, visualization, and integrated discovery
(DAVID at https://david.ncifcrf.gov/) to explore biological impact of differences in ERV integrations
across the H and L chicken selection lines.

2.5. Phylogenetic Framework

Phylogenetic analyses of ERVs identified in the reference assembly (version galGal3) together with
reference retrovirus sequences were performed as previously described [4,25,26]. Briefly, high-quality
ERVs (RetroTector score ≥ 300) identified in the reference chicken assembly (galGal3) were split
according to conserved motifs and phylogenetically informative segments across the ERV gag
and pol genes for multiple sequence alignments that were concatenated for phylogenetic analysis
using FastTree2 [27]. The resulting phylogenetic tree was rooted using the Caenorhabditis elegans
retrotransposon Cer1 (GenBank accession no. U15406), and visualized using FigTree v1.4.2
(http://tree.bio.ed.ac.uk/software/figtree/).

3. Results

Whole-genomes from domestic High-Growth (H), Low-Growth (L), and White Leghorn (W)
chicken selection lines were previously sequenced using high throughput SOLiD technology and
mapped to the chicken reference assembly (version galGal3) by Rubin et al. [18], see Table 1.
Here, we utilized the RetroTector software [5] to identify ERVs in the Red junglefowl (version galGal3)
assembly, which were used as an independent sequence library to map ERV-associated reads from
the re-sequenced chicken lines that could then be mated with their respective chromosomal mapping
reads for locating ERV-host DNA insertion junctions, even in cases where the insertion was absent
from the reference assembly. Up- and downstream ERV-host junctions were clustered and paired
using stringency criteria tuned for identifying about 10,000 loci, the expected number of ERV and
solo LTR loci based on RetroTector results and a previously estimated 1:20 ratio between complete
ERVs and solo LTRs, which are generated by homologous recombination between the two proviral
LTRs [1]. The clustering of paired sequence reads identified 12,709 candidate ERV loci, of which 8340
candidate loci indicated distinct differences, measured as absence or near-absence of ERV-associated
reads in at least one of the three compared chicken lines. Bonferroni correction for multiple testing
left 369 differentiated candidate ERV loci. Among these candidate loci, 115 ERVs were adjacent to, or
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located within, 229 host genes considering 150 kb distances up- and downstream of the candidate loci,
see Table 2 and Supplementary Information Table S1.

Table 2. Candidate ERV loci.

Chicken 1 ERV Candidate Loci ERV Loci (Corrected) 2 ERVs Adjacent to Genes 3 Genes Adjacent to ERVs 3

H•• 874 38 11 29
•L• 1109 52 19 38
••W 616 117 46 95
HL• 2966 103 19 36
H•W 1227 30 9 11
•LW 1548 29 11 20
HLW 4369 nd nd nd
1 Re-sequenced chicken selection lines selection lines: H (High-Growth line), L (Low-Growth line) and W
(White Leghorn). 2 Candidate ERV loci after Bonferroni correction (p < 4 × 10−6) where ERV-associated reads
indicate distinct differences (present/missing reads) in one of the chicken lines compared to the others. 3 Within
150 kb.

The bi-directionally growth-selected chicken lines (H and L) diverged from a single broiler
founder population about 60 years ago and were separated more than 100 years ago from the branch
leading to the comparison outgroup represented here by the commercial White Leghorn (layer) chicken.
For reference, the compared chicken lines share a relatively recent common ancestry, compared to the
reference genome assembly, generated from the Red junglefowl, Gallus gallus, which was separated
from the investigated chicken lines about 8000 years ago when chicken was first domesticated,
see Figure 1. However, even this split is recent compared to datasets that have been the subject
of previous studies [4,14,15,26], and thus the use of ERV loci comparison in a small host pedigree,
such as the domestic chicken lines, relies on that integration differences may be observed as a result
from selection during domestication that could require many thousands of years to become fixed in
wild host populations [21]. The observed branch-specific ERV loci differences across the domestic
chicken selection lines broadly reflects the time scale after divergence as the growth-selected broiler
chicken lines (H and L) were separated about half of the time since the layer outgroup (W) separated
from the domesticated broiler chickens, see Figure 1, indicating that differences in ERV makeups may
provide potential traceable markers for host evolution, see Figure 1, Table 2.

White Leghorn 

Low Line High Line 

Figure 1. Chicken selection lines and ERV variation. (A) Phylogeny of analyzed fowl modified from
Rubin et al. [18]. Blue numbers above branches indicate candidate branch-specific ERV insertions
and red numbers indicate candidate branch-specific missing ERVs at the analyzed loci, see Table 2.
Numbers in brackets indicate ERV-associated host genes. (B) Venn diagram showing distribution
of identified candidate ERV differences across the domestic chicken selection lines. Blue numbers
indicate counts of ERVs only found in the respective chicken line adjacent to genes. The numbers below
represent the number of candidate loci after correction for multiple testing, see Table 2, and numbers
within brackets show the corresponding number of candidate loci before correction.

To explore potential connections between the observed divergent ERV loci across the domestic
chicken lines, we intersected chromosomal positions with the reference assembly host genes
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(version galGal3, downloaded from the UCSC genome browser, http://genome.ucsc.edu) and
previously determined selective sweeps for the H and L chicken selection lines [18,21]. Although some
ERVs overlapped with domestication sweep regions, see Supplementary Information Table S1,
the observed overlap did not deviate significantly from the expectation (p = 0.1, binomial test), given
the size of the sweep areas and the number of detected ERV insertions elsewhere in the host genomes.
In addition, gene ontology searches were inconclusive and could not establish links between ERVs
and adjacent host genes that could help explain the distinct phenotypes. We, therefore, analyzed
candidate ERV insertion orientations and distances relative to host genes. Candidate ERV loci within
host gene transcripts show a clear bias in antisense orientation relative to the host gene transcript,
which could be explained by purifying selection due to potential splice interference from canonical
splice signals as previously discussed [28]. Intergenic ERV orientations relative to host genes fluctuate
up- and downstream and a bias pattern is not clear given the limited data, see Figure 2. It thus
appears that intergenic ERV insertions may not influence host genome function to the same extent as
intragenic ERVs.

Figure 2. Chicken ERV integration landscape relative host genes (upstream, intragenic,
and downstream) and orientation. Blue and red histograms show the number of identified host genes
at various distances to the ERV in sense (blue) and antisense (red) relative orientations, and average
points are indicated for each bin. The grey histogram insert indicates the number of analyzed genes at
downstream distances, split into 10 kb bins, with respect to nearby ERVs.

To investigate relationships between the observed ERV loci varying across the analyzed chicken
lines, we constructed a phylogenetic tree based on ERVs identified by the RetroTector software [5] in the
Red junglefowl reference assembly (version galGal3) and appended reference retroviral sequences for
comparisons as previously described [4,25,26]. Since the insert sizes and read lengths of ERV-associated
mate-pair reads only allow limited coverage into the candidate ERV loci, it is useful to align reads to
reference assembly ERVs that could build a phylogenetic framework, and from which the best ERV
match for candidate ERV loci by can be determined, see Figure 3.

In agreement with the observed lack of significant associations between candidate ERV loci and
adjacent host genes (see above), divergent ERV loci in the domestic H, L, and W chicken lines located
across the phylogenetic tree that was rooted on a distant outgroup, rather than being found inside any
specific retroviral clade, which is what could be expected if variation was due to retroviral expansion
after the last common ancestor. Instead, the result indicates that the observed candidate ERV insertion
differences do not result from recent retrovirus replication and integrations as ERVs in one or two of
the chicken lineages, but rather it is consistent with standing variation of segregating ERV loci present
at the onset of the bi-directional selection experiment as well as during breed formation since the
domestication of chicken. Multiple radiations involving candidate ERV loci associated with assembly
ERVs showing short terminal branch lengths indicate relatively recent expansions occurring within
several retroviral genera across the phylogeny. It seems plausible that these radiations have generated
a substantial number of segregating ERV insertions in the domestic chicken lines, thus providing the
standing variation that explains the observed differences in ERV makeups, and that the number of
divergent ERV loci is largely a product of the accelerated genomic divergence caused by the strong
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selection imposed on the H and L lines specifically, as well as directed selection of host features during
domestication, which has affected all three studied (H, L, and W) chicken lines.

Figure 3. Chicken ERV phylogenetic tree based on Gag and Pol motifs as previously described [4,25].
Thick blue lines indicate reference retroviral and ERV sequences. Candidate ERV-associated loci
differences between the H, L, and W chicken are indicated by symbols next to the ERV IDs referring to
the RetroTector analysis of the chicken (galGal3) assembly (see FASTA sequences and loci annotations
in Supplementary Information Data S1). The complete phylogenetic tree is presented in nexus file
format (Supplementary Information Data S2) for rendering in a tree drawing software such as FigTree.
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4. Discussion

The known breeding history and well-studied phenotypic traits among domestic animals make
them first-rate model organisms to identify potential ERV contributions to biological functions and
dynamics of complex genetic traits. Rare genomic changes resulting in host phenotypes that would
require thousands of years to establish, or become lost, in wild host populations may be selected for in
domestic settings during fewer generations [17,21,29]. This type of genomic data presents an excellent
chance to study differences in genomic ERV makeups across many chicken selection lines.

Here, we utilized whole-genome sequences from two bi-directionally growth-selected domestic
broiler chicken lines and a distantly related domestic layer chicken line [18] for identifying and
comparing candidate ERV insertion differences. Using an independent ERV search library, it is
possible to identify non-reference assembly ERV in the different host lineages. We show that the
domestic chicken carries a large number of segregating ERVs, evidenced by the observation that 65% of
detected loci display a nominal difference in frequencies and more than 350 insertions are significantly
differentiated. Standing variation has previously been shown to contribute to the majority of the alleles
under selection in the H and L lines [21,22,29] and here we show that segregating ERVs are a part
of this variation, and thus they form part of the potential substrate for selection in these, and other,
chicken lines.

As high-throughput parallel sequencing technologies generate short reads and limited coverage
into the ERV loci depending on mate-pair insert sizes for reliable chromosomal anchoring, we utilized
ERVs identified in the Red junglefowl reference assembly to generate an independent ERV search
library and anchored loci to chromosomal positions by ERV-associated short reads mate-pair mapping.
Despite limited ERV sequence coverage, it is thus possible to associate the best fit for candidate ERV
loci reads with assembly ERV sequences, which could be used to construct phylogenetic frameworks
and to determine associations between ERV loci and host genomic landscapes.

The whole-genome sequences were generated from pooled individual DNA, see Table 1,
which complicates assessments of ERV presence/absence and we, therefore, used a conservative
approach by considering loci where one or two of the three domestic chicken lines indicated missing
or present ERV-associated reads. Given the large phenotypic differences between the high- and
low-growth chicken lines, the domestic animal model presents a promising system to determine
potential influences from ERVs on host genome structure and function.

However, although gene ontology searches for genes adjacent to divergent candidate ERV loci
could not explain host phenotypic variation, which could be due to the known highly polygenic nature
of the trait under selection [21,29], intersection of ERV loci positions with previously determined
domestication sweep signals [18,21,29] showed only a weak association. Together, the results suggest
that pre-existing ERV variation derived from a common host ancestor segregate in the domestic chicken
selection lines today. This notion is supported by the estimated age range of loci that are divergent loci
between the domestic chicken lines, which include loci that are presumably old, based on sequence
similarities to re-constructed reference assembly ERVs, as well as newer reference assembly ERV
insertions, indicating that the divergence represents a frequency shift among ERV loci that segregate in
the host population.

Similar observations have also recently been made in other vertebrate host populations [26],
demonstrating limitations when assessing historic retrovirus activities from the genomic ERV record
using reference assemblies compared to host population data [30], due to the severe sampling effect
and associated loss of diversity introduced by reducing a species population down to a single
reference genome.

While it can be informative to study ERV variation from host species assemblies covering multiple
species over long evolutionary time scales [4,25], analyses along single species phylogenies provide
additional information regarding ERV variation and expression [31]. To analyze more recent ERV
activities, it has also been successful to employ targeted analysis of specific ERVs in single host
species population data [14,15]. However, sampling constraints complicate identification of standing
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variations in ERV makeups in these systems, and the broad searches in controlled genome groups
that the domestic animal selection pedigrees provide are not easily achieved under such conditions.
By narrowing the time scale using domestic and wild animal pedigrees, it has been possible to
estimate segregating ERV variation for a broad range of ERV clades in host populations [26]. Use of
PCR to investigate polymorphisms and incomplete lineage sorting was recently demonstrated for
young ERVs [32], and further refining these types of studies by analyzing the recently diverged
growth-selected chicken pedigree in this study, we conclude that standing ERV variation is a common
feature in contemporary vertebrate populations.

In summary, it appears increasingly important to employ careful experimental design to control
the occurrence of artifacts and incorrect inferences due to unbalanced sampling in analyses aimed
at evaluating host species ERV makeups. In order to obtain valid comparisons from population
and distantly related genomes, it is valuable to focus on well-known pedigrees like those offered by
domestic animal selection lines, where the prior knowledge makes it possible to compare observed
patterns with expectations that are based on the evolutionary context of the specific case with higher
precision than is generally achievable in natural populations. Sequencing and analyses of domestic
animal populations and single genomes from known selection pedigrees facilitated by improved
sequencing technologies that provide depth and coverage over long insertion sizes together with
newly developed and fine-tuned analysis methods will facilitate mapping of ERVs previously not
feasible and thereby generate new knowledge about contributions from retroviruses and ERVs to host
genome function and evolution.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4425/10/2/162/s1,
Data S1: galGalERV FASTA sequences, Data S2: galGalERV phylogeny in nexus format, Table S1: galGalERV loci
variation and genomic landscape.
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Abstract: Piwi-interacting RNAs (piRNAs) control transposable element (TE) activity in the germline.
piRNAs are produced from single-stranded precursors transcribed from distinct genomic loci,
enriched by TE fragments and termed piRNA clusters. The specific chromatin organization and
transcriptional regulation of Drosophila germline-specific piRNA clusters ensure transcription and
processing of piRNA precursors. TEs harbour various regulatory elements that could affect piRNA
cluster integrity. One of such elements is the suppressor-of-hairy-wing (Su(Hw))-mediated insulator,
which is harboured in the retrotransposon gypsy. To understand how insulators contribute to
piRNA cluster activity, we studied the effects of transgenes containing gypsy insulators on local
organization of endogenous piRNA clusters. We show that transgene insertions interfere with
piRNA precursor transcription, small RNA production and the formation of piRNA cluster-specific
chromatin, a hallmark of which is Rhino, the germline homolog of the heterochromatin protein
1 (HP1). The mutations of Su(Hw) restored the integrity of piRNA clusters in transgenic strains.
Surprisingly, Su(Hw) depletion enhanced the production of piRNAs by the domesticated telomeric
retrotransposon TART, indicating that Su(Hw)-dependent elements protect TART transcripts from
piRNA processing machinery in telomeres. A genome-wide analysis revealed that Su(Hw)-binding
sites are depleted in endogenous germline piRNA clusters, suggesting that their functional integrity
is under strict evolutionary constraints.

Keywords: drosophila; retrotransposons; transgene; piRNA cluster; insulator; Su(Hw); Rhino;
germline; transcription; HeT-A and TART telomeric retrotransposons

1. Introduction

The Piwi-interacting RNA (piRNA) pathway is an essential mechanism that protects genome
integrity by suppressing transposable element (TE) activity in animal gonads [1]. In Drosophila, piRNA
precursors are derived from distinct genomic regions termed piRNA clusters, which are enriched in
TE fragments [2]. The specific chromatin structure of piRNA clusters ensures the recruitment of the
noncanonical transcriptional machinery that drives piRNA precursor expression [3–6]. The chromatin
of piRNA clusters is enriched in a common heterochromatic histone mark, trimethylated lysine 9
of histone H3 (H3K9me3) and by two chromodomain-containing proteins, heterochromatic protein
1 (HP1) and its germline-specific ortholog Rhino (Rhi) [4,7–9]. The protein Maelstrom represses
canonical transcription from TEs and neighbouring gene promoters in dual-strand piRNA clusters [10].
Instead, noncanonical convergent transcription from both genomic strands initiated at multiple
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random sites facilitates the transcription of piRNA precursors from dual strand piRNA clusters [6,7].
The initiation of such noncanonical transcription within the heterochromatin of piRNA clusters is
mediated by the germline-specific TFIIA-L paralog Moonshiner, which forms an alternative RNA
Polymerase II preinitiation complex in Rhi-enriched domains [6]. Rhi binding suppresses the splicing
of piRNA precursors [11]. In addition, Rhi recruits Cutoff (Cuff) protein [4], which mediates
the generation of long read-through transcripts from piRNA clusters by inhibiting termination at
poly(A) sites [12]. Finally, the transcription-export (TREX) complex participates in the export of
unspliced piRNA precursors from the nucleus to the cytoplasmic piRNA processing machinery [13,14].
The Piwi-dependent establishment of piRNA cluster identity occurs during early embryogenesis,
which is crucial for TE repression at later developmental stages [9]. The integrity of piRNA clusters is
an important factor in antitransposon defence, since the adaptivity of the piRNA system is based on
the ability of alien sequences inserted within piRNA clusters to become their integral part and produce
cognate piRNAs [15–18].

Insulators and their binding proteins play an essential role in transcription regulation by limiting
inappropriate enhancer-promoter interactions of neighbouring genes or by blocking repressive
chromatin spreading [19]. Insulators are found in the regulatory regions of genes and at homeotic
gene loci and the boundaries of topologically associating domains, TADs [20,21]. Some Drosophila
retrotransposons also contain insulators [22–24]. One of the best-characterized TE insulators is located
in the regulatory region of the gypsy long terminal repeat (LTR) retrotransposon and contains binding
sites for the suppressor of hairy wing (Su(Hw)) zinc-finger protein [25]. This DNA-binding protein
establishes the multicomponent chromatin complex important for transcriptional regulation and
germline development [19,26]. piRNA clusters contain different TEs, including those demonstrating
insulator activity; however, the hierarchical relationship between the chromatin of piRNA clusters
and insulator complex formation is not clear. We show here that transgenes bearing Su(Hw)
recognition sites embedded in endogenous pericentromeric and telomeric piRNA clusters interfere
with the local transcription of piRNA precursors, production of small RNAs and formation of specific
chromatin structure.

2. Materials and Methods

2.1. Drosophila Transgenic Strains

The transgenic strain KG10047 carrying the insertion of the P{SUPor-P} element in the HeT-A 3′

UTR was described previously [27]. Transgenic strain KG09351 (Bloomington Drosophila Stock Centre
#16481; the strain was terminated) carries a P{SUPor-P} insertion in the 42AB locus at the position
2R:2,160,357 [-] (according to the dm3 genome assembly). The transgenic strain KG02245 (Bloomington
Drosophila Stock Centre #12975) carries a P{SUPor-P} insertion in the 49E locus. Transheterozygous
su(Hw)V/su(Hw)f flies were used in the study.

2.2. Small RNA Library Preparation and Analysis

Small RNAs 19–29 nt in size from total ovarian RNA extracts were cloned as previously
described [18]. The libraries were barcoded according to Illumina TrueSeq Small RNA sample prep
kit instructions and submitted for sequencing using the Illumina HiSeq-2000 sequencing system
(San Diego, CA, USA). After clipping the Illumina 3′-adapter sequence, small RNA reads that passed
quality control and minimal length filter (>18 nt) were mapped (allowing 0 mismatches) to the
Drosophila melanogaster genome (Apr. 2006, BDGP assembly R5/dm3) or transgenes by bowtie2 [28].
The plotting of size distributions, read coverage and nucleotide biases were performed as described
previously [18]. To identify piRNAs (24–29 nt reads) or siRNAs (21 nt reads) derived from TEs and
piRNA clusters, small RNA reads were mapped to the canonical sequences of transposable elements
(http://www.fruitfly.org/p_disrupt/TE.html) or to the piRNA clusters [2] by bowtie2 [28].

144



Genes 2019, 10, 209

Ovarian small RNA-seq data for KG10047;+/+, KG10047;su(Hw)V/su(Hw)f, KG09351;+/+;
KG09351;su(Hw)V/su(Hw)f ; KG02245;+/+ and KG02245;su(Hw)V/su(Hw)f were deposited at Gene
Expression Omnibus (GEO), accession number GSE125173.

2.3. Chromatin Immunoprecipitation (ChIP)

ChIP was performed according to the published procedure [7]. Chromatin was immunoprecipitated
with the following antibodies: anti-HP1a (C1A9 Developmental Studies Hybridoma Bank, Iowa Sity,
IA, USA), anti-trimethyl-histone H3 Lys9 (Millipore, Burlington, MA, USA), Rhi antiserum [29] and
anti-Su(Hw) [30]. Primers used in the study are listed in Table S1. Quantitative PCR was conducted
with a LightCycler 96 (Roche, Basel, Switzerland). Obtained values were normalized to input and compared
with values at rp49 gene as a control genomic region. Standard error of mean (SEM) of triplicate PCR
measurements for three biological replicates was calculated.

2.4. RT-PCR

RNA was isolated from the ovaries of three-day-old females. cDNA was synthesized using
random hexamers or strand-specific primers and SuperScriptII reverse transcriptase (Life Technologies,
Carlsbad, CA, USA). cDNA samples were analysed by real-time quantitative PCR using SYTO-13
dye on a LightCycler96 (Roche, Basel, Switzerland). Values were averaged and normalized to the
expression level of the ribosomal protein gene rp49. The primers used are described in Table S1.

2.5. Motif Finding

To estimate the frequency of the Su(Hw) insulator sites, the corresponding PWM profile (MA0533.1
from JASPAR_2016 database) was searched against the dm6 genome assembly or piRNA cluster
regions [2] by using fimo 4.11.1 from the MEME suite [31]. The p-value 1 × 10−5 was used as the
threshold level.

3. Results and Discussion

3.1. P{SUPor-P} Transgenic Constructs Inserted into piRNA Clusters Do Not Produce piRNAs

To study how insulators affect piRNA cluster integrity, we used P{SUPor-P} transgenic constructs
carrying two gypsy insulators and located within endogenous piRNA clusters. KG10047 and
KG09351 transgenes were inserted into the 3′UTR of telomeric retrotransposon HeT-A and the major
pericentromeric piRNA cluster in the 42AB locus, respectively (Figure 1A).

Both integrated loci were previously described as potent piRNA clusters able to adapt new
insertions for piRNA production [12,15,16,32]. The euchromatic KG02245 transgene was used
as a control. To determine whether the constructs carrying gypsy insulators are able to become
a part of piRNA clusters and produce piRNAs, we sequenced small RNAs from the ovaries of the
transgenic strains. The mapping of small RNAs to P{SUPor-P} revealed a negligible amount of
the transgene-derived small RNAs in both cases (Figure 1B). We suggested that Su(Hw) binding
could impede piRNA production and performed ovarian small RNA sequencing of transgenic strains
bearing su(Hw)V/su(Hw)f mutations. These mutations cause the loss of Su(Hw) binding to the gypsy
insulator [33,34] and, as we show in the next section, to P{SUPor-P} transgene (Figure 2B). Su(Hw)
mutations result in the production of abundant transgenic small RNAs, most of which are 24–29 nt long
and demonstrate 5′ terminal uridine bias (1U bias), which is a characteristic of piRNAs (Figure 1B,C).
However, we did not find the sense/antisense piRNA pairs overlapping by 10 nt, which is a signature
of the ping-pong piRNA amplification cycle [2,35] (Figure 1D). This result indicates that primary
processing plays a major role in transgenic piRNA production. The most likely explanation is that
a low abundance of transgenic transcripts prevents efficient ping-pong amplification. The euchromatic
transgene KG02245 (control) produces a negligible amount of small RNAs in wild type and Su(Hw)
mutant backgrounds (Figure 1).
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Figure 1. Generation of small RNAs by transgenes containing Su(Hw)-binding sites and located in piRNA
clusters. (A) Schematic representation of transgenic insertion sites. Insertion sites of transgenes are indicated
as triangles situated either up or below the schemes, which correspond to their genomic orientation.
(B) Scheme of SUPor-P construct is shown above. Normalized numbers of small RNAs (19–29 nt, in reads
per million, RPM) mapped to transgenic constructs (blue—sense; brown—antisense; no mismatches allowed)
in wild type Drosophila ovaries and in su(Hw)V/su(Hw)f mutants. (C) Length distribution of transgenic small
RNAs. Percentage of transgenic reads excluded Su(Hw) sites having 1U is indicated for each strand (only
24–29-nt reads were considered). (D) Relative frequencies (Z-score) of 5′ overlap for sense and antisense
24–29-nt transgenic piRNAs excluded Su(Hw) sites (ping-pong signature).

146



Genes 2019, 10, 209

 
Figure 2. Chromatin components and transcription state of the transgenes containing Su(Hw) sites
and located within piRNA clusters. (A) Schematic representation of the P{SUPor-P} transgene and the
positions of the primers used in ChIP (p1, p2, p3, p4) and RT-PCR (p1, p3, p5) are shown. (B) Su(Hw)
binds P{SUPor-P} transgenes in Su(Hw) wild type but not in mutant ovaries. The rp49 is used as
a control devoid of Su(Hw) binding sites. As expected, the gypsy insulator lost Su(Hw) binding in the
su(Hw)V/su(Hw)f background but the insulator in the 62D locus retained Su(Hw) association [33,34].
Mean values are indicated only for low levels of Su(Hw) binding. (C–E) Rhi (C), HP1 (D) and H3K9me3
(E) occupancies at P{SUPor-P} transgenes in wild type and su(Hw)V/su(Hw)f mutants were estimated by
ChIP-qPCR using indicated primers (p1, p2, p3). The regions of the endogenous 42AB and #6 piRNA
clusters and telomeric retrotransposon HeT-A are enriched by all studied chromatin components
and used as positive controls. rp49 is used as a negative control. Asterisks indicate statistically
significant differences in chromatin protein enrichments between wild type and su(Hw)V/su(Hw)f

mutants (* p < 0.05 to 0.01, ** p < 0.01 to 0.001, *** p < 0.001, unpaired t-test). Error bars represent SEM of
3 biological replicate experiments. For HP1 and H3K9me3 binding to KG02245, the error bars represent
SD of three technical replicates.

Interestingly, a significant fraction of the small RNAs produced by both P{SUPor-P} transgenes in
Su(Hw) mutants are 21-nt endogenous small interfering RNAs (endo-siRNAs) (Figure 1C). Indeed,
it has been reported that endogenous and transgenic piRNA clusters also produce significant levels of
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endo-siRNAs in wild type ovaries [18,32,36,37]. In Su(Hw) mutants, P{SUPor-P} transgenes become
part of the endogenous piRNA clusters, producing both pi- and endo-siRNAs.

Previously, it was reported that P{lArB}, pW8-hsp-pA and P{EPgy2} transgenes lacking gypsy
insulators inserted in Drosophila subtelomeric and telomeric piRNA clusters are incorporated in piRNA
production and acquire chromatin properties of their surrounding regions [16,18,32]. Similar to
transgenes, TE insertions into the germline piRNA clusters result in the production of cognate piRNAs
ensuring silencing of mobilized TEs [15]. We show here, that Su(Hw)-mediated gypsy insulators
prevent piRNA production from P{SUPor-P} transgenic sequences, even if the latter are inserted into
endogenous piRNA-producing regions.

3.2. The Su(Hw) Complex Prevents the Assembly of the Chromatin Structure and Read-Through Transcription
Typical of piRNA Clusters

To learn more about the mechanism of the Su(Hw)-mediated prevention of piRNA production,
we compared the chromatin state of transgenes in the wild type and Su(Hw)-mutant backgrounds.
In our experiments, we used transheterozygous flies with two Su(Hw) alleles: the Su(Hw)V null
allele and the Su(Hw)f, which carry a defective zinc finger 10 [34]. Su(Hw)f protein demonstrated the
loss of binding to gypsy insulator and the reduced occupancy of many non-gypsy Su(Hw)-binding
sites [34,38]. ChIP data obtained using anti-Su(Hw) antibodies demonstrate that P{SUPor-P} transgenes
binds Su(Hw) in wild type ovaries (Figure 2B). ChIP performed with su(Hw)V/su(Hw)f ovaries, shows
a dramatic decrease of Su(Hw) binding to the gypsy insulator and P{SUPor-P} transgenes. As it was
reported previously, mutant Su(Hw)f is retained at some insulators including site located in 62D
locus [33,34]. Indeed, ChIP demonstrated that mutant Su(Hw) bound this region, that serves as
a positive control (Figure 2B).

The data from ChIP using Rhi, HP1 and H3K9me3 antibodies show that P{SUPor-P} transgenes
inserted in both the 42AB locus and telomeric retroelement HeT-A lack these chromatin hallmarks in the
presence of Su(Hw) protein (in the wild type genetic background) but acquire them in Su(Hw)-mutant
ovaries (Figure 2C–E). At the same time, Rhi binding to 3′ P-element region, located ~5 kb apart from
the gypsy insulators, is not affected by Su(Hw) mutation in KG09351 and only 1.5-fold increases in
KG10047;su(Hw)V/f ovaries (Figure 2C, p3 primer pair). Chromatin of the telomeric element HeT-A and
dual-strand piRNA clusters (42AB and cluster #6) was not affected by Su(Hw) mutation (Figure 2).
Therefore, the gypsy insulator complex is established upstream of the Piwi-dependent chromatin
formation of piRNA clusters and Su(Hw) binding mostly affects local chromatin conformation.

Our data suggest that Su(Hw) binding to P{SUPor-P} transgenes inserted into piRNA clusters
should block transcription of long piRNA precursors. To verify this suggestion, we compared
expression of mini-white gene of the transgenes inserted into HeT-A (KG10047 strain) and 42AB
(KG09351 strain) in the wild-type and mutant background using transgene-specific primers (Figure 3A).
It should be noted that the white promoter shows a very low activity in ovaries. In contrast, we observed
that the level of mini-white transcripts was significantly increased in Su(Hw) mutants for both insertions
(Figure 3A). In addition, Su(Hw) mutations lead to the increased transcript levels of 3′P transgenic
regions located 5 kb downstream Su(Hw) binding sites (Figure 3A). Strand-specific RT-PCR analysis of
3′P transcription in KG09351 strain demonstrated a lowered level of only sense transgenic transcripts
suggesting that the effect of gypsy insulator on transcription is strand-specific (Figure 3B). We therefore
suggest that the Su(Hw)-insulator complex should directly interfere with transcription of piRNA
clusters by blocking read-through transcription of piRNA precursors. To test this, we conducted
RT-PCR using the primers corresponding to the upstream and downstream regions of the transgenic
Su(Hw) site (Figure 2A, p5 primer pair). Accordingly, we revealed transgenic transcripts only in the
ovaries of Su(Hw) mutants (Figure 3C). These data indicate that the insulator complex blocks the
read-through transcription of transgenic piRNA precursors. Taken together, our data suggest that
insertions of the transgenes containing gypsy insulators into endogenous piRNA clusters affect local
chromatin conformation, causing the disruption of long piRNA precursor transcription and that this
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effect is mediated by Su(Hw) binding (Figure 3D). However, the function of the gypsy insulator also
requires Centrosomal Protein 190 kD (CP190) and Modifier of mdg4 (Mod67.2) [39,40], the insulator
proteins which were not considered here. Therefore, strictly speaking, we could not unambiguously
conclude whether or not the effect of Su(Hw) binding to piRNA clusters demonstrated here was
dependent on the entire insulator complex assembly.

 

Figure 3. Transcription state of the transgenes containing Su(Hw) sites and located within piRNA clusters.
The positions of primers are indicated in Figure 2A. (A) RT-qPCR analysis of transgenic mini-white and 3′P
transcripts in the ovaries of transgenic strains in wild type and Su(Hw) mutant backgrounds. The P1 primer
pair used for RT-PCR specifically detects unspliced transgenic mini-white transcripts. (B) Strand-specific
RT-PCR using the P3 primers corresponding to the transgenic 3′P region showed a decreased level of RNA
from sense but not from antisense transgenic strand downstream of the Su(Hw) binding sites. Asterisks
indicate statistically significant differences in the expression levels between wild type and su(Hw)V/su(Hw)f

mutants (* p < 0.05 to 0.01, ** p < 0.01 to 0.001, *** p < 0.001, unpaired t-test). (C) Agarose gel electrophoresis
of RT-PCR products shows the presence of read-through transgenic transcripts comprising Su(Hw)-binding
sites only in Su(Hw) mutants. Samples without reverse transcriptase were used as RT− controls. PCR on
genomic DNA served as a positive control. (D) Scheme showing that insertion of the Su(Hw) insulator
into the piRNA cluster disrupts local transcription of piRNA precursors, production of small RNAs and
formation of specific chromatin structure.

Given the functional integrity of piRNA clusters, we suggested that gypsy insulators might impair
the functioning of the cluster regions in the close vicinity of transgenic insertion. To verify this
suggestion, we estimated piRNA production in 42AB regions located around the KG09351 insertion.

Due to the presence of highly degenerated TE fragments, piRNA clusters produce abundant piRNAs
uniquely mapped to the genome, allowing their mapping to repeat-rich regions [2]. We found that
the amount of piRNAs uniquely mapped to the 10-kb region flanking the 3′-end of the transgene was
dramatically lower in the presence of the transgene insertion than in the native 42AB locus (Figure 4A).

However, Su(Hw) mutations restored the level of transgene-flanking piRNAs in the 42AB locus
up to the level observed in the native 42AB region in KG10047 strain (Figure 4A). We also show that the
production of piRNAs derived from the same region is not affected by Su(Hw) mutations in KG10047
strain. In addition, the transgenic insertion in 42AB leads to a reduction in transcript levels downstream
of the transgene (Figure 4B, transgene is located in the minus genomic strand). Strand-specific RT-PCR
analysis using single-mapped primers [41] demonstrated a dramatic decrease in the level of transcripts
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from the negative genomic strand downstream the transgene (Figure 4C). This fact is in agreement with
previous result, demonstrating the lowered levels of transgenic 3′P sense transcripts (corresponding to
the minus genomic strand) in the ovaries of KG09351 strain (Figure 3B). Thus, the Su(Hw) insulator
blocks piRNA precursor transcription at least within a 10-kb neighbouring region. Our observations
suggest that transgenes containing Su(Hw)-binding sites disrupt long transcription units within piRNA
clusters and that this effect is strand-specific. Surprisingly, transgene insertion resulting in lowered
level of only antisense transcripts led to the decreased level of both sense and antisense piRNAs
uniquely mapped to transgene flanking region in 42AB (Figure 4A). This fact can be explained by
an impaired efficiency of ping-pong amplification between piRNA precursors derived from this region.
Indeed, it was reported that sense and antisense transcripts originated from the heterochromatic piRNA
cluster are involved in the reciprocal cleavage in the course of ping-pong piRNA amplification [42].
Nevertheless, the total abundance of I-specific piRNAs is not affected by the KG09351 insertion in 42AB
(Figure S1) because numerous active I-element copies participate in piRNA production in this strain.

Figure 4. Su(Hw)-binding sites disrupt the integrity of the endogenous piRNA cluster. (A) The effect
of SUPor-P transgene inserted in the 42AB locus on piRNA expression. Profile of ovarian small RNA
density at the 42AB region adjacent to the KG09351 transgene in wild type and su(Hw)V/su(Hw)f

mutant flies and in the KG10047 strain without a transgene insertion in this region. The position of
the transgene in the minus genomic strand is designated by a red rectangle. Genomic coordinates are
indicated according to the dm6 genome assembly. (B) RT-qPCR analysis of the expression levels of the
42AB region located 4 kb downstream of the KG09351 transgene. The positions of the primers used for
RT-PCR are schematically indicated in (A). (C) Strand-specific RT-PCR using the primers indicated in
(A) showed a decreased level of RNA from the negative genomic strand downstream of the transgene
insertion. Asterisks indicate statistically significant differences in the expression levels between wild
type and su(Hw)V/su(Hw)f mutants (* p < 0.05 to 0.01, ** p < 0.01 to 0.001, *** p < 0.001, unpaired t-test).

Taken together, these data explain why Su(Hw) binding results in a local decrease in small RNA
production not only from the mini-white located between the insulator sequences but also from the
transgenic and genomic flanking regions.

We could not perform the analysis of flanking piRNAs near the KG10047 transgene inserted in
the HeT-A 3′UTR at 2R telomere because the unique mapping of small RNAs to poorly assembled and
highly repetitive telomeric regions was technically impossible.

To a certain extent, insertion of P{SUPor-P} transgene in 42AB was helpful for understanding of
the transcription regulation of the major uni-strand flamenco (flam) locus that controls TE expression in
ovarian follicular cells [43,44]. In contrast to the germline dual-strand piRNA clusters that generate piRNAs
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corresponding to both genomic strands, the flam locus produces primary piRNAs from single strand
precursors [2]. Insulator-harbouring TEs, such as gypsy, ZAM and Idefix [22–24], are exceptionally arranged
in antisense orientation relative to flam transcription. It is believed that piRNAs complementary to the
coding transcripts of these TEs are produced from the single strand precursors transcribed by the flam sense
strand [2]. Apparently, gypsy, Zam and Idefix insulators do not interfere with the transcription of the flam
piRNA precursors, likely due to a strand-specific mode of insulator influence on transcription.

3.3. Su(Hw) Restricts piRNA Production from Telomeric TART Retrotransposons

The main structural telomeric element, HeT-A, is a non-autonomous retroelement and reverse
transcriptase (RT) activity is likely to be provided by TART or TAHRE telomeric retrotransposons.
In Drosophila germline, telomeric regions are organized in the piRNA clusters, although telomeric
elements are heterogeneous in piRNA production and Rhi binding: TART retrotransposons are
less susceptible to piRNA production and Rhi deposition than HeT-A [32]. This implies that TART
transcripts may be protected by an unknown mechanism from piRNA biogenesis machinery to provide
stable expression of RT essential for telomere elongation in the germline. Here, we present the data
suggesting a role for Su(Hw) in this mechanism.

Using small RNAseq data, we studied the genome-wide impact of Su(Hw) depletion on
transposon-derived piRNA production. The mapping of small RNAs to a canonical set of TEs does not
demonstrate global changes caused by Su(Hw) mutations (Figure 5A, Figure S2).

 

Figure 5. Su(Hw) depletion leads to the increased production of TART piRNAs. (A) Scatter plots of
log2-transformed and RPM-normalized small RNAseq reads in the ovaries of wild type and su(Hw) mutant
flies mapped to the canonical TE sequences. The colour of the dots indicates the type of TEs according to their
capacity for maternal deposition in embryos according to [45]. (B) Small RNA mapping to canonical TART-B
and TART-C telomeric retrotransposons. Reads mapped to the sense strand are shown in blue and antisense
in brown. Analysis of ovarian small RNA libraries from KG10047;+/+ and KG10047;su(Hw)V/su(Hw)f

strains (0–3 mismatches allowed) is shown (A,B). (C) qPCR on the genomic DNA was done to estimate
relative copy number of telomeric retrotransposons in KG10047;su(Hw)V/su(Hw)f compared to KG10047;+/+
strain. Normalization to the single-copy rp49 gene was done. (D) RT-qPCR analysis of transcript levels of
TART-A, HeT-A and TAHRE telomeric elements normalized to rp49 in the ovaries. Shown are fold changes of
steady-state RNA levels in KG10047; su(Hw)V/su(Hw)f compared to KG10047;+/+ strain. (E) Agarose gel
electrophoresis of RT-PCR products demonstrates increased levels of TART-B and TART-C transcripts in
Su(Hw) mutants. Rp49 is used as a loading control.
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However, piRNA production from few TEs was strongly affected (Table S2). In particular, Su(Hw)
mutations caused a 100-fold increase in the abundance of piRNAs specific to TART-B and TART-C
subfamilies of telomeric retrotransposons (Figure 5B, Table S2). To exclude the influence of copy
number polymorphism, we evaluated the relative copy number of telomeric retrotransposons in
KG10047;+/+ and KG10047;su(Hw)V/su(Hw)f strains. To this end, we performed PCR on genomic DNA
and showed that the relative copy numbers of HeT-A, TAHRE, TART-A, TART-B and TART-C are very
similar in both strains (Figure 5C). These data strongly suggest that TART-B/TART-C transcripts are
protected by Su(Hw)-dependent border elements from the piRNA production. Next, we examined
the RNA levels of telomeric retroelements in the ovaries of Su(Hw) mutants by RT-qPCR. We found
an increased level of TART-A transcripts in the ovaries of Su(Hw) mutants, while HeT-A and TAHRE
expression was not affected (Figure 5D). However, the levels of TART-B and TART-C transcripts in
the wild type ovaries were undetectable by RT-qPCR. Probably, TART expression is limited by a time
window during oogenesis, resulting in low levels of TART RNA in the total ovarian RNA. Then,
we performed semiquantitative RT-PCR and observed that TART-B and TART-C transcripts were barely
revealed in the wild type ovaries but readily detected in the ovaries of Su(Hw) mutants (Figure 5E).
These data suggest that Su(Hw)-dependent insulators provide appropriate levels of TART-encoding
transcripts in telomeres. Su(Hw) serves as a transcriptional repressor of coding genes in the ovary [26].
Notably, in wild-type ovaries, TART transcripts are less abundant than upon Su(Hw) depletion. Thus,
Su(Hw) likely mediates transcriptional repression of TART in the germline.

3.4. Su(Hw)-Binding Sites Are Depleted from Dual-Strand piRNA Clusters

What could be happened if the insulator is inserted into the piRNA cluster? To some
extent, this situation is simulated by the insertion of P{SUPor-P} transgene into the 42AB cluster
(Figure 4). Interestingly, the region of the KG09351 insertion in 42AB harbours remnants of ancestral
I-related retrotransposon, producing abundant piRNAs playing a key role in the control of I-element
activity [41,46]. The integration of insulator-containing TE nearby I-element fragments in 42AB would
strongly decrease the abundance of piRNAs derived from this region and the resistance to I-element
mobilization in the strain. One may suggest that shaping endogenous piRNA clusters should be
under the constraint of adaptive evolution and, therefore, the germline-specific piRNA clusters should
be depleted of insulator-binding sites. To examine this idea, we estimated the average density of
Su(Hw)-binding sites in the whole genome and in piRNA clusters (see Materials and Methods).
We found that the Su(Hw) site density was lower in piRNA clusters (one site per 45 kb) than in the
genome (one site per 14 kb, p-value < 1 × 10−5). It is tempting to speculate that the spectrum of
regulatory sequences associated with TEs in piRNA clusters is subjected to strict selection to provide
functional integrity of piRNA-producing loci.

Indeed, mapping of small RNAseq reads to the annotated piRNA clusters [2] did not reveal
global changes in the abundance of pi- and endo-siRNAs caused by Su(Hw) mutations (Figure 6A,
Figure S3). Of those affected are many piRNA clusters related to telomeric regions which contain TART
and TAHRE retrotransposons (Table S2). However, motif search analyses with the same parameters as
above (p-value < 1 × 10−5) failed to identify the Su(Hw) binding sites in canonical copies of telomeric
retrotransposons. Thus, the nature of Su(Hw) binding sites in telomeres is still to be determined.
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Figure 6. Su(Hw) depletion leads to increased production of piRNAs in distinct genomic sites.
(A) Scatter plot of log2-transformed and RPM-normalized small RNAseq reads in the ovaries of
wild type and su(Hw)V/su(Hw)f mutant flies mapped to piRNA clusters (B) Profile of the ovarian small
RNA density at the Rab8 gene region located in close proximity to cluster #48, comprising of Tc1 and
CR1 TEs, in wild type and su(Hw)V/su(Hw)f mutant flies. The increased production of small RNAs by
both genomic strands in the Su(Hw) mutant background is shown. Small RNAseq data from the ovaries
of KG10047;+/+ and KG10047;su(Hw)V/su(Hw)f strains were used in the figure. Genomic coordinates
are indicated according to the dm6 genome assembly. PCR on genomic DNA using indicated primers
did not reveal variations in the length of the Rab8 gene region.

3.5. The Su(Hw) Complex Protects Coding Genes from Spurious piRNA Production in the Germline

Although the loss of Su(Hw) causes female sterility, its particular role in the female germline
development is not well understood [34,38]. Su(Hw) mutations lead to the increased expression of many
target genes in the ovary, suggesting that Su(Hw) serves as a transcriptional repressor during oogenesis [26].

The genome-wide analysis of small RNAseq data demonstrated additional functions of Su(Hw)
in the germline. We revealed a genome-wide effect of Su(Hw)V/Su(Hw)f mutations on the abundance
of piRNAs derived from coding genes (Table S3). Most of the affected genes do not produce piRNAs
in a wild-type ovary. The piRNAs corresponding to these genes were observed in Su(Hw)V/Su(Hw)f

ovaries, suggesting that Su(Hw) might prevent the spread of piRNA production from piRNA
clusters/TEs to neighbouring genes. Indeed, Su(Hw) depletion causes the appearance of piRNAs
antisense to the transcripts of the Rab8 gene located next to the cluster #48 (Figure 6B). PCR by using
genomic DNA did not reveal variations in the length of the gene region producing genic piRNAs,
rejecting the possibility of transposon insertion polymorphism. Thus, the insulator most likely blocks
transcription of long piRNA precursors, thus protecting coding gene transcripts from entering the
piRNA biogenesis machinery in the germline. However, annotated TEs were found in the close
vicinity of the affected genes only in a few cases. Surprisingly, we revealed an effect of Su(Hw)
mutations on the abundance of the piRNAs derived from dozens of the coding genes located far
from annotated TEs or piRNA clusters (Table S3). At least partly, genic piRNA production may be
explained by strain-specific transposon insertions [47]. In most cases, the molecular mechanisms
responsible for generation of genic piRNAs in the ovaries of Su(Hw) mutants remain unclear. It is
tempting to speculate that Su(Hw)-mediated complexes perform a barrier function to protect coding
gene transcripts from spurious piRNA production in the germline.

4. Conclusions

Genomic regions containing damaged transposon fragments were for a long time considered
as waste dumps. Most of these regions are piRNA-producing loci that play an essential role
in antitransposon defence. The complex regulation of piRNA clusters has evolved to provide
piRNA production from the entire piRNA cluster. This mechanism ensures an adaptive response to
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insertions of alien transposons in a piRNA cluster. We show that Su(Hw) binding sites disrupt the
integrity of endogenous piRNA clusters, indicating that the assembly of insulator complexes occurs
upstream of cluster-specific chromatin formation. Considering that distinct TE families comprise
insulator-binding sites and other regulatory sequences, the TE content of the piRNA clusters should be
under strict evolutionary constraints. Moreover, Su(Hw)-mediated complexes likely protect telomeric
retrotransposon TART and coding gene transcripts from spurious piRNA production in the germline.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4425/10/3/209/s1,
Figure S1: Small RNA mapping to the canonical I-element. Figure S2: Genome-wide analysis of Su(Hw) depletion
on TE piRNA production (related to Figure 5). Figure S3: Genome-wide analysis of Su(Hw) depletion on small
RNA production from piRNA clusters and genes (related to Figure 6). Table S1. Primers used in the study
(5′-to-3′). Table S2. Su(Hw) mutations affect piRNA production from some TEs and piRNA clusters. Table S3.
Su(Hw) mutations cause accumulation of genic piRNAs.
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Abstract: Nuclear ribosomal RNA (rRNA) genes represent the oldest repetitive fraction universal to
all eukaryotic genomes. Their deeply anchored universality and omnipresence during eukaryotic
evolution reflects in multiple roles and functions reaching far beyond ribosomal synthesis. Merely the
copy number of non-transcribed rRNA genes is involved in mechanisms governing e.g., maintenance
of genome integrity and control of cellular aging. Their copy number can vary in response to
environmental cues, in cellular stress sensing, in development of cancer and other diseases. While
reaching hundreds of copies in humans, there are records of up to 20,000 copies in fish and frogs and
even 400,000 copies in ciliates forming thus a literal subgenome or an rDNAome within the genome.
From the compositional and evolutionary dynamics viewpoint, the precursor 45S rDNA represents
universally GC-enriched, highly recombining and homogenized regions. Hence, it is not accidental
that both rDNA sequence and the corresponding rRNA secondary structure belong to established
phylogenetic markers broadly used to infer phylogeny on multiple taxonomical levels including
species delimitation. However, these multiple roles of rDNAs have been treated and discussed
as being separate and independent from each other. Here, I aim to address nuclear rDNAs in an
integrative approach to better assess the complexity of rDNA importance in the evolutionary context.

Keywords: nuclear rDNA; rRNA; GC-content; secondary structure; nucleolus

1. The Eukaryotic rDNAome

RNA is essential for information flow from DNA to protein being the dominant macromolecule in
protein synthesis [1]. Of the major RNA types, mRNA, tRNA, rRNA, and numerous short non-coding
snRNAs, our focus here is on the nuclear rRNA encoded by ribosomal DNA (rDNA), i.e., by rRNA
genes. In eukaryotic cells, up to 80% of RNA synthesis belongs to rRNA transcription indispensable
to the preservation of ribosome biogenesis and protein synthesis [2]. There are about 1.5–3 million
ribosomes per eukaryotic cell [3]. Hence, ribosome biogenesis consumes a tremendous amount of
cellular energy and rRNA synthesis is tightly linked to cell growth and proliferation, and as such, it is
responsive to general metabolism and environmental challenges [4]. In Eukaryotes, rRNA genes consist
of several distinct multigene families tandemly arrayed as repeats composed of tens to hundreds or even
thousands of copies. Beside two mitochondrial rRNAs, i.e., the 12S and 16S rRNA in eukaryotes, there
are two fractions of nuclear rDNAs—a large, nucleolus-forming 45/47S rDNA unit and a substantially
smaller extra-nucleolar 5S rDNA (Figure 1). Both the 45S and 5S rDNAs are organized into clusters
of repeats often enabling their cytogenetic visualization on chromosomes [5]. The 5S rDNA can also
(co)exist scattered separately within the genome e.g., in the spotted gar as shown in Figure 2a and
in other organisms in S1–S4. In budding yeast, the rDNA has a very peculiar organization—the 5S
rDNA unit is present in the intergenic spacers (IGSs) of the 45S rDNA and thus, alternating with 45S
rDNA units [6]. The coding rDNA sequence is highly conserved among eukaryotes, while the IGSs
(Figure 1) that separate the proper units of the 45S rDNA cluster can differ in length and sequence.
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In budding yeast, where rDNAs are particularly well-described, IGSs contain three unique elements
that are common: an origin of replication, a replication fork blocking site and a promoter that directs
the synthesis of noncoding transcripts [7]. In mammals, IGSs contain regulatory regions called UCE
(upstream control element), CP (core promoter) and T (termination of transcription site) [8]. Only a
fraction of the numerous rDNA copies is transcribed into rRNA. The non-transcribed rDNA copies
are extremely important for integrity of the entire genome [7]. In yeast, strains with artificially
reduced rDNA copy numbers became sensitive to DNA damage by chemicals and ultraviolet light.
This sensitivity further increased as the number of rDNA repeats decreased [7]. In rats, mice, and clawed
frog Xenopus, the IGS contains one or more RNA polymerase I (Pol I) promoters with high homology
to the core region of the main rDNA promoter [9]. Transcripts originating from spacer promoters are
co-directional with pre-rRNA synthesis and enhance transcription from the main rDNA promoter,
possibly by releasing Pol I [10,11]. Intergenic spacers rRNA have a crucial function in rDNA silencing.
In mice, intergenic transcripts originating from a promoter located approximately 2 kb upstream from
the pre-rRNA start site are processed into a heterogeneous population of 150–250 nucleotide RNAs,
dubbed promoter RNA (pRNA) as their sequence matches the rDNA promoter [6,8,9,11].

Figure 1. Brief guide to eukaryotic rDNAome—the genomic organization of the rDNA loci. (a) Structural
organization of the 45S rDNA gene cluster (or rRNA transcription unit); the repeating or single clusters
of rDNA can be found scattered throughout genome, they form the precursor pre-rRNA since
ribonucleases remove spacers and release separate rRNA molecules in nucleolus—the site of ribosome
biogenesis to polysome ribosome formation; (b) Structural organization of the 5S rDNA unit (the 5S
rDNA can be also dispersed in the genome in many species); (c) 80S eukaryotic ribosome composed
of the large subunit (LSU) and the small subunit (SSU) with outlined rRNAs. CP—core promoter,
ETS—external transcribed spacer, ICR—internal control region, IE—internal element, IGS—intergenic
spacer, ITS1, ITS2—internal transcribed spacer 1 and 2, RNA Pol I and III—RNA polymerase I
and III, LSU—large (ribosomal) subunit, nt—nucleotides, NTS—non-transcribed spacer, SSU—small
subunit, TIS—transcription initiation site, TTTT—polyT transcription termination site, UCE—upstream
control element.

2. The Multifaceted Nucleolus

Multiple copies of rRNA gene clusters form nucleolar organizer regions (NORs), the NORs,
around which nucleoli are built in the interphase nucleus. The nucleolar 45S rDNAs are transcribed
by RNA polymerase I into rRNAs, further processed and assembled with ribosomal proteins into
ribosomes [12]. Nucleoli form at the end of mitosis and persist until the onset of the next mitosis.
Active nucleoli, where the pre-rRNA transcription takes place, can be visualized in nuclei by silver
impregnation, the argyrophilic Ag-NOR staining [13]. From the ultrastructural viewpoint, avian
and mammalian nucleoli contain three components (fibrillar centers, dense fibrillar component, and
granular component) and differ from all other eukaryotes that possess bipartite nucleoli (i.e., a network
of fibrillary strands embedded within granules) [14]. Interestingly, both types of nucleolar arrangement
occur among living reptiles: a bicompartmentalized nucleolus in turtles and a tricompartmentalized
nucleolus in lizards, crocodiles, and snakes [15]. From the functional viewpoint, the nucleolus was
long regarded as a mere ribosome-producing factory. However, during recent decades numerous and
crucial non-ribosomal roles were described for the nucleolus [4]. Now, there is a still growing body
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of evidence that the nucleolus is central to cellular processes as varied as stress response, cell cycle
regulation, RNA modification, cell metabolism, and genome stability and integrity [7]. All organisms
sense and respond to stressing conditions by downregulating the transcription of rDNA to rRNA and
ribosome biogenesis as these processes are extremely energy-consuming [4].

3. The Nucleolus Forming 45S rDNA

The 45S rDNA transcription unit forms a precursor pre-rRNA consisting of 18S, 5.8S, and 28S
rRNAs separated by two internal transcribed spacers (ITS1, ITS2) that are removed during the rRNAs
maturation process. The entire unit is further delimited by external transcribed spacers (ETS). Intergenic
spacers (IGS; Figure 1a) separate each such unit with both of its sides bearing important regulatory
elements [16]. This nomenclature applies to the Animal Kingdom. In plants, there is a 25S rDNA gene
(instead of the 28S rDNA) within the large nucleolar rDNA multigene family 35S rDNA (instead of
the 45S rDNA [17]). In unicellular organisms, where budding yeasts are the most important model
system, the 35S rDNA consists of 25S, 5.8S, and 18S together with the 5S rDNA localized into the
intergenic spacer within the 35S rDNA [18]. By addition of some 50–60 ribosomal proteins, the 25S/28S,
5.8S, and 5S rRNAs are fashioned into the large ribosomal subunit, 60S LSU. The 18S rRNA associates
with 30–40 ribosomal proteins to form the small ribosomal subunit, 40S SSU (Figure 1c). Molecular
cytogenetic localization of the rDNAs 28S rDNA fraction of the 45S rDNA unit on chromosomes is
shown on Figure 2b.

The importance of nucleolus-forming rDNA and its proper functioning can be seen in the
phenomenon of nucleolar dominance. Nucleolar dominance (or a nucleolus under-development due
to expression of rDNA from just one parent) is a dramatic disruption in the formation of nucleoli and
epigenetically controlled silencing of 45S rDNA in one of the progenitors in an interspecies hybrid. It is
characteristic of some plant and animal distant hybrids and represents an example of a non-mammalian
maternal imprinting of 45S rDNA [19,20]. Among animals it has been so far evidenced in details in
intra-generic hybrids of Xenopus [20,21], in inter-generic hybrids of cyprinid fish [22,23] and in two
lines of mouse-human somatic hybrids, where the human ribosomal genes were repressed, and only
mouse ribosomal genes were expressed [24]. In the species Drosophila melanogaster, a special example of
allelic inactivation resembling nucleolar dominance exists [25]. D. melanogaster carries its rDNA array
on the X and on the Y chromosome [26], but the entire X chromosome rDNA array is normally silenced
in D. melanogaster males, while the Y chromosome rDNA array is dominant and expressed [25].
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Figure 2. Comparison of two approaches of localization of rDNA on linkage groups and chromosomes
in an ancient non-teleost ray-finned fish, spotted gar (Lepisosteus oculatus). (a) An in silico approach
of visualization of the genomic position of rDNA loci utilizing the Ensembl genome browser tool
BioMart to map 5S rDNA on linkage groups (LGs); (b) molecular cytogenetic localization of 5S (green,
arrowheads) and 28S rDNA (red, arrows) on chromosomes by means of fluorescence in situ hybridization
(FISH). Bar equals 5 μm (From [27], online Supplementary Material). This comparison shows the
sensitivity of the in silico approach. The method enables detection of a single 5S rDNA molecule.
It is possible to visualize dispersed molecules across the genome and their pseudogenes in this case.
The FISH approach is limited only to huge clusters of accumulated rDNAs and has been utilized for
decades particularly in cytotaxonomy in fishes, where most other cytogenetic markers work poorly.
Both approaches have their own importance and justification and limits of their mutual interconnection
at the current level of genomic data quality—chromosome pairs have not yet been assigned to their
corresponding LGs in still too many of the sequenced species. More examples of 5S rDNA localization
across LGs are available in Supplementary Materials Figures S1–S4.

4. The Extra-Nucleolar 5S rDNA

The 5S rDNA is much shorter and far less complex within its tandem array structure in comparison
with the 45S rDNA. The 5S rDNA consists of a highly conserved sequence of about 120 bp coding for the
5S rRNA and including following functional elements: Box A, IE, Box C [28]. This transcribed sequence
is separated at both of its ends from other transcriptional units by a highly variable non-transcribed
spacer (NTS; Figure 1b). The participation of 5S rRNA on the ribosome structure is shown on Figure 1c.
The 5S rRNA enhances protein synthesis by stabilizing the ribosomal structure and the peptidyl
transferase activity, and potentially transmits and coordinates functional centres of the ribosome [29,30].
Two ways for visualization of 5S rDNA sites in silico on linkage groups (LGs) utilizing genomic data and
employing methods of molecular cytogenetics on chromosomes are shown in Figure 2. More examples
of in silico visualization of 5S rDNA on LGs are in the Supplementary Materials Figures S1–S4.

Two tissue and developmentally specific types of 5S rDNA exist in lower vertebrates, namely the
somatic and the oocytes-specific ones. In fish, the oocyte type is lost during development completely
(e.g., [31]). Whereas in a frog, it is lost largely [32]. The oocyte repeat comprises a 120 bp oocyte-type
5S rRNA gene placed within the few hundred bp long native AT-rich flanks, whereas the somatic
repeat, i.e., a similar 120 bp somatic-type 5S rRNA gene is placed within native GC-rich flanks [33].
Instability of the oocyte 5S rRNA gene transcription complex contributes to the inactivation of the
oocyte 5S rRNA gene during embryogenesis [34].

Moreover, in bony and cartilaginous fish, two types of co-occurring 5S rDNA can be distinguished.
These probably paralogous type I and II were described in bony fish [35,36] and in elasmobranchs [28].
These types differ by the length and the sequence of their NTS region whereby the longer version is
designated as type II [28]. Three functional variants of 5S rRNA genes exist in all life stages of common
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sea urchin Paracentrotus lividus [37]. Systematic study of 5S rDNA sequence diversity in 97 metazoan
species [38] describe several paralogous 5S rDNA sequences in 58 of the examined organisms and a
flexible genome organization of 5S rDNA in animals. This study also describes three different types of
termination signals and variable distances between the coding regions and the typical termination
signal. Importantly, a consensus sequence and secondary structure of metazoan 5S rRNA is presented
in this study [38], which can be very useful in more detailed future studies of both 5S rDNA and rRNA.

5. Copy Number Really Matters

Gene duplication is an important and frequent evolutionary process [39] and the resulting
copy number variation (CNV) is the most frequent type of genetic variation per base pair in the
population [40]. Although alteration of gene copy number or gene dosage has deleterious effects for
a significant fraction of the genome, changes in dosage are well tolerated in many genes (reviewed
by [41]). CNV of rDNA is highly studied in rDNAomics since it provides a mechanism for cellular
homeostasis and for rapid and above all reversible adaptation [42–44]. Due to the tandem repetitive
structure of rDNA, the repeat number can be easily reduced by homologous recombination among the
repeats. However, there is a finely tuned ´gene amplification system´ compensating for these losses
and another highly sophisticated system controlling the ´proper´ rDNA copy number [7]. Moreover,
these systems are capable of linking external nutrients availability with rDNA copy number [45]
that proves the role of rDNA in the cellular energy metabolism as described for nucleolus above.
This illustrates how crucial the right copy number of rDNA is for each cell. Moreover, as uncovered at
least in humans, the CNV of rDNA represents a novel and cryptic source of hypervariable genomic
diversity with far-reaching global regulatory consequences [42]. However, we have accumulated only
limited understanding of the immense importance of these seemingly passive and simple phenomena
tightly linked with regulation of nuclear as well as mitochondrial genes expression [42] and probably
with many more essential cellular mechanisms. There is an inconsistency in the quantification of rDNA
copy number even in the human genome. One important study states that the rDNA copy number
varies among healthy humans as a result of natural genetic diversity between 14–410 copies of the 45S
rDNA unit per genome [41]. A more recent study reported that the number of rDNA repeats varies
from 250 to 670 copies per diploid genome [46]. Therefore, data provided by Gibbons et al. [41,45]
should be treated with caution as the low limit number of 14 copies has not been otherwise found
in mammals. The genomes of higher eukaryotes harbour hundreds and thousands of copies and
only prokaryotic genomes can carry fewer copies of ribosomal genes. Moreover, given that there are
five pairs of clusters of ribosomal genes, located on five pairs of human acrocentric chromosomes
(13, 14, 15, 21, 22), it is logically impossible that ten clusters could totally count 14 copies, i.e., just
1.4 copies per cluster. These obviously underestimated values can be explained as artifacts caused by a
poor suitability of PCR-based techniques for the quantification of GC-rich moderate repeats used by
Gibbons et al., 2014, 2015 [42,47] compared to more suitable nonradioactive quantitative hybridization
(NQH) used by Chestkov et al., 2018 [46]. The reason is that rDNA is a specific region often forming
non-canonical hairpin and loop structures and prone to oxidation in vivo and after extraction from
cells [46]. Phenotypic effects of rDNA copy number were recently summarized by [48]. CNV of rDNA
(loss as well as amplification) is linked to tumorigenesis [49,50].

A substantial intra-species CNV of rDNA was, among others, evidenced in a freshwater
microcrustacean Daphnia [51]. rDNA copy number does change among tissues and during ontogenesis
in multicellular organisms [31,52] and it is age-dependent in single-cell yeasts [7]. Substantial differences
in rDNA CN and number of their sites on chromosomes have been repeatedly recorded in vertebrates
and invertebrates on the inter-population and inter-species level of comparison [5]. Such genomic
differences might also contribute to genome diversifications, reproductive barriers formation, speciation
events and finally to an increased biodiversity, e.g., [53,54]. Numerous examples from fish cytogenetics
show that the variation in rDNA repeats prove to be highly informative as it is subject to a more relaxed
regulation than in higher vertebrates [55]. Here, traditional cytogenetics meet the currently booming
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genomics to mutual usage and benefit from each other. The Animal rDNA database currently contains
539 records on fish rDNAs, namely 5S rDNA in 417 species and 45S rDNA in 479 species [5]. However,
a detailed analysis of rDNA sequence organization and variation and CNV on the molecular level exists
only for a handful of fish species including both 5S and 45S rDNA of zebrafish [31,51], 5S rDNA and
only partial 45S rDNA of pike [56], only 5S rDNA of tilapia [57], molecular organization of the 5S rDNA
type II of elasmobranchs (i.e., sharks, rays, and skates [28]) and cichlids [58]. In Drosophila germline
stem cells, rDNA copy number decreases during aging and this age-dependent decrease in rDNA
copy number is transgenerationally heritable. However, young animals are capable of recovering the
normal rDNA copy number [59]. The copy number obviously plays a functional role: in Xenopus:
the somatic 5S rDNA has about 400 copies, while the oocyte 5S rDNA has about 20,000 copies [32].
Locati et al. [31] detected about 9000 5S rRNA genes in the zebrafish genome assembly GRCz10 [31]
and Symonova et al. detected about 20,000 copies of 5S rRNA genes in the Northern pike Esox lucius
and its congener E. cisalpinus [56]. However, the record holders are currently protists, namely ciliates:
Oligotrichia and Peritrichia [60] and representatives of the ciliate group Spirotrichea - Oxytricha nova
with about 200,000 rDNA copies [61] and Stylonychia lemnae with estimated 400,000 copies of rDNA [62].
The already mentioned single-cell ciliate protozoan Tetrahymena amplifies its rDNA 9000-fold during
development of the somatic macronucleus [63]. Whereas the copy number of 45S and 5S rDNA units
is tightly coupled in mouse and human [47], such a control is apparently missing in fish [52,56,64].
This fact together with the aforementioned difference in nucleolar organization between higher and
lower vertebrates and also other genomic traits (e.g., genomic GC heterogeneity) indicate that another
major evolutionary transition sensu [65] occurred in evolution from anamniotes towards amniotes.
This huge copy number variation might be linked to (or might have resulted in) the heterogeneity in
rRNA genes and their variants that had been considered a peculiarity of some plants. Only recently,
this heterogeneity was proved also in animal ribosomal genes, including human and mouse, where
variant rRNA alleles exhibit tissue-specific expression and ribosomes bearing variant rRNA alleles are
present in the actively translating ribosome pool [66].

One special topic of the rDNA CNV is based on molecular cytogenetic localization of both 5S and
45S rDNAs using FISH. FISH with rDNAs represents one of the most important chromosomal markers
particularly in non-model organisms and especially in cold-blooded vertebrates, where methods like
R-banding do not yield any usable and reproducible pattern. For these reasons, a heavy body of
literature on molecular cytogenetics of rDNA has accumulated (for plants [17], for animals [5]). Since
rDNA was omitted from many genome sequencing projects due to issues with its assembling [50,67], any
precise quantification of rDNA copies is mostly still impossible. On the other hand, the still increasing
availability of long-read sequencing can overcome assembling issues and provides opportunity to link
the numerous results from molecular cytogenetics with genomics as was successfully demonstrated in
fish cytogenomics [54,56].

A very special chapter of the rDNAomics book deals with rDNA of eukaryotic microorganisms [67].
In their 2010 review, Torres-Machorro et al. present available information on both rDNA fractions
from about hundred microbial eukaryotes and show an unexpected diversity in their genomic
organization [68]. Later, Drouin and Tsang [69] focus their review of 5S rDNA in protists on adaptive
potential of its organization. Microbial eukaryotic rDNAs may be coded alone, in tandem repeats, linked
to each other or linked to other genes. They exist in the chromosome or extrachromosomally in linear
or circular units and rDNA coding regions may contain introns, sequence insertions, protein-coding
genes, or additional spacers [68]. The atypical structures of rDNA have been considered as exceptions.
However, it is rather likely that these organisms have preserved variations in the organization of these
versatile genes that may be considered as living records of evolution [68]. A huge step in establishing
the functional significance of rDNA in evolution and in ecology of organisms has been performed in
protists [60].

162



Genes 2019, 10, 345

6. Overview of Important Facts about rDNA

The most import facts about rDNA can be summarized as follows: rDNA is ubiquitous and
universal across Prokaryotes, Archaea, and Eukaryotes [70]. It has a high degree of functional and
sequence conservation of rDNA genes [71]. At the same time, rDNA belongs to the most copy
number-hypervariable genomic segments [42] and the tandemly repeated rDNA arrays are among the
most evolutionary dynamic loci of eukaryotic genomes in terms of copy number. Due to its heavy
transcription, repetitive structure, and programmed replication fork pauses, the rDNA is one of the
most unstable regions in the genome [7,18]. Their high genomic copy number relative to other genes
appears to be much larger than required, however, unlike protein-coding genes, rDNA cannot undergo
additional rounds of amplification via translation when organisms require more rRNA transcripts [72].
Copy number of 45S units is balanced with that of the 5S rDNA in mouse and human [47] but not
in fish, summarized by [5]. These multiple copies of rDNA evolve in a highly coordinated manner,
through unequal crossing over and/or gene conversion, two mechanisms related to homologous
recombination [73]. The rRNA gene repeats use a unique gene amplification system to restore the
copy number after this has been reduced due to recombination [7]. The RFB (replication fork barrier)
coordinates replication and recombination, and through the latter, mediates a possible increase in
the number of rDNA repeats. rDNA loci are dynamic genetic elements, their copy number changes
dynamically and transgenerationally yet is maintained through a recovery mechanism in the germline
(for Drosophila see [59]). In plants, extensive variation can exist in both rDNA copy number and
rRNA expression. Among maize inbred lines, thousands of genes co-regulate with rRNA expression,
including genes participating in ribosome biogenesis and other functionally relevant pathways [74].
Not only the rDNA copy number [45] but also the rRNA expression variation is a valuable source of
functional diversity that affects gene expression variation and field-based phenotypic changes [74].
The intra-genomic homogenization of rDNA mostly occurs through ‘concerted evolution’ [75]. rDNA
also shows high rates of meiotic recombination [75,76] and rDNA sites are hotspots for genome
rearrangements [77]. Copy number of rDNA arrays modulates genome-wide expression of hundreds to
thousands of genes and subtle changes in rDNA copy number between individuals may contribute to
biologically relevant phenotypic variation also in humans [78]. rDNA contributes to global chromatin
regulation and thus to a balance between heterochromatin and euchromatin in the nucleus [79].
The enormous variation in the number of rDNA copies per eukaryotic genome correlates with genome
size [80] and the copy number of the 45S rDNA fraction was shown to negatively correlate with mtDNA
abundance [42]. Hence, rDNA copy number variation, CNV (“rDNA dosage”) is a major determinant of
naturally occurring genome-wide gene expression variation in humans [42]. Ribosomal RNAs (rRNAs)
account for up to 80% of all RNAs in eukaryotic cells [50]. Growth-activated rRNA synthesis may be
mediated by the up-regulation of individual rDNA units, in addition to the activation of silent gene
copies see e.g., Banditt et al. [81]. In mammals, 5S and 45S rDNA arrays are non-homologous, physically
unlinked, transcribed by different RNA Polymerases and encode functionally interdependent RNA
components of the ribosome [47]. Clusters of the 45S rDNA unit give origin to the nucleolus, the
nuclear organelle that is the site of pre-45S rDNA transcription and ribosome biogenesis, see e.g., [8,82].
The rDNA contact map shows that 5S and 45S arrays each have thousands of contacts in the folded
genome, with rDNA-associated regions and genes dispersed across all chromosomes [83,84]. Due to
its highly repetitive nature, rDNA has been excluded from most mammalian genome-wide studies
because of challenges associated with its analysis, and thus remains understudied. There is an unusual
and universal GC richness of the 45S rDNA fraction in cold- as well as warm-blooded vertebrates
(more details below) [72,84]. An extensive range of epigenetic modifications regulating rRNA genes
transcription [67,85–87] results in only a mere subset of the multiple copies being transcribed however
with far reaching implications for the entire genome (elucidation of the epigenetics of rDNA in sufficient
detail would require a lot of research). On top of it, rDNA loci serve as a specialized niche for mobile
elements [88].
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rDNA units (so called ‘rDNA-like signal’) can be found scattered throughout the genome in
humans [89]. These units can be described as follows: 1) highly degraded, but near full length, rDNA
units, including both 45S and Intergenic Spacer (IGS), can be found at multiple sites in the human
genome on chromosomes without rDNA arrays; 2) these rDNA sequences have a propensity for being
centromere proximal; and 3) sequence at all human functional rDNA array ends is divergent from
canonical rDNA to the point that it is pseudogenic. For this in fish, see Figure 2a and in other chordates
see the Supplementary Materials Figures S1–S4.

rDNA represents a cryptic source of hypervariable genomic diversity with global regulatory
consequences (ribosomal quantitative trait loci (eQTL)) in humans. The variation provides a mechanism
for cellular homeostasis and for rapid and reversible adaptation [42,47].

7. GC Content of rDNA

The 45S rDNA gene clusters form the GC-richest genomic fraction particularly in Eukaryotes [90]
with humans having 60%–80% GC in different parts of the rDNA [91], whereas the median genomic
GC is 40.9% (NCBI, human genome assembly). This GC-richness is ascribed to the recombination rate
based process known as GC-biased gene conversion [73]. On the other hand, some studies link the
extremely high GC levels in rDNAs to particular requirements for stem-and-loop systems in rRNA that
have an effect on the composition of the corresponding genes to thermal adaptation [92]. This line of
explanations belongs to the Thermodynamic Stability Hypothesis attempting to account for the overall
AT/GC heterogeneity in birds and mammals and the AT/GC homogeneity in the remaining vertebrates
and the other Eukaryotes [90]. However, although Wang et al., 2006 showed support for such a thermal
adaptation in Bacteria and Archaea, they did not find any for warm-blooded birds and mammals with
only a slightly higher GC content of 18S (55.7%) versus cold-blooded fishes and amphibians with
approximately 53.5% of GC. Their partitioning of the GC content across the 18S rRNA sequences into
stem and loop regions demonstrated [93] that the differences are not concentrated in the paired stem
regions as expected by Bernardi [90]. Interesting and relevant aspects of rDNA GC content exist in
so-called expansion segments (ES) in 28S and 18S rRNA molecules [94,95]. Expansion of the 28S rRNA
shows a clear phylogenetic increase, with a dramatic rise in mammals and especially in hominids.
Here, a GC- or AU-biased expansion of rRNAs has developed in both plants and metazoans, with the
GC-bias largely being preferred in extremely GC-rich ES of vertebrate 28S rRNA. This compositional
bias towards GC is linked to potential roles of GC-rich rRNA during protein synthesis [96,97] and could
contribute to the discussion whether the genomic GC content is driven by neutral versus selective
processes. An interesting explanation of the universal GC richness of 45S rDNA comes from the GC
biology—these multicopy genes should all be in a DNA region with a homogenous GC composition to
allow concerted evolution and to prevent divergence through generations [98].

8. Phylogeny, Species Delimitation, and Secondary Structure of rRNAs—The Way How to
Determine in Silico Whether Two Lineages Can Successfully Cross

The ITS2 sequence already belongs to the most popular and well established phylogenetic and
DNA barcoding markers [99]. The rDNA sequence and its corresponding rRNA secondary structure
is one of the few universal features of life without any known case of horizontal transfer and above
all, identifying the organism to a unique species, making it uniquely suited to assess phylogenetic
relationships [100,101]. The secondary structure of the ITS regions is well known for a wide variety
of eukaryotes and have been used to aid in the alignment of these sequences for phylogenetic
comparisons [101]. The RNA sequence of the ITS2 possesses another special trait so far not fully
examined, namely compensatory base changes (CBCs, Figure 3). CBCs are mutations occurring
simultaneously on both sides of a nucleotide pair in the ITS2 secondary structure with retention of
the paired nucleotide bond, whereas hemi-CBC is a mutation of a single nucleotide of the pair still
retaining the bond [102]. CBC analyses have been primarily performed in fungi and plants [92–94].
This is the reason why the majority of literature references, including methods descriptions, are on
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plants (e.g., estimating structure-based phylogenetic trees from ITS2 data by [103–105]). CBCs analyses
have been already successfully used to verify taxonomy of closely related species and to distinguish
morphologically indistinct species in insects [102]. That shows the huge potential of mining for CBCs
in ITS2 rRNA secondary structures also in the Animal Kingdom.

Figure 3. Visualization of compensatory base changes (CBCs) on a hypothetical internal transcribed
spacer 2 (ITS2) secondary structure. The left panel depicts a conserved helix segment in which a CBC
occurs, where both nucleotides of the pair underwent a mutation that resulted in retaining the paired
nucleotide bond. The right panel shows a hemi-CBC, where only one nucleotide of the pair, i.e., C to A,
underwent a mutation while the pair retained the nucleotide bond. Redrawn according to [106].

However, any detailed and particularly systematic survey of rRNA secondary structure in the
Animal Kingdom is still in its infancy although it would be highly desirable in numerous areas
of biology. Moreover, analyses of rRNA secondary structure could represent another intersection
between rDNAomics based on molecular cytogenetics and on genomics since molecular cytogenetic
studies frequently provide DNA sequences of rDNA fragments used in FISH experiments and further
DNA sequences, in the meanwhile, became available in NCBI GenBank or could be retrieved from
whole-genome datasets. Ideally, such integrative studies could contain cytogenetic results accompanied
by details on rDNA/rRNA sequence and rRNA secondary structure as shown in Figure 4 to better
explore any potential sequence polymorphism.

Figure 4. Text and graphic representation of prediction of rRNA secondary structure. (a) the Xfasta or
"dot-bracket notation" way of representation of the ITS2 rRNA secondary structure of channel catfish,
(b) visualization of the corresponding secondary structure of the sequence in (a) with one longest helix
and four short helices, (c) stickleback, prediction of 5S rRNA secondary structure, Ensemble.

9. Concluding Remarks

The field of rDNAomics is extremely rapidly evolving further and has far-reaching implications
for numerous areas of current biology and medicine. Medical aspects represent another crucial chapter
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of rDNAomics that already exceeds the scope of this review. On the other hand, being aware of this
fact might help scientists from the area of fundamental research working on non-model organisms to
provide justification of their work. There are numerous diseases associated with rDNA dysfunction,
particularly cancer [39,40,61,66]. Ribosomopathies are diseases caused by abnormalities in the structure
or function of ribosomal component proteins or rRNA genes, or other genes whose products are
involved in ribosome biogenesis [107]. Not only sequence, but also copy number of rDNAs is of
particular importance in cancer—human cancer genomes show a loss of copies, accompanied by global
copy number co-variation [50]. Even more relevant is the fact that rDNA repeat instability coincides
with predisposition to cancer, premature aging and neurological impairment in ataxia-telangiectasia
and Bloom syndrome (Warmerdam and Wolthuis, 2018). Additionally, it was shown that cancers
undergo coupled 5S rDNA array expansion and 45S rDNA loss that is accompanied by increased
proliferation rate and nucleolar activity. Somatic changes in rDNA copy number can exceed 10-fold the
naturally occurring copy number variation across individuals [49]. Malfunction of nucleoli can be the
cause of several human conditions called nucleolopathies [108]. The nucleolus is being investigated as
a target for cancer chemotherapy [109,110]. Moreover, rDNA copy number may be a simple and useful
indicator of whether a cancer will be sensitive to DNA damaging treatments [50]. Hence, it is desirable
to understand rDNA organization, function, and its impact on the entire nucleolus and other genes’
regulation (as briefly outlined here) in a broader evolutionary context.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4425/10/5/345/s1,
Figure S1: Tetraodon nigroviridis, karyogram with labeled 5S rDNA loci (red arrowheads). Figure S2: Zebrafish
(Danio rerio), complete karyogram with labeled 5S rDNA loci (pink lines). Figure S3: A tunicate sea squirt (Ciona
intestinalis), C ≈ 0.2, the thirty-five 5S rDNA site detected on four chromosomes could be assigned to a linkage
group. Figure S4: Human genome illustrates here the best assembled vertebrate genome, C ≈ 3.5. Genomic
localization of annotated 5S rDNA showing 5S rDNA scattered throughout fish genomes visualized on karyograms
of species assembled to the chromosome level (5S rDNA sequences were filtered using the BioMart tool and the
Ensemble Genes Database version 92 from Ensembl.org version 92). For comparison, two model mammalian
genomes (Hsa, Mmu) and one avian genome are shown.
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Abstract: Transposable elements (TEs) are ubiquitous in arthropods. However, analyses of large-scale
and long-term coevolution between TEs and host genomes remain scarce in arthropods. Here,
we choose 14 representative Arthropoda species from eight orders spanning more than 500 million
years of evolution. By developing an unbiased TE annotation pipeline, we obtained 87 to 2266 TE
reference sequences in a species, which is a considerable improvement compared to the reference
TEs previously annotated in Repbase. We find that TE loads are diversified among species and
were previously underestimated. The highly species- and time-specific expansions and contractions,
and intraspecific sequence diversification are the leading driver of long terminal repeat (LTR) dynamics
in Lepidoptera. Terminal inverted repeats (TIRs) proliferated substantially in five species with large
genomes. A phylogenetic comparison reveals that the loads of multiple TE subfamilies are positively
correlated with genome sizes. We also identified a few horizontally transferred TE candidates across
nine species. In addition, we set up the Arthropod Transposable Elements database (ArTEdb) to
provide TE references and annotations. Collectively, our results provide high-quality TE references
and uncover that TE loads and expansion histories vary greatly among arthropods, which implies
that TEs are an important driving force shaping the evolution of genomes through gain and loss.

Keywords: transposable elements; evolution; arthropods; genome size; horizontal transfer; database

1. Introduction

Transposable elements (TEs) are DNA sequences that can jump in host genomes [1]. TEs are
widespread in eukaryotic organisms and occupy more than 45% of the human genome [2]. Previous
studies showed that TEs mainly adopt two mechanisms in replication: “copy and paste” and “cut and
paste” [3]. The first class of TEs are mainly retrotransposable elements that require RNA intermediates,
and the second class of TEs are mainly DNA transposons (terminal inverted repeats or TIRs). As TE
translocation might cause genomic instabilities or waste energy of the host organisms, TEs used to be
regarded as “junk DNA” [4].

The genomes of many arthropods have been sequenced in the past decades, which suggests
the contents of TEs are highly variable in Arthropoda [5–18]. For instance, Locusta migratoria has a
huge genome, which is larger than 6.5 Gb [17], while Tetranychus urticae has a much smaller genome
which is less than 0.1 Gb [9]. As the number of genes does not differ significantly between these two
species [9,17], the 65-fold genome size variation might be mainly due to the rapid evolution of TEs.
Consistently, a very recent study surveyed TEs in 62 insects and 11 non-insect outgroup species and
found TE contents vary considerably in insect genomes, suggesting the variation in genome size is
shaped by the expansion and contraction of TEs in arthropods [19]. TE gain and loss is one of the major
drivers of genome size changes, as previously shown in mammals [20], avians [21] and Drosophila [22].
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Nevertheless, several unaddressed gaps remain in our understanding of the evolutionary dynamics
of TEs and their impact on the evolution of arthropod genomes. First, most of the identified TE
sequences in arthropods are based on the reference sequences in the Repbase database, and many
species-specific TEs that are under-represented in Repbase are not well recovered. Second, many TE
annotation programs such as RepeatModeler does not consider the global structure of a TE, which
might identify a partial but not the full-length sequence of a TE. Third, the expansion and contraction
dynamics for most TE families or subfamilies in arthropods are still not well understood. Forth,
it remains unclear how frequently horizontal transfer of TEs (HTTs) occur in arthropods. Arthropods
have tremendously diversified phenotypes and abundant genomic resources. Answers to the above
questions might help understand the roles of TEs during the diversification of arthropods.

We explored the evolutionary dynamics of TEs in fourteen representative Arthropoda species
spanning eight orders. We first built a high-quality TE reference library for each species by combining
sequence homology searching and de novo TE identification. Then, we explored TE expansion and
contraction in these arthropod species based on the phylogenetic tree. We found that frequent gains and
losses, sequence diversification, and HTTs jointly contributed to TE load diversity in arthropods. Finally,
we report the database ArTEdb (http://db.cbi.pku.edu.cn/arte), which incorporates the sequences and
annotations of TEs identified in this study. The resources provided by this study will benefit future TE
studies in arthropods.

2. Materials and Methods

2.1. Transposable Elements Reference Construction

The genome sequences were downloaded from the NCBI, FlyBase, and SilkBase databases
(Table S1). The published TEs were downloaded from Repbase (v23.02) [23]. LTRs have several
structural features, including target site repeats, long terminal repeats, primer binding sites (PBSs),
polypurine tract (PPT) and multiple open reading frames (ORFs). The ORFs in long terminal repeats
(LTRs) encode functional domains such as reverse transcriptase (RT), integrase (IN), and RNase H
(RH). Reverse transcription of LTR requires tRNA primer that pairs with the PBS. Therefore, the
domain profiles and tRNAs will help to identify and classify LTRs better. LTR domain profiles were
downloaded from GypsyDB (www.gydb.org) [24]. The tRNAs were annotated using tRNAScan-SE
(-G) [25]. Only high-quality tRNAs (score > 40) with clear anticodons were kept and used in the LTR
annotation. TE reference libraries were built using both homology-based and de novo methods.

2.2. Identification and Annotation of Transposable Elements

Two de novo tools were used to identify full-length LTR candidates initially. LTR_Finder uses
tRNAs and Pfam domain profiles (-w 2 -l 100 -L 1000 -D 12000 -d 2000) [26], and LTRharvest (-seed 80
-minlenltr 100 -maxlenltr 1000 -mindistltr 2000 -maxdistltr 12000 -overlaps no -similar 80 -mintsd4
-maxtsd 20 -longoutput) is one module of GenomicTools [27]. The tRNAs and Pfam domains profiles
are used for identifying PBSs and enzyme domains respectively. LTRdigest (-pptlen 10 30 -pbsoffset 0
3) [28] was applied to refine the identifications using both tRNAs and LTR domain profiles downloaded
from GypsyDB. Only LTR candidates with at least one of the five LTR domains (GAG, AP, INT, RT,
and RH) were kept. All identified LTR candidates were combined and clustered with the UCLUST
(id = 0.9) algorithm [29]. For TEs in each cluster, CLUSTALW2 [30] was applied to perform multiple
alignments, and the cons (EMBOSS) tool was used to build consensus sequences. Singletons (only one
TE in a cluster) having at least four of the five LTR domains were kept. Both singletons and consensus
sequences were masked by RepeatMasker [31] with the built-in libraries of corresponding species.
Sequences that overlapped with RepeatMasker libraries (more than 80% of the queries were masked)
were collapsed.

Besides the LTR specific annotation programs, we also employed RepeatModeler (www.
repeatmasker.org/RepeatModeler) pipeline with the default parameters to identify TEs in each species.
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Consensus sequences aligned to known protein-coding genes of Drosophila melanogaster were removed.
Moreover, the remaining sequences that overlapped with previous annotations of Repbase or LTRs
were collapsed. All annotated TE sequences by RepeatModeler were combined, and their classes and
subfamilies were further determined based on both sequence similarity to known TEs (Repbase) or
TE-specific domains (Pfam_v27 and GypsyDB) by PASTEClassifier [32] and de novo classifications by
TEclass [33].

For each species, the TEs identified by the LTR specific tools and RepeatModeler were combined.
USEARCH [29] was used to obtain the nonredundant TE libraries for each species. All the TE references
for each species can be downloaded from the ArTEdb database (http://db.cbi.pku.edu.cn/arte). For each
TE reference annotated in this study, we denote it with the TE class followed by the first three letters of
the genus and the first three letters of the species name. For example, the homologous sequence of
Gypsy-1_DSim in Drosophila melanogaster is Gypsy-1_DroMel in the ArTEdb database.

2.3. Transposable Element Loads and Expansion Analyses

Genomes were masked by RepeatMasker using TE libraries defined in this study. TE loads
in each species were calculated using the script ONE_CODE_TO_FIND_THEM_ALL.PL [34].
The Kimura 2-Parameter divergence of TEs was calculated using the RepeatMasker built-in tool
calcDivergenceFromAlign.pl, and the distributions of divergence were plotted using ECharts
(www.echarts.baidu.com).

2.4. Reconstructing the Phylogenetic Tree

BUSCO [35] was adopted with the insect core genes to annotate single-copy orthologous genes
in the fourteen species. Only single-copy genes with intact ORFs were kept. Orthologous protein
multiple alignments generated by T-COFFEE [36] were then transformed into codon alignments using
RevTrans [37]. A preliminary phylogeny tree for the selected species was firstly reconstructed by
MEGA [38] based on the concatenated protein alignments of orthologous genes. Sites with more
than 50% gaps were removed from the concatenated alignment, and the phylogeny was built using
Maximum-likelihood algorithm with the JTT matrix. The topological position of L. migratoria was
manually curated based on a previous study [39]. All the codon alignments were concatenated, and
CODEML from PAML [40] was used to calculate the dN with the free model (runmode = 0; model = 1).
The dN values of the concatenated sequences were then set as the branch length of the phylogenetic
tree. The tree is provided in the Supplementary File S1.

2.5. Time-Calibrated Phylogeny

The non-parametric tool r8s [41] was used to transform the branch lengths into millions of years.
Fossil evidence shows that the divergence time between Bombus terrestris and Apis mellifera is 23 to
28.4 million of years ago (Ma) [39], and the age of the root node was set as 550 to 580 Ma [39,42].

2.6. Fitting Multiple Phylogenetic Comparative Models

Both the TE loads and genomes sizes (gaps excluded) were transformed in natural log(Ln)grams.
Their phylogenetic signals were estimated using the phylosig (method = “lambda”) function from
phytools [43]. The adequacy of four standard phylogenetic comparative models were tested using
the fitContinuous function of Geiger [44] in R. These models are Brownian motion (BM) [45],
Ornstein-Uhlenbeck (OU) [46], Early-burst (EB; also named as Accelerating-Decelerating (ACDC)) [47],
and white noise (non-phylogenetic and normal distribution). The AICc (corrected Akaike information
criterion for small sample size) values of these models were evaluated, and the results suggest that the
BM model was the most suitable model. Therefore, the BM model was used in the next phylogenetically
independent contrasts and ancestral state reconstruction of TE loads.
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2.7. Phylogenetically Independent Contrasts

The phylogenetically independent contrasts (PIC) of TE loads and host genome sizes (gaps
excluded) were calculated using the pic function of ape [48] in R. The TE loads of all subfamilies were
added to the total TE loads. For the four main classes (TIR, LTR, LINE, and SINE), the TE loads of
all subfamilies belong to them were added together. Subfamilies that appeared in more than seven
species were preserved for the additional subfamily-level PIC analyses. Both the TE loads and genome
sizes were in natural log(Ln)grams. The correlation between TE loads and host genome sizes were
calculated using Pearson’s product-moment correlation test in R. The P values of these subfamilies
were corrected using the Holm-Bonferroni correction [49].

2.8. Ancestral State Reconstruction of Transposable Element Loads

The TE loads that are in natural log(Ln)grams were fitted to the Brownian motion model. The TE
load states of the ancestor nodes were inferred by the phytools [43] using the maximum-likelihood
analysis method [50]. The fastAnc function from phytools was used to reconstruct the ancestral state
as previously reported [51]. Similar to the method used in a previous study [51], the TE load change
ratio was defined as the TE load of offspring node relative to its ancestral node. The phylogenetic tree
with TE load change ratios was plotted using ReproPhylo [52].

2.9. Identifying Shifts of Transposable Element Loads Change Rates in the Phylogeny

BAMM (Bayesian analysis of macroevolutionary mixtures) [53–55] was used to identify shifts of
TE loads evolutionary rates in the time-calibrated phylogeny. The betaInitPrior and betaShiftPrior
parameters were estimated by the setBAMMpriors function of BAMMtools v2.1.6 [56], and 1,000,000
generations of MCMC (Markov chain Monte Carlo) sampling were conducted. The outputs of BAMM
were then post-processed by BAMMtools, and the evolutionary rates of TE loads and the best shift
configuration were extracted and highlighted in the phylorate plots for four TE classes and three
subfamilies (TIR/Mariner, LTR/Gypsy, and LINE/Jockey).

2.10. Transposable Element Protein Annotation

Proteins of TEs were annotated with the homology-based method. TE proteins extracted from
Repbase were aligned to annotated TEs using the tblastn program [57]. For each TE, the aligned protein
with the smallest E-value was selected. All preserved query-target pairs were then realigned using
exonerate (–model protein2genome:bestfit) to annotated proteins [58].

2.11. The Phylogenetic Analyses of LTRs in LEPIDOPTERA

The pol-encoded proteins of LTRs were first aligned through T-COFFEE [36]. For the alignments
of Gypsy and Pao, aligned sites covered by less than 70% of all TE sequences were removed. FastTree
was applied to build the phylogenetic trees for Copia, Gypsy, and Pao [59]. The phylogenetic trees were
plotted using FigTree (https://github.com/rambaut/figtree).

2.12. Horizontal Transposable Element Transfer

Due to the large evolutionary distances among the fourteen-selected species, we adopted the
genome-wide amino acid distance instead of dS (synonymous substitutions per synonymous site) as
the cutoff for identifying HTT. Protein sequences of single-copy orthologous genes that were annotated
using BUSCO with core genes of Insecta lineage were aligned using CLUSTALW2 [30] between each
pair of species. The amino acid distances were calculated using PAML (aaRatefile = jones.dat) and
sorted in ascending order. Since the number of orthologous genes between every two arthropods
might be larger than 5000 [60], and our BUSCO analyses might have captured the most conserved
ones, therefore, we set the genome-wide cutoff as the 100th minimum amino acid distance between
two species, which represents the top ~2% of the total orthologous genes (Table S3). TE proteins

176



Genes 2019, 10, 338

were aligned between each pair of fourteen-selected species, and only reciprocal best hits were kept.
The amino acid distances of the aligned TEs were calculated as described above. TE pairs with lower
amino acid distances than genome-wide cutoffs were selected as HTT candidates.

2.13. Analysis of Transposable Elements Distribution in Arthropods

Genomes of 126 extra insect species were downloaded from the InsectBase (http://insect-genome.
com). For each pair of HTT candidates, we aligned them to genomes of all 140 arthropods using the
fasta36 (-E 1e-5) program of FASTA [61]. All hits that are longer than 80 bp and have more than 80%
similarity were kept.

2.14. The ArTEdb Database

The ArTEdb was written in HTML and PHP and hosted in Apache. All TE information was
organized using MySQL in the background. Both gene and TE annotations were embedded in
JBrowse. Alignment|Blast uses NCBI BLAST (v2.7.1+) [57] in the background with TE references
from 14 arthropods as databases. The alignment results are post processed by xmlBLASTparser
(www.github.com/AshokHub/xmlBLASTparser) for visualization. Alignment|RepeatMasker runs
RepeatMasker in the background.

3. Results

3.1. Construction of Transposable Element References

Although Repbase [23] provides TE annotations for many arthropods, high-quality TE references
are available for only a small subset of the 14 species investigated in this study (Table 1). To obtain
high-quality and unbiased TE references, we systematically annotated TEs from genomes of all fourteen
species using the pipeline described in Figure 1a. We obtained 87 to 2266 TE reference sequences in a
species, which is a considerable improvement compared to the reference TEs previously annotated in
Repbase (Table 1). Notably, much higher numbers of reference TEs were identified in the species that
have large genomes, for instance, Acanthoscurria geniculata and Locusta migratoria, than the species that
have small genomes (Table 1). Eight of the fourteen species had few TEs (≤10) annotated in Repbase,
while hundreds of extra reference TEs were identified in this study (Table 1).

Table 1. Genome sizes and the number of transposable elements references of fourteen arthropods.

Class Order Species Genome
Sizes †

TE Reference Sequences

RB/RM/LTR RTE/DTE/UnC Total

Insecta

Diptera Drosophila melanogaster 144 Mb 147/79/8 159/47/28 234

Lepidoptera

Spodoptera frugiperda 358 Mb 1/475/12 263/190/35 488
Bombyx mori ‡ 460 Mb 92/546/183 552/232/37 821
Papilio xuthus 244 Mb 41/319/60 248/151/21 420
Melitaea cinxia 390 Mb 0/763/17 433/299/48 780

Hymenoptera
Bombus terrestris 249 Mb 6/520/12 241/267/30 538

Apis cerana 228 Mb 0/86/1 28/49/10 87
Apis mellifera 250 Mb 6/136/1 35/98/10 143

Hemiptera Acyrthosiphon pisum 542 Mb 331/752/75 326/796/36 1158
Nilaparvata lugens 1.14 Gb 0/1,136/230 872/419/75 1366

Orthoptera Locusta migratoria 5.6 Gb 1028/1182/56 1144/1018/104 2266

Arachnida
Trombidiformes Tetranychus urticae 90 Mb 10/122/73 105/86/14 205

Araneae Acanthoscurria geniculata 7.2 Gb 0/1857/167 967/982/75 2024
Scorpiones Mesobuthus martensii 925 Mb 39/1260/101 476/843/81 1400

† Sizes of current versions of genomes used in this study. ‡ Recently assembled genome based on PacBio
single-molecule sequencing datasets. RB, RM, and LTR symbolize Repbase, RepeatModeler, and LTR de novo,
respectively. RTE, DTE, and UnC symbolize retrotransposable elements, TIRs, and unclassified TEs, respectively.
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N. lug
L. mig
T. urt
A. gen
M. mar
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Figure 1. Annotating TEs in arthropods. (a) The TE reference construction workflow (see details in
Materials and Methods). (b) The repeat sizes of fourteen arthropods. Published repeat sizes were
adapted from the original genome sequencing studies (Table S1). The repeat sizes (TE and simple
repeat) of this study were evaluated using the TE libraries defined in this study. The published repeat
size of B. mor was adapted from [11]. D. mel, Drosophila melanogaster; B. mor, Bombyx mori; M. cin, Melitaea
cinxia; P. xut, Papilio xuthus; S. fru, Spodoptera frugiperda; A. cer, Apis cerana; A. mel, Apis mellifera; B. ter,
Bombus terrestris; N. lug, Nilaparvata lugens; A. pis, Acyrthosiphon pisum; L. mig, Locusta migratoria; A. gen,
Acanthoscurria geniculata; M. mar, Mesobuthus martensii; T. urt, Tetranychus urticae. (c) The landscape of
TE loads in arthropods.

The new high-quality TE references inspired us to ask whether TE contents were underestimated
in previous studies. To answer this question, we evaluated the repeat sizes and TE contents in the
selected species with the new TE references (Figure 1b; Table S1). The results show that repeat
sizes were previously underestimated in 11 of the 14 selected species, especially those with few TE
references annotated in Repbase. For instance, no TE reference had been reported in A. geniculata
(the original genome sequencing study reported that approximately 60% of the genome excluding N/X
runs was composed of TEs, but TE references were not available [16]), and the initial repeat masking by
RepeatMasker with the built-in Arthropoda library showed that the TE content was only 4.5%. However,
57.17% of the A. geniculata genome was masked using the new TE references, which is very close to
the number obtained in the original study. In addition, we masked its full genome and identified
extra 950 Mb TEs. Another striking species is Mesobuthus martensii. Because of the limited number
of annotated TEs in Repbase, the TE size of this species was previously underestimated to be 35 Mb
(3.1%) [7]. Here, we identified 1400 TE references in M. martensii and revealed that approximately half
(51.03%; 455 Mb TEs and 17 Mb simple repeats) of its genome consisted of repeats (Figure 1b).

Even for D. melanogaster, whose TEs are well annotated in Repbase, our annotation results still
identified another 87 TE subfamilies (8 LTRs and 79 non-LTRs). For example, although Gypsy-1_DSim is
a well known LTR in Drosophila simulans, no homologs of this TE have been reported in D. melanogaster.

178



Genes 2019, 10, 338

Here we found that the Gypsy-1_DSim TE subfamily has 117 copies in the Y chromosome and another
252 copies (at least six full-length ones) in the other five chromosomes (2L/2R/3L/3R/X) of D. melanogaster
(these TEs were named as Gypsy-1_DroMel in our ArTEdb database). Interestingly, the full-length
Gypsy-1_DroMel was successfully identified by LTR_Finder and LTRharvest, while RepeatModeler only
identified a partial sequence of this TE in D. melanogaster (Figure S1), which suggests that the approach
we employ by combining multiple annotation tools is more powerful than using RepeatModeler alone.

In summary, we annotated TEs for fourteen Arthropoda species with the unbiased pipeline
and identified many more novel TEs. These high-quality TE libraries might contribute to a better
understanding of the evolution and genome contributions of TEs in arthropods.

3.2. Transposable Element Loads Vary Greatly in Arthropods

The huge difference in genome sizes among fourteen arthropods raises the question of how much
TEs contribute to their hosts. To answer this question, we masked the genomes of arthropods using
RepeatMasker with the new TE references and calculated the TE loads of each species. Hereafter, the
TE load is defined as the copy number of TEs in the genome. The loads of multiple TE subfamilies
from four main TE classes (TIR, LINE, LTR, and SINE) were summed. Although three (TIR, LINE, and
LTR) of the classes existed in all fourteen species, the TE loads varied greatly among species (Figure 1c).
The diversity of TEs in arthropods was also reported in a recent study [19]. Next, we will focus on
several remarkable insights to show how TEs contribute to genome evolution.

3.2.1. Transposable Element Loss is Prevalent in Hymenoptera

The three Hymenoptera species, namely, Apis mellifera, Apis cerana, and Bombus terrestris, have the
closest evolutionary relationship among the fourteen species. The TE load analysis reveals that these
three species have fewer TEs than other species except for T. urticae (Figure 1b–c). Especially in the
first two species, the repeat sequences account for less than 10% of the host genome, and the real TE
content is even lower than 5%. Although we observed several LTRs and LINEs, none of them had
coding potential. Only a few Mariner (DNA/TcMar) TEs have intact ORFs, consisting with the previous
study [8]. Comparing TE loads in A. mellifera and A. cerana with those in the remaining species, we
observed that the TE loss occurred rapidly in A. mellifera and A. cerana. These two evolutionarily close
species had a slight difference in their TE loads, and both the subfamily numbers and the TE loads were
significantly reduced (Figure 1c). However, in B. terrestris, most TE subfamilies could still be observed,
and repeats occupied approximately 13.5% (simple repeat < 2%) of its genome. These results reveal
that the extent of TE loss is highly diverse among Hymenoptera and somewhat weak in B. terrestris.

3.2.2. Recent LTR Expansion in T. urticae

In addition to these two Hymenoptera species (A. mellifera and A. cerana), T. urticae, which has the
smallest genome (90 Mb) among the fourteen species, also has fewer TE subfamilies and loads than
the remaining species. In T. urticae, TIR is the most abundant class (5.8%), followed by the LTR class
(2.9%), while the remaining two classes (LINE and SINE) are quite scarce (<0.5%). A total of 12.4%
of the genome of this species consists of TEs (with 2% simple repeats), and the distribution of the
sequence divergence presents two distinct peaks (Figure 2a), which is very different from the other
species (Figure 2b–d). The first peak in T. urticae is from 0% to 1%, and the second one is from 20% to
24%. LTRs are the major component of the first peak, which implies that there is a recent expansion of
LTRs in T. urticae. For instance, the Gypsy-6_TetUrt has at least eight full-length copies. In contrast,
the second peak mainly consists of TIRs, which suggests that most TIRs expanded historically and
might have diverged thereafter.
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Figure 2. Sequence divergence distribution of TEs. (a–d) Distribution of sequence divergence of multiple
TE subfamilies in four species. The y-axis shows the percentage of the host genomes that is annotated
as TEs (TE contents). The x-axis shows Kimura 2-Parameter sequence divergence between individual
TE copies and consensus references. Unknown, unclassified TEs; Other, Retro and Retroposon.

3.2.3. Lepidopterans Have Diversified Transposable Elements Subfamilies and Large Transposable
Elements Loads

For all four Lepidoptera species (Bombyx mori, Melitaea cinxia, Papilio xuthus, and Spodoptera
frugiperda), there are hundreds of TE subfamilies in their genomes. Among these species, B. mori
has the most abundant TE subfamilies and the largest TE loads (Figure 1c). More than half (51.26%;
Table S1) of its genome is occupied by TEs, which is consistent with a previous report [11]. Compared
with the three-remaining species, B. mori also has the largest genome (Table 1). In addition, the TE
divergence distributions of this species show distinct patterns. In B. mori, LTRs, TIRs, and LINEs all fall
into the 1–10% range, especially the LTRs, almost all of which are located in the 1–5% range (Figure 2b).
These results suggest that most LTRs are active and have expanded recently in B. mori. However, a
distinct distribution is observed in S. frugiperda, the evolutionarily closest species to B. mori among
the 14 selected species. The distribution resembles a classical normal distribution with a peak near
10% (Figure S2A). A similar distribution is observed in M. cinxia (Figure S2B). These results suggest
that the expansion of TEs are mostly ancient in both S. frugiperda and M. cinxia. Notably, P. xuthus
shows a bimodal distribution of TE divergence: one peak is caused by the recent expansion of TEs
(the divergence peak is ~4%), and another peak is caused by the historic expansion of rolling circle (RC)
TEs (the divergence peak is ~13%, Figure S2C). Altogether, our results suggest that the TE expansion
histories in Lepidoptera are diverse.

3.2.4. The Evolutionary History of LTRs in Lepidoptera

Bombyx mori has the most abundant LTRs among the four Lepidoptera species, and the sequence
divergence distribution reveals that most LTRs are accumulated due to recent expansion (Figure 2b).
However, fewer LTRs are found in the three-remaining species (M. cinxia, P. xuthus, and S. frugiperda;
Figure S2A–C). This finding promotes us to ask when, where and which LTRs were gained or lost in
Lepidoptera. To further explore the details of the evolutionary history of LTRs, we selected intact LTRs
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and constructed their phylogenies. We annotated proteins of all LTRs and built phylogenetic trees for
all three main LTR subfamilies (BEL/Pao, Copia, and Gypsy).

Unlike the TEs in D. melanogaster that had been well studied and classified into detailed
subfamilies [62,63], the family information of LTRs in Lepidoptera are still lacking. Therefore,
we arbitrarily divided the Copia into three groups (G1–3) according to the phylogeny (Figure 3).
Among the four species, S. frugiperda has the smallest number of Copia (only one member in G2), while
B. mori has the largest number of Copia. Within each group, we frequently detected expansion of Copia
in B. mori. For example, we observed a pair of TEs (Copia-6_BomMor and Copia-20_BomMor in G3) with
extremely low amino acid substitution level in B. mori, suggesting that these two could be recently
duplicated. Although each of the four species has Copia in their genomes, none of the three groups has
Copia detected in all the four species. A parsimonious explanation is that some Copia copies might
be lost in a species-specific manner, although we cannot exclude the possibility that the phylogeny is
solely caused by TE duplications followed by sequence diversifications.

Figure 3. The phylogeny of Copia in Lepidoptera. The Copia were arbitrarily divided into three groups
(G1–3). TEs with BM (annotated in Repbase) or BomMor (annotated in this study) suffixes are from
B. mori (red name); TEs with PapXut, MelCin, and SpoFru suffixes are from P. xuthus (blue name),
M. cinxia (black name), and S. frugiperda (green name). Only nodes with bootstrap value not lower than
70% were indicated. BEL-1_BM is the outgroup.

In the BEL/Pao subfamily phylogeny, there are four large groups (Figure 4). Similar to Copia,
B. mori also has the largest number of TEs, followed by P. xuthus. We frequently observed intraspecific
diversifications of BEL/Pao (with extremely small amino acid substitution rates) in B. mori. It is also
possible that the disparity of BEL/Pao contents in the four species are caused by the loss of BEL/Pao in
certain species, although further studies are required to verify this pattern.
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Figure 4. The phylogeny of BEL/Pao in Lepidoptera. The BEL/Pao were arbitrarily divided into four
groups (G1–4). TEs with BM (annotated in Repbase) or BomMor (annotated in this study) suffixes
are from B. mori (red name); TEs with PapXut, MelCin and SpoFru are from P. xuthus (blue name),
M. cinxia (black name) and S. frugiperda (green name). Kabuki is from B. mori and has been annotated
in BmTEdb [64]. Only nodes with bootstrap value not lower than 70% were indicated. Copia-1_BM is
the outgroup.

The comparison of the TE contents and loads of Lepidoptera revealed that Gypsy was most
abundant among the three LTR families (Figure 1c, Figure 2b and Figure S2A–C). This family might
have the most substantial effect during LTR evolution in Lepidoptera. The Gypsy phylogeny (Figure 5)
reveals three major conclusions. First, B. mori has the most abundant Gypsy TEs. Second, there are
extensive diversifications of Gypsy in B. mori and P. xuthus. Third, we observed one horizontal transfer
event between B. mori and M. cinxia (in G3). The amino acid distance between Gypsy-6_MelCin and
Gypsy-32_BomMor is small (0.052). Considering the long divergence time between B. mori and M. cinxia
(the amino acid distance cutoff between these two species is 0.065; Table S3), the small amino acid
distance mostly conflicts with the evolutionary history, confirming the HTTs might be bona fide.

Altogether, our results suggest that LTRs evolve expansions and contractions, or intraspecific
sequence diversification. All these processes combined to form the current LTR patterns in Lepidoptera.
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Figure 5. The phylogeny of Gypsy in Lepidoptera. The Gypsy were arbitrarily divided into five groups
(G1–5). TEs with BM (annotated in Repbase) or BomMor (annotated in this study) suffixes are from
B. mori (red name); TEs with PapXut, MelCin and SpoFru are from P. xuthus (blue name), M. cinxia (black
name) and S. frugiperda (green name). Rikishi is from B. mori and has been annotated in BmTEdb [64].
Only nodes with bootstrap value not lower than 70% were indicated. BEL-1_BM is the outgroup.

3.2.5. Non-LTR Transposable Elements Contribute More to Arthropods with Larger Genomes

Given that TEs exist in and occupy large sections of Arthropod genomes, we ask how the genome
sizes dynamically change due to TE difference. Interestingly, we found the content of TIR (%) in one
arthropod genome is positively correlated (Pearson’s product-moment correlation: 0.899, p < 0.0001)
with the genome size (Table S4). In addition, the LINE superfamily shows high abundance in
L. migratoria (Figure 1c), which may have resulted from the recent rapid expansion of this family
(Figure 2c). When the divergence distribution is considered, in L. migratoria and A. geniculata, the peaks
are all close to 6% (Figure 2c,d), suggesting that most of the identified TEs have accumulated recently
during their evolutionary history. This pattern suggests that most TEs in their genomes were recently
generated through rapid TE expansions.

Altogether, our results show that TE loads vary greatly among arthropods and reveal that the gain
and loss of non-LTR TEs are much more prevalent in arthropods than previously thought. The very
recent study reported similar conclusions [19], while the underlying causes of diversified TE and
lineage-specific activity were not mentioned. Here, we analyzed the TE dynamics of species from
the same orders (Hymenoptera and Lepidoptera) or with extremely large genome sizes. The results
reveal that rapid extinction, intraspecific diversification, and HTT are the internal driving forces of the
diversity of TEs in arthropods.
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3.3. The Expansion and Contraction of Transposable Elements in Arthropods

RNAi is a critical mechanism to inhibit TEs transposition and hence reduces TE loads in
metazoans [65,66]. Besides RNAi, the difference in life history, mating system, GC contents have been
suggested to account for the difference in TE loads across species [51]. However, the study of long-term
TE evolution in 42 nematode species suggest that genetic drift rather than life history or RNAi mainly
determined the evolution of TEs [51]. In addition, the authors tested load changes of four main TE
classes and found several “expansion hotspots” in the most dynamic LTR TEs [51].

Given the disparity of TE loads across the 14 arthropod species we studied, here we explore the
expansion and contraction of TEs in arthropods. We first used phylogenetic comparative analysis
to explain the TE diversity over long-time scales. The phylogeny of the fourteen-selected species
was inferred using single-copy orthologous genes and time-calibrated using r8s [41]. We evaluated
the phylogenetic signals of traits (TE loads and genome sizes transformed in natural log(Ln)grams)
using the λ model with phytools [43,50]. The λ is from 0 to 1, and greater values imply stronger
phylogenetic signals (trait is highly related to the phylogeny and not random). Most of the kept
traits (24/27) have λ values larger than 0.5 (Table S2), indicating that they are highly associated with
the phylogeny. To determine the most appropriate comparative model, we fitted four standard
phylogenetic comparative models (BM, OU, EB, and white) for the above traits using Geiger. We used
both AICc and the weighted AICc (AW) to assess the fitness of the four models. The results showed
that the BM model was most suitable (Table S2). Therefore, TE loads of ancestor nodes were inferred
using the maximum likelihood method [67] under the BM model.

We found TE expansion (the black branches) and contraction (the red branches) hotspots in all four
main TE families (Figure 6a). Although the expansion hotspots (with large change ratios) are slightly
different among the four TE classes, most of them are enriched in L. migratoria, A. geniculata, N. lugens
and B. mori, which is consistent with their TE divergence distributions (Figure 2b–d). Moreover, the
genomes of all four species are larger than those of closely related species. Besides, the TE contraction
also broadly exists in all four classes, and the most significant species are T. urticae, D. melanogaster, and
the three bees.

The above results suggest that the changes of TE loads were highly variable during arthropod
evolution. Therefore, we applied BAMM to analyze the dynamical change of evolutionary rates for
TE loads under the phylogeny. In Figure 6b (so-called phylorate plots), although no shift of TE loads
evolutionary rates is in all the four classes, the evolutionary rates are broadly variable among both
TE classes and clades. Among the four classes, SINE has the highest rates, while TIR has the lowest
ones, which helps to explain the largest TE loads variants of SINE (Figure 1c) in arthropods. The rates
in Lepidoptera clades are broadly lower than the remaining ones, consisting with their low TE loads
changes (Figure 6a) relative to ancestor nodes. Besides, three branches (the root branch, T. urticae,
and Hymenoptera clades) have higher rates than the other branches in TIR, LTR, and LINE classes
(the root branch and T. urticae clade are also higher in SINE). In addition, evolutionary rate dynamics
of three representative subfamilies (Figure S3; Jockey, Mariner, and Gypsy) were also evaluated, and the
results also supported that evolutionary rates were high in the Hymenoptera clade (shift events were
identified in Jockey and Gypsy). These results reveal that the TE loads had rapidly changed at the early
radiation of insects and arachnids, and the TE loads change rates could be branch-specific instead of
underlying constraints.
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Figure 6. The expansion and contraction of TEs in the 14 arthropod species. (a) The ratio of TE load
change (the offspring relative to the ancestral node) for each branch. (b) The dynamic evolutionary
rates of TE loads in the phylogeny. Branch colors are scaled by evolutionary rates of TE loads, and
rate increases from the cold color (blue) to warm color (red). TIR, terminal inverted repeat; LTR, long
terminal repeat; LINE, long interspersed nuclear element; SINE, short interspersed nuclear element.

3.4. Transposable Element Loads are Significantly Correlated with Genome Sizes

Transposable element contents have been reported positively correlated with the genome sizes
in eukaryotes [20,68]. TE contents and the number of subfamilies were found to be correlated with
host genome sizes in arthropods [19], indicating that the genomes with larger sizes also have greater
TE contents or more TE subfamilies. However, TE contents and the subfamily numbers might be a
little more variable than TE loads due to the influences of the large variation of host genome sizes in
arthropods. Here, we evaluated correlations between TE loads and TE contents and genome sizes.
The results showed that both of these two are positively correlated with genomes sizes and the TE loads
(Pearson’s product-moment correlation: 0.92; p = 2.76 × 10−6; Figure S4A) have a greater correlation
coefficient than TE contents (0.71; p = 4.92 × 10−3; Figure S4B).

The quantitative traits in species from a branching phylogeny are not statistically non-independent
due to common ancestry, and the PICs should be conducted [69]. We evaluated the correlations
between loads of TEs from multiple subfamilies and host genome sizes. As shown in Table 2, our results
show that many TE subfamilies are positively correlated with host genome sizes. Especially, the most
abundant Mariner (TcMar) subfamily is significantly correlated with the corrected p < 0.1. In addition,
we also evaluated the correlation between the total TEs of four main families and genome sizes. All the
four classes are positively correlated with host genome sizes, for which the corrected p < 0.1 (Table S5).
After combining all TEs in each species, we observed that total TE loads were also significantly

185



Genes 2019, 10, 338

correlated with genome sizes (Pearson’s product-moment correlation: 0.83; p = 4.74 × 10−4; Table S5).
This result is consistent with the PIC analysis in a recent study [19]. Unlike the TE contents used in the
previous study, we used TE loads which might reflect TE abundance in host genomes a little better.
Although only 14 species used in this study, the TE loads showed a much stronger correlation than
TE contents. Our results reveal that TE expansion is one of the most critical forces driving changes
in the sizes of host genomes, which is also consistent with previous reports in flies [22], birds and
mammals [21].

Table 2. TE loads are significantly correlated with genome sizes.

TE Subfamilies Correlation Coefficient P Corrected P

LINE/L2 0.868 1.20 × 10−4 3.01 × 10−3

SINE/Unclassified 0.784 1.51 × 10−3 3.18 × 10−2

LINE/Unclassified 0.760 2.55 × 10−3 4.85 × 10−2

DNA/Unclassified 0.756 2.79 × 10−3 5.02 × 10−2

DNA/TcMar 0.728 4.75 × 10−3 8.07 × 10−2

LTR/Copia 0.724 5.14 × 10−3 8.22 × 10−2

DNA/hAT 0.654 1.53 × 10−2 2.13 × 10−1

LINE/CR1 0.644 1.75 × 10−2 2.13 × 10−1

LINE/RTE 0.652 1.57 × 10−2 2.13 × 10−1

LTR/Unclassified 0.654 1.52 × 10−2 2.13 × 10−1

LTR/Pao 0.644 1.76 × 10−2 2.13 × 10−1

DNA/Ginger 0.559 4.72 × 10−2 4.25 × 10−1

LINE/I 0.511 7.45 × 10−2 5.96 × 10−1

DNA/CMC 0.489 8.97 × 10−2 6.28 × 10−1

DNA/Academ 0.419 1.54 × 10−1 9.23 × 10−1

LINE/Dong-R4 0.403 1.73 × 10−1 9.23 × 10−1

DNA/Harbinger 0.358 2.30 × 10−1 9.23 × 10−1

DNA/PiggyBac 0.371 2.12 × 10−1 9.23 × 10−1

LINE/Jockey 0.394 1.83 × 10−1 9.23 × 10−1

LINE/R1 0.351 2.40 × 10−1 9.23 × 10−1

LTR/Gypsy 0.382 1.98 × 10−1 9.23 × 10−1

Unclassified: subfamily information is unavailable.

3.5. Horizontal Transposable Element Transfer in Arthropods

TEs can be transferred by vertical inheritance or horizontal transfer. P-element is the first reported
and the most famous HTT in Drosophila [70] and is the genetic basis of P-M hybrid dysgenesis in
D. melanogaster [71]. HTT is associated with many phenotypic changes in plants [72]. A recent study
identified thousands of HTT events in Insecta [73], and these transferred TEs might be important in
driving genome evolution [74]. Here, we identified millions of TE copies from thousands of subfamilies
in fourteen arthropods. We asked whether HTTs had been involved in TE evolution, especially in
species with large genomes. To solve this problem, we proposed a strategy with which to identify HTTs
using genome-wide amino acid distances. Amino acid distance has been widely used in phylogenetic
studies, and a smaller distance implies a higher sequence similarity. We expected the amino acid
substitution rate of TE (evolving mostly neutrally or being counter selected, thus being permissive
to dN substitutions) to be higher than orthologous genes (more conserved with a higher rate of
negative selection). Therefore, the vertically inherited TEs will have larger amino acid distances than
orthologous genes. On the contrary, TEs with lower amino acid distances could be HTTs.

Considering the variable quality of gene annotations in the selected species, we used the BUSCO
tool with the built-in Insecta core genes library and annotated genes in all selected species. Using the
single-copy homologous genes, we inferred the genome-wide amino acid distance cutoffs (Table S3;
see details in Materials and Methods) for each pair of fourteen species. Annotated TE proteins were
aligned between each pair of species. The amino acid distances of aligned TE pairs were calculated
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and compared with the genome-wide cutoff, which was defined as the 100th minimum amino acid
distance between two species. According to the recent study in 76 arthropods, the number of genes
that present in more than 75% Metazoans are all larger than 5000 [60], which implies that the number
of orthologous genes between most arthropods might be larger than 5000. In this study, we set the
genome-wide cutoff as the 100th minimum amino acid distance between two species, which equals to
at most 2% of the total orthologous genes.

We obtained eight candidate HTTs among nine species (Figure 7a,b and Figure S5; Table S6), and
their protein alignments are in Supplementary File S2. All of them are best reciprocal hits between
corresponding species. Two of them are from the Gypsy subfamily. Six of them are TIRs from the
hAT-Tip100 (n = 1) and Mariner (n = 5) subfamilies. The Class II (TIR) TEs are the most frequent HTTs,
consisting with previous reports in arthropods [73,75]. The Class II TEs tend to be shorter than Class I
TEs, besides their transpositions have weak host dependence [76]. These might help to explain why
the Class II (especially the Mariner subfamily) have the most abundant HTTs.

Figure 7. The HTTs in arthropods. (a) The HTT of Gypsy between M. cinxia and B. mori. (b) The HTT of
Mariner between B. mori and S. frugiperda. The species names of hosts of HTT are in bold. (c) Eight
HTTs in the fourteen arthropods.

In Figure S6A–C, two HTT examples are depicted. These two HTTs all have amino acid distances
(the blue line) lower than the genome-wide cutoffs (the gray line). The horizontal transfer event
between Gypsy-6_MelCin and Gypsy-32_BomMor is confirmed because the amino acid distance between
them is 0.054, which is lower than the cutoff (0.065) between B. mori and M. cinxia, which is consistent
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with the phylogenetic analysis of Gypsy in Lepidoptera (Figure 5). Besides, these two TEs only appear in
four of 140 arthropods (Figure 7a), which implies that the high sequence similarity between them are
resulted by horizontal transfer instead of vertical inheritance. Another example is the Mariner HTT
between B. mori and S. frugiperda (Figure 7b). The amino distance between TEs is 0.034 which is lower
than the genome-wide cutoff 0.047 (Figure S6C; Table S3).

The exact number of HTTs between these species might be underestimated (i) because several
TEs were not annotated due to the methodological limitations and low-quality genome assemblies
and (ii) because of the strict cutoffs used in HTT identification. Besides, six HTTs were identified in
five species (A. pisum, A. geniculata, L. migratoria, M. martensii, and N. lugens) with genomes larger
than 500 Mb (Figure 7c). Considering the large genomes and the TE loads in these species and other
arthropods, our and previous results [73,75] both support that HTTs played important roles during
their genome expansions and might be another important driving force of genome evolution.

3.6. The ArTEdb

Database technology has been widely used in biological data sharing, especially in the field of
TE research (recently reviewed [77]). Several databases provide TE annotations or repeat-masking
results [23,24]. Here, to make new TE references and annotations easy to use and contribute to TE
studies in arthropods, we set up the ArTEdb. It consists of four main categories: (1) TE landscapes in
14 arthropods, (2) TE references, annotations and downloading of premasked genomes, (3) TE querying
based on keywords and sequence similarity, and (4) an online repeat-masking service.

We summarized TE annotations and generated an overview of TE contents for each species.
The TE contents were organized by both subfamilies and sequence divergence between each TE copy
and TE reference. We provide two methods for querying TEs. People can look up TEs by name,
subfamily, and class. Alternatively, one can also use a sequence to search the TE database directly
with BLAST. The genome browser helps visualize genomic features more intuitively. We integrated
the JBrowse genomic feature visualization tool into the ArTEdb. Using this tool, people can focus on
genes or other genomic loci rather than masking repeats by themselves. In addition, we provide an
online repeat-masking service, which is very useful for people who want to scan TEs from just a small
number of sequences quickly. Finally, all TE annotations and premasked genomes can be downloaded
from the ArTEdb directly. We hope that the ArTEdb will benefit future TE studies in arthropods.

4. Discussion

In this study, we chose 14 representative arthropods spanning eight orders to study the coevolution
between TEs and host genomes. Using our customized TE annotation pipeline, we both generated
high-quality TE references and estimated the TE profiles in these species.

4.1. A New Database of High-Quality Transposable Element References for Arthropods

Characterizing TEs in an unbiased approach is an important task for the non-model organisms.
Although Repbase is extensively used for TE identification and annotation [23], the TE reference
sequences might not be complete for many non-model organisms. Therefore, many TE annotation
tools have recently been developed for unbiased TE characterization [26–28,31,77]. In this study,
we built an unbiased TE annotation pipeline (Figure 1a) by combining different TE identification and
classification tools. We also present our reference sequences in the ArTEdb database, which provides
useful resources for TE annotations in other arthropod genomes.

A very recent study [19] have extensively characterized TEs in the arthropod genomes with
the RepeatModeler pipeline. RepeatModeler aims to identify sequences with high-copy numbers in
genomes, which is suitable for identifying most types of TEs. However, RepeatModeler does not take
into account the structural characteristics of TEs, and sometimes it does not perform as well as the
family-specific tools. For example, the novel TE Gypsy-1_DroMel was identified by both RepeatModeler
and two LTR-specific tools (LTR_Finder and LTRharvest). The sequence alignment indicates that
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RepeatModeler only identified a partial sequence of Gypsy-1_DroMel, while the combined approach we
used (combining RepeatModeler, LTR_Finder, and LTRharvest) successfully identified the full-length
Gypsy-1_DroMel (Figure S1). Besides TE identification, our ArTEdb database also significantly improved
the annotation of TE family information. As RepeatModeler only uses sequence similarity to known
TEs in TE classification, most TEs identified by RepeatModeler remain unclassified [19]. In this study,
we also used PASTEClassifier [32] and TEclass [33] to annotate the identified TEs. PASTEClassifier
takes full use of known TEs (Repbase) and domain annotations (Pfam and Gypsydb), and TEclass
utilizes the supporting vector machine based on oligomer frequencies of repeats. These comprehensive
classification methods make almost all the TEs be classified at least in class-level. Therefore, our study
provides TE profiles with better annotation information.

4.2. Why Does the Transposable Element Loads Can Be So Different Across Arthropod Species?

Previous studies show that TEs gain and loss are important for genome sizes variation in
vertebrates [21] and Drosophila [22]. Both a very recent study [19] and our results detected frequent
gains and losses of TEs in the arthropod genomes. Moreover, our results suggest that multiple
evolutionary forces can cause TE profiles to be very different even between closely related species,
as shown in the four Lepidoptera species we analyzed (Figure 3,Figure 4,Figure 5). Unlike the
protein-coding genes which are in general under selective constraints, the sequences of TEs are usually
less constrained and evolve rapidly [78]. Therefore, besides the copy number variation caused by
TE expansion and contraction, sequence diversification between homologous TE can also lead to TE
diversification in the arthropods. Moreover, HTT is not uncommon between arthropods as shown
in our results and previous studies [73,75]. Therefore, our results suggest that the TE profiles in the
arthropod genomes are shaped by expansion and contraction of TEs, TE sequence diversification,
and HTTs.

Then why can the TE loads be so different across arthropod species? According to the classic
population genetics framework of TE biology, the content of TEs in a species is shaped by its rapid
replication and the selective constraints because TEs are in general deleterious and selected against
in most species. Since the selective strength of TEs in a species is determined by the effective
population size (Ne) of that species [79], it is possible that the difference in Ne across arthropod
species might be important for the variation in TE loads. In addition, DNA methylation [80] and
RNA interference pathway [81,82] also suppress TE activities in arthropods, and the suppressive
effects of both mechanisms might vary in arthropods. Therefore, the vast difference in TE loads
among arthropods can be caused by the difference in natural selection or in the epigenetic regulatory
mechanisms, although at this moment we cannot exclude the possibility that the TE difference in the
studied arthropod species is mainly shaped by genetic drift as previously shown in nematode [51].

4.3. The Contribution of HTTs to the Transposable Element Repertoire in Arthropod Genomes

Previous studies have reported numerous HTTs in arthropods [70,73,75] and plants [83] (details are
reviewed in Ref. [72,84]). In arthropods, most HTTs occurred for the Mariner (TcMar) subfamily [73,75],
which are generally shorter (1–2 Kb) than LTRs (mostly longer than 5Kb) and might be easily transferred
by vectors [85]. Accordingly, among the eight HTTs identified in this study, five of them are caused by
the Mariner subfamily. Notably, the species with larger genomes have greater TE loads and more HTT
events, suggesting that HTT may contribute to the TE expansions. In eukaryotes, TEs are repressed
either by suppressing TE transcription or by piRNA-mediated cleavage of TE transcripts [86,87]. As the
host organisms take time to develop piRNAs to repress a newly horizontally transferred TE, that TE
might replicate rapidly and contribute significantly to the TE repertoire until abundant piRNAs are
developed to repress that TE [82].

TEs recently horizontally transferred between two species will have higher sequences similarity
than the protein-coding genes, which cause dS values to be smaller for the TEs than that for the
protein-coding genes between the two species [73,88]. In this study, we used the amino acid distance
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instead of the dS to identify HTTs in arthropods, because the synonymous substitutions in the
protein-coding genes between the studied species are usually saturated (dS values usually > 1).
Since the number of orthologous genes between every two arthropods might be larger than 5000 [60],
and our BUSCO analyses might have captured the most conserved ones, therefore, we set the
genome-wide cutoff as the 100th minimum amino acid distance between two species, which represents
the top ~2% of the total orthologous genes (Table S3). Thus, the HTTs we identified in this study do
not necessarily recently occur, but might have occurred anciently.

4.4. Adaptive Transposable Element Insertions in Arthropods

In recent decades, numerous studies have demonstrated that TEs can benefit their hosts in multiple
ways. For instance, TEs could be domesticated as promotors [89–91] or enhancers [92–94] to regulate
gene expression. Moreover, a few TEs could be co-opted into novel protein-coding genes in the host
genomes [95–100]. These findings suggest that TEs are important for providing raw materials of the
regulatory elements and proteomes for the hosts. In addition, many studies have shown that TE
insertions might increase the fitness of hosts. For example, a P element insertion in the promoter
of Hsp70A significantly increases the fecundity of heat-shocked flies [91], and a Doc1420 insertion
in CHKov1 significantly increases the pesticide resistance of hosts by disrupting the original gene
structure [101]. The carbonaria form of the peppered moth (Biston betularia) was reported to be caused
by a TE insertion [102] that upregulates a cortex transcript involved in early wing disc development.
All these studies indicate that the beneficial effects of TEs are pervasive in eukaryotes. Although
millions of TEs had been annotated in our study, the beneficial TE insertions remain unknown. Thus,
further studies are required to identify the role of TEs in the adaptation of arthropods.
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