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Plant Resistance to Abiotic Stresses
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Abstract: Extreme weather events are one of the biggest dangers posed by climate breakdown.
As the temperatures increase, droughts and desertification will render whole regions inhospitable
to agriculture. At the same time, other regions might suffer significant crop losses due to floods.
Usually, regional food shortages can be covered by surpluses from elsewhere on the planet. However,
the climate breakdown could trigger sustained food supply disruptions globally. Therefore, it is
necessary to develop more stress-resilient crop alternatives by both breeding new varieties and
promoting underutilized crop species (orphan crops). The articles in this special issue cover responses
of staple crops and orphan crops to abiotic stresses relevant under the climate breakdown, such as heat,
water, high salinity, nitrogen, and heavy metal stresses. This information will certainly complement
a toolkit that can help inform, support, and influence the design of measures to deal with the
climate crisis.

Keywords: water stress; high salinity stress; heat stress; orphan crop; nickel hyper-accumulation

There is a general consensus that global heating is occurring, with predictions that average
surface temperatures will increase by roughly 0.2 ◦C per decade over the next 30 years. This, in turn,
is predicted to result in increased frequencies of extreme weather events, drastically reducing crop
yields [1]. This is already in evidence in the altered start and end of growing seasons over the past
20 years, which has contributed to regional crop yield reductions, reduced freshwater availability,
and has exacerbated the loss of biodiversity [2]. These effects are not uniformly distributed among
regions, countries, and land-management systems. It is proposed that European Mediterranean
countries are likely to experience more frequent droughts and warmer summers, and temperature
increases in North America will result in a shift in the start of the rainy season from spring to winter [3].
El Niño events might grow more frequent, bringing more rain to South American coastal areas and
less rain to Indonesia, the Pacific Rim, and Australia [3]. The severity of monsoon rains in Asia might
increase, causing more floods in the lowlands [3]. Warmer temperatures will speed up the melting of
permafrost in Siberia and increase desertification in Northern Africa [3]. These factors, in combination
with elevated salinity in groundwater, poor agricultural practices, and human-related disturbances,
are resulting in a considerable reduction of agricultural yield and, thus, local (and inevitably global)
food insecurity. This Special Edition reports on evidence of the effects of such abiotic stressors on
select crops, and we summarize potential solutions to mitigate food security as a consequence of
abiotic stressors.

As one of the primary aspects of climate change, heating itself has a direct bearing on plant
mortality. Studies show that global cereal production was reduced by 6.2% between 2000 and 2007 due
to the effects of heat and, consequently, drought [4]. In this special issue, Chovanccek et al. (2019) show
that heat waves decrease photosynthetic activity and stomatal conductance in wheat. Interestingly,
after control conditions were reestablished, plants showed persistent reductions in photosynthesis,
suggesting the action of a protective mechanism to prevent the collapse of photoprotective functions [5].

Plants 2019, 8, 553; doi:10.3390/plants8120553 www.mdpi.com/journal/plants1
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Malerba and Cerana (2019) show that selenium reduces cell death associated with heat stress in tobacco
cell cultures by reducing the accumulation of reactive oxygen species, peroxidation of membrane lipids,
programmed cell death, and accumulation of stress-related proteins (i.e., BiP, 14-3-3, cytochrome c) [6].

Drought has always been the major cause of crop loss, and as discussed above, this is being
exacerbated by global heating. In wheat, drought stress leads to increased grain protein content,
but with a yield penalty [7]. In this issue, Elbasyoni et al. (2018) utilizes wheat genetic resources to
identify loci correlated with grain protein content under drought stress and well-watered conditions.
They identify loci that can aid the development of marker-assisted selection for grain protein content,
minimizing the yield penalty and leading to a better understanding of the genetic architecture that
controls these traits in wheat [7].

Barley is a staple cereal grown in temperate climates globally. High-yielding cultivars generated
through breeding have lost tolerance to drought, salt, and heavy metal stress present in the wild
ancestor Hordeum spontaneum [8]. Stress-tolerant barley landraces from the semi-arid Mediterranean
region represent an important source of genetic diversity for the improvement of high-yield cultivars.
In this special issue, Landi et al. (2019) investigates how different barley landraces respond to salinity
and osmotic stress. Their results can be useful for breeding strategies to reintroduce stress tolerance in
cultivated varieties [8].

Recently, there has been increased interest in the use of orphan crops, considered to be minor
on a global scale, yet important locally for food security in the developing world [9]. Most such
crops have greater inherent stress tolerance or resistance than current staple cereals (wheat, rice,
and maize) in which such characteristics have been lost by conventional breeding for seed size and
yield under well-watered conditions [10]. They are, thus, good candidates to include in molecular
breeding programs. However, in many instances, the lack of genomic resources on such species has
hindered progress in this regard. Quinoa is an Andean orphan crop adapted to a wide range of
marginal agricultural areas, including those prone to drought and high soil salinity. In this special
issue, Hinojosa et al. (2018) review the resources available on this species in relation to its tolerance to
abiotic stressors [11].

Excessive rainfall as a consequence of global heating is also an increasing threat to food security.
It has been reported to be the second-largest contributor to loss of maize yields in the United States,
totaling damage of 10 billion USD from 1989 to 2016 [12]. Flooding creates low oxygen environments
at the root level and causes an imbalance between the slow diffusion of gases in water compared to air
and high consumption by microorganisms and roots, leading to oxygen-starved plants [13]. In this
issue, Butsayawarapat et al. (2019) characterize mechanisms controlling water-logging tolerance in
the orphan crop Vigna vexillata (also known as zombi pea or tuber cowpea) [13]. Zombi pea is closely
related to cowpea and is cultivated for their fleshy tubers and mature seeds. One of the mechanisms
identified is the increased expression of aquaporins, proteins that represent an important selective
pathway for water to move across cellular membranes.

Because weather extremes are clearly impacting crop yield, it is also important to take alternative
measures to meet the target of maintaining global average temperatures below 2 ◦C above pre-industrial
levels. This requires several actions already in place and additional non-climate actions that can
deliver a climate benefit, such as a significant reduction of nitrogen (N) and heavy metal pollution [14].
N pollution has become a major contributor to environmental stresses this century, its main source
being an inefficient use and management of synthetic fertilizers and manure by the agricultural
sector [14]. Therefore, it is urgent to understand plant responses to N fertilization and seek ways to
improve plant N uptake. In this special issue, Wang et al. (2019) investigate the molecular responses of
wheat seedlings grown under low N conditions. Their results can be useful to understand the lower
limits of N input tolerated by staple crops and for the design of innovative approaches to agricultural
N management [15].

Heavy metal pollution might be aggravated by a climate breakdown due to the release of these
metals from sediments to water reservoirs [16]. Remediation of heavy metals by conventional methods
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is challenging and generates several secondary wastes. On the other hand, bio-remediation using
plants and microorganisms represents a more promising solution. Bio-remediation involves the
adsorption, reduction, or removal of contaminants from the environment by hyper-accumulator plants
and microorganisms [16]. In this special issue, van der Pas and Ingle (2019) review the molecular
basis of nickel hyper-accumulation in plants and suggest potential future avenues of research in this
field [17]. Although nickel is essential for plant growth, extremely high soil concentrations have left
farmlands unsuitable for agriculture. Therefore, a better understanding of its functional roles, as well
as hyper-accumulation mechanisms, is essential for the formulation of bio-remediation strategies.

The climate crisis is already causing yield losses of major crops and the reduction of arable land
worldwide. Hence, to meet our goals of food security, we need to increase the production of food
crops that can withstand the ongoing and future environmental changes. This must be done by both
developing new varieties of current staple crops and the use of alternative (orphan) crops that produce
a harvestable yield in arid and semi-arid regions. At the same time, we must mobilize a wide range
of public and private actors to implement measures that reduce emissions, strengthen initiatives
already underway, and mitigate the climate crisis. We hope that the articles in this special issue will
complement the set of tools that can help inform, support, and influence the design of such measures.

Conflicts of Interest: The authors declare no conflict of interest.
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Abstract: Quinoa (Chenopodium quinoa Willd.) is a genetically diverse Andean crop that has earned
special attention worldwide due to its nutritional and health benefits and its ability to adapt to
contrasting environments, including nutrient-poor and saline soils and drought stressed marginal
agroecosystems. Drought and salinity are the abiotic stresses most studied in quinoa; however,
studies of other important stress factors, such as heat, cold, heavy metals, and UV-B light irradiance,
are severely limited. In the last few decades, the incidence of abiotic stress has been accentuated by the
increase in unpredictable weather patterns. Furthermore, stresses habitually occur as combinations
of two or more. The goals of this review are to: (1) provide an in-depth description of the existing
knowledge of quinoa’s tolerance to different abiotic stressors; (2) summarize quinoa’s physiological
responses to these stressors; and (3) describe novel advances in molecular tools that can aid our
understanding of the mechanisms underlying quinoa’s abiotic stress tolerance.

Keywords: quinoa; abiotic stress; heat; drought; salinity; mechanism

1. Introduction

Abiotic stress is the primary cause of crop losses, decreasing yields by more than 50%
worldwide [1]. Many of these stressors naturally occur in combination. The main abiotic
stresses—drought, waterlogging, high salinity, heavy metals, excess heat, frost, and ultraviolet-B
light irradiance (UV-B)—have been extensively studied in plants [1–8]. The average annual global air
temperature is expected to increase between 0.3 and 0.7 ◦C per decade, and by the end of this century,
the highest predicted temperature increase approximates 4.8 ◦C due to climate change [9]. In this
scenario, the predicted temperature extremes, or heat waves in summer, have received more attention
due to their anticipated adverse impacts on human mortality, economies, and ecosystems [10,11].

Quinoa is an Andean crop, known as “kiuna” or “kinwa” in the Quechua language and “jupha”
or “jiura” in the Aymara language [12]. Quinoa is widely cultivated, from sea level at the coast to
4000 m above sea level (m.a.s.l.). The plant’s natural geographical distribution ranges from southern
Colombia (2 ◦N) to the coast of south-central Chile (43 ◦S), including a branch in northwest Argentina
and some subtropical lowlands in Bolivia [13,14] (Figure 1). Originally, quinoa was domesticated in

Plants 2018, 7, 106; doi:10.3390/plants7040106 www.mdpi.com/journal/plants5
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southern Peru and Bolivia close to Titicaca Lake and evidence of human cultivation dates back to
between 8000 and 7500 years before present (B.P.) [15].

Figure 1. Geographic distribution of the five quinoa ecotypes.

Quinoa is traditionally classified into five ecotypes, based on geographic adaptation, as
follows: (1) valley = grown at 2000 to 3500 m.a.s.l. in Colombia, Ecuador, Peru, and Bolivia;
(2) altiplano = grown at high altitudes of more than 3500 m.a.s.l. around Titicaca Lake on the border
of Bolivia and Peru; (3) salares = grown in the salt flats of Bolivia and Chile and has a high tolerance
to salinity; (4) sea-level = grown in the low-altitude areas of southern and central of Chile; and (5)
subtropical or yungas = grown in the low-altitude, humid valleys of Bolivia and includes late-flowering
genotypes (Figure 1) [12]. Quinoa germplasm is highly diverse. The natural variability in different
traits, such as inflorescence type, seed color, seed size, life-cycle duration, salinity tolerance, saponin
content, and nutritional value, allows quinoa to adapt to diverse environments [16–23]. To protect
the genetic variability of quinoa in the Andean region, several gene banks have been created since
the 1960s. A total of 16,422 accessions have been conserved in 59 gene banks across 30 countries,
the majority of which are concentrated in Bolivia and Peru [23–25].

Quinoa is adapted to a wide range of marginal agricultural soils, including those with high salinity
and those prone to drought. Recently, several papers have primarily addressed salt and drought
tolerance in quinoa [14,26–33]. However, since the quinoa reference genome has been published [34],
new transcriptome studies in salinity and drought in quinoa have been completed. Furthermore,
information is limited about quinoa’s tolerance to other abiotic stress factors, such as frost, UV-B
irradiance, and high air temperature. The purpose of this review is to give an overview of the current
state of knowledge about quinoa tolerance to salt and drought, plus a variety of other abiotic stressors,
namely high air temperature, UV-B radiation, frost, waterlogging, and heavy metal contamination.
In particular, we discuss: (1) quinoa’s morphological, physiological, and molecular responses to
these stressors; (2) management strategies to reduce the effects of these stressors; and (3) recent
advancements in genetic and molecular resources that can help breeders improve quinoa’s tolerance
to abiotic stress.

2. Drought

Agricultural drought is defined as the insufficient soil moisture that causes a reduction in plant
production [35]. Quinoa is considered a drought-tolerant crop, capable of growing and producing seed
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grain in the semi-desert conditions of Chile, the arid mountain regions of northwest Argentina, and the
Altiplano area of Peru and Bolivia. These environments are characterized as extremely arid, with less
than 200 mm of annual rainfall [19,36–41]. Quinoa can also adapt and produce seed in semi-arid and
arid environments outside of the Andean region, such as Asia, North Africa, the Near East, and the
Mediterranean [28,42–45].

Although quinoa is inherently drought tolerant, different climatic models predict an increase in
drought frequency, especially in the altiplano region of the Andes, where quinoa is grown traditionally
by small farmers [46]. Thus, understanding the drought response mechanisms in quinoa is critical for
developing varieties with improved drought tolerance.

2.1. Drought Response Mechanisms in Quinoa

Plants develop different response mechanisms to endure a lack of water. These mechanisms can be
divided into three groups: (1) morphological strategies, such as avoidance, for instance, deeper roots,
and phenotypic flexibility related to ontogenic processes that can contribute to the scape and avoidance
strategy; (2) physiological strategies, such as antioxidant defense, cell membrane stabilization, plant
growth regulation, stomatal conductance, and osmotic adjustment; and (3) molecular strategies, such
as activating stress proteins (osmoprotectants) and aquaporins [47].

Quinoa’s flowering and milk grain stages have been established as the most drought-sensitive [38].
Several studies have been conducted to understand the quinoa plant’s mechanisms under drought
stress [39,48–54]. In a pot experiment under drought conditions, Jacobsen et al. (2009) reported an
increased concentration of abscisic acid (ABA) in the roots of quinoa altiplano variety ‘INIA-Illpa’,
which induced a decreased turgor of stomata guard cells [52]. The same mechanism was observed in
the leaves of sea-level variety ‘Titicaca’ when plants were grown under water deficient and control
conditions [51,54]. Furthermore, during drought stress of ‘Titicaca’, the concentration of xylem ABA
increased faster in the shoots than the roots [55]. Similar results were observed again in ‘Titicaca’
and altiplano variety ‘Achachino’; xylem sap ABA concentration increased two days after drought
treatment and decreased to the control levels after re-watering. Under the drought conditions, ‘Titicaca’
had higher ABA concentrations than ‘Achachino’ [56].

Other drought response mechanisms in quinoa are the synthesis of reactive oxygen species
(ROS) scavengers; accumulation of osmolytes as an antioxidant defense, particularly ornithine and
raffinose pathways; and the accumulation of soluble sugars and proline, which adjust cellular osmotic
potential [49,57–59]. Quinoa also develops response mechanisms to reduce water loss through
rapid stomatal closure, cellular water deficit regulation, and root-to-shoot ratios that trigger a high
water-use efficiency [50–52,54–56,60,61]. However, Jensen et al. (2000) found that quinoa altiplano
variety ‘Kankolla’ was insensitive to drought relative to stomatal response at early growth stages [53].
In response to this finding, they proposed that high net photosynthetic rates and a specific leaf area in
early growth stages support water uptake by larger root systems that helps the plant avoid drought
later on. Other drought response mechanisms could involve a delay in development when drought
was imposed at the pre-anthesis stage under Bolivian Altiplano conditions [62].

One of the major effects of drought on plants is a reduction in the photosynthetic rate, which is
primarily due to stomatal closure [63]. Leaf gas exchange and carbon isotope discrimination (Δ)
are common approaches used to study plants under drought conditions [64]. González et al. (2011)
evaluated leaf gas exchange and Δ13C in 10 quinoa genotypes grown in the arid mountain
region of northwest Argentina, which receives 160 mm of rainfall during the growing season [39].
Results showed that quinoa genotypes with higher stomatal conductance were capable of maintaining
higher photosynthetic rates. Additionally, the researchers observed high variability in the grain yield
among genotypes and found a positive correlation between Δ13C and yield. Similar results were
reported by [60], where drought-induced quinoa experienced pronounced stomatal and mesophyll
limitations to CO2 transport. However, in quinoa greenhouse experiments, indicators of leaf
photosynthetic capacity, such as the maximum quantum yield of PSII (Fv/Fm) and quenching analysis
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(qP and qN), were insensitive to water stress [50,60,65]. On the other hand, Fv/Fm decreased in
response to drought effects in the variety ‘Titicaca’ in a greenhouse experiment [54].

During two successive quinoa growing seasons in Morocco, field experiments used OJIP analysis,
defined by the O, J, I, and P steps that correspond to the redox states of the photosystem (PS II and
PS I); this analysis explores changes in the photosystem II (PSII) photochemical performance [66].
Results showed that drought stress in a sea-level grown ‘Puno’ variety induced a decrease in Fv/Fm

and in the quantum yield of electron transport (ϕE0), proposing OJIP parameters as a viable drought
stress evaluation tool. Conversely, another analysis of chlorophyll a fluorescence OJIP transient in
the sea-level variety ‘Red Head’, grown in semi-controlled conditions in Italy, revealed no difference
in 16 chlorophyll fluorescence parameters between control and drought treatments [60]. These two
contradictory studies likely demonstrate genotypic variability in the quinoa response to drought.
Consequently, additional studies that include a greater number of genotypes and simultaneous
measurements of gas exchange are required to establish chlorophyll a fluorescence OJIP transient’s
effectiveness as a drought evaluation tool for quinoa.

Finally, root system architecture and its relationship to soil moisture conditions has been studied
in quinoa and quinoa relatives. Quinoa roots exhibit faster elongation and abundant and longer
external branching of the roots that improve their foraging capacity compared to quinoa relatives
C. hiricinum and C. pallidicaule [67,68]. Recently, a root system architecture and dynamics study was
conducted in drought conditions, comparing C. hiricinum and C. pallidicaule, a rainy-habitat and
a dry-habitat quinoa genotype, respectively. Results showed that the quinoa genotypes exhibited
accelerated taproot growth in dry soil conditions compared to the other two species. Furthermore,
the quinoa genotype from the dry habitat showed longer, coarser, and more numerous root segments
than the wet-habitat genotype [48]. These findings led the authors to suggest quinoa as a promising
plant model to investigate biophysical and ecophysiological traits of plant rooting in deep soil layers.

2.2. Field Studies Under Drought Conditions

In Italy, Pulvento et al. (2012) found that yields for ‘Titicaca’ ranged between 2.30–2.70 t ha−1

whether grown under high irrigation (300–360 mm) or deficit irrigation (200–220 mm) during the
growing season [44]. Thus, the study concluded no significant yield reductions due to a lack of
water. Similar results in the yield with the same variety were observed in Demark when plants
were grown under irrigated and non-irrigated conditions in sand, sandy loam, and sandy clay loam
soils [69]. However, in Egypt, five quinoa genotypes were evaluated under three different growing
season water regimes, consisting of high (820 mm), moderate (500 mm), and low (236 mm) irrigation
treatments (rainfall + irrigation). Results showed high variability in morphological traits and yield
among genotypes across the different water regimes. For instance, sea-level variety ‘QL-3’ exhibited
the biggest reduction in yield (56%) under severe water stress; valley variety ‘CICA-17’ showed the
smallest reduction (12%) [70].

Quinoa yield reductions under dryland conditions were reported for sea-level varieties ‘Cherry
Vanilla’ and ‘Oro de Valle’ when grown in an organic field in Pullman, WA—an area characterized by
dry, warm summers [71]. This study was carried out under three intercrop treatments (clover/medic
mix, fescue grass/clover mix, and a no intercrop control) and three irrigation regimens (dryland,
64 mm, and 128 mm of water). Results showed that neither of the two intercrop treatments affected
the quinoa yield under irrigated or non-irrigated conditions. However, irrigation can relieve the effect
of high temperature; for instance, the mean yield under the dryland regime increased from 0.2 t ha−1

to 1.2 t ha−1 with an extra 128 mm of water during the growing season [71].

2.3. Irrigation Strategies to Mitigate Drought Stress

The crop coefficient (Kc) is the ratio of evapotranspiration of a crop to a reference crop, such as a
perennial grass. Kc helps predict crop irrigation needs in different phenological development stages
using meteorological data from a weather station [72]. To estimate irrigation requirements for the
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quinoa altiplano variety ‘Chucapaca’ grown in the Bolivian Altiplano, Garcia et al. (2003) calculated Kc

as 0.52, 1.00, and 0.70 for the initial, mid-season, and late-season phenological stages, respectively [73].
In contrast, Kc values for the variety ‘Titicaca’ grown in Demark were higher than values reported
for the Bolivian Altiplano, equaling 1.05, 1.22, and 1.00 for initial, mid-season, and late-season stages,
respectively [69]. Full irrigation to increase the quinoa yield in water-scarce regions is not an option;
however, partial root zone drying and deficit irrigation are practices that reduce the amount of water
used during the growing season without detriments to yield and might be useful alternatives [38,74].
Nevertheless, in regions with poor quality water (saline groundwater table), deficit irrigation must be
managed with caution to avoid high salt accumulation in the root zone [75].

2.4. Other Drought Stress Mitigation Strategies

In addition to irrigation, several other approaches for relieving drought stress in quinoa have been
studied. For example, greenhouse experiments with ‘Titicaca’ showed that applications of nitrogen (N)
supplied as ammonium nitrate (NH4NO3) at a rate of 0.6 g N plot−1 could improve plant performance
under water stress. Observed drought tolerance mechanisms included faster stomatal closure, lower
leaf water potential, and higher leaf ABA concentrations [76]. Other studies of drought stressed
quinoa have found that adding compost and acidified biochar to soils under drought conditions
can improve quinoa plant growth, yield, physiological, and antioxidant activity, and chemical and
biochemical attributes of quinoa seeds [77–80]. For example, under field conditions in Morocco, organic
amendments can relive the drought effect in quinoa; yields increased from 1.7 to 2.0 t ha−1 using
10 t ha−1 of compost under non-irrigated conditions [78,79]. Similar increases in yield were observed
for two quinoa genotypes grown in the semi-arid conditions of Chile when vermicompost was used
to enhance soil organic matter [40]. The yield increased from 5.8 g plot−1 to 9.4 g plot−1 by adding
acidified biochar in drought conditions [80,81].

Moreover, a study with quinoa genotype ‘V9’, subjected to varying irrigation regimes,
demonstrated that foliar applications of 150 mg L−1 synthetic ascorbic acid and 25% concentration of
orange juice (natural ascorbic acid) diluted in distilled water mitigated the harmful effects of drought
stress in quinoa [77]. Plant growth, total carotenoids, free amino acids, and several antioxidant
enzymes increased due to synthetic ascorbic acid and orange juice in drought conditions [77].
Exogenous ascorbic acid protects lipids and proteins from the plants against drought-induced oxidative
adversaries [82]. Proline was used as another foliar treatment under field conditions in Egypt [83].
Results showed that foliar applications of 12.5 mM and 25.0 mM of proline improved growth
parameters, relative water content, yield components, and nutritional values. Applications of 25.0 mM
of proline increased the yield from 6.23 g plant−1 to 8.56 g plant−1 in drought conditions. Additionally,
a pot experiment under greenhouse conditions using the quinoa sea-level variety ‘Pichaman’ showed
that applying 80 mM of exogenous H2O2 as a seed primer and 15 mM as a foliar spray improved the
quinoa performance under drought conditions. For instance, plants exhibited higher photosynthetic
rates, stomatal conductance, chlorophyll content indices, proline levels, sugar contents, and ABA
regulation [84]. Exogenous H2O2 acts as an oxidative modifier and mobilizer of stored proteins [85].

Unique fungal-root associations in quinoa may aid in the plant’s ability to tolerate drought
conditions. Several studies have characterized the endophytic fungi associated with quinoa roots and
bacterial endophytes in quinoa seeds [86–89]. Quinoa roots were collected in natural conditions close
to the Salt Lake of the Atacama Desert in Chile. Molecular analysis showed that quinoa roots shelter
a diverse group of endophytic fungi. Penicillium, Phoma, and Fusarium genera dominated the fugal
community [90]. The fungus Penicillium minioluteum, isolated from the characterization described
above, was used to study the effects of root endophytic fungi on drought stress in a quinoa variety
from the Atacama Desert. Results demonstrated a 40% improvement in root biomass relative to the
treatment with no inoculum. However, the study found no improvement in photosynthesis, stomatal
conductance, or photochemical efficiency by the presence of the endophytic fungi. Thus, the interaction
between P. minioluteum and quinoa exhibited a positive response in root biomass, but only under
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drought conditions [86]. Another study was conducted using the root endophyte Piriformospora
indica and the quinoa valley variety ‘Hualhuas’ under greenhouse conditions. Results showed the
successful colonization of P. indica in quinoa. This association could mitigate some drought effects
by improving the plant water and nutrient status, resulting in the capacity to increase total biomass,
stomatal conductance, leaf water potential, and net photosynthesis [87].

2.5. Seed Quality Under Water Limitations

Environmental and climatic factors influence the nutritional quality of quinoa seeds. Variations
in amino acids, protein content, mineral composition, and phytate were observed in 10 quinoa
varieties between two semi-arid locations, northwest Argentina and the Bolivian Altiplano [91].
The interaction between genotype and environment (G × E) was responsible for mineral composition,
amino acids, and protein variations among quinoa varieties [91,92]. Similar results were found with
three quinoa varieties planted in Chile, Argentina, and Spain. For example, seed quality was primarily
dependent upon G × E, with the exception of saponin and fiber content, which were more stable
across locations [93].

In another study with two sea-level varieties, ‘Cherry Vanilla’ and ‘Oro de Valle’, seed protein
content increased when quinoa was grown with irrigation and a clover-medic mixture intercrop
system, compared to the same intercrop system without irrigation. Furthermore, the irrigated plants
exhibited increased seed concentrations of P, Mg, and Fe, but decreased concentrations of Ca, Cu, and
Zn, compared to the non-irrigated treatment [71]. On the other hand, Pulvento et al., (2012) found
no differences in any aspect of seed quality in ‘Titicaca’ among three different irrigation treatments.
However, seed fiber and saponin content increased when the quinoa plants were well-irrigated,
compared to plants without irrigation [44].

In the south-central zone of Chile, seed quality was evaluated in quinoa sea-level varieties
‘Regalona’, ‘AG2010’, and ‘B080’, grown under four regimes of water availability in both greenhouse
and field experiments. Results showed an increase in the seed antioxidant capacity of all three varieties
and a minimal reduction in seed yield in ‘AG2010’ under 20% soil water availability relative to 95% soil
water availability [94]. Moreover, 20% soil water availability in ‘AG2010’ increased globulin content,
and the effect of washing quinoa seeds with water changed the concentration and electrophoretic
pattern of albumins and globulins [95].

2.6. Gene Expression Under Water Limitation

Raney et al. (2014) performed the first RNA sequencing (RNA-seq) transcriptome analysis on
quinoa under drought conditions with two varieties: valley variety ‘Ingapirca’ and salares variety
‘Ollague’. ‘Ollague’ demonstrated a greater drought tolerance compared to ‘Ingapirca’, based on
several physiological parameters, including stomatal conductance, photosynthetic rate, and stem
water potential [96]. RNA-seq using root tissue from both varieties under a control and different
water stress treatments, identified 462 differentially expressed contigs and 27 putative genes with
regulatory functions based in the interaction terms. Several of these 27 genes have unknown protein
functions. However, other genes, such as AUR62041909 and AUR62015321, have known functions.
Specifically, gene AUR62041909 functions as an intermediate in the biosynthesis of flavonoids in plants.
Gene AUR62015321 belongs to the dirigent family of proteins, which are induced during the disease
response in plants and are involved in lignification [97].

Heat-shock proteins (HSPs) have been studied since the 1960s as one of the stress-inducible
proteins under several types of stress, but mostly under lethal temperatures [98]. In recent decades,
HSPs have gained more attention as molecular chaperones, preventing the accumulation of other
proteins and playing an important role in protein folding [99]. HSP superfamilies are grouped based
on molecular weight, for example, HSP100, HSP90, HSP70, HSP60, and small heat-shock proteins
(sHSPs) [98]. The HSP70s are not only up-regulated during heat stress conditions in plants, but also
play an important role in response to other stresses, such as drought [100]. Recently, Liu et al., (2018)
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identified and characterized 16 quinoa HSP70 members (Cqhsp70s) in the newly sequenced quinoa
genome [34], based on HSP70s in Arabidopsis [101]. Their study analyzed the expressions of 13 Cqhsp70s
genes under drought conditions induced by polyethylene glycol 6000 (PEG6000). Results showed a
significant variation in the gene response to drought stress. For instance, the expression of six out the
13 Cqhsp70s genes was down-regulated at the beginning of drought stress and during the recovery time.
In another example, the expression of the gene AUR62024018 remains high throughout the duration
of the drought treatment. Moreover, one-half of the genes evaluated exhibited a “drop-climb-drop”
expression pattern, which was similar to the homolog genes in Arabidopsis.

In other work, Morales et al., (2017) studied the transcriptional responses of quinoa under
drought stress [102]. First, they found that the salares variety ‘R49’ presented the highest drought
tolerance compared to ‘PRJ’ and BO78 sea-level varieties; ‘R49’ displayed the best performance on
physiological parameters, such as relative water content, electrolyte leakage, and (Fv/Fm). Second,
RNA-seq was carried out on ‘R49’ under control and drought conditions. Fifty-four million reads
were obtained for the control and 51 million for drought conditions. All reads were assembled
into 150,952 contigs; 19% of genes (306 contigs) were not represented in published databases of
homologous genes. Fifteen target genes were selected to analyze gene expression. Some of these genes
were selected based on other plant models in which these genes have been induced under drought
stress, focusing on ABA biosynthesis and ABA transport pathway functions. Other target genes
were selected based on those that exhibited changes of representation reads by RNA-seq in quinoa.
Results showed that just two genes associated with ABA biosynthesis, CqNCED3a and CqNCDE3b,
which are localized in plastids, were up-regulated in response to drought in quinoa. Moreover, all
genes that exhibited changes from representation reads, CqHSP20 (putative chaperones hsp20- protein
superfamily), CqCAP160 (cold acclimation protein 160), CqLEA (late embryogenesis abundant protein
family protein), CqAP2/ERF (integrase-type DNA-binding protein superfamily), CqPP2C (protein
phosphatase protein family 2c), CqHSP83 (chaperone protein, protein family HTPG), and CqP5CS
(delta 1-pyrroline-5-carboxylate synthase 2), were up-regulated. In particular, genes CqHSP20 and
CqLEA were altered over 140-fold expression. Both HSP studies described above concur that HSPs
play an important role in the adaptation of quinoa under drought stress. Thus, quinoa could be an
excellent model species to study HSPs under multiple stresses, such as drought, heat, and salinity.

3. Salinity

Salinity refers to the presence of the major dissolved inorganic solutes, mainly Na+, Mg2+, Ca2+,
K+, Cl−, SO4

2−, HCO3
−, and CO3

2−. Soil salinity refers to the soluble plus readily dissolvable salts
in the soil or in the aqueous extract and is quantified as the total concentration of the salts or by
measuring the electrical conductance (EC) of a saturation soil extract. Soils are considered saline
when EC is more than 4 dS m−1 at 25 ◦C [103]. The response of quinoa to salinity has been studied
intensely during the last 20 years, prior to May 2018. Over 120 studies on the relationship between
salinity and quinoa were published between 1998 and 2018; of these, approximately 60% of the studies
were published within the last five years. Three extensive reviews about quinoa as a model for
understanding salt tolerance have been published [26,33,104]. In the following, we briefly summarize
the response mechanisms associated with quinoa’s salt tolerance and then detail new advances in gene
transcription for understanding quinoa’s response to high salinity.

High salinity is considered one of the major abiotic stresses that limit crop yields because it causes
reduced photosynthesis, respiration, and protein synthesis. Photosynthesis reduction, membrane
denaturalization, nutrient imbalance, stomatal closure, and a dramatic increase in ROS production are
the main physiological changes in plants under salinity stress [105–107]. High accumulations of ROS
cause serious plant toxicity, including oxidative damage in proteins, lipids, and DNA; whereas, low
concentrations of ROS act as signaling molecules [108–111].
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3.1. Tolerance and Effects of High Salinity in Quinoa

Quinoa has been identified as a facultative halophyte crop, with greater salt tolerance than
barley, wheat, and corn [112–114], as well as vegetable crops, such as spinach, carrots, onion, and
even asparagus [115]. A high variability in salinity tolerance among quinoa genotypes has been
reported [20,116–119]. Traditionally, only genotypes from the Bolivian Salares were thought to have a
high tolerance to salinity [12]. However, salinity tolerance in quinoa does not correlate with geographic
distribution; varieties from coastal regions of Chile and highland areas outside the Salares ecoregion
have similar or even higher salt tolerance levels [113,118,120–122]. Additionally, a wild relative of
quinoa (Chenopodium hircinum) was found to have a much higher salinity tolerance level than quinoa
cultivars [118].

In general, quinoa can tolerate moderate to high levels of salinity, ranging from a salt concentration
of 150 mM NaCl (electrical conductivity ~15 dS m−1) to as much as 750 mM NaCl (electrical
conductivity ~75 dS m−1) [120], which is greater than the salinity of seawater (>45 dS m−1) [26].
In contrast, yields for glycophyte crops, such as wheat, rice, corn, and peas, start declining when the
soil solution exceeds 40 mM NaCl (electrical conductivity ~4 dS m−1) [112,114,123].

The optimal salinity conditions for quinoa growth are between 100 to 200 mM NaCl [123–125].
Plant seedling and germination stages are the most sensitive to salinity, even for halophytes [126,127].
Salt concentrations between 100 to 250 mM NaCl do not affect germination rates in most quinoa
genotypes [95,117,125,128–132]. However, concentrations between 150 to 250 mM NaCl delay the
onset of germination [117,120,130]. Changes in invertase activity and soluble sugar metabolism have
also been detected during the quinoa germination process under saline stress [130,133]. At the seedling
stage, the sugar concentration can increase or decrease, depending on the genotype, in both cotyledons
and roots when grown under 200 to 400 mM NaCl.

The osmotic stress produced by a high salt concentration increases ABA production in roots and
subsequent transport to the leaves as a signal to regulate stomatal conductance. The closure of stomata
reduces water loss but also CO2 uptake, thereby inhibiting photosynthesis [134]. Different experiments
in semi-controlled conditions under salinity treatments have been conducted in quinoa to evaluate
photosynthesis. In two quinoa varieties, salares variety ‘Utusaya’ and ‘Titicaca’, the CO2 assimilation
was reduced to 25% and 67%, respectively, when plants were grown at 400 mM NaCl [135]. In the
altiplano variety ‘Achachino’, an increase of salinity from fresh water to 250 mM NaCl reduced the
net assimilation rate of photosynthesis from 30 μmol CO2 m−2 s−1 to 10 CO2 μmol m−2 s−1 in a
Photosynthetic Active Radiation (PAR) level of 1500 μmol m−2 s−1 [136]. Another experiment with
the valley variety ‘Hualhuas’ showed a 70% reduction in the net photosynthetic rate when plants were
grown under a salinity level of 500 mM NaCl [137]. Saline groundwater treatments with 100, 200, 300,
and 400 mM NaCl were used in an experiment ‘Titicaca’. Results showed that increasing the water
salinity from 100 to 400 mM NaCl reduced the net assimilation rate of photosynthesis by 48% and
seed yield by 72% [138]. On the other hand, the elevated atmospheric CO2 (540 ppm) mitigated the
effect of high salinity by tempering the stomatal limitation effect on photosynthesis, and consequently,
reducing the hazard of oxidative stress [139].

The variety ‘Titicaca’, grown in field conditions under 22 dS m−1 and limited water in a
Mediterranean environment, exhibited no yield reduction [44,51]. In another experiment with the same
variety, the seed yield was reduced by 32% when plants were grown under 40 dS m−1 compared to
the control (0 dS m−1) [69]. However, under the same Mediterranean conditions, the sea-level variety
‘Red head’ grown under 30 dS m−1 exhibited a high susceptibility to salinity; various physiological
parameters such as photosynthesis were affected [60].

Recently, new approaches such as halotolerant rhizobacteria and seed priming have been studied
as alternatives to improve quinoa’s physiological response to salinity stress [140,141]. For example,
plant growth-promoting rhizobacteria have been used to alleviate the damage caused by salt stress
because of their ability to fix nitrogen, produce siderophores, dissolve mineral insoluble phosphate,
and produce phytohormones [142]. Seed priming partially hydrates seeds to the point of initiating
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the germination process. Treated seeds are then usually re-dried before planting. Different priming
techniques are available, depending on which seed-embedding substance is used [143].

Yang et al. (2016) studied the relationship between plant growth-promoting halotolerant bacteria
(Enterobacter sp. and Bacillus sp.) and quinoa under saline conditions [140]. Results showed that both
strains mitigated the negative effects of salinity, reducing Na+ uptake and improving water relations
when the plants were grown at 300 mM NaCl. The same research group demonstrated that using
saponin as a seed primer bio-stimulated quinoa germination under 400 mM NaCl [141]. In addition,
seed priming ‘Titicaca’ with water (hydropriming) and with polyethylene glycol (osmopriming)
showed that both hydropriming and osmopriming improved germination in salinity conditions [144].

Paclobutrazol, a gibberellic acid biosynthesis inhibitor, has been used to increase the yield
and reduce plant height in quinoa [145]. More recently, Waqas et al. (2017) used this approach to
mitigate salt stress in quinoa. They applied paclobutrazol (20 mg/L) on the leaves of sea-level variety
‘Pichaman’ under high salinity conditions (400 mM NaCl). Results showed improved chlorophyll and
carotenoid content, enriched stomatal density on both leaf surfaces, and increased accumulation of
osmoprotectants and antioxidants in leaf and root tissues [146]. All approaches described above could
be excellent alternative tools to improve the quinoa yield in high salinity conditions.

3.2. Epidermal Bladder Cells and Stomatal Density

Morphological traits such as stomatal density and epidermal bladder cells (EBCs) have been
studied in quinoa under salinity stress [119,120,136,147–151]. EBCs are modified epidermal hairs and
classified as trichomes, along with glandular hairs, thorns, and surface glands. EBCs are shaped
like gigantic balloons, with a diameter that is around 10 times bigger than epidermal cells, and can
sequester 1000-fold more Na+ compared with regular leaf cell vacuoles. EBCs accumulate water
and different metabolites, such as betaine, malate, flavonoids, cysteine, inositol, pinitol, and calcium
oxalate crystals. The main function of calcium oxalate is to regulate calcium levels and protect the
plant against herbivores [152]. EBCs likely play a role in plant tolerance to ultraviolet (UV) light
because they accumulate betacyanins and flavonoids, which are associated with UV protection and
water homeostasis functions [153,154]. EBCs in Chenopodium species have a defensive function against
herbivore insects and serve as structural and chemical components of defense [155]. EBCs play
important roles in halophyte plants, such quinoa and Atriplex species. Their primary roles are
the sequestration of sodium, improved K+ retention, and the storage of metabolites, which help to
modulate plant ionic relations, mainly gamma-aminobutyric acid [147].

In quinoa, EBCs are localized in leaves, stems, and inflorescences (Figure 2A,B). EBC density does
not increase in response to high salinity [120,136]. However, the number of EBCs is greater in young
leaves than in old leaves [135,156]. High sequestration of Na+ in the EBCs from young leaves of quinoa
under saline conditions (400 mM NaCl) has been reported [156]. Recently, with the assembly of a draft
quinoa genome for the salares variety ‘Real’, transcriptome sequencing on bladder cells under both
salt-treatment (100 mM NaCl) and non-treatment conditions has been conducted [148].

Stomatal area and density have been studied in quinoa under a variety of salinity
conditions [120,136,151]. A salinity concentration of 400 mM NaCl was shown to reduce the number
of stomata per leaf area in young, intermediate, and old leaves in ‘Titicaca’ [151]. Similar results were
observed in the Chilean sea-level variety ‘BO78’; the highest reduction in stomatal density (54%) was
under 750 mM NaCl, compared with the untreated control [120]. Another study with 14 quinoa
varieties by Shabala et al., (2013) demonstrated that stomatal densities in all varieties decreased when
plants were grown in 400 mM NaCl [119]. Furthermore, the study found a strong positive correlation
between stomatal density and plant salinity tolerance. Opposite results were observed in ‘Achachino’,
where stomatal density increased ~18% when the plants were grown at 250 mM NaCl; nonetheless,
stomatal size was reduced by the salinity effect [136]. Stomatal density and size could be a key
mechanism for optimizing water-use efficiency under saline conditions.
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Figure 2. Epidermal bladder cells (EBCs). (A) EBCs localized in the quinoa flower. Left, micrograph of
quinoa flower. Right, scanning electron micrograph of quinoa flower. (B) Micrograph of quinoa leaves
in two different varieties of EBCs.

3.3. Mechanisms of Salt Tolerance

Several studies to identify mechanisms of salt tolerance in quinoa have been conducted over the
last 15 years. Quinoa has diverse mechanisms to withstand high levels of salt, including the efficient
control of Na+ sequestration in leaf vacuoles, xylem Na+ loading, higher ROS tolerance, better K+

retention, the upkeep of low cytosolic Na+ levels, the reduction of slow and fast tonoplast channel
activity, and a high rate of H+ pumping in the mesophyll cell [26,33,156,157].

The accumulation of compatible solutes, such as proline and total phenolics, is associated with
salt tolerance in quinoa [51,59,125,131,132,158,159]. However, Ismail et al., (2016) showed that proline
may not play a major role in either osmotic adjustment or in the tissue tolerance mechanism [160].
But, the non-enzymatic antioxidant rutin improves quinoa salinity tolerance by scavenging hydroxyl
radicals. Choline (Cho+) is a metabolic precursor for glycine betaine and plays an important role in
the osmotic adjustment to salinity stress in quinoa [161]. Polyamines were studied in four Chilean
varieties under control (0 mM NaCl) and 300 mM NaCl conditions. The total amount of polyamines
was reduced under the salinity conditions; however, the ratio of (sperdimidine+spermine)/putrescine
increased up to 10-fold [132]. In addition, the activity of antioxidant enzymes changes in response
to salinity in quinoa. For example, Panuccio et al. (2014) observed that, in quinoa seedlings of
‘Titicaca’, the regulation of antioxidant enzymes depended on the type and concentration of salt [129].
NaCl resulted in higher activity levels of superoxide dismutase (SOD), peroxidase (POX), ascorbate
peroxidase (APX), and catalase (CAT), compared to the other salts evaluated (KCl, CaCl2, MgCl2).
The exception was seawater from the Tyrrhenian Sea, which produced a major increase in POX, APX,
and CAT activity [129].

High concentrations of NaCl can generate K+ and H+ fluxes in quinoa roots to the apoplast;
thus, the activation of plasma membrane H+-ATPase is needed to avoid further K+ leakage from the
cytosol [120,125]. H+-ATPase is one of the active transporters, along with channels and co-transporters,
that maintain intracellular K+ and Na+ homeostasis [162]. An analysis of cytosolic Na+ showed that
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Na+ is removed quickly from the cytosol. The high K+ concentration in both roots and shoots permitted
higher pump activity when plants were grown under moderate salinity conditions [123]. Likewise,
Cho+ blocks the tonoplast slow vacuolar channels in quinoa leaf and root tissue, triggering efficient
Na+ sequestration [161].

Recently, the activity of mitogen-activated protein kinase (MAPK) under saline conditions
(400 mM NaCl) was studied in quinoa seeds and seedlings. MAPK activities were highest in seeds
and decreased during germination. Changes in MAPK activities occurred soon after imbibition, either
with water or salt. Furthermore, under the salinity conditions, the decrease in MAPK activity occurred
sooner than in non-stressed conditions [89].

3.4. Seed Composition Under Salinity Conditions

A few studies have reported changes in seed quality under saline conditions. The nutritional
quality of 10 varieties of quinoa (nine from the Bolivian Altiplano and one from the Northwest
Andean region of Argentina) was evaluated in two locations: Encalilla-Argentina (electric conductivity
2 dS m−1) and Patacamaya-Bolivia (electric conductivity 7 dS m−1). Results demonstrated that
essential amino acids were affected more by salinity than yield and protein level. Seven of the
10 varieties studied exhibited increased essential amino acids when grown in the higher salinity
location [91].

Quinoa varieties ‘Titicaca’ and ‘Q52’ were evaluated under field conditions in Italy using
different irrigation regimes under saline conditions (22 dS m−1). Results showed that seed fiber
and saponin content decrease in response to the highest level of saline water; however, protein content
was unaltered [44,163]. Similar results in seed fiber were found in the variety ‘Hualhuas’ under
field conditions of 17.9 dS m−1 in the northwestern part of Sinai-Egypt [124]. On the other hand,
seed protein content in eight different varieties increased under a saline-sodic soil (6.5 dS m−1) in
Larissa-Greece [164]. Similarly, four sea-level quinoa varieties, consisting of ‘CO407D (PI 596293)’,
‘UDEC-1 (PI 634923)’, ‘Baer (PI 634918)’, and ‘QQ065 (PI 614880)’, exhibited increased seed protein
content when grown under 32 dS m−1 Na2SO4 conditions. In contrast, the study found no change
under the same concentration of NaCl [165].

Prado et al. (2014) found variation in the concentrations and tissue distributions of 18 mineral
elements in the seeds of seven different quinoa cultivars from Patacamaya, Bolivia (3960 m above sea
level) and from Encalilla, Argentina (1980 m above sea level) [92]. The data clearly showed inter- and
intra-varietal differences in seed mineral concentrations between the two sites, strongly suggesting
that G × E interactions were responsible for mineral variation among the quinoa cultivars. In another
study, the mineral content of calcium (Ca), magnesium (Mg), zinc (Zn), and manganese (Mn) in quinoa
seeds decreased in response to saline-sodic soil in Larissa-Greece [164]. Similar results were found
for the valley variety ‘Hualhuas’ under field conditions, with 17 dS m−1 in the northwestern part of
Sinai-Egypt [124]. Using X-ray microanalysis, the study found high Na+ accumulation in the pericarp
and embryo tissues of quinoa seeds, but low amounts in the perisperm. Furthermore, concentrations
of essential minerals such as Fe increased due to the high salinity conditions [124].

Proteomic and amino acid profiles, phenolic content, and antioxidant activity of protein extracts
of seeds from three quinoa varieties, consisting of salares variety ‘R49’ and sea-level varieties ‘VI-1’
and ‘Villarrica’, were analyzed under two salinity levels (100 and 300 mM NaCl) (Aloisi et al., 2016).
Results showed a reduction in all amino acids derived from protein hydrolysis in ‘VI-1’ and ‘Villarrica’.
However, several amino acids remained unchanged or increased with increasing salinity in ‘R49’.
Total polyphenol content increased in the three genotypes with increasing salinity, with the largest
increase in the ecoytpe ‘R49’. Similarly, the increases in total flavonoids and total antioxidant activity
were more evident in ‘R49’ [116]. In contrast, no change was observed in total polyphenol content in
the sprouts of ‘B080’ under 150 mM NaCl conditions; nevertheless, sprout growth was reduced [95].
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3.5. Gene Expression Under Saline Conditions

Ruiz et al. (2016) described important transcription genes related to the salinity response
in quinoa [33]. However, with the recent publication of one robust and two draft quinoa
genomes [34,148,166], several new potential genes have been identified that may also play a role
in quinoa’s response to salt stress. Table S1 summarizes the genes and candidate genes that have been
studied in quinoa under saline conditions.

Exclusion of Na+ from the cytoplasm is encoded primarily by two genes. One gene is Salt
Overly Sensitive 1 (SOS1), which encodes a Na+/H+ antiport located at the plasma membrane of
epidermal root cells and functions to extrude Na+ out of the cell [167–169]. The other gene is
tonoplast-localized Na+/H+ exchanger 1 (NHX1), which sequesters Na+ inside the vacuole [170,171].
Maughan et al. (2009) cloned, sequenced, and characterized two homoeologous SOS1 loci (cqSOS1A
and cqSOS1B) in saline conditions (300 mM NaCl) using the quinoa salares variety ‘Ollague’ [172].
They observed that both genes were up-regulated in the leaves, but not in the roots. Similar results
were reported for other quinoa varieties when plants were grown in 300 mM NaCl and 450 mM
NaCl [132,173]. However, up-regulation of the gene CqNHX1in shoots and roots was observed in a
salt-tolerant variety from Chile when plants were grown in 300 mM NaCl [33,122,132]. In addition,
transcription levels of tonoplast intrinsic protein 2 (TIP2) and betaine aldehyde dehydrogenase (BADH)
were reported when the two salares varieties ‘Ollague’ and ‘Chipaya’, and one valley variety ‘CICA’,
were grown in 450 mM NaCl [173]. Up-regulation of BADH in roots was found in the salares-type
genotypes, indicating that betaine plays an important role in decreasing salt stress in roots. Moreover,
results revealed that other genes are involved in the mechanisms of the salt stress response [173].

Abscisic acid (ABA), polyamine (PA), and proline biosynthesis genes were studied in two quinoa
varieties, ‘R49’ from salares and ‘Villarica’ from sea-level under saline conditions (300 mM NaCl).
The expression of 22 genes was common to both varieties. The salt adaptation mechanism was
based primarily on ABA-related responses. For example, the gene encoding for the key enzyme in
ABA biosynthesis 9-cis-epoxycarotenoid dioxygenase (NCED) was the most strongly induced [122].
Likewise, a phylogenetic analysis showed that gene families in ABA signaling were distributed
more often in the quinoa genome compared to other Amaranthaceae species [166]. Identification
of ortholog genes involved in ABA biosynthesis, transport, and perception in quinoa under saline
conditions was reported. Hence, quinoa contains neoxanthin synthase (NSY), ABA4, short-chain
dehydrogenases/reductases (SDRs) genes, and 11 NCEDs, which are involved in the ABA biosynthetic
pathway. The number of these genes in quinoa is nearly two-fold compared to other diploid plants.
For example, a higher number of ABA receptor and transportation genes was observed in quinoa, with
22 ABA receptor pyrabactin resistant (PYL) family genes and 81 genes from the ABC transports group
(ABCGs) compared to 10 PYL and 34 ABCGs in Amaranthus hypochondriacus [148].

A transcriptome analysis of bladder cells in quinoa compared a salinity treatment (100 mM NaCl)
to non-treated conditions [148]. Results showed a higher expression of genes relative to energy import
and ABA biosynthesis in bladder cells compared with the leaf lamina. For instance, anion transporter
genes, such as cell anion channels (SLAH), nitrate transporter (NRT), and chloride channel protein
(C1C), and cation transporter genes, including NHX1 and K+ transporter (HKT1), exhibited a higher
expression in bladder cells. After the salt treatment, 180 and 525 differentially expressed genes were
identified in leaf lamina and bladder cells, respectively. However, the two tissues shared only 25 genes,
indicating that leaf and bladder cells respond differently to salinity [148]. Additionally, genes involved
in suberin and cutin biosynthesis are significantly enriched in bladder cells under salinity. On the other
hand, photosynthesis and chloroplast protein-encoding genes were down-regulated. The transcript
levels of two NCED genes and some of the short-chain SDR genes in bladder cells were six-fold
and 1000-fold higher, respectively, than in leaf cells. Furthermore, an elevated expression of ABA
transporter and ABA receptor genes was found in bladder cells. Together, the above results suggest
that bladder cells might maintain a high level of ABA homeostasis [148]. The ABA biosynthesis
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pathway shares responsive neoxanthin with an upregulation of NCED genes from both drought and
salt stress [148].

RNA-seq analyses with a comparative genomics and topology prediction approach were
conducted to identify new transmembrane domain genes in quinoa under saline conditions (300 mM
NaCl); 1413 genes were differentially expressed in response to salt [118]. However, 219 genes
were chosen after selecting for only genes that encoded proteins with more than one predicted
transmembrane domain. These 219 candidate genes were further studied using the sequence
information of 14 quinoa varieties (six sea-level, four altiplano, two valley, and two salares), five
C. berlandieri accessions, and two C. hircinum accessions [34], and physiological data under salinity
conditions. Using copy number variation (CNV) and the presence of SNPs between the five most
salt-tolerant and the five most salt-sensitive accessions, 14 candidate genes were identified, and six
SNPs were located in the first exon of the AUR62043583 gene (Table S1). Thus, the study found
15 new candidate genes that could contribute to the differences in salinity tolerance among quinoa
varieties [118].

Betalains are tyrosine-derived, red-violet and yellow pigments found exclusively in Caryopyllales
plants, including quinoa. Betalains are involved in salt stress tolerance due to their antioxidant
activity [174]. Mutagenesis using ethyl melthanesulfonate on the quinoa variety ‘CQ127’ revealed that
the gene CqCYP76AD1-1 is involved in the green hypocotyl mutant [175]. This gene was then isolated
and shown to be light-dependent in quinoa hypocotyl. These findings suggest that CqCYP76AD1-1 is
involved in betalain biosynthesis during the hypocotyl pigmentation process in quinoa [175]. This gene
should be interesting to study under salinity stress because the betalain accumulation could play an
important role in protecting quinoa hypocotyl.

In conclusion, due to its recently sequenced genome and high tolerance to salt stress, quinoa
has become an important model crop to further our understanding of how plants respond to salinity.
In recent years, using the new molecular tools, several novel genes have been reported. However,
validation of these genes is necessary; thus, efforts to transform quinoa have begun to understand the
functions of these genes. Furthermore, quinoa’s strong genotype-dependent response to salinity offers
breeders the opportunity to work with diverse quinoa genotypes to develop new salt-tolerant varieties
with a high grain quality and other valuable traits.

4. High Temperature

Excessively high temperature during plant growth is considered one of the most important abiotic
stresses, and is being reported with increasing frequency due to the consequences of present-day
climate change [176]. Worldwide, extensive agricultural losses have been attributed to heat, often in
combination with drought [1,8,177]. Heat stress in plants is defined as an increase in air temperature
above the optimum growth temperature for a length of time sufficient to cause damage and, hence,
limit growth and development [178]. Heat stress produces different responses across plant species,
depending on the temperature duration and the plant developmental stage [179,180].

Effects of heat stress include: (1) morphological changes, such as the inhibition of shoot and
root growth and increased stem branching; (2) anatomical changes, such as reduced cell size and
increased stomatal and trichome densities; and (3) phenological changes [5,178,181]. In addition
to morpho-anatomical changes, physiological effects of heat stress include protein denaturation;
increased membrane fluidity; cytoskeleton instability; changes in the respiration, photosynthesis,
and activity of carbon metabolism enzymes; osmolyte accumulation; chloroplast and mitochondrial
enzyme inactivation; changes in phytohormones, including ABA, salicylic acid, and ethylene; and the
induction of secondary metabolites [178,182].

Heat stress induces oxidative-stress-generating ROS, in the same way than in drought or salinity
stress, high accumulations of ROS cause serious plant toxicity; however, low concentrations of ROS act
as a signaling molecule that activates other plant processes, such as programmed cell death [5,176,178].
Finally, heat-shock proteins (HSPs) play a central role in the heat stress response (HSR) when plants
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suffer from either an abrupt or gradual increase in temperature [178,183]. Several studies have
indicated the importance of HSPs in thermotolerance in many plant species; hence, HSP70 and HSP90
are indispensable to induce thermotolerance [183,184]. Heat stress factors (HSFs) serve as the terminal
component of signal transduction of HSP expression. [183,184]. In Figure 3, we show the primary
physiological responses to drought, salinity, and heat in quinoa.

Figure 3. Primary physiological responses to drought, heat, and salinity on quinoa. The expression of
NCED genes is upregulated to drought and salinity and chaperone proteins are upregulated to drought
and heat stress.

Quinoa can tolerate a wide range of temperatures (from −8 ◦C to 35 ◦C) and relative humidity
conditions (from 40% to 88%), depending on genotype characteristics and phenological stage [185].
Despite the adaptation of quinoa outside the Andes [24,42,43,124,186–192], a high temperature during
flowering and seed set can significantly reduce the yield and is one of the major barriers to the global
expansion of quinoa. For example, studies in Italy [45], Morocco [193], Germany [194], Portugal [195],
India [27], Egypt [124], Mauritania [42], and the United States [71,196] have reported that high
temperatures reduce the quinoa seed yield. Most research has focused on understanding the effect of
temperature on quinoa seed germination. However, few studies have focused on understanding the
physiological changes in quinoa under high temperature during other phenological stages.

4.1. High Temperature Effects on Quinoa Germination

Numerous studies have been carried out in different temperature regimes to describe the
effect of temperature on quinoa germination [117,197–205]. For instance, studies have found a
positive linear relationship between the germination rate and temperature in quinoa [199,202,205].
Findings suggested that the optimal germination temperature is 30 to 35 ◦C, maximal germination
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temperature is 50 ◦C, and base germination temperature is 3 ◦C [199,202]. In contrast, Bois et al. (2006)
reported that the base germination temperatures for 10 different quinoa varieties varied between
−1.9 and 0.2 ◦C [205]. Another study with the variety ‘Titicaca’, and salares varieties ‘Santa Maria’,
and ‘Sajama’, used three different models to show that the optimum germination temperature range
was 18−36 ◦C for Sajama and 22−35 ◦C for the other two varieties [203]. The study also reported a
base germination temperature of 1.0 ◦C and a maximal germination temperature of 54.0 ◦C for the
three varieties evaluated. Quinoa seeds can be stored up to 430 days under controlled environmental
conditions, at a constant temperature of 25 ◦C, before germination completely declines [204]. According
to these results, quinoa is highly heat tolerant during its germination stage, and is capable of
germinating under a wide range of temperatures, from very low (−1.9 ◦C) to very hot (>48.0 ◦C).

4.2. High Temperature Effects on Quinoa Growth and Physiological Parameters

The base temperature (Tb) threshold for quinoa development is variable; for example, in flowering
time and leaf appearance, Tb is 1 ◦C, whereas in leaf width, the Tb increased to 6 ◦C [205]. Tb can
change due to different development rates and the latitude origin of the genotypes [206]; for instance,
Tb for sea-level variety ‘Baer I’ is 6.4 ◦C, whereas Tb for valley variety ‘Amarilla de Marangani’ is
3.7 ◦C [207].

Temperatures above 35 ◦C in the flowering and seed fill stages have been associated with
significant reductions in yield. At these temperatures in quinoa fields near Pullman, WA, Peterson and
Murphy (2015b) and Walters et al. (2016) observed that inflorescences either lacked seeds or contained
empty seeds when the temperature increased above 35 ◦C [71,196]. Similarly, Bonifacio (1995) observed
both the reabsorption of seed endosperm and inhibition of anther dehiscence in quinoa flowers due to
high temperature (35 ◦C) at the flowering stage [208]. However, varietal differences in heat tolerance
have been detected in quinoa. For example, sea-level varieties ‘Colorado 407D’, ‘QQ74’, and ‘Kaslaea’
showed greater heat tolerance under field conditions in Pullman compared to other sea-level varieties
grown in the same conditions [196].

High night temperatures were evaluated in one commercial sea-level variety, ‘Regalona’, and
one quinoa landrace, ‘BO5’, under field conditions in Chile. Results showed that night temperatures
between 20–22 ◦C (~4 ◦C above the night ambient air temperature) during the flowering stage reduced
the seed yield by between 23–31% and negatively affected the biomass and number of seeds. On the
other hand, seed protein and harvest index were unaffected [209].

High temperature in quinoa has also been studied in combination with other stresses, such as
drought, high salinity, and elevated CO2 [54,136,210]. A controlled experiment with ‘Titicaca’ was
conducted under cool temperatures of 18/8 ◦C (day/night temperature) and high temperatures of
25/20 ◦C, with three different irrigation regimens, consisting of full irrigation, deficit irrigation,
and partial root-zone drying [54]. Results showed that drought has a major negative effect on
physiological parameters compared to high temperature. In contrast, high temperature increased
stomatal conductance, leaf photosynthesis, leaf chlorophyll fluorescence, and chlorophyll content
index. On the other hand, anions and cations from the xylem sap increased in response to high
temperature, showing that quinoa can adjust osmotically to overcome increased transpirational water.
Similar results were observed in stomatal conductance and leaf photosynthesis in altiplano variety
‘Achachino’, grown at 28/20 ◦C, and sea-level varieties ‘QQ74 (PI 614886)’ and ‘17GR (AMES 13735)’,
grown at 40/24 ◦C [136,211].

The altiplano variety ‘Achachino’ was evaluated under high temperature 28/20 ◦C. Results
showed that plant dry mass and yield were unaffected by high temperature; however, more and longer
branches were observed in plants due to high temperature [136]. Similar responses were described
with quinoa sea-level varieties ‘QQ74’ and ‘17GR’ under 40/24 ◦C (Figure 4) [211].
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Figure 4. Impact of high temperature on the length of the secondary axis from the quinoa inflorescence.
Plant grown under control conditions 22/16 ◦C (left) and high temperature 40/24 ◦C (right).

Bunce (2017) studied the effect of high temperature and high concentration of CO2 in two quinoa
sea-level varieties, ‘Red Head’ and ‘Cherry Vanilla’, and one altiplano variety, ‘Salcedo’, during the
anthesis stage [210]. Results showed that the harvest index in all varieties either increased or remained
the same in response to high temperature (35/29 ◦C). Seed dry mass decreased in ‘Cherry Vanilla’ when
grown at the high temperature and under the ambient CO2 concentration (400 μmol·mol−1). However,
for the other two varieties, when grown under high temperature and either ambient or high CO2

concentrations (600 μmol·mol−1), seed dry mass was higher than or the same as the control conditions
(20/14 ◦C). Recently, another study grew ‘Cherry Vanilla’ under cool (12/6 ◦C, 20/14 ◦C) and moderate
(28/22 ◦C) temperatures. Results showed that this quinoa variety has a large capacity for thermal
acclimation to temperature, depending on the maximum carboxylation capacity of Rubisco [212].
However, the effect of high temperature also depends on the variety origin. For example, valley variety
‘Amarilla de Marangani’ produced its heaviest seeds at a day temperature of 20 ◦C; whereas, quinoa
from the sea-level variety, ‘NL-6’, produced its heaviest seeds at a day temperature of 30 ◦C [186].
Membrane stability of quinoa leaves was measured in six quinoa varieties when grown at 34/32 ◦C
(acclimated) and 22/20 ◦C (non-acclimated). Results showed that quinoa altiplano variety ‘Illpa’
exhibited less cellular damage after its leaves were exposed to 50 ◦C for 64 min under acclimated
conditions compared to the same exposure under non-acclimated conditions [213].

Quinoa pollen was evaluated for two sea-level varieties, ‘QQ74’ and ‘17GR’, under high
temperature (40/24 ◦C) in growth chamber experiments. Results demonstrated that quinoa pollen
viability decreased, but without a concomitant effect on seed set and no morphological changes in the
pollen surface (Figure 5). The latter finding was probably due to the high amount of pollen produced
by the plants and the high relative humidity (40–65%) recorded in the in the growth chambers [211].
However, field experiments in Pullman, WA-USA, using eight quinoa varieties recorded reduced or
total losses in the seed yield, most likely due to the low relative humidity (less than 30%) combined
with high temperature (35 ◦C) and pest pressure.
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Figure 5. Scanning electron micrographs of quinoa pollen under control conditions 25/16 ◦C and heat
conditions 40/24 ◦C, magnification 1000×

The heat shock transcription factor (Hsf ) gene family was studied in quinoa; 23 (CqHsfs) genes
were identified. The expression profiles from CqHSFs genes were explored using RNA-seq data.
Four CqHsfs upregulated in the expression profile were then validated in the salar ecotype ‘Real-Blanca’
under high temperature (37 ◦C), and the results showed that CqHsfs3 and CqHsfs9 had a higher
expression level after 6 h of heat treatment, while CqHsfs4 and CqHsfs10 showed a higher expression
level at 12 h [214].

4.3. Photoperiod and Temperature Effects on Quinoa

In latitudes greater than 30◦, where temperatures exceed 30 ◦C during the growing season and
photoperiods exceed 14 h, quinoa varieties from Andean valleys are low yielding [71,196,215]. In a
study with altiplano variety ‘Kanckolla’, the seed diameter decreased as much as 73% when the air
temperature rose to 28 ◦C on long days (16 h) compared to the seeds of quinoa plants grown at 21 ◦C on
short days (10.25 h) [215]. Two models were used to quantify photoperiod and temperature responses in
nine short-day varieties from emergence to visible flower buds. Results showed that both models were
similar in their goodness of fit. Photoperiod and temperature parameters were not significantly related
to latitude of origin; however, a negative association was observed when the attributes evaluated
were considered as constants [216]. For the nine varieties evaluated in Bertero et al. (1999b), both
temperature and photoperiod controlled the rate of leaf appearance [215]. Temperature sensitivity was
the highest for quinoa varieties originating in cold or dry climates, whereas temperature sensitivity
was the lowest for varieties from humid and warmer climates [217]. Solar radiation affects phyllochron
in quinoa; thus, varieties from Peru, Bolivia, and Southern Chile are more sensitive to the radiation
than Ecuadorian varieties. However, Ecuadorian quinoas are highly sensitive to photoperiod and
exhibit the longest phyllochron [218]. Saponin content in sea-level varieties ‘Regalona’ and ‘Roja’, and
valley variety ‘Tunkahuan’, was evaluated under short days and long days (8 h and 16 h, respectively)
and under two temperatures (20 ◦C and 30 ◦C) [219]. Results showed that the highest saponin content
occurred in plants grown under short days and 30 ◦C.

In conclusion, quinoa cultivation has expanded worldwide as a crop because of its capacity
to thrive in high temperature environments. Although many studies report that plant growth and
development are not limited by high air temperatures (~40 ◦C), reproductive stages can be affected;
for example, quinoa pollen viability is reduced at 40 ◦C. Nevertheless, more studies under both field
and semi-control conditions are necessary to evaluate the interactions between high temperature and
other abiotic and biotic stressors. Additional studies are also needed that evaluate more genotypes
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with different planting dates, under tropical and sub-tropical environments, and at different altitudes.
Furthermore, wild Chenopodium species, such as C. berlandieri and C. hircinum, are adapted to high
temperatures in their native habitats. Thus, another option to develop enhanced heat tolerance in
quinoa is interspecific and intergeneric hybridization with these species [220–223].

5. Ultraviolet B (UV-B) radiation

Ultraviolet B (UV-B) radiation represents a small fraction of the solar spectrum (280–315 nm);
however, its high energy can be harmful to living organisms [224]. Plants respond differently to
UV-B based on their age [225], species origin [226], or circadian rhythms [227]. Studies about UV
RESISTANCE LOCUS8 (UVR8) photoreceptor opened the query of whether UV-B should be considered
as an abiotic stress or a morphogenetic factor in crop production [228–230].

The UV-B effect on quinoa has been mainly studied in South American countries at high altitudes,
where UV-B exposure is higher than in other parts of the world [231]. Palenque et al. (1997)
reported different responses in morphological and pigment synthesis across quinoa altiplano varieties
‘Chucapaca’, ‘Robura’, and ‘Sayaña’ [232]. They found an increase in leaf flavonoid content and a
reduction in plant height and quinoa leaf size in the treatment directly exposed to UV-B; however,
‘Chucapaca’ exhibited the best adaptation to UV-B. Sircelj et al. (2002) revealed the effects of UV-B
at metabolic and ultrastructural levels in quinoa seedlings. For instance, the thylakoid organization
changed in response to exposure to UV-B [233]. Hilal et al. (2004) found that epidermal lignin
deposition in quinoa’s cotyledons was induced by UV-B radiation [234]. Additionally, González et al.
(2009) used a semi-control experiment with altiplano varieties ‘Chucapaca’ and ‘Cristalina’ to study
the quinoa response to different levels of UV-B [235]. Results demonstrated that sucrose, glucose, and
fructose exhibited different distribution patterns in cotyledons and leaves of both varieties, depending
on whether exposure was to near-ambient or strongly reduced UV-B. These studies are useful to
understand the plasticity of metabolic pathways involved in a plant’s tolerance to solar UV-B radiation.

Another study, under controlled conditions, showed changes in morphological responses, such as
plant height, stem diameter, leaf number, and specific leaf area, in different quinoa varieties due to
UV-B radiation [236]. The effects of UV-B radiation on photosynthetic (total chlorophyll, chlorophyll a,
chlorophyll b, and carotenoids) and protective (UV-B absorbing compounds) pigments and soluble
sugars (glucose, fructose and sucrose) in five quinoa varieties from different geographic origins were
studied by Prado et al., (2016) [237]. A common response observed across the five varieties was an
increase in the content of UV-B absorbing compounds, which showed a high peak in the absorbance
region of 305 nm. The researchers proposed that these compounds act as a “chemical shield” that
protect a plant’s photosynthetic apparatus against the excess energy from radiation exposure.

Recently, Reyes et al. (2018) reported the first study on the effect of UV-B on quinoa
photosynthesis [238]. In this study, chlorophyll fluorescence, pigment synthesis, photosynthesis,
and ROS accumulation were affected by different levels and duration of UV-B. In summary, quinoa can
regulate different mechanisms of response, depending on the UV-B irradiation dosage. Despite the
progress in our understanding of the effects of UV-B on plants, additional studies are necessary
to: (1) determine the UV-B threshold, where exposure ceases to be a natural morphogenetic factor
and becomes a stress factor; and (2) clarify the relationship of UV-B levels with other natural
environmental factors.

6. Frost, Waterlogging, and Heavy Metals

Other abiotic stressors, such as frost, waterlogging, and heavy metals, have been studied in
quinoa [58,185,239–241]. Jacobsen et al. (2005) studied different quinoa genotypes under frost
temperatures [185]. Results showed that varieties from the Altiplano of Peru tolerated −8 ◦C for
4 h during the two-leaf stage much better than varieties from Andean valleys, which are more sensitive
to frost. For instance, altiplano varieties ‘Witulla’ and ‘Ayara’ experienced a 4.17% plant death rate
under −8 ◦C for 4 h; whereas, valley varieties ‘Quillahuaman’ experienced a 25% death rate under
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−8 ◦C for 4 h and 50% under −8 ◦C for 6 h. Furthermore, the flowering stage is even more sensitive
to frost; the study recorded yield reductions of 56% in the variety ‘Quillahuaman’ and 26% in the
variety ‘Witulla’ when plants were exposed to −4 ◦C for 4 h. Another study with ‘Witulla’ and
‘Quillahuaman’ demonstrated that the main quinoa response mechanism to frost is avoidance of ice
formation, which is facilitated by the plant’s high soluble sugar content in ‘Witulla’. Thus, proline
and soluble sugar contents, such sucrose, could be used as an indicator of frost resistance [240].
Similar results were observed in the altiplano variety Sajama grown under 5/5 ◦C, where the
low temperature induced sucrose-starch partitioning in quinoa cotyledons [242]. Moreover, a low
temperature might induce different regulatory mechanisms linked to changes in invertase, sucrose
synthase, and sucrose-6-phosphate synthase activity in cotyledons and embryonic axes during Sajama
seed development [133].

An experiment in controlled growth chambers with the altiplano variety ‘Sajama’ showed that
waterlogging produced several negative effects, including: (1) decreased plant and root dry weights;
(2) low total chlorophyll, chlorophyll a, and chlorophyll b contents; and (3) high amounts of soluble
sugars and starch [58]. Under field conditions in Brazil, the variety ‘BRS Piabiru’ exhibited maximum
leaf measurement values when plants were grown in a water regimen of 563 mm. However, under
647 mm, reductions in leaf measurements were observed, indicating the sensitivity of quinoa to
excess water [241]. Pre-harvest sprouting in quinoa could be a serious problem in places with high
precipitation, especially when the rain coincides with the seed-set stage. The quinoa sea-level variety
‘Chadmo, QQ065-PI 614880’ originating from the humid area of Chiloe island in Chile, may be a
good choice for these conditions because of its demonstrated higher seed dormancy and greater
pre-harvest sprouting tolerance [243,244]. In a comparative study in the high precipitation area of
the Olympia Peninsula in Washington State, USA, ‘Chadmo’ showed a higher level of pre-harvest
sprouting tolerance [196].

Bhargava et al. (2008b, 2008a) studied different Chenopodium spp. under heavy metal soil
conditions [3,239]. Results showed that 17 quinoa accessions accumulated high amounts of most heavy
metals, such as zinc (Zn), chromium (Cr), nickel (Ni), and cadmium (Cd), in their leaves compared
to the other species. For instance, the accessions C. quinoa PI 587173, C. quinoa PI 478410, C. quinoa
Ames 22158, and C. giganteum CHEN 86/85 accumulated the highest contents of Cd; C. quinoa PI
510,536 and Ames 22,156 accumulated the highest contents of Ni, Cr, and Zn. Furthermore, another
study in a contaminated urban area ‘brownfield’ in Vancouver, Canada, showed that quinoa from
the altiplano variety ‘Quinoa de Quiaca—PI 510532’ is a hyperaccumulator of heavy metals such
as Cd, copper (Cu), and lead (Pb). Consequently, quinoa seeds would be inappropriate for human
consumption due to high concentrations of trace metals if grown in brownfield areas [245]. A study
of quinoa’s physiological response to various concentrations of Cr showed that leaves from sea-level
variety ‘Regalona’ tolerated up to 1 mM external chromium(III) chloride (CrCl3), activating tocopherol
accumulation and enhanced tyrosine aminotransferase content. However, the highest doses of 5 mM
Cr(III) produced oxidative stress, generating high hydrogen peroxide and proline contents [246].
Newly discovered heavy metal-related genes involved in the different mechanisms of accumulator
plant species and recently published genetic resources could greatly advance novel non-consumptive
functions for quinoa. For example, identifying promising functional molecular tools in chenopod
species may lead to the effective exploitation of quinoa cultivation as a phytoremediation strategy for
environmental contamination cleanup.

7. Conclusions

The physiological, biochemical, and morphological responses of different quinoa varieties to
various abiotic stressors, under both field and lab conditions, show that quinoa has a wide plasticity
and tolerance to those stressors. This tolerance and plasticity seem to be controlled genetically, and
significant advances in breeding have been initiated with the whole genome sequencing of quinoa
and the use of new molecular tools. One of the most relevant aspects of quinoa is its high salinity
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tolerance, unlike other crop species, such as wheat, rice, barley, and maize. Every year, arable land is
lost due to salinization, extreme temperatures, and severe drought, which are being reported more
often. Hence, farmers have begun to look for halophytic- and abiotic-tolerant species, such as quinoa
that can perform under these conditions. Another main feature of quinoa is its high nutritional value,
such as essential amino acids and mineral concentrations, which are maintained in spite of abiotic
stress conditions. Additionally, quinoa could be considered a multipurpose plant, considering that
seeds and leaves can be use as food, biomass can be used as animal feed or a cover crop, and plantings
can serve as a phytoremediation tool for environmental cleanup.

Despite the numerous recent studies about abiotic stress on quinoa, much information remains
unknown. Future studies should focus on the genetic underpinnings and mechanisms involved in how
quinoa’s abiotic stress tolerance influences its chemical composition. This additional information will
allow quinoa breeders to generate new varieties that are widely adapted to a variety of environmental
conditions, and in turn, facilitate quinoa’s worldwide expansion. Likewise, the recent exploration of
intercrosses between quinoa and its wild relatives should provide new genetic combinations with
promising opportunities to breed for production in extreme conditions. Taken together, quinoa
represents an excellent model to fully explore abiotic stress tolerance mechanisms and new genes to
improve plants.
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Abstract: Metal hyperaccumulation is a rare and fascinating phenomenon, whereby plants actively
accumulate high concentrations of metal ions in their above-ground tissues. Enhanced uptake
and root-to-shoot translocation of specific metal ions coupled with an increased capacity for
detoxification and sequestration of these ions are thought to constitute the physiological basis of
the hyperaccumulation phenotype. Nickel hyperaccumulators were the first to be discovered and
are the most numerous, accounting for some seventy-five percent of all known hyperaccumulators.
However, our understanding of the molecular basis of the physiological processes underpinning
Ni hyperaccumulation has lagged behind that of Zn and Cd hyperaccumulation, in large part due
to a lack of genomic resources for Ni hyperaccumulators. The advent of RNA-Seq technology,
which allows both transcriptome assembly and profiling of global gene expression without the need
for a reference genome, has offered a new route for the analysis of Ni hyperaccumulators, and several
such studies have recently been reported. Here we review the current state of our understanding of the
molecular basis of Ni hyperaccumulation in plants, with an emphasis on insights gained from recent
RNA-Seq experiments, highlight commonalities and differences between Ni hyperaccumulators,
and suggest potential future avenues of research in this field.

Keywords: nickel; hyperaccumulation; serpentine; RNA-Seq; IREG; ferroportin; ZIP; histidine

1. Introduction

Nickel is the most recent element to be classified as essential for plant growth [1], and to date,
its only known biochemical function in plants is in the active site of the enzyme urease, which contains
a bi-nickel center [2]. Presumably reflecting this, the requirement of plants for Ni is extremely low,
and Ni deficiency, correspondingly rare. Higher plants typically contain Ni concentrations in the range
of 0.5–10 mg kg−1 DW [3], and concentrations in excess of 10–50 mg kg−1 DW (depending on the
plant species concerned) are associated with Ni toxicity effects [4]. These can include inhibition of
photosynthesis, nitrogen assimilation, mitosis, and enzyme activity as well as DNA damage and the
generation of reactive oxygen species [3,4]. While the majority of plants attempt to exclude excess Ni
from their photosynthetically active tissues [5], a small group of plants known as Ni hyperaccumulators,
actively accumulate Ni to concentrations in excess of 1000 mg kg−1 DW in their shoot tissues with no
apparent toxicity effects [6].

Several hypotheses have been put forward to explain the adaptive function of metal
hyperaccumulation in plants, of which the “elemental defence” hypothesis is most favored.
This hypothesis, formulated by Boyd and Martens [7], proposes that the elevated concentrations
of sequestered metal ions protect hyperaccumulators against attack by herbivores and pathogens.
Feeding choice experiments carried out on several Ni hyperaccumulators have provided support for
this hypothesis by demonstrating that herbivores opt to feed on leaf material with low Ni contents
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and that their fitness is reduced when forced to consume material with high Ni contents [8–10].
Ni hyperaccumulation has also been shown to reduce susceptibility to both bacterial and fungal
pathogens in Streptanthus polygaloides [11], though it was associated with increased susceptibility of
this species to Turnip mosaic virus [12]. Interestingly, the elemental defense provided by Ni has
recently been shown to extend to the seeds produced by hyperaccumulators. Mortality rates of the
generalist seed herbivore Tribolium confusum were significantly higher when fed seeds of S. polygaloides
(containing 300 μg Ni g−1 DW) versus Streptanthus insignis (5 μg Ni g−1 DW), with an artificial diet
experiment confirming that Ni concentrations > 240 μg Ni g−1 DW are toxic to this species [13].

There are currently 721 plant species in the global hyperaccumulator database, of which 532 are
listed as Ni hyperaccumulators [14]. The taxonomic distribution of these species indicates that Ni
hyperaccumulation has evolved multiple times. That said, 340 Ni hyperaccumulator species are found
in just five families; Phyllanthaceae (118 species), Brassicaceae (87 species, 61 from the genus Alyssum
in SE Europe and the Middle East), Cunoniaceae (48 species, all from New Caledonia), Asteraceae
(45 species) and Euphorbiaceae (42 species, predominantly from Cuba). Since the publication of
this database, several new Ni hyperaccumulators have been identified including Senecio conrathii
from South Africa [15] and Phyllanthus rufuschaneyi from Borneo [16]. The preponderance of Ni
hyperaccumulators among known metal hyperaccumulating plants likely reflects the fact that the
serpentine soils with which they are associated are the most widespread metalliferous soils on a global
scale [17]. Serpentine soils are derived from ultramafic rocks, and typically display a high Mg to
Ca ratio, low levels of macronutrients and high levels of Ni, Co, and Cr [18,19]. The ultramafic
regions of Turkey, Cuba, and New Caledonia, in particular, are regarded as “hotspots” of Ni
hyperaccumulator biodiversity (see Reference [17] for a recent review of the ecology and distribution
of hyperaccumulators).

The majority of Ni hyperaccumulators are restricted to serpentine soils (so-called obligate
hyperaccumulators) where they can form almost pure species stands [17]. In contrast, the ranges
of facultative hyperaccumulators extend outside of ultramafic outcrops [20]. While most facultative
hyperaccumulators accumulate Ni whenever found on serpentine soils, some exceptions have been
reported. For example, Senecio coronatus (Asteraceae) and Alyssum sibiricum (Brassicaceae) accumulate
Ni at some but not all serpentine sites within their ranges [21,22]. Substantial intraspecific variation in
Ni content can result from environmental factors, as is the case for Pimelea leptospermoides where shoot
Ni contents ranging from 13 to 2873 mg kg−1 DW have been attributed to variation in total soil Ni
content and pH [23]. However, in S. coronatus, this phenotypic variation has a genetic basis; plants
from hyperaccumulator and non-accumulator populations have different root ultra-structures, and the
accumulation phenotype of a given population persists when the plants are grown on a common
soil substrate [24,25].

Like other metal hyperaccumulators, Ni hyperaccumulating plants display enhanced uptake,
root to shoot translocation, and ability to detoxify and sequester Ni than non-accumulator
species [26] (Figure 1). However, the molecular basis of these processes, and notably the transporters
involved, is not well understood. In part, this is because the majority of research efforts aiming
to uncover the molecular basis of metal hyperaccumulation have been directed at two Zn/Cd
accumulators, Arabidopsis halleri and Noccaea caerulescens [20]. This is a consequence of their relatively
recent divergence from Arabidopsis thaliana, which allowed the use of the genomic tools developed for
this model plant. Expression profiling experiments have shown that these two hyperaccumulators
have constitutively elevated expression of genes involved in the uptake, chelation, and xylem loading
of Zn/Cd in comparison to related non-accumulators [27–29]. While it has been assumed that the
same must hold true in Ni hyperaccumulators, the lack of genomic resources for these species has
made this difficult to determine.
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Figure 1. A general model for nickel hyperaccumulation in plants. Enhanced uptake of the Ni2+

cation from soil may be driven by high constitutive expression of poorly selective ZRT-IRT-like (ZIP)
transporters responsible for Fe or Zn uptake. Chelation of Ni by an appropriate ligand (L) in the
root cytosol is thought to prevent cytotoxicity. The identity and universality of the ligands used are
an ongoing topic of debate, but histidine or nicotianamine perform this role in some Brassicaceae
Ni hyperaccumulators. Formation of a Ni-ligand (Ni-L) complex may also impede the vacuolar
sequestration of Ni in root tissues by tonoplast localized iron-regulated/ferroportin (IREG/FPN)
transporters. Whether Ni is loaded into the xylem as the free cation or as a Ni-ligand complex is
unclear, and the transporter(s) involved have not been identified, but the majority of Ni is present as
the free cation in xylem sap. The transporter(s) involved in xylem unloading into shoot cells is also
unknown. Ni is accumulated primarily in the shoot epidermis in most species, with the vacuole the
major subcellular site of Ni sequestration. Constitutively high expression of IREG/FPN transporters
has been reported in Ni hyperaccumulators versus related non-accumulators across four families,
and two of these transporters have been shown to drive vacuolar sequestration of Ni. In the vacuole Ni
is complexed by carboxylic acids (COO−), with Ni-citrate or Ni-malate the predominant complexes
identified to date. Ni hyperaccumulating Senecio coronatus plants display greatly increased expression
of the tonoplast dicarboxylate transporter (TDT) compared to non-accumulators. Ni hyperaccumulators
have enhanced capacity for the detoxification of reactive oxygen species, which may involve elevated
concentrations of glutathione (GSH), flavonoids or increased activities of anti-oxidant enzymes.

This situation has changed recently with the advent of RNA-Seq technology which allows the de
novo assembly of transcriptomes and quantification of transcript abundance in the absence of any prior
sequence information, and to date, four such studies have been published on Ni hyperaccumulators.
Merlot et al. [30] carried out de novo transcriptome assembly of the New Caledonian hyperaccumulator
Psychotria gabriellae, while Halimaa et al. [31] performed a comparative analysis of gene expression
in the roots of three accessions of N. caerulescens, including one from a Ni hyperaccumulating
serpentine population. While representing significant milestones in the study of Ni hyperaccumulation,
both studies had limitations. The first was restricted to a single species meaning that the gene
expression values derived from it cannot readily be used to identify genes expressed at higher levels in
Ni hyperaccumulators versus non-accumulators. Interpretation of the second study is complicated
by the fact that the three N. caerulescens populations also vary in their capacity to accumulate
Zn/Cd, are geographically distant and grow on very different soils. Subsequently, two comparative
RNA-Seq studies have been reported. Meier et al. [24] performed a comparative RNA-Seq analysis
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of Ni hyperaccumulating and non-accumulating serpentine populations of S. coronatus to identify
candidate genes that may underpin the Ni hyperaccumulation phenotype. A large-scale RNA-Seq
study comparing seven pairs of related Ni hyperaccumulating and non-accumulating species
across five families (Brassicaceae, Rubiaceae, Cunoniaceae, Salicaceae and Euphorbiaceae) from
Cuba, New Caledonia and France has recently been reported [32]. In addition to facilitating the
identification of changes in gene expression that are common across multiple independent evolutionary
origins of Ni hyperaccumulation, this study reported the first gene knockdown experiment in a Ni
hyperaccumulator species. Here we review what is currently known about the molecular basis of
the physiological processes underlying Ni hyperaccumulation in plants, with an emphasis on newly
published results, and highlight the main challenges ahead and questions still to be answered.

2. Ni Uptake

To date, there is no evidence to suggest the existence of a Ni-specific transporter in plants for
the uptake of this cation from soil. Instead, Ni uptake by roots appears to be catalyzed by poorly
selective cation transporters, notably members of the ZRT/IRT-like (ZIP) family [33,34]. In A. thaliana,
IRT1 is expressed in the root epidermis in response to Fe deficiency and is the primary route of
Fe uptake in strategy I plants. However, IRT1 has a broad substrate specificity towards divalent
cations and also transports Zn, Co, Cd, Mn, and Ni [35,36]. IRT1 is thought to be the primary
route for Ni uptake in A. thaliana, at least under Fe limiting conditions. In wild-type plants, root Ni
concentrations increased from one μmol g−1 FW under Fe-replete conditions to three μmol g−1 FW
under Fe-deficiency, but remained unchanged in irt1 mutants [32]. A more modest increase (less than
40%) in root Ni concentrations has also been reported under Zn-deficient conditions in A. thaliana,
though the transporter(s) involved in this uptake process are unknown. The root Zn transporter ZIP3
is not involved as a zip3 mutant actually accumulated higher levels of Ni under Zn-deficiency than did
wild-type plants [33].

In line with the hypothesis that Ni uptake by roots occurs via non-selective transporters,
inhibition of Ni accumulation by Zn and Fe has been reported in Ni hyperaccumulators. For example,
supplementation of hydroponic media with equimolar Ni and Zn concentrations led to a significant
reduction in shoot Ni content in the Zn/Ni hyperaccumulators Noccaea pindicum and Noccaea alpinum
var. sylvium compared to plants treated with Ni only, while no inhibitory effect of Ni on Zn
accumulation was observed [37]. Similarly, the presence of equimolar Ni and Zn concentrations had no
effect on Zn uptake but resulted in an 80 to 90% reduction in Ni uptake in a serpentine population of
N. caerulescens [38]. Such data suggest that Ni uptake in the Noccaea Ni hyperaccumulators is mediated
via one or more Zn transporters.

In contrast, a recent study of Ni uptake kinetics in two Alyssum Ni hyperaccumulators,
Alyssum inflatum and Alyssum bracteatum, found no evidence for inhibition of Ni uptake by equimolar
concentrations of Zn [39]. Instead, in A. bracteatum, Ni uptake was modulated by the concentration
of Fe present in hydroponic media. Plants grown in the absence of added Fe for one week displayed
a higher Vmax for Ni uptake, while those exposed to excess Fe had a higher Km for Ni uptake [39].
These results are consistent with Ni uptake via an Fe-deficiency induced Fe transporter, such as
IRT1, in this species. In stark contrast, the kinetics of Ni uptake in A. inflatum were unaffected by Fe
concentration in the nutrient solution (while those of Fe were not) suggesting that Ni uptake does
not occur via a Fe transporter in this species [39]. A subsequent study employing the Ca channel
inhibitor verapamil lead to a significant decrease in Ni uptake in both species [40] which the authors
suggest indicates that these may be a major route of Ni uptake. However, it is not possible to rule
out pleiotrophic effects of verapamil on Ni uptake, and further experimental work is required to test
this hypothesis.

Increased expression of several members of the ZIP family has been reported in two comparative
RNA-seq studies of Ni hyperaccumulators. S. coronatus Ni hyperaccumulators display high expression
of a ZIP transporter, putatively annotated as IRT1 based on phylogenetic analysis, in their root tissues
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while non-accumulating serpentine plants do not [24]. Increased expression of transcripts putatively
annotated as IRT1 and ZIP10 has also been reported in roots of serpentine versus non-serpentine
populations of N. caerulescens [31]. However, annotation of ZIP transporters based solely on sequence
similarity to A. thaliana ZIPs is problematic due to the extensive gene duplication that has occurred in
the ZIP family. For example, in A. thaliana IRT1 is one of five paralogues which share high sequence
similarity but have different functions.

3. Chelation and Xylem Loading of Ni

Chelation of Ni ions in the cytosol by ligands is thought to be an important tolerance mechanism by
which hyperaccumulators prevent metal toxicity and growth impairment [41]. However, the nature of the
ligands involved, and their relative importance remains a matter of some debate. The amino acid histidine
(His) has been implicated in the tolerance and root-to-shoot transport of Ni in several hyperaccumulators
from the Brassicaceae. Noccaea goesingense and Alyssum lesbiacum display constitutively elevated levels of
free His in their root tissues compared to related non-accumulators [42,43], which in A. lesbiacum, at least,
is due to elevated expression of the first enzyme in the His biosynthetic pathway ATP-phosphoribosyl
transferase (ATP-PRT) [42]. A. thaliana plants over-expressing ATP-PRT display both elevated His contents
and tolerance to Ni [42,44,45].

Nicotianamine (NA), which is synthesized from three molecules of S-adenosylmethionine, has also
been implicated as a Ni chelator in the genus Noccaea. A Ni-NA complex has been identified in
N. caerulescens [46], and a strong positive correlation between shoot Ni and NA contents across seven
species was observed by Callahan et al. [47]. Over-expression of NA synthase in A. thaliana and tobacco
results in increased NA levels and Ni tolerance [48]. However, as is the case for His, there is little
evidence to date to suggest that NA is a significant chelator of Ni outside the Brassicaceae.

The identity of the transport protein(s) responsible for the xylem loading of Ni remains
elusive. Exogenous Ni elicits a dose-dependent increase in xylem His levels in several Alyssum
hyperaccumulators [49,50] suggesting that His might also be involved in xylem loading of Ni. However,
this does not occur in the non-accumulator Alyssum montanum [50] nor in transgenic A. thaliana plants
with elevated free His levels due to over-expression of ATP-PRT [42]. This has been interpreted as
indicating that Ni hyperaccumulators may possess a transport protein, lacking in other plant species,
that loads the Ni-His complex into the xylem, though no such transporter has been identified to
date. It is also clear that the majority of Ni in the xylem exists as the free cation in the Alyssum
Ni hyperaccumulators [50,51], and that xylem Ni concentrations are an order of magnitude higher
than those of His [51]. As His strongly promotes Ni uptake by root-derived tonoplast vesicles of the
non-accumulator Noccaea arvense but has a modest repressive effect on vesicles from N. caerulescens [52],
it has been suggested that His could promote root-to-shoot translocation of Ni by reducing vacuolar
sequestration of Ni in root tissues of hyperaccumulators [52], though the mechanism by which this
might occur is unknown. The observation that root to shoot translocation of Ni was enhanced in both
A. inflatum and A. bracteatum under conditions of Fe deficiency suggests that xylem loading of Ni may
be mediated by the same transporter(s) responsible for the loading of Fe [37], which is thought to
be as the free Fe3+ cation. The identity of this transporter is unknown, but IREG1 a member of the
iron-regulated/ferroportin (IREG/FPN) family which localizes to the plasma membrane and displays
vasculature-specific expression has been proposed as a candidate [53], and might conceivably also
transport Ni.

4. Vacuolar Sequestration of Nickel

The shoot epidermis is the primary site of Ni deposition in the majority of Ni hyperaccumulators
studied to date [54,55]. The transporters responsible for the unloading of Ni (and Fe) from xylem
into shoot cells are unknown but may include members of the ZIP family [56]. Interestingly, the ZIP
transporter identified from S. coronatus displays differential expression in roots and shoots of Ni
hyperaccumulators versus non-accumulator plants and is most highly expressed in shoots [24]. At a
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subcellular level, the vacuole is the primary site of Ni storage in shoot cells [55,57], and vacuolar
ATPase-dependent Ni/proton antiport activity has been demonstrated in vacuoles derived from shoot
cells of A. lesbiacum [58].

In A. thaliana, IREG2, another member of the IREG/FPN family, mediates the vacuolar
sequestration of Ni inadvertently taken up by IRT1 in roots, as evidenced by the reduced Ni tolerance
of ireg2 mutants under Fe-deficiency conditions [36]. There is increasing evidence to suggest that
vacuolar uptake of Ni may also be mediated by IREG/FPN transporters in Ni hyperaccumulators.
Merlot et al. [30] identified a vacuolar-targeted IREG (PgIREG1) from P. gabriellae and demonstrated
using RT-qPCR that it is expressed at higher levels in this species than in the non-accumulator
Psychotria semperflorens. Heterologous expression of PgIREG1 complemented the hypersensitivity
of root growth to Ni and reduced root Ni content phenotypes of the A. thaliana ireg2 mutant, and a
PgIREG1:GFP fusion protein localized to the vacuolar membrane [30]. While PgIREG1 is a functional
orthologue of IREG2, its pattern of expression differs markedly; in A. thaliana IREG2 expression is
restricted to the root and occurs only under Fe deficiency, while in P. gabriellae high constitutive
expression occurs in both root and shoot tissues [30]. A similar pattern of expression was observed for
the putative IREG homologue identified in S. coronatus Ni hyperaccumulators [24].

The recent cross-species RNA-Seq study performed by de la Torre et al. [32] has revealed that
elevated expression of IREG transporters in shoot tissues is a common feature of Ni hyperaccumulators
from the Brassicaceae (N. caerulescens), Euphorbiaceae (Leuococroton havanensis) and Rubiaceae from
both New Caledonia (P. gabriallae) and Cuba (Psychotria grandis and Psychotria costivenia) compared to
related non-accumulators. Notably, this study also reported the first gene silencing experiments
to be carried out in a Ni hyperaccumulator. Roots of N. caerulescens were transformed with
Rhizobium rhizogenes, and gene knockdown of IREG achieved through the production of artificial
miRNA. The resulting decrease in root Ni contents, together with the tonoplast localization of the
transporter, support a role for IREG in the vacuolar sequestration of Ni [32].

While carboxylic acids, such as citrate and malate, have low stability constants with Ni at
cytosolic pH, they are the predominant ligands for Ni in the acidic environment of the vacuole [59].
The carboxylic acid utilized appears to vary between Ni hyperaccumulators. High levels of citrate
and the presence of a Ni-citrate complex were reported from shoot tissues of several New Caledonian
Ni hyperaccumulators including Pycnandra acuminata [60,61]. In contrast, malate appears to be the
primary ligand for Ni in shoot tissues of the Brassicaceae Ni hyperaccumulators [62,63]. Both Ni-citrate
and Ni-malate complexes have been identified in the South African Asteraceae hyperaccumulators
Berkheya coddii and S. coronatus [64], and Ni hyperaccumulating S. coronatus plants display greatly
elevated expression of the tonoplast dicarboxylate transporter in their shoot tissues in comparison
to non-accumulators [24].

5. Protection against Oxidative Damage

As it is not redox active, Ni cannot generate reactive oxygen species (ROS) directly via electron
transfer but can disrupt the balance between formation and destruction of ROS during metabolism.
This is thought to occur via direct binding of Ni to proteins or by displacement of essential cations
from binding sites thereby leading to oxidative stress [65]. Exposure to Ni has been shown to result in
increased ROS levels in Ni hyperaccumulators. For example H2O2 levels increased 3.6-fold in hairy
root cultures of Alyssum bertolonii in response to 25 ppm Ni [66], while dichlorofluorescein-based
imaging revealed that ROS levels increased in roots of both Alyssum murale (hyperaccumulator) and
A. montanum (non-accumulator) when transferred from hydroponic media lacking added Ni to media
containing 80 μM Ni [67]. Such experiments indicate that Ni hyperaccumulators do not have the ability
to prevent Ni-induced ROS formation from occurring, and instead, it seems likely that they possess
enhanced ROS detoxification capacity.

Whether Ni hyperaccumulators possess constitutively elevated anti-oxidant enzyme activities to
deal with Ni-induced ROS relative to non-accumulators is debatable. Some studies have suggested that
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this is the case, for example, super-oxide dismutase (SOD) and catalase activities were determined to be
2.4 and 500 times greater respectively in A. bertolonii versus tobacco hairy root cultures [66]. In contrast,
other studies have found little or no difference. For example, in a study comparing A. inflatum, A.
bracteatum (Ni hyperaccumulators) and Alyssum saxatile (non-accumulator), SOD activities were less
than two-fold higher in roots of the hyperaccumulators and identical in shoot tissues [68]. There is also
no evidence from RNA-Seq experiments to suggest that mRNA levels of these anti-oxidant enzymes
are elevated in hyperaccumulators versus non-accumulators [24,32]. It is apparent that the activity of
anti-oxidant enzymes can be overcome by high concentrations of Ni, as demonstrated by the decline
in SOD and catalase activities observed in A. markgrafii when grown hydroponically in the presence of
0.5 mM Ni, correlating with reduced biomass production in this species [69].

In addition to enzymatic anti-oxidants, plants also contain non-enzymatic anti-oxidants that
scavenge ROS including glutathione (GSH) and ascorbate. A strong positive correlation between shoot
Ni and GSH contents has been demonstrated in the genus Noccaea [70]. This has been attributed
to elevated activity of serine acetyltransferase (SAT) in Ni hyperaccumulating members of this
genus, which is required for the production of cysteine (Cys), a component of GSH. A. thaliana plants
over-expressing SAT from N. goesingense contain elevated levels of Cys and GSH and display increased
Ni tolerance [70]. The regeneration of reduced GSH from oxidized glutathione disulphide (GSSG) is
catalyzed by the enzyme glutathione reductase, and N. goesingense has both an increased glutathione
reductase (GR) activity and GSH:GSSG ratio in comparison to A. thaliana [70]. GR activities and
GSH levels have also been shown to increase in response to Ni in the hyperaccumulators A. inflatum,
A. bracteatum, and A. markgrafii, but this does not occur in the non-accumulator A. saxatile [68,69].
Together these data suggest that the increased size of the GSH pool, and the ability to maintain
the GSH:GSSG ratio through the activity of GR may be an important component of Ni tolerance in
hyperaccumulators, at least, in the Brassicaceae.

In the cross-species RNA-Seq experiments performed by de la Torre et al. [32], ten of the
33 clusters of orthologous genes more highly expressed in at least three of the hyperaccumulator
versus non-accumulator pairwise species comparisons function in phenylpropanoid and flavonoid
biosynthesis. Flavonoids have been suggested to function as scavengers of ROS generated during
environmental stress, and their synthesis increases in plants under such conditions [71]. Support for this
hypothesis has been provided by transgenic A. thaliana plants over-expressing MYB12 which contain
elevated levels of flavonoids, particularly anthocyanins, and display increased tolerance to oxidative
and drought stress [72]. Whether ROS scavenging by flavonoids plays a role in Ni hyperaccumulators
is unknown but is a worthwhile avenue for future research. Finally, Ni can cause DNA damage through
direct oxidation of guanine residues, inhibition of DNA repair systems or by promoting the formation
of ROS [73]. The observation that exogenous Ni caused DNA damage leading to reduced genomic
integrity in A. thaliana but not in serpentine N. caerulescens, led to the suggestion that the capacity
to maintain genome integrity in the presence of high levels of Ni is an important component of the
hyperaccumulation phenotype [74]. In line with this hypothesis, S. coronatus hyperaccumulators have
elevated expression of several genes involved in telomere maintenance, DNA repair and maintenance
of repressive epigenetic marks in comparison to non-accumulators [24].

6. Conclusions and Potential Directions of Future Research

Ni hyperaccumulation has evolved multiple times in plants, but whether it has done so via
the same route on each occasion is unknown. For some aspects of the Ni hyperaccumulation
phenotype, there is evidence of convergent evolution, most notably in the high constitutive expression
of IREG/FPN orthologues implicated in vacuolar sequestration of Ni in the shoot tissues of Ni
hyperaccumulators from the Asteraceae, Brassicaceae, Euphorbiaceae, and Rubiaceae [24,30,32].
However other components, such as the role of His or NA as significant Ni-binding ligands, appear to
be restricted to specific plant lineages. There is also evidence suggesting that the route by which Ni is
taken up from the soil varies between hyperaccumulators within the same family, with Zn transporters
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implicated in Noccaea hyperaccumulators and Fe transporters in Alyssum hyperaccumulators [37–39].
It is possible that this implies that different ZIP transporters can be recruited during the evolution of Ni
hyperaccumulation. Given the known role of the ZIP transporter IRT1 in Ni uptake in A. thaliana [34],
increased expression of members of the ZIP family in roots of N. caerulescens and S. coronatus suggests
that they might be involved in driving enhanced Ni uptake from the soil. However, the extensive
expansion of the ZIP gene family in A. thaliana means that it is problematic to infer potential transport
activities simply on the basis of sequence homology to A. thaliana ZIP transporters. For example,
a putative IRT1 orthologue from barley was recently shown to transport Mn but not Fe [75]. Functional
characterization of candidate Ni transport proteins to determine their actual substrate range is essential
and could be accomplished through heterologous expression in yeast or by complementation of
A. thaliana or yeast transporter mutants.

Better still would be to demonstrate that a candidate gene identified in a Ni hyperaccumulator
is indeed required for Ni hypertolerance or accumulation in that species. This is essential
if our understanding of the molecular basis of Ni hyperaccumulation is to progress beyond
drawing correlations between mRNA or metabolite levels and Ni tolerance or accumulation in a
hyperaccumulator species. To this end, the strategy of R. rhizogenes mediated transformation to effect
gene silencing through artificial miRNA production recently used by de la Torre et al. [32] may be
applicable to other Ni hyperaccumulators. Alternatively, CRISPR/Cas9-mediated mutation offers
great potential to test gene function in Ni hyperaccumulators, and has recently been used in the Cd
hyperaccumulator Sedum plumbizincicola to demonstrate that heavy metal ATPase 1 (HMA1) is required
for Cd export from the chloroplast in order to prevent inhibition of photosynthesis [76].

Finally, what drives the elevated expression of the FPN/IREG and ZIP transporters implicated
in Ni transport in Ni hyperaccumulators? Zn accumulation in both N. caerulescens and A. halleri
results (at least in part) from elevated expression of the HMA4 transporter responsible for xylem
loading of Zn, leading to Zn deficiency in the root tissues of these species, and so to up-regulation
of the transporters involved in Zn uptake [77,78]. In A. thaliana, IRT1 and IREG2 expression is
regulated by the transcription factor FIT, which is itself activated in response to Fe deficiency [79].
S. coronatus hyperaccumulators display elevated expression of a putative FIT orthologue in comparison
to non-accumulators, however this transcript was only detected in shoot tissues, while increased
expression of the putative IRT1 and IREG orthologues occurs in both roots and shoots [24]. Increased
gene copy number and changes in promoter activity have been implicated in the increased HMA4
expression observed in Zn hyperaccumulators [77,78]. Analysis of gene copy number and promoter
DNA sequences of candidate Ni hyperaccumulation genes, coupled with yeast-one-hybrid screens to
identify the transcription factors controlling their expression, will shed light on the regulation and
evolution of this fascinating phenotype in plants.
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Abstract: Sustaining wheat production under low-input conditions through development and
identifying genotypes with enhanced nutritional quality are two current concerns of wheat breeders.
Wheat grain total protein content, to no small extent, determines the economic and nutritive value
of wheat. Therefore, the objectives of this study are to identify accessions with high and low grain
protein content (GPC) under well-watered and water-deficit growth conditions and to locate genomic
regions that contribute to GPC accumulation. Spring wheat grains obtained from 2111 accessions
that were grown under well-watered and water-deficit conditions were assessed for GPC using
near-infrared spectroscopy (NIR). Results indicated significant influences of moisture, genotype,
and genotype × environment interaction on the GPC accumulation. Furthermore, genotypes exhibited
a wide range of variation for GPC, indicating the presence of high levels of genetic variability among
the studied accessions. Around 366 (166 with high GPC and 200 with low GPC) wheat genotypes
performed relatively the same across environments, which implies that GPC accumulation in these
genotypes was less responsive to water deficit. Genome-wide association mapping results indicated
that seven single nucleotide polymorphism (SNPs) were linked with GPC under well-watered
growth conditions, while another six SNPs were linked with GPC under water-deficit conditions only.
Moreover, 10 SNPs were linked with GPC under both well-watered and water-deficit conditions.
These results emphasize the importance of using diverse, worldwide germplasm to dissect the genetic
architecture of GPC in wheat and identify accessions that might be potential parents for high GPC in
wheat breeding programs.

Keywords: wheat; grain protein content; water deficit; genome-wide association mapping

1. Introduction

Wheat (Triticum aestivum L.) is the food commodity for more than third of the world's population.
Wheat grain is a rich source of starch (carbohydrate). Therefore wheat is primarily considered as
a source of energy [1]. However, wheat grain contains also moderate amounts of dietary proteins
which determines, to a large extent, both the end-use quality and wheat grain price [2]. Wheat grain
total protein content (GPC) ranges from 9 to 15% of the dry weight [3,4]. Although, GPC depends
primarily on the genotype; the environment and genotype × environment interaction also plays
an essential role in grain protein accumulation [5].
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Nitrogen fertilization is the critical environmental factor that affects protein accumulation;
if nitrogen fertilization stays constant, increased yield often results in decreased protein content because
of nitrogen dilution by the large biomass [6–9]. Furthermore, under stress conditions, grain protein
content tends to be higher compared to either irrigated or nitrogen-limited conditions [10]. Water deficit
increases grain total protein content, but it decreases grain yield [11]. Wheat genotypes with higher
yield potential tend to have lower protein content and vice versa [12]. Several explanations for the
negative relationship between grain protein content and yield have been proposed [13]. However,
some wheat genotypes deviate from the previous relationship, i.e., they produce high yield and high
grain protein content [14]. That deviation implies that the nitrogen supply to grains was increased,
but it was not associated with a reduction in the grain yield [15].

Exploring genetic resources to identify wheat genotypes with high grain protein content is the
most efficient way to improve the nutritional value of wheat grains [16]. Wheat breeders were successful
in selecting genotypes with a high total protein content that were generated from cultivated materials
such as “Atlas,” “Atlas66” and “Nap Hall” [17]. Previous studies reported higher GPC in landraces
and wild relatives compared to modern wheat genotypes [18,19]. A wild emmer (Triticum turgidum var
dicoccoides) genotype was identified in Israel, i.e., “FA15-3” which was found to be able to accumulate
40% protein when given adequate nitrogen fertilization [20]. High grain protein content gene GPC-B1
allele which was originally identified in wild emmer wheat, was transferred to a spring wheat genotype
and increased grain total protein content by 3% [21]. The GPC-B1 allele accelerates senescence and
increases mobilization of nitrogen, zinc, and iron to the developing grains [22]. Thus, accessions
containing this allele most likely will contain high protein as well as high iron and zinc [23]. However,
most of the modern tetraploid and hexaploid wheat genotypes have lost a functional allele of
GPC-B1 [16]. During the last decade, several QTLs for GPC were mapped using association mapping
(AM) and biparental populations on chromosomes 5A, 5D, 2D, 2B, 6A, 6B and 7A [24–31], that QTLs
were validated and used in marker-assisted selection to improve GPC.

Marker-assisted selection (MAS) was defined as one of the promising avenues to improve wheat
total protein content and grain yield [32]. The critical step in MAS is to identify molecular markers
associated with desirable phenotypic traits using AM or biparental populations [33]. Association
mapping (AM) can be applied to structured populations [34], thus incorporating a broad spectrum of
germplasm is possible [34–36]. However, the successful application of association mapping requires
comprehensive phenotypic and genotypic data. The dramatic decrease in the genotyping costs [37]
in addition to the availability of high throughput phenotyping technologies such as Near-Infrared
Spectroscopy (NIR) make AM a viable approach for large populations [38]. Furthermore, A robust
sequence and annotation of the wheat genome are now available [39] with the latest developments in
genomic technologies. This might allow researchers to identify new loci associated with GPC genes
and dissect the genetic architecture of GPC in wheat.

Three strategies were adopted to select for high GPC and grain yield, i.e., selecting for high
grain protein alone, selecting for high grain protein within highest yielding genotypes, and using
an index to simultaneously select for both protein and yield [40]. In the current study, the most recent
developments in genotyping and phenotyping technologies were applied to identify genomic regions
associated with GPC and select accessions with high and low grain protein content using a worldwide
collection of spring wheat accessions.

2. Materials and Methods

2.1. Plant Materials and Field Growth Conditions

Wheat grains obtained from 2111 wheat accessions (882 landraces; 493 breeding lines; 419 cultivars
and 317 with uncertain category) were used in the current study. The accessions seeds were provided
by the national small grains collection (NSGC) located in Aberdeen, ID, USA. The accessions were
screened in Egypt during 2015/2016 and 2016/2017 growing seasons for total protein content under
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well-watered and water deficit conditions in Damanhour university experimental farm (30◦45′19.4′′ N,
30◦29′4.8′′ E). During the two growing seasons, drought stress was imposed by controlling irrigation
during the reproductive stage in which plants were irrigated at 40% depletion of plant available
water (PAW) (well-watered), or 80% PAW (water deficit). Well-watered and water deficit treatments
were applied on two sublocations within the same experimental farm to facilitate the control of
water application. For both sublocations, the wheat accessions were planted in two replicates using
a randomized incomplete block design [41] in plots of four rows wide with 25 cm between rows and
two meters long. The incomplete blocks consisted of 50 accessions in addition to three check cultivars,
i.e., “Sids13”, Gimmiza 9”, and “Giza 168. The check cultivars were planted in each incomplete block.

2.2. Estimation of Grain Protein Content (GPC)

Grain protein content (% or g/100 g) was estimated using near-infrared spectroscopy (NIR)
with a Perten DA7250 diode array NIR (Springfield, IL, USA). NIR is a nondestructive technique that
complies with the ISO 12099 standard method. The measurements of GPC were done in the near infrared
region 950–1650 nm and readings were processed in NetPlus software (Perten, Hägersten, Sweden),
which includes validation calculation modules, such as calculations of bias, slope, and standard errors of
prediction against the reference methods. However, for initial calibration of the Perten DA7250, the crude
protein content of 100 wheat accessions was measured using the Kjeldahl method (Pelican Equipment’s,
Chennai, India). The correlation coefficient (r) between the calibration set and Perten DA7250 NIR
readings was 0.964 for crude protein (% dry basis).

2.3. Single Nucleotide Polymorphism (SNP)

Wheat accessions included in this study were genotyped through the Triticeae Coordinated
Agriculture Project (TCAP) using the Illumina iSelect 9 K (Illumina, Madison, WI, USA) wheat array [42]
at the USDA-ARS genotyping laboratory in Fargo, ND, USA. The single nucleotide polymorphism
(SNP) markers were filtered by removing SNPs with missing values >10% and minor allele frequency
(MAF) <5%. The filtration step resulted in 5090 high-quality SNPs in which the missing values were
imputed using random forest regression [43], which was applied using the MissForest R/package [44].
Then, the filtered and imputed SNP markers were used for the association mapping analysis, in which
SNP markers were plotted in a Manhattan plot using “WNSP 2013 consensus map”; available on:
(https://triticeaetoolbox.org/wheat/) according to Wang et al. [45].

2.4. Statistical Analysis

Analysis of variance was carried out by fitting the following model [46]:

Yijlm = μ + Ei + EB(il)j + Gm + EGim + εijlm

where Yijlm is the response measured on the ijlm plot, μ is the overall mean, Ei is the effect of ith
environment, EB(il)j is jth incomplete block nested within lth complete block and ith environment
(random), Gm is the effect of mth accession, EGim is the interaction effect among ith environment
and mth accession, and εijlm is the experimental error. Type III expected mean square estimation was
conducted as follows:

Source Type III Expected Mean Square
Environment (Env) Var (Error) + 45.372 Var (IBlock (Env × Rep)) + Q (Env, Env × Genotypes)
Incomplete block (Env × block) Var (Error) + 36.829 Var (IBlock (Env × Rep))
Accessions Var (Error) + Q (Genotypes, Env × Genotypes)
Env × Accessions Var (Error) + Q (Env × Genotypes)

Homogeneity and normality of variance were checked using Bartlett and Shapiro-Wilk statistics
using R/package agricolae [47]; Least Square Means (Lsmeans) were estimated using R/package
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lsmeans [48]. Lsmeans were compared using Tukey’s studentized range (HSD) (at p-value < 0.05).
Pearson correlation analysis (r) was carried out between lsmeans using R/package corr.test [47].
Mean-based heritability (h2) was estimated using the following model:

h2 = σG
2/[σG

2 + (σE
2/ri)]

where σG
2 is the genetic variance, σE

2 the residual variance and ri is the number of replicates [49].

2.5. Association Mapping

The estimated Lsmeans for GPC and SNP markers were subjected to association analysis according
to the following mixed linear model (MLM) in R package GAPIT [50].

Y = μ + Zu + Wm + e (1)

where Y is a vector of the total protein content, μ is a vector of intercepts, u is an n × 1 vector of random
polygene background effects, e is a vector of random experimental errors with mean 0 and covariance
matrix Var(e), Z is an incidence matrix relating Y to u. Var(u) = 2 KVg, where K is a known n × n matrix
of a realized relationship matrix, estimated using the A.mat function in R software [51], as K = WW/C,
where Wik = Xik + 1 − 2pk and pk is the frequency of the one allele at marker k [51], Vg is the unknown
genetic variance, which is a scalar, m is a vector of fixed effects due to SNP markers, W is incidence
matrix relating Y to m. Var(e) = RVR, where R is an n × n matrix, and VR is the unknown residual
variance, which is a scalar too. Furthermore, principal component analysis (PCA) was conducted using
the filtered SNP markers [52] and the integrated PCA function (prcomp) of the R software. In addition
to Model (1), another three models were fitted. Model (2) contained the K matrix and the first PCA;
Model (3) contained the K matrix, in addition to PCA1 and 2. Moreover, Model (4) contained the K
matrix, in addition to the first three PCAs. p-values estimated from the mixed models were subjected
to false discovery rate (FDR) corrections using Q-value estimates applied in the R package q-value [53].
The proportion of phenotypic variance explained (R2) by the significant markers, and their additive
effects were estimated using the GAPIT function, according to Wray et al. [54], in R software [50].

3. Results

3.1. Grain Protein Content (GPC)

Normal distribution and homogeneity of variance for grain protein content (GPC) were observed
across the four environments (two seasons and two water regimes). Thus, combined analysis of variance
across environments was conducted. Combined analysis of variance for GPC indicated a highly
significant effect (p-value < 0.01) for the environments, genotypes, and genotype × environment
interaction (Table 1). Broad-sense heritability estimates ranged from 0.49 to 0.60 for well-watered
and water deficit conditions, respectively. Furthermore, the broad sense heritability estimates across
years, and water regimes (the four environments) was 0.64 lsmeans of the grain protein content (GPC)
ranged from 5.96 to 17.11% with a mean of 10.15 under well-watered conditions during 2016, and 6.88
to 17.43 with a mean of 9.67 in 2017 growing seasons. On the other hand, under water deficit conditions,
GPC ranged from 11.12 to 18.5 with a mean of 14.9 in 2016 and 9.8 to 18.3 with a mean of 13.97 in 2017
growing seasons. Although, no significant difference was detected for the difference between means of
the growing seasons, the difference between the lsmeans of the water regimes was highly significant,
based on HSD at 0.01 probability level. Overall, our results indicated that water deficit increased GPC
by 29% across the two growing seasons (Figure 1).
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Table 1. Analysis of variance for grain protein content (GPC) of the 2111 genotypes across environments.

Source DF Type III SS Mean Square F Value

Environment 3 70,093.78 23,364.59 19,188.5 **
IBlock (Replicate Environment) 256 1361.56 5.31 4.37

Genotypes 2113 26,096.19 12.35 10.14 **
Environment × Genotypes 6255 26,164.38 4.18 3.44 **

Error 9208 11,211.99 1.21

**: Significant at 0.01 probability level.

Furthermore, the correlation between GPC obtained from well-watered with that obtained water
deficit across all genotypes was positive and significant (r = 0.23, p-value = 0.01). The first quartiles for
the GPC across growing seasons (the cut off for the lowest 25%) under well-watered and water deficit
conditions were ≤8.36 and 13.41, respectively (Figure 1). Whereas, the third quartile (the cut off for the
highest 25%) of the genotypes under well-watered and water deficit conditions were ≥11.35 and 14.66,
respectively. The first and third quartiles in this study were used as criteria to classify the genotypes into
high and low GPC genotypes. Therefore genotypes with GPC ≤8.36 under well-watered and ≤13.41
under water deficit conditions, were defined as low protein genotypes. On the other hand, genotypes
with GPC ≥11.35 under well-watered and ≥14.66 under water deficit conditions were defined as
high protein genotypes. Grain protein content (GPC) for all genotypes under well-watered and water
deficit conditions (Figure 2) indicated that 166 (7.8% of the genotypes) had high protein content under
well-watered and water deficit conditions concurrently. Another, 200 genotypes (9.47%) were classified
as low protein genotypes under both well-watered and water deficit conditions concurrently. The top
20 accessions with the highest GPC under well-watered and water deficit conditions are presented in
Table 2, in which no overlapping accessions between the two water regimes were detected. Out of
the top 20 accessions, detected under well-watered conditions, nine landraces were present. On the
other hand, 18 landraces were present among the top 20 accessions detected under water deficit
conditions. Overall, the estimated lsmeans from the landraces (882 accessions) under well-watered
conditions was 10.9; which was 11.22% higher than the overall average of all other accessions (Table 2).
Additionally, under water deficit conditions the average GPC for the landraces was 15.04 which was
7.9% higher than the overall average of all other accessions. Overall, our results indicate that moisture
has a significant impact on GPC accumulation in wheat. Landraces had higher GPC, compared to
other germplasm used in the current study.

Figure 1. Boxplot for the overall performance of the 2111 wheat accessions across the four environments
(well-watered and water-deficit conditions in 2016 and 2017 growing seasons).
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Figure 2. The overall performance of the 2111 wheat accessions across the two growing seasons under
water deficit and well-watered growth conditions.

Table 2. Lsmean values of the grain protein content (GPC) of 20 accessions with the highest
values across 2015/2016 and 2016/2017 growing seasons obtained from well-watered (control) and
water-deficit conditions.

Well-Watered Water Deficit

Accession Origin Improvement Mean Accession Origin Improvement Mean

534,406 Algeria landrace 14.78 366,801 Afghanistan landrace 17.965
534,448 Algeria landrace 15.63 350,850 Austria landrace 18.38
338,364 Belgium cultivar 14.83 350,820 Austria landrace 18.1125
481,731 Bhutan landrace 14.69 565,254 Bolivia landrace 17.9275
14,261 Canada breeding 15.39 374,243 Chad landrace 18.135

313,109 Colombia uncertain 15.13 57,825 India landrace 18.0175
372,434 Cyprus landrace 14.90 382,048 Iran landrace 18.535

428,672
Czech

Republic cultivar 15.33 625,916 Iran landrace 18.43

254,023 Europe uncertain 15.27 623,758 Iran landrace 18.055
278,279 Greece landrace 15.09 624,992 Iran landrace 18.03
468,988 Greece landrace 16.11 624,124 Iran landrace 17.9125
15,396 Lebanon uncertain 15.89 626,116 Iran landrace 17.9075

520,369 Mexico breeding 15.80 623,968 Iran landrace 17.8525
525,283 Morocco landrace 15.49 70,704 Iraq landrace 18.42
477,901 Peru landrace 15.05 191,987 Portugal landrace 18.3475
370,724 Poland cultivar 15.03 345,474 Serbia landrace 18.3975

155,119
Russian

Federation cultivar 15.68 225,424 Uruguay breeding 18.355

479,700
South
Africa cultivar 15.48 225,519 Uruguay breeding 17.8375

241,596 Taiwan cultivar 15.31 36,500 Uzbekistan landrace 17.95
534,366 Tunisia landrace 14.98 24,485 Uzbekistan landrace 17.85

3.2. Association Mapping for Grain Protein Content

A total of 3215 mapped SNPs were used for estimating the extent of linkage disequilibrium (LD)
in the 2111 wheat accessions. Only SNP loci having MAF ≥0.05 and missing values ≤10% were used to
estimate r2 across all SNPs. The estimates of r2 for all pairs of SNPs loci were used to determine the rate
of LD decay with genetic distance. Across the three wheat genomes, i.e., A, B and D using only markers
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with significant r2 (p-value = 0.001), the LD ranged from 0 to 0.35. Overall, LD declined to 50% of its
initial value at about 8 cM (Supplementary Materials, Figure S1). Eigenvector decomposition of the
kinship matrix was used to investigate the population structure among accessions. The first principal
component (PCA) accounts for less than 1% of the total variance (Supplementary Materials, Figure S2).
Nevertheless, GWAS models with kinship matrix (K matrix, supporting information Figure S3) with
zero, one, two or three PCAs were compared using Bayesian information criteria (BIC). The results
indicated noticeable difference between the four models. Additionally, the first model, i.e., with no
PCA produced the highest BIC values, given that the largest is the best [55]. Therefore, we reported
the results of association mapping using only the K matrix in which it accounted for most of the
stratification among accessions.

Association mapping analysis was conducted on each environment separately (two growing seasons
and two water regimes). Genome-wide association mapping (GWAS) indicated that 46 SNP markers
found to be significantly linked with GPC. The significant SNP markers were located on chromosomes
1A (12 SNPs), 1B (12 SNPs), 1D (7 SNPs), 6A (6 SNPs), 6B (7 SNPs) and 6D (3 SNPs) (Figures 3
and 4). Out of the 46 significant SNP markers, ten markers were linked with GPC under well-watered
and water deficit conditions in one growing season at least. Three SNP markers (IWA3169, IWA3501,
and IWA7937) were significantly linked with GPC across the four environments (2016, 2017 growing
seasons, and well-watered and water deficit conditions) (Table 3). Four markers (IWA6649, IWA6787,
IWA3481 and IWA4351) found to be linked with GPC in three environments (2016 well-watered, 2016 and
2017 water deficit conditions) (Table 3). These results together indicate that some loci were significantly
associated with GPC in wheat irrespective of water status.

Figure 3. Manhattan plot for grain protein content (GPC) obtained from genome-wide association
mapping in the 2016 growing season.
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Figure 4. Manhattan plot for grain protein content (GPC) obtained from genome-wide association
mapping in the 2017 growing season.
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Under well-watered conditions for the two growing seasons, seven SNP markers (IWA5150,
IWA4643, IWA4754, IWA3923, IWA6466, IWA6467, and IWA5986) found to be significantly linked with
GPC. On the other hand, under water deficit conditions for the two growing seasons, six SNP markers
(IWA7191, IWA8199, IWA7345, IWA3446, IWA7288, and IWA7287) found to be significantly linked with
GPC. In contrary, 14 markers (IWA4753, IWA4678, IWA4644, IWA4506, IWA4163, IWA3738, IWA5020,
IWA5019, IWA5018, IWA4598, IWA4551, IWA4552, IWA4962, and IWA4730) found to be significantly
linked with GPC during only one growing season under well-watered conditions. Another ten
markers (IWA7616, IWA3624, IWA6673, IWA7007, IWA8551, IWA6610, IWA6611, IWA7480, IWA7048,
and IWA7050) found to be significantly linked with GPC under water deficit conditions in only one
growing season. Repeatability of the GPC associated loci in 2 seasons under any given water treatment
suggests the feasibility of using/developing markers in LD with these loci.

4. Discussion

Protein content is an essential compositional trait in wheat, which has a broad impact in the food
industry concerning human nutrition and health. Consequently, breeding for enhanced end-use quality
is one of the essential breeding goals in wheat. However, GPC in wheat is positively affected by water
deficit compared to well-watered conditions [10]. In this study, we seek to evaluate a comprehensive
spring wheat collection for grain protein content (GPC) and to locate genomic regions associated with
GPC under well-watered and water deficit conditions using GWAS approach.

The most striking observation in this study was the weak, positive and significant correlation
between GPC obtained from the well-watered condition and water deficit conditions (r = 0.23).
That weak correlation implies strong genotype × environment interaction, in which genotypes
responded differently concerning water treatment. Increase in GPC under water deficit conditions
could be mainly due to higher rates of accumulation of grain nitrogen and lower rates of accumulation
of carbohydrates. High moisture, on the other hand, may decrease GPC by dilution of nitrogen with
carbohydrates [56]. An increased grain protein and gluten content in response to water deficit as
compared to the well-watered experiment in a winter wheat was also reported in a previous study [57].
The current study, as well as previous reports, indicated a significant effect of environment (moisture
and growing seasons) on wheat GPC accumulation. Analysis of variance indicated a significant effect
of moisture, genotype, and genotype × environment interaction on GPC in wheat, suggesting that
GPC is a complex trait influenced by several factors. The significant genotypic effect observed in
this study also indicated a wide range of variation for GPC accumulation among wheat accessions
used. Moreover, around 366 (166 with high GPC and 200 with low GPC) wheat genotypes performed
relatively the same across environments, which implies that GPC accumulation on these genotypes
was less responsive to moisture.

Genotypic variation is a result of several alleles on genes which result in different responses to
environmental conditions [58]. Furthermore, landraces serve as a valuable genetic resource in which
it might provide new alleles for improvement of economically important traits such as GPC [19].
Results reported herein showed that landraces outperformed cultivated genotypes concerning GPC.
These findings agree with previous reports [59,60] in which 121 landraces, 101 obsolete cultivars,
and modern wheat cultivars were evaluated for GPC under the same environmental conditions,
and landraces had higher total protein content compared to other studied accessions. Grain quality
of some wheat landraces should be of particular interest because much broader diversity can be
found in landraces compared to modern wheat cultivars [61]. Additionally, most of the organic wheat
production systems rely on cultivars that were developed for high-input production systems [60,62].
Wheat landraces have been developed mostly in environments with low nutrient availability; they
represent a source of variation for selection of genotypes adapted to cropping systems with low
fertilizer input [61]. In the current study, we identified 224, 214 and 70 wheat landraces that
were found to have high GPC under well-watered, water deficit and both conditions, respectively.
Our results and previous reports indicated that GPC depends mainly on genotype, environment,
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and genotype × environment interaction [59]. However, the response mechanism that modifies protein
accumulation under water deficit conditions is still unclear. Recently, a putative mechanism underlying
the increased accumulation of storage proteins in wheat endosperm under water deficit was provided
by Chen et al. [63]. They identified four differentially expressed miRNAs induced by drought stress
that may affect the development of protein bodies in caryopsis by regulating the expression levels of
target genes involved in protein biosynthesis pathways.

One of the primary goals of this study was to locate significant genomic regions that control
the accumulation of GPC which might shed light on the genetic architecture of GPC and the protein
accumulation mechanism. The genome-wide association mapping analysis, applied in the current
study, using the kinship (K) matrix in a mixed model indicated that K matrix was adequate in
accounting for population structure [64]. Also, these results agree with those of Zhao et al. [65], in which
they found that K models were adequate for genome-wide association mapping. Furthermore, the K
model was more effective in reducing the false-positive rate compared to using the Q + K model.
Linkage disequilibrium (LD) was estimated using r2 among all pairs of SNPs loci, in which r2 in this
study was 0.09, which is higher than that obtained by Breseghello and Sorrells [66] and 0.019 reported
by Neumann et al. [67] because of their small size populations, and with a similar number of marker
pairs. This indicates that the population size might have an impact on the LD.

Genome-wide association analysis (GWAS) was conducted on each environment separately to
measure the repeatability of the significant SNPs, and the effect of moisture on the genomic regions
controlling GPC. Several SNPs found to be significantly linked to the GPC under well-watered
conditions but not significantly linked to GPC under water deficit conditions and vice versa. Moreover,
ten QTLs were linked with GPC under both well-watered and water deficit conditions. The GWAS
analysis suggested a significant role of genotype × environment interaction in detecting GPC associated
loci. Genome-wide association studies using diverse wheat germplasm have successfully detected
GPC associated loci in durum wheat [68], and bread wheat lines [69]. Thus, the SNPs associated with
GPC under water deficit or well-watered environmental conditions, from this study might provide
useful molecular information for wheat breeders to incorporate specific QTLs to increase GPC in low
input or drought-stressed environments. Around 50% of the significant SNPs detected in the current
study was on chromosome 1, where copies of Glu-B1 and Gli-B1 genes reside [70]. Glu-B1 and Gli-B1
genes were previously reported to contribute of about 24.6 and 19.5% of the total phenotypic variation
for sedimentation volume (determines gluten strength and in turn cooking quality of pasta) [2]. Several
SNP loci in LD with sedimentation volume were discovered recently on chromosome 1A and 1B,
in durum wheat [68].

These results together emphasized the importance of using diverse worldwide germplasm to
dissect the genetic architecture of GPC in wheat and identify accessions that might be potential parents
in wheat breeding programs. Ongoing multiple years, multiple replication study using 406 accessions
identified in the current study is being conducted, to evaluate these genotypes for yield and validate the
GPC associated loci detected herein. Furthermore, GPC estimates under well-watered and water deficit
conditions was used as a selection parameter to downsize the number of accessions from 2111 to 406.
Reducing the number of accessions will allow us to profoundly investigate other wheat quality aspects
such as concentrations (soluble and insoluble) of glutenin, α/β, γ gliadin and albumin/globulin in
addition to the total protein for high and low GPC genotypes.

5. Conclusions

Based on previous research and our findings, the spring wheat collection used in this study
contains high protein accessions. Furthermore, GPC measurement under well-watered and water
deficit conditions was used as a selection criterion to reduce the number of accessions from 2111 to 406
accessions. This reduction in the number of studied accessions will allow us to profoundly study other
wheat quality aspects such as concentrations (soluble and insoluble) of glutenin, α/β, γ gliadin and
albumin/globulin in addition to the total protein for high and low GPC genotypes. It also represents
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a precious resource for further investigations including annotation of relevant genomic regions/genes
using available wheat genomic resources to study the GPC. Results of GWAS indicated that several
genomic regions were involved in GPC accumulation in wheat grains. Furthermore, GWAS results
also suggested a significant role for genotype x environment interaction in the identification of GPC
associated loci under well-watered and water deficit conditions. The identified loci might allow
development of marker-assisted selection (MAS) for GPC and might also facilitate the development
of a better understanding of the genetic architecture that controls GPC in wheat. Therefore, the high
and low GPC accessions identified in the current study were included in ongoing multiple years and
locations studies to evaluate them for yield and confirm the GPC associated loci detected.

Supplementary Materials: The following are available online at http://www.mdpi.com/2223-7747/7/3/56/s1,
Figure S1: Decay of r2 as a function of genetic distance between SNP markers estimated for 2111 spring wheat
collection from different geographic regions, Figure S2: The percentage of variance explained by principal
components (PCA), Figure S3: Heatmap and dendrogram of a kinship matrix estimated using the A.mat function
(rrBLUP package) based on 5090 SNPs among 2111 wheat accessions.
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Abstract: High temperatures are a significant stress factor for plants. In fact, many biochemical
reactions involved in growth and development are sensitive to temperature. In particular, heat stress
(HS) represents a severe issue for plant productivity and strategies to obtain high yields under this
condition are important goals in agriculture. While selenium (Se) is a nutrient for humans and
animals, its role as a plant micronutrient is still questioned. Se can prevent several abiotic stresses
(drought, heat, UV, salinity, heavy metals), but the action mechanisms are poorly understood. Se
seems to regulate reactive oxygen species (ROS) and to inhibit heavy metals transport. In addition,
it has been demonstrated that Se is essential for a correct integrity of cell membranes and chloroplasts,
especially the photosynthetic apparatus. Previous results showed that in tobacco (Nicotiana tabacum cv.
Bright-Yellow 2) cultures HS (5 min at 50 ◦C) induced cell death with apoptotic features, accompanied
by oxidative stress and changes in the levels of stress-related proteins. In this work we investigated
the effect of Se on the responses induced by HS. The obtained results show that Se markedly reduces
the effects of HS on cell vitality, cytoplasmic shrinkage, superoxide anion production, membrane
lipids peroxidation, activity of caspase-3-like proteases, and the levels of some stress-related proteins
(Hsp90, BiP, 14-3-3s, cytochrome c).

Keywords: cell death; heat stress; plant cell cultures; selenium; tobacco BY-2

1. Introduction

Plants are heterothermic sessile organisms in thermal equilibrium with the environment. Strong
temperature variations exceeding lower or higher limits of the thermal optimum for the life of the
plant are sensed as thermal stress, cold stress or heat stress (HS), respectively. Thermal stress can
compromise the vital functions of the plant more or less severely, depending on the organ affected and
its developmental stage [1]. In fact, roots may tolerate lower temperatures than stems and expanded
leaves tolerate higher temperatures than the young ones. Thermal stress, in particular HS is one of the
main causes of the reduction in crops productivity because the light energy required for photosynthesis
results in a considerable increase of the temperature in the exposed tissues [2]. In addition, HS is
able to influence growth and biodiversity of forests [3]. This is very important considering the global
warming in progress in present years with increasing temperatures and decreasing precipitation with
a consequent reduction of wetlands and an increase in areas at risk of desertification [3]. In fact,
forests, thanks to their ability to fix carbon dioxide, absorb greenhouse gases and filter anthropogenic
pollutants, potentially play a crucial role in the moderation of these changes [3]. Thus, the study of the
effects of HS is of great interest for plant biologists.

Plants have evolved different responses to HS to minimize damage and ensure the conservation
of cell homeostasis. An intense HS causes a “Heat shock response” (Hsr), which involves the rapid
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activation of “HS genes” due to the specific transcription factors, named “HS factors” (Hsf). The activity
of Hsf induces the synthesis of specific “Heat shock proteins” (Hsp), that act as molecular chaperones
involved in plant tolerance to a wide range of stresses [2]. HS can lead to protein denaturation and
alteration of the membrane fluidity. This effect may result in high production and accumulation of
reactive oxygen species (ROS) causing oxidative stress and, hence, cellular necrosis. On the other
hand, low ROS concentrations may act as a second messenger for signal transduction pathways
regulating a wide range of cellular functions including programmed cell death (PCD) [4,5]. PCD is an
ubiquitous genetically controlled process aimed at eliminating cells that are not necessary or harmful
for the proper development of the organism. Among the others, the form of PCD that is the object of
major studies and is therefore better known, is the apoptosis of animal cells. Various forms of PCD
are also observed in plants, where they are induced by various biotic and abiotic stimuli, including
HS [6]. For a long time, selenium (Se) was considered toxic until it was recognized as a micronutrient
for humans and other animals [7]. Se is present as selenocysteine in the catalytic site of several
selenoproteins involved in important metabolic processes, such as thyroid hormone metabolism,
mechanisms of protection from oxidative stress and immune response [8]. In several countries the very
low soil concentration of Se causes deficiency in the diet of more than a billion people worldwide [9].
This implies important health problems [10]. Cultivated plants are an important source of Se for
humans and livestock. Being chemically analogous to sulphur, Se is absorbed by all plants by sulphate
transporters and is sequestered in the form of selenite and selenate [11]. The levels of Se accumulation
depend on the abundance of Se in the soil and the levels of the sulphur compounds that compete for
absorption [12]. Several attempts were made in order to increase Se content in plants. Changes in the
enzymes associated with sulphur metabolism have been widely used to vary Se levels in plants [13].
Recent researches use plant-microbome interactions to increase biofortification with Se and cultivate
accumulating plants on seleniferous soils, thus ameliorating soil characteristics for further cultivation.
In addition, the biomass of these accumulating plants could be used to enrich the diet of people and
their livestock. Finally, given that different species of plants seem able to affect the accumulation of Se
from nearby plants and perhaps even their speciation, different co-cultivation techniques could be
tested to optimize biofortification with Se of the cultivated plants and their nutritional quality [14].
Despite these studies, until now, there has been no clear evidence of Se essentiality for plants growth.
The metal seems to play a dual role: At high doses, it acts as a pro-oxidant agent, causing serious
damage to the plant, while low doses can counteract abiotic stress induced by high temperatures,
drought, intense light, UV rays, excess of water, salinity and heavy metals [15]. The accumulation of
ROS in response to excess of Se may depend on an insufficient presence of antioxidant compounds
such as reduced glutathione, thiols, reduced ferredoxin and/or NADPH [16]. These compounds are
also involved in the assimilation of Se, thus their concentration can be insufficient to satisfy necessity
for Se uptake and at the same time to contrast accumulation of ROS [16]. In contrast, low levels of Se
can decrease accumulation of ROS, especially O2

.− and/or H2O2, in plants subject to different stresses.
Reduction of O2

.− levels can depend on: spontaneous dismutation of O2
.− to H2O2 (not catalyzed

by the enzyme superoxide dismutase SOD) [17], direct elimination of O2
.− by Se compounds [18],

regulation of antioxidant enzymes [15]. However, the mechanisms associated with the protective effect
of Se against stresses appears complex and not yet fully understood. In addition to involvement in
the mechanism of ROS regulation, a role for Se has been proposed in the inhibition of absorption and
translocation of heavy metals. Furthermore, it seems to play a fundamental role in the reconstitution of
the cell structures and chloroplasts, and in the recovery of the photosynthetic apparatus after stress [15].
However, an excess of Se could exacerbate the damage to the photosynthetic apparatus and could
result in overproduction of starch [19].

Cultured cells are a good experimental material to investigate the responses elicited by HS due
to their greater homogeneity compared to complex tissues. Furthermore, this system can be more
controlled thus increasing the reproducibility of stress conditions. Previous results showed that
in tobacco (Nicotiana tabacum cv. Bright-Yellow 2) cultures HS (5 min at 50 ◦C) induced cell death
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with apoptotic features, accompanied by oxidative stress and changes in the levels of stress-related
proteins [4,6]. In this work we investigated the effect of Se on the responses induced by HS. The
obtained results show that Se markedly reduces the effects of HS on cell vitality, cytoplasmic shrinkage,
superoxide anion production, membrane lipids peroxidation, activity of caspase-3-like proteases,
and the levels of some stress-related proteins (Hsp90, BiP, 14-3-3s, cytochrome c).

2. Results

2.1. HS and Se Effects on Cell Viability and Cytoplasmic Shrinkage

To our knowledge, the effect of Se on plant cultured cells has never been investigated. Thus,
to identify the most appropriate Se concentration to use in subsequent experiments, in preliminary
experiments we evaluated the effects of different Se concentrations on the accumulation of dead cells
induced by HS. Figure 1 shows that in cell cultures not subjected to HS, the percentage of dead cells is
very low and does not vary during the experiment. HS determines a progressive accumulation of dead
cells, already evident after 3 h of treatment. The results show that there is a progressive protective
effect on the appearance of dead cells induced by HS by increasing the concentration of Se up to 1 mM.
A further increase in Se concentration does not ameliorate the protective effect but rather seems to
reduce it. Therefore, the concentration of 1 mM Se was used in subsequent experiments.

Figure 1. Effect of different Se concentrations on HS-elicited accumulation of dead cells in the cultures.
Means ± SD (n ≥ 9) are shown. Different letters show significant differences among treatments at each
time (Tukey HSD test, p ≤ 0.05).

To better characterize the process of death induced by HS, we considered the appearance of cells
with shrinked cytoplasm. This morphological modification is presumably caused by destructuration
of the cytoskeleton, and in cultured cells is considered an index of PCD with apoptotic features [4,20].

Figure 2 shows that, similarly to the percentage of dead cells, the percentage of control cells with
shrinked cytoplasm is very low, constant over time and not influenced by the presence of Se. The
treatment with HS leads to a considerable increase in the percentage of cells with shrinked cytoplasm
that is in part prevented by Se. At all experimental times it is observed that the percentage of dead
cells is slightly higher than that of cells with shrinked cytoplasm, suggesting the presence of different
forms of cell death [21].
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Figure 2. Effect of Se on HS-elicited cytoplasmic shrinkage. Means ± SD (n ≥ 9) are shown. Different
letters show significant differences among treatments at each time (Tukey HSD test, p ≤ 0.05).

2.2. HS and Se Effects on Accumulation of O2
.− and MDA and on Caspase-3-like Activity

O2
.− is a highly reactive ROS, responsible for important oxidative damage [21]. Treatment with

HS (Figure 3) causes a progressive accumulation of O2
.−. This accumulation is almost totally prevented

by Se, at least for the first experimental times (up to 4 h).

Figure 3. HS and Se effects on O2− accumulation in the culture medium. Means ± SD (n ≥ 9) are
shown. Different letters show significant differences among treatments at each time (Tukey HSD test,
p ≤ 0.05).

At cell level, peroxidation of membrane lipids is one of the main damages induced by oxidative
stress and its degree was assessed by determining the level of malondialdehyde (MDA), a byproduct
of polyunsaturated fatty acids oxidation, which typically originates after oxidative stress [21]. Figure 4
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shows that the level of MDA of the control cells is low, constant, and not influenced by Se. At each
time, HS causes a considerable production of MDA, significantly decreased by Se.

Figure 4. HS and Se effects on MDA accumulation. Means ± SD (n ≥ 9) are shown. Different letters
show significant differences among treatments at each time (Tukey HSD test, p ≤ 0.05).

To characterize further the effect of Se on HS-elicited cell death we analysed caspase3-like
proteases activity, another typical PCD marker that often increases during plant PCD. Figure 5 shows
that Se strongly reduces the HS-elicited marked increase in this activity.

Figure 5. HS and Se effects on caspase-3-like activity. Means ± SD (n ≥ 6) are shown. Different letters
show significant differences among treatments at each time (Tukey HSD test, p ≤ 0.05).

2.3. HS and Se Effects on Stress-related Proteins

Finally, we analysed the effect of HS and Se on the levels of some stress-related proteins by
gel blotting. Mitochondrial Hsp 90 are molecular chaperones that control the activity of different
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substrates. BiP, an Hsp70 present in the endoplasmic reticulum, accumulates under different stress
conditions. The regulatory proteins 14-3-3s control many processes of plant cells, including cell death
and cytochrome c release from the mitochondrion to the cytosol, a marker of apoptotic death in animals
and plants [21].

Figure 6 confirms the previously reported effects of HS on the examined proteins [21], and
shows that at both times Se diminishes the accumulation of microsomal BiP and almost completely
prevents the accumulation of cytosolic 14-3-3s, the reduction of mitochondrial Hsp90 and the release
of cytochrome c from mitochondria elicited by HS.

Figure 6. HS and Se effects on the levels of stress-related proteins. (C) control; (Se) cells + 1 mM Se;
(HS) HS-treated cells; (HS + Se) HS-treated cells + 1 mM Se. Results of a typical experiment (n = 3) run
in duplicate are presented. 50 mg of proteins were run in each lane. An arbitrary value of 100 was
assigned to the quantity of immunodecorated protein of the controls.

3. Discussion

The influence of selenium on the HS-elicited responses of tobacco cells was tested by measuring in
the absence and presence of Na-selenate the following parameters: cell viability, cytoplasmic shrinkage,
superoxide anion production, membrane lipids peroxidation, activity of caspase-3-like proteases,
and the levels of some stress-related proteins (Hsp90, BiP, 14-3-3s, cytochrome c).

3.1. HS and Se Effects on Cell Viability and Cytoplasmic Shrinkage.

This work (Figures 1 and 2) shows that Se strongly reduces the previously reported eliciting effect
of HS on cell death and cytoplasmic shrinkage [6].

At proper concentrations, Se promotes growth, delays plant senescence, and precocious fruit
ripening induced by different abiotic stresses, HS included [13]. Leaf and fruit senescence are processes
involving programmed cell death, and when not precisely regulated can lead to important decreases
in productivity in several horticultural species. The protective effect of Se against inappropriate
senescence could be due to its reported ability to reduce respiratory intensity and ethylene production
in different plant species [13]. Interestingly, the inhibitor of ethylene production Co2+ prevents cell
death and cytoplasmic shrinkage induced by HS in tobacco cell cultures [6].
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3.2. HS and Se Effects on O2
−. and Malondialdehyde Accumulations.

The HS-elicited oxidative stress with accumulation of O2
.− and malondialdehyde is largely

inhibited by Se (Figures 3 and 4). Similar results have been recently obtained in cucumber plants
under HS and in Zea mays exposed to water stress where stress-induced accumulations of O2

.− and
MDA are prevented by Se [22,23]. These results are not surprizing. In fact, Se acts as an antioxidant
in different plant species under biotic and abiotic stresses. This protective effect of Se depends on
the induced higher activity of several antioxidant enzymes and on the increased content of some
antioxidant compounds (glutathione and flavonoids) [11,13].

3.3. HS and Se Effects on Caspase-3-like Activity and on Cytochrome c Release

Specific cysteine proteases named caspases are required for the progression of animal apoptosis.
In plant cells too there are proteins with similar activity called caspases-like or metacaspases [6]. Se
(Figure 5) largely prevents the HS-elicited increase in the activity of these enzymes, reported in our
previous work [21]. Another ubiquitous marker of apoptotic-like PCD related to caspases is the release
of cytochrome c from the mitochondrion [6]. We previously reported induction of cytochrome c release
by HS [6,21]. Here we show that this release is markedly reduced by Se (Figure 6). These protective
effects of Se can be due to its antioxidant effect (ROS are potent regulators of PCD) or to the effect of Se
on expression of genes implied in antioxidant activity and defense responses ([11] and see below for
further discussion).

3.4. HS and Se Effects on the Levels of Hsp90, BiP and 14-3-3s.

As widely reported, plants evolved a set of responses to deal with HS, that includes changes of
biochemical and physiological processes due to modifications of gene expression. These modifications
can result in acclimation or adaptation to stress [24]. In this investigation, we studied the HS and Se
effects on some stress-related proteins. Our data confirm the previously reported effects of HS on the
examined proteins [21] and show that Se diminishes the accumulation of BiP and almost completely
prevents the accumulation of 14-3-3s and the reduction of Hsp90 elicited by HS (Figure 6).

To our knowledge, a genomic approach has scarcely been used to study the protective role of
Se against stresses. Sun and co-workers performed a comparative proteomics analysis on cucumber
plants treated with Cd [25]. Comparing 2-DE gels, these researchers observed several protein spots
changed by Se+Cd compared to Cd alone. By MALDI–TOF–MS mass spectrometry, they identified
proteins whose relative abundance was significantly reduced by Cd and restored by Se. Among the
others, ascorbate oxidase, glutathione-S-transferase and Hsp STI-like expression were strongly reduced
by Cd and reincreased by Se [25]. More studies were conducted on the Se effect on the proteome of
different plant species. For example, Wang and co-workers by 2-DE gels and MALDI-TOF/TOF mass
spectrometry performed a comparative proteomics analysis on the effect of different Se concentrations
on rice seedlings [19]. Their results showed that low (non-toxic) Se concentrations up-regulate proteins
involved in ROS detoxification and resistance to pathogens such as beta-1,3-glucanase and chitinase.
The expression of the same proteins was down-regulated by high (toxic) Se concentrations [19]. Finally,
the Se hyperaccumulator Stanleya pinnata shows higher expression of genes involved in sulphur uptake
and assimilation, antioxidant activities and defense compared to the related secondary Se accumulator
Stanleya albescens [26]. In particular, the hyperaccumulator species shows a higher expression than the
related species for genes encoding Hsp and luminal chaperones such as BiP both in the absence and in
the presence of Se [26].

4. Material and Methods

4.1. Cell Culture Growth and Experimental Conditions

Growth of tobacco BY-2 (Nicotiana tabacum L. cv Bright-Yellow 2) cells and heat treatment (5 min
at 50◦ C) were performed as described [6]. Na-selenate (Na2SeO4) was supplied 10 min before HS.
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4.2. Cell Death and Cytoplasmic Shrinkage Assays

Cell death was estimated spectrophotometrically with the vital dye Evans Blue as in Reference [21].
The percentage of cells showing cytoplasmic shrinkage was determined as in Reference [6].

4.3. O2
.− Assay

The O2
.− anion generation was evaluated spectrophotometrically as reduction of XTT to XTT

formazan as described [21].

4.4. Proteases Activity and Membrane Lipid Peroxidation

Caspase3-like proteases activity was measured spectrophotometrically with a caspase-3
colorimetric activity assay kit following the manufacturer’s instructions (BioVision Research Products,
Mountain View, CA 94043, USA) as described [21].

The level of membrane lipid peroxidation was evaluated spectrophotometrically by measuring
the content of malondialdehyde, a secondary end product of the oxidation of polyunsaturated fatty
acids [21].

4.5. SDS-PAGE and Protein Gel Blots

Cells were collected by gentle centrifugation, frozen in liquid nitrogen and homogenized for 5 min
at maximum speed with a Ultra-Turrax T25 device. The cell homogenate was differentially centrifuged
to obtain the different fractions (i.e., mitochondrial, microsomal and soluble) for SDS-PAGE analysis as
described [21].

Equal amounts of proteins were separated by discontinuous SDS-PAGE (4% stacking, 10%
resolving gel) as described [21]. Immunodecorations of cytochrome c, 14-3-3 proteins, Hsp 90 and BiP
were perfomed as described [21].

4.6. Statistical Analyses

GraphPad Prism 4 program from GraphPad Software, Inc., San Diego, CA, USA was used to
statistically analyse the results. Tukey HSD test, p ≤ 0.05, was used in the study.

5. Conclusions

To summarize, Se can effectively reduce the effect of HS on cell death with apoptotic features,
oxidative stress and levels of stress-related proteins. This protective effect of Se can be due to its direct
antioxidant effect and/or to an effect on the expression of genes implied in antioxidant activity and
defense responses. In the future, molecular and genomic studies could be valuable to elucidate the
mechanisms associated with the protective effect of Se against heat stress in cell cultures as well as
in plants.
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Abstract: Nitrogen (N) is one of the essential macronutrients that plays an important role in plant
growth and development. Unfortunately, low utilization rate of nitrogen has become one of the main
abiotic factors affecting crop growth. Nevertheless, little research has been done on the molecular
mechanism of wheat seedlings resisting or adapting to low nitrogen environment. In this paper, the
response of wheat seedlings against low nitrogen stress at phenotypic changes and gene expression
level were studied. The results showed that plant height, leaf area, shoot and root dry weight,
total root length, and number under low nitrogen stress decreased by 26.0, 28.1, 24.3, 38.0, 41.4,
and 21.2 percent, respectively compared with plants under normal conditions. 2265 differentially
expressed genes (DEGs) were detected in roots and 2083 DEGs were detected in leaves under low
nitrogen stress (N-) compared with the control (CK). 1688 genes were up-regulated and 577 genes
were down-regulated in roots, whilst 505 genes were up-regulated and 1578 were down-regulated
in leaves. Among the most addressed Gene Ontology (GO) categories, oxidation reduction process,
oxidoreductase activity, and cell component were mostly represented. In addition, genes involved in
the signal transduction, carbon and nitrogen metabolism, antioxidant activity, and environmental
adaptation were highlighted. Our study provides new information for further understanding the
response of wheat to low nitrogen stress.

Keywords: morphological characteristics; transcriptome sequencing; wheat; low nitrogen stress

1. Introduction

Wheat is one of the most widely grown cereal crops all over the world [1]. However, low utilization
rate of nitrogen (N) fertilizer severely limits the yield and quality of wheat [2]. Excessive application of
nitrogen fertilizer is one of the main ways to ensure crop yield and quality, yet plants can only use
about 30% to 40% of the applied nitrogen fertilizer. No less than 40% of the nitrogen fertilizer applied is
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lost by leaching into the groundwater, lakes, rivers and atmosphere, giving rise to severe pollution [3].
In order to solve this problem, the technology of ‘reducing fertilizer and increasing efficiency’ has been
popularized in our country. Recent studies have shown that insufficient nutrient supply has a serious
impact on plant growth [4–6]. Evidence from Jeuffroy et al. indicated that nitrogen deficiency of
winter wheat generally can result in slow growth, fewer tillers, and yellowish leaves [7]. The negative
effects of low nitrogen on the formation of wheat root morphology have been discussed, including the
decreased root length, root number, root surface area, and root dry weight [2,8]. Furthermore, Rose et al.
suggested that the developed root architecture has stronger nitrogen uptake capacity, such as greater
root length and root surface area [9]. Understanding the morphological response characteristics of
wheat seedlings under low nitrogen stress is of critical importance for agricultural fertilization and
selection of resistant varieties.

In recent years, transcriptome profiling using next-generation sequencing technologies has been
used to study the transcription of genes and the regulation of transcriptional at the overall level [10].
Transcriptome analysis based on Illumina’s RNA-sequencing platform in order to explore gene
expression in response to nitrogen nutrition stress in plants has been carried out. Wan et al. revealed
that wheat amino acid transporters play a vital role in nitrogen transport, response to abiotic stress,
and development based on transcriptome analysis [11]. Dai et al. studied how the accumulation of
wheat grain storage protein is regulated during grain development in response to nitrogen supply
by using transcriptome profiling [12]. Asparagine is considered to be an ideal nitrogen transport
molecule, as it plays a major in nitrogen uptake by plant roots [13]. Previous works have found
asparagine synthetase genes (AsnS) in Arabidopsis [14] and maize [15]. Curci et al. showed that AsnS
genes were down-regulated in durum wheat roots and leaves under nitrogen stress [1]. In addition,
when plants grow nitrogen-free condition, the genes involved in nitrogen compound metabolism,
carbon metabolism, amino acid metabolism, and photosynthesis were down-regulated in roots and
leaves [16,17].

Although great progress has been done on the adaptation mechanisms of plants to abiotic stress,
little research is available on wheat seedlings response to low nitrogen stress. In this work, besides
studying morphological changes between low nitrogen stress and control samples, we focused on
transcriptome analysis of wheat seedlings under low nitrogen stress using high-throughput sequencing.
Our results provide a basis for understanding wheat’s response to low nitrogen stress and the molecular
mechanisms that underlie it.

2. Results

2.1. Low Nitrogen Stress Affects Wheat Seedlings Morphology

Wheat seedlings exposure to N- produced a significant growth inhibition compared to control
(CK), as observed on plant height, leaf area, shoot dry weight, root dry weight, total root length, and
total root number. N- led to a significant (p < 0.05) decrease in plant height, leaf area, shoot dry weight,
root dry weight, total root length, and total root number by 26.0, 28.1, 24.3, 38.0, 41.4 and 21.2 percent,
respectively, compared to CK (Table 1). These results suggest that wheat seedlings are highly sensitive
to low nitrogen environments, and low nitrogen stress seriously affected the growth of wheat.
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Table 1. Effects of low nitrogen stress on plant height, leaf area, shoot dry weight, root dry weight,
total root length, and total root number of wheat seedlings. Different treatments represent: The control
(CK), low nitrogen stress (N-). The data are from the average of 15 seedlings, for each parameter, mean
values (±standard error) are presented.

Treatment
Plant Height

(cm)
Leaf Area

(cm2/Plant)

Shoot Dry
Weigh

(mg/Plant)

Root Dry
Weigh

(mg/Plant)

Total Root
Length

(cm/Plant)

Total Root
Number

CK 26.58 ± 0.60 a 14.70 ± 0.17 a 30.77 ± 0.27 a 23.17 ± 0.57 a 57.83 ± 1.31 a 8.50 ± 0.26 a

N- 19.67 ± 0.56 b 10.57 ± 0.24 b 23.29 ± 0.32 b 14.37 ± 0.76 b 33.90 ± 1.25 b 6.70 ± 0.03 b

Note: Different letters (a,b) indicate that there are significant differences at 0.05 level according to Tuckey’s test.

2.2. Overview of Transcriptome Sequencing Results

The genome-wide transcriptional response to low nitrogen stress in wheat seedlings was
investigated by high-throughput RNA-seq. Seedling samples, CK and N-, were sequenced using an
Illumina HiSeq platform. Approximately 40.83 to 45.10 million 150 bp paired-end clean reads were
obtained from leaf CK and N- samples, respectively, while root CK and N- samples engendered 40.73
to 43.72 million reads, respectively, after adapter trimming and filtering low-quality reads (Table 2).
The average leaf Q20, Q30, and GC (Base G + Base C) contents were 95.39%, 89.06%, and 55.00%,
respectively. Similarly, the average root Q20, Q30, and GC contents were 95.12%, 88.67%, and 54.00%
respectively, with the clean reads of Q20 occupying over 95% of the total reads. These findings attest to
the fine quality of the sequencing results. The respective mapped reads information between CK and
N- leaf samples was: 84.43% and 84.03% total mapped; 8.06% and 6.50% multiple mapped; 91.94% and
93.50% uniquely mapped, respectively. Between CK and N- root samples 71.01% and 77.41% were total
mapped, 6.76% and 5.64% were multiple mapped, while 93.24% and 94.36% were uniquely mapped
(Table 2). The transcriptome data was deemed suitable for subsequent analysis.

Table 2. Summary of RNA-seq data and reads mapping. Different treatment represents: The CK and
N- of leaf, the CK and N- of root.

Sample
Raw

Reads
Clean
Reads

Q20
(%)

Q30
(%)

GC
(%)

Total
Mapped

Multiple
Mapped

Uniquely
Mapped

Leaf
CK 45,633,102 45,096,752 95.24 88.76 55.38 38,073,404

(84.43%)
3,068,994
(8.06%)

35,004,410
(91.94%)

N- 41,236,032 40,827,914 95.53 89.35 54.62 34,306,913
(84.03%)

2,229,665
(6.50%)

32,077,248
(93.50%)

Root
CK 41,250,032 40,726,872 95.24 88.94 53.08 28,921,761

(71.01%)
1,953,811
(6.76%)

26,967,950
(93.24%)

N- 44,308,466 43,721,986 95.00 88.39 54.92 33,846,419
(77.41%)

1,908,786
(5.64%)

31,937,633
(94.36%)

2.3. Low Nitrogen Stress Affects Genes Expression in Wheat Seedlings

Compared with the control, a total of 2265 DEGs were found in roots under low nitrogen stress, of
which 1688 genes were up-regulated and 577 genes were down-regulated (Figure 1, Table S1). In a total
of 2083 DEGs in leaf transcripts, 505 genes were up-regulated and 1578 genes were down-regulated
(Figure 1, Table S2). We observed that a larger number of genes were up-regulated in roots, and a
larger number of genes were down-regulated in leaves. Overall, the total number of DEGs in roots
were higher than in leaves.
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Figure 1. Volcano Plot of differentially expressed genes (DEGs) between the control and low nitrogen
stress of wheat seedlings leaves (a) and roots (b). The two vertical dotted lines are twice of the
difference threshold, and the horizontal dotted line represents p-value is 0.05. The red dots indicate the
up-regulated genes in this group, the blue dots indicate the down-regulated genes in this group, and
the gray dots indicate the non-significant differentially expressed genes. (c) Number of genes up-and
down-regulated in leaves and roots. The red column indicate the number of up-regulated genes, while
the blue column indicate the number of down-regulated genes.

2.4. GO Enrichment Analysis of DEGs

Gene ontology (GO) enrichment analysis was carried out to further characterize the main biological
functions of DEGs in wheat seedlings under low nitrogen stress. All the DEGs can be divided into three
categories, including biological process, molecular function, and cellular component. Furthermore, the
three categories could further be divided into 45 subcategories in the leaf, of which 28 subcategories
were significantly (p < 0.05) enriched (Figure 2; Table S3). There were ten, ten, and six enriched
subcategories belonging to the categories of biological process, molecular function and cellular
component, respectively. In biological process, the ‘oxidation reduction process’ was the most enriched
subcategory. ‘Oxidoreductase activity’ was the most enriched subcategory in the molecular function.
Among the cellular components, the three most enriched subcategories were ‘cell’, ‘cell part’, and
‘organelle’. Other significantly enriched subcategories are shown in Table S3.

Moreover, these three categories could be further divided into 38 subcategories in the root, of
which 20 subcategories were significantly (p < 0.05) enriched (Figure 3; Table S4). There were ten and
nine enriched subcategories belonging to the categories of biological process and molecular function,
respectively. Only the ‘extracellular region’ was significantly enriched in the cellular component.
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‘Organic acid catabolic process’ and ‘carbon-nitrogen lyase activity’ were the most highly enriched
in each of the biological process and molecular function categories, respectively. Other significantly
enriched subcategories are shown in Table S4.

Figure 2. GO enrichment analysis of DEGs in leaves of wheat seedlings. (a) Biological process;
(b) Molecular function; (c) Cellular component. The hypergeometric distribution calculates the p-value
which determines the significance of enrichment, and the red line represents the p-value of 0.05.
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Figure 3. GO enrichment analysis of DEGs in roots of wheat seedlings. (a) Biological process;
(b) Molecular function; (c) Cellular component. The hypergeometric distribution calculates the p-value
which determines the significance of enrichment, and the red line represents the p-value of 0.05.

2.5. Kyoto Encyclopedia of Genes and Genomes (KEGG) Enrichment Analysis of DEGs

In order to assign DEGs to cellular pathways, pathway enrichment analysis based on KEGG
was performed. The DEGs significantly enriched pathways were calculated using hypergeometric
distribution based on the whole genome. There are five KEGG pathway categories: Cellular processes,
environmental information processing, genetic information processing, metabolism, and organismal
systems. ‘Signal transduction’ was the only item enriched in environmental information processing in
the leaf. In regard to metabolism, ‘carbohydrate metabolism’ was the most highly overrepresented,
followed by ‘metabolism of terpenoids and polyketides’, ‘amino acid metabolism’, ‘lipid metabolism’,
‘energy metabolism’, ‘metabolism of cofactors and vitamins’, ‘biosynthesis of other secondary
metabolites’, and ‘metabolism of other amino acids’. ‘Environmental adaptation’ and ‘nervous
system’ were the only items enriched in organismal systems. No enrichment was found in cellular
processes and genetic information processing (Figure 4).
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Figure 4. KEGG pathway enrichment analysis of DEGs in leaves under N- compared with CK.
(a) Cellular processes; (b) Environmental information processing; (c) Genetic information processing;
(d) Metabolism; (e) Organismal systems. The hypergeometric distribution calculates the p-value which
determines the significance of enrichment, and the red line represents the p-value of 0.05.

Similar KEGG pathway enrichments were found in roots. ‘signal transduction’ was the only
enriched process in environmental information processing. In the category of metabolism, most of
the pathways were highly overrepresented, including ‘biosynthesis of other secondary metabolites’,
‘amino acid metabolism’, ‘lipid metabolism’, ‘energy metabolism’, ‘xenobiotics biodegradation and
metabolism’, ‘metabolism of other amino acids’, ‘carbohydrate metabolism’ and ‘metabolism of
terpenoids and polyketides’. In the category of organismal systems, ‘environmental adaptation’ was
the mostly overrepresented, followed by ‘nervous system’, ‘endocrine system’, ‘sensory system’, and
‘digestive system’. No significant enrichment was found in cellular processes and genetic information
processing (Figure 5).
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Figure 5. KEGG pathway enrichment analysis of DEGs in roots under N- compared with CK.
(a) Cellular processes; (b) Environmental information processing; (c) Genetic information processing;
(d) Metabolism; (e) Organismal systems. The hypergeometric distribution calculates the p-value which
determines the significance of enrichment, and the red line represents the p-value of 0.05.

2.6. Validation of RNA Sequencing Data by Quantitative Real-Time PCR

A total of eight DEGs (four in leaf and four in root) were randomly selected and validated by
quantitative real-time PCR (qRT-PCR) to confirm the reliability of our sequencing data. These included
genes encoding photosystem II PPD protein 3, MYB transcription factor 78, glycine cleavage system
p protein, and catalase in leaves, and WRKY transcription factor, asparagine synthetase, peroxidase,
and MYB 33 in roots. The results showed that the average expression levels of four genes in leaf were
significantly down-regulated under low nitrogen stress, whereas the average expression levels of four
genes in root were significantly up-regulated under low nitrogen stress (Figure 6). The results showed
that the expression of these genes measured by qRT-PCR was in good agreement with the RNA-seq
results. Consequently, the RNA-seq data we obtained were trustworthy.
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Figure 6. The relative gene expression of eight randomly selected genes examined by qRT-PCR
analysis. Different treatments represent: The control (CK), low nitrogen stress (N-). Genes are (a) PsbP
domain-containing protein 3; (b) MYB transcription factor 78; (c) Glycine cleavage system p protein;
(d) Catalase; (e) WRKY transcription factor; (f) Asparagine synthetase; (g) Peroxidase; (h) MYB 33.
Data represent the mean ± SE (n = 3).
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3. Discussion

3.1. Response to Low Nitrogen Stress by Morphological Changes

Nitrogen is an essential nutrient for plant growth and development [17]. Insufficient nitrogen
supply adversely influences morphology, limits growth, and decreases biomass in wheat [18,19].
Most plants manifest prominent changes in their leaves and roots when grown under low phosphorus
or nitrogen conditions. Plants rely on morphological changes to adapt to nutrient stress, a common
finding on plants grown under nutrient stress conditions [20–22]. Our results further confirmed that
low nitrogen stress inhibited wheat growth. We recorded a remarkable response to low nitrogen
stress in wheat seedlings. Low nitrogen treatment significantly decreased wheat seedlings growth
parameters, including plant height, leaf area, shoot and root dry weight, and total root length and
number. The changes in these parameters suggested that low nitrogen stress has a serious impact on
wheat seedlings growth.

3.2. Potential DEGs Play Important Roles in Low Nitrogen Tolerance in Wheat Seedlings

Abiotic stress triggers dramatic molecular responses in plants. In recent years, the molecular
mechanism of plant response to abiotic stress has attracted wide attention [23–26]. In order to obtain
the molecular mechanism of wheat seedlings response to low nitrogen stress, RNA-seq analysis was
performed. 4348 differentially expressed genes were obtained from the whole wheat seedling in all,
and among which 2265 genes (1688 up-regulated and 577 down-regulated) were from roots, and
2083 genes (505 up-regulated and 1578 down-regulated) were from leaves. Our results showed that
the gene expression of wheat seedlings changed greatly under low nitrogen stress. Changes in gene
expression can lead to changes in the corresponding biological processes. GO enrichment analysis
is helpful to highlight the main biological processes in response to stress environment. For example,
‘nitrogen compound metabolism’, ‘carbon metabolism’, and ‘photosynthesis’ were mostly enriched in
durum wheat under nitrogen starvation [17]. ‘Metabolic process’, ‘cellular process’, and ‘transport’
were enriched in rice roots and shoots under nitrogen-free conditions [16]. Our results detected
‘oxidation-reduction process’ and ‘metabolic process’ as highly enriched in wheat leaves subjected to
low nitrogen stress. Genes involved in ‘carbon–nitrogen lyase activity’ and ‘organic acid catabolic
process’ were significantly enriched in wheat seedlings roots. Bi et al. indicated that DEGs associated
with these processes might play essential roles in Arabidopsis thaliana adaptation to low nitrogen
stress [27]. Therefore, the response of these biological process genes enhances the adaptability of wheat
to low nitrogen stress.

3.3. Amino Acid Metabolism, Lipid Metabolism, Energy Metabolism, and Signal Transduction Pathway Play
Important Roles Under Low Nitrogen Stress

KEGG pathway analysis can help us to further understand the biological functions of genes and
how these genes interact [28]. Previous studies have revealed that many genes participate in nitrogen
deficiency or nitrogen-free condition resistance via various amino acid metabolism, lipid metabolism,
energy metabolism, and signal transduction pathways [29–31]. For example, DEGs associated with
amino acid metabolism pathway were mostly represented in sorghum roots under low nitrogen
stress, which play a key role in nitrogen uptake and transformation [32]. Protein kinases (PK)
are widely involved in the signal transduction and were shown to respond to nitrogen deficiency
in Arabidopsis thaliana roots and leaves [17]. In this study, genes related to ‘amino acid metabolism
pathway’, ‘lipid metabolism pathway’, ‘energy metabolism pathway’, and ‘signal transduction pathway’
were also identified both in leaves and roots. These results support previous findings that these
pathways can form a close-knit signaling network and play vital roles in low nitrogen stress tolerance
in plants [28].
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3.4. Some Candidate Genes for Plant Low Nitrogen Stress Tolerance Breeding

PsbP protein is an extrinsic component of photosystem II (PSII) and participates in crucial processes
such as calcium-ion binding and photosynthesis [33,34]. Studies have shown that genes encoding
PsbP protein can serve as signal response factors to various unfavorable external environments [35,36].
In our study, PsbP domain-containing protein 3 (PPD3) gene, a member of the PsbP gene family, was
predominantly down-regulated in wheat leaves under low nitrogen stress., Before this, no studies have
found that PPD3 gene is regulated in wheat under low nitrogen or nitrogen-free stress. Our results
provide a reference for future research.

Transcription factors (TFs) are important factors involved in abiotic stress regulation in plants,
and, among them, MYB, WRKY, bHLH, and bZIP families were identified responding to nitrogen
stress [37,38]. For example, genes encoding WRKY TFs were up-regulated in rice under nitrogen
deficiency [16], MYB TFs were up-regulated in durum wheat under nitrogen starvation [17], and
also revealed that NF-Y TFs were induced in wheat under low nitrogen conditions, which play roles
in nitrogen uptake and grain yield [39]. Some TFs regulate the pivotal cell process in the response
to nitrogen deficiency. Zhang et al. reported that several MYB TFs are associated with the cell
development and cell cycle in wheat during nitrogen stress [40]. In this paper, MYB and WRKY were
the most prominent. In regard to WRKY family genes, 17 genes were up-regulated in roots under
low nitrogen stress, 40 MYB family genes were detected in both the leaves and roots. They were
down-regulated in leaves, but up-regulated in roots..Our results suggest that these transcription factors
detected in response to low nitrogen stress may contribute to the adaptation or resistance of wheat
seedlings to low nitrogen condition.

Asparagine (Asn) play a vital role in nitrogen metabolism, transport, and storage [41].
Asparagine biosynthesis is catalyzed by asparagine synthase (AsnS) in higher plants [42]. Recent studies
showed that the AsnS gene family also serves as a response factor to nitrogen and other abiotic
stresses [17]. Asparagine synthetase 1 (AS1), a member of the AsnS family, was shown in rice to be
expressed mainly in roots in an NH4

+-dependent manner [43]. In the present work, several genes
belonging to the AsnS gene family were mostly up-regulated in wheat roots under low nitrogen stress.
The significant differential expression of AsnS genes in wheat roots under low nitrogen condition may
contribute to the synthesis of asparagine, and promote the assimilation and distribution of nitrogen.

Reactive oxygen species (ROS) often accumulates in plants under various abiotic stresses, which
leads to the oxidative damage of many cell structures and components [44,45]. In order to protect
themselves from oxidative damage, plants have developed an antioxidant defense system consisting
of a variety of enzymes. Superoxide dismutase (SOD), peroxidases (POD), and catalases (CAT) are
common antioxidant enzymes. Lian et al. have reported that antioxidant defense systems can be
induced under low nitrogen stress, and improve the adaptability to low nitrogen environment, by
increasing the gene expression levels of SOD, POD, and CAT in rice [46]. Bi et al. also found that
several detoxification-associated genes were detected in Arabidopsis under nitrogen stress [27]. In the
present study, plenty of POD genes were up-regulated in wheat roots under low nitrogen stress, and
several CAT genes were down-regulated in leaves. These genes might improve the adaptability of
wheat seedling to low nitrogen environments.

4. Material and Methods

4.1. Plant Material and Growth Conditions

For this study, wheat cultivar Wanmai No. 52 grown in large areas in China, was selected.
The wheat seedlings were hydroponically cultured in a greenhouse. After selecting full and uniform
seeds, they were sterilized with ethanol (75% v/v) for one min and then washed three times in distilled
water, soaked in distilled water and placed in an artificial climate incubator at 25 ◦C for 24 h without
light. Uniformly germinated seeds were selected and placed on a moistened germination paper, and
then cultured in a greenhouse at 25 ± 3 ◦C. At about 5 cm growth height, the robust seedlings were
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transferred to plastic boxes containing a proper volume of hydroponic nutrient solution (pH 6.0), and
were grown afterwards in an incubator at 20/15 ◦C (day/night) under a 12 h photoperiod until they
showed two fully expanded leaves. During the growth period, seedlings were sprayed with distilled
water on time. The growth of wheat is shown in Figure S1.

4.2. Experimental Design

The basic nutrient solution was an improved Hoagland nutrient solution. The major elements
of nutritional solution are as follows: 4 mM Ca(NO3)2·4H2O, 5 mM KNO3, 1 mM NH4NO3, 1 mM
KH2PO4, 2 mM MgSO4 × 7H2O, 0.02 mM FeSO4 × 7H2O + EDTA(Na). The micronutrients of
nutritional solution are as follows: 0.005 mM KI, 0.1 mM H3BO3, 0.15 mM MnSO4, 0.05 mM ZnSO4,
0.001 mM Na2MoO4, 0.15 × 10−3 mM CuSO4, 0.19 × 10−3 mM CoCl2. Two-leaf stage seedlings were
transferred to different conditions: Standard total nitrogen nutrition (Ca(NO3)2·4H2O + KNO3 +

NH4NO3 2 mM, labeled CK), and low-nitrogen stress (Ca(NO3)2·4H2O + KNO3 + NH4NO3 0.2 mM,
labeled N-). Except for the total nitrogen concentration, the other components of the solution under
low-nitrogen stress were identical to those of the control. Each treatment was applied to 18 plants and
repeated 3 times. The incubator was placed in a greenhouse with a 12 h photoperiod and the nutrient
solution was renewed every three days. After ten days of treatments, roots and leaves were sampled
from CK and N- wheat seedlings, and immediately frozen in liquid nitrogen, and then refrigerate it in
the refrigerator with −80 ◦C until RNA extraction.

4.3. Determination of Morphological Parameters

Morphological parameters (plant height, leaf area, shoot dry weight, root dry weight, total root
length and number) were determined from harvested wheat seedlings. Plant height and leaf area were
determined following Wan [47]. Leaf area was calculated according to the following formula:

Leaf area (cm2) = leaf length × leaf width/1.2

Roots were scanned with a scanner, and images were analyzed using Win Rhizo to determine
total root length and total root number according to Boris [48]. Seedlings dry weight was determined
according to Qiu [49].

4.4. Isolation of Total RNA, cDNA Library Construction, and Illumina Sequencing

Total RNA was extracted from roots and leaves by the TRIzol Reagent (Invitrogen, Carlsbad, CA,
USA) according to the manufacturer’s instructions. Agilent 2100 Bioanalyzer (Agilent Technologies,
Santa Clara, CA, USA) was used to determine RNA concentration and purity. RNA integrity was
examined by running gel electrophoresis in 1% (w/v) agarose gel (Invitrogen, CA, USA). The next step
is to enrich mRNA from total RNA using Oligo (dT)-conjugated magnetic beads. mRNA was enriched
from total RNA using mRNA fragmentation was conducted by ion interruption, giving rise to mRNA
fragments of about 200 bp. The first strand of cDNA was synthesized using reverse transcriptase and
random primers using the above fragments as templates, and the second strand was synthesized using
DNA polymerase I and RNase H. The end of the fragment was connected with the adapter. Then the
products were purified and concentrated by polymerase chain reaction (PCR) to form the final cDNA
libraries. The libraries were paired-end (PE)-sequenced using next-generation sequencing based on
the Illumina HiSeq platform. Sequencing was conducted by Shanghai Personal Biotechnology Co.,
Ltd. (Shanghai, China). The raw reads were submitted to the NCBI Sequence Read Archive (accession
number: PRJNA528563).

4.5. Data Filtering and Mapping of Illumina Reads

To obtain high-quality reads for subsequent analysis, FastQC quality control tool (http://www.
bioinformatics.babraham.ac.uk/projects/fastqc/) was used to evaluate the quality of the quality of
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RNA-seq raw reads. The reads were then filtered using Cutadapt. The process included removing
adapter sequences and trimming the bases with a quality score less than Q20 using a 5-bp 3′ to 5′
window. Final reads that are less than 50 bp in length or do not require bases are discarded. A reference
genome index was established using Bowtie2 [50], and clean reads were mapped to the reference
genome (http://www.ensembl.org/index.html) using Tophat2 [51].

4.6. Enrichment Analysis of DEGs

The DESeq R package was performed to analyze the differential expression in each tissue. At first,
we mapped high-quality reads data to the reference genome of wheat (http://www.ensembl.org/) to
calculate the number of reads mapped to each gene in each sample. Then these raw read counts were
normalized to reads per kilo bases per million reads (RPKM). We use a false discovery rate of 0.05
as the threshold for judging the significance of DEGs. We performed enrichment analysis using GO
(http://geneontology.org/) and the KEGG (http://www.genome.jp/kegg). DEGs terms and pathways
were calculated using a hypergeometric distribution algorithm with wheat reference genome (Table S5)
(http://www.ensembl.org/) as background.

4.7. Quantitative Real-Time PCR Validation

In order to validate the reliability of DEGs obtained from RNA-seq, four DEGs were randomly
selected from leaves and roots, respectively, for qRT-PCR analysis. RLI (Ta2776) was used as an
internal control. Gene-specific primer pairs were designed using Primer Premier 5.0 software (Premier
Biosoft International), and primer information is shown in Table S6. Total RNA from each tissue was
extracted as described above. Two micrograms RNA was reverse-transcribed into cDNA using the
iScriptTM advanced cDNA Synthesis Kit (Promega, Madison, WI, USA) following RNase-free DNase I
(Promega, Madison, WI, USA) treatment. Standard curve for each gene was prepared with several
dilutions of cDNA. The qRT-PCR was carried out using SYBR® Green PCR Master Mix (Roche, CH) in
a Rotor-Gene 3000 Real Time system (Qiagen, Hilden, Germany). Quantitative PCR reactions cycling
conditions were performed as follows: 95 ◦C for 5 min, followed by 40 cycles at 95 ◦C for 15 s, 60 ◦C
for 30 s. The relative expression value of the different genes was calculated using 2−��Ct method [52].
The experiment was performed using three biological replicates.

4.8. Statistical Analysis

Statistical analysis of plant morphological data was conducted using SPSS 19.0 (IBM, Chicago,
IL, USA). Statistical results were obtained by one-way analysis of variance (ANOVA) followed by
Tuckey’s test to evaluate significant treatment effects at significance of p < 0.05. Data presented are
means ± standard errors.

5. Conclusions

Our study provides a more comprehensive understanding of the morphological changes and the
DEGs in wheat roots and leaves under low nitrogen stress. It was observed that plant height, leaf
area, shoot dry weight, root dry weight, total root length and total root number of wheat seedlings
were decreased significantly in under nitrogen stress. 2265 and 2083 DEGs were detected in roots and
leaves, respectively.In regard to up-regulation and down-regulation, 1688 genes were up-regulated,
and 577 genes were down-regulated in roots, while 505 genes were up-regulated, and 1578 genes
were down-regulated in leaves. Furthermore, the classification functional enrichment and metabolic
pathways of DEGs were shown in this paper. Several key genes and TFs involved in the signal
transduction, carbon and nitrogen metabolism, antioxidant activity, and environmental adaptation
were identified. Our results will provide useful information to the further research about wheat
response to low nitrogen stress.
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Abstract: In this work, the involvement of heat shock proteins (HSP70) in barley (Hordeum vulgare) has
been studied in response to drought and salinity. Thus, 3 barley genotypes usually cultivated and/or
selected in Italy, 3 Middle East/North Africa landraces and genotypes and 1 improved genotype from
ICARDA have been studied to identify those varieties showing the best stress response. Preliminarily,
a bioinformatic characterization of the HSP70s protein family in barley has been made by using
annotated Arabidopsis protein sequences. This study identified 20 putative HSP70s orthologs in
the barley genome. The construction of un-rooted phylogenetic trees showed the partition into
four main branches, and multiple subcellular localizations. The enhanced HSP70s presence upon
salt and drought stress was investigated by both immunoblotting and expression analyses. It is
worth noting the Northern Africa landraces showed peculiar tolerance behavior versus drought
and salt stresses. The drought and salinity conditions indicated the involvement of specific HSP70s
to counteract abiotic stress. Particularly, the expression of cytosolic MLOC_67581, mitochondrial
MLOC_50972, and encoding for HSP70 isoforms showed different expressions and occurrence upon
stress. Therefore, genotypes originated in the semi-arid area of the Mediterranean area can represent
an important genetic source for the improvement of commonly cultivated high-yielding varieties.

Keywords: drought; salinity; poaceae; HSP70; landraces; mediterranean area; chaperons; abiotic stress

1. Introduction

The Heat Shock Proteins 70 (HSP70s) are a subfamily of the heat shock proteins, a well-known
class of molecular chaperons involved in an abiotic stress response [1]. The HSP70s present a nucleotide
binding domain (NBD) of 45kDa showing ATPase activity and a 15 kDa substrate binding domain
(SBD) with a C-terminal domain covering the SBD [2]. The C-term region acts as a lid and cooperate
with SBD in substrates binding [3,4]. The SBD differs among the species and usually presents organelle
specific motifs [5,6]. Particularly, a plants’ HSP70s show several different subcellular localizations,
namely cytosolic, nuclear, endoplasmic reticulum, chloroplastic and mitochondrial [7,8].

The HSP70s play a central role in the stabilization of proteins both under optimal conditions
and during stress, thus helping cellular machinery in verifying protein quality and regulating protein
degradation [9]. Particularly, the HSP70s avoid the aggregation of polypeptides and facilitate the
proteins’ maturation [10]. During abiotic stresses, the HSP70s act on misfolded and truncated proteins
thus protecting the cells and the tissues [11,12]. This mechanism is regulated by heat shock factors
(Hsfs), a group of transcription factors regulating HSP70s expression [12,13].

The HSP70 activation during environmental perturbations has been reported in different plants
such as Arabidopsis thaliana, Brachypodium distachyon, Glycine max, Capsicuum annum, Solanum lycopersium
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and others [4,11–14]. Particularly, water scarcity and soil salinity, together with nitrogen deprivation,
represent critical factors for a crops’ production [15–18].

Nowadays, the improvement of crop yields in adverse environments represents one of the most
impelling topics [19,20] (Tester and Langridge, 2010; Cobb et al., 2013). Particularly, the key role of
Poaceae in food demand is well recognized: Rice (Oryza sativa), wheat (Triticuum aestivum), maize
(Zea mays) and barley (Hordeum vulgare) represent the most important food sources for the majority of the
world’s population [21–24]. In this context, barley represents a critical agronomic resource in semi-desert
environments, especially in the Southern Europe and Northern Africa. In developing countries, barley
is a critical component of cereal rotations, playing a key role in the integrated crop-livestock production
systems. It provides a stable source for sustaining smallholder farmers, replacing wheat or other cereals
in many arid areas [25]. Barley shows a natural resistance to exogenous stimuli, thus representing
the most tolerant Poacea against abiotic stresses [23]. Furthermore, 40% of alleles were maintained
in cultivated barley compared with the historic progenitor (Hordeum spontaneum—[26]). This wild
ancestor showed remarkable tolerance to salt, drought and heavy metals stress, but domestication
by humans and, more recently, breeding programs produced high-yielding barley cultivars that are,
on the other hand, more sensitive to abiotic stress, making this aspect a critical issue in barley as
well [23,24,27].

Therefore, the ancestral and local cereal landraces that originated from saline and emarginated
environments could represent a source of genetic diversity [25,28,29]. Therefore, the breeding research
focus is moved to minimizing the gap between yields under optimal and stress conditions [25,30],
contributing to the adaptation on, and contrast to, climate change [31].

To the authors’ knowledge, no molecular and enzymatic studies are present about the HSP70s in
barley landraces from the Mediterranean area. The goal of this research is the evaluation of the specific
presence of the HSP70s isoforms under salt and drought stress in different barley genotypes. Therefore,
a bioinformatic characterization of the HSP70s protein family in barley has been made, and seven
barley genotypes and landraces obtained from Italy and Northern Africa were used to investigate the
occurrence of the HSP70s under abiotic stress conditions.

2. Results

2.1. HSP70s Showed Peculiar Roles against Abiotic Stress in Barley

2.1.1. NaCl and PEG Effects on Barley Plants

In order to characterize the HSP70s role(s) upon salt and drought stress, this study selected the
commercial variety Hordeum vulgare Nure. To describe a general response pattern of barley plants
to salinity and water deficit, short-term severe stress conditions (10% PEG and 150 mM NaCl) were
imposed to plants grown in hydroponics. The stress response was monitored using relative water
content (RWC) and proline content. As described in Figure 1A, after 3 days of treatments, the barley
plants showed the maximum stress effects. Particularly, a significant 21% and 24% decreased in RWC
was reported after 3 days of treatments and remained stable up to 7 days. Furthermore, the proline
content increased from approximately 2 to 6–7-fold change, in NaCl stressed plants. Intriguingly,
the drought induced a higher proline from 3 to 12-fold change within 7d (Figure 1B).

2.1.2. Barley HSP70 Isoforms Showed Specific Occurrence upon Abiotic Stresses

The HSP70s roles upon salt and drought stress from Nure were investigated using the different
occurrence of isoforms together with specific gene expression analyses.

A western blotting approach using cyt-, chl-, and mito-HSP70 antibodies showed peculiar behavior
for the different HSP70 isoforms upon abiotic stresses (Figure 2). The Salinity induced a slight increase
of cytosolic HSP70 occurrence after 3 h. On the contrary, chloroplastic HSP70 remained substantially
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unchanged in both the control and stressed plants. Mitochondrial HSP70 was barely detectable and
slightly increased after 1 day of treatment.

 

Figure 1. (A) The relative water content (RWC) and (B) Proline content, in leaves of barley (Hordeum
vulgare cv. Nure) grown under controlled conditions (black bars); salt stress (150 mM NaCl—medium
grey bars) and drought (10% PEG—light grey bars) at given times. In (A) statistically similar data are
grouped by letters a and b in the control, salt stress and drought groups, respectively. In (B) asterisks
indicate a significance between stressed and the control plants. * = p < 0.05; ** = p < 0.001.

The drought stress showed an increase of all HSP70 isoforms after 3 days of treatment, but cytosolic
HSP70 increased soon after 9 h.

2.2. HSP70s in Barley: A Bioinformatic Overview

In order to investigate the role(s) of different HSP70s upon abiotic stress in crops, this study
performed an extensive bioinformatic approach to characterize this gene family in Hordeum vulgare.
Using annotated Arabidopsis thaliana protein sequences (at https://www.arabidopsis.org), the authors
identified putative HSP70s orthologs in barley genome at https://ics.hutton.ac.uk/morexGenes/ and
http://plants.ensembl.org/index.html, showing a total of 20 HSP70s genes (Table 1).

The intracellular localization of the HSP70 obtained by the phylogenetic analysis was confirmed by
the online software Prot Comp9.0 server4 (http://linux1.softberry.com/berry.phtml), mitoproth server
(http//ihg.gsf.de/ihg/mitoprot.html) and using Chloro P software (http://www.cbs.dtu.dk/services/
ChloroP/)—(Table 1). Furthermore, in order to characterize the identified proteins, the pfam database
was used—each protein, with the exception of MLOC_55096, retrieved the HSP70s pfam domain
(PF00012.20). The prokaryotic domain PF06723.13 was retrieved in 17 protein as well. This singularity
was interpreted by considering PF00012.20 and PF06723.13 belonging to the same pfam clan (CL0108).

With the aim of identifying the different HSP70 sub-families and their phylogenetic connections,
a comparison of putative protein sequences was made versus Arabidopsis thaliana and Poaceae
(Rice—Oryza sativa and Mais—Zea mays) sequences, thus obtaining an un-rooted phylogenetic tree
(Figure 3a). This showed the partition into four main branches. Group 1 includes cytosolic/nuclear
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HSP70s encoded by MLOC_14228, MLOC_72334 MLOC_45046, MLOC_12446, MLOC_53941,
MLOC_78867 and MLOC_4447. This group of proteins showed an interesting similarity with HSP70
1-2-3-4-T1 and HSP70B from Arabidopsis thaliana. A second group includes the HSP70s localized
within the endoplasmatic reticulum, generally recognized as BIP proteins. These HSP70s present an
ATP-binding domain at the N-terminal and a C-terminal domain binding targets by recognition of
the hydrophobic patches typical of improperly/incompletely folded proteins. Group 2 includes the
HSP70s encoded by MLOC_77827 and MLOC_55999.

Figure 2. The immunoblotting of leaf extracts from Barley Nure plants exposed to (A) salt stress
(NaCl); and (B) Drought (PEG) collected at given times. In the lane 3ctrl extracts from untreated plants
after 3d were loaded. Immunoblotting was performed by using antibodies raised abainst cytosolic
(Cy-HSP70); chloroplastic (Chl-HSP70) and mitochondrial (Mito-HSP70). The control blots using
anti-tubulin antisera are shown.

Table 1. List of identified barley HSP70s, their localization and pfam identified domains.

Locus Localization Proposed Nomenclature Pfam Domains IDs

MLOC_12446 Cytoplasm HvHSP70 PF00012.20; PF06723.13
MLOC_14228 Cytoplasm HvHSP70 PF00012.20; PF06723.13
MLOC_15242 Mitochondrial HvMithHSP70 PF00012.20; PF06723.13
MLOC_2467 Cytoplasm HvHSP70 PF00012.20; PF06723.13
MLOC_26505 Cytoplasm HvHSP70 PF00012.20; PF06723.13
MLOC_37101 Chloroplast HvCHPHSP70 PF00012.20; PF06723.13
MLOC_4447 Cytoplasm HvHSP70 PF00012.20; PF06723.13
MLOC_45046 Cytoplasm HvHSP70 PF00012.20; PF06723.13
MLOC_50972 Mitochondrial HvMithHSP70 PF00012.20; PF06723.13; PF02782.16
MLOC_53941 Cytoplasm HvHSP70 PF00012.20; PF06723.13
MLOC_55086 Chloroplast HvCHPHSP70 PF00012.20; PF06723.13
MLOC_55096 Cytoplasm HvHSP70 PF00685.27
MLOC_55999 Cytoplasm HvBIP PF00012.20; PF06723.13
MLOC_61727 Mitochondrial HvMithHSP70 PF00012.20; PF06723.13
MLOC_65512 Cytoplasm HvHSP70 PF00012.20; PF06723.13
MLOC_67581 Cytoplasm HvHSP70 PF00012.20
MLOC_72334 Cytoplasm HvHSP70 PF00012.20; PF06723.13
MLOC_76167 Cytoplasm HvHSP70 PF00012.20
MLOC_77827 Cytoplasm HvBIP PF00012.20; PF06723.13
MLOC_78867 Cytoplasm HvHSP70 PF00012.20; PF06723.13
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Figure 3. (A) A phylogenetic tree obtained by comparison of barley HSP70 amino acidic sequences of
translated genes performed versus the correspondent Arabidopsis thaliana, Oryza sativa and Zea mays
sequences. The predicted subcellular localizations are indicated for the four main branches; the arrows
indicate the position of barley HSP70 isoforms. The asterisks indicate the two barley isoforms utilized
for further expression studies. See text for further details. (B) Conserved domain analysis of barley
HSP70 proteins, obtained using the MEME bioinformatic tools (http://meme-suite.org). The different
color boxes represent different types of domains: ATPase binding domains (black, grey and vertical line
pattern), substrate binding domain (white block) and the c-term lid (crossing line pattern). The number
indicated the position of amino acids in protein sequences.
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A third group includes cytoplasmic HvHSP70s similar to Arabidopsis thaliana HSP70-T2
(MLOC_67581) and AtHSP7014-15 (MLOC_2467, MLOC_26505).

Further, the fourth branch identified the HSP70s present into organelles. In fact, this splits
in two further forks, including chloroplastic-HSP70s (MLOC_55086 and MLOC_37101) and
mitochondrial-HSP70s (MLOC_15242, MLOC_50972 and MLOC_61727). Finally, two HSP70s
apparently cluster outside the major branches (MLOC_65512 and MLOC_55096).

A conserved domain analysis, using the MEME bioinformatic tools (http://meme-suite.org), was
carried out to investigate the HSP70s protein structures. As showed in Figure 3B, MLOC_55096
protein showed no-HSP70 domains and probably do not represent a member of this class of proteins,
therefore it was excluded in this analysis. MLOC_65512, MLOC_37101, MLOC_2467, MLOC_26505
and MLOC_76167 showed a less conserved substrate binding domain (Figure 3B).

Furthermore, compartmented HSP70s MLOC_50972, MLOC_15242, MLOC_61727, MLOC_55086
and MLOC_37101 showed no lid domain. This property is common to other cytosolic HSP70s, such as
MLOC_65512, MLOC_2467, MLOC_67581 (Figure 3B).

A bioinformatic survey on Arabidopsis orthologous was performed to identify the best co-expressed
genes (Supplemental Table S1). This verifies the cross-interaction among various HSP70s and/or
other members of the heat shock proteins family (HSP20s, HSP80s). It is also worth noting the
interesting relationship showed by the cytosolic HSP70 1-2-3 (At5g02490, At5g02500, At3g09440),
and a mitochondrial HSP70 (At5g09590) which showed strictly a co-expression. These three
cytosolic HSP70s were suggested to be participating to the abiotic stress response (Leng et al.,
2017). These HSP70s showed a co-expression with stress related genes as glutathione-s-transferase
(At5g42150), pyrroline-5-carboxylase-reductase (At5g14800), FTSH proteases 4 and 10 (At2g26140 and
At1g07510), ascorbate peroxidase and dehydroascorbate reductase (At1g07890 and At1g75270) and
others (Data not shown).

Furthermore, an expression analysis of barley HSP70s was attained by using the online RNA-seq
dataset at https://ics.hutton.ac.uk/morexGenes/. As showed in Table 2, 10 HSP70s genes (MLOC_2467,
MLOC_12446, MLOC_26505, MLOC_37101, MLOC_50972, MLOC_53941, MLOC_55086, MLOC_55999,
MLOC_76167, MLOC_78867) are constitutively expressed in each tissue/development stage. Among
these, MLOC_12446 appears the barley HSP70 predominant expressed gene. Furthermore, 4 HSP70
genes (MLOC_14228, MLOC_4447, MLOC_45046 and MLOC_67581) showed seedling and/or grains
specific expression, while 4 HSP70s genes (MLOC_55096, MLOC_65512 and MLOC_77827) showed no
FPKM counts in the control conditions, and these are probably regulated upon specific stimuli.

2.3. Analysis of cis-Acting Elements in the HSP70s Promoters

To investigate the regulation patterns of HSP70s, a search on the cis-elements in the promoter
regions (1500 bp upstream from to the start codons) was made by using the PLANTCARE database
(Table 3). Particularly, the barley HSP70 genes highlighted different behaviors to counteract the
abiotic stresses. The drought sensitive elements (MBS) were found in MLOC_12446, MLOC_2467,
MLOC_45046, MLOC_50972, MLOC_53941, MLOC_55096, MLOC_65512, MLOC_67581, MLOC_72334
and MLOC_78867; heat-responsive elements (HSE) were found in MLOC_12446, MLOC_2467,
MLOC_26505, MLOC_4447, MLOC_45046, MLOC_50972, MLOC_55096, MLOC_55999, MLOC_61727,
MLOC_65512 and MLOC_78867.
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In addition, TC-rich repeats motif (cis-acting element related to defense and stress response) were
identified in MLOC_12446, MLOC_14228, MLOC_2467, MLOC_26505, MLOC_4447, MLOC_50972,
MLOC_53941, MLOC_55999, MLOC_65512 and MLOC_72334.

Furthermore, the HSP70s genes from barley exhibiting different patterns of cis acting elements in
response to plant phytoregulators, such as abscissic Acid (ABRE elements and IIB motif), Gibberelic
Acid (GARE elements and Box P), Auxin (TGA elements), Ethylene (ERE elements) and Methyl
Jasmonate (CGTCA and TGAGC motifs).

Interestingly, MLOC_67581 presents 4 ABRE elements (responsive to ABA), the highest number
among all barley HSP70s, suggesting an effective abiotic stress induction of this cytosolic isoform.
On the opposite, MLOC_12446, MLOC_2467, MLOC_4447, MLOC_50972, MLOC_61727, MLOC_65512,
MLOC_72334 present no ABRE elements. Among the latter group (no-ABRE elements), MLOC_50972
interestingly shows 3 BOX W1 (fungal elicitor), and 3 CGTCA elements (Me-Jasmonate responsiveness)
indicating this mitochondrial isoform as strictly specific versus a pathogen attack. It should be noted
that also MLOC_72334 (3 BOX W1, 2 CGTCA elements), and MLOC_61727 (1 BOX W1, 4 CGTCA
elements) are suspected to be highly sensitive to fungi/pathogens.

2.4. Real Time PCR of Selected HSP70 Isoforms

The bioinformatic analysis of promoter regions allowed the identification of at least two HSP70
isoforms that appear differently regulated upon stress. As previously described, MLOC_67581 encodes
for a cytosolic isoform that is characterized by the highest presence of ABA responsive elements
(4 ABRE). On the other hand, the biotic stress related elements are strongly limited in the promoter of
this gene.

In contrast, the mitochondrial MLOC_50972 does not present ABRE (and ARE) elements, but this
promoter region shows the highest number of elements responsive to biotic stress: 3 Box W1, 3 CGTA
(MeJA responsive) and 1 TC-rich elements, thus suggesting that this HSP70 isoform is induced under
fungal/pathogen attack, but scarcely reactive to abiotic stress.

Therefore, this study performed a qRT-PCR expression analysis of these two genes to investigate
their possible different expression rates upon abiotic stress.

As showed in Figure 4, barley plants showed a consistently increased expression of cytosolic
HSP70s (MLOC_67581) both upon NaCl (over 37-fold change) and drought (over 23-fold change)
compared with the control.

Figure 4. (A) The changes in the expression of Cyt-HSP70 (MLOC_67581) (abiotic stress responsive);
and (B) Mito-HSP70 (MLOC_50972) (biotic stress responsive) in leaves of barley plants cv. Nure
collected after 3 days of exposure to salt stress (NaCl 150 mM) and drought (PEG 10%). Asterisks (*)
indicate p value ≤ 0.001.

The mitochondrial HSP70(MLOC_50972) showed a slight 2.5 increase of expression upon salinity
while no significant differences were reported upon drought.
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2.5. Effects of Abiotic Stress in in Different Barley Genotypes

The different barley genotypes and landraces were exposed to salinity and drought. When fresh
weight was measured, salt stress did not induce severe changes in all genotypes, except Icarda 20
(−25%). A general and significant decrease was measured upon drought, with Nure (−13%) as the most
resistant, and Icarda 20 and Batinì (−32–39%, respectively) as the most susceptible varieties (Figure 5A).

Figure 5. The changes in (A) Fresh weight; (B) Relative water content (RWC) and (C) Proline levels,
in leaves of selected barley genotypes in control condition (black bars), Salt stress (NaCl 150 mM) (dark
grey bars); and drought (PEG 10%) (light grey bars). The asteriks (*) indicate p value ≤ 0.001.
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The relative water content consistently decreased in almost all varieties upon both salinity and
drought. Cometa, Batinì, Suhili and Medenine were unaffected by salinity and only Medenine did not
exhibit significant changes upon drought (Figure 5B).

These results were evidently counteracted by an increase in Proline. The highest increase was
observed in Cometa under salt stress, and Aiace under drought. In Medenine and Icarda 20, the proline
increase was among the lowest under salinity, and not significant under drought (Figure 5C).

Generally, abiotic stress induced severe effects in Italian genotypes, while Northern Africa
landraces showed peculiar responses to abiotic stress. Icarda 20 appears less susceptible to treatment.
The salt stress response was lower in Batinì, Suihili and Medenine.

2.6. HSP70s in Different Barley Genotypes

The HSP70s isoforms occurrence was further analyzed in barley genotypes from Italy and
Northern Africa.

The western blotting analysis indicates that the cytosolic HSP70s display specific occurrence
depending on stress treatments (salt or drought). Particularly, all selected genotypes showed an
increase of cyt-HSP70 occurrence upon salinity. In contrast, the chl-HSP70 showed no, or reduced,
changes in abiotic stress treatments among the various genotypes/landraces.

The Mito-HSP70 protein occurrence increased in the Icarda 20 genotype under stress, particularly
if compared with the Italian genotypes. No appreciable changes were reported in mito-HSP70 protein
for Batinì, Suihili and Medenine landraces (Figure 6).

 

Figure 6. Immunoblotting of leaf extracts from different barley genotypes and landraces plants under
control conditions (Ctrl) or exposed to salt stress (NaCl); or drought (PEG) collected after three days.
Immunoblotting was performed by using antibodies raised abainst cytosolic (Cy-HSP70); chloroplastic
(Chl-HSP70) and mitochondrial (Mito-HSP70). The control blots using anti-tubulin antisera are shown.

Given these results, Batinì landrace and Icarda 20 genotype were selected for a comparison with
the model specie Nure through qRT-PCR analysis in the previously selected HSP70 isoforms encoded
by MLOC_67581 (cytosolic, induced by abiotic stress) and MLOC_50972 (mitochondrial, sensitive to
pathogen attack). Preliminarily, landraces showed a higher constitutive expression levels of cytosolic
MLOC_67581, Batinì 3.4-fold, and Icarda 20 7,7-fold higher with respect to barley Nure (Supplemental
Table S2).

As shown in Figure 7A, this higher constitutive level of MLOC_67581 (cytosolic) resulted in a low
increase in its expression under salinity, and drought (only in Icarda 20). Batinì landrace showed a
strong increase, over 50-fold of this isoform under drought.
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Figure 7. (A) The changes in the expression of Cyt-HSP70 (MLOC_67581) (abiotic stress responsive);
and (B) Mito-HSP70 (MLOC_50972) (biotic stress responsive), in leaves of barley plants cv. Batinì and
ICARDA 20 collected after 3 days upon control (Black bars), salt stress (NaCl 150 mM—light grey bars)
and drought (PEG 10%—dark grey bars). The asterisks (*) indicate p value ≤ 0.001.

In contrast, mitochondrial HSP70 MLOC_50972 was substantially expressed at very similar
levels (Batinì 1.2-fold, and Icarda 20, 0.56-fold with respect to barley Nure) under control conditions
(Supplemental Table S2). Batinì showed no change in the expression of the mitochondrial, biotic-stress
inducible MLOC_50972 under both salinity and drought. Icarda 20 showed an appreciable increase in
the expression of this mitochondrial HSP70 only under salinity (about 10-fold) (Figure 7B).

3. Discussion

Barley ranks tenth as the most important produced crop worldwide, with a global cultivation
estimated at approximately 143 million tons (FAO stats, 2013; http://faostat3.fao.org/browse/rankings/
countries_by_commodity).

Particularly, 30% of the global barley production is targeted for malting, while 70% to feed use [32].
Traditionally, barley is mainly used as a food crop for human nutrition in the semi-arid countries of
Africa (e.g., Morocco, Algeria, and Tunisia), Middle East, the Andean countries of South America and
in some Asian counties (e.g., Nepal and Tibet). In European countries such as Germany, France, UK,
Denmark and Italy, barley is primarily used for feeding animals [33]. An increased value was given by
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the managing of the brewing by-products which are feedstock for thermochemical conversion, biogas
and ethanol production and other applications [34].

In recent years, climate change has reduced the European average production of barley by 3.8%
because of the temperature and precipitation changes [35]. This evidence together to the commercial
value of barley highlight the need of select new genotypes with improved tolerance to abiotic stress as
a strategy to guarantee sustainability [36].

This work provided evidence for the contribution of specific HSP70 isoforms in plant responses to
different abiotic stresses, namely drought and salinity.

Recently, different studies described the central role of HSP70s in plants in stress-response
conditions [11,12,37]. The drought and salinity conditions used in this work clearly indicated the
involvement of selected HSP70 isoforms to counteract the related stresses in barley.

When barley plants of the cultivar Nure were cultivated in vitro under controlled conditions,
and exposed to salinity and drought, a decrease in RWC, and a concomitant increase in proline levels
were observed, indicating the effectiveness of the stress imposed.

The plant response to this stress induced a differential occurrence of distinct HSP70 isoforms—
cytosolic HSP70s rapidly increased, particularly upon salinity, but a long-lasting increase was observed
upon drought. On the other hand, chloroplastic isoforms remained substantially unaffected under
salt stress and increased upon drought conditions, while mitochondrial HSP70s increased under
both stresses.

These results pose questions about the identification of distinct HSP70 isoforms induced by
stress, and the conditions inducing their specific expression. Therefore, an extensive bioinformatic
analysis on barley genome allowed the identification of 20 genes encoding for barley HSP70s, and their
localization, the specific tissue expression and the stages of development. Among these, 16 genes
are actively expressed in specific tissues and/or specific developmental stages. Similar numbers of
HSP70 genes have been recently described in Arabidopsis thaliana [7], pepper [38], rice [6], poplar and
Physchomitrella patens [39].

A quantitative RT-PCR analysis confirmed that the cytosolic isoform strongly increased its
expression level upon abiotic stress, while the mitochondrial HSP70 was slightly affected only upon
salinity and insensitive to drought. Similar results were showed upon abiotic stresses in other crops
as tomato [24,40], pepper [38], rice [41] and others. This identifies key HSP70 genes related to
stress tolerance (Solyc09g075950, Solyc03g117630, Ca03g30260 (CaHsp70-2) and LOC_Os08g39140).
Intriguingly, analogous roles were identified for the HSP70s to counteract toxic effects of heavy metals
in barley upon cadmium stress [37], highlighting the role of this gene family to counteract the effects of
unfavorable environments.

It is therefore clear that the specific response by the HSP70s would greatly ameliorate the adaptation
of specific barley cultivars and landraces under abiotic stress conditions.

Barley HSP70s present, as it could be easily assumed, different and multiple cis-acting elements in
their promoter regions—cis-elements related to ABA, drought, salinity and other stresses were found
in the promoters of the HSP70 genes [13,39].

Thus, two isoforms were identified that were supposed to exhibit opposite regulation upon stress.
These two HSP70 isoforms are strongly suspected to undergo opposite regulation: The cytosolic HSP70
MLOC_67581, showing the highest number of ABA responsive elements and possibly under abiotic
stress control; a mitochondrial isoform, presenting multiple elements involved in fungal/pathogen
attack response—HSP70 MLOC_50972—thought to be inducible under pathogen attack. An expression
analysis confirmed that in barley Nure, a sensible increase in MLOC_67581 was observed under
drought and salinity, while MLOC_50972 was only slightly affected by abiotic stress.

Recently, the detrimental effects of modern breeding and plant domestication were reported
to decrease the genomic biodiversity and reduce the abiotic stress tolerance of cultivated crops [42].
The exploitation of landraces and wild relatives is a promising strategy to counteract the genetic
erosion [24,42–44].
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In a second set of experiments, this study analyzed the role(s) of HSP70 isoforms in six barley
varieties other than Nure: 2 italian genotypes; Aiace and Cometa; one genotype selected by ICARDA
(Icarda 20); three barley genotypes and landraces from Tunisia (Suhili, Medenine) and Oman (Batinì).
Interestingly, the selected Northern Africa landraces showed peculiar tolerance behavior versus
drought and salt stresses. Particularly, the specific protein occurrence and gene expression increases
were reported for the HSP70s as well as the proline accumulations.

Similar opportunities were recently available using barley varieties from northern Asia. Tibetan
barley genome (Hordeum vulgare L. var. nudum), showed a remarkable enlargement in stress-related
gene families [45]. Furthermore, Tibetan wild barley (Hordeum spontaneum C.) was deeply characterized
because of an increased tolerance to salinity and drought obtained by a more efficient sugar and
glycine-betaine accumulation, Na+/K+ ratio regulation, ROS detoxification and others [23,27].

These results highlighted the prospective genotypes originated from the semi-arid area of the
Mediterranean as a genic source for the improvement of the high-yielding varieties. Among the six
varieties investigated, the landrace Batinì showed a different response to salinity, and the improved
genotype Icarda 20 resulted as less influenced by both stresses, when compared to their changes in
FrWt, RWC and proline levels. These results were substantially confirmed by an immunoblotting
analysis on the HSP70s occurrence.

Following these results, the expression analysis was repeated on the two test HSP70 MLOC_67581
and MLOC_50972 on the landrace Batinì and the selected genotype Icarda 20. Interestingly,
both presented an enhanced expression of cytosolic HSP70 MLOC_67581 with respect to Nure.
Furthermore, the level of expression did not change upon salinity. Only in the landrace Batinì was
a strong enhancement of expression observed under drought conditions. The mitochondrial HSP70
MLOC_50972 did not change, except for a 10-fold increase under salinity in Batinì. These results
clearly indicate that the traditional selection of landraces and the modern selection with advanced
crossing techniques converge on common molecular traits—in the case here studied, the constitutive
overexpression of a stress related cytosolic HsSP70 (MLOC_67581). It is intriguing that in the landrace
Batinì the mitochondrial MLOC_50972 is expressed consistently upon salinity, while in the barley
genome this promoter does not present cis-acting elements devoted to this stress response. It could
be argued that landraces may present changes in both promoter regions of specific stress responding
genes. However, the signaling cascade may be changed to adapt to the specific environment.

These evidences strongly encourage further efforts to identify abiotic stress tolerance alleles of
landraces from extreme environments.

Further studies are necessary to characterize agronomical, physiological and molecular traits of
the Northern Africa landraces in different experimental environments. The HSP70 genes from these
genotypes could be sequenced and the genomic peculiarities of these genes and of the regulation
region can be identified.

4. Materials and Methods

4.1. Plant Material and Stress Treatments

The seeds of Italian barley varieties (Hordeum vulgare, var. Nure, Cometa and Aiace) were supplied
by Centro di ricerca per la genomica e la postgenomica animale e vegetale (CRA-GPG—Fiorenzuola
D’Arda—PC, Italy). The seeds of MENA (Middle East North Africa) barley (Hordeum vulgare, var.
Batinì, Suhili, Medenine and Icarda 20) were supplied by the Laboratory of Genetics and Cereal
breeding—INAT, University of Tunis. The genotype’s features were listed in Supplemental Table
S3. The seeds were germinated for 7 days in the dark on moistened paper. Then, seedlings were
grown in hydroponic solution in darkened plastic bottles at 20 ◦C, at 60–80% relative humidity,
under 16h-light/8h-dark regime, with approximately 180 μmol photons m-2 s-1. The growth medium
(modified Hoagland solution) was described in [46]. The solution was continuously aerated.
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After 7d in hydroponics, the plants were separated in three groups: The controls were maintained
in the standard solution; the salt stress was imposed by adding 150 mM of NaCl to the standard
solution; the drought was imposed by the presence of 10% PEG 8000 MW, (Sigma-Aldrich), added to
the hydroponic solution. The growth medium was daily controlled for volume and pH and adjusted
accordingly. The leaves from Nure genotype were collected at 0 h, 3 h, 6 h, 9 h, 1 day, 3 days and
7 days after the stress induction. The leaves from the other genotypes were collected after 3 days from
stress induction.

4.2. Growth Variation and Water Content Determination

The changes in the relative water content (RWC) in barley plants exposed to salt and PEG were
measured at 0, 3 and 7 days after the stress imposition on 15–20 plants. The plants’ weight was
evaluated after hydroponic growth for FW determination. The plants were hydrated for 2–3 h by either
floating in a Petri dish in distilled water and weighed to determine the turgid weight (TW). Then,
the samples were dried overnight at 70 ◦C for dried weight (DW) measurements. The plant’s RWC
was calculated as follows: RWC % = (FW − DW) / (TW − DW) × 100 [47].

4.3. Proline Content

Proline was measured as in [48]. The powdered leaves (250 mg) were suspended in 1.5 mL of 3%
sulphosalicylic acid, filtered through a glass-fiber filter (Macherey-Nagel, Ø 55 mm, Germany). Further,
1ml of glacial acetic acid and 1 mL ninhydrin reagent (2.5 g ninhydrin/100 mL of a 6:3:1 solution of
glacial acetic acid, deionized water and 85% orto-phosphoric acid) were added to the filtrate (1 mL).
After 1 h at 100 ◦C, the optical density was read at 546 nm (Cary 60 spectrophotometer—Agilent
Technologies, Santa Clara, CA, USA).

4.4. Western Blotting

In immunoblottings, the proteins were extracted as previously described and separated by
SDS-PAGE [49]. Then, the polypeptides were transferred onto a Hybond nitrocellulose membrane
(GE Healthcare, Chicago, IL, USA). The filter was incubated with primary antibodies (Agrisera)
versus the HSP70s (Cytosolic, Chloroplastic and mitochondrial) and tubulin. After incubation of the
membrane with secondary antibodies, the cross-reacting polypeptides were identified by enhanced
chemioluminescence (WesternBrightTM Quantum kit—Advansta, San Josè, CA, USA). The images
were acquired by BioRad Chemidoc system (Bio-Rad, Hercules CA, USA).

4.5. RNA Extraction and qRT-PCR

The RNA extraction was made from the leaves (100 mg) using Bio-Rad AurumTM Total RNA Mini
Kit. The cDNA syntheses were done using the ThermoScript RT-PCR System. The RNA amount was
measured by NanoDrop ND-1000 spectrophotometer. The gene expression analysis was carried out by
qRT-PCR. Triplicate quantitative assays were made by using Applied Biosystems™ 7500 Real-Time
PCR System and Platinum SYBR Green qPCR SuperMix (Life Technologies, Carlsbad, CA, USA).
The leaf samples of the control plants were used as calibrators and α-tubulin served as an endogenous
reference gene. The quantization of the gene expression was carried out using the 2−ΔΔCt method as
in [50]. the mRNA amount was calculated in each sample, relative to the calibrator sample for the
same gene. A list of primers is provided in Supplemental Table S4.

4.6. Bioinformatics Analysis

The sequences of barley HSP70s were found using barley genome at https://ics.hutton.ac.uk/
morexGenes/. The sequences from different species were from the TAIR database (https://www.
arabidopsis.org) and the Ensamble plants database. The alignments and phylogenetic analyses
were made by the software MEGA 6.0 [51]. The alignments were obtained by MUSCLE algorithm.
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The phylogenetic tree was designed by using the maximum likelihood method with the JTT substitution
model. The test of phylogeny was performed using a bootstrap method (bootstrap replication = 100).
The conserved motif analysis was performed by MEMESuite4.11.1 server 5 [52]. The promoter
analyses were performed at Plant CARE server suites using regions of 1000 bp upstream from the
start codons of each HSP70 gene [53]. An Arabidopsis thaliana orthologs co-expression analysis was
carried out by ATTED-II versus 8.0 (http://atted.jp). The degree of co-expression was estimated as
mutual rank [54]. The expression analysis in different tissues was retrieved using the database at
https://ics.hutton.ac.uk/morexGenes/.

4.7. Statistics

The experiments were made in at least three replicates. The values were expressed as the
mean ± standard error and statistical through the Student’s t-test (p ≤ 0.05). The ANOVA analysis was
used to compute the statistical significance of differences between the controls and the stressed groups
and between different genotypes (ANOVA corresponds to α = 0.05). The Tukey–Kramer post-hoc test
was used to evaluate differences between the means.

Supplementary Materials: The following are available online at http://www.mdpi.com/2223-7747/8/8/248/s1,
Table S1: Co-expression analysis of Arabidopsis HSP70S orthologous, obtained using the ATTED-II database,
Table S2: Expression rate of MLOC_67581 and MLOC_50972 by qRT-PCR in barley Batinì and Icarda 20 vs. Barley
Nure, Table S3: List of selected genotypes of barley (Hordeum vulgare) utilized in this study, Table S4: List of
primers used for qRT-PCR analysis.
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Abstract: Vigna vexillata (zombi pea) is an underutilized legume crop considered to be a potential gene
source in breeding for abiotic stress tolerance. This study focuses on the molecular characterization
of mechanisms controlling waterlogging tolerance using two zombi pea varieties with contrasting
waterlogging tolerance. Morphological examination revealed that in contrast to the sensitive variety,
the tolerant variety was able to grow, maintain chlorophyll, form lateral roots, and develop aerenchyma
in hypocotyl and taproots under waterlogging. To find the mechanism controlling waterlogging
tolerance in zombi pea, comparative transcriptome analysis was performed using roots subjected
to short-term waterlogging. Functional analysis indicated that glycolysis and fermentative genes
were strongly upregulated in the sensitive variety, but not in the tolerant one. In contrast, the genes
involved in auxin-regulated lateral root initiation and formation were expressed only in the tolerant
variety. In addition, cell wall modification, aquaporin, and peroxidase genes were highly induced in
the tolerant variety under waterlogging. Our findings suggest that energy management and root
plasticity play important roles in mitigating the impact of waterlogging in zombi pea. The basic
knowledge obtained from this study can be used in the molecular breeding of waterlogging-tolerant
legume crops in the future.

Keywords: De novo transcriptome; lateral root; legume; Vigna vexillata; waterlogging

1. Introduction

Flooding is one of the most significant problems facing global agriculture today. It can be
categorized as waterlogging, i.e., when the height of the water column covers only the root-zone,
or as submergence, when the aerial plant tissues are fully covered [1]. Waterlogging generally affects
dryland crops rather than submergence, since soil can easily become waterlogged due to poor drainage
after intensive and/or extensive rainfall or irrigation. Waterlogging creates low oxygen environments
in the root, due to the limited diffusion of oxygen and other gases under water. This results in ATP
shortage from the inhibition of oxidative phosphorylation, and long-term waterlogging results in
stomatal closure, leading to impaired root hydraulic conductivity and reduced photosynthesis and
nutrient and water uptake in the plants [2].
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The characterization of the molecular mechanisms for submergence tolerance has been extensively
studied in model plants. Functional characterization of group VII of ethylene response factor (ERF)
genes revealed their functional role as critical players regulating submergence tolerance in rice and
Arabidopsis [3–5]. In rice, natural genetic variations of group VII ERFs determine the escape strategy
through stem elongation in the deepwater rice and the quiescence strategy through the restriction
of shoot elongation in the lowland rice [6,7]. In another monocot model, Brachypodium distachyon,
transcriptomic analysis of submergence-tolerant and sensitive natural genetic variations revealed the
oxidative stress pathway as a significant tolerance factor [8]. Most of the submergence and low oxygen
studies in model plants provide some basic understanding; however, these studies were frequently
conducted in a hypoxic environment under complete darkness, which cannot imitate the impact
observed in plant response to waterlogging [2].

The legume family (Fabaceae) is one of the most important food crops for human nutritional needs.
However, molecular characterization of the mechanisms controlling waterlogging tolerance in the
legume family is uneven. Most existing studies on the molecular basis of waterlogging tolerance
in legumse were focused on soybean. A key component associated with waterlogging stress in
soybean is an energy crisis in root-zone resulting from low oxygen conditions, with the meristem
showing particular susceptibility. Waterlogging-tolerant soybean varieties were found to develop
more aerenchyma and promote more root growth than the sensitive varieties under waterlogging
stress [9–12]. The natural genetic diversity of soybean has been used to find molecular mechanisms that
are differentially expressed in tolerant versus sensitive varieties [13–17]. Recently, a major quantitative
trait locus (QTL), qWT_Gm_03, controlling root plasticity under waterlogging was identified in soybean
and proposed to be involved in the auxin pathways regulating secondary root development and root
plasticity [17]. In other legume species, higher root porosity and the ability to form lateral roots was
also correlated with waterlogging tolerance, as observed in the waterlogging-tolerant legume of the
genus Trifolium [18], pea (Pisum sativum) [19], and lentil (Lens culinaris) [19].

The genus Vigna is a particularly important legume crop, comprising more than 1000 species
and distributed in extensive and diverse areas of Africa, America, Australia, and Asia [20,21].
Domesticated Vigna species including cowpea (V. unguiculata), zombi pea (V. vexillata), Bambara
groundnut (V. subterranean), mungbean (V. radiata), azuki bean (V. angularis), rice bean (V. umbellata),
black gram (V. mungo), moth bean (V. aconitifolia), and créole bean (V. reflexo-pilosa) are grown mainly
for dry seeds by small farmers in several cropping systems of tropical and sub-tropical regions [22,23].
Most of the domesticated Vigna species are particularly sensitive to waterlogging, resulting in poor seed
quality and significant yield reduction. In the case of mungbean, waterlogging at the vegetative stage
results in decreased leaf area, growth rate, root growth, photosynthesis rate, chlorophyll and carotenoid
contents, flowering rate, pod setting, yield, and altered dry matter partitioning [24]. In contrast to
soybean, little is known about the molecular mechanisms of waterlogging tolerance in the genus Vigna.
Therefore, to improve Vigna waterlogging tolerance, mechanisms of waterlogging tolerance must be
understood. It has been proposed that stress-resistant plant species closely related to the crop of interest
could be used for the molecular analysis of the stress adaptation mechanisms [25]. Thus, de novo
transcriptome analysis and gene expression profiling can be used to provide a basic understanding of
the molecular response controlling waterlogging adaptation of the non-model Vigna crops.

Vigna vexillata (common name: zombi pea) is an underutilized legume crop that can be found in
diverse areas of Africa, America, Australia, and Asia [26]. It is cultivated for edible storage roots and
seeds. Zombi pea is a highly heterogeneous legume species [21]. Previous research has found that
some varieties of zombi pea adapt well to environmental stresses including infertile soil [27], alkaline
soil [28], drought [29], and waterlogging [30]. Therefore, zombi pea is considered to be a potential
gene source in breeding for tolerance to abiotic stresses.

In this work, we investigated the changes in anatomy, morphology, and molecular responses to
waterlogging with the assistance of RNA-sequencing (RNA-seq) of the waterlogged roots of two zombi
pea varieties with contrasting waterlogging-tolerant phenotypes. We hypothesized that the natural
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genetic diversity of the zombi pea would allow us to find the molecular mechanism of waterlogging
tolerance in the genus Vigna.

2. Results and Discussion

2.1. Anatomical and Morphological Changes of Zombi Pea Varieties Subjected to Waterlogging Stress

Two zombi pea varieties, the waterlogging-tolerant “A408” and the waterlogging-sensitive “Bali”,
were selected based on the contrasting phenotype in response to waterlogging. “A408”, a native
pasture on the verge of a swamp, is highly waterlogging-tolerant [30]. “Bali” is an Asian cultivated
zombi pea found in Bali, Indonesia [21]. The contrasting phenotype of these natural varieties was
initially tested by growing them in pot soils and waterlogging for 30 days (data not shown). In this
study, we applied waterlogging at the seedlings stage (15 day-old). Under long-term waterlogging
stress (WS), “A408” was able to maintain growth based on the visual examination (Figure 1A). On the
other hand, “Bali” displayed stunted growth of its phenotype under WS (Figure 1B). Analysis of
leaf chlorophyll content demonstrated that under non-stress (NS), “A408” maintained its chlorophyll
content between 0.014 mg/cm2 at day zero and 0.017 mg/cm2 at day seven (Figure 1C). Similarly, “Bali”
chlorophyll contents ranged between 0.014 mg/cm2 at day zero and 0.018 mg/cm2 at day seven under
NS (Figure 1D). Further, WS did not affect “A408” chlorophyll content (Figure 1C). In contrast, the
reduction of “Bali” chlorophyll content was observed between day four (0.01 mg/cm2) and day seven
(0.008 mg/cm2) of WS (Figure 1D), suggesting that WS resulted in a decline in “Bali” leaf photosynthesis.
The decrease in leaf chlorophyll content under WS was also observed in other WS-sensitive legume
varieties [19,31].

Figure 1. Contrasting waterlogging tolerance in “A408” and “Bali” varieties. Representative 15-day-old
zombi pea seedlings subjected to 0, 7, and 10 days of waterlogging. (A) “A408”. (B) “Bali”. Leaf
chlorophyll measurement (n = 12 plants) under no stress (NS) and waterlogging (WS). (C) “A408”.
(D) “Bali”. * p < 0.05, ** p < 0.01 (t-test).

Root architecture and plasticity play a vital role in the adaptation of plants to WS [32]. Therefore,
we analyzed for WS-induced root anatomical and morphological changes in zombi pea and found that
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WS caused damage and significantly suppressed the root growth of “Bali” (Figure 2A,B). On the other
hand, WS promoted basal stem thickening and lateral root production in “A408” (Figure 2A,B). Lateral
roots are all roots that emerge from main roots, and are a major determinant of root architecture, which
is essential for the efficient uptake of water and nutrients [33]. To determine the taproot anatomy,
roots at the same age were sectioned at almost the same position (Figure 3A). In the cutting area, we
observed the secondary root growth in “A408” but the primary root growth in “Bali”. We randomly
cut “Bali” roots in different root zones, but only the primary root growth was observed. Based on
“A408” anatomy, “A408” taproots functions as storage roots. Therefore, the cortical region of A408
taproot was smaller than that of “Bali”. Furthermore, we observed numerous starch grains in the
parenchyma of “A408” root steles. In addition, WS resulted in the formation of aerenchyma in taproots
and hypocotyls of “A408” variety (Figure 3A,B, respectively). In contrast, WS caused severe tissue
damage in taproot of “Bali”, as observed by dark precipitation of Fast Green dye, and no aerenchyma
was observed in WS hypocotyls of “Bali” (Figure 3A,B). The formation of aerenchyma was responsible
for increasing internal oxygen diffusion from the aerial parts to the waterlogged roots, which allowed
the underground roots to maintain aerobic respiration [34]. Our results correlated with the three
previous studies in other legume crops. First, in waterlogging-tolerant legumes of the genus Trifolium,
higher root porosity and the ability to form lateral roots contributed to waterlogging tolerance [18].
Second, in waterlogging-tolerant pea and lentil, WS increased both the main and lateral root porosity
compared to the NS due to the formation of aerenchyma [19]. Lastly, a soybean locus, qWT_Gm_03,
enhanced waterlogging tolerance through controlling secondary root growth in a waterlogging-tolerant
cultivar [17]. Since lateral root formation was induced by WS in “A408”, but root growth was arrested
in WS “Bali” (Figure 2A,B), these results suggest that the plasticity in lateral root development under
WS could be an important determinant for waterlogging tolerance in zombi pea.

Figure 2. Changes of zombi pea root architecture under WS. (A) Roots of control plants kept for 7 days
under NS. (B). Roots of 7-day WS plants.
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Figure 3. Waterlogging induces aerenchyma and extra-cellular airspace in hypocotyls and roots of
“A408”. Cross-section of “A408” and “Bali” (A) taproot and (B) hypocotyl. co = cortex. st = stele.

2.2. De Novo Transcriptome Analysis

To examine the molecular mechanisms controlling waterlogging tolerance in zombi pea, we
performed de novo transcriptome analysis by RNA-seq using WS and NS root samples derived from
both “A408” and “Bali” varieties. Twenty-two to twenty-six million reads were obtained for each
RNA-seq library (Table S1). To construct a reference transcriptome for each variety, the RNA-seq reads
from four libraries (two biological replicates per each treatment) were combined and subjected to de
novo transcriptome assembly by Trinity program. The transcriptome assembly yielded 74,658 genes
consist of 154,405 transcripts with an average transcript length of 1263 bp (N50 = 2134 bp) and GC
content of 39.70%, and 80,279 genes consisting of 173,848 transcripts with an average transcript length
of 1230 bp (N50 = 2087 bp) and GC content of 39.74% for “A408” and “Bali”, respectively (Files S1 and
S2; Table S1). The de novo transcriptome assembly statistics were similar between the two varieties.

To perform functional characterization of the de novo assembled transcriptomes, the candidate
open reading frames of each transcript (>100 amino acids; 94,801 and 106,142 protein-coding transcripts
from “A408” and “Bali”, respectively) were annotated using BLASTP to plant UniprotPK database
to obtain the associated gene ontology (GO) terms and assigned to functional bins by Mercator
pipeline (Table S2). Transcript homologs among “A408”, “Bali”, and Arabidopsis were identified by the
OrthoVenn2 web tool. Transcript expression, as represented by count per million (CPM) expression
values can be found in Table S3.
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2.3. Differential Gene Expression, Functional Enrichment, and Comparative Transcriptome Analyses

For differential gene expression analysis, reads were mapped back to the assembled transcriptome.
The majority of reads (96–97%) from each RNA-seq library could be mapped to the reference
transcriptome (Table S1), suggesting the reliability of our transcriptome data. The number of reads
aligned back to each transcript was acquired for differential gene expression analysis. Transcriptome
analysis identified 982 differentially-expressed genes (DEGs) and 1133 DEGs with significant changes in
gene expression evaluated by the false discovery rate (FDR) <0.05 from “A408” and “Bali”, respectively
(Figure 4A; Table S3). For “Bali”, 51% and 49% of DEGs were upregulated and downregulated by WS
(Figure 4A; Table S3). On the other hand, a higher percentage of DEGs (61%) were downregulated
compared to the percentage of upregulated DEGs (39%) in “A408” (Figure 4A, Table S3).

Using a list of core hypoxia-induced genes in Arabidopsis [35], we were able to identify 31 core
hypoxia homolog clusters among “A408”, “Bali”, and Arabidopsis (Table S3). Of these, four homolog
clusters, including sucrose synthase (cluster 56), alcohol dehydrogenase (cluster 3967), similar to RCD one 5
(SRO5; cluster 4428), and wound-responsive family protein (cluster 8884), were induced in both “A408” and
“Bali” (Table S3). Non-symbiotic hemoglobin 1 (cluster 13294) was induced only in “A408”. In contrast,
1-aminocyclopropane-1-carboxylate oxidase 1 (ACC oxidase 1; cluster 15158), haloacid dehalogenase-like
hydrolase (HAD) superfamily protein (cluster 6574), and LOB domain-containing protein 41 (LBD41, cluster
9883) were specifically induced in “Bali”.

We took two contemporary approaches to identify differentially-expressed molecular mechanisms
controlling waterlogging tolerance; GO enrichment analysis of co-expressed genes (Figure 4B) and
comparative transcriptome analysis (Figure 5). To obtain a global picture of transcriptome adjustment
in response to WS, GO enrichment analysis was carried out. The top five GO terms of upregulated DEGs
of “A408” were enriched for protein unfolding, response to hydrogen peroxide, chloroplast thylakoid
membrane, water transmembrane transporter activity, and asparagine biosynthetic process (Figure 4B).
On the other hand, the top five GO terms of upregulated DEGs of “Bali” were enriched in response to
decreased oxygen levels, cytosol, response to hydrogen peroxide, glycolytic process, and response
to temperature stimulus (Figure 4B). Response to hydrogen peroxide, protein phosphatase inhibitor
activity, and alcohol dehydrogenase (NAD) activity were the common GO terms that were identified
from the upregulated DEGs of both “A408” and “Bali” (Figure 4B). The top five downregulated DEGs
of “A408” were enriched for naringenin-chalcone synthase activity, chalcone biosynthetic process,
positive regulation of post-embryonic development, sulfur compound biosynthetic process, and
maltose biosynthetic process (Figure 4B). In “Bali”, the top five downregulated DEGs were enriched in
guanosine deaminase activity, phosphoenol pyruvate carboxykinase activity, carbohydrate derivative
catabolic process, zinc ion transport, serine-type carboxypeptidase activity, farnesyltranstransferase
activity, terpene synthase activity, gibberellin 3-beta-dioxygenase activity, indole acetic acid carboxyl
(IAA) methyltransferase activity, (-)-secoisolariciresinol dehydrogenase activity, and 3-hydroxybutyrate
dehydrogenase activity (Figure 4B).

To compare the changes in WS transcriptome in the two zombi pea varieties with contrasting WS
responses, comparative transcriptome analysis was analyzed by over-representation analysis (ORA)
using Fisher’s exact test with a cut-off of two. The results from the ORA analysis demonstrated
that glycolysis, stress, MYB-related transcription factor family, and protein functional bins were
overrepresented in the upregulated DEGs of “Bali” (Figure 5; Table S4). In contrast, the upregulated
DEGs of “A408” were overrepresented with cell wall, peroxidase, MYB-related transcription factor
family, AUX/IAA transcription factor family, and cytoskeleton functional bins (Figure 5; Table S4). The
downregulated DEGs of “Bali” were overrepresented with secondary metabolism, hormone metabolism
(including gibberellin), and transport functional bins (Figure 5; Table S4). For “A408”, the downregulated
DEGs were overrepresented with lipid metabolism, WRKY transcription factor family, and signaling
functional bins (Figure 5; Table S4). The results from the GO enrichment and the ORA analyses point
out that differential regulation of the genes encoding for energy production pathways, hormones,
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RNA-regulation by AUX/IAA family, cell wall modification, water transmembrane transporters, and
peroxidase enzymes could contribute to waterlogging tolerance in zombi pea.

Figure 4. Waterlogging altered root transcriptomes of “A408” and “Bali”. (A) The number of
upregulated and downregulated differentially-expressed genes (DEGs) from roots of “A408” and “Bali”
in response to WS. (B) Enrichment of GO terms from upregulated and downregulated DEGs from roots
of “A408” and “Bali” in response to WS.
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Figure 5. Comparative transcriptome response for selected functional categories to WS in roots of
“A408” and “Bali”. Over-representation analysis of the DEGs (FDR < 0.05). The statistical analysis
of overrepresented functional categories was performed using Fisher method. Z-scores indicate
over/under representation. (Number indicates z-score; Yellow indicates over-representation). Data
used to generate this figure can be found in Table S4.

2.4. Waterlogging Resulted in Stronger Induction of Glycolysis and Fermentative Genes in “Bali” than
in “A408”

Since WS creates a low oxygen environment that could promote glycolysis and fermentation
and the GO enrichment and ORA analyses suggested differential expressions of glycolysis and
fermentative genes in both varieties, we then examined changes in the expression of major carbohydrate
metabolic, glycolysis and fermentative genes (Figure 6; Table S3). Starch degradation genes including
beta-amylase (A_DN40578_c6_g3_i1), starch phosphorylase (SP; A_DN40764_c7_g1_i2), fructokinase
(A_DN41293_c1_g8_i1), and invertase (A_DN40864_C7_g2_i1) were downregulated in “A408”. However,
the expression of sucrose synthase (SUSY) was upregulated in both “A408” (A_DN40966_c1_g1_i8) and
“Bali” (B_DN52186_c2_g2_i4 and i11). Several genes encoded for glycolysis enzymes were strongly
upregulated in “Bali”, including aldolase (B_DN50672_c0_g4_i1 and i2), enolase (B_DN51208_c1_g1_i4 and
i9), glucose 6 phosphate (G6P) isomerase (B_DN50580_c2_g7_i2 and i8), GAP-DH (B_DN51637_c1_g4_i1 and
i2), phosphofrucktokinases (PFKs; B_DN51114_c0_g1_i6 and i9 and B_DN51080_c4_g2_i5), phosphoglycerate
mutase (PGM; B_DN50865_c2_g2_i5), and pyruvate kinases (PKs; B_DN52171_c0_g5_i1, i7 and i9).

On the other hand, the analysis of “A408” DEGs revealed only one glycolysis gene,
phospho-enol-pyruvate carboxylase kinase (PPCK; A_DN36906_c0_g1_i4), which was induced by WS.
Interestingly, PFK (A_DN40730_c0_g2_i10), encoded for one of the most important regulatory enzymes
of glycolysis, was strongly downregulated under WS in “A408”. Several fermentative genes were
strongly upregulated in “Bali”, particularly alcohol dehydrogenases (ADH; B_DN51037_c2_g1_i1, i2, i4, and
i5 and B_DN50984_c1_g3_i5), aldehyde dehydrogenase (B_DN50511_c1_g7_i2), lactate dehydrogenase (LDH;
B_DN52281_c1_g2_i1) and pyruvate decarboxylase (PDC; B_DN50426_c2_g1_i5 and i10, B_DN50426_c2_g7_i1
and i2, and B_DN52571_c0_g1_i2 and i3). In contrast, only two genes encoding for ADH
(A_DN39747_c0_g4_i3 and A_DN40875_c0_g1_i2) were upregulated in “A408”. Our results demonstrated
that genes involved in starch degradation, glycolysis, and fermentation are differentially expressed at a
significantly higher level under WS in “Bali” than in “A408”, suggesting that “A408” could have a slower
glycolytic process and a better ability to maintain carbohydrate reserves than “Bali”.

Analysis of total soluble carbohydrates in the roots of both varieties confirmed that WS resulted
in a greater reduction of the total soluble carbohydrate in “Bali” than that of “A408” (Figure S1). Our
results correlate with a study of wild relatives of Arabidopsis in the genus Rorippa, showing that starch
degradation, glycolysis, and fermentative genes are more strongly induced in the less flooding-tolerant
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R. amphibiathan than in R. sylvestris [36], thus suggesting that the management of carbohydrate reserves
may be necessary for the survival of plants experiencing an energy crisis from low oxygen conditions.

Figure 6. Waterlogging caused differential expression of major carbohydrate metabolism, glycolysis,
and fermentative genes in roots of “A408” and “Bali”. The number indicates log2 fold changes. Blue
indicates down-regulation. Yellow indicates up-regulation. Data can be found in Table S3.

2.5. Waterlogging Resulted in Stronger Induction of Ethylene Synthesis, Perception and Responsive Genes in
“Bali” than in “A408”

During soil waterlogging, ethylene acts as a primary signal controlling morphological and metabolic
adjustments in plant roots. Therefore, we examined the changes in gene expression of ethylene
synthesis, perception, and responsive transcriptional regulator genes. In both varieties, changes in
the expression of ethylene synthesis, perception, and responsive transcriptional regulatory genes were
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observed (Figure 7; Table S3). In “A408” one aminocyclopropane carboxylate oxidase gene (ACC oxidase;
A_DN37162_c1_g2_i3), a key-enzymatic gene controlling ethylene synthesis, was upregulated and three
were downregulated (A_DN38534_c8_g1_i3, A_DN41071_c0_g1_i1, and A_DN40256_c1_g1_i1). On the
contrary, two ACC oxidase genes (B_DN48281_c0_g1_i1 and B_DN48281_c0_g2_i1 and i2) were strongly
upregulated, and one was downregulated (B_DN51722_c0_g2_i2) in “Bali”. For ethylene signaling
and perception, ERF95 (A_DN40876_c5_g6_i1) and ERF106 (A_DN34489_c0_g2_i1) were upregulated in
“A408” and ERF2 (B_DN48139_c0_g1_i1) and ERF106 (B_DN51699_c3_g8_i1) were upregulated in “Bali”.
The down-regulation of ERF13 genes was observed in both varieties (“A408”; A_DN45302_c0_g1_i1,
A_DN38825_c5_g14_i1, and A_DN39366_c0_g1_i2 and “Bali”; B_DN51809_c1_g5_i1). Interestingly, the
down-regulation of ERF109 (A_DN39318_c1_g3_i2), a redox responsive transcription factor 1, was
observed only in “A408”. In Arabidopsis, ERF109 is highly responsive to jasmonic acid and functions in the
regulation of lateral root formation by mediating cross-talk between jasmonic acid signaling and auxin
biosynthesis [37]. The expression of other ethylene-responsive transcription factor genes was generally
strongly induced in “Bali”, including ERF110 (B_DN49322_c2_g10_i2), DREB2C (B_DN44544_c1_g1_i1
and i2) and Ethylene Response DNA binding factor 1 (B_EDF1; DN50249_c2_g7_i1). In “A408”, ERF
subfamily B4 (A_DN39655_c3_g1_i1), ERF114 (A_DN39818_c4_g4_i1), RAP2.7 (A_DN39022_c4_g2_i1) and
RAP2.3 (A_DN39022_c4_g2_i1) were upregulated by WS. On the other hand, DREB transcription factors
(A_DN38707_c2_g6_i1, A_DN35768_c0_g1_i1, and A_DN739_c0_g1_i1) were downregulated in “A408”.

Figure 7. Differential expression pattern of ethylene synthesis, perception and transcriptional regulator
genes in roots of “A408” and “Bali” subjected to WS. The number indicates log2 fold changes. Blue
indicates down-regulation. Yellow indicates up-regulation. Data can be found in Table S3.
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The stronger up-regulation of ACC oxidase could result in higher ethylene production in “Bali” than
in “A408”. Ethylene has an important role during lateral root initiation as treatment of ethylene reduces
lateral root initiation in Arabidopsis seedlings [38]. Moreover, Arabidopsis mutants with enhanced
ethylene synthesis or perception decreased lateral root formation, while ethylene-insensitive mutants
increased the number of lateral roots [38]. Furthermore, Muday et al. [39] discussed the antagonistic
roles of auxin and ethylene in controlling lateral root formation, in which the control of lateral root
development by ethylene involves changes in auxin transport and accumulation patterns [40].

2.6. Auxin Metabolism and Auxin-Regulated Transcription Factor Genes were Predominantly Induced in the
Roots of Waterlogging-Tolerant Zombi Pea

Auxin participates in root growth and the regulation of lateral root development. Our phenotypic
data demonstrated that WS resulted in adaptive changes of zombi pea root phenotypes (Figure 2). GO
enrichment analysis also suggests the down-regulation of IAA carboxyl methyltransferase activity
in WS “Bali” roots (Figure 4). Recently, IAA methylation was proposed to function in maintaining
auxin homeostasis by regulating the polar auxin transportation [41]. Moreover, the AUX/IAA family is
overrepresented in the upregulated DEGs of “A408” based on Fisher’s exact test for over-representation
analysis (Figure 5; Table S4). Therefore, we examined the changes in the expression of auxin
metabolism and auxin-responsive transcription factor genes. Under WS, genes involved in auxin
metabolism and auxin-responsive transcription factor genes were differentially regulated in both
varieties (Figure 8; Table S3). However, four Small Auxin Upregulated RNAs (SAURs) were induced in
“A408” (A_DN2515_c0_g1_i1, A_DN38724_c0_g4_i1, A_DN40333_c0_g1_i1, and A_DN40413_c3_g11_i1).
In contrast, only one SAUR (B_DN52605_c0_g2_i1) was induced in “Bali”. Evidently, SAURs can
regulate auxin-induced acid growth as defined by the loosening of cell walls at low pH which promotes
cell wall extensibility and rapid cell elongation [42]. Our results demonstrate that WS in “A408”
can upregulate a SAUR gene, A_DN40413_c3_g11_i1. The best BLAST hit of A_DN40413_c3_g11_i1
protein is the Arabidopsis SAUR51 (AT1G75580; Table S3). Previous studies in Arabidopsis demonstrated
that SAUR51 is an auxin-inducible gene [43] which is highly expressed in root primordia [44], which
suggests it may function in lateral root growth under WS.

Figure 8. Differential expression pattern of auxin metabolism and transcriptional regulator genes in
roots of “A408” and “Bali” subjected to WS. The number indicates log2 fold changes. Blue indicates
down-regulation. Yellow indicates up-regulation. Data can be found in Table S3.
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Additionally, we observed the up-regulation of two key regulators in auxin-regulated lateral
root development, SHORT HYPOCOTYL 2/SUPPRESSOR OF HY 2 (SHY2)/Indole-3-acetic acid-inducible
(IAA) 3 (A_DN38749_c3_g4_i1) and IAA14 (A_DN39227_c1_g4_i1 and i2) only in the DEGs of “A408”.
SHY2/IAA3 and IAA14 are auxin-inducible transcriptional repressors that regulate auxin-mediated
gene expression by controlling the activity of auxin response factors (ARFs) by protein-protein
interaction [45–47]. Goh et al. [48] proposed that multiple Aux/IAA–ARF modules cooperatively regulate
the developmental steps during lateral root formation. Therefore, we speculated that SHY2/IAA3 and
IAA14 could specifically regulate zombi pea lateral root formation under WS. An in-depth analysis of
the WS-induced SAURs and Aux/IAAs is required to further provide candidate genes for improving
waterlogging tolerance in Vigna crops.

2.7. Differential Expression of Abscisic Acid and Gibberellic Acid Metabolic Genes

Abscisic acid (ABA) and gibberellic acid (GA) play antagonistic roles to control plant development
and response to environmental stresses. GO enrichment analysis also suggests the down-regulation
of farnesyltranstransferase activity and gibberellin 3-beta-dioxygenase activity in WS “Bali” roots
(Figure 4). Additionally, ORA identified overrepresentation of GA metabolism genes in the
downregulated DEGs of WS “Bali” roots (Figure 5). The biosynthesis of ABA and GA both derives from
the isoprenoid pathway. Cutler et al. [49] demonstrated that farnesyl transferase is a key regulator of ABA
signal transduction in Arabidopsis. Interestingly, the down-regulation of farnesyl transferase increases
the ABA response and drought tolerance in Brassica napa [50]. In this study, the down-regulation of
genenylgeranyl pyrophosphate synthase 1 (GGPS1; B_DN993_c0_g1_i1) was observed in WS “Bali” roots
(Table S3). Arabidopsis GGPS1 (encoded by At4g36810) has farnesyl transferase activity and functions
as a key enzyme in the chloroplast isoprenoid biosynthetic pathway. GGPS1 catalyzes the formation of
geranylgeranyl diphosphate, a precursor molecule of carotenoids, ABA, and GA [51]. Moreover, the
down-regulation of GA 3-oxidase 1 (GA3OX1: B_DN46875_c0_g1_i1) was also found in WS “Bali” roots
(Table S3). Arabidopsis GA3OX1 is involved in the production of bioactive GA, and plays an essential
role in the regulation of root growth [52]. Altogether, these results suggest the modulation of ABA and
GA level could play a role in the regulation of waterlogging tolerance in zombi pea.

2.8. Differential Expression of Transport Genes

In general, most of the transporter gene families were downregulated in response to WS in
both varieties (Figure 9A,B), except for a family of major intrinsic protein (aquaporin) genes which
were largely induced under WS in “A408” (Figure 9A,B). The aquaporin has an important role in the
regulation of plant water uptake, water loss, and hydraulic conductivity [53]. Among these aquaporin
genes, three plasma membrane intrinsic proteins (PIPs) (A_DN39755_c1_g1_i7, A_DN40480_c0_g1_i6, and
A_DN40480_c0_g3_i1) were specifically induced in “A408” (Figure 9C; Table S3). The best BLAST hit
of A_DN39755_c1_g1_i7 protein is the Arabidopsis PIP2;7 (AT4G35100; Table S3). Functional analysis of
the Arabidopsis PIP2;7 revealed that it is highly expressed in root elongating cells, and is most likely
involved in cell elongation processes where the regulation of water movement is crucial [54]. Taken
together, these results suggest the upregulation of aquaporin genes may contribute to waterlogging
tolerance in the zombi pea.

2.9. Differential Expression of Plant Cell Wall-Related Genes

Since the aerenchyma formation was observed in WS roots and hypocotyl of “A408” (Figure 3A,B),
we sought to determine the change in expression of cell wall-related genes upon WS. Our results
demonstrated that cell wall-related genes were overrepresented in the upregulated DEGs of “A408”
(Figure 5; Table S4). Genes involved in cell wall modification were overrepresented in the upregulated
DEGs of both “A408” and “Bali” (Table S4). However, the group of pectin methylesterase genes,
including both pectin methylesterases and pectin methylesterase inhibitors, were specifically overrepresented
in the upregulated DEGs of “A408” (Figure 10A,B; Table S4). Pectin is a structurally compact
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polysaccharide that is a constituent of plant’s primary cell wall. Pectin plays a key role in plant growth,
cell expansion, and response to stress [55]. Pectin methylesterases and pectin methylesterase inhibitors
are enzymes involved in shoot apical meristem development and root tip elongation through plant
hormone pathways including auxin [56,57]. Our results suggest that the modification of the plant
cell walls by pectin methylesterases and pectin methylesterase inhibitors could have a role in the
waterlogging tolerance of zombi pea. In support of this, Glyma.03.g029400, a soybean root-specific
pectin methylesterase inhibitor, has been proposed as the likely underlying gene of a major QTL for
waterlogging tolerance, qWT_Gm03 [17].

Figure 9. Differential expression of transport genes in roots of “A408” and “Bali” subjected to WS.
Graphical representation of WS-regulated transport genes based on their assigned protein families.
“Up” and “Down” represent up-regulation and down-regulation in this analysis. (A) “A408”. (B) “Bali”.
(C) Expression patterns of major intrinsic protein (aquaporin) genes in roots of “A408” and “Bali”
under WS. The number indicates log2 fold changes. Blue indicates down-regulation. Yellow indicates
up-regulation. Data can be found in Table S3.

Cell wall-associated peroxidases are enzymes that use hydrogen peroxide and/or superoxide
anions as substrates to catalyze a production of hydroxyl radicals. The production of hydroxyl radicals
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can cause an increase in cell wall loosening during auxin-mediated cell wall extension. Here, we
observed the over-representation of peroxidase genes in the upregulated DEGs of “A408” (Figure 5;
Table S4). In the DEGs of “A408”, nine out of 11 peroxidase DEGs were upregulated under WS
(Figure 10C). In contrast, only five out of 16 peroxidase DEGs were upregulated in the DEGs of “Bali”
(Figure 10C). Interestingly, the expression of A_DN39902_c2_g1_i1 and A_DN40709_c4_g1_i2 was
upregulated only in the DEGs of “A408” (Figure 10C). The best blast hit of these two transcripts is the
Arabidopsis cell wall loosening peroxidase 53 (Prx53: AT5G06720; Table S3) [58]. The results suggest
that these genes might play some role in waterlogging response.

Figure 10. Differential expression of cell wall-related and peroxidase genes in roots of “A408” and
“Bali” subjected to WS. Graphical representation of WS-regulated cell wall-related genes based on their
assigned protein families. “Up” and “Down” represent up-regulation and down-regulation in this
analysis. (A) “A408”. (B) “Bali”. (C) Expression patterns of peroxidase genes in roots of “A408” and
“Bali” under WS. The number indicates log2 fold changes. Blue indicates down-regulation. Yellow
indicates up-regulation. Data can be found in Table S3.
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2.10. Validation of Transcriptome Data by Quantitative Real-Time PCR

To validate the transcriptome results, for each variety we selected six DEGs and one non-DEG
based on their function and expression level for quantitative real-time PCR analysis (qRT-PCR). For
“A408”, of the six DEGs, five genes were upregulated including pectin lyase-like superfamily protein
(A_DN38641_c0_g1_i3), SUSY (A_DN40966_c1_g1_i8), ADH (A_DN39747_c0_g4_i3), aquaporin tonoplast
intrinsic protein (TIP; A_DN40497_c1_g9_i2), and IAA14 (A_DN39227_c1_g4_i1) and one DEGs, WRKY
transcription factor (A_DN40719_c0_g11_i2) was downregulated (Figure S2A). For “Bali”, of the six DEGs,
four genes were upregulated including ADH (B_DN50984_c1_g3_i5), GAP-DH (B_DN51637_c1_g4_i2),
glucose-6-phosphate isomerase (B_DN50580_c2_g4_i2), aldolase (B_DN50672_c0_g4_i1) and two DEGs, TIP
(B_DN50494_c3_g2_i1) and auxin-induced protein PCNT115 (B_DN50148_c6_g3_i4) were downregulated
(Figure S2B). The expression of a non-DEG, ATP synthase subunit beta (“A408”; A_DN39747_c0_g13_i1
and “Bali”; B_DN50009_c1_g1_i3), was used as a reference for the relative gene expression calculation.
Our qRT-PCR results demonstrate the reliability of the RNA-seq data.

3. Material and Methods

3.1. Plant Material and Stress Treatment

Vigna vexillata seeds (JP235863 (“Bali”) and AusTRCF320047 (“A408”) varieties) were germinated
in soil and grown outdoors between April and June of 2016 and 2017 at Kasetsart University, Bang
Khen campus. Fifteen-day-old, five-leaf-stage plants were used in the WS treatment. In brief, plant
pots were placed in plastic containers filled with tap water. The level of water was set at 3 cm above
the soil. Waterlogging stress began at midday and continued for 24 h. For the control, non-treated
plants were placed in a container with no water. For each sample, the root tissue of five plants was
harvested at the end of the treatment; it was immediately placed in liquid nitrogen, ground into a fine
powder, and kept at −80 ◦C. For long term WS, plants were subjected to WS for up to 10 days.

3.2. Analysis of Leaf Chlorophyll Content

Adhering to the method described by Juntawong et al. [2], chlorophyll content was measured
using the atLEAF+ chlorophyll meter (FT Green LLC, Wilmington, DE). The youngest fully-expanded
leaves were measured three times at 10.00 am and the averages were used in subsequent analysis.
Twelve plants were analyzed for each time point. The total chlorophyll content of the leaves was
obtained by converting the atLEAF+ values in SPAD units and the total chlorophyll contents using an
online web tool: http://www.atleaf.com/SPAD.aspx.

3.3. Root Anatomical and Morphological Analysis

For analyses of root morphology, underground roots were collected and photographed after
seven days of WS. Roots of NS plants grown side by side were used as controls. For the anatomical
study, taproots and hypocotyls were immediately fixed in formaldehyde-acetic acid-alcohol (FAA)
solution. Permanent slides for microscopic observation were prepared by standard microtechnique
procedures [59]. The embedded samples were sectioned at 10–15 micrometer thickness using a
rotary microtome (Leica RM2165; Leica Biosystems, Germany) and stained with Safranin and Fast
Green. The samples were observed under a bright-field microscope (Axioskop 2 Plus; Zeiss, Germany)
equipped with a digital camera (AxioCam MRc; Zeiss, Germany)

3.4. Analysis of Total Soluble Carbohydrate Content

One hundred milligrams of frozen root tissue was used to quantify the total soluble carbohydrate
content using a method described by Juntawong et al. [2]. In brief, soluble carbohydrates were
extracted, hydrolyzed by adding 5 mL of 2.5 N HCl, and incubated in a boiling water bath for 3 h.
The addition of 0.75 g of Na2CO3 was performed to neutralize the extract. The anthrone method was
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used to determine total carbohydrate content relative to a standard series of glucose. In brief, the
extract (300 μL) and distilled water (700 μL) were mixed with 4 mL of 0.14% (w/v) anthrone solution in
95% H2SO4; it was then incubated in a boiling water bath for 8 min, and rapidly cooled on ice. The
absorbance was quantified at 630 nm.

3.5. RNA Extraction, Library Preparation, and Sequencing

Total RNA was extracted with TRIzol reagent (Invitrogen), according to the manufacturer’s
protocol. Total RNA samples were subjected to DNase treatment and RNA cleanup using an RNA-mini
kit (Qiagen). Two replicates of total RNA samples were used for transcriptome analysis according
to the ENCODE recommended RNA-seq standards (https://genome.ucsc.edu/ENCODE/protocols/
dataStandards/ENCODE_RNAseq_Standards_V1.0.pdf). The integrity of the RNA samples (RIN)
was evaluated on an RNA 6000 Nano LapChiprun on Agilent2100 Bioanalyzer (Agilent Technologies,
Germany). Samples with a RIN > 7 were used in RNA-seq library preparation. Oneμg of total RNAs
were used to generate a sequencing library using a NEBNext® Ultra™ RNA Library Prep Kit for
Illumina® following the manufacturer’s instructions. The mRNA fragmentation and priming were
performed using NEBNext First Strand Synthesis Reaction Buffer and NEBNext Random Primers.
First-strand cDNA was synthesized using ProtoScript II Reverse Transcriptase and the second-strand
cDNA was synthesized using Second Strand Synthesis Enzyme Mix. The purified (via AxyPrep Mag
PCR Clean-up (Axygen)) double-stranded cDNA was then treated with End Prep Enzyme Mix to repair
both ends and added a dA-tailing in one reaction, followed by a T-A ligation to add adaptors to both
ends. Size selection of Adaptor-ligated DNA was then performed using AxyPrep Mag PCR Clean-up
(Axygen) and fragments of ~360 bp (with the approximate insert size of 300 bp) were recovered.
Each sample was then amplified by PCR for 11 cycles using P5 and P7 primers, with both primers
carrying sequences that could anneal with flow cell to perform bridge PCR and P7 primer carrying
a six-base index allowing for multiplexing. The PCR products were cleaned using AxyPrep Mag
PCR Clean-up (Axygen), validated using an Agilent 2100 Bioanalyzer (Agilent Technologies, Palo
Alto, CA, USA), and quantified using Qubit 2.0 Fluorometer (Invitrogen, Carlsbad, CA, USA). Then
libraries with different indices were multiplexed and loaded on an Illumina HiSeq 4000 instrument
according to the manufacturer’s instructions (Illumina, San Diego, CA, USA). Sequencing was carried
out using a 2 × 150 bp paired-end (PE) configuration; image analysis and base calling were conducted
by the HiSeq Control Software (HCS) + RTA 2.7 (Illumina) on the HiSeq 4000 instrument. The
raw read files were deposited in the NCBI SRA database under the accession numbers SRR9214917-
SRR9214924. Quality control filtering and 3′ end trimming were analyzed using the FASTX-toolkit
(http://hannonlab.cshl.edu/fastx_toolkit/index.html) and Trimmomatic software [60], respectively.

3.6. De Novo Assembly and Annotation

The transcriptome was assembled using the Trinity software (https://github.com/trinityrnaseq/
trinityrnaseq) [61]. The assembly was performed using a k-mer value of 25 with default parameters.
The de novo transcriptome assembled files can be found in Files S1 and S2. The protein sequences
derived from the assembled transcriptomes were further annotated using BLASTP to plant UniprotPK
database with an E value threshold of 1e−10 using AgBase (http://agbase.arizona.edu) and the Mercator
annotation pipeline with a blast cut-off score of 80 (https://plabipd.de/portal/mercator-sequence-
annotation). The annotation information can be found in Table S2.

3.7. Differential Gene Expression Analysis

Differential gene expression analysis was performed according to Sirikhachornkit et al. [62].
The FASTQ files were aligned to the reference transcriptome using Bowtie2 software (http://bowtie-
bio.sourceforge.net/bowtie2/index.shtml). A binary format of sequence alignment files (BAM) was
generated and used to create read count tables using the HTseq python library (https://htseq.readthedocs.
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io/). Differentially-expressed genes were calculated using the edgeR program (https://bioconductor.
org/packages/release/bioc/html/edgeR.html) with an FDR cutoff of < 0.05.

Gene ontology enrichment analysis was performed in the R environment using the GOHyperGAll
function [63]. Gene annotation files were generated using the AgBase webtool. Significant GO terms
were filtered by an adjusted p-value of < 0.05.

For PAGEMAN analysis, the mapping file was generated from the protein sequences derived
from the assembled transcriptomes using the Mercator pipeline. Over-representation analysis (ORA)
was performed using the PAGEMAN [64] program with Fisher’s test and a cutoff value of two.

Homolog identification was performed using translated amino acid sequences (>100 amino acids)
derived from the transcriptomes of “A408” and “Bali” and A. thaliana protein sequences (TAIR10) by
OrthoVenn2 [65]. The homolog clusters and expression can be found in Table S3.

3.8. Quantitative Real-Time PCR

Three replicates of total RNA samples were used. Total RNAs were treated with DNase I (NEB,
USA) to eliminate contaminated genomic DNA. One microgram of total RNAs were used to construct
cDNA using MMuLv reverse transcriptase (Biotechrabbit, Germany) in a final volume of 20 μL. The
cDNA was diluted five times. Quantitative-realtime PCR (qPCR) reaction was performed according to
Sirikhachornkit et al. [62]. Further, qPCR was performed using QPCR Green Master Mix (Biotechrabbit,
Germany) on a MasterCycler RealPlex 4 (Eppendorf, Germany). For each sample, the PCR reaction
was performed in triplicate. Each reaction contained 1 μL of diluted cDNA, 0.5 μM of each primer,
and 10 μL of QPCR Green Master Mix, giving a final volume of 20 μL. The PCR cycle was 95 ◦C
for 2 min, followed by 45 cycles of 95 ◦C for 15 s and 60 ◦C for 30 s. Amplification specificity was
validated by melt-curve analysis at the end of each PCR experiment. Relative gene expression was
calculated using the 2 −ΔΔCT method. The genes and primers used are shown in Table S5.

4. Conclusions

In this research, we aimed to discover the molecular mechanisms controlling waterlogging
tolerance by constructing de novo transcriptomes and comparing the transcriptomes of two zombi pea
varieties with contrasting waterlogging tolerance. Our results demonstrated that root plasticity could be
an important determinant factor controlling waterlogging tolerance in zombi pea. Moreover, differential
expressions of multiple genes encoding for energy production pathways, auxin-regulated lateral root
initiation and formation, hormones, cell wall modification, membrane transporter, and peroxidase
could contribute to waterlogging tolerance in zombi pea. Functional characterization of the WS-induced
candidate genes is required to further identify candidate genes controlling waterlogging-tolerant
traits. Additionally, recent studies demonstrated that differentially-regulated genes controlling for the
traits of interest could be accurately identified using comparative transcriptome RNA-seq analysis
of near-isogenic lines (NILs) [66,67]. Clearly, this method could help to narrow down the list of
candidate genes responsible for waterlogging tolerance in zombi pea by removing genetic background
effects. We expect that the basic knowledge obtained from this study will be used to help design
further experiments focused on improving our understanding of the morphological and physiological
responses to waterlogging that are important for molecular breeding of waterlogging-tolerant Vigna
crops in the future.

Supplementary Materials: The following are available online at http://www.mdpi.com/2223-7747/8/8/264/s1,
File S1: “A408” de novo assembled transcriptome data. File S2: “Bali” de novo assembled transcriptome data.
Figure S1: Total root carbohydrate content. (A) “A408”. (B) “Bali”. Data represent mean ± SE (n = 3). * p < 0.05,
** p < 0.01 (t-test). Figure S2: Quantitative real-time PCR validation of transcriptome data for selected genes.
(A) “A408”. (B) “Bali”. Relative expression was normalized to the abundance of ATP synthase subunit beta.
Data represent mean ± SE (n = 3). * p < 0.05, ** p < 0.01 (t-test). Table S1: Transcriptome statistics. Table S2:
Transcriptome annotation. Table S3: Differentially-expressed transcripts. Table S4: Comparative transcriptome
analysis. Table S5: List of genes and primers used for qRT-PCR.
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Abstract: We assessed the photosynthetic responses of eight wheat varieties in conditions of a
simulated heat wave in a transparent plastic tunnel for one week. We found that high temperatures
(up to 38 ◦C at midday and above 20 ◦C at night) had a negative effect on the photosynthetic functions
of the plants and provided differentiation of genotypes through sensitivity to heat. Measurements of
gas exchange showed that the simulated heat wave led to a 40% decrease in photosynthetic activity
on average in comparison to the control, with an unequal recovery of individual genotypes after a
release from stress. Our results indicate that the ability to recover after heat stress was associated
with an efficient regulation of linear electron transport and the prevention of over-reduction in the
acceptor side of photosystem I.

Keywords: high temperatures; heat stress; photosynthesis; photosystem I; photoprotection;
photoinhibition; wheat

1. Introduction

Climate change will bring about an increase in the frequency and intensity of weather extremes,
such as heat waves and severe droughts [1,2]. Heat waves (high temperatures for a short time) can
significantly reduce the production of grains [3]. Wheat (Triticum aestivum L.) is a major staple grain,
with a global production of 772 million tons in 2017 [4]. To sustain or even increase production in the
future for the rising needs of an increasing human population [5], ongoing adaptation in the form of
breeding and suitable agronomic strategies is needed [4].

The optimum growing temperature for wheat is between 17 and 23 ◦C [6]. A plant is under
heat stress when it is exposed to temperatures above an upper threshold for long enough to cause
irreversible damage [7]. For wheat, threshold temperatures impacting growth and yield are between 31
and 35 ◦C [8–10], although some studies have reported high-temperature impacts above even 26 ◦C [11].

High temperatures cause protein denaturation and aggregation and increase the fluidity of
membrane lipids. Indirect heat injuries comprise protein degradation, the inactivation of enzymes
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in the chloroplast and mitochondria, the inhibition of protein synthesis, and a loss of membrane
integrity [12]. These injuries lead to the production of toxic compounds and reactive oxygen species
(ROS), reduced ion flux, starvation, and the inhibition of growth [7]. Very high temperatures may
cause cell death due to the collapse of cellular organization [13].

Increased temperatures typically lead to a reduction in stomatal conductance (gs) and thus closure
of the stomata [14–16]. However, at high temperatures, gs might actually increase to avoid a lack
of cooling and to avoid dangerously high leaf temperatures [17–19]. Stomatal conductance and net
photosynthesis are inhibited by moderate heat stress in many plant species due to decreases in the
activation state of rubisco [20,21].

The sites of photochemical reactions are among the first ones to be injured at high temperatures [22].
High temperatures can damage photosystem II (PSII), the oxygen-evolving complex (OEC), and electron
transport at both the donor and acceptor sides of PSII in the photosynthetic apparatus [23–26]. PSII
is not very stable at high temperatures, and its activity is reduced [27]. Heat stress may cause a
dissociation of the OEC and thus an imbalance between the electron flow from the OEC toward the
acceptor side of PSII [28].

Not all genotypes within a species have the same ability to cope with heat stress. There is a
great deal of variation between and within species, providing opportunities to improve crop heat
stress tolerance through genetic means [7]. However, to achieve this goal, contributions from plant
physiologists, molecular biologists, and crop breeders are needed. The aim of this study was to provide
physiological insights into the effects of a temporary heat wave on photosynthetic functions of wheat
leaves, including recovery after heat stress. We focused on the diversity of responses in a group of
diverse wheat genotypes of different origins in order to distinguish the photosynthetic responses
associated with heat tolerance.

2. Materials and Methods

2.1. Cultivation of Plants

Eight cultivars of winter wheat (Triticum aestivum L.) (Equinox (origin: GBR), Thesee (FRA), 16/26
(SVK), GRC 867 (GRC), Roter Samtiger Kolb. (DEU), Unmedpur Mummy (EGY), Dušan (SRB), and
AZESVK2009-90 (GEO)) were sown in the middle of November, cultivated at moderate temperature
(10–15 ◦C) for approximately 1 month, and then vernalized in a growth chamber at 5 ◦C for a
photoperiod of 12/12 h (light/dark) for four months, which is the typical duration of the winter period
in Slovak wheat production areas. The plants were transplanted during the spring period (May) into
pots with standard peat substrate and 5 g of Osmocote fertilizer. The plants were grown individually
(one plant per pot) outdoors and were exposed to direct sunlight and natural climatic conditions. The
pots were organized in a block with extra border plants, eliminating the effect of borders. The pots
were irrigated regularly to prevent dehydration. The high-temperature treatment was started when all
plants had fully developed spikes and flag leaves.

2.2. Heat Wave Simulation and Measuring Protocol

The study was carried out at the Slovak University of Agriculture in Nitra, Slovakia. The heat
wave was simulated by keeping the plants enclosed under a transparent polyethylene foil tunnel with
a high light transmission (>90% of transmitted light at midday) starting in mid-June. Temperatures up
to 38 ◦C were reached inside the tunnel, whereas outside temperatures were between 25 and 30 ◦C. The
measurements were taken between 15 June and 27 June 2018; heat stress was measured on 18, 20, 21,
and 22 June (T1 and T2 phase); controls (C) were measured on 19 and 26 June, and the recovery phase
(R) was measured on 25 and 27 June. In the recovery phase, the heat-stressed plants were put in control
conditions. The measurements of gas exchange and simultaneous measurements of photosystem I
(PSI) and photosystem II (PSII) were taken in laboratory conditions.
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2.3. Simultaneous Measurements of Gas Exchange and Chlorophyll Fluorescence

The measurements were carried out using an Li-6400 gasometer (LiCor, Lincoln, NE, USA) with
simultaneous measurement of chlorophyll fluorescence [29]. The F0 and Fm values were determined
after 15 min of dark adaptation in a measuring head. Then, the sample was exposed to actinic light
(1500 μmol photons m−2 s−1) at a leaf temperature of 25 ◦C with a reference CO2 content of 400 ppm
and ambient air humidity. Every 2 min, the gas exchange rate was measured, followed by a saturation
pulse and a far-red pulse, for F0

′ determination. Then, a CO2 response curve was applied, starting with
a record at 400 ppm and continuing with a stepwise change of levels of CO2: 300, 250, 200, 150, 100, 50,
400, 600, 800, 1000, 1200, and 1500. The values of gas exchange parameters (CO2 assimilation rate, A;
stomatal conductance, gs; internal CO2 concentration, Ci) were calculated directly with a software gas
analyzer. Calculations of the chlorophyll fluorescence (ChlF) parameters are described below. Further
analyses of the A/Ci curves were performed using the Farquhar–von Caemerer–Berry model [30]
edited by Ethier and Livingston [31].

2.4. Simultaneous Measurements of P700 Redox State and Chlorophyll Fluorescence

The state of PSI and PSII photochemistry was measured with a Dual PAM-100 (Walz, Effeltrich,
Germany) with a ChlF unit and a P700 dual wavelength (830/875 nm) unit, as described by Klughammer
and Schreiber [32]. Saturation pulses (10,000 μmol photons m−2 s−1), intended primarily for the
determination of ChlF parameters, were also used for the assessment of P700 parameters. Prior to
the measurements, the analyzed plants were dark-adapted. After determination of F0, Fm, and Pm,
a moderate light intensity of 134 μmol photons m−2 s−1 was used to start up the photosynthetic process.
After a steady state was reached, a rapid light curve was triggered (with light intensities of 14, 21, 30, 45,
61, 78, 103, 134, 174, 224, 281, 347, 438, 539, 668, 833, 1036, 1295, 1602, and 1960 μmol photons m−2 s−1

for 30 s at each light intensity). There was a saturation pulse and a far-red pulse for F′0 determination
after 30 s at each light intensity. For the calculation of the ChlF parameters, the following basic values
were used: F, F’, fluorescence emission from dark-or light-adapted leaf, respectively; F0, minimum
fluorescence from dark-adapted leaf (PSII centers open); Fm, F′m, maximum fluorescence from dark- or
light-adapted leaf, respectively (PSII centers closed); F′0, minimum fluorescence from light-adapted
leaf. The ChlF parameters were calculated as follows [33]: the maximum quantum yield of PSII
photochemistry, Fv/Fm = (Fm − F0)/Fm; the actual quantum yield (efficiency) of PSII photochemistry,
ΦPSII = (F’m − F′)/F′m; nonphotochemical quenching, NPQ = (Fm − F′m)/F′m; the quantum efficiency
of nonregulated energy dissipation in PSII, ΦNO = 1/(NPQ + 1 + qL (Fm/F0 − 1)); the quantum yield
of pH-dependent energy dissipation in PSII, ΦNPQ = 1 − ΦPSII − ΦNO; and the redox poise of the
primary electron acceptor of PSII, QA

−/QA total = 1 − qP. The apparent electron transport rate of PSII
photochemistry was calculated by assuming a leaf absorption of 0.84 and a PSII/PSI ratio of 1:1, ETRPSII
= ΦPSII × PAR × 0.84 × 0.5.

For the calculation of the P700 parameters, the following basic values were used: P, P700
absorbance at a given light intensity; and Pm, P′m, the maximum P700 signal measured using a
saturation light pulse following short far-red pre-illumination in a dark- or light-adapted state. The
P700 parameters were calculated as follows [32]: the effective quantum yield (efficiency) of PSI
photochemistry at a given PAR,ΦPSI = (P′m − P)/Pm; the oxidation status of the PSI donor side, i.e., the
fraction of P700 oxidized in a given state, P700+/P700 total = ΦND = P/Pm; and the reduction status of
the PSI acceptor side, i.e., the fraction of overall P700 oxidized in a given state by a saturation pulse
due to a lack of electron acceptors, ΦNA = (Pm − P′m)/Pm. The apparent electron transport rate of the
PSI photochemistry was calculated by assuming a leaf absorption of 0.84 and a PSII/PSI ratio of 1:1,
ETRPSI = ΦPSI × PAR × 0.84 × 0.5.
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2.5. Data Processing and Analysis

The statistical significance of differences was assessed using ANOVA, and post hoc comparisons
were performed using Duncan’s multiple test (STATISTICA 10, StatSoft, Tulsa, OK, USA). The mean
values ± standard error (SE) are presented. At least four plants of each of eight cultivars were measured
through gas exchange and chlorophyll fluorescence measurements at four stages. The results of
the statistical analyses are not indicated in the graphs, but all of the interpretations are based on
these results.

3. Results

The simulation of a heat wave by keeping the plants enclosed under a transparent foil tunnel was
effective. The high temperatures (daily maximums at 38 ◦C and night minimums above 20 ◦C) had a
significant negative effect on the photosynthetic functions of the plants and provided differentiation of
genotypes by sensitivity to heat. The gas exchange measurements showed that the simulated heat
wave led to a decrease in photosynthetic activity and stomatal conductance of 40% on average in
comparison to the control, with a moderate recovery after the relief of stress (Figure 1). Plants that
returned to normal conditions (R) after thermal stress showed persistent reductions in photosynthesis
due to the several-day high-temperature periods.

Figure 1. Heat effects on the parameters derived from the gas exchange measurements (a) A:
photosynthesis rate; (b) gs: stomatal conductance; (c) Ci: internal CO2 concentration; (d) VCmax:
maximum carboxylation rate; (e) Jmax: maximum electron transport velocity; (f) Jmax/VCmax ratio. C:
control; T1: thermal effect in the first phase; T2: thermal effect in the second phase; R: recovery phase.
The points represent the mean values for all measured wheat plants of all genotypes. The error bars
represent the standard error of the means.

The ratio between the CO2 assimilation rate and the CO2 concentration in the intercellular spaces
in the leaf (A/Ci) expresses the efficiency of CO2 utilization by the photosynthetic apparatus and served
to verify whether the monitored decrease in photosynthesis was caused by the closing of stomata or
nonstomatal causes, mostly decreases in photosynthetic enzyme activities [29]. The decrease in A/Ci

followed the trend of decreasing photosynthesis, which suggests that the closure of the stomata had
only a marginal effect and that the nonstomatal limitation of photosynthesis was dominant. In addition,
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the trend of decreasing CO2 assimilation during the heat stress period (from T1 to T2) was opposite to
that seen in stomatal conductance, suggesting a minor role of stomatal closure in the decrease in CO2

assimilation caused by the heat wave.
Further analysis of the A/Ci curves using the Farquhar–von Caemerer–Berry model [30] edited

by Ethier and Livingston [31] helped reveal the partial limitations of the assimilation process. VCmax,
or maximum carboxylation rate, represented a limitation in rubisco enzyme activity, while Jmax,
or maximum electron transport velocity, represented a limitation of the primary photosynthesis
product in C3 plants, RuBP [34]. The results of these parameters corresponded quite well with
photosynthesis, which means that they participated at the same proportion in the limitation of
photosynthesis under the influence of heat. Thus, the photosynthetic limitation identified by the A/Ci
parameter was due both to a decrease in rubisco total activity and to a decrease in RuBP regeneration,
which is usually attributed to limited electron transport in chloroplasts [30]. It is worth mentioning
that the trend of VCmax was not the same as Jmax. The maximum electron transport (Jmax) was more
affected by heat stress compared to the carboxylation activity of rubisco (VCmax) in conditions of a heat
wave. Moreover, whereas VCmax almost completely recovered, Jmax was still decreased after the heat
wave. This trend was well illustrated by the Jmax to VCmax ratio, which decreased due to heat stress,
and no recovery was observed after heat stress ended.

The high temperatures inflicted a nonstomatal limitation of photosynthesis. This effect was proven
by the decrease in rubisco activity as well as by the parameters of photochemistry.

By comparing different varieties (Figure 2), we found that there was considerable variability in
the response to heat and in the ability to recover after stress. The highest photosynthesis levels were
in the varieties Dušan and Roter Samtiger Kolbenweizen before the heat wave. At the same time,
these were varieties that showed the highest rate of photosynthesis decrease after two (T1) and four
(T2) days of temperature stress. These two varieties differed significantly in their ability to regenerate
the photosynthetic apparatus. While the leaves of Roter Samtiger Kolbenweizen died rapidly after
thermal stress (they did not regenerate), Dušan regenerated very well, similarly to genotypes GRC
867, AZESVK2009-90, and Unmedpur Mummy. The least influence of heat in phases T1 and T2
was observed in the variety GRC 867. The heat-stressed plants of genotype Thesee showed poor
recovery and started premature senescence of the leaves, which did not occur in the control plants.
Similar, but less evident, trends were also observed in cv. Equinox and 16/26. The values of stomatal
conductance (gs) decreased, similarly to CO2 assimilation. However, the decrease in the A/Ci ratio
indicated that stomata closure was not the major reason for the photosynthetic decline in stress and
recovery conditions. Values for the maximum rate of carboxylation derived from the initial slope of
the A/Ci curve (VCmax) showed a very similar trend to the observed CO2 assimilation rate.

The measurements of photosynthetic quantum yields of both photosystems showed a decrease in
the activity of both photosystems in reaction to high temperatures. The high temperatures decreased
the activity of both photosystems during stress as well as after stress. The heat simulated in the tunnel
led to a decrease in the quantum efficiency of both PSII and PSI (Figure 3) by approximately 40–50%.
The quantum yield of regulated nonphotochemical quenching (ΦNPQ) was lower in heat-stressed plants
and, interestingly, higher in recovered plants than in the control. As a result of the decrease in ΦPSII
and ΦNPQ, we observed very high values in the fraction of nonregulated (passive) nonphotochemical
dissipation (ΦNO). The decrease in ΦPSI was caused by an increase in the acceptor side limitation
(ΦNA). Interestingly, the values of the quantum yield of nonphotochemical quenching of PSI caused by
the donor side limitation (ΦND) did not change significantly.
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Figure 2. Heat effect on parameters measured by Li-6400 (a) A, photosynthesis rate; (b) gs, stomatal
conductance; (c) A/Ci, photosynthetic rate per unit of internal CO2 concentration; (d) VCmax, maximum
rate of carboxylation based on analyses of A/Ci curves; C, control; T1, thermal effect in the first phase;
T2, thermal effect in the second phase; R, recovery phase. Mean values ± SE are presented.

Figure 3. Heat effect on parameters measured by Dual-PAM (the average from all varieties): C, control;
T1, thermal effect in the first phase; T2, thermal effect in the second phase; R, recovery phase. (a) The
effective quantum yield of photosystem II (PSII) (ΦPSII); (b) the fraction of energy captured by PSII
passively dissipated in the form of heat and fluorescence (ΦNO); (c) the quantum yield of regulated
nonphotochemical quenching in PSII (ΦNPQ); (d) the effective quantum yield of PSI (ΦPSI); (e) the
quantum yield of PSI nonphotochemical quenching caused by the acceptor side limitation, i.e., the
fraction of overall P700 that could not be oxidized in a given state (ΦNA); (f) the quantum yield of PSI
nonphotochemical quenching caused by the donor side limitation, i.e., the fraction of overall P700 that
was oxidized in a given state (ΦND). The points represent the mean values for all measured wheat
plants of all genotypes. The error bars represent the standard error of the means.
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The trends in the photosynthetic electron transport rate (ETR, Figure 4a) as well as the value of
photosynthetic assimilation in different wheat genotypes (Figure 2) clearly indicated differences in
the ability to recover after the heat stress period ended. The leaves of the genotype Roter Samtiger,
especially, became necrotic and dried as a consequence of heat stress. Moreover, some other genotypes
expressed insufficient recovery. We also analyzed how the genotypes were able to downregulate
over-reduction in the PSI acceptor side (Figure 4b). We observed that the same genotypes were
characterized by an over-reduction in the PSI acceptor side during the heat stress period, whereas this
was not so obvious in well-recovering genotypes. These results were also evident in the values of
fluorescence and the PSI parameters measured in a dark-adapted state. It was evident that the decrease
in Fv/Fm was most severe in the Roter Samtiger cultivar and that the values were also not recovered
in the Thesee cultivar. Different trends were observed in parameter Pm, representing a maximum
amplitude of P700 kinetics, in which we found only partial or no recovery (cv. Rotter Samtiger, Thesee)
after relief from heat stress. Moreover, the genotypes differed in the severity of Pm decrease and the
level of Pm recovery.

Figure 4. Effects of heat stress on parameters measured by Dual-PAM in different varieties: C, control;
T1, thermal effect in the first phase; T2, thermal effect in the second phase; R, recovery phase. (a) The
relative values of the electron transport rate (the average value of the control plants of each genotype
equals 1). (b) The ratio of the acceptor side limitation measured in high light (HL, ~2000 μmol m−2 s−1)
and the value measured in low light (LL, ~40 μmol m−2 s−1). (c) Maximum quantum efficiency of PSII
photochemistry. (d) The maximum amplitude of P700 kinetics. Average values ± SE are presented.
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Detailed analyses of the light response of the PSI acceptor side state (Figure 5) indicated that the
well-regenerating genotype GRC 867 was able to efficiently downregulate electron transport, keeping
the PSI acceptor side reduction low, even in very high light. The photoprotective capacity of genotypes
became insufficient at light intensities over ~600 μmol m−2 s−1. The regulation of the electron transport
in the genotype Roter Samtiger failed at a PAR below 300 μmol m−2 s−1.

Figure 5. Examples of the light response curves of the PSI acceptor side limitation parameter (ΦNA)
measured in control plants (a) and in plants exposed to the heat wave (b) of three genotypes differing
in their capacity to recover after the withdrawal of heat stress.

4. Discussion

There are several target sites for elevated temperature-induced damage, such as the CO2 fixation
system, photophosphorylation, the electron transport chain, and the OEC [35]. The enzymes of the
Calvin–Benson cycle are heat-labile. This means that the carbon assimilation system is sensitive to
elevated temperatures and is strongly inhibited at moderate thermal stress [36]. These inhibiting
effects are mostly observed when measured directly at high-temperature conditions [35,36], which
was not the case in our experiments, in which photosynthesis was measured at a normal temperature
(25 ◦C) at least 12 h after the last exposure to high temperature. The heat effects observed in our study
were consequences and not the instantaneous effects of heat stress on photosynthesis. In this respect,
it is interesting that the post-stress effects observed in our study were similar to the instantaneous
effects well known from other studies. One of them was the decrease in rubisco activity indicated by
the decrease in VCmax, which was associated with a decrease in RuBP regeneration and the limitation
in photosynthesis represented by the parameter Jmax (Figure 1). As direct damage to rubisco was
not likely in the conditions of our experiments, an inhibition of the enzyme (especially rubisco
activase) caused by its sensitivity to moderately high temperatures [37,38] is more probable. There
is a hypothesis that a decrease in rubisco activation represents a protective mechanism against a
critical decrease in the transthylakoid proton gradient in high-temperature conditions to prevent the
collapse of photoprotective functions, with fatal consequences associated mainly with an uncontrolled
increase of oxidative stress [36,39]. If long-term effects from high temperatures on photoprotection
occur, the downregulation of enzyme activities might be needed even after temperatures return to
normal. Moreover, the ratio of Jmax to VCmax decreased due to stress (Figure 1f), which may indicate
that electron transport-related processes were affected more than the carboxylation activity of rubisco
was. Therefore, we focused on the processes associated with photosynthetic electron transport.

An analysis of basic chlorophyll fluorescence and P700 parameters in nonstressed plants (Figure 3)
confirmed this expectation and identified the sustaining effects of high temperatures on PSII and
PSI photochemistry, including the photoinhibition of PSI, which were similar to the effects observed
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in our previous study on wheat exposed to high temperature [40]. We previously showed that PSI
photoinhibition had major effects on carbon assimilation [41] and photoprotection [42]. The trends in
the parameters measured by simultaneous chlorophyll fluorescence and P700 (Figure 3) indirectly (e.g.,
a decrease in ΦNPQ despite a decrease in ΦPSII) or directly (increase in ΦNA) pointed to damage to PSI
functions. Thus, our results support the hypothesis that the decrease in photosynthetic assimilation
was associated with a decrease in photochemical activities.

In addition to the general trends, we observed some variance among the observed genotypes. The
most important were the differences in recovery several days after heat stress relief, which was evident
in the gas exchange as well as in the photochemical responses (Figures 2 and 4). We observed an
extreme response in genotype Roter Samtiger, in which heat stress led to severe necrosis and the death
of leaves. In addition, we observed low recovery in some other genotypes, especially in the genotype
Thesee. Interestingly, in these genotypes, we observed a very high level of over-reduction in the PSI
acceptor side in high light conditions (high values of parameter ΦNA), whereas in well-regenerating
genotypes, the parameter ΦNA was kept low in high light. It has previously been shown that a high
ΦNA is an indicator of over-reduction in the PSI acceptor side [43–46], which leads to the excessive
production of ROS in PSI [47–49]. Such a situation is known to be responsible for PSI photoinhibition
in vivo [50,51]. PSI photoinhibition is characterized by very low recovery, and in some cases, PSI
damage is not completely reversible [52,53]. Most photoinhibited PSI reaction center complexes are
not repaired, but degrade after photoinhibition together with their binding chlorophylls [54]. This
is a completely different situation compared to PSII, which is able to quickly recover. In the most
sensitive genotypes, we observed a loss of ability to downregulate linear electron transport even at
moderate light intensities, which might have easily resulted in leaf damage due to the accumulation
of ROS in tissues. This explains the necrosis of leaves, which led to their premature death. A high
ROS production could trigger the processes of early senescence associated with a decrease in the
photosynthetic capacity of the leaves in sensitive genotypes. In the genotypes that had well-regulated
electron transport, early senescence was not observed.

Considering the possible practical relevance of the ΦNA parameter measure during heat stress as
an indicator of heat-sensitive genotypes, it must be noted that only the values of the ΦNA or ΦNA (HL)
toΦNA (LL) ratio (Figure 4) could not fully explain the level of recovery of photosynthetic capacity after
the heat wave in all genotypes. For example, the values of the ΦNA (HL) to ΦNA (LL) ratio in the heat
stress stage in cv. Equinox and AZESVK were similar, but AZESVK recovered better. In this respect,
the changes in values in the ΦNA (HL) to ΦNA (LL) ratio between control conditions and heat wave
conditions seemed to be more indicative. It is obvious that the sensitive cultivars showed a higher
change in the values of the ΦNA (HL) to ΦNA (LL) ratio compared to the more resistant cultivars.

Rubisco activation, assessed by the initial slopes of the A/Ci curves [55], has previously been
found to be a possible reason for the improper regulation of electron transport, identified at the level
of PSI. When rubisco activity decreased, ΦNA increased, and ΦND was suppressed [56]. The general
trend of ΦNA increase (Figures 4 and 5) could have been caused primarily by the difference in rubisco
activation and a decrease in the need for an electron transport in photosynthesis. On the other hand,
the differences in carboxylation activity observed in our study cannot explain the different trends of
ΦNA shown in Figure 5. Therefore, we suggest that the different susceptibilities to high temperatures
observed in our study were not directly associated with the rubisco activation state.

One interesting trend observed in our study was a higher decrease in the capacity of the electron
transport rate (represented by Jmax) compared to the carboxylation capacity (VCmax), both in heat stress
and recovery periods. The values of Pm corresponded better to the records of the CO2 assimilation
rate or the ETR compared to Fv/Fm (Figure 4), especially during the recovery period. It is obvious that
whereas PSII recovered very well (in six of eight genotypes), the recovery of PSI was much lower and
was insufficient in most of the plants. Thus, the lower activity of PSI could have been responsible
(at least partially) for the decrease in the electron transport capacity after the transient heat wave period.
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Overall, the results suggest that the proper regulation of electron transport and the efficient
photoprotection of PSI against photoinhibition were crucial in preventing negative post-stress effects
after plants were exposed to short transient periods of high temperatures, which commonly occurs
during the crop vegetative period. This may be important for breeding strategies, as the probability of
heat waves will increase due to climate change.
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