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The self-assembly of polymers is a powerful tool for producing various functional materials
with a high precision from nano- to macroscale. Nowadays, the polymer self-assembly has become
extremely attractive for both biological (drug delivery, tissue engineering, advanced cell culture) and
non-biological (packaging, semiconductors) applications. Besides this, a number of key biological
processes in nature are driven by self-assembly of macromolecules.

This special issue gives insights into diverse spectrum of peculiar tailor-made self-assembled
polymer structures and hybrid materials that have been designed through modern powerful techniques
and approaches such as the micellization [1], hydrogel formation [2,3], self-assembly at the air-liquid
interface [4], the layer-by-layer deposition and the hard templating [5,6], solvent evaporation [7,8],
photo-induced [9] and enzyme-mediated cross-linking [10].

In particular, significant attention has been attracted to the layer-by-layer assembly of biopolymers.
Thus, Balabushevich et al. have presented the study of mucin-based layer-by-layer assemblies that
are mainly composed from the natural component of mammalian mucus and therefore show high
potential for mucosal drug delivery [6]. In the recent years, collagen is gaining interest as a component
of modern biomaterials [2]; some novel sources of the biopolymers to be used in the self-assemblies,
e.g. biopolymers of marine origin, have also been described [2]. Yang et al. reviewed the current state
of biocompatible and biodegradable polypeptide-based nanomaterials [9].

Another issue in the field of polymer self-assembled structures that has been reflected in this
special issue is the design of stimuli-responsive materials. This includes both, chemical stimuli such
as pH and physical stimuli including light. In this special issue, Xu et al. presented an elegant way
for fabrication of pH-responsive amphiphilic block copolymer-based assembles [1]; Yang et al. paid
special attention on photo-triggered assembly of polymer-based nanostructures [9].

Bridging the gap between the science of the polymer self-assembly and the industrial application
of this technology, Nelson et al. have designed and constructed a new solvent vapour annealing
chamber that allowed the potential scaling-up of the production of block copolymer thin films [7].

The next equally interesting aspect that has been deciphered in this issue is organisation of
self-assembled polymer-based and hybrid structures in 3D. Herein, microfluidics-assisted assembly of
porous calcium carbonate templates and their covering with polymer coatings opened new avenues
for the fabrication of tailor-made biocompatible scaffolds for advanced tissue engineering and 3D
cell culture as reviewed in [3]. Surface patterning with the polymers [8] and crystalline colloidal
monolayers [4] also have been demonstrated.

That is rather interesting to note that while the papers listed above mostly aimed at the
invention and investigation of the new types of materials, the paper presented by Jeannot et al.
took under the consideration a well-known poly(styrene-sulfonate)/poly(diallyldimethylammonium
chloride) polyelectrolyte pair and the authors have shown principally new insights into the classical
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understanding of the internal structure of multilayer capsules [5]. Their findings potentially have high
importance for the field of controlled drug release.

Finally, it is worth to emphasize the review of Savoca et al. that summarises the up to date
knowledge on the biocatalysis by transglutaminases, enzymes that crosslink polymer-bound glutamine
and lysine residues and plays a special role in the formation of extracellular polymer matrix [10].
The review highlights how bioinspired polymer cross-linking with transglutaminase allows fabrication
of biocompatible scaffolds and hydrogels for biotechnological and bioengineering applications.

We would like to take the opportunity to thank all the authors for submitting their papers to this
special issue. We also want to thank all the reviewers for dedicating their time and helping to improve
the quality of the submitted papers.

Conflicts of Interest: The authors declare no conflict of interest.
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Abstract: Formulation of multifunctional biopolymer-based scaffolds is one of the major focuses in
modern tissue engineering and regenerative medicine. Besides proper mechanical/chemical properties,
an ideal scaffold should: (i) possess a well-tuned porous internal structure for cell seeding/growth
and (ii) host bioactive molecules to be protected against biodegradation and presented to cells when
required. Alginate hydrogels were extensively developed to serve as scaffolds, and recent advances
in the hydrogel formulation demonstrate their applicability as “ideal” soft scaffolds. This review
focuses on advanced porous alginate scaffolds (PAS) fabricated using hard templating on vaterite
CaCO3 crystals. These novel tailor-made soft structures can be prepared at physiologically relevant
conditions offering a high level of control over their internal structure and high performance for
loading/release of bioactive macromolecules. The novel approach to assemble PAS is compared with
traditional methods used for fabrication of porous alginate hydrogels. Finally, future perspectives
and applications of PAS for advanced cell culture, tissue engineering, and drug testing are discussed.

Keywords: calcium alginate; porous hydrogel; polymer scaffold; calcium carbonate; encapsulation;
drug delivery; cell culture

1. Introduction

At present, in the field of biomedical technologies, researchers have been attracted to the
development of novel multifunctional structures with structure and properties well-controlled on both
the micro- and nano-scales. One of the major focuses in tissue engineering and regenerative medicine
is the formation of polymer scaffolds, temporal or permanent constructions providing both mechanical
support for cell seeding and growth, as well as encapsulation/protection and controlled delivery of
bioactive molecules (for instance, growth factors and enzymes) in order to guide tissue organization.
Besides the tissue engineering for regenerative medicine, such scaffolds can serve as a platform for
animal-free drug testing. Up to date, fabrication of multifunctional scaffolds that have a well-defined
structure remains challengeable due to a high level of complexity in the composition of such scaffolds
and the need to employ sophisticated methods for the scaffold assembly. In addition, conditions of
scaffold preparation often require intolerably high costs of exclusive techniques and often result in a loss
of bioactivity of bioactives loaded into scaffolds. Thus arises the need to develop simple strategies for
the manufacture of intelligent polymer-based scaffolds possessing a well-controlled internal structure,
efficient encapsulation, protection, and controlled release of desired bioactives (recent reviews [1–4]).

Polymeric 3D scaffolds serve as the supports to guide the growth of biological cells and the
development of a microtissue; often these scaffolds are biodegradable. Polymeric scaffolds are usually
designed as porous structures with highly developed internal surfaces to ensure cell infiltration/growth

Micromachines 2019, 10, 357; doi:10.3390/mi10060357 www.mdpi.com/journal/micromachines3
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and to avoid diffusion limitations for transport of nutrition and metabolites. This also mimics the
architecture of natural tissues well (Figure 1).

 

Figure 1. SEM/cryo-SEM images of mammalian tissues (a–d) and porous polymer-based scaffolds
that mimic corresponding tissues (e–h): (a,e) human trabecular bone. Reproduced with permission
from [5], published by Springer Nature, 2011 and [6], published by Elsevier B.V., 2012; (b,f) human
uterine peripheral vessels. Reproduced with permission from [7], published by Via Medica, 2004
and [8], published by Elsevier B.V., 2005; (c,g) porcine muscular tissue. Reproduced with permission
from [9], published by Springer Nature, 2018; (d,h) human transverse cervical nerves. Reproduced with
permission from [10], published by Springer-Verlag, 1977 and [11], published by Springer Nature, 2019

Among the others, alginate hydrogels are one of the pivotal materials used for the fabrication of
polymeric scaffolds due to alginate biocompatibility, opportunity to shape alginate hydrogels into a
variety of sophisticated geometries and topologies. This is possible in both 2D (e.g., thin films patterned
with microwells [12] and gel grids [13]) and in 3D (sponge-like structures [14] and gels possessing
tube-like [15] or spherical pores [16,17]).

In recent years, a novel bench-top method has been proposed for the fabrication of porous alginate
scaffolds (PAS) [18,19]. These scaffolds are produced by formulation of alginate mixture with vaterite
calcium carbonate microcrystals (cores), followed by elimination of the CaCO3 cores under mild
conditions including physiological pH. This is accompanied by the release of Ca2+ ions inducing the
cross-linking of the alginate gel and formation of hollow pores as inverse replica of the cores. Schematic
representation of the process of PAS formation using calcium carbonate is given and discussed in
details in Section 4.1 of this review. PAS have highly developed internal structure and offer unique
opportunities to host bioactive molecules of a different nature via proper localization of them in the
scaffold and to release these molecules in a controlled manner [18,19].

This review summarizes different aspects of the PAS formation discussing current achievements
and challenges in this field. Critical comparison of PAS with other approaches proposed to tackle
the problems associated with the design of multifunctional scaffolds allows for manifesting high
potential of the novel developed technology for tissue engineering, regenerative medicine, drug testing
and other applications where multifunctional polymer-based scaffolds are currently employed and
strongly required.

2. Ca2+-Alginate Gel Based Scaffolds

2.1. Chemistry of Alginate

Alginic acid is a naturally-derived block copolymer forming polyanions which macromolecule is
composed of α-L-glucoronate and β-D-mannuronate units (Figure 2a) [20–25]. Sequence, and hence
the properties of alginic acid, depend on the natural source. Commercially available alginic acid is
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produced from brown algae and usually available as in the form of the salt called alginate; molecular
weights of these alginates typically vary from 32 to 400 kDa [22]. Since dissociation constants (pKa) of
carboxylic groups of alginate are 3.65 and 3.38 for α-L-glucoronate and β-D-mannuronate residues,
respectively, [21,26] in order to dissolve alginate, it is essential to achieve pH above a certain critical
value, higher than the pKa. Besides this, viscosity of alginate depends on the ionic strength and,
remarkably, the addition of some ions causes alginate gelation. The latest provides great advantages to
alginate compared with the other polysaccharides (gelatine, agar) because alginate is able to form a
gel in the range 0−100 ◦C. Moreover, alginate gels are highly hydrated, having water content > 95%,
and can be heated without melting (phase transition) [24].

 
Figure 2. (a) Chemical structure of α-L-guluronic and β-D-mannuronic acids (residues of alginate
macromolecules). (b) Schematics of the binding between G-blocks of alginate molecules by means of
divalent metal ions (M2+).

Chemical modification of alginate is widely employed to provide the polymer with
novel desired properties (solubility, hydrophobicity, affinity to specific molecules, etc.) [20,22].
Thus, the phosphorylation of alginate results in the enhancement of hydroxyapatite nucleation
and growth. Alginate sulfonation has been applied to provoke anticoagulant activity of the alginate.
The attempts to transform hydrophilic alginate to a molecule with hydrophobic or amphiphilic
properties were also demonstrated. The other way to provide alginate with new properties is based on
the graft copolymerization. Alginates can also be functionalized with specific cell-targeting ligands in
order to strengthen the affinity of alginate gels to biological cells. In the next section, the gelation and
properties of alginate hydrogels will be discussed.

2.2. Alginate Hydrogels: Formation and Structure

Alginate hydrogels are highly hydrated 3D cross-linked polymer networks [20,22,24]. In general,
alginate molecules chelate with multivalent cations. This process leads to the gelation occurring via
the precipitation of alginate-cation complex and hence the formation of ionically cross-linked gels,
also widely called physical gels. The chemistry behind this process is based on the cooperative binding
between glucoronates (G-blocks), between mannuronates (M-blocks) and between glucoronates with
mannuronates (MG-blocks). Of note, the binding between G-blocks is the most pronounced, although
all types of the binding strongly depend on the type of the gel-forming cation. For instance, divalent
ions Ca2+, Ba2+, and Sr2+ bound mainly to GG−dimers, while trivalent lanthanide ions such as La3+,
Pr3+, and Nd3+ prone to bind to both GG− and MM−segments. This molecular organisation results
in the formation of a diamond-shaped hole consisting of a hydrophilic cavity with the multivalent
cation that coordinates oxygen atoms from the carboxyl groups of alginate (Figure 2b) [20–22,25,27,28].
The size of the cooperative unit is estimated to consist of more than 20 monomers [25]. It has been
demonstrated that alginate affinity to cations increases in the order of Mn < Zn, Ni, Co < Fe < Ca <
Sr < Ba < Cd < Cu < Pb [24,29]. This is directly related to the ionic radius and coordination number
of cross-linking cations [23] and can be used to tune the properties of the hydrogel. Among others,
Ca2+ cross-linked alginate gels have an advantage of a high biocompatibility, while the use of other
cations may be limited due to the toxicity issue. Ca2+ cross-linked alginates gels are predominantly
formed via the binding of glucuronic segments. Because of this, the strength of alginate gel is
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significantly influenced by the content of G-blocks. In general, the higher the gel strength, the lower its
elasticity [21]. Hydrogels fabricated from alginate enriched with G-blocks form stiff and brittle gels,
while high M content results in the formation of rather soft elastic gels [24].

External and internal gelation, as well as gelation upon cooling, represent three main techniques
used to formulate ionic alginate gels [20,22,24]. External gelation which is also called a “diffusion
method” is based on direct exposure of alginate into a solution containing cross-linking ions (e.g., CaCl2).
Ca2+ ions diffuse from the continuous phase into alginate droplets cross-linking them and forming
gel particles [21]. The main disadvantage of this method is the formation of non-uniform alginate
hydrogels due to the establishment of a gradient of Ca2+ concentration towards the boundary of the
hydrogel where it is in contact with the solution of Ca2+ and an extremely high rate of the cross-linking
reaction [30–32]. To some extent, the problem of non-uniform distribution of the cations in external
gelation method can be eliminated using alginates of higher molecular weights or carrying out gelation
in the buffer solutions containing phosphate ions that also bind calcium ions and, in this way, compete
with alginate.

On the other hand, the internal gelation (so-called “in situ gelation”) can be applied to avoid the
gel inhomogeneity. For this approach, the source of Ca2+ ions (usually particles of low-soluble CaCO3

or other salts of Ca2+) is distributed within the precursor solution of alginate. Slow dissolution of
these particles is generally induced by changing pH (e.g., by addition of self-hydrolysing polymer
as D-glucono-δ-lactone, GDL), providing constant flow of crosslinking ions to surrounding alginate
molecules. This method results in a uniform ion concentration throughout the gel. As an alternative
method, gelation upon cooling [23] is based on consequent dissolution of alginate solution and calcium
salt in a hot medium of 90 ◦C followed by cooling. At the temperature of 90 ◦C, high thermal
energy of alginate chains prevents alignment of the polymers required for gelation (Figure 2b) and
irreversibly obstructs cooperative binding of the monomers. Further cooling facilitates the formation
of an ordered inter-polymer structure that results in the formation of a homogeneous gel matrix [29].
However, the elevated temperatures used in this approach are unsuitable when using labile and fragile
bio-macromolecules (e.g., growth factors).

Hydrogel properties are easily tunable via adjusting alginate composition and gel fabrication
approach [33–38], as well as the type of crosslinking counterions, the ionic strength, the molecular
weight of alginate (reflecting its viscosity), pH and the temperature [39–44].

Besides ionically cross-linked (physical) hydrogels, alginate can also form covalently cross-linked
(chemical) hydrogels. In general, covalently cross-linked alginate gels have higher mechanical and
chemical resistance compared to those of physical hydrogels [20]. Chemical hydrogels possess a high
stability in a wide range of pH (between 1 and 13), temperature (from 0 up to 100 ◦C), and various
polar solvents and high ionic strength as well [20]. On the other hand, physical hydrogels are
reversible because they are formed due to conformational changes, whereas chemical hydrogels form a
permanent structure that is irreversible because of configurational changes occurring during hydrogel
formation. Largely, this reversibility of physical hydrogels makes them favourable candidates for a
variety of biomedical applications. Other advantages of physical and chemical hydrogels are described
elsewhere [45]. Further in this review, physical hydrogels will be considered if not mentioned otherwise.

2.3. Alginate Gels as Drug Carriers: Encapsulation and Release

The tailor-made structure and widely tuneable properties of alginate hydrogels, as well as their
biocompatibility, make them favourable candidates for versatile biological and medical applications.
Thus, alginate hydrogels have been extensively developed as nano- or micro-formulations (in a form of
gel particles, beads, or capsules) for controlled drug delivery, as well as materials for wound care and
engineering of microtissues [20–24]. The opportunity to encapsulate bioactives into alginate hydrogels
under mild conditions, as well as release them in a controlled manner, plays a crucial role for all of
these applications and will further be considered more in detail.

6
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Alginate hydrogels are versatile matrices allowing to encapsulate living cells, macromolecules
(proteins, growth factors, enzymes, etc.), therapeutic molecules or functional nanomaterials into the gel
network preserving their bioactivity and functions [22,23,25,46–49]. First achieved almost four decades
ago, the encapsulation of islet cells into alginate hydrogel gave rise to their use for cell culture and opened
new avenues for tissue engineering [29]. Nearly at the same time, alginate particles have been proposed
as containers for encapsulation of molecules [24]. To form alginate beads, at first the alginate solution is
usually mixed with the solution of the molecules of interest or the suspension of cells. Then, two scenarios
for the preparation of alginate beads are possible. The straightforward way is based on the further
exposure of this mixture to the solution of cross-linking ions (employing one of the methods described
above) that leads to the formation of the large piece of a hydrogel. Further, smaller alginate beads can
be obtained via mechanical breakdown of a bulk gel into the particles of a desired size. However, this
approach concedes the opposite way that is usually employed. Namely, the alginate solution mixed with
an encapsulated component is immersed into the cross-linking solution drop by drop [21,24]. Depending
on the droplet fabrication approach, formed alginate particles range from macro dimensions (> 1 mm)
down to nano-beads (< 0.2 μm). Notably, encapsulated components can be either homogeneously
distributed over the whole bead volume or concentrated into the centre of a gel bead (e.g., one cell
per a single bead) [21,23,24,48–50]. Thus, alginate macro-beads (1−2 mm) can be fabricated using the
extrusion method when alginate is dripped into the CaCl2 bath using a syringe. Modification of this
method via employment of an electric field, mechanical vibration, or by using a rotating device results
in the formation of microbeads (0.2−1000 μm). A variety of other methods for the fabrication of alginate
micro-beads have also been reported and are described elsewhere [21,23,24,48–50]. Alginate nano-beads
(200 nm and less) are typically produced employing nano-vesicles and emulsion droplets as sacrificial
templates. This templating strategy allows for designing not only matrix-type but also hollow structures
(nano-capsules) that are formed after elimination of the template. Herein, among others we would like
to highlight the use of insoluble vaterite CaCO3 crystals as they will be a key for the formulation of PAS.
The originality of the use of these crystals arises from its ability to simultaneously serve as sacrificial
templates and a source of Ca2+.

A high water content and porous nature of alginate gels (pore sizes in the range 5−200 nm) result in
a relatively fast diffusion of biomolecules and drugs within the gel [21,22]. Indeed, the release kinetics
directly depend on the gel porosity which can be well-tuned by varying the number of cross-linking
cations and its type, composition (source and chemical modification, if applicable) of alginate and the
size of alginate beads [21]. As a general rule, smaller pores of 12−16 nm are typical for alginate gels
prepared using the diffusion method of gelation, while hydrogels prepared via in situ gelation have
larger pores.

Strong electrostatic interaction of alginate matrix with the charged encapsulates also affects
the release kinetics. For instance, simultaneous encapsulation of multiple drugs (methotrexate,
doxorubicin, and mitoxantrone) has been demonstrated in [51]. It was found that methotrexate that
does not interact with alginate rapidly liberates from the hydrogel while covalently bound doxorubicin
releases with lower rates via chemical hydrolysis of the cross-linker, and mitoxantrone that is ionically
bound to alginate releases only after dissociation of the hydrogel. Mild conditions used during the
encapsulation and the gelation minimize protein denaturation and degradation, making alginate an
excellent candidate for loading of protein-based bioactives. This stimulated a number of studies aimed
at loading/release of a wide range of proteins and nucleic acids [22,25].

It is important to note that mammalian cells have no enzymes to cleave alginate chains which
make alginate hydrogels non-degradable in mammals. Therefore, molecular diffusion and erosion
of the polymer network are the only two factors that determine the release kinetics of bioactives.
While the first scenario of erosion-mediated release is typically observed for prolonged release,
the second one (diffusion-mediated release) is usually rather fast and accompanied by a low loading
efficiency. The latest results in spontaneous leakage of bioactives from alginate beads. Deceleration of
diffusion-mediated release has been reported to be achieved via additional protection of the hydrogel
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beads using the layer-by-layer (LbL) assembled polymer multilayer shell [21,22]. Due to their chemical
structure, alginate gels shrink at a low pH and swell at a neutral pH. At a very high pH or in the
presence of EDTA or citric acid as cation chelators the cross-linking ions are released that leads to the
dissolution of the gel inducing erosion-mediated release. This phenomenon has been widely used for
pH-induced release from alginate hydrogels [21].

2.4. Alginate Gels for the Design of Porous Scaffolds

Traditionally, polymer scaffolds for tissue engineering are fabricated using naturally derived
biomaterials. Among them, alginate hydrogels have been extensively developed due to their similarity
to extracellular matrix of mammalian tissues in terms of mechanical properties and widely tunable
kinetics of hydrogel degradation, as well as controlled release of molecules at various pH values
including neutral pH [33,52,53]. A wide range of bio-applications of alginate hydrogels includes but
not limits to cell transplantation, wound healing, encapsulation and controlled or programmed delivery
of drugs and biomacromolecules, and the use as anti-adhesive and repair materials [22,23,32,46,54–57].
Recent progress in the development of alginate hydrogels for the fabrication of scaffolds showed the
employment of a number of advanced techniques including gas foaming [58], 3D printing [59,60],
electrospinning [60–62], emulsion freeze drying [63], microfluidics [58,64], etc. Alginate gels serve
as platforms for cell culture and growth of microtissues [65], cardiovascular muscles [66], bones [67],
liver [68,69], etc.

Design of hydrogels on the macroscopic level assumes control over the size and porous structure
of the gels [70]. Hydrogel matrices can be either non-porous (having only small pores that are typically
in the range of tens of nm for the alginate gel network [71]) or contain macroscopic pores that are
typically in the range of 10–500 μm [72] (Figure 3). Dual nano- and macro-porosity is essential for
controlled growth of a tissue and drug delivery [70].

 

Figure 3. (a) Scheme of the architecture of porous and non-porous hydrogels. Reproduced with
permission from [70], published by Springer Nature, 2016; (b,d) Photographs of wet alginate scaffolds
and (c,e) SEM images of dry alginate scaffolds: (b,c) — non-porous. Reproduced with permission
from [71], published by John Wiley & Sons, 2016; (d,e) — porous alginate scaffold. Reproduced with
permission from [72], published by Springer-Verlag Berlin Heidelberg, 2018.

High stability of ionically cross-linked alginate gels makes it possible to fabricate a gel with
defined dimensions and geometries using different patterning techniques [12,55,73] including
light-triggered pattering and employment of microfluidics [54,56,74], electrochemical methods [75], etc.
However, utilization of lithography and 3D printing technologies are usually required for design of
any hydrogel. The use of harsh conditions during scaffold fabrication (e.g. high or low temperatures,
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exposure to gas-liquid or solid-liquid interface, the use of organic solvents and aggressive media,
surfactants) still remains an obstacle. This often does not allow us to encapsulate bioactives during
the hydrogel synthesis that may be crucial for utilization of scaffolds and limits the control over the
scaffold internal structure [47].

The latest issue is typically accompanied by scarce pore interconnectivity that is essential for
cell colonization in the entire volume of the scaffold. This problem has partially been solved by A.
Barbetta et al. [76]. Therein, two methodologies for the formulation of PAS with highly interconnected
pores in different size ranges have been proposed. Emulsion templating of the hydrogel allowed
producing PAS with the pores of about 10–20 μm that are interconnected via the channels of 2–5
μm [76]. An approach based on the foam templating results in the formation of alginate gels with
large 100–300 μm pores and interconnections in the range of 30–80 μm [76]. Both methods allow
one to produce PAS with a highly developed internal macro-sized structure that is crucial for cell
growth and proliferation due to a need for a free space for cell colonization and requirements of a
non-restricted transport of cell metabolites and essential nutrients. However, both approaches [76]
lack precise control over the pore distribution that appears random and does not give any options for
loading of therapeutics and growth factors, important for cell attachment, growth and proliferation.

This seems to be one of the major challenges for further progress in this field. To the best of
our knowledge, only a few works reported the formation of alginate hydrogels with an opportunity
to host macromolecules, and no alginate gels possessing both a well-defined internal structure and
loading of bioactives at desired doses have been reported. In this sense, one of the most promising
methodologies is the templating of alginate hydrogels on mesoporous vaterite CaCO3 crystals (the
strategy that has been briefly mentioned above). Explored by Wang et al. [16] and by Roberts and
co-workers [17], this idea has been implemented employing model molecules (ibuprofen [16] and
bovine serum albumin (BSA) [17]) that have been pre-loaded to CaCO3 vaterite crystals. A suspension
of these crystals has been mixed with the solution of alginate followed by addition of glucono-δ-lactone
that slowly doped H+ due to its hydrolysis. The acidification caused a mild dissolution of CaCO3 and
release of Ca2+ that cross-link the alginate forming a gel. Macro-sized pores have been formed as a
result of calcium carbonate dissolution in the places where CaCO3 crystals have been initially located.
Consequently, ibuprofen [16] and BSA [17] have been rapidly liberated from the PAS. Additional
coating of CaCO3 with a polyelectrolyte multilayer shell resulted in slowing down the release rate
by ca 50 times as compared with alginate gels formed using bare CaCO3 crystals [17]. These works
manifested that the utilization of CaCO3 crystals as soluble cores for templating alginate hydrogels
is a powerful approach promising for the development of scaffolds towards cell-based applications.
However, the approach above is rather sophisticated and involves multiple steps including a rather
long procedure of multilayer coating bringing additional costs. The way proposed to avoid these
issues and novel achievements in CaCO3-assistant formation of PAS will be addressed in the Section 4
of this review. However, prior to this, the following Section 3 will describe the structure, principles of
the fabrication, and featured properties of vaterite CaCO3 crystals.

3. CaCO3 Vaterite Crystals: Loading and Release Opportunities

3.1. Morphology of Vaterite Caco3 Crystals

Calcium carbonate mainly exists in the form of one of three polymorphs: calcite, vaterite
and aragonite (Figure 4a–c). All the polymorphs have different shapes and morphologies that
can be distinguished from each other employing various methods, for instance X-ray diffraction
(Figure 4d) or Raman spectroscopy (Figure 4e). Among all of the polymorphs, vaterite is the most
attractive for biomedical applications because it has a highly developed internal structure ideal for
microencapsulation/release of bio-macromolecules and drugs. Vaterite CaCO3 crystals can easily be
formed upon mixing of aqueous solutions of precursor salts of Ca2+ and carbonate ions. The mechanism
of crystal growth is expletively described elsewhere [77,78]. Briefly, spherical vaterite crystals comprise
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of small nanocrystallines interconnected to each other forming mesoporous structure of the crystal.
The use of organic additives [79], some protein/polymer matrices [80] or nanoparticles [81] can direct
the growth of vaterite crystals of specific shape and morphology. The porosity of the crystals can also
be controlled, e.g. via the variation of crystal preparation temperature [82]. The typical sizes of crystals
range from 3 to 20 μm, although a number of recent studies proposed novel ways for the fabrication of
nano-crystals [79,80,83] or large vaterite of sizes in sub-millimeter range [84].

 

Figure 4. Scanning electron microscopy (SEM) images of CaCO3 polymorphs: (a) rhombohedral calcilte,
(b) needle aragonite and (c) spherical vaterite. Reproduced with permission from [85], published by
Elsevier, 2016. (d) XRD and (e) Raman spectra of the synthetically prepared calcite (A), aragonite (B)
and vaterite (C). Reproduced with permission from [86], published by Royal Society of Chemistry
(Great Britain), 2000.

3.2. Vaterite CaCO3 as Decomposable Templates for Microencapsulation

Nowadays, inorganic crystals of the vaterite polymorph of CaCO3 are classified as advanced
biodegradable and biocompatible materials to be employed for a wide range of bio-applications
such as biomedical engineering, biosensors and controlled drug delivery. The growing interest
in vaterite CaCO3 has emerged based on crystal highly porous nature, easy adjustment of
dimensions and porosity during the crystal synthesis, cost-effective formulation and marginal
toxicity [87–91]. Indeed, the internal structure of vaterite crystals is mesoporous with the typical
pore size of tens of nanometers that is highly favorable for the loading of bio-macromolecules
and drugs as well as functional materials such as inorganic nanoparticles (e.g., magnetite [92–95],
silver [95,96]), carbon nanotubes and halloysites [97]. CaCO3 crystals can be loaded with the
low-molecular-weight molecules, e.g., small drugs (doxorubicin [98]) and photosensitizer [99],
as well as with high-molecular-weight macromolecules, e.g., dextrans [88,90], polymers (alginate [90],
mucin [100,101]), and proteins (catalase, BSA, insulin [88–90,102,103]). The functionalization of CaCO3

vaterite crystals with inorganic nanoparticles brings new properties desired for the use of crystals
in surface enhanced Raman microscopy [96,104–106], making crystals sensitive to external stimuli
(e.g., electrical/magnetic fields, light irradiation [107–110]). The fabrication of pure protein [102,111,112]
or polymer [113–115] particles can be achieved via hard templating on the vaterite cores. The templating
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is based on filling the crystal pores with material of interest followed by the crystal elimination that
results in the formation of the inverted crystal replica (in case of a full filling of the pores). This opens
new avenues for the utilization of vaterite CaCO3 crystals and hybrid structures assembled on them as
sacrificial templates [116], for controlled release, targeted drug delivery [83], surface patterning [117],
and reconstitution of artificial cellular compartments [118].

Impregnation of the encapsulates into the interior of the vaterite CaCO3 crystals can be performed
at mild conditions in one of two ways: i) during the crystal growth (so-called co-precipitation or
co-synthesis) or via the post-loading of the pores of pre-formed crystals (by means of adsorption
or via solvent evaporation) [81,89,90,102,119,120]. All methods for the encapsulation have their
advantages and disadvantages; the choice of appropriate approach mainly depends on the nature of
the encapsulate. Thus, post-loading by means of adsorption represents the mildest method suitable
for the encapsulation of fragile macromolecules that are highly sensitive to their microenvironment
and can easily lose their bio-activity [120,121]. In its turn, the co-precipitation approach is based on
the inclusion of encapsulates into one of the precursor salt solutions to make the crystals, further
mixing of the salts and entrapment of encapsulates inside the growing crystals. This leads to higher
encapsulation efficiencies if compared to the adsorption method, but may result in a partial loss of the
bio-activity of the encapsulated molecules caused by the influence of crystal growth conditions [121].
On the other hand, the co-precipitation provides a homogeneous distribution of molecules within an
interconnected internal volume of vaterite crystals. Finally, solvent evaporation grants the highest
encapsulation efficiencies, yet it is however the harshest method among three approaches described
above due to conditions of solvent removal and it is thus less suitable for labile [121] and sensitive
molecules [83].

Besides the integration of molecules of interest inside the crystals, deposition of additional
coatings onto the external surface of the crystals can also be achieved, e.g. via the LbL assembly of
the polyelectrolytes [88,98,109,122–124]. Importantly, the multilayer shells assembled on the crystals
are fully permeable for ions and small molecules that allows for a complete decomposition of CaCO3

cores when lowering pH or using chelating agents (e.g., EDTA). This results in the formation of
completely hollow polyelectrolyte capsules or capsules of a matrix type that contain a polymer matrix
inside [125]. The most attractive feature of multilayer capsules assembled on CaCO3 cores is a selective
permeability of a multilayer shell that can also be functionalized with some stimuli-sensitive materials
(e.g., those responsive to pH [126], infra-red light [127,128]), so the encapsulated molecules can be
released from the capsule in a controlled manner [129].

3.3. Release from Vaterite Caco3 Crystal: Dissolution and Recrystallization

If not considering the case of molecular release from functionalized vaterite CaCO3 crystals that
is mediated by external stimuli, one can distinguish two main mechanisms of the release from bare
CaCO3 crystals: dissolution- and recrystallization -mediated release. CaCO3 can easily be dissolved at a
slightly acidic pH [116] or upon the addition of chelating agents, e.g., EDTA or citric acid (corresponding
constants of the binding to Ca2+ in the CaCl2 solution are Ka ~ 2 × 108 M−1, and Ka ~ 103.5 M−1 at pH 7
for EDTA and citric acid, respectively). While acidic pH is not desirable for sensitive compounds such
as proteins or growth factors, dissolution of CaCO3 crystals at neutral pH has a crucial importance for
bio-applications providing a complete release of the loaded molecules.

On the other hand, the immersion of mesoporous vaterite crystals into aqueous media results in a
phase transition and spontaneous recrystallization of vaterite to thermodynamically more stable but
non-porous calcite. If the crystals have been laden with some molecules of interest, the transformation
of the vaterite to calcite provokes the liberation of these molecules from the porous interior of vaterite
crystals to external medium [130,131].

It is known that vaterite → calcite recrystallization is to a large extent a surface-mediated
process [78,132–134] and recrystallization kinetics usually exhibits an exponential-like behavior [81].
The recrystallization kinetics can be controlled via the use of additives. For instance, CaCO3-Fe3O4
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vaterite microparticles recrystallize significantly faster if compared with pure vaterite crystals [81].
The LbL assembled polyelectrolyte coating of pre-loaded CaCO3 crystals can also effectively regulate
molecular and ion transport on the crystal-liquid interface allowing us to program the release
kinetics [81].

As a short summary of the described above, unique properties of vaterite crystals are in their
i) biocompatibility, ii) ability to trap and retain huge amounts of small and large molecules and
nanoparticles of various nature, (iii) opportunity to encapsulate bioactives at mild conditions and
neutral pH; and iv) wide range of options for programmed and controlled slow/fast release that is
either regulated via crystal dissolution and recrystallization (for the bare crystals) or by external stimuli
(for functionalized crystals). In recent years, these features stimulated the idea to utilize vaterite calcium
carbonate as sacrificial templates for the fabrication of polymer-based alginate scaffolds. In principle,
this strategy can provide simultaneous i) cross-linking and adjustment of hydrogel nanoporosity; ii)
control over the macroporosity of porous scaffolds and iii) encapsulation and preservation of fragile
bioactives in the entire volume of the scaffold. This makes the use of mesoporous CaCO3 crystals
for the fabrication of PAS a beneficial and superior approach. Latest achievements in this area are
discussed below in Section 4.

4. Vaterite CaCO3-Assistant Porous Alginate Scaffolds (PAS)

4.1. Fabrication Strategy

In a majority of works focused on composite CaCO3-alginate gel materials, CaCO3 crystals are
used as a source for mineralization [135] of the scaffolds and/or as a hardening component for the
scaffolds utilized in hard tissue engineering (e.g., [136,137]). Therefore, there was no need to eliminate
CaCO3 crystals in order to form the pores, and even vice versa, the crystals have been kept in the final
scaffold architecture. A straightforward approach for the fabrication of composite CaCO3-alginate gel
materials was first employed nearly one decade ago and has been based on the simultaneous growth of
CaCO3 crystals and gelation of alginate hydrogel [138–142]. In this design, calcium carbonate crystals
grow in the presence of the gel and get entrapped inside this polymer matrix. This strategy showed
its promise for the controlled crystallization of CaCO3 crystals. However, it has serious limitations.
The major one is a lack of control over the internal structure of the scaffold. Although the structure
of the growing crystals can be manipulated via the variation of environmental conditions (polymer
concentration, gel composition, etc.), the final distribution of crystals and the macrostructure of the
scaffold cannot be controlled since the crystallization of CaCO3 is a spontaneous and highly sensitive
process. In addition, the presence of calcite and sometimes amorphous calcium carbonate has been
detected [139]. For some cases, a significant decrease in the size of CaCO3 crystals resulted in the
formation of nano-CaCO3 that found its application in drug delivery but was not suitable for the
fabrication of macro-porous scaffolds [141].

In contrast, the utilization of vaterite CaCO3 crystals as sacrificial cores for the formation of
alginate scaffolds in microfluidics set-up allows one to design stable PAS that have a well-defined
and highly developed porous structure. The high potential of this fabrication strategy was recently
manifested for the precise control over the scaffold porosity [18,19] and a high performance of the
encapsulation/controlled release of biomolecules [19]. The work [18] introduced the method offering
the fabrication of 2D CaCO3-assistant alginate scaffolds at acidic conditions (Figure 5a). Therein, CaCO3

crystals suspended in the alginate solution have been spread over a glass substrate (Figure 5ai) followed
by the addition of HCl that resulted in the dissolution of calcium carbonate and the release of Ca2+ ions
that induces physical cross-linking of the hydrogel (Figure 5aii–iii). Control over the concentration of
Ca2+ and as a result over the cross-linking degree has been achieved via variation of the ionic strength
(Figure 5aiii).
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Figure 5. (a) Schematics of formation of porous alginate hydrogels. (i,ii) Dispersion of CaCO3 crystals
in alginate solution followed by deposition of the suspension onto a glass substrate. (ii,iii) Formation
of porous hydrogel by addition of HCl, which induces CaCO3 dissolution. The dissolution process is
accompanied by alginate cross-linking and formation of hollow pores. (b) Optical transmission and
fluorescent images of 33 μm vaterite CaCO3 crystals dispersed in alginate before (i,ii) and after (iii,iv)
addition of HCl. Fluorescence profiles are given to each image and taken along the white interrupted
lines. (c) CSLM images of porous alginate gel formed at compact packing of 11 μm CaCO3 templates.
White arrows in (c,ii) indicate interconnected pores. The gel (b,c) has been stained with rhodamine 6G.
Reproduced with permission from [18], published by John Wiley & Sons, 2015.

4.2. PAS Porosity and Mechanical Properties

Gel cross-linking and osmotic pressure generated by the released calcium ions have been shown
to play a pivotal role in the formation of the micro-sized pores in PAS [18]. Notably, the pores of
the formed PAS are hollow (Figure 5b). The pH used for dissolution of the crystal core is the key
to manipulate the stability and size of the pores during CaCO3 elimination. Thus, a less acidic pH
(that can be achieved by addition of relatively low HCl concentration) results in the slow dissolution of
CaCO3 that is accompanied by the collapse and closing of the pores. The use of high HCl concentration
provokes fast dissolution of vaterite cores that results in the uncontrolled spontaneous formation of
CO2 bubbles and the enlargement of the formed micro-sized pores. Under optimal acidic conditions,
pores keep the size equal to that of the CaCO3 crystals used (Figure 5b). This allows a rather easy
control over the pore size distribution via the utilization of vaterite crystals of desired dimensions [18].

The structure of the CaCO3-assistant PAS assembled on CaCO3 crystals of about 11 μm shown in
Figure 5c clearly reveals the presence of both closed and interconnected pores. These scaffolds are soft,
having the Young modulus of tens of kPa. A highly developed and tunable internal structure and soft
nature of CaCO3-assistant PAS make them promising for the use in biomedical applications, e.g., for
bio-engineering of soft tissues and organs (Figure 6). Another advantage is the opportunity to load and
release bioactive molecules into the PAS. Therefore, the last section of this review will highlight recent
achievements in the loading/release of non-charged dextrans, charged bio-macromolecules (proteins)
and small molecules (dyes) into/out of PAS assembled using vaterite CaCO3 crystals.
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4.3. PAS as Reservoirs for Encapsulation and Controlled Release

Fluorescein isothiocyanate-labeled dextrans (FITC-dextran) are known as model macromolecules
widely employed for investigation of the release performance and kinetics of various carriers. Dextrans
have slightly negative zeta-potentials closed to zero at neutral pH and can have molecular weight
variable in a wide range [143]. The kinetics of the release of dextrans from vaterite CaCO3 crystals has
been extensively studied in recent years. The study [19] investigated the release of dextrans of different
molecular weights from PASs assembled on ca 8 μm-sized CaCO3 cores (Figure 7a). The release rate
of FITC-dextran has been demonstrated to be directly related to its molecular weight that is rather
typical for homogeneous matrices and indicates a significant role of spontaneous molecular diffusion.
Interestingly, alginate concentration had no influence on FITC-dextran release [19]. Assuming the
absence of strong electrostatic interaction between dextrans and PAS, it has been concluded that there
is a cut off for the molecules of 7–16 nm, so larger macromolecules are retarded by the alginate network
and small molecules can freely diffuse the gel outward.

Figure 6. Comparison of Young’s modulus of natural soft tissues and organs and Young’s modulus
of CaCO3-assisted PASs. Adopted with the permission from [144]. Reproduced with permission
from [144], published by MDPI, Basel, 2015.

 

Figure 7. (a) Release kinetics of FITC-dextran (different MW) release from the macro-pores of PAS.
(b) Mass transport of proteins from the solution into/through the PAS gel network. Reproduced with
permission from [19], published by American Chemical Society, 2015.

Strong interaction between charged macromolecules (proteins) and alginate gel has also been
reported. As opposed to the study of dextran release kinetics, the protein-PAS interaction has been
examined assessing the loading of proteins into prepared PAS. Alginate gel itself possesses a negative
charge due to a low pKa of the alginic acid. Small protein lysozyme (oppositely charged compared to
alginate gel) accumulates inside PAS (Figure 7b) while negatively charged insulin reaches much lower
internal concentration inside the PAS although its diffusion is also rather fast (a scale of minutes) [19].
This clearly indicates a high potential for the encapsulation of macromolecules that possess a positive
net charge into the negatively charged PAS. At the same time, the retention of macromolecules
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processing a negative net charge can be awkward. The scenario described above can, however, be
different in some special cases as it has been shown, for instance, for small anionic dye [145].

Therein, the dissolution of phthalocyanine-loaded CaCO3 crystals covered by an alginate
matrix and re-distribution/release of CuPcTs dye molecules [146] has been monitored by Raman
spectroscopy [145]. Notably, small CuPcTs molecules pre-encapsulated into sacrificial CaCO3 cores
can be retained inside the macro-sized pores formed at the places of eliminated CaCO3 crystals that
are probably due to the repulsion between negatively charged dye molecules and similarly charged
ALG gel surrounding the pores. From the other side, the reason could be the aggregation of small
dye molecules inside the pores of CaCO3 during the co-synthesis, so such large molecular aggregates
cannot escape from the pores due to sterical limitations. In any case, these results are promising for the
loading and retention of small and/or for anionic molecules inside the pores of the PAS.

5. Summary and Perspectives

Fabrication of porous biopolymer-based scaffolds is rapidly developing field of biomedical
engineering. In this field, porous alginate scaffolds built up employing mesoporous vaterite CaCO3

microcrystals are extremely promising due to i) highly porous PAS structure that can be well-tuned
and ii) the ability to load the scaffolds with bioactive molecules of a diverse nature and release them on
demand. Microfluidics-based design of CaCO3-assisted PASs utilizing pre-formed CaCO3 crystals
offers a high degree of control over the internal PAS structure. As opposed to that, the simultaneous
crystal growth and alginate gelation lacks the control over the PAS structure and does not provide an
opportunity to pre-load CaCO3 cores with the desired active compounds.

Despite the high potential of CaCO3-assisted PASs, their fabrication and use have not been
investigated well yet, and it is better to say that nowadays this approach is only just emerging. Therefore,
the design of CaCO3-assisted PASs requires a further deep development in terms of fundamental issues
raised and applications. Thus, the fabrication of the scaffolds under mild conditions (media with the
pH near the physiological one, i.e., pH 7.4) is urgently required as currently employed HCl-mediated
leaching of CaCO3 cores may result in the reduction bioactives’ activity and cell viability. Thus, the
investigation of the interaction of CaCO3-assisted PASs with cells will be a crucial step for further
development of PASs. There is an intuitive perception that one of the best options would be the
substitution of HCl as a relatively aggressive dissolution agent to weaker acids (e.g., citric acid) or
chelating Ca2+-binding agents (e.g., EDTA). In principle, the latest can be achieved at neutral pH [114].

On the other hand, the strategies used to encapsulate bioactive compounds into CaCO3 cores
and to protect the scaffolds from undesired spontaneous leakage of these bioactives should further be
addressed, verified and improved. Herein, the entrapment of small and/or anionic compounds can
turn up the challenge due to the relatively large nano-pores of alginate matrix of the PAS (7–16 nm) and
the negative charge of the alginate gel due to carboxylic groups on the alginate backbone. Here, one of
the strategies might be the co-loading of these small drugs with large oppositely charged biopolymers.
The formation of drug-biopolymer complexes inside the pores of CaCO3 promotes the entrapment of
the drugs and allows one to substantially increase encapsulation efficiency (e.g., [147,148]). Formation
of LbL capsules on CaCO3 cores could be alternative strategy.

Pioneering studies on the design of CaCO3-assisted PASs indicate that all obstacles mentioned
above can potentially be overcome. We believe that the described PASs can become a new generation of
biopolymer scaffolds with tailor-made architecture and controlled porosity, high pore interconnection
and an opportunity to load and release biomolecules of interest. This allows one to use the terms
intelligent or smart for the PASs, and opens a new avenue for further successful PAS employment
towards tissue engineering and regenerative medicine.
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139. Kosanović, C.; Fermani, S.; Falini, G.; Kralj, D. Crystallization of Calcium Carbonate in Alginate and Xanthan
Hydrogels. Crystals 2017, 7, 355. [CrossRef]

140. Olderøy, M.Ø.; Xie, M.; Strand, B.L.; Flaten, E.M.; Sikorski, P.; Andreassen, J.-P. Growth and Nucleation
of Calcium Carbonate Vaterite Crystals in Presence of Alginate. Cryst. Growth Des. 2009, 9, 5176–5183.
[CrossRef]

141. Xie, M.; Olderøy, M.Ø.; Andreassen, J.-P.; Selbach, S.M.; Strand, B.L.; Sikorski, P. Alginate-controlled
formation of nanoscale calcium carbonate and hydroxyapatite mineral phase within hydrogel networks.
Acta Biomater. 2010, 6, 3665–3675. [CrossRef]

142. Douglas, T.E.L.; Sobczyk, K.; Łapa, A.; Włodarczyk, K.; Brackman, G.; Vidiasheva, I.; Reczyńska, K.;
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Abstract: The biocatalytic activity of transglutaminases (TGs) leads to the synthesis of new
covalent isopeptide bonds (crosslinks) between peptide-bound glutamine and lysine residues,
but also the transamidation of primary amines to glutamine residues, which ultimately can result
into protein polymerisation. Operating with a cysteine/histidine/aspartic acid (Cys/His/Asp)
catalytic triad, TGs induce the post-translational modification of proteins at both physiological and
pathological conditions (e.g., accumulation of matrices in tissue fibrosis). Because of the disparate
biotechnological applications, this large family of protein-remodelling enzymes have stimulated
an escalation of interest. In the past 50 years, both mammalian and microbial TGs polymerising
activity has been exploited in the food industry for the improvement of aliments’ quality, texture,
and nutritive value, other than to enhance the food appearance and increased marketability. At the
same time, the ability of TGs to crosslink extracellular matrix proteins, like collagen, as well as
synthetic biopolymers, has led to multiple applications in biomedicine, such as the production of
biocompatible scaffolds and hydrogels for tissue engineering and drug delivery, or DNA-protein
bio-conjugation and antibody functionalisation. Here, we summarise the most recent advances in the
field, focusing on the utilisation of TGs-mediated protein multimerisation in biotechnological and
bioengineering applications.

Keywords: transglutaminases; crosslinking; polymerisation; food industry; biomedicine

1. Transglutaminases: Enzymatic Activity and Regulation

Mammalian transglutaminases (TGs) have been extensively characterised in the past 60 years since
their discovery by Heinrich Waelsch in 1957 [1]. They constitute a family of eight catalytically active
acyl-transferases (TG1-7 and factor XIIIa), plus the inactive erythrocyte protein band 4.2 (EPB4.2) [2].
TGs are mostly known for the ability to catalyse the formation of intra- and inter-molecular
covalent bonds between proteins, also referred to as crosslinking activity [3]. The presence of
ε-(γ-glutamyl)lysine crosslinks was first reported in human [4] and bovine [5] fibrin polymerised by
FXIIIa. Over the years, it has been confirmed that also the other members of the TG family are capable
of protein crosslinking, with the exception of EPB4.2, a catalytically inactive form [6–8].

The crosslinking reaction occurs in two consecutive steps: At first, an intermediate thioester is
formed through the attack of an acyl donor (γ-carboxamide group of a peptide-bound glutamine
residue) by the nucleophilic active thiolate (cysteine residue), with consequent release of ammonia.
Secondly, the thiolate is restored by nucleophilic attack of an acyl acceptor substrate (ε-amino group of
a peptide-bound lysine residue) (Figure 1a). This leads to the formation of a covalent inter-molecular
ε-(γ-glutamyl)lysine isopeptide bond, which is resistant to physical and chemical degradation [3,9–11].
A similar reaction leads to the incorporation of primary amines, including polyamines, into the
γ-carboxamide group of peptide-bound glutamine (Gln) residues (Figure 1b,c). Both reactions are
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calcium-dependent and together are referred to as protein transamidation. Notably, the transamidation
reaction, which leads to amine incorporation, was actually the first to be identified by Waelsch and
colleagues in 1957, by the detection of radiolabelled transamidated polyamines in guinea pig liver
protein extracts [1,12].

Figure 1. Transamidation reactions catalysed by transglutaminases (TGs). In response to triggering
Ca2+ concentration and in appropriate redox conditions, TG conformation is open and the catalytic
cysteine (Cys) thiol (SH) group is prone to bind the γ-carboxamide group of a peptide-bound glutamine
residue (Gln). Therefore, a thioester bond is created between the TG’s Cys and the Gln of a peptide
target, with consequent ammonia release (a). TG catalyses the transfer of the acyl intermediate product
to a nucleophilic substrate, like an ε-amino group of a peptide-bound lysine residue (Lys), leading to
the formation of ε-(γ-glutamyl)lysine isopeptide bond, also called a crosslink (a). TG catalyses the
incorporation of monoamines (b) or polyamines (c), acting as acyl-acceptors in a reaction similar to
the crosslinking.

Among mammalian TGs, tissue transglutaminase (tTG) or transglutaminase 2 (TG2)
(NM_004613.2) has been by far the most studied, mainly because of its diverse proprieties and
involvement in multiple physiological and pathological processes. TG2 is composed by 687 amino
acids (aa), it is ubiquitously expressed in several different cell types and, like the other active
members, is defined by its calcium-dependent transamidating activity [13,14]. TG2 structure
consists of four globular domains (Figure 2a). The core domain (aa 140–460), key for the
transamidation activity, is characterised by the catalytic triad, cysteine-histidine-aspartic acid
(Cys277-His335-Asp358) [15,16], plus two tryptophan residues (W241 and W332), which stabilise
the reaction intermediate product [17,18]. The N-terminal β-sandwich domain (aa 1–139) includes the
binding site for fibronectin (FN) [19–21], while the two C-terminal β-barrel domains (aa 461–586 and
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587–687) are involved with the TG2 ability to bind and hydrolyse guanosine/adenosine triphosphate
(GTP/ATP) [16,22–24]. TG2 undergoes an allosteric activation fostered by calcium (Ca2+) with a
dissociation constant (Kd) of 90 μmol·L−1 [25]. Seeing that the TG2-Ca2+ bound X-ray structure is not
available, the crystal structures of other TGs (i.e., TG3 and FXIIIa) and computational homology-based
three-dimensional models of TG2 have been used to study the Ca2+ binding sites [26,27]. Out of the six
Ca2+ binding sites that have been identified, five influence enzymatic activity and act in a cooperative
manner. In physiological conditions (Ca2+: 0.1 μmol·L−1/GTP: 100–150 μmol·L−1), intracellular TG2
is completely inhibited. It is believed that TG2 inhibition is mainly accomplished by guanine
nucleotides, i.e., GTP, guanosine diphosphate (GDP), guanosine monophosphate (GMP), and adenine
nucleotides (ATP) [22,25,28]. When Ca2+ levels are sufficiently increased (0.5–1.5 mmol·L−1),
GTP inhibitory capability is significantly reduced, likely due to the conformational changes caused
by Ca2+ binding [16,28–30]. Additionally, other molecules, such as heparan sulfate moieties of
proteoglycans (HSPG), may influence TG conformation [31]. Besides TG2, also other members of the
TGs family (TG3, 5 and 6) have been reported to be inhibited by purine nucleotides, with different
responsiveness levels [22,28,32,33].

(a) (b) 

Figure 2. Human transglutaminase 2 (hTG2) structure and regulation. (a) hTG2 structure is shown
in closed conformation. The catalytic site is composed by the triad, Cys277, His335, and Asp358.
In this conformation, the protein is inactive, since the two β-barrels hide the catalytic pocket.
Three-dimensional structure (PDB: 4PYG) was produced with the molecule modelling software,
“EzMol” (version 1.22) [34]. (b) Effect of redox regulation on TG2 conformations. TG2 is locked
in closed conformation when bound to guanosine triphosphate (GTP) and calcium concentration is low.
Conversely, it assumes an open conformation after calcium binding, which can either be inactive when
in oxidising conditions or active in reducing conditions [35].

Calcium and purine nucleotides are not the only regulators of TGs. In particular, the redox state
affects the accessibility of the Cys active site and it is also essential for TGs’ crosslinking activity [35–38].
Recent knowledge suggests that TG2 can assume three conformations: An inactive form bound
to GTP, an inactive one bound to Ca2+, but oxidised, and a reduced one activated by Ca2+ [38]
(Figure 2b). Under reducing conditions, Ca2+ binding decreasing TGs’ affinity for GTP/GDP leads
to an enzymatically active “open” conformation [38–40], while GTP binding causes the “closed”
conformation, blocking substrate access to the catalytic pocket [39,40]. Experimental data confirm
that transamidation is not only dependent on the Ca2+/GTP ratio. In fact, extracellular TG2 is mostly
inactive even when the low GTP/Ca2+ ratio would theoretically promote activation, at least until
induced by a chemical or physical injury [41]. This might be explained by TG2 being predominantly
locked in closed conformation, possibly due to the redox state of the extracellular environment;
however, other molecules may also further modulate TG conformation (e.g., HSPG, integrins) [31,42].
The formation of protein disulphide bridges between Cys370-Cys371 and Cys370-Cys230 in oxidising
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conditions is in fact sufficient to inactivate TG2 enzymatic activity [35]; conversely, reducing events
cause its activation [35,38].

Besides protein transamidation, TGs are characterised by numerous other enzymatic activities.
In the presence of water, TG2 is also able to hydrolyse target glutamine residues, thereby converting
them into glutamic acid residues (deamidation) [43]. By deamidating gluten peptides and generating
immunogenic epitopes, TG2 is responsible for the gluten-induced enteropathy celiac disease
(CD) [44,45]. Additional TGs functions, such as GTPase and ATPase activity [24,28,46], protein kinase
activity [47–50], and protein disulphide isomerase activity [51,52], have also been reported.

Research on TGs has led to the identification of TG homologous proteins in several species,
from microorganisms to plants and animals [1,53,54]. In silico studies have allowed the identification
of multiple conserved motifs in the TGs catalytic core in archaea, bacteria, and eukaryotes [55].
Conversely, the highest variability among these domains is present in the insert regions localised
between the conserved motifs [55]. These studies confirmed the theory that genes codifying for TGs
are derived from a unique ancestor gene expressing a cysteine protease, which then gave rise to
two lineages through successive gene duplication events [55–57]. Specifically, one lineage includes
orthologue genes from the majority of mammal TGs (TG2, TG3, TG5, TG6, TG7, and erythrocyte band
4.2), while the second one comprises the genes from invertebrates TGs, mammal TG1, and factor
XIIIA [56,57].

Among the bacterial TGs, the most relevant is microbial transglutaminase (mTG), which was
first isolated from the culture medium of Streptomyces mobarensis and characterised by Ando and
colleagues in 1989 [58,59]. mTG is a monomeric protein of about 38 kDa, consisting of 331 aa [53] and,
differently from eukaryotic TGs, it is characterised by a Ca2+-independent crosslinking activity [58].
The overall sequence data and crystal structure indicate that mTG catalytic activity is dependent on a
cysteine residue (Cys64), which, together with the adjacent Asp255 and His274 residues, overlaps well
with the catalytic triad, “Cys-His-Asp”, that characterises cysteine proteases and factor XIII-like
TGs [60] (Figure 3). Regulation of mTG crosslinking activity is quite different from that of mammalian
TGs. For instance, mTG is not dependent on Ca2+, while it presents sensitivity to other cations, such as
Cu2+, Zn2+, Pb2+, and Li+ [58,59].

Figure 3. Microbial TG structure. mTG is composed by a single, compact domain. The amino acids of
the active site (Cys64, Asp255, and His274) constitute the mTG catalytic triad. The modelling software,
“EzMol”, was used to generate the structure (PDB: 1IU4) [34].

2. TG2-Mediated Polymerisation of Extracellular Matrix Proteins

Among the molecules that are most likely target of TG2-induced multimerisation there are
proteins found in the extracellular matrix (ECM). TG2 modifies these proteins through crosslinking,
with an impact on overall matrix stabilisation/stiffness. The increased complexity of the ECM leads to
increased cell-matrix interactions and changes in cell adhesion and migration [20,61–64]. FN is also a
well-known target of TG2 crosslinking activity and, together with other ECM proteins (osteonectin,
osteopontin, laminin, vitronectin, fibrinogen, and collagen), has been shown to be polymerised by
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extracellular TG2 in vitro and in various cell systems [63–71]. In vivo, TG2 transamidation of ECM
proteins leads to their stabilisation and to the accumulation of polymeric complexes rich in isopeptide
bonds, which are resistant to degradation by matrix metalloproteinases [9,72–74]. This results in
the generation of a pathological matrix typical of fibrotic conditions, such as in kidney [72,75–77],
lung [78–81], liver [82–84], and heart fibrosis [85–87]. Notably, skeletal phenotyping in TGs double
knockout mice (Tgm2−/− and F13a1−/−) revealed that both TGs possess a synergistic function in
maintaining bone mass, as their absence increases osteoclastogenesis and bone resorption. The authors
also reported an increased expression of TG1 during osteoclastogenesis in both wild type and double
null mice bone marrow MSCs, suggestive of a role of TG1 in osteoclast formation [88].

Hitomi’s group has developed important probes for the identification of specific substrates
of TG family members, with applications in liver and kidney disease [84,89]. The mechanism of
externalisation of TG2 from cells to reach the ECM is an unconventional pathway that has fascinated
many research groups. Different theories have been proposed, including TG2 loading into recycling
endosomes [90], TG2 secretion via purinergic P2X7 receptor-mediated vesicle shedding [91,92],
cell-surface trafficking via HSPG [93–95], and secretion via exosomes [96–98].

Furthermore, TG2 itself has been shown to act as a structural adhesive protein. For example,
by interacting directly with FN through a specific binding site localised in the N-terminal β-sandwich
domain, TG2 forms adhesive complexes and induces cell adhesion via cell surface HSPG (syndecan-4)
independently from the classic RGD-dependent cell adhesion to integrin receptors [99,100]. At the
same time, it has been reported to act as an integrin co-receptor reinforcing integrin-dependent
cell adhesion [42]. Several research groups have shown an interest in studying the novel TG2-HS
interaction [31,94,101]. Teesalu and colleagues initially identified two sites localised in TG2 catalytic
domain (aa 202–215 and aa 261–274) possibly involved in heparin binding, also suggesting that the
second one could theoretically compete with FN for the binding of cell surface HS proteoglycans [101].
Soon after, Wang et al. suggested that Lys205 and Arg209 residues, which are accessible on the TG2
surface, are essential for heparin binding [94]. Two positively charged clusters (aa 262–265 and aa
598–602) have been determined by Lortat-Jacob et al. as crucial for HS binding [31]. Interestingly,
these distant clusters were shown to be in spatial proximity only when TG2 is in closed conformation,
which is necessary for the formation of the high affinity heparin binding domain [31].

Gaining a deeper understanding of the TG2/ECM interplay has been extremely useful for the
development of several practical applications, such as the production of crosslinked matrices or for
tissue engineering, which will be addressed in the following sections.

3. Substrate Specificity of TGs Isozymes: mTG, TG2, and FXIIIa

Since their identification in 1957, TG2 and the other members of the TGs family have shown to
catalyse the modification of a variety of substrates both in vivo and in vitro. Furthermore, they have
displayed a preference for the recognition of their target proteins, revealing that the transamidating
reactions may be restricted to specific consensus sequences. In search for a clarification of the
physiological and pathological significance of the TG transamidation, many groups have focused their
research on the identification of each isozyme substrates’ specificities.

Cousson et al. have proposed the minimal requirements for TG2-dependent modification of a
putative Gln side chain in a substrate protein: (i) The residue should be accessible, either by being
exposed to the solvent or located in a highly flexible region of the protein; and (ii) the amino acid
sequence around the Gln should allow the correct interaction with TG, which is mainly dependent
on the amino acids’ charge. Specifically, it has been shown that positively charged residues on the
C-terminal side of the target Gln discourage TG catalysis [102]. Therefore, the localisation of the target
amino acids is one of the main limiting factors for TG interaction, other than the protein conformation.

Seminal work by Hitomi’s group screened potential TGs peptide substrates by creating a random
peptide library by M13 phage-display. In particular, they analysed TG2 and Factor XIIIa substrates by
the incorporation of biotin-labelled primary amine on phage clones expressed peptides. Among these,
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the following specific amino acid sequences were highlighted: QxPφD(P), QxPφ, and QxxφDP for
TG2; and QxxφxWP for FXIIIa (where “x” stands for any amino acid and “φ” for any hydrophobic
amino acid) [103]. Furthermore, a phage-display based study by Fesus’ group identified Gln-donor
substrates from a random heptapeptide library by binding to recombinant TG2 and consecutive
elution with a synthetic amine-donor substrate. Among these, twenty-six substrates were successfully
transamidated by TG2, especially the peptides GQQQTPY, GLQQASV, and WQTPMNS. This study
also confirmed pQX(P,T,S)l (where “p” stands for any polar amino acid and “l” for any aliphatic
amino acid) as a consensus sequence recognised by TG2 [104]. Recently, Malešević et al. used a
fluorescence-based array of tripeptides and determined that mTG could specifically recognise X-Q-Q
and L-Q-X peptides (where “X” is any amino acid), with a higher preference for Y-Q-R. They also
analysed mTG substrate preference in relation to amino acids adjacent to the target, Gln, highlighting
a relevance for hydrophobic residues at Gln+1 and Gln-1 positions. They identified other preferred
amino acids, such as tyrosine and proline in position Gln-1, but not Gln+1, while arginine presence in
the tripeptides gave the opposite effect, making them poor substrates for mTG transamidation [105].
Finally, using a small focused synthetic peptide library, the tetrapeptide, “TQGA”, was identified as a
novel highly specific substrate of mTG [106]. The necessity to open an active network on this topic
led to the creation of TRANSDAB wiki (http://genomics.dote.hu/wiki/index.php/Main_Page/),
a database that lists about 350 substrates for six human transglutaminases and mTG, along with
additional interaction partners [107]. However, with the event of genomics and proteomics, we expect
the number of substrates to have increased since the last update of the database was in 2010. In parallel,
the database, TRANSIT (http://bioinformatica.isa.cnr.it/TRANSIT/), was generated to assess possible
substrates by analysing their amino acid sequence [108]. Research in this field is ongoing, as a better
knowledge of TGs specific substrates would further clarify their role in both physiology and disease.
Furthermore, multiple TGs transamidation substrates have been exploited in a variety of applications,
such as assay systems for in situ visualisation of TG activity [109], identification of endogenous targets
of TGs in cells and tissues [84,89,110], and TGs-mediated bio-conjugation of proteins. Hence, a strong
interest in finding novel and more specific TGs substrates is still alive in this area of research.

4. TGs Crosslinking Activity in Biotechnological Applications

Currently, the use of enzymes in biotechnological production processes is highly preferred by
many biotech industries because of their wide variety and competitiveness in terms of production time
and costs. The enzyme-driven crosslinking mechanism leads to changes in proteins’ hydrophobicity,
thus interfering with their solubility and other properties, such as gelation, emulsification, foaming,
viscosity, and water-holding capacity [111–114]. In this context, TGs have become a very popular tool
for the development of different applications, an overview of which is given in Table 1.

4.1. Applications in Food Industry

Since the 1980s, to improve the quality and nutritive value of food, research has focused
on the potential use of TGs in food processing, exploiting their ability to catalyse intermolecular
isopeptide bonds and polymerise proteins [115–117]. Hence, different groups begun investigating
the best substrates for TGs activity in this area and many were identified, such as dairy proteins
(e.g., caseins and whey proteins) [118–120], soybean globulins [121], wheat (gluten) [122,123],
myosins [124,125], egg [126], and seafood proteins [127,128].

One of the most widespread applications for TGs crosslinking activity in the food industry
is the restructuring of meat and seafood by treatment of chopped muscle pieces with mTG and
the polymerisation of muscle proteins (myofibrillar protein and myosin) to increase the textural
characteristics and quality of the products [129–134]. Notably, mTG is not only exploited in meat
processing, but also for the manufacture of dairy and bakery products, because of its considerable
potential in improving the firmness, flavour, colour, texture, viscosity, elasticity, and water-binding
capacity of aliments. In particular, mTG treatment during yogurt preparation was shown to

30



Micromachines 2018, 9, 562

improve the gel-forming properties of caseins by intermolecular crosslinking, increasing the yogurt’s
breaking strength and texture, which, for example, has been applied in the production of low-fat
yogurt [135–137]. Concerning bakery products, mTG and also guinea pig liver TG (gplTG) have
been widely used to ameliorate bread and dough rheological proprieties (e.g., elasticity, stability,
and volume) and shelf life [138–142].

A safety concern on the treatment of bakery products by TGs emerged because of the well-known
involvement of TG2 and TG6 in CD [44,143]. Initial controversial studies have suggested that
mTG-treated wheat and gluten-free breads increase IgA reactivity in few CD patients’ sera [144],
while more recent studies showed the opposite [145]. Moreover, Heil et al. demonstrated that standard
concentrations of mTG in bakery preparations (2–8 mTG units/Kg of flour) have no impact on CD
incidence, even though it is not possible to exclude that higher doses might be correlated with it [145,146].

mTG cross-linking activity has also been explored for other applications, such as the preparation
of chitosan-whey proteins edible films [147,148] and fish gelatin films [149–152]. The enzyme action
was shown to significantly increase the films’ mechanical properties and improve other characteristics,
like deformability and biodegradability [147,151]. Moreover, gplTG has been used to perform an
uncommon TG-mediated glycosylation between fish gelatin hydrolysates and glucosamine, and the
resulting glycopeptides had enhanced bioactivity, with a significant potential as antioxidants and
antimicrobial agents [153].

Therefore, the relevance of TGs biocatalysis in the food industry continues to be explored.

4.2. Applications in Science and Biomedicine

TGs-mediated biocatalysis for biomedical applications has grown over the years. In this respect,
TGs have raised interest because they can substitute, as non-toxic crosslinkers, the chemical agents
commonly used to produce scaffold biomaterials (e.g., glutaraldehyde and formaldehyde), which leave
toxic residues that are difficult to remove.

4.2.1. Hydrogels and Scaffolds

One of the main applications of TGs as biocatalysts is in skin tissue engineering, for their ability
to polymerise ECM proteins, especially collagens, for the production of hydrogels and scaffolds.

Collagens are structural proteins naturally present in all vertebrates, with the important
physiological function of maintaining the mechanical proprieties and integrity of connective tissues.
Their characteristics of high tensile strength, high water solubility, low antigenicity, and good
compatibility make them optimal to be used as biomaterials in the skin engineering sector [154].
Moreover, collagen-made matrices are known to support cell proliferation and infiltration [155,156],
and thus are ideal for applications in wound-healing. However, collagens are also prone to rapid
enzymatic degradation in vivo by collagenases and lack mechanical strength at high temperatures
or when solubilised in aqueous media, hence they need to be stabilised by covalent crosslinks to
be able to form stable structures. Various chemical crosslinking agents have been investigated,
e.g., glutaraldehyde [157,158], which, however, have been shown to significantly reduce the solubility,
antigenicity, and biodegradation of the collagen matrices in vitro and in vivo, presenting also some
cytotoxic effects [159,160]. Several studies have been carried out to determine the chemical and
physical proprieties of TG-derived collagen hydrogels as an alternative to the chemically produced
ones [161–163]. TGs are known to induce intermolecular crosslinks in collagen fibrils [70] and
to covalently bind collagen to other ECM proteins, such as FN [164]. Stachel and colleagues
have shown that mTG is able to potentially create up to 5.4 crosslinks per monomer of type I
collagen under denaturing conditions. When collagen is in its native conformation, half of the
target Gln residues are hidden within the triple helix region of the protein, and thus are not
accessible to TG catalysis, explaining why the crosslinks are efficiently created only after collagen
denaturation at high temperatures [165]. In addition, TG2 and mTG biocatalysis has been exploited
to incorporate polyamines and crosslink different collagens to form matrices and scaffolds [166–168],
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increasing their denaturation temperature, resistance to proteolysis, and biocompatibility, other than
presenting the advantage of avoiding toxic leftovers [73,74,169,170]. Collagen-based matrices are
able to enhance cell attachment, spreading, differentiation, and proliferation, as demonstrated in
dermal fibroblasts and also mesenchymal stem cells (MSCs), with relevance to tissue and cartilage
bioengineering [73,167]. Notably, TG2 overexpression in mammalian cell lines (human osteoblasts,
endothelial cells, and mouse fibroblasts) was shown to enhance biological recognition of polymers,
such as poly(DL lactide co-glycolide) (PLG), poly(e-caprolactone) (PCL), and poly(L lactide) (PLA),
consequently, increasing cell attachment and spreading [171].

More recently, the suitable concentration of mTG (40 units/g) has been established for the creation
of new collagen-based hydrogels, with a focus on collagenases’ degradation time [172]. Moreover,
in vitro cell attachment together with in vivo biodegradability and biocompatibility assays have
confirmed the high potentiality of these biomaterials in tissue engineering [172,173].

Furthermore, the use of guinea pig TG2 to crosslink amniotic membrane (AM), a scaffold
employed in regenerative medicine, was shown to improve the mechanical properties of the membrane
without altering the visual transparency and biocompatibility. These are fundamental features for
ocular surface reconstruction applications [174]. Crosslinked AM showed higher interconnectivity
among collagen fibres and promoted in vitro cell growth and angiogenesis, without eliciting an
immune response [174].

TGs crosslinking has also been used in bone grafting, for example, to enhance interfacial adhesion
of collagen/osteopontin on mineral substrates, increase the fracture toughness of bone [175,176],
and produce collagen/nano-hydroxyapatite/chondroitin sulfate scaffolds, with possible clinical
applications for spinal fusion surgery [177]. Collagen-based biomaterials crosslinked by TG2 have
shown to increase cellular response in bone healing, by promoting the expression of integrins in human
osteoblasts [178].

Similarly, other natural biopolymers, such as cellulose, fibrin, alginate, and hyaluronic acid
(HA), have been used for the production of both tissue engineering scaffolds and drug delivery
matrices [179–184] and, in the last 20 years, also synthetic peptide-based biopolymers have been
exploited. In particular, elastin-like polypeptides (ELPs) hydrogels have been applied in multiple
medical procedures, like cartilage and intervertebral disc tissue repair, vascular grafts, stem cell
matrices, and post-surgical wound treatment to mention a few [185–190]. McHale and colleagues
designed Lys- and Gln-containing ELPs by substituting the residue in position X of the ELP repeat
sequence, VPGXG(VPGVG)6, with Lys and Gln, respectively (Figure 4). These ELPs can be crosslinked
by TG2 in a biocompatible process and form hydrogels able to encapsulate chondrocytes, leading to an
increased ECM deposition and mechanical integrity [191].

 

Figure 4. Schematic representation of TG2-crosslinked ELPs hydrogels. The repeat sequence
[VPGXG(VPGVG)6]16 of ELPs was genetically designed to produce two libraries by substituting the X
residue with Lys (K) and Gln (Q), thus generating K-ELPs and Q-ELPs, respectively. TG2 mediates
the formation of a crosslink between the Gln and Lys residues of ELPs [191]. The Q and K side chains
are superimposed to visualize the TG reaction. TG2 three-dimensional structure (PDB: 2Q3Z) was
produced with the molecule modelling software, “EzMol” [34].
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Interestingly, TG2 had already been tested as a biocompatible glue used to join two articular
cartilage pieces in 1997 by Jürgensen, who demonstrated that TG2 treatment increased the adhesive
strength by 40%, displaying a better performance compared to a commercial tissue sealant [192].

Recently, TG2 has been used to substitute the chemical agent, tris(hydroxylmethyl)phosphine
(THP), for the production of resilin-based (RZ) protein gels, with applications in tissue engineering.
TG-produced RZ matrices were more suitable for long-term cell attachment compared to those
formed with THP. Moreover, as TG-derived matrices mimic the subendothelial environment more
successfully compared to hard glass surfaces, they provide a more suitable environment for endothelial
differentiation in vitro [193].

TGs have also shown promise for the fabrication of biopolymer microgels, small particles
composed by crosslinked polymers that form three-dimensional (3D) structures filled with water,
and are thus especially suitable for the delivery of nutrients and bioactive molecules [194–197].
One application of TGs-produced 3D hydrogels is in neuro tissue-engineering. In this context, the most
commonly used hydrogels are made by chemical crosslinking of high molecular weight HA, which is
an essential component of the central nervous system’s ECM, with anti-inflammatory and anti-fibrotic
properties, using agents, such as 1,4-butanediol diglycidyl ether (BDDE), adipic dihydrazide
(ADH), or ethyl N, N-dimethylaminopropyl carbodiimide (EDC) [198,199]. The use of FXIIIa,
able to crosslink HA modified by the addition of TG substrate peptides providing a reactive Gln
or Lys residue (HA-TG), has been shown to allow the formation of better HA-based hydrogels
compared to the chemically produced ones [200]. In fact, these hydrogels present higher chemical
stability, more specific crosslinking, and features, such as tuneable gelation speed and stiffness,
cytocompatibility, and injectability. Furthermore, HA-TG hydrogels can create covalent crosslinks
with fibrin and other proteins, and can be a target of enzymatic degradation, which facilitates
bioresorption [200].

Poly-ethyl-glycol (PEG) polymers are among the most commonly used molecules for the
development of drug-delivery systems, as they are biocompatible and easily modified to form
hydrogels. Indeed, these hydrogels can be produced by TGs crosslinking when functionalised with
peptides, then mixed with therapeutic agents and potentially injected in the body. For example,
TG2 was able to form highly elastic hydrogels in less than two minutes by creating crosslinks
between the Gln residue of a PEG containing Ac-GQQQLG-NH2 and the Lys residue of a PEG
containing DOPA-FKG-NH2 [201,202]. These hydrogels were tested as tissue glues on both guinea
pig skin and collagen membranes, showing similar and higher adhesive strength, respectively,
compared to fibrin tissue sealants [202]. Besides this application, PEGs have also been largely used in
bio-conjugation processes.

4.2.2. Bio-Conjugation

PEGs conjugation of therapeutic proteins, defined as PEGylation, has been used to decrease
proteins’ immunogenicity, which is relevant for the improvement of the pharmacological proprieties
of drugs [203,204]. By exploiting TGs’ requirements for sequence and structure specificity for the
targeting of Gln residues (amine acceptor site) [205], different groups have shown that classical
random conjugation of PEG on proteins, which produces heterogeneous results, can be replaced by
the more efficient TGs-dependent PEGylation (by mTG and FXIIIa), which allows the production
of single site-specific conjugate isomers and, at the same time, the preservation of the proteins’
bioactivities [206–210]. Interestingly, Sato et al. showed that the mTG-mediated incorporation of
site-specific alkylamine-PEG conjugates into recombinant human interleukin-2 (rhIL-2), acting as the
Gln donor substrate, did not affect rhIL-2 bioactivity, as opposed to random derivatisation. Moreover,
pharmacokinetics studies in rodents revealed that the conjugates presented an increased half-life (up
to 6-fold) compared to unmodified rhIL-2 [206]. mTG has also been used in vitro for protein lipidation,
in order to increase the protein-lipid conjugate amphiphilicity and thus control its localisation at
natural or artificial membranes’ interfaces [211].
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An alternative TGs substrate used for bio-conjugation is benzyloxycarbonyl-l-glutaminylglycine
(Z-QG), already well-known in TG activity assays [212]. A specific application of Z-QG tags is the
creation of protein–oligonucleotide (DNA) conjugates, which are useful tools in molecular biology,
in particular for the production of protein microarrays. In order to overcome some issues related
to the chemical manipulation commonly used for DNA-directed immobilisation, mTG has been
successfully used to induce site-specific and covalent conjugation of DNA to peptide tags [213].
Specifically, mTG was able to mediate the labelling of K6-tagged recombinant proteins (K6 = MKHKGS),
i.e., alkaline phosphatase (AP) and enhanced green fluorescent protein (EGFP), to an aminated DNA
coupled with Z-QG, forming a protein-DNA conjugate (Z-QG-DNA tagged proteins) (Figure 5) [213].

 
(a) (b) 

Figure 5. Protein-DNA conjugation. By exploiting benzyloxycarbonyl-L-glutaminylglycine (Z-QG)
as a TG substrate, mTG induces site-specific and covalent conjugation of DNA to proteins, such as
alkaline phosphatase (AP). (a) Chemical activation of Z-QG carboxylate with N-hydroxysuccinimide
(NHS) and formation of the activated Z-QG-NHS, which is then modified by addition of an aminated
oligodeoxynucleotide (DNA). (b) mTG mediates the formation of a crosslink between the Gln residue
of Z-QG-DNA and the Lys residue of the MKHKGS peptide tag fused to AP. The Q and K side chains
are superimposed to visualize the TG reaction [213]. The modelling software, “EzMol”, was used to
generate mTG structure (PDB: 1IU4) [34].

An improvement of the same approach was explored for the sensitive and cost-effective
preparation of Z-QG-DNA–AP conjugates for filter and in situ hybridisation assays [214]. Moreover,
this procedure was used to functionalise RNA (Z-QG-RNA-AP conjugates) and tested in tissue sections
by in situ hybridisation [215]. The Z-QG conjugation approach has been broadened to the production
of DNA aptamer-(protein)n conjugates for cell imaging through a two-step reaction mediated by
terminal deoxynucleotidyl transferase (TdT) and mTG [216,217]. These biocompatible mTG-derived
constructs offer novel opportunities for the development of non-invasive in vivo imaging [217].

The successful use of TGs for the creation of bio-conjugates has led to the application of this
procedure for protein fluorescent labelling and immobilisation. Keillor and colleagues demonstrated
that mTG can be used for the site-specific labelling of proteins genetically modified with encodable
high-affinity Gln-substrates (‘Q-tags’) through incorporation of propargylamine into the Gln residues
(propargylation) [218,219]. This strategy showed high potential for the conjugation of a wide range of
azide derivatives for fluorescence labelling, with possible applications in living cells [219–221].

Notably, antibodies are among the proteins that can be functionalised by TGs for diagnostic and
therapeutic purposes (Figure 6). Josten and colleagues proposed an original enzymatic biotinylation
method useful for the production of low-biotinylated proteins, based on mTG-mediated incorporation
of amino-modified derivatives on IgG Gln residues [222]. More recently, antibody functionalisation
by TGs has been applied in radio immunodiagnosis and therapy antibody [223–225]. Both mTG
and, to a lesser extent, human TG2 have shown the ability to perform the selective modification of
antibodies heavy chains (IgGs), without interfering with their biological activities, such as antigen
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affinity and cell internalisation, as tested both in vitro and in vivo [223,225]. Interestingly, a new
multi-loading approach that improves the drug-to-antibody ratio has been tested, with promising
applications in targeted therapy [224]. Specifically, mTG conjugation of branched linkers on the heavy
chain of an anti-HER2 monoclonal antibody have shown to increase the drug cytotoxicity against a
HER2-expressing breast cancer cell line in vitro, compared to conjugates carrying the classic linear
linkers [224].

 
(a) (b) 

Figure 6. Schematic representation of TG-mediated antibody conjugation. (a) TGs can transamidate
modified substrates (e.g., aminated or Lys carrying derivatives), such as biotin, fluorophores,
or radioisotopes (schematically shown with the yellow “S”), to a carboxamide group of a Q residue on
the antibody heavy chain peptide sequence [222,223,225]. (b) Branched linkers, conjugated by mTG to
the heavy chain of an antibody (e.g., anti-HER2 monoclonal antibody), can be coupled by azide-alkyne
cycloaddition to an antimitotic drug (shown as a green “D”) [224].

Table 1. List of applications involving TGs activity.

Applications References

Food Industry

Dairy products (caseins and whey proteins) [118,120,135–137]
Soybean proteins [121]

Bakery products (gluten) [122,123,138–142]
Meat (myosins and myofibrillar protein) [124,125,129–134]

Eggs (ovalbumin) [126]
Seafood and edible films [127,128,147–153]

Biomedicine

Collagen-based scaffolds and hydrogels [70,73,74,161–163,166,167,169–178]
Other natural biopolymers-based hydrogels and microgels

(Fibrin, gelatin, alginate, hyaluronic acid, casein) [179–184,194,195,197–200]

Synthetic biopolymers-based scaffolds and 3D microgels
(ELPs, RZ, PEG) [189–191,193,196,201,202]

PEGylation/Lipidation [206–211]
Protein-DNA conjugation [213,214,216,217]

Protein fluorescent labelling [218–221]
Antibodies functionalization [223–225]
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5. Conclusions

There is no question that TG-biocatalysis is instrumental in determining protein multimerisation,
and that several are the natural substrates of TG, which can be permanently modified by
transamidation. Although research has documented numerous physio-pathological conditions in
which TG family members are involved, there is still much to be learnt about the way the catalytic
activity of these enzymes is controlled in vivo. In parallel, there is a great interest in the application
of transglutaminases, especially mTG and TG2, as a tool to catalyse the formation of amide bonds
between peptide or protein bound glutamines and lysines, or to change protein proprieties via
incorporation of polyamines in a variety of uses of particular relevance to the biomedical and food
industry. Even though substrate specificity remains a challenge, the versatility and biocompatibility of
transglutaminases continue to make them attractive for a wide range of biotechnological applications.
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Abstract: Stimuli-responsive polymeric materials have attracted significant attention in a variety
of high-value-added and industrial applications during the past decade. Among various stimuli,
light is of particular interest as a stimulus because of its unique advantages, such as precisely
spatiotemporal control, mild conditions, ease of use, and tunability. In recent years, a lot of effort
towards the synthesis of a biocompatible and biodegradable polypeptide has resulted in many
examples of photo-responsive nanoparticles. Depending on the specific photochemistry, those
polypeptide derived nano-assemblies are capable of crosslinking, disassembling, or morphing
into other shapes upon light irradiation. In this review, we aim to assess the current state of
photo-responsive polypeptide based nanomaterials. Firstly, those ‘smart’ nanomaterials will be
categorized by their photo-triggered events (i.e., crosslinking, degradation, and isomerization),
which are inherently governed by photo-sensitive functionalities, including O-nitrobenzyl, coumarin,
azobenzene, cinnamyl, and spiropyran. In addition, the properties and applications of those
polypeptide nanomaterials will be highlighted as well. Finally, the current challenges and future
directions of this subject will be evaluated.

Keywords: stimuli-responsive polymers; synthetic polypeptide; photo-sensitive; self-assembly;
morphological transformation

1. Introduction

Stimuli-responsive or ‘Smart’ polymers are capable of changing their physical and/or chemical
properties upon receiving external triggers, such as temperature, pH, redox, mechanical forces, and
light [1–9]. These tailor-made polymers are receiving significant interest in the fields of drug delivery,
biosensor, tissue engineering, coatings, and self-healing materials [10–14]. In particular, light has
recently garnered tremendous attention as a stimulus, as it can be not only triggered remotely but
also provides spatiotemporal control [15–23]. Moreover, irradiation parameters, including wavelength,
power, and time, can be easily tuned to fit the system (e.g., on-demand and controllable drug release
rate) [24–27]. Typically, the ability of smart polymers to respond to light stems from the incorporation
of photo-sensitive chemical structures [28–30]. Those moieties can be classified into three general
categories based on their specific photo-chemistry (Scheme 1A–C). In the first category, represented by
cinnamyl and coumarin, photo-induced dimerization of those groups takes place upon irradiation at
a certain wavelength, while the dimer can undergo a reversal reaction at another wavelength with
a higher energy (i.e., shorter wavelength). The second (e.g., O-nitrobenzyl) involves irreversible
photo-triggered degradation, which can liberate the unprotected functionality, leading to a dramatic
change in solvability. The last subset includes functional groups, such as azobenzene and spiropyran,
which are capable of reversibly isomerizing under different wavelengths. By taking advantage
of the above-mentioned photo-chemistry, various light-triggered morphological transformations
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(e.g., crosslinking, dissociation, and shape change) of polypeptide nano-assemblies have been achieved
(Scheme 1D).

 

Scheme 1. Photo-chemistry of various functional groups. (A) Ultraviolet (UV)-induced dimerization;
(B) UV or near infrared (NIR) promoted cleavage; (C) reversible isomerization by UV and visible light;
and (D) photo-triggered metamorphosis of polypeptide derived nano-objects.

Inspired by natural protein, synthetic polypeptides or poly(amino acids) based nanomaterials are
receiving increasing interest in the field of polymer science because of their inherent biocompatibility
and biodegradability [31,32]. Furthermore, synthetic polypeptides have exhibited their unique
ability to form higher order secondary structures, including α-helix, β-sheet, and β-turn, thanks
to non-covalent interactions (i.e., hydrogen bonds, pi–pi stacking, and hydrophobic interaction)
between amino acids side chains [33,34]. Those non-covalent interactions are highly sensitive to local
environments, such as temperature, pH, the presence and concentration of reducing agent, ionic
strength, and even light. A small change in the local environment could have a noticeable impact on
non-covalent interactions, resulting in the transformation of secondary structures and concomitant
change in bio-activity and function of polypeptides [35].

The rapid development of polymerization methodology has empowered polymer chemists with
the ability to easily prepare unique polypeptides with diverse architecture and functionalities [36–39].
Numerous polypeptides have been successfully prepared via various living polymerization
approaches, such as ring-opening polymerization of N-carboxyanhydrides (NCA) [40–43], reversible
addition-fragmentation polymerization [38], atom transfer radical polymerization [44,45], and
ring-opening metathesis polymerization [46–50]. In a typical case, living or controlled polymerization
techniques are capable of producing polymers with precise chain lengths, excellent functionalities
tolerance, and narrow polydispersity [51–55]. In addition, complicated architectures, such as block,
cyclic, brush, and star, which were previously inaccessible, can now easily be made via living
polymerization techniques [56–64]. Owing to those features arising from the living polymerizations
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(vide supra), one can design and tune the hydrophobic to hydrophilic balance, which dictates the critical
packing parameters and give rise to nanoparticles with predictable morphologies (Scheme 2) [65].

Scheme 2. The shapes of polypeptide derived nano-objects are dictated by critical packing
parameters [65]. Diblock copolymer polypeptide-b-PEG exemplifies amphiphilic polypeptide
based copolymers.

With the recent success of light-responsive amphiphilic polypeptides in nanotechnology and
nanomedicine, we believe it is necessary to assess the current state of those smart nanomaterials.
In this review, the main focus will be placed on the photo-chemistry of various light-sensitive functional
groups that are incorporated into the polypeptide nanoparticles. Furthermore, we will discuss the
influence on the size or morphologies of nano-assemblies as a consequence of light treatment and
how this may assist the prediction of potential applications of those materials. Recent examples of
photo-responsive polypeptide deriving nanoparticles are summarized in Table 1. Finally, we believe it
is crucial to evaluate the current challenges and future directions of this field.

Table 1. Summary of photo-responsive polypeptide nano-assemblies.

Polypeptide
Synthetic
Method

Photo-Responsive Moiety Light-Triggered Events Application Ref.

PEG-b-P(LGA/CLG) ROP a Cinamyl Micellar Core-Crosslink Drug Delivery [66]
PEG-b-PCLG ROP Cinamyl Micellar Core-Crosslink Drug Delivery [67]

PEG-CA4LS4Co4 Solution-PPS b Coumarin Micellar Core-Crosslink Drug Delivery [68]
PNBC-b-PEO ROP O-nitrobenzyl Micellar Disassembly Drug Delivery [69]
PNBC-b-PEO ROP O-nitrobenzyl Vesicle to Micelle N/A [70]
PNBC-b-PEO ROP O-nitrobenzyl Composite Nanoparticle Drug Delivery [13]
PNBL-b-PLL ROP O-nitrobenzyl Sol-Gel Transition N/A [71]
PNBL-b-PEO ROP O-nitrobenzyl Sol-Gel Transition N/A [72]

PEtOx-b-P[MetNB][Br] ROP O-nitrobenzyl Composite Nanoparticle Gene Delivery [73]
PEO-b-P(LGA-co-COU) ROP 6-Bromo-7-hydroxyl-coumarine Micellar Disassembly Drug Delivery [74]

Fmoc-Phe-pazoDbg Solution-PPS Azobenzene Micelle to Fiber N/A [75]
PBLG-azobenzene ROP Azobenzene Vesicle Disruption Cargo Release [76]

P(OEG-Azo) ROP Azobenzene Sol-Gel Transition N/A [40]
Azo-GFGH Solid-PPS Azobenzene Nanofiber Assembly Catalysis [77]

PLGASP-b-PEO ROP Spiropyran Micellar Disassembly Drug Delivery [78]

Note: a ROP—ring-opening polymerization; b PPS—phase peptide synthesis.
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2. Photo-Chemistry of Light-Responsive Polypeptide Nanoparticles

2.1. Photo-Crosslinkable Nanoparticles

Photo-dimerizable or crosslinkable groups including cinnamic, coumarin, and anthracene can
undergo a crosslinking reaction via [2+2] cycloaddition of the carbon-carbon double bonds after
UV-irradiation [79–81]. They have been mainly utilized for the photo-crosslinking of micelles, leading
to micelles or nanogels with enhanced colloidal stability, even in very dilute condition [82–84].
Compared with traditional crosslinking methods such as ‘click’ chemistry and carbodiimide
coupling, the photo-crosslinking approach is relatively inexpensive, rapid, and highly efficient at
room temperature. Furthermore, no byproduct is generated during the photo-dimerization process,
rendering a final product with a high purity [85].

Chen et al. demonstrated the first example of photo-crosslinkable polypeptide based
micelle [66]. In their work, diblock copolymer poly(ethylene glycol)-b-poly(L-glutamic acid) was
synthesized by ring-opening polymerization (ROP) of L-glutamate-NCA monomer in the presence
of PEG-amine macroinitiator. The resulting diblock copolymer further underwent deprotection
and subsequent modification with cinnamyl alcohol, yielding amphiphilic PEG-b-polypeptide,
containing pendent cinnamyl functionalities. A core-shell micellar structure was formed by the
self-assembly of the PEG-b-polypeptide into water. Moreover, UV-irradiation at 254 nm led to
photo-crosslinking of the micellar core, which was directly proven by dynamic light scattering (DLS),
showing a decreased size of the nanoparticle after core-crosslinking. Jing and coworkers reported
the synthesis and ROP of a functional NCA monomer bearing a cinnamyl moiety [67]. Water soluble
PEG-amine macroinitiator was utilized during the polymerization process, leading to well-defined
PEG-b-polypeptide copolymers, which possess cinnamyl groups in the side chains of hydrophobic
polypeptide (Figure 1A). The block copolymer was capable of self-assembling into micelles that
could be core-crosslinked under UV light (Figure 1B,C). It is noteworthy to mention that Jing’s
direct polymerization approach achieved full functionalization of cinnamyl in the repeating units
of the polypeptide chain. However, in the case of Chen’s post-modification method, only a partial
functionalization of repeating units with cinnamyl could be realized because of the low efficiency of
esterification under steric environment of the polypeptide.

 

Figure 1. (A) Self-assembly of PEG-b-polypeptide and subsequent photo-induced core-crosslinking;
(B) Transmission electron microscopy (TEM) image before UV irradiation; and (C) TEM image after
UV irradiation. Reproduced with permission from [67].
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Beyond cinnamyl photo-chemistry, coumarin based reversible dimerization has also been
illustrated in the fabrication of photo-crosslinkable polypeptide micelles. In a pioneering work by Luo,
solution-phase peptide synthesis (PPS) was employed to obtain a linear-dendritic block copolymer
composed of hydrophilic PEG (5 KDa) and hydrophobic branched polylysine containing peripheral
coumarin groups (Figure 2A) [68]. As the block copolymer was amphiphilic, micellar nanoparticles
were observed in water as a result of self-assembly (Figure 2B). When long-wavelength UV irradiation
(>310 nm) was applied to micelle solutions, the core-crosslinking event was rapidly completed within
400 seconds, as indicated by UV-Vis spectra. More interestingly, photo-induced decrosslinking occurred
upon exposure to a short wavelength UV light (254 nm), elucidating the reversibility of this process.
Notably, the decrosslinking reaction of coumarin dimer underwent a significantly slower kinetics
(over 100 min) compared with that of crosslinking process.

Figure 2. (A) Chemical structures of linear-dendritic PEG-b-polylysine containing coumarin moieties
at their periphery; (B) light-triggered photo crosslinking of drug-loaded micelles. Reproduced with
permission from [68].

2.2. Photo-Cleavable Nano-Objects

While polypeptide derived diblock copolymer micelles can acquire enhanced stability through
the photo-crosslinking process, the concern regarding the lack of degradability still remains, especially
in biomedical applications [86,87]. In view of this, photo-cleavage chemistry has emerged as an
alternative approach to photo-sensitive polypeptide nanoparticles [13,69–72,74,88]. More importantly,
photo-cleavage reactions are typically accompanied by a dramatic increase in the water-solubility of
the hydrophobic segment, which could promote either a disassembly or morphological transformation
of nano-objects.

Several illustrative examples of photo-cleavable polypeptide nanoparticles involving
O-nitrobenzyl groups have been reported by Dong et al. In their first work, a photo-sensitive
S-(O-nitrobenzyl)-L-cysteine NCA monomer (abbreviated as NBC) was designed and polymerized
with PEG-amine as macroinitiator, giving rise to a diblock copolymer PNBC-b-PEG [69]. Since the
NBC repeating units are hydrophobic because of the presense of O-nitrobenzyl moieties in the side
chains, the amphiphilic block copolymer is able to form micelles with a size of 79 nm. This approach
conferred photo-degradability to the micelles, because the hydrophobic core consists of numerous
UV-labile O-nitrobenzyl groups. Transmission electron microscopy (TEM) and dynamic light scattering
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demonstrated that the block copolymer micelles were capable of dissociating into smaller nanoparticles
(44 nm) upon UV irradiation at 365 nm. The reduction in particle size is because of the photo-cleavage of
O-nitrobenzyl groups, producing free thiols with enhanced water solubility. A later report described the
photo-induced shape transformation of polypeptide-containing vesicles (Figure 3A) [70]. In that work,
PNBC56-b-PEG114 (the subscript stands for the number of repeating units) was synthesized and used
for constructing a vesicle morphology in an aqueous solution. The vesicle solution was subsequently
exposed to 365 nm UV light, promoting the cleavage of O-nitrobenzyl groups and a concomitant
increment in hydrophilicity of PNBC block. As the ratio of hydrophilicity to hydrophobicity increased,
the critical packing parameters of the nano-assemblies decreased, inducing a morphological transition
from vesicle to micelles (Figure 3B–D). In addition, the free thiol inside the micellar core can be further
oxidized in the presence of an oxidizer (i.e., hydrogen peroxide), resulting in formation of disulfide
linkages, which prompt the aggregation of the micelles.

 

Figure 3. (A) Shape programming of polypeptide based nanoparticles through photo-regulation and
redox process; (B) vesicular structures before UV treatment; (C) a mixture of vesicles and micelles after
UV irradiation for 5 mintes; and (D) after UV-irradiation for 1 h, the vesicles were fully transformed to
micelles. Reproduced with permission from [70].

Very recently, the same group invented NIR-responsive PNBC-b-PEG upconversion composite
micelles (Figure 4) [13]. During the block copolymer self-assembly process, upconversion nanoparticles
(UCNP) were encapsulated inside the PNBC core. The composite micelles were capable of
disassembling with the help of UCNP, converting NIR light (980 nm) to UV light (365 nm). Moreover,
Zhao and coworkers reported a novel NIR light-sensitive micellar system based on a diblock copolymer,
consisting of PEG and poly(L-glutamic acid) bearing pendent 6-bromo-7-hydroxycoumarin-4-ylmethyl
groups, an efficient NIR two-photon-absorbing chromophore (Figure 5) [74]. Upon irradiation with
794 nm of NIR light, the chromophores were gradually removed from the polypeptide chain, shifting
the hydrophilic–hydrophobic balance toward a disassembly of micelles in water. Notably, nearly
200 min of irradiation was needed to fully cleave the side chain groups, demonstrating the potential of
controlled release kinetics.
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Figure 4. Fabrication of NIR-responsive polypeptide micelles via encapsulation of upconversion
nanoparticles (UCNP) into block copolymer micellar core. Upon NIR irradiation, UCNP converts
NIR into UV light, which further cleaves O-nitrobenzyl moieties and induces disassembly of micelles.
Reproduced with permission from [13].

 

Figure 5. Synthetic route to NIR-responsive diblock copolymer consisting of PEG and polypeptide
bearing coumarin groups. Reproduced with permission from [74].

2.3. Photo-Isomerizable Nano-Assemblies

According to the properties of the aforementioned photo-crosslinkable and photo-cleavable
polypeptide nanoparticles (vide supra), we can easily draw the conclusion that the photo-induced
shape transformation or micellar disruption based on those functionalities are non-reversible under
common conditions. While the de-crosslinking reaction of coumarin dimer can be literally achieved,
the condition (i.e., 254 nm) is harsh and the slow reaction could cause the decomposition of coumarin
and lead to undesired side reactions [89]. In the case of O-nitrobenzyl, the UV-induced photo-redox
cleavage would generate O-nitrosobenzaldehyde that cannot reform the original O-nitrobenzyl moiety.
To further pursue efficient and reversible photo-responsiveness of polypeptide nano-assemblies,
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some research groups have designed smart nanoparticle systems, which rely on photo-isomerizable
functionalities, such as azobenzene and spiropyran [40,75–78,90–92].

Azobenzene is capable of transitioning between two isomers (i.e., cis and trans) through
manipulation of UV light (365 nm) and visible light. When UV light is present, a polar cis-isomer
is favorably formed. On the other hand, visible light or heat can promote the shift of isomerization
towards thermodynamically favored non-polar trans-isomer. To date, azobenzene derivatives have
been extensively incorporated into many peptides, either in the side chains or in the backbone. In a
report by Moretto, azobenzene served as a central linker for diblock poly(γ-benzyl-L-glutamate)
(PBLG) (Figure 6A,B) [76]. Before UV irradiation, diblock PBLG trans-isomer vesicles were observed, as
evidenced by TEM and SEM (Figure 6C,D). After exposure to UV light, a rapid and gradual collapse of
those ordered vesicles was observed, probably owing to trans-to-cis azobenzene transformation, which
induced change in 3D geometry of diblock polypeptide (Figure 6F–I). Lu and coworkers were able
to synthesize photo-responsive polypeptides via ROP of NCA monomers that consisted of pendent
azobenzene and oligoethylene glycol (OEG), affording P(OEG-Azo) [40]. Because of the presence of
both hydrophobic azobenzene and hydrophilic OEG, P(PEG-Azo) can self-assemble into nanoparticles
in an aqueous solution. Moreover, a α-helical conformation of polypeptide was observed in the case
of azobenzene trans-isomer. Upon UV treatments, trans-cis isomerization occurred and forced the
polypeptides to adopt a disordered conformation, as evidenced by the circular dichroism spectroscopy.
Importantly, a reversible conformation switch was found when heating the UV-treated cis-polypeptides
at 70 ◦C.

 

Figure 6. (A) Reversible geometry change of azobenzene-containing polypeptide via UV and visible
light; (B) UV-Vis absorptions of cis- and trans-isomers; (C,D) TEM and SEM images of vesicles arising
from self-assembly of trans-isomer of polypeptides; (E) cartoon representation of vesicular structure
based on trans-polypeptide; and (F–I) time-dependent UV-induced degradation of vesicles. Reproduced
with permission from [76].

Spiropyran (SP) is a widely-used photochromic molecule, thanks to light-induced
spiropyran-to-merocyanine (SP–MC) isomerization [93,94]. Original SP derivatives, in their closed
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form, appear as colorless, nonpolar, and hydrophobic compounds. Isomerization toward MC
(open form) occurred under UV treatment, leading to MC derivatives, which are colored, polar,
and hydrophilic. Mezzenga et al. presented an excellent example of photo-reversible micelle system,
based on spiropyran-containing polypeptide-b-PEG diblock copolymer (Figure 7A) [78]. Firstly, they
performed a kinetic study of SP–MC and MC–SP isomerization, using UV-Vis spectroscopy. Before UV
irradiation (365 nm), the solution was colorless, suggesting the absence of the MC form. After UV
irradiation, the absorption peak at 544 nm progressively increased and reached maximum value within
5 min, indicative of fast and complete SP–MC isomerization. Nevertheless, MC–SP isomerization
happened much slower and reached full conversion after 180 min in the presence of visible light
(590 nm). After demonstrating the photo-regulated reversibility of SP–PC isomerization, the authors
further utilized TEM to observe the reversible aggregation–dissolution–aggregation process of block
copolymers in water. According to their results, original SP isomer containing polymers were capable
of self-assembling into micelles (Figure 7B). UV irradiation fully disrupted the micellar structure after
5 min, because of the formation of hydrophilic MC moieties (Figure 7C). Interestingly, micelles were
successfully recovered as a consequence of visible light treatment for 3 h (Figure 7D).

Figure 7. (A) Synthetic route to spiropyran-bearing polypeptide-b-PEG diblock copolymer; (B) TEM
image of polymer nano-objects before UV treatment; (C) TEM image after UV irradiation; and (D) TEM
image of regenerated micelles after applying visible light to UV-treated polymer solution. Reproduced
with permission from [78].

3. Properties and Applications

Apparently, polypeptide derived nanoparticles hold great potential to serve as excellent drug
delivery systems because of their biocompatibility and biodegradability. Moreover, the aforementioned
photo-chemistry confers those nanoparticles with attractive properties, such as enhanced colloidal
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stability and on-demand drug release. Jing and coworkers investigated in vitro paclitaxel (PTX)
release from two batches of PTX-loaded peptide micelles, with one batch treated with UV light [67].
According to their results, the drug release from the crosslinked micelles was significantly slower than
that from the non-crosslinked micelle. For instance, only 20% of the drug was leaked from a crosslinked
micelle during 55 h incubation in a phosphate buffered saline (PBS) buffer, while almost 100% of
the drug was released from a non-crosslinked micelle under same condition (Figure 8). In Zhao’s
study, NIR-responsive Rifampicin-encapsulated polypeptide micelles showed a neglectable release
after 55 h in the absence of NIR irradiation. When the NIR laser was turned on, a progressive drug
release was observed, demonstrating the feasibility of this drug delivery system to achieve on-demand
drug release.

Very recently, Mandal and coworkers employed ROP to prepare a cationic block copolymer
consisting of poly(2-ethyl-2-oxazoline) and positively charged O-nitrobenzyl modified polymethionine
(P[MetNB][Br]) [73]. This cationic polypeptide was capable of forming an electrostatic complex with
negatively charged calf thymus DNA (ctDNA). When UV-light was applied to the polypeptide-DNA
complex, a photo-driven cleavage of O-nitrobenzyl moieties occurred, resulting in neutral polypeptides,
which had no binding affinity with ctDNA (Figure 9A). According to the gel electrophoresis, free ctDNA
was rapidly released from the complex after irradiation with UV light. Those results demonstrated the
potential of using photo-responsive cationic polypeptide as a DNA delivery platform (Figure 9B,C).

 

Figure 8. Cumulative release of drugs from non-crosslinked polypeptide micelle (black square) and
photo-crosslinked polypeptide micelle (red dots). Reproduced with permission from [67].

In addition to biomedical applications, photo-responsive polypeptides have been used in the
field of catalysis as well. He and coworkers designed a peptide-based artificial hydrolase, which
consisted of a catalytic histidine residue and a photo-responsive azobenzene group in the peptide chain
(Figure 10) [77]. Before UV irradiation, the peptide exhibited an antiparallel β-sheet conformation,
enabling self-assembly into a peptide fibril. An enhanced catalytic activity on p-nitrophenyl acetate
was observed, because of the hydrophobic environment of peptide fibril and proximity effect of
histidine groups. However, a significant reduction in catalytic efficiency occurred upon exposure to
UV-light, which caused a conformational conversion of peptide from β-sheet to random coil and thus
disrupted the supramolecular fibril structure. Most importantly, the authors were able to demonstrate
that the activity of the peptide-based artificial hydrolase could be reversibly controlled using visible
and UV light.

Finally, the application of photo-sensitive polypeptides was successfully translated into
macroscopic materials involving reversible sol-gel process, as described by Hu and Li
(Figure 11) [40]. In their study, an organogel was formulated by dissolving azo-bearing
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polypeptide-b-PEG-b-polypeptide triblock copolymer in THF (Figure 11A). Interestingly, the gel
was capable of switching physical states between gel and solution upon alternating the visible and
UV treatment. According to the atom force microscope images, the gel revealed a densely crosslinked
fibrous network, while the solution exhibited a much smaller degree of crosslinking after UV irradiation
(Figure 11B,C).

Figure 9. (A) Schematic illustration of polypeptide-DNA complexation and UV-induced release of
DNA; (B) electrophoretic mobility of polypeptide-DNA conjugates at different concentrations of
cationic polypeptide before UV irradiation; and (C) electrophoretic mobility of polypeptide-DNA
conjugates upon UV treatment. Note: lanes 1–6 correspond to 12.7 mM ctDNA complexing with
polypeptide at 0, 0.2, 0.4, 0.6, 0.8, and 1.0 mM, respectively. Reproduced with permission from [73].

 

Figure 10. Molecular structures of azobenzene-terminated peptide and photo-switchable assembly and
catalytic activities of the peptide, based artificial hydrolase. Reproduced with permission from [77].
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Figure 11. (A) Reversible sol-gel process by switching light wavelength between UV and visible;
(B) atomic force microscopy (AFM) image of polymer solution before UV treatment; and (C) AFM
image of polymer solution after UV irradiation. Reproduced with permission from [40].

4. Current Challenges and Prospective

Many relatively recent developments in photo-responsive polypeptides have greatly expanded
the scope of smart nanomaterials, providing us with many new possibilities and opportunities
in various applications, such as drug delivery, self-healing materials, and catalysis. Indeed, the
marriage of polypeptide and photo-chemistry not only confer biocompatibility to the nanomaterials,
but also facilitate the structural control of peptide chains or nano-assemblies because of the ease of
using light. In view of photo-chemistry relying on different light-sensitive functionalities, a number of
photo-sensitive peptide nanoparticles with distinct properties have been accomplished.

Despite the tremendous success that has been described above, many challenges still remain.
One significant barrier is the translation of light-responsive polypeptide drug delivery system
into clinical use. Indeed, the majority of examples in this review involve the use of UV light
or visible light, which has a poor penetration depth into human tissue. Moreover, UV light has
been shown to be detrimental to healthy cells and tissues [95–99]. Because of these downsides of
using UV/Vis light, NIR-responsive polypeptide nanoparticles represent a more promising platform
for nanomedicine [100]. However, the current NIR-responsive polypeptide derived drug delivery
systems suffer from either slow drug release kinetics or an introduction of cytotoxic UCNP [13,74].
Therefore, more careful design and study are essential in order to translate those nanomaterials
into biomedical applications. Moreover, photo-responsive polypeptide nano-objects have not yet
been reported by means of controlled radical polymerization (CRP) and ring-opening metathesis
polymerization (ROMP). Considering the robustness of CRP and ROMP techniques to prepare
polymers with complex architectures and functions, we envision that one of the next directions
for photo-responsive polypeptides will be updating the synthetic toolbox, in order to achieve more
sophisticated polypeptide structures. According to the above-mentioned examples illustrated in
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Table 1, photo-responsive polypeptide deriving nanomaterials have been overwhelmingly exploited
for potential biomedicine use, such as drug delivery and gene release. However, only a few reports
demonstrated the promise of those materials in other utilities, such as switchable catalysis and
reversible macroscopic gel materials. Since light can be easily used to dictate when and where
the photo-reaction happens, it can be anticipated that the significant attention on photo-responsive
polypeptides will be shifted to some other applications, including self-healing materials, lithography
or 3D-printing technology, which may exhibit excellent performance with the help of light-stimulus.
Given the considerable success of traditional stimuli-responsive materials in biomedicine and
manufacturing, we believe that photo-responsive polypeptide nanomaterials will take on more
important roles to next generation of supramolecular peptide nanotechnology and material science.
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Abstract: Polysaccharides of marine origin are gaining interest as biomaterial components.
Bacteria derived from deep-sea hydrothermal vents can produce sulfated exopolysaccharides (EPS),
which can influence cell behavior. The use of such polysaccharides as components of organic,
collagen fibril-based coatings on biomaterial surfaces remains unexplored. In this study, collagen fibril
coatings enriched with HE800 and GY785 EPS derivatives were deposited on titanium alloy (Ti6Al4V)
scaffolds produced by rapid prototyping and subjected to physicochemical and cell biological
characterization. Coatings were formed by a self-assembly process whereby polysaccharides were
added to acidic collagen molecule solution, followed by neutralization to induced self-assembly of
collagen fibrils. Fibril formation resulted in collagen hydrogel formation. Hydrogels formed directly
on Ti6Al4V surfaces, and fibrils adsorbed onto the surface. Scanning electron microscopy (SEM)
analysis of collagen fibril coatings revealed association of polysaccharides with fibrils. Cell biological
characterization revealed good cell adhesion and growth on bare Ti6Al4V surfaces, as well as
coatings of collagen fibrils only and collagen fibrils enhanced with HE800 and GY785 EPS derivatives.
Hence, the use of both EPS derivatives as coating components is feasible. Further work should focus
on cell differentiation.

Keywords: marine exopolysaccharide; collagen; surface modification; Ti6Al4V

1. Introduction

Metallic load-bearing implants for bone contact rely on the formation of new bone tissue on
the implant surface. Modifications of the surface which promote attachment, proliferation, and
osteogenic differentiation of bone-forming cells are desirable. One strategy is the coating of the
surfaces with fibrils of collagen, the main structural protein of mammalian tissue. Titanium and its
alloys, including Ti6Al4V, are commonly used as implant materials for load-bearing applications.
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Coatings of collagen types I, II, and III have been applied to improve adhesion and proliferation of
bone-forming cells [1–3].

The collagen molecule is a long rigid complex structure consisting of three polypeptide chains
which are connected to each other in the form of a triple helix configuration. Individual collagen
units associate to fibrils under physiological conditions. This self-assembly of fibrils, also known
as fibrillogenesis, can be induced under laboratory conditions by neutralizing an acidic solution of
collagen molecules. This reduces electrostatic repulsions between the collagen molecules and enables
fibrillogenesis to occur [4].

Collagen fibril coatings can be employed as artificial extracellular matrices into which other
biologically active molecules can be incorporated. Various anionic polysaccharides, including
glycosaminoglycans (GAG), are known to stimulate the attachment and proliferation of cells.
Collagen fibril coatings containing GAG have been employed to improve cell adhesion and
proliferation [5,6].

Recently, there has been growing interest in the use of marine polysaccharides.
HE800 exopolysaccharides (EPS) is an unusual polysaccharide produced by the deep-sea hydrothermal
bacterium Vibrio diabolicus [7]. This linear non-sulfated acidic polysaccharide is composed of a
tetrasaccharide repeating unit containing N-acetyl-glucosamine (GlcNAc), two glucuronic acid (GlcA),
and N-acetyl-galactosamine (GalNAc) residues [8]. HE800 EPS structure, which presents structural
similarities to the GAG hyaluronic acid, confers to the EPS GAG-like properties. Native EPS of
high-molecular weight (HMW) was shown to enhance in vivo bone regeneration [9] and stimulate
collagen structuring by fibroblasts in reconstructed dermis [10]. GY785 EPS is a highly branched
acidic heteropolysaccharide excreted by the deep-sea hydrothermal bacterium Alteromonas infernus [7].
This naturally slightly sulfated polysaccharide is composed of a nonasaccharide repeating unit with
the main chain containing glucose (Glc), galacturonic acid (GalA), and galactose (Gal) residues.
A short side chain constituted of two GlcA, Gal, and Glc is attached to a GalA residue of the
main chain, bearing also a sulfate group [11]. Native HMW GY785 EPS and its low-molecular
weight (LMW) chemically sulfated derivatives possess anti-coagulant [12] and anti-metastatic [13]
properties, and favor chondrogenic differentiation of mesenchymal stem cells [14,15]. In summary,
these EPS derivatives can inhibit some processes involved in tissue breakdown and inflammation,
such as induction of matrix metalloproteases (MMP) by inflammatory cytokines (Interleukin-1β
(IL-1β) and Tumor Necrosis Factor-alpha (TNF-α)) and complement cascade [10,12–15]. They can
also promote in vitro cell proliferation and differentiation via major growth factors (Fibroblast
Growth Factor (FGF)-2, Vascular Endothelial Growth Factor (VEGF), and Transforming Growth Factor
(TGF)-β1) [11,13,14]. In similar way to heparin, EPS derivatives could also potentiate the osteogenic
activities of Bone Morphogenetic Protein-2 (BMP-2) by regulating the binding to its receptors [16]
or by exerting synergistic effects on osteoblasts combined with Wnt3 signaling protein involved in
several development processes [17]. In contrast, they inhibit osteoclastogenesis and bone resorption.
These derivatives play an important role in bone remodeling [18]. GAG-like properties of both EPS
could therefore be exploited in elaboration of coatings enhancing the formation of new bone tissue on
the implant surface.

In this study, Ti6Al4V samples were manufactured using an additive manufacturing method.
Additive manufacturing allows the production of 3D structures with precise external dimensions
and internal infrastructure, and can be used to fabricate a load-bearing implant with dimensions
and architecture specifically tailored to the needs of an individual patient. The samples were
subsequently coated with fibrils of collagen type I, both with and without derivatives of HE800
and GY785. The effect of the EPS derivatives on collagen fibril coating morphology and the attachment,
morphology, and vitality of osteoblast-like MG63 cells was investigated.
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2. Materials and Methods

2.1. HE800 and GY785 Exopolysaccharides (EPS) Production

Production and isolation of both EPS were previously described [7,19]. For HE800 and GY785 EPS
production, respectively, Vibrio diabolicus and Alteromonas infernus were cultured in Zobell medium
composed of 4 g/L of peptone, 1 g/L of yeast extract, and 33.3 g/L of aquarium salts at 25 ◦C and pH
7.4 in a fermenter containing 30 g/L of glucose, as a carbohydrate source. After 48 h of fermentation,
the culture media were centrifuged (9000 g, 45 min), and the supernatants containing soluble EPS were
ultrafiltrated on a 100 kDa cut-off membrane and freeze-dried.

2.2. Preparation of HE800 and GY785 EPS Derivatives

HE800 and GY785 derivatives were obtained by a free-radical depolymerization process using
hydrogen peroxide, as previously described [20,21].

2.3. Characterization of EPS Derivatives

The properties of the EPS derivatives are shown in Table 1.

Table 1. Osidic composition (wt%), sulfur content, S (wt%), and weight-average molecular weight, Mw
(g/moL), of HE800 and GY785 derivatives.

Exopolysaccharides
(EPS) Derivative

Osidic Composition (wt%)
S (wt%)

Mw
(g/moL)

Gal Glc GalA GlcA GalNAc GlcNAc

HE800 derivative 0 0 0 19.8 10.6 10.8 0 280 000
GY785 derivative 19.2 16.8 6.9 9.3 0 0 3 240 000

2.3.1. Sugar Composition

Monosaccharide composition was determined according to the Kamerling et al. method [22],
modified by Montreuil et al. [23]. Samples were hydrolyzed with 3 M MeOH/HCl for 4 h at 100 ◦C.
Myo-inositol was used as an internal standard. The methyl glycosides obtained were then converted
to trimethylsilyl derivatives with N,O-bis(trimethylsilyl)trifluoroacetamide and trimethylchlorosilane
(BSTFA:TMCS) 99:1 (Merck). Gas Chromatography-Flame Ionisation Detector (GC-FID, Agilent
Technologies 6890N, Santa Clara, CA, USA) was used to separate and quantify the per-O-trimethylsilyl
methyl glycosides formed.

2.3.2. Molecular Weight

High-performance size-exclusion chromatography (HPSEC, Prominence, Shimadzu Co, Kyoto,
Japan) coupled with multiangle light scattering (MALS, Dawn Heleos-II, Wyatt Technology,
Santa Barbara, CA, USA) and differential refractive index (RI, Optilab, Wyatt technology) detectors
was used to determine the weight-average molecular weight of the EPS derivatives. A refractive index
increment dn/dc of 0.145 mL/g was applied to calculate the molecular weight.

2.3.3. Sulfate Content

Sulfate content in the samples was quantified by high-performance anion-exchange
chromatography (HPAEC) using a Dionex DX-500 (Dionex, Sunnyvale, CA, USA), as previously
described by Chopin et al. [20].

2.4. Atomic Force Microscopy (AFM): Sample Preparation and Imaging

HE800 and GY785 derivatives were firstly solubilized overnight at 1 mg/mL in water and
then diluted at 5 μg/mL in water. Two microliters of each diluted solution were deposited onto
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a freshly cleaved mica surface. Samples were then immediately dried under ambient conditions
before being imaged using a NanoWizard® atomic force microscope (AFM, JPK, Berlin, Germany)
in intermittent contact mode at room temperature. In this imaging mode, rectangular cantilevers
(Nanosensors NCL-W) with a spring constant of 40 N/m and a free resonance frequency of 165 kHz
were used. The AFM tips, with a radius curvature of ~10 nm, were cleaned by UV-ozone treatment
prior to AFM observation. JPK Data Processing software (JPK) was used for image processing and
length measurements.

2.5. Production of Ti6Al4V Discs and Coating with Collagen Fibrils

The research used Ti6Al4V disks of 2 cm diameter and 2 mm thick produced using an additive
manufacturing method (Electron Beam Melting, EBM) on an ARCAM EBM A2 (Arcam AB, Mölndal,
Sweden) machine using the set of process parameters provided by the machine manufacturer,
as described earlier [24].

Collagen fibril layers were formed by forming collagen hydrogels from acidic collagen solution,
using the method of Karamachos et al. [25], on the surface of Ti6Al4V discs, as described in previous
work [26]. The compositions of the hydrogels are shown in Table 2.

Table 2. The composition of the hydrogels produced. MEM–Minimum Essential Medium, ddH2O–
double-deionized water.

Components Volume, μL

Collagen Type I (4 mg/mL) 280
10× MEM 40

HE800/GY785 derivative (5 mg/mL ddH2O) or ddH2O 80
1 M NaOH solution ~30

In brief, hydrogels were produced by mixing sterile solutions of collagen type I (BD Biosciences
354231, 4 mg/mL, San Jose, CA, USA), 10× Eagle’s Minimum Essential Medium (MEM)
(M0275, Sigma–Aldrich, Saint Louis, MO, USA), and EPS derivative solution (5 mg/mL) (or ddH2O
for control samples). Neutralization was performed by adding 2 μL increments of sterile-filtered 1 M
sodium hydroxide solution until the color of the solution changed to purple (Figure S1). The purple
solution was spread evenly on pre-autoclaved Ti6Al4V discs, and hydrogel formation took place at
room temperature under sterile conditions for 2.5 h. Hydrogels were then removed from the surfaces
of discs. Discs were rinsed three times in sterile double-deionized water (ddH2O) and then dried
under sterile conditions in a laminar flow hood, as described previously [27].

2.6. Scanning Electron Microscopy (SEM) of Ti6Al4V Discs Coated with Collagen Fibrils and EPS Derivatives

Scanning electron microscopy (SEM) was performed with a JEOL (JEOL Ltd., Tokyo, Japan) in
secondary electron mode at an acceleration voltage of 5 keV. Prior to SEM analysis, Ti6Al4V discs were
coated with a thin layer of gold. Samples were dried prior to gold coating under sterile conditions in a
laminar flow hood (see Section 2.5).

2.7. Cell Biological Characterization of Ti6Al4V Discs Coated with Collagen Fibrils and EPS Derivatives

2.7.1. Cell Culture and Cell Seeding

The human osteosarcoma cell line MG-63 American type culture collection (ATCC) was routinely
cultured in Dulbecco’s Modified Eagle Medium (DMEM) supplemented with 10% foetal bovine
serum (FBS) and 1% penicillin/streptomycin. Cells were incubated at 37 ◦C in a humidified 5% CO2

environment until cultures reached 70–80% confluence. Following trypsinization, the trypan-blue
exclusion assay was used to determine % viability prior to cell seeding. For all cell viability experiments,
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cells were resuspended in phenol-free media before a total of 3 × 104 cells were seeded on to Ti6Al4V
alloy discs with or without collagen or collagen-EPS derivative coatings.

2.7.2. Cell Viability

To assess whether cells were able to attach and proliferate on Ti6Al4V alloy discs with and without
collagen or collagen-EPS derivative coatings, the Presto-Blue cell viability assay was performed after
cells were incubated on Ti6Al4V samples for 1, 4, and 7 days. Live/Dead imaging was performed
after 7 days. Prior to both procedures, cell seeded Ti6Al4V alloy discs were washed with Dulbecco’s
phosphate buffered saline (DPBS) twice. The Presto-Blue cell viability reagent (ThermoFisher Scientific,
Waltham, MA, USA) was diluted 1 in 10 in phenol-free DMEM before 1.5 ml was incubated with each
sample for 4 h. The fluorescent signal of a 200 μL aliquot was read using an excitation of 560 nm and
an emission of 590 nm. Diluted PrestoBlue reagent in the absence of cells or Ti6Al4V samples was used
to measure background fluorescence which was subtracted from samples containing cells. In addition,
PrestoBlue reagent was also incubated with Ti6Al4V alloy discs lacking cells to determine whether the
samples interfered with the assay.

For Live/Dead imaging, cell-seeded Ti6Al4V alloy discs were incubated in DPBS containing
1 μg/mL Hoechst, 2 μM calcein-AM, and 4 μM ethidium homodimer-I for 30 min at room temperature.
Individual fluorescent images were taken on an Axio Scope A1 LED microscope (Zeiss, Jena, Germany)
and enhanced using ImageJ software.

3. Results

The results of SEM analysis are shown in Figure 1. The results demonstrated the formation
of collagen fibril coatings on Ti6Al4V surfaces. Fibrils exhibited a banding morphology typical for
collagen. It appeared that the presence of anionic EPS derivatives increased the diameter of collagen
fibrils, but this cannot be concluded conclusively from the SEM data. On surfaces coated with fibrils
formed in the presence of both EPS derivatives, short “threads” were observed associated with fibrils.
Such threads were absent in samples coated with pure collagen fibrils.

 
Figure 1. Scanning electron microscope (SEM) images of collagen fibril coatings on Ti6Al4V. (a) Bare
Ti6Al4V; (b) collagen coating; (c) collagen + GY875 derivative coating; (d) collagen + HE800 derivative
coating. Scale bars: (a) 100 nm; (b) 100 nm; (c) 1 μm; (d) 100 nm. Representative white “threads” on
(c,d) have been indicated by the red circles.
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The results of AFM analysis of dried, highly-diluted EPS derivative solutions are shown in
Figure 2. The AFM images revealed that HE800 derivative formed threads of 702 ± 164 nm (N = 50)
in length, which remained inter-connected due most likely to non-covalent interactions, such as
water-mediated hydrogen bonds, van der Waals forces, and/or electrostatic interactions between
anionic polysaccharide chains and residual ions remaining in the sample (Figure 2a). In contrast to
HE800 derivative, GY785 derivative was present as short individual threads of 119 ± 31 nm in length
(N = 80) (Figure 2b).

Figure 2. Atomic force microscope (AFM) images of dried, highly-diluted exopolysaccharides (EPS)
solutions. (a) HE800 derivative (1.7 μm × 1.7 μm) and (b) GY785 derivative (2.5 μm × 2.5 μm).

The results of cell viability studies are shown in Figure 3. Values appeared to be similar after 1, 4,
and 7 days of culture on all sample types, regardless of the surface on which they were cultured.

Figure 3. Proliferation assay of MG63 cells on Ti6Al4V samples after 1, 4, and 7 days. Error bars
indicate standard deviation. Control: tissue culture polystyrene; H: collagen + HE800 derivative; K:
bare Ti6Al4V; EY: collagen + GY875 derivative.

The results of Live/Dead staining and fluorescence microscopy are shown in Figure 4. Cells on
all sample groups exhibited a spread morphology, which is characteristic for good adhesion. Nearly
all cells appeared viable. Only a few dead, red-stained cells were observed.
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Figure 4. Fluorescence microscopy imaging of MG63 cells on Ti6Al4V samples after 7 days. Control:
bare Ti6Al4V; blue: Hoechst staining; green: calcein-AM staining; red; Ethd-1 staining. (A) Images
taken in widefield; (B) images taken at 5× magnification (with channels split). Scale bars: (A) 200 μm;
(B) 50 μm.

4. Discussion

In this study, SEM analysis (Figure 1) demonstrated the formation of collagen fibril coatings on
Ti6Al4V surfaces. It appeared that the presence of anionic EPS derivatives increased the thickness of
collagen fibrils, but this cannot be concluded conclusively from the SEM data. No definite influence of
EPS derivatives on banding morphology was observed.

It was previously shown that the addition of the native HMW HE800 EPS during collagenous
matrix remodeling increased the formation of D-periodic striated collagen fibrils [10]. In other previous
studies, formation of fibrillar collagen in the presence of anionic polysaccharides, such as alginate
or GAG (e.g., heparin and hyaluronic acid), has been reported [28–30]. The kinetics of collagen
self-assembly and the fibril thickness were highly affected by the nature of the polysaccharide due
to electrostatic interactions between negatively charged polysaccharides and positively charged
regions on collagen. Different authors have reported that polysaccharides influence the thickness
of collagen fibrils. For example, the presence of alginate led to an increase in collagen fibers [30].
However, other authors have reported that other polysaccharides, such as GAG, decrease fibril
thickness. Addition of the GAG chrondroitin sulfate reduced the thickness of fibrils of collagen types I
and II in previous work [6]. Sulfated hyaluronic acid led to a decrease in collagen fibril diameter [28].

AFM analysis of dried, highly-diluted EPS derivative solutions (Figure 2) revealed the formation
of “threads” which are in a similar size range to the threads observed on SEM images (Figure 1).
On both SEM and AFM images revealed that HE800 derivative formed longer threads than GY785
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derivative. The threads were present at different points on the fibrils. In other words, threads did
not appear to associate preferentially with any region of the fibril. It is not clear, from the results
of this study, whether formation of the threads takes place prior to or after EPS derivatives bind to
the surface of fibrils. The nature of the bonding between EPS derivatives and fibrils in this study is
not clear. Non-covalent interactions, such as water-mediated hydrogen bonds, van der Waals forces,
or electrostatic interactions between anionic polysaccharide chains and positive charges on the surface
of the fibrils, can be expected to play a role.

In this study, no obvious advantage of the collagen fibril coating nor the presence of EPS
derivatives on cell viability and morphology was demonstrated (Figures 3 and 4). We decided to use
the PrestoBlue cell viability reagent and Live/Dead staining, which have been used in hundreds of
published studies to-date. The use of microscopy and Presto Blue has some limitations. We considered
performing flow cytometry, but decided against it, because it would require cells to be removed
from the EPS/collagen coated TiAl6V discs. Trypsinisation of cells where collagen is present could
reduce the number of cells collected due to non-specific cleavage of proteins. In addition, increasing
incubation times with trypsin may reduce cell viability.

It was previously shown that the addition of the native HMW HE800 EPS promoted human
dermal fibroblast migration and proliferation [10]. Native HE800 and GY785 both promoted attachment
of osteoblast and chondrocyte cell lines in previous work [31]. The derivatives used in this study are of
smaller molecular weight. It has been reported that biological activity of polysaccharides, such as their
effect on cell proliferation, can be affected by molecular weight [32].

Further work should focus on the use of primary cells, which may be more sensitive to differences
in coating structure than cell lines. Osteogenic differentiation should also be investigated. From the
point of view of physicochemical characterization of the coatings, it would be desirable to develop
a technique to detect and quantify EPS chemically. There may be differences in coating thicknesses
that might influence the results. Hence, it would be desirable to develop a technique to determine
coating thickness.

5. Conclusions

Collagen fibril layers were formed successfully on Ti6Al4V discs produced by rapid prototyping.
EPS derivatives were found associated with the fibrils on the coatings. Coatings did not markedly
influence the attachment, morphology, and vitality of MG63 osteoblast-like cells cultured on the
Ti6Al4V discs.
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Figure S1: Hydrogels formed by neutralization of acidic collagen solution containing exopolysaccharides (EPS).
Left: hydrogel containing GY785; middle: hydrogel containing HE800; right: hydrogel without EPS.
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Abstract: Multilayer capsules templated on decomposable vaterite CaCO3 crystals are widely
used as vehicles for drug delivery. The capsule represents typically not a hollow but matrix-like
structure due to polymer diffusion into the porous crystals during multilayer deposition. The capsule
formation mechanism is not well-studied but its understanding is crucial to tune capsule structure
for a proper drug release performance. This study proposes new approach to noninvasively probe
and adjust internal capsule structure. Polymer capsules made of poly(styrene-sulfonate) (PSS)
and poly(diallyldimethylammonium chloride) (PDAD) have been stained with fluorescence dye
rhodamine 6G. Physical-chemical aspects of intermolecular interactions required to validate the
approach and adjust capsule structure are addressed. The capsules consist of a defined shell (typically
0.5–2 μm) and an internal matrix of PSS-PDAD complex (typically 10–40% of a total capsule volume).
An increase of ionic strength and polymer deposition time leads to the thickening of the capsule shell
and formation of a denser internal matrix, respectively. This is explained by effects of a polymer
conformation and limitations in polymer diffusion through the crystal pores. We believe that the
design of the capsules with desired internal structure will allow achieving effective encapsulation
and controlled/programmed release of bioactives for advanced drug delivery applications.

Keywords: layer-by-layer; self-assembly; mesoporous; calcium carbonate; fluorescence

1. Introduction

The layer-by-layer (LbL) assembly of oppositely charges polyelectrolytes is a simple but powerful
method allowing the design of multilayer polymer architectures [1–4]. Typically, this method assumes
the alternating polymer deposition on core materials which can be either flat surfaces [5,6] or
3D structures [2–4]. The LbL coating of sacrificial 3D templates (cores) such as polystyrene [7,8],
melamine formaldehyde [9,10], manganese carbonate [10], and calcium carbonate particles [1,11,12],
includes further removal of the colloidal cores and subsequent formation of the multilayer capsules.
Such capsules have a polymer shell and inner cavity that may be loaded with various kinds
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of therapeutic molecules including hydrophilic and hydrophobic low-molecular weight drugs,
(bio)polymers, proteins and enzymes, hormones, and DNA [13].

The major advantages and the key properties of the vaterite calcium carbonate crystals are
(i) highly developed mesoporous internal structure that offers a large surface for encapsulation of
molecules of interest; (ii) decomposition of these cores at mild conditions using slightly acidic solvents
or chelating agents (e.g., EDTA and citric acid), and (iii) simple, reproducible, and inexpensive
method of crystal synthesis in lab [13]. The capsules templated on the CaCO3 cores have been
successfully applied for various biomedical applications including intracellular and extracellular drug
delivery [14,15] and medical diagnostics [16]. A number of recent works on CaCO3 templated capsules
is devoted to the investigation of drug release performance of the capsules [17–21]. Different release
behavior for the capsules of identical composition but templated on the cores of different nature
(MnCO3 and melamine formaldehyde) revealed that the capsules prepared using different core
materials can be either hollow or filled with an internal polymer matrix present into the capsule
lumen [10]. This depends on the porosity of the cores and ability of polymers to diffuse into the core.

Hollow capsules consist of semipermeable shells and empty internal cavity that can be filled with
encapsulated molecules. The release from such structures is usually limited by the diffusion across
the capsule shell. Instead, matrix-type capsules are filled with a polymer network that can host and
restrain encapsulated molecules and therefore to govern the release of the molecules [22,23].

Modern methods used for the investigation of the internal structure of the capsules are usually
based on imaging technologies and include characterization of capsule mechanical properties using
atomic force microscopy (AFM) [24]; capsule structure using scanning electron microscopy (SEM)
including cryo-SEM [25] and environmental SEM [26] to analyze fully hydrated and chemically
unmodified state of the capsules. However, these methods can be destructive or require drying of the
capsules. Some additional information can also be obtained by probing the capsule permeability using
fluorescent recovery after photobleaching [27].

Herein, we investigate the internal structure of CaCO3-templated multilayer capsules
composed from model synthetic well-studied polymers poly(styrene-sulfonate) and
poly(diallyldimethylammonium chloride) or PSS/PDAD for short. Deposition of PSS/PDAD
multilayers onto the cores of different nature, e.g., polystyrene [28], melamine formaldehyde [29],
calcium phosphate [30], and vaterite particles [31] is widely used for the fabrication of multilayer
PSS/PDAD capsules. Both PDAD and PSS polymers are synthetic; although they may not be easily
biodegradable in blood compositions, these polymers possess negligible cell toxicity when used in
low concentrations suitable for a wide range of biomedical applications. For instance, quantum dots
protected by a layer of PDAD have been shown to have low toxicity and are used for the cell analysis
detection and imaging [32]. Gold nanorods coated with either PSS/PDAD or single PDAD layer have
also negligible effects on cell functions and viability [33]. It also has been reported that PSS/PDAD
nanocapsules do not change the cell culture metabolic conditions as was probed using breast cancer
cells [34].

We present a new approach to identify the capsule structure that is based on the postloading
of preformed capsules with the fluorescent dye, rhodamine 6G (R6G). We focus on analysis of
interpolymer PSS-PDAD interaction and the interactions of the polymers with the dye. This is
investigated via fluorescence characteristics of the dye in the presence of polymers and their complexes.
A way to tune the capsule internal structure by variation of the capsule preparation conditions such as
ionic strength and polymer deposition time is considered. We hope that in future this study will allow
preprogramming the release profile for drug delivery and other biological applications based on the
utilization of the CaCO3-templated capsules.

2. Materials and Methods

Calcium chloride dehydrate (CaCl2·2H2O), sodium carbonate (Na2CO3), sodium chloride (NaCl),
poly(styrene-sulfonate) (PSS, average MW 70 kDa), poly(diallyldimethylammonium chloride) (PDAD,
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molecular weight 200–350 kDa), rhodamine 6G (R6G), and ethylenediaminetetraacetic acid sodium
salt (EDTA) were purchased from Sigma-Aldrich (Seelze, Germany). All chemicals were used without
further purification. TRIS-buffered saline (TBS, 10X), pH 7.4 (J60764), contained 250 mM TRIS, 27 mM
potassium chloride, and 1.37 M sodium chloride, was from Alfa Aesar (Heysham, UK). Stock TRIS
buffer solution was diluted 10 times for the experiments. All solutions were prepared using Millipore
water having a resistivity higher than 18.2 MΩ·cm.

2.1. Fabrication of CaCO3 Vaterite Crystals

CaCO3 crystals were synthesized as described with the slight modifications [35]. A 0.33 M solution
of Na2CO3 in water was added to the equal volume of 0.33 M CaCl2 in water and agitated at 650 rpm
for 30 s. After mixing the solution was left to crystallize for 10 min. For the washing, the suspension of
the crystals was centrifuged at 1000× g for 3 min and supernatant was removed. CaCO3 was then
washed by resuspension in water followed by re-centrifuging and supernatant extraction. The crystals
were dried in the oven preheated at 70 ◦C for 1–2 h.

2.2. LbL-Based PSS/PDAD Capsule Formation

Dry CaCO3 crystals (10 mg) were suspended in 0.5 mL of NaCl of differing concentration (0.05 M,
0.3 M, and 0.1 M). Once suspended in solution, 1 mL of 2 mg·mL−1 PSS (dissolved in the NaCl
solution with respective concentration 0.05 M, 0.3 M, or 0.1 M) was added to the suspension of calcium
carbonate cores. The cores were incubated and shaken in this mixture for 3 min, 10 min or 20 min
following by centrifugation at 1000× g for 3 min. The supernatant was then removed and the particles
were washed twice with 1.5 mL of NaCl solution with respective concentration, re-suspended and
centrifuged under the same conditions. For addition of the second polymer layer, PDAD, the same
process as for the PSS layer was sequentially repeated. The capsules with n = 1 to 6 number of layers
have been fabricated. Crystals coated with polyelectrolyte layers have been analyzed at the same day
as multilayers have been prepared.

CaCO3 cores has been removed by dissolution in 0.2 M EDTA (with the pH adjusted to 7.4) prior
to the loading with R6G and further analysis.

2.3. Postloading of PSS/PDAD Capsules

Suspension of the capsules containing approximately 103–104 capsules (estimated based on the
average capsule size and assuming the 100% yield for both core fabrication and capsule formation)
was incubated with R6G (final concentration 0.1–8 μM) for 30 min and the imaging of the capsules has
been performed directly in the presence of R6G in the supernatant.

2.4. Fluorescence Microscopy

Analysis of the microparticles prepared in this study was carried out using fluorescence
microscopy (EVOS FL, Thermo Fisher Scientific, Waltham, MA, USA). The imaging was performed by
keeping imaging parameters (acquisition time, laser power, magnification) constant. The excitation
wavelength used was 530 nm.

2.5. R6G Binding to PSS, PDAD and Their Complex in the Solution

For the first set of experiments, aqueous solution of R6G was rapidly added to water or PSS or
PDAD dissolved in water. Final concentration of R6G varied in the range of 0.2 to 2 mM while polymer
concentration was fixed at 0.10 mg·mL−1 for PSS and 0.08 mg·mL−1 for PDAD. For the second set
of experiments, 0.5 mM·R6G was rapidly added to pre-formed PSS/PDAD complex (mass ratio 1:1,
PSS concentration 0.04–0.2 mg·mL−1 or different mass ratios for 0.1 mg·mL−1 PSS). After intensive
shaking for 1 min, all samples have been filtrated using Amicon Ultra-0.5 with ultracel-3 Membrane
(Merck Millipore, Darmstadt, Germany) with a threshold of 3 kDa by centrifugation at 15,000× g
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for 20 min. The supernatants were collected and transferred to 25 mM TRIS buffer solution pH
7.4 containing 137 mM NaCl for the measurements. Absorbance spectra have been recorded from
2 μL drops of non-diluted samples using NanoDrop One Microvolume UV–Vis Spectrophotometer
(Thermo Fisher Scientific). Measurements were performed in triplicates.

2.6. Characterization of the Crystals and Microcapsules

Analysis of the morphology of vaterite crystals microcapsules prepared in this study was carried
out using scanning electron microscopy (SEM, Zeiss DSM 40, Goettingen, Germany). CaCO3 crystals
and (PSS/PDAD)2PSS capsules were dried and analyzed by light optical microscopy (EVOS FL,
Thermo Fisher Scientific) on the same day.

3. Results and Discussion

3.1. CaCO3 Templates: Internal Structure

Vaterite microcrystals were obtained by conventional method of mixing equimolar solutions of
CaCl2 and Na2CO3. According to SEM images (Figure 1a), dried crystals had spherical shape with
a diameter of 8.6 ± 3.5 μm (n = 50). The pore size in the microspheres prepared by similar procedure
has previously been reported [36] and was found to be in the range of 5 to 40 nm. The crystals
have highly developed internal structure having total surface area of about 10 m2·g−1 [37]. Herein,
porous internal structure of vaterite crystals is evidenced by the SEM imaging of the broken crystals
(Figure 1b). The channel-like structure of interconnected pores inside CaCO3 crystals allows them to
host an enormous amount of encapsulates or, in the same way, to fill the crystals with a polymeric
matrix [31,38–40].

Figure 1. SEM images of CaCO3 vaterite crystals (a) demonstrating internal structure of the broken
crystal (b).

3.2. Formation of PSS/PDAD Capsules

The well-investigated polyelectrolyte pair of PSS and PDAD (Figure 2) has been used to prepare
multilayer capsules. For all the experiments, PSS has been used as a first layer. Sequential polymer
deposition has been followed by the dissolution of CaCO3 core by the addition of 0.2 M EDTA.
Figure 3 shows the light transmittance images of CaCO3 crystals coated with (PSS/PDAD)2/PSS
multilayers during core dissolution in real time. The crystals of a larger size have been used for this
experiment for the purpose of better visualization.

80



Micromachines 2018, 9, 547

Figure 2. Chemical formulae of R6G and polyelectrolytes (poly(styrene-sulfonate) (PSS),
poly(diallyldimethylammonium chloride) (PDAD)) used in this study.

Figure 3. (a) Optical images of capsule formation via addition of 0.2M EDTA solution to CaCO3 crystals
coated with (PSS/PDAD)2/PSS multilayers. The images follow a chronological order from 1 to 4 with
30 s interval and (b) optical image of dried (PSS/PDAD)2/PSS capsules.

First, we focused on capsule stability and an internal structure. The investigation of the stability
of the crystals coated with different number of PSS/PDAD layers allowed us to reveal the optimal
conditions for the formation of the microcapsules (Figure 4). It is known that storage of the vaterite
crystals in water for long time (overnight or more) results in recrystallization of vaterite to more
stable calcite polymorph [41]. Calcite crystals have typical cubic shape that allows to easy distinguish
them from spherical vaterite crystals. Uncoated vaterite crystals undergo complete recrystallization to
calcite while stored overnight (Figure 4b,c). We found that the degree of recrystallization of vaterite
crystals significantly dropped down for three or more deposited polymer layers (Figure 4a). This can
be explained by stabilization of the crystals coated with multilayers, similar effect was observed for
capsules made of PSS and poly(allylamine hydrochloride (PAH) [42].

Figure 3b shows more detailed morphology of (PSS/PDAD)2/PSS capsules. Apparently,
the capsules have a relatively smooth morphology since the capsules appear rather uniform and
flat upon drying. Despite visual flattening, the capsules are usually not hollow inside but have
a polymer complex in the internal lumen due to permeation of polymers through crystal pores during
the LbL coating procedure [1,2]. The complex can affect capsule properties.

An increase of the number of layers (from three to six) led to the strengthening of the capsule shell
that resulted in less prominent capsule shrinkage during core dissolution (Figure 4d). The shrinkage
takes place due to annealing the polymer structure into the formed capsules. This annealing is driven
by closure of some voids between polymers in order to create more ionic pairs in the polymer complex.
As an example, images of CaCO3 crystals coated with three polymer layers before and after addition
of 0.2 M EDTA are shown in Figure 4e,f. The more layers deposited, the more pronounced is the
shrinkage (Figure 4d); most probably this can be explained by the following. There is more filling the
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pores with polymer complex for higher numbers of deposited layers. The polymer complex restricts
physically the shrinkage of the capsules. The effect of the shrinkage can be completely eliminated for
the capsules formed by more than five layers, however, in this case the dissolution of the core required
significantly longer time (Figure 4d). Altogether, these results suggest that the optimal PSS/PDAD
capsules templated on the CaCO3 cores are assembled from four or five layers.

Interestingly, CaCO3-templated PSS/PDAD capsules appear to possess better mechanical stability
compared to those templated on other cores, e.g., melamine formaldehyde [38]. It is also of note
that PSS/PDAD capsules prepared in this study were not prone to the swelling as it was previously
demonstrated for PSS/PDAD melamine formaldehyde-templated capsules of a similar size [39].
This can be explained by low osmotic pressure generated inside the capsules during the core dissolution
step because of a quick release of ions of the dissolved CaCO3 core.

The results described above allow us to assume that the formed polymeric matrix inside CaCO3

template should remain its structure after the elimination of the core. However, the structure may be
affected by shrinkage which cannot be avoided, however, a small amount of shrinkage for capsules
with four and five layers can be accepted and an influence of the layer number can thus be studied.
Staining of the capsules with the dye having high affinity to one of the polymers used, i.e., PSS,
could help identify the distribution of polymers within the capsule interior. This approach will be
further used. It is noninvasive and is based on binding of a fluorescent probe R6G (Figure 2) to free
permanent charges on the PSS backbone. Such an approach first requires a quantitative analysis of PSS
interaction with the fluorescent dye. These issues are further considered in the next two sections.

Figure 4. (a) Degree of the recrystallization as a percentage of calcite crystals for CaCO3 vaterite crystals
coated with different number of PSS/PDAD layers after storage in TRIS buffer overnight. Error bars
are standard deviations (SD) for n = 3 samples. (b,c): Optical images of freshly prepared uncoated
CaCO3 crystals (b) and these crystals stored in TRIS buffer overnight (c). (d) Time required for the
dissolution of CaCO3 core by the addition of 0.2 M EDTA and degree of the shrinkage of PSS/PDAD
capsules composed of different number of layers. Error bars are SD (calculated for at least 10 capsules).
(e,f): CaCO3 crystals coated with (PSS/PDAD)/PSS layers before (e) and after 5 min of incubation with
0.2 M EDTA (f). Scale bars are 10 μm.

3.3. Fluorescence of R6G in the Presence of PSS and PDAD

One of the most common and well-studied fluorescent dyes, R6G (Figure 2), has been chosen
here as a marker to understand the polymer distribution inside the polymer capsules. R6G is known
to have high affinity to PSS due to hydrophobic interactions as well as ionic contacts between R6G
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and PSS. Besides this, the R6G molecule has a small size (MW 442) and a high diffusion coefficient of
~4.3 × 10−10 m2·s−1 [43] that eliminates diffusional limitations and allows the post-loading of capsules
with this dye. This made R6G an ideal candidate for the task above.

Prior to the investigation of the interaction of R6G with the polymer complex, the molecular
complexes of R6G with both capsule components, PSS and PDAD, have been formed and studied.

Figure 5a shows the spectra of free R6G and its complexes with PDAD and PSS: yellow, red,
and gray lines, respectively. Concentrations of 0.10 mg·mL−1 for PSS and 0.08 mg·mL−1 for PDAD
correspond to 0.5 mM of polymer monomer units (MW of the monomers is 206 for sodium salt of
PSS and 162 for PDAD). This allowed the formation of equimolar complex of 0.5 mM R6G with both
polymers. The measurements were performed in TRIS buffer solution pH 7.4 containing 137 mM
NaCl, the same medium as used for capsule fabrication. The wavelengths for maximum adsorption
of a monomer and a dimer were found to be 533 nm and 500 nm, respectively. This is insignificantly
lower than those values reported for R6G dissolved in water (526 nm for a monomer and 498 nm for
a dimer) [44] that may be explained by the use of TRIS-buffer in our study. The addition of PDAD
does not lead to any significant changes in R6G spectrum, while the strong attraction of R6G to PSS
backbone resulted in the shift of the whole absorbance spectra towards longer wavelengths and the
reversal of intensity for the monomer and dimer adsorption maxima. Further elimination of R6G
bound to PSS via ultracentrifugation allows retrieving the shape of initial R6G spectrum (Figure 5a,
black line).

Figure 5. (a) Absorbance spectra of R6G (i) in absence of polymers; (ii) in presence of PDAD; (iii) in
presence of PSS; and (iv) after incubation with PSS that was further removed by ultracentrifugation.
(b) Concentration dependence of 10 mM absorbance of freeR6G at 533 nm, R6G in presence of PDAD
and after incubation with PSS that was further removed by ultracentrifugation. Twenty-five millimolar
TRIS buffer solution pH 7.4 containing 137 mM NaCl was used as a solvent.

The linear dependence of R6G absorbance at its maximum on the dye concentration (Figure 5b)
was found for the range up to approximately 1 mM for both, free R6G and R6G in the presence of
PDAD. Further increase of R6G concentration is most likely associated with R6G self-quenching and
consequent deviation from the linear law [45]. Keeping in mind the shift of the maxima in the spectra
of R6G bound to PSS, the PSS-R6G complex was separated from free R6G by ultracentrifugation prior
to the measurements. In contrast to PDAD, the addition of PSS resulted in binding of all R6G molecules
for the concentration up to 1 mM. For the concentration of R6G higher than 1 mM, linear dependence
with the same slope as for free R6G has been constructed with linear coefficients 3.2 ± 0.4 for R6G/PSS
and 3.9 ± 0.3 for R6G (Figure 5b). This can be explained by the saturation of all PSS binding cites
by R6G at polymer:R6G molar ratio of approximately 1:2. Taking into account the reversal of the
monomer and dimer maxima observed for the R6G-PSS complex (Figure 5a), it can be assumed that
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the interaction of R6G with PSS leads to its dimerization. This is in agreement with previously reported
findings for R6G [46,47] and other dyes of a similar structure [48].

3.4. Interaction of R6G with PSS-PDAD Complex and Multilayers

One can assume that R6G and PDAD may compete for binding to the PSS molecule and therefore
the loading of PSS/PDAD multilayers with R6G may cause the weakening of interpolymer interaction
and affect the structure of multilayer capsules. In order to probe and compare the force of R6G-PSS
and PDAD-PSS interaction, firstly, R6G was added to pre-formed polymer complex of a varied
concentration (Figure 6a). The complex was formed at PSS:PDAD mass ratio of 1:1. Apparently,
the linear decrease of free R6G concentration in solution (R2 = 0.974) in the contact with polymer
complex can be explained by quantitative binding of R6G to free binding sites of PSS. Importantly,
it appears that R6G does not destroy or interpose the pre-formed PSS/PDAD complex which is
also evidenced by the linearity of the observed concentration curve (Figure 6a). For the second set
of experiments, the addition of R6G to PSS/PDAD complex, formed for different polymer ratios
(Figure 6a), also revealed linear dependence of the amount of bound R6G from the free binding sites of
PSS that reaches the saturation when all PSS binding sites are occupied by PDAD.

This obviously indicates the anchorage of R6G to free PSS binding sites. Importantly, it seems that
the equilibrium in in the interaction between R6G, PSS, and PDAD is shifted towards the formation of
the polyelectrolyte complex PSS-PDAD. Therefore, the addition of R6G to the pre-formed PDAD-PSS
complex does not lead to disintegration of the latest. This gives us the possibility to use R6G as
a marker for staining of PSS inside the PSS/PDAD multilayers.

In contrast to polymer complex, polyelectrolyte multilayers templated on vaterite cores consist of
unknown amount of polymers. Because of this, the concentration of R6G to be used for the staining of
the capsules required adjustment. Figure 6a shows the dependence of fluorescence signal accumulated
inside the capsules on the concentration of R6G solution in the contact with them. Similarly to R6G
interaction with polymer complex in solution, the increase of R6G concentration leads to the increase of
fluorescent signal accumulated in the capsules (Figure 6b). This is also accompanied by the increase of
background fluorescence. Rapid accumulation of fluorescence in the capsules is followed by the plateau
that corresponds to the region of saturation of the capsules with R6G. Herein that is also of worth
to note that self-quenching of R6G fluorescence is not likely at this concentration range (Figure 5b).
Based on these results, an R6G concentration of 8 μM has been chosen for further experiments.

Figure 6. (a) Concentration of free R6G in the solution after incubation with the PSS-PDAD
complex (the complex was further removed by ultracentrifugation) as a function of concentration of
PSS-PDAD complex (PSS:PDAD mass ratio 1:1)—blue axis—and as a function of PDAD:PSS mass
ratio (PSS concentration of 0.1 mg·mL−1)—red axis. (b) Cumulative fluorescence of the capsules
(black circles) and background fluorescence (empty circles) as a function of initial concentration of R6G
added to the suspension of (PSS/PDAD)2/PSS capsules. SD are given for n = 4.
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3.5. Imaging of the Internal Capsule Structure

Using the approach developed above, pre-formed PSS/PDAD multilayer capsules were
postloaded with R6G and their internal structure has been investigated via fluorescence imaging
as described in Figure 7. Capsules were characterized by (i) shell thickness calculated as a width at
half-peak height and (ii) capsule filled volume (red filled area). To estimate the latest, two fluorescence
peaks of the capsule shell were fitted with two Gaussian functions (gray line) and their total area was
subtracted from the total area under the profile and correlated with the maximum capsule volume
(yellow filled area).

Figure 7. (a) Fluorescence images of (PSS/PDAD)2/PSS capsules postloaded with R6G. (b) Typical
mathematical treatment of the fluorescence profile depicted as a white line in (a) and taken across
the capsule.

The effect of the last layer in polymer deposition sequence has further been studied to understand
the capsule formation mechanism. (PSS/PDAD)2 and (PSS/PDAD)2/PSS capsules have been
assembled on 15 ± 5 μm (n = 40) crystals and had the same size of 14 ± 2 μm (n = 40). The deposition of
PSS as the last layer resulted in the saturation of the whole capsule with PSS that is evidenced by more
than two times higher cumulative fluorescence of (PSS/PDAD)2/PSS capsules while compared with
(PSS/PDAD)2 (Figure 8a,b). Interestingly, this did not affect the overall distribution of PSS: the filled
volume was found to be (47 ± 1)% for (PSS/PDAD)2/PSS capsules and (46 ± 5)% for (PSS/PDAD)2

capsules prepared under the same conditions (Figure 8c). The only explanation can be that both
polymers can permeate inside the pores of the crystals and form a polymer matrix. At the same time,
up until five deposited layers, multiple polymer deposition of polymer molecules is accompanied by
their spontaneous redistribution between the capsule interior matrix and the capsule shell. More layers
deposited may create diffusion limitations that will reduce an increment in the densification of the
internal matrix and make the shell thicker.

Figure 9 shows the schematic structure of the capsules based on the results of the analysis of the
staining profiles. PSS/PDAD multilayers form the shell of the capsule and the internal matrix inside
the capsule. For the low filling of the capsule interior with polymeric matrix, the capsules are expected
to behave as a semipermeable barrier. In this case, the capsule can be assumed as a hollow sphere and
the shell of the capsule is supposed to play a role of a membrane that regulates transport and release
of encapsulated drugs. The synthesis and release kinetics studies for this type of capsules have been
reported, for instance, for chitosan/alginate CaCO3-templated capsules [49] or PAH/PSS capsules
templated on nanoporous anodic alumina [50]. On the other hand, the filling of the capsules with the
polymer leads to the formulation of filled (matrix-type) capsules. Matrix capsules are typically prone
to a different release mechanism that is mostly determined by the composition and internal molecular
structure of the matrix [22]. Some examples include poly(L-glutamic acid)/chitosan microcapsules
templated on melamine formaldehyde [51], chitosan/alginate capsules built up on liposomes [52],
or carrageenan/chitosan capsules deposited onto oil nanoemulsion droplets [53].
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Figure 8. Fluorescence images of (a) (PSS/PDAD)2/PSS and (b) (PSS/PDAD)2 capsules stained with
R6G under the same conditions. (c) Fluorescence profiles across the capsules show the distribution of
R6G (correspond to yellow lines in (a,b)).

Figure 9. The scheme of the structure of PSS/PDAD multilayer capsule stained with R6G. PSS and
PDAD molecules form internal matrix and the shell of the capsule. R6G binds to backbones of the
PSS molecules.

3.6. How to Adjust Capsule Internal Structure?

In order to better understand the mechanism of the formation of a polymer matrix in the capsule
and to evaluate factors that can affect the internal structure of the capsules, the effect of the preparation
conditions on the distribution of PSS inside the capsules was investigated.

First, the effect of ionic strength has been studied (Figure 10a,b). The increase of NaCl
concentration in the medium during capsule formation resulted in the thickening of the capsule
shell (Figure 10a) whereas the filled volume remained the same (Figure 10b). Previously it has been
shown that shell thickening leads to the deceleration of the drug release from core-shell polyelectrolyte
capsules [54,55].
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Figure 10. The influence of the ionic strength in the incubation media (a,b) and deposition time for
each polymer layer (c,d) on (PSS/PDAD)2/PSS capsule shell thickness and filled volume. Error bars
are SD for at least n = 3. * indicates statistical difference of the values (p < 0.95).

On the contrary, deposition time for each polymer step influences the amount of PSS loaded inside
vaterite templates (Figure 10d), while the thickness of the capsule wall is not affected (Figure 10c).
It seems that the increase of the deposition time allows PSS of the first deposition layer to diffuse deeper
inside the crystals and to form the polymer matrix. At the same time, the formation of PSS/PDAD
multilayers requires less time that the diffusion of PSS inside the core, therefore polyelectrolyte
complex is formed on the crystal surface at shorter times and the shell thickness is not affected by
variation of the deposition time. Formulation of a densely packed polyelectrolyte networks results in
reduction in the cumulative release rate due to strong electrostatic interactions as it has been shown
for liposome-templated capsules [53].

The combination of two approaches to vary capsule shell thickness and polymer filling ratio
presented in Figure 10 will further allow to control the structure of PSS/PDAD capsules. This is an
important step in the understanding of the mechanism of capsule formation and will help to tune
release profiles from drug-loaded capsules that is crucial for biomedical and clinical uses.

4. Conclusions

This study demonstrated development of novel approaches for the investigation of internal
structure of polyelectrolyte capsules based on nondestructive postloading with fluorescent probes.
The fabrication of PSS/PDAD capsules composed from different number of layers was described in
terms of capsule mechanical stability assessed by the degree of recrystallization of vaterite CaCO3 and
the changes of the capsule volume (the effect of shrinkage) during core elimination. The structure
of PSS/PDAD capsules templated onto vaterite CaCO3 crystals has been investigated. It was shown
that polymers partially penetrate in the internal pores of vaterite cores and are not liberated after core
removal forming internal matrix of the capsule.

The internal structure of PSS/PDAD capsules can easily be controlled by varying the conditions
of polymer deposition. The increase of ionic strength of surrounding medium during LbL deposition
results in the thickening of the capsule shell while the structure of internal PSS matrix remains
unaffected. On the other hand, the increase of the time of polymer deposition allows polymer
molecules to better fill in the internal pores of CaCO3 core and to form more polymer matrix in the
capsule after the core removal. This is not accompanied by any changes in the thickness of the capsule
wall. Taking together, these two approaches can be successfully applied to further tune the structure of
the capsules.
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The results of this study may open new perspectives to control and pre-program release rate
and profile that is essential for further utilization of multilayer capsules as drug delivery carriers.
In addition, this approach can be transferred to planar multilayers in order to better understand their
growth mechanism and transport through such highly charged systems [56]. This staining approach
can be used to adjust properties of the multilayers to be employed as mimics of the extracellular matrix
and as carriers for hosting bioactives and delivery of bioactives to cells as actively studied in our
laboratory [57–59].

Author Contributions: A.S.V. and D.V. conceived and designed the experiments; L.J., M.B., R.A., and A.S.V.
participated in the experimental design and performed the experiments; all authors contributed to data analysis;
D.V. contributed to funding acquisition, materials, and analysis tools; A.S.V. coordinated the work and wrote
the first paper draft. A.S.V. and D.V. were the supervisors. L.J and D.V. contributed to the writing of the
final manuscript.

Acknowledgments: The work was performed within the framework of the M.V. Lomonosov Moscow State
University state task, part 2 (government grant AAAA-A16-116052010081-5). This work was supported in part by
M.V., Lomonosov Moscow State University Program of Development. L.J. acknowledges Erasmus+ EU program
(project “Hollow and matrix-type capsules made of polymer multilayers for drug delivery”). A.V. thanks the
support from QR fund (NTU). The authors thank Kathryn Kroon for help with SEM imaging.

Conflicts of Interest: The authors declare no conflicts of interest.

References

1. Volodkin, D.V.; Larionova, N.I.; Sukhorukov, G.B. Protein encapsulation via porous CaCO3 microparticles
templating. Biomacromolecules 2004, 5, 1962–1972. [CrossRef] [PubMed]

2. Volodkin, D.V.; Petrov, A.I.; Prevot, M.; Sukhorukov, G.B. Matrix Polyelectrolyte Microcapsules: New System
for Macromolecule Encapsulation. Langmuir 2004, 20, 3398–3406. [CrossRef] [PubMed]

3. Johnston, A.P.; Cortez, C.; Angelatos, A.S.; Caruso, F. Layer-by-layer engineered capsules and their
applications. Curr. Opin. Colloid Interface Sci. 2006, 11, 203–209. [CrossRef]

4. Yu, W.; Chen, Y.; Mao, Z. Hollow Polyelectrolyte Microcapsules as Advanced Drug Delivery Carriers.
J. Nanosci. Nanotechnol. 2016, 16, 5435–5446. [CrossRef] [PubMed]

5. Volodkin, D.; von Klitzing, R.; Moehwald, H. Polyelectrolyte Multilayers: Towards Single Cell Studies.
Polymers 2014, 6, 1502–1527. [CrossRef]

6. Izumrudov, V.A.; Mussabayeva, B.K.; Murzagulova, K.B. Polyelectrolyte multilayers: Preparation and
applications. Russ. Chem. Rev. 2018, 87, 192–200. [CrossRef]

7. Caruso, R.A.; Susha, A.; Caruso, F. Multilayered Titania, Silica, and Laponite Nanoparticle Coatings on
Polystyrene Colloidal Templates and Resulting Inorganic Hollow Spheres. Chem. Mater. 2001, 13, 400–409.
[CrossRef]

8. Katagiri, K.; Shishijima, Y.; Koumoto, K.; Inumaru, K. Preparation of pH-Responsive Hollow Capsules
via Layer-by-Layer Assembly of Exfoliated Layered Double Hydroxide Nanosheets and Polyelectrolytes.
J. Nanosci. Nanotechnol. 2018, 18, 110–115. [CrossRef] [PubMed]

9. Skirtach, A.G.; de Geest, B.G.; Mamedov, A.; Antipov, A.A.; Kotov, N.A.; Sukhorukov, G.B.
Ultrasound stimulated release and catalysis using polyelectrolyte multilayer capsules. J. Mater. Chem.
2007, 17, 1050–1054. [CrossRef]

10. Sukhorukov, G.B.; Shchukin, D.G.; Dong, W.-F.; Möhwald, H.; Lulevich, V.V.; Vinogradova, O.I.
Comparative Analysis of Hollow and Filled Polyelectrolyte Microcapsules Templated on Melamine
Formaldehyde and Carbonate Cores. Macromol. Chem. Phys. 2004, 205, 530–535. [CrossRef]

11. Bukreeva, T.V.; Marchenko, I.V.; Parakhonskiy, B.V.; Grigor’ev, Y.V. Formation of silver nanoparticles on
shells of polyelectrolyte capsules using silver-mirror reaction. Colloid J 2009, 71, 596–602. [CrossRef]
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Abstract: Porous vaterite crystals of CaCO3 are extensively used for the fabrication of self-assembled
polymer-based microparticles (capsules, beads, etc.) utilized for drug delivery and controlled release.
The nature of the polymer used plays a crucial role and discovery of new perspective biopolymers
is essential to assemble microparticles with desired characteristics, such as biocompatibility,
drug loading efficiency/capacity, release rate, and stability. Glycoprotein mucin is tested here
as a good candidate to assemble the microparticles because of high charge due to sialic acids,
mucoadhesive properties, and a tendency to self-assemble, forming gels. Mucin loading into the
crystals via co-synthesis is twice as effective as via adsorption into preformed crystals. Desialylated
mucin has weaker binding to the crystals most probably due to electrostatic interactions between
sialic acids and calcium ions on the crystal surface. Improved loading of low-molecular-weight
inhibitor aprotinin into the mucin-containing crystals is demonstrated. Multilayer capsules
(mucin/protamine)3 have been made by the layer-by-layer self-assembly. Interestingly, the deposition
of single mucin layers (mucin/water)3 has also been proven, however, the capsules were unstable,
most probably due to additional (to hydrogen bonding) electrostatic interactions in the case of the
two polymers used. Finally, approaches to load biologically-active compounds (BACs) into the
mucin-containing microparticles are discussed.

Keywords: CaCO3; mucin; adsorption; co-synthesis; layer-by-layer; protamine; aprotinin

1. Introduction

The layer-by-layer (LbL) adsorption of oppositely-charged polymers (polyelectrolytes)
onto matrices of various nature are actively used for the immobilization of biologically-active
compounds (BACs) [1–4]. Bio-friendly loading of BACs into the vaterite CaCO3 crystals has been
shown to be effective for encapsulation of fragile BACs into polymer-based microparticles assembled
onto these sacrificial crystals [5–7]. The crystals coated by polymers can be eliminated in the presence of
chelating agents, such as EDTA (ethylenediaminetetraacetic acid) or citric acid, or at pH below neutral.

The following synthetic biopolymers have been utilized for the preparation of
biologically/medically-relevant microparticles: poly-L-lysine, poly-L-arginine, poly-L-glutamic
acid, and poly-L-aspartic acid [8]. Natural biopolymers and their derivatives have also been used:
sodium alginate, chitosan, pectin, gelatine, carrageenan, hyaluronic acid, chondroitin sulfate, dextran,
and cellulose [8]. In general, natural polypeptides and polysaccharides are weak polyelectrolytes
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and can adopt multiple conformations in response to changes in the solution pH and temperature.
The folding and unfolding of their chains is driven by a balance of a number of the internal interactions
(hydrogen bonds, hydrophobic, electrostatic, etc.), providing fascinating properties for microparticles
made of self-assembled natural biopolymers.

Nowadays one of the main research directions in microencapsulation through self-assembled
nano- and micro-particles is devoted to looking for new biopolymers providing the microparticles with
desired properties, such as biocompatibility, biodegradability, and mucoadhesiveness [9]. One of the
major challenges is to efficiently load and adjust a sustained release of BACs that are typically weakly
bound to polymer-based microparticles.

In the past decade an interest into mucins, mucoadhesive glycoproteins, has significantly
increased [10–15]. Mucins are the main components of mucous membranes in the gastrointestinal tract,
as well as nasal and oral mucous membranes. The mucins possess a function of a barrier for pathogens,
as well as drugs.

Mucins are large, extracellular glycoproteins with molecular weights ranging from 0.5 to
20 MDa. Membrane-bound and secreted mucins are both highly glycosylated [10]. They consist
of 80% carbohydrates: N-acetylgalactosamine, N-acetylglucosamine, fucose, galactose, and sialic acid
(N-acetylneuraminic acid), and traces of mannose and sulfate. The oligosaccharide chains are attached
to the hydroxyl side chains of serine and threonines in the protein core. They consist of 5–15 monomers,
exhibiting moderate branching. The protein core itself is arranged into distinct regions. The central
glycosylated region is comprised of multiple tandem repeats rich in serine, threonine, and proline
(STP repeats). At the amino and carboxy terminals, as well as between STP repeats, there are regions of
the second type with a small number of O-glycosylation and a few N-glycosylation sites. The content
of cysteine in these regions is more than 10% and it participates in disulfide bond formation with
subsequent dimerization and polymerization of the dimers to form multimers (Figure 1). Due to this
structure a number of various interactions are present in mucins including electrostatics, hydrophobic
interactions, and hydrogen bonding; these interactions largely define the properties of mucins [16].

Figure 1. Schematic structure of mucin glycoproteins and their potentially mucoadhesive elements.
More details can be found in [16].

Conformation of mucin is affected by pH and ionic strength [17]. Formation of self-assembled
aggregates and gels is typical for mucins and is driven by the formation of S–S bonds and the
interpenetration of the end glucose chains of mucin molecules [18] These processes, however, strongly
depend on the source of mucin, purity, pH, and ionic strength [11,12,19].

Adsorption of mucin onto various solid surfaces has been reported, for instance onto hydrophilic
and hydrophobic silica [20]. Elipsometry measurements have shown that adsorption is more
pronounced at hydrophobic surfaces giving 1.2 and 3.8 mg of mucin per m2 of the hydrophilic
and hydrophobic silica, respectively. Mucin can be strongly bound to 282 nm-sized nanoparticles
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of polystyrene resulting in 2.2 mg of mucin per one m2 of the nanoparticles [21]. After binding the
nanoparticles were coated with 4–6 nm layer of mucin and possessed hydrophilic properties.

The negative charge of mucin at neutral and alkaline pH is due to the presence of sialic acids
(pKa = 2.6) located on the ends of the chains of a polysaccharide backbone [11]. Mucins from various
sources have been employed to assemble multilayers using the following polycations: polyallylamine
hydrochloride, poly-L-lysine, polyethylenimine, methylcellulose, chitosan, and lactoperoxidases
(Mw 78 kDa, pI 8.3) [20–26]. The thickness of the formed multilayers depends on pH and ionic strength.

Conformation of mucin molecules depends of the concentration of calcium ions [27–30]. Ca2+ ions
have an effect on mucin aggregation, viscosity, and permeation of a mucous membrane for BACs
and nanoparticles [28]. It is also known that Ca2+ has a significant influence on the formation of
gallstones [27,31]. At the same time, to the best of our knowledge, there are no reports devoted to the
interaction between mucin and the vaterite CaCO3 crystals.

This work aims at the development of new approaches for BAC microencapsulation based on the
vaterite CaCO3 crystals and mucin. Here the mucin from the porcine stomach has been used for the
naturally-derived mucin widely employed for research [11,25]. The porcine gastric mucin has been
shown to be structurally related to human gastric mucin [32] and is, therefore, a decent substitute of
human gastric mucin because of its high availability and reduced number of ethical issues required for
the research. Moreover, mucins derived from a stomach have a tendency for gelation in acidic medium
which may be important in order to form polymer-based microparticles when the CaCO3 crystals are
eliminated in acidic medium. In order to test the applicability of mucin for the microencapsulation
we focus on the following important aspects of the encapsulation process: (i) development of simple
and robust analytical approaches (with no use of radiolabels and fluorescent probes) to determine
native mucin in the presence of crystal and BACs; (ii) assessment of mucin loading into the crystals
and multilayer capsules prepared based on mucin; and (iii) analysis of aprotinin (model BAC poorly
loaded into the crystals [33,34]) encapsulation into the crystals in the presence of mucin.

2. Materials and Methods

Anhydrous calcium chloride, ≥93.0% (C1016), anhydrous sodium carbonate Na2CO3, ≥99.0%
(S7795), commercial mucin from porcine stomach, Type III, (m1778), bound sialic acid 0.5–1.5%,
protamine from salmon, fluorescein isothiocyanate isomer 1 (FITC), 2,4,6-trinitrobenzenesulfonic
acid (TNBS), N-acetylneuraminic acid from Escherichia coli, ethylenediaminetetraacetic acid (EDTA),
aprotinin, N-benzoyl-L-arginine ethyl ester (BAEE), gel filtration molecular weight markers kit MW
12–200 kDa (Sigma-Aldrich, St. Louis, MO, USA); trypsin from bovine pancreas (Fluka, Dresden,
Germany); 5,5′-dithiobis(2-nitrobenzoic acid) (DTNB, Serva, Heidelberg, Germany); cysteine, >99.5%
(BioUltra Sigma-Aldrich, St. Louis, MO, USA); Sephadex G-200 (Pharmacia, Stockholm, Sweden) were
used. All chemicals for buffers were laboratory grade and purchased from Sigma–Aldrich (St. Louis,
MO, USA). Before use, mucin solutions were sonicated for 30 min using the ultrasonic bath (Elmasonic
S15H, Singen, Germany).

2.1. Analytical Determination of Mucin

The concentration of the glycoprotein mucin in solution was determined spectrophotometrically at
the wavelengths of 214 nm and 260 nm, as well as by Schiff’s method via measurements of adsorption
at 555 nm [35]. Analytical size exclusion chromatography in the Biofox 17 SEC 8 × 300 mm column
(Bio-Works, Uppsala, Sweden) has been used utilizing the Smartline chromatographic system (Knauer,
Berlin, Germany) in a solution of 0.15 M NaCl (Table S1). Preliminarily, the column was calibrated
using solutions of purified mucin with different concentrations (0.01–0.1 mg mL−1) and proteins
with different molecular weights (Figure S1, Table S1). A total of 0.2 mL of the mucin solution with
a concentrations of 0.01–1.0 mg mL−1 were used for the chromatography analysis at the elution rate of
0.5 mL min−1. Absorbance of the eluted solutions was measured using the UV detector at wavelengths
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of 214 nm and 260 nm. After that the maximum absorbance of the high-molecular weight fraction was
measured (the time of elution was 9.3–9.7 min).

2.2. Purification of Mucin via Chromatography

A total of 15–45 mL of the mucin solution (1–5 mg mL−1) was subjected to the column filled with
Sephadex G-200 (dimension 2.5 × 35 cm) using the chromatographic system Bio-Logic LP (Bio-Rad,
Hercules, CA, USA) in the solution of ammonia (pH of 9.0). The elution rate was 0.5 mL min−1,
collection time for one fraction of eluted solution 12 min. Absorbance was determined in the obtained
fractions at wavelengths of 214, 260, and 480 nm. The fractions containing mucin, as identified by
absorbance and specific determination by the Schiff’s method (wavelength 555 nm), were combined
and freeze-dried.

2.3. Synthesis of Mucin-FITC

Fifty milligrams of commercially available mucin was dissolved in 10 mL of 0.5 M carbonate
buffer with pH 9.0. One millilitre of FITC solution (1 mg mL−1) in dimethylformamide was added drop
by drop and the whole mixture was incubated for 24 h at 4 ◦C. The solution was chromatographed at
the column filled with Sephadex G-200, as described above (Figure S2). The molar modification degree
of the free amino groups in mucin-FITC was determined by titration with TNBS [36] and was found to
be 17 ± 2% relative to purified mucin.

2.4. Synthesis of Desialylated Mucin

Fifteen milligrams of commercially available mucin was dissolved in 50 mL of 0.01 M HCl and
incubated for 3 h at 80 ◦C. The solution was chromatographed at the column filled with Sephadex
G-200, as described above (Figure S3). The content of sialic acids, determined by Hess’s method [37]
using the calibration curve for N-acetylneuraminic acid, was found to be 2.30 ± 0.10, 1.80 ± 0.10,
and 0.41 ± 0.05% for commercial, purified, and desialylated mucin, respectively.

2.5. Mucin Loading into the CaCO3 Crystals by Adsorption

The CaCO3 crystals were formed according to the standard procedure [5] by mixing of equimolar
solutions of CaCl2 and Na2CO3. The formed crystals were washed twice with a pure water and dried
at 70 ◦C. Thirty milligrams of the dry CaCO3 crystals were mixed with 1.5 mL of 1 mg mL−1 mucin
solution. The suspension was agitated on a shaker for 30 min. The precipitate was separated by
centrifugation (2 min, 1000× g) followed by removal of the supernatant and washed twice with 1.5 mL
water. The content of mucin was analysed in the supernatant and the washing solutions.

Efficiency of mucin incorporation was calculated using the following equation:

η =
(c0 − ce)

c0

where η is efficiency of protein incorporation, and c0 and ce are the initial and equilibrium protein
concentrations, respectively (mg mL−1).

The amount of the loaded protein at equilibrium was calculated using the following equation:

qe =
(c0 − ce)·V

m

where qe is the adsorption capacity (mg g−1), c0 and ce are the initial and equilibrium protein
concentrations, respectively (mg mL−1); V is the volume (mL) of the protein solution; and m is
the mass (g) of CaCO3.

96



Micromachines 2018, 9, 307

2.6. Mucin and Aprotinin Loading into the CaCO3 Crystals by Co-Synthesis

Three millilitres of the solution containing 1.67 mg mL−1 mucin and/or 0.167 mg mL−1 aprotinin
were added to 1 mL of the solution 1 M CaCl2. The solution was stirred for 5 min (100 rpm), 1 mL of the
solution of 1M Na2CO3 was added and further stirred for an additional 45 s. Then the suspension was
incubated for 15 min. The precipitate was separated by centrifugation (2 min, 1000× g) and washed
twice with 5 mL of water. If necessary, the particles were dried. The mass of the precipitate was
determined, and the mass of CaCO3 was calculated assuming the complete process of crystallization
of the insoluble crystals. The concentrations of mucin were determined in the supernatant and
washing solutions and, if necessary, the activity of aprotinin was also determined. The concentration
of active aprotinin in the solutions was determined by inhibition of trypsin using BAEE substrate as
described in [34,38].

2.7. Preparation of Polyelectrolyte Microcapsules

The LbL deposition of either mucin (control experiment) or mucin and protamine (a pair of
polymers used) has been performed on the synthetized CaCO3 crystals containing glycoprotein mucin
preloaded by co-synthesis. In either case, the polymer concentration was 0.5 mg mL−1 and the crystals
concentration was 20 mg mL−1. The coated crystals were washed twice with water and their ζ-potential
was measured after each adsorption step. The CaCO3 matrix in the prepared particles coated with
three mucin-protamine bilayers was dissolved by dropwise addition of an equimolar amount of 0.2 M
EDTA (to solubilize all the crystals), and then the formed polyelectrolyte capsules were washed three
times with water. The content of mucin in the microcapsules was determined by the analysis of its
content in solutions obtained during the capsule preparation procedure.

2.8. Characterisation of the Crystals and Microcapsules

Analysis of microparticles prepared in this study was carried out using optical microscopy
(Carl Zeiss, Jena, Germany), scanning electron microscopy (SEM, Zeiss DSM 40, Jena, Germany),
and fluorescence microscopy (EVOS FL, Thermo Fisher Scientific, Waltham, MA, USA). Determination
of the hydrodynamic diameter of commercial mucin (0.1 mg mL−1) was carried out using DLS (Malvern
Zetasizer Nano ZS, Malvern, UK) and nanoparticle tracking analysis (NTA, Malvern NanoSight NS500,
Malvern, UK). A suspension of microparticles (0.5 mg mL−1), and solutions of 0.1 mg mL−1 mucin or
protamine were used for the analysis of the ζ-potential (ZP) using DLS.

3. Results and Discussion

3.1. Analysis of Mucin Purity via Permeation Gel Chromatography

The first step in this study was to develop an effective approach to determine mucin concentration
in alkaline media (pH 7–10) and in the presence of BAC such as proteins and peptides. This is necessary
because the CaCO3 crystals dispersed in water provide the alkaline pH due to hydrolysis of the CaCO3.

The classical way to determine mucin is based on Schiff’s method [35]. OH groups of mucin
are oxidised by periodic acid to aldehydes (Figure S4). Our results indicate that pH of the analysed
solution has a significant effect on the purple-violet colour of solutions (A555) obtained using this
staining method (Figure S5). Thus, this method has been found as not useful for the determination of
mucin concentration at alkaline pH.

A number of reports have identified some protein-based low-molecular-weight impurities in
commercial samples of mucin [11,13,15,39]. Absorbance spectra of mucin used in this study show the
presence of two well-defined peaks at 214 and 216 nm as shown in the Figure 2, line 1.
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Figure 2. Absorption spectra of commercial (black line 1) and purified (red line 2) 0.1 mg mL−1 mucin.

Analytical size exclusion chromatography has been employed for further analysis of commercial
mucin revealing the presence of two fractions: low- and high-molecular-weight fractions (Figure 3,
line 1). Only the high-molecular-weight fraction had absorption at both 214 and 260 nm and gave
a specific staining by Schiff’s method. Another fraction (6–30 kDa) significantly contributed to the
absorption at 260 nm is most probably the low-molecular-weight impurity of a protein nature.

Figure 3. Elution profiles registered at 214 (a) and 260 nm (b) by analytical exclusion chromatography
of commercial (black line 1) and purified (red line 2) mucins on a Biofox 17 SEC column (8 × 300 mm).

To purify the commercial mucin, gel-permeation chromatography on Sephadex G-200 has been
used (Figure 4). The high-molecular-weight fraction has been separated and lyophilized. This fraction
has been further used in this study and is called purified mucin. Absorbance spectra (Figure 1)
and chromatography profiles (Figure 3) of commercial and purified mucin confirm no protein-based
impurities in the purified mucin. In addition, the purified mucin has been titrated by TNBS [36]
showing a significant reduction of primary amino groups in purified mucin (38 per a mucin molecule)
compared to the commercial one (164 per mucin molecule).
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Figure 4. Elution profile obtained by gel filtration on Sephadex G-200 of commercial mucin.

Further, the purified mucin has been used for the construction of calibration lines in order
to determine glycoproteins in this study. Based on the results of gel-permeation chromatography,
the content of glycoprotein in the commercial mucin has been found to be 87 ± 3% that is in line with
results obtained using the Schiff’s method (content is 84 ± 2%).

3.2. Loading of Mucin into CaCO3 Crystals (Adsorption and Co-Synthesis)

Loading of mucin into the crystals has been achieved via two methods, namely adsorption (mucin
is adsorbed into performed crystals) or co-synthesis (mucin is trapped in the crystals during crystal
synthesis). Figure 5 shows the schematics of the approaches used. Of note, the conditions of mucin
loading have been kept identical for both loading methods, such as the same time of exposure of
mucin to the crystals (15 min), the same final crystal and mucin concentrations (20 and 1 mg mL−1,
respectively), etc. This gives an option to compare the methods.

Optical and SEM microscopies did not reveal significant differences in morphology and size
(3–5 μm) of the crystals before and after mucin loading (Figure 6). This may be related to the rather
low concentration of mucin used. We believe that analysis of the surface of the crystals is sufficient
to conclude about the crystal internal structure change. This is because we have found (by atomic
force microscopy (AFM) measurements and other relevant techniques) that there is direct correlation
between the size of nanocrystallines on the surface of the crystals and those in the internal volume [40].
It would be of interest to analyse the morphology of the crystals using AFM in the future in order to
get more insights into the internal structure of the crystals. In this work we use optical microscopy
and SEM images for identification of the polymorph form of the crystals since the vaterite form has
a typical spherical shape, compared to cubic calcite. The same crystals, as obtained in this study,
have been previously analysed by X-ray diffraction analysis (XRD) revealing the vaterite form [40].
In the future we plan to utilize XRD as a powerful tool to analyse the structure of the crystals loaded
with substantial amounts of mucin under various conditions. This will open a way to probe the effect
of the preparation conditions on the crystal structure.
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Figure 5. Schematics of formulation of microparticles (crystals and polymer capsules) using mucin:
I–CaCO3 crystals; II–the crystals with mucin loaded by adsorption (a) or co-synthesis (b); III–crystals
coated with three layer of oppositely charged protamine and mucin; IV–polymer-based microcapsules
obtained after dissolution of the coated crystals using EDTA. Green arrows indicate a step of
introduction of a BAC to be further encapsulated into the microparticles.

Figure 6. SEM (a,b) and optical (c) microscopy images of CaCO3 crystals with adsorbed (a) and
co-synthetized mucin (b,c).

Loading efficiency for mucin loading into the crystals and the amount of mucin released from the
crystals during washing with water have been worked out by analysis of supernatants of solutions
obtained during the mucin loading procedure (Table 1). Loading by co-synthesis resulted in almost
twice higher content of mucin in the crystals. Moreover, mucin loaded by co-synthesis has, to a higher
extent, been retained in the crystals during crystal washing with water. These results corroborate well
with findings reported for proteins [33] showing the same trend. Based on the surface area of CaCO3

crystals obtained using the same procedure as in this study (8.8 m2 g−1 [41]) the mucin adsorption
per a unit surface area of the crystals can be calculated. This value has been found to be 1.25 mg m−2,
which is similar to mucin adsorption onto SiO2, which gives 1.2 mg m−2 [21]. Better understanding
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of the effect of the hydrophobicity of the surface of the crystals and limitations for mucin diffusion
through the pores of the crystals onto the loading amount can be realised in our future work.

Table 1. Characteristics of the incorporation of commercial mucin (1 mg mL−1) into the CaCO3 crystals
(20 mg mL−1).

Loading Method
Efficiency of Mucin Loading, % Release after Washing,

% of Loaded
ZP, mV

Spectrophotometry Analytical Chromatography

Adsorption 12 ± 2 10 ± 1 11 ± 1 −(15 ± 3)
Co-synthesis 22 ± 3 18 ± 2 5 ± 1 −(11 ± 2)

Further, we have analysed an average hydrodynamics diameter of mucin in water solution
(1 mg mL−1). DLS has revealed two populations of molecules of sizes 40 and 250 nm, respectively.
This is in a line with results obtained for commercial mucin from other sources [19]. The fraction with
larger size was diminished as a result of ultrasound treatment, dilution of mucin solution, increase of
pH (Figure S6). Both fractions are characterized by a negative value of the zeta potential (−15 mV).
We believe that the fraction with the larger size (250 nm) corresponds to the aggregated mucin and the
smaller fraction (40 nm) belongs most probably to single mucin molecules.

Literature reports indicate that intermolecular interaction between mucin molecules can be
enhanced in the presence of Ca2+ [28] and hydrodynamic radius of mucin in the solution of CaCl2 is
reduced compared to that in water [29]. We hypothesize that the smaller fraction of mucin molecules
(single mucin molecules) can diffuse through pores of the crystals (pore size in the range 5–40 nm [42]
and the larger fraction would be located presumably on the crystal surface. This may be valid for both
methods of mucin loading into the crystal, i.e., adsorption and co-synthesis. In order to prove this
assumption, we have analysed the mucin distribution in the crystals using fluorescence microscopy
and mucin-FITC (Figure 7). The results demonstrate that mucin is predominately located on edges of
the crystals and partially penetrates inside the crystal pores, which supports the assumption above.
In the previous work we have found that 70 kDa poly(sodium 4-styrenesulfonate) and poly(allylamine
hydrochloride) do not permeate well through pores of the crystals made at 22 ◦C (same protocol as for
the crystals prepared in this study) [40]. These polymers are supposed to have smaller size than 40 nm
(the small fraction of mucin identified as mentioned above). However, multiple adsorption of these
synthetic polymers by the LbL manner and their high charge may limit their diffusion into the crystals.

Figure 7. Transmittance (a) and fluorescence (b) microscopy images of vaterite crystals (4 mg mL−1

CaCO3) after incubation with mucin-FITC (1 mg mL−1) for 15 min; and (c)-fluorescence profiles taken
along the yellow lines 1 and 2 across the particles in the image (b).

Loading of desialylated mucin into the CaCO3 crystals has been investigated in order to probe
an effect of sialic acids. The loading efficiency of the desialylated mucin was found to be 33 and
36% lower compared to that for the loading of commercial mucin using adsorption and co-synthesis,
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respectively. At the same time, the loss of mucin during washing in water increased by 10–15% for
either loading approaches. Thus, we can conclude that the presence of sialic acids in mucin most
probably improves the loading and retention of mucin in crystals, which can be explained by the
interaction of the acids with Ca2+ provided from the crystals. Binding of desialylated mucin with the
crystals can be driven by the interaction of Ca2+ with the protein-based part of mucin [29].

3.3. Encapsulation of Aprotinin into Mucin-Containing CaCO3 Crystals

Low-molecular-weight protein aprotinin (MW 6.5 kDa, pI 10.5) is an inhibitor of proteolytic
enzymes and is actively used as a medicine [43]. It has recently been shown [33,34]
that positively-charged aprotinin does not lose its biological activity in the presence of the CaCO3

crystals. However, its loading into the crystals by adsorption or co-synthesis is rather low compared to
other proteins, such as insulin and catalase; moreover, the retention of aprotinin in the crystals is not
high in washing steps with water.

We have further tested whether aprotinin loading into the crystals can be improved via co-loading
of mucin into the crystals. Co-loading of mucin resulted in an increase of aprotinin content by a factor
of three, giving a high content of aprotinin in the crystals of 1.5 ± 0.2 mg g−1 after two washing
steps with water. We believe that the formation of inter-polyelectrolyte complex between mucin and
aprotinin is a reason of better retention of aprotinin in the formed hybrid crystals.

3.4. Mucin-Containing Polymer Multilayer Capsules

In this part of the work we have considered an option to utilize mucin for the formulation of
multilayer capsules made of mucin and protamine as oppositely-charged bio-polymers. For this,
mucin-containing crystals were coated by mucin and protamine layers in the LbL manner. The peptide
protamine (5 kDa, pI 10.5) [44] has been previously used as a polycation [34,45] and, similar to
aprotinin, it did not show high affinity to the CaCO3 crystals [33]. The zeta potential of protamine
in water has been found to be +(7 ± 3) mV. During the LbL polymer deposition onto the crystal,
the Zeta potential of the coated crystals has been reversed from negative values (mucin deposition)
to positive ones (protamine deposition), as shown in Figure 8b. This proves the formation of the
mucin-protamine complex upon the coating procedure. Protamine has absorption maxima at 214 nm
and this is why the inclusion of mucin into the crystals has been determined using gel-permeation
chromatography. Protamine adsorption resulted in the removal of a part of previously-deposited
mucin (Figure 8a). However, the trend of the bio-polymer deposition demonstrated an increase of
a total amount of the adsorbed polymers as a whole. The deposition process is most probably driven
by the formation of both electrostatic interactions between the polymers and hydrogen bonding as well.
The similar deposition behaviour has been reported for bovine submaxillary mucin in combination
with polyallylamine hydrochloride [23] or lactoperoxidase [20].
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Figure 8. The content of mucin (a) and the zeta potential (b) of mucin-containing crystals (n = 1)
as a function of a number of deposition steps of either mucin or water (control) or mucin and protamine
pairs. The adsorption of mucin is indicated with a red colour.

Deposition of one polymer, namely mucin, has been used as a control experiment (Figure 8).
In this case, the crystals have been incubated stepwise in mucin solution and in water. The deposited
sequence can be shown as CaCO3(mucin)3 since the incubation in water is typically used as
an intermediate step between the deposition of polymers to wash out weakly-adsorbed polymer
molecules. The zeta potential of the coated particles has not been changed with an increase of the
number of deposited layers of mucin (Figure 8b). At the same time, the total amount of adsorbed
mucin has been increased with each deposition layer (Figure 8a). This is most probably due to
adsorption of more than one layer of mucin. The Ellman method [46] did not reveal any free
SH-groups in the commercial mucin sample, meaning that disulphide bonds cannot be responsible for
intermolecular interactions between the mucin molecules. It is of note that an amount of adsorbed
mucin in the controlled experiment was slightly lower than that for the mucin-protamine coating
(Figure 8a). This stimulated us to hypothesize that the mucin-protamine interactions are driven by
both electrostatics and hydrogen bonding (Figure 1) and the sequential deposition of only mucin
(control experiment) takes place due to only hydrogen bonding allowing the deposition of multiple
layers of only mucin. In future research, in order to probe the hydrogen bonding, we plan to prepare
the crystals with higher mucin content and utilize Fourier-transform infrared (FTIR) spectroscopy as
a convenient way of analysing mucin [47]. In this work, the rather low loading concentration of mucin
limits us for FTIR study.

The coated crystals CaCO3(mucin-protamine)3 and CaCO3(mucin)3 crystals-were stable upon
storage in water at 4 ◦C for a month without any sign of recrystallization (Figure 9 and Figure S7).
The presence of 0.2M EDTA resulted in dissolution of the carbonate crystals followed by formation
of stable (mucin-protamine)3 capsules (Figure 9b). At the same time, stable capsules solely made of
mucin have not been formed. This confirms that electrostatic interactions play a crucial role in the
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formation of stable multilayers and may be the contribution of electrostatics is stronger than that of
hydrogen bonds, stressing the dominating role of electrostatics.

 

Figure 9. Optical microscopy images of polymer-coated crystals CaCO3(mucin-protamine)3 (a) and
multilayer capsules (mucin-ptotamine)3 formed after addition of EDTA to the coated crystals (b).
The CaCO3 crystals contain mucin loaded by co-synthesis.

3.5. BAC Loading into Mucin-Containing Microparticles

Based on the results obtained using proteins (protamine, aprotinin), one can expect that the
mucin-containing particles may be effective for loading of BAC, in particular small-molecular-weight
and positively charged BACs that are difficult to load in substantial amounts. A rationality for the
loading of such BACs should be driven by the nature and a charge of the components (Figure 2,
indicated by green arrows). One can expect three main methods to load BACs: (i) via adsorption or
co-synthesis into the crystals together with mucin; (ii) as polycations during sequential deposition of
multilayers; and (iii) post-loading into preformed mucin-containing polymer capsules. The presence
of mucin in the CaCO3 crystals or multilayer capsules makes the crystals and capsules extremely
attractive for mucoadhesive delivery of BACs through a mucous membrane [15,48–50]. In regards
to this, the LbL assembly will provide a strong tool for introduction of various components into the
assembled structures in order to tune a function of the finally-assembled structure. Novel approaches
to probe diffusion into the formed multilayers are essential to understand and control a structure of
the assemblies and release characteristics of BACs from the assembled structures [51,52].

We believe that the approaches demonstrated here for assembly of mucin-containing
polymer-based microparticles can be further used for the design of composite multifunctional micro-
and nano-particles with required applications. For instance, introduction of the protein-repelling
agent polyethylene glycol into the particles by the approaches developed earlier [53,54] may reduce
protein-binding to the particles if undesired. Loading of a thermo-sensitive polymer, such as
poly(N-isopropilacrylamide), can give an option to assemble particles able to change their size and
hydrophobicity upon the temperature increase at physiologically-relevant conditions [55]. Utilization
of mucin-containing CaCO3 crystals for fabrication of porous self-assembled alginate hydrogels [56–58]
may be beneficial to design the hydrogels for the engineering of tissue having contact with mucosa.
New perspectives are open to assemble mucin-containing particles of various shapes via hard
templating onto protein aggregates as demonstrated earlier [59–62]. This approach may further
be considered in our upcoming study.

4. Conclusions

This study demonstrated the development of novel approaches for encapsulation of mucin into
self-assembled microstructures, i.e., polymer-based microparticles templated onto vaterite CaCO3

crystals. The following analytical methods for determination of mucin in alkaline solutions and
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in the presence of the crystals and proteins have been adopted: spectrophotometrical analysis of
adsorption at 214 nm and analytical permeation chromatography using a Biofox 17 SEC column.
The analytical methods used demonstrated the presence of protein-based low-molecular-weight
fraction in commercial mucin samples that had been removed to obtain purified mucin for further use.

Loading of mucin into the crystals by co-synthesis has been shown to be more effective than
the loading by adsorption (the loading capacity 11 and 6 mg of mucin per gram of the crystals,
respectively). Mucin can aggregate in water solution giving aggregates with a hydrodynamic diameter
of a few hundreds of nm, the diameter of single mucin molecules (in equilibrium with the aggregates)
is around 40 nm. As proven by optical fluorescence imaging and DLS mucin molecules can adsorb
onto and diffuse into the porous crystals that have pore size of the same dimensions (pores are in
the range 20–60 nm). Most probably the bulky and highly hydrated mucins are able to squeeze out
through the pores. Interestingly, desialylated mucin demonstrated weaker binding to the crystals that
can be explained by an enhancement of the binding via the interaction of calcium ions with sialic acids
present in the mucin backbone. Moreover, the presence of the sialic acids improved retention of mucin
in the crystals upon water washings.

Loading of mucin into performed CaCO3 crystals can be achieved via LbL deposition of a single
mucin or mucin-protamine pair, as proven by monitoring of the zeta potential and the amount of
deposited compounds. Stable multilayer capsules can, however, be formed after crystal elimination by
EDTA only for mucin-protamine pairs. This can be explained by additional electrostatic interactions for
the pair compared to only hydrogen bonding in the case of mucin deposition as a single component.

Successful inclusion of BACs into mucin-containing microparticles is demonstrated for aprotinin
as an important protease inhibitor. Finally, approaches for BAC loading are discussed in regards to the
encapsulation strategy proposed based on the CaCO3 crystal. The results of this study may open new
perspectives to utilize mucin as an important mucoadhesive polymer for effective encapsulation of
various compounds, including BACs.
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Abstract: Many self-assembly approaches of colloidal monolayers have flourished but with some
shortages, such as complexity, time-consumption, parameter sensitivity, and high-cost. This paper
presents a facile, rapid, well-controlled, and low-cost method to prepare monolayers by directly
adding silica particle suspensions containing water and ethanol to different liquids. A detailed
analysis of the self-assembly process was conducted. The particles dove into water firstly, then moved
up under the effect of the buoyancy and the tension gradient. The tension gradient induced
the Marangoni convection and the relative motion between the water and the particles. At last,
the particles were adsorbed at the air-water interface to minimize the free energy. The quality of the
monolayers depended on the addition of sodium dodecyl sulfonate or ethanol in the water subphase.
An interfacial polymerization of ethyl 2-cyanoacrylate was used to determine the contact angles of the
particles at different subphase surfaces. The value of the detachment energy was positively associated
with the contact angle and the surface tension. When the detachment energy decreased to a certain
value, some particles detached from the surface, leading to the formation of a quasi-double layer.
We also observed that the content of ethanol in suspensions influenced the arrangement of particles.

Keywords: self-assembly; air-liquid interface; tension gradient; Marangoni convection; nanoparticle;
monolayer

1. Introduction

Two-dimensional ordered arrangements of colloidal particles, commonly referred to as crystalline
colloidal monolayers, have a wide range of applications in surface-enhanced Raman scattering
(SERS) [1], patterned surface fabrication [2], photonic crystals [3], wetting property modification [4]
and so on. Recently, numerous methods have been developed to prepare crystalline monolayers on
various substrates. The main approaches are based on (1) the wettability of colloidal suspensions on
the substrates or (2) the wettability of colloidal particles at the air-liquid interfaces. In the first case,
the methods include spin coating [5], dip coating [6], and convective coating [7]. The suspensions
form wetting films on the substrates and the order of the monolayers depends on the evaporation
process of the suspensions. Thus, these methods are sensitive to small variations of ambient humidity
or temperature, and careful adjustments of the experimental parameters have to be carried out [8].
Most predominantly, it is difficult to rearrange particles once they contact the substrates, thus resulting
in defects. As for the second case, particles with some extent hydrophobicity float at the air-liquid
interface, which provides the required particle mobility for defect-free packing. These processes
generally consist of floating particles at the interfaces, crystallizing the particle films with a mobile
barrier (Langmuir–Blodgett technique) [9] or a surfactant [10], and transferring the films onto substrates.
Many methods are used to float the particles at the interfaces. One method consists of dispersing the
particles in an organic liquid and slowly pipetting them onto the water surface. A monolayer formed
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at the water surface after evaporation of the solvent, which was time consuming [11]. Retsch et al. [12]
deposited sparsely distributed particles on a parent substrate, followed by an immersion step,
during which the particles detached from the substrate and floated on water. This process was
a little complex and hard to control. Other methods require the formation of the meniscuses to enable
the particles spread on the water surfaces. Zhang and co-workers [13] reported on the fabrication of 2D
arrays of colloidal particles by a needle tip flow method. The position of the needle tip was controlled
carefully to enable the spreading of the particles along the meniscus formed between the tip and the
water surface. Another method was adding water to a level where a meniscus was formed around the
periphery of a glass slide in a Petri dish, followed by dropping colloidal suspensions on the glass slide.
Once the suspensions contacted water, the particles spread at the water surface [14]. In these methods,
the precise control was needed to form the meniscus. Also, the supply of the particles should be below
a certain value to prevent breaking of the water surface [15] and the efficiency was limited.

In this paper, we developed a facile, fast, and cost-effective method for the fabrication of large-area
crystalline colloidal monolayers. SiO2 particles dispersed in a mixture of water and ethanol were
directly added to the liquid. The monolayers could still form even though the suspensions dove into
the liquid with high speed and big impact. They were subsequently transferred to a target substrate.
Particle image velocimetry (PIV) was used to observe the moving-up of particles after the suspensions
were added to the water, the mechanism of which was attributed to the buoyancy and the tension
gradient. Scanning electron microscope (SEM) images of transferred monolayers indicated that the
concentration variation of sodium dodecyl sulfonate (SDS) or ethanol in the water subphase influenced
the order of the monolayers. The contact angles of SiO2 at different subphase surfaces were determined
by a trapping technique. Then the influence of the wettability of particles on the formation of the
monolayer was discussed. In previous studies, ethanol in the suspension was commonly thought to
play a role as a spreading agent [16,17]. We found that the arrangement of particles was affected by
the content of ethanol in the suspension.

2. Materials and Methods

2.1. Materials

The hydrophobic silica particle suspensions (2.5% w/v) with diameter of 900 nm were purchased
from Tianjin Baseline Chromtech Research Center (Tianjin, China). The functional group on the surfaces
of the particles was vinyl. The solvents were the mixtures of water and ethanol (1:1, v/v). Silicon (100)
wafers (Zhejiang Lijing Silicon Material Co. Ltd., Quzhou, China) were cut into 1.5 × 1.5 cm2 and
cleaned ultrasonically in acetone, ethanol, and deionized water for 20 min each in series. Acetone and
ethanol were obtained from Beijing Chemical Works (Beijing, China). SDS was from J&K Scientific
Ltd. (Beijing, China). The instant adhesive MC100 was produced by the 3M Company (Bracknell, UK).
All other chemicals were of analytical grade and were used as purchased.

2.2. Monolayer Preparation

Figure 1a–e shows the process flow for the self-assembly of the monolayer at the air-liquid
interface and the subsequent transfer to a silicon wafer. The hydrophobic silica suspensions were
directly added to the liquid (Figure 1a). The suspensions dove into the liquid and then the particles
moved up to the air-liquid interface (Figure 1b). Patches of monolayers formed and floated at the
interface (Figure 1c). With the further additions of the suspensions, the patches continued to grow in
size until the whole interface was covered. The monolayer could be seen by the bright, colorful Bragg
reflexes (>63 cm2, Figure 1f). A silicon wafer was immersed into the subphase and elevated under a
shallow angle to transfer the silica monolayer (Figure 1d). Drying was performed under a dip angle
of approximately 45◦ (Figure 1e). As a result, a hexagonally close-packed silica particle monolayer
was obtained on the substrate. Even though the suspension was added at a height of 1.46 m above the
water surface and parts of the suspension dove to a depth nearly 3 cm from the surface, the particles
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could still float up to form a monolayer (Video S1). Thus, the method was not sensitive to the dropping
height. In the follow-up experiments, the dropping height was about 1 cm.

 

Figure 1. Schematic illustration of the monolayer fabrication process. (a) Addition of the hydrophobic silica
suspension to the liquid; (b) Moving up of the particles to the air-liquid interface; (c) Self-assembly of a
close-packed silica particle monolayer; (d) Pick-up of the monolayer with a silicon wafer; (e) Drying of
the monolayer; (f) Photograph of the monolayer obtained from 900 nm particles.

2.3. Determination of the Contact Angle of Nanoparticles at the Interface

Inspired by the trapping technique based on the anionic polymerization reaction of
butylcyanoacrylate [18], we used the instant adhesive MC100 (3M Company, Bracknell, UK) to
visualize the interfacial position of silica particles. The main constituent of the adhesive was ethyl
2-cyanoacrylate (ECA) and the content of ECA was 90–95%. As shown in Figure 2a, a few drops
of the instant adhesive were applied thinly and evenly to the bottom of a Petri dish. The Petri dish
was upended on a weighing bottle containing a silica monolayer at the air-liquid interface and a
closed space was formed. The instant adhesive was heated to 60 ◦C by a heating plate. The ECA
monomers diffused through the vapor phase and contacted the liquid. The anions formed due to
the reaction between the hydroxide ions (OH−) and the monomers, which initiated polymerization
reaction (Figure 2b) [19]. As more monomers were supplied, a layer of poly(ethyl 2-cyanoacrylate)
(PECA) appeared. The monomers could diffuse into the layer, leading to the growth of polymer into
the subphase (Figure 2c). A thin polymer membrane formed around particles if there was a liquid film
at the surfaces of particles (Figure 2d). Figure 2e shows the reaction scheme of the polymerization.
After five minutes of reaction, the monolayer with PECA was transferred to a silicon wafer. In side-view
images, the interfacial position of the particles could be visualized by SEM. This approach ensured
that the monolayer and the interface were not perturbed. To illustrate that the polymerization process
had no impact on the wettability, we performed contact angle measurement of a water drop (30 μL) on
a silicon wafer. The contact angle was 61.1◦ (Figure 3c). Then the polymerization process occurred
at the surface of the drop. Compared with Figure 3a, Figure 3b shows that a polymer membrane
formed on the drop surface. The contact angle was 61.3◦ (Figure 3d). There was no significant
change in the contact angle. This illustrated that the time required to form the membrane was so
short that the wetting state of particles at the interface would not be influenced. The top of the drop
became flat because the surface tension of water disappeared after the drop surface was covered by
the membrane. In order to study whether the thickness of the polymer layer affected the contact
angle of nanoparticles at the interface, we prolonged the polymerization reaction time to 20 min.
The monolayer was obtained at the deionized water surface. Figure 4b shows that the membrane was
much thicker than that when the time was 5 min in Figure 4a. The contact angle of the colloids did not
change and the lateral arrangement of the colloids was not disturbed by the growing polymer film.
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Overall, the polymerization process was thought to possess little impact on the interfacial position of
the silica particles.

 

Figure 2. Interfacial polymerization of ethyl 2-cyanoacrylate (ECA) used to determine the contact angle
of silica particles at the interface. (a) Scheme of the experimental setup; (b–d) Schematic of the reaction:
The ECA monomers (pink) diffuse via the vapor phase to the air-liquid interface. The ECA anions
(blue) are formed upon contact with the liquid. The anionic polymerization occurs and the polymer
(red) is generated. The polymerization proceeds with the addition of monomers and the polymer
membrane eventually covers the surfaces of the liquid and particles; (e) The polymerization reaction of
ECA initiated by hydroxide ions in the liquid.

 

Figure 3. The appearance of a water drop on a silicon wafer before (a) and after (b) the polymer
membrane forms on the drop surface; (c,d) are contact angle measurements of the water drop in
(a,b), respectively.

 

Figure 4. Side-view scanning electron microscope (SEM) images of the monolayers with the poly(ethyl
2-cyanoacrylate) (PECA), which are obtained at the deionized water surfaces. Different polymerization
reaction times are used. (a) 5 min and (b) 20 min.
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2.4. Characterization

SEM (FEI Quanta 200 FEG, FEI Company, Hillsboro, OR, USA) was used to image the
morphologies of the colloidal films. The motion of particles during the film formation process was
recorded by PIV (MicroVec, Inc., Beijing, China) from a side view. The PIV setup included a 532 nm
diode pump solid state laser (DPSSL) with a maximum power of 5 W and a 12–14 bit camera with
a maximum capture rate of 258 fps, fitted with a 100 mm f/2.8 Tokina lens. When PIV was used to
capture the motion of particles from above, the laser was replaced by a high brightness cold light
source (XD-300, Nanjing Yanan Special Light Factory, Nanjing, China). The surface tension data
were obtained using the hanging plate method with a Dataphysics OCA-20 (DataPhysics Instruments
GmbH, Filderstadt, Germany) analyzer. Water contact angles were measured on a Dataphysics OCA
25 (DataPhysics Instruments GmbH, Filderstadt, Germany) instrument at room temperature.

3. Results and Discussion

3.1. Self-Assembly Process of the Colloidal Monolayer at the Air-Water Interface

To clarify the formation mechanism of the monolayer, the motion of particles was recorded by
PIV from a side view. The suspension drop dove into the water after it was added above the air-water
interface. Then, the particles moved up to the air-water interface (Figure 5a). Another common
method to produce monolayers was the usage of a partially immersed glass slide to add colloidal
suspensions to the air–water interface, which was thought to be an effective approach to let the
particles flow gently at the interface [20,21]. We used the above method to observe the motion of
the particles after the suspension was injected onto the glass slide. It was found that some particles
still dove into the water and then moved up to the interface (Figure 5b), which illustrated that the
use of the glass slide would not have a significant impact on the quality of the monolayer. In the
pink dashed line frame, no particles existed and the velocity distribution appeared because the glass
slide reflected light. The reason why the particles could move up to the surface is attributed to
three aspects (Figure 5c). Firstly, the suspension is under the effect of buoyancy due to the lower
density of ethanol. Thus, the suspension does not sink into water. Secondly, a radiated concentration
distribution of ethanol from high to low at the interface is formed when ethanol starts to dissolve
into water, which is centered on the position where the suspension is dripped (the supplying point).
Therefore, a radiated surface tension gradient from low to high is generated because the surface tension
of ethanol is much lower than that of water. Variations in surface tension result in the Marangoni
convection [22,23], which drives the particles to move up. Thirdly, the concentration of ethanol is higher
at the position closer to the interface because of the convective transport and the dissolution process.
The tension becomes lower and lower from the interior of subphase to the surface. The particles
move up relative to water due to the stresses resulting from the variations of tension at the particle
surfaces [24]. Without the relative motion, it is hard for the particles to move across and be absorbed
at the air-water interface. In Figure 6, the motion of particles at the interface was recorded by PIV
from a top view. The numerical values at the top right corners of the images represent the time
of occurrence and the initial time was the moment when the drop of the suspension contacted the
air-water interface. Silica particles moved radially under the effect of Marangoni convection and
aggregated into a ring-like structure whose center was the supplying point (Figure 6a). As more
particles moved to the interface, the ring became wide (Figure 6b). When the dissolution of ethanol
reached the steady state, the surface tension gradient disappeared and the ring-like monolayer shrank
to the supplying point (Figure 6c). In the end, the ring transformed into a piece of monolayer with a
few small fragments around (Figure 6d). The time required for the whole process was about 0.92 s.
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Figure 5. Transient motion of particles after the suspension is added to water (a) directly and (b) via a
partially immersed glass slide at a tilt angle of approximately 45◦ with respect to the water surface.
The direction of the arrows indicates the motion direction of the particles. The color scale bar shows
the magnitude of the velocity (m/s); (c) Schematic illustration of the mechanism for particles moving
up to the air-subphase interface.

 

Figure 6. The appearance of the formation process of the monolayer at different time: (a) 0.20 s;
(b) 0.64 s; (c) 0.80 s and (d) 0.92 s.
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3.2. Influence of SDS Concentration in the Subphase on the Formation of the Monolayer

The research found that the quality of the monolayer was quiet dependent on the SDS
concentration in the water subphase. The solvents of the silica suspensions were the mixtures of
water and ethanol (1:1, v/v). The OTSU algorithm [25] was used to calculate the coverage rates of the
monolayers on the silicon wafers (ϕ) in the insets of Figure 7a–c. In the treated pictures (Figure A1
in Appendix A), the monolayers and the substrates were divided into the white and black parts,
respectively. By calculating the proportion of white pixels in the total pixels of the images, we got the
coverage rates of the monolayers on the silicon wafers. For the hexagonally close-packed structure in
an ideal state, ϕ is about 90.7% based on the geometrical calculation in Appendix B. Figure 7a shows a
monolayer of silica particles formed at the deionized water surface. Most of the particles arranged in
a disordered manner and ϕ was just 62.4%. The dominating attractive forces acting on the particles
at the air-water interface are the van der Waals forces, the hydrophobic attractive forces, and the
capillary forces [26]. Capillary forces are long range interactions with an effective range of up to several
millimeters, while the ranges of hydrophobic forces and van der Waals forces are much shorter [26].
Particles brought into close vicinity by capillary forces immediately feel the hydrophobic forces and
the van der Waals forces. The strong attractive forces cause the aggregation of particles and suppress
the rearrangement of particles. When the SDS was added to the water prior to the spreading of the
silica, the order and the coverage rate of the monolayer were greatly increased. As SDS molecules are
amphiphilic, they accumulate at the air-water interface and act as a soft barrier. The particles rising
to the interface push against the SDS molecules which in turn push the particles closer, therefore the
coverage rate of the monolayer is increased. This phenomenon has been known as the piston oil
effect [12]. Despite the equal sign of the charges, some SDS molecules are adsorbed at the surfaces
of silica particles, which introduces more negative charges and enhances the electrostatic repulsion
forces between particles [27]. The energy barrier for a close contact is increased. Moreover, SDS lowers
the capillary forces by reducing the surface tension of water [28]. As a result, the repulsion forces
could counteract the attractive forces, which enables particles to have sufficient mobility. The extrusion
forces from the SDS arrange the particles into a crystalline monolayer. It is also found that the presence
of surfactants makes the monolayer exhibit higher mechanical stability and less fracture at the edges.
Thus, the addition of SDS has benefitted the monolayer transfer, too.

The monolayers formed with SDS concentrations between 0.1 and 0.7 mmol/L are shown in
Figure 7b–d. When the concentration of SDS was 0.1 mmol/L, some defects, such as vacancies,
dislocations and disordered regions still existed, and ϕ increased to 66.8% (Figure 7b). At the most
appropriate concentration (0.4 mmol/L), a crystalline monolayer with the highest coverage rate
(ϕ = 78.7%) was obtained (Figure 7c). As the concentration reached 0.7 mmol/L, particles stacked
into multilayers (Figure 7d). Figure 8a shows that the maximum inner diameter of the ring-like
structure was much smaller than that when no SDS was added in Figure 6a, which illustrated
that the amount of SDS at the air-water interface was high enough to impede the spreading of
the particles. The multilayers (the whiter regions in Figure 8b) were mainly found near the supplying
point. The formation mechanism is shown in Figure 8c. At the end of the self-assembly process,
there are a small number of silica suspensions under the air-water interface. The Marangoni convection
is too weak to overcome the counterforce of SDS. The monolayer shrinks and covers the air-water
interface near the supplying point. When those silica particles move up, they could only move to the
bottom of the monolayer and are fixed under the van der Waals forces between particles.
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Figure 7. SEM images of monolayers formed at water surface with sodium dodecyl sulfonate (SDS)
concentration of (a) 0; (b) 0.1; (c) 0.4 and (d) 0.7 mmol/L. The insets show lower magnifications of the
same samples.

 

Figure 8. The appearance of the monolayer obtained with SDS concentration of 0.7 mmol/L at different
time: (a) 0.20 s and (b) 0.92 s; (c) Schematic illustration of the formation mechanism of the multilayers.
The solid arrows in (c) represent the motion direction of the particles.

3.3. Influence of Ethanol Concentration in the Subphase on the Formation of the Monolayer

Another parameter that could influence the formation of the monolayer was the ethanol
concentration in the water subphase. The solvents of the silica suspensions were the mixtures of
water and ethanol (1:1, v/v). With the increase in ethanol concentration in the subphase, the capillary
forces decrease because the surface tension of the mixture becomes lower. The addition of ethanol could
also decrease the hydrophobic attractive forces [29,30]. The regularity of the monolayer is improved as
the attractive forces are counteracted more efficiently by the repulsive forces and the particles have
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more time to reach their minimum free energy position and crystalize into a hexagonally close-packed
structure. Taking the case of ethanol concentration being 20 vol.%, the particles congregated when
the Marangoni convection disappeared (Figure 9a). The monolayer was divided into pieces under the
Marangoni convection induced by the ethanol evaporation near the container wall and then the pieces
moved to the side where the convection was stronger (Figure 9b–d). This indicated the attractive forces
between particles were weak, otherwise the monolayer would move as a whole. We also found that the
slightly liquid sloshing on the surface led to the rearrangement of the particles, which was not observed
without ethanol in the subphase. Thus, the addition of ethanol decreased the attractive forces between
the particles. SEM images of monolayers formed at liquid surfaces with ethanol concentrations between
10 and 40 vol.% are shown in Figure 10. The treated insets of Figure 10a–c by the OTSU algorithm are
shown in Figure A2 in Appendix A. When the ethanol concentration was 10 vol.%, the arrangement
of particles was disordered (Figure 10a). The coverage rate ϕ was 65.7%, which was higher than that
(ϕ = 62.4%) when no ethanol existed. As the ethanol concentration reached 20 vol.%, the order of
the arrangement was improved and ϕ was 72.8% (Figure 10b). Figure 10c reveals that a monolayer
with limited dislocations was obtained at the ethanol concentration of 30 vol.%. 74.6% of the substrate
surface was covered by the silica monolayer. When the concentration of ethanol reached 40 vol.%,
Figure 10d shows that there was a discretely distributed upper layer on the hexagonally ordered bottom
layer, which formed a quasi-double layer. Each structural unit in the upper layer consisted of three
particles arranged triangularly and every particle located in the interstice formed by three particles of
the bottom layer. This kind of structure was also reported in previous papers [10,31,32]. The particles
marked with black and blue characters made up the representative regions of the monolayer and
the double layer, respectively. By analyzing the positional relationships between the particles of the
double layer, the formation mechanism is similar with that in Reference [10]. At the concentration
of 40 vol.%, some particles dive into the subphase after the addition of the suspension. In order to
confirm this, we used PIV to observe the movements of particles from a side view after the suspension
(1.5 × 10−5 w/v) was added to the subphase, as shown in Figure 11. The suspension was diluted in order
to meet the requirement of PIV observation and the solvent remained unchanged. The initial time was
the moment when the drop of the suspension contacted with the air-liquid interface (Figure 11a) and
the particles moved downward with the suspension because of inertia (Figure 11b). Then, the particles
moved up and approached the interface in Figure 11c. At 0.352 s, no particle was seen in Figure 11d,
which illustrated the particles were at the interface. However, many particles were seen below the
interface after 0.376 s in Figure 11e,f, which meant the particles could not be held at the interface.
The reason is fully discussed in Section 3.4. During the transfer process, particles below the interface
(6 and 6’ in Figure 10e) could be captured on the substrate and move to the bottoms of the interstices
formed by every three neighboring particles in the monolayer. They push upper three particles 1, 2, 3
and 1’, 2’, 3’ (Figure 10d), respectively. Each of the particles 6 and 6’ comes into the monolayer and
occupies the positions previously belonging to three particles. Particles 4, 5 and 4’, 5’ move towards
particles 3 and 3’, respectively. The pentagonal structures are formed in the bottom layer.

 

Figure 9. The appearance of the monolayer obtained with ethanol concentration of 20 vol.% at different
time: (a) 0.96 s; (b) 1.56 s; (c) 6.55 s and (d) 48.12 s.
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Figure 10. SEM images of monolayers formed at liquid surface with ethanol concentration of (a) 10;
(b) 20; (c) 30 and (d) 40 vol.%. The insets show lower magnifications of the same samples; (e) Schematic
illustration of the formation mechanism of the quasi-double layer, which is drew according to the
cutting position (the white dashed line) and the projection direction (the white arrows) in (d).

 

Figure 11. The movement process of particles after the suspension is added to the subphase containing
40 vol.% ethanol, which is captured by PIV. (a–f) correspond to the movements of particles at 0, 0.008,
0.168, 0.352, 0.376 and 0.444 s, respectively. The reflections above the interfaces are caused by the level
fluctuations. The direction of the arrows indicates the motion direction of the particles. The color scale
bar shows the magnitude of the velocity (cm/s).
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3.4. Relationship between the Particle Wettability and the Formation of the Monolayer

The particle wettability can be properly described by the three-phase contact angle θ. Figure 12a–d
show the side-view SEM images of monolayers obtained at the surfaces of subphases containing
different concentrations of SDS. One could see horizontal boundaries representing the positions
of subphase surfaces. PECA also formed around the parts of the particles below the boundaries,
which reflected that the polymerization reaction could occur in the subphases. With no SDS in the
subphase, the contact angle was 101◦, which illustrated that the silica particles were hydrophobic
(Figure 12a). The contact angle changed from 73◦ (Figure 12b) to 65◦ (Figure 12d) with the increase of the
SDS concentration. Analogously, the contact angle went smaller with higher ethanol concentration as
shown in Figure 12e–h. In other words, the particles were more immersed in the subphase. The surface
tensions of different subphases are summarized in Table 1. It was worth mentioning that the surface
tension of the subphase containing 0.4 mmol/L SDS was higher than that containing 10 vol.% ethanol,
while the contact angles of particles at surfaces of these two subphases were similar. The tensions are
related to the contact angle through Young’s equation [33]

γpa = γps + γsa cos θ (1)

where γ is the appropriate interfacial tension and the subscripts a, p, s represent the air, particle and
subphase, respectively; θ is the contact angle of a particle at a subphase surface. For different subphases,
γpa was equal. Thus, the value of γps of the subphase containing 0.4 mmol/L SDS was lower than
that containing 10 vol.% ethanol. For the subphases containing 0.7 mmol/L SDS and 20 vol.% ethanol,
the phenomenon was similar. One of the contribution factors is that the adsorption process of SDS
changes the surface property of silica particles. The hydrophobic interactions between the alkyl chains
of surfactants and the hydrophobic sites on the particles [34] lead to the conversion of particle surface
state from the hydrophobicity to the hydrophilicity due to the ionic heads of the surfactants orienting
towards the bulk solution. As mentioned above, some particles dove into the subphase when the
ethanol concentration was up to 40 vol.%. The strength with which a particle is held at a subphase
surface is related not only to θ but also to the surface tension γsa. Assuming the particle is small
enough so that the effect of gravity is negligible and the subphase surface remains planar up to the
contact line with the particle, the detachment energy E required to remove the particle from the surface
into the subphase is given by [35]

E = πR2γsa(1 − cos θ)2 (2)

where R is the radius of the particle. The detachment energies of particles at different subphase
surfaces are listed in Table 1. For the subphase containing 40 vol.% ethanol, the value of detachment
energy (2.65 × 105 kT) is much smaller than that (160 × 105 kT) when no ethanol existed and the
desorption of particles is the easiest. k is the Boltzmann constant and T is the temperature measured
in Kelvin. However, it is considered that the particles are attached to the surface when the energy
of adsorption is greater than the thermal energy kT [36]. Firstly, Equation (2) neglects the effect of
the line tension, which is defined as the excess free energy per unit length of the line where the three
phases meet. The detachment energies could be relatively low in the presence of the positive line
tension [37]. The contribution of the line tension is important in the regime where the contact angle
is larger than 120◦ or smaller than 60◦ [38]. Secondly, the impact of droplet on the surface when the
suspension is added leads to the surface fluctuation, which is unfavorable to the adsorption of particles
to the surface. Thirdly, the contact angle of interfacially absorbed particles has been found to possess
a broad distribution [18,39]. Partial particles might have a contact angle lower than 40◦ and dive
into the subphase. Although θ > 90◦ is not necessary, the particles could not float at the surface as
long as the detachment energy is too small. These experiments also shows that the formation of the
multilayers when the subphase containing 0.7 mmol/L SDS (Figure 7d) is not due to the desorption
of particles, because the detachment energy is much higher than that when the subphase containing
40 vol.% ethanol (Figure 10d).
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Figure 12. Side-view SEM images of the monolayers with the PECA. (a–d) correspond to monolayers
obtained at SDS concentrations of 0, 0.1, 0.4, and 0.7 mmol/L; (e–h) correspond to monolayers
obtained at ethanol concentrations of 10, 20, 30 and 40 vol.%. The data of θ are the average values of
measurements made from five different particles.

Table 1. Contact angles and detachment energies of silica particles at surfaces of different subphases.
The surface tensions of different subphases are listed.

Suphase Surface Tension (mN/m) Contact Angle (deg) Detachment Energy (×105 kT)

deionized water 72.98 ± 0.01 101 ± 2 160
0.1 mmol/L SDS 67.77 ± 0.03 73 ± 2 52.4
0.4 mmol/L SDS 60.24 ± 0.07 70 ± 1 40.3
0.7 mmol/L SDS 48.05 ± 0.01 65 ± 1 24.8
10 vol.% ethanol 51.19 ± 0.04 71 ± 1 36.0
20 vol.% ethanol 40.80 ± 0.02 64 ± 2 19.9
30 vol.% ethanol 35.30 ± 0.07 44 ± 2 4.30
40 vol.% ethanol 31.30 ± 0.05 40 ± 2 2.65

3.5. Influence of Ethanol Concentration in the Suspension on the Formation of the Monolayer

We investigated the influence of ethanol concentration in the suspension on the formation of the
monolayer by dispersing the particles in different compositions of ethanol/water while the weight
percentage of particles in the mixture was fixed at 2.5%. The silica suspensions were added to the
surfaces of deionized water. The treated insets of Figure 13b–d by the OTSU algorithm are shown in
Figure A3 in Appendix A. When the volume percentage of ethanol was 25 vol.%, the particle film was
a quasi-double layer structure consisting of a hexagonally close-packed bottom layer and a discretely
distributed upper layer (Figure 13a). As mentioned above, the spreading of particles at the surface
was outside-in due to the Marangoni convention. In Figure 14, the maximum velocity of particles
induced by the low ethanol concentration was weak because the strength of the Marangoni convection
depended on the surface tension gradient along the air-water interface [22]. Thus, the maximum
inner diameter of the ring-like structure during the formation process of the monolayer decreased
with the reduction of the ethanol concentration (Figure 14). At the ethanol concentration of 25 vol.%,
the diameter was so small that there was not enough space for the subsequent particles to form
into a monolayer. Figure 13b shows that there was enough ethanol for particles to spread into a
monolayer at 50 vol.% concentration and ϕ was 62.4%. However, the arrangement of the monolayer
was disordered because of the strong attractive forces acting at the particles. As the concentration
reached 75 vol.%, ϕ decreased to 59.9% due to the further increase of the maximum inner diameter.
Interestingly, the particles were arranged into more orderly structures (Figure 13c). Due to the low
content of ethanol in one suspension drop, the influence of ethanol on the forces between particles
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is negligible. The important factor is the shearing stresses of the Marangoni convention exerted on
the agglomerate. The increase of ethanol concentration improves the shearing forces, which could
overcome the attractive forces. As a result, the particles in the agglomerate would change their positions
to reduce the projected area against the interfacial flow and form into a hexagonally close-packed
structure. This phenomenon is a kind of Kirkwood-Alder phase transition [40]. At the highest
concentration, i.e., 100 vol.%, ϕ was only 57.1% (Figure 13d). Most importantly, the long range order
was further improved which was even better than that in Figure 10c.

 

Figure 13. SEM images of monolayers formed by particles in different composition of ethanol/water:
(a) 25%; (b) 50%; (c) 75% and (d) 100%.

Figure 14. Influence of the ethanol concentration in the suspension on the maximum inner diameter of
the ring-like structure (left-hand ordinate, �) and on the maximum velocity of particles (right-hand
ordinate, ).

4. Conclusions

In summary, we have demonstrated a facile interfacial self-assembly procedure for the
manufacture of large-area crystalline arrays of SiO2 particles. The SiO2 suspensions containing
water and ethanol were directly added to water without other controls. The particles dove into water
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and subsequently moved up to the air-water interface attributed to the buoyancy and the tension
gradient. On the one hand, the particles moved with the Marangoni convection of water resulting
from the tension gradient. On the other hand, the upward motion of the particles relative to water
appeared due to the tension gradient induced stresses. Once absorbed at the interface, particles formed
a ring-like structure, which then transformed into a piece of monolayer. The optimum concentration of
SDS (0.4 mmol/L) or ethanol (30 vol.%) in the water subphase helped SiO2 particles self-assemble into
a hexagonally close-packed array. By measuring the three-phase contact angles of particles through an
interfacial polymerization of ethyl 2-cyanoacrylate, the wettability of the particles at different subphase
surfaces was confirmed to be different. When the subphase was deionized water, the contact angle
(101◦) was the biggest and the monolayer was disordered. As for the subphase containing 40 vol.%
ethanol, the contact angle (40◦) was the smallest and the quasi-double layer formed. The reason was
that the detachment energy was just 2.65 × 105 kT and the particles could not be steadily adsorbed
at the air-liquid interface. Therefore, the appropriate wettability of particles was important to form
crystalline monolayers. Moreover, the arrangements of the particles were affected by the ethanol
concentrations in the suspensions, showing that the Marangoni convection played an important role
in the self-assembly.

Supplementary Materials: The following video is available online at http://www.mdpi.com/2072-666X/9/6/
297/s1, Video S1: The movement of particles after the addition of the suspension at a height of 1.46 m above the
water surface.
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Appendix A

 

Figure A1. Treated SEM images of monolayers formed at water surface with SDS concentration of
(a) 0; (b) 0.1 and (c) 0.4 mmol/L. The white parts are the monolayers and the black parts represent
the substrates.
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Figure A2. Treated SEM images of monolayers formed at liquid surface with ethanol concentration
of (a) 10; (b) 20; (c) 30 vol.%. The white parts are the monolayers and the black parts represent
the substrates.

 

Figure A3. Treated SEM images of monolayers formed by particles in different composition of
ethanol/water: (a) 50%; (b) 75% and (c) 100%. The white parts are the monolayers and the black
parts represent the substrates.

123



Micromachines 2018, 9, 297

Appendix B

Figure A4 shows the structural unit of the ideal hexagonally close-packed structure, which could
be used to calculate the coverage rate of the ideal monolayer on the silicon wafer.

 

Figure A4. Structural unit of the ideal hexagonally close-packed structure.

Using Pythagoras, X can be calculated from the radius of the spheres as

X2 + R2 = (2R)2 (A1)

X =
(

4R2 − R2
)1/2

=
√

3R (A2)

The area S of the structural unit is given by

S = 4RX = 4
√

3R2 (A3)

The area S0 of the particles in the structural unit is expressed as

S0 = 2πR2 (A4)

Thus, the coverage rate ϕ of the ideal monolayer was

ϕ =
S0

S
=

π

2
√

3
≈ 90.7% (A5)
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Abstract: Despite its efficacy in producing well-ordered, periodic nanostructures, the intricate role
multiple parameters play in solvent vapor annealing has not been fully established. In solvent vapor
annealing a thin polymer film is exposed to a vapor of solvent(s) thus forming a swollen and mobile
layer to direct the self-assembly process at the nanoscale. Recent developments in both theory and
experiments have directly identified critical parameters that govern this process, but controlling
them in any systematic way has proven non-trivial. These identified parameters include vapor
pressure, solvent concentration in the film, and the solvent evaporation rate. To explore their role,
a purpose-built solvent vapor annealing chamber was designed and constructed. The all-metal
chamber is designed to be inert to solvent exposure. Computer-controlled, pneumatically actuated
valves allow for precision timing in the introduction and withdrawal of solvent vapor from the film.
The mass flow controller-regulated inlet, chamber pressure gauges, in situ spectral reflectance-based
thickness monitoring, and low flow micrometer relief valve give real-time monitoring and control
during the annealing and evaporation phases with unprecedented precision and accuracy. The reliable
and repeatable alignment of polylactide cylinders formed from polystyrene-b-polylactide, where
cylinders stand perpendicular to the substrate and span the thickness of the film, provides one
illustrative example.

Keywords: block polymers; self-assembly; thin films; solvent vapor annealing; nanolithography

1. Introduction

Techniques to achieve periodic nanostructures via traditional “top down” methods, including
photolithography, have become increasingly challenging within the semiconductor industry.
Ultra-small feature production is approaching fundamental resolution limits (193 nm ultraviolet
(UV) lithography, for example, recently reaching sub-30 nm features) [1–11]. One promising strategy
is investigating “bottom up” approaches that rely on nanoscale self-assembly. In 2007, directed
self-assembly was first considered as a potential scaling solution, according to the International
Technology Roadmap for Semiconductors (ITRS) [11]. In their 2013 report, the directed self-assembly
of complex structures with low anneal time, low defect density, and high reproducibility was identified
as one of the “Grand Challenges” to extend Moore’s law [11]. The directed self-assembly of block
polymer (BP) thin films has become a particularly strong candidate to achieve sub-20 nm dimensions,
where the size and morphology is controlled by varying the molecular weight of the constituent
polymer blocks.

Due to thorough investigations over decades, the BP research community generically considers
the bulk behavior of many BPs well known [12,13]. Bulk morphologies are characterized by the
Flory–Huggins interaction parameter (χ), the degree of polymerization (N), the volume fractions of
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the constituent blocks (f), and the particular architecture [13]. Furthermore, much is known about
bulk behavior under a variety of stimuli, whether thermal, solvent, or mechanical [12]. In particular,
measured or known quantities can well predict the alignment of structures and morphologies within
the bulk. On the contrary, the confinement of a thin film and the associated surface energy contributions
introduces additional confounders [14,15]. In particular, the complexity of surface interactions (both
with the substrate and free surface) impose new, often asymmetric, boundary conditions [16,17].
Regardless, techniques designed to promote ordering of BP thin films have progressed rapidly, driven
by applications requiring long-range lateral ordering, uniformity in feature size and high placement
precision. Most of the historical approaches to BP ordering have been largely unpredictable and are
often slow or energy-intensive: including thermal annealing [18,19], electric field alignment [20,21],
and incorporation of low surface energy midblocks [22,23]. More recently, the use of pre-patterned
substrates (chemical or topographical) to act as a guide for BP assembly has been successfully
incorporated but can be time-intensive and involves multiple lithographic approaches [24]. Therefore,
it is not necessarily cost-effective for high-throughput applications. As a result, a maturing technique
is solvent vapor annealing (SVA) [25].

SVA was originally introduced as an alternative to thermal annealing for BPs exhibiting
thermal degradation, problematic thermally-driven transitions, or slow dynamics due to high molar
mass [26–28]. The interest in SVA of BPs has grown well beyond this in recent years. It has been shown
to optimize organization quickly due to the increased chain mobility, a possibly decreased χ (dependent
on solvent polarity), and tunable surface energies [25]. In this process, a BP film is exposed to the
vapors of one or more organic solvents, offering direct control over lyotropic transitions (cylinders to
spheres, for example) while in the solvated state as well as during evaporation [29,30]. This technique
also has the ability to reduce defect density dramatically [31], while improving lateral ordering, both
at the free surface and into the bulk of a film. This ordering is achieved more quickly (by several
orders of magnitude) and completely than previous methods [32]. Although much is known about the
interactions of BPs with solvent in bulk [33], the effects in thin films exhibit different behaviors due to
the presence of confining surfaces and the dynamic exchange with the solvent vapor atmosphere [17].
Thus, this technique continues to suffer from reliability problems and no standardized methods have
become apparent. It is becoming increasingly clear that a continued understanding of the specific
ordering mechanisms of a BP system is paramount, where the quest for generic understanding of any
BP thin film system remains elusive.

Of critical importance to many technological applications is the ability to direct BP thin films
to form cylinders that stand perpendicular to the surface, traverse through the thickness of the film,
and laterally pack with hexagonal order. A recently demonstrated approach to nanolithography of a
magnetic thin film, for example, utilized such BP-based lithography masks using a Damascene-like
approach. This approach was able to synthesize hexagonally-packed magnetic nanodots with a
diameter of 19 nm with high fidelity and retention of robust ferromagnetism [34]. Furthermore,
this approach achieved diameter control, down to 14 nm, and the potential for high-temperature
processing with an additional atomic layer deposition step of ZnO [35]. These techniques rely on the
vertical alignment of cylinders. On the contrary, many current advances in BP alignment, including
important work in solvent concentration gradients [36], have focused solely on the free surface of the
film. This is insufficient to be a direct substitution for most traditional lithographic approaches [37].
Recent results reveal that optimized ordering of hexagonally-packed cylinders can potentially occur in
seconds and extend through the film using SVA, but this approach can be somewhat unreliable [38],
where near 100% success of forming the desired morphology has yet to be achieved. Advances in
computer simulation as well as in situ X-ray and neutron scattering continue to both further understand
this process and improve upon it [39–41]. While such an understanding of the self-assembly behavior
is critical to the advancement of this field, utilizing a statistical approach to quantifying SVA with large
sample sets, with a goal of overcoming reliability barriers, requires the ability to identify, measure
and develop controls for all of the pertinent variables with reliable precision. This includes chamber
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pressure, solvent exposure time, solvent concentration in the film, solvent evaporation rate, solvent
purity or combinations, ambient temperature, sample and solvent temperature, humidity [42], and film
thickness to name a few. These are addressed in the present manuscript, with a primary focus on the
role of controlling chamber pressure and solvent evaporation rates at fast time scales of ~10 ms. We note
that this chamber does not actively control sample [41] or solvent temperature [43–45], or include
multiple solvents [46], which have been shown important to controlling annealing kinetics. So, these
results work to keep these parameters as consistent as possible. To that end, we present here our
strict annealing protocols and our climate-controlled SVA chamber with computer-controlled solvent
vapor flow and pressure management and in situ spectral reflectance-based solvent concentration
(φ) measurements. This chamber allows us to fix potential variables while investigating only one.
This leads to unprecedented control over the SVA process with a goal of systematic studies with high
reliability and repeatability that may have advantages as BP SVA alignment moves from its current
research phase (relying heavily on in situ X-ray and neutron scattering) into scaled-up processing. One
critical and unprecedented advancement is the ability to stabilize solvent concentration within a BP
thin film for an arbitrarily long time at a user-defined chamber pressure, a necessary prerequisite for
any temporal studies of crystallization.

To date, there are three primary methods of controlled SVA in the literature with differing levels of
complexity, as illustrated in Figure 1. These processes were recently reviewed by Posselt et al. and Gu
et al. [32,47], where each method typically incorporates an optical interferometer to monitor thickness
(i.e., swelling due to solvent uptake) in real time that is placed above the chamber and shines down on
the sample surface. Briefly, in “jar annealing,” depicted in Figure 1a, a solvent reservoir is placed in a
sealed vessel with the BP film. The solvent vapor pressure, and thus the film swelling, is parameterized
by the ratio of liquid solvent surface area to the chamber volume [48]. The solvent evaporation is
either done via opening the lid, which is difficult to quantify, or introducing a leak until all solvent
has evaporated [48,49]. A natural extension of this SVA method is the inclusion of inlet/outlet flow
lines, as seen in Figure 1b, where the incorporation of an inert gas flow can serve to modify the vapor
pressure and BP film swelling more directly [50]. However, there is still only limited control over the
solvent evaporation rate. The next extension is displacing the solvent reservoir from inside the sealed
chamber into a separate sealed reservoir, as shown in Figure 1c. In this SVA method, solvent is carried
in the vapor phase by a carrier gas into the chamber. Both the absolute pressure and vapor pressure
inside the chamber are controlled via the flowrates of the vapor line and a second inlet for an inert gas
stream. This gives significant dynamic control of BP film swelling, although the highest achievable
vapor pressure is reduced compared to Figure 1a,b due to a dilution of vapor from the carrier gas.
The solvent evaporation rate is controlled in a similar fashion to the method depicted in Figure 1b,
but without the presence of the solvent reservoir, thus offering more control. Similar methods have
proliferated [30,51–53], but only few utilize real-time computer control [41,45] and there is currently
an inability to maintain a fixed solvent concentration for an arbitrarily long time scale. The present
manuscript describes a new evolution in the SVA method that builds on these existing models, adding
additional control over solvent introduction into and evaporation out of a BP film with a high degree
of reliability and reproducibility by controlling the vapor pressure through inlet/outlet flows.

Several recent in situ studies utilizing Grazing Incidence Small Angle X-ray and Neutron
Scattering (GISAXS and GISANS) serve to motivate the ability to stabilize a BP film with a specific
solvent concentration [41,54]. These studies have shown to be critical in identifying the role of
the order-to-disorder transition in directed self-assembly, as well as the role of solvent polarity
and temperature. Their results could be further extended with an increased level of control over
solvent concentration during the anneal and during the solvent evaporation. For example, Gu et
al. show a high degree of ordering in poly(styrene)-b-poly(2-vinyl pyridine) using GISAXS with
an increasing solvent concentration [30]. Upon rapid evaporation, scanning electron micrographs
(SEM) of the resultant films exhibit long correlation lengths of in-plane cylinders. Furthermore,
recent results indicate that approaching a solvent concentration consistent with the order-to-disorder
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transition leads to the largest correlation lengths [32]. This solvent concentration is also consistent
with enhanced defect removal [31]. Annealing at solvent concentrations above the order-disorder
transition will, instead, result in a potentially disordered film, as previously shown [34]. In addition,
Sinturel et al. revealed similar ordering in a solvated poly(styrene)-b-poly(lactide) film, where GISAXS
was monitored with increasing solvent concentration [29]. The data shows that the correlation length
of perpendicularly aligned cylinders in quickly dried films is largest for a high solvent concentration
(below the order-to-disorder transition). Finally, Berezkin et al. recently showed how mixed solvents
and the use of elevated temperature in a controlled SVA chamber (similar to Figure 1c) further enhance
control over final morphologies. These GISAXS studies, while extremely insightful, rely on somewhat
uncontrolled solvent exposure methods, as presented in Figure 1. In each case, no static solvent
concentration (often described as swelling ratio) was achieved over any appreciable amount of time.
Such control is a prerequisite for any temporal study of ordering kinetics and further optimization
of an annealing protocol. Moving forward, especially when considering scaling up these techniques
towards mass production, creating a highly controlled SVA chamber could assist in avoiding the use
of continued in situ X-ray or neutron scattering techniques that are not easily extensible to scaling up.
Instead, a highly controlled SVA chamber could establish reliability and repeatability that incorporates
the critical parameters that have been established from these scattering techniques.

Figure 1. Primary methods of solvent vapor annealing; (a) “jar annealing,” where a sealed chamber
contains the sample and a solvent reservoir; (b) “jar annealing” with inlet/outlet lines for inert gas flow;
(c) solvent vapor flow via a carrier gas through inlet/outlet lines. Block polymer films are depicted in
blue, with liquid solvent depicted in green.

In addition to a controlled static solvent concentration, the evaporation rate serves as another
complicating factor to be addressed. Solvent evaporation rate has been shown to strongly affect
the surface morphology of BP films [52], where the evaporation has been shown to produce an
ordering front that propagates through the film from the free surface to the substrate [55]. The timing
of solvent removal dominates this effect. Enviable results were reported in 2004 from Kim et al.
revealing defect-free ordering of cylinders at the free surface over large lateral length scales, where
GISAXS data aimed to expose the role of this ordering front [55]. The ordering depends strongly
on the exact trajectory through the BP phase diagram as solvent is removed [56], with changes in
polymer dynamics and order–order transitions serving as potential complicating factors [57]. As such,
conflicting results dictate that either slow [51,52] or fast [58] evaporation times may lead to ideal
morphologies. Recently, studies of solvent concentration profiles [58] have suggested that the cylinder
growth rate during evaporation is a product of the polymer chain mobility and the driving force to
phase separate. Dynamical field theory simulations from Paradiso et al. further expose the role of
rapid solvent evaporation and segregation strength (χ) on cylinder orientation [57]. It is increasingly
clear that the ability to systematically remove solvent from the film, including at rapid time scales, is
important to understanding final film morphologies. In particular, revealing how a given morphology
propagates into the film during solvent evaporation, which is a necessary requirement for many
nanolithographic applications. It is important to note that the role of solvent removal on rapid time
scales (less than 100 ms) has not been successfully monitored using GISAXS, where integration times
can be somewhat long (1–10 s) [32]; however, recent use of charge-coupled device (CCD) cameras
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have been shown to be effective for studying fast kinetics [47]. This opens the door for quantifying
the effects of solvent removal in real time. Presently, in many of these studies, combining known
structural properties from GISAXS in the solvated state with final morphologies imaged with atomic
force microscopy (AFM) or SEM following rapid evaporation, as addressed above, have been used to
reveal important relationships between evaporation trajectories and final morphologies. The present
manuscript describes a systematically improved SVA method that offers a potential to elucidate
multiple key variables in the SVA process and offers a level of control, reliability and reproducibility
to enhance the understanding of ordering kinetics both during annealing and, critically, evaporation.
Specifically, this improved SVA method monitors and controls chamber pressure, solvent exposure
time, solvent concentration in the film, solvent purity and solvent evaporation rate, while concurrently
monitoring ambient temperature and humidity.

2. Materials and Methods

2.1. Solvent Vapor Annealing

Optically polished substrates were single-crystalline silicon <111> wafers (n-type, 5 Ω·cm)
with a native oxide layer (University Wafer, South Boston, MA, USA). No attempt was taken
to remove the native oxide. Toluene (ACS Certified), tetrahydrofuran (THF) (Certified, contains
0.025% butylated hydroxytoluene as a preservative), acetone (99.5%), methanol (ACS Certified),
and sodium hydroxide granules were all purchased from Fisher Chemical, Pittsburgh, PA, USA.
1,1,1,3,3,3-Hexamethyldisilazane (HMDS) (98%) and 3 Å, 4 to 8 mesh, 3333 were purchased from Acros
Organics, Belgium, WI, USA.

Construction of the solvent vapor-annealing chamber (SAC) required chemically inert
stainless-steel tubing and valves with Swagelok tube fittings. Pneumatically actuated stainless
steel ball valves (1/4” and 3/4”) utilizing Dow Corning M111 (heavy-consistency dimethyl silicone
compound) lubricant and Modified PTFE packing (SS-T12-S-065-20 and SS-45S8-33C), stainless steel
quarter-turn plug valves (1/4”) with Kalrez O-rings (SS-4P4T), a stainless steel low-flow metering
valve (1/4”) utilizing a Kalrez O-ring (SS-SS4-KZ-VH), a stainless steel low-pressure (5 psig/34.5 kPa)
unfilled pressure gauge (LP1-SS-254-5PSI), a stainless steel unfilled pressure gauge (60 psig/413.7 kPa,
PGI-63C-PG60-LAOX), and 1/4” and 3/4” stainless steel tubing (SS-T4-S-035-20 and SS-T12-S-065-20,
respectively) were purchased from the Swagelok Company, Saarland, OH, USA. The body and
bubbler portions of the SAC utilized vacuum-grade Conflat flanges with oxygen-free copper gaskets.
Stainless steel tees (275-150-CFT), 6-way cube (275-CUBE-OS), and all Conflat blanks (275-000-T)
and Swagelok adaptors were purchased from LDS Vacuum Products, Inc., Longwood, FL, USA, or
modified in-house. Conflat flanged zero length deep UV quartz (Corning HPFS 7980 Fused Silica)
viewport was purchased from the Kurt J. Lesker Company, Jefferson Hills, PA, USA (VPZL-275Q). Dry
N2 inlet was achieved with a Drierite gas purifier, and was controlled via an Apex 500 SCCM mass
flow controller with RS-232 digital control (Schoonover Inc., Canton, GA, USA). Dry N2 pressure from
the gas tank were monitored and controlled with a dual-stage gas regulator (0–344.7 kPa) and flowrates
were monitored and controlled with a Panel-Mount Flowmeter (OMEGA Engineering, Stanford, CT,
USA) for air, with a brass valve, with two different flow ranges (3–30 SCFH and 30–300 SCFH) from
McMaster-Carr, Elmhurst, IL, USA. Pneumatic valve control was achieved with 3-way 1/4” NPT,
normally closed, 120 V, 100 psi solenoids, various One-touch fittings (1/4”) and 1/4” nylon tubing
purchased from the Swagelok Company, Saarland, OH, USA. Electric control of pneumatics was
achieved with a National Instruments USB, 8 input, 12-Bit, 10 kS/s, Multifunction DAQ; 25 A, 250 V
solid state relays; and LabVIEW 2016 software (National Instruments, Austin, TX, USA). Finally, film
thickness was determined in situ with spectral reflectance via a Filmetrics F20-UV, San Diego, CA,
USA, general-purpose film thickness measurement system with both halogen and deuterium sources.
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2.2. Synthesis of Poly(Styrene)-Block-Poly(Lactide)

The synthesis of poly(styrene)-block-poly(lactide) (PS-b-PLA) is described fully elsewhere [34].
Succinctly, hydroxyl-terminated PS (Mn = 42.5 kDa) was synthesized via living anionic polymerization.
The subsequent PLA was synthesized via ring opening transesterification polymerization (ROTEP) of
D,L-lactide in dichloromethane at room temperature using 1,8-diazabicyclo[5.4.0]undec-7-ene (DBU) as
a catalyst for 1 h. PS-b-PLA was obtained by precipitating in methanol after termination with benzoic
acid. The final PS-b-PLA had a total Mn = 63 kDa, with a PLA volume fraction of 0.28 (by volume)
yielding a cylindrical morphology with a polydispersity index of 1.08, as determined with 1H Nuclear
Magnetic Resonance (NMR) and Size-Exclusion Chromatography (SEC) [34].

2.3. Thin Film Preparation

Typical solutions of 1.5% (w/v) PS-b-PLA in toluene (non-selective solvent) were spin coated
onto HMDS treated, natively-oxidized silicon wafers (20 mm × 20 mm). HMDS treatment of the Si
wafers was carried out by ultrasonically cleaning substrates in organic solvents (acetone followed by
methanol), treating them in a 1:5 (v/v) HMDS:toluene solution for 16 h, then rinsing in toluene to
remove any excess HMDS that had not grafted fully to the substrate, and blowing dry with N2 gas.
Treated wafers were then placed in a 75 ◦C oven to remove any residual solvent. The films were spin
coated at 1000–3000 rpm for 30 s, diced into 12–16 pieces (~5 mm × 5 mm), and immediately placed
in a 75 ◦C (below the glass transition temperature of either block [34]) oven for drying. This process
yielded ~60 nm thick films, dependent on exact spin speed and solution concentration. Samples were
dried for a minimum of one day. Periodic atomic force micrographs indicate no apparent aging issues
or annealing effects while storing films at this temperature.

For the present experiment, thin films were hot-loaded into a N2 purged, over-pressurized solvent
annealing chamber and immediately sealed to avoid water contamination. The samples were allowed
to cool to room temperature and no further temperature control was implemented. This is described
in full detail below. THF liquid was stored in a sealed Erlenmeyer flask over activated 3 Å molecular
sieves for several days before introducing it to the SAC, resulting in water levels of 4.1 ppm or less [59].
Additional activated molecular sieves reside in the solvent reservoir of the SAC to continue active
drying during subsequent solvent vapor anneals. Following solvent vapor exposure and complete
solvent evaporation from the film, the samples were immediately transferred to a 0.05 M NaOH
solution (H2O:CH3OH = 6:4 by volume) for PLA minority domain degradation and left to soak for
45 min, where the degradation rate is sensitive to molarity [60]. After removal, films were washed with
deionized water/methanol for 5 min. By removing the minority component immediately, this serves
to ensure the morphology of the film is immobilized for subsequent imaging. Furthermore, to remove
any additional surface contamination, a 150 W, 50 KHz O2 reactive ion etch (PE-50, PlasmaEtch, Inc.,
Carson, NV, USA) is employed for 10 s at 100 mTorr. This process removes ~2–3 nm of organic material.
Samples at this stage were immediately imaged with atomic force microscopy (AFM), without any
further modification.

2.4. Measuring Film Thickness

Film thickness was determined with a Filmetrics F20-UV (San Diego, CA, USA) general-purpose
film thickness measurement system with both halogen and deuterium sources. Spectral reflectance
data was taken at differing time intervals (as discussed below), between 10 ms–3 s with a 10–250 ms
integration time. Experimental data was modeled over a spectral range of 270–900 nm with a three-layer
model (Si + PS-b-PLA + air). We developed anticipated refractive index profiles based on known values
(e.g., PS, n = 1.59; PLA, n = 1.482; THF, n = 1.407). Therefore, we expected an index of refraction of
1.55 for the neat film, dropping to 1.45 with increasing solvent (THF) concentration up to φ = 0.55 [34].
Samples not following this trend in refractive index with increasing solvent were aborted and disposed.
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2.5. Atomic Force Microscopy (AFM)

Tapping mode AFM was performed on an Agilent 5420 microscope (Santa Clara, CA, USA) under
ambient conditions using engagement setpoints between 0.9–0.95 of the free amplitude oscillation.
The tapping mode cantilevers (BudgetSensors, Sofia, Bulgaria and Bruker, Billerica, MA, USA) had
a resonant frequency of 300 kHz and a force constant of 40 N/m. For imaging the film/substrate
interface, the PLA-removed thin films were placed upside down on double-sided transparent tape
(ScotchBrand, St. Paul, MN, USA) and placed in liquid N2 for 30 s. Following liquid N2 exposure,
the Si wafer was peeled away from the film providing access to the underside. These films were again
exposed to a 10–20 s O2 reactive ion etch (150 W 50 KHz in 100 mTorr) on the underside to remove any
HMDS, a thin PS wetting layer or adhesive residue [34,61].

3. Results

3.1. Design of a Purpose-Built Solvent Vapor Annealing Chamber

The reproducibility of a final morphology and its propagation into solvent vapor-annealed BP
films remains somewhat elusive, despite numerous advances in the field. To directly address this issue,
we have designed, constructed and tested a purpose-built solvent vapor annealing chamber (SAC)
that provides unparalleled control over introducing and maintaining precise solvent concentrations
within the film during the annealing process as well as during the evaporation of solvent from
the film. Concurrently, we maintain control over several additional necessary parameters (Table 1),
including an exceptionally low dew point in the sample cell with active dry N2 purging, solvent
vapor flow rate, film thickness as a proxy for solvent concentration in the film [34], chamber pressure,
solvent selectivity, and substrate surface preparation. The present investigation uses ~60 nm thick
films of a prototypical BP, PS-b-PLA, that adopts a cylindrical morphology in the bulk. We use at
room temperature a relatively neutral solvent, THF, for the anneal [29,34,62]; a PS-selective substrate,
HMDS-functionalized Si; and maintain a low dew point (−100 ◦C) for the N2 carrier gas, due to
the hygroscopic nature of THF and PLA. The following SAC description is a significant evolution
over initial work in developing these protocols, including the addition of pneumatically-actuated,
computer controlled solvent flow rates and valve actuation [34,38]. In our method, a copper-gasket
sealed, all-metal chamber controls the SVA climate (i.e., humidity, chamber pressure, and evaporation
times). The all-metal construction, except for chemically inert modified polytetrafluoroethylene sealed
ball valves and a perfluoroelastomer sealed low-flow metering valve, ensures negligible interaction
with the solvent during the annealing process. In particular, THF can be particularly aggressive on
traditional organic gaskets and lubricants. Following hundreds of hours of exposure to THF, no
degradation to any valves in the chamber is evident.

The chamber, shown in Figure 2 (additional images are available in Appendix A), is connected to
an actively dried N2 line (dew point guaranteed to −100 ◦C) 1©, which splits into two 1/4” stainless
steel tubing paths. Path 1 (in red) purges the sample space before annealing and during sample loading;
this ensures a low dew point during the SVA. Additionally, BP films are hot-loaded from a 75 ◦C oven
into the purged, over-pressurized chamber via a Conflat-flanged door and immediately sealed to avoid
water contamination and allowed to cool to room temperature. Path 1 is also vital to the controlled
evacuation of solvent vapor from the SAC during the evaporation phase. N2 flow is passed through an
acrylic, block-style flowmeter (3–30 SCFH or 30–300 SCFH, dependent on flow rate chosen) to control
and measure flow rates during solvent evaporation.
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Table 1. A compilation of variables considered in the design of solvent vapor annealing protocols,
along with their importance and the steps taken in the design to address them.

Variable Importance Protocols in Design

Humidity

Water is a polar solvent, which
will modify the solubility.
For example, water is
PLA selective

Samples are stored in 75 ◦C oven
Samples are hot loaded into chamber
Vacuum-grade, copper gaskets and
Swagelok seals throughout chamber
Molecular sieve-dried solvent
(tetrahydrofuran (THF))
Actively purged (dry N2) sample cell
Drierite Gas Purifier (−100 ◦C dewpoint)

Solvent Vapor Flow Rate Flow rate is proportional to
solvent uptake in film

Computer-controlled mass flow controller
Low-flow metering outlet valve

Solvent Concentration
Solvent concentration in film
during solvent vapor annealing
(SVA) modifies mobility

In situ optical detection of solvent
concentration, assuming proportional to
film thickness, with 10–20 ms resolution

Solvent Evaporation Rate Evaporation rate in linked to
morphology alignment

Computer-controlled pneumatic valves
Variable flow N2 purge line

Initial Thickness Role of commensurate thickness
on morphology

Films are all spun cast at a constant spin
speed from the same solution
concentration

Vapor Pressure
Vapor pressure during SVA
modifies solvent uptake and
evaporation

High and low pressure gauges
Low-flow metering outlet valve can finely
adjust vapor pressure

Solvent Selectivity
Solvent selectivity modifies
surface energy and
polymer-polymer interactions

THF is a relatively neutral solvent for PS
and PLA. It has slight PS selectivity

Surface Selectivity Substrate preparation modifies
surface energy

HMDS-functionalized Si substrate surface
promotes PS (majority block) adhesion

Path 2 (in green) flow is governed by a mass flow controller 2© connected to a LabVIEW-enabled
computer (National Instruments, Austin, TX, USA). Flow rates range from 0–500 SCCM, dependent on
intended anneal conditions. The flow of the metered, actively dried N2 gas is computer controlled via
solenoid actuated pneumatic valves 3© that control 80 psi (551 kPa) air flow to each of four pneumatic
process valves 4©. Following the flow controller, the N2 gas is passed through a primary safety valve

4© (this protects the mass flow controller from liquid solvent exposure). The controlled gas flow
continues on its way to a sealed, molecular-sieve-dried solvent reservoir 5©, a stainless steel Conflat
tee with view window (Figure A5). This reservoir contains an additional inlet tube with a normally
closed plug valve that is used for liquid solvent loading without breaking any Conflat seals Figure A6).
The solvent reservoir is backed by a safety reservoir 6©, a stainless steel Conflat tee with viewing
window. The safety reservoir will collect fluid solvent if backpressure is present, avoiding exposure
to the mass flow controller. The safety reservoir contains an additional tube with a normally closed
plug valve to remove any liquid solvent without opening any Conflat seals. Ultimately, the dry N2 is
bubbled through the solvent reservoir 5©, which subsequently carries solvent in the vapor phase into
the sample space 7©, a 6-way Conflat cube (70 mm × 70 mm × 70 mm), via a computer-controlled,
pneumatically-actuated chamber valve 4©. All flow into the sample space exits through 3/4” stainless
steel tubing via a pneumatically-actuated ball valve 8© or a low-flow metering valve 9© to a fume hood.
The computer controlled, pneumatically-actuated valves 4©, with compressed air inlet⑩ and 120 V
solenoid valves 3©, allow us to quickly initiate and terminate the SVA with a specified level of timing.
Of critical importance, initial testing indicates a controlled SVA evaporation time down to 15 ms or
any time longer with 10–20 ms temporal resolution. To our knowledge, this is the fastest recorded SVA
evaporation time for a BP thin film.
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Figure 2. (a) Computer-aided design (CAD) and (b) real image of a computer-controlled, pneumatically
actuated solvent vapor annealing chamber. More images can be found in Appendix A. Numbers and
colored arrows are described in the text.

The BP sample resides in the sample space 7© on a custom-built mount (Figure A7). The sample
mount features two recessed ports, which speeds sample loading and helps avoid direct flow from
Paths 1 and 2 that can shift sample position. One recessed port holds the BP film, while the other holds
a blank Si wafer for use as an optical standard. Recess ports are sized to hold up to an 8 mm × 8 mm BP
film and a blank Si wafer. The chamber offers direct optical access to the sample space through a fused

silica viewport⑪, enabling continuous monitoring of the sample chamber with high precision pressure
gauges⑫ to directly measure chamber pressure and in situ spectral reflectance-based measurements of
film thickness with 0.1 nm thickness and 10–20 ms temporal resolution. These thickness measurements
are directly related to solvent volume concentration (φ) within the film by:

φ =
Vsolvent+ f ilm − Vf ilm

Vsolvent+ f ilm
=

tsolvent+ f ilm − t f ilm

tsolvent+ f ilm
= 1 − t f ilm

tsolvent+ f ilm
(1)

where φ is solvent concentration, V denotes volume and t is film thickness. As supported by direct
observation, the areas for the two film states (i.e., swollen versus dry) are taken to be nominally
identical and thus only a thickness measurement is required to obtain a real-time in situ probe of φ
during SVA.
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3.2. Theory of Operation

Through the active control of solvent vapor inlet and outlet flows, the solvent concentration
within the BP film is controlled and monitored as a function of time. As shown in Figure 3, using
an in situ measurement of φ, we divide the SVA process of a 60 nm PS-b-PLA film into four distinct
time regimes. During the first three time regimes, thickness data was taken every 3 s with a 249 ms
integration time. The initial regime (blue) includes the opening of the solvent reservoir to the sample
chamber and an initial, constant N2 inlet flow of 30–100 SCCM (dependent on desired chamber
pressure, 50 SCCM in the present study), resulting in an exponential increase in φ. The thickness data
is well modeled assuming a copolymer refractive index of 1.55, consistent with the neat PS-b-PLA
film (Appendix B). This exponential region typically lasts ~60 s where the time dependence is well
modeled with a single rate constant (0.03–0.1 s−1) with 0.088 s−1 for Figure 3 (see Figure A8 for the
exponential fit), which is dependent on exact inlet and outlet flow rates. Outlet flow rates are governed
by a low flow micrometer relief valve, which is set to a flow coefficient, Cv, of 0.0002–0.002 (1–6 turns),
with 0.0004 being used in Figure 3. This, along with inlet flow, dictates the chamber pressure, which
was maintained below 3.5 kPa to obtain Figure 3. Following the displacement of residual N2 in the
chamber with solvent vapor, the solvent uptake enters a second regime (red). This regime involves the
metered uptake of solvent into the film, indicated by a controlled, linear increase in thickness over
a period of 2 min (highly tunable, based on relative flow rates), until the film reaches the targeted φ.
The inlet and outlet flow rates remained the same for the second regime as given for the first regime in
Figure 3, demonstrating this change in solvent uptake. The thickness data is well modeled assuming a
copolymer refractive index that gradually approaches 1.45, consistent with a volumetric combination
of neat PS-b-PLA and THF (Appendix B). During this phase, two possible methods drive solvent
into the film and increase the thickness. If the inlet flow is higher than outlet flow, the increasing
pressure in the chamber will increasingly force solvent into the film (a relatively fast mechanism).
If the inlet and outlet flows are comparable, the increase in relative solvent concentration within the
chamber leads to an increased uptake of solvent into the film (a relatively slow mechanism). Therefore,
it is possible to swell a film with a chamber pressure that is nominally atmospheric. Dependent on
desired chamber pressure and ultimate thickness, the inlet and outlet flow rates are tuned. Precise
control is best achieved by adjusting the mass flow controller-regulated inlet. We have not seen any
impact with the rate of swelling in this second regime on the final morphology of the film, other than
a potential dependence on the pressure in the chamber (faster swelling is typically accomplished
with an increase in chamber pressure). The thickness data in this regime is well modeled assuming a
copolymer refractive index of 1.45 (Figure A10), consistent with a solvated PS-b-PLA film containing
φ = 0.55.

As the target φ is approached, decreasing the inlet flow or increasing the outlet flow causes φ to
level off. The third regime (green) is characterized by an extremely constant (standard deviation is
regularly less than Δφ = 0.002) solvent concentration. This constant concentration can be maintained
for nearly any specified anneal time (3 min is shown in Figure 3, but we have maintained similar
consistency for more than an hour). It is maintained through slight manual variations in inlet/outlet
flow rates, with the future potential of computer feedback control. Figure 3 was achieved with a fixed
outlet flow, consistent with regimes 1 and 2 and by controlling the inlet flow between 10–30 SCCM to
achieve a constant thickness (solvent concentration). In the final seconds of this period, the integration
time and thickness acquisition interval are switched to 10 ms and 0 s, respectively. This is the
fastest we can acquire spectral reflectance data and still get a high-fidelity model to extract thickness.
This rapid data acquisition allows for close examination of the solvent evaporation period. In the
fourth regime (magenta), evaporation of the solvent from the film occurs. Computer-controlled,
pneumatically-actuated valves open Path 1 and close Path 2. Through the release of pressure in the
chamber, in tandem with N2 flow, the solvent vapor is released from the film and evacuated from the
chamber. Details on timing control, which are dependent on Path 1 flow rates and chamber pressure,
are given below. The initial evaporation of solvent from the film is not complete, where φ ≈ 0.2
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typically remains in the film over the first 100 ms. This remaining solvent typically takes an additional
1.5–10 s to be fully removed from the film, dependent on the Path 1 inlet flow rate. At φ < 0.25–0.3,
the film is likely vitrified with exceptionally slow kinetics, consistent with recent GISAXS results [32].
Therefore, the final morphology is well locked-in during the initial, potentially fast, evaporation phase.
In fact, atomic force micrographs of the free surface and the substrate surface (after removal from the
Si substrate) of a PS-b-PLA film verify that a vertically-aligned cylindrical morphology can persist
through an entire 60 nm film to the substrate surface (Figure 4). The PS-b-PLA film in Figure 4 was
swollen with THF to φ = 0.55 and the solvent was subsequently evaporated out of the film (down to
φ = 0.2, sufficient to vitrify the film) in 15 ms. No condensation of solvent was observed during any
changes in pressure for the present investigation.

0 100 200 300
0.0

0.2

0.4

0.6

time [s]
Figure 3. Solvent concentration in a BP film (φ) versus anneal time for a typical solvent vapor anneal of
a 60 nm PS-b-PLA thin film. The blue indicates the initial solvent uptake regime. The red indicates the
metered solvent uptake regime. The green indicates a fixed solvent concentration regime. The magenta
indicates the solvent evaporation regime.

 

Figure 4. Atomic force topography micrographs of the free surface (a) and substrate surface (b) of
a 60 nm PS-b-PLA film that was exposed to a THF concentration φ = 0.55 and having a solvent
evaporation occurring in 15 ms. Images were taken following hydrolytic removal of the PLA minority
component and a brief (10 s) O2 reactive ion etch. The false color height scale is 20 nm.

3.3. Solvent Evaporation

While a primary outcome of this purpose-built chamber is the ability to keep an arbitrary solvent
concentration constant within a BP film for a specified time, another beneficial consequence is the ability
to observe and control the solvent evaporation phase (fourth regime—solvent evaporation magenta
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regime—in Figure 3) with 10–20 ms temporal resolution. This high acquisition rate has revealed subtle
differences in precise evaporation trajectories, dependent on exact chamber pressure and inlet/outlet
flow rates. First, of importance to our specific chamber, is the timing between the inlet and outlet
valves of Path 1. It is necessary to introduce a slight time delay between their actuation. This is detailed
in Figure 5a. If the valves are open concurrently (i.e., 0 ms time delay), the finite impedance of the
outlet tube causes a brief pressure spike in the chamber that drives residual solvent vapor from the
chamber into the film. This increases the concentration within the film, possibly to disorder, ahead
of the evaporation. This leads to inconsistent morphologies and is undesirable. If the outlet valve is
opened far ahead of the inlet valve, a two-stage evaporation tends to take place. The opening of the
outlet valve releases pressure from the chamber and leads to a drop in concentration within the film.
Presumably, some solvent was retained in the film simply due to the finite pressure in the chamber
during the anneal. Then, the opening of the inlet flow removes the remaining solvent in the chamber
and the solvent is fully evaporated from the film. For example, a delay of 100 ms has two distinct
evaporation trajectories, as seen in Figure 5a. For our specific system, a computer-controlled time
delay of 25 ms leads to optimally fast evaporation without the associated pressure spike (Figure 5a).

Figure 5. Solvent concentration (φ) versus anneal time during solvent evaporation; (a) solvent
evaporation trajectories for three time delays between opening the chamber outlet to atmosphere
and introducing an inlet flow of N2; (b) solvent evaporation trajectories for an annealing chamber with
a relatively high or low vapor pressure; (c) Solvent evaporation trajectory for a fast evaporation with
high inlet flow and zero vapor pressure in the chamber.

Second, considering the role of chamber pressure during the evaporation phase; the release of
pressure within the chamber as the outlet valve of Path 1 is opened leads to a release of solvent from the
film. This is true even in the complete absence of any inlet N2 flow, as shown in Figure 5b. As expected,
the higher the pressure in the chamber, the more dramatic the decrease in solvent concentration in the
film when the outlet valve is opened. In the case where pressure in the chamber approaches 10.3 kPa,
the pressure drop to 0 kPa is sufficient to remove solvent down to φ = 0.25. This concentration is
sufficiently low to lock-in the morphology where only kinetically slow vitrification persists, discussed
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above. In the case where chamber pressure is somewhat lower, 4.1 kPa, the release of pressure to
0 kPa is insufficient to remove a sufficient amount of solvent to vitrify the film without additional
inlet N2 flow. Finally, considering inlet and outlet flows (Figure 5c), a higher Path 1 inlet flow rate
leads to optimally fast solvent vapor removal from the chamber. This potentially leads to rapid solvent
evaporation from the film (10–20 ms). This rapid evaporation causes a strong ordering front and tends
to drive cylinder propagation perpendicular to the film (Figure 4). After reviewing 700 trials following
these SVA protocols, including rapid evaporation (~15 ms) and low chamber pressure, 640 (91.4%)
films showed full perpendicular alignment, 14 (2.0%) showed full in-plane alignment, and 46 (6.6%)
exhibited a mixed, mostly perpendicular alignment with some in-plane cylinders evident. The latter
two cases (in-plane cylinders or mixed) were regularly attributed to elevated ambient humidity in the
lab. Clearly, the control over both chamber pressure and Path 1 flows provide extensive control over
the solvent removal rate and its specific trajectory. The resultant morphologies and their propagation
into the bulk of a film for these different trajectories are the subject of a forthcoming manuscript.

4. Conclusions

It is increasingly clear that annealing BP thin films is critical to achieving self-assembled
nanostructures with a given morphology and lateral order. Solvent-based techniques have proven
to be highly effective due to the dramatically increased polymer chain mobility while mitigating
thermal degradation. In particular, chain mobility near the order disorder transition is optimally
enhanced. In addition, the evaporation of solvent from a film is critical in determining the propagation
of a given morphology into the bulk of the film. At present, there are three primary methods
for incorporating solvent into a BP film; however, each is limited in its ability to directly control
solvent concentration within the film and the solvent evaporation rate. These limitations have stifled
investigation into the time-dependence of these effects. Furthermore, solvent-enhanced crystallization
has evolved from BPs to other organic systems, with conjugated polymer/organic photovoltaics
being one illustrative example [63], further indicating its potential efficacy. Therefore, we have
presented a purpose-built solvent vapor annealing chamber that was designed and constructed to
elucidate the role of key parameters involved in directed self-assembly in BP thin films with goals
of enhanced reliability, repeatability and the eventual scaling up of the SVA process. Currently,
the use of in situ scattering techniques, such as GISAXS or GISANS, are critical for understanding the
ordering mechanisms of block polymer films. However, they may prove impractical for industrial
applications. Therefore, transferring protocols developed with those techniques to purpose-built
chambers, such as the one presented here, could be essential for proliferation. In particular, there is
interest in observing and controlling the mechanisms for increased correlation lengths of self-assembled
features and the growth propagation of those features into the bulk of the film in the final film state
(i.e., following solvent evaporation). This level of control opens up possibilities for a variety of
morphology controls. Moreover, in contrast to many current efforts, the technique does not involve
extensive in situ monitoring with advanced scattering techniques, but could serve to enhance those
techniques with higher temporal resolution and control. Rather, the present in situ monitoring relies
on inexpensive, readily available optical techniques in conjunction with pneumatically-actuated,
computer-controlled flow controllers and valves. Such low-cost and simple methods could prove
useful for any future scaling-up of this process.
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Appendix A

Figure A1. Front view of the solvent vapor annealing (SVA) chamber.

Figure A2. Right view of the SVA chamber.
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Figure A3. Left view of the SVA chamber.

Figure A4. Top view of the SVA chamber.
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Figure A5. Solvent reservoir with optical view port, liquid solvent, and molecular sieves.

 

Figure A6. Depiction of the solvent reservoir with three 1
4 ” tubing ports. One tube (a) is an N2 inlet

that extends to the bottom of the reservoir. One tube (b) is a solvent vapor outlet that only extends into
the reservoir 1

2 ” to capture the vapor. One tube (c) is capped with a normally-closed plug valve. This is
used to add liquid solvent without opening the Conflat flanges.
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Figure A7. Custom designed sample holder. The block copolymer film sits in the center well,
a silicon optical standard sits in the left well. A hole for background ultraviolet-visible (UV-V) light is
spectroscopy subtraction is on the right. The sample holder rests on a two-pronged frame to slide the
samples in and out of the main chamber and is sealed with a Conflat flange with copper gasket.

 

Figure A8. Best linear fit to the natural log of solvent concentration for the first 40 s (regime 1) of
Figure 3, showing a single exponential rate constant of 0.088 ± 0.0013 s−1. The R2 value of the fit
is 0.982.
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Appendix B

 

Figure A9. Spectral reflectance of a neat 60 nm polystyrene-block-polylactide film on silicon. The blue
line is reflectance data; red line is the spectral reflectance model using an index of refraction of 1.55 for
the copolymer layer.

 

Figure A10. Spectral reflectance of a THF swollen polystyrene-block-polylactide film on Silicon. The film
contains 55% THF solvent. The blue line is reflectance data; red line is the spectral reflectance model
using an index of refraction of 1.45 for the copolymer layer.
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Abstract: Stimuli-responsive polymeric systems containing special responsive moieties can
undergo alteration of chemical structures and physical properties in response to external
stimulus. We synthesized a hybrid amphiphilic block copolymer containing methoxy polyethylene
glycol (MePEG), methacrylate isobutyl polyhedral oligomeric silsesquioxane (MAPOSS) and
2-(diisopropylamino)ethyl methacrylate (DPA) named MePEG-b-P(MAPOSS-co-DPA) via atom
transfer radical polymerization (ATRP). Spherical micelles with a core-shell structure were obtained
by a self-assembly process based on MePEG-b-P(MAPOSS-co-DPA), which showed a pH-responsive
property. The influence of hydrophobic chain length on the self-assembly behavior was also studied.
The pyrene release properties of micelles and their ability of antifouling were further studied.

Keywords: stimuli-responsive polymer; polyhedral oligomeric silsesquioxane; self-assembly; protein
adsorption resistance; controlled release

1. Introduction

Recently, stimuli-responsive polymers have attracted great attention because of their unique
properties. The characteristics of these smart polymers can be adjusted by temperature, light, pH values,
ionic strength, enzyme proteins, antigens, and so on [1–6]. Among stimuli-sensitive copolymers,
temperature- or pH-sensitive copolymers, mainly consisting of 2-diisopropylaminoethyl methacrylate
(DPA) [7], 2-(dimethylamino)ethyl methacrylate (DMAEMA) [8–10] and N-isopropylacryl amide
(NIPAM) [11] blocks, have been extensively investigated for their potential application in targeted
drug delivery.

Block copolymers are composed of two or more chemical components connected by chemical
bonds. The structure of block copolymer micelles is easily regulated by changing the environmental
conditions, so the self-assembly of block copolymers has attracted wide interest in the field of
self-assembly. Amphiphilic block copolymers spontaneously self-assemble into well-organized
nanostructures in selective solvents. Depending on many factors such as water content, copolymer
concentration and architecture of the amphiphilic macromolecules, the self-assembled structures
could be of various morphologies, ranging from star-like spherical micelles to multicompartment
nanostructures [12–18].

Polyhedral oligomeric silsesquioxane (POSS), classified as a unique inorganic silica nanoparticle
with a uniform cubic structure, has been widely incorporated into polymer matrices to produce novel
organic/inorganic hybrid materials. The POSS-based polymer acts as a hybrid material with excellent
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mechanical and inorganic properties. POSS with inert vertex groups on the silicon-oxygen cage renders
it quite hydrophobic, therefore promoting the formation of a well-patterned micelles structure to control
drug release [19–21]. The aggregation of POSS moieties, which are nanoscale at about 1.5 nm, can form
a regular and stable hydrophobic core in micelles. The characteristic structure makes the encapsulating
of hydrophobic drugs in micelles more advantageous. There is increasing interest in the synthesis,
self-assembly and applications of stimuli-responsive POSS-based amphiphilic macromolecules. Recent
advances in the field of synthetic polymer chemistry, especially in controlled radical polymerizations,
such as ATRP and various click reactions, have paved the way for the introduction of POSS into
well-defined copolymer architectures. Matyjaszewski et al. were the first to report POSS containing
well-defined P(MA-POSS)-b-poly(n-butyl acrylate)-b-P(MA-POSS) triblock copolymers via ATRP,
and their self-assembly behaviors in films [22]. Deng et al. prepared block copolymers of MA-POSS
and PMMA by reversible addition-fragmentation chain transfer (RAFT) polymerization and studied
their self-assembly to gain nanostructured hybrid polymer networks [23]. Cheng et al. prepared
an amphiphilic copolymer, polystyrene-(carboxylic acid-functionalized POSS) (PS-APOSS), and the
assembled structure including vesicles, worm-like cylinders and spheres was obtained by changing
the ionization degree of the carboxylic acid [24]. He et al. synthesized amphiphilic POSS-containing
copolymers poly(acrylic acid)-co-poly(acrylate-POSS) via ATRP, and the self-assembled structure could
be tuned in aqueous solution by regulating the molar ratio of poly(acrylic acid) to poly(acrylate-POSS)
in the copolymer [25]. This exciting discovery provides a totally wide and novel window for
designing amphiphilic polymers due to ATRP being a simple and powerful method to synthesize
diverse polymers.

In this work, a novel hybrid amphiphilic block copolymer was prepared with MePEG as the
backbone connecting another block with MAPOSS and DPA units via ATRP. The synthetic route is
described in Scheme 1. Owning to the unique amphiphilic architecture, MePEG-b-P(MAPOSS-co-DPA)
could form micelles. The self-assembly and pH-sensitive behaviors of copolymers in aqueous
solution were studied by dynamic light scattering (DLS) and transmission electron microscopy (TEM),
including the cladding and release of pyrene. Meanwhile, the antifouling ability of the assembly was
systematically studied.

 

Scheme 1. Synthetic way of MePEG-b-P(MAPOSS-co-DPA).

2. Experimental Section

2.1. Materials

2-(Diisopropylamino)ethyl methacrylate (DPA) (97%, Aladdin Co., Shanghai, China) was purified
by basic alumina columns prior to use. Methoxy polyethylene glycol (MePEG 5000) was freeze-dried
for 24 h to remove water. Methacrylate isobutyl POSS (MAPOSS) purchased from Hybrid Plastic Co.
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Styrene (Sinoreagent Co., Shanghai, China) was purified by passing through a column filled with basic
Al2O3 prior to use. Other chemicals were purchased from Sinoreagent Co. and used as received.

2.2. Synthesis of MePEG-Br Macroinitiator

The MePEG-Br was synthesized using the methods described in the literature [26]. Typically,
the methoxy polyethylene glycol (MePEG) (5.0 g, 1.0 mmol) and triethylamine (TEA) (2.2 g, 4.0 mmol)
were dissolved in dichloromethane (DCM) (20.0 mL) and cooled with an ice-salt bath below 0 ◦C.
Then, bromoisobutyryl bromide (BiBB) (0.368 g, 3.2 mmol) dissolved in DCM (2.0 mL) was slowly
added dropwise to the reaction solution. The solution was slowly warmed to room temperature
and reacted for 24 h. The product was dissolved in distilled water and DCM removed by rotary
evaporation. Finally, the macroinitiator MePEG-Br was obtained as a white powder. The product was
characterized by 1H-NMR spectroscopy (Figure S1).

1H-NMR (CDCl3, ppm, TMS) d: 3.39 ppm [3H, CH3-O-], 3.66 ppm [2H, -(OCH2)n-], 4.34 ppm
[2H, -(OCH2)n-CH2O-], 1.95 ppm [6H, -OCOC(CH3)2Br].

2.3. Synthesis of MePEG-b-P(MAPOSS-co-DPA)

A series of amphiphilic copolymers MePEG-b-P(MAPOSS-co-DPA) via ATRP was synthesized.
MePEG-Br (2.96 g, 0.5 mmol), DPA (0.15 g, 0.03 mol), MAPOSS (5.11 g, 5.5 mmol), 2-dipyridyl (bpy)
(0.15 g, 1 mmol) and anhydrous 1,4-dioxane (2.0 mL) were added into a 10-mL Schlenk tube, followed
by three freeze-pump-thaw cycles. Then, CuBr (0.07 g, 0.5 mmol) was added into the Schlenk tube under
the protection of argon, followed by a freeze-pump-thaw cycle. Next, this Schlenk tube was heated
to 70 ◦C, and polymerization was performed for 24 h under continuous stirring. Then, the reaction
solution was passed through the Al2O3 column for the removal of the catalyst. Finally, the solvent was
removed by rotary evaporation, and the product was dried until constant weight in a vacuum oven at
40 ◦C. The preparation of MePEG-b-P(MAPOSS-co-DPA) with different contents of MAPOSS was then
performed in a similar way.

2.4. Self-Assembly Procedure of MePEG-b-P (MAPOSS-co-DPA) Amphiphilic Copolymer

A series of micellar solutions was prepared by solution volatilization-induced self-assembly [27].
The POSS-based amphiphilic copolymer MePEG-b-P(MAPOSS-co-DPA) was dissolved in tetrahydrofuran
(THF) to get the polymer mother liquor. Then, the liquid was added dropwise to a certain volume of
ultrapure water, and the mixture was stirred at ambient temperature until the THF was completely
volatilized to get the amphiphilic copolymer micelles. Typical self-assembly solutions were prepared
as follows:

MePEG-b-P(MAPOSS-co-DPA) (5 mg) was dissolved in 1 mL of THF. Then, the solution was
gradually diluted by 5 mL of deionized water. The solution was stirred overnight to completely remove
THF at room temperature. The final solution of self-assembled micelles was used for the following
characterizations. A series of different concentrations of hydrochloric acid and sodium hydroxide was
selected to adjust the pH of the micellar solution.

2.5. Preparation of Pyrene Encapsulated Micelles

Zero-point-one milliliters of pyrene in acetone (10 mg/mL) were added to the serum vial,
and acetone was evaporated under continuous flow of argon. Then, 25 mL of polymer micelle solution
(1 mg/mL) were added and sonicated for 1 h to ensure encapsulation of the pyrene. Finally, after the
loaded pyrene was removed by filtration, a pyrene-loaded micelle solution was successfully prepared.
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2.6. Preparation of Micelles and Fetal Bovine Serum Mixed Solution for Anti-Protein Adsorption
Performance Test

The amphiphilic copolymer MePEG-b-P(MAPOSS-co-DPA) was dissolved in THF, and the
resulting polymer mother liquor was slowly added dropwise to the fetal bovine serum (FBS) solution
until the THF was completely volatilized. Then, the mixed solution was obtained.

2.7. Characterization

The 1H-NMR measurements were carried out on a Bruker AV400 MHz NMR spectrometer (Bruker,
Geneva, Switzerland) at room temperature with tetramethylsilane (TMS) as the internal standard and
CDCl3 as a solvent. Fourier-transform infrared spectrometry (FTIR) spectra were recorded on Nicolet
Avatar 360 FTIR (Thermo Fisher Scientific, Shanghai, China). The molecular weight was measured
by gel permeation chromatography (GPC) on the APC Installation Kit. Data were obtained using
the PSS WinGPC system. THF was used as the eluent at a flow rate of 0.5 mL/min. A series of low
polydispersity polystyrene standards were used for the GPC calibration.

The optical transmittance of the MePEG-b-P(MAPOSS-co-DPA) solution was obtained on
a UV-2550 spectrometer (SHIMADZU, Kyoto, Japan) at 500 nm. Transmission electron microscopy
(TEM) images were conducted using a JEM2100 transmission electron microscope (JEOL, Tokyo, Japan)
with an accelerating voltage of 200 kV. One drop of micelles solution was placed on a copper-mesh
coated with carbon and then air-dried before measurement. Zeta potential measurements and dynamic
light scattering (DLS) were recorded on a Zetasizer NanoZS Instrument (Malvern Instruments, Malvern,
UK) at a wavelength of 500 nm. Fluorescence spectroscopy was conducted on the F7000 fluorescence
spectrophotometer (Hitachi, Tokyo, Japan). Both the excitation and emission slit widths were 2.5 nm,
and the scan rate was 240 nm/min.

3. Results and Discussion

3.1. Synthesis of MePEG-b-P(MAPOSS-co-DPA)

The macroinitiator MePEG-Br was used to initiate the ATRP polymerization of MAPOSS and DPA
monomers. In this paper, three kinds of amphiphilic copolymers with different contents of MAPOSS
segments were designed and synthesized, named as BCP1, BCP2, BCP3, respectively. Experimental
conditions and results of amphiphilic polymer with MAPOSS and DPA are shown in Table 1.

Table 1. Experiments and results of ATRP polymerization of MePEG-Br, MAPOSS and DPA.

Sample Name
[MePEG-Br]:[DPA]:

[MAPOSS] a
[MePEG-Br]:[DPA]:

[MAPOSS] b Time (h) Mn (1H-NMR) Mn (GPC) PDI

BCP1 1:60:11 1:50.06:10.60 24 25,839 26,314 1.09
BCP2 1:60:13 1:53.84:12.02 24 28,010 30,681 1.27
BCP3 1:60:15 1:57.66:13.86 24 30,566 35,908 1.23
a The feed molar ratio of monomers; b the composition ratio in copolymer determined by 1H-NMR spectra.

1H-NMR spectra of MePEG-b-P(MAPOSS-co-DPA) with various molecular weight are shown in
Figure S2. The characterization analysis of BCP2 was used as an example. The MAPOSS structural unit
has one characteristic signal at 0.61 ppm (Peak b and Peak c). The new signals at 2.65 ppm (Peak d) and
3.02 ppm (Peak e) correspond to hydrogen in methylene (-NCH2-) and methine (-NCH-), respectively,
which are attached to tertiary amine groups in the DPA structure. The integral ratio of Peak d and
Peak e is 1:1, which is consistent with the theoretical ratio. The methylene peak attached to the MePEG
backbone (-CH2-COO-) appears at 3.66 ppm (Peak a). What is more, there is no characteristic double
bond peak appearing at 5.5–6.5 ppm, indicating that there was no residual monomer. This indicates
that the two monomers were successfully introduced into the polymer molecular chain.
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FTIR (Figure S3) was used to further certify the successful synthesis of the hybrid POSS-based
copolymers. Peaks at 1096 cm−1 are attributed to asymmetric vibrational stretching of the
cage-shaped skeleton, indicating that MAPOSS has been successfully introduced into the copolymer.
The characteristic peaks at 2865 cm−1 and 972 cm−1 correspond to C-H stretching vibration on
-NCH- and C-N vibration, respectively, implying the successful synthesis of the copolymer. The C=O
stretching vibration of MAPOSS and DPA occurs at 1725 cm−1. GPC analysis of the samples also
exhibited that the molecular weight is relatively uniform with well-defined and relatively narrow
polydispersity (Figure S4). The GPC curve of each copolymer has a certain tail, mainly due to the
high content of MePEG structural units in MePEG-b-P(MAPOSS-co-DPA). The -C-O-C- structure in the
main chain makes the copolymer easily adsorbed by the stationary phase of the ultra-high-efficiency
polymer column, resulting in the increased leaching time and trailing of the GPC curve.

3.2. Self-Assembly Behavior of MePEG-b-P(MAPOSS-co-DPA) in Aqueous Solution

To explore the influence of the hydrophobic ratio on the self-assembly system, we chose
three amphiphilic copolymers (BCP1, BCP2 and BCP3) with the same MePEG units and different
hydrophobic content. The segment lengths of MePEG and DPA structural units are the same, while the
proportion of the MAPOSS segment is different. The TEM photos of the copolymer micelles and the
results of the DLS test are shown in Figure 1. From the DLS results, it can be seen that the micelle size
of BCP1 is 223 nm. As the proportion of the hydrophobic segment gradually increases, the micelle
size of BCP2 and BCP3 decreased to 188 nm and 158 nm, respectively. The hydrodynamic diameter
of the micelle measured by DLS is usually larger than the micelle observed by TEM, because DLS
measures swollen micelles in aqueous solutions, and the sizes observed by TEM are derived from the
dried micelles.

 

Figure 1. TEM images and DLS curves of BCP1 (a,d), BCP2 (b,e) and BCP3 (c,f) micelles.

The self-assembly behavior of MePEG-b-P(MAPOSS-co-DPA) in aqueous solution was investigated.
With the increase of the MAPOSS unit number, the nanometer size of micelles decreases in sequence.
This is because the MAPOSS has a strong hydrophobicity, and its increased content can significantly
enhance the hydrophobicity of the copolymer chain in solution. Therefore, the copolymer is driven by
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a relatively larger hydrophobic effect in the process of forming a gel, resulting in a smaller micelle size.
The result is consistent with the report of Zhang et al. [28].

The critical micelle concentrations (CMC) of BCP1, BCP2 and BCP3 are also measured by
a fluorescence method with hydrophobic pyrene as a fluorescent probe. Fluorescence spectroscopy is
utilized to monitor the self-assembly process (Figure S5). The intensity ratio (I1/I3) of the peaks
located at 373 nm and 383 nm from the pyrene emission spectra can be taken into account to
know the local environment of pyrene. A lower value of I1/I3 indicates that pyrene is located in
the hydrophobic environment. From the concentration variable experiment, the I1/I3 values reflect the
CMC value [29,30]. The CMC of BCP1, BCP2 and BCP3 is found to been 0.016 mg/mL, 0.015 mg/mL
and 0.012 mg/mL, respectively. Despite the three units ratio being pretty similar in BCP1, BCP2 and
BCP3, the small increase of POSS content improved the hydrophobicity of the whole polymer chain,
resulting in the lowest CMC of BCP3. Furthermore, the longer polymer chain length possesses a
stronger intermolecular interaction. These factors can increase the driving force of the self-assembly
process, which means that this amphiphilic copolymer can form micelles at a lower concentration.

In order to explore the effect of initial concentration on the self-assembly of MePEG-b-P(MAPOSS-co-DPA)
solution, the micellar size of amphiphilic block copolymers with initial concentrations was investigated,
and the results are shown in Figure 2. It is found that the size of micelles increase with the increasing
initial concentrations, indicating that the size of micelles was significantly affected by the initial
concentration of the amphiphilic copolymer solution. Ultraviolet transmittance is a common method
to assist in the characterization of micelle size in solution. When the micelle size of the same sample
increases with the increasing concentration, the transmittance to ultraviolet light of specific wavelength
decreases. The ultraviolet transmittance of BCP1, BCP2 and BCP3 micelles at different initial
concentrations is shown in Figure 2d. As the initial concentration of the amphiphilic copolymer solution
increases, the corresponding UV transmittance becomes smaller. The change of UV transmittance with
different initial concentrations is consistent with the DLS results. From this phenomenon, we can
conclude that the initial concentration of the amphiphilic copolymer solution affects the micellar size.
Copolymer micelles with higher initial concentrations favor larger micellar size.

 

Figure 2. DLS curves of BCP1 (a), BCP2 (b) and BCP3 (c) micelles at various initial concentration of
0.5 mg/mL, 1 mg/mL and 2 mg/mL; (d) optical transmittance at 500 nm with different concentration
for BCP1, BCP2 and BCP3.
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3.3. pH-Responsive Behavior of MePEG-b-P (MAPOSS-co-DPA) Copolymers

DPA is typically used as a monomer for the preparation of pH-responsive polymers for changing
the hydrophilicity under different pH conditions. The DLS curves and micelle size distribution of
the amphiphilic copolymer micelles under different pH values are shown in Figure 3. It shows that
the micelle size changes with the pH value of the aqueous solution, and the samples with a different
proportion of MAPOSS segments have a similar tendency of diameter variations. That is, with the
decreasing of pH values in an acid solution system, the size of the micelles of the copolymers increases
gradually. Once the pH decreases from 3–2, the micelles slightly decrease. On the other hand, when the
pH of the solution increases from 3–12, the micelle size decreases gradually.

Figure 3. DLS plots of amphiphilic copolymer aggregates and schematic of the aggregate size variation
of BCP1 (a,d), BCP2 (b,e) and BCP3 (c,f) under different pH values of aqueous solution.

In an acid solution system, the protonation of the tertiary amine group in DPA units is high,
which make DPA become hydrophilic and diffuse to the shell. There is a strong electrostatic repulsive
force between DPA units, leading to DPA units’ greater attraction to water molecules. Therefore
the hydrodynamic size of the micelles increases in the acidic system. By further decreasing the pH,
the effect can become stronger. However, DPA segments become hydrophobic due to deprotonation in
alkaline conditions, which induces the micelles to shrink. The hydrodynamic size of micelles decreases
with increasing pH value.

Once the pH dropped to two, a strong acidic system causes some of the POSS cages to fall off
and the micelles to disassemble, resulting in a smaller average micelle size. This is because of the
hydrolysis of ester groups of POSS segments on the polymer chain [31]. POSS has a deep contrast
under the observation of TEM, so black spots can be observed in Figure 4.
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Figure 4. TEM image of micelles in aqueous solution with pH = 2: (a) lower magnification and
(b) higher magnification.

The surface zeta potential of amphiphilic copolymers MePEG-b-P(MAPOSS-co-DPA) micelles at
different pH values was determinated by Zetasizer NanoZS Instrument. As shown in Figure 5, the zeta
potential on the micelle surface is positive in acidic systems, as well as negative in alkaline systems.
The isoelectric point (pI) values of BCP1, BCP2 and BCP3 micelles are 7.85, 7.74 and 7.71. It can be
seen that with the increase of hydrophobic MAPOSS structure units, the relative proportion of DPA
to MAPOSS units is 4.72, 4.48 and 4.16, thus resulting in a lower pI value. Under acidic conditions,
the zeta potential on the micelle surface is positive due to the protonation of DPA structure units.
However, protonated DPA segments become deprotonated under alkaline condition, resulting in the
negative zeta potential on the micelle surface.

 

Figure 5. Zeta potential of amphiphilic block copolymers aggregates BCP1, BCP2 and BCP3.

3.4. Controlled Release of Pyrene from Amphiphilic Block Copolymers Micelles

Drug release is an important application for responsive polymer, and the preparation of fluorescent
molecules is the primary means to evaluate drug release efficiency [32–35]. Herein, the release of pyrene
as a drug model from the micelles by adjusting the pH value is investigated. During the self-assembly
process of copolymer micelles, pyrene is added in the aqueous solution. As can be seen from Figure 6,
the size of the micelles encapsulating pyrene does not change obviously, and the PDI increased slightly.
The self-assembled copolymer BCP2 formed in aqueous solution has a micelle size of 188 nm and
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a PDI of 0.135. When the micelles are loaded with fluorene molecules, the particle size is 191.8 nm,
and the PDI is 0.153. Similarly, the sizes of BCP1 and BCP3 micelles do not change much before and
after encapsulation. It is indicated that the process of loading the hydrophobic molecules does not
affect the self-assembly process of the polymer.

Figure 6. DLS curves of (a) BCP1, (b) BCP2 and (c) BCP3 micelles before and after encapsulating pyrene.

The conditions of pH = 3 and pH = 7 were selected to study the encapsulation behavior of micelles
on pyrene. It can be seen from Figure 7 that when the pH is seven, the fluorescence intensity of BCP1
micelles encapsulated with pyrene is the highest, and the intensity of BCP2 and BCP3 decreases
sequentially. The result is reasonable because the micelle size of BCP3 is the smallest, resulting in
less encapsulated pyrene molecules; therefore, the corresponding fluorescence intensity decreases.
When the pH is at seven, MePEG-b-P(MAPOSS-co-DPA) micelles contain more fluorescent molecules
and thus have higher fluorescence intensity. Once the pH decreased from 7–3, the micelles loaded less
fluorescent molecules and had lower fluorescence intensity.

Figure 7. The fluorescent spectra of the micellar solution under different pH values: (a) BCP1; (b) BCP2;
(c) BCP3.

From the above results, we can conclude that the micelle had a relatively compact core because of
the low protonation of DPA when the pH was seven near the isoelectric point of the micelles. This is
favorable for micelle core loading of guest molecules stably. However, under acidic conditions (pH = 3),
the tertiary amine groups of the DPA segment are protonated. The micelles are in a swelling state in
the aqueous solution, which facilitates the release of the pyrene.

The fluorescence intensity of MePEG-b-P(MAPOSS-co-DPA) micelles loaded with pyrene in
different pH varies with time as shown in Figure 8. In order to reflect the effect of acid conditions
on the release rate and degree of pyrene micelles, the release of pyrene from BCP1, BCP2 and BCP3
micelles with different contents of MAPOSS is determined by recording the fluorescence spectra with
respect to time, as shown in Figure S6. In the fluorescence spectra of pyrene, the peak intensity of I1

and I3 represents the hydrophilic environment and the hydrophobic environment, respectively [36].
Therefore, the cumulative fraction of released pyrene can be estimated from the ratio of (I30 − I3)/I30.
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I30 and I3 represent the initial fluorescence intensity and fluorescence intensity at a certain time,
respectively. It is easy to find that when the pH is seven, the fluorescence intensity of BCP1, BCP2 and
BCP3 decreases slightly within 8 h, indicating that the micelles can load pyrene stably. When the pH
drops to three, the fluorescence intensity decreases with time. Notably, the fluorescence intensity
decreases faster within 1 h from the beginning. In other words, polymer micelles BCP1 released
the most pyrene molecules within 8 h, followed by BCP2 micelles and BCP3 micelles in an acidic
environment, and their cumulative release percentages were decreased, which were 62.33%, 61.07%
and 52.79% respectively.

In conclusion, the proportion of MAPOSS structural units increases sequentially in BCP1, BCP2 and
BCP3. The hydrophobicity of the micelles also increases; the aggregation in the micelle core is more
compact; and the fluorescent molecules are more difficult to release. However, tertiary amine groups of
DPA units are positively charged under acidic conditions and become hydrophilic, which induce DPA
to diffuse to the shell. The electrostatic repulsion of DPA units results in a large degree of looseness
in the micelle. Pyrene molecules are easily released through the loose shell. Based on the above
results, we present the mechanism diagram of the release of pyrene from MePEG-b-P(MAPOSS-co-DPA)
micelles. As shown in Figure 9, the encapsulation and release of the fluorescent molecules are controlled
by the loosening or compaction of the micelles. When the pH is seven (near the equipotential point of
micelle), there is a compact micelle because of the low protonation of DPA. This is conducive to the
stabilization of pyrene loaded in the micellar cores. However, DPA segments in hydrophobic blocks are
protonated under acidic conditions and diffuse to the shell. The same type of charge repulsion occurs
between the positively-charged DPA segments, and the molecular chain is more stretched. The micelles
are in a swollen state in the aqueous solution, which facilitates the release of the pyrene in the micelles.

 

Figure 8. The fluorescent emission spectra of BCP1, BCP2 and BCP3 micelles encapsulated with pyrene
in aqueous solution when pH = 7 (a–c) and pH = 3 (d–f) under an excitation wavelength of 336 nm
along time.
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Figure 9. The schematic illustration of the self-assembly of MePEG-b-P(MAPOSS-co-DPA) micelles.

3.5. Anti-Protein Adsorption Properties of MePEG-b-P(MAPOSS-co-DPA) Micelles

The amphiphilic copolymers MePEG-b-P(MAPOSS-co-DPA) contained MePEG segments,
which have a certain effect on the anti-protein adsorption ability of the system [37–43]. The anti-protein
adsorption properties of the copolymer are investigated by mixing FBS solution with copolymers’
micellar solution. The DLS results of the copolymers with different content of MAPOSS segments with
FBS at pH = 7 are shown in Figure 10. The particle sizes of BCP1, BCP2 and BCP3 micelles are all
increased, but to a very small extent, and the PDI is also slightly increased. The results showed that
the micelles could effectively inhibit the further adsorption of protein, and the micelles had a certain
ability to resist protein adsorption.

 

Figure 10. DLS results of micelles before and after mixing with FBS: (a) BCP1; (b) BCP2; (c) BCP3.

The ability of the amphiphilic copolymer micelles to resist proteins was mainly provided by the
MePEG; however, DPA is often used as a protein adsorbent because of its ability to adsorb proteins.
Therefore, there is a competitive relationship between the adsorption capacity of MePEG against
protein and the protein adsorption capacity of DPA in the amphiphilic copolymer. The hydrodynamic
size variation of micelles versus time in FBS solution is shown in Figure 11. As we can see, a slight
increase of the hydrodynamic sizes of BCP1, BCP2 and BCP3 after mixing with FBS occurs within
32 h, and then, the micelle sizes keep stable. That is, when the adsorption equilibrium of the protein is
reached, the three micellar sizes increased only by 20~30 nm compared to that before the adsorption
of protein, indicating a certain ability of the micelle to resist protein. From the above results, we can
conclude that MePEG segments in the micelles act as a shell layer; MAPOSS and DPA units are
hydrophobic as the core during the formation of micelles in near-neutral media. At the same time,
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the molecular weight of the PEG used in the system is 5000, which is much larger than that of DPA
content. Although the hydrophobic DPA proportion of the core is decreased gradually in the BCP1,
BCP2 and BCP3 micelles, the ability of the anti-protein is mainly dominated by the MePEG content of
the shell. It is calculated that the three copolymer micelles are coated by a long hydrophilic MePEG
shell, suggesting the ability of the micelles to resist protein change a little.

 

Figure 11. Hydrodynamic size of micelles versus time in FBS solution.

Therefore, we believe that the interaction between the MePEG segment of amphiphilic copolymers
and water molecule effectively inhibits the further adsorption of protein by micelles, which results in
a slow increase of the micelle size, and micelles have anti-protein adsorption properties. The schematic
of the mixing of micelles and FBS solution is also shown in Figure 9. Amphiphilic copolymers
containing MePEG segments act as an anti-protein adsorption material, and its anti-protein adsorption
mechanism is related to hydration. The combined water on the surface of the material prevents
the material from adsorbing protein. The amphiphilic copolymers first combine a large number of
water molecules around it by hydrogen bonding, forming a “hydration layer” of physical and energy
barriers [44], preventing the micelles from adsorbing protein.

4. Conclusions

A hybrid amphiphilic block copolymer containing MAPOSS, MePEG and DPA via ATRP
polymerization was synthesized. The results of 1H-NMR, FTIR and gel permeation chromatography
indicated the well-defined structures of the copolymers. The copolymer has the ability to self-assemble
into a spherical micelle in response to pH. With the increase of the pH value from 2–12, the size of
micelle increases first, then decreases, indicating an outstanding pH-sensitive response. At the same
pH, the more MAPOSS units, the tighter the micelle and the smaller the particle size of the micelle.
With the fluorescent molecule pyrene as a hydrophobic drug model, MePEG-b-P(MAPOSS-co-DPA)
can realize controlled release of fluorescent molecular pyrene in an acidic environment. The MAPOSS
unit content affects the release percentage and release rate of pyrene. With the content of the MAPOSS
units increasing, the degree of release of the fluorescent molecule pyrene from the micelle becomes
smaller and the release rate becomes slower. The BCP3 micelles in an acidic environment show the
smallest cumulative release percentages (52.79%). This is important for polymers with anti-protein
adsorption ability to prevent biological pollution, which eventually averts the host immune response.
The MePEG-b-P(MAPOSS-co-DPA) micelles containing MePEG segments effectively inhibit the micelles
from adsorbing proteins and have good anti-protein adsorption ability.
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Supplementary Materials: The following are available online at http://www.mdpi.com/2072-666X/9/6/
258/s1, Figure S1: 1H-NMR spectrum of the MePEG-Br macroinitiator, Figure S2: 1H-NMR spectra of
MePEG-b-P(MAPOSS-co-DPA) with various molecular weights, Figure S3: FTIR spectrum of MePEG-b-P
(MAPOSS-co-DPA), Figure S4: GPC traces of MePEG-b-P(MAPOSS-co-DPA), Figure S5: Fluorescence-emission
spectrogram of pyrene in an aqueous solution of amphiphilic block copolymer: (a) BCP1; (c) BCP2 and (e) BCP3
with different concentrations (mg/mL); relationship between I1/I3 of pyrene and amphiphilic block copolymer
concentration: (b) BCP1, (d) BCP2 and (f) BCP3, Figure S6: Cumulative pyrene release percentage of pyrene
encapsulated by micelles of BCP1, BCP2 and BCP3 when pH = 7 and pH = 3.
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Abstract: Polymer microstructures are widely used in optics, flexible electronics, and so forth.
We demonstrate a cost-effective bottom-up manner for patterning polymer microstructures
by evaporative self-assembly under a flexible geometric confinement at a high temperature.
Two-parallel-plates confinement would become curve-to-flat shape geometric confinement as the
polydimethylsiloxane (PDMS) cover plate deformed during solvent swelling. We found that a
flexible cover plate would be favorable for the formation of gradient microstructures, with various
periodicities and widths obtained at varied heights of clearance. After thermal annealing, the edge of
the PMMA (Poly-methylmethacrylate) microstructures would become smooth, while the RR-P3HT
(regioregular-poly(3-hexylthiophene)) might generate nanocrystals. The morphologies of RR-P3HT
structures included thick films, straight lines, hierarchical stripes, incomplete stripes, and regular dots.
Finally, a simple field-effect transistor (FET) device was demonstrated with the RR-P3HT micropattern
as an active layer.

Keywords: polymer; microstructure; nanocrystalline; flexible geometric confinement;
evaporative self-assembly; field-effect transistor

1. Introduction

Evaporative self-assembly under geometric confinement is a simple bottom-up facial manner
for fabricating microstructures of various nanomaterials which are widely used in applications
of optics, optoelectronics, flexible electronics, bioengineering, and so forth [1–9]. In recent years,
functional polymers have been patterned into highly ordered microstructures using many kinds of
geometric confinement. As reported by Lin et al., stable and fix shapes of geometric confinement
including two parallel plates, curve-to-flat and wedge-to-flat confinement, were able to form regular
stripes in large area [1–4,10–12]. To the best of our knowledge, most of the abovementioned studies
have reported on the self-assembly under a rigid geometric confinement rather than a flexible one. It is
easy to figure out that the opening of the geometric confinement would influence the evaporative rate.
Hence, it is desirable for the opening of the geometric confinement to be varied in an easy manner.
Moreover, it would take long time to produce a polymer microstructure at low temperature due to the
low evaporation rate, while a high temperature could enhance the evaporative induced self-assembly
process of patterning polymeric microstructures. In addition, we have proposed in previous work
that low temperatures were not favorable for the regular stripe formation of nanoparticles as well as
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for other nanomaterials [13]. Therefore, the effect of high temperatures in evaporative self-assembly
should be further studied, especially for some solvents with high boiling points, in order that the
formation of microstructure can be promoted.

Poly-methylmethacrylate (PMMA) as a kind of structural polymer,
and regioregular-poly(3-hexylthiophene) (RR-P3HT) as a functional polymer with semiconducting
property, were commonly used [9,14–18]. For instance, PMMA gratings could be used as diffractive
components for optical devices or as a template for replicating other functional patterns [11,19].
The latter one, RR-P3HT, is widely used in organic solar cells and often used as an electron donor
in the blend of P3HT: PCBM with PCBM as the acceptor [18,20,21]. Han et al. have reported highly
oriented nanofibrils of such semiconducting materials by blading deposition in a microfluidic
dragging manner [22,23]. Recently, Ding et al. reported a regular P3HT grating microstructure by
using nanoimprinting lithography for studying the growing behavior of muscle cells [24]. Lin et al.
proposed stripe-like structures by evaporative self-assembly of P3HT in a capillary tube [25].

In this study, we demonstrate a cost-effective method for fabricating polymeric micro patterns
under flexible geometric confinement at a high temperature. Pure materials of PMMA and RR-P3HT
are used. A flexible polydimethylsiloxane (PDMS) cover plate and a silicon wafer are used to establish
a flexible geometric confinement. Then, the polymer solution is allowed to evaporate on a hotplate.
With the time-elapsed evaporation, the solvent could be absorbed by the PDMS materials and the
flat cover would become curved and bumped downwards, thus leading to a variable clearance for
solvent evaporation. It is easier to remove the solvent than that of the parallel-plate confinement,
because the entrapped solution for the latter can form denser vapor of the solvent and slow down the
evaporation. In addition, the effect of gap height is also considered as an important influential factor
for the formation of varied polymer microstructures. Finally, we demonstrate a simple field-effect
transistor (FET) device using the RR-P3HT pattern as an active layer [26].

2. Materials and Methods

2.1. Materials

PMMA (950 k) powder and RR-P3HT (87 k) powder were both purchased from Sigma-Aldrich
(Shanghai, China). PMMA solutions with concentrations of 5–10% were obtained by resolving the
PMMA powder in toluene, and the mixture was stirred for at least 10 h in fume hood. The RR-P3HT
solutions with concentrations of 1–3 wt % were obtained by mixing 0.05 g powder into chlorobenzene
after vigorously stirring under ambient condition for 1 h in fume hood.

2.2. Experimental Process

A thoroughly cleaned silicon wafer and glass-slides as substrate was placed on a hotplate.
Two smaller pieces of 250 to 1000 μm-thick metal foils were used as spacers. As for the flexible
geometric confinement, a PDMS plate 2 mm in thickness was placed over on the spacers to form
a bridge and clearance (Figure 1). As for the rigid geometric confinement in comparison, a glass
slide as a cover plate, was put onto the substrate to form a wedge-shape clearance (Figure S1c).
After that, a drop of polymer solution with certain volume was supplied to the clearance, and allowed
to evaporate. The temperature was adjusted to 110 ◦C for PMMA solution, while it was 120 ◦C for
RR-P3HT solution. Once the polymer solutions were totally evaporated, microstructures could be
observed on the substrate. In order to make it smoother, we further thermally annealed the as-prepared
PMMA patterns on a 200 ◦C hotplate for half an hour. For comparison, the RR-P3HT was evaporated
in both ambient and nitrogen atmosphere, and then the two samples were thermally annealed at
140 ◦C under nitrogen atmosphere for one hour.
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2.3. FET Device Fabrication Based on RR-P3HT

Interdigital electrodes were fabricated on a thermally oxidized high-doped silicon wafer using
ultraviolet (UV)-lithography, magnetic sputtering (of titanium and platinum in 100 nm thickness)
and lift-off process (to remove the photoresist and the extra metal). After that, RR-P3HT patterns
were fabricated over the interdigital electrodes using the proposed flexible geometric confined
evaporative self-assembly approach. Finally, the simple FET device based on the RR-P3HT pattern
was demonstrated.

2.4. Characterization

The morphologies of the polymer microstructures were characterized by field emission scanning
electron microscope (FESEM), laser scanning confocal microscope (LSCM), and optical microscope.
The nanostructure of the RR-P3HT were characterized by atomic force microscope (AFM, BRUKER,
Billerica, MA, USA) using tapping mode, the scanning range was 2 × 2 μm and 5 × 5 μm, with a
frequency of 0.7 Hz and 512 scanning lines per square. The absorbance spectra of the RR-P3HT films
on glass slide were characterized using UV–vis Spectrometer (UV-3600, Shimadzu, Kyoto, Japan),
with wavelength range of 310–800 nm. The electric test of the FET device was performed using a
semiconductor analyzer (Keysight Technologies, Santa Rosa, CA, USA).

3. Results and Discussion

3.1. Formation of the Flexible Geometric Confinement

Figure 1 illustrates the flexible cover plate deformation and thereafter the formation of curve-to-flat
shape geometric confinement gradually as soon as the polymer solution was absorbed by PDMS. In the
initial state of the cover-substrate set-up, the polymer solution did not evaporate fast because of the
limited clearance. PDMS is a good absorber for the organic solvent, thus leading to an increment of
the concentration of the initial polymer solution. Therefore, the PDMS cover would become curved
gradually with time elapsed evaporation, and the clearance became larger at the outside region and
smaller in the center region. By this means, the polymer solution could have a large evaporation rate
at the outmost side, and retreat slowly with solvent evaporation. It would take a short time to form a
curved shape of PDMS cover plate (Figure S2). We could consider the process of solvent absorption and
PDMS swelling as a simple manner to make a curve-to-flat shape geometric confinement as reported
Lin et al. [10,12]. Meanwhile, a high temperature near the boiling point of solvent would enhance the
evaporative rate, thus leading to faster polymer deposition.

 
(a) 

(c) 

 
(b) 

(d) 

Figure 1. Schematic illustration of evaporating polymer solution in a flexible geometric confinement
on a heated silicon wafer in the (a) initial state, (b) solvent absorption, (c) PDMS swelling, and (d)
eventually curved state of the PDMS cover plate.
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3.2. Effect of Evaporative Openning on the Patterning of PMMA Microstructure

Figure 2a shows the circular rings of PMMA resulted from evaporating a single droplet of toluene
solution in the center of the clearance, where the confinement was narrowed down (see also Figure S1a).
In comparison, Figure 2b shows comparable regular stripes generated by evaporative-assembly from
a meniscus on the vertical wedge-shape confinement which had a very larger open confinement
(see also Figure S1b).

(a) (b)

Figure 2. Patterns of PMMA obtained by evaporating (a) a single droplet in the center of the clearance
and (b) wedge meniscus of PMMA solution on silicon wafer at 110 ◦C hotplate.

When the PMMA solution was trapped in a two parallel plates, the formation would be different.
By adjusting the height of the evaporative opening, the widths and periodicities of the PMMA patterns
could be both changed (Figure 3 and Figure S2). The evaporation rate would be increased with
increasing the gap height of the clearance of evaporative opening. The relationship between the gap
height and structure dimension is shown in Table 1. The width of the PMMA microstructure would
increase with larger gap heights of clearance. Meanwhile, the density of the PMMA microstructure
would be reduced with a higher gap of clearance for evaporation.

(a) (b) 

Figure 3. PMMA patterns obtained by evaporative self-assembly at varied gap heights of clearance:
(a) 1000 μm and (b) 250 μm.

Table 1. Dimensional change of patterned PMMA microstructure with the gap height of clearance.

Gap Height/μm Vertical Periodicity/μm Vertical Width/μm Lateral Periodicity/μm Lateral Width/μm

250 80 35 25 3
500 100 45 120 20
1000 250 125 300 60
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Figure 4 demonstrates the obtained stripe patterns with high ordered crater-like structure
by gelation under high temperature assisted evaporation. We can see that the microstripes have
ordered distribution at both the lateral direction and the vertical direction. After being annealed on
200 ◦C hotplate, the PMMA patterns turn round shape at the edge due to the reflow under surface tension.
Therefore, the PMMA patterns become shorter in height and larger in width (Figure 4b,d). At the
same time, the wave-shaped patterns in the vertical direction become not as apparent as the patterns
that without annealing.

 
(a) 

(c) 

(b) 

(d) 

Figure 4. Morphologies of the PMMA microstructures. (a,c) SEM images of the as-prepared PMMA
patterns obtained at varied gap heights of clearance; (b,d) optical microscope images of PMMA patterns
after 200 ◦C annealing corresponding to (a,c), respectively.

The mechanism for the facial formation of the polymer microstructure by the evaporative manner
has been reported by many researchers [1,2,27–29]. The formation of PMMA at the vertical direction
should be attributed to the coffee-ring effect. Meanwhile, the formation at the lateral direction should
be due to the Marangoni effect under confined evaporation [30,31]. High temperature would lead to
difference of surface tension at the liquid–air interface, and therefore drive the reflow of PMMA solution
and the reshape of patterned stripes during evaporation. The stick-slip motion of the evaporating front
could be helpful for the generation of the polymer patterns. There are several advantages for using
high temperature to promote evaporative self-assembly formation. One of the greatest advantages
is the enhancement of generation of the coffee-ring patterns under high evaporation temperature.
On the other hand, a complex structure would be also obtained due to the Marangoni effect at high
temperature-driven interfacial tension. The flexible geometric confinement would favor patterning
polymer microstructures with various periodicities and widths.
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3.3. Patterning of RR-P3HT Microstructures

Figure 5 shows the morphologies of the RR-P3HT microstructures. The widths of RR-P3HT
stripes are thicker in the central region than that at the outside region due to the varied clearance of
the geometric confinement. There are many casually distributed dense microdots surrounding the
straight stripes with larger width obtained at the higher concentration region (Figure 5a). In contrast,
the region between the finer stripes formed at low-concentration appears much cleaner (Figure 5b).

(a) (b) 

Figure 5. Optical microscope images of RR-P3HT patterns formed by evaporation under flexible
geometric confinement, in the central region (a) and outside region (b).

The concentration is the highest in the innermost region, and thus leading to a stacked thick
film of RR-P3HT. Figure 6 shows the obtained RR-P3HT microstructures with various morphologies
at different area (Figure S4). Figure 6a depicts the whole view of the obtained patterns of RR-P3HT
microstructures with circular loops of various morphologies. The periodicity and width both becomes
smaller ranging from the central region to the outmost region (Figure 6b). There are some small regions
with regular stripes, while a dust would change the morphology of the stripe formation (Figure S4b).
In the region not far away from the center, the widths become finer with few dots around the
stripes (Figure S4c). At the outmost region where the evaporation occurred first, we can find some
dotted patterns with regular distribution in both the vertical and lateral directions. In a certain region
near the middle, we also find some incomplete stripes with casually distributed dilute microdots
between the stripes (Figure 6c,d). Table 2 also lists the varied periodicities and widths at different
distances from the interior region.

(a) 
 

(b) 

Figure 6. Cont.
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(c) 
 

(d) 

Figure 6. (a) Diagram depicting the various morphologies of RR-P3HT patterns formed by evaporative
self-assembly under flexible geometric confinement. Optical microscope images of RR-P3HT patterns
formed by evaporation under flexible geometric confinement: (b) regular dots, (c) irregularly distributed
dots in between the stripes as seen in (d) incomplete stripes.

Table 2. Widths and periodicities of RR-P3HT microstructure distant from the central region using
solution of low concentration of 1 wt %.

Distance/mm Width/μm Periodicity/μm

1 6 60
2 2.5 42
3 1 18
4 0.6 9

Different from the results reported by Lin et al. [1,2,12], the microstructure has various
morphologies with increasing periodicities and widths simultaneously from the outmost to the center.
The generation of dot-patterns should be due to the low concentration at the beginning.
With solvent evaporating, the concentration at the three-phase contact line would become higher,
so that the accumulation of the polymeric molecules would be increased, thus leading to a larger width.
The main mechanism for formation of different morphologies in different regions can be depicted
as below. The regularly distributed microdots were formed by gelation as part of the pinning-triple
contact line in a rather low concentration. In contrast, the irregularly distributed microdots should
be attributed to locally sputtering during receding of the evaporating front under the thermal effect.
The surface tension driven Marangoni effect may also lead to the formation of the microdots by
thermal re-flow [30,31].

We also investigate the self-assembly of RR-P3HT with higher concentration solutions.
Figure 7 compares the RR-P3HT patterns that resulted from the proposed flexible geometric
confinement with that from rigid wedge-shape geometric confinement. For the former, straight dense
gradient stripes were obtained (Figure 7a,b). For the latter, thick films would be found in the
middle region, while finer dense gradient stripes surround the thick film (Figure 7c). The variation of
periodicities and widths for RR-P3HT patterns was also demonstrated in Figure 7d. In comparison
with the rigid glass-slide cover plate, the flexible PDMS cover plate would form a curve shape via
solvent swelling which would attract most of the solution to the middle part, leaving a small amount
for the surrounding area, thus leading to a shorter range of stripe pattern.

Nanostructure can be also characterized with atom force microscope (AFM), depicting that the
RR-P3HT microstructure would generate nanocrystals in forms of nanofibrils (Figure 8a) or nanochains
with alignment orientation to the microstripe (Figure 8b) after thermal annealing. Meanwhile,
the absorbance spectra also show a blue shift of the peak value (Figure 8d), indicating the formation of
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larger amount of nanocrystals. In contrast, the nanostructure in the unannealed RR-P3HT patterns are
random distributed and less crystallized due to the fast evaporation (Figure 8c).

 
(a) 

(c) 

(b) 

 
(d) 

Figure 7. Optical microscope images of RR-P3HT obtained by evaporative self-assembly under rigid
confinement (a,b) and flexible confinement (c) with a high solution concentration of 3 wt %. A thicker
stripe pattern was obtained (a) near the edge and (b) distant from the edge; (c) very thick film
surrounded by finer stripe patterns. (d) Comparison of periodicities (λ) and widths (w) of RR-P3HT
stripe patterns resulted from the rigid and flexible cover plate.

 
(a) 

 
(b) 

Figure 8. Cont.
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(c) (d) 

Figure 8. Characterization of nanostructure of RR-P3HT patterns. Atomic force microscope (AFM)
images of the obtained RR-P3HT patterns: (a) nanofibrils observed on the stripes obtained by
evaporative self-assembly at 120 ◦C and thermal annealing at 140 ◦C under nitrogen atmosphere;
(b) nanochains observed in between two stripes of (a); (c) random distributed microstructure obtained
at ambient condition at 25 ◦C without thermal annealing. (d) Absorbance spectra of the RR-P3HT
patterns before and after thermal annealing, depicting the blue shift with thermal annealing.

The resultant RR-P3HT patterns can be used as an organic thin film transistor structure [5].
Interdigital electrodes were fabricated on a thermal-oxidized highly-doped p-type silicon wafer by
using photolithography and lift-off methods. The silicon wafer was considered as a gate as well as
a substrate. Meanwhile, the 500 nm-thick SiO2 layer was used as dielectric, with the 100 nm-thick
platinum interdigital electrodes as both source and drain. Figure S5a demonstrates the patterned
RR-P3HT on digital electrodes. Figure 9 shows the performance of the FET device fabricated with the
RR-P3HT stripe patterns as an active layer, using the bottom electrode mode (Figure S5b).

(a) (b) 

Figure 9. Performance of the RR-P3HT-based FET device: (a) output characteristic curve and (b) transfer
characteristic curve.

By simple estimation from both the output and transfer characteristic curves, we could obtain a
carrier mobility of about 0.01 cm2/Vs, with threshold voltage of about 25 V, and the on/off current ratio
of no larger than 102 (Table 3). However, the above device performance is far from being applicable.
The reason for the deterioration performance of RR-P3HT microstructures should be attributed to
the high temperature which would render oxidation of the P3HT molecules. This should be the very
reason for limited application of such vulnerable functional polymers like RR-P3HT in the form of
microstructure patterning. Moreover, the large dielectric thickness of the FET device would lead to a
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rather high threshold voltage and working voltages. Better results are believed to be obtained if more
RR-P3HT molecules were generated into finer crystalline by slower evaporation and thermal annealing
in protective atmosphere [22,32,33]. For example, the whole experimental set-up could be carried
out in a vacuum chamber while being performed at a high temperature. Moreover, better polymer
crystalline would be generated by using a directional growth method like blade-deposition at a low
temperature [20,34]. Nevertheless, we believe that many other polymers can be also patterned by
employing the evaporative self-assembly manner using such a flexible geometric confinement.

Table 3. Performance of the FET device with the RR-P3HT micropattern as an active layer.

μ (cm2/Vs) V th (V) Ion/Ioff

~0.01 ~25 <102

4. Conclusions

In summary, we propose a flexible geometric confinement for evaporative self-assembly with
variable clearance to form stripe patterns of structural and functional polymeric materials. PMMA can
be formed into microstructures—such as circular rings, straight stripes, and hierarchical stripes—with
various periodicities and widths under different height of clearance for evaporative assembly.
Thermally enhanced evaporation would result in formation of complex structures under flexible
geometric confinement. Moreover, a semiconducting type polymer RR-P3HT can be patterned into
gradient microstructures, with various morphologies of thick film, stripes, discontinuous stripes,
regularly-distributed dots, etc. RR-P3HT nanocrystals and polymer alignment could be found
upon thermal annealing at 140 ◦C under nitrogen atmosphere. Finally, a simple FET device was
demonstrated with the RR-P3HT patterns as functional layer on interdigital thin-film electrodes.
Although it would be a simple method for generating a curve-to-flat confinement as well as improving
the formation of gradient polymer microstructures, there are still limitations to the proposed flexible
geometric confinement. For instance, the swelling of the PDMS cover plate would be a non-linear
process during the absorption and deformation. The thermal control over the evaporative self-assembly
process could not be so accurately. Moreover, the reproducibility seems not so good for such a
flexible confinement by means of thermally enhanced evaporation and solvent swelling. Nonetheless,
the evaporative self-assembly under flexible geometric confinement could pave the way for patterning
many other functional materials for practical applications.

Supplementary Materials: The following are available online at www.mdpi.com/2072-666X/9/3/124/s1.
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14. Powroźnik, P.; Stolarczyk, A.; Wrotniak, J.; Jakubik, W. Study of Poly(3-hexyltiophene) Polymer Sensing
Properties in Nerve Agent Simulant (DMMP) Detection. Proceedings 2017, 1, 448. [CrossRef]

15. Wang, Y.; Lieberman, M.; Hang, Q.; Bernstein, G. Selective binding, self-assembly and nanopatterning of the
Creutz-Taube ion on surfaces. Int. J. Mol. Sci. 2009, 10, 533–558. [CrossRef] [PubMed]

16. Smith, M.K.; Singh, V.; Kalaitzidou, K.; Cola, B.A. Poly(3-hexylthiophene) nanotube array surfaces with
tunable wetting and contact thermal energy transport. ACS Nano 2015, 9, 1080–1088. [CrossRef] [PubMed]

17. Ting, Y.-H.; Liu, C.-C.; Park, S.-M.; Jiang, H.; Nealey, P.F.; Wendt, A.E. Surface Roughening of Polystyrene
and Poly(methyl methacrylate) in Ar/O2 Plasma Etching. Polymers 2010, 2, 649–663. [CrossRef]

18. Singh, S.; Vardeny, Z.V. Ultrafast Transient Spectroscopy of Polymer/Fullerene Blends for Organic
Photovoltaic Applications. Materials 2013, 6, 897–910. [CrossRef] [PubMed]

19. Sun, W.; Yang, F.Q. Self-Organization of Unconventional Gradient Concentric Rings on Precast PMMA Films.
J. Phys. Chem. C 2014, 118, 10177–10182. [CrossRef]

20. Wang, H.; Xu, Y.; Yu, X.; Xing, R.; Liu, J.; Han, Y. Structure and Morphology Control in Thin Films of
Conjugated Polymers for an Improved Charge Transport. Polymers 2013, 5, 1272–1324. [CrossRef]

21. Kakogianni, S.; Andreopoulou, A.; Kallitsis, J. Synthesis of Polythiophene–Fullerene Hybrid Additives as
Potential Compatibilizers of BHJ Active Layers. Polymers 2016, 8, 440. [CrossRef]

22. Gao, X.; Han, Y.-C. P3HT stripe structure with oriented nanofibrils enabled by controlled
inclining evaporation. Chin. J. Polym. Sci. 2013, 31, 610–619. [CrossRef]

23. Sun, Y.; Han, Y.; Liu, J. Controlling PCBM aggregation in P3HT/PCBM film by a selective solvent
vapor annealing. Chin. Sci. Bull. 2013, 58, 2767–2774. [CrossRef]

24. Wang, K.; Li, X.; Wang, C.; Qian, M.; Ding, G.; Liu, J. Vapor-assisted room temperature
nanoimprinting-induced molecular alignment in patterned poly(3-hexylthiophene) nanogratings and its
stability during thermal annealing. RSC Adv. 2017, 7, 40208–40217. [CrossRef]

25. Sun, Y.; Lin, Y.; Su, Z.; Wang, Q. One-step assembly of multi-layered structures with orthogonally oriented
stripe-like patterns on the surface of a capillary tube. Phys. Chem. Chem. Phys. 2017, 19, 23719–23722.
[CrossRef] [PubMed]

26. Leite, G.V.; Van Etten, E.A.; Forte, M.M.C.; Boudinov, H. Degradation of current due to charge transport in
top gated P3HT—PVA organic field effect transistors. Synth. Met. 2017, 229, 33–38. [CrossRef]

27. Gao, X.; Xing, R.-B.; Liu, J.-G.; Han, Y.-C. Uniaxial alignment of poly(3-hexylthiophene) nanofibers by
zone-casting approach. Chin. J. Polym. Sci. 2013, 31, 748–759. [CrossRef]

175



Micromachines 2018, 9, 124

28. Li, W.; Lan, D.; Wang, Y. Dewetting-mediated pattern formation inside the coffee ring. Phys. Rev. E
2017, 95, 042607. [CrossRef] [PubMed]

29. Deegan, R.D.; Bakajin, O.; Dupont, T.F.; Huber, G.; Nagel, S.R.; Witten, T.A. Capillary flow as the cause of
ring stains from dried liquid drops. Nature 1997, 389, 827–829. [CrossRef]

30. Ristenpart, W.D.; Kim, P.G.; Domingues, C.; Wan, J.; Stone, H.A. Influence of substrate conductivity on
circulation reversal in evaporating drops. Phys. Rev. Lett. 2007, 99, 234502. [CrossRef] [PubMed]

31. Hu, H.; Larson, R.G. Marangoni effect reverses coffee-ring depositions. J. Phys. Chem. B 2006, 110, 7090–7094.
[CrossRef] [PubMed]

32. Zhao, K.; Xue, L.; Liu, J.; Gao, X.; Wu, S.; Han, Y.; Geng, Y. A new method to improve poly(3-hexyl thiophene)
(P3HT) crystalline behavior: decreasing chains entanglement to promote order-disorder transformation
in solution. Langmuir 2010, 26, 471–477. [CrossRef] [PubMed]

33. Oh, J.Y.; Shin, M.; Lee, T.I.; Jang, W.S.; Min, Y.; Myoung, J.-M.; Baik, H.K.; Jeong, U. Self-Seeded Growth of
Poly(3-hexylthiophene) (P3HT) Nanofibrils by a Cycle of Cooling and Heating in Solutions. Macromolecules
2012, 45, 7504–7513. [CrossRef]

34. He, M.; Li, B.; Cui, X.; Jiang, B.; He, Y.; Chen, Y.; O’Neil, D.; Szymanski, P.; Ei-Sayed, M.A.; Huang, J.;
Lin, Z. Meniscus-assisted solution printing of large-grained perovskite films for high-efficiency solar cells.
Nat. Commun. 2017, 8, 16045. [CrossRef] [PubMed]

© 2018 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

176



MDPI
St. Alban-Anlage 66

4052 Basel
Switzerland

Tel. +41 61 683 77 34
Fax +41 61 302 89 18

www.mdpi.com

Micromachines Editorial Office
E-mail: micromachines@mdpi.com

www.mdpi.com/journal/micromachines





MDPI  
St. Alban-Anlage 66 
4052 Basel 
Switzerland

Tel: +41 61 683 77 34 
Fax: +41 61 302 89 18

www.mdpi.com ISBN 978-3-03928-507-5 


	Blank Page

