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The Food and Agriculture Organization of the United Nations has recently estimated that the
world equid population exceeds 110 million (FAOSTAT 2017). Working equids (horses, ponies,
donkeys, and mules) remain essential to ensure the livelihood of poor communities around the
world. In many developed countries, the equine industry has a significant economical weight, with
around 7 million horses in Europe alone. The close relationship between humans and equids, and the
fact that the athlete horse is the terrestrial mammal that travels the most worldwide after humans,
are important elements to consider in the transmission of pathogens and diseases, amongst equids
and to other species. The potential effect of climate change on vector ecology and vector borne
diseases is also of concern for both human and animal health.

With this Special Issue, which assembles a collection of communications, research articles, and
reviews, we intend to explore our understanding of a panel of equine viruses, looking at their
pathogenicity, their importance in terms of welfare and potential association with diseases, their
economic importance and impact on performance, and how their identification can be helped by new
technologies and methods. Beyond their potential risk to other species, including humans, equine
viruses may also represent an interesting model for reproducing virus infection in the host species.

Dennis et al. [1] contributed a review on African Horse Sickness (AHS). This disease, caused by
the orbivirus AHS virus (AHSV), induces a very high mortality rate that can exceed 95% in its most
severe form. This disease mostly occurs in southern African countries, but its transmission by
Culicoides biting midges is of great concern in the current context of global warming and its
consequence on displacement of vector populations. In the absence of treatment, prevention is
essential, and Dennis et al. also provide a comprehensive review of the different vaccine strategies
and technologies available and in current development against AHSV. While live attenuated and
inactivatedAHSV vaccines have played a role to reduce the impact and occurrence of AHS in affected
areas, the number of AHSV serotypes in circulation and their lack of DIVA markers (differentiating
infected from vaccinated animals) is a drawback that leads to the development of a new generation
of vaccines, such as poxvirus vectored or reverse genetics vaccines. Lecollinet et al. [2] reviewed
major viruses inducing encephalitis in equids and their growing importance as a threat to the
European horse population. Amongst them, equid herpesviruses (EHVs) are some of the most
frequently isolated equine viruses worldwide. The equine herpesvirus type 1 (EHV 1) is of particular
interest to the equine industry because of the different forms of disease it can induce, from a mild
respiratory infection to abortion, neonatal death, and myeloencephalopathy (EHM) [3]. A
communication from Preziuso et al. [4] and an article from Sutton et al. [5] specifically focused on
EHV 1 strain characterization in order to better understand EHV circulation in Italy and France.
Different approaches were compared, from the single nucleotide point (SNP) mutation in ORF30
(historically associated with abortive or neuro pathogenic strains), to other ORF gene sequences and
the newly described multilocus strain typing methods (MLST; [6]). The MLST method is an
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interesting new approach for EHV 1 and a potential epidemiological tool that could provide an
alternative until the development of more accessible EHVwhole genome sequencing methods. EHV
1 strain characterization by Sutton et al. allowed to conclude that the surge of EHV 1 outbreaks
reported in France in 2018was not linked to the introduction and/or circulation of a new EHV 1 strain
in the French horse population. The origin of this crisis could be linked to a shortage of EHV vaccine
and a subsequent reduced rate of EHV vaccination in the preceding years [7]. Lecollinet et al. also
reviewed less frequently isolated encephalitis viruses, which may be zoonotic, such as rabies virus,
borna disease virus, and West Nile virus (WNV). In the case of WNV, both horses and humans are
highly susceptible to viral infection through infected mosquitoes. Unprecedented circulations of
WNV have been observed in several European countries in the last decade, with a potential role of
climatic and environmental conditions. Both species are considered as dead end hosts. However, the
horse could be used as a sentinel species to monitor and control vector borne virus activity. Other
enzootic flaviviruses were also reviewed, such as Tick Borne Encephalitis virus (TBEV) and Louping
Ill virus (LIV). In Europe, vaccination is only available against some of these pathogens (i.e., EHV 1
and 4, Rabies virus, andWNV), which highlights the importance of surveillance. Taking into account
that most of these viruses will induce similar clinical signs of disease, the development of
discriminative diagnostic tools is also of increasing importance. Finally, the review presents some
other vector borne (mosquitoes or midges) equine encephalitis viruses, not currently circulating in
Europe, from the Flaviridae family (i.e., the Japanese encephalitis virus (JEV), Saint Louis encephalitis
virus (SLEV), andMurray Valley encephalitis virus (MVEV)) or the alphaviruses from the Togaviridae
family (i.e., eastern, western, and Venezuelan equine encephalitis viruses; EEEV, WEEV, and VEEV,
respectively). In relation to VEEV, Rusnak et al. [8] presented systematic approaches for strain
selection and propagation of virus and challenge material for the development and approval of a
VEEV vaccine under the FDA Animal Rule and the different animal models available (rodents and
non human primates).

Altan et al. [9] have used metagenomics to identify viruses in horses with neurological and
respiratory diseases. The equine hepacivirus (EqHV) was detected in the plasma from several
neurological cases. This virus, whichwas first reported in horses in 2012 [10], was further investigated
by Badenhorst et al. [11], with a specific focus on its circulation in Austria and the potential role of
mosquitoes in its transmission. The prevalence of EqHV in the Austrian horse population studies
reached 45% (based on serological evidence), with around 4% of samples positive for EqHV RNA.
No EqHV RNA was found in mosquitoes collected across Austria, raising questions about its
methods of transmission. Some aspects of this particular question of EqHV transmission were treated
by Pronost et al. [12], who presented evidence to support a potential in utero transmission of EqHV
from the mare to the foal, based on three positive clinical cases amongst 394 dead foals screened for
the presence of EqHV RNA (prevalence of 0.76%). Altan et al. [9] also detected two copiparvoviruses,
the equine parvovirus hepatitis (EqPV H) and a new one named Eqcopivirus by the authors, with no
specific and/or statistical association with disease. Equine parvovirus hepatitis was also the subject
of the article from Meister et al. [13], which reported an EqPV H infection occurrence in a quarter of
the actively breeding Thoroughbred horse population from northern and western Germany. EqPV
H prevalence reached 7% and 35% (EqPV H DNA positive detection and seroconversion,
respectively). This study concerned mostly Thoroughbred brood mares, which represented 97% of
the analyzed cohort. Concerning Thoroughbred stallions, Li et al. [14] identified a new equine
papillomavirus (EcPV9) in the semen from an Australian Thoroughbred stallion suffering from a
genital wart. The clinical significance of this new equine papillomavirus remained to be determined
and will require further investigation. A similar question was raised by Nemoto et al. [15], who
reported the first detection of equine coronavirus (ECoV) in Irish equids suffering from diarrhea. At
five occasions, ECoV RNA was detected in feces from more than 400 equids with enteric diseases.
However, the association with disease remains to be substantiated. While ECoV prevalence in Irish
equids was 1.2% when measured by rRT PCR in feces samples, evidence of ECoV infection was
significantly higherwhenmeasured by serology in 984 serum samples fromDutch horses, 100 serums
from Icelandic horses, and 27 paired serum samples from an ECoV outbreak in the USA. Zhao et al.

2



Viruses 2020, 12, 153

[16] developed and validated an S1 protein based ELISA for this purpose. Seroprevalence ranged
from 26% in young horses to nearly 83% in adults. The authors highlighted the potential use of this
ELISA as a diagnostic test to confirm ECoV outbreaks, as a complement to feces samples analysis by
qRT PCR. The study from Back et al. [17] shed some light on the potential role of equine rhinitis A
virus (ERAV) infection in poor performance. This longitudinal study, which involved 30
Thoroughbred racehorses, significantly associated seroconversion to ERAV and subsequent failure
to attend races. However, similarly to EqPV H and ECoV infections previously reported in this
Special Issue, a direct association of ERAV infection with clinical signs of disease could not be
confirmed in this study.

Finally, Fatima et al. [18] investigated the antiviral activity of the equine interferon mediated
host factors myxovirus (Mx) protein (eqMx1) against a range of influenza A viruses (IAVs). The
authors highlight the potential protective role of eqMx1, which primarily targets the virus
nucleoprotein (NP), against the transmission of new IAVs in horses (i.e., eqMx1 could only inhibit
the polymerase activity of IAVs of avian and human origin but remained inactive against the equine
IAVs tested). Introduction of a new IAV in the equine population is considered a rare event. In 1989,
an equine influenza epizootic was reported in the Jilin and Heilongjiang provinces of northeastern
China, with up to 20% mortality, which is quite high when compared with conventional equine
influenza outbreaks. The IAV strain representative of this outbreak (i.e., A/equine/Jilin/1/1989) was
closely related to an avianH3N8 IAV [19]. The authors show that the IAV strain A/equine/Jilin/1/1989
bears two adaptive NP mutations that confer resistance to eqMx1. To date, equine influenza virus
remains one of the most important respiratory pathogens of horses worldwide, with a potential
damaging impact on the equine industry, as clearly illustrated in 2007 in Australia and in 2019 in
Europe [20,21].

We hope this Special Issue helps to highlight the diversity of equine viruses and their
importance, in terms of welfare and/or economic impact, to equids and humans.
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Abstract: African horse sickness is a devastating disease that causes great suffering and many
fatalities amongst horses in sub-Saharan Africa. It is caused by nine different serotypes of the
orbivirus African horse sickness virus (AHSV) and it is spread by Culicoid midges. The disease has
significant economic consequences for the equine industry both in southern Africa and increasingly
further afield as the geographic distribution of the midge vector broadens with global warming
and climate change. Live attenuated vaccines (LAV) have been used with relative success for many
decades but carry the risk of reversion to virulence and/or genetic re-assortment between outbreak
and vaccine strains. Furthermore, the vaccines lack DIVA capacity, the ability to distinguish between
vaccine-induced immunity and that induced by natural infection. These concerns have motivated
interest in the development of new, more favourable recombinant vaccines that utilize viral vectors or
are based on reverse genetics or virus-like particle technologies. This review summarizes the current
understanding of AHSV structure and the viral replication cycle and also evaluates existing and
potential vaccine strategies that may be applied to prevent or control the disease.

Keywords: African horse sickness; virus structure; replication; vaccine strategies

1. Introduction

For several centuries, the devastating African horse sickness (AHS) has been a cruel scourge to
horse owners in sub-Saharan Africa. The disease is infectious but non-contagious and causes high
fatality rates in susceptible hosts. It is listed as a notifiable viral disease by the World Organization for
Animal Health (OIE) because of its severity and the potential risk it poses for rapid global spread [1].
AHS remains the most economically significant equine disease worldwide.

The first known historical reference to AHS was recorded in an Arabian document entitled
“Le Kitab El-Akoual El-Kafiah Wa El Chafiah”, which apparently relates to an epidemic that occurred
in the Yemen in 1327 [2]. However, the virus is believed to have originated in Africa, with the first
record of the disease on the continent being made by Father Monclaro in his account of the journey of
Francisco Barreto to East Africa in 1569 [1]. Unlike zebras, which are endemic to the region, horses are
not native to southern Africa and reference to AHS in South Africa was first made about fifty years
after the introduction of horses and donkeys to the Cape of Good Hope by the early Dutch Settlers in
1657. A major outbreak occurred in 1719 when almost 1700 animals were reported to have succumbed
to the dreaded “perreziekte” or “pardeziekte” [2]. Prior to 1953, periodic outbreaks seemed to occur
at roughly 20–30 year intervals, the most severe being the outbreak in South Africa in 1854–1855,
which claimed the lives of nearly 70,000 horses, more than 40% of the entire horse population of the
Cape at the time [3]. Indeed in South Africa, the economic impact of the disease has been such that it
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directly and significantly influenced the progress and development of the field of veterinary science
itself [4].

AHS continues to occur regularly in southern African countries, but the virus has also occasionally
escaped its geographical limitations and extended further afield to countries in North Africa, the Middle
East, the Arabian peninsula, South-West Asia and the Mediterranean region (Figure 1) [5–7]. The severe
epizootic in the Middle East and South West Asia between 1959 and 1963 was responsible for the
deaths of over 300,000 equines and was finally only arrested as a result of a concerted vaccination
campaign and widespread depletion of susceptible animals [7,8]. AHS-free countries with milder
climate conditions are believed to be increasingly at risk for outbreaks of the disease due to the
northward migration of the midge vector as a result of global warming and climate change [9–11].
Such an AHS outbreak in Europe would have significant economic and emotional consequences for
horse owners on the continent, indicating the pressing need to develop new, safe, efficacious and
cost-effective vaccines which would additionally allow differentiation between vaccinated and infected
animals (DIVA). Such vaccines would not only address the concerns of the South African equestrian
community but would also serve as acceptable prophylactic or rapid response vaccines in the European
and other emerging outbreak contexts.

 

Figure 1. A map of African horse sickness outbreaks that have occurred worldwide during the
last century.

2. African Horse Sickness Virus

The first sign that the causative agent of AHS may be a virus was provided by M’Fadyean [12],
who demonstrated the filterability of the infectious organism by successfully transmitting the disease
using a bacteria-free blood filtrate from an infected horse. This finding was later confirmed by Theiler
and Nocard, who concluded that the disease was caused by a virus [2]. Further research done by Theiler
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led to the suggestion that more than one strain of the virus may exist, and that acquired immunity
against one strain would not necessarily afford protection against a different heterologous strain [3].

It is now known that the disease is caused by nine distinct serotypes of African horse sickness
virus (AHSV) [13,14], a virus with a multicomponent linear double stranded RNA (dsRNA) genome
belonging to the Orbivirus genus of the family Reoviridae [1,15]. The idea that AHSV may possibly be
transmitted by hematophagous arthropods of the Culicoides genus was first suggested by Pitchford and
Theiler in 1903 [3]. Du Toit [16] subsequently demonstrated that mixed pools of wild-caught Culicoides
species were infected with AHSV. This was confirmed by Mellor, et al. [17] and Boorman, et al. [18],
who demonstrated the occurrence of AHSV replication within a Culicoides species after oral ingestion.
Field and laboratory-based trials have implicated C. imicola and, to a lesser extent, C. bolitinos as the
primary vectors of AHSV, although some evidence does exist for possible AHSV transmission by other
arthropod vectors [19]. The ability of AHSV to propagate in both arthropod and mammalian cells
is a notable feature shared with all orbiviruses, and one which distinguishes them from some other
members of the family Reoviridae [20].

Zebra are generally resistant to AHS and have been identified as asymptomatic maintenance hosts
of AHSV, while mules and donkeys are much less susceptible than horses to the disease [21]. Dogs are
the only non-equine animal species that have been shown to contract AHS, with evidence suggesting
that the route of infection may, although not exclusively, be via the ingestion of infected meat [22,23].
However, dogs do not appear to be important hosts for AHSV, most likely due to the fact that they are
not preferential feeding targets of the midge vector.

The African horse sickness virion is a structurally complex and highly organized non-enveloped
isometric particle with a diameter of ±80 nm [24,25]. Like the genus prototype bluetongue virus (BTV),
with which it is morphologically almost identical, the non-enveloped virion is quasi-icosahedrally
symmetrical and is composed of three concentric protein layers [26–28]. The innermost layer encloses
the AHSV genome, which consists of 10 segments of linear dsRNA, encoding seven structural
(four major and three minor) and five non-structural proteins [29]. Two of the major structural proteins,
VP5 and VP2, make up the outer capsid layer, while the other two major structural proteins VP3 and
VP7, and the three minor structural proteins, VP1, VP4 and VP6, make up the AHSV core particle
(Figure 2).

In recent years, considerable advances have been made in determining the BTV atomic structure
and mechanism of assembly as well as the functions of the individual protein components of the
viral particles [20,30–33]. This has recently been clearly and concisely reviewed elsewhere [34].
Less extensive studies have been conducted on the molecular biology of AHSV, but the morphological
and biochemical similarity between BTV and AHSV is indicative of a similar mode of replication and
assembly for both viruses.

The inner core layer of AHSV is composed of 60 asymmetric dimers of protein VP3 (103 kD),
the most conserved protein among the different serotypes [35]. Each dimer consists of two VP3 isoforms
comparable to the A and B conformations of BTV VP3 [31] and the inner core is thus completed by the
assembly of 12 decamers, each of which consists of five copies of the VP3 (A) molecule with five VP3
(B) molecules in between. This architecture is not in agreement with the hypothesis for icosahedral
symmetry proposed by Caspar and Klug [36], but a model of geometrical quasi-equivalence has been
proposed whereby the symmetry of the VP3 layer is T = 2 rather than T = 1 [31]. The thin VP3 shell
thus defines the overall shape and size of the viral particle and provides a scaffold for the deposition of
the outer core and capsid protein layers [37].

In both BTV and AHSV, the minor structural proteins VP1 (RNA-dependent RNA polymerase,
150kD), VP4 (capping enzyme, 78kD) and VP6 (helicase and ATPase, 36kD) form 12 flower-shaped
transcription complexes (TC) attached to the VP3 layer directly under each of the fivefold
vertices [31,33,38]. Internal concentric layers of RNA comprising the full dsRNA genome are situated
around these transcription complexes in shallow grooves in the inner VP3 surface [37,39].
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BTV contains pores in the VP3 layer at the fivefold axes which are lined with four arginine
(Arg) residues that are conserved across all the serotypes, and which are believed to play a role in
electrostatic steering of RNA entering or leaving the sub-core [31]. In the 3D image construction of
AHSV, these pores were closed [38], but the same 4 Arg residues are strictly conserved across all 9
AHSV serotypes. It is possible that, as has been shown to be the case for BTV [40], these pores may be
enlarged by activation of VP1 during transcription, permitting the exit of nascent mRNA.

The AHSV core is made rigid by the addition of 780 monomers of protein VP7 (38 kD) which
is highly conserved across the serotypes and is the group-specific antigen currently used in AHSV
ELISA-based diagnostic tests [41]. The atomic structure of BTV VP7 has been determined by x-ray
crystallography [42], but only the upper domain of AHSV VP7 has been crystallized [43], as the protein
was unfortunately cleaved in half during the crystallization process. The VP7 monomers contain a
helical lower domain and an upper anti-parallel-ß-sandwich domain [44]: these trimerize in solution
by twisting around each other so that the top domain of one monomer rests on the lower domain of
the adjacent VP7 subunit.

These 260 VP7 trimers conform to the principle of quasi-equivalence as, although they are
chemically identical, five different trimer types can be identified based on slightly different side chain
arrangements. These are named P, Q, R, S and T, denoting their position with regard to the five-fold
vertices. They crystallize perpendicularly onto the VP3 sub-core, making thirteen unique contacts so
that each icosahedral subunit contains a P, Q, R and S trimer and one monomer of a shared T trimer
located on the adjacent three-fold axis [31,45].

The trimers are robust building blocks, which also make extensive connections between each
other [42]. They are arranged as either six-member rings, or five-member rings at the fivefold vertices,
thus forming 132 channels over the core particle surface. Symmetries between the inner and outer core
layers are best matched at the three-fold axes and, as the T trimers situated here also seem to be the
most tightly attached, it has been suggested that these are probably the first set of trimers to attach to
the VP3 layer while the P trimers, which are more loosely attached, assemble last [46].

An interesting phenomenon which distinguishes AHSV VP7 from BTV VP7 is the fact that despite
the 70% amino acid sequence homology [47], BTV VP7 is soluble while AHSV VP7 is not. AHSV
VP7 is, in fact, highly hydrophobic, and the VP7 trimers have been shown to aggregate into flat
hexagonal crystals up to 250 um in length and up to 25 um wide, both when expressed in insect cells
via baculovirus-mediated expression and in naturally infected mammalian cells [41,48].

The viral particle is completed by the addition of 120 globular trimers of VP5 (57 kD) and 60
triskelion-like VP2 (123 kD) spikes which together form the outer capsid layer. VP2 is the most variable
protein among the serotypes and contains the antigenic determinants which elicit serotype-specific
neutralizing antibodies [49]. The viral particles contain 180 monomers of VP2, each of which contains a
hub, body, hairpin and tip domain, the latter containing the neutralizing antibody binding sites [30,38].
Cryo-EM and 3D reconstruction have revealed that the VP2 spikes are formed by trimerization of
the hub domains of three VP2 monomers. The base of each VP2 spike interacts with a Q type VP7
trimer, while the body domains of the three VP2 monomers connect with a P, R and S - type VP7 trimer,
respectively. Furthermore, for BTV, Zhang et al. identified a zinc finger motif and a putative sialic acid
(SA) binding domain in the VP2 trimer hub [32].

The VP5 trimers exist as two quasi-equivalent conformers and are positioned between the
propeller-like arms of the VP2 triskelions, bridging the 120 channels formed by the six-member VP7
trimer rings. The viral outer shell therefore covers nearly all of the inner shell, but significantly,
leaves the 20 VP7 T trimer spikes on the icosahedral three-fold axes accessible to possible antibody
binding [50].
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Figure 2. Schematic representation of the AHSV virion. The genome contains 10 segments of linear
dsRNA coding for 12 proteins. The virion is non-enveloped with a triple capsid structure and is about
80 nm in diameter, enclosing the genome and transcription complexes. The inner core layer has T = 1
symmetry with each of the 60 units composed of a homodimer of VP3, while the outer core is composed
of 260 trimers of VP7 and has T = 13 icosahedral symmetry. The outer capsid layer consists of 120
globular trimers of VP5 and 60 triskelion-shaped spikes of VP2. Image created with Biorender.com.

In addition to the seven structural proteins that make up the viral particles, five non-structural
proteins, NS1, NS2, NS3, NS3a (lacking 13 N-terminal amino acids) and NS4, are also synthesized
in infected cells. These are involved in virus replication, assembly and transport from infected
cells [29]. The tubular structures commonly observed in the cytoplasm of infected cells are composed
of NS1, which has been shown to play a role in the preferential up-regulation of viral protein
synthesis [51]. The single-stranded RNA (ssRNA)-binding protein NS2 forms viral inclusion bodies
(VIBs), which recruit viral ssRNA and form a scaffold for viral replication and core assembly [52,53].
Viral particle release is mediated by NS3/NS3a, the only AHSV glycosylated membrane protein. This,
unlike BTV NS3/NS3a, which is highly conserved, is the second most variable protein across the
different serotypes. Once the outer capsid proteins VP2 and VP5 have been acquired by the newly
formed cores, NS3 facilitates egress of fully formed viral particles from infected cells [54,55]. The most
recently identified non-structural protein, NS4, is thought to play a role in modulating host innate
immunity by counteracting the interferon response in infected cells [56,57].

3. Viral Infection and Replication

AHSV host infection is believed to be initiated by the outer capsid protein VP2, the host cellular
surface receptor and capsid protein VP5, which contains a characteristic coiled-coil motif typical of
membrane fusion proteins [32,58]. Due to the location of the putative sialic acid (SA) binding domain
in the VP2 trimer hub, Zhang et al. have postulated that the VP2 trimers may attach to the surface of
cells through two different interactions [32]. First, the antigenic tip domains bind to certain surface cell
receptors which have yet to be identified. There is some preliminary evidence implicating heparin
sulphate as one possible candidate [59], but due to the high sequence variability in the AHSV outer
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protein VP2, it is possible that different receptors and entry mechanisms may be utilized by the different
serotypes to enter distinct cell types [60]. These initial bonds are then stabilised by a second connection
between the SA-binding domain and a surface glycoprotein such as glycophorin A [61,62], which is
a heavily glycosylated sialoglycoprotein abundantly present on the surface of equine erythrocytes.
The sensitivity of VP2 to serum proteases has been established [48,63], and it has been suggested [38]
that a central domain at the top of the AHSV VP2 triskelion hub, which is absent in BTV VP2 trimers,
could be the target site for such a horse serum protease. This domain is situated directly above the BTV
putative SA-binding site and cleavage of AHSV VP2 in this region would thus increase accessibility to
this potential binding site.

Due to the structural similarity between the two viruses, a model for the entry of AHSV into the
host cell can be derived from the current understanding of BTV infection. The process is believed to be
initiated by proteolytic cleavage of VP2 either in infected insect saliva or in the host serum, after which
the virion attaches to the host cell membrane [64]. These initial studies suggested that viral cell entry
was accomplished by clathrin-mediated endocytosis. However, more recently evidence has been
presented which describes a macropinocytosis-like entry route dependant on actin and dynamin [60].
In both instances, the low pH (6.0–6.5) within the early endosome disturbs the interactions between
VP2 and VP7, facilitating detachment of the VP2 trimers and disrupting the zinc finger motif situated
at the interface between the VP2 hub and body domains, which is believed to play a role in controlling
conformational changes [30]. Together with a further lowering of the pH (~ 5.0) in the late endosome,
the removal of VP2 causes a re-folding of VP5, which in turn leads to the outward protrusion of
barb-like structures from the particle surface with the VP5 protein trimers remaining tethered to the
particle by their anchoring domains [32,65]. These barb-like fusion peptides insert themselves into the
endosomal membrane, causing release of the viral core particle into the cytoplasm.

The removal of the outer capsid proteins, and the release of viral cores into the cellular
environment containing the necessary host substrates and transcription factors causes the core
to become transcriptionally active. Each of the gene segments is then simultaneously and repeatedly
transcribed by VP1 to produce ssRNAs [30,66], which are modified by the capping and methylation
activity of enzyme VP4 within the core before being released into the cytoplasm [67]. The viral dsRNA
is thus kept within the core particle protected from detection by components of the host cell innate
immunity. The nascent ssRNAs act as mRNAs for the synthesis of viral proteins using the host cell
machinery and later, in the newly formed cores, as templates for dsRNA gene synthesis. The VIBs act
as the sites of viral assembly and protein NS2 plays a role in directly and specifically sequestering the
10 ssRNAs, together with the three enzymatic proteins VP1, VP4 and VP6 and inner core protein VP3,
for encapsidation and the formation of new sub-core particles [53,68].

The deposition of VP7 trimers serves to stabilize the particles, and phosphorylation of NS2 then
regulates their exit from the VIBs in order to acquire the two outer capsid proteins VP5 and VP2 for
the formation of mature progeny virions [69,70]. Although the release of these virions from infected
mammalian cells is predominantly affected by cell lysis accompanied by significant cytopathic effects,
the viruses have also been shown to use a budding mechanism for viral egress earlier on in the
infection cycle. The latter is mediated by utilising the host exocytosis pathway and the membrane
destabilising action of non-structural glycoprotein NS3, which functions as a viroporin and also
interacts with calpactin to function as a bridging molecule between the new virions and the host cell
export machinery [71,72]. In the insect vector, where the establishment of a persistent viral infection is
important, there is no observable cytopathic effect and viral release is mediated exclusively via vesicle
formation at the cytoplasmic membrane [53] (Figure 3). It is interesting to note that the more variable
AHSV NS3 causes a much greater cytopathic effect (CPE) earlier on in the infection cycle than BTV NS3,
possibly indicating that AHSV NS3 is expressed at a higher level or is more toxic than BTV NS3 [73].
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Figure 3. Diagrammatic representation of the replication cycle of BTV/AHSV. The virus enters the
cell by the attachment of VP2 to sialic acid receptors and either clathrin-mediated endocytosis or
macropinocytosis. The acidic pH in the endosome causes the loss of VP2 and mediates VP5 membrane
permeabilization, which results in uncoating of the virion and release of the transcriptionally active core
particle into the host cell cytoplasm. Transcription and translation of viral proteins occurs, utilizing the
host cell machinery and the VIBs act as sites of assembly for the progeny virions. Assembled core
particles are then trafficked from the VIB on exocytotic vesicles by NS3 interaction with calpactin.
The outer capsid proteins VP5 and VP2 are acquired during this process to produce mature virions.
Particles are released from the cell via budding mediated by NS3 or via host cell lysis. Image adapted
from [53] and created with Biorender.com.

Although the primary route of BTV and AHSV host infection is believed to be initiated by the
outer capsid proteins, there is evidence to suggest that BTV core-like particles (CLPs), i.e., particles that
have lost the outer capsid proteins, are also able to infect both insect and, to a lesser extent, mammalian
cells [74]. Interestingly, in this regard, the upper domains of both BTV and AHSV VP7 trimers have
characteristic Arg-Gly-Asp (RGD) motifs, albeit in slightly different locations [43]. RGD domains
in biological systems are associated with integrin-ligand recognition and fusion of molecules to cell
membranes [75]. The fact that there are holes in the surface of the outer capsid layer of both BTV and
AHSV particles makes it tempting to speculate that these RGD sites on VP7 may play a role in the
ability of viral CLPs to infect cells.

4. African Horse Sickness Disease

Three distinct forms as well as a mixed form of AHS have been described. However, it is possible
that these represent points on a continuum of virulence as some disease outbreaks are characterized by
only one form of the disease, while during other outbreaks, multiple forms occur [76]. The most severe
form of AHS, with mortality rates exceeding 95%, is the pulmonary form or “dunkop” (thin head).
This is an acute febrile disease accompanied by mild depression, sweating, spasmodic coughing,
anorexia and respiratory distress, with a possible frothy nasal discharge in the terminal stages [1,3].
The cardiac form or “dikkop” (thick head), with a mortality of about 50%, is characterized by fever,
swelling of the head, neck and supraorbital fossae and sometimes, petechial hemorrhages in the eyes.
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The mildest form of AHS is generally not fatal and is accompanied by a low-grade fever, often more
pronounced in the afternoon, anorexia, depression and congestion of the mucous membranes. The most
common form, with a 70% mortality rate, is a mix of the pulmonary and cardiac forms.

The bite of an infected Culicoides midge signals the potential initiation of infection in a susceptible
host, after which initial AHSV replication occurs in the regional lymph nodes. This primary viraemia is
responsible for disseminating the virus to all parts of the body [1]. Viral particles are known to associate
with erythrocytes and monocytes and are transported in the bloodstream to the endothelial cells of
the lungs, spleen and other lymphoid tissue, which are the main sites of secondary replication [76,77].
Although the level of replication is relatively low in these organs, the virus causes severe injury to the
endothelial cells and the symptoms of oedema and pleural effusion, which characterize the severe
form of AHS, are believed to be the result of increased vascular permeability and the impairment of
circulatory and respiratory systems.

The primary factors which influence the severity and duration of the disease in horses are related
to the virulence of the virus and the immune status and susceptibility of the animal. Host genetics
must play a role, as is evidenced by the susceptibility of both horses and zebra to AHSV, yet only
horses contract AHS disease. An animal which has recovered from a prior infection is fully protected
by re-infection with the same serotype and may well only contract a fever or the cardiac form of
AHS upon exposure to a heterotypic viral strain. However, Erasmus [78] noted that excessive vaccine
administration may lead to an immunological unresponsiveness or even hypersensitivity.

Virulence is related to tissue tropism, and it would seem that the virus itself is the primary
determinant of the resultant form of disease [79]. AHSV field isolates are believed to be composed
of a mixed virus population with regard to the host tissue target, and the virulence of the particular
isolate may thus be determined by the percentage of particles affecting vital organs, such as the lungs,
for example. In this sense, Erasmus [79] suggests that viral attenuation may be the result of specific
selection of viruses which do not have affinity for the tissues of vital organs.

Alexander [80] was the first to demonstrate the humoral nature of the AHSV immune response
when he utilized a mouse neutralization test to indicate a strong association between the production
of neutralizing antibodies and protective immunity. The antigenic determinants responsible for this
neutralising antibody response are located on capsid protein VP2: several studies have suggested
putative sites for these epitopes, mainly in the 5′ terminal half of the protein [38,49,81–84]. However,
the probable contribution of cell-mediated immunity cannot be ignored—at least three CD8 T-cell
epitopes have been identified on VP2 or NS1 [85] and others have reported the stimulation of IFN-y
responses in vaccinated animals [86,87]. The degree to which the presence of neutralizing antibodies
may be regarded as an adequate correlate of protection therefore remains to be established.

African horse sickness is on the OIE list of notifiable viral diseases, which means that it is
compulsory for member states like South Africa to inform the organization of any change of disease
status. In South Africa, the Western Cape Province has historically been relatively free of AHS;
in order to maintain the country’s horse export status, an AHS controlled area—to and from which the
movement of all horses is strictly monitored—was established in 1997 [88]. The area consists of an
AHS-free zone, which is the small Cape Metropolis where no cases of AHS have ever been recorded,
a surrounding surveillance zone and beyond that, a zone of protection. Whenever a new outbreak
occurs in the surveillance zone, horse exports to the EU are suspended for a minimum of 2 years.

According to the EU surveillance requirements, every month, at least 60 identified unvaccinated
horses distributed throughout the free and surveillance zones are serologically tested for AHSV [89].
Local law requires all suspected cases of AHS to be reported to the state veterinary authority, and all
equine deaths due to AHS undergo official equine necroscopy examination. As a further measure of
control, it is compulsory to obtain permission prior to vaccinating horses with the AHS polyvalent live
attenuated vaccine (LAV) produced by Onderstepoort Biological Products (OBP, Pretoria) in the free
and surveillance zones.
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The clinical presentation of AHS is often sufficient to make a tentative diagnosis of the disease;
however, particularly in the early stages, differentiation from other equine diseases, such as equine
encephalosis (EEV), equine viral arteritis (EVA) and West Nile virus (WNV), may not be possible.
Traditional methods of virus isolation and serotyping by virus neutralization assay can be used to
make a definitive diagnosis, but these tests rely on the availability of appropriate reference strains
and antisera and can take weeks before a result can be obtained. They are therefore unsuitable for
early detection of AHS disease as often the animals will die before a detectable humoral response is
raised [90]. The currently used indirect ELISA test is based on detection of the group-specific VP7
antigen in the serum sample [91]. However, although accurate, it is neither possible to determine the
virus serotype nor to differentiate between vaccinated and infected animals using this method.

Over the last two decades, several real-time reverse transcription polymerase chain reaction (RT-PCR)
assays have been developed and made available to the scientific and veterinary communities [92].
Some tests were group-specific [93–96], based on amplifying AHSV VP7 or one of the non-structural
proteins and two of these are recognized as official screening tests by the OIE [97]. The type-specific
(TS) tests generally require separate PCR assays to diagnose each of the nine serotypes [90,98,99],
but the most recently described test was designed such that three serotypes can be detected in the
same assay [92]. These triplex AHSV TS RT-quantitative PCR assays can be directly applied to nucleic
acid extracted from blood samples from AHSV-infected horses, meaning that samples can be extracted
and evaluated within 4 h of their arrival at the laboratory. The AHSV serotype in a field outbreak can
thus be rapidly determined, making this test most useful in directing the timeous implementation of
appropriate vaccination and control strategies.

5. Prevention and Control

There is no cure for AHS and no specific treatment aside from rest and good animal husbandry.
Various interventions, such as non-steroidal anti-inflammatory drugs for alleviating pain and reducing
fever, antimicrobials to fight secondary bacterial infection or corticosteroids to help stabilize cell
membranes and preserve vascular membrane integrity, have been employed, but all these treatments
are supportive rather than curative (African Horse Sickness Trust). Anecdotal reference to homeopathic
remedies has also been made, but there is no scientific evidence to prove the efficacy of such treatments
in AHS cases. The implementation of certain husbandry modifications, such as stabling animals before
dark in vector-proof housing, using insect repellants and encouraging natural vector predators like fish,
frogs and bats, may assist in prevention [1,100]; however, ultimately, vaccination of animals remains
the most successful method of prevention and control.

5.1. Live Attenuated Vaccines

Alexander [101] was the first to demonstrate that a mouse-adapted strain of AHSV could be
propagated in chicken embryos, and that serial passage in embryonated hens’ eggs caused attenuation
of the virus without loss of immunogenicity. His studies also supported the existence of multiple
strains of the virus, as he found a large variation (26%–81%) in the number of horses that were protected
after being challenged a second time with a different virus isolate. The successful propagation of
AHSV in mammalian tissue culture by Erasmus [102], aided by the discovery that viral plaque size
could be used as a genetic marker to identify avirulent clones of AHSV from a mixed population [78],
further advanced the development of live-attenuated vaccine (LAV) strains. The polyvalent LAVs that
have been successfully used to vaccinate horses over the past six decades are based on these viral
formulations. However, although the frequency and severity of outbreaks has declined significantly
since these vaccines have come into use, many horse deaths due to AHS still occur in South Africa
every year.

The currently used LAV is supplied in two polyvalent vials containing 3 (serotypes 1, 3 and 4)
and 4 (serotypes 2, 6, 7 and 8) AHSV serotypes each. Neither AHSV 5 nor AHSV 9 are included in
the vaccine [103]: serotype 5 was originally included but was withdrawn in 1990 following reports of
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residual virulence, believed to be the result of re-assortment between serotypes 4 and 5 in the vaccine
formulation [104]. Serotype 9 has never been included due to its low incidence in southern Africa and,
because cross protection between serotypes 1 & 2, 3 & 7, 5 & 8 and 6 & 9 has been documented [3,78,104],
protection against AHSV 9 is expected to be provided by AHSV 6. There is no cross-protection between
AHSV 4 and any of the other serotypes. Of concern, however, is the fact that in 2006 both AHSV 5 and
9 dominated outbreaks in South Africa, particularly in the Western Cape Province: this raises questions
about the competency of the LAV to provide sufficient protection against these two AHSV serotypes.

Although there is little argument that the LAV is still the best option in the fight against AHS, its use
has raised concerns with regard to other important issues. The serotype-specific immune response
within horse populations, as well as between the different serotypes appears to be quite variable, and it
may take as many as 8 vaccination courses over 6 years before an animal is fully protected against
all nine AHSV serotypes [104–106]. Furthermore, gene segment re-assortment between outbreak and
vaccine strains may lead to the establishment of new genetic variants or reversion to virulence of
attenuated vaccine strains [1]. Indeed, a study comparing the whole genome sequences from AHSV
isolates responsible for outbreaks between 2004 and 2014 in the controlled area of the Western Cape
with LAV and AHSV reference strains demonstrated conclusive evidence of re-assortment between
and reversion to virulence of viruses within the LAV itself [88]. The outcome of this study highlights
the importance of employing judicious LAV vaccination strategies and genetic screening of circulating
field strains during AHS outbreaks.

Another shortcoming of the LAV is the inability to serologically differentiate vaccine-induced
immunity from that induced by natural infection, i.e., the absence of what is known as DIVA capacity.
This differentiation is important both for early detection of disease and sero-surveillance and can also
limit unnecessary culling of animals in an outbreak situation. A further major issue regarding routine
vaccination with the LAV is the fact that it is not licensed for use outside of the African sub-continent,
which has a hugely negative impact on the international equine trade and export industry.

5.2. Inactivated Vaccines

Inactivated or “killed” vaccines have been prepared by treating mammalian cell-cultured AHSV
with formaldehyde or ß-propiolactone [107] or with bromoethylenimine [108]. The latter acts on nucleic
acid but not protein, ensuring that the immunogenic properties of the vaccine are not compromised.
An inactivated AHSV 9 vaccine tested in guinea pigs and horses [109] elicited a comparable neutralizing
antibody response in both animal species, confirming the usefulness of the guinea pig as a small animal
model to test the efficacy of potential vaccine candidates [110]. The vaccine proved to be safe and all
horses survived a challenge with the same virus used to generate the killed vaccine.

A formalin-inactivated AHSV vaccine was commercially produced and used during the 1987–1991
AHS outbreak in Spain, Portugal and Morocco, but although it proved to be efficacious at the time,
this vaccine is no longer available [1]. The main drawbacks with regard to inactivated vaccines are firstly
that they are expensive to produce, requiring large-scale isolation of infectious virus, which poses a
significant bio-containment risk; secondly, repeated inoculations may be required to ensure long-lasting
protective immunity. Furthermore, although the risk of gene segment re-assortment and reversion
to virulence are mitigated with this type of vaccine, differentiation between vaccinated and infected
animals is not possible.

5.3. Recombinant Vaccines

Due to raised international awareness and local dissatisfaction with the current vaccine, in recent
years, AHSV research has focussed on the development of recombinant vaccines. These have largely
been based on producing the antigenic AHSV proteins involved in eliciting a protective immune
response, particularly the outer capsid proteins VP2 and VP5, and investigating the best ways in which
to present them to the host’s immune system.
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5.3.1. DNA Vaccines

Besides the AHSV proteins themselves, there has been some investigation of the efficacy of using
naked AHSV VP2 DNA as a vaccine candidate [111]. Although a VP2-specific humoral and cellular
immune response following inoculation of a single horse was observed, and the same horse survived
an AHS outbreak during the following rainy season, the neutralizing antibody titre reported was
sub-optimal and no experimental challenge ensued. Furthermore, vaccination of hens with cloned
VP2 cDNA stimulated the production of egg yolk IgY antibodies with a serum neutralization titre
80-fold less than that obtained following vaccination with purified AHSV. The potential for producing
a suitable AHSV DNA vaccine thus seems limited.

5.3.2. Subunit Vaccines

Recombinant AHSV VP2 produced via the baculovirus expression system has been used either
singly or in combination with VP5 and/or VP7 as a subunit vaccine, and was shown to induce
protective immunity against the virus [112–114]. However, recombinant soluble antigens are generally
poorly immunogenic and the aggregation of baculovirus-expressed VP2 purified from insect cell
lysates together with the requirement for repeated boost inoculations [115], and the use of potent
adjuvants to enhance immunogenicity [116] have limited the usefulness and application of this type of
vaccine. Furthermore, although subunit vaccines are advantageous in that they permit differentiation
between AHSV-vaccinated and infected animals, baculovirus expression requires growth under sterile
conditions and is uneconomical for an animal vaccine due to the high cost of media required to culture
insect cells.

5.3.3. Poxvirus-Vectored Vaccines

Poxvirus vectored vaccines are recombinant poxvirus strains which have been genetically modified
to contain a copy of the gene of interest within the viral genome. The vaccine is delivered directly to the
cells where the viral protein is expressed and presented to the host immune system for the stimulation
of both humoral and cellular immunity.

Vaccination of horses with an adjuvant-formulated canarypox vaccine (ALVAC-AHSV) expressing
both AHSV 4 VP2 and VP5 was shown to elicit serotype-specific neutralizing antibodies against the
virus [117]. Upon challenge, horses which received a sufficiently high dose of vaccine developed
sterilizing immunity against AHSV 4 with serum neutralization titres ranging from 10 to 80 (expressed
as the reciprocal of the highest dilution that provided >50% cell protection). However, stimulation of
neutralizing antibodies has yet to be established as a definite correlate of protection: this was
emphasized by the survival of a seronegative horse after challenge with virulent AHSV. Furthermore,
in a follow-up study using the same vaccine, gamma interferon-producing cells were detected after
stimulation with both VP2 and VP5, indicating that cell-mediated immune responses most likely also
played a role in protecting against the viral challenge [86].

Since 2009, several studies on the development of an alternative AHSV candidate vaccine based
on a modified vaccinia Ankara (MVA) virus have been published [85,118–123]. The MVA strain was
originally produced by extensive passage of the chorioallantosis vaccinia virus Ankara (CVA) in chicken
embryo fibroblast cells (CEF). This resulted in the loss of 12% of the viral genome, including genes
that interfere with the host immune response and caused inability to replicate in most mammalian
cells [124]. However, replication is only blocked after DNA synthesis, so gene expression still occurs,
with resulting expression of recombinant antigens inside infected cells. Recombinant MVA vaccines are
therefore non-replicative live viral vectors that can induce both a humoral response as well as stimulate
T-cell immunity by facilitating intracellular presentation of the antigen of interest via MHC molecules
on the cell surface. Interestingly, MVA vaccines have been shown to be most effective in prime-boost
regimens, i.e., when administered as a heterologous boost following a strong prime vaccination [125].
Boosting of an existing T-cell response to a recombinant antigen causes an amplification of the initial
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response and reduces the response to antigens on the viral vector itself, thus avoiding the issue of
pre-existing immunity to the viral vector and allowing re-use of the vaccine.

However, homologous prime-boost vaccination with MVA expressing AHSV VP2 (MVA-VP2)
has also been shown to elicit neutralizing antibodies which provided complete protection in both
mice and horses [118–121]. The type 1 interferon receptor knockout (IFNAR -/-) mice used in these
experiments were chosen as small animal challenge models as AHSV infection causes similar clinical
pathologies and mortality rates to those observed in horses. In these studies, protection was provided
by vaccination with MVA vaccines expressing only outer capsid protein VP2, indicating that VP5 is not
essential for, but may improve vaccine efficacy.

The role of cell-mediated immunity appears to be less important than antibody responses, as the
transfer of splenocytes from MVA-VP2-vaccinated mice to unvaccinated mouse recipients did not cause
a statistically significant reduction in viraemia [123,126]. Furthermore, passive immunization with
vaccinated donor sera protected recipient mice from infection, demonstrating the primary protective
role of the neutralizing antibody response. However, cell-mediated immunity is likely to play an
additional protective role to some extent, as mice immunized with either MVA-VP2 or MVA-NS1 have
been shown to develop gamma-interferon-producing cells when stimulated with peptide sequences on
VP2 and NS1 [85].

In a study to investigate a polyvalent AHSV vaccination approach, horses were immunized
and boosted four weeks later with either MVA-VP2(4) or MVA-VP2(9) or both, simultaneously or
sequentially [119]. Simultaneous vaccination with recombinant MVA-VP2 of both serotypes, induced a
statistically significant virus neutralizing antibody (VNAb) response against AHSV 4 and AHSV 9 as
well as a cross-protective response to AHSV 6 in the horses which received MVA-VP2(9). Furthermore,
four months later, when the VNAb titres had decreased dramatically, vaccination with MVA-VP2(5)
representing a third AHSV serotype, not only elicited VNAb against AHSV 5, but also induced an
anamnestic response towards AHSV 4, 6 and 9 as well as the cross-reactive AHSV 8. These results
demonstrate the suitability of MVA-VP2 to be used as a polyvalent vaccine mixture providing protection
against more than one AHSV serotype. The results also suggest the possibility that other sub-dominant
cross-reactive epitopes may exist between AHSV serotypes 5, 6, 8 and 9. This study further confirms
that any possible pre-existing immunity to the viral vector does not impact negatively the usefulness
of the MVA-VP2 vaccines.

The immune responses induced by four different AHSV 4 MVA-VP2 vaccines, namely live
MVA-VP2, heat, inactivated MVA-VP2, UV, inactivated MVA-VP2 and sucrose gradient-purified
MVA-VP2, proved that both pre-formed VP2 in the MVA vaccine and transient expression of VP2 in
the vaccinated host’s cells contribute to inducing a protective immune response [122]. The inactivated
MVA-VP2 vaccines, containing only pre-formed VP2, induced lower VNAb titres than the live
MVA-VP2, yet the gradient purified MVA-VP2, containing no pre-formed VP2, also induced a weaker
immune response than that induced by live MVA-VP2. In fact, sterilizing immunity was only induced
by the live MVA-VP2 vaccine. It is likely that the transient intracellular expression of conformationally
intact VP2 in infected cells activates T-cells, lending credence to the possible supportive role of
cellular-mediated immunity in the protective immune response.

5.3.4. Reverse Genetics Vaccines

Over the last decade, reverse genetics systems have been used to generate novel live virus-based
BTV and AHSV vaccine candidates, engineered according to a rational design rather than by random
serial passage attenuation [127–138]. These live vaccine strains depend on the availability of cloned
cDNA copies of the viral genes and are produced in mammalian cell lines via a double transfection
strategy. Firstly, a primary viral replication complex is pre-expressed by transfection with expression
plasmids encoding the five viral proteins, VP1, VP3, VP4, VP6 and NS2. A second transfection with
ten exact copy capped T7 viral RNA transcripts, which serve as effective substitutes for authentic
core-derived viral transcripts, then triggers full replication and enables virus rescue. Different AHSV
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serotypes can be rescued by using the same primary transcription complex, and then exchanging the
T7 RNA transcripts of one or more capsid proteins [130]. More importantly for vaccine purposes,
genes encoding these proteins can be incorporated into a common viral genome which has been
precisely engineered to contain one or more defective genes.

Two main vaccine platforms to produce defective virus strains have been developed using this
technology. Entry Competent Replication Abortive (ECRA) vaccine strains, previously also referred
to as Disabled Infectious Single Cycle (DISC) vaccines, lack a functional VP6 gene and are therefore
unable to complete even a single replication cycle in infected cells [127,131]. The defective vaccine
is rescued and propagated in a complementary cell line expressing VP6 in trans and viral antigens
capable of eliciting the expected antibody response are expressed in normal cells, but no active infection
ensues. In contrast, Disabled Infectious Single Animal (DISA) vaccine strains lack a functional gene
for expression of non-essential non-structural protein NS3/NS3a [129,132,135]. The absence of these
proteins prevents viral egress, thus inhibiting viraemia and allowing only local replication in infected
cells, with no propagation in nor transmission by midges. Both these vaccine candidates fulfil the
criteria for DIVA compliance, as antibodies to the missing viral protein in each case would be absent in
vaccinated animals but present in animals which have been infected.

The main goal in new AHSV vaccine development is to provide protection against all nine
serotypes of the virus. Initially, an attempt was made to develop a set of defective AHSV virus
strains, each consisting of a common core coated with a different serotype-specific outer capsid protein
VP2 [129]. However, the exchange of only a single protein resulted in unequal and significantly lower
re-assortant viral titres compared to the parental virus strain. To produce suitably-replicating defective
vaccine strains for each serotype, it appears necessary to exchange between two (VP2 and VP5) and
five (VP2, VP3, VP5, VP7 and NS3) proteins on the common backbone, the number depending on
the desired viral serotype [127]. The safety and immunogenicity of both monospecific (AHSV 4) and
multivalent cocktail (AHSV 1/4/6/8) ECRA vaccines was tested in ponies; these were protected against
virulent challenge with AHSV 4 [131]. Pre-challenge serum neutralization titres were in the range of
8–64 (expressed as the reciprocal of the highest dilution that provided>50% cell protection), below those
generally obtained following vaccination with the AHS LAV [106], but nevertheless demonstrating the
potential efficacy of a reverse genetics vaccine candidate to protect against the disease. Although the
technology looks promising, further research is necessary to determine the minimum dose requirement
and longevity of the immune response. Furthermore, the associated cost and upscaling requirements
may deter successful commercialization of these potential vaccine candidates.

5.3.5. Virus-Like Particle Vaccines

Virus-like particles (VLPs) are safe, non-replicating protein complexes which mimic the structure
of intact virions. They possess self-adjuvanting properties and have the advantage of being highly
immunogenic compared to subunit vaccines, as epitopes are displayed in ordered repetitive arrays
on the particle surface [139]. The size of VLPs ensures appropriate drainage into the lymph nodes
and is also optimal for uptake by antigen-presenting cells and MHC cross presentation [140,141].
This efficient trafficking of VLPs and their interaction with the host immune cells induces both innate
and adaptive humoral and cellular immune responses, making them particularly attractive vaccine
candidates [142,143]. Furthermore, such vaccines present no risk of reversion to virulence nor of
dsRNA segment re-assortment with wild virus or live vaccine strains, because they do not contain
viral RNA or any of the non-structural proteins. The absence of these viral components also makes it
possible to distinguish between vaccinated and infected animals using molecular diagnostic techniques,
meaning that VLP vaccines would be DIVA compliant.
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The production of both BTV and AHSV VLPs is based on the hypothesis that co-synthesis of
proteins VP2, VP3, VP5 and VP7 will result in the spontaneous self-assembly of VLPs via various
hydrophobic, electrostatic and covalent interactions [144]. The successful formation and protective
efficacy of BTV VLPs produced by the recombinant baculovirus-mediated co-expression of these
proteins in insect cells, has been demonstrated [145–147]. In the past, most recombinant proteins have
been produced either in insect cell lines or in microbial fermentation systems, mammalian cell cultures or
transgenic animals. More recently, however, there has been an increased interest in utilizing plant-based
expression systems—the so-called “biopharming” or “molecular farming” approach—whereby plants
are harnessed as mini-factories to produce useful pharmaceutical proteins [148–153]. The high-level
plant-based expression of fully-assembled VLPs of BTV-8 has recently been reported [154,155] and the
plant-produced VLPs were shown to elicit a strong antibody response in sheep, providing protective
immunity against challenge with a BTV-8 field isolate.

An initial investigation regarding the production of AHSV CLPs by co-infection of insect cells with
recombinant baculoviruses expressing either AHSV VP3 or VP7 was unsuccessful [156]. CLPs represent
the inner and middle protein layers of the virus and lack the outer capsid protein layer composed of
proteins VP5 and VP2 which are required for complete VLP formation. In a later study co-expression
of AHSV viral proteins and assembly of both AHSV CLPs and VLPs was achieved by co-infection with
baculovirus recombinants simultaneously expressing two AHSV capsid proteins, i.e., VP2 and VP3 or
VP5 and VP7 [157]. However, the overall VLP yield was very low and precluded quantification.

Recently, the development of a plant-produced AHSV VLP vaccine was described [158,159].
Transient co-expression of the four capsid proteins of two different AHSV serotypes in the common
tobacco plant, N. benthamiana, resulted in the efficient self-assembly of well-formed AHSV VLPs which
were shown to be both safe and highly immunogenic in horses. Confidence in this novel AHSV VLP
vaccine hinges largely on the fact that it is a vaccine comprised entirely of protein, free from infectious
genetic material, and produced using a cost-effective plant expression system. Furthermore, the vaccine
platform mimics field exposure to the naturally immunogenic AHS virion, but without endangering
the immunised animal in any way and being completely free of the possibilities of reversion to
virulence, or reassortment with other vaccine or wild-type viruses. Sera from horses immunized with
AHSV 5 VLPs also elicited a comparative immune response towards AHSV 8, confirming reports of
cross protection between these two serotypes and demonstrating the importance of pursuing further
investigation into the potential and suitability of this candidate AHSV vaccine. The various vaccine
strategies against African horse sickness, together with the advantages and disadvantages of each,
are summarized in Figure 4.

6. Conclusions

African horse sickness is a lethal and debilitating disease of domestic equids. There is little doubt
that the live attenuated vaccine that has been used in South Africa to protect horses against AHSV for
the past six decades [160,161] has ensured their continued existence. However, the manufacture of
this vaccine uses very old technology and production volumes that cannot meet the current demand.
Furthermore, the fact that many horses still contract the disease and often die in spite of vaccination,
as well as the fact that this vaccine is not licensed for use outside of the African sub-continent, has led
to an increasing demand for a new, safer and more cost-effective vaccine which would not only address
the concerns of South African horse owners, but also meet approval in the wider international context
where live vaccines for the disease would not be acceptable. Biotechnological advances over the past
few decades have paved the way for new generation vaccines which lack the associated negative
features of the LAV, and which could potentially serve as adequate replacement vaccines.
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Figure 4. A summary of the various vaccine strategies against African horse sickness.

An ideal AHSV vaccine would activate both humoral and cell-mediated immune responses and
provide rapid and long-lasting protective immunity against all nine serotypes of the virus. It would
block viraemia, disallow transmission by the midge vector, ensure that no risk of reversion to virulence
nor re-assortment with outbreak strains was possible, and permit accurate differentiation between
vaccinated and infected animals. It should be possible to safely, consistently and economically
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produce sufficient doses of such a vaccine to meet the demands of both the private and rural sectors.
Importantly, the vaccine should hold sufficient interest and market potential to capture the attention of
the manufacturing industry.

Five types of alternative AHS vaccine platforms have been described in recent years. Two of
these, the ECRA (Entry Competent Replication Abortive) [131] and DISA (Disabled Infectious Single
Animal) [132] candidate vaccines, stem from research in the area of reverse genetics technology,
while the third and fourth are based on modified pox viruses [117,122]. Although the results obtained
in experimental trials with these vaccines look promising, issues of cost and scalability have thus far
prevented any from being commercialized. The newest VLP candidates have the potential to be as
efficacious as the currently used live attenuated vaccine, but without the latter’s accompanying risks
and shortcomings. Furthermore, they have the associated benefits of cheap and scalable production
processes. However, challenge trials with live virus and further investigation into the development of
VLPs of the other AHSV serotypes are required to conclusively demonstrate the protective efficacy of
these plant-produced vaccines.
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Abstract: Neurological disorders represent an important sanitary and economic threat for the equine
industry worldwide. Among nervous diseases, viral encephalitis is of growing concern, due to the
emergence of arboviruses and to the high contagiosity of herpesvirus-infected horses. The nature,
severity and duration of the clinical signs could be different depending on the etiological agent and
its virulence. However, definite diagnosis generally requires the implementation of combinations of
direct and/or indirect screening assays in specialized laboratories. The equine practitioner, involved
in a mission of prevention and surveillance, plays an important role in the clinical diagnosis of
viral encephalitis. The general management of the horse is essentially supportive, focused on
controlling pain and inflammation within the central nervous system, preventing injuries and
providing supportive care. Despite its high medical relevance and economic impact in the equine
industry, vaccines are not always available and there is no specific antiviral therapy. In this review,
the major virological, clinical and epidemiological features of the main neuropathogenic viruses
inducing encephalitis in equids in Europe, including rabies virus (Rhabdoviridae), Equid herpesviruses
(Herpesviridae), Borna disease virus (Bornaviridae) and West Nile virus (Flaviviridae), as well as exotic
viruses, will be presented.

Keywords: encephalitis; arbovirus; rabies; Equid herpesviruses; Borna disease virus; West Nile
virus; horses

1. Introduction

Neurological disorders represent an important sanitary and economic threat to the equine industry
worldwide. Even mild nervous deficits can result in poor performances and long recovery of athletic
horses, while severe clinical signs can induce life-threatening injuries in infected horses and may
expose owners, veterinarians and care providers to significant risks [1]. Few surveys have been
carried out to evaluate the burden of neurological diseases in horses and were performed almost
20 years ago. They indicated that neurological affections accounted as the fifth cause of death (8%) in
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adult horses, behind foaling (24%), digestive (21%), locomotor (21%), and cardiovascular (9%) causes.
In two studies performed in Australia and in France, neurological diseases were first attributed to
trauma (26% to 34%), congenital malformations (19% to 20%), while inflammation and infection were
reported in 6% to 17% of horses with neurological conditions [2–4]. Early recognition of neurological
infectious diseases may increase the chance of a positive outcome and is key to the implementation of
coordinated management measures designed to prevent large-scale outbreaks when highly contagious
pathogens, such as equid herpesviruses, are involved. Many neurotropic viruses affecting equines are
also significant human pathogens and rapid identification of zoonotic viruses in horses is pivotal in
their surveillance and in the control of corresponding human viral diseases [5].

Multiple neuropathogenic pathogens, either viruses, bacteria or protozoa, can induce an important
inflammation of the central nervous system (CNS). Bacterial meningitis are common neurological
infections in foals, while neuroborreliosis, listeriosis and Equine Protozoal Myeloencephalitis
are rare and difficult to diagnose in equines [1]. As far as viruses are concerned, Rabies virus,
Equid alphaherpesvirus 1 (EHV-1), West Nile virus and related flaviviruses (Japanese Encephalitis virus,
Saint-Louis Encephalitis virus and Murray Valley Encephalitis virus), Mammalian 1 orthobornavirus and
neurotropic alphaviruses (Eastern, Western and Venezuelan Equine Encephalitis Virus species) are the most
largely described neuropathogenic viruses (Figure 1).

 
Figure 1. Major viruses causing encephalitis in equines. Virus classification according to ICTV
2019 nomenclature [6], structure and genome organisation are presented for viruses belonging to
Herpesviridae, Rhabdoviridae, Flaviviridae, Bornaviridae and Togaviridae (adapted from ViralZone [7]).
WNV: West Nile virus; TBEV: Tick-Borne encephalitis virus; LIV: Louping ill virus; JEV: Japanese
encephalitis virus; EEEV: Eastern equine encephalitis virus; VEEV: Venezuelan equine encephalitis
virus; WEEV: Western equine encephalitis virus, DS: double-stranded, SS: single-stranded.

Equine neuropathogenic viruses generally induce encephalitis or myeloencephalitis, which is
an inflammation of the central nervous system (cortex, brain stem, and cerebellum) and/or of the
spinal cord characterized by large or multifocal infiltrations of mononuclear cells (Figure 2d). Infected
animals may experience behavioral change, as well as balance, posture and gait deficits (Figure 2a–c) [1].
Neurological examination, including testing of reflexes, evaluating postures and movements, is key
in the clinical approach and allows assessing the course of disease and therefore its prognosis and
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response to therapeutic options. However, it is worth to note that such neurological examination and
scoring is difficult to standardize—even among highly specialized practitioners [8]. In addition to
posture and gait disorders, hyperthermia and sudden clinical signs peaking after 48 h of infection,
guide viral encephalitis diagnosis. Usually, high fever is considered as a warming sign even if infectious
diseases are not the only reason of hyperthermia and if they are not systematically detected during
the horse clinical examination. Indeed, 14% to 38% of West Nile disease diagnosed in Europe and
52% of equid herpesvirus myeloencephalopathy (EHM) cases evidenced in France had hyperthermia
during veterinary examination [9–11]. Cerebrospinal fluid (CSF) findings will generally be informative
of a viral meningo-encephalitis, comprising an increased protein concentration, normal glucose
concentration and pleomorphic leucocytosis with predominating mononuclear cells or neutrophils [12].

Figure 2. Clinical manifestations and lesions in viral equine encephalitis. Horses infected with equine
encephalitis viruses may experience posture deficits (increasing of the lift polygon in (a)), cranial
nerve deficits (facial paralysis in (b)), balance deficiencies (slings in (c) can be used to support paretic
horses and avoid long and poor prognosis recumbency). Brain lesions are non-specific and include
perivascular infiltration of inflammatory cells, observed in (d). Credits: Pr Agnès Leblond, VetAgroSup,
and Dr Eve Laloy, French Veterinary School of Alfort.

Epidemiological parameters including knowledge on the holding conditions, horse condition and
nutritional needs, prevalent pathogens in a specific region (Figure 3) will help to prioritize the hypothesis.
Updated epidemiological data are strongly needed, such as the ones provided by national surveillance
systems such as RESPE (Réseau d’épidémio-surveillance en pathologie équine) in France [13] or
EQUINELLA in Switzerland [14] ). In Europe, many viruses, including two zoonotic viruses, should
be recognized promptly: rabies virus is one of the most important global zoonotic pathogen and has
been eradicated from Western Europe by successful vaccination campaigns, while West Nile virus
is a (re)emerging arthropod-borne virus that has recently spread in Europe to the Balkans area and
northern-most countries (Germany) [15–17]. From an economic perspective, Equid herpesviruses
(EHV-1 in particular) are one of the most important equine pathogens in Europe [18]. In France, EHV-1
was the principal cause of neurological infections from 2008 to 2011, with 26 cases of EHM over 214
neurological cases reported (12%) [10].
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(a) 

 
(b) 

Figure 3. Encephalitis viruses in equines. Transmission mode (direct transmission in (a) or
arthropod-borne transmission in (b)), zoonotic potential (zoonotic viruses are marked with an asterisk)
and geographical distribution (Af for Africa, Am for America, As for Asia, E for Europe, ME for Middle
East, O for Oceania and G for global) are presented. EHV-1: Equid alphaherpesvirus 1; BoDV: Borna
disease virus; VEEV: Venezuelan equine encephalitis virus. Black arrows represent established virus
transmission between the two partners. Doted arrows indicate limited virus transmission possibility
from the infected horse to its reservoir, with the exception of midge-borne arboviruses and of the
mosquito borne VEEV epizootic variants for which horses serve as amplifier hosts. The figure was
prepared on BioRender [19].

Most equine neuropathogenic viruses will induce similar clinical presentations and laboratory
testing, either by indirect (ELISA, seroneutralisation or other serological assays) or direct assays (PCR,
virus isolation, staining of viral antigens from infected tissues) must be provided in order to confirm
the etiology of the disease (Table 1). For the past few years, direct methodologies, especially for EHV-1
detection, have been promoted. However, for most arthropod-borne viruses as well as for Borna disease
virus, indirect assays have sustained interest owing to low and short-lasting viremia in infected horses.
Serological screenings are also widely used in epidemiological surveys for the surveillance of equine
encephalitis worldwide. Since horses can be vaccinated against most equine neuropathogenic viruses
(with the notable exceptions of Borna disease and some exotic equine encephalitis viruses) (Table 2), the
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immunization status must be known for the interpretation of the serological tests. In this review, we will
present the major virological, clinical and epidemiological features of the main neuropathogenic viruses
inducing encephalitis in equids in Europe, namely rabies virus (Rhabdoviridae), equid herpesviruses
(Herpesviridae), Borna disease virus (Bornaviridae) and West Nile virus (Flaviviridae), as well as exotic
viruses. The most relevant information on the diagnosis and prevention from equine encephalitis
viruses enzootic in Europe will also be presented in this review.

Table 1. List of diagnostic assays available against equine neuropathogenic viruses enzootic in
Europe. PCR = polymerase chain reaction; RT = reverse transcription; VNT = virus neutralization
tests; CFT = complement fixation test; DFA = direct fluorescence assay; dRIT = direct rapid
immunohistochemistry test; IHC = immunohistochemistry; IFA = indirect fluorescence assay; HIA =
hemagglutination inhibition assay; MIA =multiplex immunoassay.

Virus Diagnostic Assays Advantages and Shortcomings

EHV-1

Direct assays: PCR,
virus isolation

Direct virus detection and typing (SNP-PCR) is possible
from easily accessible samples (nasal swabs and blood).

Serology: VNT, CFT or
ELISA

Due to highly prevalent and lifelong infection, diagnostic
assays should be interpreted with care. Serology will be
informative if serial serum samples can be obtained.

Rabies virus Direct assays: DFA,
dRIT, RT-PCR

Direct virus detection is possible only from the brain of dead
animals.

BoDV Direct assays: RT-PCR,
IHC

Due to limited antibody response induced after BoDV
infection, definitive diagnostic will be made only after direct
virus detection from the brain of dead animals.

WNV/Flaviviruses

Indirect assays
preferred: ELISA, IFA,

HIA, VNT

Rapid serological screening tests (competition ELISA, IFA)
are very sensitive but present a low diagnostic specificity;
they should be interpreted with care and confronted with
results from confirmatory serological assays (VNT, MIA).

Direct assays: RT-PCR,
virus isolation

Direct virus detection is possible from the brain of dead
animals and when positive, indicates recent virus infection.

Table 2. List of vaccines licensed in Europe against equine neuropathogenic viruses. Vaccine types and
recommended vaccination protocols are presented.

Virus Vaccine Types Available in Europe Protection Provided

EHV-1

Inactivated: BIOEQUIN® H (BIOVETA),
PNEUMEQUINE® (Boehringer

Ingelheim), EQUIP® EHV 1,4 (Zoetis)
Live attenuated: PREVACCINOL® (MSD

Animal Health), licensed in Germany

Insufficient individual protection against
EHM but allows for decreased virus

transmission in the vaccinated population,
after 2 primes at a 1-month interval

(3–4 months with the live attenuated
vaccine) and boosts every 6 to 12 months.

Rabies virus

Inactivated: ENDURACELL® R MONO
and VERSIGUARD® Rabies (Zoetis),

NOBIVAC® Rabies (MSD), RABIGEN®

mono (Virbac) and RABISIN®

(Boehringer Ingelheim)

Good protection at the individual level
provided after a unique prime and boosts

performed every year or every 2 years.

WNV

Inactivated: EQUIP® WNV (Zoetis)
Recombinant: EQUILIS® West Nile

(MSD) and PROTEQ® West Nile
(Boehringer Ingelheim)

Good protection at the individual level
provided after 2 primes at a 1-month

interval and boosts performed every year.

2. Equine Encephalitis Viruses Enzootic in Europe

Equine viruses causing encephalitis can be classified into two groups: viruses transmitted
indirectly through the bites of an infected arthropod (mosquitoes, ticks, or midges) or by direct
transmission (Figure 3). Direct transmission viruses are usually associated with highly contagious
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horse-horse contacts, secretions or excretions (with the prime example of EHV-1 infected horses)
(Figure 3a) compared to arthropod-vector transmitted neuropathogenic viruses; most equines infected
by neurotropic arboviruses are indeed considered as dead-end hosts, with the remarkable exception of
the epizootic strains of Venezuelan equine encephalitis virus, an arbovirus only identified in America
(Figure 3b) [20,21].

In this section, we will address several viral equine encephalitis inducing the most important clinical
and economic consequences in Europe: rabies virus (Rhabdoviridae), Equid herpesviruses (Herpesviridae),
Borna disease virus (Bornaviridae) and neurotropic flaviviruses transmitted by mosquitoes and ticks,
e.g., West Nile, tick-borne encephalitis and Louping ill viruses (Flaviviridae).

2.1. Equid Herpesviruses

Highly successful pathogens of horse populations worldwide, Equid herpesviruses induce
latent infections that may cause abortions, respiratory (rhinopneumonia), and neurological diseases
(myeloencephalopathy). Nine herpesviruses have been described in the family Equidae, which
includes horses, ponies, donkeys and zebras and two natural hosts have been identified key for
EHV epidemiology: horses for equid herpesviruses 1 (EHV-1), EHV-2, EHV-3, EHV-4, and EHV-5
and donkeys for EHV-6, EHV-7, and EHV-8 [22]. Concerning EHV-9, zebras, as well as the African
rhinoceros, could serve as virus reservoirs [23]. Equid alphaherpesvirus 8 (EHV-8), formerly known as
asinine herpesvirus 3, was recently considered as a new threat to the horse industry; it was shown
to cause abortion in horses in Ireland and was associated with one neurological case in a donkey in
China [24].

Equid alphaherpesvirus 1 (EHV-1) was recognized as a neuropathogenic virus in horses in
1966 [25]. Within the last 20 years, EHM has been considered as an uncommon sequela of EHV-1
infection in horses that led the USDA to classify EHM as a re-emerging disease. If different cases of
EHM caused by EHV-4 were strongly suspected, no cases have been reported in the literature up to
now. Although EHV-1 and EHV-4 share a high degree of genetic and antigenic similarities, differential
virus tropism (the former virus being more endotheliotropic than EHV-4) and ability to interfere with
the innate immune response could explain the differences in host range and pathogenicity between
EHV-1 and EHV-4, as suggested by Ma et al. [26]. Nevertheless, similar to sporadic cases of EHV-4
abortion, it cannot be ruled out that neurological cases may occur with EHV-4.

Virus: EHV-1 and 4 are members of the Varicellovirus genus, in the Alphaherpesvirinae sub-family
in the family Herpesviridae (Figure 1). These alphaherpesviruses are characterized by lytic infection and
can establish a lifelong latent infection in blood circulating and lymph node-residing lymphocytes, as
well as in sensory neurons within the trigeminal ganglia, which may reactivate upon stress [27,28].
The linear double-stranded DNA genome of EHV-1 contains 80 open reading frames and is 150 kb
long and consists of a unique long (UL) and unique short region (US) [29].

Transmission and epidemiology: Virus transmission occurs through direct contact between horses,
fomites, infectious aerosols and/or indirectly by humans. A recent study demonstrating the survival of
EHV-1 in water strongly suggests a potential new way of transmission [30]. EHV-1 causes frequent
outbreaks of abortion and myeloencephalopathy worldwide, even in vaccinated horses (Figure 4).
EHV-1 outbreaks have been reported for centuries and many cases are reported across Europe, in
France, Great Britain and Belgium, in the United States, in New-Zealand, Australia, Chile, Argentina,
Israel and United Arab Emirates [31–33]. EHM incidence has increased in most parts of the world, in
Europe and North America, as well as in Oceania, Africa, and Asia [10,11,28].
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Figure 4. Distribution of EHV-1 outbreaks. Recent outbreaks in horses reported to the OIE WAHIS
(World Animal Health Information System) interface [15], Promed Alerts (http://www.promedmail.
org) [16] or in the scientific literature are depicted by dots (2014–2019).

Pathogenesis and clinical disease: After primary replication in the respiratory tract, EHV-1
disseminates via cell-associated viremia in peripheral blood mononuclear cells and subsequently infects
the endothelial cells of the pregnant uterus or central nervous system, leading in some cases to abortion
and/or neurological disorders [34]. The incubation period of the disease is 6–8 days (before neurological
signs become apparent), both in experimentally and in naturally EHV-1-infected horses [35]. Histologically,
the most frequently observed lesion of EHM is vasculitis in the brain and/or spinal cord, leading to
brain damages by hypoxia [36,37]. Neurological signs of EHM range from temporary ataxia, paresis,
loss of sensation around the tail and perineal area and urinary incontinence to complete paralysis and
death [38]. Affected horses may recover completely, while recumbency often leads to a fatal outcome [39].
The increased interest of researchers in the manifestations of this disease is not only due to the lack of
current scientific understanding but also to the associated economic impact [40,41]. Infections that cause
severe neurological dysfunction may only involve either one or two horses [42,43] or be associated with
larger outbreaks [42,44]. Neurological syndromes have also been observed in various environments
open to horses: breeding farms, riding schools, racetracks and, more recently—veterinary hospitals.
Furthermore, while several breeds and age groups seem to be at a lower risk of developing EHM [42,45],
other factors, including EHV-1 strains, host immunity and still unknown parameters, could explain
why experimental EHV-1 infections were frequently partially successful [46,47].

Interestingly, Nuggent et al. and Allen et al. showed in 2006 that a single point mutation of adenine
to guanine at nucleotide position 2254 in the catalytic subunit of the gene encoding DNA polymerase
(ORF30) was often associated with EHV-1 neuropathogenicity (in 83% to 86% of cases), while absent
in the majority of EHV-1 abortion outbreaks [48,49]. The non-synonymous A to G substitution at
nucleotide position 2254 results in the replacement of asparagine (N) in position 752 (N752→D752).
Experimental infections with recombinant viruses performed by Goodman et al. (2007) demonstrated
that the N752 sequence variant of EHV-1 DNA Pol, when compared to the D752 variant, generated a
low level of viremia in natural hosts and presented with reduced overall pathogenicity and capacity
to induce neurological signs [46]. The discovery of this single polymorphism in ORF30 led to the
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development of a SNP-PCR (SNP—single nucleotide polymorphism) test for the detection of the two
genotypes (potential neuropathogenic and non-neuropathogenic strains) [50]. Many studies performed
in the field in different countries to characterize the neuropathogenic and non-neuropathogenic variants
of Equid alphaherpesvirus 1, demonstrated neurological cases with A2254 variants [43,51]. This finding
suggested that the current dogma that a significant percentage of EHM outbreaks are caused by a
mutant strain (G2254) is too overly simplistic [52].

Diagnosis: Over the past 15 years, diagnosis tools have been improved (Table 1). PCR that allows
for the direct detection of the virus has become the new standard [41]. The use of this powerful
diagnostic assay has to nevertheless be considered with all the clinical information available by the
practitioner, in particular the time of completion of the sampling (nasal swab and blood). Indeed, the
viral load observed during EHM is generally much lower than the one observed during abortions.
Given that EHV-1 latently infects leukocytes, PCR results obtained from blood samples should be
interpreted with care. It is important for samples taken a few days after the observation of neurological
clinical signs, not to exclude the possibility of an infection with EHV-1—even when a negative PCR
result was obtained. Monitoring contact horses with PCR tests performed on nasopharyngeal swabs is
then recommended. The discriminatory test between the neuropathogenic and non-neuropathogenic
strains is also used in many laboratories (SNP PCR A/G2254), but regardless of the results of the SNP
PCR, the practitioners will have to apply equivalent EHV-1 management measures. Virus isolation,
serological testing (virus neutralization) and post-mortem examination are still informative.

Prevention and control: Practitioners need to identify quickly EHV-1 infections and to apply strict
sanitary measures to stop virus spreading. Isolation and quarantine measures have to be applied
according to high-risk groups. There is an urgent need to screen and separate potential virus shedders
(either confirmed to be infected with EHV-1 or exposed) from non-exposed and healthy animals.
Specific staff caregivers would be affected to each group and would have specific supplies (gloves,
coats, calots, boots and footbath). A three weeks’ quarantine starts as soon as the last reported case is
declared. At the end of the infected period, an eight days’ crawlspace, after carrying out cleaning and
disinfection of boxes, is needed.

Several inactivated and live vaccines are available against EHV-1 and EHV-4, and both types
of vaccines have been marketed in Europe (Table 2) (reviewed in [53]). Although they reduce both
clinical signs of the respiratory disease and virus shedding [54], their efficacy against neurological
disorders and abortion is limited [41]. In respect to these limitations, practitioners have turned toward
alternative treatments by using antiviral molecules—even if no marketing authorization are available
in horses. In vivo, valaciclovir, which is the prodrug of aciclovir, was tested in experimental EHV-1
infection, but showed no antiviral effects [55]. In vitro studies are performed around the world to
identify new molecules with a strong antiviral potential [56,57].

2.2. Rabies Virus

Rabies virus is a neurotropic virus belonging to the genus Lyssavirus, family Rhabdoviridae. It is
responsible for a zoonotic and inevitably fatal disease, once neurological signs have been recognized
and is nevertheless considered as a neglected disease in tropical areas. Every mammal is susceptible,
but some species such as dogs, jackals, coyotes, wolves, foxes, skunks, mongooses, raccoons, and bats
act as reservoir hosts.

Virus: Lyssaviruses are currently classified into 17 different species: Rabies virus (RABV), Lagos bat
virus (LBV), Mokola virus (MOKV), Duvenhage virus (DUVV), European bat lyssavirus types 1 and 2
(EBLV-1 and -2), Australian bat lyssavirus (ABLV), Aravan virus (ARAV), Khujand virus (KHUV), Irkut
virus (IRKV), West Caucasian bat virus (WCBV), Shimoni bat virus (SHIBV), and more recently described
bat lyssaviruses (Bokeloh bat lyssavirus (BBLV), Ikoma lyssavirus (IKOV), Gannoruwa bat lyssavirus (GBLV)
and Lleida bat lyssavirus (LLEBV)) [6,58–63]. Lyssaviruses are also separated into three phylogroups,
based on their genetic, immunologic, and pathogenic characteristics. Phylogroup I includes RABV,
DUVV, EBLV-1, EBLV-2, ABLV, ARAV, IRKV, BBLV, GBLV, and KHUV, phylogroup II includes LBV, MOKV,

36



Viruses 2020, 12, 23

and SHIBV, and phylogroup III includes WCBV, IKOV, and LLEBV [59]. All lyssaviruses are capable of
causing fatal acute encephalitis indistinguishable from clinical rabies in humans and other mammals.
With the exception of Mokola and Ikoma lyssaviruses, every species have known bat reservoirs, leading
to the speculation that lyssaviruses originated in the order Chiroptera [62]. Human clinical rabies cases
have been documented for RABV, MOKV, DUVV, EBLV-1, EBLV-2, ABLV, and IRKV [63].

Lyssaviruses are enveloped, bullet-shaped viruses with a single-stranded, negative sense RNA
genome of about 12 kb that encodes five viral proteins: nucleoprotein (N), phosphoprotein (P), matrix
(M), glycoprotein (G), and RNA polymerase (L) (Figure 1). The RNA genome is encapsidated by
the N protein, forming the ribonucleoprotein (RNP) complex, which is the functional template for
transcription and replication.

Transmission and epidemiology: Rabies cases have been reported across the globe in more
than 150 countries [5]. According to recent estimates by the World Health Organization, 55,000 to
60,000 human deaths due to rabies infection are expected to occur every year [64]. The majority
of them occur in developing countries in Asia and Africa, with about 35,000 and 21,000 human
cases, respectively, and rabies virus is usually transmitted by free roaming dogs in these areas [64,65].
Two major epidemiological cycles are reported, urban canine rabies, now largely confined to developing
countries and sylvatic or wildlife rabies which predominates throughout most of Europe and North
America [65]. Animal species involved in rabies virus transmission along sylvatic cycles may vary.
In the United States, skunks, raccoons and bats are the wild species most often found rabid, while
in Canada, these are foxes and skunks. In Europe, the red foxes and raccoon dogs serve as the main
reservoir hosts and red foxes were found to account for 60% of all reported cases in central and
western Europe. Bat species involved in rabies virus transmission also differ between countries: in
Latin America, vampire bats are an exceptionally devastating source of infection for cattle and equids,
while in North America rabid non-hematophagous bats have occasionally transmitted the disease
to horses [66,67]. Horses are sensitive to both canine and bat rabies strains. Rabies is fairly rare in
horses and usually less than 100 cases are reported in the United States every year: horses and mules
(Equus spp.; 31 [6.6% of rabid animals] in 2013) [68] (Figure 5). A large number of rabies cases (172 out
of 467 suspected cases) have been reported in donkeys in Sudan over a period of 10 years from 1992 to
2002 [69]. In Australia, two equine cases also arose recently in 2013, documenting the first occurrence
of ABLV in animals other than bats or humans [70]. In Europe, 233 cases have been reported between
2010 and 2019, mainly in Eastern Europe (Russian Federation (49), Ukraine (41), Turkey (70), Belarus
(27), Moldova (9), Romania (17), Georgia (8), Poland (2), Croatia (7), Serbia (1), and Latvia (1)), while
for the same period, only one case was reported in Western Europe, in Italy (2010) [71].

Pathogenesis and clinical disease: Rabies virus is primarily transmitted to equids through the
saliva of an infected animal. Contamination occurs mainly through bites or contact of a cutaneous or
mucous (oral, nasal, eye mucosa) lesion with infected saliva. Rabies pathogenesis is characterized by
three distinct phases. Phase 1 corresponds to the ascending or centripetal period during which the virus
is transported toward the CNS. Phase 1 occurs after the bite of a rabid animal, and after a short-lasting
replication in local muscle cells, the virus enters motor and sensory neurons. Paresthesia at the biting
site may develop, which results in rubbing or automutilation through biting. Lyssavirus mainly shows
axon-neuronal transport by binding with acetylcholine-receptors at motor end plate and multiply at
the ventral horn of the spinal cord before CNS spreading [72]. The virus replicates within the CNS
during phase 2, leading to clinical signs of encephalomyelitis. Phase 2 in horses is characterized by
extensive virus replication in the limbic system (including hypothalamus, hippocampus, amygdala,
and other nearby areas) and the spinal cord [73]. Because phase 2 is the period with the most dramatic
clinical signs, most horses will be euthanized during that phase. Phase 3, also called centrifugal
phase, is the period where the virus leaves the CNS and infects other organs in the body. Phase 3 is
characterized by neuronal transportation of virus into highly vascularized organs, such as the salivary
glands, facilitating virus transmission to new hosts and its excretion into the environment.
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Figure 5. Distribution of rabies outbreaks. Recent outbreaks in horses reported to the OIE WAHIS
interface [15], Promed Alerts [16] or in the scientific literature are depicted by dots (2014–2019).

Clinical signs of rabies are highly variable in horses and three forms are classically described
according to the injured area: silent, paralytic or furious forms. The furious form is uncommon (10 to
17% of cases), while silent and paralytic forms are the most common. After a long incubation time
(over 6 months), the disease progresses rapidly (within 3 to 6 days), including a sudden change in
behaviour (depression to manic), itching at the biting site, loss of appetite, high fever, gait disorder,
paralysis at the inoculation point, aggressivity, and hyperesthesia [74].

Diagnosis: Confirmatory diagnosis is preferably undertaken through virus identification by direct
fluorescent antibody (DFA) test, direct rapid immunohistochemistry test (dRIT), or pan-lyssavirus
RT-PCR assays [75]. DFA test, dRIT, and RT-PCR provide a reliable diagnosis in 98% to 100%
of cases for all lyssavirus strains if an appropriate conjugate or primer/probe is used [76]. For a
large number of samples, conventional and real-time PCR can provide rapid results in equipped
laboratories. Histological techniques such as Seller staining (evidencing Negri bodies) are no longer
recommended for diagnosis. In case of inconclusive results from primary diagnosis tests (DFA test,
dRIT, or pan-Lyssavirus RT-PCR), further confirmatory tests (molecular tests, cell culture or mouse
inoculation tests) on the same sample or repeated tests on additional samples are recommended.
Wherever possible, virus isolation in cell culture should replace mouse inoculation tests.

Prevention and control: Rabies control has been mainly afforded through the vaccination of wild
and domestic susceptible animal species [77]. Vaccination is recommended in endemic areas. Several
inactivated adjuvant vaccines are commercialized in Europe and can be used in domestic mammals (see
Table 2 for the list). Rabies vaccination intervals >1 year may be appropriate for previously vaccinated
horses, but not in primed horses vaccinated only once [78].

2.3. Borna Disease Virus

The Borna disease virus (BDV, renamed BoDV), Mammalian 1 orthobornavirus according to
ICTV nomenclature [6], is the prototype member of the Bornaviridae family, within the order
Mononegavirales [79]. For years, it was the only member of this family, but since 2008 new bornaviruses
were discovered in birds, reptiles, and mammals (reviewed in [80]). Amongst them, an avian borna
virus (ABV), the Psittaciform 1 orthobornavirus, was shown to be responsible for the proventricular
dilatation disease [81], and a mammal Bornavirus, the Variegated squirrel 1 bornavirus (VSBV-1),
recently reappointed Mammalian 2 orthobornavirus, was associated with fatal encephalitis in humans [82].
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This expansion of the Bornaviridae family and the association of the new viruses with animal and
human diseases revived the interest for this family and called for new classification [80].

Virus: Bornaviruses are enveloped, non-segmented, single-stranded, negative-sense RNA viruses.
Their 8.9 kb genome encodes six viral proteins, five structural (nucleoprotein N, phosphoprotein
P, matrix M, surface glycoprotein G and the large structural protein L directing the replication of
BoDV RNA genome) and one non-structural (X) (Figure 1). They have the particularity, amongst the
Mononegavirales, to replicate within the nucleus and to be poorly released from infected cells [83].

Transmission and epidemiology: BoDV is the causative agent of the Borna disease, a rare but
severe, often lethal, encephalitis, which was first described in horses during a devastating outbreak in
the little city of Borna in Saxony/Germany around 1894 [84]. Later, it was reported to infect a large
range of animals, including sheep, cattle, dogs, cats, shrews, ostriches, birds, macaques, and several
zoo animals, suggesting that its potential host-range includes all warm-blooded animals [85–91]. BoDV
infection, based on antibodies, antigen, RNA and virus detection, has been reported from horses
and other animals in many countries in several continents, Europe, North America, Australia, and
Asia, suggesting a worldwide distribution of the virus (reviewed in [89]). This should, however, be
taken cautiously as diagnosis is not always reliable (see Diagnosis section below). Illustrating these
difficulties, viral RNA detection outside central Europe, the endemic area in which the highest clinical
incidence was consistently found as well as the verified classical Borna disease’s cases, has been
suspected to be caused by contamination [92]. Endemic area includes eastern and southern Germany,
the eastern part of Switzerland and the area bordering Liechtenstein as well as the most western part
of Austria (reviewed in [92,93]) and, as recently reported, upper Austria [94] (Figure 6).

 
Figure 6. Distribution of Borna disease outbreaks. Recent outbreaks in horses reported to Promed
Alerts [16] or in the scientific literature are depicted by dots (2014–2019).

The bicolored white-toothed shrew, Crocidura leucodon, is recognized as the natural reservoir
host of BoDV [88,94,95]. In this host, the virus replicates in numerous tissues, neural and non-neural,
without causing clinical symptoms or pathological lesions. It is secreted in saliva, urine, skin, tears,
and feces [96]. Horses may be infected via the olfactory route, as the presence of BoDV antigen and
RNA, as well as inflammation and edema, have been found in the olfactory bulb of naturally infected
horses early in the course of the disease [97]. This is supported by successful experimental intranasal
infection of rats, mice, sheep, and horses (reviewed in [93]). In horses, the virus is mostly confined
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into the brain and, although BoDV RNA was found in oral, nasal and conjunctival fluids of naturally
infected horses, infectious virus was rarely detected [98], indicating that transmission from horse to
horse in stables is unlikely. Vertical transmission may be possible as viral RNA was detected in the
brain of a pregnant mare and her fetus [99] and was shown to occur experimentally in mice [100].

The question of whether BoDV is a human pathogen has been debated for years. Several
studies showed it may be a cause for some psychiatric disorders [101,102], and possible responsible
mechanisms have been proposed [103,104], but others have suspected that contamination occurred in
initial studies [105], and have refuted any association between BoDV infection and mental illness [106].
While this remains a question, two recent studies convincingly showed that BoDV is a human pathogen,
as it was associated with fatal encephalitis [107,108]. How humans have been infected remains to be
elucidated but the proximity of BoDV sequences from humans, shrews and horses leads to suspect a
zoonotic risk.

Pathogenesis and clinical disease: In horses, the typical course of the disease is characterized by
an acute encephalitis that develops following an incubation period which lasts up to 3 months [109].
During the acute phase, neurological and neuro-behavioural signs vary but may include unusual
posture (crossing legs), repetitive movement disturbance, teeth grinding, circle walking, neck stiffness,
nystagmus, strabismus, myosis associated with external stimuli such as hyper excitability, aggressivity,
lethargy, sleepiness and stupor. Hyperthermia, which may precede neurological signs, is not always
noticed during Borna disease. During the final stage, paralysis may appear followed by seizures
associated with specific movements named “push to the wall”. Death occurs in 80% to 100% of cases,
in 1 to 4 weeks after the onset of clinical signs. In survivors, infection is life-long, and a chronic form
of the disease develops with recurrent clinical events such as depression, apathy, somnolence and
scared behavior, in particular following stress [110]. Of note, some infection may be asymptomatic.
Histopathological examination of infected brains revealed viral antigens mainly in neuronal nuclei and
the characteristic Joest-Degen inclusion bodies, accompanied with massive infiltration of inflammatory
cells [109,110].

Diagnosis: The diagnostic of BoDV infection is particularly difficult. Clinical signs are not specific
and low titres of antibodies in infected horses and low viremia (the virus is confined within the brain)
does not allow a reliable diagnostic from serum or cerebrospinal fluids, even when the most sensitive
serological or molecular tests are used. Standardized tests, validated by inter-laboratory assays, does
not exist. Although intra-vitam studies give useful indicators, only post-mortem analyses performed in
brain, the tissue with the highest viral load, will confirm a definitive diagnostic (Table 1).

Prevention and control: A few therapeutics (amantadine sulfate) and vaccines (attenuated
and inactivated candidates) have been developed against equine BoDV infection thus far, but none
are available in veterinary medicine since none proved effective in controlling or preventing the
disease [109].

2.4. Enzootic Flaviviruses: West Nile Virus, Tick-Borne Encephalitis Virus and Louping Ill Virus

Three neurotropic flaviviruses documented in horses suffering from meningoencephalitis are
enzootic in Europe, West Nile virus (WNV), tick-borne encephalitis virus (TBEV) and Louping ill virus
(LIV). Flaviviruses can be divided into three distinct groups according to their vectors: tick-borne
viruses, mosquito-borne viruses and viruses with unknown vectors [111].

Viruses: Flaviviruses, belonging to the Flaviviridae family, are enveloped, non-segmented,
single-stranded and positive-sense RNA viruses. Their genome of approximately 11 kb encodes three
structural proteins (capsid C, preMembrane prM and Envelop E) and seven non-structural proteins
(NS1, NS2A, NS2B, NS3, NS4A, NS4B, and NS5) involved in virus replication and counteractive of
immune responses (Figure 1). Notably, flaviviruses belonging to the Japanese Encephalitis serocomplex
(such as WNV, Japanese, Saint-Louis and Murray Valley encephalitis viruses) express an additional
non-structural protein, NS1′, resulting from ribosomal frameshift occurring at a specific heptanucleotide
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motif close to the beginning of the NS2A gene [112]. Even though the precise functions of NS1′ are still
largely unknown, this protein has been involved in virus neuroinvasiveness.

Transmission and Epidemiology

WNV

WNV is maintained and amplified in an enzootic cycle involving birds and mosquitoes from the
Culex genus as vectors. WNV is transmitted to different animal species (mainly mammals but also
reptiles and amphibians) through the bite of infected mosquitoes. Horses and humans are highly
susceptible to WNV infection but are considered as dead-end hosts owing to limited and short viremia
that does not sustain transmission to naïve mosquitoes. In both species, asymptomatic infections are
the most common, but in rare cases (approximately 1 out of 140 infections in humans and up to 10%
infected horses), neuroinvasive forms with meningitis, encephalitis or myelitis may occur [113,114].
WNV is the most widely distributed arbovirus that induces equine encephalitis (Figure 7). Over the
last 15 years, WNV has been repeatedly reported in Europe with a high frequency in the Mediterranean
region and in Eastern Europe. This virus was first described in France, Portugal and Cyprus in the
1960s [115]. After a silence of more than 30 years, WNV lineage 1 strains resurfaced in North Africa
(in Morocco (1996), Algeria (1994) and Tunisia (1997)), as well as in Western and Eastern Europe
(Romania (1996), Italy (1998), Russia (1999) and France (2000)) [116–118]. WNV strikingly exemplified
how fast and unpredictable flaviviruses can emerge when the virus was introduced in New York
City in 1999. It produced large and dramatic outbreaks in humans and horses and rapidly spread,
in less than 4 years, throughout the United States of America, causing more than 30,000 cases and
1200 deaths in humans and more than 24,000 cases in the equine population for the United States only
over a 10-year period [119]. Interestingly, in Europe the epidemiological scenario in 1996–2010 was
quite different from the one in North America as epidemics were irregular and limited in time and
space. Nevertheless, a revival of WNV activity in Europe has been associated in particular with the
introduction in 2004 of a new WNV strain within lineage 2, most likely originating from Africa [120].
This WNV lineage 2 was initially identified in Hungary and then spread to the eastern part of Austria
and to southern European countries including Greece in 2010 and Italy in 2011 [121]. Unprecedented
WNV transmission seasons in Europe were registered in 2010, 2012, 2013, or 2015, in association
with climatic and environmental conditions sustaining mosquito activity and close mosquito-bird
contact rates. Nevertheless, these recent transmission seasons were in no way comparable to the
exceptional transmission wave experienced in 2018. Indeed, 2018 showed a 7.2-fold increase of reported
cases compared to the 2017 transmission season and a final total number of reported autochthonous
infections in humans (n = 2083) higher than the cumulative number from the previous seven years
(n = 1832) [17]. The highest increase compared to 2017 was observed in Bulgaria (15-fold) followed by
France (13.5-fold) and Italy (10.9-fold). The number of European equine WNV outbreaks doubled in
2018 (n = 285) in comparison with earlier WNV transmission seasons (n = 97–191 in 2013–2017, with
on average 145 equine cases reported annually for this period) [17]. The second remarkable pattern
was the reporting in 2018 for the first time of WNV in northern Europe, with several bird species and
two horses found infected by WNV lineage 2 in Germany [122]. In Australia, specific virus variants
called Kunjin virus and classified into WNV lineage 1b, recently caused unprecedented epizootics of
neurological disease in horses in Southeast Australia, resulting in almost 1000 cases and a 9% case
fatality rate in 2011; unusual climatic conditions, as well as enhanced virus transmission by infected
mosquitoes, could have contributed to the phenomenon [123].

WNV neurovirulence and neuroinvasion are typically associated with sequence variations in the
flavivirus E protein [124]; strikingly, a unique mutation at position 249 in the helicase portion of NS3
(NS3249P) has been identified in virus strains that have been responsible for major WNV outbreaks
during the two last decades [125] and its role in the modulation of WNV virulence and transmission is
nowadays largely debated [126,127].

41



Viruses 2020, 12, 23

 

Figure 7. Distribution of WNV outbreaks. Recent outbreaks in horses reported to the OIE WAHIS
interface [15], Promed Alerts [16] or in the scientific literature are depicted by dots (2014–2019).

TBEV and LIV

TBEV is the most important human tick-borne pathogen in Europe and Asia. The estimated
annual incidence rate is 10,000 human infections with a case-fatality rate ranging from 1% to 20%.
For TBEV, the arthropod vectors are primarily hard ticks and in Europe, the most important tick
vector is Ixodes ricinus. Contrary to mosquitoes, which become infected only if there is sufficient
viremia in the vertebrate host, ticks can become infected during a shared meal or “co-feeding”, not
requiring a systemic infection of the host [128]. In fact, adult and immature ticks, as well as larvae
and nymphs are attached to their host for several days and can feed together on the same reservoir.
Contamination between naïve (uninfected) and infected ticks can occur during this meal. Co-feeding is
facilitated by the proximity of ticks and the action of saliva, which allows for the transfer of arboviruses
including TBEV [129]. The main vertebrate reservoir hosts of TBEV are rodents of the genus Myodes
and Apodemus although other small rodents and shrews can contribute to the natural transmission
cycle. Larger animals such as sheep, goats and more rarely cattle can be additional competent hosts.
Goats, sheep and cows excrete the virus in the milk. Humans, horses and game (deer, wild boar, fox)
are epidemiological dead-end hosts. Human infection can occur through a bite from a TBEV- infected
tick, more rarely through the ingestion of unpasteurized milk or milk products from goats and less
often from infected cows or sheep [130]. Hard ticks (Ixodes ricinus) also transmit LIV. The vertebrate
reservoir hosts are the wood mouse (Apodemus sylvaticus), the common shrew (Sorex araneus), the red
grouse (Lagopus lagopus scoticus) and the sheep (Ovis aries). A co-feeding mechanism has also been
reported for LIV transmission in I. ricinus ticks feeding on mountain hares (Lepus timidus) [131]. Sheep
develop the disease and the virus could occasionally been detected in a range of other animal species
such as goats, dogs, pigs, horses, humans, deer, llamas, alpacas, and mountain hare [132]. Finally,
very uncommon cases of horse infected by TBEV or LIV have been described [133–135] and a few
serological surveys in equids are available in the scientific literature. TBEV seroprevalence rates of 20%
to 30% among asymptomatic horses have been reported in Austria and Germany [134,136] while lower
ones have been reported in the Balkans (3% to 5% in Serbia and Slovakia) [137].

TBEV is reported in the northern hemisphere of Europe and Asia. There are three main subtypes
of TBEV: European (TBEV-Eu), Siberian (TBEV-Si) and Far Eastern (TBEV-FE) circulating in Europe
with TBEV-Si and TBEV-FE recently detected in the Baltic countries and in Eastern Finland [138,139].
Based on epidemiological investigations, LIV distribution area initially limited to the British Isles
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(particularly in Scotland, Cumbria, Wales, Devon and Ireland), but seroconversion or clinical cases in
sheep due to LIV-like viruses have been reported during the last decade in Norway, Denmark, and
Spain [140,141].

Pathogenesis and clinical disease: TBEV, LIV and WNV induce severe neurological syndromes,
through pathogenic mechanisms that are still largely unknown. The majority of WNV and TBEV
studies were done in vitro on transformed cells lines and in vivo on mouse experimental models [142].
The exact mechanism of WNV and TBEV CNS invasion is unclear, but five models have been proposed
that rely on the anatomy of the blood-brain barrier (BBB): (i) entry through the BBB via infected
leukocytes (a so-called Trojan horse mechanism, demonstrated for WNV) [143]; (ii) a direct passage
of the hemato meningeal barrier after its integrity has been compromised by the action of cytokines
(TNFα) or metalloproteinases (MMP9) inducing changes in capillary permeability (WNV) [144];
(iii) direct infection of the brain microvascular endothelial cells without effect on cells integrity (WNV
and TBEV) [145]; (iiii) infection or passive transport through the epithelial cells of choroid plexuses,
whose function is the production of CSF (WNV) [146]; (iiiii) infection via the neuronal pathway by
the infection of olfactory neurons and/or axonal transport in the retrograde direction (mechanisms
demonstrated for WNV only) [147]. This latter axonal transport promotes entry into the CNS from
peripheral inoculation near nerve connections and acute flaccid paralysis of a limb. In an experimental
model of infection of hamster, WNV was present 4–5 days after infection in multiple sites of the brain
and spinal cord. Foci of neuronal infection were observed in the cortex, hippocampus, cerebellum,
basal ganglia or the anterior horn of the spinal cord [148]. Neurons and astrocytes are infected with
WNV and TBEV [142,149,150]. Following neuronal cell death, inflammatory molecules (such as IL1-β,
IL6, IL8 and TNFα) have potentially toxic effects on uninfected neurons. Later, during infection,
lymphoid infiltration can be observed in the infected regions with cells releasing proinflammatory
cytokines destroying flavivirus-infected cells but also contributing to the pathogenesis of the virus by
their cytotoxic action in the CNS [133,151].

An equine infection by WNV can be suspected when the following symptoms are noticed:
hyperthermia, ataxia, hind legs paresis, muscle tremors, teeth grinding, cranial nerve deficits, dysphagia
or face paralysis [9]. During 2000 and 2004 WNV epizootics in Camargue, France, ataxia was the main
clinical sign observed in 64% to 72% of cases, while behavioral modifications (45% of cases) and muscle
tremors (35% of cases) were less frequently reported [9]. Neurological disorders could persist within 5
to 30 days with a complete or partial remission after several months. Case fatality rates are variable,
generally ranging from 20% to 57%.

Few publications describe TBEV infections in animals. Clinical signs of encephalitis induced by
TBEV are rare in horses and include anxiety, decreased appetite, nervousness, and emaciation [134,135].
Generally asymptomatic in horses, the confirmation of equine TBEV infections can be challenging
due to close and partially shared antigenicity with other flaviviruses such as WNV and Japanese
Encephalitis Virus (JEV) [136]. Encephalitis caused by LIV in horses is very uncommon. During
the outbreak reported in Ireland, horses developed neurological disorders comparable to the ones
described for other arborviral infections affecting the CNS. Its principal symptoms consisted of ataxia
ranging from slight incoordination to falling risk. Face and neck muscle tremors, depression, fear of
light, behavioral modification such as constant chewing or mild fever could be observed [133,152].

Diagnosis: The neurological symptoms and lesions are not specific to flavivirus infection, making
laboratory tests compulsory to confirm or exclude viral etiology. The diagnosis of flavivirus infection is
delicate and relies on the detection of viral RNA in blood and CSF, viral isolation in cell culture and/or
the detection of IgM and IgG in serum and CSF. Flavivirus infection (WNV, TBEV, LIV) diagnosis is
primarily based on indirect methods. Indeed, viremia of an infected horse is quite low and fleeting
and already vanished by the time horses develop neurological signs. It is therefore quite difficult to
identify the pathogen by direct diagnostic assays, even with highly sensitive real-time RT-PCR assays.
Serology tests such as ELISA for WNV and TBEV detection and hemagglutination inhibition assay
for LIV are fast and allow for the identification of anti-flavivirus antibodies. These tests suffer from
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poor specificity because of antibody cross-reactions between flaviviruses [153]. Several serological
tests have to be carried out in order to detect a recent infection (IgM ELISA for WNV or an antibody
titer kinetics). A virus neutralisation test, with higher diagnostic specificity, practiced in a biological
security 3 level laboratory allows the definitive identification of the flavivirus. WNV infection can also
be diagnosed by RT-PCR on EDTA-blood samples collected during the first clinical period (marked by
hyperthermia only, a few days after mosquito bites and before the neuro-invasive form of the disease)
or on cerebrospinal fluid and brain on post-mortem. Samples must be shipped cold or frozen, as WNV
is very sensitive to thermal and chemical inactivation.

Prevention and control: There is no specific treatment for flaviviruses and disease control primarily
relies on integrated virus surveillance and on vector control, with strategies and methodologies differing
between European countries [154,155]. However, for WNV, three equine vaccines have a European
Marketing Authorization (Table 2). The Zoetis Equip WNV vaccine is composed of the inactivated
West Nile virus, strain VM-2 New York 1999 combined with an adjuvant [156]. The other two vaccines
are recombinant and adjuvanted vaccines. Proteq West Nile is composed of a canary poxvirus vector
expressing the prM and E genes of WNV [157]. The canarypox vector performs an abortive replication
cycle in mammalian cells where the inserted gene product (transgene) is expressed [158]. Finally, the
Equilis West Nile vaccine from Intervet consists of the yellow fever virus (YFV) 17D vaccine strain
where the prM and E genes of YFV have been replaced by those of WNV. This recombinant vaccine is
injected under an inactivated form [159]. No vaccine against TBEV and LIV are available for horses.

3. Exotic Equine Encephalitis Viruses in Europe

Equine encephalitis viruses enzootic in Europe are not the only threat to European horses. Horses
could contract the disease abroad during equine competitions or international events. Moreover,
because of enhanced risks of emergence of exotic viruses and increasing animal movements owing to
globalization, exotic equine encephalitis viruses could be reported in the future in new naïve territories.
Expert opinion and risk assessment through modelling is strongly required to identify the viruses that
are prone to emergence and the most at-risk areas in Europe and at the international level and to adapt
surveillance plans [160,161].

The main exotic equine encephalitis viruses are vector-borne, either transmitted by mosquitoes
or flying midges (Figure 3b). They encompass viruses belonging to three genera, flaviviruses in
the Flaviviridae family (Japanese encephalitis virus (JEV), Saint-Louis encephalitis virus (SLEV) and
Murray Valley encephalitis virus (MVEV)), alphaviruses in the Togaviridae family (eastern, western
and venezuelan equine encephalitis viruses, EEEV, WEEV and VEEV respectively) and orbiviruses
in the Reoviridae family (equine encephalosis virus, EEV) [21]. Most of them, with the exception of
EEV, are zoonotic. During such zoonotic infections, humans and equines will generally not develop
viremia elevated enough to infect naïve mosquitoes and they are considered as dead end hosts; horses
can however effectively replicate epizootic strains of VEEV, I-AB and I-C variants, developing high
viremia for an average of 4 days and serving as virus reservoir for mosquito transmission to animals or
humans [20,21].

Pertaining to flavivirus infections, JEV, SLEV and MVEV induce similar clinical presentations to
the ones reported with WNV but mainly differ in their case fatality rate and more restricted host and
vector ranges, likely contributing to more limited geographical range (reviewed in [12,20,162,163]).
Case fatality rates reported for JEV, SLEV and MVEV are 5% to 30%, 3% to 30%, and 15% to 20%,
respectively [5,164]. JEV, SLEV and MVEV have been mainly reported from South-Eastern Asia,
America (from Northern America up to Argentina) and Northern Australia/Papua New Guinea
respectively (Figure 8). JEV and SLEV infections have been unfrequently reported in horses during
the last decade, while MVEV equine outbreaks across south-eastern Australia have been identified
in 2011 [12]. However, among these exotic flaviviruses, JEV presented the highest propensity to
spread, with transmission evidenced westward to Nepal and Pakistan, as well as eastward in western
Pacific regions in the 1990s (Eastern-most territories in Indonesia, Papua New Guinea and Australia
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in 1995 and 1998), subsequent to changes in human activities (deforestation, irrigation, expansion of
pig breeding) [165]. Intriguingly, JEV genome fragments have been recently identified in birds and
mosquitoes collected in Italy [166,167]. JEV actively circulates in rice paddies, rural and semi-urban
areas, amplified by Ardeid birds (herons and egrets) and pigs as natural maintenance reservoirs and
Culex tritaeniorhynchus or other mosquito species mainly from the Culex genus as vectors (reviewed
in [20]). Finally, SLEV appears as a recently re-emerging flavivirus. Subsequent to WNV introduction
in Northern America in 1999, probable virus competition for avian amplifier hosts likely contributed to
initial disappearance of SLEV from the Western United States (1999–2014) [168,169]. From 2015, SLEV
has been again reported in California and the re-emerging strain clusters genetically with an epidemic
strain identified 10 years earlier during an unprecedented human encephalitis outbreak in Cordoba,
Argentina [162,170].

(a) Exotic equine encephalitis viruses—except VEEV. 

 
(b)VEEV. 

Figure 8. Distribution of exotic equine encephalitis outbreaks: Japanese encephalitis, western and
eastern equine encephalitis in (a), venezuelan equine encephalitis in (b). Recent outbreaks in horses
reported to the OIE WAHIS interface [15], Promed Alerts [16] or in the scientific literature are depicted
by dots (2014–2019).
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EEEV, WEEV, and VEEV are alphaviruses regularly identified in equine encephalitis in America.
These enveloped, non-segmented, single-stranded and positive-sense RNA viruses encode two
polyprotein gene clusters, driving the translation of four non-structural proteins (NSP1-4) and virus
structural proteins (and in particular two Envelop proteins, E1 and E2) at the 5′ and 3′ ends, respectively
(Figure 1). Epidemics or epizootics of EEE, WEE, and VEE have been recognized at irregular intervals
since 1831, 1847, and 1939, respectively, in different regions of America (Figure 8) [171]. The last
documented human WEE case in North America occurred in 1994 and the virus has not been detected in
mosquito pools since 2008, while severe epizootics involving more than 41 horses have been identified
in 2019 in Mexico (Promed archive 20190406.6407111) [16,172]. The most severe forms of alphavirus
equine encephalitis are associated with EEEV and VEEV epizootic variants. VEEV strains are classified
into six subtypes (subtypes I-VI), with subtype I including five antigenic variants (A, B, C, D, E, and F)
and epizootic strains corresponding to I-AB and C strains only. All other subtypes and other subtype I
variants are endemic strains and seldom cause encephalitis in horses. Epizootic I-AB and C strains were
shown to arise from E2 mutations of enzootic I-D or E variants leading to increased protein positive
charges and in particular from T213R/K substitution [173] and have been described in Argentina,
Peru, Columbia, Ecuador, Mexico, Trinidad, Venezuela, the United States, as well as in Panama in
2019 [16,174]. VEEV enzootic strains are mostly maintained in birds and rodents belonging to Sigmodon,
Zygodontomys, Heteromys and Proechimys genus and in Culex melanoconion mosquitoes, while epizootic
variants are transmitted by more diverse mosquito species (Aedes, Psorophora genus) [175]. Regarding
EEEV, North and South American variants have been described, with North American variants being
the most pathogenic for mammals [176,177]. Alternate infection of birds and Culiseta melanura or
morsitans mosquitoes maintain this virus in nature, while Aedes bridge vectors are involved in EEEV
transmission to humans and horses [20]. EEEV clinical infections in horses are highly lethal, with 70%
to 90% case fatality rate reported in the literature, in comparison with 20% to 50% for WEEV and 40%
to 80% for VEEV (reviewed in [20]). EEEV equine epizootics are regularly observed in the United
States and in Canada, Ontario and in this respect, 2019 has sustained active transmission in North
America, with more than 18 states from Eastern United States (the western limit being delineated by
Minnesota and Louisiana) having reported more than 99 EEEV horse cases from early spring (end of
March-April) to late autumn [16].

Equine encephalosis virus (EEV) is an orbivirus close to African horse sickness and bluetongue
viruses, two arboviruses associated with unexpected emergence in Europe in 1989 and 2006
respectively [178,179]. It is a primary endotheliotropic virus and most EEV infection cases are
asymptomatic or poorly symptomatic, but its clinical presentation may include ataxia, depression,
hyper excitability and convulsions. Since its description in Israel in 2008–2009, it is of primary
importance to improve the preparedness of European countries to EEV emergence [180].

4. Conclusions

Many neurological diseases represent an important sanitary and economic threat to the horse
population worldwide. Non-vector-borne equine encephalitis viruses, such as EHV-1, rabies and
BoDV, are variably reported in Europe, whereas arthropod-borne infections are usually exotic diseases.
Viral encephalitis therapeutic strategies are comparable, whatever the etiologic virus. Horses with
neurological conditions must be isolated in a quiet box with limited stimuli (noise, light) and an
appropriate bedding providing warmth, comfort, and security. Slings can be used to support paretic
horses and avoid long and poor prognosis recumbency (Figure 2). Supportive care will contribute
substantially, avoiding complications and improving the prognosis. The use of DMSO (0.4–0.9 g/kg for
5–6 days) has been advocated on the basis of its free radical scavenging properties but its efficacy has
not been evaluated scientifically [1]. Nonsteroidal anti-inflammatory drugs may be used to control
pyrexia, inflammation and discomfort, while short-term use of glucocorticoids may be beneficial;
glucocorticoids proved to be valuable in some EHM horses and it is hypothesized that the treatment
reduces the supposed immune-mediated EHV-1 pathogenesis [181]. However, they were also shown
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to reactivate latent herpesvirus infection and to increase the level and duration of virus shedding [182].
Vaccination is controversial in the face of outbreaks and in particular inactivated vaccines take too long
to generate immune responses capable to limit disease spread when outbreaks are seasonal (WNV,
other vector-borne viruses in temperate areas).

Clinical signs of viral equine encephalitis are not specific and overlapping geographical areas can
make virus identification very challenging. One recent and striking example of delayed identification of
emerging arboviruses due to similarities in clinical presentation and cross-reactive diagnostic tools was
given during WNV introduction in the United States, when WNV was initially misdiagnosed with the
closely related SLEV [183]. Bearing in mind that three flaviviruses responsible for equine encephalitis
are described in Europe, and that serological cross-reactivity is frequently observed in flavivirus indirect
diagnosis assays, the development of multiplex approaches that allow the comparison of serological
reactions against a wide range of pathogens appear to be valuable options [184,185]. Furthermore,
because in about one-half of infectious equine encephalitis, no known pathogen can be evidenced [4],
identification of unknown neuropathogenic viruses by classical (electron microscopy) and more recent
high-throughput techniques (next generation sequencing for example) is highly desirable [186,187].
In these two recent studies, three viruses, Shuni virus, horse parvovirus-CSF and eqcopivirus, have
been identified as potential causes of neurologic disease in horses through unbiased detection from
different tissues or body fluids; the demonstration of infectious virus from the brain of sick horses
establish Shuni virus as a novel equine neuropathogenic virus [186], while for the other two viruses for
which genomic DNA was detected in CSF and/or plasma [187], comparison of virus prevalence in the
CSF of healthy horses (case-control study) would be required before a conclusion on the aetiology of
equine encephalitis can be reached.

Arboviruses are the most important cause of encephalitis in horses and many of these viruses
are also significant human pathogens. Some of these arboviruses have recently emerged or resurged,
such as WNV, JEV, SLEV, EEEV or EEV and an increased rate of emergence of vector-borne diseases
can be inferred from recent studies [188]. A high diversity of mosquito species have been reported
in Europe (mainly from Aedes, Culex and Culiseta genera), and highly invasive Aedes albopictus and
Ae. japonicus have rapidly established in several European countries over the last decade [189,190].
Vector competence of native and invasive European mosquito species for equine encephalitis viruses,
other than WNV and JEV, has been unfrequently evaluated [191–193]. Consequently, identification of
European regions at risk for the spread of exotic equine encephalitis viruses is difficult and mainly
relies on information on mosquito and animal hosts density and on records of opportunistic mosquito
species [160]. On-time control of vector-borne infections relies on the use of sentinel systems, including
horses or sentinel chicken flocks for example, to provide warning of virus activity and initiate mosquito
control measures [155].
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Abstract: Equid alphaherpesvirus 1 (EHV-1) is an important pathogen of horses. It is spread worldwide
and causes significant economic losses. The ORF33 gene has a conserved region that is often used as
target in diagnostic PCR protocols. Single nucleotide point (SNP) mutations in ORF30 are usually used
to distinguish between neuropathogenic and non-neuropathogenic genotypes. An ORF68 SNP-based
scheme has been used for grouping different isolates. Recently, the highest number of variable sites
in EHV-1 from the UK has been found in ORF34. In this study, EHV-1 positive samples from Italian
horses with a history of abortion were investigated by amplifying and sequencing the ORF30, ORF33,
ORF34 and ORF68 genes. Most animals were infected by the neuropathogenic type A2254G. A 118 bp
deletion was found at nucleotide positions 701–818 of the ORF68 gene, making impossible to assign
the samples to a known group. Sequencing of the ORF34 gene with a newly designed nested PCR
showed new SNPs. Analysis of these sequences and of those obtained from genetic databases allowed
the identification of at least 12 groups. These data add depth to the knowledge of EHV-1 genotypes
circulating in Italy.

Keywords: Equid alphaherpesvirus 1; horse; PCR; sequencing; ORF30; ORF33; ORF34; ORF68

1. Introduction

Equid alphaherpesvirus 1 (EHV-1) is a DNA virus belonging to the genus Varicellovirus in the
family Herpesviridae, subfamily Alphaherpesvirinae. Infection with EHV-1 is included in the World
Organization for Animal Health (OIE) List [1] because it causes abortions, respiratory disease and
neurological disease, with significant economic losses in the equine industry worldwide. The genome
contains 76 open reading frames (ORFs) predicted to encode functional proteins [2]. The ORF33 gene,
encoding the glycoprotein B (gB), possesses a conserved region that is frequently used as target for
diagnostic PCR protocols [3]. The ORF30 gene, which encodes the DNA polymerase gene, is considered
a marker of pathogenicity because the potential to cause neuropathogenicity is significantly higher in
EHV-1 strains that carry a single nucleotide point (SNP) mutation in this gene [4]. The A to G mutation
at nucleotide position 2254 of ORF30 causes a substitution of asparagine (N) to aspartic acid (D) at
amino acid position 752 in the catalytic subunit of the viral DNA polymerase. EHV-1 N752 is referred
to as a non-neuropathogenic genotype, and D752 as a neuropathogenic genotype. This single amino
acid mutation causes replication to a higher level and longer viremia in experimentally infected horses,
when compared to animals infected with EHV-1 lacking this particular mutation [5,6]. Comparison
between the genomic sequences of the neuropathogenic strain Ab4 and of the non-neuropathogenic
strain V592 showed that the major amino acid residue differences were in a membrane-associated
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virion component encoded by the ORF68 gene. In particular, a region of about 600 bp in ORF68 was
particularly polymorphic, and therefore it was tentatively adopted as a marker system for efficiently
grouping the isolates into six groups [4]. This method was subsequently used for comparing isolates
from different geographical regions [7–12]. Recently a Multi-locus analysis approach, based on
sequencing heterologous regions in 26 open reading frames, proved a more comprehensive method
of strain typing than only ORF68 sequencing. [12]. An extensive study, covering at least 80% of the
genome for each of 78 EHV-1 isolated between 1982 and 2016 mostly in UK, demonstrated that the V32
protein, encoded by the ORF34 gene, was the most variable in this viral collection [13]. Considering
that genotyping studies on EHV-1 circulating in Italy are very limited [12,14] and that a few sequences
of Italian EHV-1 are available in public genetic sequence databases (GenBank and European Nucleotide
Archive-ENA, last access 1st July 2019), the aim of this study was to investigate the variability of the
ORF30, ORF33, ORF34 and ORF68 genes of EHV-1 positive samples collected from Italian horses with a
history of abortion, in comparison with sequences available in genetic databases and the bibliography.

2. Materials and Methods

2.1. Samples

DNA archival samples collected from Italian horses in 2008–2010 and in 2017–2019 were available
for this study. Samples from mares that aborted, from aborted fetuses and from a recumbent horse
had been collected by veterinarians in sterile containers and had been sent to the laboratory within
24 h in an airtight box containing cold accumulators for the diagnosis of beta-hemolytic C-streptococci
infection [15,16]. Some horses were regularly vaccinated against EHV-1 (Table 1). DNA had been
obtained immediately after samples arrival to the laboratory by a commercial kit (Genomic DNA
isolation kit, Norgen Biotek Corp., Thorold, ON, Canada) following the manufacturer’s instructions.
Two-hundred DNA samples stored at –20 ◦C were selected for this study and were tested by nested PCR
(nPCR) to detect EHV-1 and EHV-4 [17]. Briefly, primers FC2 (5′-CTTGTGAGATCT AACCGCAC-3′)
and RC (5′-GGGTATAGAGCTTTCATGGG-3′) targeting a common sequence of EHV-1 and EHV-4 were
used in a first PCR. Subsequently, nPCRs were performed to amplify a 188 bp sequence of EHV-1 with
primers FC3 (5′-ATACGATCACATCCAATCCC-3′) and R1 (5′-GCGTTATAGCTATCACGTCC-3′) or to
amplify a 677 bp sequence of EHV-4 with primers FC3 and R4 (5′-CCTGCATAATGACAGCAGTG-3′).
First round PCR mixture included 50 μL 2× Taq PCR Master Mix (Qiagen, Hilden, Germany), 25 pmol
each primer (FC2 and RC), 2 μL DNA, and PCR grade water up to 50 μL final volume. Second
round PCRs included 50 μL 2× Taq PCR Master Mix (Qiagen), 25 pmol each primer (FC3 and R1
or FC3 and R4), 5 μL of the product of the first round PCR, and PCR grade water up to 50 μL final
volume. Amplification conditions of both first and second round PCRs were 94 ◦C for 5 min, 40 cycles
at 94 ◦C for 1 min, 60 ◦C for 1 min and 72 ◦C for 1 min, with a final extension at 72 ◦C for 7 min
followed by refrigeration at 4 ◦C. PCR products (10 μL each) were visualized in 1.5% agarose gel.
Twenty positive samples collected from twelve different stables located in three different geographical
regions (Marche, Tuscany and Veneto) or collected from the same stable but in different years were
selected for sequencing and analysis of the genes ORF30, ORF33, ORF34 and ORF68 (Table 1).
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Table 1. Samples included in the study.

Code Stable Source Vaccination

08m27 A Organs no
08m160 B Organs yes
09m34T B Organs yes
09m45 C NS yes
09m68 D NS yes

09m142 E NS yes
09m209 E NS yes
09m217 F NS yes
10m01 G Organs no

10m106 J Organs yes
17m07 J Organs yes
17m13 K Organs yes
17m15 K NS yes
18m30 F Organs yes
19m04 E Organs no
19m05 C Organs no
19m08 L CSF no
19m10 M Organs yes
19m13 N Organs no
19m14 M Organs no

Organs were obtained by mixing lung and spleen samples from aborted fetuses; nasal swab (NS) samples were
obtained from maresthat aborted; cerebrospinal fluid (CSF) sample was obtained from the recumbent horse 19m08.
The year of collection is indicated by the numbers befor the “m” letter in the sample code (e.g., 09 means 2009,
19 means 2019). Stables from where the samples were collected are reported as alphabetical letters, no further
information is provided to respect their privacy.

2.2. PCR and Sequencing

All primers used in PCR and sequencing reactions are reported in Table 2. Nested PCR protocols
were used because single PCR (sPCR) showed limited sensitivity. A 256 bp product of the ORF30 gene
including the polymorphic site A2254G, which is suspected to determine the viral pathogenicity [6],
was obtained by nPCR [18]. After alignment of all EHV-1 ORF33, ORF34 and ORF68 sequences
available in GenBank and in ENA, the most variable sequences were selected to be amplified by nPCR.
A new set of primers (FC2int/RCint) was designed to amplify a 940 bp sequence of the ORF33 gene by
nPCR using the products obtained by first PCR with primers FC2/RC [17] as template.

After preliminary unsuccessful tests with primers used to amplify the ORF68 gene by sPCR [10,12],
new primers were designed (68p1-Fe/68p1-Re and 68p2-Fi/68p2-Ri) to obtain by nPCR a 774 bp product
including the sequence used for grouping the isolates [4]. Studies on the ORF34 gene are limited and
primers to amplify this gene are not described. Two pairs of primers were designed to amplify the
entire ORF34 gene by nPCR (1058F/1893R and 1090Fi/1784Ri). The primers are complementary to a
terminal sequence of the ORF33 gene and an initial sequence of the ORF35 gene. All new primers
were designed with Primer3Plus [19] and were tested by Nucleotide BLAST to evaluate their similarity
with EHV-1 or with other unspecific sequences. The PCR protocols were optimized by using an EHV-1
isolate as positive control and an EHV-1-negative equine sample as negative control. All new nPCR
protocols were dedicated only for sequencing and have been not tested for diagnostic purposes.

After the optimization of the amplification protocols, the mixture of the first PCRs included 25μL 2×
Taq PCR Master Mix (Qiagen), 500 nM each primer (F8/R2, FC2/RC, 1058F/1893R, or 68p1-Fe/68p1-Re),
2 μL DNA, and PCR grade water up to 50 μL final volume. PCR conditions were 94 ◦C for 5 min,
45 cycles of 94 ◦C for 1 min, appropriate annealing temperature (Table 2) for 1 min, 72 ◦C for 1 min,
and a final extension of 72 ◦C for 7 min. The second PCRs were carried out with the same amplification
conditions but with primers F7/R3, FC2int/RCint, 1090Fi/ 1784Ri or 68p2-Fi/68p2-Ri; 2 μL of the first
PCR products were used as template for nPCRs with primers F7/R3 or 1090Fi/ 1784Ri and 5 μL of the
first PCR products were used as template for nPCRs with primers FC2int/RCint or 68p2-Fi/68p2-Ri.
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PCR products were visualized in 1.0% agarose gel and positive samples were submitted to an external
laboratory for sequencing by Sanger method (BMR Genomics, Padua, Italy). Both sense and antisense
strands were sequenced. If discordant results were obtained or if new SNPs were observed in the
sequences, PCRs and sequencing were repeated. To limit the number of identical sequences included
in GenBank, only representative sequences were deposited (Accession numbers MN226968-MN226990,
Table S1).

Table 2. Primers used for PCR and sequencing reactions.

Gene Primer Name Sequence (5′–3′) Product Size (bp) Annealing Temperature (◦C) Reference

ORF30

F8 GTGGACGGTACCCCGGAC
380 60 [18]

R2 GTGGGGATTCGCGCCCTCACC
F7 * GGGAGCAAAGGTTCTAGACC

256 60 [18]
R3 * AGCCAGTCGCGCAGCAAGATG

ORF33

FC2 CTTGTGAGATCTAACCGCAC
1181 60 [17]

RC GGGTATAGAGCTTTCATGGG
FC2int * CCGCACCTACGACCTAAAAA

940 58
This

studyRCint * CGATCCCCTGCATAATCACT

ORF34

1058F GGCCCCAAGGATATTTAAGC
855 58

This
study1893R GTTTGAGGCGGTTACGTCAG

1090Fi * CCGAGGTTTCATCCTCATTC
714 58

This
study1784Ri * GCGGACATATTCGTGTCTCA

ORF68

68p1-Fe AAGCATTGCCAAACAGTTCC
846 55

This
study68p1-Re CGAACACTCCCCAGAGTAGG

68p2-Fi * TGAGCCGACAATGTTTCGTA
774 57

This
study68p2-Ri * GTTCCATCCACGTCACGTCT

* Primers used in sequencing reactions.

2.3. Sequence Analysis

Nucleotide sequences were manually checked and edited with the program BioEdit 7.0.5 [20].
Sequences were aligned by MUSCLE [21]. Phylogenetic tree with representative ORF34 sequences
were inferred with the program MEGA 7.0.21 [22]. The best-fitting nucleotide substitution model were
estimated; Kimura 2-parameter model with gamma-distributed rates among sites was used for ORF33
analysis and Tamura-3-parameter model was used for ORF34 analysis, both with bootstrap values
based on 1000 repetitions. Phylogeny was estimated by both the Neighbor-Joining algorithm (NJ) and
the maximum likelihood (ML) method.

3. Results

A total of 20 sequences of ORF30 and ORF34, 10 sequences of ORF33 and seven sequences of
ORF68 were suitable for analysis. The sequences were aligned with those available in public databases
and SNPs were investigated.

Two out of 20 samples had adenine (A) in position 2254 of the ORF30 gene and 18 had guanine (G),
showing that most animals were infected by the EHV-1 neuropathogenic variant N752. Other SNPs
were not present in the 256 bp sequence analyzed in comparison with the reference strain Ab4.

The nucleotide sequence of the EHV-1 Ab4 strain (GenBank Accession number AY665713.1) [2]
served as a basis also for the comparison of nucleotide changes in the ORF33, ORF34 and ORF68 genes.

A limited variability of the ORF33 sequences was observed (Figure 1). A non-synonymous
SNP was found in seven out of 10 samples at position A1526T (Table 3), corresponding to the amino
acidic substitution N509I. The same seven samples showed also a synonymous mutation at position
G2391A. Samples 08m27 and 10m01 showed a change at A1531G, corresponding to the amino acidic
substitution N601D. Furthermore, longer sequences were obtained by first round PCR from samples
09m34, 09m45, 09m142 and 19m10. Sample 19m10 showed three non-synonymous changes at I810V,
I838P and A861G, while no further changes were found in the other three samples (Table 3).
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Figure 1. Phylogenetic tree showing the evolutionary history of the ORF33 sequences from nt 1525 to
nt 2409 (Neighbor-Joining method with bootstrap test with 1000 replicates). The evolutionary distances
were computed using the Kimura 2-parameter method and are in the units of the number of base
substitutions per site. The rate variation among sites was modeled with a gamma distribution (shape
parameter = 5). Sequences obtained in this study are marked with a diamond (�).

Table 3. Nucleotide variations in ORF33 gene of samples and of the reference isolate Ab4.

Code
ORF33 SNPs

nt 1526 nt 1531 nt 2391 nt 2429 nt 2513 nt 2583

Ab4 A A G A A C
08m27 A G G - - -
08m160 unsp.
09m34 T A A A A C
09m45 T A A A A C
09m68 T A A - - -
09m142 T A A A A C
09m209 unsp.
09m217 unsp.
10m01 A G G - - -
10m106 T A A - - -
17m07 - - - - - -
17m13 T A A - - -
17m15 T A A - - -
18m30 - - - - - -
19m04 - - - - - -
19m05 - - - - - -
19m08 - - - - - -
19m10 A A G G C G
19m13 - - - - - -
19m14 - - - - - -

Unsp. means that unspecific products have been obtained and sequenced; - means that negative results were
obtained or that parts of sequences are missing. Samples 09m34, 09m45, 09m142 and 19m10 show longer sequences
because visible products were obtained by first round PCR and good quality sequences were obtained.
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The new nPCR protocol to amplify the ORF34 gene showed a high sensitivity because all samples
that resulted positive according to the diagnostic nPCR method of Wang et al. [17] were also positive
by this nPCR and all samples provided a high amount of PCR products, which resulted sufficient
and suitable for sequencing. Analysis of the 714 bp ORF34 nucleotide sequences obtained in this
study showed a synonymous mutation at T60C in four samples, one of which showed also two
non-synonymous changes at C380T and T410C, corresponding to changes at amino acid positions
T127I and V137A respectively. Two samples showed a non-synonymous SNP at C149T, while the other
14 samples showed the same ORF34 sequence as the reference strain Ab4 (Table 4). A total of 114
ORF34 gene sequences were obtained from GenBank database and were aligned with the sequences
obtained in this study. Sequence analysis suggested that all the EHV-1 ORF34 gene sequences available
in GenBank and all sequences obtained in this study could be categorized tentatively into twelve
groups (Table 4). A simplified tree including only selected sequences representative of each observed
nucleotide variation is reported in Figure 2.

Figure 2. The evolutionary history of the ORF34 sequences was obtained by Neighbor-Joining method
with bootstrap test with 1000 replicates. The evolutionary distances were computed using the Tamura
3-parameter method and are in the units of the number of base substitutions per site. Sequences
obtained in this study are marked with a triangle �. The letter “G” followed by a number indicates the
number of the group where the sequences are located. The letters “Un” followed by a number indicates
the sequences not located in any Group.
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A group was generated when at least two sequences were identical and showed the same variations
at the same positions. Single samples showing a unique sequence variation, which was absent in any
other sequence, were included in the Unassigned group (Un). In summary, 15 out of 20 sequences
obtained in this study were located in Group 1, three samples were located in group 2 and two samples
were located in Group 5. Groups 2 and 5 included only sequences obtained from this study, while
sequences available in GenBank were located in the other Groups, mainly in Group 1 (n = 70) and in
Group 10 (n = 10) (Table 4).

Analysis of the ORF68 according to the grouping criteria previously proposed [4] showed that
none of the sequences obtained in this study could be included in the six proposed groups, nor in
the additional groups proposed later [7,10]. Indeed, in all samples a 118 bp nucleotide deletion was
present at positions 701–818, resulting in a shorter amino acid sequence. The same deletion is present
in KyA and Racl11 strains (MF975655 and MF975656), both isolated in the USA. ORF68 sequences of
Italian samples are very similar to sequences of KyA and Racl11, but these latter have a SNP at C236A,
and KyA has further changes at T689G and T690C (Table 5). All ORF68 sequences found in this study
were identical and sample 09m142 represents all ORF68 in Table 5.
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4. Discussion

This study describes the sequence variations in important EHV-1 genes detected in archival
samples of Italian horses and contributes to the knowledge of EHV-1 circulating in Italy. Unfortunately,
limited data are available on Italian EHV-1 strains; only two sequences of the ORF30 gene are
deposited in GenBank (HM125711.1 and HM125712.1) and three strains have been recently investigated
by a multi-locus sequence analysis approach [12], although sequences are not present in genetic
databases. Two of these isolates (ITA/055/2011 and ITA/056/2011 were of the non-neuropathogenic
type because they showed an adenine at position 2254 [12]. Three isolates (ITA/944/2003,
314102/BS/2009 and 16656/BS/2010) showed the substitution A2254G, that is considered a marker of the
neuropathogenic genotype.

In this study we sequenced and deposited in GenBank sequences of ORF30, ORF33, ORF34 and
ORF68 of EHV-1 detected in horses from three Italian Regions. A total of 18 out of 20 samples (90%)
showed the mutation A2254G in the ORF30, confirming that N752D strains are common in outbreaks
involving abortion. Although some samples included in this study were from the same stable, many of
them were genetically different (ORF33, ORF34) and were considered distinct strains. The circulation
of the N752D variant in Italy appears much higher than in other countries. Thirty-four out of 269
isolated in Ireland between 1990 and 2017 showed N752D [12], and only two out of 56 EHV-1 isolated
from aborted fetuses in India had the neuropathogenic marker [8]. The N752D genotype was not
found in EHV-1 isolated in Brazil [23], in Turkey [24] and in the 27 strains isolated in Poland between
1993 and 2017 [11]. Even in other countries the prevalence of the neuropathogenic genotype was
rather low, as in Japan (2.7%), the USA (10.8–19.4%), Argentina (7.4%), France (24%), and Germany
(10.6%) [25–30]. On the contrary, 90 out of 91 EHV-1 infecting equids in Ethiopia [9] and 12 out of 13
EHV-1 in Uruguay [31] had the variant N752D. Previous investigations in Italy showed that more than
60% of EHV-1 isolated mainly from aborted fetuses since 1980s in Italy possessed the mutation N752D
in the ORF30 [14], demonstrating that the hypervirulent type EHV-1 are spread in Italy since decades.
Retrospective studies in the USA demonstrated that viruses with the neuropathogenic genotype
increased from 3.3% in the 1960s to 14.4% in the 1990s and to 19.4% in the 2000–2006, suggesting that
viruses with the neuropathogenic genotype are continuing to increase in prevalence within the latent
reservoir of the virus [28]. Although vaccination remains the main tool for reducing viral spread and
clinical disease, there is the evidence that vaccination against EHV-1 sometimes does not prevent
abortion and spread of the neuropathogenic genotype [32]. In the present study abortion and spread
of N752D strains were observed in vaccinated mares., but also in horses that are still unvaccinated,
therefore, it is not surprising that the spread of type N752D in Italy has further increased. For this
reason it is important to promote the application of corret vaccination programs in horses together
with the research on new efficacious vaccines and new vaccination schedules.

The ORF33 gene sequences obtained from some samples in this study were identical to the
sequence of the reference strain Ab4 and to many other sequences present in GenBank [12,13,33].
Most samples showed the SNPs A1526T (N509I) and G2391A (synonymous), as reported in some EHV-1
from UK. Two samples showed a new SNP at position A1531G, corresponding to the amino acidic
substitution N601D. Furthermore, sample 19m10 showed three new and non-synonymous changes
at I810V, I838P and A861G. These data confirm that this sequence of the ORF33 gene is generally
highly conserved and it is a good target for diagnostic methods, although some SNPs were observed.
Although a few single changes in a sequence usually do not affect the diagnostic sensitivity of standard
or real-time PCR protocols, continuous monitoring of changes in this sequence are important to avoid
false negative results due to viral mutations.

An extensive study on EHV-1 isolated in the UK demonstrated the highest sequence variability
in the ORF34 gene [13]. In the present study, some samples showed an ORF34 sequence identical
to the sequence of the reference strain Ab4. Other samples showed new SNPs that have not been
reported before. A complete analysis of the ORF34 sequences available in GenBank or reported in
bibliography [12,13,33] showed that some SNPs are repeated in groups of strains. In the present
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study a method based on the comparison of SNPs was tentatively proposed for grouping different
ORF34 sequences. Twelve groups were found and named from 1 to 12. Group 1 includes the reference
strain Ab4, Group 12 includes the strains isolated from zebra, onager and Thomson’s gazelle [34].
Sequences detected in the present study were located in Groups 1, 2 and 5. Most sequences available
in GenBank were located in Group 1. Single strains with unique SNPs were provisionally included in
the Unassigned group and will be included in a new group when other strains with the same SNPs
will be found. Considering that limited investigations have been carried out so far, we can speculate
that further SNPs will be found in the ORF34 gene and that new groups will be described. Studies
carried out on the ORF34 product of EHV-1 suggest that the ORF34 protein is required for optimal
replication of EHV-1 in cultured cells at early times of infection [35]. The impact of different mutations
in the ORF34 gene on viral replication is not known.

Sequencing and analysis of the ORF68 gene are widely used for grouping EHV-1 [4,7,10,11].
An extensive study on ORF68 gene of EHV-1 isolated worldwide has been recently carried out [12].
After that six groups have been originally proposed [4], further SNPs have been described and new
groups have been proposed [7,10,11]. All ORF68 sequences detected in this study were not included in
any group because they showed a 118 bp deletion in the nucleotide sequence 701–818 that have been
not observed in any existing group. In particular, the sequence between nucleotides 1 and 700 was
identical to those of the isolate IRL/268/2001 (MH976709.1), which was located in Group 4. However,
members of Group 4 do not have the deletion found in this study, and it seems incorrect to locate our
sequences in this group. The 118 bp deletion results in an amino acid sequence shorter than others and
with a different sequence of the terminal 10 amino acids, resulting in unknown biological consequences.
The same 118 bp deletion in the nucleotide sequence 701–818 is present in isolates RacL11 (MF975656.1)
and KyA (MF975655.1). RacL11 has been isolated from an aborted foal and is more pathogenic than
the attenuated Kentucky A (KyA), which is a candidate vaccine strain [36]. However, these isolates
differ to our samples because they show also the variation C236A, that is not present in our samples.

5. Conclusions

This study describes the genetic characteristics of ORF30, ORF33, ORF34 and ORF68 genes of
Italian EHV-1 detected in samples from horses with a history of abortion or recumbency. A very
high prevalence of the N752D strains was found. Sequencing of ORF33 gene confirmed the high
conservation of this gene and showed few SNPs, some of which have not been previously reported.
In this work a new efficient nPCR protocol to amplify the ORF34 gene is described. Analysis of ORF34
sequences obtained in this study and of those available in genetic databases showed new SNPs and
suggested the existence of at least 12 different groups. Analysis of the ORF68 sequences demonstrated
an infrequent deletion of 118 bp in all Italian samples.

In conclusion, this study confirms the high variability of the ORF34 gene and further investigations
should assess whether this gene could be a useful marker for epidemiological studies. Furthermore,
the presence of the 118 bp deletion in EHV-1 strains from other geographical areas and the pathogenic
properties of isolates with this deletion should be evaluated.
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Table S1: GenBank Accession Numbers of selected sequences obtained in this study.
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Abstract: Equine herpesvirus 1 (EHV-1) is an Alphaherpesvirus infecting not only horses but also
other equid and non-equid mammals. It can cause respiratory distress, stillbirth and neonatal death,
abortion, and neurological disease. The different forms of disease induced by EHV-1 infection can
have dramatic consequences on the equine industry, and thus the virus represents a great challenge
for the equine and scientific community. This report describes the progress of a major EHV-1 outbreak
that took place in Normandy in 2009, during which the three forms of disease were observed. A
collection of EHV-1 strains isolated in France and Belgium from 2012 to 2018 were subsequently
genetically analysed in order to characterise EHV-1 strain circulation. The open reading frame
30 (ORF30) non-neuropathogenic associated mutation A2254 was the most represented among 148
samples analysed in this study. ORF30 was also sequenced for 14 strains and compared to previously
published sequences. Finally, a more global phylogenetic approach was performed based on a
recently described Multilocus Sequence Typing (MLST) method. French and Belgian strains were
clustered with known strains isolated in United Kingdom and Ireland, with no correlation between
the phylogeny and the time of collection or location. This new MLST approach could be a tool to help
understand epidemics in stud farms.

Keywords: equine herpesvirus type 1; outbreak; respiratory disease; abortion; neuropathogenic
strain; myeloencephalopathy; phylogeny; ORF30; MLST

1. Introduction

Equine herpesvirus 1 (EHV-1) is a member of the Varicellovirus genus, in the Alphaherpesvirus
sub-family [1]. EHV-1 is known to infect horses as principal hosts but some cases have been reported
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in other equids and non-equid mammals [2–5]. Virus transmission occurs through direct contact
between horses, infectious aerosols, fomites, and/or indirectly by humans. More recently, transmission
of herpesvirus after survival in water was reported. Experimentally, EHV-1 was shown to be stable
and infectious in water for over a week under different conditions of pH, salinity, temperature, and
turbidity, and up to three weeks under some of these conditions [6]. EHV-1 infection may induce several
clinical forms of disease including respiratory infection (also called rhinopneumonitis) associated with
pyrexia, cough, and respiratory distress, abortion in pregnant mares, stillbirth and neonatal death, and
neurological disorders with symptoms ranging from mild ataxia to complete paralysis of the animal
(EHV-1 inducing neurological disease is usually referred as Equine Herpesvirus Encephalomyelitis
(EHM)) [7]. However, numerous factors may affect the nature and the extent of clinical signs of disease,
such as age, sex, physical condition, prior infection history, and/or the nature of the EHV-1 strain [8].
After infection, the trigeminal ganglia and leukocytes have been identified as the sites of latency for
EHV-1 [9,10]. The virus can be reactivated after environmental stimuli (e.g., stress) or therapeutic
treatment (e.g., dexamethasone) and replicate in mucous tissues with subsequent dissemination to
other hosts [11]. EHV-1 latency mechanisms are poorly understood, although gene regulation has been
shown to play a major role in the process [12].

The linear double-stranded genome of EHV-1 is 150 kb long and consists of a unique long (UL)
and unique short region (US). Each of these regions is surrounded by small inverted sequences
(Terminal Repeat Long (TRL)/Internal Repeat Long (IRL) and Terminal Repeat Short (TRS)/Internal
repeat Short (IRS), respectively). The genome contains 80 open reading frames (ORFs), some of
which show more genetic variability than others and contain sufficient variation for phylogenetic
analysis [13]. Previous studies performed ORF and/or whole genome sequencing to study genetic
polymorphism [14,15]. Whole genome comparison of two characterised strains, Ab4 [16] and V592 [17],
identified a polymorphic region within ORF68 (herpes simplex virus type 1 US2 homologue), which
was used to examine the genetic heterogeneity of EHV-1 isolates in several different countries [15,18].
Furthermore, a single point mutation of adenine to guanine at nucleotide position 2254 within ORF30
(DNA polymerase catalytic subunit) is often associated with EHV-1 different forms of disease [19–24].
Although it is not exclusive, A2254 (non-neuropathogenic) and G2254 (neuropathogenic) strains were
more frequently associated with abortion and neurological disease, respectively [19,25]. Additionally,
genome comparison of Ab4 and V592 identified non-synonymous substitutions that could be used for
multi-locus sequence typing (MLST) of EHV-1 strains [19,26].

Due to its impact on animal welfare and performance, EHV-1 represents a major threat to the equine
industry and a great interest and challenge for the equine veterinary and scientific community. This
report aims to illustrate how challenging EHV-1 infection could be in the field through the description
of a multi-syndromic outbreak that lasted over 9 months in 2009 and 2010. This outbreak involved 28
animals and different forms of disease were observed, including two EHM cases and four abortions.
Both neuropathogenic and non-neuropathogenic strains were isolated from this major outbreak and
were investigated alongside samples collected from 2012 to 2018. Different molecular analytic methods
were applied to specimens from these outbreaks (2009, and from 2012 to 2018), including the ORF30
substitution A2254G typing, complete ORF30 sequencing, and Multi Locus Sequence Typing (MLST).
These samples included EHV-1 strains isolated from the 2018 EHV-1 epizootic, which is considered to
be the most important recorded in France for the last 30 years, with at least 56 outbreaks reported and
leading to the cancellation of numerous equestrian events.

2. Materials and Methods

2.1. EHV-1 Outbreak Data Collection

Data related to EHV-1 outbreaks were collected from the diagnostic and equine research Institute
LABEO and the French Epidemiological Surveillance Network for Equine Pathologies (Réseau
d’Epidémio-Surveillance en Pathologie Equine (RESPE)) and associated equine veterinary practitioners
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(see Table 1). From August 2009 to June 2010, 242 samples were collected on a stud farm during one
single EHV-1 infectious episode (four tissue samples, 115 nasal swabs, one cerebrospinal fluid, 114
blood samples, and eight vaginal swabs). Concerning this outbreak, which happened on the same
premise, mares and foals from the stud farm were divided in six groups while yearlings were kept
apart. Mares with foals were divided in groups 1, 2, 3, and 4, while mares without foals were divided
in groups 5 and 6. From 2012 to 2018, 180 samples were collected from individual EHV-1 outbreaks by
the diagnostic and equine research Institute LABEO (France) (85 tissue samples, 82 nasal swabs, one
tracheal liquid, four cerebro-spinal fluids, and 19 blood samples). Detailed information is presented in
Supplementary Materials (Table S1).

Table 1. Number of individual outbreaks of equine herpesvirus 1 (EHV-1) reported to Réseau
d’Epidémio-Surveillance en Pathologie Equine (RESPE) from 2012 to 2018.

Year Respiratory Abortion Neurological ND 1 Total

2012 MD 2 MD MD MD MD
2013 1 1 3 0 5
2014 14 10 3 0 27
2015 11 16 1 0 28
2016 11 8 7 3 32
2017 5 9 6 3 27
2018 15 16 5 20 56

1 ND = clinical form of disease not defined or reported. 2 MD =missing data.

2.2. Biological Samples And Nucleic acids

Samples collected included body fluids (nasopharyngeal swabs, cerebrospinal fluid, tracheal
liquid, vaginal swabs), fetal organs (lungs, liver, and placenta), or whole blood samples (EDTA). Nasal
swabs were processed in 4 mL Eagle Minimal Essential medium or phosphate-buffered saline (PBS). For
nucleic acid extraction, 140 μL of biological fluids extracts, 30 mg of organs, or 2–3 mL of blood were
used. DNA was extracted using different extraction kits according to the type of sample: fluid extracts
and organs were treated as previously described [27], blood samples were processed using the DNA
Blood Maxi Kit (Qiagen, Germany) prior to May 2015, and the NucleoSpin Blood L (Macherey-Nagel,
Germany) post May 2015 according to manufacturer’s recommendations. Twenty strains amongst
the 180 strains collected were selected for ORF30 sequencing, including three strains collected from
outbreaks of EHV-1 in Belgium. Belgian strains were available through a diagnostic collaboration
with Equi Focus Point Belgium (equine infectious diseases surveillance network in Belgium) and
were incorporated in this study due to the close epidemiological relationship between these two
neighbouring countries. Sequenced strains were identified according to their location (French Region
or Country) and year of collection, as follows: LOC/ID NUMBER/YEAR.

2.3. EHV-1 Identification And Quantification

Real-time Polymerase Chain Reaction (PCR) was performed on purified nucleic acids using Diallo
et al., (2006) [28] primers and probe targeting glycoprotein B of EHV-1 (Forward Primer F1: 5′-CAT
GTC AAC GCA CTC CCA-3′; Reverse Primer R1: 5′-GGG TCG GGC GTT TCT GT-3′and probe
FAM-CCC TAC GCT GCT CC-MGB-NFQ). Viral load quantification was performed as previously
described [27,29]. A standard curve based on a cloned sequence was used. Results are expressed
as a copy number per mL of nasopharyngeal swab extract. A volume of 2.5 μL of each sample was
added to the PCR mixture composed of 12.5 μL TaqMan Universal PCR Master Mix (ThermoFisher
Scientific, Waltham, MA, USA), 1.25 μL of each primer (at a concentration of 20 μM) and a defined
volume of probe depending on the titration. The mixture was completed with nuclease free water to a
final volume of 25 μL.
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2.4. EHV-1 Strain Typing (ORF30 DNA Polymerase, Position 2254)

Real-time discriminatory allelic PCR was performed on purified nucleic acids using Allen
et al. (2007) [22] primers targeting the EHV-1 ORF30 DNA polymerase (Forward Primer 5′-CCA
CCC TGG CGC TCG-3′; Reverse Primer 5′-AGC CAG TCG CGC AGC AAG ATG-3′) and probes
(“non-neuropathogenic” A2254 Probe VIC-CAT CCG TCA ACT ACT C-MGB; “neuropathogenic”
G2254 Probe 6-FAM-TCC GTC GAC TAC TC-MGB). The same mix as described in 2.3. was used for
PCR, with 0.6 μL of each primer (at a concentration of 20 μM) and a defined volume of each probe.

2.5. ORF30 Sequencing And Analysis

Twenty EHV-1 samples were chosen for ORF30 sequencing, based on the disease type and the year
of sampling (see Table S2 in Supplementary Materials). Due to a lesser number of neurological outbreaks
and low viral load of these samples of neurological origin, only one sample (BRE/13/2018) isolated during
a neurological episode was selected. The EHV-1 strains NORM/1/2009 and NORM/2/2010 correspond to
strains isolated from a foal during the 2009 outbreak (Section 3.1.2.) and the strain isolated from the foetus
after Mare E abortion (Section 3.1.3), respectively. Biofidal (France) performed primer design and ORF30
(3.665 kb) sequencing. First, a primer set (EHV-1-ORF30-PCR-F: 5′-GAACGTGCGAGTGCTGTTTT-3′
and EHV-1-ORF30-PCR-RC: 5′TGTGAAGGTCTGTTCGACGG-3′) was designed to amplify a 5kb
region of EHV-1 including ORF30. The amplification mixture was composed of 5 μL of 5× PrimeSTAR
Buffer (Takara, Japan), 2 μL deoxyribo–nucleotide triphosphates (dNTPs) Mix (2.5 mM each), 1 μL
of each primer (10 μM), 0.5 μL PrimeSTAR GXL DNA Polymerase (Takara, Kusatu, Shiga, Japan),
13.5 μL RNase Free Water, and 2 μL of sample. Thermocycling conditions were as follows: initial
denaturation at 98 ◦C for 30 s, 35 cycles of denaturation at 96 ◦C for 20 s, annealing at 61 ◦C for
20 s, elongation at 68 ◦C for 5 min, and final elongation at 68 ◦C for 5 min. Sequencing PCR was
subsequently performed using the two external (PCR) primers and nine internal (sequencing) primers
detailed in Supplementary Materials (Table S3). Amplicons were purified using ExoSAP-IT TM kit
(ThermoFisher Scientific). Sanger sequencing was performed using Big Dye Terminator Sequencing
Mix (ThermoFisher Scientific). Samples were purified before electrophoresis using BigDye XTerminator
kit (ThermoFisher Scientific). Then, 3730XL DNA Analyzer was then used for sequence electrophoresis.
Single nucleotide polymorphisms (SNP) and consensus sequences were analysed using BioEdit
version 7.0.5.3 (Tom Hall, Carlsbad, CA, US) [30] and CodonCode Aligner version 8.0.2 (Codon Code
Corporation, Centerville, MA, US) [31] software. Sequences were analysed using MEGA 7 software
version 7.2.26 (Koichiro Tamura, Glen Stecher, Sudhir Kumar, the Pennsylvania State University,
University Park, PA, US) [32] and phylogenetic trees were built using Neighbour-Joining statistical
method [33] and Maximum Composite Likelihood model [34]. Finally, all ORF30 sequences used to
build the tree were converted into a Nexus format using Seqret EMBOSS (The European Bioinformatics
Institute, Hinxton, Cambridgeshire, UK) [35], and a median joining network was built using Population
Analysis with Reticulate Trees (PopART) software (Jessica Leigh, David Bryant and Mike Steel, Dunedin,
New Zealand) [36].

2.6. Multi-locus Sequence Typing (MLST) Analysis

For Multi Locus Sequence analysis, 37 loci in 26 ORFs were analysed based on non-synonymous
changes identified between different published data including Ab4 and V592 protein coding regions
as reported by Garvey et al. (2019) [14,19,26]. The MSLT was performed according to methodology
described by Garvey et al. (2019) [26]. The method and reactional products used were the same as
described by the authors. The MLST based on 37 non-synonymous US and UL amino acid changes
(located in 26 ORFs; ORF2, 5, 8, 11, 13, 14, 15, 22, 29, 30, 31, 32, 33, 34, 36, 37, 39, 40, 42, 45, 46, 50, 52,
57, 73, and 76) was performed on eight EHV-1 strains. A reduced MLST based on 14 of the 37 loci
(located in 6 ORFs; ORF11, 13, 30, 37, 52 and 76), suspected to be determinant in clade attribution, was
performed on seven other EHV-1 strains (see Supplementary Table S2). Amplification products of
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target ORFs were purified and sequenced using forward primers (except for ORF13, which needed
both forward and reverse sequencing). Sequences were analysed using CodonCode Aligner and
BioEdit software. Clade attribution is based on UL sequences distribution and was correlated with
MLST segregation by Garvey et al. [14,26]. Sequence analysis was conducted on concatenated amino
acids sequences. Both a phylogenetic tree and a network were built using MEGA7 and Splits Tree4 [37],
respectively. The phylogenic tree was built using Maximum Likelihood method and Jones Taylor
Thornton model, while the network was built using a Neighbour-Net method [38].

2.7. Statistical Analysis

Chi-squared was used to test the null hypothesis that there was no correlation between the
A2254/G2254 typing and the form of disease (strains isolated from respiratory cases, abortion cases, or
neurological cases).

3. Results

3.1. The 2009 Multi-Syndromic EHV-1 Outbreak

The outbreak occurred on a thoroughbred stud farm in Normandy that consisted of 169 horses in
total (60 broodmares—44 with and 16 without a foal—and 65 yearlings). The first case was reported
at the end of August 2009. Two cases of EHM, 23 cases of respiratory disease, and four abortion
cases were reported over a period of nine and a half months (see Figure 1). The mares and their foals
were kept on one site but separated into six groups (see Table 2). Mares were vaccinated twice a year
against equine influenza (EI) with the EIV-HA coding recombinant canarypoxvirus–based vaccine
(ProteqFlu-Te, Merial SAS, Lyon, France) and against rhinopneumonitis on the fifth, seventh, and
ninth months of gestation with a whole EHV-1/4 inactivated carbomer-adjuvanted vaccine (Duvaxyn
EHV1-4, Fort DodgeAnimalHealth, Overland Park, KS, US). Due to reports of EHV-1 outbreaks in
other countries in the weeks and months prior to this case (29 August), a booster dose of a whole
inactivated EHV-1 vaccine (Pneumequine, Merial) had been given to mares before their return from
abroad (Ireland, the UK, and the US), approximately two and a half months before the commencement
of the outbreak on the French stud farm. None of the foals had received a primary vaccination in
August. Yearlings were kept on a second site located a few kilometers from the main yard. They had
received two immunisations one month apart and a booster immunisation six months later (from April
2009 to June 2009, depending on the foals age).

Figure 1. The 2009 EHV-1 outbreak chronology from D0 = day of the first case declaration, to 9.5
months after D0. D7 = Day 7 after the first case was declared. The biosecurity measures that were
taken during this outbreak are described in blue boxes.
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Table 2. Group composition for mares and foals on the French stud farm.

Mares Foals

Group
Total

Number
Respiratory

Disease
Abortion 1 EHM

Total
Number

Sex
Respiratory

Disease

1 13 0 3 1 2 13 2 Female 6
2 9 0 1 0 9 2 Male 4
3 10 0 0 0 10 3 Female 0
4 12 4 2 1 0 12 3 Male 9
5 6 2 0 0 0 0 0 0
6 10 3 0 0 0 0 0 0

1 only four out of six were EHV-1-induced abortion (cf Section 3.1.3.). 2 returned from/born abroad. 3 stay in/born
in France.

3.1.1. Neurological Cases

• Index Case: Mare A

On 27August 2009 (D0), a pregnant 12-year-old broodmare (information not available concerning
pregnancy duration) with an accompanying foal was found in lateral decubitus position and was unable
to stand (see Figure 1 and clinical and treatment details are presented in Supplementary Materials S4).
Despite treatment and due to a persistent nystagmus, a generalised stiffness and apparition of seizures,
the mare was euthanized 14 h after being found in the paddock. Cerebrospinal fluid was collected on
the atlantooccipital joint just after the death, and post-mortem examination was performed. EHV-1
was detected by PCR in the cerebrospinal fluid, the brain, and spinal cord. The strain was characterised
as “G2254, neuropathogenic” in all three biological compartments.

• Second Case: Mare B

Twelve hours after the onset of clinical signs in mare A, another pregnant mare (11 years old
and 3.5 months pregnant, with an accompanying foal from the same group, mare B) presented with
depression, shivering, and incoordination from the posterior limbs (see Figure 1 and Supplementary
Materials S5). EHV-1 was detected on nasopharyngeal swab and whole blood sample, and typed as
“G2254, neuropathogenic.” Forty-eight hours after the first clinical signs were observed, the mare’s
condition improved. Mare B made a full recovery one month later.

3.1.2. Respiratory Infections

Between D7 and D10, five foals from group 1 and one foal from group 2 presented with
hyperthermia and nasal discharge. Horses were treated depending on their clinical signs. Foals
presenting a hyperthermia higher than 39.5 ◦C received anti-inflammatory drugs (0.3 mg/kg flunixine
meglumine intravenously or 17 mg/kg aspirine orally). Foals were also treated with mucolytic
drugs (0.5 mg/kg bromhexine orally once a day). Those with a persisting hyperthermia (> 48 h) or
more severe clinical signs (coughing, breathing abnormalities) were treated with antibiotics (5 mg/kg
trimethoprime-sulfadiazine orally once a day for five days).

Nasopharyngeal swabs were taken from foals and from other animals in each group. Four mares
and 13 foals were found positive for EHV-1 in groups 1, 2, and 4, whereas all horses tested in groups 3, 5,
and 6 (15 in total) were negative. Further whole blood samples and nasopharyngeal swabs were taken
from groups 1, 2, and 4 animals over a six-week period and analysed by qPCR to monitor virus shedding
and cell-associated viraemia, respectively. For example, on D7, a foal (foal 1; Table 3) tested positive (high
transmission risk) with a high viral load, while foal 14 tested negative. This other foal (foal 14) tested
positive on D14, and the viral load significantly increased on D21. It then decreased on D28 and was
negative on D42. Overall, virus shedding in foals reached a maximum of 2.14.108 viral particle/mL of
nasopharyngeal swab extract between Day 7 and Day 49. Virus loads in blood samples were lower than
on swabs extracts and reached a maximum of 2.98.103 viral particle/mL between Day 14 and Day 49 (see
Table 3).
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3.1.3. Abortion Cases

Between four and five months after the first neurological case (see Figure 1), a mare (C) from
group 1 and two mares (D and E) from group 4 aborted and were confirmed EHV-1 positive. Tests
were carried out on fetal tissues (liver, lung, and kidney) and the mares’ placentas. Mare C foetus
kidney tested negative. The EHV-1 strains were identified as “non-neuropathogenic” (A2254) for the
three cases.

Six months after developing neurological signs of disease, mare B (9.5 months pregnant) showed
signs of dystocic abortion (liquid loss and contractions without delivery of the foal). Intra-uterine
examination revealed an anterior dorsal position of the foal and bended legs and head. The foal
was moved in the appropriate position under epidural anaesthesia. It was found dead and icteric.
Delivery was immediate and complete (see Supplementary Materials S6). The following day, a uterine
wash was performed. The mare was isolated in a stable. and sanitary measures were put in place
(Section 3.1.4. Biosafety measures). Post-mortem examination of the foetus revealed a densification
of lung parenchyma with interlobular oedema. Placenta and lung/liver samples tested positive for
EHV-1. The strains were identified as “neuropathogenic” (G2254), as previously detected for this mare
during this neurological episode (Section 3.1.1.).

Uterine swabs were performed eight days and 30 days post abortion on mares B, C, D and E. All
samples were positive for EHV-1 eight days post abortion and negative 30 days post abortion. Mare B
was moved to Ireland for breeding five weeks post-abortion. Mare B was confirmed pregnant two
months post-abortion and subsequently delivered a healthy foal after a normal pregnancy.

Overall, six of the 60 mares from this stud farm aborted during the year. EHV-1 infection was
confirmed for mares B, C, D, and E. One of the two other mares aborted due to Enterobacter amnigenus
infection, while no cause could be confirmed for the last mare (the dead foal could not be recovered).

3.1.4. Biosafety Measures

The first two cases (Mares A and B) were reported to the RESPE. A safety perimeter was put
in place around sick horses. Gloves, gowns, and over-boots were used to manipulate the animals.
Movement restrictions were put in place, including foot baths with disinfectant installed at the paddock
entrance, car wheels cleaning, and movement restriction for horses.

Mares and foals that tested positive for EHV-1 were moved to isolation from the other horses. All
mares were sampled (nasal swabs) before leaving or returning to the stud farm. A negative PCR result
for EHV-1 was a prerequisite for movement. Booster vaccination against rhinopneumonitis was also
administered. The following year, all pregnant mares stayed in France, including mare B.

To conclude, the overall EHV-1-induced morbidity rate reached 16.6% of the herd (28 clinically
affected animals out of 169), including 6.7% of the broodmares, 1.2% EHM cases, and 13.6%
respiratory cases.

3.2. Surveillance and Phylogeny from 2009 to 2018

3.2.1. Outbreaks, Forms of Disease, and ORF30 A2254G Typing

This epidemiological study involved the 2009 outbreak described in Section 3.1 and EHV-1
outbreaks from 2012 to 2018. Samples collected from 2012 to 2018 are represented in Supplementary
Materials (Table S1). From 2012 to 2017, 42 respiratory cases, 44 abortion cases, 20 neurological cases,
and six cases with no clinical information were reported. Significantly, in 2018, several outbreaks of
EHV-1 occurred. During this year, an increased number of outbreaks (56 in total) were reported to the
RESPE, including 15 respiratory outbreaks, 16 cases of abortion, five neurological outbreaks, and 20
outbreaks with no clinical information (see Table 4 and Figure 2). The majority of the outbreaks were
reported on the western part of the country, which has the highest concentration of breeding farms.
Neurological outbreaks occurred in Normandy and Brittany and lead to the euthanasia of five animals.
From these outbreaks, 71 samples were received and analysed (i.e., 15 samples from respiratory cases,
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19 samples from abortion cases and 18 samples from neurological cases; clinical information was
missing for 19 samples). Of these 71 samples, 12 could not be typed for A2254G substitution (two
samples from respiratory cases, one sample from an abortion case, six samples from neurological cases,
and three samples missing clinical information).

Table 4. Details of EHV-1 strains, per year, disease type, and strain typing (ORF30 A2254G).

Respiratory
Syndrome

Abortion
Neurological

Syndrome
ND 1

Year Strains A2254 G2254 A2254 G2254 A2254 G2254 A2254 G2254
No A/G
Typing

Outbreaks
(RESPE)

1 major outbreak
2009 30 24 0 2 2 0 2 0 0 0 /

2012 8 0 0 0 2 0 1 0 0 5 * Missing data
2013 19 0 0 6 7 2 1 0 1 2 * 4
2014 10 0 0 8 0 0 0 0 0 2 * 26
2015 32 0 0 17 0 1 1 1 0 12 * 27
2016 18 1 0 8 0 2 4 0 1 2 * 32
2017 22 1 0 2 1 0 7 1 2 8 * 23
2018 71 9 4 17 1 10 2 5 11 12 * 56

Abbreviations: ND 1 = clinical form of disease not defined or reported. * Respiratory syndrome was assigned only if
corresponding clinical information was submitted with nasal swab samples. / = for 2009, all EHV-1 strains included
in this study were linked to the outbreak described in Section 3.1.

Figure 2. Map of France illustrating EHV-1 outbreaks reported to the RESPE in 2018, with frequency
and geographical location.

Among all the strains collected from 2012 to 2018, 137 could be typed for the
neuropathogenic/non-neuropathogenic mutation at the ORF30 2254 position. As shown in Table 4,
both A2254 (non-neuropathogenic type) and G2254 (neuropathogenic type) strains have been isolated in
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respiratory cases, abortion, and neurological outbreaks. The Chi square test indicates a significant
statistical association between the ORF30 types and both abortion and neurological disorder (p-value =
0.000202, see Table 5). Ninety-one A2254 strains have been isolated over the years (66% of all the strains
typed), when compared with 46 (34% of all the strains typed) G2254 strains.

Table 5. ORF30 2254 mutation according to disease from EHV-1 isolates (2009 to 2018).

Type Respiratory Abortion Neurological Information Missing Total

A2254 Non-neuro. 11 (73%) 58 (84%) 15 (48%) 7 (32%) 91(66%)
G2254 Neuro. 4 (27%) 11 (16%) 16 (52%) 15 (68%) 46 (34%)

Chi square
p-value

Resp./Ab. 0.325642
Resp./Neu. 0.109608
Ab./Neu. 0.000202 *
All three 0.000996 *

Non-neuro. = non neuropathogenic; Neuro. = neuropathogenic. (%: percentage of ORF30 2254 type among the
disease category). Chi Square test null hypothesis “There is no correlation between the disease category and the
ORF30 2254 type. Resp./Ab. = Chi square test for Respiratory and Abortion categories; Resp./Neu.= Chi square test
for Respiratory and Neurological categories; Ab./Neu.= Chi square test for Abortion and Neurological categories; All
three= Chi square test for Respiratory, Abortion and Neurological categories. * significant result at p-value p < 0.05.

3.2.2. ORF30 Sequence Analysis

Probably because of the DNA quantity and purity, only 14 strains could be completely sequenced.
BRE/13/2018, the only strain isolated on a neurological outbreak, could not be sequenced. ORF30
sequences from these 14 EHV-1 strains (see Supplementary Table S2) were compared to the
neuropathogenic reference strain Ab4 (Genbank accession number AY665713). SNP and amino
acid substitutions are reported in Supplementary Table S7.

Twelve of the 14 strains had an adenine residue at position 2254 of the polymerase gene. Seven of
these also had a mutation in position 96 (G96A) and five of them in position 2968 (G2968A) compared
to reference AY665713 (Ab4). The mutation (A > G) in position 2254 and 2968 led to an amino acid
change (N752D and K990E, respectively). Other punctual mutations were observed on the other strains
sequenced and five of them induced an amino acid change. One nucleotide on NORM/5/2012 sequence
could not be determined during sequencing electrophoresis and was identified as a K (either thymine or
guanine). NORM/17/2018 and NORM/18/2018 showed 100% identity at nucleotide and amino acid level.
After further investigation about the outbreak location, it appeared that both strains NORM/17/2018
and NORM/18/2018 were collected, respectively, on February 2018 and March 2018 on the same premise
after the abortion of two mares present in the stud farm. Although this comparison only concerns
ORF30, it is possible that the same strain infected the two pregnant mares and induced their abortion.
Both a phylogenetic tree (Neighbour-joining method and Maximum Composite Likelihood model) and
a Median Joining Network were constructed (see Figure 3) based on the ORF30 sequences collected
since 2009 and sequences obtained in a recent study in UK [14]. Two groups could be observed. The
first group (Group 1 in Figure 3) formed a cluster of 32 strains including UK strains and reference
strain Ab4. Of these 32, 26 contained the G2254 substitution in ORF30 (neuropathogenic type). Both
G2254 strains collected in France (NORM/4/2012 and ILEDEFR/14/2018) belong to this group. The
second group (Group 2 in Figure 3) is divided in three clusters. One of these clusters contains similar
strains (NORM/2/2010, NELLEAQU/9/2015, BELG/12/2017, NORM/17/2018, NORM/18/2018) and one
UK G2254 strain. NORM/5/2012 unidentified nucleotide in position 2876 did not discriminate the
strain from ILEDEFR/3/2012 and NORM/8/2015. ORF30 analysis provides a first statement concerning
strain phylogeny and potential neuropathogenicity but it only represents a small part of the genome.
Multi-locus typing of EHV-1 as described by Garvey et al. 2019 was used to segregate EHV-1 strains
into UL clades (Bryant et al. 2018) [14,26].

82



Viruses 2019, 11, 916

Figure 3. (a) Maximum Composite Likelihood method and Tamura-Nei matrix model phylogenetic tree
based on ORF30 nucleotide sequences. Eighty-two strains including 14 strains isolated in France and
Belgium from 2009 to 2018 (red bold text), 67 strains sequenced by Bryant et al. (2018) [14], and reference
strain AY665713 (Ab4) are represented in this tree. Dots represent strains with the neuropathogenic
type (G2254). Boostrap values after 1000 replication are indicated at major nodes. (b) Median Joining
Network based on the same ORF30 nucleotide sequences as for the phylogenetic tree.

3.2.3. Phylogeny and Multi-locus Analysis

MLST analysis for the 15 strains is represented in Table 6 and Figure 4. The analysis grouped five
strains as UL clade 10 (including two strains isolated from the same outbreak: NORM/17/2018 and
NORM/18/2018) and three strains as UL clade 7. Clades 8 and 13 contain two strains each, while clades
1, 6, and 11 contain only one strain. There is no correlation between sites and/or year of collection and
clade distribution as also observed with ORF30 sequence comparison. In comparison with ORF30
clusters, strains assigned in group 2 cluster 2 were also assigned in clade 10 according to their MLST
profile. The two strains in ORF30 group 1 were assigned to clade 8. No other correlation could be
made between ORF30 classification and UL clade classification.
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Figure 4. (a) Maximum Likelihood phylogenic tree based on Jones Taylor Thornton model built with
MLST sequences including 8 French and Belgian strains (in red), 66 EHV-1 UK strains [14], and 22
EHV-1 Irish strains [26]. Dots indicate D752 strains (Neuropathogenic type). Strains with partial
concatenated amino acid sequence were not included in the Maximum Likelihood analysis but their
supposed position in the tree is indicated with red arrows according to their clade identification (see
Table 6). UL Clades [14] are numbered and represented with vertical lines. Boostrap values after 1000
replication are indicated at major nodes. (b) Network built using Neighbour-Net method with the
same sequences as the tree. Only 37 amino acid sequences were included in the network, and French
and Belgian strains are represented in grey boxes.

MLST sequences from strains collected in Belgium and France were compared to strains sequenced
by Bryant et al. [14], and a Maximum Likelihood phylogenic tree was built based on Jones Taylor
Thornton model (see Figure 4).

4. Discussion

The 2009 EHV1 outbreak is regretfully a good example of the impact that an EHV-1 infection
can have in stud farms and illustrates the diversity of diseases that could be observed and faced by
veterinarians. The three clinical forms of disease induced by EHV-1 (respiratory, neurological disorder
and abortion) were observed over a nine-and-a-half-month period on a thoroughbred farm (169 horses),
which raises questions about the source of EHV-1 infection and its transmission during this outbreak.
The significance of this 2009 EHV-1 outbreak was also the observation of the three clinical forms of
disease in the same premise over a long period of time. This phenomenon is rarely described in
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literature [39], and no other outbreak involving all three forms of disease was reported in France since
2009. The number of horses on this premise and the breeding activities may be factors that have
contributed to increase the number of cases, which could have been higher in the absence of vaccination.
The identification of two different strains, which may be the result from frequent horse movements in
France and abroad, might also have influenced the diseases observed during this unusual outbreak.
EHV-1 outbreaks are frequent but are usually limited to the report of one or two forms of the disease
for the same outbreak (RESPE, personal communication). However, epidemiological links between
outbreaks separated in time are not always available or identified. For example, the 2009 outbreak
described here lasted nine and a half months with at least two and a half months between the last
respiratory infection and the first abortion. Occurrence of multiple forms of disease may be more
frequent than currently imagined.

The three clinical forms of disease were reported on a regular basis from 2009 to 2018 on the
different outbreaks of this study. In 2018, a large number of cases were reported during a short period
(March 2018 to May 2018), with exceptional sanitary measures needed to control contaminations
between horses. This EHV-1 crisis is likely to be associated with the fact that a vaccine shortage
occurred in 2016, implying a lower vaccination rate.

At the time of the 2009 outbreak, only a few tools were available to conduct EHV-1 molecular
investigation. The PCR designed by Diallo et al. (2006, [28]) was used as an EHV-1 detection and
quantification test. Viral loads of samples were quantified, and sanitary measures were lifted when
undetected. Results obtained at the time indicated that virus titers in total blood samples were lower
than in swab extracts, but these two compartments are not always correlated to each other. Monitoring
viral loads provided an overview of the virus excretion and risk of transmission. When none of the
group 1 foals tested positive after a seven-week isolation period, the day to day management of the
stud farm returned to normal. EHV-1 strains were typed (ORF30 SNP A2254G) and both types were
identified (neuropathogenic and non-neuropathogenic).

Although those tools gave useful indicative information concerning the different strains isolated
from this outbreak, they proved to be limited to establish potential relationship between cases and
virus strains. Other tools have been developed (Nugent et al. 2006, Bryant et al. 2018 and Garvey
et al. 2019 [14,19,26]) that have motivated our retrospective and molecular analysis of French and
Belgian EHV-1 strains isolated from 2009 outbreak to the major 2018 EHV-1 epizootic. Three different
molecular analysis were performed: the ORF30 A2254G typing, the complete ORF30 sequencing and
the MLST. In 2006, Nugent et al. [19] reported a significant association between the A2254G SNP in the
DNA polymerase gene (ORF30), neuropathogenicity. This single point substitution (A2254G) involves
an amino acid change (N752D). N752 (A2254) strains were strongly associated to non-neuropathogenic
infection cases, while D752 (G2254) strains were strongly associated to neuropathogenic cases [19].
A2254G typing was subsequently used on a regular basis for strain discrimination [40,41]. In our study,
137 strains collected from 2009 to 2018 were typed, and A2254 strains were more significantly associated
with abortion cases than to neurological cases (p = 0.0002), as recently described by Lechmann et al.
(2019) [42]. However, no significant correlation between G2254 strains and the neurological form
of disease was measured. This observation is in agreement with some recent studies showing that
A2254G mutation is not exclusively associated to EHM but could be part of a more complex mechanism
affecting strains virulence [41]. Both neuropathogenic and non-neuropathogenic strains could be typed
among 2018 strains, suggesting that more than one strain was circulating during the crisis. Strain
A2254G typing is also interesting as it was reported that the point mutation could change sensitivity to
some drugs targeting DNA polymerase activity as it was demonstrated in a study showing that a N752
variant was more sensitive to aphidicolin than the D752 variants. Aphidicolin inhibits some dNTPs
binding to a family of DNA polymerase which include herpesvirus DNA polymerase [17,19].

The A2254G typing was completed with ORF30 sequencing on 14 French and Belgian strains
isolated between 2012 and 2018 in order to compare sequences and to perform a phylogenetic analysis.
Several synonymous and non-synonymous substitutions were identified. Equine herpesvirus DNA
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polymerase subunit structures and mechanisms are not well known. Despite a low homology between
EHV-1 and Human Simplex Virus (HSV) polymerase amino acid sequence (54%), the latter has been
described as closest to α polymerase structure [43]. On this basis, SNP found in EHV-1 strains could be
attributed to structure domains identified in HSV polymerase [43]. Amino acid substitutions could
be localised in the pre-NH2 terminal domain (R59G), in the 3′-5′ exonuclease domain (S419L and
R429K), in the palm domain (A694V and D752N), in the thumb domain (E990K). Although some of the
domain activities have been studied for human herpesviruses [43,44], it is hard to predict the impact
of the substitutions observed in EHV-1 strains on the protein activity. A strong homology (99.86% to
100%) was measured among those strains with no obvious evolutionary tendency. Results were in
agreement with those published by Bryant et al. in 2018 [14]. According to ORF30 sequencing, EHV-1
evolution is not linked to sampling location or year of collection, with the exception of the strains
NORM/17/2018 and NORM/18/2018 that were isolated from the same stud farm, a few weeks apart,
and have similar ORF30 sequences. All G2254 strains were grouped in the same cluster, suggesting that
ORF30 sequencing does not provide further information when compared with the A2254G typing.
However, three clusters were identified for A2254 strains, primarily differentiated by one SNP (e.g
A2968G). The significance of these different clusters is unknown. MLST analysis provides a more
global view concerning EHV-1 strains evolution as it takes into account 37 loci in 26 different ORFs. As
observed with ORF30 analysis, there is no obvious correlation between year and location of collection,
with the exception of NORM/17/2018 and NORM/18/2018, both located in clade 10, which support a
co-circulation of EHV-1 strains from different clades as already described by Bryant et al. and Garvey
et al. [14,26]. It is interesting to note that four French strains and one Belgium strain are localised
in clade 10. The UL Clade 12 described by Bryant et al. (2018) [14], which contains a strain from
the UK, is not shown here. UL Clades 2 and 4 were not represented by any of the European strains
analysed in this study. It is important to note that the MLST method cannot distinguish UL Clade 2
and 12 from MLST Clade 1 and 10, respectively [26]. As all the strains compared in this study are from
Europe, a broader strain selection would be needed to identify a potential geographical effect on clade
differentiation. Finally, two abortion strains isolated from the same premise in a one-month interval
after two mare abortions had the exact same MLST profile suggesting that the same strain infected the
mares. Obviously, EHV-1 strain surveillance is complicated by the fact that EHV-1 can also establish
latency in different sites, implying no viral replication as the viral genome maintains an episomal form
blocking transcription and translation of its genes (limited transcription with LATs) [9,11]. This implies
that strains circulation and outbreaks are potentially dependent on latency and re-activation.

5. Conclusions

To conclude, this study allowed applying and comparing three different typing approaches to
conduct a phylogenetic analysis over a six years period. A significant association was measured
between EHV-1 induced abortion and the DNA polymerase A2254 genotype of related strains, while no
disease association was observed with the G2254 genotype. This result suggests that the commonly
used “neuropathogenic/non-neuropathogenic” designation is not always appropriate. The ORF30 and
MLST analysis highlight the diversity of EHV-1 strains circulating in the French equine population and
the difficulty to link strain evolution, time of collection, and location. However, the MLST offers new
possibilities for EHV-1 epidemiology.

Supplementary Materials: The following are available online at http://www.mdpi.com/1999-4915/11/10/916/s1,
Table S1: Samples type collected from EHV-1 outbreaks from 2012 to 2018, Table S2: Strains identification, location
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concerning Mare B. Supplementary Materials S6: Complementary clinical information concerning Mare B abortion.
Supplementary Table S7: ORF30 amino acid alignments.
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Abstract: Licensure of a vaccine to protect against aerosolized Venezuelan equine encephalitis virus
(VEEV) requires use of the U.S. Food and Drug Administration (FDA) Animal Rule to assess vaccine
efficacy as human studies are not feasible or ethical. An approach to selecting VEEV challenge strains
for use under the Animal Rule was developed, taking into account Department of Defense (DOD)
vaccine requirements, FDA Animal Rule guidelines, strain availability, and lessons learned from the
generation of filovirus challenge agents within the Filovirus Animal Nonclinical Group (FANG). Initial
down-selection to VEEV IAB and IC epizootic varieties was based on the DOD objective for vaccine
protection in a bioterrorism event. The subsequent down-selection of VEEV IAB and IC isolates was
based on isolate availability, origin, virulence, culture and animal passage history, known disease
progression in animal models, relevancy to human disease, and ability to generate sufficient challenge
material. Methods for the propagation of viral stocks (use of uncloned (wild-type), plaque-cloned,
versus cDNA-cloned virus) to minimize variability in the potency of the resulting challenge materials
were also reviewed. The presented processes for VEEV strain selection and the propagation of viral
stocks may serve as a template for animal model development product testing under the Animal Rule
to other viral vaccine programs. This manuscript is based on the culmination of work presented at
the “Alphavirus Workshop” organized and hosted by the Joint Vaccine Acquisition Program (JVAP)
on 15 December 2014 at Fort Detrick, Maryland, USA.

Keywords: Venezuelan equine encephalitis virus; vaccine; strain selection; Animal Rule; cDNA
cloned virus; virus stock propagation

1. Introduction

Venezuelan equine encephalitis (VEE) is a mosquito-borne illness, endemic in areas of South
America, Central America, Mexico, Florida and Trinidad, that primarily affects equids and humans [1–3].
VEE disease in humans is typically manifested as an acute self-limiting febrile illness of 3 to 5 days
duration, with an abrupt onset of fever and chills, severe headache, malaise, myalgia, and nausea.
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Unlike equids, encephalitis and mortality in humans from VEEV infection is uncommon (< 1% of
cases) and is observed mainly in children and the elderly [4–6].

VEE virus (VEEV) has been designated a Category B biothreat agent as aerosol exposure to as few
as 10 to 100 infectious particles results in symptomatic disease in nearly all humans. Aerosol-acquired
VEE does not occur naturally. Thereby, as human efficacy studies are not ethical or feasible, licensure
in the U.S. of a vaccine to protect against aerosol VEEV exposure must use the Food and Drug
Administration (FDA) Animal Rule. The Animal Rule, as set forth in 21 Code of Federal Regulations
Part 601.90–95, requires demonstration of vaccine protection in an animal model that is predictive of
the response expected in humans. Vaccine efficacy demonstrated in animal models and the immune
response to the vaccine observed in humans will be used to predict the likely clinical benefit in humans.

Guidance for virus strain selection for the animal model in the FDA document “Product
Development under the Animal Rule- Guidance for Industry” notes selection of the virus strain
should consider strain origin, virulence, passage history in cultures and animals, known disease
progression in the animal model, and relevancy to human disease [7]. The strain must also result
in similar disease and pathophysiology in the selected animal model as occurs in humans by the
designated exposure route. Logistical issues (e.g., strain availability, replication characteristics to
generate challenge material) and the sponsor’s objectives for vaccine protection must also be considered
in strain selection.

Selection criteria for VEEV isolates in the Department of Defense (DOD) Joint Vaccine Acquisition
Program (JVAP) were reviewed, as well as the strategy in selecting the optimal methodology for the
propagation of viral stocks to result in the consistency of the production of VEEV challenge material
and reproducibility of animal challenge studies. The criteria for strain selection and strategy for the
propagation of viral stocks may serve as a template for other viral vaccine products being developed
under the Animal Rule. Lastly, current information and literature on VEEV aerosol challenge studies in
animals with the selected strains was reviewed in regards to disease progression and pathophysiology
in the animal models and the relevance of the selected strains and animal models to disease in humans.

2. Background

2.1. Alphaviral Committee and Workshop

Based on the recommendation of the FDA Office of Counter-Terrorism and Emergency
Coordination Staff in 2012, a committee was organized by the JVAP alphavirus vaccine program to select
VEEV strain(s) for animal model development under the Animal Rule, and to obtain concurrence on the
strain selection by the FDA Center for Biologics Evaluation and Research (CBER) before developing the
master and working viral stocks. The committee was comprised of representatives from JVAP, the U.S.
Army Medical Research Institute of Infectious Diseases (USAMRIID), U.S. Army Medical Materiel
Development Activity (USAMMDA), and Defense Threat Reduction Agency (DTRA), and involved
consultation with multiple VEEV experts and institutes with virus repositories. An “Alphavirus
Workshop” was then organized and hosted by the Joint Vaccine Acquisition Program (JVAP) at
Fort Detrick, Maryland, on 15 December 2014 to present and discuss the activities of the alphavirus
committee members and to address outstanding issues on the generation of VEEV challenge materials.

2.2. Strain Selection

The list of VEEV strains classified under the epizootic varieties (associated with equine-amplified
epidemics) and enzootic varieties (maintained in rodent-mosquito cycles and generally not equine
amplification-competent) of VEEV subtype I (VEEV IAB, IC, ID, and IE) was comprised after consultation
with multiple institutes with known VEEV repositories, and did not include former VEE complex
subtypes II–VI and VEEV IF due to their reclassification as distinct species that are now referred to
by their prototype strain [8]. Relevant data for each strain included the source of the isolate, passage
history, and country/year of initial isolation.
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Initial strain selection criteria had to consider the DOD vaccine requirement for vaccine protection
against VEEV in an aerosolized bioterrorism event. Further down-selection considered the FDA’s
guidance for strain selection under the Animal Rule (FDA 2015), which recommended the use of
(1) strains isolated from lethal human cases (or associated with human disease/outbreaks), (2) strains
with a known and low passage history in animals and cell culture, and (3) strains that mirrored
the expected disease state in humans. Strain selection also considered criteria used by the Filovirus
Animal Non-clinical Group (FANG) to select virus strains for the filovirus challenge stocks under
the Animal Rule—to select isolates with no animal passage (if available) and limited cell passage
(Table 1) [9]. Logistical issues considered included selection of strains that were available and accessible
to laboratories licensed to work with select agents and strains that could be replicated to produce
sufficient challenge material for animal models.

Table 1. Venezuelan equine encephalitis virus (VEEV) strain selection criteria for VEE vaccine animal model [7,8].

Source Strain Selection Criteria

Department of Defense (DOD)
Strains that will support Food and Drug Administration (FDA) licensure

for vaccine protection against at least two VEEV subtype I variants

DOD Strains relevant to a bioterrorism event

FDA
Strains isolated from lethal human cases or associated with causing

human disease

FDA Strains with known and low passage history

Filovirus Animal Non-clinical
Group (FANG)

Strains with no passage history in animals (if available)

Strains with low passage history in cell culture

FDA Strains that mirror the expected disease state in humans

Logistics
Strains available and accessible to laboratories licensed to work with

select agents

Logistics
Ability to grow strain to yield sufficient challenge material for animal

model

2.3. Approach to Selecting a Methodology for the Propagation of Challenge Material

A workshop comprised of alphavirus experts from government, industry, and academia was
organized to discuss options for generating viral challenge material that would minimize or avoid
variation in the potency of challenge material across multiple sites. Advantages and disadvantages of
the propagation of challenge material from uncloned (wild-type), plaque-cloned, versus cDNA-cloned
virus were reviewed, and variation in plaque sizes observed in cell cultures of uncloned (wild-type)
VEEV was addressed [10–14].

2.4. Comparison of VEE in Humans and Animal Models

Literature and existing studies in mice and nonhuman primates (NHPs) challenged with the two
selected VEEV strains were reviewed. Pathophysiological mechanisms of virulence by exposure route
and exposure dose in humans and in animal models were compared with regards to time to disease
onset, manifestations of disease, morbidity and mortality, and pathophysiology.

3. Summary of Workshop/Committee Proceedings

3.1. VEEV Strain Down-Selection for Animal Model

A total of 12 epizootic and 13 enzootic isolates were identified (Table 2). Down-selection to
epidemic VEEV IAB and IC strains was based on the DOD objective to obtain FDA approval for a
vaccine that protects against at least two VEEV varieties likely to be used in a bioterrorism event.
These two epizootic varieties have been responsible for most epidemics and human cases, in contrast
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to endemic varieties (ID and IE) that are also associated with human infection but have not produced
wide-spread epidemics [4,11,13,15]. In addition, VEEV subtype IAB was the only VEEV variety
weaponized in the biological weapons programs of the U.S. and former Soviet Union, and thereby
most likely to be involved in a bioterrorism event [16].

3.1.1. VEEV IAB Strains

VEEV IAB strains were responsible for VEE epidemics and outbreaks from 1938 to 1973. Evidence
suggested many VEE IAB outbreaks were related to immunization of animals with formalin-inactivated
VEEV IAB vaccines containing residual live virus, as further VEE IAB outbreaks were not reported
after discontinued use of the inactivated vaccines. However, continuous cryptic circulation as a source
of epizootic emergence cannot be excluded [31].

Based on the selection criteria, isolates from two VEEV IAB strains were identified, VEEV Trinidad
(TrD) and 69Z1 strains (Table 2). Other strains of VEEV IAB (e.g., human VEEV IAB E123 69 and
E541 73 strains isolated in Venezuela in 1969 and 1973, respectively) were not considered as the viral
stocks and primary sequences were not readily available. The VEEV 69Z1 human isolate from the 1969
Guatemala outbreak that was available at USAMRIID was unacceptable due to its poorly documented
passage history [32–35]. However, a VEEV 69Z1 isolate available at University of Texas Medical Branch
(UTMB) had a known and acceptable passage history, consisting of only two passages in suckling mice
and one passage on Vero cells.

The VEEV IAB TrD strain was originally isolated from brain tissue of an infected donkey in 1943
during the Trinidad outbreak [2,19,31,36]. As the Trinidad outbreak involved mainly equids, no TrD
isolates from humans were available. Manifestation of disease in the 377 officially reported equid cases
was most commonly a febrile illness accompanied by loss of appetite and depression, followed by
neurological symptoms (e.g., somnolence, incoordination, muscle twitching/spasticity), and death
(83% mortality reported but milder cases in rural areas may have been missed). Although not a human
isolate, VEEV IAB TrD was extensively studied and weaponized in the U.S. and former Soviet Union
weapons programs, and thereby was deemed a likely strain to be involved in a bioterrorism event.
The VEEV TrD strain was also commonly used in animal studies to examine pathogenesis and to assess
efficacy of vaccines and therapeutics [37–48]. However, most of the available VEEV TrD stocks had
multiple passages in animal and culture cell lines since its early isolation in 1943 because adaptation of
the virus in cell culture was often required to achieve the high viral titers needed for aerosol challenge
of larger animal models [49,50]. In spite of the extensive passage history, several laboratories have
demonstrated the continued virulence of these IAB VEEV stocks in animals and in humans, including
infection in eight laboratory workers with the VEEV IAB Venezuela 1938 strain that had 52 passages
in suckling mice [19,51–53]. Most TrD strains in the USAMRIID repository had a passage history
of guinea pig—one, chick embroyo—14, suckling mouse brain—one, and an additional one or two
passages in BHK cells (Table 2). However, one VEEV TrD stock had a lower passage history (guinea
pig—one, chick embryo—13, duck embryo cells—one) and no passage history in BHK cells [17–19].
Lastly, the consensus sequence of a VEEV TrD stock (L01442.2) was available in the GenBank database
and had a documented passage history of once in guinea pigs, six times in Vero cells, and once in BHK
cells. This TrD stock was propagated by the CDC using the same original 1943 VEEV TrD donkey brain
isolate as the USAMRIID stocks [21,22].

The VEEV TrD strain was selected for animal model development, even though isolated
from donkey brain, based on its weaponization history and the extensive study data available.
Also, documented cases of aerosol-acquired infection in humans due to VEEV TrD would allow for a
comparison of aerosol-acquired disease in humans to the animal models (as required by the Animal
Rule) [52]. The USAMRIID TrD stocks with documented passage histories in Table 2 were considered
as options for use under the Animal Rule, as well as the TrD (L-01442.2) consensus sequence from the
GenBank database.
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3.1.2. VEEV IC Strains

The University of Texas Medical Branch (UTMB) had several available VEEV IC human isolates
with a single passage in Vero cells, from which the INH-9813 and INH-6803 strains from the 1995
outbreak in Colombia and Venezuela were selected for further evaluation (Table 2). UTMB also had a
VEEV IC SH3 strain (human isolate with a single passage in Vero cells) from a less extensive Venezuelan
outbreak in 1993. Other VEEV IC strains listed in Table 2 were not considered as they were not human
isolates, or because they had less favorable passage histories than the INH-9813 and INH-6803 human
isolates [54].

The VEEV IC INH-9813 and INH-6803 strains from the more extensive 1995 VEE outbreak
were selected for further evaluation. The evaluation included preparation and characterization of
a master stock (passage 2) and working stock (passage 3) for each strain in American Type Culture
Collection (ATCC) Vero E6 cells (CRL-1586). Deep sequence analysis demonstrated that the sequence
of each isolate was consistent with a VEEV IC strain. The virus stocks were determined to be pure of
contaminating agents, and endotoxin levels were <0.23 EU/mL. The replication kinetic experiments of
each strain were essentially equivalent and were comparable to the VEEV TrD strain. Based on the
slightly higher titers in the prepared master and working virus stocks, the VEEV INH-9813 strain was
ultimately selected.

3.2. Preparation of Challenge Material

The objective of the characterization of the VEEV challenge material from the virus stocks was to
maintain purity, identity, potency, and uniformity of lots. The alphavirus workshop reviewed the pros
and cons of three methodologies in regards to the generation of virus stocks and challenge material that
would result in the reproducibility of potency (Table 3). The use of plaque-purified virus stocks carried
the risk of not being able to replicate the performance of wild-type (uncloned) viral stocks if the selected
plaque had suboptimal animal model fitness. The majority of experts felt that the cDNA clone-derived
stock offered the most controlled pathway, as it would result in an unlimited supply of the virus
derived from a well-characterized consensus sequence (expected to produce similar-sized plaques)
and would avoid the potential for phenotypic changes associated with additional passages needed for
the propagation of new master and working challenge material banks. Potential benefits from using
uncloned (wild-type) VEEV to generate virus stocks were outweighed by identified disadvantages
that included the lack of control of cell culture-adaptive mutations due to various passages, in vivo
virus attenuation, and the potential need for additional culture passages to replenish the master and
working challenge banks.

Table 3. Comparison of pros and cons for three methods of the propagation of VEEV stocks.

Population Type Pros Cons

Uncloned (wild-type) - Maintenance of wild-type diversity

- Cell culture adaptation often results in artificial
amino acid substitutions and in vivo attenuation
- Risk that multiple major variants present in the
population can confound identification of genetic
determinants of important phenotypes
- Limited supply without additional passages

Plaque-cloned
- Clear consensus sequence (verified by
sequencing original population) and lack
of multiple variants

- Possible reduced single nucleotide
polymorphism diversity
- Risk of selection of a suboptimal fitness mutant
(change in the consensus and master sequence)
- Limited supply without additional passages

cDNA-cloned

- Clear consensus sequence (verified by
sequencing the first-generation
population) and lack of multiple major
variants
- Unlimited supply of the same master
virus without passages

- Possible reduction in single nucleotide
polymorphism diversity
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A strategy was developed during the workshop to manufacture virus stocks derived from a
cDNA clone of the selected VEEV strain, and to then compare the clone-derived virus to the wild-type
VEEV isolate in regards to plaque size, in vitro replication kinetics in cell culture, and in vivo virulence
(mouse LD50) (Figures 1 and 2). The prepared virus stocks (master and working virus banks) would
be prepared in ATCC Vero E6 cells and subjected to deep sequence analysis to characterize the virus
population and consensus sequences and purity of the preparations. The use of cDNA clones would
depend on the characteristics and virulence of the rescued virus being similar to the wild-type VEEV
strain. If the cDNA clone characteristics were noted to be similar to the wild-type VEEV strain,
a comparison of ID50 and targeted pathology (e.g., brain) of the cDNA clone to the wild-type VEEV
isolate in NHPs would be considered.

Figure 1. Process flow diagram for initial assessment and manufacturing uncloned (wild-type) VEEV
TrD and INH 9813 strains for challenge material.
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Figure 2. Process flow diagram for initial assessment and manufacturing cloned (cDNA) VEEV TrD
and INH 9813 strains for challenge material.

3.3. VEE Disease and Pathophysiology in Humans

3.3.1. Background of VEE Disease

The literature has reported clinical manifestations of VEE to be similar in humans infected with
VEEV varieties IAB, IC, ID, and IE, regardless of exposure route [51,55–60]. A recently published
retrospective review of detailed medical records of laboratory- and vaccine-acquired VEEV IAB (TrD
strain) infections during the U.S. Biowarfare (BW) program noted both aerosol and percutaneous routes
of VEEV exposure to result in a self-limited, acute febrile illness that presented initially with an abrupt
onset of fever, chills, severe headache, malaise, fatigue, weakness, back pain, myalgia (often in the lower
back, thigh, or calf muscles), sore throat, anorexia, and nausea [52]. Incubation periods by both routes
were similar (generally 1 to 4 days; range 2 h to 8 days), with most signs and symptoms occurring on
the initial day of illness. Common physical examination findings included fever, pharyngeal erythema,
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conjunctival injection, and lymphadenopathy. Unlike mice and NHPs, in which aerosol-acquired
infection resulted in an increased severity of central nervous system (CNS) disease compared to
percutaneous-acquired infection [48,52,61–66], CNS signs and symptoms in humans were infrequent
regardless of the exposure route, and severe encephalitis (e.g., seizures, paralysis, or coma) was
not observed in this adult population (age 21–41 years). The only significant difference noted in
aerosol-acquired infection was an association of increased upper respiratory tract-related symptoms
and signs that included sore throat (with or without erythema), cervical lymphadenopathy, and neck
pain. There were no deaths, and symptoms generally resolved within a week, with asthenia persisting
in some cases for an additional 1 or 2 weeks. Fever, viremia, and lymphopenia were common markers
of disease in humans by both exposure routes. Fever was observed in nearly all cases, viremia was
common on days 1–4 of illness (range day 0–7 of illness), and lymphopenia (defined as <1500 cells/mm3)
was common early in infection (onset generally by day 1–3 of illness). The observed increase in upper
respiratory tract-related findings associated with aerosol-acquired VEE in humans is supported by
the mouse model in which aerosol and intranasal (IN) challenge were associated with nasal mucosa
necrosis, necrotizing rhinitis, and increased viral burden in the upper respiratory tract, and by the IN
challenge NHP model that detected VEEV in the cervical lymph nodes within 18 h post-challenge.

Rusnak et al. also compared the aerosol-acquired VEEV cohort from the U.S. BW Program (VEEV
IAB strain TrD) to the initial 14 aerosol-acquired VEE cases reported in laboratory workers (mainly
VEEV IAB Venezuela 1938 strain), to the 24 aerosol-acquired VEE cases in Russia (subtype unknown)
from a single-source laboratory exposure, and to mosquito-borne VEEV IC and ID cohorts [36,52,53].
Regardless of the exposure route or VEEV subtype, infection in adults generally presented with a
self-limited febrile illness that uncommonly resulted in severe encephalitis (e.g., seizures, coma, cranial
nerve abnormalities, or paralysis) at exposure doses encountered from laboratory accidents, early
VEEV vaccine candidates, and mosquito bites. While aerosol-acquired VEE in humans from VEEV IC
strains has not been reported, the similar clinical presentation of percutaneous-acquired VEE due to
VEEV IC and VEEV IAB strains supports aerosol-acquired VEE from VEEV IAB and IC strains to also
have a similar clinical presentation.

Of note, the VEEV exposure doses in humans, whether laboratory-, vaccine-, or mosquito-acquired,
were likely lower than aerosol challenge doses of NHPs which often were ≥1 × 106 pfu. The infrequent
occurrence of CNS disease in adult humans by aerosol exposure may be species-related, with younger
age and elderly being the major risk factors for CNS disease in humans. It is unknown if higher aerosol
challenge doses in humans would result in increased CNS disease.

3.3.2. VEEV IAB (TrD) Infection

While the VEEV TrD outbreak (1943–44) mainly affected equids, two deaths in humans were
attributed to a VEEV TrD strain, diagnosed by either viral isolation or cross-immunity testing in brain
tissue. In addition, three laboratory technicians and three entomology workers developed nonlethal
VEE infection due to occupational exposure [2,11,19,36,67]. Subsequent to the Trinidad outbreak,
VEEV infection in humans from the TrD strain has been reported in laboratory workers after exposure
to contaminated needles or infectious aerosols, and also after VEEV vaccination due to incomplete
inactivation of the initial formalin-inactivated VEEV (TrD strain) vaccine administered during the
U.S. BW Program [19,52,68], with exposure by both routes resulting in a similar self-limited febrile
illness [52].

3.3.3. VEEV IC (INH-9813) Infection

The VEEV IC INH-9813 strain was isolated from human serum during the 1995 outbreak in
Venezuela and Colombia that resulted in 75,000 to 100,000 human cases [6,23,69]. The clinical
presentation most commonly manifested as a febrile illness of 3 to 4 days duration, presenting with an
acute onset of fever, chills, severe headache, myalgia, prostration, vomiting, and sometimes diarrhea.
The case-fatality rate during the 1995 outbreak was estimated to be 0.7% based on random surveys of
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residents in the Manaure municipality of La Guajira state, Colombia, with a conservative estimate of
300 VEE-associated deaths in La Guajira state alone during the outbreak. Neurological manifestations
of encephalitis included disorientation, drowsiness, mental depression, and seizures. Thirteen VEEV
human isolates from this epidemic characterized antigenically and/or genetically were determined to
be closely related to VEEV IC isolates from the 1962–1964 Venezuela outbreak and a 1983 mosquito
Panaquire isolate from north central Venezuela [23]. No outbreaks of VEEV IC have been reported
since 1995.

Aerosol-acquired VEE due to subtype IC has not been reported in humans, and CNS histopathology
in humans is limited mainly to mosquito-borne VEEV IC cases (strain unknown) (Tables 4 and 5) [23,70].
Based on the similar clinical presentation of mosquito-borne disease from VEEV IAB and IC strains,
the symptomatology of aerosol-acquired disease and CNS histopathology are also likely to be similar
between the two VEEV epidemic varieties [5,52].
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3.4. Animal Models

3.4.1. VEEV Mouse Model

VEEV aerosol and IN challenge of several mouse strains (CD-1, BALB/c, outbred ICR, and
C3H/HeN mice) in the literature were demonstrated to be lethal models, with death mainly due to
encephalitis. Mice were challenged most commonly with wild-type VEE TrD strain or V3000 strain
(VEEV derived from a cDNA clone of the VEE TrD strain with a passage history of once in guinea
pig brain and 14 times in chick embryonated eggs) [48,52,61,63,72–77]. These studies demonstrated
that, regardless of the exposure route, VEEV in mice entered the CNS mainly via the olfactory system
due to the increased susceptibility of olfactory neurons to VEEV infection. Unlike subcutaneous (SC)
challenge of VEEV that required a viremia before infection of the olfactory system, aerosol and IN
challenge resulted in direct infection of the nasal mucosa and olfactory system with early neuroinvasion
that occurred before the onset of viremia.

Aerosol and IN VEEV challenge were associated with increased histopathological findings and
viral burden in the upper respiratory tract, nasal mucosa, and CNS compared to parenteral challenge.
Aerosol and IN challenge resulted in necrotizing rhinitis, massive infection of the olfactory epithelium,
and bilateral infection of the olfactory nerves, bulbs and tracts, with CNS infection noted between
16 and 48 h post-challenge. Viral levels were observed to be three times higher in the olfactory bulb
than the brain at 16 to 24 h post-aerosol challenge but were similar to viral levels in the brain at 60 h,
supporting virus entry into the brain via the olfactory system. Aerosol challenge also resulted in
detectable virus in the lungs within 12 h post-challenge, with subsequent viremia and viral spread to
lymphoid tissues [48,52,61–63,78].

3.4.2. VEEV NHP Model

Rhesus (Macaca mulatta) and cynomolgus (Macaca fascicularis) macaques in the literature have been
assessed to be nonlethal models of VEEV infection with VEEV varieties IAB, IC, and IE. NHPs generally
had onset of fever, viremia, and lymphopenia within 1 to 3 days following VEEV aerosol or parenteral
challenge [52,64,79]. While some NHPs exhibited signs of encephalitis a few days later, nearly all
NHPs (similar to humans) survived infection. Also, similar to disease in humans, fever, viremia,
and lymphopenia were identified as markers of infection. CNS histopathology of infected NHPs noted
multifocal perivascular cuffs composed mainly of lymphocytes, gliosis, satellitosis, neuronal death,
and a few microhemorrhages.

Earlier NHP studies comparing aerosol/IN to parenteral VEEV challenge were often limited due to
the absence of immunohistochemistry staining, electronmicrography, and VEEV strain characterization.
Nevertheless, similar to mice, these NHP studies demonstrated earlier onset and more severe CNS
disease after aerosol and IN challenge as compared to parenteral challenge. Unlike the mouse
model, VEEV neuroinvasion and neurovirulence were more limited, resulting in a nonlethal infection.
Similar to mice studies, studies in NHPs supported aerosol and IN challenge routes to be associated
with early and direct CNS infection via the olfactory pathway, including studies that detected VEEV in
the olfactory bulb within 48 h post-IN challenge (compared to 6 days after intraperitoneal challenge)
and before the onset of viremia. Studies demonstrated that intratracheal challenge (bypassing the
upper respiratory tract) or aerosol challenge of NHPs after surgical interruption of the olfactory tracts
resulted in delayed and less severe CNS infection similar to parenteral VEEV challenge [52,64–66].
Although clinical and histopathological findings support both the rhesus and cynomolgus macaques
as potential nonlethal animal models under the Animal Rule, most recent vaccine trials have used the
cynomolgus macaque model to demonstrate vaccine efficacy against aerosol VEEV challenge [72,79–81].

3.4.3. VEEV IAB TrD Animal Models

The pathogenesis and virulence of the VEEV TrD strain and the V3000 cDNA clone-derived virus
from the TrD strain were studied in mice, hamsters, and NHPs [64,77,82]. The passage history of
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VEEV TrD virus stocks for the majority of animal studies conducted at USAMRIID was recorded as
guinea pig—one, chick embryo—14, suckling mouse brain—one, and BHK—one or two. A summary
of the host susceptibility and the clinical and pathological responses to the TrD strain is provided in
Table 4. Of note, aerosol and IN challenge of mice with wild-type VEEV TrD and V3000 cDNA-cloned
strains resulted in nasal mucosal necrosis, necrotizing rhinitis, an increase in viral burden in the
upper respiratory tract, and an earlier and more severe CNS infection compared to percutaneous
challenge [48,62,63]. NHP studies also noted an earlier onset and more severe CNS infection with
aerosol and IN challenge compared to parenteral challenge routes.

3.4.4. VEEV IC INH-9813 Animal Models

Animal model development with wild-type and cDNA clone versions of the VEE IC
INH-9813 strain is still in the early stages [71]. Aerosol challenge of BALB/c mice with the VEE
IC INH-9813 strain (10 mice/group) resulted in lethal disease at low challenge doses, with 100%
lethality at 2150 pfu, 80% lethality at 195 pfu, and 20% lethality at 16-pfu challenge doses (Table 5).
Histopathology studies have not yet been performed. Aerosol challenge of cynomolgus macaques
(challenge doses ranging from 30 to 5.94 × 108 pfu) with VEE IC INH-9813 resulted in nonlethal disease
in all 11 NHPs, with a febrile illness observed even at the lowest 30-pfu challenge dose (one NHP only)
(Table 5). Fever, viremia, and lymphopenia were observed as potential markers of infection.

4. Discussion

Selection of the viral strain and methodology for propagating viral stocks for challenge material
for vaccine approval under the FDA Animal Rule is critical. The propagation of the virus must
result in the uniformity of virus stocks and challenge material, and challenge of the selected animal
model with the selected viral strain should result in the reproducibility of disease with a comparable
morbidity/mortality as humans.

The VEEV strains selected for the aerosol-challenge animal model should “ideally” be isolates
from human cases that have a low passage history in animals and cell cultures. However, the DOD
requirement for a vaccine to protect against VEEV strains likely to be involved in a bioterrorism
event justified the selection of a VEEV IAB TrD strain, even though a donkey brain isolate with
multiple passages, as the TrD strain was the only VEEV strain weaponized. Even after multiple cell
culture passages, the TrD strain still demonstrates virulence in animal models and exposed laboratory
workers [52]. Furthermore, the availability of documented aerosol-acquired VEE cases in humans due
to VEEV IAB (mainly TrD strain) would allow for comparison of aerosol-acquired VEEV in humans to
the animal model.

However, down-selection to the VEE IC INH-9813 strain was based mainly on the strain being a
human isolate with a limited passage history. While aerosol-acquired VEEV IC infection in humans has
not been documented, the similarity of VEEV IAB and IC mosquito-borne disease supports the likely
similarity to aerosol-acquired VEEV IAB disease and use of aerosol-acquired VEEV IAB human disease
for comparison to the VEEV IC animal model. Initial VEEV INH-9813 aerosol and SC challenge studies
in mice and NHPs demonstrated a similar morbidity and mortality as observed with the TrD strain.
Based on the available data, the FDA concurred that the animal study data supported proceeding
with the evaluation of both the TrD and INH-9813 strains in BALB/c mouse and cynomolgus macaque
animal models.

A concern in the propagation of VEEV stocks and challenge material was a potential variation
in virulence associated with the different sized plaques observed in cell cultures of wild-type VEEV
(both large- and small-sized plaques). Variability in plaque size was also addressed by the FANG in
the generation of Ebola virus challenge material under the Animal Rule, as the larger-sized plaques of
8U Ebola (attributed to virus adaptation in cell culture) were less virulent than the smaller-sized 7U
Ebola virus plaques [9]. To address and avoid variations in the virulence of viral stocks due to 7U
and 8U Ebola virus plaques, the Filovirus group developed a characterization, release, and stability
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test plan that would be used to evaluate master and working virus stocks generated using uncloned
(wild-type) methodology and the cDNA-cloned methodology. However, the propagation of virus
stocks using the cDNA-cloned methodology for Ebola virus was demonstrated not to be a viable
option due to non-reproducibility of lots (different consensus sequences in each lot produced) and to
the lower virulence of the cDNA clone-derived virus compared to the parent clone.

Unlike the experience of the Filovirus group, the use of the cDNA-cloned methodology to generate
VEEV stocks was supported in the literature. VEEV cDNA clones derived from wild-type VEEV IC
SH3 and VEEV ID ZPC728 strains exhibited in vitro and in vivo characteristics indistinguishable from
their parent viruses and demonstrated similar replication kinetics as their parent virus in Vero76 and
L929 cell lines [10]. SC VEEV challenge (1000 pfu) of adult National Institute of Health (NIH) Swiss
mice with the cDNA-cloned strains resulted in comparable serum viral titers and time to death as their
respective parent virus, and in high viremia titers within 24 h that were nearly identical to their parent
strain. Disease from all four strains was manifested by decreased activity and hunching by day 3 to
4 post-infection; followed by onset of anorexia, lethargy, and hind limb paralysis by day 4 to 7 that
progressed to stupor and coma; and then death due to encephalitis on day 7 or 8. A VEEV ID ZPC738
cDNA clone was also developed and demonstrated to be phenotypically indistinguishable from its
enzootic parent strain [11]. Also, a VEEV IAB V3000 cDNA mutant clone (a single I239N mutation
with a passage history in guinea pigs once and 14 times in embryonated eggs) derived from wild-type
TrD demonstrated a similar LD50 as its parent wild-type TrD strain in aerosol-challenge studies in
4-week-old female CD-1 mice, as did a recently produced VEEV IAB V3000 cDNA clone (using similar
methodology) without the I239N mutation [74,77,83]. The original V3000 cDNA clone resulted in
a similar lethal illness in mice and nonlethal febrile illness with viremia in NHPs as reported with
wild-type VEEV TrD and was also used to evaluate the mechanism of neuroinvasion in mice and to
assess vaccine efficacy in NHPs [61,63,72,82]. Lastly, initial comparison of the virulence of a newly
developed cDNA clone of VEEV TrD GenBank reference sequence L01442.2 to wild-type VEEV TrD
(passage history in guinea pigs once, chick embryos 13 times, and duck embryo cells once) showed
similar lethality in mice following aerosol challenge, with 100% mortality after challenge with 7 pfu of
cDNA-cloned VEEV TrD or 28 pfu of wild-type VEEV TrD [84]. Only the 4-pfu aerosol challenge dose
with wild-type VEEV TrD resulted in survival of some mice (estimated LD50 of 4.6 pfu).

Based on the experience with cDNA-cloned stocks and the identified risks in generating virus
stocks using wild-type or plaque-cloned viruses, the cDNA-cloned methodology was chosen as
the path forward to propose to the FDA for the generation of virus stocks and challenge material.
The cDNA-cloned methodology would provide a more controllable path with use of a clear consensus
sequence (verified by sequencing of the original population), avoid multiple major variants, and result
in an unlimited supply of the virus without additional passages. The use of cDNA clones hypothetically
has the potential to result in a reduction in single nucleotide polymorphism (SNP) diversity as compared
to the wild-type parenteral stock. And though reduction in SNP diversity has been associated with
high viral fidelity variants that are also attenuated, animal studies indicate that clone-derived VEEV
stocks are as virulent if not more virulent than their originating parent (uncloned) stock [10,11,83–86].

Subsequent communication with the FDA resulted in their concurrence on the usage of the
cDNA-cloned methodology to generate viral stocks, provided the virulence of the cDNA-cloned
VEEV stocks was comparable or noninferior to the uncloned (wild-type) VEEV stocks as outlined in
Figures 1 and 2. Comparison of ID50 and targeted pathology (e.g., brain) of the cDNA clone to the
wild-type VEEV strain in NHPs would be considered if the cDNA clone characteristics were similar to
the wild-type VEEV isolate. After the generation of sufficient data, the overall characterization plan
would be reviewed and modified to a more efficient approach as assays are refined and the master and
working viral stocks are characterized.

Vaccine licensure under the Animal Rule for the DOD VEEV vaccine initially will be requested
only for protection against aerosol challenge with VEEV TrD strain. However, VEEV vaccine candidates
demonstrating protection against the TrD strain will likely protect against other IAB and IC epizootic
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strains, based on phylogenetic/antigenic similarities among the epizootic strains [31,39,46,78,87].
VEEV IAB strains showed only a 96.1 to 99.2% genetic distance between strains on full sequence
analysis [31,88]. Only a 15 amino acid difference was observed in the E2 glycoprotein between a
VEEV IC epizootic strain derived from a VEEV ID enzootic strain following site-directed mutations
in the E2 glycoprotein [11,88]. While phylogenetic differences may be greater with VEEV IE and the
former VEEV complex subtypes VEE IF and VEE complex subtypes II to IV, the highly conserved
E1 protein among alphaviruses may potentially result in cross-immunogenicity of epizootic-based
vaccines against these former VEE complex subtypes via vaccine-induced antibodies to E1 and E2
envelope proteins [88–91].

Vaccine cross-protection from VEEV IAB strain-derived vaccines is supported by serological testing
and/or animal challenge studies that demonstrated immunogenic responses and/or cross-protection
against other VEEV IAB strains, other subtype I varieties, and/or former VEE complex subtype II and
IIIA viruses. The VEEV TC-83 investigational vaccine, a live, attenuated vaccine derived from the VEEV
IAB TrD strain, resulted in long-term (9 years) persistence of plaque reduction neutralization antibodies
in humans against VEEV IC strain V-198 but not against enzootic VEE IE [80,85]. However, a more
immunogenic, live-attenuated V3526 vaccine candidate (also derived from VEEV TrD strain), protected
NHPs against VEEV IE (68U201) aerosol challenge even though it failed to elicit measurable neutralizing
antibodies to VEEV IE in six of eight NHPs [80,90]. A virus-like replicon particle (VRP) VEEV vaccine
candidate demonstrated long-term (12 months) cross-protection in mice (100% survival) against
aerosol challenge to VEEV IAB, VEEV IE, and Mucambo virus (former VEEV subtype IIIA), that was
associated with a strong VEEV-specific IgG-specific ELISA response but a minimal neutralizing
antibody response [39]. VRP vaccination in all NHPs was associated with a measurable neutralizing
antibody response to VEE IAB (TrD), VEEV IC (p676 strain), VEEV ID (3880 strain), and VEEV IE
(68U201 strain). Lastly, cross-protection against IE and former VEEV subtypes was demonstrated with
a humanized monoclonal antibody (Hu1A3B-7) derived from bone marrow donors immunized with
TC-83, that protected mice against aerosol challenge to VEEV TrD, VEEV IE, Mucambo virus (former
VEE complex subtype IIIA), and Everglades virus (former VEE complex subtype II) [42].

Clinical presentation of VEEV IAB-induced disease in humans by both aerosol and percutaneous
exposure routes has been well characterized [52]. Unlike mice and NHPs, an increased severity of
encephalitis was not observed with aerosol-acquired VEE in humans. Nevertheless, a greater disease
severity in mice and NHPs does not preclude their use as animal models, if the models are stricter than
human disease.

5. Conclusions

Systematic approaches were developed for virus strain selection and selection of the optimal
methodology for the propagation of viral stocks and challenge material for the animal models, as
required for VEEV vaccine approval under the FDA Animal Rule. The VEEV IAB TrD and IC INH-9813
strains were selected for vaccine development challenge strains in the BALB/c mouse and cynomolgus
macaque animal models. The selection of cDNA-clone methodology to generate virus stocks and
challenge material was based on the use of a stable consensus sequence being a more controlled
path, providing an increased likelihood of uniformity of lots and an unlimited virus supply without
additional passages. These methodologies may serve as a template for strain selection for other vaccine
programs using the Animal Rule.
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Abstract: Metagenomics was used to identify viral sequences in the plasma and CSF (cerobrospinal
fluid) of 13 horses with unexplained neurological signs and in the plasma and respiratory swabs of
14 horses with unexplained respiratory signs. Equine hepacivirus and two copiparvoviruses (horse
parvovirus-CSF and a novel parvovirus) were detected in plasma from neurological cases. Plasma
from horses with respiratory signs contained the same two copiparvoviruses plus equine pegivirus
D and respiratory swabs contained equine herpes virus 2 and 5. Based on genetic distances the
novel copiparvovirus qualified as a member of a new parvovirus species we named Eqcopivirus.
These samples plus another 41 plasma samples from healthy horses were tested by real-time PCRs
for multiple equine parvoviruses and hepacivirus. Over half the samples tested were positive for
one to three viruses with eqcopivirus DNA detected in 20.5%, equine hepacivirus RNA and equine
parvovirus-H DNA in 16% each, and horse parvovirus-CSF DNA in 12% of horses. Comparing viral
prevalence in plasma none of the now three genetically characterized equine parvoviruses (all in the
copiparvovirus genus) was significantly associated with neurological and respiratory signs in this
limited sampling.

Keywords: Parvoviridae; Eqcopivirus; horse parvovirus-CSF; equine hepacivirus; equine parvovirus H;
bosavirus; virome

1. Introduction

The United States has the largest horse population with 9.5 million horses, followed by those of
China, Mexico, Brazil, and Argentina with an estimated 2006 world population of 68 million [1].

Equine viral pathogens belonging to diverse viral families have been described including, but not
limited to, equid herpesviruses, equine arteritis virus, African horse sickness virus, equine infectious
anemia virus, equine coronavirus, Hendra virus, vesicular stomatitis virus, equine influenza virus, West
Nile virus, Eastern Equine Encephalitis, Venezuelan Equine Encephalitis, Western Equine Encephalitis,
and most recently equine parvovirus-H causing hepatitis [2–9].

A limited number of viral metagenomics studies have analyzed horse samples. A 2013 study
identified a novel flavivirus that was named Theiler’s disease-associated virus (TDAV) from an outbreak
of this liver disease transmitted through equine-origin tetanus anti-toxin [10]. Equine parvovirus-H in
the copiparvovirus genera (EqPV-H) was first described in 2018 [2] and was recently shown through
epidemiological studies and inoculation studies to be a more likely cause of Theiler’s disease caused
either by transfusion of contaminated horse serum or through naturally acquired infections (although
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asymptomatic infections are also frequent) [11–13]. A hepacivirus closely related to HCV (hepatitis
C virus), initially characterized by metagenomics from a dog [14], but subsequently found to more
frequently infect horses was named equine hepacivirus (EqHV) but was not associated with serum
hepatitis [15–17]. Equine pegivirus (EPgV), most closely related to a bat pegiviruses [18], was first
identified using a degenerate PCR approach [19] and shown to be a common equine infection but was
also not associated with equine liver disease [15].

Beside the above studies focused on Theiler’s disease viral metagenomics study of CSF from
a horse with neurological signs identified another parvovirus named horse parvovirus-CSF [20].
Metagenomics studies of equine serum pools recently identified the four equine viruses listed above
plus unexpectedly the porcine Suid betaherpesvirus 2 [21].

To further characterize the eukaryotic virome of horses and identify possible equine pathogens we
used here a combination of viral metagenomics and real-time PCR to analyze plasma and cerebrospinal
fluid (CSF) from 13 horses with unexplained neurological signs, plasma and respiratory swabs from 14
horses with unexplained respiratory signs, and plasma from 41 healthy horses, when necessary.

2. Materials and Methods

2.1. Study Samples

The use of horse samples adhered to the animal use guidelines set by UC Davis’ Institutional
Animal Care and Use Committee (AICUC Protocol # 19988, approval date 5/31/2018).

In this study 68 horses were analyzed using one or two of three types of biological samples
(plasma, CSF, and respiratory swabs). Both plasma and CSF were collected from 13 horses that showed
acute neurological signs (behavioral changes, spinal ataxia, proprioceptive deficits and/or cranial nerve
deficits). Plasma and respiratory swabs were collected from another 14 horses with fever (>38.6 ◦C)
and nasal discharge/cough (the respiratory swab from animal 5 is missing). Plasma was also collected
from 41 healthy horses.

The 13 horses with neurological signs each had CSF with evidence of lymphocytic pleocytosis,
negative antibody titters to Sarcocysits neurona and Neospora hughesi by immunodiagnostics (indirect
fluorescence antibody tests) and no detection of S. neurona, N. hughesi, and Borrelia burgdorferi by PCR.
The 13 horses with respiratory signs each had respiratory swabs that tested non-reactive for EHV-1/-4,
EIV, ERAV/ERBV, and Streptococcus equi subspecies equi.

All 53 samples from these 27 sick horses were analyzed in 12 pools of 4–5 samples using viral
metagenomics (Table 1).

Table 1. Distribution of translated sequence reads with similarity E score of<10−10 to known mammalian
viral proteins.

Disease and
Sample Types

Total Reads
Equine

Hepacivirus
Equine

Pegivirus D

Equid
Gamma

Herpesvirus2

Equid
Gammaherpes

Virus5

Horse
Parvovirus-CSF

Novel
Parvovirus:
Eqcopivirus

Bosavirus

Neuro Pool1
Plasma 2,575,048 1023 17,058

Neuro Pool4
CSF 1,106,824

Neuro Pool2
Plasma 1,612,796 7

Neuro Pool5
CSF 1,028,398

Neuro Pool3
Plasma 2,080,966

Neuro Pool6
CSF 1,057,992
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Table 1. Cont.

Disease and
Sample Types

Total Reads
Equine

Hepacivirus
Equine

Pegivirus D

Equid
Gamma

Herpesvirus2

Equid
Gammaherpes

Virus5

Horse
Parvovirus-CSF

Novel
Parvovirus:
Eqcopivirus

Bosavirus

Respiratory
Pool7 Plasma 1,509,792 317 36,069

Respiratory
Pool10 Swab 622,376 1719

Respiratory
Pool8 Plasma 603,470 1087 16,355

Respiratory
Pool11 Swab 949,260 120 25 880

Respiratory
Pool9 Plasma 1,520,736

Respiratory
Pool12 Swab 629,274 395

2.2. Viral Metagenomics

For viral metagenomics plasma, CSF, and respiratory swab samples were clarified by 14,000 rpm
centrifugation for five minutes, and filtered using a 0.45-μm filter (Merck Millipore Ltd., Cork, Ireland).
Free nucleic acids in the 400 μL filtrates were digested using DNAse and RNAse enzymes to enrich for
viral nucleic acids protected within viral capsids. Nucleic acids were then extracted (MagMAX Viral
RNA Isolation Kit, Ambion, Inc, Austin, TX, USA) [22] and amplified by random RT-PCR followed by
use of the Nextera™ XT Sample Preparation Kit (Illumina) to generate a library for Illumina MiSeq
(2 × 250 bases) with dual barcoding as previously described [23].

An in-house analysis pipeline was used to analyze sequence data. Before analyzing, raw data were
pre-processed by subtracting human and bacterial sequences, duplicate sequences, and low quality
reads. Following de novo assembly using the Ensemble program [24], both contigs and singlets viral
sequences were then analyzed using translated protein sequence similarity search (BLASTx v.2.2.7)
to all annotated viral proteins available in GenBank. Candidate viral hits were then compared to an
in-house non-virus non-redundant (nr) protein database to remove false positive viral hits. To align
reads and contigs to reference viral genomes from GenBank and generate complete or partial genome
sequences the Geneious R10 program was used.

2.3. Generation of Full Genomes of Novel Horse Parvovirus

Following mini-pool metagenomics sequencing three individual samples were re-sequenced
using the same method to generate 3 near full genomes (complete ORFs) of eqcopiviruses (EqCoPV)
(deposited in GenBank with accession numbers MN181466-8 for eqcopivirus 8, 9, and 11 derived from
respiratory symptoms plasma samples 4, 5, and 7 respectively). Genome gaps left by high throughput
sequencing (HTS) were filled by PCR and products were Sanger sequenced.

2.4. Real-Time PCR

Real-time PCR assays were developed to the three parvoviruses detected here using HTS
(horse parvovirus-CSF, novel eqcopivirus, and bovine serum-associated bosavirus). Real-time
PCR assays were also designed for equine hepaciviruses detected in one plasma pool and for the
recently identified hepatotropic equine parvovirus-H (EqPV-H) pathogen using previously described
PCR conditions [12,17]. Real-time PCR amplification was performed in a Roche 480 thermocycler.
Primers and probes were used in multiplex real-time PCR (eqcopivirus, horse parvovirus-CSF,
and bosavirus) and a separate multiplex real-time PCR for equine hepacivirus and EqPV-H. Primer,
probes, oligonucleotide sequences, and length of amplicons are summarized in Supplementary Table S1.
The reaction mix for each sample consisted of 12.5 μL QuantiFast Probe PCR Master Mix (Qiagen,
Hilden, Germany), 1M each primer, 0.5 M each probe, and 3 μL DNA or cDNA. Real-time PCR
sensitivity was first determined using known concentrations of oligonucleotides representing the PCR
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target regions. Oligonucleotides were serially diluted and real-time PCR results endpoint detection
were estimated at 100 to 125 input genome equivalents.

2.5. Phylogenetic Analysis

The NS1 and VP1 protein sequences of parvoviruses were aligned using Clustal W in Geneious
v10.1.3. and phylogenetic trees constructed using the Maximum likelihood method with two
substitution models: Le_Gascule_2008 model (LG) with Freqs and gamma distributed, invariant
sites (G + I) MEGA software ver. X [25]. The substitution models were selected based on the results
of the Best Model search of MEGA X. The percentage of trees in which the associated taxa clustered
together is shown next to the branch points. Initial tree(s) for the heuristic search were obtained by
applying the neighbor-joining method to a matrix of pairwise distances estimated using the maximum
composite likelihood (MCL) approach. The tree is drawn to scale, with branch lengths measured in the
number of substitutions per site. The phylogenetic analysis used sequences from nineteen different
copiparvoviruses and human parvovirus B19 (AY386330) was used to root the tree.

3. Results

3.1. Viral Metagenomics

Plasma and CSF from 13 horses with neurological signs and plasma and respiratory swabs from
another 14 horses with respiratory signs tested negative for a panel of known equine pathogens (see
Study Samples in Materials and Methods).

These samples were analyzed by viral metagenomics in 12 pools of 4–5 samples each. A total of
15.2 million reads were generated for an average number of reads of ~1.1 million per pool. The raw
sequence data for each pool are available at NCBI’s Short Reads Archive under GenBank accession
number SRP120619.

Viruses detected with BLASTx translated protein matches (E score <10−10) were: a novel
copiparvovirus in three pools, bovine serum-associated parvovirus (bosavirus) in three pools, horse
parvovirus-CSF in two pools, and equine hepacivirus, equine pegivirus D, and equid gammaherpesvirus
2 and 5 in one pool each (Table 1).

The most commonly detected eukaryotic viral reads belonged to the Copiparvovirus genus of
Parvoviridae family with a frequency ranging from 0.66% to 3.68% of total reads. Novel (divergent)
copiparvovirus reads from three pools generated contigs ranging in size from 1417 to 5158 nt that
showed closest translated aa identity of 42.5 to 43.9% to NS1 and 43.5 to 44.9% to VP1 encoded by the
horse parvovirus-CSF genome (GenBank KR902500). This virus was named equine copiparvovirus
(eqcopivirus or EqCoPV).

Reads matching the previously described horse parvovirus-CSF genome were also detected. This
parvovirus was reported in the CSF of a horse with neurological signs [20].. A partial NS1 sequence of
this virus was also recently reported from a thoroughbred in China sampled in 2018 (QCF41227.1). Two
of the three pools containing the novel eqcopivirus also showed the presence of horse parvovirus-CSF
although with fewer reads. Both 37.5% and 60.5% of the horse parvovirus-CSF genomes could be
assembled using reads from these plasma pools showing 98.8% and 97% nucleotide similarity with the
original horse parvovirus-CSF derived genome in GenBank (KR902500).

Equine hepacivirus contigs of 522 and 657 nucleotides were also generated from seven reads in a
pool of plasma from horses with neurological signs. Contigs showed 97.9–98.7% nt identities to equine
hepacivirus (JQ434008) in GenBank.

A total of 13 different equid gammaherpesvirus 2 and 5 contigs, ranging in size from 446 to 1049
nucleotides, were generated from 120 and 25 reads in a pool of swab from horses with respiratory
symptom. Contigs showed 92–100% aa identities to equid gammaherpesvirus 2 (NC_001650.2) and 5
(NC_026421.1) in GenBank.
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Two partial equine pegivirus contigs of 446 and 903 nucleotides were generated from 317 reads in
a pool of plasma from horses with respiratory signs. Contigs showed 92–93% nt identities to equine
pegivirus 1 (KC410872) in GenBank.

Another copiparvovirus (bosavirus) was also detected but likely originated from fetal bovine
Plasma spiked into the respiratory swab viral transport medium. A near complete genome from a
respiratory swab pool showed 100% aa identity to that of bosavirus in GenBank (NC_031959) [26].

3.2. Generation of Near-Full Length Genomes of Novel Equine Copiparvovirus (Eqcopivirus)

The length of the longest eqcopivirus contig was 5159 nucleotides (nt) with typical copiparvovirus
genome organization of two complete major ORFs (NS and VP), and 5’ and 3’ UTRs missing the
genome’s terminal hairpin sequences. The study strain had a 43.8% G+C content and it has a nt
distribution of 39.3% A, 16.8% T, 22.8% G, and 20.9% C.

The expected NS1 ATP- or GTP-binding Walker A loop motif (GxxxxGKT/S; GPPSVGKS) and
Walker B motif (EE) were all found [27,28]. The phospholipase A2 (PLA2) catalytic residues (HDLGY)
and its highly conserved calcium-binding site (YTGPG) were also found at the N-terminus of the
capsid protein [29].

The predicted capsid proteins (VP1) of eqcopivirus showed closest aa identity of 43.4% (coverage:
77%) and 37.7% (coverage: 53%) to the corresponding proteins of its two closest relative the horse
parvovirus-CSF (KR902500) and equine parvovirus-H (MG136722), respectively. The nonstructural
protein (NS1) proteins had 43.4% (coverage: 74%) and 31.3% (coverage: 69%) aa identity to the
corresponding proteins of horse parvovirus-CSF (KR902500) and equine parvovirus-H (MG136722),
respectively. The ORF structure of eqcopivirus is shown in Figure 1A. Phylogenetic analyses of the
eqcopiviruses and bosavirus NS and VP proteins acquired in this study are shown in Figure 1B.

Figure 1. (A) Genome ORF (Open Reading Frame) structure of eqcopivirus genome. (B) Phylogenetic
analysis of NS1 (left) and VP1 (right) proteins in the Copiparvovirus genus. Bootstrap values from a
hundred replicate runs are shown. Symbols are used to highlight the new genomes described here.

3.3. Real-Time PCR Results

Real-time PCR assays were developed to the three parvoviruses detected here using HTS
(horse parvovirus-CSF, novel eqcopivirus, and bosavirus). Real-time PCR assays using previously
described conditions were used for equine hepaciviruses and the recently identified hepatotropic
equine parvovirus-H pathogen [12,19]. These PCR assays were then used on all 94 available equine
plasma, CSF, and respiratory swabs (from 68 horses) described above. The positive detections are
shown with Ct values that are inversely proportional to their nucleic acid target concentration (Table 2).
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Table 2. Real-time PCR results and Ct values. Within each of the 2 clinical groups different samples
from the same animals are labeled with the same number. Lowest to highest Ct labeled red to white.

Sample Type Pool
Equine

Hepacivirus
EqPV-H Eqcopivirus

Horse
Parvovirus-CSF

Bosavirus

N
e

u
ro

lo
g

ic
a

l
S

ig
n

s

Plasma 1

Pool1

30.32
Plasma 2
Plasma 3
Plasma 4 27.7 20

Plasma 5

Pool2
Plasma 6 34.65 36.73
Plasma 7 23.6
Plasma 8

Plasma 9

Pool3
Plasma 10 33.82
Plasma 11
Plasma 12
Plasma 13

CSF 1

Pool4
CSF 2
CSF 3
CSF 4

CSF 5

Pool5
CSF 6
CSF 7
CSF 8

CSF 9

Pool6

30
CSF 10
CSF 11
CSF 12 36.5
CSF 13

R
e

sp
ir

a
to

ry
S

ig
n

s

Plasma 1

Pool7

37.78
Plasma 2
Plasma 3
Plasma 4 34
Plasma 5 27.53

Plasma 6

Pool8
Plasma 7 30.16
Plasma 8
Plasma 9 34.6 34.01 21

Plasma 10

Pool9
Plasma 11
Plasma 12
Plasma 13
Plasma 14

Swab 1

Pool10

26.85
Swab 2 25.65
Swab 3 25.28 26.4
Swab 4 36.7 26.82

Swab 6

Pool11

25.02
Swab 7 32.62 27.75
Swab 8 25.57
Swab 9 26.24

Swab 10

Pool12

21.2 24.92
Swab 11 23.1 23.37
Swab 12 26.63
Swab 13 32.41 23.29
Swab 14 37.2 26 25.3
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Table 2. Cont.

Sample Type Pool
Equine

Hepacivirus
EqPV-H Eqcopivirus

Horse
Parvovirus-CSF

Bosavirus

H
e

a
lt

h
y

C
o

n
tr

o
l

G
ro

u
p

Plasma 1
Plasma 2 16.8
Plasma 3 21.8 37.3
Plasma 4 26.5
Plasma 5 36.5
Plasma 6
Plasma 7
Plasma 8
Plasma 9
Plasma 10
Plasma 11 28.08
Plasma 12
Plasma 13
Plasma 14 30.21
Plasma 15
Plasma 16
Plasma 17 26.08
Plasma 18
Plasma 19 23.02 36.9
Plasma 20
Plasma 21
Plasma 22
Plasma 23 23.53
Plasma 24
Plasma 25 25.11
Plasma 26
Plasma 27 33.83
Plasma 28
Plasma 29
Plasma 30
Plasma 31 33.99 30.09
Plasma 32 37.93 26.34 30.1
Plasma 33
Plasma 34
Plasma 35
Plasma 36 33.22
Plasma 37
Plasma 38
Plasma 39
Plasma 40 34.69 28.63
Plasma 41 30.12

Bosavirus (originally reported in bovine serum pools) [26] was detected in every one of the 13
respiratory swab samples with nearly identical CT value. These respiratory swabs had been preserved
in a transport media spiked with fetal bovine serum from the same commercial product. None of the
other equine samples (plasma and CSF) were preserved using fetal bovine serum and none showed
the presence of bosavirus parvovirus DNA by HTS or real-time PCR. Because bosavirus was originally
described as a contaminant of fetal bovine serum [26] we ascribe its detection to the use of contaminated
fetal bovine serum spiked into every respiratory swab sample.

The most commonly detected virus was the new eqcopivirus detected in 16/94 samples (14/68
horses). Its highest detection rate was in 4/14 plasmas from respiratory cases. Three of the four plasma
positive samples also had matching respiratory swabs, two of which were also positive indicating
the presence of eqcopivirus genomes in both plasma and respiratory swabs and revealing a possible
mode of transmission through respiratory fluids (Table 2). When the eqcopivirus prevalence in plasma
samples from respiratory cases (4/14 or 28.6%) was compared to that in plasma from healthy animals
(7/41 or 17%) the difference (measured using Fisher’s exact test) yielded a non-significant p value of
0.443 (Table 3). The next two most prevalent viruses were the hepatotropic parvovirus-H and equine
hepacivirus both found in 11/89 samples including 3 co-infections. All detections were in plasma
samples except for two hepacivirus positive respiratory swabs (Table 2). No evidence of higher virus
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prevalence was detected between cases and health controls (Table 3). Lastly the horse parvovirus-CSF
was detected in eight samples from eight horses in all sample types (plasma, CSF, respiratory swabs)
also with no obvious association with either neurological or respiratory disease when comparing
prevalence in plasma samples (Table 3). When the real-time PCR Ct values were compared (using
unpaired two tailed T-test with Welsh’s correction) no statistically significant differences were found
between cases and controls.

Table 3. Rate of real-time PCR detection for equine viruses and association with unexplained
neurological or respiratory diseases using Fisher’s exact test.

Neuro
Plasma
n = 13

Neuro
CSF

n = 13

Respiratory
Plasma
n = 14

Respiratory
Swab
n = 13

Healthy
Control
Plasma
n = 41

Total
Samples

n = 94

P Value =
Plasma

Neurological
Versus

Healthy

P Value =
Plasma

Respiratory
Versus

Healthy

Equine
flavivirus 3 (23%) 0 0 2 (15%) 6 (15%) 11 (12%) 0.32 0.67

EqPV-H 2 (15%) 0 2 (15%) 0 7 (17%) 11 (12%) 1 1
Eqcopivirus 1 (7%) 1 (7%) 4 (30%) 3 (23%) 7 (17%) 15 (16%) 0.443 0.663

Horse
parvovirus-CSF 1 (7%) 1 (7%) 1 (7%) 3 (23%) 2 (5%) 8 (8.5%) 1 1

4. Discussion

Virus metagenomics analysis of plasma, CSF and respiratory swabs from horses with unexplained
neurological and respiratory signs showed the presence of three parvoviruses, one of which (bosavirus)
was likely introduced by the addition of fetal bovine serum to the respiratory swabs transport medium.
Additionally detected by metagenomics were equine hepacivirus, equine pegivirus [19], and equine
herpesvirus 2 and 5. Another copiparvovirus (equine parvovirus-H) was also detected using real-time
PCR (but not by HTS) likely due to its lower concentration as reflected by higher real-time PCR
CT values.

The presence of viral nucleic acids detected by PCR or HTS does not prove the presence of infectious
viruses. Nonetheless, the repeated detection of viral genomes in nuclease-treated, presumably sterile
samples such as plasma and CSF, and the typically rapid clearance of viral particles from the circulation
by the liver support the possibility of active replication [30–32].

When the prevalence of the plasma-associated viruses was determined in individual samples
using real-time PCR none showed a statistically higher rate of detection or higher viral loads as
determined by Ct when comparing plasma from 13 neurological or 14 respiratory cases to plasma
from 41 healthy horses. Only the new eqcopivirus showed a trend toward a higher rate of detection
in plasma from unexplained respiratory cases (30% versus 17%) (p = 0.443). CSF and respiratory
swabs where available only from neurological or respiratory cases respectively. The rate of virus
detection could therefore not be measured in these anatomical compartments in healthy animals.
Horse parvovirus-CSF and eqcopivirus were also detected in 1/13 (different) CSF samples and in 3/13
(different) respiratory swabs each. The initial characterization of horse parvovirus-CSF genome was
also from a CSF sample from a different unexplained neurological case [20].

PCR previously showed EqPV-H DNA to be present in the plasma of 13% healthy horses in the
US [2] and 12% of healthy race horses in China [13], rates of viremia similar to that detected here in
6/41 (15%) of healthy horses.

The Parvoviridae family consists of non-enveloped, icosahedral, viruses with single stranded DNA
genomes of 4 to 6 Kb [27,28]. Eight ICTV approved genera, including Copiparvovirus, are currently
included in the Parvoviridae family [33]. The eqcopivirus genome described here represents the third
parvovirus species confirmed to infect horses by virtue of detection in multiple equine plasma, CSF,
and respiratory swab samples. That all parvoviruses identified to date in horses belong only to the
copiparvovirus genus is somewhat unexpected and future studies are likely to expand the list of known
equine parvoviruses. While a higher rate of eqcopivirus DNA detection was found in the plasma
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of horses with unexplained respiratory signs (30%) versus plasma from healthy horses (17%) that
difference, based on the limited number of samples tested, was not statistically significant. Because CSF
and respiratory swabs from healthy animals were not available only PCR results from plasma could be
compared for disease association. Viruses resulting in neurological and respiratory disease may be
expected to be present in CSF or respiratory fluids respectively as were both horse parvovirus-CSF
and eqcopivirus. The collection of CSF and respiratory swabs samples from healthy animals may be
necessary to better test for possible associations between these copiparvoviruses and unexplained
neurological and respiratory signs. The now repeated detection of horse parvovirus-CSF [20] (n = 2)
and eqcopivirus (n = 1) in CSF of horses indicates a possible role for these viruses in these neurological
signs which will require further studies. The availability of eqcopivirus genome sequences will now
also allow the design of hybridization probes to determine whether infected cells can be identified in
fixed brain or lung tissues from animals with unexplained neurological or respiratory signs.

Supplementary Materials: The following are available online at http://www.mdpi.com/1999-4915/11/10/942/s1,
Table S1: Real time PCR conditions.
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Abstract: Prevalence studies have demonstrated a global distribution of equine hepacivirus (EqHV),
a member of the family Flaviviridae. However, apart from a single case of vertical transmission,
natural routes of EqHV transmission remain elusive. Many known flaviviruses are horizontally
transmitted between hematophagous arthropods and vertebrate hosts. This study represents the
first investigation of potential EqHV transmission by mosquitoes. More than 5000 mosquitoes were
collected across Austria and analyzed for EqHV ribonucleic acid (RNA) by reverse transcription
quantitative polymerase chain reaction (RT-qPCR). Concurrently, 386 serum samples from horses
in eastern Austria were analyzed for EqHV-specific antibodies by luciferase immunoprecipitation
system (LIPS) and for EqHV RNA by RT-qPCR. Additionally, liver-specific biochemistry parameters
were compared between EqHV RNA-positive horses and EqHV RNA-negative horses. Phylogenetic
analysis was conducted in comparison to previously published sequences from various origins. No
EqHV RNA was detected in mosquito pools. Serum samples yielded an EqHV antibody prevalence of
45.9% (177/386) and RNA prevalence of 4.15% (16/386). EqHV RNA-positive horses had significantly
higher glutamate dehydrogenase (GLDH) levels (p = 0.013) than control horses. Phylogenetic
analysis showed high similarity between nucleotide sequences of EqHV in Austrian horses and EqHV
circulating in other regions. Despite frequently detected evidence of EqHV infection in Austrian
horses, no viral RNA was found in mosquitoes. It is therefore unlikely that mosquitoes are vectors of
this flavivirus.

Keywords: arbovirus; flavivirus; hematophagous arthropod; hepacivirus A; hepatitis; insects;
mosquito-borne virus; virus transmission
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1. Introduction

EqHV is one of 14 species belonging to the genus Hepacivirus in the family Flaviviridae [1]. This
hepatotropic virus, also referred to as canine hepacivirus, non-primate hepacivirus and hepacivirus
A, represents the closest related genetic homologue of hepatitis C virus (HCV) [1,2]. It is one of
the novel viral agents, which has been associated with hepatitis in horses in recent years. EqHV
infection typically results in subclinical hepatitis and transient, mild increases in liver-specific plasma
biochemistry parameters [3].

Prevalence studies have demonstrated a global distribution of EqHV. The virus has been detected
in horse populations across six continents, in countries including the USA, Brazil, South Africa,
New Zealand, Korea, Japan, China, Scotland, France, as well as Austria’s neighboring countries Italy,
Germany and Hungary [3–16]. However, apart from a single case of vertical transmission [17], natural
routes of EqHV transmission remain elusive. Based on the frequent detection of EqHV RNA (prevalence
up to 34.1%) [16], EqHV antibodies (prevalence up to 83.7%) [4] and the high EqHV prevalence in
certain geographic regions and breeds [3,4,12,13], vertical transmission is unlikely to be the only route
of natural infection. Phylogenetic clustering of EqHV isolates from individual horses within their
respective herds also suggests a horizontal route of transmission [17]. Young horses subjected to
intensive management practices appear to be particularly at risk [18,19]. HCV is known to spread by
venereal transmission [20]. The spread of EqHV by the venereal route has been implicated in studies,
which found the frequent occurrence of EqHV in a cohort of broodmares and breeding stallions [13]
and a high frequency of EqHV RNA in horses bred for reproduction purposes [18]. The venereal
transmission of EqHV remains speculative. However, comparable to HCV, experimental and iatrogenic
transmission of EqHV by means of infected blood and blood products have been demonstrated [21–23].

Many known flaviviruses are horizontally transmitted between hematophagous arthropods and
vertebrate hosts [24]. Examples include dengue virus, yellow fever virus (YFV), Japanese encephalitis
virus (JEV), Zika virus (ZIKV), tick-borne encephalitis virus (TBEV), West Nile virus (WNV) and Usutu
virus (USUV). Mosquito-borne viruses are transmitted by a vast range of mosquito species, depending
primarily on the vector-competence of the mosquito species, the geographical region and susceptible
vertebrate host species [24].

The primary aim of this study was to investigate whether various mosquito species, present in
areas of EqHV endemicity in horses, carry EqHV nucleic acid and may transmit the virus horizontally
between horses. Mosquitoes were collected across Austria and analyzed for EqHV RNA. Concurrently,
the occurrence of EqHV was investigated—for the first time—in the horse population of Austria.
The geographical locations of analyzed mosquito pools and study horses’ properties of origin were
plotted on a map to determine proximity and compare EqHV statuses. Additionally, liver-specific
plasma biochemistry parameters were compared between EqHV RNA-positive horses and EqHV
RNA-negative control horses. Sequencing and phylogenetic analyses of Austrian EqHV strains
were performed.

2. Materials and Methods

2.1. Study Design and Population

In this cross-sectional study, serum and plasma samples were collected for surveillance purposes
from 386 horses in eastern Austria between July and October 2017. Sampled horses included patients
of the University of Veterinary Medicine Vienna (Vetmeduni) Equine Clinic (n = 58), teaching horses
of the Vetmeduni (n = 50) and privately owned, clinically unremarkable horses enrolled voluntarily
(n = 278). The sample population consisted of various breeds and included 156 mares, 187 geldings,
42 stallions and one horse with the sex undisclosed. The horses’ ages ranged from 1 to 31 years (median
age = 12.17 years). The geographic locations were recorded for the properties of origin of the horses.

Considering an estimated population of 120 000 horses in Austria, the sample size was calculated.
The expected prevalence of horses positive for EqHV RNA was set to 3.6%, which is the average
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prevalence of two surveillance studies in horse populations of various breeds and ages, performed
in Germany (n = 433 horses; RNA prevalence = 2.5%) [3] and Italy (n = 1932 horses; RNA
prevalence = 4.7%) [6], respectively. Given a confidence interval of 95%, a sample size of 54 horses was
required. The expected prevalence of EqHV antibody-positive horses was set to 31.4%—the antibody
prevalence detected in the same German surveillance study [3]. Given a confidence interval of 95%, a
sample size of 331 horses was required. Hence, the investigation of 386 horses was considered to be
sufficient to estimate the prevalence of EqHV RNA and antibodies in Austrian horses. Sample size
calculations were performed using Epitools Ausvet (epitools.ausvet.com.au/).

Data collection was approved by the Ethics Committee of the University of Veterinary Medicine
Vienna, the Austrian Federal Ministry of Labor, Social Affairs, Health and Consumer Protection and
the Austrian Federal Ministry of Education, Science and Research (study reference number BMWF-
68.205/0125-WF/V/3b/2017).

2.2. Mosquito Collection

4039 mosquitoes collected in 2017 were pooled in 430 pools according to location, time of trapping
and mosquito species. The mosquitoes were trapped across Austria and included both native and
invasive species. In addition, 1004 mosquitoes were trapped in the 21st Viennese district in August 2017,
during a targeted mosquito and virus surveillance program following the identification of an USUV
RNA-positive blood donor from that district [25]. These mosquitoes were pooled in 104 pools. The
mosquito collection of the 21st district was included in the study because a high number of investigated
horses originated from this district, in which the Vetmeduni is located. A small number of mosquitoes
from northeast Italy (n = 295; 32 pools; mainly invasive species), collected between June and October
2017, were also included in the analysis. In total, 5338 mosquitoes in 566 pools were investigated for
the presence of EqHV nucleic acid. The following species were represented: Aedes albopictus, Aedes
japonicus, Aedes koreicus, Anopheles claviger, Anopheles maculipennis, Anopheles plumbeus, Culex hortensis,
Culex pipiens, Culiseta annulata and Ochlerotatus geniculatus.

2.3. Laboratory Analysis

2.3.1. Detection of EqHV RNA in Mosquito Pools

Mosquito preparation was conducted as described previously [26]. From each mosquito pool
homogenate, 140 μL was processed by automated nucleic acid extraction employing a QIAamp
12 Viral RNA Mini QIAcube Kit (Qiagen, Germany) according to the manufacturer’s instructions.
Extracted RNA was transcribed into complementary deoxyribonucleic acid (cDNA) by applying the
PrimeScriptRTMaster Mix Kit (TaKaRa, Kusatsu, Japan). All cDNA samples were stored at −20 ◦C
before being used for RT-qPCR. For the SYBR Green based RT-qPCR, the SYBR®Premix Ex Taq™ II kit
(TaKaRa, Kusatsu, Japan) was used, in combination with the previously described primers targeting the
5′ untranslated region (5′UTR) [5]. A standard curve for the quantification of RNA copies was assessed
by serial dilution of a plasmid containing the EqHV 5′UTR based on the EqHV isolate NPHV-NZP-1
(JQ434001.1). Measurement of fluorescence was conducted with a LightCycler 480 (Roche, Mannheim,
Germany). The limit of detection for this RT-qPCR assay was determined to be 7.86 viral copies/μL of
homogenate. RT-qPCR analysis of mosquito pool homogenates was performed by the Department of
Molecular and Medical Virology, Ruhr-University Bochum, Germany.

2.3.2. Detection of EqHV RNA in Horse Serum

Viral RNA was extracted from 200 μL of each horse´s serum using the QIAamp 96 Virus QIAcube
HT Kit (Qiagen, Germany) according to the manufacturer´s instructions. For screening, EqHV-specific
nucleic acids were detected by RT-qPCR using primers and probes as described previously [5]. The
RT-qPCR´s limit of quantification was established as 1.57 genome equivalents (GEs) per μL in the PCR
reactions, which equates 7.85 × 102 GEs per mL of horse serum. For absolute quantification, a serial
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dilution of a defined DNA plasmid standard was run in parallel with the positive samples. RT-qPCR
analysis of horse serum samples was performed by the Institute of Virology, University of Veterinary
Medicine Vienna, Austria.

2.3.3. Detection of Anti-EqHV Non-Structural Protein 3 (NS3)-Specific Antibodies in Horse Serum

Serum samples were frozen between −20 ◦C and −80 ◦C prior to analysis for anti-EqHV
non-structural protein 3 (NS3)-specific antibodies and shipped on dry ice to the laboratory in Germany.
Samples were analyzed in duplicate for the presence of anti-EqHV NS3-specific antibodies, using
the LIPS assay as described previously [27]. Relative light units (RLU) were measured with a plate
luminometer (LB 960 XS3; Berthold, Bad Wildbad, Germany). The threshold value, above which
samples were regarded as antibody-positive, was calculated for each plate by using the mean value
plus three standard deviations (SDs) of an EqHV-negative horse serum sample.

2.3.4. Plasma Biochemistry

Plasma samples were frozen between −20 ◦C and −80 ◦C prior to analysis for GLDH,
gamma-glutamyl transferase (GGT), bile acids and albumin concentrations at the Central Laboratory
of the University of Veterinary Medicine Vienna. These parameters were measured in plasma samples
of all EqHV RT-qPCR-positive horses, as well as in plasma samples of EqHV RT-qPCR-negative control
horses (n = 45). The control horses were randomly selected from the group of privately owned,
clinically unremarkable horses enrolled voluntarily. The laboratory’s reference ranges were used for
data analysis.

2.4. Data Analysis

Plasma biochemistry results were assessed for normality using the Shapiro Wilk test. The
independent samples t-test was used to compare normally distributed parameters. The Mann–Whitney
U test was used to compare non-normally distributed parameters. A 95% confidence interval was set
and p ≤ 0.05 was considered statistically significant. Statistical analysis was performed using IBM SPSS
Statistics 24 and the applicable figure was generated using Graph Pad Prism 5.

2.5. Sequencing and Phylogenetic Analyses

Sixteen EqHV RNA-positive samples were used for sequence analyses. Nested PCRs targeting
parts of the 5′UTR, NS3 and NS5B domains were conducted as previously described [6,10] and sent
for Sanger sequencing. Previously published complete genome sequences of EqHV and additional
sequences of six isolates, which originated in France [12], were retrieved from the GenBank database.
All sequences were aligned with MUSCLE and primer sequences were deleted. Phylogenetic analyses
were conducted by using the maximum-likelihood method by MEGA7 [28] based on the general time
reversible model [29]. Gamma distributed with invariant sites (G + I) was set for rates among sites
with a number of six discrete gamma categories. Bootstrap replicates were set to 500. All sequences
were uploaded to the NCBI database with accession numbers (MN475754 - MN475783).

3. Results

3.1. Detection of EqHV RNA in Mosquito Pools

No EqHV RNA was detected in any of the mosquito pools analyzed. The geographic locations of
mosquito collection sites are indicated in Figure 1.
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Figure 1. Geographical locations of sampling sites. A map of Austria indicating mosquito collection
sites and the properties of origin of sampled horses. Green mosquito-icons each represents the collection
site of a minimum of one mosquito pool. Magenta horse-icons each represents a property where at least
one horse tested equine hepacivirus (EqHV) RNA-positive, regardless of the EqHV antibody-status of
the horses on these properties. Blue horse-icons each represents a property where all horses tested
EqHV RNA-negative, but at least one horse tested EqHV antibody-positive. Black horse-icons each
represents a property where all horses tested EqHV RNA-negative, as well as EqHV antibody-negative.

3.2. Detection of EqHV RNA in Horse Serum

EqHV RNA was detectable in 4.15% of serum samples (16/386). Viral loads in 11 of the samples
ranged from 1 × 103 to 9 × 106 GEs per mL serum. Five horses showed RT-qPCR signals, which
were below the assay’s level of quantification (<7.9 × 102 GEs/mL serum). The 16 RT-qPCR-positive
horses originated from 12 different properties, with between one and four RT-qPCR-positive horses
per property (Table 1). The geographic locations of these properties are indicated in Figure 1.

Table 1. Information pertaining to the 12 properties where EqHV RNA-positive horses were identified,
including the EqHV infection-state of the sampled populations.

Property
EqHV Infection-State

Abs-/RNA- Abs+/RNA- Abs+/RNA+ Abs-/RNA+

Property ID No. of Horses Sampled n % n % n % n %

1 12 4 33.33 7 58.33 1 8.33 0 0.00
2 10 4 40.00 5 50.00 1 10.00 0 0.00
3 20 13 65.00 6 30.00 1 5.00 0 0.00
4 21 7 33.33 10 47.62 3 14.29 1 4.76
5 14 2 14.29 11 78.57 1 7.14 0 0.00
6 32 16 50.00 14 43.75 1 3.13 1 3.13
7 3 1 33.33 1 33.33 1 33.33 0 0.00
8 20 13 65.00 6 30.00 1 5.00 0 0.00
9 13 7 53.85 5 38.46 1 7.69 0 0.00
10 50 34 68.00 15 30.00 0 0.00 1 2.00
11 1 0 0.00 0 0.00 1 100 0 0.00
12 1 0 0.00 0 0.00 1 100 0 0.00

All other 189 105 55.56 84 44.44 0 0.00 0 0.00
Total 386 206 53.37 164 42.49 13 3.37 3 0.78
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3.3. Detection of Anti-EqHV NS3-Specific Antibodies in Horse Serum

The antibody prevalence in the study population was 45.9%, with 177 of the 386 samples
antibody-positive. Based on the horses’ EqHV infection-state, the samples could be assigned to four
categories: antibody-negative and RNA-negative (Abs–/RNA–); antibody-positive and RNA-negative
(Abs+/RNA–); antibody-positive and RNA-positive (Abs+/RNA+) and antibody-negative and
RNA-positive (Abs–/RNA+; Table 1). Two hundred and six samples (53.37%) tested negative for both
EqHV antibodies and RNA. One hundred and sixty-four samples (42.49%) contained only antibodies,
but no RNA. Thirteen samples (3.37%) contained both antibodies and RNA. Three samples (0.78%)
contained only RNA, but no antibodies.

3.4. Plasma Biochemistry

EqHV RT-qPCR-positive horses (n = 16) had significantly higher plasma GLDH concentrations
(p = 0.013) compared to EqHV RT-qPCR-negative control horses (n = 45; Table 2, Figure S1). All three
of the EqHV RT-qPCR-positive horses which had GLDH levels above the laboratory reference range,
were also EqHV antibody-positive (Abs+/RNA+). Two of these three horses were privately owned,
clinically unremarkable horses enrolled voluntarily and one was admitted to the Vetmeduni Equine
Clinic for follow-up examination, after a traumatic fracture of the fourth metatarsal bone. The horse
had received tetanus antiserum two months before sample collection, following the acute trauma.
Clinical findings did not give any indication for elevation of GLDH concentrations in this patient. All
three of the horses which were acutely infected with EqHV (Abs–/RNA+), had GLDH levels well below
the upper normal limit of the laboratory reference range. GGT, bile acids and albumin concentrations
did not differ significantly between EqHV RT-qPCR-positive horses and EqHV RT-qPCR-negative
control horses (p > 0.05; Table 2).

Table 2. Specifications of the liver-specific biochemistry parameters glutamate dehydrogenase (GLDH),
gamma-glutamyl transferase (GGT), bile acids and albumin measured in plasma samples of all EqHV
RT-qPCR-positive horses (n = 16), as well as EqHV RT-qPCR-negative control horses (n = 45).

Parameter
(Reference Range)

GLDH (<13 U/L) GGT (<30 U/L)
Bile acids

(<20 umol/L)
Albumin

(2.4–4.5 g/dL)

EqHV RT-qPCR
Status

Positive Negative Positive Negative Positive Negative Positive Negative

n 16 45 16 45 16 45 16 45

Range (min–max) 1.81–67.45 1.44–42.54 4–61 1–42 3–19 2–11 2.69–3.25 1.99–4.41

Normal
distribution

No No No No No No Yes Yes

Median 4.84 2.78 14.5 12 5 5 3.04 2.98

Mean 12.98 4.83 16.13 13.33 5.81 5.53 3.03 3.04

Standard deviation 20.27 6.83 13.27 7.92 3.94 2.16 0.16 0.52

Parametric/
Nonparametric test

The Mann–Whitney
U test

The Mann–Whitney
U test

The Mann–Whitney
U test

Independent samples
t-test

p-value p = 0.013 * p = 0.434 p = 0.659 p = 0.855

* EqHV RT-qPCR-positive horses had significantly higher plasma GLDH concentrations (p < 0.05) compared to
EqHV RT-qPCR-negative control horses.

3.5. Sequence and Phylogenetic Analyses

For a molecular characterization of the EqHV positive samples, three nested PCRs were performed
to target different conserved regions of the viral genome. Most likely as a result of variation in the viral
load of samples, we were able to recover 12/16 partial 5′UTR sequences, 7/16 partial NS3 sequences
and 11/16 partial NS5B sequences (Table 3).
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Table 3. The newly identified sequences which were submitted to NCBI and assigned with accession
numbers. n.a.—not available.

Isolate
Accession Numbers

5‘UTR NS3 NS5B

N40-17 MN475754 MN475766 MN475773

N87-17 MN475755 MN475767 MN475774

N107-17 MN475756 MN475768 MN475775

N147-17 MN475757 MN475769 MN475776

N154-17 MN475758 MN475770 MN475777

N201-17 MN475759 n.a. MN475778

N234-17 MN475760 MN475771 MN475779

N235-17 MN475761 MN475772 MN475780

N265-17 MN475762 n.a. MN475781

N351-17 MN475763 n.a. MN475782

N364-17 MN475764 n.a. MN475783

N403-17 MN475765 n.a. n.a.

Phylogenetic analysis based on partial NS5B sequences revealed only minor genetic distances
between Austrian samples and previously published samples (Figure 2). Similarly, phylogenetic trees
based on the 5′UTR (Figure S2) and on NS3 (Figure S3) visualize only minor differences between
the sequences.
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Figure 2. Maximum-likelihood phylogeny based on partial NS5B sequences of EqHV. In addition to
sequences obtained from Austrian horses, the phylogenetic tree contains previously published complete
genome sequences of EqHV retrieved from the GenBank database, as well as sequences of six isolates,
which originated in France [12]. Different samples are identified with their accession number, country
of origin and year of sampling or, if not applicable, year of publication. The analysis involved 45
nucleotide sequences. All positions containing gaps and missing data were eliminated, whereby a total
of 258 positions were included in the final dataset. Bootstrap values <70% are not shown. The scale bar
represents the number of substitutions per site. Black circles indicate samples obtained in this study.
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4. Discussion

The EqHV carrier-state of a large population of native and invasive mosquito species, collected
across a large geographic area—the entire Austria and a small part of Italy—was investigated. This
study also represents the first surveillance for EqHV in the horse population of Austria. The EqHV
antibody prevalence (45.9%) and RNA prevalence (4.15%) detected in this population of Austrian
horses were within previously reported ranges [4,16,30]. Despite the frequently detected evidence
of EqHV infection in the equine study population, no indication of viral nucleic acid was found in
mosquito populations throughout Austria and northeast Italy.

Mosquito surveillance programs were initiated in Austria in 2011, with the aim of detecting
invasive mosquito species [31,32] and investigating the variety of viruses, which mosquitoes may
carry and transmit to vertebrate hosts. Particularly the flaviviruses WNV and USUV have been
detected [26,33–37]. For the current study, nucleic acid extracts from the entire 2017 mosquito-collection
were investigated for the presence of EqHV RNA. The vast majority of mosquitoes were collected
between June and October 2017, coinciding with the time of blood collection from the horses (July to
October 2017). All mosquito species native to Austria were represented in the collection, as well as a
large number of individuals from the invasive species Aedes japonicus. A. japonicus is rapidly dispersing
in Austria [31], and was shown to be a flavivirus vector [35].

Mosquito-borne flaviviruses replicate within the invertebrate vector during the extrinsic incubation
period—the time between uptake of an infectious blood meal by a female mosquito and subsequent viral
transmission to the host [24]. A small percentage of infected female mosquitoes typically overwinter
in frost-free areas, resulting in survival of the flavivirus [38]. Vertical transmission of flaviviruses is
also frequently observed in infected female mosquitoes [26]. During the course of evolution, certain
mosquito species developed “vector competence” for certain viruses. It was therefore essential to
investigate a spectrum of mosquito species for the presence of EqHV RNA, since it is not known which
mosquito species could be competent vectors for EqHV transmission. A large number of mosquito
pools (n = 566), consisting of 5338 individuals from various species, representing five mosquito genera
(Aedes spp., Anopheles spp., Culex spp., Culiseta spp. and Ochlerotatus spp.) contained no EqHV RNA.
Based on these findings, mosquitoes are unlikely to play a role as vectors of EqHV.

Comparable numbers of Austrian mosquitoes enabled us to determine the minimal infection
rate (MIR) of WNV in previous investigations [36]. These results were in accordance with Czech and
Hungarian studies, in which WNV-positive mosquitoes were detected in four of 650 pools [39] and in
three of 645 pools [40], respectively. However, in areas with documented human or animal flavivirus
infections, significantly higher numbers of mosquitoes were infested, as shown in [26] and [36] for
WNV, and in [35] for USUV. We are therefore confident that the number of investigated mosquitoes
was sufficient to also detect other flaviviruses.

Similar to HCV, transmission by means of infected blood and blood products has been
demonstrated for EqHV [21,23]. Experimental infections of horses have been performed by intravenous
administration of various volumes (range from 5 mL to 500 mL) of serum or plasma with varying viral
loads (range from 3.92 × 103 RNA copies/mL to 7.78 × 106 RNA copies/mL) [21,23]. Considering this
proven route of EqHV transmission, it remains to be determined whether EqHV can be mechanically
transmitted by other hematophagous insects. The family Tabanidae (horse flies) is of particular
importance as mechanical vectors of viruses such as equine infectious anemia (EIA) [41]. Painful
bites, large lesions, persistent feeding behavior and the volume of blood left on their large mouthparts
favors mechanical transmission [42]. The volume of blood retained on the mouthparts of a horse fly
is approximately 5 to 25 nL [41,43]. Viral load in the blood of the host plays an important role in
successful mechanical transmission of viruses. The minimum infectious dose of EqHV has not yet
been determined.

Natural and experimental EqHV infections typically result in transient elevation of concentrations
of liver-specific enzymes, indicative of hepatic inflammation. Increased GLDH, sorbitol dehydrogenase
(SDH), GGT and aspartate aminotransferase (AST) levels have been reported [3,21,23,44]. The
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increased plasma GLDH concentrations in EqHV RT-qPCR-positive horses are consistent with
hepatocellular damage observed on liver histopathology of EqHV-infected horses [21]. Although
plasma GLDH concentrations were significantly higher in EqHV RNA-positive horses compared to
EqHV RNA-negative horses, the GLDH values of the majority of EqHV RNA-positive individuals
were still within the laboratory reference range. Therefore, potential cases of EqHV should not
only be monitored for liver-specific enzyme concentrations above references values, but also for
deviations of enzyme concentrations from the individual horse’s baseline values. The timing of
sampling is also of importance, with previous studies demonstrating that elevations in concentration of
liver-specific enzymes typically do not occur during the acute phase of infection, but rather coincides
with seroconversion [3,21]. Our findings are in accordance with this data.

In accordance with findings from other regions, the phylogenetic analyses revealed high similarity
at nucleotide sequence-level of EqHV circulating in Austria, compared to other countries [4,6,10].

5. Conclusions

Despite evidence of EqHV infection being frequently detected in Austrian horses, no indication
of viral nucleic acid was found in mosquito populations throughout the country. Consequently,
mosquitoes are unlikely to play a role as vectors of this flavivirus. Nucleotide sequence differences
between EqHV in Austria compared to EqHV of other origins are minor.
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Figure S3: Maximum-likelihood phylogeny based on partial NS3 sequences of EqHV.
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Abstract: (1) Background: Equine hepacivirus (EqHV), also referred to as non-primate hepacivirus
(NPHV), infects horses—and dogs in some instances—and is closely related to hepatitis C virus
(HCV) that has infected up to 3% of the world’s human population, causing an epidemic of liver
cirrhosis and cancer. EqHV also chronically infects the liver of horses, but does not appear to cause
serious liver damages. Previous studies have been looking to identify route(s) of EqHV transmission
to and between horses. (2) Methods: In this retrospective study, we sought to evaluate the prevalence
of vertical transmission taking place in utero with measuring by quantitative RT-PCR the amounts of
EqHV genome in samples from 394 dead foals or fetuses, paired with the allantochorion whenever
available. (3) Results: Detection of EqHV in three foals most likely resulted from a vertical transmission
from the mares to the fetuses, consistent with the in utero transmission hypothesis. In support of this
observation, the presence of EqHV genome was found for the first time in two of the allantochorions.
(4) Conclusions: As seemingly benign viruses could turn deadly (e.g., Zika flavivirus) and EqHV
happens to have infected a significant proportion of the world’s horse herds, EqHV infectious cycle
should be further clarified.

Keywords: non-primate hepacivirus; equine hepacivirus; in utero transmission; horse; fetuses

1. Introduction

Since Burbelo et al. [1] first reported the infection of horses by an equine hepacivirus (EqHV)
in 2012, the presence of this non-primate hepacivirus (NPHV) has been described in the equine
populations of the five continents [1–9]. Depending on the geographic locations, the prevalence of
EqHV measured by quantitative reverse transcriptase PCR (RT-PCR) varies from less than 1 to over 10
percent [2]. Among all hepaciviruses recently discovered in different animal species, EqHV displays
the highest genomic homology to hepatitis C virus, which chronically infects humans in the liver.
The study of hepaciviral infections in equids could shed some light on the physiopathology of HCV [10];
conversely, knowledge on HCV could also help investigating EqHV pathogenicity and elucidating its
transmission route(s) (Figure 1).

Viruses 2019, 11, 1124; doi:10.3390/v11121124 www.mdpi.com/journal/viruses141
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Figure 1. Hypotheses about the different modes of transmission by equine hepacivirus (EqHV)
(according to [11]).

A recent study performed in an area where EqHV is endemic in horses failed to detect the
virus in a sample of over 5000 mosquitoes, making the latter an unlikely vector of this virus [12].
Other studies have reported the detections of EqHV-specific antibodies and/or of viral genome in serum,
tissue samples and, lastly, in cerebrospinal fluid [13]. Detection and replication of EqHV genome
in different organs of adult horses, such as liver, spleen, cerebellum, and lungs were also reported
following the experimental infections [9,14,15]. Despite recent progress, EqHV tissue tropism remains
largely uncharacterized in non-experimental conditions and little is known about the presence of the
EqHV in equine fetuses. By comparison, most HCV infections in young children result from vertical
transmission [16]. The contamination could take place during pregnancy or upon delivery [17,18], but
its exact timing and mechanisms are not fully understood. Vertical transmission of EqHV in horses has
started to be investigated only recently. In one study, the presence of EqHV viral RNA was measured
in serum samples from 20 mare-foal pairs [19]. Evidence of transmission to the foal was reported for
only one mare, and no potential route of transmission of the virus, such as intrauterine or postpartum
transfer was identified [19].

The purpose of the present study is, by measuring the amount of viral genome in samples of a
large population of foals deceased during the perinatal period (aborted fetuses, stillborn foals, death
occurring during the first week of life), to evaluate the incidence of EqHV vertical transmission by the
intrauterine route. Genomic sequence analyses showed that infections of paired mare and dead foal
were caused by identical EqHV strains, demonstrating the existence of an in utero vertical transmission.
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2. Materials and Methods

The study and all animal work involved received ethical approval from the LABÉO Frank
Duncombe ethical advisor (LFD-CE-07/2012, 2012). Samples were collected by equine veterinary
practitioners according to a high standard of veterinary care.

2.1. Necrospy and Histological Analysis

Specimens from foals deceased during the perinatal period were collected from French stud
farms according to a standard protocol [20] and shipped at +4 ◦C to the Anses’ Necropsy Center
(Laboratory for Animal Health in Normandy, France). As this is a retrospective study, information
about the time lapse between delivery and autopsy of the fetuses may not be accurate; nevertheless,
practitioner’s good practices include a reasonable routing time. Most samples were intended for
routine bacteriological cultures, equine herpesvirus 1 (EHV-1), and equine viral arteritis (EVA) PCR
analysis and histopathological analysis [21]. For owners who wished necropsy be performed on dead
foals’ placentas, the latter were shipped using same guidelines: the samples were transported at +4 ◦C
by a carrier and delivered within half an hour to LABÉO sample center; the samples were processed by
the analytical services upon receipt.

In total, 394 tissue samples from aborted fetuses/neonatal foal deaths collected between January
2013 and December 2016 were used for this retrospective study. More information was available for
201 samples which allows to characterize the population: 159 fetuses with a median age of 8.75 months
(7.25–9.50) and 42 foals with a median age of 24 h (4–72). In 2016, no sample was tested positive out of
130. During that year, 35 serum samples from mare who had aborted were also obtained and were all
found negative. Serum was also obtained from foals of Cases #1 and #3 (cf. lower).

2.2. Molecular Detection and Characterisation of the EqHV Strains

2.2.1. Nucleic Acid Extraction and Quantitative RT-PCR

RNA was extracted from 25 mg of homogenized organ tissue (liver + lung mixture, or
allantochorion) with RNeasy Mini Kit (Qiagen, Courtaboeuf, France) or from 140 μL of serum with
QIAmp viral RNA Mini kit (Qiagen, Courtaboeuf, France) according to the manufacturer’s instructions,
and eluted in a final volume of 50 μl elution buffer (Qiagen, Courtaboeuf, France). After performing
the originally planned tests, the extracted RNAs were stored at −80 ◦C in a temperature-monitored
freezer until further use.

Quantitative RT-PCR was performed with One Step Prime Script RT-PCR kit (Takara, Ozyme, France)
according to the manufacturer’s instructions and adapted from Burbelo et al. [1] on a StepOne™Real-Time
PCR system (Life Technologies, Saint-Aubin, France) [2]. Quantitative RT-PCR were performed with
primers Qanti-5UF1, Qanti-5UR1, and probe 5’-FAM-CCACGAAGGAAGGCGGGGGC-BHQ1-3’ [1]
and with a second pair of primers (Sau5UF 5’-TCGAGGGAGCTGRAATTCGT-3’, Sau5UR
5’-GCCCTCGCAAGCATCCTATC-3’), as previously described [2]. Thermal cycling proceeded at 42
◦C for 5 min, 95 ◦C for 10 s, followed by 45 cycles: 95 ◦C for 5 s and 60 ◦C for 34 s. Fluorescence
was measured at the end of each annealing/elongation step (60 ◦C). Data were analyzed using the
StepOne™ software, version 2.2.2 (Life Technologies, Saint-Aubin, France). The limit of detection was
3.5 × 102 genome copies/mL for serum and 7.7 × 103 genome copies/g for tissue.

2.2.2. Sequencing and Phylogenic Analysis

Sequencing of 5’-untranslated region (5’UTR), non-structural protein 3 (NS3), and non-structural
protein 5B (NS5B) amplimers was performed by Biofidal (Vaulx-en-Velin, France) with a Phusion Hot start
II (Fisher Scientific, Illkirch, France) [2]. All sequences were deposited in GenBank (accession numbers
MN229470-MN229484, KX239312-KX239466, KT175006-KT175040, as described in Supplementary Table S1).
The concatenated sequences were obtained by joining: (i) 5′UTR, NS3, and NS5B regions (598 bp) for
strains used in Figure 4A,B; and, (ii) 5′UTR and NS5B regions (472 bp) for strains used in Figure 4C.
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Phylogenetic trees of nucleotide sequence alignments were created using the neighbor-joining
method based on the Jukes-Cantor model of MEGA5 [22], as previously described [2]. Finally, all NS5B
sequences used to build the tree were converted into a Nexus format using EMBOSS Seqret [23] and a
median joining network was built using PopART (Population Analysis with Reticulate Trees) software,
version 1.7 [24,25].

3. Results

3.1. Prevalence of EqHV in Perinatal Foal Deaths

Among 394 tissue samples collected from aborted fetuses, stillborn foals, or neonatal foal deaths
samples, 3 (0.76%) were found positive for EqHV by quantitative RT-PCR (Table 1); 1/84 in 2013, 1/131
in 2014, 1/49 in 2015, and none out of 130 in 2016. The positive results were confirmed by nucleotide
sequencing. The prevalence of EqHV viral RNA detected in this study contrasts with that of 6%
previously observed in serum samples of French horses [2], suggesting that most transmissions occur
via other paths, as reported in other studies [19].

Table 1. Features of the three cases, for which EqHV genome was detected in foal and/or allantochorion
samples, in France between 2013 and 2016. (n.a. = not applicable).

Cases (Year) Subjects Sampling Life Status (/Birth) Viral Loads EqHV Strains

Case #1
(2013 & 2015)

Foal #1 (4 days) Liver+Lung Neonatal death (4 days) 2.4 × 107 copies/g FR-Eq73_Liver-Lung/FR/2013

Foal #2
(2 months) Serum Alive (2 months) 1.1 × 107 copies/mL FR-Eq84_Serum/FR/2015

Case #2
(2014)

Foal (2 days) Liver+Lung Neonatal death (2 days) 2.3 × 107 copies/g FR-Eq69_Liver-Lung/FR/2014

Mare (5 years) Allantochorion n.a. 1.5 × 104 copies/g FR-Eq69_Allanto/FR/2014

Serum Alive (10 months) 7.7 × 107 copies/ml FR-Eq74_Serum/FR/2015

Case #3
(2015)

Foal (2 months) Serum Alive (50 days) Negative n.a.

Mare (7 years) Allantochorion n.a. 3.9 × 104 copies/g FR-Eq70_Allanto/FR/2015

Serum Alive 1.8 × 103 copies/mL FR-Eq85_Serum/FR/2015

In Case #1, EqHV genome was first detected in liver + lung samples from foal #1 (FR-Eq73
Liver-Lung) with a viral load of 2.3 × 107 copies/g. Necropsy and histological analyses concluded to
the lack of evidence for an overt viral infection; i.e., no significant lesion was observed in these two
organs. This mare foaled again in 2015 (foal #2). No sample was available from the mare, but the
presence of EqHV genome (FR-Eq84 Serum) was detected in serum from this foal.

In Case #2, EqHV was detected in both liver + lung necropsy sample and in the allantochorion
(FR-Eq69 Liver-lung and FR-Eq69 Allanto in 2014) with a viral load of 2.4 × 107 and 1.5 × 104 copies/g,
respectively. Necropsy and histological analyses concluded to the lack of lesion reminding a viral
infection; no overt lesion was observed in these two organs. The mare (FR-Eq74) was not tested at the
time of foaling but 10 months later and the serum sample was found positive (7.7 × 107 copies/mL).

In Case #3, 3.9× 104 copies/g of EqHV genome (FR-Eq70 in 2015) was detected in the allantochorion
from a mare that foaled normally. Necropsy and histological analyses of the allantochorion concluded
to a lack of histopathological signs of a viral infection; no obvious lesion was observed. Two months
later, serum from the foal was tested negative while the maternal serum sample was still weakly
positive with a viral load of 1.8 × 103 copies/mL (FR-Eq85 in 2015).

Overall, the viral load measured in serum samples (1.8 to 7.7 × 107 copies/mL) or liver + lung
biopsies (2.3 to 2.4× 107 copies/g) were about 103 higher than in allantochorion (1.5 to 3.9× 104 copies/g).

3.2. Vertical Transmission of EqHV from Mare to Foal

The 5′UTR, NS3, and NS5B regions were sequenced in all EqHV positive samples, with the
exception of the two allantochorions, in which amplification of NS3 region failed.
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Sequences from amplified NS5B region were obtained for the 7 samples reported in Table 1 and
were incorporated in a phylogenetic tree including 46 other strains: (i). 20 that were selected to
obtain a representative selection of EqHV strains from France in space and time according to Pronost
et al. (2016, [2]); or, (ii). 26 samples from other countries (Supplementary Table S1) representing
EqHV genetic diversity in the world so far. Albeit indirectly in Case #1, the NS5B phylogenetic tree
strongly suggests a link between EqHV strains in samples from three mares and their respective foals
or allantochorion (Figure 2). All EqHV strains from Cases #1 to #3 belong to subtype 1 [2] and these
data were confirmed with the median joining network analysis (Supplementary Figure S1).

Mare 
Allantochorion 
Foal (neonatal death) 
Foal (alive) 

Subtype 1 

 FR-Eq69 Liver-Lung/FR/2014 (MN229478)

 FR-Eq69 allanto/FR/2014 (MN229477)

 FR-Eq74 Serum/FR/2015 (MN229482)

 FR-Eq21 Serum/FR/2013 (KX239423)

 FR-Eq50 Serum/FR/2014 (KX239449)

 FR-Eq35 Serum/FR/2014 (KX239435)

 FR-Eq09 Serum/FR/2013 (KX239415)

 FR-Eq45 Serum/FR/2014 (KX239444)

 Eq-H9C2/BRA/2013 (KT006300)

 Eq-SMKL2012-EF317 98/Scotland/1998 (JX948119)

 Eq-AK2012/US/2011 (JQ434008)

 Eq-K-062/SouthKorea/2015 (KX056117)

 Eq-H4B2/BRA/2012 (KT006295)

 FR-Eq70 allanto/FR/2015 (MN229479)

 FR-Eq85 Serum/FR/2015 (MN229484)

 Eq-DH1/HUN/2013 (KF177391)

 FR-Eq25 Serum/FR/2013 (KX239425)

 FR-Eq47 Serum/FR/2014 (KX239446)

 FR-Eq53 Serum/FR/2014 (KX239452)

 FR-Eq11 Serum/FR/2013 (KX239416)

 FR-Eq49 Serum/FR/2014 (KX239448)

 FR-Eq73 Liver-Lung/FR/2013 (MN229481)

 FR-Eq84 Serum/FR/2015 (MN229483)

 FR-Eq62 Serum/FR/2014 (KX239459)

 FR-Eq65 Serum/FR/2014 (KX239462)

 Eq-AK2012/US/2011 (JQ434005)

 Eq-WSU-2013/US/2013 (KJ472766)

 Eq-AK2012/US/2011 (JQ434002)

 FR-Eq15 Serum/FR/2013 (KX239420)

 FR-Eq38 Serum/FR/2014 (KX239437)

 FR-Eq22 Serum/FR/2013 (KX239424)

 Eq-WZC-8/HK/CHIN/2014 (KU746991)

 FR-Eq72 Serum/FR/2015 (MN229480)

 FR-Eq33 Serum/FR/2014 (KX239433)

 Eq-H2A20/BRA/2009 (KT006293)

 Eq-H8B10/BRA/2011 (KT006299)

 Eq-AK2012/US/2011 (JQ434004)

 Eq-BR-D5/BRA/2016 (KY695220)

 Eq-H3A24/BRA/2009 (KT006294)

 Eq-AK2012/USA/2011 (JQ434007)

 Eq-JPN3/JPN/2013 (NC 024889)

 FR-Eq02 Serum/FR/2013 (KX239411)

 Eq-HD19/HZ/CHIN/2015 (KU746994)

 Eq-AK2012/US/2011 (JQ434006)

 FR-Eq01 Serum/FR/2013 (KX239410)

 Eq-AK2012/US/2011 (JQ434003)

 FR-Eq63 Serum/FR/2014 (KX239460)

 Eq-K-061/SouthKorea/2015 (KX056116)

 Eq-NZP1/US/2011 (KP325401)

 Canine-AAK2011/US/2011 (JF744991)

 Eq-AK2012/US/2011 (JQ434001)

 HCV1a (AF009606)

100

100

100

99

98

97
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96
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88

76
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71

85

68
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71

100

Subtype 2 

 FR-Eq69 Liver-Lung/FR/2014 (MN229478)

 FR-Eq69 allanto/FR/2014 (MN229477) Case # 2 
 FR-Eq74 Serum/FR/2015 (MN229482)

 FR-Eq70 allanto/FR/2015 (MN229479)

 FR-Eq85 Serum/FR/2015 (MN229484)

 FR-Eq73 Liver-Lung/FR/2013 (MN229481)

 FR-Eq84 Serum/FR/2015 (MN229483)
Case # 1 

Case # 3 

Figure 2. Phylogenetic analysis of equine hepacivirus NS5B sequences identified in horses.
Neighbor-joining tree of partial nucleotide sequences from NS5B (259 bp) and corresponding region of
a hepatitis C virus (HCV) genome (genotypes 1a). The tree was constructed with Jukes–Cantor model.
A bootstrap was performed with a replicate rate of 500 (values ≥ 65% shown on branches).
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For Case #1, no sample was directly available from the mare, but samples from her foals #1 (liver +
lung) and #2 (serum) were analyzed; the two EqHV strains identified (FR-Eq73 and FR-Eq84) clustered
with two other strains (FR-Eq62 and FR-Eq65). Alignment of the 260-bp NS5B sequences (Figure 3A)
and the concatenated sequences (5′UTR +NS3 +NS5B; Figure 4A) show a total homology between
the two strains. Sequence homologies with the two strains (FR-Eq62 and FR-Eq65) clustering in the
phylogenetic tree (Figure 2) vary from 94.2% (15 nt difference) to 95.4% (12 nt) in the NS5B region
and from 97% (18 nt) to 97.7% (14 nt) in the concatenated region. As a comparison, NS5B homology
between French strains (with FR-Eq69 Liver-lung as reference strain) and strains isolated in other
countries varied from 79% to 100%.

Case #1 (A) 

Case #2 (B) 

Case #3 (C) 

Figure 3. Alignment of NS5B sequences for samples Case #1 (A), Case #2 (B) and Case #3 (C) with the
closest sequences identified by phylogenetic analysis (cf. Figure 2).

For Case #2, three different samples were analyzed: liver and lung biopsies from the foal (FR-Eq69
Liver-lung), the allantochorion (FR-Eq69 Allanto) and the maternal serum (FR-Eq74 Serum) drawn
10 months after foaling. Phylogenetic analysis evidenced only one base difference (99.6% homology)
between the foal (liver + lung) and the allantochorion in the NS5B region (Figure 3B, nucleotide in
position 240). No concatenated sequence was available for these two strains because NS3 sequencing
failed for the allantochorion sample. These data suggest that these strains are closely related, since the
number of discrepancies between analyzed regions is consistent with that of the mutations usually
observed between isolates. Sequence homology with the strain obtained from the mare, ten months
after abortion, varies from 98.8% (3 nt) in the NS5B region to 99% (6 nt) in the concatenated region
when compared with the strain detected in the foal sample (FR-Eq69/liver-lung/FR/2014) (Figure 4B).
Compared to this strain, the closest strains in the NS5B tree (FR-Eq21 and FR-Eq50; Figure 2) display a
homology of respectively 96.5% (9 nt) and 96.9% (8 nt) in the NS5B region and 98.2% (11 nt) and 98.2%
(11 nt) in the concatenated sequence (Figure 4B).
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For Case #3, three samples were obtained: serum and allantochorion from the mare and serum
from her foal. The EqHV sequences in the allantochorion (FR-Eq70) and the serum (FR-Eq85) samples
were analyzed (the foal serum was negative). No differences were observed in the NS5B sequences
(Figure 3C) nor in the concatenated 5’UTR+NS5B sequences (Figure 4C). Compared to the sequences
of the two closest strains (FR-Eq47 and FR-Eq53), sequence homologies varied respectively from
91.5% (22 nt) to 88.1% (31 nt) in the NS5B region and from 92.6% (35 nt) to 91.1% (42 nt) in the
concatenated region.

 

 

 

Case #1 (A) 

Case #2 (B) 

Case #3 (C) 

Figure 4. Alignment of concatenated sequences for samples Case #1 (A), Case #2 (B) and Case #3 (C) with
those of the closest sequences identified by phylogenetic analysis (sequence numbers in Supplementary
Table S1). Concatenated sequences were obtained from 5′UTR, NS5B, and NS3 sequences for A and B
and from 5′UTR and NS5B for C.
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4. Discussion

From a phylogenetic point of view, EqHV (or NPHV) is very closely related to HCV. Therefore,
transmission paths reported for HCV in humans—or in chimpanzees prior to the international ban
on experiments involving great apes—have also been partially investigated in horses (Figure 1).
The parenteral transmission of NPHV was experimentally demonstrated by Ramsay et al. and by
Scheel et al. [14,15]. The works of Postel et al. and, more recently, of Lu et al. described the presence of
equine hepacivirus in biological products from horses [26–28]. These observations highlight the risk
of contamination when these products are injected as is in horses, as observed until the end of the
1980s for HCV with human blood transfusion, leading to an epidemic that has infected up to 3% of
the world’s human population [29]. EqHV is also believed to be transmitted directly by blood, like
reported for two more-distantly-related equine pegiviruses, TDAV (Theiler’s disease-associated virus),
and EPgV (equine pegivirus) [30]. Other hypotheses, previously described for other viruses, cannot be
totally excluded, such as infections transmitted by mosquitos or, less unlikely, medical treatment with
contaminated blood products or instruments [1,9,19,26,31]. Yet, plasma and antitoxin inoculations are
unlikely to account for the high seroprevalence of NPHV and EPgV in horses [32], suggesting that
other modes of transmission may exist.

In addition to the parenteral route, a mother-to-child (vertical) transmission has been observed in
5% of human hepatitis C cases [16,18]. In spite a high prevalence of EqHV infections worldwide [1–9],
such occurrence appears infrequent in horses. One case of vertical transmission from a mare to her
colt was reported in 2015 [19]. This study was carried out on 20 gestating mares, 4 of whom were
infected with EqHV at the time of delivery. The presence of EqHV genome was also detected in
umbilical cord blood and in the serum of one of the foals. To the authors’ knowledge, this was the first
report suggesting the possibility of in utero infection by EqHV. The rate of transversal infections was
surprisingly high in the stud farm where this study took place; hence, we sought to further evaluate the
prevalence of EqHV vertical transmissions in samples collected between 2013 and 2016 from several
stud farms in France.

Among almost 400 cases of foal perinatal death, for which samples had been harvested in our
laboratory, only three new cases of possible vertical transmission were identified, confirming an
anticipated low incidence of new EqHV infections by this route. In Case #2, the presence of EqHV
genome in three different biological compartments: organs of the foal (liver + lungs), the allantochorion,
and the serum from the mare, could support this interpretation. The same 5′UTR sequences were
obtained from organs of the foal and allantochorion, while only one-base difference was identified
between NS5B sequences (FR-Eq69). The viral load in the allantochorion was very low and no NS3
sequence was obtained, but in our hands NS5B sequence is the most discriminating between strains [2].
Unfortunately, no blood sample was drawn from the mare at the time of delivery, but serum had been
obtained 10 months later (FR-Eq74).

In HCV-infected individuals, quasispecies are defined as a group of similar-yet-not-identical viral
genetic variants evolving at a rate between 0.8 and 2 milli-substitutions per nucleotide per site per
year and overall presenting less than 5% nucleotide difference between genomes [20,27,28]. However,
Gather et al. found only one-nucleotide change between EqHV genomes in maternal serum, umbilical
cord blood and serum from her foal [19]. This could result from a relatively short delay between EqHV
transmission and foal delivery. Alternatively, EqHV quasispecies in horses could drift at a slower pace
than HCV quasispecies in humans. Therefore, in Case #2, it is far from clear whether the delay in the
mare’s sampling would entirely explain a 5-nucleotide difference with her foal’s samples.

However, the most compelling argument for in utero transmission comes from the high viral
loads detected in tissue samples from the neonate foal. First, it is highly improbable that a transmission
upon delivery would produce so many genome copies in only two days [14,15]. Second, a simple
contamination of the foal samples by maternal blood is also very unlikely, both during gestation and
upon delivery. Thus, in the latter case, the virion concentration of maternal origin should be much
more diluted than observed. In the former case, allantochorion anatomy is such that antibodies barely
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cross the chorionic barrier, if at all [33]; let alone viral particles of probably 50–70 nm in diameter.
This comes in contrast to women, whose syncytiochorial placenta is bathed in maternal blood with
potentially easy transfer of related HCV (and virus specific antibodies) from the maternal circulation
to the syncytiotrophoblast. On the contrary, the equine epitheliochorial placenta has six layers of
maternal and fetal tissues between the two blood circulations; hence, EqHV would be unlikely crossing
this barrier, unless a receptor required for viral entry or acting as virion carrier was expressed on the
allantochorion [34]. Were it nevertheless the case, given the worldwide prevalence of EqHV infections
in mares, the number of neonate foals contaminated should be much higher than what is observed.
Therefore, unless a hypothetical receptor isoform is involved, variants of the virus could promote
EqHV in utero transmission. Finally, if the virus replicated within the allantochorion itself, as our
results suggest, viral loads in the fetus would not any longer result from a contamination by maternal
virions. Instead, the allantochorion would become a likely source of transmission to the fetus. The most
likely explanation for Case #2 is, therefore, an in utero transmission of EqHV to the fetus.

In utero transmission to the fetus is also supported by the results obtained in Case #1. As no
maternal sample was available, a direct link could not be established between EqHV identified in the
three animals. Yet, the sequences of two EqHV-positive samples, one from a dead foal (liver + lung),
born in 2013, and one from an apparently-healthy foal (serum), born later in 2015, were genetically
clustered (FR-Eq73 and FR-Eq84). A 100% sequence homology was even found between the two
isolates, which strongly suggested a similar source of transmission over a two-year period, here from
the mare to her two offspring. In Case #3, the presence of a low EqHV viral load in allantochorion was
detected, which displayed a 100% sequence homology with that identified in the mare’s serum (5’UTR
and NS5B region). A serum sample from her foal could be analyzed only two months after foaling,
with a negative result. As the virus load in allantochorion was low, a hypothesis is that the foal cleared
its infection within two months. The mare also presenting with a weak viral load upon delivering
was perhaps clearing her own infection; if so, her colostrum probably contributed to the foal’s quick
recovery. In the absence of serological data, this cannot be confirmed, but a link between virus load
and the risk of fetal infection has recently been discussed for HCV [35].

Our data are in agreement with Gather et al. [19], who suggested for the first time the possibility of
in utero transmission of EqHV. Yet, in their study, all four placentas recovered from the EqHV-positive
mares were negative by quantitative RT-PCR. The lack of EqHV RNA detection in placenta could
result from a very low viremia, a low test sensitivity or the region of sampling given the anatomical
heterogeneity of horse allantochorion [33]. In previous studies, we have developed a new EqHV
quantitative RT-PCR method with specific primers designed on the basis of the first available equine
NPHV genome [2]. Similarly, most studies, including that of Gather et al. [19], use primers from
Burbelo et al. [1], initially designed to detect NPHV from different species. At parturition, placentitis
was observed in one case, for which no EqHV genome was detected in the foal, suggesting to the
authors that vertical transmission of NPHV occurred without an infection and inflammation of the
placental tissue itself. In our study, the absence of histological inflammation in two placentas of
EqHV-positive foals is in agreement with this interpretation, with the difference that it also establishes
for the first time the presence of the virus genome in placenta. These findings suggest that, in
the fetus like in adult horses, the presence of the virus is not associated to overt macroscopic or
histological lesions, independently of the viral load. Nevertheless it takes sometimes several years
before the consequences of what is at first considered a benign infection are identified. This outlines
the importance of identifying as many transmission routes as possible.

Routes of transmission identified for other members of the Flaviviridæ family infecting horses
and humans account for most observed infections. Thus, West Nile virus (WNV) is transmitted by
mosquitoes; even if in rare occurrences, additional routes of transmission have been reported (for a
review, see [36]). For example, the first case of in utero WNV transmission was reported in a woman in
2002 [37]. Abortion cases because of Japanese Encephalitis virus and severe Dengue infections were
also reported after in utero transmission [38,39]. Mother-to-child transmission of WNV via breast milk
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has also been described (for a review, see [36]). Lastly, an epidemic of fetal microcephaly developing
during Zika virus infections of pregnant women has raised serious concerns in several parts of the
world [40]. Occupational exposure were also reported by different studies, which led to important
safety implications for persons who work in these area.

Recently, our team completed a study on nasopharyngeal swabs and detected the presence of
EqHV genomes in 4 of the 93 samples analyzed [41]. It did not enable establishing whether the
transmission involved the respiratory tract, yet pointed at a possible role of the oropharyngeal sphere,
as recently suggested by Altan et al. with the detection of EqHV genomes in a pool of four swabs [29].
Other works aim to elucidate the chain of transmission, such as a vector (e.g., mosquitoes) or, even if
not yet reported, sperm during insemination or natural breeding. Additional studies are necessary to
confirm or refute an involvement of these pathways during the transmission of the virus.

Supplementary Materials: The following are available online at http://www.mdpi.com/1999-4915/11/12/1124/s1.
Table S1: Characteristics of the different strains used for the phylogenetic tree of NS5B sequences. Figure S1:
Median joining network based on the same nucleotide sequences as for the NS5B phylogenetic tree (Figure 2).
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Abstract: An equine parvovirus-hepatitis (EqPV-H) has been recently identified in association with
equine serum hepatitis, also known as Theiler’s disease. The disease was first described by Arnold
Theiler in 1918 and is often observed with parenteral use of blood products in equines. However,
natural ways of viral circulation and potential risk factors for transmission still remain unknown.
In this study, we investigated the occurrence of EqPV-H infections in Thoroughbred horses in northern
and western Germany and aimed to identify potential risk factors associated with viral infections.
A total of 392 Thoroughbreds broodmares and stallions were evaluated cross-sectionally for the
presence of anti-EqPV-H antibodies and EqPV-H DNA using a luciferase immunoprecipitation
assay (LIPS) and a quantitative PCR, respectively. In addition, data regarding age, stud farm,
breeding history, and international transportation history of each horse were collected and analysed.
An occurrence of 7% EqPV-H DNA positive and 35% seropositive horses was observed in this
study cohort. The systematic analysis of risk factors revealed that age, especially in the group of
11–15-year-old horses, and breeding history were potential risk factors that can influence the rate of
EqPV-H infections. Subsequent phylogenetic analysis showed a high similarity on nucleotide level
within the sequenced Thoroughbred samples. In conclusion, this study demonstrates circulating
EqPV-H infections in Thoroughbred horses from central Europe and revealed age and breeding
history as risk factors for EqPV-H infections.

Keywords: equine parvovirus-hepatitis; Germany; risk factors; transmission

1. Introduction

Equine serum hepatitis (i.e., Theiler’s disease (TD)) is a serious and potentially life-threatening
disease and one of the most common causes of acute hepatitis and liver failure in horses [1]. Specific
treatment options are still lacking. TD was first reported in 1918 by Sir Arnold Theiler, after he observed
signs of liver disease in animals vaccinated against African horse sickness with a combination of live
virus and equine antiserum [2]. Similar to historical outbreaks of human posttransfusion hepatitis,
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multiple outbreaks of Theiler´s disease have been observed following parenterally administered equine
serum products [3–6]. An incidence between 1.4%–18% of fulminant hepatitis among horses receiving
an equine biological product has been reported [2,7]. Given the association between prior treatment
with equine serum/plasma and the appearance of Theiler’s disease an etiologic role for a contaminating
toxin or infectious agent has been suggested [8]. However, the exact pathogenic agent remained
unknown for nearly a century.

Parvoviridae comprise a large family of non-enveloped DNA-viruses, which is currently subdivided
into eight genera collectively known as parvoviruses. Members of this family have been described
to infect a wide array of hosts, including humans, domestic, and wild animals [9–11]. Parvovirus
infections have been associated with various severe and fatal diseases affecting the respiratory,
gastrointestinal, and haematological systems and further potentially causing abortions [6,12–14].
Most recently, a novel equine Parvovirus (equine parvovirus-hepatitis virus (EqPV-H)) was isolated
from serum and liver tissue of a horse that died of TD following administration of tetanus antitoxin
(TAT) [15]. Administration of TAT contaminated with EqPV-H further resulted in seroconversion
and acute hepatitis in experimentally infected horses, indicating that EqPV-H might be the causative
agent of TD [15,16]. A recent study further reported a high prevalence of EqPV-H among commercial
equine serum pools, indicating the necessity of careful risk assessment for medical and research
applications [17]. However, despite its association with equine diseases, EqPV-H has not gained
much attention of equine veterinarians and its worldwide prevalence and epidemiology remain
poorly investigated.

Here, we examined the prevalence of EqPV-H among Thoroughbred breeding horses in northern
and western Germany to identify potential risk factors for EqPV-H infections. A total of 392
serum samples from Thoroughbred broodmares and stallions were analysed for the presence of
anti-EqPV-H antibodies, DNA, and viral sequences, respectively. Furthermore, an analysis of risk
factors potentially affecting the prevalence of EqPV-H infections was performed to investigate natural
routes of virus transmission.

2. Materials and Methods

2.1. Serum Sample Collection

A total of 392 serum samples from Thoroughbreds stabled on stud farms in northern and western
Germany (Lower Saxony, North Rhine-Westphalia, Hamburg, Schleswig-Holstein) representing more
than 25% of all registered breeding horses at The German Thoroughbred Studbook Authority (Cologne)
were collected and processed between 2012 and 2015 [18]. All samples were then stored at −80 ◦C until
further analysis regarding the presence of EqPV-H.

2.2. Detection of EqPV-H DNA

Viral DNA was extracted with a viral DNA Kit from Qiagen (Cat. No. 1048147, Hilden, Germany)
according to the manufacturer’s recommendations. DNA samples were stored at −20 ◦C until further
analysis. A probe-based quantitative polymerase chain reaction (qPCR) was used with primers and
probe designed and provided by Dr. Amit Kapoor as described previously [15]. A serial dilution of a
plasmid containing the EqPV-H VP1 sequence was generated as standard row for the quantification of
EqPV-H within the samples tested. qPCR measurements were performed using the LightCycler 480
real-time PCR system (Roche, Mannheim, Germany).
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2.3. Detection of Anti-EqPV-H Antibodies

Samples were analysed for the presence of anti-EqPV-H-VP1 antibodies using the previously
described luciferase immunoprecipitation system (LIPS) [19–21]. The EqPV-H-LIPS antigen VP1 was
produced as described by Divers et al. [15]. Following the LIPS assay, relative light units (RLU) were
determined using a plate luminometer (LB 960 XS3; Berthold, Bad Wildbad, Germany). To calculate
sensitivity the mean RLU plus three standard deviations (SD) of an EqPV-H negative horse serum was
defined as a cut-off limit. A potential cross-reactivity between the LIPS and other related parvoviruses
could not be excluded.

2.4. Data Collection and Study Design

Three different groups regarding the state of EqPV-H infection were distinguished: Seropositive
and EqPV-H DNA positive (DNA+/AB+), seronegative and EqPV-H DNA negative (DNA−/AB−),
and seropositive and EqPV-H DNA negative (DNA−/AB+). Information regarding gender, age, state
of reproduction, breeding, and international transportation history of the study population were
received earlier from the Association for breeding and racing of Thoroughbreds (Cologne, Germany).
Furthermore, the established criteria were subdivided into different groups. Age groups of similar
size were created: 3–6-year-old horses (n = 78), 7–10-year-old horses (n = 113), 11–15-year-old horses
(n = 129), and 16–29-year-old horses (n = 72). Similarly, horses were assigned to groups regarding the
breeding history (0–4 breeding years) and the stock size of the stud farms (1–9 horses, 10–39 horses
and >40 horses). Additional information about the transportation history was sorted according to the
target country (France, Great Britain, Ireland, Germany, etc.). The data were determined by the time of
sample collection between 2012–2015.

2.5. Sequencing and Phylogeny

For sequence analysis, a PCR (I) was designed within the NS1 of EqPV-H [17]. PCR was performed
using the expand high fidelity PCR system (Roche Diagnostics, Basel, Switzerland) as described
before [17]. PCR products were visualised on a 2% agarose gel, excised, and purified using a Monarch®

DNA gel extraction kit (New England Biolabs, Ipswich, Massachusetts, United States). Purified
products were then sent for Sanger sequencing using the applicable PCR primers. Highlighter plot
analysis [22] displaying nucleotide exchanges in EqPV NS1 in the screened cohort compared to a
previously published strain from Europe (MK792434). Labelling of nucleotides according to IUPAC
code. Length of bar scale of neighbour-joining tree indicating number of nucleotide exchanges.
The input multiple sequence alignment was created with Mega X.

3. Results

3.1. Frequent Occurrence of EqPV-H among German Thoroughbreds

We first investigated the frequency of EqPV-H infections among Thoroughbreds from the north
and west of Germany. A total of 392 serum samples from Thoroughbreds originating from Lower
Saxony and North Rhine-Westphalia were collected during an annual fertility monitoring and tested
for the presence of anti-EqPV-H-VP1 antibodies and EqPV-H DNA, respectively (Figure 1A). A total of
28 samples were tested positive for EqPV-H DNA (7.14%) via qPCR. We further evaluated the samples
for the presence of anti-VP1-antibodies using a previously described LIPS [17]. An elevated serum titre
of anti-EqPV-H-VP1 antibodies above the detection limit was present in 136 (34.69%) horses. Based on
these findings the individual horses were assigned to the following groups: DNA−/AB−; DNA−/AB+

and DNA+/AB+ (Figure 1B). Interestingly, no sample was positive for EqPV-H DNA only, indicating
no acute EqPV-H infections within the examined cohort.
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Figure 1. (A) Map of Germany highlighting the location of sampling (insert upper left). Serum
samples were collected from 392 Thoroughbreds in North Rhine-Westphalia and Lower Saxony.
Grey circles highlight the sample location and circle size is scaled to relative the number of
examined horses (see legend lower right). (B) Serum samples were analysed for the presence of
anti-equine parvovirus-hepatitis (anti-EqPV-H) VP1 AB and EqPV-H DNA performing luciferase
immunoprecipitation system (LIPS) and qPCR, respectively. Individual horses were assigned to
three different groups: Seronegative and EqPV-H DNA negative (DNA−/AB−; 65.3%), seropositive
and EqPV-H DNA negative (DNA−/AB+; 27.55%), and seropositive and EqPV-H DNA positive
(DNA+/AB+; 7.14%).

3.2. Viral Characteristics of EqPV-H-Positive Horses

Next, we characterized the distribution of viral loads in the study cohort showing three high-titre
samples with copy numbers above 5 × 104 DNA copies/mL (Figure 2A). For the anti-EqPV-H-VP1
antibodies, titres up to a 600-fold increase over the limit of detection were observed (Figure 2B).
Interestingly, DNA+/AB+ samples showed significantly higher titres of anti-VP1-antibodies as compared
to the DNA−/AB+ horses (Figure 2C). The 28 EqPV-H positive samples were further confirmed in a gel
electrophoresis of the qPCR products (Figure 2D). The highest viral loads were detected for samples 13,
14, 15, 20, and 23, respectively (Figure 2E). The highest anti-VP1-antibody levels were observed for
samples 10, 15, 16, 18, and 23 (Figure 2F).
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Figure 2. (A) Viral loads of EqPV-H (DNA copies/mL) were determined via qPCR (n = 392). Horses
with viral load of >175 copies/mL were considered EqPV-H DNA positive. (B) EqPV-H VP1 antibodies
were detected using a LIPS assay and the relative increase of RLU compared to an EqPV-H-negative
control sample was calculated (n = 392). (C) Comparison of relative EqPV-H VP1 antibody levels
between different groups: (Median values; DNA−/AB−, n = 256; DNA−/AB+, n = 108; DNA+/AB+,
n = 28). Statistical significance was determined using a one-way ANOVA with Dunnett’s post-hoc
test. (**** p < 0.0001). (D) Agarose gel electrophoresis of the qPCR product from DNA positive serum
samples (n = 28) and an EqPV-H-negative control sample. (E) Viral loads of EqPV-H as determined
by qPCR are displayed in DNA copies/mL. The dotted line indicates the limit of detection (mean +/−
SD, n = 3). (F) Evaluation of serum titres for anti-EqPV-H antibodies in EqPV-H DNA positive serum
samples determined by LIPS. RLU was normalised to the cut-off limit and is displayed as x-fold change.
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3.3. Age and Breeding History are Potential Risk Factors of EqPV-H Infection in Thoroughbreds

We next performed an analysis using data on age, breeding history, stock size of the stud farm,
and transportation to a foreign country to determine factors, which might be involved in promoting
EqPV-H and would identify natural routes of transmission. All results of the descriptive analysis are
shown in Figure 3, with detailed information provided in Table 1. By analysing the impact of the age
on EqPV-H infection, it became apparent that with increasing age, especially between 11–15 years,
the proportion of EqPV-H DNA positive and seropositive horses [DNA+/AB+] was elevated (Figure 3A).
In the group of 3–6-year-old horses approximately 14% were tested DNA positive and seropositive as
compared to 43% for the group of 11–15 and 25% for the group of 16–29-year-old horses (Figure 3A).
Likewise, a slight increase in the fraction of seropositive horses was observed upon increasing breeding
history (Figure 3B). Regarding the classification of the stud farm based on their stock size, no difference
between the different groups could be noted (Figure 3C). More horses were recruited from farms with
more than 40 horses (Table 1). Most of the sampled and analysed horses stayed in Germany and other
countries including Great Britain (n = 27), Ireland (n = 33), and France (n = 26). Importantly, travelling
history to another country was not associated with an increased risk for EqPV-H infection (Figure 3D
and Table 1).

 
Figure 3. Heatmaps displaying the occurrence of anti-EqPV-H VP1 AB and EqPV-H DNA with
regard to potential risk factors. The three groups based on the EqPV-H infection status were further
classified based on (A) age, (B) breeding history, (C) stock size of the stud farm, and (D) foreign country.
The colouring indicates the number of horses (in %) classified in the specific category. Each row adds
up to 100%.
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Table 1. General information regarding gender, age, breeding history, stock size, travel background, and
EqHV-coinfection of the equine serum samples collected from Thoroughbreds in North Rhine-Westphalia
and Lower Saxony.

Variables (n)

State of EqPV-H Infection

DNA−/AB+ (108) DNA+/AB+ (27) * DNA−/AB− (256)

n % n % n %

GENDER **

Mare (380) 106 98.15 26 92.86 248 96.88
Stallion (10) 2 1.85 8 3.12

AGE
3–6 years (78) 20 18.52 4 14.29 54 21.09

7–10 years (113) 30 27.78 5 17.86 78 30.47
11–15 years (129) 32 29.6 12 42.86 85 33.20
16–29 years (72) 26 24.07 7 25 39 15.23

NUMBER OF BREEDING YEARS

Not covered (9) 2 1.85 2 7.14 5 1.95
1 breeding year (68) 17 15.74 2 7.14 49 19.14
2 breeding year (80) 17 15.74 5 17.86 58 22.66
3 breeding year (113) 29 26.85 10 35.71 74 28.91
4 breeding year (112) 41 37.96 9 32.14 62 24.22

STOCK SIZE

1–9 horses (34) 4 3.70 4 14.29 26 10.16
10–39 horses (119) 35 32.41 9 32.14 75 29.30
>40 horses (239) 69 63.89 15 53.57 155 60.55

FOREIGN COUNTRY **

Great Britain (27) 10 9.26 2 7.14 15 5.86
Ireland (33) 8 7.41 3 10.71 22 8.59
France (26) 8 7.41 3 10.71 15 5.856

Germany (227) 67 62.04 12 42.86 148 57.81
Other (4) 1 0.93 0 0 3 1.172

EqHV-COINFECTION **

RNA−/AB+ (196) 60 55.57 12 44.45 124 48.44
RNA+/AB+ (41) 8 7.41 4 14.82 29 11.33
RNA−/AB− (152) 40 37.04 10 37.04 102 39.84

* Data regarding potential risk factors could only be obtained for 27 of the 28 DNA+/AB+ horses. ** Data regarding
gender, foreign country, and EqHV-coinfection could not be obtained for all the 392 horses.

In a recent study, we observed a frequent occurrence of equine hepacivirus (EqHV) infections
among the same cohort of Thoroughbreds with approximately 62% seropositive horses for EqHV
antibodies [18]. We surveyed whether an EqPV-H co-infection potentially favours an EqHV infection.
However, a similar prevalence of approximately 60% seropositivity for EqHV was observed among
all groups of horses, indicating that an EqHV infection does not predispose individual horses for an
EqPV-H infection (Table 1 and Figure S1). Overall, we observed an age dependent state of EqPV-H
infection and our results further suggest a slightly higher prevalence among horses with an extended
breeding history. In contrast, no correlation between the stock size of the stud farm and transportation
history to a foreign country could be observed indicating that neither acts as a predisposing factor for
an EqPV-H infection.

3.4. Sequence and Phylogenetic Analysis of EqPV-H Detected in Thoroughbreds

We next performed a molecular characterization of the EqPV-H DNA positive samples. A PCR (I)
was designed to amplify a region within the NS1 gene of EqPV-H and the obtained amplicons were
subjected to conventional Sanger sequencing. The obtained sequences were submitted to the GenBank
database with the accession numbers indicated in Table 2. Due to very low viral loads sequencing
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reactions could not be successfully performed for all samples (20/28 sequences for PCRI). The obtained
sequences were highly similar to a previously described EqPV-H sequence (Figure 4). As indicated
by the highlighter plot and the length of the tree branches, a high grade of genomic conservation is
found within the analysed cohort. Sequence identity with the previously described European strain
is ranging from 95% to 98% (Figure 4). In accordance with previous findings these results indicate a
high degree of conservation and genomic stability between the world-wide circulating strains and low
genetic variability of the EqPV-H strain.

Table 2. The newly identified specimens were submitted to the National Centre for Biotechnology
Information (NCBI) and were assigned to the following accession numbers. The sample ID refers to
Figure 2D–F.

Sample ID EqPV Sequence Name NCBI Accession Number

1 EqPV-H/VB1_518-1104nt MN184860
3 EqPV-H/VB3_518-1104nt MN184861
4 EqPV-H/VB4_518-1104nt MN184862

10 EqPV-H/VB10_518-1104nt MN184863
11 EqPV-H/VB11_518-1104nt MN184864
17 EqPV-H/VB17_518-1104nt MN184865
5 EqPV-H/VB5_518-1104nt MN184866

19 EqPV-H/VB19_518-1104nt MN184867
20 EqPV-H/VB20_518-1104nt MN184868
23 EqPV-H/VB23_518-1104nt MN184869
12 EqPV-H/VB12_518-1104nt MN184870
14 EqPV-H/VB14_518-1104nt MN184871
24 EqPV-H/VB24_518-1104nt MN184872
25 EqPV-H/VB25_518-1104nt MN184873
27 EqPV-H/VB27_518-1104nt MN184874
15 EqPV-H/VB15_518-1104nt MN184875

 
Figure 4. Highlighter plot displaying nucleotide exchanges in EqPV NS1 in the screened cohort
compared to a previously published strain from Europe (MK792434). Labelling of nucleotides according
to the International Union of Pure and Applied Chemistry (IUPAC) code. Length of bar scale of
neighbour-joining tree indicating number of nucleotide exchanges. The input multiple sequence
alignment was created with Mega X.

160



Viruses 2019, 11, 965

4. Discussion

In this cross-sectional study, we examined the prevalence of EqPV-H among almost 400
Thoroughbreds in northern and western Germany representing the first analysed European country.
Based on the information from the German Association for breeding and racing of Thoroughbreds
(Cologne), a total of 1450 brood mares and about 80 stallions were registered as breeding horses in
2014. Thus, we investigated about a quarter of the actively breeding Thoroughbreds in Germany and
the results can be considered representative for the region. We observed a frequent occurrence of
EqPV-H infections with 34.69% seropositive and 7.14% viraemic horses. The phylogenetic analysis
demonstrated a high level of conservation in NS1 sequences in comparison with the world-wide
circulating strains implying low levels of genetic variability. A detection of EqPV-H DNA with
concurrent absence of anti-EqPV-H-VP1 antibodies was not observed for any sample, indicating no
acute infection at the time of sampling. Of note, a cross-reaction in the LIPS assay with other potential
parvoviruses in the horse samples cannot fully be excluded. Previously, in the first report describing
the identification of EqPV-H a PCR prevalence in serum of 13% (13/100) was reported in the USA [15],
and in China the average prevalence was 11.9% (17/143) in racehorses [11]. Further prevalence studies
with larger cohorts from various continents are required for a more detailed epidemiology of EqPV-H.

We also performed a descriptive comparison between potential risk factors affecting EqPV-H
prevalence. Iatrogenic transmission of EqPV-H has been demonstrated by Divers et al. through the
administration of equine origin blood products [15], which should be confirmed ideally with a clonal
viral EqPV-H inoculum in future studies. Of note, the virus can also be transmitted to horses that
did not have such treatments [8]. The relative number of viraemic and seropositive horses in our
analysis was increased with advanced age, especially between 11 and 15 years of age, but also in the
group of 16–29-year-old horses compared to DNA−/AB− and DNA-/AB+ horses. Possible reasons
can be persistent humoral immunity or high risk of re-infection with longer living times. Due to the
study design, horses younger than three years were not included. Therefore, it is impossible to draw
a conclusion whether young foals in which the immune system is still maturing are at an increased
risk of infection. Stage of reproduction was additionally accompanied by slightly higher fraction of
EqPV-H infections. However, given that an extended breeding history mostly involves an advanced
age of the examined horse this observation might be due to an indirect correlation. Neither stock size
of the stud farm, transportation history to a foreign country, or an EqHV infection could be identified
as a predisposing factor.

Of note, our previous investigation of the same study cohort revealed that younger Thoroughbreds
transported abroad were at a higher risk to get infected with EqHV than horses at the same age staying
in Germany. It is described that transportation of horses [23–25] and a changing environment as well
as disruption of established social groups [26] can lead to a stress-induced immunosuppression, which
could favour viral transmission. This risk factor seems therefore not to be highly involved in the
susceptibility of horses to EqPV-H infections. Furthermore, equine hepacivirus co-infection was not a
determinant for increased EqPV-H infections. Recently, a high rate of co-infections of these two equine
viruses was also described in the prevalence report by Lu et al. from China [11]. As an additional way
of viral spreading, we also investigated the potential of vertical transmission of EqPV-H in a single case.
Postnatal serum samples were taken from a foal after delivery from an EqPV-H DNA positive and
anti-VP1-positive mare (Figure S2). Transfer of EqPV-H-specific antibodies to the foal via colostrum
could be observed, but no viremia was detected. The specific antibody transfer was expected, since the
colostrum represents the important route of antibody transfer in neonatal foals, whereas the placental
barrier hampers intrauterine transfer of macromolecules such as immunoglobulins from the mare to
the foetus [27].

In conclusion, these data revealed that Thoroughbreds from central Europe have a frequent
occurrence of anti-VP1 antibodies and EqPV-H DNA suggesting circulating EqPV-H infections in the
horse population, endemic herds, or persistent shedding. In addition, age and multiple breeding were
identified as potential risk factors for EqPV-H transmission.
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Supplementary Materials: The following are available online at http://www.mdpi.com/1999-4915/11/10/965/s1,
Figure S1: Correlation between EqPV-H and EqHV status of thoroughbreds. The EqPV-H status is displayed on
the abscissa with the EqHV status shown in four shades of grey. Data for EqHV RNA and seroprevalence were
obtained during a previous study [18]; Figure S2: Postnatal serum samples from a foal and an EqPV-H-positive
mare were evaluated for the presence of EqPV-H VP1 antibodies and DNA at the indicated times using a luciferase
immunoprecipitation (LIPS) assay and the relative increase of RLU compared to an EqPV-H-negative control
sample was calculated.
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Abstract: Papillomaviruses (PVs) have been identified in a wide range of animal species and are
associated with a variety of disease syndromes including classical papillomatosis, aural plaques, and
genital papillomas. In horses, 13 PVs have been described to date, falling into six genera. Using total
RNA sequencing (meta-transcriptomics) we identified a novel equine papillomavirus in semen taken
from a thoroughbred stallion suffering a genital lesion, which was confirmed by nested RT-PCR. We
designate this novel virus Equus caballus papillomavirus 9 (EcPV9). The complete 7656 bp genome
of EcPV9 exhibited similar characteristics to those of other horse papillomaviruses. Phylogenetic
analysis based on concatenated E1-E2-L2-L1 amino acid sequences revealed that EcPV9 clustered
with EcPV2, EcPV4, and EcPV5, although was distinct enough to represent a new viral species within
the genus Dyoiotapapillomavirus (69.35%, 59.25%, and 58.00% nucleotide similarity to EcPV2, EcPV4,
and EcPV5, respectively). In sum, we demonstrate the presence of a novel equine papillomavirus for
which more detailed studies of disease association are merited.

Keywords: equine papillomaviruses; horse; genital wart; phylogeny; evolution

1. Introduction

Equine papillomaviruses are small, non-enveloped viruses that comprise a circular and
double-stranded DNA genome of up to approximately 8 kb in length. These viruses are associated
with a variety of equine diseases including classical viral papillomatosis, genital papillomatosis, and
aural and genital plaques. To date, 13 species of papillomavirus have been documented to infect the
Equidae (horses and donkeys): Bos taurus papillomavirus 1 (BPV1) [1], 2 (BPV2) [1], and 13 (BPV13) [2],
Equus caballus papillomaviruses 1–8 (EcPV1–8) [3–8], and Equus asinus papillomaviruses 1–2 (EaPV1–2) [9].
These viruses are further classified into six genera based on the level of nucleotide sequence diversity
in the L1 gene. Notably, these viruses have been isolated from a variety of lesions (aural plaques,
genital masses, verrucous) and almost all seem to be associated with distinct pathologies (Table S1).
Herein, we describe the detection of a novel papillomavirus in a 12-year-old thoroughbred Australian
stallion using bulk RNA sequencing (meta-transcriptomics).

During the 2018 southern hemisphere serving season, the stallion experienced difficulty covering
mares, primarily manifest as apparent pain on ejaculation. A wart-like lesion, 1 cm in circumference,
was observed at the tip of the penis consistent with a genital papillomavirus lesion (Figure S1). Further
endoscopy and ultrasound excluded neoplasia with no evidence of further internal lesions.
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2. Materials and Methods

Sample Collection, RNA Sequencing and Virus Discovery

Two sets of urine and semen samples were collected from the stallion for microbiological
investigation, one set placed into a standard specimen container and the other stored in RNA later.
Because the nature of any causative pathogen was unknown, we employed a meta-transcriptomic
approach as this is able to detect any microbial species (i.e., bacteria, eukaryotes, viruses) as long as
sufficient expressed RNA is present. Accordingly, total RNA was extracted using the RNeasy plus
universal kit (QIAGEN, Chadstone Centre, Victoria, Australia), with RNA sequencing libraries then
constructed with the SMARTer Stranded total RNA-seq kit (TaKaRa, Clayton, Victoria, Australia).
RNA sequencing of 100 bp pair-end libraries on the Illumina NovaSeq platform yielded 84.54 Gb of
data (Table S2). All sequencing reads have been uploaded onto the NCBI Sequence Read Archive
(SRA) database under BioProject PRJNA552109.

RNA sequencing reads were quality trimmed and horse reads were subsequently removed by
mapping to the horse genome. To identify potential viral transcripts, non-horse reads from each library
were compared against the non-redundant nucleotide (nt) and non-redundant protein (nr) databases
using Blastn and Diamond blastx, respectively, with e-value thresholds of 1 × 10−10 and 1 × 10−4 [10],
and were then annotated by taxonomy. Reads from the virus-positive library were de novo assembled
using Megahit v1.1 [11,12]. Virus-associated contigs were extracted and assembled using Geneious
11.1.5 [13], followed by subsequent blast analysis against the NCBI nt database using BLASTn as
further confirmation.

3. Results and Discussion

3.1. Identification of a Novel Equine Papillomavirus

A 7605 bp genome sequence of a papilloma-like virus was identified in one semen library.
Prediction of open reading frames (ORFs) was performed using the ORF Finder tool at NCBI
(https://www.ncbi.nlm.nih.gov/orffinder/). A conserved domain search (https://pave.niaid.nih.gov/
#analyze/l1_taxonomy_tool) revealed that the L1 protein of the new virus exhibited the highest
nucleotide and amino acid identities with EcPV2, at 69.35% and 70.44%, respectively, indicative
of a novel papillomavirus. A novel Equus caballus papillomavirus 8 (EcPV8) associated with viral
plaques, viral papillomas, and squamous cell carcinoma has been recently described [14]. We therefore
refer to the novel equine papillomavirus described here as Equus caballus papillomavirus 9 (EcPV9,
GenBank accession number MN117918), in accordance with current guidelines for the classification of
papillomaviruses [15]. To obtain the full virus genome and to verify the sequence obtained from the
deep sequencing and assembly processes, overlapping primers were designed and nested RT-PCR was
performed. This resulted in the determination of a circular genome of 7656 bp in length. Remapping of
the sequence reads from this library revealed a maximum coverage of 3419X (Figure 1), corresponding
to an abundance of 152.97 RPM (reads mapped per million input reads).
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Figure 1. Genome organization of Equus caballus papillomavirus 9 (EcPV9). The external circles of the
metadata ring indicate the percentage GC content (brown), percentage nucleotide polymorphism (red),
and read coverage (yellow). The inner gray circle represents the genome, with colored regions showing
the predicted open reading frames (ORFs).

3.2. Genomic Properties and Evolutionary Relationships of EcPV9

The genome of EcPV9 has a GC content of 52.9% and the classic papillomavirus ORFs were
identified, encoding five early (E1, E2, E4, E6, and E7) and two late (L1 and L2) proteins, consistent with
other PVs (Figure 2). The predicted nucleotide and amino acid features are summarized in Figure 2 and
Table S3. The noncoding region (NCR) framed by the L1 stop and the E6 start codons comprised 680 nt
and exhibited one polyadenylation site (AATAAA) at nt 34. One E1 (TAGATCATTGTTAACAAC)
(nt 580), two SP1 (GGCGGG) (nt 5021 and 5084), and three NF1 (CGGAA) (nt 2247, 3144 and 5728)
binding sites were also predicted, although the AP1 (TGANTCA) binding site is absent (Figure 2;
Table S3). In addition, 16 typical E2 binding sites were identified comprising 8 true consensus sequences
(ACC-N6-GGT) and 8 putative consensus sequences (2 ACC-N4-GGT, 4 ACC-N5-GGT, 2 ACC-N7-GGT)
(Figure 2; Table S3). Such A/T rich N regions are commonplace in E2.

Two zinc-binding domain(s) (CXXC-X29-CXXC) were found in E6 (nt 708 and 937; amino acids 10
and 85) and one in E7 (nt 1201; aa 50), separated by 29 amino acids (Figure S2). No PDZ binding domain
(XS/TXV/L) was located at the C-terminus of the predicted EcPV9 E6 protein sequence (Figure S3), which
has been reported as a characteristic feature of high risk (i.e., pathogenic) HPV types in comparison to
low risk HPVs [16]. Notably, it was previously reported that a PDZ binding domain (XS/TXV/L) was
located at the C-terminus of the predicted EcPV-2 E6 protein sequence [8], which was not observed here
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(Figure S3). No putative pRB binding site (retinoblastoma tumor suppressor-binding domain) (LXCXE)
was identified in the putative EcPV9 E7 protein, consistent with all equine and dyoiotapapillomaviruses
determined to date [17,18], and the putative E4 protein showed a typical high proline content (12.8%,
18P/141 aa).

Figure 2. The genome of EcPV9 and three equine papillomaviruses from the genus Dyoiotapapillomavirus.
Open reading frames (ORFs) are shown at the top and colored according to their putative function.
Predicted nucleotide features are shown above and below each genome, using triangles and colored
according to different features. Predicted amino acid features are shown above each genome, using
down arrows and colored according to the feature in question. Sequences of E1 binding sites are
shown in the left box at the bottom with variable nucleotides shown in black type. True consensus E2
binding sites (ACC-N6-GGT) are colored black, while other putative E2 binding sites (ACC-N4-GGT,
ACC-N5-GGT, ACC-N7-GGT) are shown in blue, and the numbers of E2 binding sites within each
papillomavirus are shown in the left bottom box. Sequences of the ATP-dependent helicase motive and
nuclear localization signal are shown above each arrow.

We next performed pairwise alignments based on both nucleotide (nt) and amino acid (aa)
sequences for the seven viral ORFs. In the case of L1, which is currently used for classification, EcPV9
shared 69.35%, 59.25%, and 58.00% nucleotide similarity with EcPV2, EcPV4, and EcPV5, respectively
(Table 1). For E1, EcPV9 shared 62.20%, 51.12%, and 53.81% nucleotide similarity with EcPV2, EcPV4,
and EcPV5, respectively. Among the other ORFs, the nucleotide identities with EcPV2, EcPV4, and
EcPV5 were between 40.23% and 59.49%, with equivalent amino acid identities between 27.18% and
70.44% (Table 1).

To determine the evolutionary relationships of EcPV9, we inferred a phylogenetic tree based on
the concatenated alignment of four coding sequences (E1, E2, L2, and L1). Amino acid sequences
(concatenated E1-E2-L2-L1) of 13 equine PVs, as well as the type species of each of the 52 PV genera,
were aligned using the E-INS-I algorithm in the MAFFT v7 package [19]. A phylogenetic tree was then
estimated using the maximum likelihood method in PhyML 3.0 [20], incorporating the LG+Γ model
of amino acid substitution, a SPR branch-swapping algorithm, and 1000 bootstrap replications. This
analysis revealed that EcPV9 is clearly related to Dyoiota PVs—EcPV2, EcPV4, and EcPV5 (Figure 3).
Hence, this evolutionary analysis demonstrates that EcPV9 is a novel species within the genus
Dyoiotapapillomavirus, yet most closely related to EcPV2, classified as Dyoiotapapillomavirus 1.
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Figure 3. Phylogenetic relationships of EcPV9 to other papillomaviruses based on an analysis of
concatenated E1, E2, L2, and L1 amino acids sequences. EcPV9 is shown in red. The names of reference
sequences, that contain both the GenBank accession number and the virus species name, are shown
in black. Those papillomaviruses associated with horses are shown in a light blue background. The
names of previously defined genera are shown to the right of the phylogenies. The tree is mid-point
rooted for clarity and nodes supported by >70% of bootstrap replicates are indicated.
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Table 1. Comparison of sequence similarity based on nucleotide and amino acid sequences of 7 ORFs
with EcPV9 to EcPV2, EcPV4, and EcPV5.

EcPV9 EcPV2 (%) EcPV4 (%) EcPV5 (%)

E6
nt 52.85 42.93 44.17
aa 41.86 35.16 34.88

E7
nt 40.23 43.02 50.74
aa 33.04 27.18 33.98

E1
nt 62.20 51.12 53.81
aa 58.63 44.97 46.56

E2
nt 51.05 49.54 48.77
aa 42.79 35.31 36.38

E4
nt 49.32 40.83 42.19
aa 40.14 33.33 32.24

L2
nt 59.49 46.60 49.63
aa 59.17 42.55 45.07

L1
nt 69.35 59.25 58.00
aa 70.44 57.74 59.88

3.3. Disease Association

As no biopsy samples could be taken from this case, it is not possible to confidently determine its
significance in the observed pathologies. Nevertheless, the novel EcPV described here was extracted
from semen samples, collected when a wart-like lesion was visible on the tip of the penis (Figure S1),
and hence compatible with a disease syndrome caused by a papillomavirus. In addition, it was notable
that EcPV9 exhibited greatest sequence similarity with EcPV2, a major aetiologic agent of equine
squamous cell carcinoma (SCC) disease [8], again compatible with the idea that EcPV9 might also
be associated with papillomavirus-related malignancies in horses. Finally, our meta-transcriptomic
analysis identified no other likely microbial pathogen in any of the samples analyzed from this stallion.

In conclusion, we report the identification of a novel equine papillomavirus (genus
Dyoiotapapillomavirus) in a thoroughbred Australian stallion suffering a genital papilloma (“wart”),
highlighting the broad diversity of these viruses in horses. Further investigation of the clinical impact
of this virus on horse health is clearly merited.
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the genus Dyoiotapapillomavirus, Table S1: Equine associated papillomaviruses and their respective associated
disease/syndrome, Table S2: Information on the RNA sequencing libraries generated here, Table S3: Genomic
nucleotide and amino acid features of the genus Dyoiotapapillomavirus.
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Abstract: The objective of this study was to investigate the presence of equine coronavirus (ECoV) in
clinical samples submitted to a diagnostic laboratory in Ireland. A total of 424 clinical samples were
examined from equids with enteric disease in 24 Irish counties between 2011 and 2015. A real-time
reverse transcription polymerase chain reaction was used to detect ECoV RNA. Nucleocapsid, spike
and the region from the p4.7 to p12.7 genes of positive samples were sequenced, and sequence and
phylogenetic analyses were conducted. Five samples (1.2%) collected in 2011 and 2013 tested positive
for ECoV. Positive samples were collected from adult horses, Thoroughbred foals and a donkey foal.
Sequence and/or phylogenetic analysis showed that nucleocapsid, spike and p12.7 genes were highly
conserved and were closely related to ECoVs identified in other countries. In contrast, the region from
p4.7 and the non-coding region following the p4.7 gene had deletions or insertions. The differences
in the p4.7 region between the Irish ECoVs and other ECoVs indicated that the Irish viruses were
distinguishable from those circulating in other countries. This is the first report of ECoV detected in
both foals and adult horses in Ireland.

Keywords: equine coronavirus; Ireland; enteric disease

1. Introduction

Equine coronavirus (ECoV) is a positive-stranded RNA virus and belongs to the species
Betacoronavirus 1 in the genus Betacoronavirus [1,2]. The clinical signs associated with ECoV infection
during outbreaks in the USA [3] and Japan [4–6] were fever, anorexia, lethargy and diarrhoea. The same
clinical signs were also recorded in an experimental challenge study using Japanese draft horses [7].
The main transmission route is considered to be faecal–oral [7] and ECoV is usually detected in faecal
samples. However, the molecular detection of ECoV in faeces from horses with diarrhoea, does not
prove causation. Coronaviruses can cause both enteric and respiratory disease in many avian and
mammalian species but ECoV is less likely to be found in respiratory secretions than in faeces [8,9].

Both molecular and seroepidemiology studies suggest that ECoV may be more prevalent in the
USA than in other countries [10]. ECoV was detected in samples collected from equids in 48 states of
the USA [11]. In central Kentucky, approximately 30% of both healthy and diarrheic Thoroughbred
foals were infected with ECoV [12]. All of the qPCR positive foals with diarrhoea were co-infected with
other pathogens such as rotavirus or Clostridium perfringens, suggesting that there was potential for
ECoV to be over-diagnosed as a causative agent in complex diseases. In contrast in Japan, although an
outbreak of diarrhoea occurred among ECoV-infected draft horses at one racecourse [4–6], there have
been no similar outbreaks subsequently, and all rectal swabs collected from diarrheic Thoroughbred
foals were negative. Furthermore, only 2.5% of the rectal swabs collected from healthy foals in the
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largest Thoroughbred horse breeding region in Japan were positive for ECoV [13]. In France, 2.8%
of 395 faecal samples and 0.5% of 200 respiratory samples collected in 58 counties tested positive for
ECoV [9]. Similar to the reports from Japan and France, a low prevalence of ECoV was also observed in
the UK [14], Saudi Arabia and Oman [15]. The objective of this study was to investigate the presence of
ECoV in clinical samples submitted to a diagnostic laboratory in Ireland. The samples were tested by
real-time reverse transcription polymerase chain reaction (rRT-PCR) as it has been shown to be the most
sensitive diagnostic method for ECoV [16] and is routinely employed as an alternative to virus isolation
in diagnostic laboratories worldwide, both for timely diagnosis and in epidemiological studies [9,10].
Virus isolation and biological characterisation were beyond the capacity of this study, which was
similar in scope to that of the studies in horse populations in the USA, Europe and Asia [8,9,13,14].

2. Materials and Methods

Faecal samples and rectal swabs collected from equids with enteric disease were included in this
study. Samples were collected in 24 Irish counties between 2011 and 2015. All samples (65 in 2011,
69 in 2012, 97 in 2013, 97 in 2014 and 96 in 2015) were stored at −80 ◦C prior to testing by rRT-PCR.
Faecal samples were diluted 1:10 in phosphate buffered saline (PBS), and rectal swabs were immersed
in PBS. The suspensions were clarified by centrifugation at 2000 × g for 10 min, and viral RNA was
extracted from the supernatant using the LSI MagVet Universal Isolation Kit (Thermo Fisher Scientific,
Cambridge, MA, USA).

The rRT-PCR assay was performed as previously described using a primer set targeting the
nucleocapsid (N) gene (ECoV-380f, ECoV-522r and ECoV-436p) [3] (Table 1) and AgPath-ID One-Step
RT-PCR Kit (Thermo Fisher Scientific, MA, USA) according to the manufacturer’s instructions. To prove
that the extraction was successful and that there was no inhibition during rRT-PCR amplification, an
internal positive control primer/probe (PrimerDesign, Southampton, UK) was added to the master mix.
Thermal cycling conditions were; 48 ◦C for 10 min and 95 ◦C for 10 min, followed by 40 cycles at 94 ◦C
for 15 s and 60 ◦C for 45 s.

Table 1. Primers and probe for rRT-PCR and sequencing primers.

Primer Name Sequence 5′-3′ Use Target Reference

ECoV-380-F TGGGAACAGGCCCGC PCR Nucleocapsid [3]
ECoV-522-R CCTAGTCGGAATAGCCTCATCAC

ECoV-436-probe TGGGTCGCTAACAAG

ECoV-N-F TCAGGCATGGACACCGCATTGTT Sequencing Nucleocapsid [4]
ECoV-N-R CCAGGTGCCGACATAAGGTTCAT

ECoV-S1-F CAATGCCTTTATGGCTTGGT Sequencing Spike Gene [9]
ECoVS1-R AAACTCGGAAGGGATCTGAA

ECoV-p4.7-F TAATCGGCCTTGCTGGTGTAGC Sequencing p4.7 to p12.7 genes Oue (personal
communication)

ECoV-p4.7-R GCTTCATCAGCAGTCCAGGTA

The SuperScript III One-Step RT-PCR System with Platinum Taq High Fidelity (Thermo Fisher
Scientific, MA, USA) was used for sequencing analysis of two of the five ECoV samples identified. There
was inadequate viral nucleic acid in the other three samples for sequencing. The primer sets used to
amplify the nucleocapsid (N) gene [4], the partial spike (S) gene [9], and the region from the p4.7 to p12.7
genes of non-structural proteins (Oue, personal communication) are shown in Table 1. The RT-PCR
products were sequenced commercially by GATC Biotech (Cologne, Germany). Sequence analysis
was performed using the BLAST and CLUSTALW programs, and Vector NTI Advance 11.5 software
(Thermo Fisher Scientific, MA, USA). Phylogenetic analysis of nucleotide sequences was conducted with
MEGA software Version 5.2 [17]. A phylogenetic tree was constructed based on nucleotide sequences
of the K2+G (N gene) and TN93 (S gene) using the maximum likelihood method. MEGA software
was used to select the optimal substitution models. Statistical analysis of the tree was performed with
the bootstrap test (1000 replicates) for multiple alignments. The complete genome sequences of NC99
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(EF446615) [2], Tokachi09 (LC061272), Obihiro12-1 (LC061273) and Obihiro12-2 (LC061274) [1], the N
(AB671298) and S (AB671299) genes of Obihiro2004, the N gene of Hidaka-No.61/2012 (LC054263) and
Hidaka-No.119/2012 (LC054264) [13], the S gene of ECoV_FRA_2011/1 (KC178705), ECoV_FRA_2011/2
(KC178704), ECoV_FRA_2012/1 (KC178703), ECoV_FRA_2012/2 (KC178702) and ECoV_FRA_2012/3
(KC178701) [9] were used in sequence and/or phylogenetic analysis.

The accession numbers registered in GenBank/EMBL/DDBJ are as follows: the complete sequences
of the N gene; 11V11708/IRL (LC149485) and 13V08313/IRL (LC149486), the partial sequences of the S
gene; 11V11708/IRL (LC149487) and13V08313/IRL (LC149488) and the complete sequences from the
p4.7 to p12.7 genes; 11V11708/IRL (LC149489) and13V08313/IRL (LC149490).

3. Results

Five samples (11V11708/IRL/2011 and 11V06761/IRL/2011 collected in 2011, and 13V08313/IRL/2013,
13V08314/IRL/2013 and 13V07530/IRL/2013 collected in 2013) tested positive for ECoV. All samples
collected in 2012, 2014 and 2015 tested negative. Sample 11V11708/IRL/2011 was collected in November
2011 from a donkey foal in County Cork. Samples 13V08313/IRL/2013 and 13V08314/IRL/2013 were
collected on the same day in April 2013 from adult horses on a farm in County Clare. At the time
of sample collection, both horses were described as having mild diarrhoea for 24 to 48 h. This
resolved within a week. Samples 11V06761/IRL/2011 and 13V07530/IRL/2013 were collected in County
Kildare from diarrheic foals on two separate premises in March 2011 and April 2013, respectively.
One six-week-old foal was the only clinical case on a public Thoroughbred stud farm with approximately
30 mares when it presented with diarrhoea. Recovery took over three weeks during which it received
fluid therapy, probiotics, antiulcer medication and antibiotics. The second foal was a 14-day-old filly,
which had been hospitalised with diarrhoea two days prior to sample collection. The foal responded
well to supportive treatment and at the time of sample collection, the diarrhoea had resolved. The five
ECoV positive samples tested negative for equine rotavirus.

The nucleotide sequences of the complete N gene, the partial S gene and the region from the p4.7
to p12.7 genes of two positive samples (11V11708/IRL/2011 and 13V08313/IRL/2013) were determined.
The nucleotide identities of the N and S genes of the two Irish ECoVs were 99.8% (1338/1341 nucleotides)
and 99.5% (650/653 nucleotides), respectively. The nucleotide identities of the N gene of the two Irish
ECoVs and the ECoVs from other continents are summarised in Table 2.

Phylogenetic analysis was performed for the nucleotide sequences of the complete N and partial
S genes (Figure 1). The analysis for the N gene showed that Irish ECoVs were independently clustered
although they were closely related to Japanese viruses identified after 2009. In the phylogenetic tree of
the S gene, Irish ECoVs were closely related to all other ECoVs analysed.

The length of the region from the p4.7 to p12.7 genes in the two viruses was 544 base pairs.
Compared with NC99, Irish ECoVs, had a total of 37 nucleotide deletions within p4.7 and the
non-coding region following the p4.7 gene. Compared with Obihiro 12-1 and 12-2, Irish ECoVs had a
three-nucleotide insertion. When compared with Tokachi09, the Irish ECoVs had a 148-nucleotide
insertion (see Figure S1). The p12.7 gene of the two Irish ECoVs did not have deletions or insertions,
and the nucleotide identities were 98.8–99.7% between these viruses and the other ECoVs (NC99,
Tokachi09, Obihiro12-1 and Obihiro12-2).
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Table 2. Nucleotide sequence identities of Irish ECoVs and ECoVs from other continents.

Nucleotide Identities (%) of Nucleocapsid Gene to:

Name 11V11708/IRL 13V08313/IRL NC99 Obihiro2004 Tokachi09

Accession No. LC149485 LC149486 EF446615 AB671298 LC061272

11V11708/IRL - 99.8 98.1 98.6 99.2

13V08313/IRL 99.8 - 98.3 98.7 99.4

Name Obihiro12-1 Obihiro12-2 Hidaka-No.61/2012 Hidaka-No.119/2012

Accession No. LC061273 LC061274 LC054263 LC054264

11V11708/IRL 99.3 99.4 99.5 99.2

13V08313/IRL 99.6 99.6 99.7 99.4

Nucleotide Identities (%) of Spike Gene to:

Name 11V11708/IRL 13V08313/IRL NC99 Obihiro2004 Tokachi09 Obihiro12-1

Accession No. LC149487 LC149488 EF446615 AB671299 LC061272 LC061273

11V11708/IRL - 99.5 99.7 98.9 98.6 99.4

13V08313/IRL 99.5 - 99.5 98.8 98.5 99.2

Name Obihiro12-2 FRA_2011/1 FRA_2011/2 FRA_2012/1 FRA_2012/2 FRA_2012/3

Accession No. LC061274 KC178705 KC178704 KC178703 KC178702 KC178701

11V11708/IRL 99.5 99.5 98.6 99.4 99.5 99.5

13V08313/IRL 99.4 99.3 98.4 99.3 99.3 99.3

Figure 1. Phylogenetic analysis of the nucleotide sequences of the complete nucleocapsid (a) and the
partial spike (b) genes of equine coronavirus. Closed circles indicate two of the equine coronaviruses
detected in Ireland (11V011708 and 13V03813). The percentage bootstrap support is indicated by the
value at each node; values <70% are omitted. Scale bars indicate nucleotide substitutions per site.
BCoV (Bovine coronavirus) Kakegawa strain is used as an out-group.
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4. Discussion

This study provides the first report of ECoV circulating in Ireland, the third European country
with a significant horse industry where the virus has been detected in horses with enteric disease.
However, detection of ECoV in faeces samples from horses with enteric disease does not prove
causation. In this study, 424 samples collected between 2011 and 2015 from equids with enteric disease
were tested, and only five samples (1.2%) were positive for ECoV. The inclusion of an internal positive
control in the rRT-PCR eliminated the possibility of false negative results due to the presence of PCR
inhibitors but the high content of nucleases associated with faeces samples may have caused some
RNA degradation. However, this low prevalence of ECoV is similar to that identified in France [9] and
among Thoroughbred foals in Japan [13].

Although ECoV has been identified on three continents, little is known about the genetic and
pathogenic diversity in field viruses. In this study, sequence and phylogenetic analysis (Figure 1)
demonstrated a high level of homology between viruses detected in a donkey and a horse in two
provinces in Ireland in different years. This suggests that Irish ECoVs may have low genetic diversity.
Compared with the ECoVs of other countries, the N, S and p12.7 genes of the two Irish viruses were
highly conserved. In contrast, the region from p4.7 and the non-coding region following the p4.7 gene
had deletions or insertions (Figure S1). Because of polymorphism in this region, this region could be
useful for epidemiological investigation [5]. The differences in the p4.7 region between the Irish ECoVs
and other ECoVs indicated that the viruses in Ireland may be distinguishable from those circulating
in other countries. The positive samples were collected in November (1), March (1) and April (3)
in this study. Higher case numbers are identified in the USA during the colder months (October to
April) [11], and our results were consistent with the circulation period in USA. It has been reported
that outbreaks mainly occurred among adult riding, racing and show horses in USA [11]. The choice of
cases to include in the current study may not have been optimal for detection of ECoV as the majority
of samples were from foals. However, two positive samples were collected from adult horses in a
combined riding school/show jumping yard in the West of Ireland. At the time of sample collection in
April 2013, the monthly mean temperatures were below long-term average and in parts of the West,
were the coldest in 24 years [18]. Cold weather may have been a predisposing factor to the ECoV
infection on the farm.

Two positive samples were collected from Thoroughbred foals. A faeces sample collected from
one foal with severe watery diarrhoea and inappetance was positive for ECoV but a sample collected
three days later tested negative. A potential difficulty in detecting ECoV from naturally infected horses
has been noted previously as serial samples from seven sick horses in the USA suggested that ECoV
only persisted for three to nine days in faeces [3]. In both cases, the diarrhoea may have been caused
by other unidentified coinfecting pathogens as has been suggested by investigators in the USA [12].

This is the first report of ECoV detection in faeces samples from both foals and adult horses in
Ireland. The viruses identified in Ireland are genetically closely related to the Japanese viruses and the
results of this study give no indication of significant genetic or phenotypic diversity. In recent years,
there has been an increase in awareness and testing for ECoV in the USA and elsewhere [10]. Horse
breeding and racing activities in Ireland are the most prominent and important of any country on a per
capita basis. There are over 50 Thoroughbred horses per 10,000 of population in Ireland, compared to
between three and five for Great Britain, France and the USA [19]. Thus, an investigation of ECoV in
Ireland is pertinent not only to increase awareness nationally of the epidemiology of the virus and
promote discussion on its clinical importance, but also to inform the industry globally of the health
status of Irish horses. Ireland exports horses all over the world. By illustration, in 2016 the country
was the second biggest seller of bloodstock at public auctions second only to the USA [19].

Many questions remain with regard to the clinical significance of ECoV. The outbreak at a
draft-horse racetrack in Japan in 2009 affected 132 of approximately 600 horses and resulted in
non-starters and the implementation of movement restrictions [4]. However, draft horses appear to
have a higher infection rate than other breeds and an outbreak of similar severity has not been reported
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in Thoroughbred racehorses [10,20]. The much higher incidence of ECoV positive Thoroughbred
foals identified in Kentucky compared to similar populations internationally suggests an increased
susceptibility to ECoV infection in that population. In the past, specific environmental factors were
associated with extensive reproductive loss in the Kentucky area and to a lesser extent in other
states [21], but predisposing regional factors such as differences in management, environment or
husbandry have not been identified for ECoV. It has been suggested that ECoV is a coinfecting agent in
foals with diarrhoea and clinical infections have predominantly been reported in adult horses with a
mono-infection with EcoV [10]. There was no indication from the results of this study that coronavirus
is a major cause of diarrhoea in Irish horses but the introduction of rRT-PCR as a routine diagnostic test
will assist in elucidating the significance of this virus to the Irish breeding, racing and sports industries.
The primary focus in future will be on testing adult horses that present with anorexia, lethargy, fever
and changes in faecal character as a significant association has been demonstrated between this clinical
status and molecular detection of ECoV in faeces [11].
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Figure S1: Alignment of the nucleotide sequences of the region from the p4.7 to p12.7 genes of the ECoV NC99,
Tokachi09, Obihiro12-1, Obihiro12-2, 11V11708/IRL/2011 and 13V08313/IRL/2013. Minus signs (−) show missing
nucleotides and asterisks (*) show conserved nucleotides.
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Abstract: Equine coronavirus (ECoV) is considered to be involved in enteric diseases in foals. Recently,
several outbreaks of ECoV infection have also been reported in adult horses from the USA, France
and Japan. Epidemiological studies of ECoV infection are still limited, and the seroprevalence of
ECoV infection in Europe is unknown. In this study, an indirect enzyme-linked immunosorbent assay
(ELISA) method utilizing ECoV spike S1 protein was developed in two formats, and further validated
by analyzing 27 paired serum samples (acute and convalescent sera) from horses involved in an
ECoV outbreak and 1084 sera of horses with unknown ECoV exposure. Both formats showed high
diagnostic accuracy compared to virus neutralization (VN) assay. Receiver-operating characteristic
(ROC) analyses were performed to determine the best cut-off values for both ELISA formats, assuming
a test specificity of 99%. Employing the developed ELISA method, we detected seroconversion in
70.4% of horses from an ECoV outbreak. Among the 1084 horse sera, seropositivity varied from
25.9% (young horses) to 82.8% (adult horses) in Dutch horse populations. Further, sera of Icelandic
horses were included in this study and a significant number of sera (62%) were found to be positive.
Overall, the results demonstrated that the ECoV S1-based ELISA has reliable diagnostic performance
compared to the VN assay and is a useful assay to support seroconversion in horses involved with
ECoV outbreaks and to estimate ECoV seroprevalence in populations of horses.

Keywords: equine coronavirus; spike S1 protein; ELISA; virus neutralization; seroprevalence

1. Introduction

Coronaviruses (CoVs) are enveloped, positive single-stranded RNA viruses that belong to the
subfamily Orthocoronavirinae in the family Coronaviridae of the order Nidovirales. They are classified into
four genera (alpha-, beta-, gamma- and deltacoronavirus) and infect both mammalian and avian hosts [1,2].
Equine coronavirus (ECoV) belongs to Betacoronavirus 1 species, within the Embecovirus subgenus of
the Betacoronavirus genus, as does human coronavirus OC43, HKU1 and bovine coronavirus [3]. ECoV
was isolated for the first time from a two-week-old diarrheic foal in North Carolina (USA) in 1999,
suggesting the role of ECoV in causing enteric disease [4]. Since 2010, several cases of ECoV infections
have also been reported in adult horses from the United States, Europe and Japan [5–9]. Equine
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coronavirus has been detected in fecal samples from horses with clinical signs that included anorexia,
lethargy, fever and, less frequently, diarrhea, colic and neurologic deficits [10,11]. The morbidity rate
varies from 10% to 83% during outbreaks. Mortality is low and has been related to endotoxemia,
septicemia or hyperammonemia-associated encephalopathy [12,13]. The outbreaks in adult horses
demand further studies on the pathogenesis and epidemiology of ECoV infections. For this, diagnostic
assays with high sensitivity and specificity are crucial.

ECoV is known to be associated with enteric infections but can also be detected in a small
percentage of horses with respiratory signs. Virus shedding can be observed in fecal samples or nasal
swabs from sick horses as well as healthy horses, but with a strong association between clinical signs
assumed to be related to ECoV infection and virus detection in fecal samples suggesting a possible
etiological role of ECoV [10,14]. Recently, real-time quantitative PCR (qPCR) methods have been
established and were shown to be able to detect ECoV in feces efficiently. However, ECoV viral nucleic
acid is generally only detectable by qPCR within a limited timeframe of 3–9 days post infection, as
reported from both field and experimental studies [6,7,12,15]. On the other hand, serological assays
can be used to support the diagnosis of a clinical ECoV infection by showing seroconversion or a
significant increase in antibody titer in paired serum samples. Serological assays are also needed to
gain more insight into the transmission rate of infection within animal populations [16]. Antibodies
induced by betacoronaviruses persist in blood for a longer period after infection [17,18]. The virus
neutralization (VN) assay has long been used as a gold standard to confirm serological responses to
coronavirus infections [19–21]. Although the VN assay is highly specific for the detection of antibodies,
it is also time-consuming and laborious to perform. Alternative high-throughput serologic assays
that correlate well with neutralizing antibodies are therefore needed. Severe infections of ECoV have
been shown to be associated with high viral load, but mild or asymptomatic infections may occur
with low levels of virus replication being negative in PCR and with variable immune responses [12].
Consequently, specific, sensitive and high-throughput serodiagnostic methods are necessary to avoid
the underestimation of prevalence in surveillance studies.

The spike protein (S) of coronaviruses is the key mediator in virus cell entry and therefore the
major target for neutralizing antibodies. The S ectodomain consists of two functionally interdependent
subunits, S1 and S2. The N-terminal S1 subunit is responsible for receptor binding, while the C-terminal
S2 subunit mediates membrane fusion [22,23]. The S1 subunit is the most variable immunogenic antigen
among coronaviruses, and therefore it is an ideal candidate for the detection of CoV species-specific
antibodies [24,25]. The objective of the study was to develop and validate an ELISA method for the
detection of specific antibodies to ECoV and provide a tool for the diagnosis and the future estimation
of ECoV prevalence and incidence in various equine (sub) populations.

2. Materials and Methods

2.1. Equine Serum Panels

A total of 1138 equine serum samples were included in this study. The details of serum panels
A–H (n = 1084) are shown in Table 1. They were retrieved from the serum bank at GD Animal health
Deventer, the Netherlands. All of them were collected for the monitoring of other diseases independent
to this study, and their ECoV exposure status was unknown. With the exception of panel H (collected
from Iceland), all serum samples from panel A to G were collected from horses in the Netherlands.
Additionally, panel I included 27 paired (acute- and convalescent-phase) serum samples that were
collected during an ECoV outbreak in the USA (2014). All samples were stored at −20 ◦C until tested.

2.2. Cells and Virus

ECoV strain NC99 was propagated and titrated in human rectal adenocarcinoma (HRT-18G) cells.
HRT-18G cells and human embryonic kidney 293 cells stably expressing the SV40 large T antigen
(HEK-293T) were maintained in Dulbecco modified Eagle medium (DMEM, Lonza, Basel, Switzerland)

182



Viruses 2019, 11, 1109

containing glutamine and supplemented with 10% fetal bovine serum (FBS, Bodinco, Alkmaar, The
Netherlands), penicillin (100 IU/mL), and streptomycin (100 μg/mL).

The ECoV NC99 and HRT-18G were obtained from Dr. Udeni B.R. Balasuriya, School of Veterinary
Medicine, Louisiana State University, USA [3,4].

2.3. Plasmids Design and Protein Expression

The sequence of the S1 subunit of the spike protein of the ECoV NC99 strain (residue 1–762 of the
amino acid sequence) was derived from Genbank (Genbank No.: EF446615.1). Human codon-optimized
sequences encoding the ECoV S1 subunit were synthesized and fused to the Fc domain of mouse
IgG2a, which was subsequently cloned into the pCAGGS mammalian expression vector as described
before [26]. For ECoV S1-Fc protein production, expression plasmid was transfected into HEK-293T
cells using polyethyleneimine (Polysciences, Inc., Warrington, PA, USA) in a ratio of 1:10. After 6 h of
incubation, the transfection medium was removed and replaced by 293 SFM II expression medium
(Gibco®, Life Technologies Inc., Grand Island, NY, USA). At six days post transfection, cell culture
supernatants were harvested and the soluble S1 was purified from the culture medium using Protein A
Sepharose beads (GE Healthcare Bio-Sciences AB, Uppsala, Sweden). Subsequently, the proteins were
eluted using 0.1M citric acid, pH 3.0, and immediately neutralized with 1 M Tris-HCl, pH 8.8. The purity
and integrity of proteins were analyzed by sodium dodecyl sulphate polyacrylamide gel electrophoresis
(SDS-PAGE) and stained with GelCodeBlue stain reagent (ThermoFisher Scientific Inc., Waltham, MA,
USA). Purified proteins were quantified by Nanodrop spectrophotometry (ThermoFisher Scientific Inc.,
Waltham, MA, USA) and by sodium dodecyl sulphate polyacrylamide gel electrophoresis (SDS-PAGE)
with bovine serum albumin (BSA) as standard, then stored at −80 ◦C until further usage.

2.4. Virus Neutralization (VN) Assay

Equine sera (n = 231) were randomly selected from different serum panels (A–D) and tested for
neutralizing antibody titers in an ECoV VN assay. Heat-inactivated equine sera (56 ◦C for 30 min) were
serially diluted 2-fold in DMEM supplemented with 2% fetal bovine serum and mixed with an equal
volume of ECoV NC99 strain (100 50% tissue culture infective doses (TCID50)/well) in 96-well cell
culture plates (Corning Inc., Kennebunk, ME, USA). Virus–serum mixtures were incubated at 37 ◦C for
60 min. Then 100 μL of the virus–serum mixture was added in duplicate to HRT-18G cells monolayers
in 96-well cell culture plates. At six days post infection, a clear cytopathic effect (CPE) was observed
and the virus neutralization titers (VNT) were determined. The VNT of sera were expressed as the
reciprocals of the highest serum dilution that resulted in 90% neutralization of CPE. A titer of ≥8 was
considered to be positive.

2.5. ECoV S1 ELISA Development

Two different formats were developed employing ECoV S1 protein, a so-called wet format ELISA
(wELISA) and a dry format ELISA (dELISA).

2.5.1. ECoV S1 Wet Format ELISA (wELISA)

High-binding microtiter plates (Greiner Bio-one BV, Alphen aan den Rijn, The Netherlands) were
coated with ECoV S1 protein (100 μL per well) in phosphate buffered saline (PBS, pH 7.4) overnight at
4 ◦C. The optimal protein amount and dilution of secondary antibody conjugate were determined by
checkerboard titration. The protein concentration in use was 0.25 μg/mL. After three washes with PBS
containing 0.05% Tween-20 (PBST), the plates were blocked with PBST containing 5% milk powder
(Protifar, Nutricia, Zoetermeer, The Netherlands) for 2 h at 37 ◦C. Following blocking, plates were
incubated with serum samples diluted 1:200 in PBST containing 5% milk powder for 1 h at 37 ◦C. After
a washing step, 100 μL/well 1:20,000 diluted horseradish peroxidase (HRP)-conjugated goat anti-horse
IgG (H&L) (Abnova, Taiwan, China) was added to detect bound antibodies and plates were incubated
for 1 h at 37 ◦C. Subsequently, the plates were washed, and the peroxidase reaction was then visualized
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via incubating plated with TMB Super Slow One Component HRP Microwell Substrate (BioFX®,
Surmodics IVD, Inc., Eden Prairie, MN, USA) for 10 min at room temperature. The reaction was
stopped by adding 12.5% sulfuric acid (H2SO4 (VWR International BV, Amsterdam, The Netherlands))
and optical densities (OD) were immediately measured at 450 nm using an ELISA microplate reader
(BioTek Instruments, Inc., Winooski, VT, USA). All serum samples were tested in duplicate.

2.5.2. ECoV S1 Dry Format ELISA (dELISA)

High-binding microtiter plates (Greiner Bio-one BV, Alphen aan den Rijn, The Netherlands)
were coated with ECoV S1 protein (100 μL per well) in ammoniumcarbonate solution (9.8 g/L (VWR
International BV, Amsterdam, The Netherlands)) overnight at 4 ◦C. Then 100 μL/well blocking solution
(9.8 g/L ammoniumcarbonate + 4 g/L caseine (VWR International BV, Amsterdam, The Netherlands) +
20 g/L sucrose (Merck and Co., Inc., Kenilworth, NJ, USA)) was added and plates were incubated for
one hour at room temperature. Subsequently, the contents of the plates were discarded, and plates
were dried for four hours at 37 ◦C, vacuum sealed and stored at 4–8 ◦C. The optimal protein amount
and dilution of secondary antibody conjugate were determined by checkerboard titration. The protein
concentration in use was 0.13 μg/mL. Plates were incubated with serum samples 100 μL per well and
diluted 1:200 in PBS + 0.05% Tween-20 + 2.5% dry milk (Bio-Rad Laboratories, Inc., Hercules, CA, USA)
for 1 h at 37 ◦C. After a washing step (five times with PBST 300 μL/well on a Biotek automatic washing
station), 100 μL per well 1:60,000 diluted horseradish peroxidase (HRP)-conjugated goat anti-horse IgG
(H&L) (Abnova, Taiwan, China) was added to detect bound antibodies and incubated for 1 h at 37 ◦C.
Subsequently, the plates were washed again using the same washing procedure and the peroxidase
reaction was then visualized by incubating plates with TMB (IDEXX Laboratories, Westbrook, NJ,
USA) for 15 min at room temperature. The reaction was stopped by adding 50 μL/well sulfuric acid
(H2SO4 0.5 M (VWR International BV, Amsterdam, The Netherlands)) and optical densities (OD)
were immediately measured at 450 nm using an ELISA microplate reader (BioTek Instruments, Inc.,
Winooski, VT, USA). All serum samples were tested in duplicate. S/P values were calculated with the
formula: S/P = (OD Sample-OD Negative control)/(OD Positive control-OD Negative control).

2.6. Statistical Analysis

The correlation between OD values scored with two ELISA formats was measured by the Pearson
correlation coefficient using Graph Pad Prism, version 7. The discriminating power of the two different
ELISA formats was analyzed by performing receiver operator characteristic (ROC) analysis with 231
sera, which 94 were negative (VNT < 8) and 137 were positive (VNT ≥ 8). The cut-off value, diagnostic
specificity and sensitivity were determined by ROC analysis using Sigmaplot. A minimum specificity
of 99% was chosen for the selection of cut-off values. Additionally, the reproducibility of assays was
evaluated by testing three samples with different OD values. Inter-assay coefficients of variation (CV)
and intra-assay CV were determined testing each sample in triplicate on three different plates in three
different runs and within the same plate, respectively.

3. Results

3.1. Determination of Neutralizing Antibodies

To identify equine sera containing ECoV-neutralizing antibodies, we screened a subset of 231
equine sera, composed of randomly selected serum samples from panels A–C, and all samples from
panel D were screened in the VN assay. Of the 231 sera, 94 sera were tested as negative (titers < 8) and
137 positive samples (titers ranging from 8 to 4096).

Additionally, paired samples from 27 horses (n = 54, panel I) were tested in the VN assay. Twenty
out of 27 sera collected from the first time point exhibit titers ranging from 12 to 2048. The convalescent
serum samples were collected 21–28 days following the first round of sample collections, and all of
them showed neutralization responses with titers ranging from 16 to 4096. Within these horses, seven
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of them showed seroconversion and 14 showed a significant (4-fold or greater: 2log2) increase in titer
in the VN assay. To confirm the presence of ECoV specific IgG in Icelandic horses, 24 horse sera with
positive ECoV S1 ELISA results (in panel H, S/P value > 0.5) were tested in ECoV neutralization assays.
All of them had neutralizing antibodies with titers varying between 32 and 768.

3.2. Development of ECoV S1 ELISA

Besides the conventional wet ELISA format (wELISA) for general laboratory usage, a dry
standardized ELISA format (dELISA) was also developed and validated to facilitate implementation
as routine diagnostic method in different laboratories and possibly wider application as an ELISA
kit. Both ELISA formats were developed for the detection of ECoV-specific antibodies in horse serum
samples. The diagnostic performance of both ELISAs was evaluated using a subset of 231 horse sera
with known VN results as described above. The Pearson correlation coefficient was calculated to
assess the correlation between the OD values obtained with the two ELISA formats (Figure 1). Results
indicate that OD values obtained with both ELISAs show a high degree of correlation, with correlation
and regression coefficients close to 1 (R2 = 0.939, regression coefficient = 0.9513, p < 0.0001). Thus, the
performance of both ELISA formats is very similar.

Figure 1. Correlation between optical density (OD) values obtained with wet format ELISA (wELISA)
and dry format ELISA (dELISA).

Subsequently, the discriminating power of the wELISA and dELISA was evaluated via receiver
operator characteristic (ROC) analysis. The ROC curves were plotted based on the previous classification
of 231 sera into negative and positive by VN assays (Figure 2A,B). Then the optimal cut-off values,
diagnostic specificity and sensitivity of both ELISA formats were determined by the established ROC
curves. The ELISA results of the VNT-positive and negative samples are shown in Figure 2C,D. The
diagnostic accuracy of both ELISA formats was considered to be high as the same area under the curve
(AUC) values were observed (AUC = 0.985), with a relative sensitivity and specificity approximately
95% according to the Youden plot of wELISA and dELISA. Therefore, the test characteristics of both
ELISA formats were assigned the same weight. In this study, a minimum specificity of 99% was chosen
for the threshold of cut-off values for both ELISAs. Accordingly, the optimal cut-off for wELISA was
an OD value of 0.35—for which, the sensitivity was 87% and the specificity was 99%. For dELISA, the
test results were expressed as S/P values. A cut-off at an S/P value of 0.13 yielded a sensitivity of 85%
and specificity of 99%, respectively.
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Figure 2. Receiver operating characteristic (ROC) analyses of equine coronavirus (ECoV) S1 ELISAs.
ROC curves for wELISA (A) and dELISA (B) were plotted with positive (n = 137) and negative (n =
94) sera confirmed via VN assays. The area under the curve (AUC) is 0.985 for both ELISA formats.
Distributions of wELISA (C) and dELISA (D) with confirmed sera are shown above. Calculated cut-off
points are indicated by the vertical dashed lines. VN assays, virus neutralization assays; VNT, virus
neutralization titer.

Furthermore, the inter- and intra-coefficient of variation (CV) of the three ECoV positive sera
tested with both ELISA formats were lower than 12%. More specifically, the intra-assay CV of wELISA
and dELISA ranged from 3.04% to 4.87% and from 5.4% to 7.7%, respectively, while the inter-assay CV
of wELISA and dELISA varied from 4.9% to 10.26% and from 8.9% to 11.2%, respectively. Overall,
these results indicate that the performances of both ELISA formats were very much equivalent and
that the results of both ELISAs were strongly correlated to VN results.

3.3. Detection of Antibodies against ECoV in Horses during an Acute Outbreak

To determine the diagnostic performance of the ECoV S1 ELISA, 27 paired serum samples (panel
I) collected from an acute ECoV outbreak were investigated by wELISA. The horses presented similar
clinical signs as described in [27], and virus shedding was confirmed by qPCR analysis [7]. At the
acute stage, 11 out of 27 horses were qPCR positive, while at the convalescent stage, this number had
decreased to six. Serum samples were further validated by VN assay (Figure 3B; Table S1). Seven out
of 27 horses showed seroconversion, while another 14 horses showed a significant (4-fold or greater)
increase in VNT. Performing the wELISA (see Figure 3A; Table S1), the same seven out of 27 horses
showed seroconversion; acute phase sera were negative (OD value < 0.35) whereas the convalescent
phase sera all had OD values greater than 1.00 (1.14–2.90). Thus, seroconversion rates calculated
from wELISA and VNT showed a 100% correlation (Table S1). For the horses that showed a 4-fold or
greater increase in VNT (n = 14), nine of the acute phase sera had positive OD values between 0.35
and 0.70 (2x background) and also a higher than 2 (n = 2) to 4 (n = 7) fold increase in the OD value
in the convalescent serum. Five of the VNT positive paired serum samples had OD values of >0.70
(twice the background OD value) in the acute phase serum. Two of these samples with an OD value
of 1.12 and 1.41 respectively in wELISA also showed a greater than 2-fold increase in OD value. The
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three VNT positive samples with less than 2-fold increase in OD values already had high OD values
in the acute phase serum as well as high VNT (mean OD value = 2.51, mean VNT = 8.30). For the
six horses that did not show a significant rise in VNT, five serum samples collected at the acute stage
already had high antibody levels as shown by ELISA and neutralization assay (mean OD value > 2.6,
mean VNT > 9, Table S1). Further, the Pearson correlation coefficient was calculated to assess the
overall correlation between the OD values obtained with wELISA and VNT (log2 titers) from acute
and convalescent-phase sera of the 27 horses (Figure S1). Results indicate that OD values and VNT
show a good degree of correlation (R2 = 0.83, p < 0.0001). These data support the use of the wELISA as
a diagnostic tool in case of suspected ECoV outbreaks.

Figure 3. Antibodies response against ECoV from 27 horses during an acute outbreak. Boxplots show
the ELISA reactivities (A) and VNT (B) of 27 horses from acute and convalescent-phase sera. Each
cut-off is indicated by the dotted dashed line; VNT, virus neutralization titer.

3.4. ECoV Seroprevalence in Horses with Unknown ECoV Exposure

We further set out to determine the seroprevalence in horses with unknown ECoV exposure using
the dELISA format. A total of 1084 serum samples (Table 1, panel A–H) were analyzed. With the
exception of panel D, all sera were from adult horses (older than 36 months). Seroprevalence varied
from 25.9% (panel D) to 82.8% (panel C) among these eight serum panels. The lowest number of
positive samples was found in panel D which contained young horses (6-30 months old, average
age: 8.38 months (95% CI 6.975–9.785)). In the other four serum panels (panel A, B, E and F) from
Dutch horses, the historical serum samples (panel G) and samples from Iceland (panel H) higher
seroprevalences were found (59.2–82.8%).

Table 1. Prevalence of ECoV S1-reactive antibodies in equine sera used in this study.

Panel
Samples Source/Project

Names
Collection Year Country

Numbers of
Samples

Numbers of ECoV-S1
Positive Samples

Seroprevalence
(%)

A West Nile virus (WNV)
surveillance 2016 The Netherlands 167 128 76.60

B Equine infectious anemia
(EIA) surveillance 2016 The Netherlands 112 80 71.40

C Export horses 2016 The Netherlands 99 82 82.80
D Influenza surveillance 2015 The Netherlands 81 21 25.90
E WNV surveillance 2015 The Netherlands 176 145 82.40
F EIA surveillance 2015 The Netherlands 184 109 59.20

G Equine herpesvirus 1 and
4 diagnostic serum panel 1990 The Netherlands 165 93 56.40

H Horse sera from Iceland 2018 Iceland 100 62 62.00

4. Discussion

Since the beginning of the 21st century, ECoV infections have been reported in horses, causing
fever and enteric diseases [4]. More recently, infections in adult horses were reported with clinical signs
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of fever, anorexia, lethargy and, less commonly, specific signs of diarrhea and colic [7,8]. Nevertheless,
information regarding the circulation of ECoV in the equine population, especially in Europe, is still
limited [6,28]. Serological studies are useful tools to investigate ECoV prevalence in horse populations.
In the present study, our aim was to develop a simple and reliable method for antibody detection
against ECoV that can be used for diagnostics and sero-epidemiological studies.

As compared to virus neutralization assays, the ELISA method has the advantage of being
reproducible, potentially high-throughput and much less laborious. In our study, we set up an ECoV
S1-based ELISA method in two complementary formats. The conventional wELISA format is for
general laboratory usage with simplified, easy to perform coating procedures. On the other hand,
coated plates of the dELISA format could be stored for a longer time period, making it ideal for
transportation and kit development. We showed that both formats performed equally well, and their
results correlated nicely. When comparing with the VN assay by ROC analysis, our ELISA method
with both formats was shown to have high accuracy. In our current study we applied wELISA for the
analysis of the paired outbreak samples, while the dELISA was further validated and used for the
high-throughput screening of larger amount of serum samples.

We utilize ECoV S1 as the viral antigen for antibody detection in this study. The S1 chimeric protein
was expressed in mammalian cells, and hence both the protein conformation and modification (e.g.,
glycosylation) are mimicking the S proteins on the surface of virus particles [29]. As the most divergent
and immunodominant component of coronaviruses, S1 has been widely used in the development of
methods for specific coronavirus serological studies [19,20,26,30]. Our findings validate that ECoV S1
is a highly suitable antigen for the detection of antibodies against ECoV showing very good agreement
between the ELISA and VN assays. Recently, similar conclusions were also drawn for the role of MERS
S1 in MERS serology [31].

With our wELISA method, we were able to analyze paired samples that were collected during
an ECoV outbreak. In the virus neutralization assay seroconversion or a 4-fold or greater increase
in ECoV antibody titers could be detected in sera of 21 out of 27 horses within weeks of the initial
observation of clinical disease and detection of viral RNA in feces. Of these 21 positive horses 18
showed seroconversion or a 2-fold or higher increase in OD values in the wELISA. The three remaining
VNT positive samples had high OD values already in the acute phase serum. Of the six ECoV negative
paired samples five had high VN antibody titers and OD values already at the acute phase. This might
be due to late sampling of these horses or previous exposure to ECoV (Table S1). This study confirms
that the ECoV S1 ELISA is a useful diagnostic test for the demonstration of a potential ECoV outbreak
and should be considered as a useful adjunct to investigation of fecal samples by qPCR.

We also determined the seroprevalence of serum samples collected from horses with unknown
ECoV exposure via our dELISA. Results showed that the overall seroprevalence in the different cohorts
tested is 25.9%–82.8%. These percentages are in agreement with the study performed by Hemida et
al. [32], in which they detected coronavirus infections in horses in Saudi Arabia and Oman and they
found that 74% of them had detectable neutralizing antibodies to ECoV. A lower percentage (9.6%) of
positive animals was found in another ECoV seroprevalence study conducted in the USA [33]. Several
factors might contribute to these differences in results. There is only limited information regarding
ECoV prevalence in Europe including the Netherlands [6,28], and it is possible that the overall ECoV
distribution differs between continents. Moreover, our study employs eukaryotically expressed ECoV
S1 protein as coating antigens, while in the US study chimeric S2 protein expressed in Escherichia coli
was used. The expression in mammalian cells guarantees a more native configuration of the protein, in
particular of glycosylated antigens such as the coronavirus spike protein. Reports had shown that both
coronavirus S1 and S2 subunit elicit antibody responses, but the level of immune responses triggered
by them may differ [34,35]. Furthermore, the criteria for determining the cut-off value are different for
the two studies. In our study we defined positive and negative samples on the basis of a VN assay,
whereas the US study used negative qRT-PCR and absence of clinical signs as criteria to define horses
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as ECoV negative. In this way, seropositive horses may have contributed to higher cut-off values and
potentially a lower sensitivity of the assay.

In our study, we noticed differences in seroprevalence between young and adult horses. In the
group of young horses (panel D, Table 1), the lowest seroprevalence was found. Young horses may
initially be protected against ECoV infection by maternal antibodies and may become gradually more
susceptible as maternal antibodies wane. The risk of becoming infected increases with age. This
hypothesis is further supported by the age distribution of PCR-confirmed ECoV infection cases: foals
(age 0–6 months) have the lowest infection rates, and the infection rate increases with age [10].

We also observed a significant percentage of seropositive horse serum samples collected back in
1990 (panel G, Table 1). ECoV-like viruses were detected in the 70s and 80s by electron microscopy in feces
of horses with enteric disease, but virus isolation and characterization was not reported [36–39]. The
history of ECoV presence, especially in Europe, is possibly much longer than currently understood [6].
Intriguingly, we noticed that Icelandic horses also are seropositive against ECoV (panel H, Table 1).
Twenty-four serum samples showed high ECoV ELISA reactivity (S/P value > 0.5) and also had
neutralizing antibodies with VNT varying between 32 and 768. The horse population of Iceland has
been geographically isolated for more than 1000 years and is free from most common equine contagious
diseases such as equine influenza, equine herpesvirus 1, strangles and equine viral arteritis [40]. To
date, no prior studies of ECoV prevalence in horses from Iceland had been performed. This is the first
evidence of the existence of ECoV infection in Iceland.

In conclusion, we developed a high-throughput, reliable and specific ELISA method to study
humoral immune responses in horses against ECoV. With this method, we are able to perform the
serodiagnosis of ECoV infection and assess the seroprevalence within horse populations in the future.

Supplementary Materials: The following are available online at http://www.mdpi.com/1999-4915/11/12/1109/s1.
Table S1: Detection of antibodies to ECoV in equine serum samples during an ECoV outbreak by wELISA in
winter 2014; Figure S1. Correlation between the OD values obtained with wELISA and virus neutralization titers
(VNT) of 27 horses from acute and convalescent-phase sera.
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Abstract: The aim of this study was to identify respiratory viruses circulating amongst elite racehorses
in a training yard by serological testing of serial samples and to determine their impact on health
status and ability to race. A six-month longitudinal study was conducted in 30 Thoroughbred
racehorses (21 two-year-olds, five three-year-olds and four four-year-olds) during the Flat racing
season. Sera were tested for the presence of antibodies against equine herpesvirus 1 and 4 (EHV-1
and EHV-4) and equine rhinitis viruses A and B (ERAV and ERBV) by complement fixation (CF) and
equine arteritis virus (EAV) by ELISA. Antibodies against equine influenza (EI) were measured by
haemagglutination inhibition (HI). Only ERAV was circulating in the yard throughout the six-month
study period. Seroconversion to ERAV frequently correlated with clinical respiratory disease and was
significantly associated with subsequent failure to race (p = 0.0009). Over 55% of the two-year-olds in
the study seroconverted to ERAV in May and June. In contrast, only one seroconversion to ERAV
was observed in the older horses. They remained free of any signs of respiratory disease and raced
successfully throughout the study period. The importance of ERAV as a contributory factor in the
interruption of training programmes for young horses may be underestimated.

Keywords: equine rhinitis virus A; Thoroughbred racehorses; loss of performance

1. Introduction

Equine respiratory infection together with lameness are the most common reasons for loss of
training days and inability to race [1]. The main viruses associated with respiratory disease and loss of
performance in racehorses are equine influenza virus (EI), equine herpesvirus 1 and 4 (EHV-1 and
EHV-4) and equine rhinitis viruses A and B (ERAV and ERBV).

EI is a highly contagious virus and outbreaks of influenza may necessitate the cancellation of
race meetings and other equestrian events [2]. However, in 1981, mandatory vaccination against EI
was introduced for Thoroughbred racehorsesin Ireland and since then, no race meetings have been
cancelled due to EI. However, outbreaks continue to occur in vaccinated horses, and young racehorses
are particularly susceptible [3–5]. The return to athletic normality can be prolonged by damage to the
mucociliary clearance mechanism and secondary bacterial infections [6].

EHV-1 and -4 circulate in horse populations worldwide and are associated with respiratory
disease in horses, immunosuppression, reduced performance, abortion and occasionally, neurological
disease [7–9]. Although there is no mandatory vaccination programme for EHV-1 and -4 in Ireland,
some trainers vaccinate their horses in an effort to reduce the virus challenge in their yards.
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ERAV and ERBV have also been identified worldwide in both healthy horses and horses with
clinical respiratory signs [10–16]. A seroprevalence of 57% and 71% for ERAV and ERBV was recorded
for Thoroughbred yearlings in Kentucky [17] and seroconversion to ERAV is common among young
horses on entry to training yards [18–20]. Furthermore, ERBV was isolated in 30% of the horses with
acute respiratory diseases in a Canadian survey [10].

There is a need for serological surveys to identify the viruses associated with economic loss in the
racing industry. Longitudinal surveillance studies contribute to our understanding of the epidemiology
of equine respiratory diseases in different countries and in different populations of horses. The aim
of this serological study was to identify respiratory viruses circulating amongst elite racehorses of
different ages in a training yard in Ireland and to determine their impact on health status and ability
to race.

2. Materials and Methods

A six-month longitudinal study was conducted in 30 Thoroughbred racehorses during the Flat
season. All the horses originated from the same stud farm and were in training with the same trainer.
There were three different age groups of horses; the main group, i.e., 21 (70%) horses were two years of
age, five (17%) of the horses were three years old and four (13%) were four years old. The two-year-old
horses were in training for their first season. All the horses had been vaccinated against EI and EHV1
prior to entering the training yard.

At the request of the owner, whole blood samples were collected by the veterinary surgeon at
monthly intervals from April to September. These were for routine serological screening and archiving
as the “acute” samples for the testing of paired sera (“acute” and “convalescent”) in the event of an
outbreak of respiratory disease. Additional blood samples were collected from horses with respiratory
disease in mid-May.

Similarly to previous longitudinal studies of Thoroughbred racehorses in training [21–23], sera
were tested for presence of antibodies against ERAV, ERBV, EHV-1 and EHV-4 using the Complement
fixation (CF) test (Table S1). The test was performed as described by Thomson et al. [24], using
guinea pig complement and sensitized sheep erythrocytes. Serial twofold dilutions of sera from 1:5
to 1:640 were tested. Sera were tested for antibodies against EI H7N7 and H3N8 viruses using the
Haemagglutination Inhibition (HI) test. The sera were pretreated with potassium periodate, inactivated
for 30 min at 56 ◦C (±1 ◦C) and tested as described previously [25]. Seroconversion was defined as a
4-fold or higher rise in CF or HI antibody titers. Sera were tested for the presence of antibodies against
equine arteritis virus (EAV) by indirect ELISA (ID Screen® Equine Viral Arteritis Indirect -Grabels,
France).

A Chi-squared test was used to test the association of seroconversion with subsequent failure to
race. The data was summarised in 2 × 2 contingency tables and an analysis was conducted in the R
statistical software package version 3.5.1. The statistical significance was set at α = 0.05.

3. Results

The numbers of samples taken during the study period were distributed over the age groups as
follows: 154 (71%) were from two-year-old horses, 35 (16%) were from the three-year-old horses and
28 (13%) of the samples were collected from four-year-old horses.

The two-year-old horses entered the training yard where the older horses resided in the beginning
of April. At the time of first sampling, all the horses tested by HI (n = 26) had antibody titres against EI
that were consistent with vaccination. All the horses had undetectable or low antibody titres (≤20)
against EHV1 and 4. During the study period, five horses seroconverted to EI and 12 to EHV-1 and/or
EHV-4 in response to vaccination. The remaining horses were not vaccinated against these viruses
during the study period and no other seroconversions to EI, EHV-1 or EHV-4 were detected. All the
horses were seronegative for EAV throughout the study period. Thus, there was no serological evidence
of natural exposure to these viruses during the study period.
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With the exception of two of the two-year-old horses (antibody titres of 80 and 40) all the horses
had undetectable or low antibody titres (≤20) against ERAV at the time of first sampling in April.
This was also true for ERBV, with the exception of one two-year-old with an antibody titre of 40.
The first seroconversion to ERAV was observed at the second sampling occasion in the beginning
of May. One seronegative two-year-old colt had mounted a significant antibody response to ERAV
(0 to 160) within four weeks of arriving in the training yard. He did not exhibit clinical respiratory signs
but was described by the trainer as very slow at work. Within the following two weeks, clinical signs,
including inappetence, dullness, nasal discharge, limb oedema, enlarged submandibular lymph nodes
and occasional coughing, were observed in seven of the in-contact two-year-old horses. They were
returned to the stud farm of origin to recuperate where blood samples were collected for serological
testing. Four of the horses seroconverted to ERAV during the first two weeks in May, two were
seropositive with stable titres, and one seroconverted at a later time point.

The ERAV serological results are summarized in Figure 1. Four additional seroconversions in
two-year-old horses were identified by the end of May. Three of these horses had acute respiratory
disease and were moved back to the stud farm. The fourth horse was subclinically infected and
remained in training but was slow at work. By the end of June, four new seroconversions to ERAV were
detected but only one horse had clinical respiratory signs and was returned home. One subclinically
infected horse had previously seroconverted in early May.

Figure 1. The number of horses that seroconverted to equine rhinitis A virus (ERAV) each month
during the study period (April to September).

The number of seroconversions to ERAV decreased with time, with two in July, one of which was
a horse that had previously seroconverted in the first week of May. One horse seroconverted in August
and one in September, which had seroconverted previously in May. In contrast to the initial exposure
to virus, these seroconversions in autumn were not associated with clinical respiratory signs or loss
of performance.

No seroconversions to ERAV or ERBV and no clinical respiratory signs were observed in the
three-year-old horses during the study period. One four-year-old horse seroconverted to ERAV at the
end of May, but no clinical signs were observed and he won a race five days before the seropositive
blood sample was collected.

In total, 18 seroconversions to ERAV were detected during the study period and 17 of them were
in two-year-old horses. The majority, i.e. 13 (72%) of the seroconversions occurred in May and June.
Only one of the two-year-old horses raced in May prior to being sent back to the stud farm to recover
from respiratory disease. The two-year-old horses did not start racing after the respiratory episode
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until July, and, as can be seen in Figure 2, the percentage of two year-old-horses participating in race
meetings was strikingly low when compared to the other two age groups. In total, during the study
period, the five three-year-old horses raced 20 times and were placed first, second or third 12 times.
The four older horses raced 12 times with six places. Only six of the 21 two-year-old horses raced.
However, from 18 starts, they were placed 11 times. There was a significant association between
seroconversion to ERAV and subsequent failure to race (p = 0.009).

Figure 2. The percentage of horses that raced per month during the study period. The percentage of
(a) two-year-old horses (b) three-year-old horses and (c) four-year-old horses that raced is shown.

The time from seroconversion to ERAV until the titers decreased to insignificant levels ranged
from three weeks to five months, with a median value of two months and a mean value of 2.3 months.
An association was observed between the antibody level and the rate of decline to original level.

Only one seroconversion to ERBV was observed in this study, a two-year-old horse seroconverted
in June without any associated clinical respiratory signs.

4. Discussion

In this study, exposure to ERAV, as determined by serological testing, was associated with
respiratory disease, loss of training days and failure to race in young racehorses. Monthly screening
indicated that the majority of two-year-old horses were exposed to ERAV during the three months
after entering the yard. The clinical signs that resulted in an interruption to training were primarily
observed after the horses had been in the yard for several weeks and were being prepared for their first
race. The susceptibility of young horses to rhinitis virus infection when moved to a new environment
and starting to comingle with other horses has been reported previously [26,27]. In a seven-year
serological study of racehorses in Japan, 69% of horses that seroconverted to ERAV were two years of
age [16] and Black et al. [18] reported that 43% of horses seroconverted to ERAV within 7 months of
entering a training stable in Australia. A previous study in a training yard in Ireland indicated that
ERAV infection was largely confined to two-year-old horses and was most prevalent in late winter and
spring [19]. However, we believe that this is the first investigation of the association between ERAV
infection with interrupted training and failure to race. Over 55% of the two-year-olds in the study
seroconverted to ERAV in May and June and none of them raced at that time. In fact, only 29% of the
two-year-olds raced in their first season.
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The results of this study suggest that the importance of ERAV in the interruption of training
programmes for young horses may be underestimated. Acute febrile respiratory disease following
ERAV infection has been reported previously [11,15,28,29]. In an experimental study, ERAV-inoculated
ponies developed respiratory tract disease characterized by pyrexia, nasal discharge, adventitious lung
sounds, and enlarged mandibular lymph nodes, which corresponded with an increase in antibody
titres against the virus [29]. The clinical signs observed during this study were associated with the
seroconversions and there was no evidence of other viral infections. ERAV may have been the primary
cause of the respiratory disease and subsequent training loss, but it is more likely that the virus was a
contributory factor in a multifactorial disorder. The serology tests used in this study are sensitive and
specific, but it is possible that other less common viruses, such as adenovirus and coronavirus, or even
as-yet unidentified equine viruses, may have played a role. Previous studies have demonstrated the
complexity of poor performance syndrome in Thoroughbred racehorses and that bacteria are more
common and may be aetiologically more important than viruses [21–23]. Unfortunately, the possible
role of bacterial infection as a cofactor was not investigated in this study and the statistically significant
association of ERAV with failure to race during the study period does not conclusively demonstrate
causation. However, it is essential to determine which infectious agents are prevalent in populations
that suffer interruption to training as a first step in assessing their true impact.

Lack of previous exposure to ERAV and stress associated with the change of environment and
intensive training may have contributed to disease susceptibility. In contrast to the two-year-old horses,
no seroconversions to ERAV were observed in the three-year-old horses—they remained free of any
signs of respiratory disease and raced successfully throughout the study period. The seroconversion to
ERAV in the four-year-old horse and the reinfection of two of the younger horses were not associated
with clinical signs or reduced performance. Experimental studies have indicated that ERAV infection
stimulated a protective response and that reinfection is asymptomatic [29].

The serology results indicate that ERAV was circulating in the yard throughout the six month
study period. The dynamics of ERAV infection in horse populations are poorly understood but virus
persists in horses even in the presence of high levels of antibodies [26,28]. ERAV can be isolated from
the blood for a few days post infection and from the nasopharynx and faeces for up to a month [28].
Studies in the USA, Ireland and Australia detected ERAV in post-race urine samples at frequencies
of 17%, 29% and 23%, respectively, which led to a suggestion that the persistent presence of ERAV
in urine may contribute to its maintenance in training yards [17,30,31]. ERBV was not detected in
urine [17,30]. During this study period, only one horse seroconverted to ERBV. This was consistent with
an earlier study in Ireland in which ERAV was found to be more commonly detected than ERBV [30].
Co-circulation of ERAV and ERBV was also reported previously [30].

The low seroprevalence of ERAV and ERBV detected in the older horses at the beginning of this
study may be due to the use of the CF test rather than the virus neutralization test (VNT) favored by
some investigators [13,18,32]. The CF test is useful for the diagnosis of acute infections, as positive
CF titres are often an indication of immunoglobulin M (IgM) antibodies or very high levels of IgG.
Neutralizing antibodies which are mainly IgG persist for many years and the VNT is the test of choice
for seroprevalence studies [33]. Burrows (1969) [34] reported that 59% of mares had neutralizing
antibody against ERAV, in contrast to 10% of foals and yearlings, and suggested that most infection
occurs during the period of training and racing. The relationship between neutralizing antibodies and
clinical protection has been established Diaz-Mendez et al. [29]. It is likely that the older horses in this
study that were seronegative by the CF test were exposed to ERAV in their first year of training and had
neutralizing antibodies at the start of the study that were sufficient to protect them from infection and
subsequent seroconversion, as measured by the CF test. However, this hypothesis remains unproven
and it is also possible that although they were in the same yard as the two-year-old horses, they may
not have been exposed to the virus. In this study, the CF antibodies declined to the original levels
within months, confirming that they are not persistent and thus, a useful indicator of recent exposure to
virus. As no relationship between CF antibodies and protection has been proposed, an investigation of
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an outbreak of ERAV including the measurement of neutralizing antibodies would give useful insight
into protection.

In summary, this study demonstrates that routine serological monitoring of young racehorses
by CF test revealed that ERAV is potentially an important contributor to training loss in young
racehorses and merits further investigation with larger study populations and a more comprehensive
testing regime. Unfortunately, only five nasopharyngeal samples were collected during this study,
and all were negative for EHV1, EHV4, EI, EAV, ERAV and ERAB by real time PCR (data not shown).
None of the nasal swabs were collected at the optimal time for detection of ERAV, which experimental
infections suggest is from one to 12 days post-infection [31]. Further investigations in which samples
are methodically collected for virus detection, serology and bacteriological investigation would be
beneficial in elucidating the role of ERAV and other pathogens in the poor performance in young
racehorses. However, all such field studies are dependent on the cooperation of the owner and the
availability of horses.

ERAV is not contained in any of the vaccines that are currently available. As no clinical signs
were attributable to reinfection, it is likely that immunization would be effective. The results of this
study suggest that strategic vaccination of young horses against this virus could reduce economic loss
due to respiratory disease and interruption of training schedules.
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Abstract: Interferon-mediated host factors myxovirus (Mx) proteins are key features in regulating
influenza A virus (IAV) infections. Viral polymerases are essential for viral replication. The Mx1
protein has been known to interact with viral nucleoprotein (NP) and PB2, resulting in the influence
of polymerase activity and providing interspecies restriction. The equine influenza virus has evolved
as an independent lineage to influenza viruses from other species. We estimated the differences in
antiviral activities between human MxA (huMxA) and equine Mx1 (eqMx1) against a broad range
of IAV strains. We found that huMxA has antiviral potential against IAV strains from non-human
species, whereas eqMx1 could only inhibit the polymerase activity of non-equine species. Here, we
demonstrated that NP is the main target of eqMx1. Subsequently, we found adaptive mutations in the
NP of strains A/equine/Jilin/1/1989 (H3N8JL89) and A/chicken/Zhejiang/DTID-ZJU01/2013 (H7N9ZJ13)
that confer eqMx1 resistance and sensitivity respectively. A substantial reduction in Mx1 resistance
was observed for the two mutations G34S and H52N in H3N8JL89 NP. Thus, eqMx1 is an important
dynamic force in IAV nucleoprotein evolution. We, therefore, suggest that the amino acids responsible
for Mx1 resistance should be regarded as a robust indicator for the pandemic potential of lately
evolving IAVs.

Keywords: MxA; equine Mx1; influenza A viruses; polymerase activity; interspecies transmission;
nucleoprotein; equine influenza

1. Introduction

Influenza A viruses (IAVs), commonly termed flu viruses, belong to the Orthmyxoviridae family
and are broadly associated with acute febrile respiratory disease in many animals. Wild aquatic birds
are believed to be the reservoir for these viruses [1,2]. However, although IAVs were initially limited to
wild waterfowl, these viruses crossed the species barrier and have been spreading to other populations,
including mammalian species, and have established independent lineages [1,3,4].

IAV possess a segmented and negative sense single-stranded RNA genome. The eight genomic
segments of IAV encode at least 10 viral proteins. IAV derives its envelope from the host cell
plasma membrane and contains three transmembrane proteins: Two surface glycoproteins termed as
hemagglutinin (HA) and neuraminidase (NA), along with matrix protein 2 (M2). Two non-structural
proteins NS1 and NS2, collectively termed as nuclear export protein (NEP) are associated with matrix
protein 1 (M1) and viral ribonucleoprotein complexes (vRNPs). The eight vRNPs comprise of eight
negative-strand RNA segments associated with the nucleoprotein (NP) and three RNA-dependent
RNA polymerase (RdRp) subunits (PA, PB1, and PB2) [5]. Viral vRNPs are considered as minimal
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functional units required for early transcription (viral mRNA synthesis) and viral replication (vRNA
synthesis) [6].

Myxovirus resistance proteins, including MxA and MxB in humans (named Mx1 and Mx2 in
other animals), belong to dynamin-like GTPases family and are considered to be cell-autonomous host
restriction factors of the innate immune system against many viral pathogens. Both the type-I and
type-III interferons stimulate MxA and MxB expression during innate immune signaling [7,8]. The
MxA protein is an indicator gene that is induced following an interferon action and halts a broad range
of viral pathogens including DNA and RNA viruses (mainly Orthomyxoviruses such as influenza [9,10],
measles [11], La Crosse [12], and Hantaan viruses [13]). HuMxA is a potent interspecies barrier for
influenza viruses from other species [8,10,14].

MxA is a dynamin-like large GTPase comprised of an N-terminal globular GTPase domain, a
bundle signaling element (BSE), and a C-terminal helical stalk. MxA can form stable tetramers and
oligomers, which assemble in a criss-cross manner via the stalk [15,16]. Although the exact mechanism
of Mx1-mediated immunity to influenza viruses is still unclear, a proposed possible mechanism
suggests that, upon entry of viral infectious particles, MxA recognizes the incoming vRNPs and starts
to self-assemble into rings, resulting in a higher-order oligomeric complex that blocks the vRNP
function [16,17]. Viral NP is known to be a target of human and mouse MxA whereas PB2, which is
associated with NP in the viral nucleocapsid, may serve as an additional target [6,18,19].

MxA represents a considerable barrier against the zoonotic introduction of avian influenza viruses
into the human population [7]. Interestingly, several investigations reported the antiviral properties
of MxA from a human and mouse [10,20,21], porcine [22,23], and bovine [14,24–26] origin. The
interspecies transmission would have occurred when avian-origin IAV acquired certain mutations in
the NP which overcome the MxA restriction [20,22,27]. A few of these mutations were already found in
circulating IAV strains before they were even reported to cross the species barrier [20,22], but in many
cases, the adaptational mutations occurred subsequent to infection and transmission. Indeed, recent
studies indicated that IAVs which successfully established stable lineages in humans acquired adaptive
mutations in the NP [20,28]. It was reported that a mutated H7N7 IAV carrying human signature NP
mutations was more virulent in transgenic mice than the parental virus [29].

The equine influenza virus underwent an independent evolution pattern that can be compared
with viruses from other species [30]. Equine IAVs can be classified into two main subtypes: H7N7 (a
prototype virus A/equine/H7N7/Prague/56 that was isolated in 1956) [31] and H3N8 (a prototype virus
A/equine/H3N8/Miami/63 that was isolated in 1963). Equine H7N7 viruses have not been isolated
since 1990 and it is believed that they are no longer circulating in the equine population. Very little
genetic exchange between the equine H3N8 virus subtype and viruses from other host species has
been reported [32], which was thought to signify that horses were an endpoint until the H3N8 virus
was acknowledged as being of canine and equine origin. Whether the equine Mx1 is functional and
plays any role in interspecies restriction remains largely known. In this study, we investigated the
interspecies restriction of eqMx1 to IAVs from different species. We found that different IAV strains
were Mx1 or MxA sensitive to varying degrees. We further identified that 1) viral NP interacts with
eqMx1 and determines the sensitivity to Mx1, and 2) single amino acid substitution at site 52 of the NP
has a key role in determining this interaction and binding to Mx1. Our results suggest that the IAVs in
the equine population have gained important mutations in the NP which enable a higher chance of
eqMx1 resistance.

2. Materials and Methods

2.1. Cells and Viruses

Human embryonic kidney 293T (HEK293T) and Madin–Darby canine kidney (MDCK) cells
were maintained in Dulbecco’s Modified Eagle’s Medium (DMEM) (Sigma Aldrich, St. Louis, MO,
USA) supplemented with 10% foetal bovine serum (FBS, Wisent, Canada) and 1% antibiotics (100
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units/mL of penicillin and 100 μg/mL of streptomycin; ThermoFisher, Waltham, MA, USA). The equine
monocyte-derived macrophages (eMDMs) were prepared from equine peripheral blood mononuclear
cells (PBMCs) as described previously [33]. Briefly, three healthy equids (horses) were used to collect
the blood. The buffy coat was separated from blood samples by centrifugation at 1000 rpm for 10 min.
Later, the buffy coat was used to isolate the PBMCs by centrifugation using a HybriMax Histopaque
cushion (Sigma Aldrich, St. Louis, MO, USA) (d = 1.077 g/cm3). The collected PBMCs were washed
three times with PBS, resuspended, and maintained in RPMI 1640 (HyClone, Logan, Utah, USA)
supplemented with 30% horse serum and 30% fetal bovine serum (FBS) (HyClone, Logan, Utah,
USA). Aliquots of these isolated PBMCs were later seeded into tissue culture flasks at a density of
5 × 106 cells/cm2 and were further incubated in a humidified chamber at 37 ◦C with 5% CO2. At 24 hr
post-incubation, the non-adherent cells which were found floating in the medium were discarded and
the adherent monocytes were again incubated for the next 3 days in order to allow their differentiation
into eMDMs. The cell culture atmosphere was maintained at 37 ◦C with 5% CO2.

Wild type Influenza A/equine/Jilin/1/89 (H3N8JL89) and recombinant viruses were generated using
a plasmid-based reverse genetics system as previously described [34,35]. The generated wild-type
virus and JL89-H52N-NP mutant virus were further propagated in 9-day-old embryonated chicken
eggs at 35 ◦C for 72 hr, and allantoic fluid was harvested and centrifuged, and a hemagglutination test
was performed to confirm the presence of the virus. Viruses from positive-testing samples were filtered
through a 0.2 μm syringe filter (Millex, Merck, Ireland), and the viral titers were determined using
the TCID50 method of Reed and Muench [36]. Viruses were subsequently stored in small aliquots at
−80 ◦C until further use.

2.2. Plasmids and Antibodies

In order to clone the cDNA derived from the total RNA of eMDMs, we used reverse-transcription
PCR (RT-PCR) to amplify eqMx1. The eMDMs were treated with equine IFN-α1 (100 ng/μL) (Kingfisher
Biotech, Minnesota, USA) for 24 hr. The primer sets were constructed following the genome sequences
of Equus caballus myxovirus (Mx) dynamin-like GTPase 1 (Mx1), transcript variant X1, gene (GenBank
accession no. XM_005606071.3), and the sequence of primers can be found in supplementary data
(Table S1). Then, the fragments were successfully cloned in pcDNA3.1-HA vector (pcDNA3.1 (+)
vector (Invitrogen, ThermoFisher, Waltham, MA, USA) that possessed 2X HA tags situated on the
C-terminus and also p3X-Flag-CMV vector (Sigma Aldrich, St. Louis, MO, USA) that contained 3X
Flag tags located at the N-terminus. The huMxA gene was acquired from Summus Co. (China) and
was also successfully cloned using pcDNA3.1 (+).

The regents used in this study were kindly provided by the following personals: H1N1 human
influenza virus A/WSN/1933 (WSN) by Dr. Kawoaka, and plasmids of H7N9 A/chicken/Zhejiang/
DTID-ZJU01/2013 (H7N9ZJ13) and H1N1 human IAV A/Sichuan/01/2009 (H1N1SC09) by Dr. Hualan
Chen. The equine influenza viruses H3N8XJ07 (A/equine/Xinjiang/1/2007) and H3N8JL89 were acquired
from the previously preserved viral stock in our lab.

Site-directed mutants of NP sequences were generated using overlapping PCR and identified by
DNA sequencing. Mutants of pcAGGS-H7N9-NP and pEF-JL89-NP were constructed according to the
online In-Fusion® HD Cloning Kit (Clontech, Felicia, CA, USA) user manual (http://www.clontech.
com/CN/Products/Cloning_and_Competent_Cells/Clonin_Kits/xxclt_searchResults.jsp). Briefly, the
fragments of the pCAGGS/pcDNA3.1 vector and each target gene were amplified and were then fused
using the In-Fusion® HD Enzyme kit (Clontech, Felicia, CA, USA). To create the N-H7N9xJL89-C
plasmid, pcAGGS-H7N9-NP was used as the template to amplify the pCAGGS vector along with the
N-terminal (1–200) of H7N9. This sequence was then fused with the JL89-NP C-terminal (201–480)
fragment, where pEF-JL89-NP was used to amplify the inserted C-terminal (201–480) fragments. To
obtain N-JL89xH7N9-C plasmids, pEF-JL89-NP was used as the template to amplify the pEF-JL89
vector backbone sequence along with the N-terminal (1–200) of JL89 and the inserted C-terminal
(201–480) fragment of H7N9 was amplified from the pCAGGS-H7N9-NP sequence. The amplified
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vector and insert fragments were then fused together as described earlier. Single point mutations
were also created by overlapping PCR in the same way. The constructed plasmids were transformed
into DH5-alpha or Stable II competent cells according to the manufacturer’s protocol (ThermoFisher,
Waltham, MA, USA). Once the transformation was successful, the plasmids were extracted using
PureLink HiPure plasmids DNA purification kits (Invitrogen, ThermoFisher, Waltham, MA, USA).
All generated plasmids were confirmed by PCR and sequencing. The sequence of all the primers is
available in supplementary data (Tables S2 and S3).

2.3. Polymerase Reconstitution Assay/Minireplicon Assay

In order to determine polymerase activity, we transfected the minigenome reporter (enclosing a
firefly luciferase gene linked with non-coding regions of the HA gene of influenza containing human
polI as the promoter and a mice terminator sequence) with NP and viral polymerase expression
plasmids. We generated the chimeric mutants of the NP gene by overlapping PCR and verified it
by the sequencing technique. To predict the viral polymerase activity due to mutations in the NP, a
previously described protocol was followed [37]. Briefly, HEK293T cells were seeded in 24-well plates
and co-transfected with expression plasmids of all viral polymerases i.e., PB1 (40 ng), PB2 (40 ng), PA
(20 ng), and NP (80 ng), together with 40 ng of minigenome reporter (FF-Luc) and 10 ng of Renilla
luciferase expression plasmids (pRL-TK, as an internal control) using polyjet transfection reagent
(Invitrogen, ThermoFisher, Waltham, MA, USA) according to the manufacturers’ protocol. Cells were
maintained at 37 ◦C. To perform the cell lysis, we employed 200 μL of 1X reporter lysis buffer (Promega,
Madison, USA) after 24 hr of transfection. To measure the luciferase activities of Renilla and Firefly, we
employed the commercially available Dual-luciferase kit (Promega, Madison, USA) using Centro XS
LB 960 luminometer (Berthold Technologies, Oak Ridge, Tennessee, USA). The levels of polymerase
protein expression were detected using western blotting, with specific mouse monoclonal antibodies
for NP and anti-HA tag antibody (Sigma Aldrich, St. Louis, MO, USA) for eqMx1-HA and huMxA-HA
proteins. In the present study, all experimentation was performed independently at least thrice. The
calculated results demonstrate mean ± SEM within one experiment.

2.4. Co-Immunoprecipitation Assay

Cells were incubated in a T-75 cell culture flask (ThermoFisher, Waltham, MA, USA) until a
confluency of 70% was attained. HEK293T cells were then co-transfected with p3XFLAG-tagged eqMx1
(4 μg) together with PB1, PB2 (2 μg each), PA, FF-Luc (1 μg each), and NP expression plasmids either
from (1) H7N9, and its mutants H7N9-S34G and N52H; or (2) H3N8JL89 and its mutants JL89-G34S and
H52N; or (3) an empty control vector (4 μg each) by using PolyJet™ In Vitro DNA transfection reagent
(SignaGen, Rockville, MD, USA) according to the manufacturer’s instructions. At24 hr post-transfection,
co-immunoprecipitation was performed as previously described [38]. Briefly, transfected cells were
lysed using an ice-cold lysis buffer (50 mM of Tris-HCL [pH 8], 150 mM of NaCl, 5 Mm of EDTA, and 1%
NP-40), protease inhibitors (1:100), and freshly prepared 2 M N-ethylmaleimide (NEM) at 1:80 (Sigma
Aldrich, St. Louis, MO, USA) and centrifuged at 4 ◦C for 10 min at 13,000× g. Post centrifugation, using
Anti-FLAG M2 magnetic beads (Sigma Aldrich, St. Louis, MO, USA, M8823) or Anti-NP magnetic
beads (made by incubation of MCE protein A/G magnetic beads along with the NP antibody from
our lab) the lysates were co-incubated for 2 hr at 4 ◦C. Using a magnetic separator, the resins were
harvested and washed thrice with cold PBS. In order to elute the resin-bound materials, we added
a 3X Flag peptide and incubated the samples at 4 ◦C for 30 min, and then the eluted samples were
boiled and SDS-PAGE was performed. The samples were shifted on the nitrocellulose membrane. 5%
skim milk in Tris-buffered saline (TBS) was used as a blocking buffer for 2 hr and then the membranes
were incubated with specific primary antibodies-TBST (TBS with 0.05% Tween20) at room temperature
for 2 hr. Washing was performed thrice and the membranes were then incubated in TBST, containing
secondary antibody (Sigma Aldrich, St. Louis, MO, USA, 1:10,000) at room temperature for 1 hr.
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Subsequently, membranes were washed three times in PBST and scanned using a LI-COR Odyssey
Imaging System (LI-COR, Lincoln, NE, USA).

2.5. Virus Growth Kinetics

The cells were seeded in 6-well plates and the next day, cells were transfected with pcDNA-3.1
eqMx1. 24 hr post-transfection, an infection experiment was performed as previously described [39].
Briefly, after 24 hr, the culture medium was removed and the cells were gently washed twice with
preheated phosphate-buffered saline (PBS) and then infected for 1 hr at 37 ◦C with wild-type (H3N8JL89)
and/or mutant viruses (JL89-H52N-NP) at a multiplicity of infection (MOI) of 0.001. Viral dilutions
were made in DMEM, supplemented with 1 μg/mL of TPCK added trypsin (Sigma Aldrich, St. Louis,
MO, USA) and 0.25% BSA (Roche, Basel, Switzerland). Plates were gently shaken every 15 min so
that the virus remained equally distributed within the cells. Later, excess virus was removed and cells
were gently washed three times with preheated PBS and fresh infection media was added. Finally,
the supernatants were collected at 0, 12, 24, 36, and 48 hr post-infection and debris was removed
by centrifugation at 1000× g for 5 min. The amount of virus in each supernatant was determined
either by plaque assay or by determining tissue culture infectivity dose and is expressed here either as
PFU per mL or TCID50/mL respectively.

2.6. Measurement of Gene Expression Using RT-qPCR

Total RNA from the collected supernatants was extracted using the RNeasy plus Minikit (Qiagen,
Venlo, Netherland) and were subjected to a one-step real-time quantitative PCR (RT-qPCR) analysis
using the AgPath-ID™One-Step RT-PCR reagents (ThermoFisher, Waltham, MA, USA) according to the
manufacturer’s protocol. FAM-labeled probes (EIV-Tq-P) 5′-TCAGGCCCCCTCAAAGCCGA-TAMRA
and specific primers targeting the M-gene of IAV, 5′-AGATGAGYCTTCTAACCGAGGTCG-3′
(EIV-Tq-forward) and 5′-TGCAAANACATCYTCAAGTCTCTG-3′ (EIV-Tq-reverse) were used for the
amplification of RNA, and relative mRNA expression levels were determined using double-standard
curve methods.

2.7. Immunofluorescence Assay (IFA)

Briefly, MDCK cells were infected with wild-type (H3N8JL89) and/or mutant viruses
(JL89-H52N-NP) at an MOI of 0.001 and collected supernatants were used to infect MDCK cells
in 96-well plates at various dilutions for 48 hr. Cells were fixed with chilled absolute ethanol for 30 min.
The fixed cells were incubated with the anti-NP antibody (from our lab) for 2 hr at 37 ◦C in a humidified
chamber, followed by three washes with phosphate-buffered saline (PBS), and then incubated with
fluorescein isothiocyanate- (FITC) labeled goat anti-mouse IgG (Sigma Aldrich, St. Louis, MO, USA) for
1 hr 37 ◦C. Following three washes with PBS, the cells were examined under an inverted fluorescence
microscope (Nikon TE200, Tokyo, Japan).

2.8. Evolutionary Analysis

In order to determine the evolutionary relationships between NPs from IAV strains from different
hosts, a total of 153 representative nucleotide sequences of viral nucleoproteins from IAVs with different
host specificities (including avian, porcine, canine, equine, and human) were retrieved from the
GenBank and aligned manually using Bioedit alignment tools. The evolutionary history was inferred
by the maximum likelihood method based on the JTT matrix-based model.

2.9. Statistical Analysis

In order to perform the statistical analyses, we used GraphPad Prism, version 5 (https://www.
graphpad.com/scientific-software/prism/) (San Diego, California, USA). Employing the statistical
approaches of one-way ANOVA and Dunnett’s post-test, the statistical differences were analyzed. All
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experiments were thrice conducted independently. The error bars present standard deviation (SD) or
standard error of the mean (SEM) in each experimental group that is documented in the figure legends.
The abbreviations are designated as NS not significant, p > 0.05, * 0.01 ≤ p < 0.05, ** 0.001 ≤ p <0.01,
*** 0.0001 ≤ p < 0.001, and **** p < 0.0001 respectively.

3. Results

3.1. Identification of Cross-Species Antiviral Potential of Human and Equine Mx1

MxA (or Mx1) as one of the major interferon-stimulated genes (ISGs) is responsible for counteracting
many invading viruses, especially those belonging to Orthomyxoviridae. To identify the eqMx1’s function
in the restriction of IAVs, we first cloned the equine Mx1 from eMDMs. By using bioinformatics
prediction software (https://www.uniprot.org, SWISS-MODEL, and Phyre2), eqMx1 was predicted
to be structurally similar to huMxA [15] (Figure 1A). The eMDMs were treated with equine IFN-α1
(100 ng/μL) (Kingfisher Biotech, Minnesota, USA) for 24 hr to enhance the basic expressing level of
eqMx1, and a 1983-bp fragment was amplified and cloned into a pcDNA3.1-HA vector [pcDNA3.1
(+)] (Invitrogen, ThermoFisher, Waltham, MA, USA) with 2X HA tags at the C-terminal. The
expressions of eqMx1 and huMxA were verified by western blotting (Figure 1B). Polymerase
assay was then used to evaluate Mx1’s effect on the replications of IAV strains from different
host species, including human IAVs H1N1 (A/Sichuan/01/2009 and A/WSN/1933), avian IAVs H7N9
(A/chicken/Zhejiang/DTID-ZJU01/2013) and H5N1 (A/chicken/Scotland/1959), and equine IAVs H3N8
(A/equine/Xinjiang/1/2007 and A/equine/Jilin/1/1989). Mx1 or MxA resistance is defined here as the
comparative activity of the viral polymerase in the presence of Mx1 divided by the activity calculated in
the absence of Mx1. The results suggest that huMxA has antiviral potential against the IAV strains from
non-human species i.e., avian and equine strains, whereas eqMx1 could only restrict the polymerase
activity of non-equine species i.e., avian and human. The antiviral activity of eqMx1 to avian IAVs
(H7N9ZJ13 and H5N1(R)) was slightly stronger than that of huMxA (Figure 1C,D). The expression of all
the plasmids was determined with western blotting (Figure 1E). The results suggest that huMxA has
antiviral potential against the IAV strains of avian and equine but not a human origin, whereas eqMx1
could inhibit the polymerase activity of avian and human but not equine stains.

3.2. The Viral Nucleoprotein as a Possible Target of Mx1 Action

Viral NP is a major target of MxA and the adaptive mutations of NP enable the virus to escape
from MxA restriction [20,21,41]. Analysis of a total of 153 representative nucleotide sequences of viral
NPs from IAVs with different host specificities (including avian, swine, canine, equine, and human)
showed that the NP proteins generate diverse lineages in a host-species-specific manner (Figure 2).
Considering the diversity of Mx1 proteins and the different activities on viruses from different hosts
(Figure 1), we hypothesized that the NP from equine viruses may have evolved a specific signature of
adaptation to counter eqMx1, and this “signature” of the equine virus may not be able to overcome the
restriction of human MxA.
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Figure 1. Antiviral activities of human MxA (huMxA) and equine Mx1 (eqMx1). (A) Structure-based
domain representation of human MxA and equine Mx1. The GTPase is shown in grey, the middle
domain (MD) is blue, and the GTPase effector domain (GED) is shown in pink. The GTPase domain
is connected to the MD and GED through bundle signaling element (BSE) (yellow) and the stalk
is colored orange. The arrows in the schematic denote the first and last visible residues in the
structure. (B) Expression of plasmids by western blotting. The expression of huMxA-pcDNA3.1-HA,
eqMx1-pcDNA3.1-HA, and p3X-FLAG-eqMx1 plasmids. The figures represent the bands of expressed
proteins as visualized using western blotting, with antibodies used against the hemagglutinin (HA) tag
and flag tag. (C,D) Relative luciferase activities of different influenza A virus (IAV) strains. Human
embryonic kidney 293T (HEK293T) cells were co-transfected with expression plasmids of PB1 (40 ng),
PB2 (40 ng), PA (20 ng), and nucleoprotein (NP) (80 ng) from different IAV strains, together with
40 ng of minigenome reporter (FF-luc) and 10 ng of Renilla luciferase expression plasmids (pRL-TK,
as an internal control) in the presence of HA-tagged pcDNA-3.1 eq-mx1 (C) or pcDNA-3.1 huMxA
(D) and an empty control vector at increasing concentrations of 0, 50, 100, and 200 ng each. After
24 hr of transfection, cells were lysed using a 1X reporter lysis buffer. Firefly and Renilla luciferase
activities were measured. The resulting relative activity in the presence of either H7N9ZJ13 or H3N8JL89

was set to 100%. (E) The western blot analysis was performed to determine the expression levels of
eqMx1 or huMxA and NP expression plasmids. (Statistical differences between samples are indicated,
according to a one-way ANOVA followed by a Dunnett’s test; NS = not significant, * 0.01 ≤ p < 0.05,
** 0.001 ≤ p < 0.01, *** p < 0.001. Error bars represent the SEM within one representative experiment).
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Figure 2. Phylogenetic analysis demonstrates the relationship of influenza A virus NP from distinct
hosts. Molecular phylogenetic analysis of evolutionary relationships among different viral strains
was inferred using the maximum likelihood strategy. The analysis was conducted using the JTT
matrix-based model. The tree with the highest log likelihood (2519.6632) is shown. The percentage of
trees in which the associated taxa clustered together is shown next to the branches. The initial tree(s) for
the heuristic search was obtained automatically by applying neighborhood Join and BioNJ algorithms
to a matrix of pairwise distances estimated using the JTT model and then selecting the topology with
the superior log-likelihood value. A discrete Gamma distribution was used to model the evolutionary
rate differences among sites [five categories (+G, parameter = 0.4056)]. The tree is drawn to scale, with
branch lengths representing the number of substitutions per site. The analysis involved 153 sequences.
All positions containing gaps and missing data were eliminated. The final dataset comprised a total of
304 positions. Evolutionary analyses were conducted in MEGA7 software [40].
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To confirm this idea, we used a mini-replicon system-based approach to identify the target
sequence of NP for eqMx1. We swapped expression plasmids between the different strains H7N9ZJ13

and H3N8JL89 to determine whether an Mx1-sensitive mini-replicon system could be converted into a
more resistant system and vice versa (Figure 3A). The replacement PB1, PB2, or PA from H3N8JL89

into H7N9ZJ13, did not change the polymerase activity of the re-assorted complex to a large extent.
However, the replacement by H3N8JL89 NP resulted in a complete reversal of the polymerase activity
of H7N9ZJ13 equivalent to the actual H3N8JL89 polymerase system (Figure 3B). Thus, our approach
identified the IAV NP as a possible target of eqMx1.

Figure 3. The viral NP is responsible for the sensitivity to eqMx1. (A) Schematic representation of the
assortment of viral polymerases. The four polymerases (PB1, PB2, PA, and NP) from chicken H7N9ZJ13

were swapped one by one with the equivalent polymerases from A/equine/Jilin/1/1989 (H3N8JL89), and
each group of assorted plasmids was co-transfected into HEK293T. (B) Relative Luciferase activities
of combination sets of IAV against eqMx1. Cells were co-transfected with expression plasmids of
the polymerase PB1 (40 ng), PB2 (40 ng), PA (20 ng), and NP (80 ng) in six different groups, (i) all
polymerases of H7N9ZJ13, (ii) all polymerases of H3N8JL89, (iii) PB2, PA, NP of H7N9ZJ13 and PB1 of
H3N8JL89, (iv) PB1, PA, NP of H7N9ZJ13 and PB2 of H3N8JL89, (v) PB1, PB2, NP of H7N9ZJ13 and PA
of H3N8JL89, (vi) PB1, PB2, PA of H7N9ZJ13 and NP of H3N8JL89, together with 40 ng of minigenome
reporter (FF-luc) and 10 ng of Renilla luciferase expression plasmids (pRL-TK, as an internal control) in
the presence of HA-tagged pcDNA-3.1 eqMx1 or an empty control vector at an increasing concentration
0, 50, 100, and 200 ng each. After 24 hr of transfection, cells were lysed using a 1X reporter lysis buffer.
Firefly and Renilla luciferase activities were measured. The resulting relative activity in the presence of
either H7N9ZJ13 or H3N8JL89 was set to 100%. The western blot analysis shown in (B) was performed to
determine the expression levels of eqMx1 and NP. (Statistical differences between samples are indicated,
according to a one-way ANOVA followed by a Dunnett’s test; NS = not significant, * 0.01 ≤ p < 0.05,
** 0.001 ≤ p < 0.01, *** p < 0.001. Error bars represent the SEM within one representative experiment).
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3.3. Identification of Residues in NP of the H3N8JL89 Influenza A Virus Responsible for Resistance to eqMx1

Next, we evaluated the key residues of NP from the H3N8JL89 IAV that confer eqMx1 resistance in
the context of the H7N9ZJ13 polymerase. The sequence analysis comparing the NPs of H7N9ZJ13 and
H3N8JL89 of avian origin showed 16 amino acids (AAs) variations between the two strains (Figure 4A).
Based on the sequence alignment obtained in Figure 4A, two different chimeras were constructed by
fusing two NP proteins from H3N8JL89 and H7N9ZJ13 (Figure 4B) and tested their polymerase activity
against eqMx1. An artificial chimera N-JL89xH7N9-C comprised of the N-terminal 200 AAs of the
H3N8JL89 NP and the C-terminal domain (AAs position 201 to 480) of the H7N9ZJ13 NP, behaved
like the full-length H3N8JL89 NP, indicating that the eight different AAs at the C-terminal of the
NP protein did not contribute to the Mx1 resistance phenotype (Figure 4C). However, a chimeric
construct N-H7N9xJL89-C with the replacement of the N-terminal of H3N8JL89-NP by 200 AAs from
H7N9ZJ13 made it more sensitive towards inhibition by eqMx1 in contrast to the actual H3N8JL89-NP.
Conversely, the opposite mutant N-JL89xH7N9-C that had an insertion of 200 AAs from H3N8JL89 into
the N-terminal of H7N9ZJ13-NP lost its activity as compared to the wild type H7N9ZJ13-NP, indicating
that the N-terminal played a key role in the determination of resistance or sensitivity towards eqMx1
(Figure 4C).

Out of eight substitutions of NP, two positions V85A and T197I were not selected for mutations as
when the sequence of two strains of H3N8, H3N8JL89, and H3N8XJ07, were compared, the H3N8XJ07

(GenBank accession no. EU794560.1) contained the same amino acids at these positions as that of
H7N9ZJ13, suggesting that these sites were not responsible for eqMx1 restriction (Figure 5A). The
other six residues were selected for single point mutations in both H3N8JL89 NP and H7N9ZJ13 NP. In
H3N8JL89 NP, the mutants were G34S, G50S, H52N, K77R, M105V, and V186I. We found mutations G34S
(albeit not statistically significant) and H52N altered the restriction of eqMx1, whereas the mutants
G50S, K77R, M105V, and V186I remained completely unaffected by eqMx1. The effect of these point
mutations was also confirmed by creating reverse mutations in the H7N9ZJ13 NP. As expected, the
reverse effect was observed for the mutation at site 52 of H7N9ZJ13 NP (N52H) (Figure 5B). However,
interestingly, mutating S34G in the H7N9ZJ13 NP had no distinguishable alteration in the activity
towards eqMx1, rather a markedly less resistant phenotype was observed and the mutant behaved
like a wild type H7N9ZJ13 NP. Similarly, mutations at S50G, R77K, V105M, and I186V of H7N9ZJ13 NP
showed no effect and mutation I186V showed more inhibition towards eqMx1. These results indicate
that position 52 of equine IAV is important for NP adaptation to eqMx1.

In order to confirm the importance of site 52, common to both H3N8JL89 NP and H7N9ZJ13 NP, the
specific mutations were introduced into H5N1 NP and tested for its influence on eqMx1 resistance in
the H5N1 polymerase reconstitution assay. H5N1 was chosen because it is another avian IAV that is
blocked by eqMx1. H5N1 contains Tyrosine (Y) at position 52 (Figure 5C). As expected, point mutations
in H3N8JL89 NP (H52Y) and H5N1 NP (Y52H) showed a reverse effect against eqMx1, confirming
the importance of position 52. In order to determine the effect of the two identified sites 34 and 52 in
H3N8JL89 in resistance against huMxA, the polymerase activity of three H3N8JL89 NP mutants G34S,
H52N, and H52Y, as well as two H7N9ZJ13 NP mutants S34G and N52H, were measured. The mutants
G34S, H52N, and H52Y showed less pronounced polymerase activity than the wild type H3N8JL89 NP
but still could not escape the antiviral activity of huMxA (Figure 5D). Similarly, reverse mutations in
H7N9ZJ13 NP, S34G, and N52H did not alter the sensitivity to huMxA (Figure 5E). A decent expression
level of all the NP mutant plasmids was detected using western blotting. Together, these results
suggested that the amino acids at position 52 of NPs from different IAVs conferred Mx1 resistance.
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Figure 4. The N terminal of the NP determines the resistance to the restriction of eqMx1. (A) The
sequence alignment of NP from H7N9ZJ13 and H3N8JL89 showed the differences in AAs at 16 different
positions. (B) The schematic presentation of mutant NP sequences generated using overlapping
PCR. The NP sequences of H3N8JL89 and H7N9ZJ13 were divided into two segments at the N and C
terminals (AAs position N = 1–200; C = 201–480). The figure shows the nucleotide positions where the
site-directed mutants of NP sequences were generated. (C) The relative luciferase activity of chimeric
clones of NP against eqMx1. Constructed site-directed mutants of the NP sequences were tested for
their polymerase activities in the presence of an HA-tagged pcDNA-3.1 eqMx1 or pcDNA-3.1-HA
empty control vector, transfection complexes of viral polymerases and reporter plasmids were made
and the test was performed as described earlier. The expression levels of eqMx1 and NP proteins were
assessed using western blotting. (Statistical differences between samples are indicated, according to a
one-way ANOVA followed by a Dunnett’s test; NS = not significant, * 0.01 ≤ p < 0.05, *** p < 0.001.
Error bars represent the SEM within one representative experiment).
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Figure 5. Single amino acid mutation of the NP confers resistance to eqMx1. (A) The different AAs in
the NP of H7N9ZJ13, H3N8JL89, and H3N8XJ07. (B–E) HEK 293T cells were transfected with a firefly
minigenome reporter, Renilla expression control, and respectively indicated point mutants of the NP
from either H3N8JL89 polymerase (B) or H7N9ZJ13 polymerase (B) or H5N1 polymerase (C) in the
presence of eqMx1 (0, 200 ng). Polymerase activity of mutants with point mutations at sites 34 and 52 of
the NP from both H3N8JL89 (D) and H7N9ZJ13 (E) was measured against huMxA (0, 200 ng). Luciferase
activity was measured at 24 hr post-transfection. The polymerase activity observed in the presence of
the HA-tagged eqMx1 was normalized to an empty control vector (black bar). The resulting relative
activity in the presence of either H7N9ZJ13 (blue) or H3N8JL89 (grey) was set to 100%. The sequence
analysis of the aforementioned IAV strains is shown in C. (A–E) data are firefly Luciferase gene activity
normalized to that of Renilla. (Statistical differences between cells are indicated, following a one-way
ANOVA and subsequent Dunnett’s test; NS = not significant, * 0.01 ≤ p < 0.05, ** 0.01 ≤ p < 0.01,
*** p < 0.001. Error bars represent the SEM of the replicates within one representative experiment). The
expression levels of all NP point mutant proteins were assessed by western blotting.
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3.4. The Amino Acid Position 52 of NP Affects its Interaction with eqMx1

To further confirm the interaction between NP and eqMx1 and the importance of site 52 of the NP
in determining this interaction, we conducted a co-immunoprecipitation (Co-IP) experiment using
different NP proteins and eqMx1 protein. Flag-tagged eqMx1 was co-expressed in HEK293T cells,
individually or in combination with expression plasmids of PB1, PB2, PA, viral reporter RNA (FF-luc),
and NP from either H3N8JL89 and mutants (H3N8JL89-G34S-NP, H3N8JL89-H52N-NP) or H7N9ZJ13

and its mutants (H7N9ZJ13-S34G-NP, H7N9ZJ13-N52H-NP), to mimic the viral vRNPs. Twenty four
hours post-transfection, total cell lysates were harvested from transfected cells, and western blotting
was performed after FLAG-IP using Anti-FLAG M2 magnetic beads (Sigma Aldrich, St. Louis, MO,
USA, M8823). Results showed that when the eqMx1 was co-expressed with either H3N8JL89-NP or
H3N8JL89-G34S-NP, no interaction was identified. Expectedly, the mutant H3N8JL89-H52N-NP showed
a strong interaction with eqMx1 (Figure 6A). In contrast, Flag-tagged eqMx1 was co-immunoprecipitated
with NP from H7N9ZJ13 and its mutant –S34G when they were co-expressed. This interaction was lost
when site 52 mutated in H7N9ZJ13 to–N52H (Figure 6B). This finding gave evidence to the hypothesis
that position 52 could be the most important site for interaction between eqMx1 and NP of IAV.

Figure 6. Co-immunoprecipitation of eqMx1 and NP/PB2. We carried out this experiment by doing a
pull-down of the NP followed by the analysis of co-immunoprecipitated PB2 using HEK293T cells that
were co-transfected with p3XFLAG- eqMx1 (4 μg) together with PB1, PB2 (2 μg each), PA, FF-Luc (1 μg
each), and NP expression plasmids from H7N9ZJ13 or its mutants H7N9 ZJ13-S34G, N52H; or H3N8JL89

or its mutants H3N8JL89-G34S, H52N; or an empty control vector (4 μg each). Total lysates were
made 24 hr after transfection, HEK293T cells lysates were assayed by FLAG-IP (A,B) or NP-IP (C,D)
and blotted with the indicated antibodies. The PB2 antibody was acquired from NOVUS Biologicals,
Centennial, Colorado, USA (NBP2-42879). For western blot analysis, actin was used as a loading
control. All experiments were repeated three times and representative figures are shown.

To confirm this result, the reverse Co-IP experiment with Anti-NP magnetic beads (MCE protein
A/G magnetic beads and NP antibody from our lab) was done (Figure 6C,D) and the results confirmed
the results obtained in Figure 6A,B. It has been previously reported that interaction between PB2 and NP
is crucial for the establishment of an enzymatically-active influenza RdRp in RNP complexes [42], and
that enzymatically-active Mx1 blocks viral replication by blocking the PB2-NP interface, signifying its
direct effect on the vRNP complex. Therefore, we analyzed the PB2-NP interaction in the IP complexes
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in the presence of eqMx1. No PB2 was found co-immunoprecipitated with H3N8JL89-H52N-NP,
H7N9ZJ13-NP, and H7N9ZJ13-S34G. On the other hand, in the complex where there was no interaction
between eqMx1 and NP (H3N8JL89,-G34S and H7N9ZJ13,-N52H) PB2 was co-immunoprecipitated with
the said variants of NP (Figure 6C,D; lanes 4 to 6). This result supported the model in which eqMx1
interacts with the influenza RNP and affects its assembly by disturbing the PB2-NP interaction [6].
Together these results reveal a fundamental function of site 52 in altering IAV polymerase activity in
the presence of eqMx1, as well as its interaction with eqMx1.

3.5. A Single Mutation at Position 52 in H3N8JL89 NP Allows the Virus to escape from eqMx1 Restriction

To further evaluate the importance of 52H of the NP protein in the resistance of eqMx1, we
rescued viruses H3N8JL89 and H3N8JL89 with an H52N substitution in the NP using a reverse genetic
system as previously described [34]. Viral titers were calculated by means of the Reed and Muench
methodology [36]. MDCK cells expressing HA-tagged pcDNA3.1-eqMx1 or HA-tagged pcDNA3.1
empty control vector, were infected at an MOI of 0.001 for a duration of 1 hr with these harvested viruses
and the supernatants were collected at 0, 12, 24, 36, and 48 hr post-infection, and RNA was extracted.
Real-time quantitative PCR (qPCR) was performed to determine relative mRNA expression levels. We
found that the wild type H3N8JL89 had almost the same number of copies in the presence or absence of
eqMx1 during replication, whereas the number of copies of mutant virus (JL89-H52N) were drastically
reduced in the cells expressing eqMx1, indicating that this mutant virus strain could be blocked by
eqMx1, in contrast to the wild type H3N8JL89 virus (Figure 7A). Additionally, viral titers were measured
using TCID50 /mL and the results were in accordance with the qPCR analysis (Figure 7B). From these
data we can conclude that a single position in the NP of the H3N8JL89 virus (position 52) is essential for
viral replication and to allow the virus to escape the restriction effect of eqMx1.

 

Figure 7. The replication abilities of viruses with different NPs underexpression of eqMx1. (A)
MDCK cells expressing HA-tagged eqMx1 were infected with wild type (H3N8JL89) or mutant viruses
(H3N8JL89-H52N-NP) at an MOI of 0.001 and the supernatants were collected at 0, 12, 24, 36, and 48 hr
post-infection. Total RNA from the collected supernatants was extracted using the RNeasy plus mini kit
(Qiagen) and subjected to one-step real-time quantitative PCR (qPCR) analysis using the AgPath-ID™
One-Step RT-PCR reagents according to manufacturer’s protocol. Relative mRNA expression levels
were determined using double-standard curve methods. All the experiments were performed three
times and with three replicates with means ± SE shown. (B) MDCK cells expressing eqMx1 were
infected with wild type (H3N8JL89) or mutant viruses (H3N8JL89-H52N-NP) at an MOI of 0.001 and
the supernatants were collected at 0, 12, 24, 36, and 48 hr post-infection. These supernatants were
subsequently used to infect MDCK cells at different dilutions (10−1 to 10−11) with at least four repeats.
48 hr post-infection, immunofluorescence assays (IFA) were performed using specific antibodies against
viral NP (from our lab) and FITC-labelled secondary antibody. Finally the viral titers were calculated
using Reed and Munech methodology and results are shown as TCID50/mL. The results of a single
experiment performed with four repeats are shown and results were subsequently confirmed in three
separate experiments. Error bars indicate standard deviations (SD).
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4. Discussion

The interferon-induced huMxA protein signifies a key interspecies barrier for a large number of
zoonotic viruses, including IAVs [8]. Equine Mx1, encoded by a gene located on chromosome 26, is a
homolog of MxA from humans or other hosts and has been poorly studied [43,44]. A recent study
on the comparison of antiviral activity of Mx1 from different host species includes the corresponding
gene from equines and suggests that its antiviral activity against the influenza virus was similar to
Mx1 from water buffalo [14]. Here we firstly compared the antiviral potentials of Mx1 proteins from
human and equine hosts and identified the potential eqMx1 to inhibit IAV from different species in a
species-specific manner. We further identified that NP is responsible for interaction with eqMx1 and
confers resistance to the restriction of eqMx1. A single amino acid mutation H52N of NP alters this
resistance and interaction to eqMx1 and changed the viral replication ability when eqMx1 was present.

Equine H3N8JL89 is predicted to be evolved from an avian origin and equine IAV epizootics has a
relation to IAV epidemics in humans and canines [45]. The equine IAV H3N8 strain has been seen to
affect dog populations, indicating its efficiency in switching stable hosts and to evolve under antigenic
drift [46]. The H3N8 virus has also been isolated from a swine population in China, but this has not
been confirmed as a stable host switch, and sequence and phylogenetic analyses of eight gene segments
showed that the two swine isolates were of equine origin and most closely related to European equine
H3N8 influenza viruses from the early 1990s [47]. All this evidence is of rare cases and the equine IAVs
keep an independent evolutionary lineage compared with IAVs from other species.

NP is known as a key module of the vRNP complex and is indispensable for virus replication.
NP is the most conserved protein within IAV viral proteins and was identified as a determinant of
viral sensitivity towards Mx1 proteins in previously conducted studies, for example, site mutations
at 48Q, 98K, and 99K in A/swine/Belzig/2/2001 are sufficient to provide resistance to huMxA [20–22].
By using polymerase reconstitution assays, we found two positions in H3N8JL89 NP, G34, and H52,
which could be a possible target for H3N8JL89 IAV. In our study, we showed that in the H7N9ZJ13 NP
the mutation N52H enabled it to escape the eqMx1 restriction. Interestingly, the S34G substitution
in the H7N9ZJ13 did not reverse the activity against eqMx1. Substituting tyrosine (Y) at position 52
with histidine (H) in H5N1 altered the polymerase activity of H5N1 drastically and eqMx1 almost
lost its restriction affect towards H5N1-Y52H. A similar substitution in H3N8JL89 NP (H3N8JL89-H52Y)
produced a reverse effect and eqMx1 inhibited the polymerase activity, confirming the importance
of this site. We concluded that site 52 is more universal for eqMx1 as it was found to be of equal
importance in both IAV strains, whereas site 34 was found to alter the polymerase activity only of
H3N8JL89 against eqMx1. The sequence alignment of unique sequences of H7N9 and H3N8 predicted
that position 52 was highly conserved in both strains, whereas site 34 was more prone to mutations in
both strains, reiterating the importance of site 52. None of the mutations at sites 34 and 52 in either
H3N8JL89 or H7N9ZJ13 had a significant effect against huMxA but showed a slight alternation of the
restriction instead. These sites may be important in escaping the huMxA antiviral activity when in
combination with other as yet unidentified sites.

The NP and PB2 have been found to have a major role in blocking the antiviral effect of murine
Mx1 [18–20]. As previously reported, the interaction between PB2 and PB1 is not influenced by the
presence of the Mx1 protein. Mx1 inhibits the interaction between PB2 and NP, probably leaving the
ternary RdRp complex intact, suggesting that Mx1 inhibits the interaction between the RdRp and the
NP protein in vRNP complexes [6,18]. Our results helped to explain how eqMx1 could block viral
replication by interacting with viral NPs, thus blocking NP-PB2 interaction and explaining how a
single mutation could affect the binding of two proteins.

The interaction of Mx1 with PB2 and NP could be direct or indirect. Other cellular proteins might
be involved in this interaction and could act as a bridge between Mx1 and the vRNP complex. Only a
few proteins have been reported to interact with the Mx1 protein, and these interacting proteins are
potential candidates as bridging factors [48]. Multiple cellular proteins interact with PB2 and/or NP
and might fulfill this function. The aforementioned experiments clearly demonstrate an interaction
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between Mx1 and PB2 or NP when all components of the minireplicon system are present, but Verhelst,
Judith, et al. have reported that this interaction between Mx1 and PB2 or NP could occur in the presence
or absence of other viral proteins. The authors also reported that interactions between Mx1 and PB2
or NP on the other cannot be detected in the absence of NEM [6]. We also observed a similar result
during the IP experiment (data not shown). NEM might preserve the conformation of viral proteins or
a cellular factor that mediates the interaction between Mx1 and PB2 or NP. It is also possible that the
interactions are too transient or too weak, and inhibiting the GTPase activity of Mx1 by using NEM
could stabilize these interactions.

The HEK293T cell line was selected as the first choice for the transfection of plasmids throughout
the study except for virus infection experiments because the HEK293T cells are well used in previous
studies [6,38,49,50]. Since influenza viruses are the pathogens that cause major respiratory tract
infections, the lung epithelial cells might be used for in vitro analysis of host-virus interaction at
the cellular level. We tried to transfect human lung epithelial A549 cells but found the transfection
efficiency was very low (only about 10–20%). Additionally, when compared with the endogenous MxA
in both cell lines using MX1 rabbit polyclonal antibody (Protientech, Rosemont, Illinois, USA), A549
cells did express notable levels of endogenous human MxA that might interfere with our results (see
Figure S1). A validation of interaction between eqMx1 and viral NP, and the site-specific antagonism
of different viral strains, in lung epithelial cells of equine origin might be a future perspective in order
to clarify the mode of action of equine Mx1 in vitro.

To summarize, like its other homologs, eqMx1 could be an efficient barrier against the transmission
of IAVs into the equine population. The anti-influenza activities of eqMx1 were species-specific and
the NP was the major target of eqMx1. The key sites on H3N8JL89 NP determined the sensitivity
and resistance to eqMx1. Further extensive studies are required to demonstrate the exact molecular
mechanism involved in the structure-specific interaction and evolution, which may deliver new aims
for antiviral intervention.
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