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Superiore di Sanità (National Institute of Health) of Rome. In 2003, she was a visiting scientist for one 
year at the Center for Biofilm Engineering, Montana, USA, where she worked on the development of 
polyacrylates releasing drugs on demand. In 2005, she obtained a Ph.D. degree at the Sapienza 
University of Rome in Chemical and Industrial Processes, researching antimicrobial functionalized 
polyurethanes. Her research interests include synthesis of antimicrobial and antifouling polymers, 
drug-releasing polymers, and magnetic core/shell nanocomposites for drug targeting. She has been 
an invited speaker at several international conferences and Guest Editor of several Special Issues of 
International Journal of Molecular Science. Currently, she is member of the Editorial Board of the 
International Journal of Molecular Science, section Biomaterial Science, and has authored 64 scientific 
publications in international Journals, 3 book chapters, and more than 60 conference proceedings, 
with an H-index of 21.

ix





 International Journal of 

Molecular Sciences

Editorial

Polymeric Systems as Antimicrobial or
Antifouling Agents

Iolanda Francolini * and Antonella Piozzi *

Department of Chemistry, Sapienza University of Rome, P.le Aldo Moro, 5-00185 Rome, Italy
* Correspondence: iolanda.francolini@uniroma1.it (I.F.); antonella.piozzi@uniroma1.it (A.P.)

Received: 25 September 2019; Accepted: 29 September 2019; Published: 30 September 2019

The rapid increase in the emergence of antibiotic-resistant bacterial strains combined with
a dwindling rate of discovery of novel antibiotic molecules has lately created an alarming issue
worldwide [1]. Resistant genes in microorganisms may be inherited from forerunners or acquired
through genetic mutations or gene exchange [2]. Although the occurrence of resistance in microbes is
a natural process, the overuse of antibiotics is known to improve the rate of resistance evolution [3].
Indeed, under antibiotic treatment, susceptible bacteria inevitably die, while resistant microorganisms
proliferate under reduced competition. Therefore, the out-of-control use of antibiotics causes the
elimination of drug-susceptible species that would naturally limit the expansion of resistant ones. On top
of that, the ability of many microbial species to grow as biofilm has further complicated the treatment
of infections with conventional antibiotics. Indeed, microbial biofilms, that is microbial communities
growing attached to abiotic surfaces (medical devices, surgical instruments, industrial pipelines,
etc.) and tissues [4], are known to be an optimal environment to amplify both naturally occurring
and induced antibiotic-resistance phenomena [5]. That together with other defense mechanisms
significantly increases biofilm antibiotic tolerance.

A number of corrective measures are currently under exploration to reverse or slow down antibiotic
resistance evolution, among which the development of polymer-based antimicrobial compounds has
emerged as one of the most promising solutions [6,7]. Indeed, antimicrobial polymers benefit from
a non-specific mode of action, primarily targeting the microbial membrane, and generally display less
propensity to promote antimicrobial resistance. Most of the so far investigated polymeric biocides
are able to interact with the bacterial cell membrane causing membrane disassembly and leakage of
intracellular material [8,9]. Interestingly, some antimicrobial polymers have also been reported to
potentiate the activity of conventional antibiotics [10].

A plethora of different polymer systems has been designed to prevent or treat biofilm
formation, including: (i) cationic polymers [11,12]; (ii) antibacterial peptide-mimetic polymers [13,14];
(iii) polymers or composites able to load and release bioactive molecules [15–17]; and (iv) antifouling
polymers, able to repel microbes by physical or chemical mechanisms [18]. The potential fields of
application of antimicrobial polymers are numerous. They may play a predominant role in the design
and fabrication of medical devices as well as in food packaging and as drug carriers.

This special issue collected nineteen papers, of which four were reviews and fifteen were original
articles. All of the four reviews were essentially focused on the application of antimicrobial polymers
in the biomedical field [19–22]. The review by Cattò and Cappitelli [19] provided an overview of
the most common methods for testing the antibiofilm activity of polymeric surfaces. The authors
underlined how there is a general lack of standardized in vitro methods as well as controlled in vivo
studies, which may question the relevance of obtained results. In this regard, simplified guidelines
were proposed in the review to help readers choose the most appropriate tests for their objectives.

The review by González-Henríquez and colleagues was instead focused on the manufacturing
of 3D-printed objects based on antimicrobial polymers for the production of personalized devices,
including implants and drug dosage forms [20]. In the first part of the review, a particular manufacturing
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technology to produce 3D-objects, that is “additive manufacturing”, was described, and illustrative
examples of fabrication of 3D-objects using natural and synthetic antimicrobial polymers were discussed.

The potentiality of antimicrobial polymers to replace existing antibiotics was reviewed by
Kamaruzzaman et al. [21], who provided the latest updates in the context of ESKAPE (Enterecoccus
faecium, Staphylococcus aureus, Klebsiella pneumoniae, Acinetobacter baumannii, Pseudomonas aeruginosa, and
Enterobacter spp.) pathogens. Finally, the state of the art of antibacterial polymers against periodontal
pathogens was reviewed by Chi et al. [22], who paid particular attention to polymeric systems for
functional guided tissue regeneration (GTR) membrane, polymer composites for decay restoration,
and photosensitizer (PS) modification for photodynamic therapy enhancement.

As for the 15 original articles of this special issue, they can be sketchily divided in two broad
categories, namely studies focused on polymers able to kill microorganisms (antimicrobial systems) and
studies focused on materials with fouling resistance properties (antifouling systems).

Among the antimicrobial systems, readers can find antimicrobial peptides [23–26], cationic
polymers [27–31], and inorganic/polymer composites [32–34].

Basically, four antimicrobial peptides were investigated: (i) Halictine-1, for which the correlation
between changes in primary/secondary structure and antimicrobial activity was studied through
various membrane-mimicking models [23]; (ii) Magainin 2, whose antibiofilm activity was tested
against Acitenobacter baumannii strains [24]; (iii) the lipopeptide (C10)2-KKKK-NH2, whose potentiality,
alone and in combination with lens liquids, in the prophylaxis of contact lens-related eye infections
was studied [25]; and iv) a bactenecin-derivative peptide named 1018K6, which was conjugated to
polyethylene terephthalate (PET) to obtain an active packaging for the food industry [26].

As far as cationic polymers are concerned, a thermally stable cationic polymer biocide was
obtained by Moshynets and colleagues [27], through polymerization of guanidine hydrochloride and
hexamethylenediamine. Such polymer biocide was then incorporated into Polyamide 11 film to obtain
contact-active composites. Interesting antibiofilm activities were found against two biofilm-forming
model bacterial strains, E. coli K12 and S. aureus ATCC 25923 [27].

The synthesis of peptides-mimicking amphiphilic cationic copolymers based on maleic anhydride
and 4-methyl-1-pentene was reported by Szkudlarek et al. [28]. The copolymers were then quaternized
with either methyl iodide or dodecyl iodide to stabilize polymer cationic charges. Of particular
relevance was the minimum inhibitory concentration (MIC) of quaternized copolymers, which was
found to be lower than Nisin on a molar basis.

Cationic acrylic copolymers based on poly(2-hydroxy ethyl methacrylate) (HEMA), a largely
employed biocompatible polymer, were investigated in 2 of the 15 studies of this special issue [29,30].
Specifically, Muñoz-Bonilla et al. [29] copolymerized HEMA with a methacrylic monomer bearing
a thiazole side group susceptible to quaternization, while Galiano et al. [30] used UV-induced
polymerization to copolymerize HEMA with two cationic acryloyloxyalkyltriethylammonium bromides
(C-11 or C-12 alkyl chain linker). In both studies, copolymers exhibited significant activity versus
Gram-positive (S. aureus) and Gram-negative (P. aeruginosa and E. coli) bacteria and, as expected,
copolymer antimicrobial activity increased with increasing of the cationic unit content. Cationic
poly(methylmethacrylate)-based nanoparticles were instead prepared by Galvão et al. [31]. The layering
of such nanoparticles onto model surfaces (silicon wafers, glass, and polystyrene sheets) resulted in
a significant reduction (ca. 7 logs) of the number of E. coli and S. aureus adhered onto the coated-surfaces
compared to pristine surfaces.

Always in the framework of antimicrobial systems, three types of antibacterial inorganic/polymer
composites were reported in this special issue [32–34]. Antibacterial cuprous oxide nanoparticles
(Cu2ONPs) were loaded into linear low-density polyethylene (LLDPE) by Gurianov et al. [32] to develop
materials for tap water and wastewater disinfection. Inorganic silica materials functionalized with
various types of organic groups (3-aminopropyl, 3-mercaptopropyl, or 3-glycidyloxypropyl groups)
were used as bone-targeted delivery systems for metronidazole [33]. Antibacterial and antioxidant
phenol molecules, extracted from olive mill wastewater, were intercalated into the host structure
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of ZnAl layered double hydroxide and employed for the preparation of poly(butylene succinate)
composites by Sisti et al. [34]. These composites showed interesting properties for application in
food packaging.

Finally, three studies of this special issue were focused on development of antifouling systems
following different approaches [35–37]. Francolini and colleagues [35] functionalized segmented
polyurethanes, one of the most important class of biomedical polymers, with polyethylene glycol
(PEG), known to possess strong antifouling properties. Findings showed how PEG-functionalization
not only positively affected polyurethane ability to resist to Staphylococcus epidermidis adhesion but
also improved mechanical properties of the polymer with clear advantages for practical applications.
Cattò et al. [36] immobilized the protease α-Chymotrypsin, supposed to degrade the biofilm matrix,
on a low-density polyethylene surface. Interestingly, enzyme immobilization significantly weakened
E. coli biofilm formation affecting thickness, roughness, and surface area coverage but not bacterial
viability, thus reducing the risk of drug resistance development. Finally, Faÿ and coworkers [37]
developed antifouling paints by the use of three additives (Tween 80, Span 85, and PEG-silane) as
surface modifiers.

In conclusion, antimicrobial polymers may have a pivotal role in the global effort to find solutions
against drug resistant infections. In the last 20 years, great scientific and technological advances
have been made in this area, mainly thanks to the increased knowledge on mechanisms involved
in materials/bacteria interaction as well as on the complexities of biofilm biology. Such knowledge
was and still is the inspiration for biomaterials scientists to develop materials able to control biofilm
formation. Despite that, a massive amount of work still remains to be done to address unsolved
challenges, such as long-term stability, functionality, and biocompatibility of antimicrobial polymers.
Translational research is also strongly needed in the near future, in order to make possible the transition
of antimicrobial polymers from the bench to the patient bedside.

Conflicts of Interest: The authors declare no conflict of interest.
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Abstract: Present day awareness of biofilm colonization on polymeric surfaces has prompted the
scientific community to develop an ever-increasing number of new materials with anti-biofilm
features. However, compared to the large amount of work put into discovering potent biofilm
inhibitors, only a small number of papers deal with their validation, a critical step in the translation of
research into practical applications. This is due to the lack of standardized testing methods and/or of
well-controlled in vivo studies that show biofilm prevention on polymeric surfaces; furthermore, there
has been little correlation with the reduced incidence of material deterioration. Here an overview of
the most common methods for studying biofilms and for testing the anti-biofilm properties of new
surfaces is provided.

Keywords: anti-biofilm surfaces; polymeric surfaces; biofilm methods; biofilm analysis; biofilm devices

1. Introduction

Polymeric materials, given their low cost, high specificity and adaptability [1], are currently used
for a very broad range of applications ranging from structural materials to coatings, health care [2],
packaging [3,4], communication [5], heritage [6,7], energy [8], transportation [9] and the agri-food
industry [10]. Indeed, the very easy manipulation of molecular structure and chemical composition
allows the production of innovative, advanced materials with specific chemical, biological, and physical
features [1]. Polymer materials can be lightweight, hard, strong, and flexible, and can have peculiar
thermal, electrical, and optical properties [1]. Consequently, in the last decade, material science has
been experiencing an ever-growing active demand for innovative polymers of notable importance in
present-day life.

Although polymeric materials play an invaluable role in providing solutions for a wide range of
applications they are also easily colonized by biofilm, microorganisms that live in a self-organized,
cooperative community attached to a substratum and covered by a self-produced matrix of extracellular
polymeric substances (EPS) [11]. On the global scale, the impact of biofilm on present-day life is
incalculable, with the spending of billions of dollars throughout the different sectors of the economy [12].
Biofilms are potentially able to contaminate all polymeric structural and infrastructural elements,
systems, and devices, such as plumbing, medical implants, food processing facilities, and heating
and air conditioning systems [13]. The result is a reduced industrial yield as well as the physical
degradation of industrial systems such as pipe obstruction and corrosion [14]. In food-processing
plants and drinking water networks, biofilm is a persistent source of microbial contamination that
can affect the quality and safety of food products and water [15–17]. The worst biofilm reputation
is most probably that of biofilm associated with medical implants, causing more than 60% of all
microbial infection in humans [18,19]. Indeed, infection can give rise to complications, such as
life-threatening systemic infections, contributing to post-operative morbidity, mortality, protracted
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hospitalization and re-operation rate, diagnostic tests and treatments increase, resulting in medical
and financial burden [20,21]. It has been estimated that catheter-associated urinary tract infections
cause approximately 40% of worldwide hospital-acquired infections, there being approximately
900,000 cases each year in the United States alone, at an annual cost ranging from 296 million to 2.3
billion dollars [22,23].

Strategies to alleviate the effects of biofilm formation on polymeric material have focused on
cleaning and disinfection treatments aimed at killing microbial sessile cells already present on the
surface. However, such treatments are not totally effective as biofilm microorganisms have features that
provide successful conditions for microbial life, including enhanced resistance to antibiotic and biocide
treatments [24,25]. Indeed, biofilm-associated resistance is due to several factors like the physiological
state of the sessile cells themselves and their physical structure, as well as the presence of EPS that
act as a barrier for such cells [26]. Furthermore, resistance towards many antibiotics has increased in
several pathogenic microbial taxa, reducing the chances to treat effectively infections and increasing
the risk of complications and fatal outcomes [27].

Consequently, in the past 20 years, studies in the field have addressed the development of
preventive strategies, rather than approaches that kill microorganisms after their surface colonization.
Indeed, the development of polymeric materials that can prevent microbial adhesion or weaken biofilm
structure has emerged as a promising approach to overcome material-associated biofilm problems [28].

However, despite promising results, many experimental polymeric anti-biofilm surfaces reported
in the literature have never been translated into real applications, nor have all newly created anti-biofilm
surfaces undergone the critical step of validation of their anti-biofilm performance [29]. The in vivo
testing of new anti-biofilm materials is an arduous task due to limited experimental control. It has been
shown that in vivo assays can partially predict biofilm outcomes in humans, though there can be poor
correlation with the clinical outcome [30,31]. Furthermore, and this is no less important, it is becoming
more and more difficult to get approval for animal studies. Indeed, in most countries, the approval for
animal experiments depends on convincing in vitro evidence of efficacy [29,32]. Tissue cultures have
been used as a surrogate for in vivo biofilm studies, but the construction of a three-dimensional tissue
culture is labour intensive and expensive. Moreover, experiments can only be conducted for short
periods of time (i.e., in less than 24 hours) due to the cytotoxic effects on the cells, this cytotoxicity
being due to both the biofilm itself and to the anti-biofilm surface, thus reducing the utility of these
studies as biofilms generally take multiple days to reach maturity [20].

Therefore, attention here is paid to in vitro evaluation methods, which are a compromise between
the reality of the in vivo ecosystem and the simplification of the system. However, a well-devised
model and studies allow researchers to get relevant results [33]. Whereas there are several in vitro
industrial standard tests to evaluate the antimicrobial (i.e., killing of microorganisms) efficacy of
medical and non-medical products, there are no accepted standardized assays and validated methods
to properly assess the activity of anti-biofilm material [34]. Indeed, current in vitro evaluation standard
tests, especially tailored for specific action mechanisms that lead to cell death, are inadequate for
today’s different advanced anti-biofilm surface designs. Note that the surface evaluation standard
tests available today are mostly intended to test the ability of the material to abate microbial viability,
without taking into consideration the differences in the mechanism of action [29]. Indeed, the tests
attempt to evaluate biofilm inhibition and eradication without proper investigation of the variability in
biofilm architecture and the complexity of its development [34]. This deficiency in methodology has
adversely affected the translation of research into practical industrial and medical applications, and to
regulatory agencies that assess the real-life usefulness of anti-biofilm surfaces.

Over the last couple of decades, a variety of simplified in vitro systems have been proposed to
study biofilm formation [35]. Therefore, given the lack of standardized procedures to test anti-biofilm
properties of materials, the only solution to test novel anti-biofilm surfaces for clinical purposes is to
adapt the lab-scale devices and procedures presently used to obtain biofilms [36].
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This review provides an overview of the most commonly used in vitro methods to study
biofilm formation, and the recent findings available, and methods suitable for adaptation to test
anti-biofilm polymeric surfaces. After presenting a brief description of the properties of the innovative
anti-biofilm polymers provided to date by the scientific community, the authors propose currently
available methods for evaluating the anti-biofilm activity of new anti-biofilm surfaces, and guidelines
that would help readers choose the most appropriate test according to their objectives. Notably,
the experimental procedure takes into account three steps: (i) identification of the relevant model
microorganisms; (ii) selection of the experimental design for growing the biofilm on the new surface
and (iii) determination and execution of the appropriate analysis.

2. Anti-Biofilm Polymeric Surfaces

In the past, surface treatments aimed at killing microbial cells were proposed as valuable tools to
counteract biofilm formation on polymeric materials. Indeed, the abatement of biofilm was obtained by
spreading antimicrobial agents onto surfaces or by incorporating them into synthetic polymer-based
products [37,38]. A number of antimicrobial-releasing surfaces have been proposed in the literature,
and some of them have also reached the marketplace [38–43]. In these systems, the antimicrobial
agent is actively eluted when the polymer surface comes into contact with an aqueous environment
but, generally, control of the action is poor [44–47]. Indeed, smart responsive materials are designed
to undergo an end-to-end chain reaction that releases the antimicrobial agent when activated by a
stimulus at the terminal chain, i.e., the microbial presence [48,49].

In passive strategies, no antimicrobial agents are released into the surrounding environment.
The physiochemical properties of a material surface, including composition, charge, hydrophobicity,
roughness and porosity, are modified by: (i) applying to the surface, or mixing in the bulk, polymer
anti-adhesive substances able to reduce the adhesion force between the microorganism and the solid
surface [50–54]; and (ii) minimizing microbial attachment by providing the surface with a specific
microstructure [55]. These approaches are relatively straightforward and economic. However, materials
that preserve their resistance to microbial colonization are difficult to obtain by surface chemistry or
surface structuring alone. Indeed, non-adhesive surfaces are often: (i) subjected to quick degradation
or desorption over time [56,57]; and (ii) not always compatible with tissue cells, making them less
suitable for biomaterial implants and devices requiring tissue integration [29].

In the last few years increased interest has been shown to metal nanoparticles. Nanoparticles
have been successfully spread on, or incorporated into, a number of polymeric materials with
versatile applications, including medical devices [58,59], marine industry paints [60] and food-contact
surfaces [61]. Furthermore, nanotechnology has offered many opportunities for innovation. However,
the use of nanomaterials has sometimes raised safety [62], environmental [63] and regulatory issues [64]
that are still unresolved.

Nowadays, the literature reports strategies that exploit the potential of some compounds to
interfere with microbial ability to develop biofilm by modalities perceived safe for human health.
These approaches interfere with the following key steps that orchestrate the genesis of biofilm formation:
(i) the surface sensing process to maintain the pioneering cells in a planktonic form, enabling easy
removal of microorganisms before biofilm formation [65]; (ii) the disruption of biofilm physical integrity,
by interfering with cell-to-cell communication or destroying the biofilm architecture by targeting
the matrix [66]; and (iii) favoring biofilm dispersal by forcing the planktonic state [67,68]. In these
approaches, microorganisms are still alive but deprived of their virulent properties. Thus, selection
pressure decreases, limiting resistant-drug development, and potentially reinstating the efficacy of
traditional antimicrobials [69]. Several natural and synthetic compounds, as well as matrix-targeting
enzymes based on the previous biocide-free anti-biofilm mechanisms of action, have been coated
or immobilized on polymeric surfaces, providing promising, eco-friendly, bio-inspired, anti-biofilm
materials able to replace, or integrate with, presently dominating biocide-based approaches [69–74].
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For example, Kim et al. [75] incorporated natural eugenol and clove oil into a biocompatible
poly(D,L-lactide-coglycolide), markedly inhibiting biofilm formation and virulence of Escherichia coli
O157:H7. Dell’Orto et al. [76] covalently grafted modified natural compounds, i.e., zosteric acid and
salicylic acid, onto a low density polyethylene surface that was able to reduce E. coli adhesion, and thus
biofilm formation, up to 73%. Sajeevan et al. [77] impregnated silicon catheter tubes with anacardic
acids that efficiently inhibited Staphylococcus aureus colonization and biofilm formation on its surface
both in vitro and in vivo. Spadoni-Andreani et al. [73] demonstrated that polypropylene surfaces
coated with proteases weakened adhesion and increased the dispersion of Candida albicans biofilm cells
and Cattò et al. [74] proved that the proteases α-chymotrypsin prevented E. coli biofilm formation on
polyethylene materials

For further reading: recent progress in biofilm-resistant polymeric surfaces, provided by the
material science community, has been extensively reviewed by Cattò et al. [36], Francolini et al. [18],
Riga et al. [13] and Li et al. [49].

3. Microbial Choice

The selection of microorganisms to be included in experiments is a crucial choice. Keeping in
mind the translation of the new material into real applications, the strain can be chosen ad hoc from
among those existing in the natural environment where the material is to be placed. Indeed, as species
vary a lot, depending on the environment, it is most important to choose and study the environment
of interest.

Choices include the use of strains in microbial collections [78–80], strains isolated from the
environment [81,82] or complex environmental community samples used without any cultivation
steps [53,83] (Figure 1).

Figure 1. Scheme representing the first step in the experimental procedure for testing new anti-biofilm
materials. The choice of the relevant model microorganisms includes the use of strains from microbial
collections, strains isolated from the environment or complex environmental community samples used
without any cultivation steps, in both mono- and multi-species biofilm models.

The simplest approach for studying a new material is to select a low-diversity model composed of
a well-known, well-characterized, convenient and accessible laboratory strain. Such organisms should
be representative of the living beings for which they are to serve as proxy. Some model microorganisms
include E. coli, Bacillus subtilis, Klebsiella pneumoniae, Pseudomonas spp. and Staphylococcus spp. for
bacteria, Synechocystis spp. for cyanobacteria, C. albicans and Saccharomyces cerevisiea for yeasts and
Fusarium oxysporum, Aspergillus spp. and Paenicillium spp for filamentous fungi [78,84–87]. As these
model microorganisms are frequently used, dedicated tools and resources for such organisms, e.g.,
databases, molecular kits, collections of techniques and methods, have been accumulated over the
years, contributing to facilitate and standardize analysis [88,89].

In general, such monospecies systems have been proposed to achieve high reproducibility,
short experimental timeframes and the application of widespread and well set up methodologies.
They also provide several additional advantages such as low cost, easy set-up, and amenability to
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high throughput screens, addressing basic questions about biofilm development, physiology and
architecture [90]. However, the results obtained with these systems cannot be completely translated
into natural environments as the model strains were not isolated at the same time, nor at the place
where the material is expected to work [91]. Indeed, as these lab strains are normally kept in laboratory
stocks and have been cultured routinely, they may not exhibit the same phenotype as fresh isolates [92].

The approach based on isolated strains is better for obtaining a more representative view of
biofilm behavior. Indeed, it is reported that, if repetitively cultured, microorganisms can evolve,
resulting in a reduced capacity to form biofilm [93]. However, isolated strains are less known and
distantly related to well-described model organisms from collections, resulting in a more complex
application of conventional methods and assays. Another question is how to select the most relevant
microorganisms among other isolates. At the moment, no consensus exists in the field, making results
very difficult to compare between different works [92]. In the study of Rzhepishevska et al. [92],
19 strains of P. aeruginosa originating from hospitalized patients were studied and compared to the
lab reference strain PAO1 and a rmlC lipopolysaccharide PAO1 mutant. The authors observed two
sets of isolates, a group with high adhesion to a polymeric anti-biofilm coating and a group with low
adhesion, including PAO1. Notably, they demonstrated that the properties of clinical isolates differed
from that of the lab strain. Moreover, they highlighted the importance of choosing the right model
strains to provide better predictability with respect to how materials inhibit biofilm formation.

Biofilm in a natural system consists of multiple microorganisms of different species, which often
results in an enhanced survival capability, including improved tolerance against antimicrobial agents
and virulence infections or increased stress tolerance, biomass production, metabolic cooperation,
level signalling, compared to monocultures [94–97]. Most polymeric surfaces have been tested by
examining monospecies biofilm formation, and the resulting information has been translated, by a
variety of approaches, to biofilms composed of multiple species. However, the results published
to date have revealed that biofilm features related to multispecies consortia cannot be predicted by
studies performed with monospecies [98]. The number of papers focusing on multispecies biofilms
on polymeric surfaces has increased in recent years to fulfill the need to study new materials in more
appropriate experimental model systems, closer to the real environment of material application. Studies
with multispecies biofilm have regarded all relevant areas, including materials for medical [70,99,100],
industrial [101] and marine applications [81]. The experimented microbial communities have ranged
from a relatively low diversity, two to four species, to complex systems consisting of hundred taxa.
Notably, the types and number of interplays within multispecies biofilms grow exponentially with
the increasing number of species. Therefore, many research groups have, to date, focused on biofilms
comprised of two to four species. For these studies differential imaging of single species can be obtained
by marking the different taxa with different fluorescent protein genes or probes. Cossu et al. [101]
evaluated a novel anti-biofilm polymer formed using poly(vinyl alcohol-co-ethylene) with halamine
suitable for food contact surfaces by exposing the new material to high loads of Listeria innocua
and E. coli O157:H7. Nowatzy et al. [70] developed a new salicylic acid-releasing polyurethane
acrylate polymer for anti-biofilm urological catheter coatings purpose and tested it by using a pool of
P. aeruginosa and E. coli. Kommerein et al. [102] developed a highly reproducible in vitro four-species
biofilm model consisting of the highly relevant oral bacterial species Streptococcus oralis, Actinomyces
naeslundii, Veillonella dispar and Porphyromonas gingivalis, with a percentage distribution closely reflected
the situation in early native plaques. These systems are typically highly reproducible and fast-growing.
However, they may not completely replicate communities in their native environments in terms of
number and relative proportion of species, phenotypes (laboratory stock instead of wild type) or
culture conditions.

In contrast, natural multispecies biofilm systems stem from isolated organisms or organisms
directly taken from the environment of interest. For instance, Le Norcy et al. [81] reported the
assessment of a varnish based on a biodegradable polymer, poly(ε-caprolactone-co-δ-valerolactone)
incorporating a hemibastadin derivative, against a mixture of Paracoccus sp., Pseudoalteromonas sp. and
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Bacillus sp., isolated from the Gulf of Morbihan in France. After isolation, the strains were cultivated
and used in different proportions to assess the anti-biofilm performance of the new varnish. In a
more complicated system, Zhang et al. [83] synthesized an anti-biofilm dental composite by combining
2-methacryloyloxyethyl phosphorylcholine with quaternary ammonium dimethylaminohexadecyl
methacrylate, and evaluated the materials against an oral biofilm plaque from the saliva of 10 donors.
These natural biofilm systems better mimic the species composition of the environment than do
engineered model systems. However, these methods use a limited subset of isolated species, which
in most of cases corresponds to the most highly abundant species within the community, giving
less importance to the less abundant taxa despite their playing a key role within the community [98].
Furthermore, strains from an environment of interest can be isolated using culture-based approaches, with
the risk of excluding important non-cultivable species. Another problem encountered in these systems
is reproducibility, as a complex experimental design is commonly detrimental to reproducibility [103].

In light of these considerations, system selection is a trade-off between the use of a mono species
system that follows a simple, easy, highly reproducible, time- and cost-effective approach, but less
reflective of the real environment, and a more laborious, complex and time intensive method that
closely mimics reality [98]. The ideal scenario would be to use the new material in the real environment
to more easily find out the succession, organization, and role of each specific species [53]. However,
in situ observations are often not feasible due to the high complexity of the system. The relevant system
for testing new anti-biofilm surfaces might be one that mimics the real environment in a simplified
design without losing the relevant interplays and dependencies of natural biofilm.

4. In Vitro Methods to Culture Biofilm on Anti-Biofilm Polymeric Surfaces

Biofilm culturing techniques should be chosen according to the study goals, simulating the
environment and according to the availability of resources and skills (Figure 2). No less important is
the fact that different devices present advantages and disadvantages, which must be considered before
using them.

Figure 2. Scheme representing the second step in the experimental procedure for testing new anti-biofilm
materials. The choice of the biofilm growth device includes the use of static, dynamic or microcosms
systems, according to the step of biofilm formation to be analysed.

Technical information of the most popular laboratory devices is discussed below, and their
strengths and limitations are shown in Table 1.
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4.1. Static Methods

Static methods are particularly meaningful for examining early events in biofilm development,
detecting cell attachment within a 15–60 minute time frame [109]. Such assays can be used to identify
the impact of innovative surfaces in modulating the transition from a planktonic to a sessile mode
of existence. Indeed, they effectively identify factors that initiate biofilm formation, like flagella, pili,
adhesions, enzymes associated with cyclic-di-GMP binding and metabolism [110].

Static systems are widely used because they are simple to use, high producible, and controllable,
and show limited contamination, and cost-effective properties. These easy-to-use and cost-effective
assays make them amenable for large-scale high-throughput screening purposes, like genetic screens,
and are useful for studying multiple strains under various growth conditions [110].

However, these closed models do not allow for the flow of media, product or waste materials
into or out of the system, with the consequence that the experimental conditions change progressively
because of nutrient depletion and the metabolic products build-up [32]. Thus, the biofilm growth rate
is rapid at the beginning when there is an ample amount of nutrients [33]. However, in the natural
environment this is uncommon [44], which means that the physiological and biological features of
experimentally induced biofilm are not comparable with natural biofilm, precluding a full evaluation
of the effect of new materials on biofilm development and dispersion.

4.1.1. Microtiter Well Plate

The simplest experimental system to study microbial adhesion on a surface relies on the use
of microtiter well plates, growing biofilm in static conditions. The surface of microtiter plates can
be modified or, alternatively, a novel material can be inserted into the wells. The general protocol
of microtiter plates permits the inoculation of microtiter wells with a cell suspension over a desired
time period, while allowing cells to sediment on a substratum. After a specific time period in which
microbial adhesion occurs, the wells are emptied or the material previously inserted in the well is
carefully removed. Surfaces are then washed to remove planktonic cells and the number of adhering
viable microorganisms is assessed. The removal of the liquid phase above the substratum must be
done carefully to avoid the inadvertent removal of adhering cells [109].

For instance, Lin et al. [111] directly coated the surface wells of a 96-well polystyrene microtiter
plate with 1,2,3,4,6-penta-O-galloyl-β-d-glucopyranose, an active plant ingredient commonly used in
Chinese medicine, to test the coating efficacy against S. aureus biofilm. Alternatively, Swartjes et al. [112]
demonstrated that polymethylmethacrylate (PMMA), a commonly employed biomaterial, coated
with DNase I significantly reduced adhesion of S. aureus (95%) and P. aeruginosa (99%), and inhibited
biofilm development for up to 14 h in static conditions. Salta et al. [113] coated glass discs with a paint
composed by PMMA and a natural compound derived from walnut trees, and tested the new material
against marine biofilm formation in a 24-well plate.

4.1.2. Calgary Biofilm Device

In this system biofilm development is studied at the coverlid, composed of pegs that fit into
the wells of a microtiter plate containing nutrients and microorganisms [114]. The advantage of this
approach is that the biofilm is not the result of the cell sedimentation but the adhesion of cells to the
pegs. This reduces the interference of those planktonic cells that remain at the bottom of the microtiter
plate wells after the washing step [115]. In order to investigate biofilm formation on specific abiotic
supports, coverlid can be customized with materials with specific anti-biofilm features or pegs coated
with anti-biofilm molecules. Harrison et al. [116] used the Calgary biofilm device to demonstrate that
C. tropicalis biofilm increased on polystyrene pegs coated with L-lysine [116]. Nowatzki et al. [70]
coated the peg of the Calgary biofilm device with a polyurethane acrylate polymer partly composed by
salicyl acrylate, which degrades in aqueous conditions, releasing salicylic acid.
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However, Calgary device assays also require the washing off of non-adherent microorganisms
and cell recovery, resulting typically between 5% and 90% of the entire community [35].

4.1.3. The Biofilm Ring Test (BRT)

The principle of this assay is based on the capacity of microorganisms to immobilize magnetic
microbeads when developing a biofilm at the well surface of a microtiter plate. Once a magnetic field
is applied, beads are free to move and gather in the center of the well bottom. Once a biofilm has
developed, the center of the well cannot accumulate the beads as the biomass prevents it, and this
outcome can be measured using a specific plate reader [117,118]. After paramagnetic microbeads are
added to the microbial suspension, they are loaded into the wells of a microtiter plate. The microtiter
plate is then incubated, and direct measurements can be carried out [35]. The measurement of this
super-paramagnetic microbead immobilization by adherent cells at different time points can be used
to evaluate the kinetics of biofilm development. Indeed, the microtiter well can be modified by
anti-biofilm coatings as well as customized with a desired material, and the anti-biofilm properties of
the new surface can be analyzed.

This assay requires neither washing nor staining, thus avoiding procedures that can generate
some significant bias in the outcomes. Moreover, it is easy to handle, and more importantly, the results
are achieved in a few hours. Additionally, it could be well-suited to study the synergism of the new
material with a biocide.

Unfortunately, BRT can only measure thick biofilms that develop at the bottom of the microtiter
well [34]. Furthermore, it is only useful when the new anti-biofilm materials display good magnetic
properties. Additionally, the procedure does not provide, in a single experiment, direct information
about biofilm production on the different anti-biofilm surfaces as the strength of the magnetic field is
influenced by both the type of materials and/or the thickness of the coating [119]. Indeed, there can
be differences in the magnetic field strength between the new anti-biofilm material and the relative
control, leading to analytical bias in the results. To date, to the best of the authors’ knowledge, no
studies have investigated the performance of new anti-biofilm surfaces using BRT.

4.1.4. Real-Time xCelligence

The xCelligence system uses specially designed microtiter plates with inter-digitized gold
microelectrodes to non-invasively study the status of adherent cells, using electrical impedance as
the readout [120]. Indeed, biofilm growth impedes the flow of an alternating microampere electric
current between the electrodes. This impedance is measured automatically at intervals defined by the
user, and allowes a highly sensitive readout of cell amount, cell size/shape, and cell–surface adhesion
strength [121].

Because each xCelligence well can collect thousands of data, each individual well gives a complete
time course for biofilm deposition or dissipation, significantly reducing the number of wells needed and
the total workload. Additionally, the manual collection of endpoint data is eliminated, and multiple
drugs/conditions can be analyzed simultaneously in a single plate, greatly improving throughput.
Recently, the system was used to measure microbial biofilms and to study the effect of antimicrobial
treatments on biofilm growth [122].

This system is non-invasive, label-free, fast, and reproducible [123]. The microtiter well can be
modified by anti-biofilm coatings, as well as customized with a desired material, and the anti-biofilm
properties of the new surface can be analyzed. On the other hand, the manufacture of microtiters
with specific materials and correct gold biosensor insertion in each well is technically challenging.
Furthermore, like BRT, xCelligence technology is not really suitable for the comparison of microbial
adhesion on different surfaces as electrical impedance is influenced by both the type of material and
the thickness of the coating [124]. Moreover, the xCelligence machine is costly and requires specialized
detection equipment, making its availability not always affordable by the individual researcher [34].
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4.1.5. Transwell Device

This consists of a plastic transwell insert support inlaid in a well plate with cultural medium,
providing semi-batch working conditions and two separate chambers [125–127]. A semipermeable
membrane-like thin film of the new anti-biofilm material is placed in the support, and the cell
broth in the well of the culture plate. The microbial cells are not allowed to move across the two
compartments, and the anti-biofilm surface to which the cells attach themselves is the only avenue
for meeting nutritional needs and removing waste. The supports are periodically relocated to fresh
plates, thus providing the biofilm with a semi-constant fresh supply of nutrients. After one to three
incubation days, the transwell inserts are removed and the biofilm formation on the surface support is
analyzed. Transwell systems have a fine control of the experimental conditions in the two chambers,
a semi-constant nutrient support and the possibility to collect the metabolites by biofilm culture in
the basolateral media of the plate well compartment, without the risk of contamination by planktonic
cells [128]. Transwell devices are now commonly used to form biofilm under various physiological
conditions [125,126,129].

4.1.6. Colony Biofilm

This technique analyzes biofilm formation at the air–surface interface, without submerging
the biofilm in liquid [130]. Biofilms are cultivated directly on the anti-biofilm material that must be
customized in the form of a semipermeable membrane-like thin film (e.g., wound gauzes, polycarbonate
membranes), which are placed on the surface of agar Petri plates. At regular intervals, the film materials
are transferred to a fresh medium, giving the biofilm a semi-continuous supply of fresh nutrients.
The thick membrane is a convenient substratum that is easily maneuverable, allowing the surface-grown
biofilm handling from one medium source to another. These colony biofilms can grow in a short period
of time, are easy to grow and require inexpensive laboratory materials.

However, since there is no continuous flow of medium, the microorganisms are not forced to
adhere to the surface, and, since there is no wash-out, planktonic cells can interfere with the biofilm
assay [125]. Additionally, the stable and spatially restricted nature of this system makes cell number
counts more easily attributable to cell lysis rather than detachment [109]. Furthermore, microbial taxa
that differ in surface motility will spread across the material at different rates. Other disadvantages
include difficulty in handling membranes when colony biomass enlarges [130].

Colony biofilm assays allowed Tran et al. [131] to successfully examine the effectiveness of cellulose
discs coated with organoselenium in inhibiting P. aeruginosa and S. aureus in biofilm-related wound
infections. Epstein et al. [57] used colony biofilm to show that a slippery liquid-infused porous surfaces
prevented 99.6% of P. aeruginosa biofilm attachment over a 7-day period, as well as S. aureus and (97.2%)
and E. coli (96.0%).

4.2. Dynamic Methods

Dynamic systems resemble in vivo conditions better than static ones, due to the control of nutrient
delivery and flow, simulating, for instance, the flow forces in urinary and cardiovascular catheters,
industrial installations and water pipelines [132].

Dynamic methods usually begin with an adhesion step performed in a low nutrient suspension,
as the presence of nutrient-rich suspensions reduces the need for planktonic cells to adhere to a
substratum. In subsequent steps, the continuous pumping of nutrients into the reactor leads to stress
conditions that promote biofilm growth on the potential anti-biofilm surfaces [133]. Nutrient availability
is accurately controlled in such a way as to promote biofilm development without producing artifacts,
e.g., complete nutrient depletion that could lead to inhibition of biofilm growth.

Dynamic systems are highly suitable to assess contact-killing materials as, after the adhesion step,
the suspension of non-adhered cells is flushed out of the bioreactor, allowing only adhered cells to
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develop into mature biofilm. On the contrary, they are less suitable to assess antimicrobial-releasing
materials as the antimicrobials released are washed out of the system.

Flow systems have the advantage of simultaneously testing different surface materials, analysing
samples in a non-invasive manner and with standardized protocols [134]. Additionally, bioreactors
allow the sampling of materials aseptically at different time points during biofilm development, without
compromising the entire experiment. Furthermore, they are convenient for studies where a large
biofilm biomass amount is desirable and for those studies involving microsensor monitoring [135].
Notably, the dry weight of biofilm grown in dynamic systems is often reported to be around 100–175 g
dry weight kg−1 biofilm, with values comparable to the solid content of centrifuged biomass from
suspended cultures [136].

While each of these methods is a useful tool for studying biofilm under controlled conditions,
they all need specialized apparata, are technically challenging, and are not suitable for rapid high
throughput assays. Another weakness of these systems is that only a single strain can be analysed
per experiment. Moreover, biofilm models are difficult to compare due to the differences in biofilm
development times, growth media, and the microbial taxa employed.

4.2.1. Robbins (RO) Reactor

This reactor consists of a plug where coupons (biofilm growth surfaces) can be mounted. The plug
has two ports for fluid entry and exit. Coupons of different materials can be customized and
simultaneously mounted on the device.

The Robbins (RO) reactor is not designed to allow direct observation of biofilm growth. Thus,
the coupons must be dislodged for further studies. Additionally, the flow dynamics inside the device
need to be accurately adjusted to make sure that the flow is constant along the plug [35]. Indeed, a
trend towards higher numbers adhering to the coupons at the in-flow end of the RO reactor than
at the outflow end was recorded, likely reflecting reduction of adherent bacteria in the interacting
stream [137].

The original RO reactor was employed to evaluate biofilm development under different fluid
velocities in a simulated drinking water facility [138]. Linton et al. [137] used a modified RO reactor to
compare the adhesion of S. epidermidis to glass, siliconized glass, plasma-conditioned glass, titanium,
stainless steel and Teflon in a medical environment. Oosterhof et al. [139] tested the fungal and bacterial
biofilm responses on tracheoesophageal shunt prostheses to quaternary ammonium silane coatings.
Ramage et al. [140] employed an RO reactor to grow C. albicans on PMMA. Ginige et al. [141] installed a
modified RO reactor in a full-scale water distribution system to investigate biofouling on a high-density
polyethylene surface.

4.2.2. Center for Disease Control (CDC) Reactor.

This reactor is a vessel with 8 rods hosting removable coupons for a total of 24 samples. The coupons
can be tailor-made from various materials that can be examined simultaneously in a single assay.
Moreover, coupons can be removed or exchanged during the experiment allowing time-course studies.

The rotation of the baffled stir bar leads the coupons to undergo a consistent high shear and, as
they are placed at the same radial distance, they are subjected to the same shear stress. Nutrients
are continuously pumped into and out of the reactor at the same rate [133]. These stress conditions
promote biofilm formation on the polymer substrata.

Two standard methods have been accepted by the American Society for Testing and Materials,
namely protocols ASTM E2562-17 [105] and ASTM E2871-13 [106], which are methods for developing
biofilm and for assessing disinfectant efficacy against sessile P. aeruginosa cells in a Center for Disease
Control (CDC) reactor. In the CDC reactor, Cai et al. [142] tested the anti-biofilm performance of
a diazeniumdiolate-doped poly(lactic-co-glycolic acid)-based nitric oxide releasing film applied to
indwelling biomedical devices. Li et al. [143] used the CDC reactor to mimic acidogenic meals and
snacks of an oral environment in order to test new dentin-composite and hydroxyapatite disks against
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multi-species oral biofilm. Ganewatta et al. [38] provided a new contact-killing surface by modifying
the natural resin acids (from gum rosin) into quaternary ammonium compounds and employed
the CDC reactor to prove the strong anti-biofilm activity of the new material against S. aureus and
E. coli. Dell’Orto and colleagues [76] obtained new medical materials by grafting p-aminocinnamic or
p-aminosalicylic acids on low density polyethylene surfaces, and proved their anti-biofilm efficacy
against E. coli biofilm in the CDC reactor.

4.2.3. Rotating or Spinning Disk (RD) Reactor

Like the CDC reactor the rotating or spinning disk (RD) reactor contains coupons, made of any
material, held by a disk attached to a magnet that allows an adjustable rotational speed when the
reactor is kept on top of a magnetic stirrer. The disk rotation establishes a liquid shear on the coupon
surfaces [134]. Different shear stresses can be assessed at the same time by placing the coupons at
different radial orbits. In contrast to the CDC reactor, which allows a quick and easy removal of coupons
during the experiment, the RD reactor coupon sampling can only be done by carefully removing the
entire disk from the reactor and returning the disk to the reactor for further biofilm studies.

The RD reactor was originally used to evaluate the biocidal efficacy against toilet bowl sessile
cells [144]. This method was subsequently developed into the standardized biofilm method ASTM
E2196-17 [107] that describes the assessment of a P. aeruginosa biofilm grown with shear and continuous
flow. For example, Cotter et al. [145] tested the ability of S. epidermidis biofilm to grow on polyethylene
coupons by the RD reactor. Barry et al. [146] used the RD reactor to accelerate biofilm formation on
latex samples from an external male catheter.

4.2.4. Annular (AN) Reactor

The annular (AN) reactor has been used for several decades to develop biofilm in turbulent
flowing environments [147]. Indeed, it is well suited to mimicking biofilm formation on a water
treatment process surface. The AN reactor consists of two cylinders, one a static external cylinder made
of actual pipe materials and the other a rotating internal cylinder, its speed of rotation able to be finely
adjusted in order to obtain the desired shear stress. The inner cylinder supports the coupons, which
are in the form of rectangular slides that can be manufactured from any machinable material [147].
Some annular reactors also have a jacket to set desired temperatures.

For example, Pintar and Slawson [148] tested the incidence of temperature on a disinfectant
procedure in a drinking water distribution system, using a bench-scale approach provided by an AN
reactor. Indeed, there was biofilm development on the polyvinyl chloride surfaces at all the examined
temperatures, but at low temperatures the disinfectant had a less biofilm inhibitory effect. Similarly,
Ndiongue et al. [149] used the AN reactor to investigate the effects of temperature and biodegradable
organic matter on the free chlorine residual needed to control biofilm accumulation in plastic pipes
distributing water. For 15 months Jang et al. [150] investigated the effect of four pipe materials on
biofilm growth and water quality, using an AN reactor under hydraulic conditions similar to a real
plumbing system. The steel and copper surfaces, suffering progressive corrosion, showed substantially
increased bacterial concentrations, whereas the stainless steel and polyvinyl chloride surfaces were
revealed to have biofilm growth that was mainly affected by water temperature.

4.2.5. Drip flow (DF) Reactor

This is made of four/six parallel chambers with vented lids, each one containing a glass-slide-shaped
coupon or tubes manufactured with a variety of materials. The medium enters the individual chambers
through a needle, the reactor being kept at an angle of 10◦ so that the liquid flows along the length of
the coupons or tubes [151]. The drip flow (DF) reactor is used in the ASTM Method E2647-13 [108]
for the development, sampling and study of P. aeruginosa sessile cells grown under low shear and
continuous flow, mimicking the environmental conditions found in indwelling devices and the human
body (e.g., lung infections, tooth biofilm, microbial colonised catheters). Sawant and colleagues [152]

20



Int. J. Mol. Sci. 2019, 20, 3794

assessed the anti-biofilm capacity of silver nanocomposites, showing that the new materials reduced
E. coli biofilm development by six orders of magnitude. Pérez-Díaz et al. [84] tested the anti-biofilm
properties of chitosan gels loaded with silver nanoparticles on clinical isolate strains. The preparation
of a multi-species biofilm of oxacillin resistant S. aureus and P. aeruginosa, obtained from a human
chronic wound infection, was performed employing a standard DF reactor under conditions that mimic
the nutrient flow in the human skin. Goodwin et al. [153] used the DF reactor to investigate biofilm
development on polymer nanocomposites containing carbon nanotubes when they come into contact
with microorganisms in aqueous environments post-consumer use. Zaltzman et al. [58] tested the
ability of nanoparticles incorporated in commercial dental resin material to inhibit biofilm formation
of the cariogenic S. mutans by using a DF reactor.

4.2.6. Flow Cells (FC)

Flow cells (FC) were designed to evaluate biofilm processes directly using microscopy and image
analysis in a non-invasive way [154]. The biofilm is grown encapsulated in a reactor (flow) chamber
provided with an inspection glass that allows the microscope lens to directly record images of the
biofilm [35]. The FC is connected to nutrient and waste carboys by silicone rubber tubing, and nutrients
are continuously pumped inside the cells. The employment of fluorescent probes coupled with confocal
laser scanning microscopy (CLSM) makes flow chambers especially useful for in situ gene expression
studies. Biofilm in FC is exposed to the passage of air bubbles that could cause the detachment of
biofilm parts.

Several FC devices of different design have been developed. The coupon evaluation FC are single
or dual channel flow cells provided by wells (up to 3 per channel) at the bottom to accommodate
coupon samples for testing. Coupons can be customized in all materials, and a standard microscope
coverslip is used as a viewing window. The trasmission FC is similar to the coupon evaluation FC
except that it is provided with a unique recess able to allocate any irregularly shaped materials (suture,
catheter section, porous media, etc.). In the capillary FC, biofilm is grown inside glass capillaries that
can be directly put under the microscope. This FC is less suitable for the study of new surfaces as it
requires that the new material be cast in glass, in a capillary shape and with high optical properties.
The treatment imaging FC is a round cell provided with a unique well designed to favour the quick
installation of disc coupons with biofilm pre-grown in the RO, RD and CDC reactors. It is used to
provide images of pre-grown biofilm during treatment with biocides and other chemical agents (See
Section 6.2.1). The small liquid volume of the cell minimizes the use of valuable chemical compounds.
The flow chamber is sealed with a round microscope cover glass.

Jaramillo et al. [155] used FC to test the efficacy of a polystyrene surface coated with benzalkonium
chloride against early adhesion and biofilm formation of oral and dental root canal bacteria.
Francolini et al. [156] loaded usnic acid, a secondary lichen metabolite, into modified polyurethane.
The polymers were then incorporated in a FC and S. aureus and P. aeruginosa biofilm development
was analysed using CLSM. In this research both S. aureus and P. aeruginosa were first transformed
with green fluorescent proteins to make them fluorescent. In another work, Fabbri et al. [157] used a
FC device to grow marine biofilms on plastic coupons coated with six different biocidal antifouling
coatings and one inert non-biocidal coating for 8 weeks.

4.2.7. Microplate under Flow (Bioflux)

The device combines small volumes and high-throughput ability of microtiter plates with the
biological relevance of a laminar flow cell [158]. The system consists of microtiter well plates in which
reagents flow through microfluidic channels running between the wells. Indeed, a pneumatic pump
forces the fresh medium from the inlet wells to the outlet, through the microfluidic channel in which
biofilm develops. The pump provides for a fluid flow of up to 96 individual biofilms, allowing fine
control of adjustable continuous or intermittent fluid flow rates. Once labelled with a fluorescent probe,
biofilm can be viewed with a microscope or scanned with a plate reader [159]. Indeed, time-lapse
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CLSM images of biofilm formation can be performed [160]. To the best of the authors’ knowledge, there
is no research in the literature about its use to prove the anti-biofilm performance of new materials, the
Bioflux device could be suitable to easily study new coatings. However, in order not to obstruct the
Biolux channels, the method is suitable for only thin coatings.

4.3. Microcosms

Microcosms are simplified systems developed under strictly controlled conditions, used to mimic
natural ecosystems with their relevant microorganisms [32]. Therefore, microcosms are the systems
that closely replicate the in vivo conditions of the real environment, e.g., wound, oral and stream
biofilms [90].

Both static and dynamic systems can be turned into microcosms. In comparison to the previously
described methods, microcosms consider more environmental parameters and better mimic the
complexity and heterogeneity of natural environments. Indeed, these systems include a high diversity
of species and require internal processes to reach and maintain system stability. As the complexity
of these systems increases, the interpretation of the outcomes and reproducibility become more
complicated, compared to both static and dynamic approaches [154].

Abdulkareema et al. [161] coated material for dental implants with zinc oxide nanoparticles and
hydroxyapatite. The authors determined the anti-biofilm activity of the new material by a microcosm
system using human saliva as an inoculum and artificial saliva and peri-implant sulcular fluid as
medium. Li et al. [162] studied the effect of salivary pellicle on anti-biofilm activity of novel dental
adhesives by means of a dental plaque microcosm biofilm model using mixed saliva from 10 donors.
Similarly, Zhang et al. [83] studied the effect of water-aging on novel anti-biofilm and protein-repellent
dental polymeric composite for 180 days using saliva from 10 healthy human donors who had not
brushed their teeth for 24 h and had no food intake for 2 h.

5. Quantitative Analysis of Biofilm on Anti-Biofilm Polymeric Surfaces

Once biofilm has been grown on a new surface, it is necessary to quantify its biomass to assess the
material’s anti-biofilm performance (Figure 3).

Figure 3. Scheme representing the third step in the experimental procedure for testing new anti-biofilm
materials. The choice of the type biofilm analysis includes quantitative and structural assessment assays.

Quantification methods include those suitable to assess only viable biomass, those able to detect
both live and dead cells as well as techniques able to investigate the whole biofilm, including both
cellular and EPS components. Indeed, the most appropriate method to be chosen depends on the type
of materials (Table 2).
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5.1. Viable Cellular Biomass

5.1.1. Plate Count Assay

The most widely used technique to quantify a surface’s viable biomass is to determine the colony
forming units (CFU) on agar media, after biomass detachment from the surface [35]. The CFU technique
is generally accepted as a ‘gold standard’. However, the detachment procedure is a weak point as
a soft procedure does not ensure the full detachment of all the sessile cells while a harsh approach,
e.g., sonication, can injury cell viability and thus compromise the cell count, possibly resulting in
false negative results [35]. Furthermore, many strains cannot be cultured and several cells within the
biofilm, the persister cells, persevere in a non-growing, metabolically inactive state, and thus cannot be
detected by the CFU approach [163]. Another important point is that CFU counting can be a valuable
tool for quantifying bacterial biofilm, but it is not really suitable for the fungal biofilm that develops in
filamentous structures.

5.1.2. Biomarker Quantification

Phospholipid Fatty Acids

Phospholipid fatty acids are universally distributed, and are made at a relatively constant rate
among the membranes of Bacteria and fungi. Therefore, their measurement has been proposed as an
accurate estimation of biomass within a biofilm [164]. Indeed, since phospholipids degrade rapidly
upon cell death, they represent only the viable microbial community [165]. Indeed, the analytical
identification of phospholipids can also provide early indications of the structure of the microbial
community and a quantitative biomarker of microbial response to environmental stressors [166].

Many analytical methods that successfully realize the qualitative and quantitative analysis of
phospholipids have been developed. Gehron and White [167] introduced a protocol based on the
employment of glycerol phosphate for measuring phospholipid concentration and microbial biomass.
Their procedure involves the acid hydrolysis of the phosphate from lipid glycerol, and the analysis of
labile glycerol by gas chromatography coupled with mass spectrometry (GC/MS) [168]. These methods
are well-established techniques for fatty acid analysis, and are the best in terms of high sensitivity and
specificity, high throughput and high accuracy. In the last decade, the development of both electron and
chemical ionization technologies has significantly increased the performance of MS analysis, providing
rapid analysis without derivatization or additional sample handling [169].

The main drawbacks of phospholipid fatty acid determination is the microbial membrane’s limited
recovery rate in the extraction procedure, the amount of background lipid contamination and the
sensitivity of the analytical equipment [35]. Moreover, the technique is unsuitable for microorganisms
with membranes that are not composed by phospholipids, e.g., Archea [170].

Ergosterol

Ergosterol, a major component of fungal membranes, is another proper indicator for the
quantification of viable fungal biomass. Based on the assumption that ergosterol is labile and
undergoes rapid degradation upon cell death, many researchers employ this molecule as an indicator
exclusively for living fungal biomass [171]. Ergosterol has been successfully quantified by GC/MS [172]
as well as by high-performance liquid chromatography (HPLC) [171,173]. Indeed, conversion factors
for microbial biomass have been obtained using representative fungal species.

5.1.3. Metabolic Assays

Colorimetric Dyes

Most common assays are based on the conversion of specific substrates to a colored product
measurable with a spectrophotometer. After microbial uptake, the dyes are transformed into fluorescent
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compounds [174]. FDA (fluorescein-diacetate), resazurin (7-hydroxy-3H-phenoxazin-3-one-10-oxide),
and tetrazolium dyes XTT (2,3-bis-(2-methoxy-4-nitro-5-sulfophenyl)-2H-tetrazolium-5-carboxanilide
inner salt) and MTT (3-(4,5-dimethyl-2-thiazolyl)-2,5-diphenyl-2H-tetrazolium bromide) are examples
of metabolic dyes. FDA is degraded by cellular esterases to become fluorescent yellow while resazurin,
a blue dye reduced by metabolically active cells, becomes pink resorufin, also fluorescent [175]. In XTT
and MTT assays, an electron transport system across the microbial plasma membrane converts the
yellow tetrazolium salt to insoluble purple formazan [176].

A significant limitation of these metabolic assays is the fact that the microorganisms in biofilm
do not all display the same metabolic activity, and some of them live in a dormant non-metabolic
active state. Moreover, metabolic colorimetric-based assays are often calibrated against planktonic
cultures, introducing significant error as the metabolic rates differ greatly between the planktonic and
the biofilm states [175].

Adenosine Triphosphate (ATP) Bioluminescence

Adenosine triphosphate (ATP) reacts with luciferin when the catalyst-luciferase enzyme is present,
and the effect of this oxidation reaction is the emission of light, recorded by a luminometer and
quantified in relative light units [177]. The presence of ATP on the surface is a proxy of metabolic
activity and consequently of microbial viability and biomass [177]. One of the major advantages of ATP
detection is that it is fast and easy to carry out. However, ATP biolumiscence is an invasive assay that
requires biofilm destruction. Recently, some researchers introduced a non-destructive bioluminescence
assay, by producing recombinant bacteria bearing a plasmid for the endogenous production of
luciferase [178]. The luminescence produced, proportional to the number of microorganisms, can be
quantified via a luminometer. Other disadvantages include the inability to differentiate extracellular
and intracellular ATP. Therefore, prior to any experiments, the biofilm needs to be washed with water
or buffer to remove extracellular ATP. Furthermore, it is not so suitable for multi-species biofilm
analysis as variation in has been observed in ATP production among diverse microbial taxa [179].

Isothermal Microcalorimetry (ICM)

Isothermal microcalorimetry (IMC) measures the heat production of biological reactions, which is
directly linked to the overall metabolism [180,181]. IMC is a label-free technique that allows precise
measurements in conventional, solid, and opaque media. Isothermal microcalorimeters measure less
than a microwatt of heat flow possible. Consequently, IMC can detect metabolic activity from as few
as 104 microbial cells [180]. Notably, it is suited to investigate microbiological samples in complex or
heterogeneous environments as it does not necessitate optical clarity of the specimen [182]. No less
important is that the samples need little preparation and after IMC measurements, the undisturbed
samples can be studied by other techniques.

Tunable Diode Laser Absorption Spectroscopy (TDLAS)

Tunable diode laser absorption spectroscopy (TDLAS) allows non-invasive measurement of the
microbial metabolic rate. TDLAS is used to detect change in the O2 and CO2 concentrations in biofilm
systems, which is related to the metabolic activity of growing microorganisms [183]. Despite the
TDLAS potential, there are few papers regarding its application to biofilm and its development on
surfaces [181].
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5.2. Total (Viable and Non-Viable) Cellular Biomass

5.2.1. Chamber Counting

At the initial developmental stage, biofilm cell counting can be carried out using microscopy and
a chamber counting slide, e.g., Thoma, Burker or Petroff-Hausser chambers. Counting chambers are
specialized glass microscope slides able to allocate a defined sample volume, and equipped with a
2D grid at the bottom that can be employed to evaluate the cell density of suspended biofilm [184].
This very simple procedure can be performed with unstained cells, is inexpensive and only requires an
optical microscope. However, it is time consuming, requires many counts for reproducibility and is
subject to manual counting bias. The biofilm has to be dislodged from the surface, homogenized and
suspended in a liquid solution prior to analysis. In mature biofilm a 3D structure is formed, making
counting more problematic.

5.2.2. Dye Binding

Dye binding to DNA and RNA, such as 4′,6-diamidino-2-phenylindole (DAPI) or Syto9/propidium
iodide (PI), 3,3’-dihexyloxacarbocyanine iodide (DioC6)/PI, acridine orange (AO)/PI, carboxyfluorescein
diacetate (CFDA)/PI, Calcein/PI, Hoechst/PI and many other combinations of dual staining, can be
employed to study both live and dead microbial cells and give an insight into the total amount
of microbial sessile cells [185]. Notably, these dyes do not allow discrimination between different
microorganism populations in the biofilm. Fluorescence can be detected by both spectrophotometric
measurements and microscopic observations [186] (Figure 4a). When relevant, the amount of dye
taken up by the cells can be assayed, providing a quantitative indicator of the cellular amount within
the biofilm. In most staining combinations, discrimination between viable and dead cells is based
only on membrane integrity, so the effect of surfaces modified with molecules not affecting membrane
integrity cannot be monitored. Moreover, the following question still remains open: how quantitative
and reliable these methods are in the case of heterogeneous multi-species biofilms where variation
in fluorescence emission has been observed depending on microbial strains. Stiefel et al. [187] found
that staining of S. aureus cells with Syto9 alone resulted in equal signal intensity for both live and
dead cells, whereas staining of P. aeruginosa cells led to 18-fold stronger signal strength for dead
cells than for live ones, with an underestimation of viable cells. Indeed, the authors concluded that
Gram-negative bacteria were not accessible for Syto9 staining as Gram-positive cells. Additionally,
potential interference between the dyes and the surface to be tested needs to be considered, especially
when the polymeric surfaces deliver specific anti-biofilm molecules. However, fluorescent staining is
considered a fast and easy approach for the quantification of cellular biomass [187,188].
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Figure 4. Epifluorescence microscope images of (a) E. coli biofilm grown on low density polyethylene
surface and stained with Live/Dead BacLight; (b) Aspergillus niger biofilm grown on fluorinated
coated glass surface and stained with the Fluorescent Brightener 28 dye; and (c) confocal laser
scanning microscopy (CLSM) image of green fluorescent protein (GFP) P. aeruginosa biofilm grown on
polycarbonate surface.

5.2.3. Biomarker Quantification

Quantification of the various components of a cell, e.g., organic carbon, proteins or other molecules, e.g.,
chlorophyll, have been proposed as alternative methods to indirectly quantify biofilm biomass. The number
of such biomarkers is determined and then related to cellular biomass using calibration curves prepared
with appropriate standards, under the assumption that their cell content is similar. However, the
molecular amount often varies across species, age and culture conditions [184]. Furthermore, the
biomarkers and EPS must be separated before biomolecule quantification. Therefore, it is suggested to
give these results in tandem with more direct methods, such as CFU or cell counting [184].

Total organic carbon

The total organic carbon of biofilm is usually quantified by a two-step process: First, the inorganic
carbon is transformed to CO2, via heated acidification, and studied by infrared spectroscopy, then the
total carbon in the sample is converted to CO2, usually via heated oxidation, and measured. The total
organic carbon is the difference between the values of total carbon and inorganic carbon [189].

Proteins

Cellular lysis releases proteins in solution, these being measured by the change in color due the
dye-protein interaction via an ultraviolet–visible (UV–Vis) spectrometer at a particular wavelength.
The most commonly used colorimetric assays for protein quantification include the Bradford, Lowry,
and bicinchoninic acid (BCA) methods. The Bradford assay consists of adding an acidic Bradford
reagent containing Coomassie Brilliant Blue G-250 dye to the lysed sample. During a brief period
of incubation, the protein binds to the dye, changing the color from brown to blue. The change
in absorbance at 595 nm is recorded, and converted to a total protein concentration through a
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standard curve [190]. The Lowry method combines the reaction of Cu+, produced by peptide bond
oxidation, with the Folin phenol reagent. The result of this reaction is the reduced Folin reagent
(heteropolymolybdenum Blue), an intense blue molecule of which the concentration, measured by
absorbance at 750 nm, is proportional to the protein amount [191]. Like the Lowry assay, at the
beginning the protein complexes with copper ions. Then, this protein-bound copper chelates BCA,
resulting in a deep purple color linear with that of the amount of proteins [192]. BCA provides a more
uniform response to proteins than the Bradford assay, but it is strongly affected by the amino acids
tyrosine, tryptophan, and cysteine. Moreover, chemicals that react with copper (such as ammonia) can
affect with the BCA assay.

Chlorophyll

Chlorophyll-a is one of the most employed biomarkers for quantifying microalgal and
cyanobacterial biomass [193–196] compared a number of methods for cyanobacterial biomass
quantification on surfaces and confirmed that chlorophyll-a is a good estimator of sessile biomass.
Chlorophyll-a can be determined spectrophotometrically after extraction in DMSO following a protocol
described by Fernández-Silva et al. [197]. However, this method requires an invasive manipulation of
the attached cells, and a destructive sample preparation. Alternately, biofilm biomass can be achieved
by measuring chlorophyll fluorescence [198]. Recently, pulse amplitude modulated (PAM) fluorometry
was used by Vázquez-Nion et al. [199] to measure the in vivo fluorescence signal in a non-destructive
way. By measuring the minimal fluorescence signal of dark-adapted cells and the maximal fluorescence
signal after a saturating light pulse in dark-adapted cells, the maximum photochemical efficiency
of photosystem II, an indicator for the general level of fitness of the photosynthetic organisms, can
be quantified. Moreover, the authors developed a standard curve that allowed the correlation of
the minimal fluorescence signal of dark-adapted cells with the amount of chl-a content as a biofilm
biomass estimator.

5.2.4. Quantitative Polymerase Chain Reaction (qPCR)

Quantitative polymerase chain reaction (qPCR) has been used to study the total cellular portion
of the biofilm community, evaluating the total amount of DNA from both live and dead cells [200].
Therefore, qPCR is not suitable to evaluate the anti-biofilm performance of surfaces with anti-microbial
activity as it does not discern between live and dead cells. Indeed, cells might be killed but not removed
from these surfaces.

This technique has limitations in that it tends to underestimate or overestimate the microbial
count. Indeed, qPCR detects all the DNA in a sample, including that found in the environment [201].
To avoid the DNA quantification of not living cells, prior to DNA extraction, samples can be treated
with nucleic acid intercalating dyes, such as propidium monoazide (PMA-qPCR), able to bind free
extracellular DNA (eDNA) and DNA from damaged cells [202]. PMA intercalates into the DNA to
which it can be covalently cross-linked when exposed to light, resulting in the suppression of PCR
amplification [203].

5.2.5. Flow-Based Cell Counting

Coulter System

A more automated way to count cells involves the use of systems in which cells in liquid culture
flow through narrow apertures and are measured as they pass. In the Coulter system, charged particles
in an electrolyte solution alter the impedance of an electrical circuit when they pass through the
aperture. Changes in voltage are correlated to particle size and, if pulsed, are counted over a period of
time, providing a cell number [184]. Although simple, the technique cannot discriminate between live
and dead cells. Moreover, it requires the biofilm to be homogenized and suspended in liquid solutions.
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Flow Cytometry

In flow cytometry, cells, previously marked with a fluorophore, flow through a narrow opening
and a laser detects them as they pass via scattering, absorbance or intrinsic and extrinsic fluorescence
measurements [184]. Flow cytometry accurately assesses the cell fractions, e.g., live and dead cells.
Therefore, it is well suitable to study biofilm response to antibiotics and other cytotoxic chemicals [204].
Moreover, additional information about the cells, such as dimensions, surface properties, metabolic
activity and growth state, can be recorded using specific fluorescent tags [184]. The technique allows
the observation of several thousands of cells in a matter of minutes, providing statistically relevant
results for the analysis of sessile populations [205]. However, it is expensive and requires specific
equipment and highly skilled operators. Moreover, the cell counting is often limited by cells that
adhere tightly one to the other [185].

5.3. Total Biofilm (Cellular + Extracellular Polymeric Substances (EPS) Components)

5.3.1. Dry Weight

The simplest way to quantify total biofilm formation on a new anti-biofilm surface is to measure
its dry weight. Measurements can be obtained by calculating the difference between the weight of
surface material with biofilm and that of the same surface before biofilm formation. Dry mass is
obtained by placing the biofilm in an oven at a constant temperature until water removal. Alternatively,
if the biofilm surface is heat sensitive, the biofilm can be removed and suspended in a physiological
buffer, precipitated with cold ethanol, and the precipitate collected for investigation [184]. Although
not highly accurate, weight measurement is a very easy technique.

5.3.2. Optical Density

The reduction in intensity of a transmitted light beam, reported as optical density, is used to
measure biofilm total biomass. Indeed, optical density correlates with microbial total carbon and
cell mass within a fixed range of cell size and shape [206]. The biofilm is detached from the surface,
dispersed in a buffer and the total biomass measured by reading the optical density at 600 nm [207].
Standard curves for cell mass vs. absorbance can be generated for any combination of reactor, microbial
strain and spectrophotometer, always allowing determination of mass density by optical density.

5.3.3. Dye-Based Methods

Originally described by O’Toole and Kolter [208] to select biofilm-deficient mutants, these methods
have a standard for quantifying biofilm in microtiter plates, owing to the easy use and relatively low
cost. Crystal violet (CV) staining is one of the first methods used for biofilm biomass quantification [174].
Alternatively, Safranin Red and Congo Red could be used to quantify total biofilm biomass [207].
These dyes bind to negative charges and therefore target many different molecules of microorganisms
and EPS [174]. Staining protocol are detailed reported by Stiefel et al. [207]. The amount of desorbed
dye, measured by a spectrophotometer, is directly proportional to biofilm cell amount. Notably, the
nonspecific nature of the stains does not allow species differentiation in multi-species communities.
In spite it is widely used, CV has major drawbacks, including non-specific binding to anionic proteins
and other negatively charged molecules, like capsules, lipopolysaccharides, and DNA/nucleic acids [34].
Additionally, this method provides no information on the actual number of living cells because both the
living and dead cells, as well as the biofilm matrix, are stained [175]. Indeed, CV is quite unsuitable to
evaluate the anti-biofilm efficacy of surfaces with biocidal activity. Some drawbacks of these assays also
include the need for washing steps to remove the unattached cells and the unbound dye, which can lead
to the detachment of some biofilm cells [35]. Finally, some studies have demonstrated that composition
of cultural media dramatically alters the staining patterns, highlighting the importance of setting
suitable biofilm growth conditions especially when a comparison between samples is expected [34].
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5.3.4. Color Measurements

On site color measurements can be applied to quantify phototrophic biomass even before the
naked eye detects the presence of biofilm [194]. The first intuitive approach to the employment of
color variations for evaluating changes in biomass was reported by Young et al. [209]. However,
it was Prieto et al. [210] who, for the first time, proved the correlation between modifications in the
number of organisms and changes in the parameters defining color. Indeed, most works [199,211–214]
performed color measurements using the CIELAB color system [215], which represents each color by
means of three scalar parameters: L*, lightness or luminosity of color; a*, associated with changes
in redness-greenness; and b*, associated with changes in yellowness-blueness. Each color can also
be represented by three angular parameters: L*, lightness or luminosity of color, defined in both
scalar and angular color sets; C*ab, chroma or saturation, related to the intensity of color; and hab,
hue angle or tone of color, which refers to the dominant wavelength [214]. Sanmartín et al. [212]
confirmed that CIELAB color coordinates significantly correlated with the chlorophyll-a, phycocyanin,
allophycocyanin, and ATP contents. Color measurement has successfully been applied not only to
quantifying biofilm growth, but also as a useful tool to assess the physiological state of phototrophic
organisms on solid surfaces [216].

5.4. EPS Matrix

The amount of biomass retrieved from a substratum is an indicator of the anti-biofilm features of
a new material. In fact, new materials can also act by destabilizing the biofilm matrix and its physical
integrity. Therefore, EPS is a must in the assessment of the anti-biofilm performance of new materials.

In addition to water, EPS is made of extracellular polymeric substances, mainly polysaccharides,
proteins, lipids and DNA. Characterization of the matrix requires the identification and quantification
of each constituent. Generally, the analysis of molecules in the matrix can be investigated by ex situ
and in situ methods [217].

5.4.1. Ex Situ EPS Analysis

EPS Extraction

Ex situ quantification of EPS compounds greatly depends on the extraction methods. Indeed,
fractions of exopolymers, colloidal and capsular, can be extracted from each biofilm. The colloidal
fraction includes compounds that are loosely bound to microorganisms, while the capsular fraction
contains tightly bound carbohydrates and proteins [218].

EPS extraction is a challenge due to the different physicochemical properties. Moreover, it is
necessary to detach EPS from microorganisms without destroying the cells. The physical methods
include ultrasounds, blending, high speed centrifugation, steaming, heating, cation exchange resin
or lyophilization, whereas the chemical ones include the use of chemical reagents such as ethanol,
formaldehyde, formamide, NaOH, EDTA or glutaraldehyde [219]. Cation exchange resin is another
effective technique that has been used to separate EPS from cells [220,221]. No consensus exists on the
best methodology as the amount and quality of recovered compounds depends on biofilm species and
EPS complexity. A combination of physical, chemical and mechanical methods is often the best solution
to ensure extraction of EPS enriched fractions with few contaminates of intracellular content [196,222].
Indeed, an adequate extraction protocol often depends on the scientific goal to be addressed.

Comparing five extraction methods of EPS from alga-bacteria biofilm, Pan et al. [223] found that
biofilm pre-treatment with ultrasound at low intensity doubled the extracted matrix yield without
significant changes in the composition of EPS. The addition of NaOH to EDTA or formaldehyde
increases yield extraction of about one order of magnitude compared to the extraction performed
with only EDTA or formaldehyde. Liu et al. [224] matched estimated EPS quantities extracted by
formaldehyde–NaOH with CLSM observations and found that formaldehyde–NaOH extract limited
only a portion of proteins and polysaccharides. Indeed, sonication coupled with formaldehyde
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treatments is more efficient for extracting proteins, while EDTA is better for extracting polysaccharides
and humic acid substances [224]. McSwain et al. [220] found that the use of NaOH and heat extraction
produces a higher protein and polysaccharide amount from cell lysis, highlighting the importance
of finding a good extraction procedure, as contamination by cell lysis and dead biomass leads
incorrect conclusions.

Once extracted, the amount of extracellular components can be quantified.

Proteins

Protein quantification has principally been performed by colorimetric methods, following the
same procedure reported in Section 5.2.3. For example, the Bradford assay was used successfully by
Villa et al. [225] to measure the amount of proteins in the matrix of a colony biofilm growing on a
polycarbonate membrane. Similarly, Cattò et al. [226] quantified the amount of proteins in the E. coli
biofilm EPS grown on polycarbonate coupons in the CDC. Alternatively, in Jachlewski et al. [219]
extracellular proteins were quantified by a modified Lowry assay.

Polysaccharides

The phenol-sulfuric acid method proposed by Masuko et al. [227] is the simplest and most rapid
colorimetric method to evaluate total carbohydrates in a specimen. The method detects virtually
all classes of carbohydrates, including mono-, di-, oligo-, and polysaccharides. In this method, the
concentrated sulfuric acid breaks down any polysaccharides that react with phenol producing a
yellow-gold color. The yellow-gold color is proportional to the amount of total polysaccharides in
the sample and can be measured by absorbance at 490 nm. The amount of polysaccharides can be
estimated by constructing a standard curve using xylose or glucose as a standard. The color is stable for
several hours, and the accuracy of the method is within ±2% under proper conditions [228]. Moreover,
it is suitable for high-throughput screening in microtiter well plates.

The major disadvantage of the method is that it does not provide really exact quantitative
values as different sugars cause unequal responses [229]. Furthermore, it does not distinguish the
different monomeric, oligomeric, or polymeric carbohydrates in the samples. Therefore, a suitable
cultivation medium is fundamental to obtain reliable outcomes [229]. Indeed, complex media containing
carbohydrate compounds should be avoided or eliminated so as to avoid false values. Additionally,
the use of hot temperature and concentrated sulfuric acid and phenol necessitates special precautions
with regard to personal safety and laboratory equipment. Consequently, in the last decade, variants
of the method have been proposed by removing the carcinogenic phenol reagent or by reducing
the reaction time and removing the heat incubation step. A detailed overview and description of
different colorimetric modifications to quantify total polysaccharides is discussed extensively in
Rühmann et al. [229].

The screening of specific carbohydrates or fractions has also been proposed to study EPS [230–232].
One possibility is to screen uronic acids by the hydroxydiphenyl assay [233] using alginate as
standard. In the presence of m-hydroxydiphenyl, uronic acids give a color reaction that is specific for
mannuronic-, glucuronic-, and galacturonic-acids. As mannuronic-, glucuronic-, and galacturonic-acids
show different responses, the uronic acid quantification is reliable only when a known uronic acid
is present in the biofilm [229]. Furthermore, high concentrations of neutral sugars or proteins could
cause erratic results [234].

Extracellular DNA

Different approaches have been used to extract extracellular DNA (eDNA) from a matrix; these
include the use of ionic exchange, chelating agents, anionic surfactants, a strong alkaline solution and
enzymes [235]. In any case it is quite difficult to extract eDNA from the biofilm matrices without
contamination from the genomic DNA released after cell death. Moreover, eDNA binds with other
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biopolymers such as polysaccharides, proteins and metabolites, making its extraction from the complex
matrix even more difficult [236].

Once extracted, the easiest approach to quantify eDNA is by reading eDNA absorbance at 260 nm,
and assessing its purity by calculating the ratio between the absorbance at 260 nm and 280 nm [237].
Alternatively, nucleic acids can be stained with Syto9 or DAPI and the intensity of fluorescence intensity
measured [238].

Antibody Microarrays

Antibody microarrays provide a fast and reliable analysis of up to hundreds of biomarkers
simultaneously. In the fluorescent sandwich microarray immunoassay, selected antibodies (primary
antibodies) recognize and bind to specific EPS proteins and polysaccharides with high specificity.
Detection of this binding is accomplished by directly linking a variety of fluorophores to the primary
antibody or introducing them through a secondary antibody that recognizes the primary antibody.
Fluorescence intensity is measured and the experimental values can be transformed into a binary
matrix and visualized as a heat map. Furthermore, clustering analysis permits the association of similar
immunoprofiles or patterns with samples from apparently very different environments, showing that
they share similar universal biomarkers. While this assay can only detect predefined antigens without
providing precise characterization, it still works as a rapid fingerprinting technique for comparing
different samples [218]. In recent work, Blanco et al. [218] used 80 diverse antibodies labeled with the
fluorophore Alexa-647 to provide a protein and glycosidic immunoprofile of the capsular EPS fractions
extracted from 20 biofilms taken from five extreme environments. Antibodies were set up to detect
specific bioanalytes from Bacteria, Archaea and Eukarya, and specific proteins related to iron storage,
transporters or metal reductases.

Spectroscopic Techniques

Biofilm matrix can be analyzed by vibrational spectroscopic techniques like attenuated total reflection/
Fourier transform infrared spectrometry (ATR-IR) [217,239,240] and Raman spectroscopy [241,242].

Indeed, ATR-IR has been used to determine the chemical composition of biofilm by an analysis of
the absorbance of infrared light by specific chemical groups. ATR-IR enables studies of the biofilm
matrix, eliminating artefacts that can arise during the processes required to isolate specific matrix
components. Raman spectroscopy measures photons scatterring from the molecule, which depend
on the types of bonds in the molecule. Raman spectroscopy provides fingerprint information about
the analyte of interest. As the Raman spectrum of each molecule is unique, the spectrum can be
used to identify specific molecules within the biofilm. Diffraction-limited spatial resolution of Raman
spectroscopy is around 1 μm, enabling detailed analysis of a complex mixture of various molecules
such as proteins, carbohydrates, lipids, and nucleic acids [241]. Sample preparation is easy and there is
no need for staining procedures. However, the acquisition of spectra from biomolecules can take a
longer time and require higher laser power, leading to damage of the sample. In modified Raman
spectroscopy-based techniques such as surface-enhanced Raman scattering (SERS), the sensitivity is
significantly increased, the detection threshold is lowered and it is possible to detect EPS components
that are not detectable by Raman microscopy [243].

Advanced Techniques

More sophisticated approaches allow the single components of EPS, or the entire composition, to
be studied. Included are chromatographic techniques such as gel permeation chromatography [244]
and HPLC [245]. The combination of liquid chromatography with UV and electrospray ionization
ion trap detection (LC–UV-ESI-MS/MS) performs very well in the qualification and quantification of
various sugars. Indeed, this method allowed the simultaneous analysis of hexoses, pentoses, deoxy,
and amino-sugars, uronic acids as well as different sugar modifications in one single run [246]. GC/MS
gave a detailed overview of the entire EPS composition [245,247] as well as of single components [239].
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Matrix-assisted laser desorption/ionization (MALDI)-MS has been successfully used to detect and
identify polysaccharides, proteins and lipids in complex biofilms [248,249]. Nuclear magnetic resonance
(NMR) gave information about the extracellular polysaccharide composition, including the sequence
of repeated units or linkages between the heteropolysaccharides [250]. Blanco et al. [218] measured the
total concentrations of nine recoverable metals (Zn, Cu, Fe, Co, Ni, As, Cd, Cr and Pb) using X-ray
fluorescence reflection (TXRF) and inductively coupled plasma-mass spectrometry (ICP-MS).

All these techniques have greatly advanced the state of art of biofilm matrix knowledge. However,
they require complex and expensive equipment, long times to define experimental conditions, and a
high level of expertise not commonly found in any laboratory. In addition, complex preparation steps
of the samples are sometimes needed.

5.4.2. In Situ EPS Analysis

Microscopic Techniques

Fluorescence microscopy is the pioneering technique used to analyze in situ EPS biofilm. Indeed,
CLSM is a powerful tool to assess the EPS on material surfaces (see Section 6.2.1 for details) [251].
Proteins, polysaccharides and DNA can be stained by specific dyes and visualized by the microscope.
A semi-quantitative analysis of acquired pictures provides information about the general architecture and
the EPS distribution, generating reconstructed 3D images of biofilm grown on a new anti-biofilm surface.
Indeed, it is possible to approximate the amount, concentrations and coverage of the various components
by correlating the fluorescent intensity of the biofilm components to standard solutions. Examples of
protein dyes include the SYPRO Ruby, the 3-(4-carboxybenzoyl)quinoline-2-carboxaldehyde (CBQCA),
or the NanoOrange [207]. Polysaccharides can be stained by the Calcofluor White that binds to
β-linked polysaccharides such as cellulose and chitin [252] (Figure 4b). Alternatively, ConA-FITC binds
α-D-mannopyranosyl and α-D-glucopyranosyl residues in amylopectin and dextran [207]. Fluorescein
isothiocyanate (FITC) should label proteins by the reaction of the isothiocyanate group with primary
and secondary amine groups [253]. Alternatively, EPS compounds can be visualized with specific
antibody labelled with fluorescent probes [254]. Fluorescence microscopy offers high-quality images
but limited chemical information.

Spectroscopic Techniques

Spectroscopic techniques can be used in situ to characterize biofilm matrix. The crystal of the
ATR-IR can be modified using a specific coating and the real time growth of biofilm on the surface can
be monitored. For example, Sportelli et al. [255] deposited a thin film of silver nanoparticle Teflon-like
composite on the infrared inactive region of the waveguide of the ATR crystal. The authors used
ART-IR techniques to follow, in real-time, the inhibition of sessile P. fluorescens cells induced by the
bioactive silver ions released from the nano-antimicrobial coating. Notably, ATR-IR is a powerful tool
to assess the activity of materials with antimicrobial properties, as well as being suitable to study living
bacteria. Furthermore, recent developments in instrumentation have allowed Raman spectrometry to
define the matrix chemistry in a given location on a specimen with high spatial resolution (down to a
few micrometers). For instance, Feng et al. [256] in situ characterized P. aeruginosa biofilm cultivated
on a chip substrate made of polydimethylsiloxane on a microfluidic platform.

6. Structural Assessment of Biofilm on Anti-Biofilm Polymeric Surfaces

6.1. Identification and Spatial Distribution of Biofilm Community Members

6.1.1. Fluorescence In Situ Hybridization (FISH)

FISH can be used to investigate the spatial organization of mixed microbial communities, especially
in environmental samples, providing also semi-quantitative data of the taxa composition. This can
give an insight into how microorganisms interact with each other and the key players occurring in
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biofilm. Standard FISH uses labeled nucleotide probes for the in situ identification of microorganisms
by hybridization to the ribosomal RNA of fixed cells, which can subsequently be visualized and
quantified by the microscope. Online databases containing probes developed for FISH are currently
available [257]. Using probes with different fluorescent properties it is possible to distinguish and
identify microorganisms of different taxa in a mixed biofilm, and assess their spatial organization by
microscopy [258]. However, the method shows limitations related to cell permeability, hybridization
affinity and target site accessibility, leading to sometimes poor signal-to-noise ratios and lack of target
site specificity and sensitivity [259]. Indeed, cells with low rRNA copy numbers, slow growing, or
starving, e.g., those in biofilms, often lie below the detection limits or are lost in high background
fluorescence [258].

Peptide nucleic acid probes (PNA-FISH) present a quicker and stronger binding to DNA/RNA [259]
than standard FISH. The hydrophobic nature of the PNA molecule allows easy cell penetration, and,
theoretically, better diffusion through the biofilm matrix. Alternatively, in locked nucleic acids
(LNA-FISH), a synthetic RNA analog with the ribose ring locked to a C3′ endo-conformation is used as
higher affinity, specificity, thermal stability and resistance to degradation in comparison to traditional
probes [260].

Improvements have also been introduced to enhance the probe fluorescent signals. In the catalyzed
reporter deposition-FISH (CARD-FISH) the fluorescence signal is amplified from 26 to 41 times via the
immobilization of multiple radicalized fluorescent tyramides by the enzyme horseradish peroxidase
conjugated to the oligonucleotide probes, making the visualization of hard-to-detect cells feasible [261].
However, CARD-FISH is rather expensive, time-consuming and requires a harsh sample preparation
protocol, with an enzymatic pretreatment and numerous washing steps that compromise biofilm
integrity [262]. In other approaches, probes are double (double labeling of oligonucleotide probes
FISH, DOPE-FISH) or multilabeled (Multilabeled FISH, MIL-FISH), so that the fluorescent signal
is amplified several times [258,263]. Probes can be also combined in order to increase the number
of target microorganisms. In the combinatorial labeling and spectral imaging FISH (CLASI-FISH)
microorganisms of interest are labeled with a repertoire of monolabeled oligonucleotide probes
carrying fluorochromes of closely overlapping spectra [264]. The combination of emitted wavelengths
is recorded by spectral imaging with CLSM. CLASI-FISH allows the simultaneous identification of
tens to potentially hundreds of microbial taxa in a single microscope image [265].

FISH combined with microautoradiography (FISH-MAR) has been used to make suggestions
about metabolic phenotypes of microorganisms [266]. Indeed, biofilm is grown with radio-isotope
labeled substrates and FISH reveals radioactivity in cells that have taken up the particular substrate,
and the MAR image is then overlaid with the FISH image, providing a specific substrate uptake
profile of the individual bacterial cells in the microbial community [267]. However, some chemical
elements, e.g., nitrogen or oxygen, do not have a radioactive isotope with a suitable half-life time
for use as a labeled tracer for FISH-MAR experiments, and thus cannot be monitored. Similarly, the
combination of FISH with the Nano-scale Secondary Ion Mass Spectrometry (FISH-NanoSIMS) allows
the simultaneous exploration of the microbial distribution, and quantifies the utilization of C and N
isotopes, allowing the detection of the metabolic activity of identified microorganisms at the single-cell
level [268].

Alternatively, confocal Raman microscopy (CRM) coupled with FISH (FISH-Raman) can provide
information about FISH-identifiable microbes and the non-biological components within the biofilm,
e.g., embedded mineral particles and variant chemical composition of the matrix. Unfortunately, to
be compatible with Raman spectroscopic techniques, probes must be labeled with quantum dots or
radionuclides, with serious trade-offs regarding cost efficiency and experimental safety [269].

The combination of flow cytometry and FISH (Flow-FISH) has also been proposed for
high-throughput, rapid and accurate quantification of biofilm cells with simultaneous phylogenetic
specificity being provided by the oligonucleotide FISH probes [270].
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6.1.2. Immunofluorescence Detection

Immunofluorescence is a very sensitive technique that exploits antibody binding to specific
microorganisms in a mixed population, this binding being visualized by the fluorescence emitted
by a marker molecule bound to the antibody. The location of the microbial cells can be viewed
using a fluorescence microscope [271]. Indeed, antibody-based methods have been demonstrated to
be very promising for high specificity and affinity detection in food and clinical samples [272,273].
The technique is also useful to visualize microorganisms bearing specific proteins accessible to
antibodies [274]. For example, Vejborg et al. [275] studied the chain formation in E. coli K-12 biofilm on
vinyl plastic surface, using an immunochemistry procedure to mark the antigen 43, a self-associating
autotransporter protein that had already been implicated in auto-aggregation and biofilm development.
The authors observed that Ag43 was concentrated at or near the cell poles, and that when the antigen
was highly overexpressed a more uniform distribution of bacteria was present within the biofilm.

6.2. Biofilm Imaging for Biofilm Morphology Studies

6.2.1. Confocal Laser Scanning Microscopy (CLSM)

CLSM is the most powerful tool to assess biofilm architecture on material surfaces, and as it
is readily available in labs and core facilities it has made a considerable contribution to biofilm
research [115]. CLSM combined with fluorescent staining and high-speed computing allows the
acquisition of two-dimensional cross-sections of a biofilm at different depths, resulting, upon analysis
by specific software, in the representation of the 3D architecture [276]. The use of water-immersible
lenses that do not require a coverslip can help avoid pressure and distortion of the biofilm structure,
offering high resolution with working distances of several millimetres and allowing the visualization
of fluorescently labeled single cells and an accurate examination of irregular substrata.

Coupled with the use of various probes, CLSM allows the observation of various biofilm
components simultaneously. Table 3 gives an overview of the probes binding the main biofilm
components. Indeed, using CLSM in a multi-channel modus it is possible to map the individual
biofilm components at the same time, e.g., cellular biomass with Syto9, dead cells with PI, extracellular
polysaccharides with Concanavalin A. The coupling of CLSM with FISH probes leads to more
information about the identification and localization of several microbial taxa. Another option is
to take advantage of the intrinsic natural auto-fluorescence property of some microorganisms, e.g.,
phototrophic biofilm for imaging differentiation. It is also possible to genetically modify organisms
in such a way as to make them auto-fluorescent, for instance through the expression of the green
fluorescent protein (GFP) or multicolor variants (Figure 4c). GFP is expressed by metabolic active cells,
and can be excited using light at 396 nm, emitting green fluorescence light at 508 nm.

QQuantitative 3D digital image analysis of multichannel data sets allows the volumetric and
structural quantification of each single biofilm constituent. Indeed, a number of highly advanced
software packages, both commercial and free, coupled with high-speed computers, are available to
analyze large data file sets [115,185,276]. Common image analysis software includes Imaris (Figure 5),
ImageJ (https://imagej.nih.gov/ij/), Fiji (https://fiji.sc/), Comstat and Phlip [277–279]. A comprehensive
book on digital image analysis has been edited by Miura [280].
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Figure 5. Comparison of different computer visualizations of a single confocal laser scanning microscopy
(CLSM) image of E. coli biofilm grown on low density polyethylene surface. Computational analysis
has been performed by Imaris software. (a) maximum intensity projection; (b) orthogonal projection;
(c) blend projection and (d) 3D reconstruction. Biofilm was stained green with Syber green I (live cells)
and red with Texas Red-labelled ConA (polysaccharidic matrix).

When assessing a sample, not only should the intensity of the excited fluorochrome can be
measured but also its lifetime as this can reveal additional valuable information [281], e.g., the efficacy
of disinfection treatment [282]. For example, the evaluation of an accurate threshold value up to which
biofilm remains undisturbed on the surface under antimicrobial treatments is valuable information
for their direct application in many industrial contexts where biofilm is unwanted. The technique,
called time-lapse CLSM, consists in installing a disc coupon with biofilm pre-grown in a biofilm reactor
in a Treatment Imaging FC (Figure 6a). Prior to being placed in the flow cell, the biofilm is stained
with fluorescent dye that labels viable and dead cells (e.g., the LIVE/DEAD BacLight) or enzymatic
activities (e.g., the esterase activity marker calcein acetoxymethyl ester). The imaging technique
is based on evaluating the loss of fluorescence corresponding to the leakage of a fluorophore out
of cells due to membrane permeabilization by the antimicrobial agent [283] (Figure 6b). In recent
work, Cattò et al. [284] used time-lapse microscopy to evaluate the enhanced susceptibility of an E.
coli biofilm pre-grown on a polyethylene surface functionalized with p-amino-cinnamic acid and
p-amino-salicylic acid to ethanol. The method allows the decrease of fluorescence intensity at different
locations within the biofilm to be measured, revealing that the ethanol antimicrobial action occurs very
rapidly at the biofilm surface and slower where the bottom of the biofilm is in contact with the coupon
substratum. Advanced CLSM-based tools including fluorescence recovery after photobleaching
(FRAP), fluorescence correlation spectroscopy (FCS) and fluorescence lifetime imaging (FLIM) can also
be used to assess the antibiotic diffusion-reaction within a biofilm locally. These techniques trace the
diffusion of fluorescent labeled antibiotics within the biofilm, offering a spatiotemporal resolution not
available with the commonly employed time-lapse CLSM imaging method [282].
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Figure 6. (a) Treatment imaging flow cell (FC) under CLSM for time lapse experiments; (b) time lapse
CLSM of ethanol action performed on E. coli biofilm grown on low density polyethylene surfaces
functionalized with p-aminosalicylic acid. The fluorescence loss from stained E. coli cells is used to
monitor real-time loss in cell viability during the biocide action. Under ethanol treatment, biofilm
displayed a total loss in fluorescent intensity in 5 min.

The main disadvantage of CLSM is that the depth of penetration into the sample is limited to
around 20-40 μm. Indeed, as depth increases, the scattering and absorption signals of both excitation
and emission light lose intensity. Thus, CLSM is not suitable for biofilm of more than 50 μm thickness.

Another limitation of CLSM is the unequal resolution in XY and Z. However, this can be avoided
by increasing the objective lens numerical aperture. By employing two opposed lenses and mounting
the specimen between two coverslips, equally resolved XYZ data sets can be recorded [281].

Moreover, another major disadvantage of CLSM is the scanning process, which limits temporal
resolution, and the need for more excitation energy, resulting in increased photobleaching [285].

However, these drawbacks have now been partially sidestepped as CLSM has been improved
tremendously in the last decade with novel optics, lasers, fluorescent proteins and probes as
well as CLSM derivatives, such as multiphoton microscopy (MPM), light sheet fluorescence
microscopy [286,287] and spinning-disk confocal laser systems [288,289]. For example, instead of
using a light source emitting a continuous intensity, MPM uses a laser emitting high-powered (peak
power >2 kW) ultrashort pulse (in the femto- or picosecond range), so that two or more photons are
able to interact simultaneously with a fluorescent dye molecule at the point of focus [290]. The use of
near-infrared excitation light enables MPM microscopy to minimise sample damage and increase the
light penetration depth. Moreover, due to multiphoton absorption, the background signal is strongly
suppressed. Furthermore, MPM overcomes drawbacks of other optical microscopy techniques such as
photobleaching and phototoxicity [291].
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Table 3. Examples of the most common fluorescent stains used for staining biofilm grown on polymeric
surfaces with anti-biofilm properties.

Staining
Pattern

Stain

Colour
(Maxima

Excitation/
Emission)

Cells
(Viability:
Live/Dead/

Both)

Matrix Polymeric Substrate

Nucleic acids

DAPI Blue (358/461 nm) X (both)
- Polyurethane coated with N-vanillylnonanamide [292]

- Permanox plastic coated with B-type proanthocyanidins [293]
- Surfactant polymer dressing (PluroGel) [294]

SYTO 9 Green (485/498 nm) X (both)

- Poly(ε-caprolactone-co-δ-valerolactone) mixed with
dibromohemibasta-din-1 [81]

- Silycon containing (3-acrylamidopropyl)
trimethylammonium chloride (AMPTMA) or quaternized

polyethylenimine methacrylate [99]
- Siloxane modified with non-ionic surfactants and

antioxidant [295]

SYBR green-I Green (495/537 nm) X (both)

- Low density polyethylene functionalyzed with
p-aminocinnamic acid and p-aminosalicylic acid [284]

- Low density polyethylene functionalized with
α-chymotrypsin [74]

Live/Dead
Bac-Light

Green (485/498 nm)
Red (585/617 nm) X (both)

- Nanostructured silicon [55]
- Black silicon with nanoprotrusion [296]

- Nanoporous 1,2-polybutadiene-b-polydimethylsiloxane
loaded with sodium dodecyl sulfate [297]

- Nanostructured poly (methyl methacrylate) [298]
- Polydimethylsiloxane with immobilized polymyxins

B and E [28]
- NO-releasing amine plasma polymer [299]

- Low density polyethylene functionalyzed with
p-aminocinnamic acid and p-aminosalicylic acid [284]

- Low density polyethylene functionalized with
α-chymotrypsin [74]

- Poly(methyl methacrylate) with incorporated Juglone [113]
- Ciprofloxacin-incorporated polyurethane polymers [300]

Propidium
Iodide Red (585/617 nm) X (dead)

- Nanoporous 1,2-polybutadiene-b-polydimethylsiloxane
leaded with sodium dodecyl sulfate [297]

- Polymer brushes based on poly(cysteine methacrylate)
grafted on on the nanocellulose membranes [301]

Acridine
orange Green (500/526 nm) X (both)

- Urinary catheters coated with lipase-embedded
polycaprolactone (PCL), coimpregnated with the antibiotic

gentamicin sulfate [302]

Plasma
membrane

CellMask
plasma

membrane
orange

Red (554/567 nm) X (both) - Low density polyethylene functionalyzed with
p-aminocinnamic acid and p-aminosalicylic acid [76]

Cell wall

Wheat Germ
Agglutinin

(FITC
conjugated)

Green (490/525 nm) X (both) - Surfactant polymer dressing (PluroGel) [294]

Calcofluor
white Blue (355/433 nm) X (both) - 1H,1H,2H,2H-Perfluoro-octyl-methacrylate, methyl

methacrylate, Paraloid B72 acrylic resin [303]

Metabolic
activity

Resazurin Blu (575/585 nm) X (live) - Poly(vinyl alcohol-co-ethylene) [101]

Calcein or
fluorescein
diacetate

Green (495/515 nm) X (live) - Poly(vinyl alcohol-co-ethylene) [101]

SNARF-1 Green (580/640 nm) X - Poly(methacrylic acid) antibiotic-loaded [304]

Proteins

FITC Green (490/525 nm) X (both) - Poly (ε-caprolactone)-based polyurethane coated with
butanolide [53]

SYPRO Ruby Red (450/610 nm) X
- Surfactant polymer dressing (PluroGel) [294]

- Polymer brushes based on poly(cysteine methacrylate)
grafted on on the nanocellulose membranes [301]

Polysaccharides

Concanavalin
A (Texas red,

Alexa Fluor 594
conjugated)

Red (Texas red:
595/613 nm; Alexa

Fluor 594:
591/618 nm;)

X (both) X

- Low density polyethylene functionalyzed with
p-aminocinnamic acid and p-aminosalicylic acid [284]

- Low density polyethylene functionalized with
α-chymotrypsin [74]

- Silica particles attached to polydimethylsiloxane [305]

6.2.2. Electron Microscopy

Conventional electron microscopy is widely used to achieve imaging of sub-nanometer resolution,
providing a detailed insight into the ultrastructure of the biofilm and its environment [306,307]. Indeed,
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electron microscopy is often applied to visualize the initial formation of biofilm, starting with the
single cells attached to an interface [308].

Several electron microscopy techniques have been used to examine the assembly of biofilm structure
on solid surfaces, scanning electron microscopy (SEM) and transmission electron microscopy (TEM)
being the predominant choices [309–313]. SEM and TEM have been extensively used for a qualitative
observation of biofilm, but they are not generally recommended for quantitative evaluations [35,174].
A drawback of both SEM and TEM is the sample preparation, which involves fixation and dehydration,
followed by coating with conductive materials such as gold or platinum. As biofilm consists
mainly of water, so specimen dehydration could alter the morphology, and changes or artifacts be
introduced [311–313]. Moreover, the sample is under vacuum, introducing artifacts into the biofilm
structure [307].

By sidestepping the hydration and vacuum limitation, in cryo-SEM the biofilm is not dehydrated
but kept frozen, thus achieving high-magnification images closer to the native state of the sample [314].
The advantage of cryo-SEM is the lack of pre- operational steps. Ultrafast freezing procedures, e.g.,
high-pressure freezing, are used for specimen fixation, therefore, sample preparation occurs within
a maximum of one minute of time. However, compared to conventional SEM, cryo-SEM images
are of poorer resolution due to the low frozen surface conductivity, compared to the dehydrated
gold-sputtered surface used in conventional SEM [306]. Moreover, the heat generated by the focused
electron beam causes the sample’s frozen surface melts and cracks at high magnifications [314].

Environmental SEM (ESEM) allows the imaging of biological specimens in their original hydrated
conditions at relatively high resolution, with a total lack of sample preparation [315]. As in the case of
cryo-SEM, ESEM provides images of poorer resolution than conventional SEM, because of the lack of
conductivity in the wet sample.

A more sophisticated alternative to create 3D biofilm reconstruction is the FIB–SEM. The FIB
sequentially mills away 10 nm-thick sections from the surface of a resin that contains the embedded
samples. Images of each slice are subsequently recorded by SEM and processed by specific software to
perform the 3D volume reconstruction.

Atmospheric scanning electron microscopy (ASEM) was developed to observe biological samples
at atmospheric pressure [307]. ASEM consists of an inverted SEM to observe a wet sample from below
while optical microscopy simultaneously observes it from above [316]. Sugimoto et al. [307] cultured
a biofilm on an electron-transparent film. The biofilm was directly imaged from below using the
inverted SEM, allowing the study of biofilm formation near the substrate. The authors were able to
visualize the intercellular nanostructures, including membrane vesicles, cytoplasmic proteins and a
thick dendritic nanotube network between microbes, suggesting multicellular communication between
microorganisms [307].

6.2.3. Super-Resolution Microscopy (Nanoscopy)

Super resolution microscopy techniques, also referred to as nanoscopy, have been developed to
improve the resolving power of diffraction-limited optical and fluorescence microscopy. These tools
are able to resolve structures below the limits of optical resolution (200 nm), even down to the 1 nm
level [317].

Stimulated emission-depletion (STED) microscopy represents a major type of these techniques
and was the first to be proposed and experimentally realized [318]. STED creates super-resolution
images giving details smaller than 50 nm by the selective deactivation of fluorophores and minimizing
the area of illumination at the focal point [318]. Photoactivated localization microscopy (PALM) and
stochastic optical reconstruction microscopy (STORM) take advantage of a similar approach [319].
Instead, in structured illumination microscopy (SIM) and saturated structured illumination microscopy
(SSIM) samples are illuminated by a pattern of light at three different angles that make visible the
normally inaccessible high-resolution information. The result is a resolution increased of two times
in comparison to the optical microscopies [320]. Compared to other super-resolution microscopies,
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SIM is quite popular as standard fluorophores can be used, does not require special mounting and
preparation techniques [321]. The technical details of these methods have been extensively reviewed
by Li et al. [321] and Sydor et al. [322].

In spite of their high resolution, all these techniques have certain disadvantages that need to
be considered. Super-resolution methods allow the imaging of only thick samples and only a small
number of fluorochromes can be used [323]. Moreover, when super-resolution data are processed and
analyzed, it is important to choose adequate controls to avoid artefacts and generating high-quality
data [323].

6.2.4. Other Microscopic Techniques

CRM is a non-invasive, label-free technique to analyse in vivo biofilm formation. The sample
is excited by a laser and the backscattered light signal is recorded, providing information on the
chemical composition and conformation. In CRM, no fluorescent probe is necessary and, in contrast
to other spectroscopic techniques, is only slightly sensitive to water, allowing the investigation of
living specimens in fully hydrated conditions. The main advantage of CRM is that biofilms can
be studied in their native, unaltered state, immersed in the medium. Specimen preparation is not
necessary and information on the biofilm chemical nature is obtained [324]. A single Raman spectrum
contains information about both organic compounds, e.g., polysaccharides, proteins, lipids, humic-like
substances, and inorganic constituents like minerals. Specific Raman signals can be extracted and
(semi-)quantitatively mapped [325]. CRM has been employed to map distributions of water and
biomass [326], pigmented matrix and cellular content [327] and chemical components such as sugars
or proteins [328]. Sandt et al. [327] used CRM to study the structure, composition and growth of fully
hydrated biofilm grown on glass in a flow cell. Andrews et al. [329] demonstrated that the attachment
of 11 bacterial strains on different surfaces was influenced by several extracellular compounds such as
lipids, proteins, and nucleic acids, and the effects of these molecules were important to the genus level.
A study reported by Wagner et al. [328] showed a change of EPS composition in heterotrophic biofilms
over time, which was not detected by CLSM.

Scanning transmission X-ray microscopy (STXM) is extensively employed in mapping biofilm
composition without using a probe, and also with reduced radiation damage to the sample. STXM
is employed to study polymers as well as metal distribution at a microscale [330,331]. STXM can be
applied to fully hydrated biological materials. This is a consequence of the ability of X-rays to penetrate
water with reduced radiation damage to samples.

6.2.5. Optical Coherence Tomography (OCT)

Optical coherence tomography (OCT) measures depth-resolved reflection signals from translucent
samples such as biofilms, and allows extended sample areas to be examined within millimetres [332].
Furthermore, the rapidity of measurement and the fact that there is no need for probes or fluorochromes
are distinct OCT advantages over other conventional imaging techniques for structural description,
including CLSM. OCT allows the acquisition of in situ and real time images, in a non-ionizing and
non-invasive way [333]. Indeed, the cross-sectional images of biofilms on the micron scale of OCT
offer a quantitative, high-resolution, spatially-resolved means to analyse biofilm growth, detachment,
thickness, and structural heterogeneity [334]. Other advantages are the small size and mobility of an
OCT device, allowing the investigation of biofilm inside the cultivation device itself [327].

Several papers have reported dynamic biofilm development on polymeric membrane surfaces
under different operating conditions [334–336] as well as on medical devices [333,337] and other
materials, e.g., polystyrene [338].

6.3. Mechanical and Physical Properties

Studies of the mechanical and physical behaviour of biofilms (e.g., viscosity, elasticity, adhesion,
cohesion, permeability, etc.) are crucial to an understanding of biofilm physical stability, and thus of
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the performance of new anti-biofilm material. Indeed, materials based on matrix-degrading enzymes,
or quorum-sensing inhibitors, can change a biofilm’s mechanical and physical properties, making
the biofilm more prone to detachment and less resistant to antimicrobial treatments. Therefore,
mechanical and physical parameters can be considered quantitative biomarkers of EPS integrity.
Furthermore, mechanical and physical features should also be useful to optimize cleaning strategies in
an industrial setting, e.g., by determining the best flow stress to override biofilm presence, or to assess
the antimicrobial penetration in the biofilm. For example, it has been hypothesized that the formation
of viscoelastic extended structures by S. aureus in intravenous catheters could block the catheters, and
that the breaking of these viscoelastic chains, e.g., by using matrix degrading polymeric materials,
could dislodge the biofilm from the surfaces [339,340].

There are a number of varied testing methods available to study biofilm mechanical and physical
parameters. Recently, Billings et al. [341] and Boudarel et al. [342] provided a good overview of such
methods and guidelines by which the mechanical and physical properties of biofilms can be measured.
However, the mechanical properties of biofilm remain a concern in biofilm research because there is a
lack of standardized protocols for both mechanical and physical testing and associated identification
methods [342]. This complicates the comparison of different materials, and thus the improvement of
material engineering processes and screening. Furthermore, none of the existing methods cover the
whole spectrum of biofilm behaviour as the properties describing the mechanical capacities of a biofilm
are both numerous and varied [343]. Indeed, the combination of in situ experimental measurements and
biofilm modelling seems a promising approach to ascertain the mechanical and physical properties of
biofilms [344–347]. Unfortunately, the complexity of biofilm structure makes conventional mechanical
and physical testing often unsuitable for engineered materials.

6.3.1. Atomic Force Microscopy (AFM)

Atomic force microscopy (AFM) techniques can be used to measure viscoelastic forces and those
driving cell–cell and cell–substrate interactions [348]. AFM consists of a tip held in intimate contact
with the surface. When the tip is scanned across the surface, it encounters surface forces and the
cantilever is deflected, generating force–sample distance curves [349]. As samples can be examined in
their native state, sample preparation is minimal, greatly reducing the development of artefacts [350].

The review of Lau et al. [350] reports a list of biofilm viscoelastic and adhesive studies using
AFM. For example, Harapanahalli et al. [351] investigated the influence of S. aureus adhesion forces
to different biomaterials, noting that the adhesion forces modulate the production of some matrix
molecules. Also Feuille et al. [352] used AFM to study the forces guiding the self-association of S. aureus,
focusing on a key surface protein. El-Kirat-Chatel et al. [353] measured adhesion forces between live
bacteria and two copolymers based on tert-butyldimethylsilyl methacrylate dedicated to ship hulls.

These researches have provided a novel insight into the interplay of interaction forces and
mechanical properties that govern the behaviour of biofilms, and their response to chemical and
physical attack.

The main drawback is that AFM requires physical contact between the probe and the biofilm,
which poses a challenge for biofilms grown in closed systems, e.g., in flow cells [354].

Modifications of standard AFM have been made, including AFM-based single-cell force
spectroscopy (AFM-SCFS). In AFM-SCFS, the AFM tip is replaced by a single cell to measure
cell–cell and cell–solid interaction forces. Taubenberger et al. [355] highlighted that AFM-SCFS is a
suitable tool to quantify cell-biomaterial interactions, thus greatly contributing to the optimization
of new materials for implants, scaffolding, and medical devices. For instance, Spengler et al. [356]
used AFM-SCFS to investigate the adhesion strength between a single cell of S. aureus and a solid
hydrophobic silane and hydrophilic silicon. The study showed a strong influence of the hydrophobic
interaction on microbial adhesion, corroborating the notion that the adhesive strength of bacteria is not
a matter of contact area, but rather a matter of which, and how many, molecules of the bacterial cell
wall are involved in the contact with the surface.
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6.3.2. Rheometry

Measurement of viscoelasticity includes both macro- and microrheology methods that quantify
biofilm deformation under constant stress, in a compressive, shear or tensile mode, or measuring
the stress needed to maintain constant deformation, also referred as stress relaxation [357,358].
The rheometer consists of either parallel plates or a cone and plate between which the material of
interest is placed, providing data about the viscoelastic behaviour of the biofilm. In some studies the
biofilms were dislodged from their original growth locations and placed in the rheometer [25,359,360],
whereas in others the biofilms were grown directly on a rheometer plate [361–363], potentially altering
the microarchitecture [363].

Macro-rheological studies have provided a lot of information about the viscoelastic properties of
biofilms, but this is at the macro-scale level and often requires an ex situ analysis and an impractical
amount of biofilm [354].

Particle-tracking microrheology uses micro-beads, embedded in the biofilm without disrupting
the natural state of the biofilm system. The number of beads can be one, in single-particle tracking
(SPT), or multiple, in the multi-particle tracking (MPT) technique [341]. In passive particle tracking,
the beads are not manipulated by any external perturbation, but move in response to thermal or energy
fluctuations. In active microrheology, external forces are used to move the probe particle through the
biofilm rather than relying solely on fluctuations in thermal energy [364].

In the last decade, particle tracking micro-rheology has been combined with CLSM [341].
For example, Cao et al. [365], used SPT micro-rheology combined with CLSM to analyze biofilm
behavior at different horizontal z-planes (bottom, middle, top) and to track trajectories of green
fluorescent carboxylate micro-bead particles segregated in two different biofilm regions (voids and
clusters). Similarly, Chew et al. [366] measured the rheological properties of P. aeruginosa biofilm at
different stages of development, tracking, by CSLM, the natural Brownian movement of the spherical
particles with marked intrinsic fluorescence within the sample. Alternatively, Galy et al. [364] used
CSLM to track the motion of multiple magnetic beads embedded in growing biofilm.

6.3.3. Quartz Crystal Microbalance (QCM)

Quartz crystal microbalance (QCM) technology has been used to detect both the mass and
viscoelastic changes in biofilms, in real time and in a non-destructive way. This technique is based on
the measurement of changes in frequency of a system composed of a surface or thin coating adsorbed
on a piezoelectric quartz sensor due to the additional of removal of small masses [367,368].

A special variation of this technique is called QCM with dissipation (QCM-D). Compared with
conventional QCM, the QCM-D technique is able to simultaneously measure changes in resonant
frequency and energy loss, or dissipation, of the system, allowing the detection of mass increase and
structural changes of cells at the same time [369–371].

QCM and QCM-D are well suited to investigating the processes occurring at or near the
anti-biofilm surface during initial cell adhesion, including the binding properties between the cell
and the material [367,372–374]. Wang et al. [374] modified the QCM-D sensor surface with different
glycopolymers and cationic polymers and studied the bacteria−substratum interactions on different
polymer-treated sensor surfaces. The authors found that lectin-carbohydrate interactions play a
significant role in E. coli and P. aeruginosa adhesion, compared to other non-specific forces, e.g.,
electrostatic interactions. Indeed, P. aeruginosa adhered to the glycopolymer surface with strong contact
point stiffness in comparison to E. coli. In another work, Knowles et al. [375] used QCM to understand
the protein interactions with a new silica nanoparticle anti-biofilm coating. This study elucidated the
effect of nanoscale surface topography on fouling processes.

Both QCM and QCM-D systems are capable of detecting the kinetics of biofilm formation
on materials, without differentiating between biotic and abiotic components [376]. Moreover, the
miniaturization of the mass sensitive detector permits its integration into industrial plants, including
the food industry, water distribution systems and clinical settings [373]. However, the interpretation of
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QCM and QCM-D is often difficult, especially in the case of microbial adhesion. Indeed, many studies
on microbial adhesion and biofilm formation report a decrease in resonance frequency upon microbial
adhesion whereas other studies report an increase [377].

6.3.4. Surface Plasma Resonance (SPR)

Surface plasma resonance (SPR) is an emerging technique to investigate the binding kinetics and
adhesion of microorganisms to various natural and synthetic materials. For instance, Pranzetti et al. [378]
used SPR to study the initial stages of bacterial adhesion to surfaces, including non-specific contributions
from electrostatic, van der Waals, and hydrophobic forces. In this study, SPR provided real-time
observations of both EPS and adhesion of two marine bacteria with different hydrophobicity to
model surfaces. Indeed, SPR spectral data reveal kinetics of adhesion depending on both the marine
bacterial species and the backbone structures and functional groups of the substrate. Zhang et al. [379]
demonstrated by SPR that nanosized TiO2 decreased the adhesive ability of both B. subtilis cell and
EPS, and induced biofilm detachment from different surfaces in some hours. Indeed, the decrease in
adhesive strength worked against microbial aggregation. These experiments show that the differences
in binding were dependent on the type of surface and microbial strains.

6.3.5. Fluid Dynamic Gauging (FDG)

Fluid dynamic gauging (FDG) has been developed to quantify the in situ and real time strength
of soft deposits, immersed in a liquid environment [380]. FDG can be used to estimate the adhesive
and cohesive strength of biofilm by means of flow data. For instance, Peck et al. [381] investigated
E. coli biofilm removal by FDG during cleaning treatments under controlled hydrodynamic conditions.
The authors compared three different substrates and found that mature biofilm grown on glass has a
stronger surface attachment than that on stainless steel and polyethylene.

6.3.6. Microsensors

Microsensors, consisting of a needle-type sensor with a tip diameter of 10–20 microns, measure
the gradient concentration of particular chemicals, e.g., the concentrations of oxygen, carbon dioxide,
sulfide, pH, oxidation-reduction potential, ammonium, nitrate and nitrite. These probes are small
enough to not significantly harm the biofilm upon entry, providing an in situ direct measurement of
the chemical concentrations within the biofilm, in a non-invasive way [382]. Microelectrodes have
the advantage of making both spatial and temporal measurements within the biofilm. Moreover,
multiple microbial taxa can be profiled using different metabolic fingerprints, and the use of multiple
sensors allows a better understanding of how such communities are arranged. By creating an array
of microelectrodes, it is also possible to measure multiple chemical signatures simultaneously in the
same location [383–385]. Microelectrodes have been widely used to analyze biofilm on a wide range
of materials, including medical surfaces [386], membranes used in wastewater treatments [387,388]
and other polymeric materials such as polycarbonate slides [389]. Indeed, equations for macroscale
models to gain an insight into flow and transport processes within the biofilm have received much
attention [390–393].

6.3.7. Magnetic Resonance Imaging (MRI) and Pulse-Field Gradient Nuclear Magnetic
Resonance (PFG-NMR)

Magnetic resonance imaging (MRI) is a NMR-based technique that has been used in situ and
in vivo to characterize water dynamics within biofilm, e.g., determination of flow velocity, as well as
the molecular dynamics and diffusion of biomolecules in biofilm, in a non-invasive way. Notably,
MRI is not impeded by biofilm thickness and is thus quite suitable for thick biofilm. Studies of mass
transport processes inside biofilm on polymeric surfaces using MRI have included water diffusion
measurements in biofilm on a polyether ether ketone plastic disc [394] and the transport and fate of
heavy metals in biofilm on plastic surfaces [395].
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Alternatively, pulse-field gradient NMR (PFG-NMR) can also be employed for the diffusion
analysis of water and small molecules within the biofilm. PFG-NMR employs pulsed magnetic field
gradients to obtain information about the average displacement of the spins. With PFG-NMR it is
possible, in principle, to measure the self-diffusion coefficients of all NMR-detectable molecules [396].

7. Conclusions

In recent years, new techniques to study biofilm grown on polymeric surfaces have been proposed.
These include microcosms able to accurately reproduce human conditions, and microfluidics that
allow the precise manipulation and control of fluids in microscale channels, typically less than 100 μm,
and omic-based approaches revealing physiological differences occurring in the course of sessile
development in response to interactions with materials [115,397,398]. However, despite their notable
contribution to the study of biofilm, these techniques are still far from being widely applied to study
anti-biofilm properties. Indeed, these approaches often require specific equipment, a high level of
expertise and often long experimental procedures, which make them less appropriate for screening
purposes on a large and/or industrial scale. Therefore, while the development of new microbiological
techniques is proceeding fast, the evolution of standards for testing the new anti-biofilm materials is
proceeding rather slowly.

A key aspect toward the standardization of testing anti-biofilm materials is the sharing of
specific details about the experimental technique employed and the corresponding experimental
conditions. This is key aspect to replicate studies at an interlaboratory scale, favouring the spreading
of methodologies that are expecting to become the standard for the field in the feature. Already there
has been a lot of effort put into developing dedicated public web platforms, like that of MIABiE [399]
and BiofOmics [400], for the systematic and standardized collection of guidelines, experiments and
data. However, the efforts so far performed are not enough and standardization in anti-biofilm surface
testing methods remains a blind spot in the biofilm material community. Indeed, standardization is
still a challenging matter as biofilms are living, complex, highly heterogeneous and constantly evolving
structures. Such features yield intra-sample and sample-to-sample high variability in results, which
is, among others, one of the main obstacles when dealing with standardization [342]. Variability has
been even reported in the results of the same test on a biofilm grown in the same conditions [342].
To complicate the scenarios, there is still a need to study the response of biofilms throughout their
life-cycle in the different environment. Moreover, studies establishing the validity of laboratory biofilm
models are still lacking [401].

Beside the number of issues in the field, the implementation of such standardized methods is
technically demanding, and efforts to overcome limitations in their development is the direction of the
future. Companies in the field urgently ask for new standardized tests to demonstrate that their new
discoveries provide statistically relevant results and motivation for spreading the new products on the
market. On the other hand, regulatory agencies need standard methods to assess the performance of
the new materials and compare their features with the existing technology on the market.

The literature shows that inexpensive and easy assays can be performed routinely, and are more
suitable to be standardized, compared to a more accurate but sophisticated assay. Indeed, although
often regarded as over-simplistic, these models have contributed greatly to today’s knowledge of biofilm
physiology. Certainly, the direction of the future is to set up simple standardized anti-biofilm procedures
that on an industrial scale can establish correlation with real outcomes, facilitating data comparison.

Given the lack of standardized procedures to evaluate the anti-biofilm properties of new polymeric
materials, today the only possible approach for the scientific community is to follow common bases
and good practices. These guidelines are a preliminary step in the direction of standardized protocols.
At the present time, there is no single method for studies on the nature of biofilm on surfaces.
Indeed, each method has its drawbacks, but it also has distinct strengths, that are important to
consider when interpreting the results. Since biofilms are heterogeneous in their organization and
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structure, the suggestion is to use complementary approaches to confirm the anti-biofilm activity of a
selected material.
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Abstract: Three-dimensional (3D) printing technologies can be widely used for producing detailed
geometries based on individual and particular demands. Some applications are related to
the production of personalized devices, implants (orthopedic and dental), drug dosage forms
(antibacterial, immunosuppressive, anti-inflammatory, etc.), or 3D implants that contain active
pharmaceutical treatments, which favor cellular proliferation and tissue regeneration. This review is
focused on the generation of 3D printed polymer-based objects that present antibacterial properties.
Two main different alternatives of obtaining these 3D printed objects are fully described, which
employ different polymer sources. The first one uses natural polymers that, in some cases, already
exhibit intrinsic antibacterial capacities. The second alternative involves the use of synthetic polymers,
and thus takes advantage of polymers with antimicrobial functional groups, as well as alternative
strategies based on the modification of the surface of polymers or the elaboration of composite
materials through adding certain antibacterial agents or incorporating different drugs into the
polymeric matrix.

Keywords: additive manufacturing; antibacterial polymers; biocompatible systems; drug delivery
systems; 3D printing

1. Introduction

According to the International Organization for Standardization/American Society for Testing and
Materials (ISO/ASTM) standards (from a report of Technical Committee F42), additive manufacturing
(AM) is defined as “the process of joining materials to make parts from 3D model data, usually, layer
by layer” [1]. In the last years, several advances have been performed in AM technologies by the
scientific community, thus generating an abrupt and quick evolution in the development of these
methods. As mentioned by Campbell and Ivanova [2], AM is today widely considered a disruptive
technology that offers a new paradigm for engineering design and manufacturing that could have
significant economic, geopolitical, environmental, intellectual property, and security implications.

The use of additive manufacturing (AM) methods, which are commonly known as
three-dimensional (3D) printing, has allowed the fabrication of an endless variety of devices with a
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wide myriad of potential applications in several fields, and particularly in the bioengineering area [3,4].
3D printing methodologies permitted us, for instance, to manufacture or fabricate structures with
architectures closely similar to biological tissues, such as bones, cartilages, or heart valves. With AM
technology, complex geometrical cues with high accuracy can be straightforwardly achieved. Moreover,
the increasing demands and applications of tissue engineering, antimicrobial/anti-biofouling devices,
and regenerative medicine, researchers are seeking new manufacturing technologies that could solve
the supply shortage of tissues or organs and the immunological requirements of implanted devices [5].
The fields of biomedicine, food fabrication, packaging, paintings, and naval [6], among others, have not
been the exception. For example, there are several examples of polymeric-based biomedical devices,
including artificial hips and knee implants or systems such as stents, heart valves, or even vascular
grafts, which are commonly used both to improve the quality of life and, in some cases, increase
life expectancy.

In spite of this, a still remaining fundamental problem in the employment of polymeric materials
for biomedical purposes is related to material contamination by a wide variety of microorganisms.
This issue is nowadays a critical limitation for the use of polymeric materials in this application field.
Particularly, in the biomedical area, this topic is important because it is highly possible that bacteria
could be present in the media, affecting the integrity of the medical devices and healthcare products [7].

Another common problem associated with contamination by microorganisms, which needs to
be solved in a short time, is the biofilm formation over 3D printed structures [8]. Understanding
the relationship between the extracellular matrix and the 3D topography of the material could be
fundamental for describing the mechanisms of matrix formation, mechanosensing, matrix remodeling,
and the modulation of cell–cell or cell–matrix interactions during biofilm formation [9], which would
allow one more step toward the solution for avoiding biofilm formation.

In this context, this short review will attempt to briefly describe the most relevant and recent
advances in the elaboration of antimicrobial 3D printed devices and objects. We will first briefly
describe the principles of additive manufacturing and the basics of antimicrobial polymers. The
following sections will be devoted to the description of illustrative examples of the different strategies
that have been reported for the fabrication of antimicrobial objects using natural occurring polymers,
but also using synthetic polymer blends with antimicrobial agents.

2. Principles of Additive Manufacturing

As described in Figure 1, AM starts with the design of a three-dimensional (3D) model (Step
1), which is then transferred to the printing machine (steps 2 to 3). Then, the model is digitalized
and sliced into several layers. Set-up parameters are introduced (Step 4), including the energy
source (temperature, laser intensity, etc.) or z-resolution (provided by the layer thickness). Once the
experimental conditions are selected, the AM system prints the layers in a build, adding each new
layer on top of the prior one (Step 5). The final steps involve post-processing to remove the supporting
material (steps 6 to 7), and finally, its use for the application for which it was designed (Step 8).

There are several types of AM methodologies; the most common types are the ones based on
material extrusion, such as fused deposition modeling (FDM) or bio-plotting [10], which are particularly
interesting for this review, because it enables manufacturing parts with several types of biocompatible
or biodegradable polymers, and in some cases, with living cells or bacteria [11]. Other common
technologies are the stereolithography (SLA), technologies based on partially-melting powder such
as selective laser sintering (SLS), and full-melting powder such as selective laser melting (SLM) or
binder jetting.

Additive manufacturing offers important advantages over other currently employed technologies
for prototyping [12]. AM permits the fabrication of fully customized geometrically complex products
in an economic manner for limited production. Some reports established that AM is cost-effective in
comparison, for instance, with plastic injection molding for targeted production runs ranging from
50 to 5000 units. Other authors estimated that AM is competitive with plastic injection molding for
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the targeted fabrications below 1000 items [13]. The basis of the low production cost is related to not
needing molds or costly tools, there being no requirements for milling or sanding processes, and the
full automatization of the process.

Figure 1. Steps involved in the fabrication of a cup by additive manufacturing (AM). Reproduced with
permission from Ref. [1].

Another crucial advantage is related to the design of the AM printed parts. Designs can be easily
created and modified according to any required change, and can be shared so that manufacturing
can be easily carried out in many different places simultaneously. In fact, AM allows for the quick
fabrication of prototypes with different versions for lab testing without the need for costly retooling.
Moreover, replacement parts can be produced by third-party providers utilizing the original designs
provided by the manufacturer. As a result, an inventory is not required that can suppose additional
costs if finished goods remain unsold.

Finally, it is worth mentioning that AM offers important improvements in terms of
environmental implications, because it results in an efficient use of the materials and permits an
environment-friendly design.

As shown in Figure 2, which was extracted from Mawale et al. [14], a clear evolution from rapid
prototyping to series production can be observed in the latest years. The future of AM should be
focused, according to Mawale et al., on the efficiency of AM processes to decrease the final fabrication
time and price.

Figure 2. AM timeline for different applications. Reproduced with permission from Ref. [14].
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In terms of applications, the future still requires further investigations in areas of biomedical
devices, in situ biomanufacturing, or in the fabrication of full body organs. AM technologies have
been steadily growing during the last 20 years, and today, AM parts accomplish the requirements of
many different industrial areas, particularly in biomedical applications including implants/prosthetics,
dental, and surgical devices/aids [12,15]. Some of these devices use ceramics or bioceramics as a base
for 3D printing [16], but in this review, we will be focused on the usage of polymeric materials (or
some polymeric composites) for fabricating antimicrobial devices and objects.

A crucial disadvantage for bio-related applications that needs to be solved quickly for some of
the materials that are used in AM methodologies is their natural cytotoxicity. Zhu et al. showed that
several SLA resins are highly toxic, impeding the developing of zebrafish embryos [17]. The authors
have postulated that chip-based devices manufactured using SLA processes leached toxic chemicals to
the culture media, causing significant toxicity, as evidenced by the highly sensitive zebrafish embryo
toxicity biotest [17]. Other groups focused their studies on the potential chemical hazard profiles and
limitations associated with the fabrication of biocompatible devices using SLA, FDM, and multi-jet
modeling (MJM) processes [18]. Here, three distinctive biotests were selected for testing the potential
chemical hazard risks associated with 3D printed polymer leachates. These results show that the
majority of SLA and MJM polymers exhibit toxic effects, which is a problem for biological applications.
Table 1 contains a summary of the toxicity data available for some of the composites that are used in
SLA printing.

Table 1. Summary of toxicity data available for the photoinitiators, photopolymers, and auxiliary
compounds used in stereolithography (SLA). Reproduced with permission from Ref. [19].

Compounds Available Toxicological Information

Photoinitiators
Phosphine
oxide compounds 1

FORMlabs (Dental and E-Shell
series)

Fertility-impairing effect [20], acute and chronic toxic for
aquatic organisms [21], toxic effect on mouse NIH 3T3
cells [22]. Not readily biodegradable by Organization for
Economic Cooperation and Development (OECD)
criteria [21,23,24].

Benzophenone compounds 2 UV-cured inks Causes liver hypertrophy and kidney adenoma in
rats [25,26].

Triarylsulfonium
salt (Cationic) 3

3D Systems EC50 (24 h) Daphnia magna—4.4 mg/L [27].
EC50 (48 h) Daphnia magna—0.68 mg/L [27].

Photopolymers
Acrylate monomers,
Acrylate and Urethane acrylate
oligomers

FORMlabs Autodesk
Envisiontec
3D Systems

Toxic or harmful to various species of fish, algae, and water
microorganisms [23]. Potential mutagens and a
reproductive and developmental toxicant [28,29].

Methyl methacrylate monomers 3

and oligomers
FORMlabs (Envisiontec Dental
resin)

Assessment of repeated dose toxicity indicates the
potential to affect the liver and kidneys, as indicated in
animal studies [30]. Potential mutagen, and a reproductive
and developmental toxicant, aquatic toxicant, and
genotoxic in mammalian cell culture [31–33].

Bisphenol A-diglycidyl
dimethacrylate (Bis-GMA)

Dental resins EC50 mouse fibroblast—9.35 μM [34].

Auxiliary compounds
Butylated hydroxytoluene Dental resins Toxic or harmful to various species of fish, algae, and water

microorganisms [35].
Sebacate compounds 4 FORMlabs (Dental Envisiontec) Toxic to aquatic life with long-lasting effects [23], not

readily biodegradable (OECD 301B) [23,36].
Hydroquinone Dental resins Evidence of mutagenicity in mammal studies, toxic to

aquatic life; absorption, in sufficient concentrations, leads
to cyanosis [37].

1 Including diphenyl(2,4,6-trimethylbenzoyl) phosphine oxide (TPO) and bis acyl phosphine oxide (BAPO).
2 Including benzophenone-3 (BP-3) and benzophenone-4 (BP-4) [38]. 3 Degrades to methacrylic acid: LD50 Oral
rat—1320 mg/kg, LC50 (96 h) Oncorhynchus mykiss—85 mg/L [39]. 4 Bis(2,2,6,6-tetramethyl-4-piperidyl) sebacate,
Pentamethyl-piperidyl sebacate.

3. Innovative AM Technologies

To carry out a deep discussion about the antimicrobial polymers used in AM methodologies, it
is important to first mention some of the most common types and innovative AM technologies. The
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ASTM technical committee F42 define the criteria that has been employed for classifying the AM
technologies into seven different categories: (a) material extrusion, (b) powder bed fusion, (c) vat
photopolymerization, (d) material jetting, (e) binder jetting, (f) sheet lamination, and (g) directed
energy deposition [40,41]. While it is true that today there exists a wide variety of materials that are
used in AM including thermoplastics, photopolymers, ceramics, and metallic powders, we will center
our attention on those techniques that exclusively employ polymeric materials and composites, and
particularly those that use antimicrobial polymers for biomedical or biotechnological applications.
Among these methods, material extrusion, powder bed fusion, and vat photopolymerization are the
most common techniques to create 3D printed devices, and consequently, they have been extensively
employed in conjunction with polymeric antimicrobial composites.

There are also some innovative technologies that are based on one or more of the previously
mentioned technologies. A novel methodology is for example that reported by Chang et al. [42],
who developed a technique for 3D printing that was coined electrohydrodynamic printing (EHD),
which is based on the application of a controlled electric current through a syringe that follows a
predetermined path layer-by-layer to form a 3D printing part. Another interesting example is the
reported by Malinauskas et al. [43] from the year 2017, which developed an ultrafast laser lithography
methodology by using a femtosecond laser to create micro-optical devices (lenses) with optical clearness
and high resilence. Additionally, they proved a controlled pyrolysis procedure as a method to shrink
the printed parts in order to achieve smaller dimensions without compromising the resolution of
the printed part. Malinauskas et al. achieved a 40% volumetric shrinkage by removing the organic
constituents of their printed parts via pyrolysis.

Similarly, the group of Jeon et al. [44] developed a method coined high-resolution 3D interference
printing, which is based on the optical interference phenomenon with restricted near-field diffraction
generated by conformal binary gratings. The advantage of this methodology is that it involves only one
single ultrashort exposure step. The design of the conformal grating allows controlling the geometry
of the printed parts, permitting obtaining high-resolution printing devices in a short amount of time.
Another similar methodology that allows obtaining high-resolution devices of multiple materials
in a single exposure step is that coined by the group of Hawker et al. [45] as Solution Mask Liquid
Lithography (SMaLL). In this case, photochromic molecules are used to control the polymerization
kinetics through coherent bleaching fronts, providing large curing depths and rapid build rates without
the need for moving parts. The coupling of these photoswitches with some resin mixtures allows the
simultaneous and selective curing of multiple networks, providing access to 3D printed parts with
chemically and mechanically distinct domains.

The group of Watanabe et al. [46] reported an innovative method for 3D printing based on a
plasma ion beam. They used a high-current plasma focused ion beam (FIB) to generate customized
microelectromechanical systems (MEMS). This methodology allows creating capacitive MEMS
vibration sensors, which were compared to their counterparts fabricated with conventional lithography
methods. The difference in measured resonance frequency was small (less than 4%), but the fabrication
times were reduced by more than 80% using this methodology.

There are some innovative printing method that are not directly linked with the topic of this review
(antimicrobial 3D printing), but deserve to be mentioned due to their originality and novel applications;
one of these is the so-called 3D ice printing [47] developed by the group of Zhang et al., which uses
this technique to print microcapsule chip arrays over different substrates for target detection. This
printing method allows storing the microcapsule arrays in ice form before use, guaranteeing their
long-term stability. Other methods, such as that reported by Shear et al. [48], enable 3D printing
bacterial communities that are encapsulated in polypeptide matrices of particular and complex shapes
and forms. In this article, the authors described a strategy that enabled printing multiple bacteria
populations that could be organized within essentially any 3D geometry, including adjacent, nested,
and free-floating colonies. The printing method works with a laser-based lithographic technique that
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permits the formation of microscopic containers around selected bacteria suspended in gelatin via
focal cross-linking of the after-mentioned polypeptide molecules.

4. Antibacterial Polymers: Few Elementary Aspects

Pioneer studies on antimicrobial molecules have been mainly focused on the use of low molecular
weight substances. However, Boman [49] et al. discovered that a particular family of peptides, i.e.,
antimicrobial peptides (AMPs), were excellent candidates to remove gram-positive and gram-negative
bacteria, as well as also fungi. Since these initial reports AMPs have been extensively investigated, and
a large amount of peptides have been reported, classified, and gathered in an antimicrobial peptide
database (APD) [50]. The investigations that were carried out at that time concluded that a major part
of the AMPs presented a common characteristic, i.e., they were formed by a combination of amino
acids with polar and non-polar side chains, thus leading to amphiphilic structures. The polar units are
typically formed by amino acids such as lysine or glutamic acid, and the non-polar parts are formed
by the incorporation of amino acids such as tryptophan. This amphiphilic characteristic has been
demonstrated to play a key role in the interaction of the AMPs with the bacterial membrane, and
was employed as a starting point to develop antimicrobial polymers mimicking this polar/non-polar
characteristic. [51] As a result, a variety of synthetic polymers with variable chemical structures and
functional groups have been employed for the preparation of antimicrobial macromolecules, in some
cases with effective antimicrobial activity. [52–57] In this section, we aim to briefly summarize the most
relevant characteristics of the antimicrobial polymers reported, taking into account their structure
and functionality.

4.1. Polymer Requirements: Polymeric Structures and Other Relevant Characteristics

Matsuzaki [58] proposed a list of four major features that an antimicrobial polymer should have in
order to exhibit efficient antimicrobial activity. These features are based on the analysis of the structure
of the bacterial membrane and the mechanisms involved in the disruption of this membrane. The four
major characteristics are:

(a) able to establish enough contact with the microorganisms,
(b) the polymer should have enough cationic groups so that the adhesion to the microorganism cell

can occur,
(c) the polymer should also be designed with hydrophobic moieties that are responsible for the

attachment and integration inside the cellular membrane.
(d) the polymer must selectively kill the microbes in the presence of other cells such as

mammalian cells.

These initial four major characteristics were complemented with another proposed by
Kenawy et al. [7], taking into account the antibacterial mechanism and the synthetic aspects involved
in the fabrication of the polymer. Then, these authors proposed that a model antimicrobial polymer
should also:

(1) be synthesized using easy and cost-effective strategies
(2) be stable for the applications that can in some cases require long-term usage and storage at a

certain temperature
(3) the polymer should remain insoluble in aqueous solution
(4) not decompose or release toxic products, and should not be toxic or irritating to users
(5) ideally be regenerated, maintaining its activity, and finally,
(6) be able to target different pathogenic microorganisms in a relatively short period of time.
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4.2. Types of Antimicrobial Groups Integrated in Polymers

From a synthetic point of view, several aspects can be tailored for the synthesis of antimicrobial
polymers. Herein, we will briefly discuss these aspects, which are divided in two main groups. On the
one hand, the functional groups that were inserted in the polymer structure play a key role in the
interaction with the microorganism membrane. On the other hand, those polymer characteristics
are related with the structure of the polymer, including the molecular weight and distribution of the
functional groups.

For instance, it is today widely admitted that bacterial cell membranes (both gram positive and
gram negative) are formed by phospholipids and teichoic acids with a negative net surface charge,
among other materials. Therefore, polymers bearing positively charged functional groups are in
principle able to interact better with the bacterial cell wall in comparison to neutral or negatively
charged functional groups.

4.2.1. Positively Charged Functional Groups

Without any doubt, quaternary ammonium/phosphonium groups are the most extensively
employed functional groups for the preparation of cationic polymers and have been reported to act as
efficient antimicrobial agents.

Pioneer works using ammonium chlorides were reported in the early 1980s by Ikeda et al. [59,60],
which described the preparation of polyvinylbenzyl ammonium chloride. In their studies, Ikeda et al.
evidenced high antimicrobial activity, and associated this activity with the possibility of interaction
between the polymer and the cell membrane [61]. In addition to the above-depicted quaternary
amine functional groups, other functional groups that are able to be protonated, depending on the
environmental pH, have been equally reported. In this context, primary, secondary, and tertiary amino
groups have been also explored. An illustrative example was reported by Gelman et al. [62]. This
group synthesized a wide range of polymers based on polystyrene comprising tertiary amine groups.
After the protonation of the tertiary amino groups, the authors observed an activity similar to that
exhibited for quaternary amine functional groups. Dimethylamino ethyl methacrylate (DMAEMA) is
a monomer with tertiary amino side functional groups that can be protonated when in contact with
humidity or in aqueous media. This monomer was employed by Vigliotta et al. [63] to prepare a wide
range of polymers based on DMAEMA that resulted in materials with excellent antimicrobial activity.

While the above-depicted functional groups are reported to have excellent antimicrobial activity,
they present a major drawback: the toxicity against mammalian cells. In order to reduce this
undesirable side effect, several groups have worked on the use of alternative cationic groups. In this
context, phosphonium groups were demonstrated to be less toxic to mammalian cells, which together
with an improved thermal stability, have been proposed as candidates for the incorporation in the
elaboration of antimicrobial polymers [64,65]. Dehelean et al. [66], Ao et al. [67], and Zhao et al. [68]
employed this type of functionality for the preparation of different antimicrobial polymers. For
instance, Ao et al. [67] employed quaternary phosphonium groups to modify epoxy natural rubber,
and evidenced an improved antibacterial activity of these materials in comparison to the non-modified
ones. Also, Zhao et al. [68] employed quaternary phosphonium groups, but for the fabrication of
terpolymers also bearing polyacrylamide. Interestingly, the authors evidenced an excellent activity in
particular for adenovirus (ADV). Furthermore, the authors showed that the antibacterial activity is
directly related to the amount of quaternary phosphonium within the polymer.

4.2.2. Other Antimicrobial Functional Groups

In addition to the cationic quaternary ammonium and phosphonium groups, N-halamine
groups [69,70], sulfonium [71], zwitterionic polymers [72], and nitric oxide-containing polymers [73]
are a few examples of the groups with excellent antimicrobial activity.

72



Int. J. Mol. Sci. 2019, 20, 1210

For instance, N-halamines are interesting candidates that have been extensively studied during the
last decade, and have been reported as having a large activity against a wide variety of microorganisms
while also being safe for the environment and humans. N-halamines can be regenerated, and can be
produced at low cost. [69] According to Hui et al. [74], N-halamines have been incorporated in polymers
by using different alternatives that include the polymerization approach (homopolymerization and
heteropolymerization), the electrogeneration of biocidal coatings, or by grafting or coating on different
substrates (typically by using epoxides, hydroxyl groups, and alkoxy silanes as anchoring groups).

Another example is the case of zwitterionic polymers. These groups present simultaneously
negative and positively charged groups that result in a net neutral charge. Illustrative studies on
the use of these functional groups were reported by Lowe et al. [72,73]. Jiang et al. [75] investigated
a large number of these polymers, and they found some of them to present excellent antimicrobial
activities in particular toward E. Coli. and S. Aureus. In a recent minireview, Jiang et al. summarized
the capabilities of zwitterionic polymers as antimicrobial and simultaneously non-fouling groups [75].
They reported the recent advances of the different chemical structures of zwitterionic polymers and
divided the groups into functional types depending on the microbiological application, i.e., non-fouling,
non-fouling and surface bactericidal, and non-fouling and bulk antimicrobial (Figure 3). A particularly
interesting example is the development of polymers that are able to kill, release, and be regenerated to
restore the antimicrobial activity. In effect, for many purposes, such as reusable medical devices, the
recovery of the bactericidal activity is needed. In many applications, such as most reusable surgical
devices, renewable bactericidal surfaces are often needed. For this purpose, Cao et al. designed
zwitterionic polymers that have the ability to undergo a reversible lactonization reaction that served to
create reversible cycles between bactericidal and non-fouling states (Figure 4) [76,77].

Figure 3. Chemical structures and microbiological applications of several zwitterionic polymers and
their derivatives. Reproduced with permission from Ref. [75].
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Figure 4. Illustrative scheme of the reversible lactonization that enables the system to kill bacteria
(cationic state) and the release of inactivated bacterial cells occurring upon ring-opening and formation
of the zwitterionic state. Reproduced with permission from Ref. [75].

4.3. Macromolecular Characteristics and their Role in the Antibacterial Activity

In addition to the chemical functional groups, several other parameters related to the polymer
design play an important role. It is outside of the scope of this review to provide a detailed
description of all the aspects involved; instead, we will just focus on briefly describing the most
relevant characteristics, which include the hydrophilic/hydrophobic balance, the molecular weight, or
the polymer topology (block/random copolymers or branched/linear polymers).

Without any doubt, one of the most critical aspects is the amphiphilicity of the polymer, i.e., the
hydrophobic/hydrophilic balance. The amphiphilic character affects both the antimicrobial activity as
well as the selectivity toward mammalian cells. An ideal amphiphilic polymer is formed by hydrophilic
moieties, which are typically positively charged groups, and hydrophobic moieties (usually alkyl
chains) forming the main polymer chain [78]. The design of this polymeric structure is based on
two main ideas. First of all, it provides electrostatic interactions between the negatively charged cell
membrane and the cationic groups in the polymers. Second, the hydrophobic segments within the
polymer chain will be able to establish interactions with the lipid domains within the cell membrane.

As a result of this configuration, the negatively charged cell membrane will interact with the
positively charge moieties and the hydrophobic main chain will be in contact with the lipid domains
of the membrane [79]. However, an appropriate balance has appeared to be crucial. For instance, it has
been reported that large hydrophilic moieties bind better to the cell membrane. While this is true for
the hydrophilic segment, it has been proved that too large hydrophobic segments result in an increase
of the cytotoxicity for all cell types [80].

Also, the molecular weight of the polymer plays a key role in both the antimicrobial activity as
well as the hemolytic activity; however, it is worth mentioning that, in this case, the results that are
reported largely depend on the type of cells employed and the type of polymer. In principle, the
interaction between the polymer and the cell wall depend on the positive charges within the polymer
structure; it is expected that higher molecular weight polymers provide better antimicrobial activities
in comparison to small-sized polymers or oligomers. Nevertheless, high molecular weight polymers
present important limitations such as their solubility or eventual aggregation in biological medium,
but more importantly, increasing hemolytic activity (directly related to the polymer size).

Finally, also, the polymer topology significantly affects the antimicrobial activity of the polymer.
Since the arrangement of polar and non-polar groups within the macromolecular structure affects the
antimicrobial activity, the behavior of block copolymers and random copolymers can be significantly
different. In general, random copolymers present rather good antimicrobial activities, but lack the
required selectivity [81], although some studies have used alternative monomers that can be activated
in acid conditions but have little hemolytic activity at neutral pH [81], or used long hydrophilic
and cationic polymers [82]. In the case of amphiphilic block copolymers, they present the unique
capability of forming different types of nano-objects in solution by self-assembly. The morphologies
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that they can form depend on the hydrophilic to hydrophobic volume ratio, but also on the molecular
weight, as well as other experimental conditions such as the temperature or solvent employed. While
it is true that there are not many examples in the literature, some reports indicated that the block
copolymers are much less hemolytic compared to the highly hemolytic random copolymers. In an
interesting manuscript, Oda et al. [83] compared the antimicrobial activity and the hemolytic activity
of copolymers based on isobutyl vinyl ether (IBVE) and phthalimide-protected amine vinyl ether
(PIVE) with similar chain lengths and monomer compositions. The block copolymers displayed
selective activity against E. coli over red blood cells (RBCs), while the random copolymers did not and
were hemolytic.

5. Antimicrobial Polymers, Blends, and Composites in Additive Manufacturing

Antimicrobial 3D printed parts have been intensively investigated in recent years due to the wide
range of applications, including bone tissue engineering regeneration [84,85] to treat bone fractures [86],
the fabrication of biomedical devices that are able to prevent biofilm formation [8], the fabrication of
wound dressings [87], or the fabrication of scaffolds, just to mention few of them [88].

Independently of the application, in order to provide antimicrobial or antibacterial activity to a
3D printed part, different alternative strategies can be employed, which include among others the
use of antimicrobial polymeric materials, the incorporation and release of antimicrobial agents, or
introducing an antibacterial functionality through the surface modification of the part [89]. As will
be depicted, both natural and synthetic polymers have been employed to fabricate antimicrobial
3D pritned parts. Moreover, not only polymeric but also composite materials, i.e., raw materials
that present antibacterial characteristics or polymeric composites that are mixed with bactericide
compounds to create antibacterial materials, have been reported.

In the following sections, we will describe the fabrication of different antimicrobial 3D printed
parts depending on the nature of the polymer employed (natural or synthetic). In Sections 5
and 6, we attempt to differentiate among the alternative approaches that have been depicted
to fabricate the parts such as the incorporation of antimicrobial monomers, antimicrobial agents
(non-polymeric/monomeric), and surface modification. The following Section 7 will be focused on the
description of those systems based on polymer composites with antimicrobial properties.

6. Naturally Occurring Antimicrobial Polymers

The use of naturally occurring polymers for AM applications has been increasing in recent years.
In this context, without any doubt, cellulose—and most recently nanocellulose—is the most extensively
employed natural type of polymer due to its intrinsic antimicrobial properties. The rationale behind
this selection relies on cellulose being one of the primary reinforcement structures of most of the
biological organisms, and indeed, it is one of the most abundant polymers on Earth [90]. Cellulose is
also mechanically robust, inexpensive, biorenewable, biodegradable, chemically versatile, and also has
antimicrobial properties [91]. All of these characteristics make this polymer considerably attractive
for use in AM technologies, and for biomedical applications in particular. For instance, Pattinson and
Hart [92] reported a method for printing a cellulose-based material via the extrusion of cellulose acetate
(CA). The CA feedstock was prepared by dissolving it in acetone; then, the extrusion was performed
via a gantry-style 3D printer with a capillary nozzle connected to a liquid dispenser. Once the material
was extruded from the tip, the acetone evaporated, thus leaving a CA printed layer-by-layer device. In
their work, Pattinson and Hart, changed the printing parameters such as liquid pressure/flow, print
velocity, and distance from tip to the print bed, and solution viscosity. Figure 5a shows a schematic
description of the CA printing process. Figure 5b shows a close-up of the printing process.
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Figure 5. (a) Schematic description of the three-dimensional (3D) printing process using cellulose
acetate (CA) dissolved in acetone. (b) Photograph of a close-up of printing tip during the manufacturing
process. (c) Micrographs that show the acetone evaporating process. 3D printed parts, (d) eyeglass
frames, and (e) a rose. Reproduced with permission from Ref. [92].

Uniaxial tests of CA printed parts were carried out to test the mechanical properties of the
resulting parts. For that purpose, dogbone samples, which were printed at different printing
directions (parallel and perpendicular) and with variable material treatments (for instance, with
NaOH), were mechanically tested. The results demonstrated a favorable mechanical performance
compared with other common thermoplastic AM materials (Acrylonitrile Butadiene Styrene (ABS),
poly(lactic acid) (PLA), and nylon). The NaOH treatment effectively transforms the CA into cellulose
via a deacetylation process, as evidenced by Fourier transform infrared (FTIR). It is important to remark
that the mechanical behavior of the CA probes is not considerably altered. Finally, the antimicrobial
effectivity of the printed parts was tested using E. coli. To compare the results, small amounts of known
antimicrobial agent dyes (toluidine blue and rose bengal) were added to Petri dishes with the CA
printed material and exposed to a fluorescent lamp; additionally, polyethylene substrates were used as
a control. Different set-ups were tested, which were namely as follows. D+L+: Bacteria exposed to
cellulose acetate with dye and light. D+L−: Bacteria exposed to cellulose acetate with dye, but left in
the dark. D−L+: Bacteria exposed to cellulose acetate without dye, but with light. D−L−: Bacteria
exposed to cellulose acetate with no dye and left in the dark. PL+: Bacteria exposed to polyethylene
and light. PL−: Bacteria exposed to polyethylene and left in the dark. Figure 6 shows some of the
results obtained from viable bacteria count. This data demonstrates that the dyed CA printed parts
enabled a large reduction in the bacterial count by simple exposure to fluorescent light.

Recently, Gatenholm et al. [93] reported an innovative 3D printing method based on nanocellulose
hydrogels aiming to provide an alternative treatment to serious auricular defects. A matrix phase
of alginate mixed with nanofibrillated cellulose particles was cross-linked by using a CaCl2 solution
(Figure 7b). Human nasal chondrocytes (hNC) were mixed with the ink to obtain the bioink used
for print (20 × 106 cells/mL), and then were printed into auricular constructs with open porosity
(Figure 7c). Cell viability was examined at different stages of the bioprinting process: before embedding
the hNCs, before embedding and cross-linking, and after embedding, bioprinting, and cross-linking.
The mean cell viability after the embedding and cross-linking processes was found to be significantly
lower than the samples before embedding the hNCs (Figure 7a). Furthermore, no significant difference
between after embedding and after bioprinting was founded, indicating that the printing process had
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no significant influence on cell vitality. Based on these results, it was concluded that this bioink is
promising for auricular cartilage tissue engineering and many other biomedical applications.

Figure 6. (a) Evaluation of the antimicrobial performance of the 3D printed CA parts, in which the
viable bacteria count was normalized with the PL- results; and (b) Images of the bacteria cultured Petri
dishes exposed to different conditions. Adapted with permission from Ref. [92].

Figure 7. (a) In vitro cytotoxicity test of Nanofibrillated cellulose (NFC) bioink. Human nasal
chondrocytes (hNC) and rabbit auricular chondrocytes (rAC) were used as indicator cells to determine
the cytotoxic effects potentially caused by bioink components, cross-linking, or the bioprinting process.
(b) 3D bioprinting process of chondrocyte-laden NFC-A auricular construct with open porosity. (c) 3D
bioprinted auricular and (d) lattice-structured constructs, laden with hNCs, after 28 days of culture.
Reproduced with permission from Ref. [93].

7. Synthetic Polymers with Bactericidal Properties

7.1. Antimicrobial Functional Monomers as Components in SLA Resins

Monomers with antimicrobial properties have been proposed for the elaboration of photosensitive
resins to be employed in stereolithography (SLA). An interesting example was reported by
the group of Herrmann and Ren et al. [94], which developed a 3D printable polymeric
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resin based on monomers containing antimicrobial positively charged quaternary ammonium
groups. Diurethanedimethacrylate/glycerol dimethacrylate (UDMA/GDMA) linear chains were
photocured via light-induced polymerization. The antimicrobial dental parts were printed using
a stereolithography set-up (Figure 8a). Interestingly, the printed parts kill bacteria on contact
when positively charged quaternary ammonium groups are incorporated into the photocurable
UDMA/GDMA resins. A post-functionalization process permits gradually quaternizing the samples as
well as modifying the methacrylate monomers with different alkyl chain lengths (QA_Cn). According to
their results, the modification with an alkyl chain with a length of n = 12 presents the best antimicrobial
performances (QA_C12). The contact killing efficacy was tested on Petri dishes by using S. mutans as a
gram-positive model. A parallel, long-term antimicrobial effect was also measured after six days of
culturing. The results demonstrated that the quaternization of the material considerably improved the
killing rate of the printed parts. Finally, the printed parts were also mechanically tested (Figure 8b),
showing performances quite similar to those of the other common 3D printed materials.

Figure 8. (a) 3D printed dental parts using diurethanedimethacrylate/glycerol dimethacrylate
(UDMA/GDMA) composites. (b) Uniaxial tensile tests of 14 mol% UDMA/GDMA with the modified
methacrylate monomers with an alkyl chain length of n = 12 (QA_C12). (c) Comparison of the
contact-killing efficacy of 3D printed UDMA/GDMA and UDMA/GDMA/QA_C12 and (d) comparison
of the long-term contact-killing efficacy of 3D printed UDMA/GDMA and UDMA/GDMA/QA_C12

six days after live/dead staining. Reproduced with permission from Ref. [94].

Similarly, the group of Yang and Wang et al. [5] performed some modifications to a commercial 3D
printing resin called MiiCraft, which comprises acrylate-based pre-polymers, cross-linking agents, and
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a phosphine oxide-based compound as a photoinitiator (Figure 9a). Then, by using a stereolithography
method, 3D printed parts were fabricated. In order to change the surface properties of the material,
polymer brushes were grown on the printed structure via the surface-initiated atomic transfer data
polymerization (SI-ATRP) grafting method. In this study, a thin layer of 3-sulfopropyl methacrylate
potassium salt (SPMA) was grown on the printed polymer structure to bring antimicrobial properties
to the printed part. Finally, bacterial adhesion and inhibition tests were carried out for the grafted
samples. Both gram-negative (E. coli) and gram-positive (B. subtilis) bacteria were used as model
microorganisms (Figure 9b). The results demonstrate that the functionalized surface can not only
reduce the adhesion of the bacteria, but also inhibit the growth on the surface. The technique developed
by Yang and Wang et al. has significantly expanded the capability of 3D printing technology for
biomedical applications.

Figure 9. Above Schematic representation of the synthesis and grafting process of the 3D printed parts.
Below (a) Photographs of the inhibition tests performed after 24 hours of bacteria growth, (b) the
control sample and (c) 3-sulfopropyl methacrylate potassium salt (SPMA)-treated sample. Similar
results after 48 hours for the (d) control and (e) SPMA-treated sample. Reproduced with permission
from Ref. [5].

Another example was recently reported by Garcia et al. [95]. The group reported the preparation
of both 3D printed pH-responsive and antimicrobial hydrogels with micrometric resolution using
stereolithography. In particular, the authors prepared hydrogels using a resin formed by polyethylene
glycol dimethacrylate (PEGDMA), with variable chain lengths (ranging from two up to 14 units)
polyethylene glycol monomethacrylate, and acrylic acid (AA) as a linear monomer. Additionally,
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a photoabsorber (Sudan I) was employed in order to control the UV penetration depth. This allowed
the authors to improve the printing model accuracy and simultaneously increase the z-axis resolution
(Figure 7). Depending on the ratio between the components, a wide variety of smart hydrogels with
variable swelling-responsive capacities were obtained. The groups reported that the hydrogel prepared
by additive manufacturing was able to swell and shrink depending on the environmental pH. This
effect is the consequence of the protonation and deprotonation of the carboxylic acid groups. Thus, the
swelling observed is dependent on the amount of acrylic acid incorporated in the hydrogel formulation.
Finally, as depicted in Figure 10, the hydrogels that were reported presented excellent antimicrobial
properties for all of the compositions that were explored when exposed to S. aureus (bacteria employed
as a model in this study).

Figure 10. Left: Lateral and top 3D views of the micro-computed topography (μ-CT) images of the
fabricated parts. Right: Bacterial viability on the different hydrogels with a variable amount of acrylic
acid (AA). (a,b) 25 wt% AA, (c,d) 20 wt% AA, and (e,f) 10 wt% AA. Green fluorescence corresponds to
the emission of all the bacteria, while the red one is related to the emission of propidium iodide (dead
bacteria). Reproduced with permission from Ref. [95].

7.2. Antimicrobial Polymers for FDM

Antimicrobial thermoplastics or the elaboration of blends of thermoplastics with antimicrobial
agents is a direct approach to prepare antimicrobial filaments that can be employed in FDM.
For instance, Water et al. [96] characterized the physicochemical properties of the printed materials
using thermoplastics charged with antimicrobial agents. More precisely, they used a custom-developed
PLA feedstock material containing nitrofurantoin (NF) as an antimicrobial drug (10%, 20% or 30%)
with and without the addition of 5% hydroxyapatite (HA) in polylactide strands. This mixture was
used as a feedstock for the 3D printing process (Figure 11a). Figure 11b shows SEM images of the
extrude and 3D materials where the surface morphology is highly dependent on the composition,
which is to say, a sample with higher drug loading (30%) had an apparent rougher surface than those
with lower drug content based on visual observations. The results indicated that the loading and
release of NF from the printed PLA matrices showed an increased accumulated release after increasing
the drug loading. Additionally, the materials showed resistance to bacterial adhesion and biofilm
formation over a period of seven days. This research demonstrates the potential of custom-made,
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drug-loaded feedstock materials for the 3D printing of pharmaceutical products for controlled release.
Similar studies that were carried out by Sandler et al. reported the possibility of incorporating NF
in the PLA matrix in 5:95 (w/w) NF:PLA; this new material favored an 85% decrease of the biofilm
formation on the 3D printed geometries over the 18-h time interval [8].

Figure 11. (a) Extrudated and 3D-printed and (b) SEM images of extrudated and 3D-printed geometries.
Reproduced with permission from Ref. [96].

In a recent study, Mills et al. [97] reported the cytocompatibility, mechanical, and antimicrobial
properties of 3D printed poly(methyl methacrylate) (PMMA) and poly(lactic acid) (PLA) beads loaded
with a calculated amount of a drug in powdered form, i.e., gentamicin sulfate (GS). In this study, they
showed that all the antibiotics that were studied were successfully doped into PMMA and in PLA,
and antibiotic-doped 3D printed beads, disks, and filaments were easily printed by FDM. The growth
inhibition capacity of the antibiotic-loaded PMMA 3D printed constructs was also demonstrated. The
1 wt% and 2.5 wt% gentamicin-doped PLA filaments and PMMA filaments were tested on bacterial
plates (Figure 5). As depicted in Figure 12, those filaments without GS did not show any inhibition,
whereas both PLA and PMMA presented an inhibition zone of around 23 mm.

Another interesting example is that reported by the group of Wang et al. [42], who fabricated
patches using AM technologies from polycaprolactone (PCL) and polyvinyl pyrrolidone (PVP). The
parts also were charged with antibiotic drugs (tetracycline hydrochloride, TE-HCL) during the
printing procedure. An interesting printing technique was used to fabricate the patches, the so-called
electrohydrodynamic (EHD) technique, which is based on the application of an electric current through
a nozzle that moves over a particular path to form a 3D printing part layer-by-layer (Figure 11a).
This technique is very similar to electrospinning or the electrospray technique, but uses much lower
voltages and currents to create the fibers. FTIR demonstrated successful TE-HCL encapsulation in
the printed material. Patches prepared using PVP and TE-HCL displayed enhanced hydrophobicity
compared to the rest. Also, uniaxial tensile mechanical tests were performed on the different materials;
the printed parts exhibited changes in their mechanical properties arising from printing parameters
such as fibrous strut orientation, variable inter-strut pore size, and film width. The release of antibiotics
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from PCL-PVP dosage forms was shown over five days, and was slower compared to pure PCL or
PVP; also, the printed patch void size influenced antibiotic release behavior (Figure 13b–d).

Figure 12. A. Gentamicin sulfate (GS)-doped poly(lactic acid) (PLA) and poly(methyl methacrylate)
(PMMA) filaments. (A) 2.5 wt% gentamicin PLA filament; (B) Control PLA filament; (C) Control
PMMA filament; (D) 2.5 wt% gentamicin PMMA filament. B. (a–c) 1 wt% gentamicin PLA filament;
(d) 1 wt% gentamicin PMMA filament. Reproduced with permission from Ref. [97].

Figure 13. (a) Schematic description of the electrohydrodynamic (EHD) technique. SEM images of
drug-loaded polycaprolactone (PCL)/polyvinyl pyrrolidone (PVP) patches at selected time intervals for
the in vitro release study. (b) At 30 min; (c) At 60 min; and (d) At 90 min. Reproduced with permission
from Ref. [42].

7.3. Surface Modification (Patterning and Functionalization) of 3D Printed Parts

An additional alternative to fabricating 3D printed parts with antimicrobial properties involves
the surface modification of the part with antimicrobial agents.

In this context, an illustrative strategy of this approach was recently reported by Vargas-Alfredo
et al. [98] who reported a strategy that combines the use of high-impact polystyrene (HIPS) to fabricate
3D parts with surface functionalization methodologies to provide antimicrobial 3D objects. The
scaffolds were first fabricated by FDM using commercially available HIPS filaments. Then, the object
surface was modified, generating 3D parts with a particular strategy that permits simultaneously
controlling the surface chemistry and the topography. In particular, the authors used the breath figures
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(BFs) approach. The BF strategy involves the scaffold immersion in a polymeric solution during a short
(seconds) period of time. The immersion time was reported to be directly related to the pore size, and
also help improve the bonding of the 3D printed layers. The results of the research showed evidence
that the combination of BF and wet surface treatment is an interesting approach to control the surface
microtopography (pore size) and surface functionality (a type of functional group and distribution) of
3D printed objects [98].

The 3D printed parts were fabricated via FDM using commercial polystyrene filament. The 3D
porous structure was obtained via solvent evaporation from a polymeric solution: high molecular
weight polystyrene (0 to 30 mg/mL) dissolved in chloroform, and water droplet condensation at the
solvent/air interface occurring in a moist atmosphere. This procedure was carried out in a closed
chamber with a saturated relative humidity at room temperature at different reaction time (one to five
seconds). The results demonstrated that decreasing the polymeric solution produced a surface with
smaller pores, which is an effect that is related to the viscosity of the reaction mixture. Additionally,
a larger evaporation time finally produced pores with larger than average pore sizes. Subsequently, the
surface chemical modification was carried out by immersion of the parts in the reactive chlorosulfonic
acid solution at 20 ◦C at different reaction times (0 to 10 min).

More interestingly, by using polymer solutions comprising blends of PS and PS-b-PAA
(PS23-b-PAA18) and a quaternized PS-b-poly(dimethylaminoethyl methacrylate) (PS42-b-PDMAEMA17),
it was possible to simultaneously chemically modify the surface of the scaffold and therefore enable
the incorporation of antimicrobial functional groups (Figure 14). Finally, the biological response
of the surface-modified scaffolds against bacteria was investigated. The porous surfaces prepared
using quaternized PDMAEMA as well as those prepared with PAA as the main component confer
antimicrobial activity to the 3D printed parts, permitting killing S. aureus bacteria on contact. It should
be mentioned that these functional supports are currently evaluated for the fabrication of functional
devices such as biocompatible/antifouling tubes, screws for reparative surgery, or scaffolds in which
the interactions’ cell support can be improved by finely tuning the surface properties (chemistry and
structure) [99].

Figure 14. Left: 3D CAD model of scaffold selected for the fabrication by fused deposition modeling
(FDM). Middle: SEM images of the scaffold surface revealing the layered structure obtained via FDM
but also the formation of micropores. Right: Effect of the chemical composition on the antimicrobial
properties of the 3D printed part. Above, without the antimicrobial functional group, and below, with
the antimicrobial functional group. Reproduced with permission from Ref. [99].

8. 3D Printed Polymeric Composites with Antibacterial Capacities

Finally, polymer composites have been explored also for the preparation of antimicrobial 3D
printed parts. These composites have been fabricated using graphene [100] metals such as zinc, copper,
or silver [87,101,102], and TiO2 [103] among others.

83



Int. J. Mol. Sci. 2019, 20, 1210

A good example of this strategy was described by Advincula et al. [100], which blended a
thermoplastic polyurethane (TPU), poly(lactic acid) (PLA), and graphene oxide (GO), which is a
material that is known to be an excellent antimicrobial agent that could also enhance the mechanical
properties of the final printed part. In this article, FDM methodology was used to print complex
structures. To generate the FDM filament, TPU was dissolved in dimethylformamide (DMF), as well
as GO nanocomposite; in parallel, PLA was dissolved in dichloromethane (DCM). Then, the three
solutions were mixed under stirring overnight; then, the polymer–composite material was precipitated
in alcohol and dried at 40 ◦C under vacuum. Finally, the resultant precipitate was melted in an extruder
to form the FDM filament. According to the proportions of TPU and PLA, the material could have
elastic characteristics, which were tested via mechanical tensile and compression experiments. The
addition of GO has significantly enhanced the mechanical properties of the polymer matrix by 167% in
a compression modulus, and 75.5% in a tensile modulus. Filaments with different GO loadings were
tested as antimicrobial and biocompatible materials via live/dead studies. Figure 15 shows a scheme of
FDM filament fabrication and some results from cell culture live/dead tests. The fluorescence images
in Figure 15 demonstrate that none of the samples showed dead cells, which indicates a high level of
material biocompatibility, thus demonstrating that the addition of GO has no obvious toxicity to cell
growth, and a small amount of GO is beneficial for cell proliferation.

Figure 15. (a) Schematic description of FDM filament formation. Also, images of thermoplastic
polyurethane (TPU)/poly(lactic acid) (PLA)/graphene oxide (GO) printed parts are shown. Green
fluorescence images of cellular live/dead tests of the samples with different GO loads: (b) 0.5 wt%;
(c) 2 wt%; and (d) 5 wt%. Reproduced with permission from Ref. [100].

Muwaffak et al. [87] studied the use of antimicrobial metals such as zinc, copper, and silver
incorporated into an FDA (Food and Drug Administration)-approved polymer (polycaprolactone, or
PCL) to produce filaments for 3D printing (Figure 16a). 3D scanning was used to construct 3D models
of a nose and ear to provide the opportunity to customize the shape and size of a wound dressing to an
individual patient (Figure 16b). Experimentally, this research was based on the formation of a filament
composed by different metal concentrations, whose release was studied by inductively coupled plasma
atomic emission spectroscopy. Surface morphology and a cross-section of the filament were obtained
by SEM analysis. Additionally, the possible bond of the metals with the PCL matrix was studied via

84



Int. J. Mol. Sci. 2019, 20, 1210

FTIR spectra. The antibacterial efficacy of wound dressing was tested against S. aureus. To perform this
type of study, a circular dressing was created using Tinkercard, which is a browser-based 3D design
and modeling tool. According to these results, the silver and copper wound dressing had the most
potent bactericidal properties.

Figure 16. (a) Metal-loaded filaments and (b) 3D scan of a nose to create a designed wound dressing.
Reproduced with permission from Ref. [87].

Similarly, Cristache et al. [103] obtained a poly(methylmethacrylate) (PMMA)–TiO2 nanocomposite
material with improved antibacterial characteristics, which was suitable for manufacturing 3D printed
dental prosthesis. Different percentages of TiO2 nanoparticles (0.2, 0.4, 0.6, 1 and 2.5 weight %) were
added gradually into PMMA solution. In parallel, the nanoparticles were synthesized through a
sol–gel procedure from titanium tetrabutoxide, in the presence of dimedone, which was acting as
a chelating agent, and dimethylacetamide. Structural and morphological analyses were carried out
by FTIR, SEM, and Energy-Dispersive X-ray Spectroscopy (EDX), respectively. Finally, antimicrobial
efficacy against bacterial cultures from Candida species (C. Scotti) was tested. The results proved that
TiO2 nanoparticles modified the polymeric structure and their properties, especially the 0.4 % TiO2.
This concentration was used to fabricate a prototype of a complete denture using the SLA printing
method (Figure 17).

Similarly, Tiimob et al. [101] studied the effect of different proportions of eggshell/silver (ES-Ag)
on the microstructure, thermal, tensile, and antimicrobial properties of 70/30 poly(butylene-co-
adipate-terephthalate)/polylactic acid (PBAT/PLA). Additionally, the release kinetics of Ag
nanoparticles (NPs) from the films was also studied. The thin films were prepared using hot
melt extrusion and 3D printing for mechanical and antimicrobial testing. In vitro assessment of
the antimicrobial activity of these films conducted on L. monocytogenes and S. Enteritidis bacteria at
two different concentrations revealed that the blend composite film possessed bacteriostatic effects,
which were due to the immobilized ES-Ag nanomaterials in the blend matrix. However, these were
not released into distilled water or chicken breast after 72 h and 168 h of exposure, respectively.

85



Int. J. Mol. Sci. 2019, 20, 1210

Figure 17. The protocol used to fabricate a complete denture, using the SLA printing technique.
(a) Design in software. (b) Final construction in the 3D printer platform. (c) Denture cleaning with
isopropanol. (d) Denture drying and supports removal. (e) Prototype denture polished. (f) Final
post-curing procedure. (g) Esthetic adjustment. Reproduced with permission from Ref. [103].

Zuñiga [102] developed 3D printed prosthesis using antibacterial filaments, verifying their
properties to kill certain bacteria. The author indicated that this information is relevant for the
implementation of 3D printed prostheses as post-operative or transitional prostheses. Figure 18a
shows a patient with a traumatic index finger at the proximal phalange. In Figure 18b,c, the patient
was fitted with a 3D printed antibacterial finger prosthesis, and subsequently performed the Box
and Block Test of manual gross dexterity (Figure 18d). S. aureus and E. coli were chosen to test the
antibacterial capacity of the material, because these bacteria strains are the main causes of a variety of
home-acquired and hospital-acquired infections. The prosthesis was performed using PLACTIVETM

(1% antibacterial nanoparticles additive, Copper 3D, Santiago-Chile), which is a high-quality polylactic
acid polymer. The main result of this research was to prove that the antibacterial 3D oriented filament
can be effectively used for prostheses, and that their antibacterial properties after extrusion were
not affected.

The current investigation found that polylactic acid with 1% copper nanoparticles additives had
up to 99.99% effectivity against S. aureus and E. coli after a 24-h incubation period.
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Figure 18. (A) Research participant with an index finger amputation. (B) 3D printer finder prothesis
using PLACTIVETM antibacterial 3D filament. (C) Patient using the antibacterial 3D finger prosthesis;
and (D) Patient performing the Box and Block Test. Reproduced with permission from Ref. [102].

9. Conclusions

In this review, we attempted to provide a general overview about the state of the art in the
preparation of antimicrobial objects fabricated by additive manufacturing. We described first the main
principles of the currently employed AM technologies, as well as the evolution of these technologies,
including the large impact that this technology has had in society. After this brief description, we
discussed the main antimicrobial polymers, including the functional groups providing antimicrobial
response as well as the macromolecular parameters involved in the antimicrobial response. We
discussed the alternatives that have been reported to fabricate 3D antimicrobial parts, depending
on the source of the polymers employed (natural or synthetic), as well as the strategy employed to
introduce them in 3D printed parts (which were covalently linked if they acted as monomers in a
photopolymerization, as additives, or simply by surface functionalization). Finally, the elaboration of
composites that involve a polymeric matrix and charges including graphene or metals/metal oxide
have been also reviewed.

3D printing technologies have enabled the preparation of personalized geometries with a wide
variety of potential applications ranging from wound dressings, prosthesis, dental pieces, or complete
denture. All of these biomedical applications without any doubt may benefit from the incorporation of
antimicrobial polymers and additives that reduce the risk of infection by microorganisms.
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Abstract: Antimicrobial resistance is now considered a major global challenge; compromising medical
advancements and our ability to treat infectious disease. Increased antimicrobial resistance has
resulted in increased morbidity and mortality due to infectious diseases worldwide. The lack of
discovery of novel compounds from natural products or new classes of antimicrobials, encouraged
us to recycle discontinued antimicrobials that were previously removed from routine use due to
their toxicity, e.g., colistin. Since the discovery of new classes of compounds is extremely expensive
and has very little success, one strategy to overcome this issue could be the application of synthetic
compounds that possess antimicrobial activities. Polymers with innate antimicrobial properties or
that have the ability to be conjugated with other antimicrobial compounds create the possibility
for replacement of antimicrobials either for the direct application as medicine or implanted on
medical devices to control infection. Here, we provide the latest update on research related to
antimicrobial polymers in the context of ESKAPE (Enterococcus faecium, Staphylococcus aureus, Klebsiella
pneumoniae, Acinetobacter baumannii, Pseudomonas aeruginosa, and Enterobacter spp.) pathogens. We
summarise polymer subgroups: compounds containing natural peptides, halogens, phosphor and
sulfo derivatives and phenol and benzoic derivatives, organometalic polymers, metal nanoparticles
incorporated into polymeric carriers, dendrimers and polymer-based guanidine. We intend to
enhance understanding in the field and promote further work on the development of polymer based
antimicrobial compounds.

Keywords: antimicrobial resistance; antimicrobial polymers; ESKAPE pathogens

1. Introduction

Antimicrobial resistance (AMR) is currently widespread across 22 countries with an estimated
500,000 people infected worldwide [1]. A report by O’Neill and colleagues has estimated 10 million
deaths in 2050 will be due to AMR (Figure 1) [2]. Such data informed and shaped the Global Action Plan
on Antimicrobial Resistance and has encouraged governments and public health agencies to increase
efforts in AMR surveillance and research. To date, 52 countries (25 high-income, 20 middle-income
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and 7 low-income countries) have provided information about their national surveillance systems and
data on levels of AMR [2].

p p y

Figure 1. The estimated number of deaths at every continent in 2050 attributed to antimicrobial
resistance (AMR). Image adapted from [2].

This surveillance and data are important in monitoring and clarifying the epidemiology of AMR,
in order to allow priorities to be set and to develop public health policy and strategies targeting
this global concern. In this first section of the review, we provide the current epidemiology of
multidrug-resistant organisms (MDROs) globally, focusing mainly on ESKAPE pathogens (Enterococcus
faecium, Staphylococcus aureus, Klebsiella pneumoniae, Acinetobacter baumannii, Pseudomonas aeruginosa,
and Enterobacter spp.). These ESKAPE pathogens are capable of “escaping” from common antibacterial
treatments and have been listed as World Health Organization (WHO) priority pathogens with
critical and high priority [3]. Although extensive studies on the prevalence of antimicrobial resistance
pathogens were conducted, these studies were largely limited to certain countries and we believe
that these data are not able to showcase the overall picture of antimicrobial resistance around the
globe. Hence, we sought to evaluate the current global prevalence of ESKAPE pathogens by reviewing
published work performed between the years 2013–2018 (Table 1).
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The claim on the global prevalence status of AMR among ESKAPE pathogens is rather challenging
as standardisation of resistance testing across antibiotic groups being employed by the available studies
is lacking. In order to give a simple visualization on the current global prevalence of antimicrobial
resistance among ESKAPE pathogens, we compiled a meta-analysis of works conducted in different
geographical locations and classified them into 4 major classes namely, susceptible, resistant; highly
resistant and extremely resistant by having 50% of the organism show resistance against none, one or
more of the 13 antibiotic groups stated.

According to the summarized work in Table 1, A. baumannii is reported as extremely resistant
i.e., 50% resistant to at least 3 drug classes for all selected countries. It is considered one of the most
challenging ESKAPE pathogens due to its particular antimicrobial resistance characteristics, having
developed resistance to almost all known antimicrobials [14]. The increasing trend of multidrug
resistant (MDR) pathogens has diminished the options of effective therapeutic drugs for bacterial
infection. The return to the previously abandoned antimicrobial, colistin, considered to be the ‘last
resort’ treatment is also challenging as emerging resistant clinical isolates to colistin has been reported
globally [15,16].

Limiting overuse and misuse of antimicrobials were proposed as the solution to limit and even
reduce the MDR pathogens. However, the theory of reduction in resistance in the absence of a given
antimicrobial is no longer a novel approach [17]. Although theoretically attractive, the reversibility of
resistance has proven difficult in practice as the success rate is highly dependent on many other factors
such as the fitness cost of the resistance mechanism, the epidemic potential of the bacteria/strain, and
the transmission route of the species [18]. Efforts to develop new antimicrobials concurrently have
diminished due to a combination of market forces and the inability to match the fast-paced growth of
antimicrobial resistance in superbugs [19].

Decisively, although antimicrobial resistance does not seem obviously reversible, efforts must still
be focused on imposing measures that might postpone the increase in antimicrobial resistance. The
overall use of antimicrobials must be reduced. The prudent use of antimicrobials should always be
promoted. Alternative and preventive measures (such as vaccination) that can ultimately replace the
use of antimicrobials should always be explored ahead of administration of antimicrobials.

2. ESKAPE (Enterococcus faecium, Staphylococcus aureus, Klebsiella pneumoniae, Acinetobacter
baumannii, Pseudomonas aeruginosa, and Enterobacter spp.) pathogens

The acronym ESKAPE paradoxically denotes the ability of the panel of constituent bacteria, namely
Enterococcus faecium, Staphylococcus aureus, Klebsiella pneumoniae, Acinetobacter baumannii, Pseudomonas
aeruginosa, and Enterobacter spp., to escape the antimicrobial activities of most commonly used products
in clinical treatment. The AMR capabilities of this bacterial group have been reported to severely
exacerbate the condition of hospitalised patients with noncommunicable diseases, such as diabetes,
cancer, cardiovascular diseases, and chronic respiratory diseases; breakage of skin barrier such as
wounds; and diseases that lead to immunosuppression [4]. Exposure of these patients to ESKAPE
pathogens could occur during hospitalisation through contact with medical equipment (commonly
related to central line bloodstream infections, ventilator pneumonia, and urinary catheterisation), other
infected patients, and healthcare staff. WHO has recently published a list of bacteria that urgently
require new antibiotics and ESKAPE bacteria were identified among Priority 1 and 2 lists; as these are
multidrug resistant microorganisms that pose serious threats in healthcare facilities [20].
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2.1. Enterococcus faecium

Enterococci are gram-positive, facultative anaerobic organisms that form part of the normal
intestinal flora. Among the 17 species of Enterococci, Enterococcus faecium and E. faecalis were most
frequently reported to be pathogenic in humans. The pathogenic strains of these organisms cause
a variety of infections, involving the endocardium, urinary tract, prostate, intra-abdominal organs,
skin (particularly if present within a wound) [5]. If bacteria enter the normally sterile bloodstream
through parenteral injections, catheterisation, surgery and open wounds, this can result in metastatic
or systemic infections that eventually result in sepsis and septic shock. Research has shown that
various virulence factors are present on the capsule, cell wall, membrane and within the cytoplasm of
Enterococcus faecium that contributed to AMR and pathogenicity of the organism through formation of
a protective and persistent biofilm, ß-lactamase production, and proteins directed against recruited
inflammatory cells [6,7]. Reports submitted to the National Healthcare Safety Network (NHSN) at
the Centres for Disease Control and Prevention (CDC) indicated that the Enterococcus group is the
second most common pathogen across all hospital-acquired infections types (HAI) types. While
Enterococcus faecium was ranked among the top ten organisms across all types of HAI, including central
line-associated bloodstream infection (CLABSI), catheter-associated urinary tract infection (CAUTI),
and surgical site infections (SSIs) [21].

2.2. Staphylococcus aureus

Staphylococcus aureus is a Gram-positive coccus that is frequently isolated from the skin, respiratory
tract, and female lower reproductive tract as it forms part of the normal flora on the human body [8,9].
S. aureus infection has shown increased resistance towards penicillin, which led to the introduction
of methicillin for the treatment of S. aureus showing resistance to penicillin in 1960 [10]. However,
S. aureus developed resistance towards methicillin, thus giving rise to methicillin-resistant S. aureus
(MRSA) clones [11]. MRSA is the second most common cause of HAI in the USA according to a
report from the CDC [12]. The ability of the organism to form biofilms on tissues such as the skin
and inert indwelling device surfaces such as intravenous catheters and surgical implants, further
exposes susceptible individuals as the most common route of MRSA transmission is through direct
contact [13]. Additionally, S. aureus can invade host cells and evade the antimicrobial effects of
administered therapies [20,22]. Successful treatment of MRSA infection is restricted by worldwide
antibiotic resistance towards first-line therapies such as vancomycin and teicoplanin [13]. Together,
these characteristics allow this microorganism to remain an important pathogen and alternative
therapeutic measures are critically needed.

2.3. Pseudomonas aeruginosa

P. aeruginosa is a Gram-negative, rod-shaped, facultative anaerobe that is ubiquitous in the
environment and forms part of the normal gut flora. P. aeruginosa is capable of forming biofilms on
medical device surfaces, thus patients dependent on breathing machines or fitted with an invasive
device such as a catheter are at risk of severe and life-threatening illness [23–25]. Reported illnesses
include endocardial valve infection through endocardial tubes, ventilator-associated pneumonia (VAP)
and CAUTI. Additionally, P. aeruginosa has also been reported to be able to grow in intravenous fluid
and could enter the bloodstream and cause sepsis [26–28]. The emergence of extremely drug-resistant
(XDR) P. aeruginosa towards multiple antibiotics, e.g., cephalosporins and carbapenems, increases the
problem of treatment globally and clinicians need to resort to the last available medication, colistin, a
polymyxin antibiotic which was avoided for the past thirty years as it has been implicated in both
neuro- and nephrotoxicity [29–32].
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2.4. Klebsiella pneumoniae

K. pneumoniae is a non-fastidious, Gram-negative bacillus and commonly encapsulated. Although
K. pneumoniae is among the population of normal flora found in the mouth, skin, and intestine, it
has been reported to cause infections in the lungs, urinary tract, and bloodstreams of patients from
hospitals, nursing homes and other healthcare facilities [30]. This bacterium is a remarkably resilient
pathogen, instead of actively suppressing many components of the immune system, it successfully
evades the body’s defence mechanisms and survives in the most harsh environments. This organism
can survive and grow within the intravenous fluid and form biofilm on medical devices such as
the urinary catheter, leading to detrimental septicaemia in patients [33]. Furthermore, the bacteria
have developed resistance towards almost all available antibiotics: fluoroquinolones, third-generation
cephalosporins and aminoglycosides [34]. The emergence of the carbapenem-resistant K. pnemoniae
strains circulating across the globe has forced the administration of colistin, an old antibiotic and
considered the last available. Nevertheless, resistance towards colistin was recently reported, rendering
treatment of multidrug resistant K. pneumoniae even more difficult [35].

2.5. Acinetobacter baumnannii

Acinetobacter baumnannii is a Gram-negative coccobacillus, of unknown natural habitat, that
causes nosocomial infections in immunocompromised patients, including bacteraemia, pneumonia,
meningitis, urinary tract infection, and wound infection [36]. The Acinetobacter species have a great
capacity of extensive antimicrobial resistance resulting from its relatively impermeable outer membrane,
the presence of efflux pumps, and lack of protein channels. Additionally, the bacteria produce various
enzymes, such as beta-lactamases, to render multiple antibiotics ineffective; persistent adherence to
surface through biofilm formation; as well as insertion of resistance genes from other bacterial species
through genomic mutation [37]. Over the past three decades, A. baumnannii has been reported to be
resistant to most known antibiotics, even in some cases towards colistin, the last resort of antibiotics in
human medicine albeit with adverse side effects [38–40]. A combination of antibiotic treatment using
colistin methansulfonate (CMS), a carbapenem, and ampicillin-sulbactam was reported to have the
highest rate of success for colistin-resistant A. baumnannii [40]. The source of infection could originate
from numerous sites and medical equipment within the healthcare facilities, including the door handle,
curtains, keyboard, etc. However, the most detrimental effects involve patients infected through
treatment involving the use of ventilator and venipuncture catheterisation where the mortality rates
can reach 35% [41,42].

2.6. Enterobacter spp.

Enterobacter is a genus of Gram-negative bacilli from the family Enterobacteriaceae. These bacteria
are facultative anaerobes that do not form spores but may be encapsulated. Two of the most clinically
relevant species are Enterobacter aerogenes, and Enterobacter cloacae [43]. The worldwide emergence of
colistin resistance genes (mcr-1, -2, -3, -4, -5, -6, -7, and the latest -8) in Enterobacteriaceae bacteria has
detrimentally threatened global health as this polymyxin compound is considered the last resort of
treatment [44]. According to the report provided by Weiner et al., Enterobacter spp. are among the top
10 pathogens detected in CAUTI, CLABSI, SSI and VAP, accounting for 17,235 HAI incidence recorded
at NHSN [45]. In the same report, Enterobacter spp. were found to be resistant to extended-spectrum
cephalosporin (ESC4, i.e., cefepime, cefotaxime, ceftazidime, ceftriaxone); carbapenems (imipenem,
meropenem, doripenem); and multidrug-resistance (MDR1) at 12.8 to 38.2%, 1.9 to 6.6%, and 2.9 to
10.2% respectively [21]. On another note, unchecked antimicrobial misuse in the livestock industry
may exacerbate colistin resistance in the general population as the medication has been added in feed
as a growth promoter, or for treatment and prevention of infectious diseases in many countries.
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3. The Progress in Antimicrobial Development

The development of a new antimicrobial is a lengthy and expensive process. The big
pharmaceutical companies were once the major drivers in antimicrobial discoveries, are now no
longer stand at the forefront of the arena [46]. Beginning in the late 1990s, due to lack of success,
low financial returns and emergence of antimicrobial resistance, these companies began to withdraw
antimicrobial discovery and development from their portfolio, with the final company Novartis
followed suit in July 2018 [47]. Therefore, the task for novel discovery of antimicrobials is now left to
university laboratories and small and medium-sized companies [46]. Only recently, German Ministry
of Education and Research has showed interest to provide funds to Global Antibiotic Research and
Development Partnership (GARDP) to accelerate discovery, development and delivery of affordable
antibiotics to treat Gram-negative infections [48]. Understanding that the discovery of a novel
compounds is a lengthy and expensive process, utilising the current knowledge and compounds would
be one approach to ensure the continuous development of antimicrobials.

4. Antimicrobial Polymers Are the New Generation of Antimicrobials

Continuous research and understanding in the field of chemistry has opened up the possibility
to design and synthesise a compound that has antibacterial activities. A new kind of antimicrobial
must not only be effective against bacteria, but it must also resist the possible development of bacterial
resistance. Antimicrobial polymers (AMP) are materials that have the ability to inhibit or kill the
bacteria. AMP can either display the antibacterial activities through its own inherent chemical structure;
e.g., quaternary nitrogen groups, halamines and poly lysine or it can serve as a backbone to improve
the potency of existing antibiotics [49]. AMPs were designed based on the chemical templates provided
by the antimicrobial peptides, a class of peptides of the innate immune system which protects the
body from invading pathogens (Figure 2) [50]. Antimicrobial peptides (APs) are relatively small in
size (10–50 amino acids), amphiphilic with cationic charge. With these physical characteristics, APs
accumulate on the cell membranes and form pores on the structure, thus killing the bacteria [51].
With multimodal mechanisms of action, APs can resist acquired resistance by the bacteria. For a
detailed understanding of the mechanism of action of APs, readers are invited to refer to the following
article [52]. The structural and chemical diversity allow for polymer chemists to design, manipulate
and construct a variety of polymers with cationic and amphiphilic structures that can function as
antimicrobials. In this review, we have selected a few antimicrobial polymers that have been designed
and tested against multidrug-resistant pathogens.

Figure 2. The structural similarities between antimicrobial polymers and antimicrobial peptides. Image
was adapted with permission from [53].
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4.1. Amphiphilic Antibacterial Polymers

Advancement in natural/synthetic antimicrobial polymers exploratory has also expanded
researchers’ interests in other amphiphilic polymers structures that conferred with antimicrobial
activity [53]. Polymer structures and physicochemical properties such as molecular weight, polymer
architecture, ratio of amphiphilic and its molecular arrangement are the potential determinants of
materials’ antimicrobial potency and selectivity [54]. An ideal amphiphilic antibacterial polymer
harboring a cationic arm, low molecular weight and low-level lipophilicity would likely to incur
adequate antibacterial activity against Gram-positive bacteria and has minimum hemolysis activity
toward human red blood cells i.e., <4% hemolysis at a given minimum inhibitory concentration
(MIC) [55]. Nonetheless, Locock et al., 2014 suggested that the combinational effect offered by the
specific pendant functional groups may alter the potency, selectivity and mechanisms of synthetic
AMP polymers. Some empirical data showed that optimization of the degree of hydrophobicity
and cationic charge is crucial for a amphiphilic polymers to attain the best antibacterial activity
and minimum red blood cells haemolysis [56]. For instance, AMP-mimicking polyurethanes with a
lower ratio of hydrophobic region and higher cationic strength conferred the polymers with higher
bactericidal activity and lower haemolysis rate [57]. In the comparison of cationic amine- and
guanidine-copolymers, the latter of low to moderate molecular weight and hydrophobicity showed
higher antimicrobial activity against S. epidermis and lower toxicity toward red blood cells [55]. On the
other hand, auto-degradation or biodegradation of polymers is an essential consideration in choosing
the right antimicrobial materials [54,58]. Degradable properties of antimicrobial material avoid or
minimize undesired complication caused by prolonged retention of the materials in human body
or towards the environment. Controlled degradation rate of the polymers by tuning of monomer
composition and amine functionality could enhance precise control of the lifespan of antimicrobial
activity [47,59]. Table 2 presents a variety of amphiphilic polymers synthesized by a random synthesis
approach was tested against ESKAPE pathogens.
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4.2. Polymers Containing Natural Peptides

APs are produced by living hosts as part of innate immune responses. These protective biologics
are relatively rich at various sites such as epithelial layers, phagocytic cells and body fluids such as
tears and sweat [65,66]. For instance, the major epidermal APs are reported to include cathelicidins
and defensins, which exhibit broad spectrum antimicrobial activities against bacterial, fungal and
viral infections [67]. The mechanism of action is non-receptor dependent; and commonly activated by
the alteration of bacterial membrane structure or enveloped-components, although the interruption
of internal cellular function has gained increasing evidence as illustrated in Figure 3 [68,69]. In
addition, APs confer a higher affinity towards negatively charge bacterial cell membranes compared to
mammalian cell membranes increasing their selectivity [70,71]. However, the clinical implementation of
APs are at the early stages of translation due to the following reasons: (a) susceptibility to degradation
by host proteases (b) potential toxicity to the host due to high concentration needed for antimicrobial
activity and (c) short half-life due to protein binding [72]. Thus, these limitations encourage the
development of synthetic AMP mimics as an alternative approach.

Current studies on synthetic antimicrobial peptides focus on the compound’s susceptibility
to pathogens and its toxicity effect towards the host. The susceptibility towards the pathogen is
determined by the minimum inhibitory concentration of the compound that leads to either 50% (MIC50)
or 90% (MIC90) bacterial growth, wherein the presence of activity was determined if the MIC50 or
MIC90 was less than 100 μg/mL. Compound toxicity towards the host is determined by erythrocytosis
activity. The degree of haemolytic activity of erythrocytes at MIC50 or the compound concentration
leading to 50% red blood cell lysis determines the degree of the toxicity [70].

Selected studies of synthetic antimicrobial peptides and its mimics on ESKAPE pathogens are
highlighted in Table 3. The model ESKAPE species were S. aureus and P. aeruginosa, as the selected
Gram-positive and Gram-negative organisms, respectively. The studies showed bactericidal and/or
bacteriostatic outcomes. Out of many reported compounds, only selected AMPs such as Brilacidin
(also known as PMX-30063), an arylamide-peptide, has been tested in Phase II clinical trials. According
to the fact sheet, a good prognosis in topical treatment of MRSA-infected wound and minimal side
effects were reported [73]. Another AMP mimic, LTX 109, a membrane disrupting compound targeting
Gram-positive and Gram-negative bacteria is currently under phase II clinical trials for the treatment
of impetigo [73]. These two AMPs were indicated for topical used only, owing to the uncertainty from
the aforementioned AMP limitations.

 

Figure 3. The proposed mechanism of bacterial killing activities by antimicrobial peptides. Image was
adapted with permission from [69].
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4.3. Halogen-Containing Polymers

Halogen (fluorine, chlorine, bromine, iodine) containing polymers with antimicrobial properties
are attractive materials based on unique properties afforded by the associated halogen (Figure 4).
Halogen-containing antimicrobials are well described. Several antimicrobials produced by Streptomyces
spp. contain chlorine; chloramphenicol, chlortetracycline and vancomycin. Fluoroquinolones, effective
against Gram-positive and Gram-negative organisms, are a class of antimicrobials where fluorine is
incorporated within the quinolone structure [83].

 
Figure 4. Chlorine-containing polymer.

Polymers containing fluorine offer antimicrobial activity due to their hydrophobic nature. A
review by Munoz-Bonilla et al. highlights the use of such polymers, including the creation of a
polymeric fluorine containing surfactant known as Quaterfluo® [67]. The surfactant subunit alone
showed robust antimicrobial activity against P. aeruginosa, S. aureus, C. albicans and A. niger [74]. When
formed as a polymer, the activity against S. aureus increased with the length of the active perfluorakyl
chains [74]. Recently, cationic fluorinated polymer emulsions have been used to create antibacterial
fabrics where the presence of fluorine greatly enhanced both the antibacterial and anti-adhesion
properties of the material when tested against E. coli and S. aureus [75].

Fluorinated polymers containing antimicrobials such as ciprofloxacin, a second-generation
fluoroquinolone, have been investigated to improve solubility and bioavailability. Mesallati and
colleagues prepared amorphous solid dispersions (ASDs) of ciprofloxacin with acidic polymers such
as Eudragit L100, Carbopol and hydroxy propyl methyl cellulose acetate succinate (HPMCAS) [76].
When incorporated in the polymer matrix, the solubility of ciprofloxacin was improved both in water
and in simulated intestinal fluid. When tested against E. coli, S. aureus, P. aeruginosa and K. pneumoniae,
formulations with HPMCAS drastically improved MIC and MBC concentrations as compared to
monomeric ciprofloxacin [76]. Conjugation of ciprofloxacin with polymers have also been used to
create biomedical nanomaterials for use in wound dressings [77]. Ciprofloxacin-PLA (poly l-lactic acid)
conjugated polymers increased the solubility of ciprofloxacin for use in the fabrication of biodegradable
non-woven nanofibers by electrospinning. ciprofloxacin released from the PLA non-woven nanofibers
was effective at inhibiting the growth of E. coli and S. aureus indicating the utility of ciprofloxacin
conjugated polymers as an antimicrobial biomedical material [77].

An effective antimicrobial group of polymers contain N-halamines, in which at least one
nitrogen-halogen covalent bond is formed by the chlorination of imide, amide and amine
groups. A new N-halamine, hydantoin acrylamide (HA), copolymerised with siloxane (SL)
to create PHASL, was used to coat cotton fabric which was shown to be effective against
E. coli O157: H7 and S. aureus within 5 min once activated by chlorination [78]. More
recently the halogenated 2,2,5,5-tetramethyl-1,3-imidazolidinone (TMIO) by chlorination to form
1-chloro-2,2,5,5-tetramethyl-4-imidazolidinone (MC) was found to be effective in reducing bacterial
colony-forming units (CFU) of both S. aureus and P. aeruginosa when coated on wound dressings.
Bactericidal activity was observed in 15 min for S. aureus (6-log reduction) and within 30 min for
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P. aeruginosa (7-log reduction) [79]. In this form, MC was also found to be stable when stored in the
dark for 6 months, highlighting an additional utility of N-halamine-coated medical materials designed
for wound dressings.

4.4. Polymers Containing Phosphor and Sulfo Derivatives

Polyphosphonium and polysulfonium are phospo- and sulfo- containing polymers, respectively
(Figure 5). They share their mode of action with polymers comprising quaternary ammonium in
causing damage to the bacterial cell wall. Phosphonium containing polycationic agents are typically
considered to be more microbicidal than quaternary ammonium salt polymers with their antimicrobial
potency positively related to the number of phosphonium units within the polymer [67]. Until recently,
polyphosphoniums studies have been restricted to alkyl and aryl derivatives with the polymers
exhibiting both hydrophobic and hydrophilic domains—a feature considered to be required for
antimicrobial activity. Cuthbert and colleagues unexpectedly discovered that control polymers lacking
hydrophobic alkyl chains exhibit high antimicrobial activity against E. coli and S. aureus while at the
same time low lytic action on erythrocytes [80]. These findings were uncovered when investigating the
ability of ‘baited’ phosphonium polymers to exert increased microbicidal effects, taking advantage of
bacterial affinity to mannose sugars [80]. This work challenges the assumed requirement for balanced
hydrophilic and lipophilic components within biocidal polymers and warrants further investigation
into this promising class of antimicrobial polymers.

Figure 5. Polymer-containing phosphor-derivatives.

4.5. Phenol and Benzoic Derivative Polymers

Polymers containing the organic and aromatic compounds such as phenol and benzoic acid have
intrinsic antimicrobial properties (Figure 6). Phenol is a strong antimicrobial agent able to disrupt
the cellular membrane, while benzoic acid has broad spectrum inhibitory activity and is used as an
environmentally safe antimicrobial. Vinyl polymers containing phenol or benzoic acid pendant groups
were synthesised by Park and colleagues and tested for activity against S. aureus and P. aeruginosa [81].
While the polymers exhibited lower antimicrobial activity than the monomer when tested by halo
diffusion, they have been used as coating materials. Nevertheless, phenol pendant vinyl polymers
were marginally more effective against S. aureus than P. aeruginosa while the converse was observed for
benzoic acid pendant vinyl polymers [81]. In contrast, aminated polyacrylonitrile (PAN) polymers
where benzaldehyde derivatives were immobilized via their amine-terminal, were found to exhibit
increased antimicrobial activity with additional bioactive groups [82]. Inhibition zone diameters
significantly increased with the number of bioactive groups in each prepared polymer for several
microbes, including E. coli, P aeruginosa, S. aureus and A. niger [81].
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Figure 6. Polyacrynitrilbenzaldehyde.

4.6. Organometallic Polymers

Organometallic polymers contain metals bonded to at least one organic molecule carbon by
pi-bonds, by coordination bonds or by sigma-/pi-bonds to other elements. Antimicrobial formulations
of organometallic polymers are extensive and are reviewed in depth in [67]. Silver-containing polymers
are prevalent, having potent antimicrobial activity in solid form across a wide range of organisms
including key ESKAPE organisms; E. coli, S. aureus, P. aeruginosa and A. niger. The same polymers
in aqueous solutions, however, showed reduced efficacy in Gram-positive bacteria and yeasts [67].
Recently, Awad and colleagues took a novel approach by creating Eco-friendly silver-polystyrene
nanocomposite using touline extracted orange peel to reduce silver nitrate to silver nanoparticles
(AgNP) before creating a polymer with polystyrene. Antibacterial activity was observed by disk
diffusion against E. coli, K. pneumoniae and S. aureus for both AgNP and AgNP/polystyrene polymers,
although reduced for the latter in comparison [83]. Creating AgNP via this simple method, requires
further investigation in the quest for novel, environmentally sound biomaterials. In general, those
polymeric resins containing Cu(II), in comparison to other metal ions, show enhanced antimicrobial
activity against a range of microorganisms which has been attributed to the stability of the Cu(II)
ion [67].

4.7. Metal Nanoparticles Included in Polymeric Carriers

4.7.1. Polymeric Systems Containing Silver Nanoparticles

Silver nanoparticles (AgNPs) alone have a well-established use in the treatment of bacterial
infections. AgNPs show an efficient antimicrobial property due to their extremely large surface area,
which provides better contact with microorganisms [84]. Wen-Ru et al. have studied the antibacterial
activity and acting mechanism of AgNPs on E. coli [85,86]. The authors investigated the growth,
permeability, and morphology of the bacterial cell wall following the treatment with AgNPs. Their
results showed that, based on transmission electron microscopy (TEM) imaging, the bacteria membrane
vesicles were dissolved and dispersed, and the membrane components became disorganized and
scattered from their original ordered and close arrangement [87]. These observations suggested that
AgNPs may damage the structure of the bacterial cell membrane and depress the activity of some
membranous enzymes. Studies have also shown that AgNPs are able to interact with sulfur-containing
proteins present in the bacterial membrane, in the same way as they can interact with phosphorus
groups present in the cell DNA [88]. AgNPs seem to preferably attack the respiratory chain, and
cell division.

The use of AgNPs in biomedical applications has been extended by the incorporation of AgNPs
into polymeric systems forming multilayer films, polymeric nanotubes and nanofibres, and polymeric
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gels. The development of organic−inorganic hybrid nanomaterials has allowed the combination of the
tunable properties of soft nanomaterials with the unique optical and electronic properties of metal
nanoparticles. Due to their tunable surface, morphology and porosity, soft organic materials such as
polymers that are derived from various synthetic or natural compounds can easily incorporate metal
nanoparticles of different shapes and sizes. A large number of polymers have been investigated for
this purpose. AgNPs can be synthesized in situ using the polymer matrix as a reaction medium, or
alternatively, the AgNPs are prepared ex situ and then incorporated into the polymeric matrix [89–91].

Numerous studies have been carried out using different polymer systems [91–94].
Sanchez-Valdes et al. have prepared multilayer films of polyethylene and AgNPs and evaluated their
antimicrobial activity towards Pseudomonas oleovorans and Aspergillus niger [95]. The authors showed
that the release of the Ag+ ions, and therefore the efficacy of this system, was dependent on the size
of the AgNPs. Other authors have focused their attention on the modification of the nanocomposite
surface, at the nanometer level, by combining the effects of oxygen plasma treatment and silver
nanoparticles on the poly(lactic-co-glycolic acid) (PLGA) polymer matrix [96]. In this study, PLGA
nanocomposite films were produced by solvent casting with 1 wt% and 7 wt% of AgNPs. The PLGA
(used as a control) and PLGA/Ag nanocomposite surfaces were then treated with oxygen plasma.
Antibacterial tests were performed using E. coli and S. aureus. The plasma-treated PLGA/Ag+ system
showed the best bactericidal effect in comparison to untreated PLGA/Ag+ or oxygen plasma-treated
PLGA matrix for both strains [96].

A different approach to prepare antibacterial coatings has been described by Taheri et al. where
AgNPs were encapsulated into a phospholipid bilayer and their surface immobilised to a functional
plasma polymer for application on medical devices such as catheters and wound dressings. The
antibacterial efficacy of the coatings was evaluated against S. aureus, S.epidermidis and P. aeruginosa.
The innate immune response was studied in culture of primary bone marrow-derived macrophages
(BMDM) and the potential cytotoxicity was assessed in culture of primary human fibroblasts. The
authors also observed a reduced expression of pro-inflammatory cytokines from BMDM which
suggested a reduced inflammatory response. The prepared coatings were able to reduce the growth of
S.aureus and P. aeruginosa by 70% and 80%, respectively, while colonization by S. epidermidis was almost
completely inhibited.

Studies have also moved towards the inclusion of additional materials to the AgNPs-polymer
containing systems. An example is the incorporation of growth factors (bone morphology protein-2,
BMP-2) and AgNPs into hydroxyapatite (HA) coatings on metallic implant surfaces for enhancing
osteo-inductivity and antibacterial properties. In this complex system, BMP-2 and AgNPs containing
HA coating were prepared on titanium (Ti) surfaces by electrochemical deposition (ED). In addition,
chitosan (CS) was used as a stabilising agent for the generation of the AgNPs, and simultaneously
reduced their toxicity. A schematic representation of this system is shown in Figure 7. Results of
antibacterial tests indicated that the CS/Ag/HA coatings have high antibacterial properties against both
S. epidermidis and E. coli. Additionally, bone marrow stromal cells (BMSCs) culture results indicated
that the BMP/CS/Ag/HA coatings have good osteoinductivity and promote the differentiation of
BMSCs. Implantation of Ti bars with BMP/CS/Ag/HA coatings into the femur of rabbits showed that
BMP/CS/Ag/HA coatings favour bone formation in vivo. Other studies can be found in the literature
reporting the inclusion of other biological or synthetic compounds into the AgNPs-polymers systems
such as bovine serum albumin and tiopronin.
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Figure 7. Schematic representation of the electrochemical deposition process and immobilization of
bone morphology protein-2 (BMP-2_ on HA coatings on a Ti metal surface). Image was adapted with
permission from [97].

4.7.2. Nanofiber Systems Containing Silver Nanoparticles

The development of hybrid organic–metallic systems containing AgNPs embedded in nanofibers
has gained increasing interest due to the dual benefits of each individual system. Due to their high
surface-to-volume ratio, polymeric nanofibers can provide a larger number of reaction sites and higher
permeability. By embedding AgNPs into polymer nanofiber matrices, the composites are promising
candidates for scaffolding biomaterials with antimicrobial properties [85].

Nanofibers are mostly prepared by electrospinning. Either in combination with other polymers,
or on its own, biodegradable polymers such as PLGA, poly-caprolactone (PCL) and chitosan can be
electrospun and further functionalised to achieve the desired antibacterial properties [86]. Other studies
reported the one-step fabrication of silver nanoparticles embedded into poly(2-(tert-butylaminoethyl)
methacrylate) (PTBAM) nanofibers by radical-mediated dispersion polymerization. PTBAM is a
cationic polymer, which may increase the antimicrobial properties of the nanofibers loaded with AgNPs
against Gram-negative E. coli and Gram-positive S. aureus [98].

A few interesting studies have used bacterial cellulose functionalized with AgNPs for
wound-healing treatment [98,99]. Bacterial-derived cellulose, commonly known as bacterial cellulose
(BC), is produced by the fermentation of Gram-negative bacterium Acetobacter xylinum, which can
produce high aspect ratio nanofibers, with three-dimensional (3D) porous networks Authors showed
that AgNPs sized from 5 to 12 nm, with narrow size distribution, were successfully deposited on the
BC matrix. The studies showed a slow release of the AgNPs from the BC matrix, with the antibacterial
effect lasting after 7 days.
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4.7.3. Hydrogels Containing Silver Nanoparticles

Hydrogel-based dressings containing antimicrobial components have seen an increase in research
activity in wound-care applications. Boonkaew B. et al. have prepared 2-acrylamido-2-methylpropane
sulfonic acid sodium salt hydrogels containing AgNPs via ultraviolet radiation [100]. None of the
hydrogels were found to be toxic to any of the tested cell lines. The measurement of cumulative release
of silver indicated that 70–82% of silver was released within 72 h. The antibacterial activities against
Gram-positive S. aureus showed a log reduction >3 after 6 h of treatment. In the case of Gram-negative
P. aeruginosa, the results showed faster inhibition as the log reduction was >3 within 3 h. The fact that
Gram-positive bacteria are less susceptible to silver ions than Gram-negative bacteria could be related
to a) the fact that the cell wall of Gram-positive bacteria is thicker than that of Gram negative bacteria;
b) silver may get trapped by the negative charge of the peptidoglycan cell wall.

Hydrogel based wound dressing membranes have been developed using a combination of the
following polymers, polyvinylpyrrolidone (PVP), polyethylene glycol (PEG), agar and carboxymethyl
cellulose (CMC) [101]. Silver ions were dispersed in the polymer matrix and its reduction with
formation of a hydrogel and AgNPs was performed using gamma irradiation. In vitro and in vivo
results showed increased cicatrisation with the presence of large quantity of fibroblasts being detected
with little formation of collagen. Other studies explore the possibility of generating photo-activated in
situ poly (ethylene glycol) diacrylate (PEGDA) and PVP hydrogel composite containing AgNPs with
sustained anti-fouling/anti-bacterial activities [102]. The authors showed that the in situ method is
more effective than the two-step method since a) there is minimal gel softening; b) less dispersal of
nanoparticles; and c) lower concentration of metallic nanoparticles is needed, which reduces toxicity
to cells. The ability of the AgNPs-hydrogel composite to control bacterial growth was evaluated by
measuring bacterial growth rates in media immersed with the composite. The AgNP-PEGDA-PVP gel
composite limited the bacterial growth even at the silver concentration of 0.2 mM. At a concentration
of 10 mM, the system was able to inhibit bacterial growth over 5 days.

4.7.4. Inclusion of Other Metal Nanoparticles

Other metal particles are also known for their antimicrobial activity, although they are relatively
less studied than silver. Gold NPs (AuNPs) have exploited their unique chemical and physical
properties for transporting and unloading pharmaceutical compounds. The gold core is essentially
inert and non-toxic when compared to AgNPs [103]. Furthermore, AuNPs are chemically stable and
allow easy surface functionalization [104]. One of the most attractive modifications is the coating of
AuNPs with biocompatible polymers such as PEG and chitosan, which by creating composites with a
modulate mechanical strength can improve their features as biomedical scaffolds [105,106].

Chitosan-AuNPs nanocomposites prepared by a solvent evaporation method showed high
antibacterial activity and simultaneously low cytotoxicity. It has been shown that the molecular weight
(Mw) and deacetylation degree of chitosan influences the size of the AuNPs formed. The resulting
nanocomposites demonstrated total bactericidal effect against two biofilm forming antimicrobial
resistant strains (S. aureus and P. aeruginosa) [107]. Other studies showed that chitosan- AuNPs systems
have concentration-dependent bactericidal ability without damaging human macrophages in an
in vitro infection model, causing bacterial wall damage as the killing mechanism [108].

Hybrid PEG-AuNPs nanocomplexes can be effectively bio-conjugated with the enzymes or
proteins [109,110]. More recently, a study has demonstrated that engineered hybrid PEG-AuNPs
covalently conjugated with a peptide called innate defense regulator (IDR)-1018 showed both
bactericidal and antibiofilm properties at micromolar concentration bacteria [111]. The surface
of the AuNPs can also be modified with molecules that serve as the main structural components of
β-lactam antimicrobials, such as 6-aminopenicillanic acid (6-APA) [112]. The APA-modified AuNPs
were electrospun with PCL/gelatin to obtain biocompatible antibacterial wound dressings. The
antibacterial activity in skin wound healing by a dorsal wound model of a rat exposed to E. coli, MDR
E. coli, P. aeruginosa and MDR P. aeruginosa was investigated. The results showed that wounds treated
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with Au-APA electrospun nanofibers had better wound-healing ability than gauze and PCL/gelatin
nanofibers even against MDR bacterial wound infection.

Copper nanoparticles (CuNPs) have been shown to have excellent antimicrobial properties. This
could be due to an increased concentration of copper inside the cell which causes oxidative stress and
forms hydrogen peroxide. Furthermore, excess copper causes a decrease of the membrane integrity of
microorganisms, leading to the loss of vital nutritional cell elements, causing desiccation and eventually
cell death [113]. Incorporation of CuNPs into medical grade polymers has also been described. CuNPs
incorporated into polyurethane and silicone polymers displayed potent antibacterial activity against
methicillin-resistant S. aureus and E. coli within 6 h [114].

Lu et al. added CuNPs to the mixture of anionic carboxymethyl chitosan (CMC) and alginate (Alg)
polymers [115]. The authors found that the CMC/Alg/Cu scaffolds showed significantly improved
capabilities of osteogenesis and killing clinical bacteria compared to CMC/Alg scaffolds fabricated
by the same procedure but without adding CuNPs. Furthermore, in vivo studies demonstrated that
CMC/Alg/Cu scaffolds could induce the formation of vascularized new bone tissue in 4 weeks while
avoiding clinical bacterial infection even when the implantation sites were challenged with clinically
relevant S. aureus bacteria.

4.7.5. Inclusion of Titanium Dioxide and Zinc Oxide

Titanium-based alloys as biomaterials have many advantages due to their lower modulus, intensive
corrosion resistance and superior biocompatibility [116]. Furthermore, titanium dioxide (TiO2) is a
chemically stable and inert material, and when illuminated, can continuously exert antimicrobial
effects by the generation of superoxide and hydroxyl radicals [117]. Similarly to what has been
reported for other metal NPs, TiO2 nanoparticles (TiO2NPs) have also been incorporated into polymeric
systems by different techniques and their antibacterial properties demonstrated against a variety of
microorganisms. Chitosan, PLA and PLGA remain the most widely used polymers for this purpose.

Fonseca et al. prepared PLA composites containing TiO2NPs, with a diameter of 10 nm and
homogeneously dispersed in the polymer matrix. The PLA nanocomposites containing 8 wt% of
TiO2NPs when irradiated with light and ultraviolet-A (UVA), showed a reduction of ~94.3% and 99.9%
against E. coli and Aspergillus fumigatus, respectively. Toniatto, T.V. and his co-authors also used PLA
polymer but in the fiber shape. They prepared electrospun PLA fibers with high loadings of TiO2NPs
(1–5 wt%), which possessed bactericidal activity against S. aureus, however which showed no in vitro
cytotoxicity using a L929 cell line [118]. Furthermore, studies have also evaluated the feasibility of
PLGA-TiO2NPs composite biofilms under UV light irradiation, on wound healing in vitro, human
keratinocytes (HaCaTs), fibroblasts (L929s), and bovine carotid artery endothelial cells (BECs) [87].
These results showed that the biofilms for artificial dressing applications, containing 10% TiO2NPs,
were effective against E. coli and S. aureus and had a good biocompatibility on HaCaTs and L929s,
however they had some cytotoxic effects on BECs.

An interesting study of porous scaffolds of collagen and chitosan-containing TiO2NPs were
evaluated as tissue engineering for wound repair. The collagen–chitosan composite scaffolds with
various concentrations of TiO2NPs were prepared by freeze-drying technique. The scaffolds showed
an inhibitory effect on S. aureus, good permeability and it may provide a humid environment
for wound repairing [119]. Chitosan has been used in other studies combined with TiO2NPs for
antibacterial applications [120]. Other binary polymer combinations containing poly(ether ether
ketone) (PEEK)/poly(ether imide) (PEI) blends reinforced with bioactive TiO2NPs were fabricated via
ultrasonication followed by melt-blending [121]. The nanocomposites showed significant antibacterial
properties against human pathogenic bacteria with and without UV illumination, and the effect on
S. aureus was systematically stronger than that on E. coli.

Zinc oxide (ZnO) nanoparticles (ZnONPs) have been widely investigated thanks to its
multifunctional properties coupled with the ease of preparing various morphologies, such as
nanowires, nanorods, and nanoparticles [122]. Three-dimensional and interconnected porous granules
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of nanostructured hydroxyapatite (nanoHA) incorporated with different amounts of ZnONPs have
been prepared by a simple polymer sponge replication method [123]. Granules loaded with 2%
ZnONPs showed a strong antibacterial effect against S. aureus and S. epidermidis. In vivo studies
used nanoHA porous granules with and without ZnONPs implanted into the subcutaneous tissue in
rats and their inflammatory response after 3, 7 and 30 days was examined. The results showed the
potential of these systems in reducing bacterial activity in vitro and in vivo, with a low cell growth
inhibition in vitro and no differences in the connective tissue growth and inflammatory response
in vivo. Sustained release preparations of polymers containing ZnONPs have been described by the
formation of crosslinked polymer networks with ZnNPs in the form of hydrogels [124].

4.8. Dendrimers

Dendrimers are a class of molecule and the word is derived from dendron which means tree
for their characteristic branch-like appearances (Figure 8). The most common dendrimers used for
biological applications are based on polyamidoamines (PAMAM) and polypropylene imine (PPI),
(Figure 9). Dendrimers are synthesized from the core and develop into a globular structure with
the size between 2–5 nm. The core structure provides attachment of the dendrons and each section
represents a generation (G1, G2, G3) (Figure 8). The higher generation the dendrimer is built of, the
more branched and exposed number of end groups are available for conjugation with other molecules
including small molecule antibiotics [125]. Dendrimers’ chemical branches can be tailored according
to the solubility and degradability to enhance biological activity of interest [126].

 
Figure 8. The physical structure of a dendrimer.

Dendrimers can demonstrate its own antibacterial activities through interaction with the bacterial
lipid bilayer and causes destablisation of the bacterial structure [127]. Mofrad et al., 2018 demonstrated
the efficacy of G3-poly-amidoamine dendrimer (G3-PAD) against seven species of Gram-negative and
-positive bacteria. Interestingly, the highest sensitivity was observed for Salmonella species with the
least susceptibility were observed in Klebsiella species. The author suggested differences in the bacterial
membrane composition contributed to the strong barriers against the entrance of dendrimers inside the
bacteria [128]. Additionally, Pires et al. 2015 demonstrated effective antimicrobial activities of peptide
dendrimer, G3KL against multidrug resistant Acinetobactor baumanii and P. aeruginosa [129]. These two
examples are only selected research on dendrimers’ antibacterial activities and readers are invited to
refer more on related information as provided by [125]. Due to the multi- functional group within
dendrimers, the molecules can also be conjugated with existing antibiotics to potentiate their activities.
Interestingly, stimulus-controlled antibiotic released from the dendrimer can be achieved by specific
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triggers, for example, light, pH or temperature. Some examples of the successful functionalization of
antibiotics are summarized in Table 4.

 
Figure 9. Examples of common dendrimers for biological application.

Table 4. Examples of dendrimers conjugated with antibiotics.

Dendrimers
Antibiotics
Conjugates

Pathogens Tested
Mechanism of

Antibiotic Release
References

Polyamidoamines
(PAMAM) Ciprofloxacin E. coli Light-active release [130]

PAMAM Vancomycin S. aureus Temperature-active
release [131]

PAMAM Vancomycin S. aureus NA [132]

PAMAM Erythromycin S. aureus Hydrolysis of the
ester linkage [133]

Polypropylene imine
(PPI)-modified maltose Amoxicillin E. coli and

P. aeruginosa NA [134]

PPI Ceftazidime P. aeruginosa pH-active release [135]

Polyesters Fusidic acid S. aureus Water-active
release [136]

Carbohydrate-glycopeptide Tobramycin P. aeruginosa Temperature-active
release [137]

4.9. Polymer-Based Guanidine

Guanidine-like compounds have been investigated for the past three decades and have given
benefit in diverse medicinal field (Figure 10a) [138,139]. Guanidine can be found in natural terrestrial
and marine environments such as microorganisms, plants and invertebrates [140]. Guanidine displays
cationic properties and this allows for interaction with the anionic counterpart. The side chain
diversity of guanidine allows for further development of guanidine scaffold for different therapeutic
purposes [141]. Compounds containing guanidine have attracted interest and have been successfully
applied as therapeutics for the central nervous system, anti-inflammatory agents, anti-thrombotic agents,
anti-diabetic agents and antimicrobial agents [138]. One of the most commonly used antimicrobial
polymers is polyhexamethylene biguanide (PHMB) or also known as polyhexanide (Figure 11). PHMB
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is synthesized by oligomirazation of guanidine salts and hexamethylenediaemine [141]. PHMB has
been widely used in domestic applications, as an antiseptic in medicine, and in the food industry.
PHMB applications include impregnation of wound dressings, water treatment, mouthwash and
disinfection in contact lenses [142–144].

(a) (b) 

Figure 10. (a) The guanidine structure (b) The polyhexamethylene biguanide (PHMB) structure. PHMB
is a cationic polymer of repeating hexamethylene biguanide groups, with n average = 10–12 (n is the
number of structural unit repeats) and molecular weight (mw) 3025 g/mol.

Figure 11. Intracellular localization and bactericidal activities of PHMB against intracellular
methicillin-resistant S. aureus (MRSA). Colocalization of fluorescence-tagged PHMB (PHMB-FITC) with
intracellular S. aureus strain EMRSA-15 in keratinocytes. Keratinocytes were infected with EMRSA-15
followed by treatment with PHMB-FITC (green). Keratinocytes were labelled with DAPI (blue) for
keratinocytes and EMRSA-15 nuclei staining and WGA (red) for keratinocyte membrane stain. Upper
panels are images of infected cells and merged images. Lower panels are enlarged images that clearly
show colocalization between PHMB-FITC (green) and EMRSA-15 (blue). White scale bar is 25 μm.
Image is reprinted from [22].

PHMB is a potent topical antimicrobial against Gram-positive and Gram-negative bacteria, fungi,
parasites and viruses [144–148]. PHMB antimicrobial activities involve the interaction of biguanide
groups with the cytoplasmic membrane, lipopolysaccharide and peptidoglycan of the bacterial cell wall.
This binding is believed to displace the divalent cation Ca2+ causing membrane destabilization and
cellular leakages [145]. Simultaneously, the hexamethylene segment can interact with phospholipids
on the membrane, causing a phase separation that disturbs random distribution of lipids, further
destabilizing the membrane structure. Furthermore, Chindera et al. demonstrated that PHMB enters
bacteria cells and this leads to chromosome condensation [148]. Therefore, PHMB may have at least
two mechanisms of action, and this may help to explain why acquired antimicrobial resistance to
PHMB has not yet been reported, despite being used in the clinic and domestic application for the past
40 years.

PHMB has also been reported to enter mammalian cells and kill intracellular bacteria (MRSA)
and parasites (Leishmania spp.) at low dosage (Figure 11) [22,149]. Additionally, due to the cationic
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nature of the molecules, PHMB is able to form nanoparticles with other small antibiotic molecules thus
potentiate its antibacterial activities [20,148,149]. PHMB is considered less toxic towards mammalian
cells compared to other compounds in its class. Muller and Kramer, 2008 compared the cellular
cytotoxicity of PHMB and other commonly used antiseptics in the clinic and found that PHMB has a
higher biocompatibility index towards mammalian cells than other antiseptics tested [150].

5. Challenges in Bringing Antimicrobial Polymers into Clinics

Now comes the main question as to whether bench to bedside translation of these antimicrobial
polymers would come into reality or remains as the research output and ends only in the publication
repository. Before choosing to embark to the clinical journey, it is mandatory for the researcher to
assess the in-vitro and in-vivo toxicity, biocompatibility, evaluation of the cell viability, biodistribution,
immunogenicity in order to reach the go/no go decision. Mignani et al. provide an excellent guideline
on the translational requirements for dendrimers and nanoparticles to move the compounds towards
the investigational new drug (IND) application, which is the evaluation of the safe profile before
initiating clinical trials, the first essential step to entering the clinic phase [139]. We believe the guideline
is also applicable for antimicrobial polymers and readers are invited to refer to this excellent review for
comprehensive information [139].

Once the researcher establish the risk/benefit ratio, it is a wise decision to understand from the
early stages the potential route of application for the compound. If the compound shows good efficacy
and has potential for development as oral drugs, the researcher must understand what are the suitable
requirements for the oral route, and understand the Lipinsky rule of five could be a good start [151].
However, based on the history of antibiotics development and commercialisation, antibiotics generally
do not obey these rules [152]. If the compound turns out to be less likely to be developed in the oral
route, other routes of administration can be an alternative, for example, topical. The guideline for
development of a topical product are extensively reviewed by Chang et al. 2015 [153].

6. Conclusions and Future Considerations

We are living in an era where the globe is increasingly connected with highly mobile populations,
moving easily between different countries, which is a compounding factor in the global AMR
challenge [154]. Indeed, in 2016 at a UN General Assembly, countries worldwide affirmed their
commitment to develop national action plans based on the WHO Global Action Plan for Antibiotic
Resistance (2015) [2]. In principle, the plan aims to ensure “treatment and prevention of infectious
diseases with quality-assured, safe and effective medicines”. A key relevant objective within the
proposed WHO action plan is to strengthen knowledge through surveillance and research.

In order to provide a tangible new medicine as part of the solution for the increasing AMR problem,
we propose that a network based multidisciplinary approach is vital. A continuous collaboration
between chemists, microbiologists and clinicians is paramount to further develop and translate
promising antimicrobial polymers for use in the clinic. One such polymer group to highlight is
those containing guanidine; specifically, polyhexamethylene biguanide (PHMB) and its nanoparticle
constructs, and this has been used for topical/local application. Despite PHMB being in use both for
clinical and domestic purposes for over 40 years, there are no reports of resistance to date. Lack of
acquired resistance is likely due to multimodal antimicrobial [145,148]. PHMB is particularly interesting
for exhibiting broad spectrum activity against intracellular bacteria and parasites in nanoparticle form.
Of note, PHMB demonstrates antimicrobial effects at low concentrations and has been shown to have
lower toxicity than other agents of its class [20,150,155]. Future studies exploring the delivery options
for PHMB, novel formulations with small molecule antibiotics, and interactions with ESKAPE isolates
are required.

Clearly, going forward, the success of any existing, novel or reformulated antimicrobial of the
polymer class must (i) be effective at controlling infection, (ii) exhibit low toxicity towards the host
and (iii) ideally harness a multimodal arsenal of antimicrobial activity in order to provide long-term
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sustainability. Finally, we call on national research funding agencies to continue their commitment
to the global AMR challenge. Strategic, allocated funding will play a key role in supporting the
development and in vivo application of novel polymeric systems to treat resistant microbial infections
that, currently, available therapeutics are failing to treat.
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Abstract: Periodontitis is a common infectious disease characterized by loss of tooth-supporting
structures, which eventually leads to tooth loss. The heavy burden of periodontal disease and its
negative consequence on the patient’s quality of life indicate a strong need for developing effective
therapies. According to the World Health Organization, 10–15% of the global population suffers from
severe periodontitis. Advances in understanding the etiology, epidemiology and microbiology of
periodontal pocket flora have called for antibacterial therapeutic strategies for periodontitis treatment.
Currently, antimicrobial strategies combining with polymer science have attracted tremendous
interest in the last decade. This review focuses on the state of the art of antibacterial polymer
application against periodontal pathogens and biofilms. The first part focuses on the different
polymeric materials serving as antibacterial agents, drug carriers and periodontal barrier membranes
to inhibit periodontal pathogens. The second part reviews cutting-edge research on the synthesis and
evaluation of a new generation of bioactive dental polymers for Class-V restorations with therapeutic
effects. They possess antibacterial, acid-reduction, protein-repellent, and remineralization capabilities.
In addition, the antibacterial photodynamic therapy with polymeric materials against periodontal
pathogens and biofilms is also briefly described in the third part. These novel bioactive and
therapeutic polymeric materials and treatment methods have great potential to inhibit periodontitis
and protect tooth structures.

Keywords: polymers; antibacterial; drug delivery; periodontitis; periodontal biofilms
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1. Introduction

Periodontitis is a dental plaque (bacteria)-induced, and host-mediated, breakdown of soft and
hard tissues surrounding the teeth [1]. It is a persistent disease with no appreciable decrease in the
prevalence of periodontitis in any of the world’s regions between 1990 and 2010 [2]. In 1999, nearly
35% of individuals ≥30 years of age showed signs of periodontitis in the United States [3]. Severe
periodontitis was reported as the sixth most prevalent chronic condition in 2010, affecting 10.8% of the
population 15–99 years of age, or 743 million people [2]. Furthermore, the prevalence of periodontal
disease increases with age. More than 70% of adults aged 65 or older are diagnosed with some form of
periodontal disease [4].

Microbial biofilms are the aggravative factor of periodontitis [5]. The conventional treatment
for periodontitis involves mechanical processing (such as supragingival scaling, subgingival scaling,
and root planing) advantageously accompanied by the adjuvant administration of antibiotics, which
can be applied by systemic or local administration [6]. The periodontal pocket provides a natural
reservoir, which is easily accessible for the insertion of a delivery device. Therefore, intra-pocket
drug delivery systems are highly desirable due to the potentially lower incidence of undesirable side
effects, improved efficacy and enhanced patient compliance. Recent progress in polymer sciences
have produced bioactive polymeric materials, which can be modified to meet pharmacological
and biological requirements [7]. First, polymers can possess strong antibacterial properties against
periodontal pathogens and could be used as an alternative to low molecular weight antimicrobial
agents in periodontitis treatment due to their low cost, versatility, and processability [8–11]. Second,
polymeric materials can serve as intra-pocket drug delivery devices for the treatment of periodontitis
in various formulations and forms. Third, polymeric materials can be applied in fabrication of
biodegradable periodontal membranes for guided tissue regeneration (GTR) [12–16]. The periodontal
membrane acts as a mechanical barrier which protects the clot, and allows periodontal ligament
and bone tissue to selectively repopulate the root surface during healing [12]. The main risk that
contributes to unsuccessful tissue regeneration by GTR membrane treatment is the action of periodontal
pathogens. Therefore, multifunctional GTR membranes were recently developed to possess not only
barrier and tissue regenerative properties, but also antibacterial effects against periodontal pathogens.
Several meritorious reviews on polymeric materials have described their antibacterial effects against
pathogenic microorganisms [17–19], drug delivery capabilities [20–22] and periodontal regeneration
for periodontitis treatment [23–25], which is not repeated here.

Tooth-colored polymeric composites and bonding agents are the primary materials for restoring
tooth cavities [26–30]. This is because advances in polymer chemistry and filler particle compositions
have enhanced the composite restoration properties [31–36]. As the world population ages, there is an
increasing trend of root caries in senior people. Root caries can be treated with Class-V restorations.
However, they often have subgingival margins which are difficult to clean and can provide pockets for
periodontal bacterial growth. This in turn leads to the worsening of periodontitis and the damage of the
periodontal attachment. To make matters worse, the currently available dental polymer-based Class-V
composites not only have no antibacterial effect, but actually accumulate more biofilms and plaque than
other materials such as metals. The present article reviews new developments in polymeric materials
for periodontitis treatment, periodontal tissue regeneration and Class-V restorations, focusing on
bioactive and therapeutic effects against periodontal pathogens and biofilms.

2. Polymeric Materials as Drug Carrier for Combating Periodontal Biofilm

The origin of periodontitis is closely related with a dramatic shift from a symbiotic microbial
community to a dysbiotic microbial community that is mainly composed of anaerobic genera [37].
As the treatment of periodontitis mainly focuses on the elimination of the periodontal pathogens
or biofilms from the tooth surface, antibiotics are commonly used to treat the disease. Therefore,
intra-pocket drug delivery systems are highly desirable because they can maintain effective high levels
of antibiotics in the gingival crevicular fluid for a prolonged period of time [7]. Meanwhile, they
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have lower risks of undesirable side effects, superior efficacy and enhanced patient compliance [7].
Due to the relatively low price, higher stability, nontoxicity, biocompatibility, nonimmunogenicity and
biodegradability, a variety of polymers are investigated as drug carriers in various formulations
and forms such as fibers [38–41], strips [42], films [43,44], gels [45,46], micro-particles [47–49],
nanoparticles [11,50–52], and vesicular system [53,54]. Table 1 shows various polymer-based local drug
delivery systems delivering a variety of antibiotics, such as metronidazole, doxycycline, tetracycline
and secnidazole, for combating periodontal pathogens.

Table 1. Polymeric materials as drug delivery systems for combating periodontal pathogens.

Type
Polymer/Polymer-Based

Product
Drug/Antibiotics Periodontal Pathogens References

Film

Chitosan
Chlirhexidine (Chx)
gluconate Taurine

(Amino acid)
P. gingivalis [9]

Cellulose acetate phthalate
and Pluronic F-127 (CCAP) Metronidazole >P. gingivalis [55]

PLGA
Secnidazole (SC)

Doxycycline
hydrochloride (DH)

P. gingivalis
F. nucleatum [56]

Gel

Arestin® Minocycline >A. actinomycetemcomitans [57]

Polyester Doxycycline hyclate
Metronidazole >P. gingivalis [46]

Badam gum
Karaya gum

Chitosan
Moxifloxacin >A. actinomycetemcomitans [58]

Atridox® Doxycycline hyclate P. gingivalis
F. nucleatum [59,60]

Chip PLGA Chlorhexidine (CHX)
CHX digluconate P. gingivalis [61]

Strip Hydroxypropylcellulose Green tea catechin P. gingivalis
Prevotella spp. [62]

Cube poly(glycerol sebacate) (PGS) Berbereine chlorhexidine P. gingivalis
A. actinomycetemcomitans [63]

Microparticles Gelatin Doxycycline P. gingivalis [64]

Nanoparticles

PLGA
Polymersomes

Minicycline
Metronidazole

Doxicycline

P. gingivalis
T. forsythia
T. denticola
P. gingivalis

[65,66]

PEGylated PLGA Minocycline A. actinomycetemcomitans [67]

PLGA H.madagascariensis leaf
extract (HLE) Prevotella species [68]

Gels as semisolid systems could easily apply to the site of action with fast drug release rate,
adhere to wide area of mucosa in the dental pockets, and maintain the concentration of antibiotics
due to their bio-adhesive characteristics [69]. Polymers such as chitosan, poly (DL-lactide-co-glycolide)
(PLGA) and polyacrylic acid are used for the preparation of gels. Gad et al. formulated PLGA “in
situ implants” containing secnidazole and doxycycline by a non-solvent-induced phase separation
mechanism [56]. The antibacterial evaluation against Porphyromonas gingivalis (P. gingivalis) showed
that implants with 25% PLGA showed a greater zone of inhibition than a commercial control Atridox®,
which is a locally delivered antimicrobial product containing doxycycline hyclate [56].

In addition, films are widely used for intra-pocket delivery. Films could be fabricated either by
solvent-casting or direct milling. The drugs are distributed throughout the polymer and released
by diffusion and/or matrix dissolution or erosion [70]. Importantly, the shape of the film can
be easily adjusted according to the dimensions of the intra-pocket. Solvent-cast PLGA films
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were aminolyzed and modified by a Layer-by-Layer technique to obtain a nano-layered coating
with poly(sodium4-styrenesulfonate) and poly(allylamine hydrochloride) as polyelectrolytes [71].
A water-soluble antibiotic, metronidazole (MET), was incorporated to successfully endow the film
with excellent antibacterial properties against the keystone periodontal pathogen P. gingivalis, without
compromising the in vitro biocompatibility.

Recently, intensive efforts are being made all over the world to improve the effectiveness of
delivery systems. Due to the rapid advancement in nanotechnology, nanoparticulate systems provide
several advantages as compared with other delivery systems. A nanoparticle is defined as a particle
that has a size range of approximately 1–100 nm, with properties that are not shared by non-nanoscale
particles with the same chemical composition. Regarding the application in periodontitis, first, it is
easier for nanoparticle carriers to access deeper into the site of tooth furcation and periodontal pocket
regions under gum line, while it may be inaccessible for other delivery systems [21]. Second, frequency
reduction of administration in the periodontal pockets by applying nanoparticles would enhance
the therapeutic effects and reduce side effects [7]. Third, nanoparticles possess better stability in
biological fluid and high dispersibility in an aqueous medium [7]. Sadat et al. prepared both PLGA
and PEGylated PLGA nanoparticles by various methods, such as single and double solvent evaporation
emulsion, ion pairing, and nanoprecipitation [67]. Antibacterial properties against Aggregatibacter
actinomycetemcomitans (A. actinomycetemcomitans) showed that the encapsulation of minocyline into the
polymeric nanoparticles improved the antibacterial efficiency by two folds, compared to that of the free
drugs. This was possibly due to better penetration of the nanoparticles into bacterial cells and better
delivery of minocyline to the site of action [67]. Besides encapsulation, drugs can also be doped onto
the surface of polymeric nanoparticles due to the specific surface chemistry. A novel type of polymeric
nanoparticles, PolymP-n active nanoparticles, was recently developed, with potential for periodontal
regeneration [72]. Due to the surface chemistry of the nanoparticles, containing functional groups with
sequences of anionic carboxylate (i.e. COO−), it was possible to dope metal cations (in this case calcium,
zinc and silver) and antibiotics (doxycycline), with potential antibacterial activity [73]. A multispecies
periodontal biofilm was developed by using Streptococcus oralis (S. oralis), Actinomyces naeslundii
(A. naeslundii), Veillonella parvula (V. parvula), Fusobacterium nucleatum (F. nucleatum), P. gingivalis and
A. actinomycetemcomitans to investigate the antibacterial properties of polymeric PolymP-n active
nanoparticles doped with different substances: zinc, calcium, silver and doxycycline [73]. A similar
biofilm formation was observed, although reductions in bacterial viability were detected in biofilms
in contact with the different nanoparticles, and were more pronounced with silver and doxycycline
nanoparticles. PolymP-n nanoparticles with doxycycline resulted in unstructured biofilm formation
and significantly lower colony units of the six species, compared with the other specimens and
controls [73]. However, with the emergence and increase of microbial resistance to antibiotics, further
studies should investigate not only antibiotic-free delivery systems but also antimicrobial peptides
(AMPs) for treating periodontal infections. Bacterial flora is controlled initially by the innate immune
system of oral epithelia, saliva and gingival crevicular fluid, which are rich with AMPs [74]. AMPs
such as LL37 and β-defensins have demonstrated excellent antibacterial efficacy against periodontal
pathogens [75]. Therefore, the existing and newly-identified AMPs may be promising for therapeutic
uses in treating periodontal disease, and they may serve as templates for peptides and peptide-mimetics
with improved therapeutic efficacy [74].

3. Antibacterial Polymeric Materials Against Periodontal Pathogens

Although polymers can serve as matrix materials holding the antibacterial agents for treatment
of infectious disease, the development of polymers with antimicrobial activity themselves is also
an important area of research. In addition, increasing antibiotic drug-resistance of microorganisms
has drawn considerable attention toward the development of new types of antibacterial agents.
Several antibacterial polymers are applied in infectious diseases caused by pathogenic microorganisms.
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However, their antibacterial properties against periodontal pathogens or biofilms are rarely
investigated [9,76].

Chitosan, a linear polycationic hetero polysaccharide copolymer, exhibits an excellent capacity of
antimicrobial efficacy. The contact between negatively charged cell wall and positively charged chitosan
can alter the cell wall permeability and eventually lead to the complete cell wall disruption and cell
death. Molecular weight, concentration, and hydrophilic/hydrophobic characteristics of chitosan also
play some role in antibacterial efficacy [77]. Chitosan showed antimicrobial activity against periodontal
pathogens P. gingivalis, A. actinomycetemcomitans and Prevotella intermedia (P. intermedia) with quick and
efficient bactericidal activity [78]. Similar excellent antibacterial activity of chitosan against P. gingivalis
and A. actinomycetemcomitans was also reported by Arancibia et al. [79]. Furthermore, Sarasam et al.
confirmed that chitosan-mediated antibacterial activity was contact-dependent; therefore, blending
chitosan with other components such as polycaprolactone (PCL) compromised its antibacterial activity
against A. actinomycetemcomitans [80]. The possible explanation is that the surface characteristics of
chitosan, such as surface roughness and charge distribution, may be altered when blending with PCL,
thereby decreasing the antibiotic performance.

Recent efforts developed a new class of antimicrobial agents, termed “structurally nanoengineered
antimicrobial peptide polymers” (SNAPPs), as shown in Figure 1. They exhibited sub-μM activity
against Gram-negative bacteria Acinetobacter baumannii (A. baumannii) [81]. It is possible that in addition
to putative periodontal pathogens, non-oral bacterial species such as A. baumannii may also play a role
in the etiopathogenesis of periodontal diseases [82]. The antibacterial activity of SNAPPs proceeds via
a multimodal mechanism of bacterial cell death by outer membrane destabilization, unregulated ion
movement across the cytoplasmic membrane and induction of the apoptotic-like death pathway [81].
Therefore, SNAPPs showed great promise as low-cost and effective antimicrobial agents in combating
the growing threat of Gram-negative bacteria, which is prevalent in periodontitis.

128



Int. J. Mol. Sci. 2019, 20, 278

Figure 1. Synthesis of SNAPPs. (A) Synthesis of SNAPPs via ring-opening polymerization of lysine
and valine N-carboxyanhydrides (NCAs) was initiated from the terminal amines of poly(amido amine)
(PAMAM) dendrimers. Second- and third-generation PAMAM dendrimers in (B) with 16 and 32
peripheral primary amines were used to prepare 16- and 32-arm SNAPPs, respectively. Note that
the number of initiating points on the figure does not reflect the actual number, which is 16 or 32.
The number of repeat units for lysine and valine are a and b, respectively. (Reproduced with permission
from [81]. Spinger Nature, 2016.)

4. Antibacterial Polymeric Membrane for GTR Inhibiting Periodontitis

GTR strategies are widely applied for periodontal tissue regeneration. Generally, a mechanical
barrier membrane is established to create a protected space over bone defect and prevent the apical
migration of the gingival epithelium. This facilitates the growth of periodontal ligament and bone
tissue to selectively re-attach the root surface [12]. To enhance the bioactivity and adjust the degradation
rates, polymeric materials such as collagen, chitosan, gelatin, silk fibroin, and synthetic polymers
(PLGA, PCL and poly (ethylene glycol) (PEG)) are used to fabricate the GTR membranes.

Clinically, infection is a major reason for GTR failure [83]. Infection can be caused by either
pathogen colonization at the wound site or foreign body response to the implant material [84].
Periodontal disease and GTR implant-related infections mainly result from anaerobic bacteria such
as bacteroides species, fusobacteria, and clostridia. Hence, multifunctional GTR membranes were
recently developed to not only possess barrier and tissue regenerative properties, but also exhibit
antibacterial effects against periodontal pathogens.
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Metronidazole (MET) is widely used to treat periodontitis in patients for whom mechanical
debridement is not successful or possible [85]. Xue et al. developed MET-loaded electrospun PCL
nanofiber membranes. A wide range (1–40 wt %) of MET was incorporated into the membrane.
An in vitro antibacterial effect against F. nucleatum showed clear inhibition zones around the
membranes. GTR membranes with 30 wt % MET showed excellent comprehensive properties.
However, the release time of metronidazole was only a few days [86]. To sustain the drug release
for a longer time, gelatin was added into PCL in the same electrospun system to form a PCL/gelatin
nanofiber membrane [87]. As effective MET carriers, PCL/gelatin membranes with various contents
of MNA showed an approximately 60% release of MET within one week. This was followed by
a sustained release of up to three weeks, which was predominantly controlled by diffusion and
gelatin degradation [87]. In addition, an efficient anti-infective GTR membrane was developed by
doping drug-loaded clay nanotube into electrospun PCL/gelatin microfibers [88]. By combining
the drug-loading capability of nanotubes and direct drug loading into electrospun microfiber
matrix, composite membranes with a three-week sustained drug release capability were realized.
This extended release prevents the colonization of F. nucleatum over period of three weeks [88].
This three-week prolonged drug release is considered to be an optimal treatment time period.

Bittino et al. fabricated a novel functionally-graded periodontal membrane containing MET
with a spatially designed layer structure via sequential electrospinning [89]. As shown in Figure 2,
the functionally-graded periodontal membrane consisted of a core layer (CL) and two functional
surface layers (SLs) interfacing with bone (nano-hydroxyapatite, n-HAp) and epithelial (MET)
tissues. This multi-layered electrospun GTR membranes had nano-sized hydroxyapatite for
osteoconductive/inductive behavior, and metronidazole to combat periodontal pathogens. Other
antibiotics such as amoxicillin, tetracycline, chlorhexidine and doxycycline were also incorporated
into polymeric membrane with therapeutic properties [90–93]. Composite GTR membranes
with polytetrafluoroethylene (ePTFE) and collagen were loaded with chlorhexidine and inhibited
A. actinomycetemcomitans, allowing the attachment of periodontal ligament cells [92]. Similar results
were obtained when amoxicillin and tetracycline were incorporated into GTR membranes [94].

Besides antibiotic addition, metal or metallic oxide such as silver, zinc, copper and zinc oxide
nanoparticles were also incorporated into the GTR membranes. For example, zinc oxide (ZnO)
nanoparticles not only introduced an antibacterial activity, but also improved the osteoconductivity of
the periodontal membrane [12]. Nasajpour et al. developed a GTR membrane through electrospinning
methods with a dispersed solution of ZnO within a polymeric carrier PCL. Incorporation of 0.5% (w/v)
ZnO nanoparticles provided antibacterial effects against periodontal pathogens P. gingivalis, while
supporting the viability and the osteodifferentiation of the seeded periodontal ligament stem cells,
without negatively impacting their biocompatibility feature [12]. Zinc phosphate was also loaded
into the GTR membrane by an immersion method. The zinc phosphate mineralized membranes
possessed a strong antibacterial effect against A. actinomycetemcomitans [95]. A recent study developed
a chitosan/polyurethane (CSP) nanofibrous membrane with silver nanoparticles (AgNPs) in the
membrane [96]. The antibacterial effects of the membrane against P. gingivalis was maintained when
the AgNP level was adjusted to be at a nontoxic level.

It was reported that high drug ionic strength and rapid solvent evaporation favored the presence
of the drug on the membrane surface, which led to a high initial burst release, thereby avoiding
and/or eliminating biofilm formation [97]. However, the high burst release and short release period
could not effectively prevent bacterial infections. Hence, it is highly desirable to develop novel GTR
membranes with sustained and controlled release of antibacterial agents, particularly for patients with
a predisposition to such complications: smokers, patients with diabetes mellitus, etc. [98].
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Figure 2. Schematic illustration of the spatially designed and functionally graded periodontal
membrane. (A) Membrane placed in a guided bone regeneration scenario. (B) Details of the core layer
(CL) and the functional surface layers (SLs) interfacing bone (n-HAp) and epithelial (MET) tissues.
Note the chemical composition step-wise grading from the CL to SLs, i.e., polymer content decreased
and protein content increased. (Reproduced with permission from [89]. Elsevier, 2011).

5. Antibacterial Polymeric Composites to Combat Periodontal Pathogens

To suppress oral biofilm/plaque buildup and increase the restoration’s longevity,
non-agent-leaching monomers are incorporated into dental polymers. Imazato et al. combined
alkylpyridinium, a type of quaternary ammonium methacrylates (QAM), with a methacrylate,
and synthesized a novel monomer, 12-methacryloyloxydodecylpyridinium bromide (MDPB) [99].
The QAM was chemically copolymerized with the resin by forming a covalent bonding with
the polymer network [100,101]. While the quaternary ammonium group was responsible for the
antibacterial activity of QAM, the methacrylate group allowed for the copolymerization with other
conventional monomers. Therefore, the antibacterial QAM immobilized in the resin matrix was
not released or lost over time, thus providing a durable antibacterial capability. The three likely
mechanisms for bactericidal QAMs against microorganism were: (1) contact between negatively
charged bacteria and positively charged QAMs leading to osmotic pressure; (2) diffusion through the
cell wall and binding to the cytoplasmic membrane; and (3) disruption of the cytoplasmic membrane,
releasing of cytoplasmic constituents, and cell death [102–104]. Several papers review the antibacterial
monomers in dental resins [105–108], as well as studies on antibacterial functions against cariogenic
bacteria and oral biofilms to inhibit dental caries [109–112]. Therefore, the present article focuses on
new developments in antibacterial dental resins for root caries restorations with an emphasis on their
antibacterial effects on periodontal pathogens.

Elderly people suffer more risks of root caries because of gingival recession and less saliva
flow [113]. Periodontitis-related gingival recession often leads to more exposure of the root surfaces,
which results in the increased risk of root caries. Root surfaces differ from enamel surfaces with a
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lower mineral content and a higher amount of organic materials [114]. Therefore, root caries lesions
may occur on all exposed root surfaces but are mainly found in biofilm retention sites [114]. Root
caries can be treated with a Class-V restoration, whose margins are often subgingival, which can
hinder cleaning and provide pockets for bacterial growth, thus gradually resulting in the loss of the
periodontal attachment of the tooth. Indeed, it is well-established that microbial biofilms are the
primary etiological factor that causes periodontitis [5]. Recent research demonstrated that P. gingivalis,
P. intermedia and A. actinomycetemcomitans are the three major bacterial species that contribute to
periodontitis and peri-implantitis in subgingival plaque [115]. In the periodontal pockets, these
bacteria can generate virulence factors that lead to the gradual loss of the supporting bone [115].
In addition, Prevotella nigrescens (P. nigrescens) is associated with both healthy and diseased conditions
of the periodontium [116]. F. nucleatum is correlated with the progress in periodontitis [117] and
can enhance the invasion into human gingival epithelial and endothelial cells by P. gingivalis [118].
Furthermore, Enterococcus faecalis (E. faecalis) is regarded as an endodontic pathogen and also detected
in subgingival plaque and saliva of patients with chronic periodontal disease [119].

Therefore, these six species were selected in a recent study [120]. A polymeric composite for
Class-V tooth cavity restorations was developed with therapeutic functions to combat these six species
of pathogens related to the start and the exacerbation of periodontitis [120]. The polymeric matrix in
the composite was composed of ethoxylated bisphenol A dimethacrylate (EBPADMA) and pyromellitic
dianhydride glycerol dimethacrylate (PMGDM) at a 1:1 mass ratio (referred to as EBPM). A novel
antibacterial monomer dimethylaminohexadecyl methacrylate (DMAHDM) was added at a mass
ratio of 3%. DMAHDM incorporation did not compromise the mechanical properties of polymeric
composite. The flexural strength of EBPM + 3% DMAHDM was similar to that of a commercial control
composite that had no antibacterial effect [120]. Static single-species biofilms of six types of pathogens
were used to evaluate the antibacterial effects of polymeric composites with DMAHDM incorporation.
For all six species, incorporating 3% DMAHDM into EBPM composite decreased the biofilm CFU
by several orders of magnitude, compared to the commercial control and the 0% DMAHDM group
(p < 0.05). DMAHDM composite reduced the CFU of different bacterial species differently, some by
slightly less than 3 log, others by more than 3 log (as shown in Figure 3) [120]. The killing efficacy of
DMAHDM composite against the six species was: E. faecalis < F. nucleatum < P. nigrescens = P. intermedia
< A. actinomycetemcomitans < P. gingivalis. Furthermore, the biomass and the polysaccharide production
by biofilms were also reduced on the EBPM composite with 3% DMAHDM, compared to control
composite [120].
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Figure 3. CFU counts of two-day biofilms on composites (mean ± SD; n = 6): (A) P. gingivalis;
(B) P. intermedia; (C) P. nigrescens; (D) A. actinomycetemcomitans; (E) F. nucleatum; and (F) E. faecalis. Note
the log scale for the y-axis. CFU counts on composite containing DMAHDM were nearly three orders
of magnitude lower than composite without DMAHDM. Bars with dissimilar letters are significantly
different from each other (p < 0.05). (Reproduced with permission from [120]. Elsevier, 2016.)

Salivary protein adsorption on the surface is required for pellicle formation and is a prerequisite for
oral bacteria adherence [121]. Based on this mechanism, a protein-repellent composite was developed
using 2-methacryloyloxyethyl phosphorylcholine (MPC). MPC is a methacrylate with a phospholipid
polar group in the side chain [122]. MPC has strong protein-repellency, and has been incorporated
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into artificial blood vessels, hip joints, and microfluidic devices [123–125]. Several MPC-containing
medical devices have won the approvals of the United States Food and Drug Administration, and have
been used clinically [123,126]. A recent study developed a multifunctional polymeric dental composite
containing bioactive agents (MPC for protein-repellency, and DMAHDM for anti-biofilm activity)
to suppress periodontal pathogens [127]. These results showed that adding up to 3% MPC and
3% DMAHDM did not compromise the strength and elastic modulus, compared to the control.
Representative live/dead images of two-day biofilms for the 5 × 4 full-factorial design are shown in
Figure 4. Live bacteria were stained green, and bacteria with compromised membranes were stained
red. For all four species periodontal biofilms (P. gingivalis, P. intermedia, A. actinomycetemcomitans,
and F. nucleatum), the two control composites were covered by live bacteria. In contrast, composite
with 3% MPC had much less bacterial adhesion. Composite with 3% DMAHDM had substantial
dead bacteria. Composite with 3% DMAHDM + 3% MPC had much less bacterial adhesion, and the
bacteria were mostly dead [127]. Dual agents of MPC + DMAHDM incorporation into polymeric
composites exerted a much greater anti-biofilm activity against periodontal pathogens, than using
MPC or DMAHDM alone. Therefore, the polymeric composite containing 3% DMAHDM and
3% MPC appeared to be the optimal composition. It showed a high potential for applications in
Class-V restorations to inhibit periodontal biofilms, by reducing biofilm CFU by nearly four orders of
magnitude for all the periodontitis-related pathogens examined in that study [127].

Figure 4. Representative live/dead staining images of two-day biofilms of four species of periodontal
pathogens on the five composites: (A–D) Commercial composite control; (E–H) EBPM composite
control; (I–L) EBPM + 3MPC; (M–P) EBPM + 3DMAHDM; and (Q–T) EBPM + 3DMAHDM + 3MPC.
All images have the same scale bar as shown in (A). Live bacteria were stained green. Dead bacteria
were stained red. Composites without DMAHDM had primarily live bacteria. EBPM + 3DMAHDM
+ 3MPC had much less bacterial adhesion, and the biofilms consisted of primarily dead bacteria.
DMAHDM: dimethylaminohexadecyl methacrylate; MPC: 2-methacryloyloxyethyl phosphorylcholine
(Reproduced with permission from [127]. Elsevier, 2016.)
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Previous studies tested single species biofilms [128]. However, single species models are
not representative of natural biofilms where multispecies communities are by far the most
predominant [129]. The eradication of multispecies biofilms is more difficult to achieve than
single species, as multispecies biofilms are more highly resistant to antimicrobial agents than single
species [130]. Furthermore, the biofilm composition may influence the outcome of periodontitis
treatments [131] and the killing efficacy of antibacterial agents [130].

Therefore, a recent study investigated the effects of the number of species (from 1 to 9) in the
periodontal biofilm on the inhibition efficacy of the composite [132]. Moreover, the effect of dual agents
(MPC + DMAHDM) versus single agent on the inhibition efficacy was investigated as a function of
the number of species in the biofilm for the first time. Figure 5 illustrates the anti-biofilm strategy.
The bioactive composite reduced protein adsorption by an order of magnitude and greatly reduced
biofilm viability. It decreased the biofilm CFU by more than three orders of magnitude for all four
types of periodontal biofilms (single-species, three-species, six-species, and nine-species biofilms),
compared to the control composite. With increasing the biofilm species from 1 to 9, the antibacterial
efficacy of DMAHDM composite decreased; the folds of CFU reduction decreased from 947 to 44 folds.
In contrast, the DMAHDM+MPC composite maintained a CFU reduction folds of greater than 3000,
showing a similarly high antibacterial potency from 1 to 9 species in the biofilms.

Therefore, DMAHDM composite was more effective in inhibiting single species biofilm; the
inhibition efficacy decreased with increasing the number of species in the biofilms. Adding MPC into
the DMAHDM composite increased the efficacy against multi-species biofilms, achieving nearly the
same high efficacy against biofilms with 1–9 species. The novel nanocomposite containing dual agents
(MPC + DMAHDM) with potent antibiofilm and protein-repellent functions is promising for Class-V
restorations to treat root caries, inhibit periodontal pathogens, and protect the periodontal tissues.

To enhance the antibacterial efficacy, Xiao et al. incorporated nanoparticles of silver (NAg) into the
aforementioned MPC + DMAHDM composites to inhibit pathogens such as A. actinomycetemcomitans,
F. nucleatum and P. gingivalis [133]. There are several advantages for NAg incorporation into polymeric
nanocomposite. (1) The small particle size of NAg (2.6 nm) yielded a relative high surface area to
mass ratio, which enabled a small quantity of NAg to be sufficient for the composite to be strongly
antibacterial. This avoided the need to use a high mass fraction of NAg and compromised the
nanocomposite’s mechanical properties and esthetics [134]. (2) Ag is known to have a superior
biocompatibility and low toxicity to humans. (3) Resins containing NAg exhibited long-lasting
antimicrobial properties. For example, a previous study demonstrated that NAg-containing resins
showed antibacterial activity even after 12 months of water-aging [135]. (4) Ag have less possibility
for causing bacterial resistance than antibiotics, which alleviates the drug-resistance concern [136].
(5) NAg is capable of long-distance killing of bacteria due to the release and diffusion of the Ag ions.
This is expected to be useful to inhibit the suspended bacteria in the periodontal pockets away from
the composite surface. Indeed, the combination of MPC, DMAHDM and NAg achieved the reduction
in biofilm CFU by nearly five orders of magnitude, which is much greater than those achieved by
previous antibacterial dental composites [120,127].
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Figure 5. Antibacterial strategy using dual agents in dental composite. Dimethylaminohexadecyl
methacrylate (DMAHDM) can inactivate periodontal pathogens by contact without leaching from
resins. Methacryloyloxyethyl phosphorylcholine (MPC) can detach proteins, thereby hampering
bacterial attachment. DMAHDM and MPC are both non-volatile, chemically stable and can
sustain long-term antibacterial activity. DMAHDM: dimethylaminohexadecyl methacrylate; MPC:
2-methacryloyloxyethyl phosphorylcholine; NACP: nanoparticles of amorphous calcium phosphate
(Revised and resubmitted to Dent. Mater. Ref [132].)

Glass ionomer materials have been widely used in Class-V restorations clinically due to their
fluoride release, good biocompatibility with dental pulp tissues, and ability to bond to tooth structures.
Fluoride release has a slight antimicrobial effect and a good remineralization effect. However,
a previous study indicated that a commercial resin-modified glass ionomer cement was not potent
enough to inhibit bacterial growth and biofilm formation [137]. In addition, for anterior teeth,
cervical lesions need to be esthetic, which can be better satisfied with a resin composite. Therefore,
the aforementioned polymeric dental composites are promising for Class-V restorations due to their
strong antibacterial effects against periodontal pathogens.

6. Polymeric Bonding Agent Inhibiting Periodontal Pathogens

A dental bonding agent is used to bond restorations to teeth. A previous study developed a
polymeric bonding agent with nanoparticles of amorphous calcium phosphate (NACP) and DMAHDM
for tooth root caries restorations and endodontic applications [138]. A primer contained PMGDM
and 2-hydroxyethyl methacrylate (HEMA) at a mass ratio 10:3, with 50% acetone solvent (all by mass
ratio). The adhesive contained PMGDM, EBPADMA, 2-hydroxyethyl methacrylate (HEMA) and
BisGMA at 45/40/10/5 mass ratio (referred to as PEHB) [135]. P. gingivalis, P. intermedia, P. nigrescens,
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A. actinomycetemcomitans, F. nucleatum and Parvimonas micra (P. micra) were used to represent
periodontal pathogens, and Enterococcus faecium (E. faecium) and E. faecalis were selected as endodontic
pathogens. Therefore, eight types of single-species biofilms were formed on resins. Adding 5%
DMAHDM and 30% NACP into the adhesive resin did not negatively affect the dentin bond strength.
Biofilm CFU was reduced by nearly three orders of magnitude via the therapeutic resin. The inhibition
efficacy via DMAHDM-containing resin was ranked as: P. gingivalis > A. actinomycetemcomitans >
P. intermedia > P. nigrescens > F. nucleatum > P. micra > E. faecalis > E. faecium. Biofilm biomass, metabolic
activity and polysaccharide were also greatly reduced via DMAHDM [138].

In addition, three bioactive agents (NACP for remineralization, MPC for protein-repellency,
and DMAHDM for anti-biofilm activity) were combined into a polymeric bonding agent (PEHB)
to suppress periodontal pathogens [139]. PEHB with 5% DMAHDM showed a strong antibacterial
function and protein-repellent properties. The use of dual agents, 5% DMAHDM + 5% MPC, achieved
a greater killing efficacy against P. gingivalis single-species biofilm than against multi-species biofilm.
However, this novel polymeric bonding agents still showed great reduction in multispecies biofilm
growth, metabolic activity and polysaccharide production, yielding three orders of magnitude in CFU
reduction [139].

The mechanism of contact-inhibition implied that the polymer surface was separated from the
overlaying biofilm by the presence of the salivary protein pellicles on the polymer surface. This would
reduce the extent of contact, and hence result in the decreased contact-inhibition efficacy. Therefore,
because of the protein-repellency of the MPC, it helped diminish protein coverage on the polymer
surface, thus exposing more polymer surface with quaternary amine N+ sites, thereby promoting the
contact-inhibition ability. Therefore, the dual use of DMAHDM and MPC in the dental polymer could
work synergistically to maximize the periodontal bacteria inhibition capability.

Besides the antibacterial agents, NACP were also incorporated in polymeric bonding agents [140–142].
While having little antibacterial activity, the NACP composite was “smart” and could greatly increase
the Ca and P ion release at a cariogenic low pH, when such ions were most needed to inhibit caries [143].
Indeed, a previous study showed that an NACP nanocomposite successfully remineralized enamel
lesions, and achieved an enamel lesion remineralization efficacy that was four-fold greater than that of a
commercial fluoride-releasing control [144]. In addition, a previous study showed that NACP composite
could be recharged repeatedly with Ca and P ions, which ensured that it could continuously release Ca
and P ions to provide long-term remineralization [145]. In Class-V restorations, these Ca and P ions from
the composite are expected to help remineralize tooth roots, reduce root sensitivity, neutralize biofilm
acids, and protect the root structures.

Currently, several contemporary dental adhesives have been reported to possess a favorable
“immediate” bond strength to enamel and dentin. However, the clinical longevity of the bonded
restorations is still too short, mainly due to the degradation of the adhesive tooth-composite interface,
especially for Class-V restorations with subgingival margins. First, in comparison with bonding
composite resins to enamel, bonding to cervical dentin is less predictable due to the relatively low
density and oblique orientation of dentinal tubules in cervical dentin in Class-V restoration [146].
Second, marginal openings are located most frequently at the dentin/cementum margins when
Class-V cavities are restored with composite-based materials. Besides polymerization stress, forces
that result from volumetric changes due to temperature fluctuations and non-uniform deformation of
restoratives and the tooth substance during functional loading also repeatedly stress the restorative
interface [147]. Third, the subgingival cavity is difficult to dry. The inadequate air drying could result
in too much residual solvent in the adhesive and in the hybrid layer, which would reduce the bonding
durability [148]. Therefore, advanced restorative techniques such as the incremental filling technique
with the application of flowable materials as an intermediate layer are used to improve the marginal
adaptation of composites to the dentin/cementum margin in Class-V restoration [147].

Investigation of the toxicity of the antimicrobial monomers is a prerequisite before their use in
oral restorations. Imazato et al. indicated that the first QAM for dental application, MDPB, exhibited
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a low level of toxicity to human pulpal cells, similar to the diluent resin monomer triethyleneglycol
dimethacrylate (TEGDMA) [101]. Although a previous study demonstrated that the increasing
monomer concentration and increasing chain length of QAMs would increase the cytotoxicity, QAMs
with chain lengths from 3 to 18 were shown to have less cytotoxicity than BisGMA [149]. At monomer
concentrations of ≤2 μg/mL, all the tested QAMs with CL ≤ 16 had cytotoxicity matching that of
HEMA and TEGDMA [149]. Clinically, a typical tooth cavity would use approximately 20 μg of the
bonding agent. In the unrealistic worst-case scenario, assume that all 20 μg were leached out in one
day [149]. Human saliva flow is approximately 1000–1500 mL/day [150]. This would yield a monomer
concentration of 0.02 μg/mL, which would be acceptable for clinical applications.

7. Polymeric Materials for Antibacterial Photodynamic Therapy Against Periodontal Pathogens

Currently, mechanical debridement and antibiotic therapy are still the major approaches for
periodontitis treatment. However, conventional tools can hardly reach deep periodontal pockets.
The overuse of antibiotics could lead to drug-resistant bacteria. In the past decade, antibacterial
photodynamic therapy (aPDT) gradually attracted the attention of researchers, and several studies
on the efficient clearance of periodontal pathogens or biofilms using aPDT were reported [151,152].
aPDT is a promising antibacterial therapeutic approach for periodontal pathogens to make up for
the aforementioned shortcomings. aPDT involves three components: photosensitizer (PS), light,
and oxygen. For periodontal pathogens, PS should have properties of good biocompatibility, high
selectivity, high solubility, light stability, high quantum yield of reactive oxygen species (ROS)
generation having positive charge, and causing no staining on gingiva [153,154]. The ideal irradiation
light should be at red to near-infrared wavelengths to obtain a deeper penetration. As shown in
Figure 6, the mechanism of aPDT is that, after being excited by a specific wavelength of light, the PS
converts energy or electrons to generate ROS in the presence of molecular ground triplet state oxygen,
thus leading to bacterial cell death [155]. Generally, the bactericidal effect of aPDT can be attributed
to oxidative damage, including DNA damage and cell membrane system damage (biofilm matrix
destruction, lipid oxidation, cell surface damage, etc.) [156].

Figure 6. Schematic representation of mechanism of aPDT. Triggered by the light, ground state
photosensitizer transfer into excited singlet state and triplet state. The triplet state can undergo type I
(electron transfer) reaction and type II (energy transfer) reaction to produce singlet oxygen, which can
cause oxidative damage.

Recently, attention has been paid to biodegradable polymeric materials in PDT studies due to their
most remarkable properties of biocompatibility and low toxicity [157]. Regarding aPDT, application of
polymeric materials carries several advantages: (1) increasing positive charge of PS and enhancing
the binding between PS and bacteria; (2) reducing aggregation of PS and increasing its bioavailability;
and (3) serving as a carrier or scaffold with good biocompatibility and biodegradability.
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Periodontitis is a chronic infectious disease associated with Gram-negative bacteria. The cell
envelope of Gram-negative bacteria consists of an outer membrane, a thinner peptidoglycan layer and
a cytoplasmic membrane. Lipopolysaccharides (LPS) and the porins, the two main components of
the outer membrane, have the membrane barrier protection to allow only certain molecules to pass
through [158]. Negatively charged LPS molecules have a strong affinity for cations or cationic group.
In contrast, anionic and neutral group cannot be up-taken by bacteria, which hinders the effective
implementation of aPDT [159]. Thus, cationic PSs are considered to be used to overcome the initial
difficulty in aPDT.

Figure 7 depicts different strategies of PS modification by polymers for bactericidal effect
enhancement. In a recent study, compared with free methylene blue (MB) alone, MB-loaded PLGA
cationic nanoparticles showed greater bactericidal effect on microorganisms in both planktonic and
biofilm phase from human dental plaque samples collected from untreated patients with chronic
periodontitis (Figure 7A) [160]. With a concentration of 50 mg/mL, exposure to red light for 5 min with
a power density of 100 mW/cm2, MB-loaded PLGA cationic nanoparticles reduced bacterial viability
by approximately 60% from the planktonic PDT and 48% from the biofilm PDT [160]. In addition,
the effect of this MB-NP-based aPDT as an adjunctive treatment combining with ultrasonic scaling (US)
and scaling and root planning (SRP) showed a slightly better outcome than using US + SRP alone [161].
All clinical parameters including visible plaque and gingival bleeding indexes (GBI), bleeding on
probing and probing pocket depth in both groups showed the greatest improvement one month later.
However, US + SRP + aPDT showed a greater effect (28.82%) on GBI compared with US + SRP at three
months [161]. Similarly, indocyanine green-loaded nanospheres coated with chitosan (ICG-Nano/c)
was designed to cope with the clearance of P. gingivalis. ICG-Nano/c could adhere to the surface of
P. gingivalis and significantly reduced the number of P. gingivalis by an order of 2 log10(96.71%) to
4 log10(99.99%) [162,163]. In addition, the strategy of intermittent irradiation with air cooling also
improved therapeutic penetration and prevented tissue thermal damage [162]. This was probably
because the PLGA provided positive charge and helped aPDT to produce a sustained effect on the
periodontal lesions for a long time [164].

Figure 7. The various strategy of photosensitizer (PS) modification by polymeric materials to enhance
bactericidal effect: (A) PS-loaded PLGA nanospheres with cationic polymers; (B) a scaffold or a carrier
for PS; (C) PS binding to cationic peptide or polymers; (D) the structure of antibacterial multifunctional
nanoparticles Fe3O4-silane@Ce6/C6; and (E) the structure of nanoparticles NaYF4:Yb3+, Tm3+@TiO2.

Recently, a chitosan-based hydrogel containing 0.5% hydroxypropyl methylcellulose and toluidine
blue O with high adhesiveness was developed for the treatment of periodontitis [165]. Two major
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periodontal pathogens, A. actinomycetemcomitans and P. gingivalis biofilms, were used to evaluate the
bactericidal effects. When the irradiation power was higher than 32.4 J·cm−2 using 630 nm light, a
significant reduction in survival rate was observed in both single-species periodontal biofilms [165].
Furthermore, when the light dose was increased to 54 and 108 J·cm−2, A. actinomycetemcomitans
and P. gingivalis biofilms were completely eradicated, respectively [165]. Regarding periodontal
regeneration, two in-situ curable biomaterials, BioM1 and BioM2, were developed as support for PS
and had excellent mechanical and antimicrobial behaviors [15]. The BioM1 and BioM2 consisted of
urethane dimethacrylate and a tri-armed oligoester-urethane methacrylate, respectively. The PS was
composed of a mixture of β-tricalcium phosphate (β-TCP) microparticles and 20 wt % photosensitizer
mTHPC (Figure 7B). The BioM2 + PS with a single laser-illumination (652 nm) caused total suppression
of P. gingivalis, while BioM2 + PS with repeated irradiation reduced 3.1 log in CFU counts [15].

PS binding to various cationic peptide or polymers can enhance their loading into the bacterial
cells and target periodontal pathogens (Figure 7C). It was confirmed that aPDT with chlorin e6
(Ce6) and BLC 1010 suppressed periodontopathogenic bacteria [166]. Ce6-(Lys)5-OH (Ce6-5K)
conjugate broadened the spectrum of activity against periodontal pathogens, compared to the
pure Ce6. Ce6-5K showed a strong killing effect on almost all oral bacteria tested, and showed
at least six logs of killing for periodontal pathogens including P. gingivalis, A. actinomycetemcomitans,
and B. forsythus [167]. In addition, two types of polylysin-porphycene conjugates GlamTMPn
and BOHTMPn were synthesized to assess the development of resistance in bacterial cells [168].
The combination of polylysin-porphycene conjugates and bacterial cells was quite stable and showed
an extremely high photosensitivity on F. nucleatum with 60 s irradiation [168]. Considering the
precise targeting of aPDT, LiDps genetic construct was dual functionalized with SnCe6 and biotin
(KLFC-LiDps-B-SnCe6) for A. actinomycetemcomitans biofilm-targeting, producing light-activated
membrane disruption [169]. Streptavidin was used to couple biotinylated dodecamer to a biotinylated
anti-A. actinomycetemcomitans antibody, which increased the loading efficacy of photosensitizer onto
the bacterial cells. Light-induced activity of the targeted photosensitizer reduced the viability of
A. actinomycetemcomitans biofilm [169]. In addition, a Fotolon sensitizer, composed of Ce6 and
polyvinylpyrrolidone (PVP), obtained over 99.9% reduction in CFU in twenty Gram-positive and
thirty Gram-negative clinical anaerobic strains. The PVP increased the quantum yield and fluorescence
lifetime of Ce6, which contributed to the dispersion of particles and increased its bioavailability [170].

In recent years, nanoparticle-based PDT has become a hot research field in both tumor treatment
and antibacterial therapy [171–173]. Extensive efforts had been made on how to disturb the formation
of biofilms, and enhance the delivery of PS and its combination with bacteria to improve bactericidal
efficiency by using the nanoparticles in oral diseases [51,174,175].

For intra-pocket administration, a major disadvantage of traditional nanoparticles carrying
PS agents is the low delivery efficiency due to the drainage of gingival crevicular fluid and high
saliva fluid turnover. Therefore, efficient delivery and penetration of the antibacterial agent to
the exact site of infection is still highly desirable. In addition, real-time monitoring of the drug
consumption and distribution is another issue that should be taken into consideration. The unknown
effective dose of therapeutic agents reaching the disease site is an important uncertainty, and often
leads to over-dosing or insufficient dosing [176]. In a recent study, a novel type of multifunctional
nanoparticles Fe3O4-silane@Ce6/C6 was developed to trigger the aPDT for periodontal therapy,
as shown in Figure 7D [177]. Fe3O4 and PS molecules were encapsulated with amphiphilic silane,
which formed the hydrophobic interspace between the alkyl chains of silane and the octadecyl groups
of oleic acid being bonded on the surface of Fe3O4 NPs. The PS molecules were well dispersed inside
the nanocomposites. The hydroxyl of silane stretched out to enhance the water solubility. In addition,
to solve the real-time monitoring issue, dye Coumarin 6 (C6) hydrophobic organic molecules were also
encapsulated together inside the hydrophobic environment of silane via the hydrophobic interaction,
without increasing the particle size. Besides the imaging function with the efficient green emission
of C6, another advantage in this design was the real-time aPDT monitoring function [177]. The C6
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molecule was not sensitive to red light (630 nm wavelength) but could be co-excited with Ce6 by
405 nm wavelength. Therefore, by visual imaging monitoring of the ratio of the fluorescence of
Ce6/C6, the aPDT effect (Ce6 consumption) and distribution profile in periodontal pockets could
be monitored in real time. This facilitated the optimization of therapeutic doses and treatment
time-windows. Figure 8 shows the real-time monitoring and magnetic targeting functions of the
multifunctional nanoparticles. The in vitro antibacterial experiments showed that three single-species
periodontitis-related biofilm survival was reduced by about 4–5 orders of magnitude after 3 min of
irradiation by the 630 nm light (100 mW·cm−2) [177]. Therefore, the multifunctional design has great
potential for antibacterial applications to inhibit the occurrence and progression of periodontitis.

Visible light is usually used as the main light source to trigger the PS for periodontal therapy.
Red light is used as the excited light source since it can penetrate deeper than violet, blue, green,
or yellow lasers [178]. However, the limited penetration depth of visible light cannot reach deep
periodontal pocket to disturb or clear the periodontal pathogens. There is a biological tissue window
ranging from 700 nm to 1100 nm in the near-infrared (NIR) light. The excitation of NIR light provides
a deeper penetration and lower autofluorescence, and reduces phototoxicity and photodamage side
effects [179]. Titanium dioxide (TiO2) is widely used as a catalyst because of its high stability and good
photocatalytic activity. ROS produced by photocatalysis of TiO2 has high bactericidal and sterilizing
effects on oral pathogens [180]. However, one major concern about TiO2 application is that it can
only be activated by ultraviolet (UV) light due to its wide band gap energy of 3.2 eV. Furthermore,
the irradiation of UV light may cause DNA damage and cell death. Recently, various upconversion
nanoparticles (UCNs) have been developed to solve this problem and are applied widely in cancer
therapy. However, little research has been performed on antimicrobial and bacteriostasis. Under
near-infrared light irradiation, the UCN core converts the low energy NIR light to high energy UV light,
which induces the photocatalysis activity of TiO2 via an anti-Stokes emission process. Based on this
mechanism, a recent study synthesized a core–shell structured NaYF4:Yb3+, Tm3+@TiO2 (TiO2-UCNs)
which was applied in aPDT for periodontal pathogens (Figure 7E). The UCN cores, NaYF4:Yb3+, Tm3+,
were synthesized by thermal decomposition in an oleic acid system [181]. Polyvinylpyrolidone (PVP)
was added for the modification of the surface of UCNs. Subsequently, titanium n-butoxide served as a
titanium precursor to coat the TiO2 shell on the surface of the UCNs under hydrothermal reactions.
The results showed that TiO2-UCNs had excellent antibacterial activity against periodontal pathogens
including P. gingivalis and F. nucleatum. Reductions of 4–5 orders of magnitude in bacteria CFU were
achieved in the light groups. At 4 h after the initial irradiation of 2.5 W·cm−2 for 5 min, the suspension
of bacteria was almost cleared when the concentration of drugs was at 2 mM. Therefore, NIR-triggered
aPDT is a promising approach for effective periodontitis treatment.
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Figure 8. Real-time monitoring and magnetic targeting functions of multifunctional nanoparticles:
(A) Ratio metric intensity of Ce6/C6 based on the grayscale value of the confocal images from different
detection channels in the irradiation time 0–130 s. Inset: The first two and last two images for illustration
of the Ce6 consumption. (B) Comparison of aPDT effect in the presence of Fe3O4-silane@Ce6/C6
magnetic nanoparticles (MNPs, 2.5 μM Ce6) with and without external magnetic field. (i) aPDT
effect of Fe3O4-silane@Ce6/C6 MNPs without magnetic targeting: (Left) schematic diagram; (middle)
photograph showed culture dish without the magnet; and (right) live/dead image in yellow pane.
(ii) aPDT effect of Fe3O4-silane@Ce6/C6 MNPs with magnetic targeting: (Left) schematic diagram;
(middle) photograph showed culture dish with the magnet; and (right) live/dead image in the yellow
pane. Live bacteria were stained green. Dead bacteria were stained red. Samples without magnet
showed primarily dead bacteria. Samples with magnet had primarily dead bacteria in the magnetic
region. (Reproduced with permission from [177]. Elsevier, 2019.)

Despite of many publications on the use of aPDT to combat periodontal pathogens and biofilms,
several problems remain. For instance, PS parameters, the strategy of surface modification and doses
of PS, and irradiation intensity which determines the type and kinetics of bio-distribution and toxicity
at the cellular and tissue level, should be strictly tested to ensure minimal toxicity. In addition,
the efficient PS delivery, organ distribution, accumulation, retention, degradation, metabolism and
clearance properties should be investigated at the organ level. It is essential for PS to enhance the
selectivity of the pathogens without killing the benign microflora in oral environment. Another concern
is that the irradiation intensity should be strictly and repeatedly tested before clinical application to
avoid oxidative damage to the host cells. In addition, in vivo studies should be performed in animal
models to confirm the feasibility for clinical applications. Further studies are needed to solve these
problems for clinical application to be successful.

8. Conclusions

This article reviews cutting-edge research on antibacterial properties of novel polymeric materials
against periodontal pathogens and oral biofilms. The focus was particularly on antibiotics delivery,
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functional GTR membrane, dental composite and bonding agents for decay restoration, and PS
modification for aPDT enhancement. Due to increasing resistance development, there is a need to find
delivery systems compatible with a diversity of antibacterial agents. Novel polymers offer meritorious
opportunities and are compatible with a wide range of antibiotics to combat periodontitis. Endowing
GTR membranes with antibacterial functions could not only benefit tissue regeneration, but also
lower the risk of infection. In addition, the new generation of resins for Class-V restorations offers
strong protein-repellent and antibacterial capabilities against periodontal biofilms, and is promising to
improve a wide range of dental treatments. Furthermore, polymer modification of PS could increase the
dispersion of PS and improve its bioavailability, thus enhancing the aPDT effects against periodontal
pathogens. Therefore, the novel bioactive and therapeutic polymers have great potential for treating
periodontal disease and other dental diseases.
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Vladimír Kopecký Jr. 1, Eva Kočišová 1, Tomáš Pazderka 1, Václav Čeřovský 2 and

Lucie Bednárová 2,*

1 Institute of Physics, Faculty of Mathematics and Physics, Charles University, Ke Karlovu 5,
121 16 Prague 2, Czech Republic; pazderkova@karlov.mff.cuni.cz (M.P.); malonp@karlov.mff.cuni.cz (P.M.);
vlastimil.zima@gmail.com (V.Z.); hofbauer@karlov.mff.cuni.cz (K.H.); kopecky@karlov.mff.cuni.cz (V.K.J.);
kocisova@karlov.mff.cuni.cz (E.K.); tomas.pazderka@matfyz.cz (T.P.)

2 Institute of Organic Chemistry and Biochemistry, v.v.i., Academy of Sciences of the Czech Republic,
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Abstract: We have investigated structural changes of peptides related to antimicrobial peptide
Halictine-1 (HAL-1) induced by interaction with various membrane-mimicking models with the aim
to identify a mechanism of the peptide mode of action and to find a correlation between changes of
primary/secondary structure and biological activity. Modifications in the HAL-1 amino acid sequence
at particular positions, causing an increase of amphipathicity (Arg/Lys exchange), restricted mobility
(insertion of Pro) and consequent changes in antimicrobial and hemolytic activity, led to different
behavior towards model membranes. Secondary structure changes induced by peptide-membrane
interaction were studied by circular dichroism, infrared spectroscopy, and fluorescence spectroscopy.
The experimental results were complemented by molecular dynamics calculations. An α-helical
structure has been found to be necessary but not completely sufficient for the HAL-1 peptides
antimicrobial action. The role of alternative conformations (such as β-sheet, PPII or 310-helix) also
seems to be important. A mechanism of the peptide mode of action probably involves formation of
peptide assemblies (possibly membrane pores), which disrupt bacterial membrane and, consequently,
allow membrane penetration.

Keywords: antibacterial peptides; halictine; circular dichroism; fluorescence; infrared spectroscopy

1. Introduction

Antimicrobial peptides (AMPs) are important participants in the initial response of immune
systems and have been found in nearly all living organisms including bacteria, fungi, plants and
animals [1–4]. Potentially, they offer alternatives to disease treatment as a replacement for common
antibiotics, without disadvantages like resistance, allergies, etc. Many AMPs have been isolated
and subsequently synthesized together with their analogs. Their antibacterial activities have been
determined against Gram-negative and Gram-positive bacteria as well as against cancer cells [1,5–8].
A general lack of new antibiotics for the treatment of Gram-negative infections and a continuous
increase in multi-drug resistance has recently caused a wave of interest in possible mechanisms
of AMP action. One of the recognized effects is their ability to disrupt bacterial membranes via
non-specific electrostatic interactions with the membrane lipid components [1]. There are two
recognized common and important criteria for functionally active AMPs. These include a network of
cationic charges and the ability to adopt an amphipathic structure, where hydrophobic and hydrophilic
parts form oppositely oriented domains upon interaction with negatively charged bacterial membranes.
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The possible mechanisms of AMP action fall into two basic categories: (1) formation of pores in bacterial
membranes via transmembrane penetration (e.g., the barrel stave and toroidal pore models) or (2)
disruption of membranes (e.g., the carpet and detergent models) [1,8–11]. These then lead to the
breakdown of the transmembrane potential causing leakage of the cell contents and finally cell death.
The physico-chemical concept of such antibacterial action has been discussed and particular attention
has been paid to changes of the phase state of the membrane [12–14].

Quite importantly, AMPs exhibit high preference for bacterial over mammalian cells. This
is probably associated with known significant differences between mammalian and bacterial cell
membranes [5,6,12,15,16]. The type of mammalian cell membrane is represented by the plasma
membrane of red blood cells. This membrane consists of about 60% phospholipids and 25% cholesterol.
Distribution of phospholipids between outer and inner lipid leaflets of the bilayer is asymmetric with
neutral phospholipids phosphatidylcholine and sphingomyelin exposed to the extracellular matrix.
On the other hand, negatively charged lipids such as phosphatidylglycerol, diphosphatidylglycerol
or cardiolipin and the zwitterionic phosphatidylethanolamine are the main constituents of the
cytoplasmic membrane of both Gram-positive and Gram-negative bacteria (having an additional
layer of peptidoglycan and an outer membrane layer composed mainly of lipopolysaccharides). In a
simplified way, the AMPs are exposed to a neutral membrane surface in the case of mammalian cells
and to a negatively charged surface in the case of bacteria.

Within the last decade, several original discoveries of AMPs isolated from the venom of
Hymenoptera insects have been made and described by our collaborators [17–22]. Biological activities
of these new AMPs have been determined and compared to the activities of their synthesized
analogs to consider their eventual pharmacological application. Based on initial electronic circular
dichroism (ECD) investigations, the peptides may undergo substantial structural changes in the
presence of simple membrane-mimicking models such as 2,2,2-trifluoroethanol (TFE) and sodium
dodecyl sulfate (SDS). Moreover, peptide structural behavior can be substantially affected by primary
structure modifications. In our initial study of peptides related to Halictine-1 (HAL-1), a short linear
AMP containing 12 amino acids isolated from the venom of the eusocial bee Halictus sexcinctus,
we demonstrated that HAL-1 and its analogs are able to form amphipathic structures when in
α-helical conformation [19]. A subsequent detailed spectroscopic study of the natural HAL-1 [23]
resulted in a nontrivial picture involving not only a significant role of α-helical conformation but
also an important role of other arrangements including random coil, β-structure and/or polyproline
II (PPII) structures. Overall, the results presented overwhelming complexity and implied a need
for additional, more detailed studies. Here, we focus in detail on physico-chemical properties and
structure-activity relations of peptides related to HAL-1 including their geometries, conformation
and dynamic behavior in various situations like in solutions, or in interaction with different
membrane models. Conformational changes have been induced by an interaction with (a) TFE—an
α-helix forming solvent [24], (b) SDS micelles—a very simple bacterial membrane model [25,26]
and also by (c) liposomes of different phospholipid composition presented by a combination
of various concentration mixtures of 1,2-dimyristoyl-sn-glycerol-3-phosphatidylcholine (PC) and
1,2-dimyristoyl-sn-glycero-3-phospho-(1′-rac-glycerol) (PG)—systems more accurately mimicking
mammalian and bacterial membranes [25,26].

Inspired by the already presented analogues with specific sequence modifications and their
known biological activities [19], here, we present a study of HAL-1 analogs (Table 1) with possible
therapeutic potential (i.e., the analogs exhibiting potent activities against various pathogens while
having substantially reduced hemolytic activity against red blood cells). Particularly, HAL-1/10 and
HAL-1/20 analogs look promising for potential therapeutic applications because these peptides lack
undesired hemolytic activities, while their antibacterial potencies, especially against P. aeruginosa, are
higher than for natural HAL-1. A combined use of infrared (IR), circular dichroism (electronic (ECD)
and vibrational (VCD)) and fluorescence spectroscopies allows us to obtain complex information about
structural changes of the peptides upon interaction with model membranes. The set of IR, ECD, and
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fluorescence spectroscopy experiments performed at room temperature is complemented by time- and
temperature-dependent ECD measurements, which allows us to distinguish and describe even subtle
conformational changes of the peptides in interaction with membrane-mimicking environments,
and by ECD and VCD study of a concentration dependency of HAL-1 analogs. Utilization of
these experimental methods might help us to better understand the relation between the peptide
primary/secondary structure changes and elucidate the mechanisms of the HAL-1 peptides action.
A correlation between the peptide structural changes and biological activities can be also determined.
The experimental data are compared to molecular dynamics (MD) simulations of HAL-1 in interaction
with model membranes.

Table 1. Amino acid sequences, physico-chemical and biological properties (μH is the hydrophobic
moment, and H represents the mean hydrophobicity, calculated according to [27]), of the studied
antibacterial HAL-1 peptides. Data were taken from ref. [19]. Point mutations with respect to the
natural HAL-1 peptide are underlined. The Schiffer−Edmundson wheel projection of the HAL-1 and
its analogs is depicted below the table.

Acronym Sequence MW (Da) Charge μH H
Antimicrobial Activity MIC (μM) Hemolytic

LC50 (μM)
B.1 S.2 E.3 P.4

HAL-1 GMWSKILGHLIR 1408.9 +3 0.380 −0.004 0.8 7.7 3.8 45.0 82

HAL-1/2 GMWSKILGPLIR 1368.8 +3 0.361 +0.023 3.6 >100 30.0 >100 >200

HAL-1/6 GMWSKILGHLIK 1380.6 +3 0.323 +0.051 1.3 15.8 7.2 65.0 132

HAL-1/10 GMWKKILGKLIR 1440.9 +5 0.416 –0.133 0.8 15.0 2.3 13.1 >200

HAL-1/20 GKWSKILGKLIR 1396.9 +5 0.473 –0.176 1.7 21.7 2.3 28.3. >200

 

1 Bacillus subtilis, 2 Staphylococcus aureus, 3 Escherichia coli, 4 Pseudomonas aeruginosa.

2. Results and Discussion

In our study, we investigate effects of changes in ionicity, hydrophobicity, flexibility and/or
amphipathicity of the chosen peptides induced by an exchange of selected residues by Lys and Pro
residues (see Table 1) on their structural behavior in membrane-mimicking environments represented
by TFE, SDS micelles and phosphatidylcholine/phosphatidylglycerol-based liposomes. Based on the
simple peptide structural prediction [28], the substitution of amino acids Ser4 and His9 (HAL-1/10),
Met2 and His9 (HAL-1/20) or Arg12 (HAL-1/6) by Lys stabilizes the α-helical conformation, and the
replacement of two amino acids by Lys (HAL-1/10 and HAL-1/20) improves the helical amphipathicity
of the peptides (see Table 1). On the contrary, insertion of Pro9 (HAL-1/2) may cause structural
irregularity, as Pro often breaks regular structures.

2.1. Structural Changes Followed by ECD

2.1.1. Structural Changes Due to the Presence of TFE and SDS

Native HAL-1 in the aqueous environment, as well as all HAL-1 analogs, show a predominantly
unordered structure, characterized by a negative ECD band at ~198 nm [29] (Figure 1). Upon addition
of TFE, ECD spectra undergo a shape change. Formation of double negative minima at ~205 and 222 nm
indicates a gradual appearance of an α-helical component (an isodichroic point at 202 nm suggests
a two-state conformational change) (not shown). According to the two-state model [30] (Table A1),
the presence of 30% TFE (v/v) causes a ~20−30% increase in the α-helical content, depending slightly
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on the particular primary structure. In the presence of SDS, the spectral changes appear more
complex (Figure 1). The process conditioned by SDS is contributed not only by unordered and
α-helical conformations, but also by secondary structures like a β-sheet or PPII helix [31]. Interaction
with various proportions of SDS occurs in several stages, and a simple process of the two-state
equilibrium does not describe sufficiently all the observed structural changes (Tables A1 and A2).
At low concentrations (less than 2 mM, i.e., below critical micelle concentration (cmc)) SDS causes
an intensity decrease of ECD curves. In the case of HAL-1/6 (Arg12 replaced by Lys), this process
causes even a sign flip. At low concentrations SDS does not act as a membrane model but serves as a
denaturation agent [32], thus the ECD curves under such conditions offer two possible explanations:
either the original unordered/PPII structure adopts a conformation with a higher β-sheet content, or
it becomes a truly statistical random conformation due to an interaction with SDS molecules. These
two structures can hardly be distinguished on the basis of ECD. Rather different spectral behavior
is observed for the analog HAL-1/20, for which the formation of a positive band at 194 nm and
negative bands at 208 and 222 nm typical for α-helical conformation is observed even for 0.16 mM SDS
concentration (i.e., far below cmc). Moreover, the ECD bands at 194 and 222 nm exhibit, under these
conditions, the highest spectral intensities. Formation of the α-helical conformation for HAL-1/20
below cmc could be due to the substitution of Met2 by Lys which favors interaction with anionic SDS
molecules and increases the peptide polarity and amphipathicity (see Table 1) [27]. For all the analogs
except for HAL-1/20, with the increase of SDS concentration above cmc (i.e., when SDS starts acting as
a crude membrane model) [33], we observe a pronounced increase of the α-helical content (formation
of negative maxima at 208 and 222 nm and an increase of overall spectral intensity; Figure 1). For these
peptides, additional spectral changes appear with a further increase of SDS concentration above 8 mM.
At first the negative maximum at 208 nm shifts to 205 nm with the preserved band intensity, and the
intensity of the negative maximum at 222 nm discernibly decreases. Then, an overall ECD intensity
decreases and the maxima at 205 nm and 222 nm shift to 206 nm and 219 nm, respectively. This could
be due to an additional formation of 310-helix, PPII or β-structure [34]. For HAL-1/20 such spectral
changes are observed for SDS concentration above 4 mM SDS.

Figure 1. ECD spectra of HAL-1 and its analogs (0.125 mg/mL) in aqueous solution and in the presence
of SDS (0.16, 2, 4, 8, and 16 mM).

The numerical ECD analysis confirms these qualitative findings (Table A1). As for HAL-1, for
HAL-1/6 and HAL-1/10 the maximal α-helical content is achieved in 2 mM SDS while for HAL-1/20,
it is maximal in 0.16 mM SDS. For SDS concentration above 4 mM, numerical analysis indicates a slight
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decrease of the α-helical and unordered structure content and a subtle increase of β-structures (β-sheet
and β-turn) for all the peptides except for HAL-1/20. For 16 mM SDS, the α-helical structure still
dominates at the expense of other structures (Table A2). As expected, the substitution of His9 by Pro in
HAL-1/2 decreases the ability of the peptide to form an α-helix (the α-helical fraction does not exceed
50%). However, the numerical ECD data analysis, even with included PPII and the 310-helical structure,
can provide only a rough estimation of observed spectral changes depending on the available reference
set [35–38].

We have previously suggested that, for natural HAL-1, additional spectral changes in the presence
of SDS could originate in an alternation of the PPII structure content [23]. In order to recognize the PPII
structure in ECD spectra of HAL-1 analogs in SDS solution, we have combined differential ECD spectra
with ECD spectra of the thermal denaturation (Figures 2 and 3) [31,39,40]. For all the studied peptides,
differential ECD spectra indicate that a temporary increase of the α-helical content is followed by an
additional structural reorganization—probably either a PPII structure formation or a decrease of a
β-sheet content characterized by a positive band at ~225 nm, whose intensity increases with increasing
SDS concentration (Figure 2). HAL-1/2 undergoes these changes only moderately, probably due to the
presence of Pro residue, which may cause conformational stiffness. The temperature-dependent ECD
spectra of HAL-1 analogs exhibit similar features. At low temperature (5 ◦C) they show the negative
band at ~199 nm and the weaker positive band at ~220 nm (Figure 3). With a temperature increase,
both of these bands decrease in intensity. An isodichroic point at ~210 nm indicates a two-state
transition with decreasing PPII structure content [31,39]. At low temperature (5 ◦C), distinct spectral
intensities of the analogs’ ECD curves indicate differences in peptide structural arrangement. While
HAL-1/10 seems to have the highest portion of PPII structure and higher flexibility, HAL-1/20 appears
to possess the highest fraction of unordered structure and less flexibility in its arrangement. Principal
component analysis (PCA) indicates that thermal denaturation of the peptides probably leads to an
increase of the β-structure content at the expense of decreasing percentage of unordered and/or PPII
conformations [39] (Figure A1). Higher temperature seems to have similar effects on the peptides’
secondary structure if SDS acts as a denaturant (i.e., below cmc). The observed trends support the
assumption that PPII conformation allows the polypeptide chain to switch easily to an α-helical or
β-sheet and β-turn conformation [31,39].

Figure 2. Difference of ECD spectra of HAL-1 and its analogs (0.125 mg/mL) in 8 mM SDS and in
16 mM SDS. ECD spectrum of the sample with the highest α-helical content in SDS solution (4 mM SDS
peptide solution for HAL-1/2, HAL-1/6, HAL-1/10, and 0.16 mM SDS peptide solution for HAL-1/20
is taken as a reference). ECD spectra of the peptides in aqueous solution are depicted for comparison.
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Figure 3. Thermal dependence of ECD spectra of HAL-1 and its analogs (0.125 mg/mL) in aqueous
solution. The arrows show the direction of spectral changes with temperature increase from 5 to 90 ◦C
(with a step of 10 ◦C).

2.1.2. Structural Changes Due to the Presence of LUVs

Neutral large unilamellar vesicles (LUVs) composed of PC were used as simple models of
mammalian membranes. Similar to the natural HAL-1 [23], only subtle structural changes are observed
in the ECD spectra of all the HAL-1 analogs upon addition of PC-based LUVs (Figure 4, Table A3).
Slight conformational changes observed for HAL-1/2 and HAL-1/20 (Figure 4) likely correspond to
an increase of β-sheet proportion. For HAL-1 and in part also for HAL-1/6, an α-helical structure
can be induced when very high lipid/peptide (L/P) ratios (~600) are used (not shown). However,
under such conditions, thorough analysis of ECD data is rather difficult due the limitations of ECD
experiments (at high lipid concentrations, ECD spectra may be obscured due to light scattering on
liposome molecules). The ability of all HAL-1 peptides to form the α-helical structure is enhanced in
the presence of negatively charged PG-containing LUVs, representing a simple bacterial membrane
model. Similar to HAL-1, for the proline-containing analog HAL-1/2, this enhancement is maximized
with liposomes containing the highest fraction of PG (PC/PG = 1:4). For the other analogs, the maximal
α-helical content is observed for the liposomes having the same fraction of PC and PG (PC/PG = 1:1)
while an additional formation of β-structure occurs in the presence of the liposomes with the highest
fraction of PG (PC/PG = 1:4) (Table A3). In order to obtain additional information about the structural
stability of the peptides in the presence of PC/PG liposomes (composed of PC/PG in the 1:4 ratio),
a time dependence of ECD spectra in the 280-min time interval has been studied for HAL-1 and its
analogs HAL-1/2, HAL-1/6 and HAL-1/20 (Figure 5). The most pronounced spectral changes with
time have been observed for HAL-1/20. This peptide shows the highest tendency to form a β-structure
immediately upon interaction with PC/PG liposomes. A portion of the α-helical structure increases
with time to a similar degree as for HAL-1/2. Following the PCA results (Figure A2), this structural
change is compensated by a continuous β-structure content decrease. The structural behavior of
HAL-1 seems to be comparable to HAL-1/6, with relatively small structural changes represented by a
slight increase of the α-helical content. As expected, only minor structural changes are observed for
HAL-1/2 (Figure 5).
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Figure 4. ECD spectra of HAL-1 and its analogs (0.125 mg/mL) in aqueous solution and in the presence
of LUVs (L/P = 20) prepared from PC and PC/PG mixtures: 4:1, 1:1 and 1:4.

Since the liposomes composed of PC/PG in various ratios roughly simulate bacterial and
mammalian membranes, an attempt can be made to correlate the secondary structure changes inferred
from the experimental ECD spectra with the peptide biological properties. The observed very limited
interactions of HAL-1 analogs with the mammalian membrane (PC-based) models seem to correlate
with their low (or none) hemolytic activities. Rather hemolytic analogs HAL-1 and HAL-1/6 show
some reduced tendency to form the α-helical structure but such conformational change is induced only
by a significant increase in lipid concentration. This is probably caused by the fact that the peptide
activity against mammalian cells is much lower (~10–100×) than against bacterial cells, and the peptide
propensity to interact with mammalian membrane model is therefore notably reduced. Behavior of the
HAL-1 peptides towards PG-containing LUVs is very different. According to our data, all the HAL-1
analogs show a tendency to become α-helical upon this interaction. As the highest α-helical fraction is
observed for HAL-1/6, which is less active than the native HAL-1, it seems that biological activities
of the peptides are not solely determined by their propensity for forming an α-helical structure. The
spectral changes observed for the HAL-1 analogs in interaction with liposomes of various PC/PG
compositions indicate that, similar to the peptide behavior in the presence of SDS micelles (see above),
an additional formation of β-structure and/or PPII conformation cannot be excluded and could be
also important for their biological activities.
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Figure 5. Time dependence of ECD spectra of HAL-1 and its analogs (0.125 mg/mL) in PC/PG = 1:4
mixtures (L/P = 20), measured within a 280-min time interval after the sample preparation with a
12-min step. The arrows show the direction of spectral changes with time.

2.2. Structural Changes Followed by Infrared Spectroscopy

IR spectroscopy is sensitive to the β-sheet and β-turn structure and its combination with ECD
may provide further conformational details. IR experiments can be carried out in aqueous solution
(H2O or D2O), and the structure assignment is based on band positions within the amide I region
(1600−1700 cm−1). For the peptides measured in H2O, it is usually difficult to distinguish between
the α-helical and disordered structures because the corresponding amide I bands can occur in the
same spectral range. This problem may be partially solved using hydrogen/deuterium exchange,
which significantly reduces the α-helix and disordered structure amide I band overlaps [41]. For the
natural HAL-1 measured in H2O, the amide I band positioned at ~1646 cm−1 indicates that the peptide
is mainly in a random coil conformation [42] with a minor contribution of β-turns (a shoulder at
~1682 cm−1) [43]. Such assignment is confirmed by the IR measurements in D2O, where a band
at ~1641 cm−1 (Figure 6, Table A4) can be again assigned to the random coil structure and bands
at ~1658 and 1675 cm−1 to β-turns [41]. Upon addition of TFE (10–50% v/v), IR spectra of HAL-1
exhibit a blue shift of the amide I band from ~1646 to ~1656 cm−1 (Figure 6, Table A4), suggesting
a secondary structure change from the random coil to the α-helical structure [42,43]. An additional
band at ~1630 cm−1 suggests an occurrence of a β-sheet structure, and a band at ~1621 cm−1 indicates
formation of intermolecular hydrogen bonds, typical for peptide aggregation [42,44]. The band at
~1683 cm−1, due to the β-turn structure, remains at the same position. A similar spectral shift of the
band at ~1645 cm−1 to 1657 cm−1 indicating a conformational change from the random coil to the
α-helical structure is observed in the IR spectra of HAL-1 interacting with SDS (2–8 mM). In 8 mM
SDS, the presence of a shoulder at ~1686 cm−1 together with a spectral band at ~1631 cm−1 suggests
formation of the β-sheet structure [23,41]. Spectral shift of the band at ~1646 to 1657 cm−1 can be
interpreted in terms of a formation of the α-helical structure. This assumption is confirmed by an
analogous measurement of the same concentration dependence in D2O (Figure 6, Table A4) where the
main spectral component shifts from 1641 cm−1 (a disordered structure) in D2O to ~1650 cm−1 (an
α-helical structure [42]) in SDS at a concentration above cmc (8 mM). The high-frequency component
at ~1682 cm−1 downshifts to 1676 cm−1, most probably due to a β-sheet structure formation [42].
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These findings are in agreement with the results of ECD analysis, showing that, besides the α-helical
structure, the β-sheet structure is also present.

 
Figure 6. IR spectra (top) and their second derivatives (bottom) of HAL-1 (10 mg/mL) in (a) the
presence of TFE (0%, 20%, and 50%); (b) of SDS/H2O solution (0.016, 2, 4, 8, and 16 mM SDS). (c) of
SDS/D2O solution (2, 4, 8, and 16 mM SDS).

IR spectrum of HAL-1/2 in H2O is dominated by a band at ~1648 cm−1 due to the presence of a
random coil structure. An additional band at ~1684 cm−1 and a shoulder at ~1636 cm−1 indicate a
minor portion of β-turn and β-sheet conformation [42]. Upon addition of SDS, the band at 1648 cm−1

diminishes and a dominant component at ~1655 cm−1 shows prevailing α-helical structures. Addition
of SDS again seems to cause a change in the β-structure arrangement, as in 8 mM SDS, there are only
two corresponding bands at ~1686 and 1639 cm−1. Formation of a low-frequency band at ~1623 cm−1

indicates a partial peptide aggregation. Similar to HAL-1, IR spectrum of HAL-1/6 in water (Figure 7)
is dominated by an amide I band at ~1646 cm−1 indicating prevailing random coil structure, and a
lower-intensity component at ~1682 cm−1 assigned to β-turns [42]. Upon addition of SDS, the main
amide I component shifts to ~1655 cm−1 (in 8 mM SDS), again hinting at a transition from a random coil
to an α-helical structure. This process is accompanied by diminishing of the β-turn band at ~1682 cm−1

and formation of a band at ~1694 cm−1, implying a conformational change from the β-turn to β-sheet
conformation [42]. IR spectrum of HAL-1/10 (Figure 7, Table A4) in H2O has the main feature at
~1643 cm−1 which can be assigned either to the random coil, or the β-sheet structure [41,42]. As for
HAL-1, a lower-intensity band at ~1681 cm−1 suggests the presence of β-turns [42]. Conformational
behavior of HAL-1/10 upon addition of SDS is practically the same as for HAL-1/6 (not shown). While
the IR spectrum of HAL-1/20 (Figure 7, Table A4) in H2O is (similar to HAL-1/10) dominated by a
band at ~1642 cm−1 due to either random coil, or β-sheet structure [41,42], a shoulder at ~1656 cm−1

indicates, in this case, a minor contribution of the α-helical structure [42]. Upon addition of SDS, the
band at ~1642 cm−1 diminishes and a new band at ~1651 cm−1 is formed, indicating a conformational
change to α-helical and/or random coil structure. The higher-frequency component, which shifts to
~1659 cm−1, can be assigned to a 310-helix [45]. In addition, we observe a new band at ~1692 cm−1,
reflecting the β-sheet structure formation [42].
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Figure 7. IR spectra (top) and their second derivatives (bottom) of HAL-1/2, HAL-1/6 and HAL-1/20
(10 mg/mL) in the presence of SDS (0, 2, 4, and 8 mM).

We have already shown that the secondary structure of HAL-1 in interaction with LUVs depends
on LUV composition [23]. In the presence of neutral PC-based liposomes (a model of a mammalian
membrane [1]), the dominant amide I band shifts to ~1652 cm−1 probably due to the simultaneous
presence of a random coil and an α-helical structure. Bands at ~1686 and 1619 cm−1 relate to the
formation of β-turns and β-sheet aggregates (Table A3). With an increasing fraction of negatively
charged PG in the liposomes, the β-aggregates (the band at ~1619 cm−1) almost disappear and the
α-helical structure content increases (formation of a band at ~1655 cm−1) with a continuous diminishing
of the β-turn content (the band at ~1686 cm−1). IR spectra of HAL-1/2 (Figure 8, Table A4) display
a notable spectral shift of the amide I band (from ~1648 to 1656 cm−1) already in the presence of
neutral PC-based liposomes indicating a conformational change from an unordered to the α-helical
structure. The highest α-helical fraction is observed for HAL-1/2 interacting with negatively charged
liposomes composed of PC/PG in a 1:4 ratio. An increase in α-helical structure content is accompanied
by diminishing of the β-sheet bands (at ~1640 and 1690 cm−1) and also some minor changes in the
β-turn arrangement (a slight shift of the band at ~1685 cm−1 to 1681 cm−1). Similar to HAL-1/2,
the formation of a band at ~1657 cm−1, indicating an increase in the α-helical structure content, is
observed also for HAL-1/6 upon addition of neutral PC-based liposomes (Figure 8). An additional
band at ~1639 cm−1 is probably due to the β-sheet structure formation.
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Figure 8. IR spectra (top) and their second derivatives (bottom) of HAL-1 and its analogs (10 mg/mL)
in the presence of LUVs having different composition: in aqueous solution and in the presence of LUVs
prepared from PC and PC/PG mixtures: 1:1 and 1:4.

For HAL-1/10 in the presence of LUVs, with an increasing fraction of PG in the liposomes, we
observe diminishing of the band at ~1643 cm−1 and formation of a band at ~1656 cm−1, indicating
again a transition from β-sheet and/or random coil structure to α-helical structure. This process
is accompanied by diminishing of the band at ~1681 cm−1 assigned to β-turns and formation of a
band at ~1690 cm−1 probably due to β-sheet structure occurrence [41,42] (Figure 8, Table A4). FTIR
spectra of HAL-1/20 in the presence of neutral PC-based liposomes indicate the formation of β-sheet
aggregates (band at ~1626 cm−1). A dominant spectral component at ~1663 cm−1 can be probably
assigned to the 310-helical structure. These two spectral features disappear with an increasing fraction
of PG in the liposomes and we observe formation of a band due to the α-helical structure (positioned
at ~1658 and 1654 cm−1 in the presence of liposomes composed of PC/PG in the 1:1 and 1:4 ratio,
respectively). For this analog, bands assigned to the β-sheet (at ~1634 and 1694 cm−1) and β-turn
structures (at ~1681 cm−1) can be observed even in the presence of liposomes with the highest PG
fraction (PC/PG in the 1:4 ratio).

IR spectroscopy confirms induced conformational change from the random coil to the α-helical
structure in the biologically active HAL-1 analogs upon interaction with the bacterial membrane
models and complements ECD results by providing information about the β-structure formation.
Based on the results of IR analysis, spectral changes in ECD curves observed for the peptides interacting
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with SDS in concentration far above cmc and for PG-containing LUVs are probably due to changes
in the β-sheet content. Behavior of HAL-1 peptides towards LUVs reveals (a) in accordance with
biological data, the most active natural HAL-1 shows the lowest tendency to form β-aggregates and
the β-sheet structure upon interaction with PG-containing LUVs; (b) contrary to the ECD results,
all HAL-1 analogs adopt some portion of the α-helical structure already in the presence of neutral
liposomes (representing a crude model of mammalian cells, against which the peptides have no
or very low activity). This rather surprising conformational behavior could be caused by different
experimental conditions used for the measurements of IR and ECD spectra (IR experiments require
~100× higher peptide concentration than ECD measurements, see experimental conditions for ECD
and IR measurements in the Materials and Methods section). It seems that under such conditions, the
peptides tend to form specific assemblies, adopting a conformation with a high α-helical content.

2.3. Concentration Dependence Measurements

In order to clarify the discrepancy between the results of the peptide conformational analyses
obtained by ECD and IR, we have complemented our study by a measurement of concentration
dependencies of ECD spectra of the HAL-1 peptides (Figure 9). Our ECD data indicate that with
increasing peptide concentration, the unordered/PPII conformation changes to a partially α-helical
conformation for all the studied analogs except for HAL-1/2, which seems to form β-aggregates when
its concentration reaches 100 mg/mL. In order to determine the peptide conformational change induced
by its high concentration more specifically, we have performed measurements of VCD spectra of the
peptides (Figure 10) using the highest peptide concentration studied by ECD (i.e., 100 mg/mL). VCD
measurements supported the results of ECD analysis, confirming that at high peptide concentration,
HAL-1 and its analogs HAL-1/6, HAL-1/10, and HAL-1/20 spontaneously form the α-helical structure,
indicated by a negative/positive VCD couplet in the amide I region [46–48]. On the contrary, the
HAL-1/2 analog (Figure 10b) seems to undergo a distinct conformational change, forming highly
organized β-sheet aggregates (β-sheet fibrils) characterized by an intense five-peak VCD signal with
the (−/−/+/−/−) sign pattern in the amide I and II region [49–51]. Interestingly, a tendency to form
the α-helical structure at high peptide concentration is common for all the HAL-1 analogs except
for HAL-1/2, which exhibits the most reduced biological activity. It is therefore possible that for
the peptide biological action, formation of specific assemblies with a high α-helical content might be
also important.

Figure 9. Concentration dependence of ECD spectra of HAL-1 and its analogs: 0.1, 10, 100 mg/mL.
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Figure 10. (a) VCD (top)/IR (middle)/second derivatives of IR spectra (bottom) of HAL-1, HAL-1/6,
HAL-1/10, and HAL-1/20 in aqueous solution for samples in the 100 mg/mL concentration; (b) time
dependence (1–10 h after preparation) of VCD (top) and IR spectra (bottom) of HAL-1/2 in aqueous
solution for the sample in the 100 mg/mL concentration.

2.4. Structural Changes Followed by Fluorescence Spectroscopy

Participation of the tryptophan residue in the interaction of HAL-1 peptides with SDS and LUVs
can be monitored selectively on the basis of fluorescence spectra. The observed fluorescence signals are
assigned to the Trp3 residue. In aqueous solutions, the peptides exhibit fluorescence maxima at 360 nm
(HAL-1), 356 nm (HAL-1/2), 361 nm (HAL-1/6) and 359 nm (HAL-1/20) (Table 2), i.e., the typical
values for Trp residue in a hydrophilic environment. Upon interaction with LUVs, these maxima shift
to about 330 nm (Table 2) indicating that tryptophan is not fully immersed in the lipophilic part of the
liposome, but it is still in a close proximity of liposome phosphate heads [52]. In the case of HAL-1/2,
the fluorescence maximum shifts only to 350 nm. Hence, it is probable that HAL-1/2 while interacting
with LUVs, does not incorporate itself into the liposome despite the fact that parallel ECD experiments
indicate a formation of some α-helical secondary structure. This result confirms our assumption
that the α-helix formation is an important but not a sufficient condition for the efficient functioning
of our AMPs. This conclusion is further supported by the results shown by HAL-1/6. Although
HAL-1/6 readily interacts with LUVs by forming the α-helical structure, its biological activity is
smaller than the activity of the natural HAL-1. Fluorescence spectroscopy shows that HAL-1 peptides
are attached to the membrane surface with little penetration, indicating that the HAL-1 peptide mode
of action probably involves either (a) dissolving the membrane in a detergent-like manner (the carpet
model) or (b) formation of toroidal-type trans-membrane pores (lined both by peptide molecules and
phospholipid headgroups) [53].
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Table 2. Tryptophan fluorescence maxima of HAL-1 and its analogs (0.125 mg/mL—identical as for
the ECD experiments) in aqueous solution and in the presence of LUVs (L/P = 20).

Solution HAL-1 HAL-1/2 HAL-1/6 HAL-1/20

Water 360 nm 356 nm 361 nm 359 nm
PC 356 nm 362 nm 356 nm 359 nm

PC/PG (1:1) 331 nm 350 nm 336 nm 333 nm

2.5. Molecular Dynamics

As follows from the fluorescence spectroscopy measurements, HAL-1 peptides seem to bind
to the outer leaflet of our model membranes. In order to better understand the mechanism of
peptide-membrane interaction, we performed MD simulations of HAL-1 in water and in the presence
of PC and PG-based model membranes. According to our results, HAL-1 in water is in a random
coil conformation (Figure 11). When in the vicinity of a PC containing membrane, HAL-1 does not
immerse into the membrane and it seems to have no defined orientation with regards to the membrane.
HAL-1 does not change its structure and it still adopts a random coil conformation. The result of this
simulation might seem rather surprising: Although the peptide exhibits hemolytic activity, we do
not observe any peptide-membrane interaction. However, as follows from our spectroscopic results
(see Section 2.3), HAL-1 structural behavior is concentration dependent and it is therefore probable
that for its full activity, it is necessary to exceed a certain peptide threshold concentration. Under
such conditions, the peptide might form specific assemblies (e.g., pores) that would allow for the
peptide-membrane interaction [54].

 

Figure 11. Molecular mechanic simulation of HAL-1 peptide (a) in water, (b) in the presence of PC and
(c) PG model membrane.

When put into interaction with the PG based membrane, HAL-1 is anchored to the membrane
by the terminal amino acid Arg. The peptide does not penetrate into the membrane and for the
simulation time (110 ns) it stays in the vicinity of the membrane (Figure 11), which is in agreement
with the fluorescence spectroscopy results, showing that tryptophan is in close proximity to the
liposome phosphate heads (see Section 2.4). Based on the MD simulations, HAL-1 in a bacterial
membrane-mimicking environment adopts mostly a 310-helical structure with a minor portion of the
β-turn structure (Figure 11). Such a result does not contradict the ECD and IR data (suggesting under
such conditions, formation of the α-helical conformation), as it was shown that the 310-helix is an
important intermediate along the α-helix folding/unfolding pathway [55].

Based on the results of our spectroscopic investigation and MD simulations, we suggest
a mechanism of HAL-1 interaction with model membranes: HAL-1 as a cationic peptide is
mostly attracted to the negatively charged leaflets of the PG based model membranes, adopting
predominantly a 310-helical conformation—an intermediate conformation and/or a precursor of
the α-helical structure [55]. Since the peptide in such conformation already adopts an amphipathic
structure, formation of peptide assemblies (most probably membrane pores), where the peptides
are predominantly in the α-helical conformation, seems favorable. However, for the formation of
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such assemblies, it is necessary to exceed a specific threshold concentration of the peptide in a close
proximity or in an immediate contact with the membrane. The proposed mechanisms of action
are inspired by the molecular mechanisms of cooperativity of antibacterial peptides proposed by
Huang et al. [54,56], and correspond to the mechanism and dynamics of AMP channel formation
monitored in situ, where at least a three-step procedure of AMP insertion was suggested and the
importance of the peptide–peptide interaction was demonstrated [57]. Several steps need to be taken
to confirm this hypothesis: (1) It would be beneficial to perform more profound MD simulations of
all HAL-1 analogs interacting with membranes of different composition. A peptide concentration
dependency should be studied, investigating two or more peptides that interact on a membrane
surface; (2) this computational study should be complemented by experiments allowing detailed study
of peptide orientation with respect to the membrane such as oriented ECD [54], surface-enhanced
infrared absorption spectroscopy [57], or oriented solid-state NMR measurements [58]. This will be a
matter of further investigation.

3. Materials and Methods

3.1. Materials

The phospholipids, PC, and PG (sodium salt), were purchased from Avanti Polar Lipids (Alabaster,
AL, USA). TFE was purchased from Merck (Darmstadt, Germany) and SDS from Sigma (Darmstadt,
Germany). The peptides (see Table 1) were prepared by the standard procedures of solid phase peptide
synthesis [19]. All the peptides were delivered as TFA salts (with TFA counterions bonded to the
free amino termini and side chains of positively charged amino acids). For the natural HAL-1, it was
possible to remove TFA counterions using a standard procedure [59] as there was a sufficient amount
of the sample available.

3.2. Preparation of Vesicles

The phospholipids PC, PG or their mixtures (at 1:4, 1:1 or 4:1 molar ratios) were dissolved in
chloroform/methanol (3:1) mixture and dried under vacuum. The dry lipid layer was hydrated with
distilled water and gently stirred. LUVs with an approximate diameter of 0.1 μm were formed by
extrusion through polycarbonate membranes (pore size 0.1 μm, a total of 30 passages through the
membrane) using Mini-Extruder (Avanti Polar Lipids, Alabaster, AL, USA). The temperature of the
lipid suspension was kept above the phase transition temperature Tm of the lipid with the highest Tm

within the whole hydration and extrusion process. A liposome size of 0.1 μm was selected in order
to avoid artifacts due to light scattering (especially in ECD experiments). The shapes and sizes of
liposomes were checked by cryo-electron microscopy. Liposome stabilities and size distributions were
verified by light scattering using Zetasizer Nano (Malvern Panalytical, Malvern, UK).

3.3. Electronic Circular Dichroism

ECD experiments were carried out on J-815 spectropolarimeter (Jasco, Tsukuba, Japan) equipped
with the Peltier type temperature control system PTC-423S/L. The spectra were collected from 180 to
300 nm at room temperature in 0.1 cm quartz cells (0.125 mg/mL peptide concentration, 2 scans, 0.5 nm
steps, 20 nm/min speed, 8 s time constant, 1 nm spectral bandwidth). For the measurements in high
liposome concentration (L/P concentration ratio higher than 100), the cell with 0.02 cm path length and
appropriate experimental conditions (5 nm/min speed, 32 s response time and 1 nm bandwidth) were
used. After baseline subtraction, the final data were expressed as molar ellipticities θ (deg·cm2·dmol−1)
per residue. All samples were prepared by dilutions of a stock peptide solution (1 mg/mL) to a final
peptide concentration 0.125 mg/mL, followed by adding an appropriate aliquot of TFE (final TFE
concentration 10–50% v/v), SDS (stock solution 32 mM, final SDS concentration 0.016–16 mM, i.e.,
below and above cmc; cmc ≈ 4 mM for the SDS-peptides solution [60]), or LUVs (stock solution
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200 mg/mL). SDS measurements below and above cmc enable investigating the effects of SDS acting
both as (a) a denaturation agent (below cmc) and (b) a simple membrane model (above cmc).

Concentration dependence was measured for all the peptides at the given concentrations: 0.1, 10,
and 100 mg/mL. The spectra were collected from 180 to 300 nm at room temperature in 0.1 cm quartz
cells for the 0.1 mg/mL peptide concentration, and in 6 μm homemade CaF2 cells for 10 mg/mL and
100 mg/mL peptide concentration with the following setup: 2 scans, 0.5 nm steps, 20 nm/min speed,
8 s time constant, 1 nm spectral bandwidth. The α-helical fraction was calculated using a two-state
model [30,61]. For the more detailed analysis of secondary structure, we used the CDPro software
package [36,62].

3.4. Principle Component Analysis

Analysis of temperature- and time-dependent ECD spectra was performed using principal
component analysis (PCA) based on a singular value decomposition algorithm applied to reduce
spectral series {Yi(ν), i = 1, . . . , n} to their lowest dimension without the loss of spectroscopic
information. Each spectrum of the matrix Yi(ν) can be unambiguously expressed as:

Yi(ν) =
M

∑
j=1

VijWjSj(ν) (1)

where Wj is the diagonal matrix of singular values, S(ν) corresponds to the matrix of the orthonormal
subspectra (eigenvectors) and Vij is the unitary square matrix of coefficients (representing the influence
strength of the subspectrum Sj). M represents a number of independent “spectral species”, distinct
from the spectral noise, found in the analyzed data set. The number of independent subspectra can
be estimated from residual errors or from singular values. A detailed explanation of PCA can be
found in [63]. The calculation of PCA was done using our own software programmed in Matlab™
(MathWorks®, Natick, MA, USA).

3.5. Infrared Spectroscopy

IR spectra in the transmission mode were recorded on Nicolet 6700 spectrometer (Thermo Fisher
Scientific, Waltham, MA, USA) using standard mid-IR source, KBr beamsplitter and DTGS detector
(2 cm−1 spectral resolution, Happ–Genzel apodization function, 2000 scans) in the 4000–1000 cm−1

spectral range. The cell compartment was purged by dry nitrogen during all the measurements.
Aqueous solutions (10 mg/mL peptide concentration) were measured at room temperature in
homemade CaF2 cells with 6 μm path length (cell volume 1 μL). In our experiments involving
peptide-membrane interaction, the L/P was always equal to 8 (LUVs stock solution 200 mg/mL).
Numerical data treatment was carried out using Grams/AI software (Thermo Electron, Waltham, MA,
USA). The spectral contribution of water was eliminated using a standard algorithm [64]. The IR signal
of phospholipids was subtracted from spectra of peptide/phospholipid mixtures. Subsequently, the
spectrum of water vapors was subtracted and the baseline was linearly corrected. Final IR spectra
were normalized to amide I intensity maxima. The IR spectra of HAL-1 analogs were obtained by
additional subtraction of trifluoroacetate signals, which were present due to a standard cleavage
from the resin by TFA [65]. Such subtraction was not needed for the natural HAL-1 as for this
peptide, the TFA counterions were successfully removed (see Section 3.1). The secondary structure
analysis [41] was aided using second derivatives Savitzky−Golay algorithm (Grams/AI software,
Thermo Electron, Waltham, MA, USA) and a band fitting procedure (Gaussian−Lorentzian band
shape—OMNIC Thermo Fisher Scientific, Waltham, MA, USA).

3.6. Vibrational Circular Dichroism

VCD spectra were measured on a dual source [66] and dual photo-elastic modulator [67] VCD
spectrometer ChiralIR-2X™ (BioTools, Jupiter, FL, USA) at room temperature in CaF2–BioCell™ with
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6 μm path length (BioTools, Jupiter, FL, USA). The data were collected for ~12 h (12 blocks of 6000
scans each at 8 cm−1 resolution). The spectra were processed in Grams/AI software (Thermo Electron,
Waltham, MA, USA). Solvent scans were subtracted as background. Baseline was corrected using a
linear function. The spectra were smoothed with a second-order Savitzky-Golay filter using a 9 point
window and normalized to amide I maxima in the corresponding IR spectra.

3.7. Fluorescence Spectroscopy

Steady-state fluorescence spectra were measured on Fluoromax Z (Jobin-Yvon, Chilly-Mazarin,
France) fluorimeter in a 10 mm quartz cell. Excitation at 280 nm was used to induce fluorescence of the
tryptophan residue. The emission was collected from 300 to 450 nm with the 1.5 s integration time.
The emission and excitation slits were chosen as 2 nm. The peptide concentration of 0.125 mg/mL
was chosen identical as for the ECD experiments in order to maintain mutual compatibility. At this
low concentration, there is no danger of Trp residues self-quenching. L/P = 20 was used for all the
fluorescence measurements (2 mg/mL lipid concentration).

3.8. Molecular Dynamics

An all-atom structure model of the peptides was created using the tLEaP program from the
AmberTools (San Francisco, CA, USA) [68] suite and the force field Amber FF99SB [69] PC and
PG membrane models were created using program VMD [70] and its membrane plugin. PC and
PG parameters were generated using programs Antechamber and Parmchk from the AmberTools
suite. In total, three systems were created, a peptide in water and the peptide with PC and PG
membranes. Each system was solvated in TIP3P water and neutralized using K+ and Cl− ions. The
initial equilibration of systems was performed using NAMD 2.9 [71] with a time step of 1 fs and rigid
bonds in water molecules using Settle algorithm [72]. Systems were minimized for 1000 steps, warmed
to 310 K and equilibrated for 1 ps. The system without a membrane was simulated for 10 ps, and the
systems with membranes were simulated for 110 ps.

4. Conclusions

The combined use of the methods of molecular spectroscopy (ECD, IR absorption, VCD and
fluorescence spectroscopy) together with MD simulations allowed us to follow secondary structure
changes of HAL-1 and its analogs induced by an interaction with artificial membrane models. On the
basis of the obtained results, formation of the α-helical structure appears important for the activity
of the HAL-1 peptides. However, peptide biological activities seem to be determined not only by
their propensity to form the α-helical structure. Additional factors like the ability of the peptides to
adopt alternative conformations (such as β-sheet, PPII conformation or 310-helix) cannot be excluded
and have to be considered for their biological activity as well. For biologically active analogs, the
concentration-dependence ECD measurements together with VCD data suggest a possible formation
of peptide assemblies high in α-helical content (most probably membrane pores), which might enable
membrane penetration. Following our spectroscopic results, we can propose that HAL-1 structural
behavior is concentration dependent and for its full activity, certain peptide threshold concentration
should be exceeded. Under such conditions, the peptides might form specific assemblies (e.g., pores)
that would allow for the peptide-membrane interaction and complete their task as antimicrobial agents.
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Abbreviations

AMPs Antimicrobial peptides
cmc Critical micelle concentration
ECD Electronic circular dichroism
HAL Halictine
IR Infrared
L/P Lipid/peptide ratio
LUV Large unilamellar vesicle
MD Molecular dynamics
PC 1,2-Dimyristoyl-sn-glycerol-3-phosphatidylcholine
PCA Principal component analysis
PG 1,2-Dimyristoyl-sn-glycero-3-phospho-(1′-rac-glycerol)
PPII Polyproline II
SDS Sodium dodecyl sulfate
TFE 2,2,2-Trifluoroethanol
VCD Vibrational circular dichroism

Appendix A

Table A1. Helical fraction for HAL-1 and its analogs in aqueous solution and in the presence of TFE
(concentration expressed in volume percent (v/v)) and SDS (in mM) calculated using a two-state model
from ECD spectra [30,61].

Solution Hal-1 Hal-1/2 Hal-1/6 Hal-1/10 Hal-1/20

Water 14% 14% 13% 15% 15%

TFE 30% 32% 32% 37% 36% 36%
TFE 50% 32% 32% 40% 42% 36%

SDS 0.016 mM 13% 13% 3% 14% 14%
SDS 0.16 mM 14% 14% 3% 18% 52%

SDS 2 mM 46% 46% 66% 63% 36%
SDS 4 mM 51% 51% 46% 63% 32%
SDS 8 mM 37% 37% 46% 50% 31%
SDS 16 mM 31% 31% 36% 36% 42%

Table A2. Estimation of the secondary structure content calculated from ECD spectra using the CDPro
package [62,73] for HAL-1 and its analogs in aqueous solution, and in the presence of SDS.

Structure
Sodium Dodecyl Sulfate

0 mM 0.016 mM 0.16 mM 2 mM 4 mM 8 mM 16 mM

HAL-1
α-helix 12% 12% 14% 61% 61% 53% 53%
β-sheet 50% 50% 44% 6% 6% 10% 10%
β-turn 16% 16% 16% 12% 12% 17% 17%
Other 22% 22% 26% 22% 22% 21% 21%
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Table A2. Cont.

HAL-1/2
α-helix 12% 11% 14% 14% 47% 47% 44%
β-sheet 53% 54% 45% 44% 13% 13% 15%
β-turn 16% 16% 16% 16% 18% 18% 18%
Other 19% 19% 25% 25% 22% 22% 24%

HAL-1/6
α-helix 12% 13% 11% 82% 85% 70% 60%
β-sheet 52% 42% 37% 2% 2% 4% 9%
β-turn 16% 16% 14% 9% 9% 14% 19%
Other 20% 29% 38% 6% 4% 11% 14%

HAL-1/10
α-helix 11% 12% 13% 80% 79% 72% 70%
β-sheet 52% 51% 43% 2% 2% 4% 5%
β-turn 16% 16% 16% 10% 10% 14% 15%
Other 21% 21% 27% 8% 9% 10% 10%

HAL-1/20
α-helix 12% 13% 66% 42% 39% 37% 60%
β-sheet 52% 42% 5% 13% 17% 18% 18%
β-turn 16% 13% 12% 17% 18% 18% 17%
Other 20% 32% 18% 28% 27% 27% 15%

Table A3. Estimation of the secondary structure content calculated from ECD spectra using the CDPro
package [62,73] for HAL-1 and its analogs in aqueous solution, and in the presence of LUVs.

Structure

LUV

0 mM
PC

(L/P = 20)
PC

(L/P = 100)
PC/PG (4:1)
(L/P = 20)

PC/PG (1:1)
(L/P = 20)

PC/PG (1:4)
(L/P = 20)

HAL-1
α-helix 12% 12% 18% 35% 45% 61%
β-sheet 50% 51% 38% 17% 10% 7%
β-turn 16% 16% 18% 18% 17% 12%
Other 22% 21% 26% 30% 22% 21%

HAL-1/2
α-helix 11% 11% 17% 37% 47% 69%
β-sheet 53% 53% 40% 17% 10% 5%
β-turn 16% 16% 18% 17% 16% 14%
Other 19% 21% 25% 29% 28% 13%

HAL-1/6
α-helix 12% 12% 14% 60% 79% 60%
β-sheet 52% 50% 45% 7% 1% 6%
β-turn 16% 16% 17% 8% 5% 12%
Other 20% 22% 24% 25% 14% 21%

HAL-1/10
α-helix 11% 12% 13% 35% 69% 36%
β-sheet 52% 52% 51% 18% 3% 38%
β-turn 16% 16% 17% 17% 9% 14%
Other 21% 20% 19% 30% 7% 13%

HAL-1/20
α-helix 12% 12% 14% 25% 80% 46%
β-sheet 52% 50% 46% 24% 2% 13%
β-turn 16% 16% 17% 18% 10% 18%
Other 20% 21% 22% 34% 7% 24%
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Table A4. Estimation of the secondary structure content from IR spectra, using a bandfitting procedure
for HAL-1 and its analogs in aqueous solution (H2O and D2O), in the presence of SDS, TFE, and LUVs.
The numbers in parentheses correspond to percentages of each fitted band in the amide I region.

Solvent Amide I (cm−1)
Second Derivative Decomposition of Amide I (cm−1)

aggregate β-sheet α-helix 310-helix coil β-turn β-sheet

HAL-1
H2O 1646 — — — — 1648 (88) 1683 (12) —
D2O 1647 — — — — 1642(69) 1667 (31) —
TFE 1655 — 1633 (26) 1656 (63) — — 1680 (11) —

SDS 8 mM/H2O 1655 1621 (12) 1635 (16) 1656 (63) — — 1682 (9) —
SDS 8 mM/D2O 1649 — — 1649 (95) — — 1676 (5) —

PC 1656 1619 (5) — 1656 (63) — — 1688 (33) —
PC/PG 1:1 1655 — 1634 (29) 1656 (52) — — 1680 (19) —
PC/PG 1:4 1656 — 1633 (6) 1655 (58) — — 1678 (36) —

HAL-1/2
H2O 1649 — 1637 (29) — — 1650 (56) 1684 (14) —

SDS 8 mM/H2O 1655 — 1635(38) 1657 (58) — — 1685 (4) —
PC 1657 — 1642 (32) 1657 (32) — — 1680 (35) —

PC/PG 1:1 1647 1628 (34) 1642 (28) 1658 (24) — — 1676 (13) —
PC/PG 1:4 1657 — 1632 (15) 1656 (43) — — 1680 (41) —

HAL-1/6
H2O 1646 — — — — 1647 (92) 1682 (8) —

SDS 8 mM/H2O 1654 1629 (29) — 1655 (69) — — — 1695 (2)
PC 1654 1621 (7) 1639 (29) 1657 (59) — — 1680 (5) —

PC/PG 1:1 1656 1626 (9) 1642 (18) 1657 (62) — — 1682 (11) —

HAL-1/10
H2O 1647 — — — — 1647 (82) 1681 (18) —

PC/PG 1:1 1655 1625 (12) 1640 (21) 1657 (57) — — 1681 (10) —
PC/PG 1:4 1656 — — 1656 (80) — — 1688 (20) —

HAL-1/20
H2O 1644 — 1643 (93) — — — 1676 (7) —

SDS 8 mM/H2O 1650 1629 (9) — 1653 (83) — — 1685 (9) —
PC 1649 1625 (36) 1639 (13) 1654 (28) — — 1685 (22) —

PC/PG 1:1 1650 1628 (29) 1642 (16) 1659 (49) — — 1685 (6) —
PC/PG 1:4 1654 1621 (19) 1634 (14) 1655 (43) — — 1678 (24) —
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Figure A1. PCA results applied to the set of thermal dependence of ECD spectra (from 5 to 90 ◦C)
of HAL-1 and its analogs. Sj represents the three most significant subspectra, and Vij represents the
appropriate coefficients indicating the relative contribution of the corresponding subspectrum.
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Figure A2. PCA results applied to the set of time dependence of ECD spectra of HAL-1 and its analogs
in PC/PG = 1:4 mixtures measured within a 220 min time interval after the sample preparation with a
12-min time step. Sj represents the three most significant subspectra and Vij represents the appropriate
coefficients indicating the relative contribution of the corresponding subspectrum.
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43. Tesař, A.; Kopecký Jr., V.; Kočišová, E.; Bednárová, L. Dynamics of lipid layers with/without bounded

antimicrobial peptide halictine-1. Vibrat. Spectrosc. 2017, 93, 42–51. [CrossRef]
44. Miller, L.M.; Bourassa, M.W.; Smith, R.J. FTIR spectroscopic imaging of protein aggregation in living cells.

Biochim. Biophys. Acta 2013, 1828, 2339–2346. [CrossRef] [PubMed]
45. Jackson, M.; Mantsch, H.H. The use and misuse of FTIR spectroscopy in the determination of protein

structure. Crit. Rev. Biochem. Mol. Biol. 1995, 30, 95–120. [CrossRef] [PubMed]
46. Keiderling, T.A.; Silva, R.A.; Yoder, G.; Dukor, R.K. Vibrational circular dichroism spectroscopy of selected

oligopeptide conformations. Bioorg. Med. Chem. 1999, 7, 133–141. [CrossRef]
47. Keiderling, T.A. Protein and peptide secondary structure and conformational determination with vibrational

circular dichroism. Curr. Opin. Chem. Biol. 2002, 6, 682–688. [CrossRef]

176



Int. J. Mol. Sci. 2019, 20, 631

48. Ma, S.; Freedman, T.B.; Dukor, R.K.; Nafie, L.A. Near-infrared and mid-infrared Fourier transform vibrational
circular dichroism of proteins in aqueous solution. Appl. Spectrosc. 2010, 64, 615–626. [CrossRef] [PubMed]

49. Ma, S.; Cao, X.; Mak, M.; Sadik, A.; Walkner, C.; Freedman, T.B.; Lednev, I.K.; Dukor, R.K.; Nafie, L.A.
Vibrational circular dichroism shows unusual sensitivity to protein fibril formation and development in
solution. J. Am. Chem. Soc. 2007, 129, 12364–12365. [CrossRef] [PubMed]

50. Kurouski, D.; Lombardi, R.A.; Dukor, R.K.; Lednev, I.K.; Nafie, L.A. Direct observation and pH control of
reversed supramolecular chirality in insulin fibrils by vibrational circular dichroism. Chem. Commun. 2010,
46, 7154–7156. [CrossRef] [PubMed]

51. Measey, T.J.; Schweitzer-Stenner, R. Vibrational circular dichroism as a probe of fibrillogenesis: The origin
of the anomalous intensity enhancement of amyloid-like fibrils. J. Am. Chem. Soc. 2011, 133, 1066–1076.
[CrossRef]

52. Krishnakumar, S.S.; London, E. Effect of sequence hydrophobicity and bilayer width upon the minimum
length required for the formation of transmembrane helices in membranes. J. Mol. Biol. 2007, 374, 671–687.
[CrossRef]

53. Zeth, K. Structure and mechanism of human antimicrobial peptide dermcidin and its antimicrobial
potential. In Microbial Pathogens and Strategies for Combating Them: Science, Technology and Education;
Méndez-Vilas, A., Ed.; Formatex Research Center: Badajoz, Spain, 2013; Volume 2, pp. 1333–1342.
ISBN 978-84-942134-0-3.

54. Huang, H.W. Molecular mechanism of antimicrobial peptides: The origin of cooperativity. Biochim. Biophys.
Acta 2006, 1758, 1292–1302. [CrossRef]

55. Millhauser, G.L. Views of helical peptides: A proposal for the position of 310-helix along the thermodynamic
folding pathway. Biochemistry 1995, 34, 3873–3877. [CrossRef] [PubMed]

56. Leontiadou, H.; Mark, A.E.; Marrink, S.J. Antimicrobial peptides in action. J. Am. Chem. Soc. 2006, 128,
12156–12161. [CrossRef] [PubMed]

57. Forbrig, E.; Staffa, J.K.; Salewski, J.; Mroginski, M.A.; Hildebrandt, P.; Kozuch, J. Monitoring the orientational
changes of Alamethicin during incorporation into bilayer lipid membranes. Langmuir 2018, 34, 2373–2385.
[CrossRef] [PubMed]

58. Reißer, S.; Strandberg, E.; Steinbrecher, T.; Elstner, M.; Ulrich, A.S. Best of two worlds? How MD simulations
of amphiphilic helical peptides in membranes can complement data from oriented solid-state NMR. J. Chem.
Theory Comput. 2018, 14, 6002–6014. [CrossRef] [PubMed]

59. Andruschenko, V.; Vogel, H.J.; Prenner, E.J. Optimization of the hydrochloric acid concentration used for
trifluoroacetate removal from synthetic peptides. J. Pept. Sci. 2007, 13, 37–43. [CrossRef] [PubMed]

60. Mukerjee, P.; Mysels, K.J. Critical Micelle Concentration of Aqueous Surfactant Systems; NSRDS-NBS 36;
U.S. Department of Commerce: Washington, DC, USA, 1971.

61. Rohl, C.; Baldwin, R.L. Deciphering rules of helix stability in peptides. Methods Enzymol. 1998, 296, 1–26.
[CrossRef]

62. Sreerama, N.; Woody, R.W. Computation and analysis of protein circular dichroism spectra. Methods Enzymol.
2004, 383, 318–351. [CrossRef]

63. Malinowski, E.R. Factor Analysis in Chemistry, 3rd ed.; Wiley: Chichester, UK, 2002; ISBN 0-471-13479-1.
64. Dousseau, F.; Therrien, M.; Pézolet, M. On the spectral subtraction of water from the FT-IR spectra of aqueous

solutions of proteins. Appl. Spectrosc. 1989, 43, 538–542. [CrossRef]
65. Roux, S.; Zékri, E.; Rousseau, B.; Paternostre, M.; Cintrat, J.C.; Fay, N. Elimination and exchange of

trifluoroacetate counter-ion from cationic peptides: A critical evaluation of different approaches. J. Pept. Sci.
2008, 14, 354–359. [CrossRef]

66. Nafie, L.A.; Buijs, H.; Rilling, A.; Cao, X.; Dukor, R.K. Dual source Fourier transform polarization modulation
spectroscopy: An improved method for the measurement of circular and linear dichroism. Appl. Spectrosc.
2004, 58, 647–654. [CrossRef]

67. Nafie, L.A. Dual polarization modulation: Real-time, spectral multiplex separation of circular dichroism
from linear birefringence spectral intensities. Appl. Spectrosc. 2000, 54, 1634–1645. [CrossRef]

68. Case, D.A.; Darden, T.A.; Cheatham, T.E., III; Simmerling, C.L.; Wang, J.; Duke, R.E.; Luo, R.; Walker, R.C.;
Zhang, W.; Merz, K.M.; et al. AMBER 11; University of California: San Francisco, CA, USA, 2010.

177



Int. J. Mol. Sci. 2019, 20, 631

69. Hornak, V.; Abel, R.; Okur, A.; Strockbine, B.; Roitberg, A.; Simmerling, C. Comparison of multiple
Amber force fields and development of improved protein backbone parameters. Proteins 2006, 65, 712–725.
[CrossRef] [PubMed]

70. Humphrey, W.; Dalke, A.; Schulten, K. VMD: Visual Molecular Dynamics. J. Mol. Graph. 1996, 14, 33–38.
[CrossRef]

71. Phillips, J.C.; Braun, R.; Wang, W.; Gumbart, J.; Tajkhorshid, E.; Villa, E.; Chipot, C.; Skeel, R.D.; Kalé, L.;
Schulten, K. Scalable molecular dynamics with NAMD. J. Comput. Chem. 2005, 26, 1781–1802. [CrossRef]
[PubMed]

72. Miyamoto, S.; Kollman, P.A.; Settle, K. An analytical version of the SHAKE and RATTLE algorithm for rigid
water models. J. Comput. Chem. 1992, 13, 952–962. [CrossRef]

73. Sreerama, N.; Woody, R.W. On the analysis of membrane protein circular dichroism spectra. Protein Sci. 2004,
13, 100–112. [CrossRef] [PubMed]

© 2019 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

178



 International Journal of 

Molecular Sciences

Article

Antibacterial and Antibiofilm Activity and Mode of
Action of Magainin 2 against Drug-Resistant
Acinetobacter baumannii

Min Kyung Kim 1, Na Hee Kang 1, Su Jin Ko 1, Jonggwan Park 2, Eunji Park 1, Dong Won Shin 3,

Seo Hyun Kim 3, Seung A. Lee 3, Ji In Lee 3, Seung Hyun Lee 3, Eun Gi Ha 3, Seung Hun Jeon 3

and Yoonkyung Park 1,4,*

1 Department of Biomedical Science, Chosun University, Gwangju 61452, Korea;
charm5964@naver.com (M.K.K.); govlgovl_2414@hanmail.net (N.H.K.);
ksj920708@hanmail.net (S.J.K.); fhhhhgfh@naver.com (E.P.)

2 Department of Bioinformatics, Kongju National University, Kongju 38065, Korea; for_quality@naver.com
3 Jangseong High School, Jeollanamdo 57216, Korea; dkatlf6017@naver.com (D.W.S.);

twinpearl@naver.com (S.H.K.); iceone256325@naver.com (S.A.L.); jiin1839@gmail.com (J.I.L.);
dltmdzus4001@naver.com (S.H.L.); dwar77@naver.com (E.G.H.); bioman255@naver.com (S.H.J.)

4 Research Center for Proteineous Materials, Chosun University, Gwangju 61452, Korea
* Correspondence: y_k_park@chosun.ac.kr; Tel.: +82-62-230-6854; Fax: +82-62-225-6758

Received: 6 September 2018; Accepted: 28 September 2018; Published: 5 October 2018

Abstract: Antimicrobial peptides (AMPs) are promising therapeutic agents for treating antibiotic-
resistant bacterial infections. Previous studies showed that magainin 2 (isolated from African clawed
fogs Xenopus laevis) has antimicrobial activity against gram-positive and gram-negative bacteria.
The present study was conducted to investigate the antibacterial activity of magainin 2 against
Acinetobacter baumannii. Magainin 2 showed excellent antibacterial activity against A. baumannii strains
and high stability at physiological salt concentrations. This peptide was not cytotoxic towards HaCaT
cells and showed no hemolytic activity. Biofilm inhibition and elimination were significantly induced
in all A. baumannii strains exposed to magainin 2. We confirmed the mechanism of magainin 2 on the
bacterial outer and inner membranes. Collectively, these results suggest that magainin 2 is an effective
antimicrobial and antibiofilm agent against A. baumannii strains.

Keywords: Acinetobacter baumannii; multidrug-resistant; antimicrobial peptide; antibiofilm activity;
physiological salt

1. Introduction

The use of antibiotics for treating infections has resulted in the emergence of resistant strains [1].
New antibiotic-resistant strains are becoming a problem worldwide because conventional antibiotics
cannot be administered. A recent report using data from the Infectious Diseases Society of America
and hospital-based surveillance research refers to the pathogens as “ESKAPE” [2,3]. The ESKAPE
pathogens include Enterococcus faecium, Staphylococcus aureus, Klebsiella pneumoniae, Acinetobacter,
Pseudomonas aeruginosa, and Enterobacter species [4]. The ability of these bacteria groups to withstand
antibiotic treatment is a major cause of hospital infections worldwide [5]. Notably, Acinetobacter baumannii
has been reported as one of the most serious ESKAPE organisms resistant to antibiotics [6].

Acinetobacter baumannii, a gram-negative bacterium, is an opportunistic bacterial pathogen
and has a high morbidity and mortality, especially in intensive care units with high pathogen
infections. Infectious diseases include urinary tract infection [7], meningitis [8], skin infection [9],
bacteremia [10], and pneumonia [11]. Many strains causing infection show resistance to antibiotics such as
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aminoglycosides, fluoroquinolones, colistin, β-lactams, and tetracyclines [12,13]. Also, A. baumannii is
prone to biofilm formation and their ability to increase resistance to antibiotics.

Biofilm is a microbial aggregate formed by cells and cells that attach to each other and become
embedded in a matrix of self-generated extracellular polymeric substances [14]. Biofilms can form on
various abiotic surfaces including glass, polystyrene, and surgical instruments. They can also attach to
tissues that are easily exposed to bacterial infections and cause problems [15]. Therefore, new drugs
are needed to effectively treat antibiotic-resistant bacteria and biofilm-related infections. Antimicrobial
peptides (AMPs) are excellent candidates for developing therapeutic agents.

AMPs are an essential component of innate immunity in host organisms, including animals,
insects, plants, and humans [16]. Human host defense antimicrobial peptides are a major component
of innate immunity and play an important role in preventing microbial infection and these peptides
expressed in the skin, eyes, ears, and various tissues [17]. Among them, Defensins, LL-37 and
Histatins are important to prevent oral cavity [18–20]. These molecules are amphipathic peptides
typically composed of 12–50 amino acids and show antimicrobial activity against a broad spectrum
of microorganisms including gram-positive and gram-negative bacteria, fungi, viruses, and cancer
cells. These peptides contain arginine and lysine, which are positively charged and important in their
mechanism of action [21]. In general, the bacterial membrane contains a higher content of negatively
charged phospholipids compared to mammalian cells, enabling the positively charged peptide to bind
more strongly with bacterial cells through electrostatic interactions. This destabilizes or disrupts the
bacterial membrane and intracellular processes, leading to microorganism death.

Frog skin is the most abundant source of antimicrobial peptides [22] and secretes major
peptides such as esculentin [23], temporin [24] and magainin [25] to protect against microbial
invasion. AMPs and its analogue peptides detected in the skin of many frogs exhibit strong
antimicrobial activity against antibiotic-resistant bacteria. We previously investigated magainin 2
(GIGKFLHSAKKFGKAFVGEIMNS), an antimicrobial peptide consisting of 23 amino acids isolated
from the skin of the African clawed frog Xenopus laevis [25]. This peptide has been reported to exhibit
broad antibacterial activity against gram-positive and gram-negative bacteria and anti-cancer activity
against certain tumor cell lines [26,27].

In this study, we examined the antimicrobial activity of magainin 2 against A. baumannii strains
and its toxicity towards mammalian cells. We also confirmed that the antibacterial activity of the
peptide was maintained even under high-salt conditions. Next, we investigated the activity in
a biofilm model, which is closely related to bacterial resistance. The mechanism of action of the
peptide was confirmed by membrane-related experiments using N-phenyl-1-naphthylamine (NPN)
and 3,3′-dipropylthiadicarbocyanine iodide (DiSC3-5). Our results suggest that magainin 2 can be
used as an effective treatment for A. baumannii infections.

2. Results

2.1. Peptide Synthesis

The magainin 2 sequence, observed molecular weight, hydrophobicity, hydrophobic moment,
and net charge are summarized in Table 1. Magainin 2 is an antimicrobial peptide consisting of 23
amino acids with hydrophobic content, hydrophobic moment, and net charge of 0.373, 0.475, and 3,
respectively. The wheel diagram and three-dimensional structure analysis predicted that the peptide
contains hydrophobic residues (yellow circles) and forms an α-helix structure (Figure 1).

Table 1. Amino acid sequence and properties of magainin 2.

Name Sequence Molecular Mass (Da) H μH Net Charge

Magainin 2 GIGKFLHSAKKFGKAFVGEIMNS-NH2 2465.9 0.373 0.475 +3

H: Hydrophobicity; μH: Hydrophobic moment.
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Figure 1. Structure analysis of magainin 2. (A) Helical wheel diagram of the peptide. The projection
was obtained from http://heliquest.ipmc.cnrs.fr/cgibn/ComputParam.py. Positively charged residues
are represented in blue, while hydrophobic residues are shown as yellow circles. The N-terminal and
C-terminal parts are represented in red letters “N” and “C”. (B) Three-dimensional structure of
magainin 2.

2.2. Circular Dichroism Measurements

Based on the predicted results shown in Figure 1B; we measured the secondary structure of
magainin 2 by circular dichroism (CD) spectroscopy. Structure analysis of magainin 2 was performed in
various concentrations of trifluoroethanol (TFE) and sodium dodecyl sulfate (SDS) solutions (Figure 2).
In 10 mM sodium phosphate buffer; the CD spectra of the peptide displayed a random coil. However;
the peptide adopted a typical α-helical conformation with increasing TFE and SDS concentrations.
The calculated α-helical contents of the peptide are shown in Table 2. As the TFE and SDS concentration
increased; the α-helical contents increased from 6.4% to 50.8% and from 21.8% to 33.3%; respectively.
These results demonstrate that magainin 2 forms a strong α-helix structure.

Figure 2. Circular dichroism (CD) spectra of magainin 2. (A) The peptide was measured in TFE,
which mimics the hydrophobic environment of the microbial membrane and (B) SDS, which mimics
the negatively charged prokaryotic membrane environment.

Table 2. Mean residual ellipticity at 222 nm ([θ]222) and percent α-helical contents of magainin 2 in
various solutions.

Buffer TFE SDS

10 mM SP 20% 30% 40% 50% 5 mM 10 mM 20 mM 30 mM

[θ]222 −700.8 −5128.3 −13,207.4 −11,989 −19,749.5 −10,184.8 −11,782 −13,227.2 −13,974.2
% α-helix RC 6.4 30.9 27.2 50.8 21.8 26.6 31.0 33.3

10 mM SP: 10 mM Sodium Phosphate buffer, pH 7.2.
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2.3. Antimicrobial Assay

The antimicrobial activity of the peptides against A. baumannii strains are summarized in
Table 3. We compared the antibacterial effect of magainin 2 with those of melittin, buforin 2,
ciprofloxacin, and gentamicin. Magainin 2 showed strong antibacterial activity with minimum
inhibitory concentrations (MICs) of 4 and 2 μM against the standard strain (Korea Collection for
Type Cultures (KCTC) 2508) and drug-resistant strains, respectively. This is similar to the MIC of
melittin, which is known to have strong antibacterial activity. The activity of buforin 2 was 8-fold
lower, ranging from 8 to 16 μM. Antibiotics showed activity against drug-resistant strains at 128 μM.
Particularly, gentamicin showed low antibacterial activity with an MIC of 256 μM.

Table 3. Minimum inhibitory concentration (MIC) of peptides and conventional agents against
Acinetobacter baumannii strains.

Microorganisms
Minimum Inhibitory Concentration (μM)

Magainin 2 Buforin 2 Melittin Ciprofloxacin Gentamicin

A. baumannii KCTC 2508 4 8 2 2 4
A. baumannii 244752 2 8 2 256 >256
A. baumannii 409081 2 8 1 >256 >256
A. baumannii 719705 2 8 2 128 >256
A. baumannii 892199 2 16 2 256 >256
A. baumannii 907233 2 16 2 128 >256

2.4. Cytotoxicity Assay

Hemolysis and cell viability assays were conducted to measure the toxicity of the peptides in
mammalian cells. As shown in Figure 3A, melittin, a positive control peptide, induced more than 50%
hemolysis at concentrations of 1–2 μM. In contrast, magainin 2-treated cells showed no hemolysis at
64 μM. We confirmed the cytotoxicity of magainin 2 in HaCaT cells. The curve in Figure 3B shows
that high concentrations of magainin 2 exhibited low cytotoxicity of 0%, while melittin exhibited 100%
toxicity at 2 μM. These results confirm that magainin 2 is not toxic to cells.

Figure 3. Cytotoxicity and hemolytic activity of magainin 2. (A) Hemolytic activity of peptides against
mouse red blood cells (RBCs). (B) Cytotoxicity of peptides against HaCaT cells.

2.5. Biofilm Inhibition Assay

To investigate whether magainin 2 can inhibit biofilm formation, the degree of biofilm formation
by A. baumannii strains was confirmed in Mueller-Hinton broth (MHB) supplemented with glucose.
As shown in Figure 4A, all strains formed biofilms and the A. baumannii 907233 strain had a biofilm
mass of 3 at OD 595 nm. Compared to A. baumannii KCTC 2508 in the crystal violet staining assay,
A. baumannii 907233 showed a 57.6% higher biofilm mass after 24 h of incubation (Figure 4A). The ability
of magainin 2 and antibiotics (ciprofloxacin, gentamicin) to prevent biofilm formation was compared.
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Magainin 2 and antibiotics inhibited the biofilm formation of A. baumannii KCTC 2508 at concentrations
of 2–8 μM, whereas buforin 2 showed inhibition at 64 μM. In resistant strains, magainin 2 inhibited
biofilm formation at a low concentration of 4 μM, while the antibiotics did not exhibit biofilm formation
inhibition activity until 32 μM (Figure 4B). The biofilm biomass was determined using the green dye
SYTO9 and detected with the EVOS AUTO2 fluorescence microscope. Acinetobacter baumannii 907233
formed biofilm showing strong green fluorescence (Figure 5). Following treatment of the biofilm with
magainin 2, SYTO9 fluorescence decreased in a concentration-dependent manner, while this was not
observed following treatment with the other antibiotics. This data shows that magainin 2 has strong
antibiofilm activity against drug-resistant A. baumannii.

Figure 4. Effect of Acinetobacter baumannii biofilm formation by magainin 2. (A) Quantitative
measurements of biofilm formation using crystal violet staining. (B) Inhibitory effect of peptides
on biofilm formation. Antibiotics (ciprofloxacin and gentamicin) and buforin 2 were used as controls.

 

Figure 5. EVOS2 images of Acinetobacter baumannii biofilm stained with SYTO9 dye (green fluorescence).

2.6. Biofilm Reduction Assay

The biofilm reduction activity of magainin 2 was confirmed against A. baumannii 907233,
which easily forms biofilm. Figure 6 shows the effect of the peptide and antibiotics on biofilm
formed for 24 h. In the crystal violet staining assay, A. baumannii 907233 showed strong staining after
incubation for 24 h (Figure 6B). Antibacterial treatment with magainin 2 and ciprofloxacin exhibited
similar abilities to eradicate biofilm formation. The biofilm inhibition rates of magainin 2 were 33.3%,
53.4%, and 66.2% at 128, 192, and 256 μM, respectively. In contrast, gentamicin showed no biofilm
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inhibition effects at 256 μM (Figure 6A). Next, the biofilm was observed using SYTO9 (green dye).
After 24 h, the biofilm stained with SYTO9 showed strong green fluorescence. The fluorescence was low
in the presence of 256 μM magainin 2, indicating that it effectively disrupted the biofilm. Gentamicin
showed no decrease in biofilm (Figure 6C). These results suggest that magainin 2 not only inhibits but
also effectively eliminates biofilm.

 

Figure 6. Biofilm reduction assay. (A) Degree of biofilm removal by magainin 2, ciprofloxacin,
and gentamicin using crystal violet staining. (B) Image of removed biofilm after treatment with
256 μM of peptide and antibiotics. (C) SYTO9-stained biofilm image.

2.7. Salt Sensitivity Assay

To investigate the effects of salts on antimicrobial activity, antimicrobial activity was measured at
a physiological salt concentration (Table 4). As shown in Table 3, magainin 2 exhibited similar stability
in the presence of physiological salts compared to buforin 2. The MIC values of A. baumannii KCTC
2508 and A. baumannii 907233 strain were 4 and 2 μM, respectively. In the presence of NaCl and FeCl3,
magainin 2 activity was nearly maintained in both strains. In contrast, magainin 2 activity was slightly
reduced to 8 μM in the presence of MgCl2.

Table 4. MIC values of peptides in the presence of physiological salts.

Salt Concentration
A. baumannii KCTC 2508 A. baumannii 907233

Magainin 2 Buforin 2 Magainin 2 Buforin 2

NaCl
50 mM 4 16 2 32
100 mM 4 32 4 >32
150 mM 4 >32 4 >32

MgCl2
0.5 mM 4 16 4 >32
1 mM 8 32 8 >32
2 mM 8 >32 8 >32

FeCl3
2 μM 4 4 2 16
4 μM 4 4 2 16
8 μM 4 4 2 16
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2.8. Mechanism of Action Of Magainin 2

To investigate the mechanism of magainin 2 activity towards drug-resistant bacteria, A. baumannii
907233 was used, while A. baumannii KCTC 2508 as a control strain. First, the outer membrane
permeability of A. baumannii 907233 following treatment with magainin 2 was examined using NPN
dye (hydrophobic fluorescent dye, exhibits fluorescence intensity in a hydrophobic environment).
The bacterial outer membrane was disrupted, and the hydrophobic part of the membrane was
exposed, after which NPN reacted to show fluorescence. As shown in Figure 7A,B, the intensity
increased in a concentration-dependent manner, indicating that magainin 2 acts on the outer membrane.
For A. baumannii KCTC 2508, the fluorescence intensity rapidly increased to 268, 246, and 209 within
2 min at 4×, 2×, and 1× MIC, respectively. In contrast, fluorescence increased to approximately 80 in
A. baumannii 907233.

Figure 7. Magainin 2 mechanism of action. (A,B) The outer membrane permeability of magainin
2 was measured using NPN dye. (C,D) Depolarization of cytoplasmic membrane induced
by magainin 2, determined using the membrane potential-sensitive fluorescent dye DisC3-5.
(A,C: Acinetobacter baumannii KCTC 2508, B,D: Acinetobacter baumannii 907233).

The ability to depolarize the A. baumannii 907233 inner membrane in the presence of magainin 2
was further confirmed using DiSC3-5. DiSC3-5 is a dye that accumulates in the cytoplasmic membrane
of bacteria; the dye is released when the bacteria membrane is affected by the peptide. As shown in
Figure 7C,D, addition of magainin 2 resulted in increased fluorescence in a dose-dependent manner,
indicating the ability of magainin 2 to depolarize the membrane. The fluorescence intensity of
A. baumannii KCTC 2508 was higher than that of A. baumannii 907233 strain and decreased at 60 min
after peptide treatment. These results suggest that magainin 2 affects the inner membranes of both
A. baumannii KCTC 2508 and 907233.

3. Discussion

Bacterial infections are among the major causes of death worldwide [28]. Conventional
antibiotics were effectively used to treat pathogenic infections for half a century, but the emergence of
antibiotic-resistant bacteria has made these infections difficult to treat [29,30]. Generally, long-term
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exposure to antibiotics leads to resistance. Antibiotics function against proteins that are essential
to bacteria cells, and mutations in bacterial proteins cause antibiotic resistance. Bacteria can also
transform antibiotics and make them inefficient by producing specific enzymes. Thus, an antibacterial
with a new mechanism of action differing from existing antibiotics is urgently needed. Antimicrobial
peptides have distinctive mechanisms and are emerging as new therapeutic agents.

AMPs are classified according to their α-helical, β-sheet, and random coil structures; the α-helical
structure is the most common [31]. The predicted magainin 2 structure was confirmed by CD
spectroscopy to be a-helical in the bacteria membrane, mimicking the surrounding environment,
and appeared as a random coil structure in an aqueous environment. In increasing concentrations
of SDS and TFE, the percent of a-helix content of magainin 2 also increased. This suggests that the
α-helical structure enabled magainin 2 to interact with the bacterial membrane, which is related to its
mechanism of action [32].

Because bacteria isolated from hospital patients are resistant to antibiotics, treatment of
A. baumannii infection is becoming increasingly difficult [33]. Therefore, the activity of magainin
2 towards bacteria isolated from patients was evaluated. Magainin 2 exhibited lower antibacterial
activity against drug-resistant A. baumannii than that observed against the susceptible A. baumannii
(KCTC 2508) and exhibited more potent activity than antibiotics (ciprofloxacin and gentamicin).
Thus, magainin 2 is a more effective therapeutic agent than antibiotics, which are not resistant to AMPs.
Additionally, magainin 2 is not toxic to mammalian cells.

Biofilms are important for the survival of bacteria in the environment, and biofilm formation has
been correlated with drug-resistance and several virulence factors [34,35]. The antibiotic resistance of
biofilms is significantly higher than that of planktonic bacteria [36,37]. These biofilm-related infections
are more difficult to control and can lead to death. Acinetobacter baumannii is a pathogen that commonly
forms biofilm [38,39]. We analyzed the biofilm formation of A. baumannii strains treated with a
peptide. Peptides and antibiotics showed similar abilities to inhibit biofilm formation by susceptible
A. baumannii. However, in the five resistant strains, magainin 2 showed higher antibiofilm activity
than antibiotics at low concentrations. These results suggest that magainin 2 exerts strong antibiofilm
activity against drug-resistant A. baumannii. Furthermore, we evaluated the efficacy of magainin 2 on
A. baumannii within established biofilms. Removing biofilms formed by pathogenic microorganisms
is difficult. We found that magainin 2 was more effective than antibiotics towards removing formed
biofilms. Thus, magainin 2 may be effective for treating biofilm-related infectious diseases.

The antimicrobial activity of most AMPs is strongly inhibited by presence of high ionic
concentrations, which is a disadvantage as therapeutic agents in the serum or other body fluids [40].
For example, the activity of human β-defensins is influenced by NaCl in the airway surface liquid of
cystic fibrosis patients [41]. In the presence of NaCl, MgCl2, and FeCl3 at concentrations similar to
those in human bodily fluids, the activity of magainin 2 was maintained. These results demonstrate
that magainin 2 is stable in high-salt environments, which did not affect the killing mechanism.
Combined with previous toxicity data, this peptide may be useful for therapeutic applications in a
physiological environment.

AMPs, which have cationic peptides, bind to the negatively charged bacterial membrane
through electrostatic interactions [42]. Peptides can disrupt the membrane after binding or enter
the membrane to form pores. Pore-forming mechanisms include models of “barrel-stave”, “carpet”,
and “toroidal-pore” [42,43]. In a previous study, magainin 2 was shown to bind to the anionic lipid
bilayers of the bacterial membrane via electrostatic attractions and form a pore, which eventually
destroyed the membrane [44]. The peptide was suggested to form toroidal pores ~80 Å diameter
in DMPC/DMPG liposomes [45]. Thus, we investigated the mechanism of magainin 2 against
A. baumannii strains in this study.

To determine the mechanism of action against A. baumannii strains, we used NPN and DiSC3-5
dyes. First, damage to the bacterial outer membrane was monitored by measuring the fluorescence
intensity of NPN. Magainin 2 induced an increase in fluorescence in both stains. Compared to the
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drug-resistant strain, the response of susceptible A. baumannii was faster. Depolarization of the
bacterial cytoplasmic membrane was monitored by measuring the fluorescence intensity of DiSC3-5.
Consistent with the results of the NPN test, the fluorescence intensity decreased at 55 min, indicating
that magainin 2 rapidly affected the susceptible A. baumannii. Collectively, magainin 2 has an α-helical
structure, which can associate with the A. baumannii membrane and uses a mechanism in which both
the outer and inner membranes are affected.

4. Materials and Methods

4.1. Materials

SDS, trifluoroethanol (TFE), 3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide (MTT),
dimethyl sulfoxide (DMSO), N-phenyl-1-naphthylamine (NPN), 3,3′-dipropylthiadicarbocyanine
iodide (DiSC3-5), ciprofloxacin, and gentamicin were purchased from Sigma-Aldrich (St. Louis, MO,
USA). Dulbecco’s Modified Eagle’s medium (DMEM), fetal bovine serum (FBS), and Dulbecco’s
Phosphate Buffered Saline (DPBS) were obtained from Welgene (Daegu, Korea).

4.2. Microorganisms and Mouse Red Blood Cells

Acinetobacter baumannii KCTC 2508 was obtained from the KCTC. Other Acinetobacter baumannii
244752, 409081, 719705, 892199, and 907233 were antibiotic-resistant bacteria isolated from patients
at Eulji University Hospital (Seoul, Korea). The study protocol was reviewed and approved by the
institutional review board of Eulji Hospital (No. EMCS 2016). All patients gave their informed consent
to participate in this study or the informed consent process was waived in accordance with the decision
of the ethics committee of each hospital. The mouse used in this study was carried out in strict
accordance with the recommendations in the Guide for the Care and Use of Laboratory Animals of the
National Institutes of Health, and approved by the Committee on the Ethics of Animal Experiments
(CIACUC2017-S0042; Chosun University, Gwangju, South Korea).

4.3. Peptide Synthesis and Sequence Analysis

The peptides were synthesized using the solid-phase-9-fluorenylmethoxycarbonyl method as
reported previously [46] on a Rink amide 4-methylbenzhydrylamine resin using a Liberty microwave
peptide synthesizer (CEM, Matthews, NY, USA). The purity and molecular weight of the peptide
was confirmed by reversed-phase high-performance liquid chromatography and matrix-assisted laser
desorption ionization-time of flight mass spectrometry. Projections of the predicted three-dimensional
structures were constructed online using the Mobyle@RPBS bioinformatics portal (http://mobyle.rpbs.
univ-paris-diderot.fr/cgi-bin/portal.py#welcome), whereas the HeliQuest site (http://heliquest.ipmc.
cnrs.fr) was used to create helical wheel diagrams and determine the relative hydrophobic moments of
the peptides.

4.4. Circular Dichroism Measurements

CD measurements were performed on a JASCO 810 spectropolarimeter (Jasco, Tokyo, Japan)
using a 0.1-cm path length rectangular quartz cell [47]. The peptide structure was evaluated in various
solutions. The solutions were prepared at a 40 μM peptide concentration in 10 mM sodium phosphate
buffer, pH 7.2, to mimic an aqueous environment, TFE (20%, 30%, 40%, and 50% TFE) to mimic
the hydrophobic environment of the microbial membrane, and SDS (5, 10, 20, and 30 mM SDS) as
a negatively charged prokaryotic membrane-comparable environment. The spectra were recorded
between 190 and 250 nm. The percent of α-helix content was calculated as follows:

% α-helix = −100 ([θ]222 + 3000)/33,000
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4.5. Antimicrobial Activity Assay

The MIC of peptides was determined by the standard micro-dilution method [48] in 96-well
microtiter plates. Briefly, A. baumannii strains were cultured in MHB media and prepared at 2 × 105

colony-forming units per milliliter (CFU/mL). The peptides were serially diluted to concentrations
between 1 and 32 μM in 10 mM sodium phosphate buffer in a 96-well plate. The bacteria were mixed
with serially diluted peptide in the 96-well plate and incubated at 37◦C for 18–24 h. The absorbance of
the sample at 600 nm was measured using a microplate reader and repeated three times.

4.6. Hemolysis Assay

The hemolytic activity of peptides was evaluated using mouse red blood cells (RBCs). RBCs were
washed three times with PBS (Phosphate Buffered Saline) until the supernatant was clear. The peptides
were diluted to 64 μM and added to a 96-well plate. RBCs were added at a final concentration
of 8% (v/v). After incubation for 1 h, the plate was centrifuged for 10 min and the absorbance of
the supernatant was measured at 414 nm. The percentage of hemolysis was calculated using the
following formula:

Hemolysis (%) = (A414 of peptide − A414 of PBS)/(A414 of Triton − A414 of PBS) × 100

RBCs suspended in PBS and 1% Triton X-100 represented zero hemolysis and 100%
hemolysis, respectively.

4.7. Cytotoxicity Assay

The MTT assay was conducted to measure the cytotoxicity of the peptides towards HaCaT cells.
HaCaT cells were cultured in DMEM supplemented with 1% penicillin and 10% FBS at 37 ◦C with
CO2. Briefly, a total of 2 × 104 cells/well were seeded into a 96-well plate, which was incubated
overnight. Peptides serially diluted with DMEM at 0–64 μM were added to each well and reacted
for 23 h. Next, 10 μL of 5 mg/mL MTT was added to each well, followed by incubation for 1 h.
The supernatants were removed and dissolved by adding DMSO. Absorbance was measured at
570 nm [49]. The control was DMEM media without peptide. Cytotoxicity was calculated using the
following formula:

Cytotoxicity (%) = 100 − [(A570 of peptide treated cells/A570 of control) × 100]

4.8. Biofilm Inhibition Assay

To investigate the inhibitory effect of peptide on biofilm formation, A. baumannii strains were
cultured in MHB [50]. Bacteria were diluted to 5 × 105 CFU/mL in MHB supplemented with 0.2%
glucose, and then 90 μL of the bacterial suspension was mixed with 10 μL of the peptide in a 96-well
plate for 24 h. The supernatant was then carefully removed, and the formed biofilm was fixed with
100% methanol for 10 min. After removing the methanol, the biofilms were stained with 0.1% crystal
violet for 30 min. The plates were then washed with distilled water three times. Finally, the biofilms
were completely dissolved in 95% ethanol and absorbance was measured at 595 nm using a Versa-Max
microplate ELISA reader (Molecular Devices, Sunnyvale, CA, USA).

4.9. Biofilm Eradication Assay

To measure the removal effect of the formed biofilms, 100 μL aliquots of A. baumannii 907233
(5 × 105 CFU/mL) were incubated in MHB with 0.2% glucose and incubated for 24 h. The culture
medium was removed, and the wells were carefully washed with PBS to remove planktonic bacteria.
Peptide or antibiotics were added at up to 256 μM in MHB supplemented with 0.2% glucose for 24 h.
The biofilms were stained with crystal violet for 30 min, washed three times with PBS, and dissolved
in 95% ethanol.
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4.10. Visualization of Biofilms

To visualize the inhibition and elimination effect of the peptide on the biofilm, SYTO9 dye was
used [51]. The formed A. baumannii 907233 biofilm was fixed with 100% methanol and stained with
SYTO9 dye for 30 min in the dark. Images were obtained using an EVOS FL Auto 2 fluorescence
microscope (Invitrogen, Carlsbad, CA, USA).

4.11. Salts Sensitivity Assay

Acinetobacter baumannii KCTC 2508 and A. baumannii 907233 strains were diluted to
2 × 105 CFU/mL in MHB media. The peptide was serially diluted from 0 to 32 μM in the presence of
physiological salts. The final concentrations of physiological salts were as follows: 50, 100, 150 mM
NaCl, 0.5, 1, 2 mM MgCl2, and 2, 4, 8 μM FeCl3. After these treatments, the procedures were same as
used for the MIC assay described above.

4.12. Mechanism of Action Analysis

Outer membrane permeabilization assay. Permeation of the bacterial outer membrane by
the peptide was measured by conducting a 1-N-phenylnaphthylamine (NPN) uptake assay [52].
Acinetobacter baumannii KCTC 2508 and A. baumannii 907233 strains were cultured in MHB, washed,
and suspended to 0.25 at OD 600 nm in 5 mM HEPES buffer. Each strain was mixed with NPN to a
final concentration of 10 μM. Next, 50 μL of peptide (1×, 2×, or 4× MIC) was added to the mixture in
a 96-well plate. The relative fluorescence intensity was measured over time using a Spectramax M3
spectrophotometer (Molecular Devices) at 420 nm.

Cytoplasmic membrane depolarization assay. The membrane potential-sensitive dye DiSC3-5
was used to measure cytoplasmic membrane depolarization [53]. Acinetobacter baumannii KCTC 2508
and A. baumannii 907233 strains were cultured in MHB and washed three times with 5 mM HEPES
(pH 7.3) containing 20 mM glucose. The bacteria were resuspended to 0.05 at OD 600 in buffer (5 mM
HEPES, 20 mM glucose, and 100 mM KCl) and incubated with 1 μM DiSC3-5. The fluorescence was
stabilized for 1 h and the peptides were added to the mixture. The fluorescence was measured using a
Spectramax M3 spectrophotometer with excitation at 622 nm and emission at 670 nm.

5. Conclusions

In this study, we confirmed that magainin 2 has an α-helix structure and showed strong
antibacterial activity against A. baumannii including multidrug-resistant strains. Magainin 2 is not
toxic towards mammalian cells and maintained its stability and excellent antibacterial activity in a
biologically relevant salt environment. Magainin 2 is also effective for treating infections by inhibiting
or eliminating biofilm formation. The mechanism of action of standard and drug-resistant strains is
that magainin 2 acts on both the outer and inner membranes. Taken together, magainin 2 may be
useful as a new antibacterial and antibiofilm agent.
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Abstract: The widespread use of biomaterials such as contact lenses is associated with the
development of biofilm-related infections which are very difficult to manage with standard therapies.
The formation of bacterial biofilms on the surface of biomaterials is associated with increased antibiotic
resistance. Owing to their promising antimicrobial potential, lipopeptides are being intensively
investigated as novel antimicrobials. However, due to the relatively high toxicity exhibited by
numerous compounds, a lot of attention is being paid to designing new lipopeptides with optimal
biological activities. The principal aim of this study was to evaluate the potential ophthalmic
application of lipopeptide (C10)2-KKKK-NH2. This lipopeptide was synthesized according to Fmoc
chemistry using the solid-phase method. The antibiofilm activities of the lipopeptide, antibiotics
used in ocular infections, and commercially available lens liquids were determined using the broth
dilution method on polystyrene 96-well plates and contact lenses. Resazurin was applied as the
cell-viability reagent. The effectiveness of the commercially available lens liquids supplemented with
the lipopeptide was evaluated using the same method and materials. (C10)2-KKKK-NH2 exhibited
stronger anti-biofilm properties compared to those of the tested conventional antimicrobials and
showed the ability to enhance the activity of lens liquids at relatively low concentrations (4–32 mg/L).
Estimation of the eye irritation potential of the lipopeptide using Toxtree software 2.6.13 suggests
that the compound could be safely applied on the human eye. The results of performed experiments
encourage further studies on (C10)2-KKKK-NH2 and its potential application in the prophylaxis of
contact lens-related eye infections.

Keywords: lipopeptides; biofilm; persister cells; ocular infections; biofilm on contact lenses

1. Introduction

Nowadays, the alarming growth and spread of antibiotic-resistant microorganisms is such a
serious problem that it threatens the achievements of modern medicine [1]. Moreover, microorganisms
form biofilms on the surface of biomaterials or human tissues that are up 1000 times more resistant
to standard antibiotic therapy compared to their planktonic counterparts [2,3]. The continuing rise
in antibiotic and multi-drug resistant as well as biofilm-related bacterial infections is a major global
medical health issue and is associated with the failure of clinical treatment, the limitation of antibiotic
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use, and increased morbidity, mortality, and healthcare costs. All these factors significantly impact the
world economy and, therefore, a new generation of antimicrobial compounds is required [4,5].

Cationic antimicrobial peptides (AMPs) are promising alternatives to conventional antibiotics,
due to their unique mechanism of action that reduces the risk of bacteria developing resistance to
them, and also because of their ability to inhibit multi-drug resistant bacterial biofilms [6,7]. AMPs,
as part of the innate immune system, naturally occur in many parts of the human body. For instance,
LL-37, defensins and psoriasin, as part of tear fluid, form an important part of the innate defense
system in the human eye [8]. LL-37 is an intensively studied human AMP with confirmed anti-biofilm
activity [9,10] that has provided a foundation on which to design numerous peptides to fight bacterial
biofilm [11,12]. Natural AMPs, as well as their derivatives, have been investigated with regard to
their potential ophthalmic use [13,14], including topical application [15,16], incorporation into contact
lenses (CLs) [17,18], and as preservative agents in CL solution [14,19] and corneal storage media [20].
However, despite the promising results obtained with AMPs, their broad spectrum of antimicrobial
activity and their low risk of resistance development, the application of these compounds in therapy is
limited due to their potential toxicity, allergenicity, enzymatic degradation, poor stability in vivo, and
high costs of production [21–26].

The research on features determining the antimicrobial activity of AMPs have yielded essential
information for the design of novel, highly effective compounds with optimized biological properties
that can also be produced at lower cost compared to their natural antimicrobial counterparts.
Numerous studies focus on evaluating and designing shorter analogs, creating multimeric AMP-based
sequences and developing peptidomimetics which can imitate the bactericidal mechanism of action.

A successful approach to modulating the activity and bioavailability of peptides is the acylation
of cationic peptides with fatty acid. It has been shown that the introduction of D-amino acid or
non-peptide residues significantly improves the antimicrobial spectrum activity of cationic peptides
and determines a higher resistance to proteolytic degradation [27,28]. Simple modification, such as
the acylation of short cationic residue, has resulted in short synthetic lipopeptides, a particularly
promising group of compounds exhibiting a strong and broad spectrum of antimicrobial activity.
They are composed of short positively-charged peptide chains conjugated with a fatty acid that
provides amphipathicity. Those two features determine the surface-active properties of the compounds
and allow them to electrostatically interact with a negatively-charged microbial membrane, leading to
a rapid-kill drug-resistant pathogen [29]. The compounds are cost-effective and less time-consuming
to produce in comparison with native AMPs.

So far, research has allowed numerous short lipopeptides endowed with high antibacterial as well as
antifungal activity to be identified [21,30–32]. These lipopeptides have also been found to be effective
against biofilms and multi-drug resistant bacteria [33]. However, their practical use in ophthalmology
remains limited. Two critical issues are their potential toxicity or allergenicity [31,34]. These issues are
especially important in the case of such a delicate and sensitive structure like the human eye and, therefore,
a great deal of attention is being paid to optimizing the biological activities of lipopeptides.

In previous studies, we identified very a promising compound—(C10)2-KKKK-NH2—which
exhibits strong antibacterial activities and low toxicity towards human cells in vitro [35,36]. In this
study we have further investigated the antimicrobial activity of this compound with regard to its
potential application in ophthalmology, and pre-evaluated its irritation potential via computational
methods which have proved to be very useful in predicting and describing the properties of the
compound [37–39].

2. Results

2.1. Activity of the Lipopeptide and Conventional Antibiotics against Biofilms Formed on Polystyrene

The tested compounds exhibited diverse antibiofilm activities towards various bacterial species.
The durability of the antimicrobial effect after the withdrawal of the active compound varied
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significantly depending on the applied compound and the tested strain. In many cases, the removal of
the antibiotic caused partial or even full renewal of bacterial biofilms.

Structures formed by Staphylococcus epidermidis (SE) on the surface of 96-well plates turned out to
be sensitive to all tested compounds (Figure 1, Table 1). The application of solutions of ciprofloxacin
significantly reduced the metabolic activity of cells in the pre-grown structures. The antibiotic used at
a range of concentrations from 1–8 mg/L caused a ca. 70–80% decrease in the metabolic activity of
cultured bacteria, while concentrations of 16 mg/L and higher resulted in the reduction of metabolic
activity to 10% and lower in comparison to the positive control. Additional incubation in the pure
medium after the removal of solutions of ciprofloxacin (1–128 mg/L) caused an increase in the
metabolic activity of the bacteria (Table 1). Only the concentration of 256 mg/L of the antibiotic created
a permanent antibiofilm effect.

Figure 1. Activity of the lipopeptide and conventional antimicrobials applied at concentrations
of 1–256 mg/L against SE biofilms formed on polystyrene (A) results read after 24 h exposure to
compounds; and (B) results read after the withdrawal of compounds and an additional 24 h of
incubation in MHB II. The results are presented as the percentage of metabolic activity in comparison
to positive (100%) and negative (0%) controls; RSD ≤ 15%.
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Table 1. Activities of conventional antimicrobials and the lipopeptide—(C10)2-KKKK-NH2 against
bacterial biofilms formed on polystyrene plates presented as MBEC—minimum biofilm eradication
concentration (mg/L); MBEC 90—the lowest concentration which allowed to reduce the metabolic
activity of bacteria by at least 90 ± 5%; MBEC 90 II – the lowest concentration which resulted in
permanent reduction of metabolic activity by at last 90 ± 5%; MBEC 50—the lowest concentration which
allowed to reduce the metabolic activity by at least 50 ± 5%; MBEC 50 II—the lowest concentration
resulted in permanent reduction of the metabolic activity by at least 50 ± 5%.

Compound MBEC 90 MBEC II 90 MBEC 50 MBEC II 50

Staphylococcus epidermidis
Ciprofloxacin 16 256 ≤1 128

Chloramphenicol 256 >256 32 >256
Neomycin 16 16 ≤1 8

Lipopeptide 16 16 16 16
Staphylococcus aureus

Ciprofloxacin >256 >256 16 128
Chloramphenicol >256 >256 128 >256

Neomycin 64 64 4 64
Lipopeptide 32 32 8 16

Enterococcus feacalis
Ciprofloxacin >256 >256 64 256

Chloramphenicol >256 >256 32 >256
Neomycin >256 >256 64 >256

Lipopeptide 32 32 16 32
Escherichia coli

Ciprofloxacin 32 32 ≤1 ≤1
Chloramphenicol 16 >256 8 >256

Neomycin >256 >256 8 >256
Lipopeptide 64 64 64 64

Pseudomonas aeruginosa
Ciprofloxacin ≤1 32 ≤1 16

Chloramphenicol 128 >256 4 256
Neomycin 64 >256 8 128

Lipopeptide 256 >256 64 64

Similar antibiofilm activity against SE was presented by neomycin. However, in the case of
this antibiotic, the effect remained after its withdrawal and additional incubation. Chloramphenicol
exhibited rather low antibiofilm potential. In the first antibiofilm assay, the compound reduced the
metabolic activity of bacteria to ca. 12, 20, and 25% once applied at concentrations of 256, 128, and
64 mg/L respectively. The activity was removed totally in the second assay—the metabolic activity
of bacteria in all the samples after exposure and the subsequent withdrawal of chloramphenicol
increased significantly. Lipopeptide (C10)2-KKKK-NH2 turned out to be very active against SE biofilm.
Application at concentrations of 16–256 mg/L caused the metabolic activity of bacterial cells to reduce
to ca. 5%. This was the strongest reduction of metabolic activity of SE cells observed in this assay.
Moreover, the effect remained after additional incubation in the pure medium after the withdrawal of
the lipopeptide.

Staphylococcus aureus (SA) cultured on polystyrene plates turned out to be less sensitive in
comparison to SE (Figure 2, Table 1). The difference in susceptibility is especially visible in the
case of conventional antibiotics. Ciprofloxacin reduced the metabolic activity of SA to less than 20%
when applied at the highest tested concentration and to ca. 30% when applied at concentrations of
128–164 mg/L. The antibiofilm effect was permanent only at the two highest concentrations (Table 1).
The removal of the antibiotic SA in the sample treated with a concentration of 64 mg/L increased
metabolic activity to ca. 70% of the positive control. Neomycin exhibited some higher and more
permanent activity. However, the reduction of metabolic activity was not as significant as in the case of
SE. The most potent antistaphylococcal agent was the lipopeptide. The compound caused a reduction
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in the metabolic activity of SA cells by over 90% when applied at concentrations of 32 mg/L and higher.
The exposure to the lipopeptide caused a permanent antibiofilm effect—metabolic activity did not
increase after the compound was replaced with pure MHB II. As in the case of SE, chloramphenicol was
the least promising agent. The metabolic activity of SA was reduced by half only after the application
of the compound at concentrations of 128–256 mg/L and increased significantly after the withdrawal
of the antibiotic.

Figure 2. Activity of the lipopeptide and conventional antimicrobials applied at concentrations
of 1–256 mg/L against SA biofilms formed on polystyrene (A) results read after 24 h exposure to
compounds; and (B) results read after the withdrawal of compounds and an additional 24 h of
incubation in MHB II. The results are presented as the percentage of metabolic activity in comparison
to positive (100%) and negative (0%) controls; RSD ≤ 15%.

Biofilms formed by Enterococcus feacalis (EF) turned out to be the most resistant to conventional
antimicrobials (Figure 3, Table 1). Application of all three compounds at the highest concentrations
resulted in a reduction of metabolic activity in biofilms to ca. 35% of initial populations. After the
withdrawal of antibiotics, the effect remained for ciprofloxacin, while the removal of chloramphenicol
and neomycin resulted in the complete renewal of the metabolic activity of bacteria. The lipopeptide
exhibited the ability to permanently eradicate the biofilm at concentrations of 32–256 mg/L. In both
antibiofilm assays, a reduction of the metabolic activity of EF to less than 10% of the positive control
was observed.
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Figure 3. Activity of the lipopeptide and conventional antimicrobials applied at concentrations
of 1–256 mg/L against EF biofilms formed on polystyrene (A) results read after 24 h exposure to
compounds; and (B) results read after the withdrawal of compounds and an additional 24 h of
incubation in MHB II. The results are presented as the percentage of metabolic activity in comparison
to positive (100%) and negative (0%) controls; RSD ≤ 15%.

Some higher concentrations of the lipopeptide were required to fight structures formed by
Escherichia coli (EC) (Figure 4, Table 1). This effect was observed after application of the lipopeptide
at concentrations of 64 mg/L and higher. However, the reduction of metabolism was also very high
and did not deteriorate after the withdrawal of the compound. A similar effect was observed after
the exposure of EC biofilms to ciprofloxacin at concentrations of 32–256 mg/L. Treatment with lower
concentrations reduced metabolic activity by 75 to 85%, however, after removal of the antibiotic,
a certain increase of metabolic activity was observed. Chloramphenicol, as well as neomycin, also
exhibited rather high effectiveness towards EC biofilms; however, the bacterial populations were able
to fully restore their metabolic activity when the compounds were removed from the environment.
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Figure 4. Activity of the lipopeptide and conventional antimicrobials applied at concentrations
of 1–256 mg/L against EC biofilms formed on polystyrene (A) results read after 24 h exposure to
compounds; and (B) results read after the withdrawal of compounds and additional 24 h of incubation
in MHB II. The results are presented as the percentage of metabolic activity in comparison to positive
(100%) and negative (0%) controls; RSD ≤ 15%.

Pseudomonas aeruginosa (PA) formed a biofilm which exhibited the highest resistance towards the
lipopeptide (Figure 5, Table 1). The compound reduced the metabolic activity of bacteria to 10% only
when applied at a concentration of 256 mg/L. Unfortunately, the bacteria repopulated and gained
40% of the metabolic activity of the positive control after the removal of the lipopeptide. Application
of lower concentrations resulted in a 50% decrease of bacterial metabolism which did not increase
after the withdrawal of the compound. Ciprofloxacin was highly active against PA—it reduced the
metabolic activity of bacteria by more than 90% even at the lowest applied concentrations. Further
incubation in the medium without antibiotics caused a certain renewal of metabolic activity within the
biofilm, but only in wells treated with the antibiotic applied at concentrations lower than 32 mg/L.
Exposure of the PA biofilm to chloramphenicol at concentrations of 128–256 and 32–64 mg/L resulted
in the reduction of the metabolic activities of bacteria by ca. 90% and 70%, respectively. The incubation
of PA after replacing solutions of chloramphenicol with MHB II resulted in a significant increase in
metabolism. Interestingly, pretreating the biofilm with the compound at concentrations lower than
32 mg/L resulted in a significant promotion of biofilm growth. Very similar results were obtained for
neomycin. The compound reduced metabolic activity by over 90% at concentrations of 64–256 mg/L
and 75% after the exposure of PA to the compound at a concentration of 32 mg/L. Removal of the
antibiotic resulted in a significant increase of PA metabolism. As in the case of chloramphenicol,
pretreatment of a PA biofilm with concentrations lower than 32 mg/L caused the enhanced metabolism
of bacteria in comparison to the positive control.
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Figure 5. Activity of the lipopeptide and conventional antimicrobials applied at concentrations
of 1–256 mg/L against PA biofilms formed on polystyrene (A) results read after 24 h exposure to
compounds; and (B) results read after the withdrawal of compounds and additional 24 h of incubation
in MHB II). The results are presented as the percentage of metabolic activity in comparison to positive
(100%) and negative (0%) controls; RSD ≤ 15%.

2.2. Activity of Lipopeptide and CL Solutions against Biofilms Formed on CLs

Commercially-available lens liquids proved to be highly active against biofilms formed on CLs.
They reduced the metabolism of bacteria cultured on CLs by at least 90% for the vast majority of
tested strains. Both liquids A and B caused a reduction of bacterial metabolism to 10% of the positive
control (or lower) for SA, SE, EF, and EC, while only liquid A demonstrated this activity against PA.
The application of the lipopeptide dissolved in PBS allowed biofilms formed by all tested strains to
be removed from the CLs. The highest effectiveness was observed for SE and EF. After exposure to
the lipopeptide at a concentration of 8 mg/L, the metabolic activity of bacteria reduced by at least
90%. For such a significant decrease of metabolism of SA cells, the application of the lipopeptide at
a concentration of 16 mg/L was needed. The most difficult cultures to eliminate with lipopeptide
solutions were EC and PA—to reduce the metabolic activity of these strains by more than 90%,
a concentration of 32 mg/L of lipopeptide were required (Figure 6).

These very promising results were obtained when the exposure to CL liquids and solutions
of lipopeptide lasted until the reading of results. Once the CL liquids were removed and the CLs
were further incubated in MHB II, the metabolic activities of bacterial populations of the majority of
strains were nearly fully renewed. The antibacterial effect of CL solutions remained only for SE, while
for liquid A and the EF strain, biofilm growth increased. Some better, but also not fully satisfying,
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results were obtained for the lipopeptide. It permanently removed SA and SE biofilms from CLs once
applied at a concentration of 16 mg/L. For Gram-negative strains, the bacterial populations regrew to
a high extent (PA was fully restored, EC to ca. 50%) after the removal of the lipopeptide at all tested
concentrations. Similarly as in the case of CL solution A, treating EF with the lipopeptide promoted
bacterial growth.

Figure 6. Activity of the lipopeptide applied at concentrations 4–128 mg/L against biofilms formed on
CLs. The results are presented as the percentage of metabolic activity in comparison to positive (100%)
and negative (0%) controls; RSD ≤ 20%.

2.3. Antibiofilm Activity of the Lipopeptide Applied in Combination with CL Liquids

2.3.1. Biofilms Formed on Polystyrene Surfaces

In this assay we found that the supplementation of CL solutions with lipopeptide positively
influenced their antibacterial activity (Figure 7). This was especially noticeable for liquid B, which
demonstrated lower effectiveness in comparison to liquid A. The latter caused the reduction of
metabolic activity of bacteria by more than 90% for almost all tested strains, but supplementation with
the lipopeptide resulted in an even higher decrease of microbial metabolism. Exposure of PA biofilms
to liquid A reduced biofilm metabolism to ca. 15% of the positive control, while supplementation with
the lipopeptide at a very low concentration (1 mg/L) caused further reduction in bacterial metabolic
activity - to 5% of positive control.

Liquid B applied alone caused only partial reduction of bacterial metabolic activity for the
majority of strains. Its supplementation with the lipopeptide at a concentration of 4–8 mg/L reduced
the biofilms of SE, SA, EC, and EF by at least 90%. The PA biofilm was not affected by liquid B at
all. Its combination with the lipopeptide at concentrations of 128 and 64 mg/L reduced the bacterial
metabolism to ca. 4 and 20%, respectively.

The lipopeptide applied alone was highly active against biofilms formed by SA and SE at
concentrations of 32 and 16 mg/L, respectively. Application of the same concentration of the
lipopeptide reduced metabolic activity in the EF biofilm by ca. 95%. Gram-negative strains cultured
on polystyrene surfaces turned out to be much less sensitive to the lipopeptide, which caused partial
reduction of bacterial metabolism. For PA, we observed medium antibacterial activity only at the
highest concentration—128 mg/L.
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Figure 7. Activity of CL liquids alone and supplemented with the lipopeptide applied at concentrations
of 1–128 mg/L against biofilms formed on polystyrene plates by: (A) SE; (B) SA; (C) EF; (D) EC;
and (E) PA. The results are presented as the percentage of metabolic activity in comparison to positive
(100%) and negative (0%) controls; RSD ≤ 15%.

2.3.2. Biofilms Formed on CLs

As described in Section 2.2, the antibacterial effect of CL solutions as well as the lipopeptide
applied alone does not last once the agents are replaced with MHB II. Supplementation of CL
solutions with the lipopeptide significantly improved their antibiofilm activity, which remained
after the withdrawal of active agents (Figure 8). The synergistic effect was especially noticeable for
PA, EC and EF. When the CL solutions or lipopeptide were applied alone against EC and PA biofilms,
the metabolic activities of bacteria were partially or fully restored. Supplementation of both liquids
with the lipopeptide at a concentration of 4 mg/L reduced bacterial metabolism to ca. 2%. A permanent
and sufficient activity against PA was obtained after the application of liquid B with the lipopeptide at
a concentration of 32 mg/L. To nearly totally remove (metabolic activities ca. 1–2%) the EF biofilms
from the surface of CLs, liquids A and B were supplemented with the lipopeptide at concentrations
of 16 and 32 mg/L, respectively. SA was permanently eliminated from CLs once the lipopeptide
was added at concentrations of 8 and 4 mg/L to liquid A and B, respectively. Despite the fact that
SE biofilms were susceptible to the agents when applied alone, we also noticed a synergistic effect
between the lipopeptide and CL solutions.
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Figure 8. Activity of CL liquids alone and supplemented with the lipopeptide applied at concentrations
of 4–32 mg/L against biofilms formed on CL by: (A) SE; (B) SA; (C) EF; (D) EC; and (E) PA. The results
are presented as the percentage of metabolic activity in comparison to positive (100%) and negative
(0%) controls; RSD ≤ 20%.

2.4. Eye Corrosion

Obtained result suggested that target structures do not show eye irritation properties as well as
do not cause skin corrosion.

3. Discussion

The handling of CLs after insufficient hand washing, CL storage cases and solutions may be
potential sources of contamination causing the development of CL-associated infections, which are
relatively rare, but can pose severe vision-threatening complications [40–43]. Due to the development
of bacterial resistance as well as the existence of bacteria in the form of biofilms, the standard means of
prevention and treatment of ocular infections are not always sufficient. Numerous AMPs and their
derivatives have been investigated as potential alternatives to conventional antibiotics, as well as
disinfecting solutions.

The topical application of a cecropin-melittin hybrid was effective in a pseudomonas keratitis
model in rabbits [16]. Another hybrid (protamine-melittin) peptide—melimine—was successfully
evaluated as an antimicrobial CL coating for the prevention of contact lens-induced acute red eye
(CLARE) in the PA guinea pig model [17] and contact lens-induced peripheral ulcer (CLPU) in the
rabbit model [18]. CLs coated with the peptide were also tested in a human clinical trial, where
they demonstrated broad spectrum, high antimicrobial activity and turned out to be safe for use [44].
A derivative of melimine—mel4—was recently successfully applied as an antimicrobial coating for
silicone hydrogel CLs [45].

Peptide Shiva-11—a synthetic analogue of cecropin—was found to be effective against PA, SE,
and SA as an antibacterial agent in CL solutions [46]. In another study, the peptide demonstrated
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a wide range of antimicrobial activity against pathogens isolated from a human suffering from
ocular infections [14]. Another analogue of cecropin—D5C—exhibited the ability to enhance the
effectiveness of commercially-available disinfecting solutions [19]. The lipopeptide used in our study
also demonstrated the potential to enhance the antimicrobial activity of commercial CL solutions.

For our study, we chose the CL liquids which were the most effective in our previous work [47].
As in the previous work, the application of liquid A eliminated at least 90% of living cells of all strains
cultured on CL. Liquid B was effective against the majority of strains except PA. When applied alone,
the lipopeptide demonstrated high activity against Gram-positive bacteria and some lower activity
against Gram-negative strains.

A further assay revealed that the above activities do not last if the CL solutions, and in some
cases also the solutions of lipopeptide, are removed from the environment. This suggests that a certain
population of microbial cells survived the exposure to tested solutions and repopulated after the
removal of these solutions. Further evaluation should be performed in order to determine if the
remaining cells can be identified as persister cells. Persister cells are considered to be responsible
for the resistance of biofilm to antimicrobial agents. They constitute a small population of microbial
cells which exist in the presence of antibiotics, have low metabolic activity and do not grow. They are
believed to be responsible for the return of infections after the withdrawal of antibiotic treatment [48].
It has not been determined if the repopulation of biofilms in the study was the result of the presence
of persisters or regular cells protected by exopolysaccharide (EPS) or other resistance mechanisms.
Therefore, the results are interpreted as permanent/non-permanent antimicrobial activity.

The obtained results revealed that the antimicrobial effect of CL solutions was permanent only in
the case of SE, while the lipopeptide turned out to be active only against staphylococci. Interestingly,
exposure of EF to the lipopeptide resulted in the promotion of biofilm growth on CLs after the
solution was replaced with MHB II. This may be explained by the defense mechanism of bacteria.
Biofilm formation is described as a mechanism developed by bacteria in order to avoid the action of
human AMPs in a human body [49–51]. In order to assess if there is synergistic activity between CL
solutions and the lipopeptide, bacterial biofilms cultured on polystyrene were exposed to CL solutions
supplemented with the compound. We observed a positive influence of lipopeptide supplementation
on the effectiveness of applied CL solutions against all tested strains, and due to this, an assay with
CLs was performed. As expected, the supplementation of CL liquids with the lipopeptide achieved
permanent disinfection of CLs. For staphylococci and EC, this was observed after usage of the
lipopeptide at a concentration of 4 mg/L, while for EF some higher concentrations were necessary.
For PA, only usage of liquid B with the lipopeptide at 32 mg/L gave satisfying results.

PA was also the most difficult strain to eliminate from the surface of CL in the previous study,
in which we investigated amphibian peptides and short lipopeptides containing hexadecanoic acid
according to their potential application as CL solution additives [47]. The results of performed
antimicrobial assays were also very promising. However, due to high toxicity towards human
keratinocytes in vitro, the ocular applications of lipopeptides with hexadecanoic acid are not worth
further consideration [31,36]. In contrast to those lipopeptides, the compound with two residues of
decanoic acid does not exhibit toxicity towards human cells in vitro at its microbiologically-active
concentrations [35,36]. The results obtained in the present study revealed that the lipopeptide enhances
the activity of commercial CL solutions at concentrations much lower than the ones identified as toxic
to both human keratinocytes and erythrocytes. Moreover, according to the results obtained by the
computational method, the compound is expected not to irritate the human eye. This needs to be
confirmed with experimental methods, but data collected so far suggest that (C10)2-KKKK-NH2 might
be a promising antibacterial additive to CL solutions.

The results obtained in assays on polystyrene plates demonstrated that the compound could
also be worth further consideration as an alternative to antibiotic therapy of biofilm-related
infections. In previous studies we confirmed the high antibiofilm activities of lipopeptides containing
hexadecanoic acid [21,52]. However, due to high toxicity in vitro, the compounds should not be
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further considered for administration other than topical skin application [31,36]. (C10)2-KKKK-NH2

demonstrates the ability to eradicate a bacterial biofilm at slightly higher concentrations in comparison
to lipopeptides with hexadecanoic acid. However, for the majority of strains, the active concentrations
were identified as safe to human cells. Moreover, the results obtained for the lipopeptide in the case of
Gram-positive bacteria are much more satisfying in comparison to those obtained for conventional
antimicrobials. The compound demonstrated the ability to permanently eliminate the living bacterial
cells of EF, SA, and SE once applied at concentrations of 32 (EF, SA) and 16 (SE) mg/L, which are below
the concentrations identified as toxic to human cells. For SE, similar results were obtained for neomycin:
the antibiotic was also active at a concentration of 16 mg/L. However, the reduction of bacterial
metabolism was not as significant as was demonstrated by the lipopeptide. The antibiotic was also
active against SA, but at some higher concentration in comparison to the lipopeptide. The remaining
conventional antimicrobials exhibited certain activity in the first assay, however after the withdrawal
of compounds, the bacteria repopulated to a high extent. EF cultured on polystyrene plates turned
out to be not sensitive to the action of all conventional antibiotics. The number of living cells reduced
somewhat at higher concentrations (64–256 mg/L), but after the removal of antibiotics, the bacteria
repopulated almost completely. Based on these results, we can expect the clinical failure of application
of these compounds for biofilm-related infections. Even in the case of a positive effect of therapy, a
return of infection can be expected after the treatment is completed.

Difficulties in the elimination of SA and EF biofilms with ciprofloxacin have previously been
reported [53]. Ciprofloxacin exhibited much higher activity against Gram-negative bacteria, which was
to be expected as the infections caused by EC are the main therapeutic indications for the application
of this antimicrobial. The structures were permanently removed from polystyrene after application
of the compound at a concentration of 16 mg/L, while to eradicate PA a concentration of 32 mg/L
was sufficient. The lipopeptide demonstrated the activity at a concentration of 64 mg/L in the
case of EC, but full elimination of PA was not achieved at the tested range of concentrations: even
after application of the peptide at 256 mg/L, the bacterial population regrew significantly (to 40%).
Chloramphenicol and neomycin showed rather weak activity against EC and PA biofilms, moreover the
bacteria repopulated to a high extent after the withdrawal of compounds, even after exposure to their
highest concentrations. The obtained results suggest that for biofilm-associated infections, ciprofloxacin
can be recommended for Gram-negative infections and neomycin is expected to be effective against
staphylococcal infections, while chloramphenicol is ineffective in the fight against biofilms of all
tested strains. The lipopeptide shows high activity against biofilms formed by Gram-positive bacteria
and is definitely worth further testing in this regard. Its concentrations that were active against
biofilms are only a few times higher in comparison to the previously determined minimum inhibitory
concentrations [35], while for conventional antimicrobials, concentrations at least 50–100 times higher
in comparison to MICs are needed to eradicate biofilms [21,52].

According to the literature, the mechanisms responsible for biofilm resistance/persistence include
the protection of microbial cells by the presence of EPS, changes in gene expression, the slowing down
of metabolism and the presence of persister cells [54,55]. Promising results obtained for lipopeptides
can be explained by their mechanism of action, based on interactions with microbial cell membranes,
which allows slow- or even non-growing bacteria to act. Moreover, the small size of the molecules as
well as their surfactant activity probably facilitates their penetration through EPS.

The recalcitrance to eradication by antibiotics is described as a characteristic feature of the bacteria
in biofilms. Even after exposure to high doses of an antimicrobial, a fraction of cells can survive and
repopulate once the antibiotic is withdrawn, leading to secondary infection [56]. According to the
obtained results, this is not to be expected after treatment with the lipopeptide as the compound seems
to eliminate all the bacteria within the biofilm. It was previously reported that small molecules and
AMPs demonstrate the ability to kill persister cells [57].

The excellent antimicrobial activity was previously reported for many lipopeptides. This,
along with the relatively low production costs, has encouraged many research groups to study
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their antimicrobial activities and design molecules with optimal properties. C16-KK-NH2 is one of
such extensively studied compounds. As mentioned, the lipopeptide exhibits broad spectrum, high
antimicrobial activity, including antibiotic-resistant strains as well as biofilm-associated bacteria [21,
58], but also demonstrates high toxicity towards human cells at very low concentrations [36].
Other derivatives of hexadecanoic acid containing short-sequence peptides with alanine, glycine,
leucine and lysine have demonstrated strong activity against SA strains [59]. Lipopeptides containing
tryptophan and ornithine residues combined with capric, caproic, caprylic, lauric, myristic, and
palmitic acids, and combinations of lauric acid with short sequences composed of ornithine and
cysteine exhibited similar activities [21,60].

There is no doubt that lipopeptides are a very interesting alternative for the therapy of
biofilm-related or drug-resistant microbial infections. The main limitation is their high toxicity resulting
from their non-specific mechanism of action. The compounds disrupt the membranes of red blood
cells when the cells are exposed to the compounds at concentrations close to their minimum inhibitory
concentrations [61,62]. Therefore, the need to design new molecules with optimal properties is very
urgent. (C10)2-KKKK-NH2 is an example of a successfully designed and synthesized novel compound
based on AMPs.

4. Materials and Methods

4.1. Bacterial Strains and Culture Conditions

Bacterial strains were obtained from the Polish Collection of Microorganisms (Polish Academy of
Science, Wroclaw, Poland). Three Gram-positive and two Gram-negative strains linked with CL-related
infections were chosen for the study (Staphylococus aureus ATCC 6538, Staphylococcus epidermidis ATCC
14990, Pseudomonas aeruginosa ATCC 9027, Escherichia coli ATCC 25922, and Enterococcus faecalis ATCC
29212). The bacteria were cultured in a Mueller Hinton Broth II (MHB, Biocorp, Warsaw, Poland)
overnight, under aerobic conditions at 37 ◦C. After incubation, the liquid cultures were centrifuged
(2500 rpm for 10 min) and washed with phosphoric buffer (PBS, AppliChem, Darmstadt, Germany)
three times and resuspended in fresh MHB II for inoculums appropriate for the performed assays.

4.2. Antimicrobials and CL Liquids

Ciprofloxacin, chloramphenicol and neomycin (sulfate) were purchased from Sigma-Aldrich,
(St. Louis, MO, USA). Lipopeptide (C10)2-KKKK-NH2 was synthesized in the Department of Physical
Chemistry (Medical University of Gdansk, Gdansk, Poland) according to the previously described
protocol [62]. Two commercially-available popular CL solutions with the following compositions
were tested:

A: Citrate, Tetronic 1304, aminomethylpropanol, sodium chloride, boric acid, sorbitol, disodium
edetate, Polyquad (Polyquaternium) 0.001%, Aldox (myristamidopropyl dimethylamine) 0.0005%.

B: Boric Acid, disodium edetate, sodium borate, sodium chloride, DYMED (polyaminopropyl
biguanide) 0.0001%, HYDRANATE (hydroxyalkylphosphonate) 0.03%, Poloxamine 1%.

4.3. Activity of Lipopeptide and Antibiotics against Biofilms Formed on 96-Well Plates

Bacterial suspensions were added to 96-well plates (Kartell, Noviglio, Italy) at initial inoculums of
ca. 5 × 108 CFU/mL and incubated under aerobic conditions with shaking (120 rpm) at 37 ◦C for 24 h.
After this time, the wells were washed three times with PBS, and fresh medium supplemented with the
lipopeptide and antibiotics was added. The bacterial cultures were exposed to graded concentrations
(range 1–256 mg/mL) of antimicrobials in MHB II for 24 h (aerobic conditions, 120 rpm shaking,
37 ◦C). After exposure, the wells were washed three times with PBS and a solution of resazurin (Sigma
Aldrich, St. Louis, MO, USA) in MHB II (0.01%) was added. This cell viability reagent is metabolized
by bacterial dehydrogenases upon contact with living cells. As a result, the blue dye is reduced to a
pink resorufin. After 1.5 h of incubation, the absorbance was measured at 570 and 600 nm using a
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microplate reader (Thermo Fisher Scientific, Waltham, MA, USA). The results are presented as a %
of living cells (metabolic activity) compared to the positive control (sample with bacteria suspended
in pure MHBII) and negative control (pure MHB II), which were taken as 100% and 0%, respectively.
The metabolic activity of bacteria in the samples was measured according to the following formula:

Metabolic activity (%) = (ΔAbs of sample − ΔAbs of negative control)/(ΔAbs of positive control
− ΔAbs of negative control);

ΔAbs = absorbance at 570 nm − absorbance at 600 nm;
The presented results are the means of nine results obtained on three different days.

4.4. Activity of Lipopeptide and Antibiotics against Biofilms Formed on 96-Well Plates after the Withdrawal of
the Applied Antimicrobial

This assay was a continuation of assay 4.3 and was performed in order to assess the durability of
the antibiofilm effect. The procedure was conducted as described in Section 4.3, with the difference
that after exposure to antimicrobials, the wells were washed three times with PBS and pure MHB II
was added. The samples were incubated for another 24 h (aerobic conditions, 120 rpm shaking, 37 ◦C).
Then the medium was replaced with resazurin in MHB II (0.01%). The absorbance was measured at the
same wave lengths and metabolic activity was calculated according to the formula given in Section 4.3.
The presented results are means of nine results obtained on three different days.

4.5. Activity of Lipopeptide and CL Liquids against Biofilms Formed on CLs

Bacterial biofilms were cultured on commercially available CLs (1-Day Acuvue Moist, containing
Etafilcon A, obtained from Johnson and Johnson Vision Care, Jacksonsville, FL, USA). The CLs
were placed in polystyrene 24-well plates (Orange Scientific, Braine-l’Alleud, Belgium) in bacterial
suspensions in MHB II at initial inoculums of ca. 5 × 108 CFU/mL. After 24 h of incubation (aerobic
conditions, 120 rpm shaking, 37 ◦C), all of the CLs were rinsed three times with PBS. The lenses were
then transferred into new wells with CL liquids and solutions of the lipopeptide in PBS at graded
concentrations (range 4–64 mg/mL) and incubated again for 24 h at 37 ◦C. After incubation, resazurin
was added (final concentration per sample = 0.01%) and absorbance was measured as in the assays 4.3
and 4.4. Positive controls contained CLs with bacterial biofilms placed in pure PBS, while sterile CLs
incubated in MHB II replaced with PBS served as negative controls. The experiments were performed
in triplicate on three different days.

4.6. Antibiofilm Activity of the Lipopeptide Applied in Combination with Commercially-Available Lens Liquids

4.6.1. The Effect of the Lipopeptide on the Effectiveness of the Lens Liquids against Biofilms Formed
on 96-Well Polystyrene Plates

The bacteria were cultured as described in Section 4.3 and afterwards exposed to graded
concentrations (range 128mg/mL) of the lipopeptide dissolved in PBS and the CL solutions. The assay
was also performed for the samples where biofilms were exposed to CL liquids without the lipopeptide.
Positive controls (100%) were wells with pre-grown biofilms where the MHB II was replaced with
pure PBS, while negative controls were wells with pure MHB II (also replaced with PBS). After 24 h of
incubation (aerobic conditions, 120 rpm shaking, 37 ◦C), the solutions were replaced with resazurin in
MHB II and the results were read and presented as described in Section 4.3.

4.6.2. Activity of the Lipopeptide, Lens Liquids and Their Combinations against Biofilms Formed on
CLs after Withdrawal of the Antimicrobial Solution

Biofilms on CLs were grown as described in Section 4.5 and exposed to graded concentrations
of the lipopeptide dissolved in CL solutions and PBS. The assay was also performed for the samples
where biofilms on CLs were exposed to pure CL solutions. Positive controls (100%) were biofilms
on CLs in PBS, while negative controls were CLs previously incubated in pure MHB II replaced for
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the exposure time with PBS. After 24 h of exposure (aerobic conditions, 120 rpm shaking, 37 ◦C)
all the solutions were removed, replaced with MHB II and the samples were incubated for another
24 h. Resazurin was then added in order to visualize the results. The results were read, calculated,
and presented as in the previously-described sections.

4.7. Eye Irritation Calculation Assay

The eye irritation of investigated structures was calculated using Toxtree software 2.6.13 (free and
available on the web site http://toxtree.sourceforge.net/) based on the “Estimates eye irritation and
corrosion potential by physicochemical property ranges and structural rules“ algorithm implemented
into a decision tree [63].
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AMP Antimicrobial peptide
CL Contact lens
EC Escherichia coli
EF Enterococcus faecalis
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PA Pseudomonas aeruginosa
PBS Phosphoric buffer
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Abstract: Food packaging is not only a simple protective barrier, but a real “active” component,
which is expected to preserve food quality, safety and shelf-life. Therefore, the materials used for
packaging production should show peculiar features and properties. Specifically, antimicrobial
packaging has recently gained great attention with respect to both social and economic impacts.
In this paper, the results obtained by using a polymer material functionalized by a small synthetic
peptide as “active” packaging are reported. The surface of Polyethylene Terephthalate (PET), one of
the most commonly used plastic materials in food packaging, was plasma-activated and covalently
bio-conjugated to a bactenecin-derivative peptide named 1018K6, previously characterized in terms
of antimicrobial and antibiofilm activities. The immobilization of the peptide occurred at a high yield
and no release was observed under different environmental conditions. Moreover, preliminary data
clearly demonstrated that the “active” packaging was able to significantly reduce the total bacterial
count together with yeast and mold spoilage in food-dairy products. Finally, the functionalized-PET
polymer showed stronger efficiency in inhibiting biofilm growth, using a Listeria monocytogenes strain
isolated from food products. The use of these “active” materials would greatly decrease the risk
of pathogen development and increase the shelf-life in the food industry, showing a real potential
against a panel of microorganisms upon exposure to fresh and stored products, high chemical stability
and re-use possibility.

Keywords: active packaging; antimicrobial peptides; food shelf-life; foodborne pathogens;
plastic materials

1. Introduction

Today, food preservation, quality maintenance and safety are considered the major growing concerns
in the food industry. Food products can undergo different processes of contamination, which lead to
loss of colour, texture and nutritive values, allowing the growth of pathogenic microorganisms and
deterioration of the quality of the products, making them non-edible. Food contamination can occur
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with its exposure to the environment during slaughtering, food processing, packaging, transportation or
distribution. In addition, one of the main problems in the food industry is represented by the presence
of biofilms, which are considered a serious public health risk. A biofilm is a functional consortium of
microorganisms formed principally by exopolysaccharides that can exist on all types of surfaces in food
plants ranging from plastic, glass, metal, wood, to food products. For these reasons, biofilms enhance
the persistence of several foodborne pathogens on product contact surfaces due to their special structure,
and so they are more resistant to antimicrobial agents. Current conventional methods for maintaining
food quality and safety over time during drying, freezing, heating or salting have not found to satisfy
consumers as recontamination may often occur, rendering the food unpalatable.

Another relevant issue concerning the food industry is the need to feed an ever-increasing
global population, which makes it obligatory to reduce the millions of tons of avoidable perishable
waste along the food supply chain. In this context, a considerable share of these losses is caused by
non-optimal chain processes and management. Shelf-life is defined as the time span under defined
storage conditions within which foods remain acceptable for human consumption in terms of safety,
nutritional attributes and sensory properties [1]. Unappealing foods and the uncertain safety of food
items have been reported as the main causes for discarding food products among consumers and
retailers. Indeed, about 15% of perishable foods are actually wasted at retail stores due to damage and
spoilage [2]. Consequently, prolonging the shelf-life of food products, ensuring their quality, safety,
and integrity, is a crucial aspect to minimize food waste.

All these concerns demand a need for more effective food quality systems for food protection,
preservation, and transport to consumers in a wholesome form. Therefore, today, the food industry is more
interested in exploring innovative and alternative solutions to presently used methods. In this context,
antimicrobial packaging represents a novel strategy to suppress the activities of targeted microorganisms
that can contaminate the food products and then strongly affect their shelf-life. One strategy to achieve
this goal is to use active materials projected “ad hoc” to kill harmful microorganisms or to inhibit their
growth on their surface or in the surrounding environments. In this respect, antimicrobial polymers
present several advantages because of their high tunability in terms of physico-chemical properties, efficacy,
resistance, and prolonged lifetime. However, in spite of the large developments in the preparation and
structure-property relationship of this class of antimicrobial polymers, very few of them are practically
suitable to solve food-related problems [3]. In this context, plastics are the most commonly used materials
for packaging applications because of low-cost, ease of processing and the availability of abundant
resources for their production. Indeed, during the last few years, several studies have been focused on
the incorporation of antimicrobial peptides (AMPs) into polymeric materials through covalent or physical
binding [4,5]. AMPs are essential components of innate immunity [6], contributing to the first line of
defence against infections [7,8] and are actually the most promising antimicrobial compounds, mainly
because of their broad spectrum of action, high selectivity toward bacterial cells and low risk to promote
resistance. The AMP family comprises peptides, which are usually short and amphipathic molecules
with a high number of basic residues and a strong tendency to assume prevalently α-helix conformations,
which are important to explicate their antimicrobial functions including also antibiofilm activity [9–12].
Amphiphilic AMPs with net positive charge have the capacity to tune their secondary structure upon
interacting with the lipid tails inside the membrane, enhancing the membrane rupture activity of these
peptides [13]. One of the most studied AMPs, is the innate defence regulator peptide-1018 (IDR-1018),
a 12-mer cationic compound (VRLIVAVRIWRR-NH2), derived from the bovine host-defense peptide (HDP)
bactenecin, found in the bovine neutrophil granules and belonging to the cathelicidin family [10–12,14,15].
Recently, a new 1018-derivative antimicrobial peptide, named 1018K6, in which the alanine is replaced
with a lysine residue (VRLIVKVRIWRR-NH2), was designed and characterized [16,17]. This single point
mutation was revealed to have a strong impact on the conformational status of 1018K6, inducing an
increased propensity to assume an α-helix structure in the membrane-mimetic models such as micellar
solutions of SDS [16,17]. Furthermore, 1018K6 was revealed to be able to retain its structural integrity
better than the cognate IDR-1018 under a wide range of pH and temperature conditions for prolonged
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incubation times. In addition, 1018K6 exhibited a significant bactericidal/antibiofilm activity specifically
against L. monocytogenes isolates from food-products and food-processing environments [16,17].

Actually, wet and dry procedures can be used to link peptides to polymer surfaces [18,19], although
it is not trivial to functionalize them with AMPs as they can completely lose their antimicrobial activity,
once bound on the surface. Cold plasma is considered an emerging novel technology industrially used
for activation of polymer surfaces, which exhibit reactive -COOH* and -OH* groups that rapidly interact
with the free –NH2 and –COOH in the peptide sequence. The resulting functionalized surfaces are very
stable and can be used in solution under a wide range of pHs and salt conditions [20].

The aim of this study was to develop a new class of packaging materials, functionalized with
the bactericidal peptide 1018K6 by cold plasma technology, able to inhibit the biofilm formation
of L. monocytogenes and to significantly reduce the Aerobic Plate Count (APC) and yeast and mold
spoilage of food dairy products.

2. Results and Discussion

2.1. Activation of PET Polymer by 1018K6

Currently, the packaging sector accounts for over 40% of the total worldwide plastic
consumption [21,22]. The essential properties for packaging materials are determined by the physical
and chemical characteristics of the products, as well as by the external conditions under which the
product is stored/transported [21]. As plastics have a wide range of properties which can be tailored
according to the specific requirements, they are the most attractive materials for packaging applications.

In this work, polyethylene terephthalate (PET), one of the most common packaging materials
accounting for more than 90% of the total volume of plastics used, was functionalized with the already
characterized AMP, 1018K6. As the PET surfaces appeared to be hydrophobic, i.e., water contact
angle greater than 90◦, it was impossible to perform the functionalization by incubating them with the
antibacterial peptide 1018K6 in aqueous solutions. Therefore, a possible approach was to pre-activate
the PET surfaces by using the radio frequency cold plasma technique and oxygen as gas, which
induces the formation of reactive -COOH* and -OH* groups [23], allowing the covalent binding with
the peptide, as sketched in Figure 1.

Figure 1. Process diagram for the modification of the PET surface by activation with
radiofrequency cold plasma using oxygen as gas and coupling of the synthetic peptide 1018K6 with
antibacterial properties.
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In this experimental procedure, PET disks were taken directly from the container, used for the
preservation of fresh dairy products, specifically buffalo mozzarella cheese, and provided by the
customer. To assess quantitatively the PET surface wettability induced by oxygen plasma activation
and peptide functionalization, WCA (water contact angle) measurements were carried out on PET
samples acquiring the images after 30 sec, before and after treatments (Figure 2).

 
Figure 2. WCA measured on pristine PET (a), oxygen plasma activated-PET (b) and
1018K6-functionalized PET (c). The measurements were performed on five samples in duplicate.

Firstly, the WCA value of the pristine PET disks was equal to 98 ± 3◦ (Figure 2a). Upon oxygen
plasma treatment, the WCA profiles of PET membranes shifted to lower values, indicating that a higher
degree of surface hydrophilicity was achieved. Specifically, the change in the surface wettability was
quantified, carrying out the measurements at different exposure times (T) and RF powers and varying
the concentration and the partial pressure (P) of the oxygen (O2). The obtained results demonstrated
that, already at 50 W and 10 sec of exposure time, the PET surface became less hydrophobic and more
hydrophilic (WCA = 56 ± 5◦), as shown in Figure 2b. However, no variations were observed in WCA
values by changing the oxygen pressure and concentration parameters. On the contrary, it should be
noted that when high values of RF power (RF = 300 W) and long exposure times (T = 100–300 sec)
were applied, a macroscopic change in the roughness of the PET surface was detectable, indicative
of the beginning of a material degradation process. This behaviour suggested that the cold radio
frequency plasma treatment was not suitable for PET materials under the aforementioned operating
conditions. Generally, the surface of the pristine PET was hydrophobic due to the presence of aliphatic
carbonaceous chains. Hence, the plasma treatment induced the formation of extremely reactive radical
groups that interrupted the carbon chains and reduced the inborn hydrophobicity of the material,
making it more hydrophilic and able to interact strongly with water molecules [24]. Immediately after
plasma exposure, the pre-treated PET samples were incubated for a minimum of 8 h in an aqueous
solution of 1018K6 peptide, using samples not subjected to radio frequency cold plasma treatment
as controls. The PET exposure to the peptide solution favoured the coupling between the peptide
chemical groups (typically -COOH and –NH2) and the generated reactive groups (-COOH*, -OH*)
on PET, which were not passivated by the atmospheric water. The coupling of the peptide on the
polymeric surface resulted in a further modification of the wettability as revealed by the WCA value
(WCA = 36 ± 2◦), due to the hydrophilic nature of the chemical groups of the amino acid residues
along the peptide sequence (Figure 2c). On the other hand, PET control samples not pre-treated by
radio frequency cold plasma and incubated for 24 h in aqueous solution containing 1018K6, clearly
showed a negligible non-specific adsorption of the peptide on the PET surface.

In order to confirm the 1018K6-PET linkage, the Fourier Transform InfraRed spectroscopy (FTIR)
was carried out under inert (N2) atmosphere. The FTIR spectra of the control samples before radio
frequency cold plasma treatment displayed different main peaks corresponding to the C-C, C-H, C-O
groups of the polymer and to the –OH groups of the water adsorbed on the polymer surface after the
incubations (Figure 3a).

After the plasma treatment, a relevant increase of the –OH group peaks in the FTIR spectra was
observed (Figure 3b), consistent with the improvement of the surface wettability quantified by WCA
measurements [25,26]. Next, the functionalization of the activated PET samples with 1018K6 was
responsible for the appearance, in the FTIR spectra, of the characteristic absorption signals of a peptide,

215



Int. J. Mol. Sci. 2019, 20, 601

including the Amide I and Amide II bands (Figure 3c). These bands arise from the peptide bonds that
link the amino acids (O=C-NH) in the 1018K6 sequence. Specifically, the absorption associated with the
Amide I band, which was observed in the 1650–1560 cm−1 interval, produced the stretching vibrations
of the C=O bond of the amide, whilst the absorption associated with the Amide II band showed in the
1580–1490 cm−1 interval, led primarily to bending vibrations of the N—H bond (Figure 3c). Therefore,
the FTIR analyses validated the successful bio-conjugation of 1018K6 peptide on the plasma-activated
PET surface, in complete agreement with WCA characterization.

Figure 3. FTIR spectrum of the PET sample before radiofrequency cold plasma treatment (a); after
plasma treatment (b); after 1018K6 bio-conjugation (c).

2.2. Immobilization Yield and Leakage of 1018K6 from PET Polymer

One of the most important factors in fabricating antimicrobial packaging is to immobilize on a
polymeric surface the functional compounds without losing their activity. Therefore, to keep them
active, it is necessary to immobilize the peptides in a way that preserves their folded structural
integrity. Firstly, to obtain stable and active packaging, it is crucial to regulate the peptide surface
concentration which depends on the binding strategy used, as it can strongly affect the efficiency of
peptide immobilization. Therefore, the immobilization yield of different 1018K6 concentrations on the
PET surface after the coupling reaction was indirectly estimated by Reverse-Phase High-Performance
Liquid Chromatography (RP-HPLC). In this experiment, once the conjugation reaction was completed,
the supernatant solutions were recovered after 24 h incubation and analysed by RP-HPLC, evaluating
the peak area of the peptide not bound to the polimeric surface. Consequently, by knowing the
initial peptide concentration, the quantity of the peptide attached to the PET surface was indirectly
determined by comparing the peak area. The data obtained from these analyses showed that the
coupling reaction yield varied from 50% using a starting peptide concentration of 25 μM, to 25% per
100 μM. The representative chromatograms obtained for 1018K6 50 μM initial concentration, and used
to calculate the immobilization yield, are reported in Figure 4. The coupling yields were validated
by a six-point calibration curve, which was constructed utilizing known 1018K6 concentrations,
and the number of peptide molecules capable of binding to the polymeric surface was determined
via interpolation (Figure 4 insert). Based on the yield data, the surface coverage on the polymer
was found to be approximately 6.4 nmol/cm2 per 25 μM peptide concentration, 9.3 nmol/cm2 per
50 μM and 8.3 nmol/cm2 per 100 μM, thus demonstrating that the surface coverage was clearly
concentration-dependent (Figure 5).
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Figure 4. Immobilization yield (%) of 1018K6 on PET surface determined by reverse-phase HPLC
chromatography on a C18 column after the coulping reaction (24 h). Pre-activated PET surfaces by
plasma were incubated for 24 h with 1018K6 (50 μM) in PBS pH 7.0. The solutions recovered after
incubation were further analysed. The peptide solution placed in contact with the pre-activated
surface at time 0 (t = 0) was used as control. The chromatograms are representative of three
independent experiments. Insert: Calibration curve of the C18 column obtained using different
1018K6 concentrations.

The Holliday model was used to assess the peptide concentration effects on the coverage density
and to estimate the concentration value producing the best immobilization yield [27]. As shown
in the dose-response experiments (Figure 5), the most suitable coupling condition to improve the
immobilization yield was obtained with a peptide concentration of 71 μM, but 50 μM was selected
to perform the further experiments as this value represents a better compromise between the
functionalization yield and the peptide costs.

Figure 5. Immobilization yield expressed as nmol of bound 1018K6 per cm2 of PET surface as function
of peptide concentration. The dose-response curve has been built by using the Holliday model. Data are
expressed as means ± standard deviations. Standard deviation values lower than 5% are not shown.

The production process of antimicrobial active packaging, which is able to guarantee the quality,
the safety and prolong the shelf-life of food products, requires an efficient immobilization procedure
that permits a stable conjugation of AMP on the polymers, avoiding the release of the immobilized
active compound after contact with foods or liquids. Fresh dairy products, such as mozzarella cheese,
an Italian traditional cheese packaged in saline brine, are ready-to-eat foods having a very short
shelf-life of about 3 or 4 days, because they are easily contaminated by undesirable microorganisms.

In this context, the release of 1018K6 from the functionalized PET into mozzarella cheese brine
during 24 h of incubation at 4 ◦C was analysed by RP-HPLC, using the free 1018K6 as control. As shown
in Figure 6a, no peptide-release process occurred from the functionalized polymeric support. The same
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results were obtained after 24 h incubation in pure water at 4 ◦C (Figure 6b) and at 25 ◦C suggesting
that the peptide was stably coupled on the polymer. In addition, no leakage of 1018K6 was detectable
even after prolonged incubations (until to 72 h) under all the conditions explored. The high stability of
the peptide-PET bond is important because in this way the peptide-PET system does not require the
related EFSA (European Food Safety Authority) standards.

 

Figure 6. Release analysis of 1018K6 from functionalized PET performed by reverse-phase HPLC
chromatography on a C18 column after 24 h incubation at 4 ◦C in mozzarella brine (a) or pure water
(b). After incubation, the solutions were recovered and injected on C18. The solution in contact with
1018K6-PET at time 0 (t = 0) and 1018K6 peptide (50 μM) were used as controls.

However, as far as the cytotoxicity of the free 1018K6, preliminary tests clearly indicated that the
peptide is not toxic against different fibroblast cell lines at the concentrations used in the bactericidal
assays [16], thus suggesting that there is no potential risk for human health associated with the use of
1018K6 in the food industry.

2.3. Effect of 1018K6 Functionalized PETs on Mozzarella Cheese

Microbial contamination, causing approximately one-fourth of the world’s food supply loss,
has become an enormous economic and ethical problem worldwide [28]. Specifically, fresh dairy
products stored in packaging, such as mozzarella cheese, are characterized by reduced shelf-life, which
diminishes their commercial value because they are an excellent growth medium for a wide range of
troublesome spoilage microorganisms including aerobic mesophiles, yeasts and molds [29].

Hence, it is very important and advantageous for the food industry to extend the shelf-life of
mozzarella cheese, which is a good source of protein, vitamins and minerals, and to spread the
distribution of this traditional product beyond the market borders.

In this context, the efficacy of 1018K6 functionalized PETs in preventing the growth of spoilage
microorganisms in mozzarella was analysed at a preliminary shorter storage time. In a first set
of experiments, with the aim to set up the optimal experimental conditions minimizing peptide
consumption, PET disks of 3 cm diameter (surface of 7 cm2) were functionalized with 1018K6 and
incubated with 3 ml of the conditioning brine in the presence of small slices of mozzarella (about 10 g
of weight) in Petri dishes. Sliced mozzarella in the presence of brine with non-modified PETs disks
was used as controls. As shown in Table 1, the Aerobic Plate Count (APC), and the yeast and mold
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counts of the samples exposed to 1018K6-PETs significantly decreased during the storage period (24 h)
compared to the control samples. In a second set of experiments, a scale up of the previous procedure
was applied in order to evaluate the effectiveness of 1018K6-PETs in slowing down the growth of
the spoilage microorganisms under the storage conditions. Specifically, the effects of 1018K6-PET
disks (10 cm diameter, 78 cm2) were studied directly in the package as distributed on the market,
which contained two balls of fresh mozzarella (about 25 g each) and 30 mL brine. Control samples
were prepared in an identical way, using non-modified PET disks. Results demonstrated that, in one
day of storage, mozzarella packaged in the presence of 1018K6-PETs had the lowest bacterial counts
with respect to that incubated in conditioning brine with non-modified PETs, in which microbes were
able to proliferate (Table 1). In addition, a significant reduction in yeasts and molds count was also
observed in the samples with the modified PETs during the storage. Therefore, the projected 1018K6
active packaging could have potential applications in the food market, aiming to ensure and increase
the quality and safety of the food products by preventing the growth of spoilage and/or pathogenic
microorganisms and promoting a shelf-life extension.

Table 1. Effects of 1018K6-PETs treatment on mozzarella cheese.

Disk Diameter Microorganisms
PET Disk in Brine

+ Mozzarella
Cheese

1018K6-PET Disk in
Brine + Mozzarella

Cheese

Inhibition of
Growth (% Value)

3 cm
APC 311 ± 29 CFU/mL 11 ± 2 CFU/mL 97%

Yeasts and Molds 700 ± 75 CFU/mL 280 ± 25 CFU/mL 60%

10 cm
APC 173 ± 21 CFU/mL 44 ± 7 CFU/mL 75%

Yeasts and Molds 406 ± 37 CFU/mL 137 ± 23 CFU/mL 67%

Further studies will be necessary in order to assess the ability of 1018K6-PETs to affect the APC and the total yeast
and mold at prolonged storage times.

2.4. Inhibition of Listeria Biofilm Formation

Cross-contamination of pathogenic and spoilage microorganisms from food contact surfaces
remains a significant challenge in the safety, quality and security of food supply chain. Indeed, some
pathogenic and food spoilage bacteria can form biofilms, which represent one of the main sources of
food contamination and foodborne disease outbreaks. To address this challenge, there is an unmet
need to develop novel antimicrobial materials able to inhibit and treat biofilms in the food processing
industry. Specifically, the use of natural preservatives to inhibit growth of serious pathogens such
as L. monocytogenes is of great interest as it is considered an important worldwide public health
problem [30]. L. monocytogenes is one of the most dangerous human food pathogens that causes
listeriosis. Foods considered as high-risk sources of listeriosis include meat and dairy products, which
are ready-to-eat, require refrigeration and are stored for extended time periods. Listeria can persist
within food processing environments, due to its ability to grow at wide-ranging temperatures and pH
and to form biofilms [31,32].

In this context, the ability of 1018K6-PETs to prevent biofilm formation was assessed against
an L. monocytogenes strain isolated from dairy products, by the crystal violet staining method [17].
As shown in Figure 7, the biofilm formation on 1018K6-PETs was significantly reduced (75%), compared
to the control sample (non-functionalized PETs), indicating a strong anti-adhesion capability of the
1018K6-tethered surfaces against L. monocytogenes.

Therefore, packaging films containing 1018K6 peptide can pose a potential solution to
reduce spoilage.
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Figure 7. Boxplot of the inhibition activity of the biofilm production of Listeria monocytogenes by PET
and 1018K6-PET. Average OD measurements of crystal violet-stained biofilms are shown with error
bars representing the standard deviation.

3. Materials and Methods

3.1. Plasma Treatment

Plasma treatment was performed using a Reactive Ion Etching (RIE) model PLASMA Plus
80 machine (Oxford Instruments, Abingdon, Oxfordshire, UK). The following process parameters
were changed: exposure time [T] (10-20-30-50-100-300 sec); molecular oxygen concentration [O2]
(10-50-100 sccm); partial gas pressure [P] (0.1–0.5 atm); power of radio frequency generator [RF]
(50-100-300 W).

3.2. Water Contact Angle Measurements

The sessile drop technique was used for water contact angle (WCA) measurements on a First
Ten Angstroms FTA 1000 C Class coupled with drop shape analysis software under static conditions.
A 10-μL drop was deposited on the sample surface, and the image was recorded after 30 sec. Results
of WCA are expressed as mean ± standard deviation (s.d.) of at least three measurements on the same
sample in three independent experiments (i.e., at least nine measurements for each result).

3.3. Fourier Transform Infrared Spectroscopy

The Fourier transform infrared spectra of all samples were obtained using a Nicolet Continuum
XL (Thermo Scientific, Waltham, MA, USA) microscope in the wavenumber region of 4000−650 cm−1

with a resolution of 4 cm−1. The FITR measurements were performed using a micro-ATR (Attenuated
Total Reflection) module under inert (N2) atmosphere.

3.4. Peptide Bio-conjugation

Polymer samples treated by cold plasma were incubated in aqueous solution of 1018K6 (50 μM)
in PBS (10 mM), pH 7.0, for 24 h at 25 ◦C. After incubation, the solutions containing the peptide
not bound to the polymer were removed and the functionalized PETs were extensively washed in
water and DMSO in order to completely eliminate traces of unbound peptide before performing
surface characterization by WCA, FTIR and the release experiments. The PET containers used in all
the analyses were kindly provided by the dairy “Mini Caseificio Costanzo s.r.l.” located in Lusciano
(Caserta, Italy).
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3.5. Functionalization Yield Analysis of Polymers

Functionalization yield analysis of 1018K6-modified PETs was performed by using a reverse-phase
high-performance liquid chromatography (RP-HPLC) system (Waldbronn, Germany). Once
functionalization was completed, the supernatant solutions were recovered after 24 h and analyzed to
calculate the amount of the peptide not attached to the polymeric surfaces. For the analyses, 200 μL of
the samples were injected over a μBondapak C18 reverse-phase column (3.9 mm × 300 mm, Waters
Corp., Milford, MA, USA) connected to a HPLC system (Shimadzu, Milan, Italy) using a linear gradient
of 0.1% TFA in acetonitrile from 5 to 95%. A reference solution was prepared with the initial peptide
concentration used for the functionalization under the same reaction conditions and run in parallel.
Therefore, by knowing the added peptide (reference solution), the amount of peptide not bound to the
polymers (expressed as a percentage) was determined by comparing the peak area. A calibration curve
of the C18 column using different 1018K6 concentrations was built. All measurements were performed
in triplicate in three different preparations.

3.6. Release Test

The release of 1018K6 from the functionalized polymers was examined by the reverse-phase
high-performance liquid chromatography (RP-HPLC) system using a μBondapak C18 column
(3.9 × 300 mm, Waters) and a linear gradient of 5–95% acetonitrile in 0.1% TFA, at a flow rate
of 1 mL/min. A volume of 1 mL of pure water or mozzarella cheese brine was poured onto the
functionalized polymers, incubated for 24 h at 4 ◦C and then loaded onto the RP column. The solutions
in contact with the functionalized polymers at time t = 0 were used as control samples and were run in
parallel. The same experiments were conducted in the presence of the non-functionalized polymers.
All measurements were performed in triplicate on three different preparations.

3.7. Shelf-life Testing on Mozzarella Cheese

The 1018K6-functionalized PETs were cut into disks of 3 cm diameter (surface of 7 cm2) and
immersed in 3 mL mozzarella cheese brine in 5-cm Petri dishes that contained small slices of mozzarella
(about 10 g of weight), which were directly placed on the activated PET disks. Non-functionalized PETs
were used as a control. The samples were incubated for 24 h at 25 ◦C. Therefore, the mozzarella cheese
brine was plated on PCA plates to quantify the APC (Aerobic Plate Count), which was performed
according to ISO 4833-1 procedure. Specifically, 1 mL of cheese brine was diluted in 9 mL diluent
(0.1% peptone and 0.8% sodium chloride, biomerieux- France), and scalar dilutions of sample up to
10−5 were set up. Then, 1 mL of brine and 1 mL of each subsequent dilution were seeded by inclusion
in PCA plates (Plate Count Agar-Biolife-Italy) which were incubated at 30 ± 1 ◦C for 72 h. Plates with
no more than 300 colonies were considered for the colony count. The presence of yeasts and molds was
tested, according to ISO 21527-1, analyzing 1 mL of cheese brine, diluted in 9 mL diluent (0.1% peptone
and 0.8% sodium chloride, biomerieux- France) and performing scalar dilutions up to 10−5. Then,
0.1 mL of each dilution was seeded on Dichloran Rose Bengal Chloramphenicol Agar plates (DRBC -
Italian Biolife), which were incubated at 25 ± 1 ◦C for 5 days for the colony count. Plates with no more
than 150 colonies were considered. The same analyses were performed using 1018K6-PET disks of
10 cm diameter (78 cm2), immersed in the package containing two balls of fresh mozzarella (about 25 g
each) and 30 mL brine. The samples were incubated for 24 h at 25 ◦C. The analyses were performed in
triplicate on three different preparations, and the data were expressed as means ± s.d.

3.8. Anti-adhesion Activity Assay

L. monocytogenes cultures, isolated from dairy products, were prepared to inoculate BHI broth
(Brain Heart Infusion, Sigma-Aldrich, St. Louis, Missouri, USA) at 37 ◦C up to a logarithmic phase of
growth. After the incubation, 10 ml of bacterial suspension at a concentration of 5 × 106 in growth
broths was centrifuged, and the cell pellet was washed in PBS pH 7.3 (Thermo Fisher Scientific Inc.,

221



Int. J. Mol. Sci. 2019, 20, 601

Waltham, MA, USA) and diluted in BHI broth to reach the useful concentration to obtain biofilm
formation. The assays were conducted using PET disks as the food contact surface. PETs were placed
into 12-well tissue culture plates (Falcon, Thermo Fisher Scientific Inc., Waltham, MA, USA), with
a flat bottom and lid. After washing in sterile ultrapure water, the PETs were incubated in ethanol
(≥ 99.8%) for 10 min under gentle shaking and were then washed in sterile ultrapure water, dried and
packaged. In each experiment set, 600 μL of the standardized inoculum in the presence of 1018K6- PETs
or non-functionalized PETs was added to 12-well tissue culture plates. BHI broth was used as negative
control, and the plates were incubated at 37 ◦C for 72 h under the static condition. Cell counting of
L. monocytogenes, in agreement with the ISO 11290-2:98 (ISO 11290-2: 1998/Amd 1, 2004) method, was
performed to assess the concentration and purity of the standardized inoculum. After incubation, PETs
were washed three times with PBS pH 7.3 and placed in a new plate to dry. At the end of the fixing
phase, 1 mL of 0.2% Crystal Violet (Panreac Quimica SAU, Barcelona, Spain) in 95% ethanol was added
to each well to stain the PETs. After gentle shaking for 15 min, the PETs were washed three times with
sterile water and were then transferred into a new plate to dry at 37 ◦C. The quantitative analysis of
biofilm production was performed by adding 1 mL of 33% acetic acid to destain the PETs, and 200 μL
of each solution was transferred to a microtiter plate to measure the level (OD492) of the crystal violet.
Anti-adhesion assay was performed in triplicate on three independent sets of experiments. OD492
values were compared through non-parametric analysis of variance (Kruskal-Wallis test), followed by
multiple comparisons using Dunn test pairs (with Bonferroni correction) (p < 0.05). Statistical analyses
were performed using Microsoft®Excel 2000/XLSTAT©-Pro.

4. Conclusions

Adding new functionalities to food packaging is a key issue in the production of the next
generation of active materials. In this context, polymers represent good candidates as their production,
use and disposal/recovery are well established at very low costs. Among the main useful packaging
materials, PET is one of the most widely employed worldwide in the food industry.

The results of this study demonstrated that PET material can be efficiently and quickly
pre-activated by the cold oxygen plasma technique, which represents an industrial scalable technology,
in order to promote the functionalization with 1018K6, a peptide showing potent antibacterial and
anti-adhesion properties, and to obtain antimicrobial packaging. 1018K6-PETs were tested under real
conditions, using samples of mozzarella cheese, and it was found that APC, yeast and mold counts of
the samples stored in the presence of modified polymers were strongly reduced during the first 24 h,
thus demonstrating the 1018K6 was still active and preserved its antimicrobial abilities upon polymer
surface immobilization. Moreover, 1018K6-PET was very effective against the formation of Listeria
biofilms, a non-trivial result since not all antimicrobial agents are able to combat bacterial biofilms.

This work represents a preliminary study, which provides a starting point to develop a new
PET-based system, functionalized with a biologically-derived AMP, which can have potential as
antimicrobial packaging, providing an innovative and breakthrough technology in food applications,
due to its comparable cost, small peptide dimension, effective antimicrobial activity, polymer
characteristics and environmental friendliness. However, further investigations will be required
to establish whether the projected antimicrobial-polymers may find industrial uses and whether they
will be effective to improve the safety and extend the shelf-life of food products.

5. Patents

International Patent, Application No: PCT/EP2018/069304 Publication Date: 16/07/2018.
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Abstract: The choice of efficient antimicrobial additives for polyamide resins is very difficult because
of their high processing temperatures of up to 300 ◦C. In this study, a new, thermally stable polymeric
biocide, polyhexamethylene guanidine 2-naphtalenesulfonate (PHMG-NS), was synthesised.
According to thermogravimetric analysis, PHMG-NS has a thermal degradation point of 357 ◦C,
confirming its potential use in joint melt processing with polyamide resins. Polyamide 11 (PA-11) films
containing 5, 7 and 10 wt% of PHMG-NS were prepared by compression molding and subsequently
characterised by FTIR spectroscopy. The surface properties were evaluated both by contact angle,
and contactless induction. The incorporation of 10 wt% of PHMG-NS into PA-11 films was found to
increase the positive surface charge density by almost two orders of magnitude. PA-11/PHMG-NS
composites were found to have a thermal decomposition point at about 400 ◦C. Mechanical testing
showed no change of the tensile strength of polyamide films containing PHMG-NS up to 7 wt%.
Antibiofilm activity against the opportunistic bacteria Staphylococcus aureus and Escherichia coli was
demonstrated for films containing 7 or 10 wt% of PHMG-NS, through a local biocide effect possibly
based on an influence on the bacterial eDNA. The biocide hardly leached from the PA-11 matrix into
water, at a rate of less than 1% from its total content for 21 days.

Keywords: polyamide 11; antibacterial; polymeric biocide; thermal stability; biofilm

1. Introduction

Produced from a renewable source, polyamide 11 (PA-11) is a unique thermoplastic polymer
with excellent functional properties, combining high ductility and mechanical strength, dimensional
stability, low density, excellent abrasion and fatigue resistance, a low friction coefficient, high barrier
properties and resistance to many types of chemicals. Many industries around the world (automotive,
transport, textile, oil and gas, wire and cables, and electronics) have been using PA-11 for decades [1].
PA-11 powder coatings were developed to protect metal parts from corrosion, particularly for the
protection of steel in the fluid transfer industry, for example in pipes and fittings in water treatment
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plants, water/hydrocarbon transportation pipelines, transport and building constructions, medical
equipment, office furniture, and many other appliances [2].

It is known that the surface of polyamide plastics can be colonised rapidly by bacteria, fungi and
algae, especially in a humid environment, which is then followed by the formation of biofilms/fouling.
Moreover, the emerging biofilm causes contamination, staining, odours and eventually deterioration of
the mechanical properties of the plastic because of the degradation of the polymer, utilising the carbon
in the course of development as a nutrient [3–5]. Biofilm formation starts with the deposition of different
microorganisms on the surface of the material, followed by growth and spreading of the colonies
forming a highly complex structure, culminating in microbial evolution and adaptation towards a
stronger resistance to antibiotics and biocides, the appearance of super-biofilm with super-mucous
and super-adhesive opportunistic strains, etc. [6–10]. Bacteria foul medical devices and implants, e.g.,
polymeric materials used as internal or invasive devices such as catheters, components of cardiac
pacemakers, artificial heart valves and joints. The formed biofilm can initiate degradation of the
material, as well as hospital-acquired infections, for example of small medical devices, because of a
high concentration of microorganisms. These implant-associated biofilms are often difficult to remove,
even after cleaning the implants pre-operatively with oxidisers and detergents or treating them with
antibiotics, and in certain situations replacement surgery may be required [6].

The introduction of antimicrobial agents into the base polymer of these articles is considered
the most efficient approach to prevent the growth of biofilms on their surface. A wide variety of
organic and inorganic biocides is available, whether synthetic or nature-inspired [11–15]. The choice
of appropriate biocides for PA-11 is strongly limited because of the high processing temperatures of
the polymer, up to 300 ◦C. Currently, silver-based compounds are the most widely used antimicrobial
additives for PA-11 because of their excellent thermal stability [16,17], as well as their low toxicity to
human cells [18]. Silver nanoparticles are regarded as the most promising biocides for polyamide
resins since their high surface area ensures an efficient release of Ag+ species into the medium [19–21].
However, it should be noted that silver nanoparticles are hard to disperse in a polymer matrix
because of their strong aggregation ability [16,17,21]. Moreover, silver ions are known to interact
with polyamides during melt processing and cause an undesirable discolouration of polymer articles.
Therefore, many antimicrobial formulations contain silver-based compounds intercalated into inorganic
anion exchangers or encapsulated using soluble ceramics [16,17].

Thus, there is a growing demand for the development of low-cost and low toxic antimicrobial
agents that combine good compatibility and processability with polyamide resins, as well as high
leaching resistance from polymer matrix.

Copper and its compounds have also emerged as promising antimicrobial additives for polyamides,
being much cheaper than silver. Thus, a commercially available ionic copper-based additive,
Plasticopper, was incorporated into the PA-11 matrix during the polymer processing stage [22].
The incorporation of 5% and 10% copper was found to have a reinforcing effect on the composites and
did not adversely affect their mechanical performance. These composite systems showed long-term
antimicrobial activity against Gram-negative bacteria (E. coli) with a reduction of the bacterial population
of more than 99.99% [22].

Nowadays, cationic polymers are being considered as a new generation of biocides because
of their enhanced antimicrobial activity, as well as their low toxicity to human cells, compared to
common low molecular cationic surfactants [23,24]. In particular, polyhexamethylene guanidine
(PHMG) salts, comprising guanidinium cations in the main chain, are receiving increasing attention
since they display a broad range of antimicrobial activity against bacteria, fungi and viruses [25–31],
as well as antifouling activity against macrofoulers in an aquatic environment [32,33]. It should also be
noted that PHMG salts showed a much lower acute toxicity than copper-based biocides [33]. The high
activity of guanidinium-based polymeric biocides against microorganisms is caused by the presence of
multiple positive charges within a single molecule that are able to compensate the negative charges
present on the outer cell membranes of microbes. Because of these strong electrostatic interactions,
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PHMG is able to attack the cellular envelope, and subsequently associates itself with the head groups
of the acidic phospholipids. The presence of hydrophobic aliphatic chains in the PHMG backbone
ensures a better partition to the hydrophobic regions of the phospholipid membrane, resulting in a
change of membrane permeability and lethal leakage of cytoplasmic materials [27–31].

Poorly water-soluble PHMG salts such as PHMG stearate, PHMG sulfanilate, or PHMG
dodecylbenzenesulfonate (PHMG-DBS) have been reported as efficient antimicrobial additives for
polycaprolactone [34], polylactide [35], polyamides [36,37] and silicones [38]. PHMG-DBS was found
to have sufficient thermal stability to be melt processed with PA-11 and PA-12 resins by conventional
methods [36,37]. PA-11 films containing 5–7 wt% of PHMG-DBS showed a high activity against E. coli,
as well as an excellent resistance against leaching of the polymeric biocide [37].

Another successful approach involves the intercalation of the cationic polymer (partially aminated
poly(vinylbenzyl chloride)) into a smectic clay, montmorillonite, to produce a modified organoclay
containing 33 wt% of polymeric biocide [39]. Polymerically modified organoclay was found to have
sufficient thermal stability for joint processing with PA-6 resin by melt extrusion. The obtained
nanocomposites were active against both Gram-negative E. coli and Gram-positive S. aureus bacteria
and demonstrated up to a 2-log reduction in the viable cells adhering to the material surface at an
organoclay content of 5 wt%. The mode of antimicrobial action of this material was determined as
contact-active because the biocide does not leach out [39].

Despite the evidence for a pronounced antibacterial and antifungal activity of contact-active
polyamide composites, their activity against biofilms has not yet been studied. It is worth noting
that antibiofilm characteristics do not always parallel antibacterial characteristics. There are several
examples of compounds that were added to polymers and possessed antibacterial characteristics,
but could not decrease fouling, and vice versa [40–42]. In the present study, a new thermally stable
hydrophobic cationic polymer, polyhexamethylene guanidine 2-naphtalene sulfonate (PHMG-NS),
was synthesised. In contrast to the previously reported polymeric biocide PHMG-DBS, which sticks
together during storage, PHMG-NS forms a fine powder that makes it a good candidate to be applied
in PA-11 based powder coating formulations. The aim of our research was to investigate the antibiofilm
activity of PA-11 films modified with PHMG-NS biocide against the biofilm-forming model bacterial
strains, opportunistically pathogenic E. coli K12 and S. aureus ATCC 25923.

2. Results and Discussion

2.1. FTIR Analysis of PA-11/PHMG-NS Films

Infrared spectroscopy was employed both to identify the presence of PHMG-NS inside the
polymer films and reveal potential interactions between PA-11 and the biocide. Figure 1a shows
infrared spectra of PHMG-Cl and PHMG-NS in the 400–4000 cm−1 region and Figure 1b shows
infrared spectra in the 960–1830 cm−1 region of PA-11 and PA-11/PHMG-NS films containing 5%, 7%
and 10% of PHMG-NS. As previously described for PHMG-Cl, which was the precursor compound
for making PHMG-NS, the very broad bands in the region of 2600–3700 cm−1 are attributed to the
CH2, NH2, and OH stretching vibrations [33]. The modification of PHMG-Cl to PHMG-NS does
not change the position of vibrational modes, whose maxima are found at approximately 2856 and
2932 cm−1, respectively, and attributed to the symmetric νs(CH2) and asymmetric νas(CH2) stretching
vibrations of the methylene groups. However, the bands attributed to the symmetric νs(NH2) and
asymmetric νas(NH2) stretching vibrations of amine groups shift to higher wavenumbers at about
3194 and 3313 cm−1. The IR spectra show also strong absorption bands between 1500 and 1800 cm−1,
characteristic of both the C=N stretching and the NH2 scissoring modes. The central position of these
broad bands does not shift between PHMG-Cl and PHMG-NS. The strong absorption bands observed
at 1177, 1090, 1030 and 673 cm−1 can be assigned to the sulphonic group of the 2-naphthalenesulfonate.
Two of these later vibrational modes can easily be observed at 1092 cm−1 and 1032 cm−1 in Figure 1b
(dashed lines) with PA-11/PHMG-NS films containing 5%, 7% and 10% of PHMG-NS, thus confirming
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the presence of the biocide in the films. Overall, the IR spectra of the modified films are similar to
each other revealing that the introduction of PHMG-NS does not significantly influence the vibrational
bands of PA-11. However, a noticeable change can be observed in Figure 1b: the small intensity band
assigned to the carbonyl (C=O) stretching vibrations for PA-11 (at 1727 cm−1) shifts toward higher
wavenumbers as a function of the PHMG-NS content and reaches 1734 cm−1 for films containing 10%
of PHMG-NS (Figure 1b, black arrow). This feature suggests a modification of the specific environment
of the C=O group. The guanidinium cation is known to participate in direct hydrogen bonding
with backbone carbonyl groups of proteins [43], which suggests a similar interaction between the
guanidinium cations of PHMG-NS and the amide carbonyl groups of PA-11.

Figure 1. IR spectra: (a) PHMG-Cl and PHMG-NS; and (b) PHMG-NS, PA-11 and PA-11/PHMG-NS
film with 5%, 7% and 10% of PHMG-NS.

2.2. Surface Properties of PA-11/PHMG-NS Films

According to the contact angle measurements data, an introduction of 5 wt% of PHMG-NS into a
PA-11 film led to an enhanced hydrophilicity of the surface, which can be attributed to the increase
of the polar functional groups on the polyamide surface. However, further increase of PHMG-NS
content had little impact on the contact angle value (Table 1). The results of the electrophysical study
of the PA-11/PHMG-NS films indicate a sharp increase of the positive surface charge density at a
PHMG-NS content of 7 wt% and more (Table 1). Probably, it can be explained by the formation of an
uncompensated positive charge of the guanidinium cations at the polymer surface because of specific
interactions between the hydrophobic fragments of the PHMG-NS and the PA-11 matrix. It should
be noted that both the improved hydrophilicity and the positive charge of the polymer surface are
considered to be important factors that determine the antimicrobial efficacy [44–46].

Table 1. Surface properties of PA-11/PHMG-NS films.

Sample Contact Angle (Degree) Surface Charge Density (C/cm2)

PA-11 80 ± 2 (0.47 ± 0.02) × 10−10

PA-11/PHMH-NS (5%) 70 ± 2 (1.2 ± 0.1) × 10−10

PA-11/PHMH-NS (7%) 68 ± 2 (6.5 ± 0.3) × 10−10

PA-11/PHMH-NS (10%) 68 ± 2 (27 ± 1) × 10−10

2.3. Mechanical and Thermal Properties of PA-11/PHMG-NS Composites

It has been established that inorganic biocides have a reinforcing effect on the polyamide matrix
caused by the formation of strong interfacial interactions, leading to a reduction in the mobility of
polymer chains [22,39]. For example, heterogeneous PA-11/Cu antimicrobial nanocomposites showed
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an increase of the yield strength from 45 to 54 MPa when 2–10% of a copper additive was introduced [22].
The introduction of 5% of cationic biocide intercalated organoclay into PA-6 improved the yield strength
by 44.6% [39].

The polymeric biocide PHMG-NS forms homogeneous composites with PA-11 because of its low
melting temperature, as well as its good compatibility with the polymer matrix. Tensile testing of
PA-11/PHMG-NS samples was performed to evaluate the effect of the antimicrobial additive on the
mechanical properties of polyamide. PA-11 films containing 5% and 7% of PHMG-NS have tensile
strength values similar to pure polyamide. A further increase of the polymeric biocide content to 10%
led to a deterioration of the mechanical properties of the material (Table 2).

Table 2. Mechanical properties of PA-11/PHMG-NS composites.

Sample Tensile Strength, MPa Elongation at Break, %

PA-11 45 ± 2 24 ± 4

PA-11/PHMG-NS (5%) 45 ± 1 25 ± 5

PA-11/PHMG-NS (7%) 43 ± 2 15 ± 3

PA-11/PHMG-NS (10%) 27 ± 2 6 ± 2

The results of the thermal characterisation of the polymeric biocide PHMG-NS, PA-11 and
PA-11/PHMG-NS containing 10 wt% of polymeric biocide are summarised in Figure 2 and Table 3.
According to the TGA data, PHMG-NS has a thermal decomposition point (which was defined as the
temperature of 5% weight loss (TΔm = 5%) at 357 ◦C. The peak mass loss temperature of PHMG-NS
is 392 ◦C (Figure 2a). Pure PA-11 begins to decompose at 425 ◦C and the maximum rate of thermal
degradation was observed at 431 ◦C (Figure 2b). The PA-11/PHMG-NS composite containing 10 wt%
of PHMG-NS is thermally stable to at least 391 ◦C, and the peak mass loss was found at 465 ◦C
(Figure 2c). At a lower PHMG-NS content, the thermal stability of a composite becomes closer to
pure PA-11 (Table 3). Hence, PHMG-NS has excellent thermal stability and can be used for joint melt
processing with polyamide resins by conventional methods, as previously reported for the polymeric
biocide PHMG-DBS [36,37]. However, PHMG-NS seems to have a broader application range, due to
its hydrophobic powder state, whereas PHMG-DBS has a tendency for aggregation during storage.
These properties of PHMG-NS allow for its introduction into PA-11-based powder coatings for covering
metal articles, by conventional methods using a fluidised bed method of air suspension of a composite
material or an electrostatic spraying process.
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Figure 2. TGA curves in air of: PHMG-NS (a); PA-11 (b); and PA-11/PHMH-NS (10%) (c).
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Table 3. TGA data for PHMG-NS and PA-11/PHMG-NS composite*.

Sample TΔm = 5%, ◦C TΔm = 10%, ◦C TΔm = 20%, ◦C TΔm = 50%, ◦C
PHMG-NS 357 372 381 398

PA-11 425 441 450 463

PA-11/PHMG-NS (5%) 413 434 445 456

PA-11/PHMG-NS (7%) 405 430 442 449

PA-11/PHMG-NS (10%) 391 408 420 443

* Standard error n ± 1.

2.4. Antibiofilm Efficacy of PA-11/PHMG-NS Films

The antibiofilm/antifouling properties of PA-11 modified with the polymeric biocide PHMG-NS
were evaluated using two opportunistic biofilm-forming model strains: the Gram-negative E. coli
K12 belonging to the Enterobacteriaceae family [47] and the Gram-positive S. aureus ATCC 25923 [48].
Overall, E. coli has been shown to be more resistant to PHMG-containing biocides than the Gram-positive
opportunists, such as methicillin-resistant Staphylococcus aureus [34,35,38,49]. In addition, its enzymes
are more stable when in contact with PHMG derivatives [35]. Principally, both strains were able to
form solid–liquid biofilms to the PA-11 films within three days of cultivation. The level of biofilm
biomass attached to a PA-11 film containing 5%, 7% or 10% of PHMG-NS was found to be significantly
different from those on the control PA-11 films in the Crystal Violet assay (Figure 3) [50]. The biofilm
formation decreased approximately three times for the samples containing 7% and 10% of PHMG-NS.

Δ Δ Δ Δ

 

Figure 3. The level of biomass of E. coli K12 (dark grey) and S. aureus ATCC 25923 (light grey) biofilms
formed onto PA-11 films containing 5%, 7% and 10% of PHMG-NS following 72 h of incubation
determined by Crystal Violet staining and measured as the optical density at 570 nm (OD570).
a: statistical significance compared to control (No PHMG-NS); b: statistical significance compared to
5% PHMG-NS. * p < 0.05, *** p < 0.005, **** p < 0.001.
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The Crystal Violet assay measures the overall level of organic layers formed on a plastic surface,
containing bacterial cells and numerous organic molecules integrated into the biofilm matrix. Of course,
contact-active antimicrobial surfaces are often coated with a layer of dead microbes, to which newly
approaching microbes can also adhere and proliferate [51]. Hence, a higher level of Crystal Violet
staining does not always correspond to a higher metabolic activity of a biofilm. To assess whether
the metabolic activity of the biofilm could be related to the overall number of living bacterial cells
in the biofilms, an MTT test was performed in parallel [52]. In this assay, a similar tendency was
revealed. All PHMG-NS-containing PA-11 films showed a significant reduction in biofilm metabolic
activity (Figure 4). The level of biofilm metabolic activity was 2.5 times lower on the PA-11/PHMG-NS
(5%) than on the control PA-11 films. There was a significant difference between the growth under
control conditions and the growth on PA-11 containing 5%, 7% and 10% of the polymeric biocide.
There was no significant difference between samples containing 5% and 7% PHMG-NS, and between
PA-11/PHMG-NS (7%) and PA-11/PHMG-NS (10%). Generally, there was a fivefold decrease in
the biofilm metabolic activity for polymer films containing 7% PHMG-NS compared to the control
PA-11 films for both bacterial strains (p < 0.001 for E. coli and p < 0.01 for S. aureus), and there was
almost no metabolic activity on films with 10% PHMG-NS inoculated with E. coli.

 

Figure 4. The level of metabolic activity of E. coli K12 (dark grey) and S. aureus ATCC 25923 (light grey)
biofilms formed onto PA-11 films containing 5%, 7% and 10% of PHMG-NS following 72 h of incubation
determined by MTT staining and measured as the optical density at 570 nm (OD570). a: statistical
significance compared to control (No PHMG-NS); b: statistical significance compared to 5% PHMG-NS.
* p < 0.05, ** p < 0.01, **** p < 0.001.

The bacterial toxicity of the PA-11/PHMG-NS films for the planktonic part of the bacterial culture
was evaluated by measuring both the optical density and the colony forming units (CFU) count in
the overbiofilm layer in 72-h stationary biofilm-forming K12 and ATCC 25923 cultures. There was
no significant difference in optical density between any of the four samples (Figure 5) except a minor
and possible negligible decrease of ATCC 25923 in the presence of PA-11/PHMG-NS (10%) (p <
0.05). The planktonic CFU numbers in the media in contact with the control and 5% PHMG-NS
films were, respectively, tenfold and fivefold higher than the CFU of the plankton in contact with
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the PA-11/PHMG-NS (10%) and the PA-11/PHMG-NS (7%) films for K12. There was also a tenfold
decrease in plankton density in PA-11 films doped with 5% and 7% of PHMG-NS and a fivefold
decrease for PA-11/PHMG-NS (10%) compared to control PA-11 for ATCC 25923. However, there was
no significant difference in effect between the different polyamide films on the planktonic bacteria
in a biofilm-forming culture, suggesting a low release rate of the biocide into the medium in the
experimental conditions presented here.

 

Figure 5. The level of planktonic cell biomass (overbiofilm layer indicated by the optical density
at 570 nm (OD570)) of K12 (dark grey) and ATCC 25923 (light grey) in the presence of PA-11 films
containing 5%, 7% and 10% of PHMG-NS following 72 h of incubation, correlated with the corresponding
CFU counts. a: statistical significance compared to control (No PHMG-NS); * p < 0.05.

The behaviour of the planktonic part of the culture raised a question about the antibiofilm
properties of the PA-11 films after water exposure. To investigate this, pieces of polymer containing 7%
and 10% of PHMG-NS were exposed to water for seven days. The biofilm assay did not show any
significantly different antibiofilm properties between the exposed and the non-exposed films.

Despite the absence of any significant effect of the presence of PHMG-NS in the PA-11 on the
growth of planktonic cells, visual observation of the 72-h cultures revealed that the biofilm formation
on the solid–liquid interface of the microcosms was unexpectedly reduced by the presence of at least 7%
of PHMG-NS in the PA-11 films (direct observations). This raises a question: is there any distant effect
of non-leaching PHMG-NS onto biofilm formation in a microcosm? Biofilms consist of bacterial cells
embedded into a matrix of extracellular polymers composed of polysaccharides, proteins and nucleic
acids (mostly DNA) [53]. Extracellular DNA (eDNA) has been known to play quite an important
role in the initiation and the development of biofilms of many bacteria [54–57], among which those
made by E. coli and S. aureus [58,59]. eDNA is a negatively charged molecule which might interact
with the positively-charged PHMG-NS-containing PA-11. To check this hypothesis, the total eDNA
content in the culture was precipitated from the solid–liquid interface biofilms formed after 72 h in
the microcosms (Figure 6). There was a significant decrease in eDNA content in the biofilms formed
in the presence of PA-11/PHMG-NS (7%) and PA-11/PHMG-NS (10%) for K12 (p < 0.001) and in the
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presence of only PA-11/PHMG-NS (10%) for ATCC 25923 (p < 0.05 compared to the control culture
and p < 0.001 compared to the 5% PHMG-NS treatment), each time compared to the eDNA amount
found in microcosms exposed to control PA-11 and PA-11/PHMG-NS (5%), while there were no such
differences in the overbiofilm layer in any of the microcosms (Figure 7). Such a decrease in eDNA in
the solid–liquid interface biofilms, in contrast with the constant level in the overbiofilm culture, might
suggest that at least one of the antibiofilm mechanisms of PHMG-NS-containing PA-11 is associated
with eDNA reduction, which in turn may have an influence on the initial stages of bacterial biofilm
formation. Moreover, decreasing the level of eDNA would hypothetically reduce an abundance of
resistance genes spread horizontally in a hospital-related environment, as eDNA associated with
biofilms has been considered a hotspot for deposition and recombination of antibiotic resistance
genes [60,61].

Figure 6. Amount of eDNA precipitated from a biofilm layer (solid-bottom phase) of 72-h-old
biofilm-formed K12 (dark grey) and ATCC 25923 (light grey) cultures with PA-11 films containing 5%,
7% and 10% of PHMG-NS. a, statistical significance compared to control (No PHMG-NS); b: statistical
significance compared to 5% PHMG-NS. * p < 0.05 **** p < 0.001.
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Figure 7. Amount of eDNA precipitated from overbiofilm layer (liquid plankton phase) of 72-h-old
biofilms-formed K12 (dark grey) and ATCC 25923 (light grey) cultures with PA-11 films containing 5%,
7% and 10% of PHMG-NS.

It is worth noting that the reported antimicrobial polyamide composites have never before been
studied for their activity against biofilms. However, polylactide films containing hydrophobic PHMG
salts were found to strongly inhibit the activity of bacterial intracellular dehydrogenases, which
prevented the formation of microbial biofilms on the polymer surface [35].

2.5. Leaching Resistance of PHMG-NS from PA-11 Films

The water solubility of PHMG-NS was found to be 0.24 g/L. Thus, given the possibility of a
non-covalent association between the PA-11 matrix and PHMG-NS, a gradual release of polymeric
biocide into the aqueous medium could be expected. Figure 8 contains UV-visible spectra of PHMG-NS
(Curve 1), as well as its precursor PHMG-Cl (Curve 3), which is highly soluble in water. As one can see
from these spectra, the characteristic ultraviolet absorption of the guanidyl carbon-to-nitrogen double
bond of PHMG allows for a spectrophotometric analysis of either compound in aqueous solutions [62].
However, the adsorption peak of the 2-naphthalene sulfonate anion at 227 nm is the most expressive
(Figure 8, Curve 2) and therefore was used for PGMG-NS detection.

After three days of contact with warm water, the PA-11/PHMG-NS (7%) film had lost less than
1% of its biocide contents (Figure 8, Curve 4). No further release of biocide was detected after 7,
14 and 21 days of exposure, which indicates that the biocide-doped polymer is highly resistant to
leaching, which in turn is important for the potential durability of the antimicrobial activity of the
material. It is worth noting that PA-11 has a much lower water absorption than other commercial
polyamides [1], which may be a crucial factor in the determination of low biocide release rate [19].
Moreover, the cooperative hydrogen bonding of both guanidinium cations and 2-naphthalenesulfonate
anions with the polar amide groups may also ensure the high retention of PHMG-NS in PA-11.
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Figure 8. UV-visible spectra of: PHMG-NS (1); sodium 2-naphthalene sulfonate (2); PHMG
hydrochloride (3) (C = 4.5 × 10−5 mol/L), and water solution after seven-day contact with
PA-11/PHMG-NS (7%) film (4).

Even though the non-covalent association between the bioactive compounds and the polymer
matrix has been a major advantage to optimise the antimicrobial performance [24,51], the question
always remains: is the system contact-active or biocide-releasing? It was shown for antimicrobial
polyamide nanocomposites containing silver- or copper-based inorganic biocides that they release Ag
or Cu ions into the surrounding aqueous medium in a steady and prolonged manner [19–22]. At the
same time, biocide release was detected neither for polylactides, polyamides or silicones containing
hydrophobic PHMG salts [35–38] nor for PA-6 containing cationic biocide-modified organoclays [39].
Thus, the mode of antimicrobial action of these materials can be determined as contact-active because
of the non-leachable form of the biocide. Bacterial membranes are known to carry a large number
of negative charges and therefore can adsorb on positively charged polymer surfaces [24,46,63].
Upon adsorption on a cationic solid substrate, the electrostatic compensation of the negative charges
of the bacterial envelope is provided by the cationic charges of the substrate, and the bacteria lose
their natural counterions. It has been suggested that this counterion release initiates bacterial death.
In the case of Gram-negative bacteria such as E. coli, Mg2+ and Ca2+ ions, which stabilise the outer
membrane of the bacterial cell, are expelled during the adsorption of the bacteria on the charged
substrate. Thus, the outer membrane is destabilised, leading to non-viable cells [24].

In our study, the low antimicrobial activity of PA-11/PHMG-NS films against planktonic bacteria
may indicate that its antimicrobial action is based on contact-killing. The negligible release of polymeric
biocide from polyamide matrix may also testify in favour of this assumption. As mentioned above,
the antibiofilm properties of both PA-11/PHMG-NS (7%) and (10%) films were not altered after a
seven-day water exposure, suggesting that the contact-killing mode of action as well as the anti-eDNA
effect were the main elements in the antibiofilm/antifouling mechanism.

3. Materials and Methods

3.1. Materials

The following chemicals were used without further purification for the synthesis of the polymeric
biocide: guanidine hydrochloride, 98% (Applichem, Darmstadt, Germany), hexamethylenediamine
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(98%), 2-naphtalenesulphonic acid, sodium salt (technical grade, Sigma-Aldrich, Taufkirchen, Germany),
and ethanol (95%). Rilsan®PA11 (granules) was supplied by Arkema (King of Prussia, PA, USA).

3.2. Synthesis of Polymeric Biocide PHMG-NS

PHMG-NS was synthesised according to the following procedure (Scheme 1).

Scheme 1. Synthesis of polymeric biocide PHMG-NS.

A mixture of guanidine hydrochloride (10 g, 0.104 mol) and hexamethylenediamine (12 g,
0.103 mol) was placed into a round-bottomed flask (250 mL) and heated at 80 ◦C for 4 h under constant
stirring. Subsequently, the reaction was carried out for 5 h at 130–140 ◦C and 5 h at 180 ◦C to obtain a
highly viscous melt. After cooling the reaction mixture to room temperature, a vitreous solid PHMG-Cl
was obtained. It was dissolved in water (200 mL) and precipitated by adding 100 mL of a saturated
sodium chloride solution. The polymer was isolated by decantation and dried at 140 ◦C for 24 h.
The product yield was 13 g (72%). The intrinsic viscosity was 0.09 dL/g for a PHMG-Cl solution in
0.1 N NaCl at 25 ◦C.

Sodium 2-naphtalenesulfonate (13.6 g, 0.06 mol) was added to the solution of PHMG-Cl (10 g,
0.055 mol) in 200 mL of ethanol and the mixture was stirred for 12 h at 60 ◦C (Scheme 1). The formed
sodium chloride precipitate was filtered off and the solution was poured into water (500 mL). The white
slurry of PHMG-NS was separated by the decantation and washed with water. The wet product was
dried at 130 ◦C for 24 h and then powdered in an agate mortar. The product yield was 16 g (87%).
The PHMG-NS salt has a melting point of 105–110 ◦C. Its water solubility was found to be 0.24 g/L.

The 1H NMR and elemental analysis data for PHMG-Cl and PHMG-DBS are shown in the
Supplementary Materials.

3.3. Preparation of PA-11/PHMG-NS Composite Films

PA-11 granules were dissolved in formic acid (98%) at 50 ◦C to obtain a 10 wt%. solution. An equal
volume of isopropanol was added dropwise to the stirred solution to precipitate the polyamide powder.
It was filtered off and then washed successively with sodium hydroxide (5%) and water. The obtained
fine powder was dried in vacuum (1 mbar) at 70 ◦C for 12 h.

The mixture of PA-11 and PHMG-NS powders was ground for 3 min in an agate mortar followed
by compression moulding at 240 ◦C. Composite polyamide films (45 mm × 45 mm) were obtained
containing 5, 7 and 10 wt% of polymeric biocide.

3.4. Characterisation of PA-11/PHMG-NS Composite

To characterise the chemical properties of the modified PA-11 films, the samples were first placed
on the Platinum diamond ATR module and IR spectra were recorded using a Bruker Vertex-70V FTIR
spectrometer (all Bruker Optics Inc., Ettlingen, Germany) equipped with a L-alanine-doped deuterated
triglycine sulphate (DLaDTGS) detector. Spectra were acquired with a resolution of 2 cm−1 in the
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spectral region from 400 to 5000 cm–1 as the co-addition of 100 scans. Acquisition of these spectra was
done with Bruker OPUS software (version 6.5, Ettlingen, Germany).

Mechanical testing of the polyamide samples was performed using a P-50 universal tensile testing
machine (Milaform, Moscow, Russia) at a deformation rate of 10 mm/min. The obtained films were
cut into specimens with the size of 40 mm × 10 mm × 0.15 mm. An average value (with standard
deviation) for the tensile strength was obtained from three samples of each film.

Contact angle measurements were performed using a Drop Shape Analyzer DSA25E (Krüss,
Hamburg, Germany) by the sessile drop method. The contact angle was estimated, using ImageJ
software (version 1.50i, Bethesda, MD, USA), as the tangent normal to the water drop (3 mL) at the
intersection between the sessile drop and the polymer surface. All reported contact angles are the
average of at least five measurements taken at different locations on the polymer surface.

The surface charge density of the PA-11/PHMG-NS films was determined with the contactless
inductive method [37]. The surface charge of the samples was determined by comparing the voltage
amplitudes of the capacitor with PA-11 films and of the capacitor with a known calibrated electret.
The measurements were carried out immediately after the samples were positioned into the measuring
assembly, as well as 5 min later to estimate the changes of the surface charge with time.

Thermal gravimetric analysis (TGA) data for the polymeric biocide and modified PA-11 samples
were obtained using a TGA Q500 (TA Instruments, Eschborn, Germany). About 10 mg of each sample
were heated from 30 ◦C to 700 ◦C with a heating rate of 10 ◦C/min under an air atmosphere.

3.5. Biocide Release

The solubility of pure PHMG-NS in water was determined by stirring 1 g of the polymeric
biocide powder in 100 mL of water for 24 h at room temperature. Then, the solution was filtered and
evaporated. The weight of the solid residue was determined.

The release of PHMG-NS from the PA-11 film was investigated by UV-visible spectrophotometric
analysis using a Jenway 6850 spectrometer (Stone, United Kingdom). The calibrating graph was
obtained by measuring the absorbance of PHMG-NS aqueous solutions in a concentration range of 1
× 10−5–5 × 10−5 mol/L at 227 nm, which is the characteristic peak of the naphthalene ring. For the
evaluation of the leaching rate of polymeric biocide, 2 g of PA-11/PHMG-NS (7%) film was placed
into a closed 1 L conical flask containing 750 mL of deionised water. The sample was kept at 37 ◦C at
constant stirring. Three millilitres of each solution were taken periodically and analysed by measuring
the absorbance at said wavelength to determine the concentration of the released biocide. The biocide
release ratio was determined as the percentage of PHMG-NS released into the solution from its total
quantity in the film. Each measurement has been repeated three times.

3.6. Biofilm Assay

The resistance to biofouling, i.e., the antibiofilm characteristics of the PA-11/PHMG-NS films,
was evaluated by assessing the capability of two biofilm-forming model strains, E. coli K12 and
Staphylococcus aureus ATCC 25923, to form attached biofilms on the surface of polymer samples
following three days of stationary incubation. Each PA-11/PHMG-NS film was cut into pieces of 1 cm2

each. The pieces were sterilised by autoclaving at 105 ◦C for 30 min. Water-treated pieces of plastics
were prepared by exposition of 1 g of plastic films in 500 mL of deionised water for 7 days.

Each piece was then placed in a well of a sterile polystyrene 24-well plate in which 2 mL of Luria
Broth (LB) medium were added, inoculated with 10 μL of an overnight inoculum culture containing 109

CFU/mL; there were eight replicas per variant. The plate was incubated at 37 ◦C for 72 h. The control
for incubation was performed by incubating the films in sterile LB with four replicas. After incubation,
each film piece was removed and washed three times to remove planktonic and poorly attached
biofilm mass.

To measure the level of biofilm biomass attached to the plastics, a Crystal Violet assay was
performed. To this end, eight pieces with attached biofilms were placed in a glass vial, stained with
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1 mL of a 0.05% Crystal Violet stain solution for 30 min, and washed three times in water, after
which the stain was eluted by incubating the piece in 500 μL of 96% ethanol for an hour. The eluted
stain in each 200 μL aliquot was quantified by absorbance measurements at 570 nm in a BioTek
ELx800 microplate spectrophotometer. Net biofilm attachment was calculated by subtracting the
control values, corresponding to an incubation in LB.

A biofilm metabolic assay was performed for eight pieces as well. For this, each piece was
placed in a glass vial with 500 μL of a 0.05% methylthiazolyldiphenyltetrazolium bromide (MTT)
solution (Sigma-Aldrich, Taufkirchen, Germany) and incubated at 37 ◦C for 20 h. Then, the film
and the MTT solution were removed from each vial and placed in a 1.5 mL plastic tube, which was
spun down at 13,000× g for 15 min (Eppendorf 5424 Microcentrifuge (Fisher Scientific, Pittsburg, PA,
USA). The supernatant was discarded and the sediment was dissolved again in 500 μL of DMSO.
Again, staining intensities of 200 μL were evaluated using absorbance measurements at 570 nm.
Net biofilm metabolic activity was calculated by subtracting the control values, corresponding to an
incubation in LB.

3.7. Bacteria Toxicity Assay

The toxicity of the PA-11/PHMG-NS films was assessed on the basis of the optical density as
well as the colony forming units number of the overbiofilm planktonic culture. For this, 200 μL
of the overbiofilm planktonic culture of each treatment were transferred into a sterile polystyrene
96-well plate. The optical density was measured spectrophotometrically at 570 nm [64]. One hundred
microlitres of each overbiofilm planktonic culture were used for preparing dilution series which were
subsequently plated on LB agar plates for a colony forming units determination.

3.8. eDNA Assay

The amount of extracellular DNA (eDNA) was measured after its precipitation from cell-free
supernatants. For this, 500 μL of the aforementioned biofilm culture and 550 μL of the bottom culture
containing solid–liquid interface biofilms of the same microcosm, in which the PA-11/PHMG-NS
films had been incubated for 72 h, were vortexed for 1 min and spun down at 13,000× g for 15 min
(Eppendorf 5424 Microcentrifuge). Five hundred microlitres of each supernatant were removed and
transferred into new 1.5 mL plastic tubes. One millilitre of chilled 96% ethanol and 50 μL of a 3 M
sodium acetate solution (pH 5.2) were added to the supernatants, which were then incubated overnight
at –20 ◦C. Then, the samples were spun down at 13,000× g for 15 min and the supernatants were
removed. One millilitre of 70% ethanol was added into each of the tubes, which were then spun down
again at 13,000× g for 15 min to wash the pellet. The supernatants were removed and the sediments
were dried to full ethanol evaporation. Two hundred microlitres of Tris-EDTA (TE) buffer were added
to dissolve each sample. eDNA concentration was measured using a NanoDrop 2000 spectrometer
(Thermo Fisher Scientific, Waltham, MA, USA).

3.9. Statistical Analysis

The obtained data were processed statistically using the software package Statistica 7 or MS
Excel for Windows. All results are presented as mean ± standard deviation. A value of p < 0.05 was
considered statistically significant.

4. Conclusions

A new, thermally stable polymeric biocide polyhexamethylene guanidine 2-naphtalenesulfonate
(PHMG-NS) was synthesised by anion metathesis between polyhexamethylene guanidine
hydrochloride and sodium 2-naphtalenesulfonate. In dried conditions, PHMG-NS can be prepared as
fine powder, which makes it suitable as an antimicrobial additive for polymer articles and protective
coatings. It has a melting point of 105–110 ◦C and a limited water solubility of 0.024 g/L. According to
thermogravimetric analysis, PHMG-NS is thermally stable to at least 357 ◦C, which indicates its
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availability for joint melt processing with polyamide resins by common methods. Polyamide 11 (PA-11)
films containing 5, 7 and 10 wt% of PHMG-NS have been obtained by compression moulding at 240
◦C. The introduction of PHMG-NS into PA-11 films was found to significantly increase its surface
hydrophilicity, as well as positive surface charge density. PA-11/PHMG-NS composites showed no
changes of tensile strength at PHMG-NS content up to 7%, as well as high thermal decomposition
point about 400 ◦C.

The antibiofilm properties of PA-11 modified with the polymeric biocide PHMG-NS were evaluated
using the opportunistic biofilm-forming model bacterial strains E. coli K12 and S. aureus ATCC 25923.
There was a substantial decrease in biofilm metabolic activity as well as in biofilm biomass for
PA-11 films containing 7% and 10% of PHMG-NS for both strains. At the same time, there was no
significant difference between the different PA-11/PHMG-NS films with regard to their effect on the
planktonic bacteria in a biofilm-forming culture. The last fact may be due to the negligible biocide
release into the medium. Indeed, the study of PHMG-NS release behaviour from the PA-11 films
showed a low leaching ratio of less than 1% after 21 days, confirming its high retention in polymer
matrix and maintenance its antibiofilm characteristics. Thus, it has been suggested that at least one
mechanism of antibiofilm activity of PHMG-NS-containing PA-11 is associated with a reduction of
eDNA, which affects the initial stages of bacterial biofilm formation and, thus, may decrease the spread
of antibiotic resistance genes in a hospital-related environment.
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Abstract: Synthetic amphiphilic copolymers with strong antimicrobial properties mimicking
natural antimicrobial peptides were obtained via synthesis of an alternating copolymer of maleic
anhydride and 4-methyl-1-pentene. The obtained copolymer was modified by grafting with
3-(dimethylamino)-1-propylamine (DMAPA) and imidized in a one-pot synthesis. The obtained
copolymer was modified further to yield polycationic copolymers by means of quaternization
with methyl iodide and dodecyl iodide, as well as by being sequentially quaternized with both
of them. The antimicrobial properties of obtained copolymers were tested against Escherichia coli,
Pseudomonas aeruginosa, Staphylococcus epidermidis, and Staphylococcus aureus. Both tested quaternized
copolymers were more active against the Gram-negative E. coli than against the Gram-positive
S. aureus. The copolymer modified with both iodides was best when tested against E. coli and,
comparing all three copolymers, also exhibited the best effect against S. aureus. Moreover, it shows
(limited) selectivity to differentiate between mammalian cells and bacterial cell walls. Comparing the
minimum inhibitory concentration (MIC) of Nisin against the Gram-positive bacteria on the molar
basis instead on the weight basis, the difference between the effect of Nisin and the copolymer is
significantly lower.

Keywords: cationic polymers; imidization; quaternization; antimicrobial properties; hemolytic activity

1. Introduction

Since in 1960s, Cornell and Donaruma [1] have described 2-methacryloxytropones-based polymers
that exhibited antibacterial activity, and antimicrobial copolymers have since gained significant interest.
Over the last decades, a large number of publications and multiple reviews exploring antimicrobial
polymers have been published. In the 1990s and at the beginning of 21st century, the main focus was
on the synthesis and chemical nature of the polymers [2]. For example, Kenawy et al. [3] classified
antimicrobial copolymers regarding their structure as quaternary ammonium salts (QAS) [4–20],
phosphonium salts [20–27], sulfonic acid derivatives (salts, sulfonamides), and N-halamines. In most
recent reviews, the main focus has been on the bactericidal mechanism and influence of relevant
parameters such as molecular weight and charge distribution [28]. The antimicrobial properties of
maleic anhydride copolymers with olefins [29] and styrene [30–32] have been investigated since the
1960s. In all cases, succinic anhydride functionality was used as a base for further modification in order
to introduce an antibacterial moiety (diamine, aminophenol, etc.). From this perspective, the modified
maleic anhydride copolymers belong to one of the groups mentioned above. These polymers are
usually amphiphilic and act as surfactants.
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At the same time, antimicrobial peptides represent a large group of natural compounds with a
broad spectrum of antimicrobial activity [33–36]. The antimicrobial activity of these molecules also
comes from their amphiphilic structure [34].

In the past, much effort has been made to understand the mechanism of cytotoxicity of amphiphilic
peptides. One of the examples is Melittin from bee venom, which has the highest hemolytic activity.
Compared to Magainin from Xenopus frog skin, it has a high content of hydrophobic residues. It has
a 26-amino-acid-residue-long sequence with a characteristic cluster of lysine and arginine residues.
Magainins, 23-residue-long peptides, are essentially toxic for bacterial strains while being poorly
hemolytic [37]. Synthetic peptides of different composition and structure have been widely investigated
for their antimicrobial properties. Particular attention has been paid to peptides, which are only
constituted by nonpolar leucine and charged lysine, so-called LK-peptides [37,38]. These molecules
are ideally amphiphilic and proper choice of the Lys:Leu ratio as well as the chain length enables
designing structures most similar to natural toxins.

With the aim to design an optimum antimicrobial polymer and to set up a structure–function
relationship, many groups, including ours, have constructed amphiphilic polymers with different
backbones and specific cationic and hydrophobic residues in defined ratios mimicking antimicrobial
peptides. An overview on the peptide mimetic design of antimicrobial polymers can be found, e.g.,
in [39]. Specific design can lead to broad-spectrum antibacterials or polymers with Gram-selectivity [40].

The aim of creating a new synthetic, amphiphilic structure with strong antimicrobial properties
comparable to natural antimicrobial peptides led to the choice of an alkene and maleic anhydride
copolymer. Lower alkenes and maleic anhydride yield alternating copolymers. This ensures a constant
1:1 ratio of the hydrophobic and cationic part similar to those in Leu:Lys 1:1 LK-peptides. The choice
of 4-methyl-1-pentene as a hydrophobic comonomer is based on the similarity of its structure with
leucine (cf. Scheme 1), while the choice of maleic anhydride leaves ample space for further design of
the hydrophilic part by means of chemical modification.

 

Scheme 1. Comparison of the structure of leucine with 4-methyl-1-pentene.

This work covers polymeric quaternary ammonium salts obtained by chemical modification
of maleic anhydride 4-methyl-1-pentene copolymers. The free radical copolymerization of maleic
anhydride with 4-methyl-1-pentene leads to alternating copolymers, which were grafted using
N,N-substituted diamines. Although the antimicrobial activity of nonquaternized N,N-substituted
derivatives has been reported [1], biocidal activity should be enhanced by quaternization of the tertiary
amine groups with different alkyl halides. The higher biological activity of positively charged moieties
can be explained by electrostatic interaction with negatively charged cell surfaces. The advantage
of polycations is based on the higher charge density that allows highly extended adsorption on the
bacterial cell. The expected penetration of the cell wall and disruption of the membrane by the
lipophilic alkane chain releases cytoplasmic constituents and leads to the death of the cell.
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2. Results and Discussion

2.1. Copolymerization of Maleic Anhydride with 4-Methyl-1-pentene

Alternating copolymers of maleic anhydride with alkenes were obtained by free-radical
copolymerization in solution in the presence of radical initiators [41–45]. However, copolymers
which contain an excess of olefin have also been described in the literature [46,47], but as a general
rule, alternating copolymers are formed, in particular, when an excess of anhydride was used.

The alternating copolymer of 4-methyl-1-pentene with maleic anhydride (MSA) was synthesized
accordingly via free-radical polymerization. The copolymerization was carried out under homogenous
conditions in anhydrous 2-butanone (MEK) at 80 ◦C in the presence of benzoyl peroxide (BPO) as an
initiator. Scheme 2 depicts the copolymerization reaction of 4-methyl-1-pentene with maleic anhydride.

Scheme 2. Copolymerization of maleic anhydride (MSA) with 4-methyl-1-pentene.

An excess of maleic anhydride was used to ensure the equimolar composition of the resulting
copolymer. The product was separated from the reaction mixture by precipitation in a Et2O:MeOH
(4:1, vol:vol) mixture. For its molecular weight determination by gel permeation chromatography
(GPC), the succinic anhydride units of the copolymer were methanolized at room temperature.
The methanolysis was necessary because maleic anhydride copolymer adsorbed on the inline filter,
impeding any measurement. GPC measurement of the methanolyzed copolymer was performed in
THF with PMMA standards and the determined values were: Mn = 5800 and Mw/Mn = 1.67.

The composition of the obtained polymer could not be determined by 1H-NMR because
of overlapping signals of both monomers. Figure 1a depicts a typical 1H-NMR-spectrum of a
P[MP-alt-MSA] copolymer. The range of overlapping signals between 1 and 4 ppm precludes the
calculation of the polymer composition for the non-methanolyzed copolymers (MSA protons 3.25 ppm)
as well as methanolyzed products (MSA protons 2.8 ppm) [47].

σ

(a) 

Figure 1. Cont.
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σ

(b) 

Figure 1. (a) 1H-NMR spectrum of P[MP-alt-MSA] measured in acetone d6; (b) 1H-NMR spectrum of
P[MP-alt-MSA] esterified with benzyl alcohol measured in D2O.

Treatment of the copolymer with benzyl alcohol in MEK results in the formation of monobenzyl
esters. This method allows determining the content of protons of succinic acid benzyl ester since the
benzyl group’s NMR signals were well separated from the other polymer peaks. Figure 1b depicts the
1H-NMR spectrum of a P[MP-alt-MSA] copolymer after reaction with benzyl alcohol. The aromatic
protons as well as the benzylic protons are well separated from the signals of the polymer backbone
and the alkyl side groups. The monomer composition was calculated from the integrated signal
intensity of the benzylic protons and that of the alkyl signals between 0.8 and 5.2 ppm according to
Equation (1):

FMSA =
A
m

A
m + B

n
(1)

A—integration value of benzylic proton signal (σ = 4.90–5.30 ppm),
m—number of benzylic protons = 2,
B—integration value of polymer backbone and side chains proton signal (σ = 0.70–4.2),
n—number of protons in signal mentioned in B = 14.

This method was developed for determination of the MSA content in terpolymers, and it was
proved that, without a catalyst, only one carboxyl group was esterified [48]. It is very useful and precise
in the range of error of the used spectroscopic method. The 46 ± 5% of calculated content of succinic
anhydride in the copolymer is reasonable and allowed us to assume that an alternating copolymer was
obtained. The composition of the copolymer was also determined by elemental analysis. The obtained
results correspond well to the composition calculated for alternating copolymer (see Table 1).

Table 1. Comparison of the experimental and calculated elemental composition of an alternating
copolymer poly[(4-methyl-1-pentene)-alt-maleic anhydride] (C10H14O3).

Composition Carbon Hydrogen Oxygen

Calculated for C,H,O 65.90 7.70 26.40
Found 65.54 7.85 26.61
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2.2. Grafting of DMAPA onto P[MP-alt-MSA] Copolymer

2.2.1. Model Reaction of Amidoacidification

Maleic anhydride can easily react with 3-(dimethylamino)-1-propylamine (DMAPA) to yield
3-(N,N-dimethylamino)propyl maleamic acid (M1). The reaction was carried out in chloroform by
addition of the amine to MSA at room temperature and subsequent heating to 60 ◦C. The reaction is
exothermic and proceeds easily, hence, the heating step was performed to ensure complete reaction.
The product was precipitated in a fivefold excess of acetone and dried. The desired compound has
been obtained as a white powder. Scheme 3 depicts the reaction of maleic anhydride with DMAPA.

 

Scheme 3. Model reaction of amidoacidification and imidization of maleic anhydride with
-(dimethylamino)-1-propylamine (DMAPA).

Because of its molecular asymmetry, the product can be easily identified and distinguished
from nonreacted MSA by means of 1H-NMR. In the course of the reaction, the single peak of MSA
around 7 ppm (double bond protons) disappeared and two doublets appeared at 6.33 and 5.96 ppm,
respectively (see Figure 2).

σ  

Figure 2. 1H-NMR spectra of cis-3-(N,N-dimethylamino)propyl maleamic acid.
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2.2.2. Amidoacidification and Imidization of Poly[(4-methyl-1-pentene)-alt-maleic Anhydride

Scheme 4 depicts the reaction of the anhydride moiety in the polymeric chain (C1) with DMAPA,
yielding amidacid (C2), and followed by thermal imidization, which yields the cyclic N-substituted
imide (C3).

 

Scheme 4. Amidoacidification and imidization of MSA copolymer.

The amidoacidification of maleic anhydride copolymer with N,N-dimethylamino-1-propyl amine
(DMAPA) was performed analogously to the model reaction [18,44,49–60]. The amine was added
dropwise to a dimethylformamide DMF solution of the copolymer. The product precipitated from the
reaction mixture and could be easily obtained in its pure form. Because of the heterogeneity of the
reaction mixture, an excess of amine was used and the mixture was stirred for about 20 h to obtain an
almost quantitative conversion. This intermediate product was separated by filtration and analysed.

The prepared macromolecular amic acid could not be characterized well by means of NMR
spectroscopy because of the occurrence of broad overlapping signals. The IR spectra of the
amidoacidified copolymer C2 shown in Figure 3 corresponded to the comparative spectrum of the
model product (Figure 3 M1) from the reaction of maleic anhydride with DMAPA.

Figure 3. IR spectra of amidoacidified C2, thermally imidized C3, and model compounds M1 and
M2 (3-(N,N-dimethylamino)propyl maleamic acid and 3-(N,N-dimethylaminopropyl)maleimide).
The characteristic absorption band of cyclic imides in C3 and M2 at 1697 cm−1 are shown.
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To determine the content of modified succinic anhydride moieties, elemental analysis was
employed. The standard measurement for carbon, hydrogen, and nitrogen determination showed
a strong correlation to the calculated values for the hydrogen and nitrogen content while measured
content of carbon strongly differed from the calculated value (Table 2). However, the product was
found to be hygroscopic [50] and the standard analytical treatment did not include a drying step.
When one recalculates the elemental composition of the copolymer assuming that each amic acid unit
additionally binds two molecules of water, the determined elemental composition becomes reasonable
(see Table 2, #3).

Table 2. Comparison of the CHN elemental analysis results of the amidoacidified copolymer with
calculated values.

# Composition Carbon Hydrogen Nitrogen

#1 Calculated for C15H28N2O3 64.30 9.80 9.80
#2 Calculated for C15H28N2O3·2H2O 56.23 10.07 8.74
#3 Found 56.18 9.73 9.78

The abovementioned hypothesis was verified in a simple experiment. A small sample of the C2
was dried in vacuo to a constant weight and placed in an open vessel on a very precise balance to
absorb the humidity from air. A rapid increase in weight of the sample was observed. The calculated
difference between initial mass of the sample and the mass after 12 h of exposure to humid air showed
that the composition of the copolymer was C15H28N2O3·1.86H2O. The difference between the expected
and obtained values can be explained as a result of insufficient drying, absorption of water during
transfer from the drying oven to balance (the initial period of the experiment showed a rapid increase
of the weight), degree of modification lower than assumed 100%, or impurities. Most probably it
should be treated as the combination of several reasons, although the measured value of ~1.9 moles
H2O per amic acid unit is very close to the postulated stoichiometric 1:2 composition.

2.2.3. Chemical Imidization

The imidization reaction of amic acid in the presence of a dehydration agent and a base has been
described in many publications [51,52,58–60]. The most common reagents are acetic anhydride in the
presence of triethylamine or sodium acetate. This reaction is usually carried out under mild conditions
(temperature 80–90 ◦C) and is useful for the synthesis of a wide range of N-substituted imides.

The reaction was first tested by means of a model reaction between cis-3-(3-dimethylaminopropyl
carbamoyl) acrylic acid and acetic anhydride. As depicted in Scheme 3, the substrate (M1) was heated
at 90 ◦C for 4 h in the presence of acetic anhydride (dehydrating agent) and sodium acetate (catalyst).

At the end of the reaction time, the mixture was cooled down and sodium acetate was separated
by filtration. Acetic anhydride, as well as acetic acid formed during the reaction, were distilled off
under reduced pressure. The product was obtained as a brown oily liquid.

1H-NMR analysis of the crude 3-(3-dimethylaminopropyl)maleimide (see Figure 4) shows trace
signals of double-bond protons (between 6 and 6.5 ppm) from unreacted maleic acid amide, which is
about 2% in respect to maleimide.
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σ

Figure 4. 1H-NMR spectra of crude 3-(3-dimethylaminopropyl)maleimide. Characteristic peak at
~7 ppm confirms the ring formation.

However, the singlet at ~7 ppm shows that the five-membered ring has been successfully formed.
The comparison between the signals at σ = 7 ppm and aliphatic protons (σ = 2–4 ppm), which belong
to the amine chain, shows that less than 50% of the material that has been obtained was converted to
the required compound. The excess of aliphatic amine protons cannot be explained by incomplete
conversion of the amic acid because of the very low signal intensity of its double-bond protons. Also,
a very strong signal of acetic acid has been registered, although the sample was kept under vacuum
for long time.

The IR spectrum (Figure 3) shows the characteristic absorption bands of cyclic imides at 1697 and
1714 cm−1 that confirm the imide formation.

The reaction of amidoacidified C2 in the presence of Ac2O and both mentioned bases always
yielded dark brown products of sometimes even tarry consistency. Although characteristic absorption
bands of imides were observed, no way was found to purify the macromolecular product or at least to
remove the dark color.

2.2.4. Thermal Imidization

Because of the poor quality of obtained products, other possibilities of imidization were explored.
Thermal imidization of amic acids as a main synthesis method has been described in many organic
chemistry handbooks and publications [18,53–58].

TGA analysis of copolymer 2 was performed in order to determine suitable conditions for the
reaction. The calculated mass difference between amic acid form of the copolymer and its imidized
form was 6.5%. The thermogravimetric analysis showed a weight loss of approximately 7% in the
temperature range between 80 and 130 ◦C, which was attributed to the formation of the cyclic imide
by elimination of water (see Figure 5).
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Figure 5. Thermogravimetric analysis (TGA) measurement of amic acid form C2.

The imidization of C2 was carried out in DMF at 120 ◦C. The imidized copolymer C3 was
obtained in form of a pale cream-colored powder which was soluble in acetone. For comparison,
the amidoacidified C2 was insoluble in acetone. The infrared spectroscopy (see Figure 3) showed a
characteristic absorption band of imides at 1567 cm−1.

The advantage of thermal imidization is its simplicity and the improved product quality as well
as the absence of other reagents. It is of paramount importance for an antibacterial test to avoid the
presence of low-molecular-weight toxic agents, which can cause false positive results.

The molecular weight of the imidized copolymer was measured by THF-GPC. The measurement
showed an increase of the molecular weight of the copolymer after modification from Mn = 5800 to
Mn = 8800. This increase in Mn is partially caused by the modification as well as by removal of the low
molecular weight fraction during purification. This is indicated also by a change of the polydisperisity
of the sample from Mw/Mn = 1.67 to Mw/Mn = 1.47.

2.3. Quaternization of C3

The quaternization reaction was carried out in solution according to the method described in the
literature [18,50,53–55,61–63]. The C3 copolymer was dissolved in DMSO and reacted with methyl
iodide to give copolymer C4. With a mixture of methyl iodide and dodecyl iodide (1:1, mol:mol),
copolymer C5 was obtained and applying dodecyl iodide alone yielded copolymer C6. The reaction
was performed at room temperature in the presence of an excess of alkyl iodide (with respect to amine
groups), yielding quantitative conversion of the tertiary amine.

According to the literature, a long alkyl chain within the ammonium group shows better biocidal
properties [2,64,65]. For this reason, three different quaternized polymers have been prepared bearing
trimethyl ammonium, dimethyl-dodecyl ammonium groups, as well as a 1:1 (mol:mol) mixture of
both ammonium moieties as the quaternary ammonium side groups.

The IR spectra of quaternized copolymers showed no significant changes because the absorption
bands characteristic for ammonium salts overlap with absorption bands of the nonquaternized
copolymer (~1500 and 3000 cm−1).

2.4. Solubility in Selected Solvents

The different polarity of the copolymers C3, C4, C5, and C6 is also reflected in the different
solubility (see Table 3).
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Table 3. Solubility of imidized C3 and quaternized C4, C5, and C6 in chosen solvents (10 mg of
copolymer/mL). (+) well soluble (>10 wt %); (−) nonsoluble (<1 wt %).

Solvent C3 C4 C5 C6

Water + + + −
Methanol + − + −
Ethanol + − + −
Acetone + − + +

2-Butanone + − + +
Ethyl acetate + − − −

THF + − + +
DMSO + + + −
DMF + + + −

Chloroform + − − +

THF = tetrahydro furane, DMSO = dimethyl sulfoxide, DMF = dimethylformamide.

The introduction of cationic moieties into the polymeric chains strongly increases the polarity of
the copolymer and has a huge influence on the solubility. While nonquaternized copolymer C3 was well
soluble in all of the chosen solvents, the methyl-iodide-quaternized copolymer C4 was soluble only in
very polar solvents such as water and DMSO but insoluble even in lower alcohols such as methanol and
ethanol. The introduction of long alkyl chains by quaternization with dodecyl iodide makes copolymer
C6 insoluble in water, DMSO, DMF, and alcohols but well soluble in ketones, THF, and chloroform.
The simultaneous quaternization with both methyl iodide and dodecyl iodide (C5) ensures good
solubility in very polar solvents (water, DMSO) as well as less polar as 2-butanone. The solubility of
the quaternized copolymers in water is of utmost importance for antimicrobial investigations.

2.5. Thermal Properties

Figure 6 depicts the TGA thermograms of copolymer C3 and its quaternized derivatives C4,
C5, and C6. The nonquaternized copolymer C3 (curve 1) is the thermally most stable polymer and
shows only slight weight loss below 200 ◦C. The highest weight loss is observed above 300 ◦C.
Any modification of C3 by quaternization causes a decrease in thermal stability of the polymer due
to Hofmann elimination of the ammonium groups [61]. The Hofmann elimination occurs when
quaternary ammonium salts are exposed to high temperatures and the reaction yields an alkene and a
tertiary amine and a low-molecular-weight compound specific for the counterion (e.g., water, HCl,
HI, etc.).

Figure 6. TGA measurement of nonquaternized C3 and quaternized copolymers: C4 (-N(CH3)3
+),

C5 ((-N(CH3)3
+ + -N(CH3)2 C12H25

+), and C6 (-N(CH3)2 C12H25
+).
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The quaternization with methyl iodide causes the C4 (curve 2) to decompose above 150 ◦C via a
three-stage thermal degradation. The first stage starts at 150 ◦C and ends at 200 ◦C with a weight loss
of 32% corresponding to the loss of HI (31 wt %). Even partial quaternization with long alkyl-chain
iodide versus methyl iodide increased the thermal stability, as observed in curves 3 and 4 (C5 and C6)
in Figure 6

However, such derivatives also show faster thermal degradation than nonquaternized C3. In all
cases, the investigated copolymers showed a certain weight loss at relatively low temperatures around
100 ◦C, most probably caused by a loss of adsorbed water because of the hygroscopic nature of salts.

DSC measurement of dodecyl-iodide-quaternized copolymer is typical for all ammonium
copolymers based on the C3 copolymer in the temperature range of −50 to 200 ◦C. Each copolymer
showed two thermal transitions: one at 17 ◦C and a second one in the region of 80–105 ◦C (see Table 4).
The temperature of the second transition seems to depend on the type of quaternizing agent and is
about 20 ◦C higher for copolymers quaternized with dodecyl iodide. There is a correlation with the
TGA data where the presence of dodecyl iodide increased the thermal stability. Since the copolymers
undergo decomposition in this range of temperatures, reverse heating does not reproduce the curves.
Only the first transition is fully reproducible. The fact that the presence of longer alkyl chain gives a
higher Tg value is not in line with the expectations. It is known that polymers which contain longer
alkyl side chains exhibit lower glass transition temperatures than the shorter ones due to the plastifying
effect. Although there has been no melting temperature observed, this phenomenon can be assigned
to the formation of ordered structures on the micro or even nano scale. These types of crystalline
structures usually do not give any measurable thermal response and further investigation is required.
Detailed values of the thermal transition of the investigated copolymers are summarized in Table 4.

Table 4. Transition temperatures for nonquaternized C3 and its cationic modifications.

# Transition 1 (◦C) Transition 2 (◦C) Functional Group

C3 18 88 -N(CH3)2
C4 17 85 -N(CH3)3

+

C5 17 104 -N(CH3)3
+ + -N(CH3)2 C12H25

+

C6 18 101 -N(CH3)2 C12H25
+

2.6. Investigation of Antimicrobial Properties of the Cationic Copolymer

In the World Health Organization’s (WHO) “global priority list of antibiotic-resistant bacteria to
guide research, discovery, and development of new antibiotics” of February 2017, experts agreed on
grouping pathogens according to the species and the type of antibiotic resistance and classified the
results in three priority tiers: critical, high, and medium.

Our selected bacteria belong to genera that were grouped into the priorities critical and high, i.e.,
here, the prevalence of resistance against antibiotic treatments is extremely high. With our research
field, to prepare antimicrobially functional polymers, we would like to contribute to the reduction of
the spread of these bacteria.

Amphiphilic polymers with quaternary ammonium groups are known to have antimicrobial
properties [20]. Thus, the water soluble C3, C4, and C5 were tested for their antimicrobial efficacy.

In order to find the MIC of the copolymers, bacterial growth of strains belonging to clinically
relevant genera was monitored in the presence of all the copolymers. The tests were performed in
microwell plates and the proliferation potential of the bacteria was monitored at 37 ◦C by measuring
the optical density at 612 nm for 20 h using a microwell plate incubator/reader in comparison to a
reference without the respective polymer. The MIC values are summarized in Table 5.
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Table 5. Minimum inhibitory concentration (MIC) of the polymeric materials in bidistilled water and
Mueller-Hinton broth (MHB) against bacteria (1–2 × 106 cfu/mL) (MIC100: complete growth inhibition
during the monitoring time of 20 h) compared to reference Nisin, and hemolytic effect (HC50).

Polymer

MIC100 in μg/mL

HC50 in μg/mLE. coli ATCC
23716

P. aeruginosa
ATCC27853

S. aureus ATCC
6538

S. epidermidis
ATCC 12228

C3 20 100 >1000 20 100 *
C4 200 >>1000 1000 20 >>1000 **
C5 10 200 100 20 60 #

NISIN 100 >200 3 3 >>340 +

* Agglutination of red blood cells (RBC) at all concentrations tested 10–1000 μg/mL; ** agglutination of RBC at
20–1000 μg/mL; # no agglutination of RBC, + at 340 μg/mL = 100 mM Nisin only 10.8% of the RBC are lysed. Nisin
(Handary 97.9%).

The novelty of this paper is (i) the polymer backbone based on maleic anhydride and
4-methyl-1-pentene and (ii) the fact that the results obtained for E. coli and S. aureus were not as expected
based on a great amount of papers showing that amphiphilic polymers with different backbones and
manifold kinds of cationic and hydrophobic residues are more active against Gram-positive bacteria
(lower MIC values) than against Gram-negative bacteria.

The polymers are more effective by a factor of 5–10 against the Gram-negative E. coli than
against the Gram-positive S. aureus. This selectivity, although with a lower factor, was also found
in [66], who prepared lysine and arginine mimicking amino and guanidine propyl methacrylamide
copolymers; in the latter, the amine-containing copolymers were best.

Compared to polymer C4 (modified with methyl iodide), polymers C3 (nonquaternized) and C5
(modified with both iodides, methyl and dodecyl iodide) are more active against the Gram-negative
bacteria E. coli and P. aeruginosa, whereas, in the case of S. aureus, C5 was the most active polymer
compared to C3 and C4, with the nonquaternized C3 being the least active in the latter case.
Previous studies in our group, although with a different polymer backbone, have shown that the best
results against S. aureus were obtained with the cationic residue directly linked to the aliphatic residue
without a spacer in between [67], and that longer alkyl chains showed best efficacy [68] and, thus,
confirm these results. Regarding the solubility properties (Table 3), C3 and C5 show similar solubilities
in the different solvents compared to C4. The limited solubility of the latter seems to restrict the effect
against E. coli, P. aeruginosa, and S. aureus since the hydrophilic–lipophilic balance is decisive for the
efficacy of the respective polymer.

Against S. epidermidis, all three polymers are equally active in a comparable range, such as C3 and
C5 against E. coli.

Comparing the MIC for the Gram-negative bacteria gave 5- (C3) to 20-fold (C5) higher values for
P. aeruginosa than for E. coli, meaning that E. coli is 5–20 times better inhibited compared to P. aeruginosa.
Gram-negative bacteria are known to actively secrete outer membrane vesicles (OMVs) from the
outer membrane (OM) [69]. OMV production is correlated with an increased rate of survival upon
antimicrobial peptide treatment [70] In Pseudomonas putida, OMVs are generated, e.g., as a response
to stress caused by cationic surfactants which can contribute to OMV biogenesis, through a physical
mechanism by induction of the curvature of the membrane [71]. Although OMV production is common
in many bacteria, the extent and mechanism of OMV production is species specific, and thus, the higher
MIC values for P. aeruginosa might be due to the level of OMV production, since environmental stresses
result in increased OMV formation by P. aeruginosa [72].

For the Gram-negative bacteria E. coli and P. aeruginosa and for the Gram-positive S. aureus,
C5 quaternized with the long alkyl chain, i.e., the repeat unit structure with the hydrophobic
moiety being directly accompanied by the charged moiety, exhibits a higher efficacy compared to C4
quaternized with methyl iodide (this was also confirmed for functionalized polymers with polglycidol
backbone [73]).
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C5 exhibits a more ordered structure due to phase separation and orientation of the hydrophobic
C12H25 chains to hydrophobic domains (see also the discussion on the thermal properties in Section 2.5).

Whereas polymers C3 and C4 led to an agglutination of human RBC at all concentrations tested
(10–1000 μg/mL), C5 did not agglutinate RBC but showed lysis of 50% of the RBC relative to the
positive control (HC50) at a concentration of 60 μg/mL. The higher value of HC50 compared to the
MIC100 against E. coli (10 μg/mL) proved that polymer C5 has a selectivity to differentiate between
mammalian cells and bacterial cell walls. However, since the values are overall in the same order of
magnitude, the selectivity is low.

Since the investigated antimicrobial copolymers were designed to mimic peptides, a comparison
with a reference compound is needed. The type A lantibiotics, e.g., Pep5 or Nisin, are in general of
linear conformation and all the Nisin type peptides are positively charged [33]. Combination of the
cationic nature and the presence of leucine makes Nisin a good reference.

Nisin is a 34-residue-long peptide which is predominantly active against Gram-positive bacteria
(Nisin is also active against Gram-negative bacteria but only after a pretreatment) [74]. It is generally
accepted that the bacterial plasma membrane is the target for Nisin, and that Nisin kills the cells
by pore formation and inhibition of peptidoglycan synthesis. The pore formation causes collapse of
vital ion gradients, resulting in cell death [75]. In this study, it was shown that Nisin, compared to
the copolymer modified with both iodides, is highly active against Gram-positive bacteria, and, as
expected, 30 to more than 60 times less active against Gram-negative bacteria. Moreover, comparing
the MIC of Nisin against the Gram-positive bacteria on the molar basis instead on the weight basis,
the difference between the effect of Nisin and the copolymer is significantly lower.

This gap indicates that the activity of the peptides is determined not only by the amphiphilic
nature but most probably the secondary peptide structure plays also a substantial role.

3. Materials and Methods

3.1. Materials

Maleic anhydride (MSA, Merck, Darmstadt, Germany, for synthesis) was sublimed under reduced
pressure (50 ◦C, 2.4 × 10−2 bar), benzoyl peroxide (BPO, Merck, for synthesis) was recrystallized
from a chloroform:methanol mixture (1:5 vol:vol), 2-butanone (MEK, Merck, p.a.), and other solvents
(technical grade) were dried over calcium hydride (Fluka, Seelze, Germany) and distilled before use.
4-methyl-1-pentene (Aldrich, Darmstadt, Germany, for synthesis), methyl iodide (ABCR, Karlsruhe,
Germany), benzyl alcohol (Merck, for synthesis), dimethyl sulfoxide (Fluka, p.a.), acetic anhydride
(Merck, for synthesis), 3-dimethylaminopropylamine (Aldrich), succinic anhydride (Merck, p.a.),
triethylamine (Fluka, p.a.), and anhydrous sodium acetate (Merck, p.a.) were used without additional
purification. The inorganic salts sodium chloride, sodium dihydrogen phosphate monohydrate,
and disodium hydrogen phosphate dehydrate (all Merck) were used as received.

Bacteria have been provided by the German Resource Centre for Biological Material.
(Leibniz-Institut DSMZ-Deutsche Sammlung von Mikroorganismen und Zellkulturen GmbH,

Braunschweig, Germany) and (LGC Standards GmbH, Wesel, Germany). Gram-negative bacteria:
Escherichia coli (DSM 498, ATCC 23716) and Pseudomonas aeruginosa (DSM 1117, ATCC 27853).

Gram-positive bacteria: Staphylococcus aureus (ATCC 6538) and Staphylococcus epidermidis (DSM
1798, ATCC 12228).

Nutrient solutions: (1) NL1: 0.5 g of meat extract (Merck) and 0.3 g of peptone obtained from
casein (Merck) were dissolved in 99.2 g of sterile water; (2) Mueller-Hinton Broth (Carl Roth GmbH,
Karlsruhe, Germany) per L: 2.0 g Beef Extract Powder, 17.5 g Acid Digest of Casein, 1.5 g Starch
pH 7.4 ± 0.2.

Phosphate buffered saline (PBS): 100 mL of phosphate buffer and 1.8 g of sodium chloride were
placed in a 200-mL measuring flask and filled with distilled water ad 200 mL.
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3.2. Measurements/Apparatus

Size exclusion chromatography was performed using a system consisting of an LC 1120 pump
(Polymer Laboratories, Church Stretton, UK), a UV detector ERC-7215, an RI detector ERC-7515A
(ERMA CR INC., Kawaguchi, Japan),), a precolumn (50 × 8 mm) of nominal pore size 50 Å,
and four columns (300 × 8 mm) filled with MZ-Gel SDplus of nominal pore size 50, 100, 1000,
and 10,000 Å (MZ-Analysentechnik, Mainz, Germany). The set was calibrated with PMMA and PS
standards from Polymer Laboratories. The sample concentration was 7 mg of polymer in 1 mL of
tetrahydrofuran, and the injected volume of the sample was 100 μL. The tetrahydrofuran was stabilized
with 2,6-di-tert-butyl-4-methylphenol (250 mg/L).

1H-NMR spectra were obtained on a Bruker DPX-300 spectrometer in acetone-d6 and D2O at
300 MHz. MestRe-C 4.9.0.0 was used as evaluation software. The solvent peak as the reference signal
was used.

IR spectra were measured with on an FTIR Thermo Nicolet Nexus spectrometer in KBr-pellets
with a resolution of 4 cm−1.

Thermogravimetric analysis (TGA) was performed by means of NETZSCH TG 209c thermo
balance under nitrogen atmosphere at a nitrogen flow of 15 mL/min. Samples of 9–11 mg were placed
in a standard NETZSCH alumina 85-μL crucible. The heating rate was 10 K min−1.

Differential scanning calorimetry (DSC) measurements were performed by means of a Netzsch
DSC 204 unit. Samples (typical weight: ~9 mg) were enclosed in standard Netzsch 25-μL aluminium
crucibles. Indium and palmitic acid were used as calibration standards. Heating and cooling rates
were 10 ◦C min−1.

CHN elemental analysis was performed by means of a Carlo Erba MOD-1106 elemental analysis
apparatus at the Institute of Organic Chemistry of the RWTH Aachen. Each measurement was
performed twice.

The optical density measurements were performed by means of an Infinite 200 Pro (Tecan,
Männedorf, Switzerland) Multiwell plate Reader/Incubator at a wavelength of 612 nm in cycles of
30 min for 20 h.

3.3. Syntheses

3.3.1. Poly[(4-methyl-1-pentene)-alt-maleic anhydride] (Copolymer 1, C1)

In a 100-mL round-bottomed flask equipped with a reflux condenser and a valve, maleic anhydride
(7 g, 71 mmol, 55 mol %) and 4-methyl-1-pentene (5.04 g 60 mmol) were dissolved in dry MEK (35 mL).
To this mixture, BPO (0.3 g, 1.23 mmol, 0.93 mol %) was added and the mixture was degassed three
times by freeze–pump–thaw cycles and filled with nitrogen. The reaction mixture was placed in an oil
bath at 80 ◦C for 8 h. After the given time, the reaction mixture was cooled to ambient temperature
and the polymer was precipitated in a mixture of diethylether:methanol (4:1 vol:vol), separated by
filtration, and dried under vacuum at 40 ◦C for 8 h. The copolymer (9.3 g, 77% yield) was obtained as
a white solid. The molecular weight of the obtained copolymer was determined by gel permeation
chromatography in tetrahydrofuran THF-GPC using PMMA standard: Mn = 5800, Đ = Mw/Mn = 1.67.
The characteristic absorption peaks of IR spectra were: 1852, 1777 (C=O); 927 (C-O-C) cm−1. Elemental
analysis for C10H14O3; calculated: C 65.9; H 7.7; O 26.4 wt %, found: C 65.54; H 7.85; O 26.61 wt %.
1H-NMR (acetone-d6, δ in ppm): 0.71–4.03; (m, backbone, and side chains)

3.3.2. Determination of the Maleic Anhydride Content of C1 by 1H-NMR

C1 (100 mg) was dissolved in 2-butanone (5 mL) and benzyl alcohol (0.5 g) was added. The mixture
was heated at 50 ◦C under reflux for 18 h. The product was precipitated in a diethylether/methanol
(1:1) mixture and dried under vacuum at 40 ◦C for 8 h. 1H-NMR (CDCl3, δ in ppm): 7.16–7.49 (m, 5H,
aromatic); 5.11 (2H, -O-CH2-); 0.71–4.03 (m, 14H, backbone, and side chains)
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3.3.3. Amidoacidification of C1 to Poly[(4-methyl-1-pentene)-alt-(1-(3-N,N-
dimethylaminopropyl)malemic acid)] (Copolymer 2, C2)

C1 (2.0 g) was dissolved in dry dimethylformamid (DMF) (45 mL) and -(dimethylamino)-1-
propylamine (DMAPA) (1.19 g, 11.7 mmol) was added dropwise for 2 h to the stirred solution using
a syringe pump at room temperature (RT). During the addition phase, precipitation of the product
occurred. The mixture was stirred for an additional 24 h, and the precipitated product, a cream-colored
solid, was filtered off and dried at 40 ◦C under reduced pressure for 8 h. The characteristic absorption
peaks of IR spectra were: 1714; 1657; 1567 cm−1.

3.3.4. Thermal Imidization of C2 to Poly[(4-methyl-1-pentene)-alt-(1-(3-N,N-
dimethylaminopropyl)maleimide)] (Copolymer 3a, C3a)

Amidoacidified C2 (1.0 g) was dissolved in DMF (20 mL) and heated under reflux at 120 ◦C
for 24 h. The product was precipitated from diethylether and dried under vacuum at 40 ◦C for 5 h.
The molecular weight of the obtained copolymer was determined by THF-GPC using PMMA standard:
Mn = 8600, Đ = 1.46. The characteristic absorption peaks of IR spectra were: 1772; 1697 cm−1. Elemental
analysis for C15H26O2N2; calculated: C 67.7; H 9.8; N 10.5; O 12.0 wt %; found: C 67.09; H 9.70; N 10.11;
O 11.10 wt %.

3.3.5. Chemical Imidization of Amidoacidified C2 (Copolymer 3b, C3b)

The amidoacidified C2 (0.5 g) was dissolved in a mixture of DMF, acetic anhydride, 2-butanone
triethylamine, or sodium acetate (see Table 6 for detailed composition). The reaction mixture was
either heated under reflux or stirred at RT under a protective atmosphere of nitrogen for 12–18 h.
The product was precipitated in diethylether as a dark-brown solid and dried under vacuum at 40◦ for
24 h. The repeated precipitation had no influence on the appearance. The characteristic absorption
peaks of IR spectra were: 1770; 1697 cm−1.

Table 6. Composition of the reaction mixtures, reaction conditions for the chemical imidization of C2,
yield, and appearance of the product.

# DMF (g) Ac2O (g) MEK (g) Et3N (g) CH3COONa (g) T (◦C) t (h) Yield % Appearance

1 15 15 - 0.1 - RT 12 88 brown powder
2 15 15 - 0.1 - 80 18 70 brown powder
3 20 1.07 - 1.41 - 80 24 62 brown, tarry
4 - 1.0 15 0.8 - 90 18 87 grey powder
5 - 0.55 15 0.73 - 90 12 90 grey powder
6 - 7 - 1 - 80 20 78 grey powder
7 - 10 - - 0.1 80 18 69 brown powder

DMF = dimethylformamid, Ac2O = acetic anhydride, MEK = 2-butanone, Et3N = triethylamine, CH3COONa
= sodium acetate, RT = room temperature.

3.3.6. Preparation of Imide C3 in a One-Pot Reaction (Copolymer 3c, C3c)

C1 (3.5 g) was dissolved in dry DMF (20 mL) and placed in a 250-mL round-bottomed flask.
Within 2 h, DMAPA (2.5 g) dissolved in dry DMF (40 mL) was added by means of a syringe pump at
room temperature. The dispersion of the precipitated product was stirred additionally for 12 h and
the mixture was placed in an oil bath heated to 120 ◦C for another 24 h. The product was purified by
precipitation in 400 mL of diethylether. After drying the precipitate under vacuum at 40 ◦C for 8 h,
a cream-colored powder was obtained (3.2 g, 97.5%). The molecular weight of the obtained copolymer
was determined by THF-GPC using PMMA standard: Mn = 9350, Đ = 1.40. The characteristic
absorption peaks of IR spectra were: 1772; 1697 cm−1. Elemental analysis for C15H26O2N2; calculated:
C 67.7; H 9.8; N 10.5; O 12.0 wt %; found: C 67.16; H 9.76; N 10.21; O 12.87 wt %.
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3.3.7. Synthesis of Poly[(4-methyl-1-pentene)-alt-(1-(3-N,N,N-trimethylammonium-propyl)-
maleimidoiodide)] by Quaternization of Imidized C3 with Methyl Iodide (Copolymer 4, C4)

Thermally imidized C3a (0.1 g) was dissolved in dimethyl sulfoxide DMSO (4 mL) and placed
in a 25-mL round-bottomed flask. Methyl iodide (0.1 mL) was added and the mixture was stirred at
room temperature for 18 h. The product was precipitated in THF and dried under vacuum at 40 ◦C
for 12 h. The product (0.147 g, 96%) was obtained as a lemon-yellowish powder. Elemental analysis
for C16H29O2N2I; calculated: C 47.1; H 7.2; N 6.9; O 7.6; I 31.2 wt %; found: C 46.63; H 7.0; N 6.97;
O 7.87 wt %.

3.3.8. Sequential Quaternization of Imidized C3 with Methyl and Dodecyl Iodide (Copolymer 5, C5)

Thermally imidized C3a (0.3 g) was placed in a 25-mL round-bottomed flask and dissolved in
a mixture of acetone (10 mL) and DMSO (5 mL). Dodecyl iodide (0.164 g, 0.564 mmol, 50% with
respect to the N,N-dimethylammonium groups) of) was added and the mixture was stirred for 48 h.
In a subsequent step, methyl iodide (0.2 g, 1.4 mmol) dissolved in DMSO (5 mL) was added and the
reaction mixture was stirred for another 24 h. The product was precipitated in a THF/hexane (4:1)
mixture, separated, and dried under vacuum at 40 ◦C for 8 h. Elemental analysis for C43H80O4N4I2;
calculated: C 53.2; H8.2; N5.8; O 6.6; I 26.2 wt %; found: C 53.0; H 8.17; N 5.84; O 6.9 wt %.

3.3.9. Synthesis of Poly[(4-methyl-1-pentene)-alt-(1-(3-N,N-dimethyl-N-dodecylammoniumpropyl)-
maleimidoiodide)] (Copolymer 6, C6)

Thermally imidized C3a (0.1g) was dissolved in acetone (4 mL) and placed in a 25-mL
round-bottomed flask and dodecyl iodide (0.1 mL) was added. The flask was closed with a glass
stopper and the mixture was stirred for 48 h. The product was precipitated in hexane, filtered, and dried
under vacuum at 40 ◦C for 8 h. Elemental analysis for C27H51O2N2I; calculated: C 57.6; H 9.0; N 5.0;
O 5.7; I 22.7 wt %; found: C 57.56; H 9.06; N 5.01; O 5.88 wt %.

3.3.10. Synthesis of 3-(N,N-dimethylamino)propyl Maleic Acid Amide (M1)

Maleic anhydride (7.0 g, 71 mmol) was dissolved in dry chloroform (100 mL) and placed in a
250-mL flask. A solution of DMAPA (6.8 g, 67 mmol) in chloroform (20 mL) was added dropwise
and stirred for 1 h at 60 ◦C. After the addition period, the reaction mixture was heated at 60 ◦C for 1 h.
The product was precipitated in a fivefold excess of acetone (with respect to the volume of the reaction
mixture), separated, and dried under vacuum at 40 ◦C for 8 h. The product (12.2 g, 88%) was obtained as
a white powder. The characteristic absorption peaks of IR spectra were: 1710, 1650, 1588 cm−1. 1H-NMR
(D2O, δ in ppm): 6.33 (dd, 1H, C = CH-CON-, 3J = 12 Hz); 5.96 (dd, 1H, C = CH-COOH, 3J = 12 Hz); 3.33
(t, 2H, -NH-CH2-CH2-CH2-N(CH3)2, 3J = 6 Hz); 3,17 (t, 2H, -NH-CH2-CH2-CH2-N(CH3)2, 3J = 9 Hz);
2,88 (s, 6H, -NH-CH2-CH2-CH2N-(CH3)2); 1,95 ( q, 2H, -NH-CH2-CH2-CH2N-(CH3)2) 3J = 6 Hz).

3.3.11. Chemical Imidization (Z)-4-(N,N-dimethylamino)propylamino-4-oxobut-2-enoic Acid (M2)

with a reflux condenser for 4 h at 90 ◦C. After cooling to ambient temperature, the reaction mixture
Maleamic acid (1.0 g, 5 mmol) and sodium acetate (0.2 g, 2 mmol) were dissolved in acetic anhydride
(30 mL) and heated in a 50-mL round-bottomed flask equipped was filtered to remove sodium acetate,
and acetic anhydride was distilled off under reduced pressure. A brown oily product (0.8 g, 72%) was
obtained. The characteristic absorption peaks of the IR spectra were: 1773; 1697 cm−1. 1H-NMR (D2O,
δ in ppm): 6.86 (s, 2H, -OC-CH = CH-CO-); 3.62 (t, 2H, -NH-CH2-CH2-CH2-N(CH3)2, 3J = 6 Hz); 3.14
(t, 2H, -NH-CH2-CH2-CH2-N(CH3)2, 3J = 9 Hz); 2.86 (s, 6H, -NH-CH2-CH2-CH2N-(CH3)2); 1.98 (q,
2H, -NH-CH2-CH2-CH2N-(CH3)2) 3J = 6 Hz).
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3.3.12. Synthesis of 3-(N,N-dimethylamino)propyl Succinamic Acid (M3)

DMAPA (3.6 g, 35 mmol) was added slowly to a solution of succinic anhydride 3.5 g (35 mmol) in
dry acetone (20 mL). The mixture was stirred for 2 h at room temperature. The precipitated product was
filtered and immediately used for the thermal imidization reaction without further characterization.

3.3.13. Thermal Imidization of (Z)-4-(N,N-dimethylamino)propylamino-4-oxobutanoic Acid (M4)

3-(N,N-dimethylamino)propyl succinamic acid obtained from the reaction of succinic anhydride
and DMAPA was heated under flowing nitrogen at 170 ◦C for 2 h. A brownish oily liquid (6.3 g,
98%) was obtained. The characteristic absorption peaks of IR spectra were: 1770; 1697 cm−1.
1H-NMR (D2O, δ in ppm): 3.23 (t, 2H, -NH-CH2-CH2-CH2-N(CH3)2, 3J = 6 Hz); 2.97 (t, 2H,
-NH-CH2-CH2-CH2-N(CH3)2, 3J = 6 Hz); 2.73 (s, 6H, -NH-CH2-CH2-CH2N-(CH3)2); 2.41 (s, 4H,
-OC-CH2-CH2-CO-); 1.85 (q, 2H, -NH-CH2-CH2-CH2N-(CH3)2.

3.4. Antimicrobial Tests

The antibacterial activity of the amphiphilic polymers in solution was determined by measuring
the minimum inhibitory concentration (MIC) using the test bacteria mentioned above. Suspensions
of strains with known colony forming units (CFU; 2 × 106 CFU/mL) were incubated at 37 ◦C in
nutrient solution (Mueller-Hinton Broth, MHB) with different concentrations of the polymer samples.
The polymer samples were solubilized in bidistilled water and added to the nutrient solution at a
constant ratio of 1:10. The growth of the bacteria was followed during the incubation over 20 h by
measuring the optical density at 612 nm every 30 min (with 1000 s of shaking at 100 rpm per 30
min cycle by using a microwell plate reader/incubator (TECAN Infinite 200 Pro, Tecan Trading AG,
Männedorf, Switzerland). The testing was performed with defined concentrations specifically for
each polymer until, within the monitoring time of 20 h, no bacterial growth curve was recorded.
All experiments were performed in triplicate duplicates and MIC determination was repeated on three
different days. The polymers were not sterilized. Sterile controls (defined polymer concentrations
in nutrient solution without bacteria) were assessed in every growth curve monitoring testing series.
MICs were determined according to broth microdilution in 96-well microtitre plates [76]. The MIC
corresponds to the concentration of the test substance at which a complete inhibition of the growth of
the inoculated bacteria was observed by comparison with control samples without test substance.

3.5. Hemolytic Activity

Hemolytic activity was assessed according to the literature [77]. Human erythrocytes (from
healthy donors, red blood cells (RBC), 0, Rh positive, citrate-phosphate-dextrose-adenine-stabilized;
CPDA1 Sarstedt Germany) were obtained by centrifugation (3500 rpm, 12 min) to remove plasma,
washed three times in PBS (0.01 M phosphate buffered saline, Sigma Aldrich Chemie GmbH, Steinheim,
Germany), and diluted in PBS to obtain a stock solution of 2.5 × 108–3.0 × 108/mL RBC. Solutions
of defined polymer concentration (250 μL) were pipetted into 250 μL of the stock solution, the final
amount of RBC being 1.2 × 108–1.5 × 108 RBC/mL. The RBC were exposed for 60 min at 37 ◦C under
3D-shaking, centrifuged thereafter (4000 rpm, 12 min), and the absorption of the supernatant (diluted
10-fold in PBS) was determined at 414 nm in a microplate reader. As reference solutions, (i) PBS for
determining spontaneous hemolysis and (ii) 1% Triton X-100 for 100% hemolysis (positive control)
were used. Hemolysis was plotted as a function of polymer concentration and the hemolytic activity
was defined as the polymer concentration that causes 50% hemolysis of human RBC relative to the
positive control (HC50).

4. Conclusions

Maleic anhydride copolymers are versatile, easy-for-modification materials which can be used as
a base for a wide range of antimicrobial copolymers.
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The modification of P[MP-alt-MSA] copolymer with diamine to poly[(4-methyl-1-pentene)-
alt-(1-(3-N,N-dimethylaminopropyl)maleimide)] can be performed as a one-pot synthesis without
using any additives in relatively mild conditions. Poly[(4-methyl-1-pentene)-alt-(1-(3-N,N-
dimethylaminopropyl)maleimide)] can be easily converted into a polycationic material by means
of any alkyl iodide. Sequential quaternization with methyl iodide and dodecyl iodide—which
introduce a hydrophobic long-alkyl-chain moiety, but thanks to methyl iodide, ensure solubility
in polar solvents—shows the best properties in the sense of antimicrobial activity.

The antimicrobial properties of poly[(4-methyl-1-pentene)-alt-(1-(3-N,N,N-trimethylammoniumpropyl)-
maleimidoiodide)] are even lower than the properties of the nonquaternized copolymer.

The polymers are more effective by a factor of 5–10 against the Gram-negative E. coli than
against the Gram-positive S. aureus. Compared to poly[(4-methyl-1-pentene)-alt-(1-(3-N,N,N-
trimethylammoniumpropyl)-maleimidoiodide)], polymers poly[(4-methyl-1-pentene)-alt-(1-(3-N,N-
dimethylaminopropyl)maleimide)] and poly[(1-(3-N,N,N-trimethylammonium-propyl)-maleimidoiodide)-
co-(1-(3-N,N-dimethyl-N-dodecylammoniumpropyl) maleimidoiodide)-alt-(4-methyl-1-penten)] are
more active against the Gram-negative bacteria E. coli and P. aeruginosa, whereas, in the case
of S. aureus, only poly[(1-(3-N,N,N-trimethylammonium-propyl)-maleimidoiodide)-co-(1-(3-N,N-
dimethyl-N-dodecylammoniumpropyl) maleimidoiodide)-alt-(4-methyl-1-penten)] was the most active
polymer compared to the nonquaternized polymer and the polymer quaternized with methyl iodide.
The nonquaternized copolymer was the least active in the latter case.

The MIC of the synthetic copolymers is higher than of the natural peptide Nisin. However,
the freedom in designing the basic polymer, molecular weight, as well as the way of modification and,
in particular, the much lower price of the synthetic compounds show the potential of the presented
strategy to develop new “surface protection”.
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Abstract: Antimicrobial polymers and coatings are potent types of materials for fighting microbial
infections, and as such, they have attracted increased attention in many fields. Here, a series of
antimicrobial copolymers were prepared by radical copolymerization of 2-hydroxyethyl methacrylate
(HEMA), which is widely employed in the manufacturing of biomedical devices, and the monomer
2-(4-methylthiazol-5-yl)ethyl methacrylate (MTA), which bears thiazole side groups susceptible to
quaternization, to provide a positive charge. The copolymers were further quantitatively quaternized
with either methyl or butyl iodide, as demonstrated by nuclear magnetic resonance (NMR) and
attenuated total reflection Fourier-transform infrared spectroscopy (ATR-FTIR). Then, the polycations
were characterized by zeta potential measurements to evaluate their effective charge and by
differential scanning calorimetry (DSC) and thermogravimetric analysis (TGA) to evaluate their
thermal properties. The ζ-potential study revealed that the quaternized copolymers with intermediate
compositions present higher charges than the corresponding homopolymers. The cationic copolymers
showed greater glass transition temperatures than poly(2-hydroxyethyl methacrylate) (PHEMA),
with values higher than 100 ◦C, in particular those quaternized with methyl iodide. The TGA studies
showed that the thermal stability of polycations varies with the composition, improving as the content
of HEMA in the copolymer increases. Microbial assays targeting Gram-positive and Gram-negative
bacteria confirmed that the incorporation of a low number of cationic units into PHEMA provides
antimicrobial character with a minimum inhibitory concentration (MIC) of 128 μg mL−1. Remarkably,
copolymers with MTA molar fractions higher than 0.50 exhibited MIC values as low as 8 μg mL−1.

Keywords: antimicrobial polymers; quaternary ammonium; 2-hydroxyethyl methacrylate;
thermal stability

1. Introduction

In the last few years, antimicrobial polymers have attracted substantial scientific and industrial
attention because of their unique properties and applications in the design and production of many
materials, including medical devices, textiles, packaging, and purification systems [1–3]. Of special
concern is bacterial contamination on the surfaces of medical devices, such as catheters or implants,
which are responsible for many hospital-acquired infections (HAI), also known as nosocomial
infections. The most common and serious HAIs are catheter-associated urinary tract infections, central
line-associated bloodstream infections, ventilator-associated pneumonia, and surgical site infections,
among others [4,5]. Coatings able to eliminate bacterial contamination on these material surfaces and,
thus, prevent such infections have emerged as very efficient prophylactic strategies. These coatings can
either repel microbes, avoiding microbial attachment, or kill microorganisms upon contact or in the
surrounding by biocidal release [6]. In particular, self-disinfecting coatings with killing or bactericidal
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activity have demonstrated high efficiency and are typically obtained by incorporating antimicrobial
agents, including antibiotics [7,8], antimicrobial peptides [9,10], silver and copper compounds [11,12],
zinc oxide [13], titanium dioxide particles [14,15], etc., onto the surface. Alternatively, the use of
antimicrobial polymers as contact-active coatings with inherent biocidal activity has gained importance,
because antimicrobial polymers offer some advantages, such as chemical stability, high and long-term
activity, low toxicity, and reduced potential to generate resistance [16,17]. Most of these antimicrobial
polymers are polycations, in particular polymers with quaternary ammonium groups [18,19], which are
able to interact with the negatively charged bacterial wall, disrupting the integrity of the membrane
and leading to the death of the bacteria. Recently, we developed a series of polycations based on
polymethacrylates bearing pendant 1,3-thiazolium groups, which have demonstrated high activity
against a broad spectrum of bacteria [20–22]. In addition, antimicrobial polymeric coatings have been
prepared from these polycations by blending with hydrophobic polymers typically used in medical
devices, such as polyacrylonitrile or polystyrene [23–25].

Concerning hydrophilic polymer materials, poly(2-hydroxyethyl methacrylate) (PHEMA) is one
of the most widely used in the manufacture of medical devices, such as contact and intraocular
lenses, and medical device coatings [26,27], because it exhibits blood and cell biocompatibility,
low cytotoxicity, and thrombogenicity [28,29]. In addition, a variety of antimicrobial agents has
been included into hydrogels and materials based on PHEMA to provide biocidal character as an
additional property [26,30–32]. Herein, we prepared copolymers systems composed of 2-hydroxyethyl
methacrylate (HEMA) and a methacrylic monomer bearing thiazolium moieties (MTARI) with the
purpose of incorporating antimicrobial properties into PHEMA. Several copolymer compositions were
prepared and evaluated for an adequate balance of structural, thermal, and antimicrobial properties.

2. Results and Discussion

2.1. Synthesis of Cationic Polyelectrolytes: P(MTARI-co-HEMA) Copolymers

First, the synthesis of P(MTA-co-HEMA) copolymers was performed by free radical polymerization
of HEMA and 2-(4-methylthiazol-5-yl)ethyl methacrylate (MTA) comonomers, using different feed
molar ratios, i.e., feed molar fraction of MTA, fMTA = 0.0, 0.2, 0.4, 0.6, 0.8, and 1.0 (Scheme 1).

Scheme 1. Schematic representation of the synthesis of the P(MTA-co-HEMA) copolymers with
different molar compositions. AIBN: 2,2′-azobisisobutyronitrile.

The copolymerizations almost reached full conversion after 24 h for all the initial fMTA, which was
confirmed gravimetrically and by 1H-NMR (the double bonds completely disappeared from the
bulk of the reactions). Similarly, the molar fractions of MTA in the obtained copolymers (FMTA)
were determined by 1H-NMR, and as expected, these values were found to be very close to the
fMTA values (Table 1) as the conversion was nearly complete (fMTA ∼= FMTA). Table 1 summarizes
the average molecular weight (Mn) and the polydispersity indexes (PDI) of the P(MTA-co-HEMA)
copolymers determined by gel permeation chromatography (GPC). The molecular weights ranged
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from 35 to 87 kDa, while the PDI values were around 1.9–2.4, similar to those typically obtained in
radical polymerization.

Table 1. Characterization of the P(MTA-co-HEMA) copolymers.

fMTA FMTA Mn (kDa) PDI

0.00 0.00 86.8 2.1
0.20 0.18 60.8 2.0
0.40 0.37 59.2 2.4
0.60 0.56 42.6 2.2
0.80 0.76 34.5 2.2
1.00 1.00 36.6 1.9

Subsequently, the corresponding polycations with different charge balances were prepared by
N-alkylation of the P(MTA-co-HEMA) copolymers with either butyl or methyl iodide, as shown in
Scheme 2.

Scheme 2. Schematic representation of the quaternization of the P(MTARI-co-HEMA) polycations with
alkyl iodide (RI). DMF: N,N-dimethylformamide.

To ensure the complete quaternization of all the thiazole groups present in the copolymers,
the reaction was carried out with an excess of the alkylating agent at 70 ◦C. After one week, complete
quaternization was reached for all the cases as revealed by 1H-NMR spectra. As an example, Figure 1
depicts the spectra of the quaternized copolymers with butyl iodide, P(MTABuI-co-HEMA), and their
corresponding homopolymers, PHEMA and PMTABuI. The MTA homopolymer (PMTA) spectrum is
also depicted for comparative purposes to visualize the shift alteration produced by the protonation.
It can be clearly seen that the signals corresponding to the aromatic protons of 1,3-thiazole, –N=CH–S,
at ~8.8 ppm shifted to ~10.1–10.2 ppm after the N-alkylation to obtain 1,3-thiazolium group, –N+=CH–S,
which confirmed that all the modifications were achieved quantitatively [33,34]. In addition, new
signals appeared at ~4.4 ppm due to the alkylating agent (i.e., –N+–CH2– in the case of butyl iodide).
The intensity of this signal increased as the content of MTA increased in the copolymer, that is,
with increasing values of FMTA. This event was concomitant with a decrease in the intensity of
the signals attributed to the HEMA units, such as the peak at 4.8 ppm that corresponded to the
proton of the hydroxyl group. The copolymers were also characterized by ATR-FTIR spectroscopy.
As an example, Figure 2 shows the spectra of the unquaternized and quaternized copolymers with
both alkylating agents with an active comonomer composition of 0.8, viz. P(MTA0.8-co-HEMA0.2),
P(MTAMeI0.8-co-HEMA0.2), and P(MTABuI0.8-co-HEMA0.2), respectively. The carbonyl stretching
vibration (C=O) at around 1720 cm−1, characteristic of methacrylic monomers, the O–H stretching
region around 3700–3100 cm−1, and the C–O band at ca. 1250 cm−1, typical of HEMA polymers, can be
observed clearly in the spectra. The band corresponding to the C=N– stretching vibration of MTA
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appeared at 1550 cm−1. This band vanished when the copolymers were modified with the alkyl iodine
agents, and a new band emerged at ca. 1590 cm−1, characteristic of the C=N+– stretching vibration.
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Figure 1. Schematic representation of the preparation of the P(MTARI-co-HEMA) polycations by
quaternization with alkyl iodide (RI). Representative region of 1H-NMR spectra in DMSO-d6 of
P(MTABuI-co-HEMA), PMTA, PMTABuI, and PHEMA.
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Figure 2. Attenuated total reflection Fourier-transform infrared spectroscopy (ATR-FTIR) spectra of
P(MTA0.8-co-HEMA0.2), P(MTAMeI0.8-co-HEMA0.2), and P(MTABuI0.8-co-HEMA0.2).

2.2. Characterization of the Synthetized Copolymers: P(MTA-co-HEMA), and P(MTARI-co-HEMA)

Once the copolymer precursors, P(MTA-co-HEMA), and the polycations P(MTARI-co-HEMA)
were successfully prepared, they were characterized to estimate their antimicrobial potential. It is
well known that such activity is dependent on different parameters, such as the nature of the charge;
the hydrophobic groups; the balance of cationic to hydrophobic moieties; the polymer composition;
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and the molecular weight [1,35,36]. Then, the ζ-potential of the polycations was determined, and the
obtained values are represented in Figure 3.
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Figure 3. Variation of the ζ-potential of the quaternized copolymer series as a function of the composition.

Interestingly, the compositions with higher contents of MTA presented greater zeta potential
values than their corresponding quaternized homopolymers. They presented values near to +60 or
higher, which indicated the good stability of the aggregation in comparison with the homopolymers,
especially with respect to the PMTAMeI, which has moderate stability with a ζ-potential of +40. In fact,
the PMTABuI homopolymer was more stable and positively charged than the PMTAMeI: therefore,
higher antimicrobial activity was to be expected.

Subsequently, the thermal properties of the obtained copolymers were analyzed given that they
were of great importance for the applicability of these antimicrobial polymers. The copolymers were
first analyzed by differential scanning calorimetry (DSC), and the glass transition temperatures, Tg,
are given in Table 2. Figure 4a displays the DSC curves of the unquaternized copolymers, while Figure 4b
represents the Tg variation of all the series as a function of the copolymer composition, FMTA.
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Figure 4. (a) Differential scanning calorimetry (DSC) curves of the pristine (PMTA-co-HEMA)
copolymers; and (b) The glass transition temperatures of the P(MTA-co-HEMA), P(MTAMeI-co-HEMA),
and P(MTABuI-co-HEMA) copolymers as a function of the MTA or MTARI content in the
copolymer, FMTA.

From these data, it was observed that the Tg values of the copolymers shifted to lower
temperatures as the content of MTA, FMTA, increased up to 49 ◦C for the PMTA homopolymer.
In contrast, the polycations obtained after quaternization followed the contrary trend; their Tg

increased with the amount of the MTARI cationic units for both series of copolymers—those
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quaternized with methyl iodide (P(MTAMeI-co-HEMA)) and those quaternized with butyl iodide
(P(MTABuI-co-HEMA)). Also, both series of cationic copolymers exhibited greater Tg than the PHEMA
homopolymer. It was noticeable that the P(MTAMeI-co-HEMA) copolymers achieved higher Tg values
in comparison with the P(MTABuI-co-HEMA) series due to the effect of the length of the alkylating
agent. The incorporation of a long and flexible alkyl chain, such as a butyl group, improved the
mobility of the copolymers and reduced their Tg.

Table 2. Thermal characteristic parameters determined by DSC and TGA of the synthesized copolymers.
Glass transition temperature, Tg; initial degradation temperature, Td

onset; temperature of the maximum
rate of weight loss for each step, Td

max; and the rate of weight loss for each step, −dw/dT.

FMTA
Tg

(◦C)
Td

onset

(◦C)
Td

max1

(◦C)
−dw1/dT

(%/◦C)
Td

max2

(◦C)
−dw2/dT

(%/◦C)
Td

max3

(◦C)
−dw3/dT

(%/◦C)

P(MTA-co-HEMA)

0.00 96 259.0 178.5 0.03 - - 400.0 0.99
0.18 94 288.0 175.0 0.03 328.5 0.45 441.5 1.26
0.37 92 300.5 100.0 0.02 327.5 0.62 432.5 1.17
0.56 75 301.0 - - 341.0 0.74 435.0 0.91
0.76 70 294.0 - - 350.0 0.98 426.0 0.65
1.00 49 300.0 - - 366.5 1.08 413.5 0.34

P(MTAMeI-co-HEMA)

0.00 96 259.0 178.5 0.03 - - 400.0 0.99
0.18 109 185.0 237.5 0.18 - - 420.5 1.05
0.37 126 186.5 228.5 0.39 - - 404.0 0.71
0.56 133 196.5 220.5 0.75 320.0 0.38 429.5 0.71
0.76 145 205.5 228.5 0.89 329.5 0.37 422.0 0.52
1.00 157 209.5 235.5 1.12 341.5 0.41 421.5 0.36

P(MTABuI-co-HEMA)

0.00 96 259.0 178.5 0.03 - - 400.0 0.99
0.18 112 220.0 250.5 0.37 - - 433.5 1.32
0.37 114 225.0 247.5 0.96 - - 432.0 0.89
0.56 121 222.0 242.5 1.20 - - 426.0 0.73
0.76 113 221.0 244.5 1.43 - - 419.0 0.55
1.00 117 229.0 251.0 1.80 - - 418.0 0.36

Then, the thermal stability of the different series was analyzed by TGA under an inert atmosphere.
Figure 5 displays the TGA curves of the unquaternized and quaternized copolymer, and the thermal
degradation parameters are collected in Table 2. The degradation of PHEMA took place in one single
stage, considering that a previous step of water elimination occurred because of the hygroscopic
character of the polymer (ca. 2–3%). The literature has explained that the resulting product
of this breakdown is mainly the HEMA monomer [37–39]. PMTA presented two main stages,
and contrary to HEMA, in which depolymerization was the main process, the degradation seemed
to be by random chain scission as with poly(methyl methacrylate). In the case of the unmodified
copolymers, the behavior was dependent on the HEMA/MTA content. Those copolymers with
HEMA predominance presented hygroscopic tendencies and intermediate behaviors between both
homopolymer parents. The first main stage, at temperatures higher than 300 ◦C, is shifted to higher
temperatures as the MTA increased, while in the second step, the temperatures decreased. Nevertheless,
the stability was improved by the presence of HEMA in the copolymer.

This behavior was more evident in both the quaternized copolymer series. Figure 5b,c show that
the incorporation of the HEMA units into the copolymers expanded the thermal stability, which could
extend the applicability of these antimicrobial materials. In the case of methyl iodide incorporation,
the degradation occurred in three stages instead of the two appearing in the case of butyl iodide.
Therefore, the quaternization with a longer alkyl agent stabilized the macromolecular structure of
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the cationic copolymers. In contrast, the polycations obtained after the quaternization followed the
contrary trend; their Tg increased with the amount of the MTARI cationic units for both series of
copolymers—those quaternized with methyl iodide (P(MTAMeI-co-HEMA)) and those quaternized
with butyl iodide (P(MTABuI-co-HEMA)). Also, both series of cationic copolymers exhibited greater
Tg than the PHEMA homopolymer, whose value was almost 100 ◦C due to the strong inter- and
intramolecular interactions [37,40]. It is noticeable that the P(MTAMeI-co-HEMA) copolymers achieved
higher Tg values in comparison with the copolymers quaternized with butyl iodide because of the
effect of the length of the alkylating agent. The incorporation of a long and flexible alkyl chain, such as
a butyl group, improved the mobility of the copolymers and reduced their Tg.
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Figure 5. Thermogravimetric analysis of the (a) P(MTA-co-HEMA), (b) P(MTAMeI-co-HEMA), and (c)
P(MTABuI-co-HEMA) copolymers.

2.3. Antibacterial Activity Studies

The antimicrobial activity of the prepared polycations, the P(MTAMeI-co-HEMA) and
P(MTABuI-co-HEMA) copolymers, was evaluated against the model bacterial strains, Gram-positive
Staphylococcus aureus and Gram-negative Pseudomonas aeruginosa. These polymers were also tested
against fungi Candida parapsilosis, but they were not effective in the opposite behavior when MTA was
copolymerized with acrylonitrile, a hydrophobic monomer [21]. Concretely, the microbroth dilution
reference method [41–43] was used, obtaining the minimum inhibitory concentration (MIC) values
collected in Table 3. As expected, the homopolymers, PMTAMeI and PMTABuI, exhibited significant
antimicrobial activity with very low MIC values, as previously reported [20]. The homopolymer
quaternized with butyl iodide showed improved activity against the Gram-negative bacteria in
comparison with the methylated polymer, because it augments the hydrophobic balance of the
copolymers [35]. In effect, several studies have demonstrated that the incorporation of certain contents
of hydrophobic moieties, reaching an adequate hydrophobic/hydrophilic balance, improves the
antimicrobial activity of the polymer, because the process facilitates the pass through the hydrophobic
cytoplasmic membrane [44,45].

On the other hand, when biocompatible HEMA units are incorporated into the copolymer,
the activity tends to diminish. This is due to the decrease in the positive charge density of the
corresponding polycations as a result of the incorporation of a non-active monomer. Nevertheless,
the copolymers mainly based on HEMA, with MTARI contents as low as FMTA = 0.18, still exhibited
significant activity—MIC values of 128 μg mL−1. Again, the copolymers containing butyl groups
showed better activities than the copolymers quaternized with methyl iodide. Remarkably,
the copolymers quaternized with butyl iodide maintained their excellent activity up to a relatively
high content of HEMA, with MIC = 8 μg mL−1 for the FMTA value of 0.56. In this case, the copolymers
might have adopted in-solution conformations in which their positive charges were highly accessible
to bacterial membrane.
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Table 3. Minimum inhibitory concentration (MIC) of the quaternized copolymers,
P(MTAMeI-co-HEMA) and P(MTABuI-co-HEMA), against Gram-positive Staphylococcus aureus
and Gram-negative Pseudomonas aeruginosa.

FMTA

MIC (μg mL−1)

S. aureus P. aeruginosa

P(MTAMeI-co-HEMA)

0.18 128 128
0.37 128 128
0.56 128 128
0.76 8 32
1.00 8 16

P(MTABuI-co-HEMA)

0.18 128 128
0.37 128 128
0.56 8 8
0.76 8 8
1.00 8 8

Therefore, the obtained copolymers were demonstrated to be promising antimicrobial materials,
in which the incorporation of even a low number of cationic units into PHEMA provided significant
antibacterial activity and maintained good thermal stability. While higher amounts of the cationic
monomer, up to ~50%, maintained the excellent antimicrobial activity, reaching MIC values similar to
that found in the homopolymers PMTARI, and improved their thermal stability, the monomer could
also enhance their biocompatibility, because PHEMA and PMTARI are not toxics [20,22,28,29].

3. Materials and Methods

3.1. Materials

The monomer 2-(4-methylthiazol-5-yl)ethyl methacrylate (MTA) was synthesized as previously
reported [20]. The monomer 2-hydroxyethyl methacrylate (HEMA, 99%; Aldrich, Steinheim, Germany)
was distilled prior to use. 2,2′-Azobisisobutyronitrile (AIBN, 98%; Acros, Buch, Switzerland) was
recrystallized twice from methanol (MeOH, 99.9%; Aldrich) prior to use. Anhydrous dimethyl
sulfoxide (DMSO, 99.8%) and N,N-dimethylformamide (DMF, 99.8%) were purchased from Alfa-Aesar
(Karlsruhe, Germany) and were used as received. 1-Iodobutane (BuI, 99%, Aldrich), iodomethane
(MeI, 99%; Aldrich), and hexane (96%; Scharlau, Sentmenat, Spain) were used as received.

For the microbiological assays, sodium chloride (NaCl, 0.9%, BioXtra, Steinheim, Germany,
suitable for cell cultures) and phosphate buffered saline (PBS, pH 7.4) were obtained from Aldrich.
BBLTM Mueller Hinton broth used as microbial growth media was purchased from Becton, Dickinson
and Company (Madrid, Spain). Sheep blood (5%) and Columbia Agar plates were acquired from
BioMérieux (Madrid, Spain). American Type Culture Collection (ATCC) Gram-positive Staphylococcus
aureus (S. aureus, ATCC 29213) and Gram-negative Pseudomonas aeruginosa (P. aeruginosa, ATCC 27853)
bacteria were obtained from OxoidTM (Wesel, Germany).

3.2. Synthesis of P(MTA-co-HEMA) Copolymers

P(MTA-co-HEMA)s copolymers with different chemical compositions were synthesized via
free radical polymerization of HEMA and MTA comonomers, as shown in Scheme 1. Briefly,
both monomers, MTA and HEMA (1 M total concentration), and the initiator, AIBN (5 × 10−2 M),
were added into a Schlenk tube and dissolved in anhydrous DMSO. The mixture was deoxygenated
by purging with argon over 15 min. Then, the reaction was stirred at 60 ◦C for 20 h under an argon
atmosphere. After that, the mixture was cooled down, and the polymers were isolated by precipitation
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into distilled water, filtered, and washed several times with water. The solid was dried under a vacuum
until a constant weight was reached.

P(MTA-co-HEMA): 1H-NMR (300 MHz, DMSO-d6): δ = 8.80–8.85 (br, 1H; =CH thiazole, MTA),
4.80 (br, 1H; OH, HEMA), 4.02 (br, 2H; OCH2, MTA), 3.90 (br, 2H; –CH2–OH, HEMA), 3.59 (br, 2H;
–CH2–CO–, HEMA), 3.05 (br, 2H; CH2, MTA), 2.30 (br, 3H; CH3 thiazole, MTA), 1.92–1.24 (br, 2H; CH2,
MTA), 0.76–0.57 (br, 3H; CH3, MTA).

3.3. Quaternization of Copolymers: Synthesis of Cationic Polyelectrolytes, P(MTARI-co-HEMA)

The P(MTA-co-HEMA) copolymers were modified by N-alkylation of the thiazole groups of the
MTA units with 1-iodobutane or iodomethane, as shown in Scheme 2. The copolymers were added
into a sealed tube containing a magnetic stirring bar and dissolved in anhydrous DMF (0.1 mmol L−1).
Then, a large excess of alkyl iodide, methyl iodide, or butyl iodide was added (ratio copolymer/alkyl
iodide ≈ 1:5). The mixture was purged with argon and heated at 70 ◦C while being stirred for one week
to ensure complete quaternization. Then, the solution was poured into hexane, and the copolymers
were obtained as brown oils. The quaternized copolymers were further purified by dialysis against the
distilled water to remove the residual products and were freeze dried. The methylated and butylated
copolymers were labeled as P(MTAMeI-co-HEMA) and P(MTABuI-co-HEMA), respectively. The degree
of quaternization was determined by 1H-NMR spectroscopy [22].

P(MTAMeI-co-HEMA): 1H-NMR (300 MHz, DMSO-d6): δ = 10.16–10.06 (br, 1H; =CH thiazolium,
MTAMeI), 4.80 (br, 1H; OH, HEMA), 4.20–3.99 (br, 5H; +NCH3 and OCH2, MTAMeI), 3.90 (br, 2H;
–CH2–OH, HEMA), 3.59 (br, 2H; –CH2–CO–, HEMA), 3.40 (br, 2H; CH2, MTAMeI), ~2.57 (br, 3H; CH3

thiazolium, MTAMeI), 2.14–1.47 (br, 2H; –CH2–, MTAMeI), 1.80 (br, 2H, –CH2–, HEMA), 1.10–0.60 (br,
3H; CH3, HEMA) 1.07–0.41 (br, 3H; CH3, MTAMeI).

P(MTABuI-co-HEMA): 1H-NMR (300 MHz, DMSO-d6): δ = 10.27–10.10 (br, 1H; =CH thiazolium,
MTABuI), 4.80 (br, 1H; OH, HEMA), 4.56–4.45 (br, 2H; +NCH2, MTABuI), 4.09–4.02 (br, 2H; OCH2,
MTABuI), 3.90 (br, 2H; –CH2–OH, HEMA), 3.59 (br, 2H; –CH2–CO–, HEMA), 3.32 (br, 2H; CH2,
MTABuI), ~2.57 (br, 3H; CH3 thiazolium, MTABuI), 1.93–1.65 (br, 2H; CH2, MTABuI), 1.80 (br, 2H,
–CH2–, HEMA), 1.10–0.60 (br, 3H; CH3, HEMA),1.48–1.23 (br, 4H; 2CH2, MTABuI), 0.98–0.34 (br, 6H;
2CH3, MTABuI).

3.4. Characterization Methods

The 1H nuclear magnetic resonance (NMR) spectra were recorded on a Varian System-500 at room
temperature using deuterated chloroform (CDCl3) and DMSO-d6 purchased from Sigma-Aldrich as
solvents. Fourier-transform infrared (FTIR) spectra were recorded on a Perkin Elmer Spectrum Two
instrument with a high-performance, room temperature LiTaO3 (lithium tantalate) detector and a
universal attenuated total reflectance (ATR) instrument with a diamond/ZnSe crystal. The absorptions
were given in wavenumber (cm−1), and the spectrum was performed in scan range from 4000 to
450 cm−1 with a 0.5 cm−1 resolution and 16 scans. The molecular weights and polydispersity indexes
of the synthetized copolymers were determined by gel permeation chromatography (GPC) on a Waters
Division Millipore system and a Waters 2414 refractive index detector with a 1 mL/min-1 flow rate
of DMF (GPC-grade, stabilized with 0.1 M LiBr, Scharlau) as eluent at 50 ◦C. The calibration was
performed with poly(methyl methacrylate) standards (Polymer Laboratories LTD). The zeta potential
measurements were conducted using the Zetasizer Nano series ZS (Malvern Instruments Ltd, Malvern,
UK). The zeta potential of the polymers in deionized water was an average of 10 measurements.
Differential scanning calorimetry (DSC) measurements were conducted on a TA Q2000 instrument
under dry nitrogen (50 cm3 min−1). The samples were equilibrated at −70 ◦C and heated to 120 ◦C at
10 ◦C/min. Then, they were cooled to −70 ◦C and again heated to 120 ◦C at similar scanning rates.
The thermogravimetric analysis (TGA) of the copolymers was performed on a TA Instrument (TGA
Q500, TA Instruments, New Castle, Delaware, US) at a heating rate of 10 ◦C/min−1 from 40 to 800 ◦C
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under a nitrogen atmosphere. The instrument was calibrated both for temperature and weight by
standard methods.

3.5. Microbial Growth Inhibition Assays

The antimicrobial activity of the quaternized copolymers was tested against the ATCC microbial
strains according to the Clinical Laboratory Standards Institute (CLSI) microbroth dilution reference
methods [42,43,46]. The microorganisms were incubated on 5% sheep blood and Columbia Agar
plates (BioMérieux) for 24 h at 37 ◦C in a Jouan IQ050 incubator (Winchester, VA, USA). Then,
the microorganism concentration was adjusted with a saline solution to a turbidity equivalent to
ca. 0.5 of the McFarland turbidity standard, which corresponds to about 108 colony-forming units
(CFU) mL−1. The optical density of the microorganism suspensions was measured in a DensiCHEKTM

Plus (VITEK, BioMérieux). These suspensions were further diluted with Mueller–Hinton broth to
obtain 2 × 106 CFU mL−1. The copolymers were dissolved in a mixture of sterile water and a minimum
amount of DMSO (up to 6% v/v as a higher DMSO content was demonstrated to be toxic for these
bacterial strains [20,47]) to obtain solutions of 256 μg mL−1 for each copolymer. Then, the broth
microdilution method was carried out as follows: 100 μL of each copolymer solution was placed in the
first column of a 96-well round-bottom microplate. Subsequently, 50 μL of broth was added into the
rest of the wells (except in the first column). In the first column, 50 μL of the copolymer solution was
diluted by 2-fold serial dilutions in the rest of the wells, and finally, all the wells of the microdilution
plates were inoculated with 50 μL of each test microorganism sample to yield a total volume of 100 μL,
bacterial concentrations of 5 × 105 CFU mL−1, and copolymer concentrations of 128, 64, 32, 16, 8, 4, 2,
1, 0.5, 0.25, and 0.125 μg mL−1. Positive and negative controls were also performed. The plates were
incubated at 37 ◦C for 24 h, and the MIC was visually determined to be the lowest concentration of
the antimicrobial copolymer in which no bacterial growth was observed. The tests were performed
in triplicate.
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Abbreviations

AIBN 2,2′-azobisisobutyronitrile
ATCC American Type Culture Collection
br broad
BuI 1-iodobutane
CDCl3 deuterated chloroform
CFU colony-forming units
CLSI Clinical Laboratory Standards Institute
DMF N,N-dimethylformamide
DMSO dimethyl sulfoxide
DMSO-d6 deuterated dimethyl sulfoxide
DSC differential scanning calorimetry
−dw/dT rate of weight loss
fMTA feed molar fraction of MTA
FMTA molar fraction of MTA in the copolymer
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GPC gel permeation chromatography
HAI hospital-acquired infections
HEMA 2-hydroxyethyl methacrylate
MeOH methanol
MeI iodomethane
MIC minimum inhibitory concentration
Mn number average molecular weight
MTA 2-(4-methylthiazol-5-yl)ethyl methacrylate
NMR nuclear magnetic resonance
P. aeruginosa Pseudomonas aeruginosa
PBS phosphate buffered saline
PDI polydispersity indexes
PHEMA poly(2-hydroxyethyl methacrylate)
PMTA poly(2-(4-methylthiazol-5-yl)ethyl methacrylate)
P(MTA-co-HEMA) copolymers of HEMA with MTA
RI alkyl iodide
S. aureus Staphylococcus aureus
Td

max temperature of maximum rate of weight loss
Td

onset initial degradation temperature
TGA thermogravimetric analysis
Tg glass transition temperature
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37. Çaykara, T.; Özyürek, C.; Kantoğlu, Ö. Investigation of thermal behavior of poly(2-hydroxyethyl
methacrylate-co-itaconic acid) networks. J. Appl. Polym. Sci. 2006, 103, 1602–1607. [CrossRef]
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Abstract: New polymeric films with antibacterial activity have been prepared, by simple
UV-induced copolymerization of readily available ω-(acryloyloxy)-N,N,N-triethylalcan-1-aminium
bromides (or acryloyloxyalkyltriethylammonium bromides, AATEABs) with commercially available
2-hydroxyethyl methacrylate (HEMA), at different relative amounts. In particular, the antibacterial
activity of polymeric films derived from 11-(acryloyloxy)-N,N,N-triethylundecan-1-aminium
bromide (or acryloyloxyundecyltriethylammonium bromide, AUTEAB; bearing a C-11
alkyl chain linker between the acrylate polymerization function and the quaternary
ammonium moiety) and 12-(acryloyloxy)-N,N,N-triethyldodecan-1-aminium bromide (or
acryloyloxydodecyltriethylammonium bromide, ADTEB, bearing a C-12 alkyl chain linker) has
been assessed against Gram-negative Escherichia Coli and Gram-positive Staphylococcus aureus cells.
The results obtained have shown a clear concentration-dependent activity against both bacterial
strains, the films obtained from homopolymerization of pure AUTEAB and ADTEAB being the most
effective. Moreover, ADTEAB-based films showed a higher antibacterial activity with respect to the
AUTEAB-based ones. Interestingly, however, both types of films presented a significant activity not
only toward Gram-positive S. aureus, but also toward Gram-negative E. Coli cells.

Keywords: acrylates; antibacterial activity; copolymerization; polymeric films; polymerizable
quaternary ammonium salts; quaternary ammonium salts; UV-induced polymerization

1. Introduction

The importance of developing new antimicrobial systems is becoming more and more important,
owing to the well-known increasing phenomena of resistance to antibiotics associated with an
augmented virulence of several pathogenic microbial species [1–5]. In particular, antimicrobial
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polymers have recently attracted high interest, in view of their significant, efficient, and broad-spectrum
activity against resistant microorganisms [6–14]. Moreover, antimicrobial polymers can find extensive
applications in several applicative fields [15], including health care and biomedical applications [16–20],
food conservation and packaging [21–24], and industry (membrane [25–28] and textile industry [29–32],
in particular).

It is well known that quaternary ammonium salts (QASs) present a strong antimicrobial activity
(against fungi, bacteria, and viruses, in particular) [33–40], which is mainly related to their ability to
promote an ionic exchange between the membrane cell and the positively charged group, thus leading
to the loss of membrane integrity and cell death [41,42]. Polymerizable quaternary ammonium salts
(PQASs) are a particularly interesting subclass of QASs, which is characterized by the presence, besides
the quaternary group, of a suitable polymerizable function. This may allow their incorporation into a
polymeric framework by means of copolymerization techniques, thus leading to polymeric materials
with antimicrobial properties [43–45].

In this field, we recently reported a novel and practical synthetic approach to a
particularly interesting class of polymerizable quaternary ammonium salts (PQASs), which are
ω-(acryloyloxy)-N,N,N-triethylalcan-1-aminium bromides (or acryloyloxyalkyltriethylammonium
bromides, AATEABs), as shown in Scheme 1 [46].

Scheme 1. Synthesis of acryloyloxyalkyltriethylammonium bromides (AATEABs) [46].

These compounds are characterized by the presence, on one hand, of a quaternary
ammonium moiety, which confers them a significant antimicrobial activity, and, on the other
hand, of an acryloyloxy function, which make these compounds easily polymerizable either
by radical- [47,48] or UV-induced [49] polymerization. The two active terminal moieties are
distanced through a suitable alkyl chain linker. We previously assessed the antimicrobial
activity of the newly synthetized AATEABs against several Gram-positive and Gram-negative
bacteria and yeast strains [46]. The results obtained showed that the AATEABs bearing
a C-11 and a C-12 alkyl chain linker (11-(acryloyloxy)-N,N,N-triethylundecan-1-aminium
bromide or acryloyloxyundecyltriethylammonium bromide, AUTEAB,
and 12-(acryloyloxy)-N,N,N-triethyldodecan-1-aminium bromide (or
acryloyloxydodecyltriethylammonium bromide, ADTEB, respectively) were the most active,
in particular, against Gram-positive bacteria Staphylococcus aureus and Streptococcus pyogenes [46]. The
higher bioactivity of AUTEAB and ADTEAB with respect to the other derivatives with shorter alkyl
chain linkers was also recently theoretically interpreted by ab initio modeling calculations [50].

Considering the promising antibacterial activity of AUTEAB and ADTEAB [46,50], and the
possibility to easily copolymerize them for obtaining new antibacterial materials [47–49], in this work
we have studied the development of new polymeric films chemically incorporating these PQASs,
for potential applications in biomedical, food packaging and textile field. In particular, we have
prepared polymeric films based on the UV-induced copolymerization of AUTEAB as well as ADTEAB
with commercially available 2-hydroxyethyl methacrylate (HEMA), at different relative amounts.
The new films thus obtained were assessed for their antibacterial activity, at different concentrations,
towards the two bacteria strains E. coli and S. aureus. The possibility to copolymerize antimicrobial
AUTEAB and ADTEAB with HEMA is of particular interest, considering that the homopolymer
obtained by polymerization of HEMA (pHEMA) is very well appreciated for its transparency and
biocompatibility, properties that make pHEMA an ideal candidate for the production of contact lenses
and other products in the biomedical field [51].
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2. Results and Discussion

The new antimicrobial polymeric films developed in this work were obtained by UV-induced
copolymerizazion of the PQASs AUTEAB or ADTEAB with commercially available HEMA, at different
relative amounts. In particular, a proper amount of the PQAS (15.0, 35.0, 50.0 and 100 wt%) and HEMA
(85, 65, 50, and 0 wt%, respectively) were mixed until a transparent solution was obtained. A small
amount of the UV initiator 2,2-dimethoxy-2-phenylacetophenone (DMPA) was then added, and the
mixture was poured in a glass petri dish and exposed to 500 W UV light irradiation (lamp emission
from 180 nm to visible light). Polymerization was quite fast, and after 10 min transparent films were
obtained (Figure 1a), which were detached form the petri dish in water and washed in water overnight,
ready to be used for the subsequent antibacterial tests. As shown in scanning electron microscope
(SEM) picture (Figure 1b), the film surface appeared characterized by a uniform, dense, and compact
morphology. The morphology was practically the same for all the prepared films. The films presented
an overall thickness of about 0.432 mm.

Figure 1. Image (a) and SEM picture (b) of a typical film obtained by copolymerization of
acryloyloxyundecyltriethylammonium bromide (AUTEAB) with 2-hydroxyethyl methacrylate (HEMA).

An exemplificative Fourier transform infrared spectroscopy (FT-IR) spectrum of a film prepared
with 15.0 wt% of ADTEAB and HEMA is reported in Figure 2. The wide and intense band at 3375 cm−1

can be assigned to the O-H stretching vibrations of pHEMA [52]. At 1718 cm−1, it can be observed the
stretching vibrations of the carbonyl C=O group (from both ADTEAB and pHEMA), which is generally
found in the region of 1650–1800 cm−1 [53]. The region between 2900 and 3000 cm−1 is associated with
the symmetric and anti-symmetric C-H vibrations of CH2 and CH3 groups of ADTEAB and pHEMA [52].
For comparison, the FT-IR spectra of AUEAB, ADTEAB, and HEMA are shown in Figure 3.

Figure 2. FT-IR spectrum of the polymeric film prepared with 15 wt% ADTEAB and 85 wt% HEMA.
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Figure 3. FT-IR spectra of AUTEAB (a), ADTEAB (b), and HEMA (c).

The antibacterial efficacy of the AUTEAB-HEMA and ADTEAB-HEMA polymeric films thus
obtained, and of pHEMA as blank reference, was assessed on the basis of cell viability of E. coli TG1
(Gram-negative) and Staphilococcus aureus (Gram-positive) cultures, after being in contact with the films
at different times (0, 1.5, 3, and 6 h). Figure 4a shows a comparison between the cell viability of E. coli
TG1 in presence of AUTEAB-HEMA films at different incubation times. No loss of viable bacteria
was detected in the cells control (no film exposure) and in the blank reference pHEMA (histograms
in red and dark green, respectively). On the other hand, a clear concentration-dependent effect was
observed with AUTEAB-HEMA polymeric films. While no antibacterial activity was obtained after
6 h with the 15% AUTEAB film (purple histogram, Figure 4a), a bacteriostatic effect was evident with
the 35% AUTEAB film (light green histogram, Figure 4a), and a bactericidal activity with the 50%
AUTEAB film (orange histogram, Figure 4a). As expected, the bactericidal effect was dramatic in
the case of the homopolymeric film obtained from AUTEAB only (light blue histogram, Figure 4a).
In fact, in this latter case, no viable cells could be detected after 1.5 h contact (light blue histogram,
Figure 4a), while with the 50% AUTEAB film at the same incubation time, we observed a reduction of
cell viability of about two orders of magnitude, and cell viability reached 0 only after 6 h of incubation
(orange histogram, Figure 4a). The antimicrobial activity against the Gram-positive S. aureus, shown in
Figure 4b, was more pronounced, as the bactericidal effect was reached either after only 1.5 h contact
with the 50% AUTEAB film (orange histogram, Figure 4b) or after 3 h with the 15% AUTEAB film
(purple histogram, Figure 4b).
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Figure 4. Comparison of viable cell number of E. coli TG1 (a) and S. aureus (b) as a function of time
in the presence of control (no film, red histogram), blank reference (pHEMA, dark green histogram),
15% AUTEAB film (purple histogram), 35% AUTEAB film (light green histogram), 50% AUTEAB
film (orange histogram) and 100% AUTEAB film (light blue histogram). Bacteria cells were grown in
Luria-Bertani broth and the cell number was determined by surface spread plate technique, as described
in the Materials and Methods Section.

Figure 5 shows the reduction of turbidity of the E. coli cultures in presence of AUTEAB-based
films after 3 h contact with the film. It is evident that the degree of cell population in the medium (as
evidenced by the culture turbidity) decreases by increasing the % of AUTAB in the AUTEAB-HEMA
polymeric film. With the film obtained by homopolymerization of AUTEAB, the mixture is clear,
confirming that no cell population is present.

Figure 5. E. coli cultures maintained in contact with AUTEAB-HEMA polymeric films obtained with 15,
35, 50, and 100% AUTEAB. Control (no film exposure) and blank reference (pHEMA) are also shown
for comparison.

It is known that the antibacterial mechanism of QASs is mainly related to their strong interaction
with the cell membrane which causes its disorganization. This leads to the degradation of nucleic acids
and proteins with consequent lysis of the bacterial cell wall by autolytic enzymes [41,42]. Usually,
QASs present a significant different antibacterial efficiency toward Gram-positive and Gram-negative
bacteria, due to the additional outer membrane in the Gram-negative bacteria, which is absent in
the Gram-positive ones [52]. For this reason, the multilayer structure of the membrane makes the
Gram-negative bacteria more resistant toward the access and the internalization in the cytoplasm
of QASs. Our results, obtained with AUTEAB-HEMA polymeric films, while confirming a higher
antimicrobial activity against the Gram-positive S. aureus with respect to the Gram-negative E. coli
(compare Figure 4a with Figure 4b), also demonstrate that a significant concentration-dependent
antimicrobial effect is exerted on the latter, with a bactericidal effect being observed after 6 h with the
50% AUTEAB film and after only 1.5 h with 100% AUTEAB film (Figure 4a).
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We also prepared and tested polymeric films using acryloyloxydodecyltriethylammonium bromide
(ADTEAB), bearing a C-12 rather than a C-11 alkyl linker. This derivative, in fact, presented a higher
antimicrobial activity compared to the C-11 compound (AUTEAB) [46], which was also in agreement
with ab initio modeling calculations [50]. In this latter theoretical work, it was demonstrated that the
increase in the antimicrobial activity of QAS molecules could be mainly attributed to their “aspect
ratio” [50]. QAS with a longer alkyl chain bonded to nitrogen, in fact, exhibited a lower aspect ratio
resulting in a higher shielding effect on the quaternary ammonium group [50], which is known to
cause a higher antimicrobial activity [53]. Interestingly, the “shielding” effect increases with the alkyl
chain length but only up to a certain limit. For example, He et al. [54] found that the optimum alkyl
chain length for the antimicrobial effect against S. mutans cells was between C-11 and C-16, while the
effect tended to lower with longer alkyl chains.

The results obtained with ADTEAB-HEMA polymeric films are shown in Figure 6, together with
the control (no film exposure) and the blank reference pHEMA. As expected (Figure 6a), no loss of
viable E. coli cells was detected in the cells control and with pHEMA (histograms in red and dark
green, respectively). Additionally, no activity was observed with the 15% ADTEAB film (purple
histogram, Figure 6a). On the other hand, an evident bactericidal effect was obtained with 35 and 50%
ADTEAB film after 3 and 1.5 h contact, respectively (light green and orange histograms, Figure 6a).
As seen for AUTEAB-based films (Figure 4), the antimicrobial activity of ADTEAB-based films on the
Gram-positive S. aureus was higher (Figure 6b). In fact, the bactericidal effect was reached after either
1.5 h with 35% and 50% ADTEAB film (Figure 6b, light green and orange histograms, respectively).
Moreover, a viable cells decrease, of about 2 order of magnitude, was already seen with 15% ADTEAB
after 1.5 h and no viable cells were detected at 3 h contact (Figure 6b, purple histogram), while no
activity was observed with the same film against E. coli (purple histogram, Figure 6a). These results
also confirmed a higher antimicrobial activity for ADTEAB-based films (Figure 6) in comparison to
the ones prepared with AUTEAB (Figure 4). Rather interestingly, this was particularly evident in the
Gram-negative E. coli.

Figure 6. Comparison of viable cell number of E. coli TG1 (a) and S. aureus (b) as a function of time
in the presence of control (no film, red histogram), blank reference (pHEMA, dark green histogram),
15% ADTEAB film (purple histogram), 35% ADTEAB film (light green histogram) and 50% ADTEAB
film (orange histogram). Bacteria cells were grown in Luria-Bertani broth and the cell number was
determined by surface spread plate technique, as described in the Materials and Methods Section.

3. Materials and Methods

3.1. Preparation of Polymeric Films

Antimicrobial films were prepared by mixing a proper amount of AUTEAB or ADTEAB (prepared
as we already reported [46]) (15.0, 35.0, 50.0 and 100 wt%) with HEMA (purchased by Sigma-Aldrich
Italia, Milan, Italy) (85, 65, 50, and 0 wt%, respectively). Films containing 100 wt% of antimicrobial
agent were prepared by dissolving AUTEAB in water with a ratio of 75:25 AUTEAB/water. Solid
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films containing 100 wt% ADTEAB could not be prepared due to the high fragility of the polymerized
material. The mixtures (1 g) were, then, stirred for 1 h until complete dissolution. The UV initiator
2,2-dimethoxy-2-phenylacetophenone DMPA (2,2-dimethoxy-1,2-diphenylethan-1-one; purchased
by Sigma-Aldrich Italia, Milan, Italy) (0.6 wt% with respect to the total amount of the mixture) was
then added. After 1 h stirring, the solutions were poured in a glass petri dish (3 cm in diameter) and
exposed for polymerization to UV light irradiation (lamp emission from 180 nm to visible light, 500W;
purchased from Helios Italquarz, Cambiago, Milan, Italy) for 10 min. The polymerized films were then
detached form the petri dish in water and washed in water overnight. A blank film, not containing any
antimicrobial agent, was also prepared through the polymerization of pure HEMA with 0.6 wt% of
DMPA. Table 1 shows the composition of the prepared films.

Table 1. Relative amounts of the components used for preparing the polymeric films.

Film AATEAB (wt%) HEMA (wt%) Water (wt%)

AUTEAB 15% AUTEAB (15) (85) (0)
AUTEAB 35% AUTEAB (35) (65) (0)
AUTEAB 50% AUTEAB (50) (50) (0)
AUTEAB 100% AUTEAB (75) (0) (25) 1

ADTEAB 15% ADTEAB (15) (85) (0)
ADTEAB 35% ADTEAB (35) (65) (0)
ADTEAB 50% ADTEAB (50) (50) (0)

pHEMA (0) (100) (0)
1 The final polymeric film contained only polymerized AUTEAB, since water evaporated completely during the
polymerization process.

Fourier transform infrared spectroscopy (FT-IR) analysis was performed by using a Perkin Elmer
Instrument (New York, NY, USA) in the range 4000–650 cm−1; for the polymeric films, Attenuated
Total Reflection (ATR) mode was used, while for HEMA, AUTEB and ADTEAB, KBr pellets were
prepared. SEM image was acquired by means of Zeiss-EVO MA10 (thermal emission tungsten firing
unit equipped with a secondary electron detector) instrument using an Electron High Tension (EHT) of
20 kV and with a probe current of 18 pA. Prior to analyses, the sample was coated with a thin layer of
gold (sputter current of 20 mA and a sputter time of 240 s) using a sputter coater machine (Quorum
Q150 RS) in order to make the sample conductive.

3.2. Microorganisms and General Growth Conditions

E. coli TG1 and Staphilococcus aureus, kindly provided by Prof. Michele Galluccio (Department
of Ecology, Biology and Earth Sciences, University of Calabria, Rende, Italy), were selected as
Gram-negative and Gram-positive bacteria, respectively. The two strains were grown aerobically,
at 37 ◦C and 200 rpm in a thermostatic orbital shaking incubator (Sanyo Gallenkamp IOX400.XX1.C,
Analitica De Mori, Milan, Italy), in sterile Luria Bertani (LB) broth, a rich growth medium (containing
sodium chloride 5 g/L; yeast extract 5 g/L; trypton, 10 g/L at pH = 6.8). Oxoid Italia (Rodano, Milan,
Italy) supplied the powders for medium preparation.

3.3. Antibacterial Assessment of Polymeric Films

An overnight culture of E. coli TG1 or S. aureus was diluted 1:100 (v/v) in 20 mL of fresh LB liquid
medium to restart the cell cycle and incubated for circa 3 h at 37 ◦C until the exponential growth phase
was reached. Then, the culture was diluted 1:10 (v/v) in 20 mL of LB liquid medium, in an Erlenmeyer
flask, to reach a final density of circa 106 CFU/mL with an optical density, at 600 nm (OD600), of about
0.06 [55]. This value was chosen on the basis of our preliminary data on growth curves of E. coli TG1
performed to correlate OD measurements and number of cells by plate counting. Finally, each different
preparation of film was immersed in the bacterial suspension and shaken at 37 ◦C for 6 h. A same
assay procedure was used for bacterial suspensions without films used as control.
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The effect of antimicrobial films at different concentration on the bacterial growth has been
assessed after 0, 1.5, 3, and 6 h, by OD600 and cell viability assays. To calculate the Colony Forming
Unit (CFU) at the predetermined time, 100 μL of bacteria culture was taken from the flasks with and
without film and decimal serial dilutions in LB were performed. 50 μL of the diluted sample were then
spread onto sterile LB agar plates (LB broth with the addition of 16 g/L of agar). After incubation of
the plates at 37 ◦C for 20–24 h, the number of viable cells (colonies) was counted manually to get the
corresponding concentration of living bacteria. The log of N (cell number) was calculated using the
formula: CFU/mL = no of colonies × dilution factor/volume of culture spread. CFU for every time was
calculated on the average of three different dilutions.

4. Conclusions

In conclusion, we have developed novel polymeric films based on UV-induced copolymerization
of some readily available polymerizable quaternary ammonium salts (QASs), in particular,
11-(acryloyloxy)-N,N,N-triethylundecan-1-aminium bromide or acryloyloxyundecyltriethylammonium
bromide, AUTEAB, and 12-(acryloyloxy)-N,N,N-triethyldodecan-1-aminium bromide or
acryloyloxydodecyltriethylammonium bromide, ADTEB, with commercially available 2-hydroxyethyl
methacrylate (HEMA). The antibacterial tests, conducted on typical Gram-negative (E. Coli) and
Gram-positive (S. aureus) strains, have confirmed a significant antibacterial activity, not only against
the Gram-positive cells, but also on the Gram-negative ones (which are known to be usually much
more resistant toward QASs), although the activity was higher in the first case. Moreover, the results
obtained have shown that the activity depended on the QAS concentration in the film and that is was
higher for the films obtained from ADTEAB with respect to AUTEAB.

The possible application of the newly prepared films in various fields (biomedical, textile,
and membrane technology, in particular) is underway in our laboratories and the results will be
reported in due course.
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Abbreviations

AATEABs
acryloyloxydodecyltriethylammonium bromide
(ω-(acryloyloxy)-N,N,N-triethylalcan-1-aminium bromides)

ADTEAB
acryloyloxydodecyltriethylammonium bromide
(12-(acryloyloxy)-N,N,N-triethylundecan-1-aminium bromide)

AUTEAB
acryloyloxyundecyltriethylammonium
bromide(11-(acryloyloxy)-N,N,N-triethyldodecan-1-aminium bromide)

CFU colony-forming unit
DMPA 2,2-dimethoxy-2-phenylacetophenone (2,2-dimethoxy-1,2-diphenylethan-1-one)
HEMA 2-hydroxyethyl methacrylate
LB Luria-Bertani
OD optical density
pHEMA poly-2-hydroxyethyl methacrylate
PQASs polymerizable quaternary ammonium salts
QASs quaternary ammonium salts
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Abstract: Hybrid nanoparticles of poly(methylmethacrylate) synthesized in the presence of
poly (diallyldimethyl ammonium) chloride by emulsion polymerization exhibited good colloidal
stability, physical properties, and antimicrobial activity but their synthesis yielded poor conversion.
Here we create antimicrobial coatings from casting and drying of the nanoparticles dispersions
onto model surfaces such as those of silicon wafers, glass coverslips, or polystyrene sheets
and optimize conversion using additional stabilizers such as cetyltrimethyl ammonium bromide,
dioctadecyldimethyl ammonium bromide, or soybean lecithin during nanoparticles synthesis.
Methodology included dynamic light scattering, determination of wettability, ellipsometry of
spin-coated films, scanning electron microscopy, and determination of colony forming unities
(log CFU/mL) of bacteria after 1 h interaction with the coatings. The additional lipids and surfactants
indeed improved nanoparticle synthesis, substantially increasing the conversion rates by stabilizing
the monomer droplets in dispersion during the polymerization. The coatings obtained by spin-coating
or casting of the nanoparticles dispersions onto silicon wafers were hydrophilic with contact angles
increasing with the amount of the cationic polymer in the nanoparticles. Against Escherichia coli and
Staphylococcus aureus, bacteria cell counts were reduced by approximately 7 logs upon interaction
with the coatings, revealing their potential for several biotechnological and biomedical applications.

Keywords: coatings from nanoparticles; biocompatible polymer; antimicrobial polymer; dynamic
light scattering; coatings wettability; microbicidal coatings; bacteria viability; bactericidal coatings;
Escherichia coli; Staphylococcus aureus

1. Introduction

Biomimetic hybrid coatings have often been used as antibacterial materials [1–4]. For example,
silver nanoparticles (NPs) embedded on dextran films or on a lysozyme/dextran network of natural
polymers can be grafted onto a variety of surfaces with several biomedical applications possible
from coating implants to catheters [5–7]. Biocompatible and antimicrobial polymers can be combined
to yield a variety of nanostructures, among them, the popular and very useful NPs, which may
further form coatings and films [8–10]. Antimicrobial polymeric NPs of poly(methylmethacrylate)
(PMMA) synthesized in the presence of the cationic antimicrobial polymer poly(diallyldimethyl
ammonium) chloride (PDDA) were first obtained in 2015 joining the biocompatible character of
PMMA with the microbicide character of the cationic PDDA [11]. PMMA belongs to the Eudragit
trademark that includes a diverse range of poly(methacrylate) and polyacrylate-based copolymers
which are non-biodegradable, non-absorbable, and nontoxic with several applications in drug
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delivery [12]. The pharmaceutical applications of polyacrylates for coatings and films were recently
and comprehensively reviewed [13].

On the other hand, PDDA was first described as a cationic antimicrobial polymer about
10 years ago, displaying outstanding activity as a microbicide and fungicide [7,14–16]. However,
the synthesis of hybrid PMMA/PDDA NPs by emulsion polymerization in absence of surfactant
yielded low conversion percentiles [11]. This was consistent with previously described and not
very successful attempts to polymerize methyl acrylate (MA) or methyl methacrylate (MMA) using
large amounts of monomer (>1.9 wt %) in oil-in-water microemulsions for which phase separation
during polymerization took place [17–19]. The two major steps in emulsion polymerization are
nucleation and particle growth. In the presence of surfactant, if the monomer has high affinity for the
micelle core, nucleation occurs in the micelles where the monomers are. If the monomer is polar to a
certain extent, there will be some affinity for the water phase so that polymerization also occurs in
monomer droplets [20,21]. The initiator generates free radicals that react with MMA in the micelles and
with MMA inside the droplets in the aqueous phase, yielding oligo radicals that colocalize with the
monomers and proceeding with the polymerization. Apparently, the presence of PDDA during NPs
synthesis in the absence of surfactant stabilized the smaller droplets of MMA yielding PMMA/PDDA
hybrid and very small NPs [11]. Coatings prepared by spin-coating of PMMA and dioctadecyldimethyl
ammonium bromide (DODAB) cationic lipid revealed a good compatibility between DODAB and
PMMA leading to good antimicrobial activity against bacteria upon contact [22]. The dependence
of the antimicrobial activity on the quaternary ammonium compound structure for combinations of
PMMA and DODAB, cetyl trimethylammonium bromide (CTAB), or tetra propyl bromide (TPAB) for
spin-coated films also yielded interesting results [23]. DODAB remained associated with PMMA films
and killed bacteria upon contact, in contrast to CTAB that diffused out of the films killing bacteria in
the outer medium [23]. In dispersion, PMMA/DODAB or PMMA/CTAB NPs prepared by emulsion
polymerization over a range of high concentration of the quaternary ammonium amphiphiles showed
remarkable antimicrobial activity over a range of micromolar concentrations [24].

Here we present some novel antimicrobial coatings based on hybrid NPs of PMMA and PDDA and
solve the problem of low conversion during emulsion polymerization for PMMA/PDDA NPs synthesis
by adding amphiphiles such as DODAB, CTAB, and lecithin in the reaction mixture. The results
revealed remarkable microbicidal activity for the PMMA/PDDA coatings obtained from casting
and drying PMMA/PDDA NPs and a substantial increase in conversion due to the presence of the
amphiphiles during PMMA/PDDA NPs synthesis.

2. Results and Discussion

2.1. Physical Properties and Microbicidal Activity of Coatings from PMMA/PDDA Dispersions

The synthesis of PMMA/PDDA NPs, described previously by Sanches et al. [11], yielded
monodisperse and cationic NPs in water dispersion named in accordance with MMA and PDDA
concentrations used in the particles synthesis. For the dispersions A4, the concentrations used were
0.56 M MMA and 4 mg/mL PDDA; for A5, they were 0.56 M MMA and 5 mg/mL PDDA; and for B4,
they were 1.32 M MMA and 4 mg/mL PDDA.

NPs in A4 have a mean diameter of 112 ± 17 nm as determined by Scanning Electron Microscopy
(SEM) [11]. Casting and drying the original A4 dispersion on silicon wafers yielded the coating
shown on the SEM micrograph (Figure 1), with the macroscopic features for the film seen on Figure 2.
The coatings were homogeneous on the hydrophilic surfaces such as the silicon wafers and the glass
coverslips. However, cracks and discontinuities were visible for those on the hydrophobic polystyrene
substrates (Figure 2). The NPs structure was shown to involve a PMMA core surrounded by a PDDA
shell [11] proving that the outer cationic and hydrophilic layer clearly interacted better with the
hydrophilic surfaces such as those of the silicon wafer or the glass. The coating adhesion to the
hydrophilic and anionic substrates was clearly better for A5 and A4-derived coatings than for those
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derived from B4 (Figure 2). The reason for this can be related to the higher relative ratio of PDDA to
PMMA in A5 and A4-derived coatings than in the B4-derived ones. The interpretation for the ring
appearing after casting B4 dispersion was related to the coffee-ring effect; such ring deposition occurs
when liquid evaporation from the edge is replenished by liquid from the interior so that the resulting
outward flow can carry most of the dispersed material to the edge [25]. This took place for the most
hydrophobic NPs, namely, those with the lowest PDDA:PMMA molar ratios represented by the B4
dispersion. Similar ring deposition pattern was also observed for hydrophobic polystyrene particles
deposited on glass from a water droplet and explained from the coffee ring effect [26]. The crack
patterns visible for A4-derived coating on the polystyrene substrate were radial and similar to the ones
previously described in the literature for similar systems [27]. The poor adhesion of the hydrophilic
NPs of the A4 derived-coating to the hydrophobic polystyrene sheet might also have contributed to
cracks in the coating (Figure 2).

 

Figure 1. Scanning electron micrograph of the poly(methylmethacrylate) (PMMA)/poly(diallyldimethyl
ammonium) chloride (PDDA) coating obtained by casting 0.050 mL of the original A4 nanoparticles
dispersion (10 mg/mL) onto silicon wafers.

PMMA/PDDA coatings on silicon wafers are derived from two different procedures:
(1) spin-coating of lyophilized A5 in 1:1 dichloromethane: ethanol; (2) casting of A5, A4, or B4
dispersions of NPs followed by drying under vacuum.

Spin-coating allows for the preparation of lipid [28–30] or polymer films [22] on very smooth
surfaces such as those of the silicon wafers. In the present case, the composition of a hydrophobic
polymer, such as PMMA, and a hydrophilic one, such as PDDA, required a special combination
of solvents in order to obtain solubilization of both in the solvents mixture. Figure 3a–e shows
the evaluation of solubilization of both polymers from the lyophilized A5 dispersion in ethanol
(E):dichloromethane (D) over a range of E:D proportions. The complete solubilization only took place
at 50:50% E:D. This allowed obtaining the coatings of PMMA: PDDA onto silicon wafers for evaluation
of thickness, refractive index and contact angles (Table 1). These characteristics of the hybrid films
compared to those of pure PMMA coatings revealed similar thicknesses and refractive indices but
higher wettability for the hybrid coatings than those determined for the pure PMMA film (Table 1).

For coatings obtained by casting the PMMA/PDDA dispersions onto the silicon wafers, there
was a consistent decrease of the contact angle upon increasing the PDDA relative amount in the
dispersions from 35 ± 6 to 9 ± 2 degrees (Table 1). Coatings obtained by casting the dispersions
yielded lower contact angles than those obtained by spin-coating, reconfirming that the hydrophilic
PDDA immobilized as an outer layer of the PMMA/PDDA nanoparticle imparted a more hydrophilic
character to the film surface than the one of the spin-coated PMMA/PDDA (Table 1).
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Figure 2. PMMA/PDDA films casted from 50 μL droplets of A5 (4.4 mg/mL), A4 (10 mg/mL), and B4
(5.8 mg/mL) dispersions on polystyrene sheets, silicon wafers, or glass coverslips.

The antimicrobial activity of the hybrid PMMA/PDDA coatings derived from A5, A4, and B4
casted onto glass coverslips revealed a remarkable microbicidal effect against Escherichia coli and
Staphylococcus aureus (Table 2). In this case, the real potency of the coatings was established over orders
of magnitude by determining bacteria viability from the log of CFU/mL. Bacteria viability decreased
by 107–108 colony forming units (CFU) upon interaction with the coatings for 1 h (Table 2).

Table 1. Physical properties of PMMA/PDDA coatings on silicon wafers. The procedures for coating
were: (1) spin-coating of lyophilized A5 in 1: 1 dichloromethane: ethanol; (2) casting of A5, A4, or B4
NPs dispersions followed by drying under vacuum.

Materials Procedure Composition Thickness/nm
Refractive

Index
Contact Angle

8A/degrees

PMMA/PDDA Spin-coating Lyophilized A5 94 ± 3 1.495 ± 0.004 15 ± 1
PMMA/PDDA Casting A5 - - 9 ± 2
PMMA/PDDA Casting A4 - - 19 ± 2
PMMA/PDDA Casting B4 - - 35 ± 6

PMMA 1 Spin-coating PMMA 91 ± 1 1.499 ± 0.004 76 ± 5
1 Data from reference [22].

Table 2. Microbicidal activity of PMMA/PDDA coatings obtained from casting and drying under
vacuum A5, A4, or B4 dispersions (0.2 mL) onto glass coverslips. Since 4 or 5 mg/mL of PDDA were
the concentrations used for particle synthesis, in 0.2 mL of each dispersion used for the coatings there
will be 0.8 to 1.0 mg of PDDA acting against the bacteria.

Dispersion Used
for Coating

Microorganism
Initial Cell Viability/log

(CFU/mL)
Final Cell Viability/log

(CFU/mL)

A5 E. coli 7.2 0
A5 S. aureus 7.9 0
A4 E. coli 7.1 0
A4 S. aureus 8.2 0
B4 E. coli 7.1 0
B4 S. aureus 8.2 0
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Figure 3. Checking solvent mixtures for the solubilization of lyophilized PMMA/PDDA A5 dispersion
(1 mL) aiming at the preparation of coatings by spin-coating. Solvents were dichloromethane (a);
75% dichloromethane: 25% ethanol (b); 50% dichloromethane: 50% ethanol (c); 25% dichloromethane:
75% ethanol (d); and ethanol (e). The red circles emphasize the fact that some insoluble polymer still
remained in the solvents mixture.
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2.2. Optimization of Nanoparticles Synthesis and Conversion Percentiles

The synthesis of PMMA/PDDA NPs as dispersion A5 in absence of surfactants displayed low
monomer-into-polymer conversion since only approximately 10% of the monomer mass added was
converted into polymer [11]. In order to improve conversion percentiles, the effect of monomer
concentration on conversion was determined (Figure 4; Table 3). At 5 mg/mL PDDA, decreasing
the methylmethacrylate (MMA) concentration [MMA] improved conversion, and possible reasons
for this would be the relative increase in PDDA capable of stabilizing the droplet/water interface
and the increased average distance between MMA droplets reducing coalescence. One should note
that NPs size could also be reduced by decreasing [MMA] meaning that polymerization from smaller
droplets yielded smaller NPs. At this point, stabilizing the droplet/water interface seemed crucial
for improving conversion. Therefore, CTAB, DODAB, and lecithin were introduced in the reaction
mixture for further stabilization of the monomer droplets.

Figure 4. The effect of methyl methacrylate (MMA) concentration on conversion (%) of MMA into
PMMA in the presence of PDDA (5 mg/mL) and AIBN (0.36 mg/mL) as initiator. The nanoparticles
synthesis proceeded for 2 h at 70 to 80 ◦C and was followed by extensive dialysis before performing
the dispersions characterization by dynamic light-scattering shown on Table 3.

Table 3. Effect of MMA concentration on physical properties of the PMMA/PDDA dispersions obtained
by emulsion polymerization of MMA at 5 mg/mL PDDA in 1 mM NaCl using 0.36 mg/mL of AIBN.

[MMA] (M) Dz (nm) P ζ (mV) Solid Contents (mg/mL)

0.10 153 ± 1 0.04 ± 0.01 +46 ± 5 3.1 ± 0.3
0.20 188 ± 1 0.05 ± 0.01 +52 ± 3 3.4 ± 0.1
0.30 153 ± 1 0.04 ± 0.02 +47 ± 3 4.1 ± 0.1
0.40 244 ± 1 0.02 ± 0.00 +51 ± 2 5.8 ± 0.1
0.56 213 ± 3 0.03 ± 0.02 +54 ± 2 3.8 ± 0.1

In fact, all amphiphiles employed improved conversion (Table 4). The most efficacious amphiphile
was CTAB, followed by DODAB and lecithin. Since lecithin corresponds to a mixture of lipids and
fatty acids with a net negative charge [31,32], at 2 mM lecithin, the NPs became negatively charged;
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all other NPs exhibited high and positive zeta-potentials (Table 4). In the presence of two stabilizers
(amphiphile and PDDA), conversion was substantially increased in comparison to the one in the
presence of a single stabilizer. Another interesting observation refers to the lower zeta-potential for
PMMA/CTAB in comparison to the one for PMMA/DODAB; this is consistent with the reported
immobilization of DODAB in the PMMA polymeric matrix which is absent for CTAB, since CTAB
was reported to be more mobile than DODAB easily diffusing to the outer medium from PMMA
films [22,23]. In summary, although amphiphiles indeed improved conversion, PDDA as a second
stabilizer possibly provided an additional stabilizing factor, which was the electrosteric repulsion
between the MMA droplets during NP synthesis. This also represented an important stabilizing factor
for the final polymeric NPs.

Table 4. The effect of PDDA, surfactants, and lipids on NPs size (Dz), polydispersity (P), and
zeta-potential (ζ) on the stabilization of MMA droplets in water and the improvement of solid contents
and conversion percentiles for NPs synthesis.

Dispersion * Dz (nm) P m(V) Solids (mg/mL) Conversion (%)

PMMA/PDDA 226 ± 3 0.01 ± 0.01 +51 ± 1 6 ± 1 11 ± 1
PMMA/CTAB 97 ± 0 0.05 ± 0.01 +25 ± 1 38 ± 1 66 ± 1

PMMA/CTAB/PDDA 91 ± 0 0.04 ± 0.01 +47 ± 3 26 ± 1 79 ± 1
PMMA/DODAB 177 ± 1 0.07 ± 0.01 +65 ± 1 16 ± 1 28 ± 1

PMMA/DODAB/PDDA 229 ± 2 0.03 ± 0.02 +45 ± 3 17 ± 1 47 ± 1
PMMA/Lecithin 178 ± 1 0.10 ± 0.01 -27 ± 2 13 ± 1 23 ± 1

PMMA/Lecithin/PDDA 233 ± 1 0.04 ± 0.02 +54 ± 1 8 ± 1 24 ± 1

* Concentrations used for NPs synthesis were: [MMA] = 0.56 M; [PDDA] = 5 mg/ mL; [CTAB] = [DODAB] =
[Lecithin] = 2 mM.

Figure 5 and Table 5 show the remarkable colloidal stability of the NPs characterized by the
physical properties on Table 4. The photos taken one day and 4 months after synthesis revealed very
similar macroscopic features and absence of precipitates. The analysis of sizes, polydispersities, and
zeta-potentials also revealed maintenance of these physical properties of the NPs over time (Table 5).

 

Figure 5. (a) Photos of dispersions just after synthesis and dialysis; (b) photos of the same dispersions
approximately 4 months later. Details on composition and physical properties of the dispersions just
after synthesis are on Table 5.
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Table 5. The colloidal stability of NPs dispersions from sizing (Dz), polydispersity (P), and
zeta-potential (ζ) for dispersions aged 1 and 120 days after synthesis.

Dispersion *
Dz /nm P ζ/mV

Day 1 Day 120 Day 1 Day 120 Day 1 Day 120

PMMA/PDDA 226 ± 3 211 ± 3 0.01 ± 0.01 0.05 ± 0.01 +51 ± 1 +55 ± 1
PMMA/CTAB 97 ± 0 95 ± 0 0.05 ± 0.01 0.08 ± 0.01 +25 ± 1 +26 ± 1

PMMA/CTAB/PDDA 91 ± 0 90 ± 1 0.04 ± 0.01 0.04 ± 0.01 +47 ± 3 +50 ± 2
PMMA/DODAB 177 ± 1 176 ± 1 0.07 ± 0.01 0.09 ± 0.02 +65 ± 1 +50 ± 1

PMMA/DODAB/PDDA 229 ± 2 226 ± 1 0.03 ± 0.02 0.04 ± 0.02 +45 ± 3 +54 ± 1
PMMA/Lecithin 178 ± 1 176 ± 1 0.10 ± 0.01 0.16 ± 0.02 −27 ± 2 −21 ± 1

PMMA/Lecithin/PDDA 233 ± 1 217 ± 2 0.04 ± 0.02 0.03 ± 0.02 +54 ± 1 +55 ± 1

* Concentrations used for NPs synthesis were: [MMA] = 0.56 M; [PDDA] = 5 mg/ mL; [CTAB] = [DODAB] =
[Lecithin] = 2 mM.

As compared to other similar systems in the literature, the present NPs use the self-assembly of
biocompatible PMMA and the antimicrobial polymer PDDA instead of synthesizing block copolymers
incorporating both functions. For example, glycosylated block copolymers were used as surfactants
in butyl methacrylate emulsion polymerization [33]. However, the antimicrobial activity was not as
high as the one obtained for the coatings described in this work (Table 2). The higher hydrophobicity
inherent to the two methyl groups on the quaternary nitrogen of the PDDA molecule, as compared to
the cationic glycosylated moieties, was an advantage for efficient microbicide activity. Indeed, several
derivatives of PDDA evaluated for their antimicrobial activity revealed that these cationic polymers
exhibit the highest activity when their chemical structure bears high frequency of hydrophobic methyl
moieties [11,34]. The hydrophilic character of cationic antimicrobial polymers does not contribute to
improvement of the antimicrobial action, although the NPs synthesis certainly benefits from their use
as surfactants.

A major drawback of PMMA/PDDA NPs synthesis was the low conversion due to the relatively
poor function of PDDA at the interface of MMA droplets and the surrounding water medium during
NP synthesis (Figure 4). In this work, we solved this problem by adding amphiphiles such as CTAB,
DODAB, and lecithin as surfactants active as stabilizers during the NPs synthesis. In addition, we must
recognize the excellent perspective of these ternary systems as antimicrobials since PDDA, DODAB,
and CTAB have already being described in separate as good antimicrobial agents [3,8,10,14,24,35–37].
The antimicrobial properties of these ternary systems both as latexes dispersions in water and as
coatings still have to be determined.

3. Materials and Methods

3.1. Materials

MMA, PDDA, azobisisobutyronitrile (AIBN), NaCl, CTAB, DODAB, soybean lecithin, chloroform,
ethanol, dichloromethane, and Mueller–Hinton agar (MHA) were purchased from Sigma-Aldrich
(Darmstadt, Germany) and used without further purification. The composition of soybean lecithin
includes several fatty acids and phospholipids [31,32]. Silicon (100) wafers were from Silicon Quest
(Santa Clara, CA, USA) with a native oxide layer approximately 2 nm thick and used as substrates
for casting the dispersions. These Si wafers with a native SiO2 layer were cut into small pieces of
ca 1 cm2, cleaned with acetone, and dried under a N2 stream; they are smooth substrates for the
coatings. The syntheses in 1 mM NaCl solution prepared with Milli-Q water yielded NPs dispersions
by emulsion polymerization that underwent dialysis for purification using a cellulose acetate dialysis
bag with molecular weight cut-off around 12,400 g/mol. All other reagents were analytical grade and
used without further purification.
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3.2. Preparation of NPs by Emulsion Polymerization

A variety of hybrid and polymeric NPs were obtained by polymerization of MMA at 70 to 80 ◦C
for 1 h using 10 mL of aqueous solutions of NaCl 1 mM and PDDA and/or CTAB, DODAB, or lecithin
in accordance with compositions shown in Table 6 [11]. Briefly, a weak flux of nitrogen was applied to
the solution during a few minutes before adding 3.6 mg of AIBN initiator and MMA. For dispersions
containing surfactants or lipids, DODAB or lecithin were previously dissolved in chloroform in order
to prepare lipid films under a nitrogen flux to evaporate the chloroform solvent [38,39]. Ten milliliters
of the NaCl 1 mM solution was then added to the dried lipid films before proceeding with NP synthesis.
In the case of CTAB, the required amount of CTAB in the NPs dispersion was directly added to the
1 mM NaCl solution before starting the NPs synthesis. The NP dispersions obtained were further
purified by dialysis against Milli-Q water until water conductivity reached 5 μS/cm.

Table 6. Concentrations of MMA, PDDA, cetyl trimethylammonium bromide (CTAB),
dioctadecyldimethyl ammonium bromide (DODAB), and/or lecithin used to synthesize hybrid NPs by
emulsion polymerization.

Dispersion
[MMA]

(M)
[PDDA]
(mg/mL)

[CTAB]
(mM)

[DODAB]
(mM)

[Lecithin]
(mM)

A5 0.56 5 - - -
A4 0.56 4 - - -
B4 1.32 4 - - -

PMMA/CTAB 0.56 - 2 - -
PMMA/CTAB/PDDA 0.56 5 2 - -

PMMA/DODAB 0.56 - - 2 -
PMMA/DODAB/PDDA 0.56 5 - 2 -

PMMA/lecithin 0.56 - - - 2
PMMA/lecithin/PDDA 0.56 5 - - 2

3.3. Determination of Zeta-Average Diameter (Dz), Polydispersity (P), Zeta-Potential (ζ), and Colloidal
Stability of NPs Dispersions

Size distributions, Dz, ζ, and P were obtained by dynamic light-scattering (DLS) using a Zeta Plus
Zeta Potential Analyzer (Brookhaven Instruments Corporation, Holtsville, NY, USA) equipped with a
laser of 677 nm with measurements at 90◦. P of the dispersions was determined by DLS following well
defined mathematic equation [40]. Dz values were obtained from the log normal distribution of the
light-scattered intensity curve against the diameter. ζ values were determined from the electrophoretic
mobility (μ) and Smoluchowski equation ζ = μη/ε, where η and ε are the viscosity and the dielectric
constant of the medium, respectively. Samples were diluted 1:30 with a 1 mM NaCl water solution for
performing the measurements at (25 ± 1) ◦C.

The colloidal stability of the dispersions was followed by two procedures: (1) from photographs
of the dispersions; (2) from the physical properties (Dz, P, and ζ), both procedures performed at days
one and 120.

3.4. Preparation of Coatings from the NPs Dispersions by Spin-coating or Casting

For preparing spin-coated films, 1 mL of the A5 dispersion was lyophilized and a 10 mg/mL
solution in the solvents mixture (1:1 dichloromethane: ethanol) was prepared; 0.1 mL of this solution
was then spin-coated onto silicon wafers using a Headway PWM32-PS-R790 spinner (Garland, TX,
USA), operated at 3000 rpm during 40 s, at (24 ± 1) ◦C, and (50 ± 5)% of relative humidity. Thereafter,
the film was characterized by ellipsometry [41] which allowed us to obtain the thickness and refractive
index of the film independently [22].

Films prepared by casting employed 0.05 mL of A5, A4, or B4 original dispersions casted onto
three different surfaces: polystyrene, silicon wafers, or glass coverslips. After drying overnight under
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vacuum the films were photographed, observed by SEM, characterized regarding their wettability,
and used for determining antimicrobial activity.

3.5. Physical Characterization of Coatings by SEM, Macroscopic Features from Photographs and Contact
Angle Determinations

SEM for the coatings employed Jeol JSM-7401F equipment (JEOL Ltd., Akishima, Tokyo, Japan).
In short, 2 μL of A5 dispersion on silicon wafers dried in a desiccator before coverage with a thin gold
layer as required for contrast and visualization by SEM.

Coatings from A5, A4, or B4 onto different substrates (polystyrene sheet, silicon wafers, and glass
coverslip) were obtained by casting 50 μL onto the substrates and allowing the material to dry overnight
in a desiccator before taking pictures or determining wettability by using a home built apparatus,
as previously described [29,30]. Photos of sessile water droplets of 10 μL allowed for the determining
of the advancing contact angle (8A) over the first 5 min after depositing the droplet on the films. Each
determination was taken as a mean ± the standard deviation of at least 4 measurements.

3.6. Microorganisms Growth and Determination of Cell Viability in the Presence of the Coatings

E. coli ATCC (American Type Culture Collection) 25322 and S. aureus ATCC 29213 growths
were purchased from previously frozen stocks and kept at −20 ◦C in appropriate storage medium.
The bacterial strains plated onto MHA were incubated at 37 ◦C/18–24 h before transferring some
isolated colonies to an isotonic 0.264 M D-glucose solution and adjusting turbidity to 0.5 of the
McFarland scale [42]. The 0.264 M D-glucose solution was used instead of any culture medium because
cationic molecules are inactivated by the relatively high ionic strength or negatively charged molecules
such as amino acids and polysaccharides. For determination of cell viability after interaction with
the PMMA/PDDA NPs coatings, final bacteria cell concentrations in the suspensions were around
108 CFU/mL.

Sixty microliters of the bacterial suspensions were deposited on the coatings (obtained by casting
of A5, A4, or B4 dispersions onto glass coverslips) and left in a water-vapor-saturated chamber for
1 h to prevent water evaporation from the droplet. Thereafter, the glass coverslips were transferred
to 10 mL of 0.264 M D-glucose isotonic solution in Falcon tubes and vigorously stirred by vortexing
before withdrawing 0.1 mL aliquots and preparing their 1:10 and 1:100 dilutions for plating on MHA
plates, incubating the plates (37 ◦C/24 h), and reading the CFU. These readings were converted into
CFU/mL and log (CFU/mL). When no counting was obtained, since the log function does not exist
for zero, the CFU/mL counting was taken as 1 so that log CFU/mL could be taken as zero. Controls
were bare glass coverslips.

4. Conclusions

PMMA/PDDA nanoparticles coated three different substrates by two different procedures:
(1) spin-coating; (2) casting followed by drying of the casted dispersions. Macroscopically
homogeneous films without cracks coated the hydrophilic substrates such as silicon wafers or glass
coverslips. On hydrophobic substrates such as polystyrene surfaces, the coatings showed cracks after
drying. The most homogeneous coatings occurred at the highest relative contents of PDDA:PMMA.
Upon lowering PDDA contents in the NPs, the NPs accumulated at the periphery of the droplets casted
on the substrates. This was due to the coffee ring effect, since the more hydrophobic NPs followed
the capillary flow to the periphery of the droplet. The contact angles for the coatings showed a clear
dependence of wettability on the PDDA content of the NPs. The higher the PDDA content, the lower
the contact angle and the better the adhesion to oppositely charged hydrophilic substrates. Comparing
films obtained by spin-coating with those obtained by casting of the NPs onto the substrates showed
that spin-coated coatings had larger contact angles than coatings obtained by casting, suggesting that
some PDDA molecules might have migrated to the silicon wafer–water interface hiding from the film
surface and therefore becoming somewhat unavailable to kill bacteria at the film surface. There was
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a remarkable microbicide activity due to 0.8–1.0 mg of PDDA distributed in the coatings: after 1 h
interaction with bacteria, their viability decreased by approximately 7 to 8 logs as tested against E. coli
or S. aureus cells. This was possibly due to the more hydrophobic nature of PDDA in comparison with
other hydrophilic cationic polymers.

CTAB, DODAB, or lecithin as additional stabilizers for the PMMA/PDDA NPs synthesis
substantially improved conversion of MMA into PMMA. These ternary systems were stable and
maintained their macroscopic and microscopic physical characteristics with time (checked for
4 months). The use of these ternary systems as microbicides still needs systematic evaluation.
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Abbreviations

8A Advancing Contact Angle
ATCC American Type Culture Collection
AIBN Azobisisobutyronitrile
CTAB Cetyltrimethylammonium Bromide
CFU Colony Forming Unities
D Dichloromethane
ε Dielectric Constant of the Medium
DODAB Dioctadecyldimethylammonium Bromide
DLS Dynamic Light Scattering
μ Electrophoretic Mobility
E Ethanol
MA Methyl acrylate
MMA Methyl methacrylate
MHA Mueller-Hinton Agar
NPs Nanoparticles
P Polydispersity
PMMA Poly(methyl methacrylate)
PDDA Poly(diallyldimethylammonium) chloride
SEM Scanning Electron Microscopy
η Viscosity of the Medium
Dz Zeta-average Diameter
ζ Zeta-potential
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Abstract: Cuprous oxide nanoparticles (Cu2ONPs) were used for preparing composites with linear
low-density polyethylene (LLDPE) by co-extrusion, thermal adhesion, and attachment using ethyl
cyanoacrylate, trimethoxyvinylsilane, and epoxy resin. The composites were examined by Scanning
electron microscope and tested for their antibacterial activity against Gram-positive Staphylococcus
aureus and Gram-negative Escherichia coli. All of these composites—except for the one obtained
by extrusion—eradicated cells of both bacteria within half an hour. The composite prepared by
thermal adhesion of Cu2ONPs on LLDPE had the highest external exposure of nanoparticles and
exhibited the highest activity against the bacteria. This composite and the one obtained using ethyl
cyanoacrylate showed no leaching of copper ions into the aqueous phase. Copper ion leaching from
composites prepared with trimethoxyvinylsilane and epoxy resin was very low. The antibacterial
activity of the composites can be rated as follows: obtained by thermal adhesion > obtained using
ethyl cyanoacrylate > obtained using trimethoxyvinylsilane > obtained using epoxy resin > obtained
by extrusion. The composites with the highest activity are potential materials for tap water and
wastewater disinfection.

Keywords: cuprous oxide nanoparticles; linear low-density polyethylene; composites; adhesives;
antibacterial activity; water disinfection

1. Introduction

Polymeric materials have long become an integral part of our lives. They are used in most
industrial fields, including the textile industry, food packaging, medical device production, and
water supply and purification systems [1]. In the latter, piping for water transportation is made
from polyolefins, such as polyvinylchloride [2], different kinds of polyethylene [3], polypropylene,
and polybutylene [4,5]. Polyolefins do not possess antibacterial properties, and this is the cause for
various problems that accompany water transportation, such as contamination by microorganisms,
biofilm formation [6], and adherence of fungi and viruses to pipe walls. These problems may lead to
the propagation of serious infections among humans. According to the World Health Organization
(WHO), waterborne diseases lead to the deaths of 3.4 million people annually, most of whom are
children, as a result of inaccessibility to clean water [7]. It is thus necessary to carry out effective water
disinfection in order to combat and prevent water contamination.

The most common treatment for water purification from harmful microorganisms is chlorination.
This treatment has been demonstrated to be efficacious for destroying microorganisms. However, it has
several disadvantages, including the production of toxic, mutagenic, and carcinogenic disinfection
byproducts [8,9].

It is possible to replace conventional water treatment methods by methods that are as effective
but less toxic in order to improve the drinking water quality. One alternative method is to treat water
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in plumbing systems by antibacterial materials such as embedding heavy metals into the pipelines,
thus eradicating pathogens before they reach the tap faucet. The most widely used heavy metals with
proven efficacy against various microorganisms are silver, copper, and zinc [10]. These metals have
been applied for years as antibacterial agents in industries, healthcare institutions, and agriculture [11].
Moreover, copper also possesses antiviral [12] and antifungal [13,14] properties. The exact mechanism
of the antimicrobial action of these metals is still not totally clear due to many factors. The main
suggested mechanism of copper activity against pathogens relates to the ability of copper ions to
penetrate through the bacterial cell wall or outer membrane and bind to DNA, thus blocking the cell
replication process [15]. In addition, high concentrations of copper ions stimulate oxidative stress,
such as the generation of reactive oxygen species (ROS) [16–18], lipid peroxidation, [19,20] and protein
oxidation [21].

Several studies show that copper nanoparticles (CuNPs) are more effective antibacterial agents
than the same quantity of copper microparticles [22]. Copper oxide nanoparticles (NPs) also exhibit
strong antibacterial activity by suppressing bacterial cell growth [23], and this activity even exceeds
that of the metal copper NPs [24]. Both copper oxides (CuO and Cu2O) embedded into polyvinyl
chloride (PVC) demonstrated high ability to inhibit bacterial adhesion to PVC when tested against
Escherichia coli (E. coli) cells. It should be mentioned that Cu2O-PVC composites were more effective
than CuO-PVC in preventing E. coli biofilm formation [25].

There are two approaches for the production of metal/polymer composites using NPs—in situ,
where polymer matrices serve as reaction media for NP synthesis, and ex situ, where NPs are obtained
beforehand and are later incorporated into a polymer [11]. The latter approach enables more precise
dosing and distribution of NPs in polymers.

The aim of the present study is to propose simple approaches for immobilization of cuprous
oxide nanoparticles (Cu2ONPs) for preparing composites with polyethylene that exhibit antibacterial
properties for water disinfection.

2. Results and Discussion

2.1. Immobilization of Cu2ONPs onto A Solid Phase

Domestic water piping is made of polymers. Linear low density polyethylene (LLDPE) was
therefore chosen as a support for immobilization of Cu2ONPs. The use of LLDPE enabled application
of various approaches for immobilization of Cu2ONPs and easy handling of the prepared composites.
Several methods were used for NP immobilization.

The first method was based on extrusion of a mixture of LLDPE beads with Cu2ONPs. As a result,
polymeric strips with Cu2O impregnated into the entire volume of polyethylene (PE) were obtained.
The strips were evenly colored in brown-red, which is characteristic for Cu2ONPs, and seemed to have
a homogeneous distribution of NPs. However, Scanning electron microscope (SEM) examination of the
strips showed that their surface was composed mostly of PE (Figure 1a), while inside the strips, rare
clusters of Cu2ONPs were surrounded by massive polymeric parts, as can be seen in the cross-section
of the strip (Figure 1b and the inset in Figure 1b). It can be assumed that practically no NPs were
exposed on the surface of the strips and that the Cu2ONPs were distributed very unevenly inside
the polymer.

The second method of immobilization was thermal adhesion of Cu2ONPs distributed onto a
surface of the heated, melting LLDPE and pressed into the melted polymer under slight pressure. This
approach led to results that were different from those obtained by the extrusion method. Figure 1c
shows that after this treatment, the polymeric surface was covered with clearly distinguishable
Cu2ONPs (Figure 1c), and imaging of the polymer cross-section indicated a distinct two-layer structure
of the obtained composite where the external layer composed of Cu2ONPs had a thickness of
72.7 ± 0.3 μm (Figure 1d).
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Other immobilization methods were based on attaching Cu2ONPs onto the LLDPE surface using
three types of adhesives: ethyl cyanoacrylate, epoxy resin, and trimethoxyvinylsilane. In the case of
the ethyl cyanoacrylate, the attached NPs were distributed over the entire polymeric surface and were
partially exposed on the external side (Figure 1e). The layer of the attached NPs was quite even and had
a thickness of 97.2 ± 2.2 μm (Figure 1f). Epoxy resin yielded a rather even distribution of Cu2ONPs on
the polymer surface, but the NPs were mostly covered by a film of the adhesive (Figure 1g). The layer
thickness in this case was 89.7 ± 0.2 μm (Figure 1h). Cu2ONPs attachment using trimethoxyvinylsilane
yielded an uneven surface distribution of the NPs, which were mostly covered by an adhesive film.
However, in some areas, good exposure of NPs was clearly evident (Figure 1i). The adhesive layer
containing NPs had a thickness of 152.1 ± 1.5 μm (Figure 1j).

(a) (b)

(c) (d)

Figure 1. Cont.
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(e) (f)

(g) (h)

(i) (j)

Figure 1. Scanning electron microscope (SEM) micrographs of Cu2ONPs immobilized onto linear
low-density polyethylene (LLDPE) by extrusion: (a) surface and (b) cross-section images; by thermal
adhesion: (c) surface and (d) cross-section images; using ethyl cyanoacrylate: (e) surface and
(f) cross-section images; using epoxy resin: (g) surface and (h) cross-section images; using
trimethoxyvinylsilane: (i) surface and (j) cross-section images.
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The surfaces of all the composites were characterized by elemental mapping. Figure 2 shows
that unbound Cu2ONPs exposed only copper and oxygen atoms (Figure 2a), whereas all composites
showed the presence of carbon, copper, and oxygen, as expected (Figure 2b–e). In the composite
prepared by extrusion (Figure 2b), practically no copper and oxygen atoms were found on the surface.
This supports our previous observation that Cu2ONPs are located inside the polymer and are not
exhibited on the surface of the composite (Figure 1a). For the rest of the composites, the molar
fraction of oxygen was higher than expected for Cu2O, which can be explained by the presence
of oxygen atoms in the adhesives, and probably also by partial oxidation of Cu+1 to Cu+2 in the
external layer of the NPs, which was exposed to air. X-ray diffraction (XRD) analysis of the composite
obtained using trimethoxyvinylsilane showed the presence of three copper species—Cu0, Cu+1, and
Cu+2 (Figure 3)—where Cu+1 was the prevalent form for both powder Cu2ONPs (Figure 3a) and
immobilized Cu2ONPs (Figure 3b). We therefore concluded that the bulk of Cu2ONPs retain their
chemical structure.

(a) (b)

Figure 2. Cont.
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(c) (d)

(e) (f)

Figure 2. Surface elemental mapping of gold-coated (a) powder Cu2ONPs; (b) Cu2ONPs immobilized
onto LLDPE by extrusion; (c) Cu2ONPs immobilized onto LLDPE using ethyl cyanoacrylate;
(d) Cu2ONPs immobilized onto LLDPE using epoxy resin; (e) Cu2ONPs immobilized onto LLDPE
using trimethoxyvinylsilane; (f) Cu2ONPs immobilized onto LLDPE by thermal adhesion. Each sample
is characterized by an energy dispersive X-ray spectroscopy (EDS) layered image (upper panel) with
individual elemental mapping showing oxygen as green, copper as purple, and carbon as yellow
(middle panel), and EDS spectrum (bottom panel).

308



Int. J. Mol. Sci. 2019, 20, 439

(a) (b)

Figure 3. X-ray diffraction (XRD) analysis of (a) powder Cu2ONPs and (b) immobilized using
trimethoxyvinylsilane Cu2ONPs (LLDPE/TS/Cu2O).

2.2. Leaching of Copper from Immobilized Cu2ONPs

Copper ions are well known for their antibacterial activity. However, they are toxic to humans
(even at low concentrations), causing gastrointestinal distress and liver or kidney damage [26,27].
Standards for copper ions in tap water are therefore very strict, and the maximum permitted copper
concentration in drinking water is 1.4–2 ppm [28,29]. The copper ion concentration cannot exceed
2–15 ppm in sanitary and combined waste discharges [30,31].

Since the probability of copper leaching into water from the Cu2ONPs-polymer composites
in the case of immobilization by surface attachment seemed to be high, we tested the copper ion
concentration of the composite samples after immersing them in tap water for one month under
the following conditions: temperature 20.1 ± 1.0 ◦C, pH 8.2 ± 0.1, dissolved oxygen concentration
5.4 ± 0.3 mg/L, and salinity 0.301 ± 0.034 mS.

The results of this test are presented in Figure 4. The copper concentration in the control tap water
was 0.24 ± 0.02 ppm. Thus, it did not exceed the maximum permitted concentration. No leaching
of copper ions into the aqueous phase was detected when Cu2ONPs were immobilized with ethyl
cyanoacrylate and thermal adhesion, and the average copper concentration was 0.35 ± 0.06 ppm and
0.25 ± 0.05 ppm, respectively. These results were similar to the tap water control series, with a P-value
of 0.15 for ethyl cyanoacrylate and 0.48 for thermal adhesion. The picture was quite different for the
two other adhesives where the copper concentration in water increased with time (Figure 4).
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Figure 4. Testing the leaching of copper ions into tap water from LLDPE with Cu2ONPs attached to
the surface using ethyl cyanoacrylate (EC), trimethoxyvinylsilane (TS), epoxy resin (EP), and thermal
adhesion (TA). Control—tap water.
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In both cases, the copper leaching curve could be described as a saturation curve; for the composite
produced with epoxy resin, saturation at ca. 1.9 ppm was already reached after three days, and for the
trimethoxyvinylsilane-based composite, saturation at ca. 1.6 ppm was reached after 16 days. These
values were significantly different from the tap water. For the former composite, the P-value was
0.0032, and for the latter, it was 0.010. Small amounts of Cu2ONPs were probably not attached well
enough to the polymer support and leached upon contact with water. It should be emphasized that the
experiment was performed in a batch mode, i.e., the leached copper ions accumulated in the aqueous
phase during the experiment. In a continuous regime, the concentration of the leached copper is
considered to be lower, since the leached ions will be removed by the water flow.

Average rates of copper leaching from the composites prepared by various methods and total
amount of leached copper are presented in Table 1. It can be seen that the rate of leaching and the
percent of leached copper were very low in the case of the composites prepared by thermal attachment
and using ethyl cyanoacrylate. In the case of the two other methods, these parameters were higher
but leached copper still comprised only ca. 1% from the applied amount. These findings indicate that
copper leaching can be regarded as being either negligible or very low in all cases.

Table 1. Rate and amount of copper leaching from composites of Cu2ONPs and LLDPE.

Composite
Rate of Copper Leaching,

μg cm−2 day−1 Percent of Leached Copper

Obtained by thermal adhesion 0.019 0.15
Obtained using ethyl cyanoacrylate 0.025 0.17

Obtained using epoxy resin 1.32 1.11
Obtained using trimethoxyvinylsilane 0.166 1.06

2.3. Antibacterial Activity of Immobilized Cu2ONPs

Firstly, antibacterial activity of free suspended Cu2ONPs was tested against Gram-positive
Staphylococcus aureus (S. aureus) and Gram-negative E. coli. Figure 5 shows that the NPs were very
active and eradicated the cells of both bacteria after 15 min.
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Figure 5. Activity of free Cu2ONPs against (a) Staphylococcus aureus and (b) Escherichia coli cells.
Control—untreated bacterial cells.

After that, we studied the ability of immobilized Cu2ONPs to eradicate the same bacteria. For this
purpose, the samples of LLDPE bearing Cu2ONPs were placed into bacterial suspensions with known
concentrations and incubated for half an hour. After short washing, the polymeric samples were then
transferred into a dish with a new portion of fresh suspension with the same initial concentration. This
procedure was repeated several times. Each time, the bacterial concentration was analyzed before
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and after the incubation. In the control series, bacteria were incubated in the absence of any polymer
and in the presence of samples of LLDPE and LLDPE coated with adhesives without the addition
of Cu2ONPs.

The results of testing the activity of immobilized Cu2ONPs against S. aureus are presented in
Figure 6. It can be seen that Cu2ONPs immobilized by extrusion did not exhibit any toxicity against
the cells (Figure 6a), whereas all other LLDPE samples bearing Cu2ONPs on the surface were active
against S. aureus and totally eradicated the cells within half an hour (Figure 6b–e).

The highest activity was demonstrated by the sample obtained by thermal adhesion of Cu2ONPs
onto the LLDPE surface. This sample demonstrated an ability to kill the cells over the course of
10 cycles of re-use (Figure 6b). Other composites were less active against S. aureus; Cu2ONPs attached
to the LLDPE surface by ethyl cyanoacrylate totally destroyed the cells over the course of five cycles
of re-use and decreased the cell concentration by 1.5–2 log10 during cycles six through 10 (Figure 6c).
The Cu2ONPs-LLDPE composites obtained with epoxy resin and trimethoxyvinylsilane were active
only for a single use, caused only a 2 log10 decrease in the S. aureus concentration during the second
re-use, and were inactive during the third re-use (Figure 6d,e, respectively).

No decrease in the S. aureus concentration was observed in the control experiments in the absence
of the composites and in the presence of uncoated LLDPE or LLDPE coated with each of the adhesives
(Figure 6) except the LLDPE coated with epoxy resin, which was toxic for bacteria in the first cycle
(Figure 6d).

The results of the experiments of testing the antibacterial activity of the composites against
Gram-negative E. coli were very similar to those found for S. aureus. The Cu2ONPs-LLDPE composite
obtained by extrusion was also inactive against E. coli (Figure 7a). The composite obtained by
thermal adhesion exhibited the highest activity, which was retained for ten cycles of re-use (Figure 7b).
The composite obtained using ethyl cyanoacrylate was active for seven re-use cycles, and in the eighth
cycle, the concentration of E. coli decreased by 2.5 log10 (Figure 7c). Contrary to S. aureus, the composite
produced with epoxy resin was inactive—even in the first use (Figure 7d). The composite obtained
using trimethoxyvinylsilane was active against E. coli during two cycles of use, but in the third re-use,
the cell concentration dropped by 2 log10 only (Figure 7e). No decrease in E. coli cell concentration was
registered in the control experiments (Figure 7).
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Figure 6. Activity of the Cu2ONPs-LLDPE composites against S. aureus cells of composites obtained
by: (a) extrusion; (b) thermal adhesion; (c) using ethyl cyanoacrylate; (d) using epoxy resin; (e) using
trimethoxyvinylsilane. Roman figures show the number of re-use cycles. Initial—S. aureus cells before
the incubation, control—S. aureus cells after 30 min incubation, LLDPE—S. aureus cells after 30 min
incubation with LLDPE, EC/LLDPE—S. aureus cells after 30 min incubation with LLDPE coated
with an ethyl cyanoacrylate layer, TS/LLDPE—S. aureus cells after 30 min incubation with LLDPE
coated with a trimethoxyvinylsilane layer, EP/LLDPE—S. aureus cells after 30 min incubation with
LLDPE coated with an epoxy resin layer, NPs/LLDPE—S. aureus cells after 30 min incubation with the
Cu2ONPs-LLDPE composite. In all cases, relative standard errors did not exceed 10%.
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Figure 7. Activity of the Cu2ONPs-LLDPE composites against E. coli cells of composites obtained
by: (a) extrusion; (b) thermal adhesion; (c) using ethyl cyanoacrylate; (d) using epoxy resin (e) using
trimethoxyvinylsilane. Roman figures show the number of re-use cycles. Initial—E. coli cells before the
incubation, control—E. coli cells after 30 min incubation, LLDPE—E. coli cells after 30 min incubation
with LLDPE, EC/LLDPE—E. coli cells after 30 min incubation with LLDPE coated with an ethyl
cyanoacrylate layer, TS/LLDPE—E. coli cells after 30 min incubation with LLDPE coated with a
trimethoxyvinylsilane layer, EP/LLDPE—E. coli cells after 30 min incubation with LLDPE coated with
an epoxy resin layer, NPs/LLDPE—E. coli cells after 30 min incubation with the Cu2ONPs-LLDPE
composite. In all cases, relative standard errors did not exceed 10%.

Taking the results of Gram-positive and Gram-negative bacteria eradication into account,
the overall antibacterial activity of the obtained composites can be rated as follows: obtained by
thermal adhesion > attached using ethyl cyanoacrylate > attached using trimethoxyvinylsilane >
attached using epoxy resin > obtained by extrusion. The different antimicrobial activities of the
obtained composites can be explained by different exposure rates of Cu2ONPs to the aqueous phase,
as demonstrated in Figure 1, and by different degrees of leaching of copper ions from the polymer
surface. The Cu2ONPs were highly exposed in the case of thermal adhesion to the polymer, and in
this case, copper leaching was zero. This composite also demonstrated the highest activity against the
bacterial cells. In the case of ethyl cyanoacrylate, the rate of Cu2ONPs exposure was less than in the
former case but still high enough, and no leaching of copper ions was observed. These features explain
the second position of this composite in the antibacterial rating. The composites produced using
trimethoxyvinylsilane and epoxy resin had a very low rate of Cu2ONPs exposure and showed leaching
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of copper ions into the water. Thus, contact between bacterial cells and immobilized Cu2ONPs was
very poor and probably even decreased with time since copper leached into the aqueous phase.

The high antibacterial activity of the composites obtained by thermal adhesion and using the
ethyl cyanoacrylate makes them potential materials for application in tap or waste water disinfection
in batch or continuous regimes. Since these composites showed no leaching of copper ions into the
aqueous phase (Figure 4), it can be concluded that cell killing occurs upon direct contact between the
cells and the Cu2ONPs found on the surface. The absence of copper ions in the aqueous environment
supports this conclusion.

3. Materials and Methods

3.1. Materials

The LLDPE was purchased from Sigma-Aldrich, Israel Ltd. Cu2ONPs of 18 nm size were
purchased from US Research Materials (Houston, TX, USA). Ethyl cyanoacrylate (“super glue”) was
purchased from Loctite® (Westlake, OH, USA), trimethoxyvinylsilane (Hybrifix Super 7) was purchased
from Den Braven Sealants B.V (Oosterhout, Netherlands), and epoxy resin and polyamine hardener
were purchased from Evobond® (Kaohsiung City, Taiwan).

3.2. Immobilization of Cu2ONPs onto LLDPE Polymer by Thermal Adhesion

Three grams of LLDPE pellets were melted at 130 ◦C on a Kapton polyimide film (Shagal
Marketing Solutions Ltd., Modiin, Israel). The melted polymer was coated with another polyimide
film and a thick stainless steel plate and pressed under moderate pressure to obtain a 1 mm thick layer.
After removal of the plate and the upper polyimide film, 0.15 g of Cu2ONPs were dispersed on the
molten polymer using a sieve, covered with another polyimide film and the plate and slightly pressed
in. The samples were cooled to room temperature.

3.3. Attachment of Cu2ONPs to the LLDPE Polymer

The LLDPE sample was prepared as described in Section 3.2. After cooling the sample to room
temperature, a layer of one of the adhesives (ethyl cyanoacrylate, trimethoxyvinylsilane, or epoxy
resin) was applied to the polymer by a draw down technique, and 0.15 g of cuprous oxide NPs were
dispersed on the adhesives immediately using a sieve. The samples were air-dried for 24 h under
sterile conditions.

3.4. Immobilization of Cu2ONPs into A LLDPE Matrix by Extrusion

Immobilization of the Cu2ONPs into LLDPE was performed by a co-extrusion technique using an
extruder (Allspeeds Ltd., Accrington, England) under an inlet temperature of 170 ◦C and an outlet
temperature of 210 ◦C. For this purpose, a mixture of 50 g of polymer beads and 2.5 g of Cu2ONPs
was placed in a feed, and the extruder was activated to melt the mixture at 30 rpm. The resulting
fluid composition was pushed through a die with a flat 1 × 19.6 mm section. This procedure yielded
polymeric rods with the incorporated Cu2ONPs. The rods were chopped into 5 cm-long pieces.

3.5. Bacterial Growth

Inoculums of Gram-positive S. aureus (ATCC 25923) and Gram-negative E. coli (ATCC 10798) were
grown in brain heart infusion broth (BH; Acumedia, Lansing, MI, USA) and Luria Bertani broth (LB;
Acumedia, Lansing, MI, USA), respectively, at 37 ± 1◦C under shaking at 150 rpm for 24 h, diluted
1:100 with the corresponding medium, and incubated again for ca. 2 h at 37 ± 1◦C until reaching
OD660nm = 0.1. The bacterial suspensions were diluted with sterile saline to a final concentration of 103

or 104 CFU/mL.
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3.6. Testing of Antibacterial Activity

The antibacterial activity of free and immobilized Cu2ONPs samples was tested against S. aureus
and E. coli; 0.15 g of Cu2ONPs (powder) or 3 g of Cu2ONPs-LLDPE composites were added to 20 mL
of bacterial culture and incubated at 37 ± 1◦C by shaking at 120 rpm for 30 min. The samples were
then diluted by one and two decimal dilutions and 100 μL of these samples were distributed onto BH
or LB agar plates in the cases of S. aureus and E. coli, respectively. The plates were incubated overnight
at 37 ± 1 ◦C, and the bacterial colony forming units (CFU) were counted using a colony counter Scan
500 (Interscience, Saint Nom la Bretèche, France). The bacterial concentration was determined while
taking the appropriate dilutions into account.

3.7. Leaching of Copper Ions from Samples of Immobilized Cu2ONPs into Tap Water

Six grams of LLDPE with 0.3 g of immobilized Cu2ONPs were added to 100 mL of tap water and
stirred at 120 rpm with a magnetic stirrer for one month under sampling twice a week. One mL samples
were diluted by 9 mL of distilled water and filtered through Polyvinylidene fluoride (PVDF) filters with
0.45 μm pore size (Membrane Solutions, Kent, WA, USA). The copper ion concentration in the samples
was measured using an ICP-AES (Spectro Arcos, Ametek®, Berwyn, PA, USA) instrument. The pH
and temperature were tested with a HI 2211 pH/OPR meter (HANNA Instruments, Woonsocket, RI,
USA). Dissolved oxygen concentration was measured by a DO-5510 oxygen meter (Lutron, Taiwan).
Salinity was measured with a CD-4303HA conductivity meter (Lutron, Taiwan).

3.8. SEM Imaging and EDS Analysis of Immobilized Cu2ONPs

Imaging of surfaces and cross-sections of immobilized Cu2ONPs was performed with an SEM
microscope (Tescan MAIA3, Triglav™, Brno, Czech Republic). The samples were placed onto a carbon
tape and covered with a 10 nm gold layer using a Q150T ES Quorum coater (Quorum Technologies
Ltd., Lewes, UK) under a sputter current of 12 mA for 30 s. SEM measurements were performed
at operating voltages of 5, 10, and 15 kV and at magnifications of ×557, ×2.07 k, ×2.40 k, ×4.00 k,
×30.0 k, and ×120 k. The samples were detected with In-beam SE (secondary electrons) and SE-BDM
(beam deceleration mode) detectors. Elemental analysis of the samples was performed by energy
dispersive X-ray analysis in SEM mode under the resolution of 127 eV using a X-MaxN SDD detector
51-xmx1010 (Oxford Instruments NanoAnalysis, High Wycombe, UK).

3.9. XRD Analysis of Powder and Immobilized Cu2ONPs

Phase analysis of the samples was carried out using a Panalytical X’Pert Pro X-ray powder
diffractometer (Malvern Panalytical Ltd., Malvern, UK) with Cu Kα radiation (λ = 0.154 nm) for
phase identification. Full pattern identification was performed by the X’Pert HighScore Plus software
package, version 2.2e (2.2.5) (Malvern Panalytical Ltd., Malvern, UK). XRD patterns were obtained at
40 kV and 40 mA. For immobilized Cu2ONPs, the grazing incidence geometry with an incident angle
of −5◦ was applied. The XRD patterns were recorded in the 2θ range of 20–80◦ with a step size of
0.02◦ and time per step of 1 s. For powder Cu2ONPs, Bragg-Brentano geometry was applied. The XRD
patterns were recorded in the 2θ range of 20–80◦ with a step size of 0.03◦ and time per step of 2 s.

3.10. Statistical Analysis

The results obtained from at least three independent experiments carried out in duplicates were
analyzed by single-factor Analysis of Variance (ANOVA). The difference between the results was
considered significant when the P-value was less than 0.05. Quantitative results are presented as the
mean ± standard error.
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4. Conclusions

Composites of cuprous oxide nanoparticles with linear low-density polyethylene showed no or
very low leaching of copper ions into the aqueous phase and exhibited good antibacterial activity
against S. aureus and E. coli.
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Abstract: Mesostructured ordered silica-based materials are the promising candidates for local drug
delivery systems in bone disease due to their uniform pore size and distribution, and high surface area
which affect their excellent adsorption properties, good biocompatibility and bioactivity, and versatile
functionalization so that their properties can be controlled. Ordered mesoporous silica (MCM-41 type)
was synthesized by a surfactant-assisted sol-gel process using tetraethoxysilane as a silica precursor
and hexadecyltrimethylammonium bromide as the structure-directing agent. Functionalized
silica materials containing various types of organic groups (3-aminopropyl, 3-mercaptopropyl,
or 3-glycidyloxypropyl groups) were synthesized by the post-grafting method onto pre-made
mesoporous silica. Comparative studies of their structural characteristics, the surface mineralization
activity and release properties for the model drug Metronidazole (MT) were then conducted.
It has been found that porosity parameters, mineralization activity and adsorption/release of
metronidazole from mesoporous channels of silica can be regulated using functional groups which are
chemically bounded with an outer silica surface. The preferential mineral nucleation was found on
negatively charged surfaces—MCM-41, and mercaptopropyl and glycidyloxypropyl functionalized
silica (MCM-SH and MCM-epoxy, respectively) in simulated body fluid (SBF solution), as well as
a sustained release of MT. In contrast to them, aminopropyl-functionalized samples (MCM-NH2)
achieved a high MT release rate. These results confirm the potential of silica-based materials for local
therapeutic applications (as drug carriers and bone substitutes) in bone disease.

Keywords: amorphous materials; ordered mesoporous silica; sol-gel preparation; drug carrier

1. Introduction

Currently, the most common ways of delivering drugs to the body are oral and parenteral
administration. However, these manners have lower efficiency for some therapies, e.g., treatment of
bone diseases/infections.

Therefore, local delivery systems are more effective for such types of disease. The desired carrier
in the local treatment of bones diseases should demonstrate the possibility to simultaneously introduce
in situ drug release in combination with the filling and regeneration of the tissue defect, for example to
stimulate the growth of the natural tissue helping in its replacement or complementation [1–3].

The ordered mesoporous silica-based materials are the leading candidates in tissue reconstruction
technology. Their characteristic features include a low susceptibility to bacterial colonization, and
absolute resistance to corrosion, unlike metallic implants. Upon implantation, silica materials exhibit
bioactive properties—by hydroxyapatite formation on a surface they are able to bond with the
living bone, which makes them biocompatible. In addition, because of their high surface area,
controllable pore size, narrow pore size distribution, thermal and mechanical stability and easy surface
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functionalization, they may be used as carrier designated for the controlled release of therapeutic
drugs [4–10].

MCM-41 silica (Mobil Composition of Matter No. 41) is a mesoporous material with a
hierarchical structure that was first developed by researchers at Mobil Oil Corporation and that
was initially introduced as adsorbent and catalyst [11]. After the first utilization of mesoporous
silica in delivering drugs by Vallet-Regı’ and co-workers [12], this material has also acquired a lot
of interest in pharmaceutical applications. Therapeutic formulations of various compounds like
anti-inflammatory agents (i.e., ibuprofen, metronidazole), antibiotics (i.e., vancomycin, amoxicillin,
gentamicin) and anticancer agents (i.e., doxorubicin, carboplatin) have been developed using MCM-41
formulations [13–20].

Generally, mesoporous silica-based materials are synthesized via a template-directed method in
the presence of a surfactant, which is either neutral or charged, and that serves as a structure-directing
agent for the in situ polymerization of orthosilicic acid [11].

In the case of MCM-41, silica has a hexagonal arrangement with a pore diameter of 2.5 nm to 6 nm
wherein cationic surfactants, in particular hexadecyltrimethylammonium bromide—CTAB, are used
as templates. The most common silica source for the synthesis of MCM-41 is tetraethyl orthosilicate
(TEOS) using the sol-gel process (called inorganic polymerization). It involves the hydrolysis and
condensation of the TEOS monomers into a colloidal solution (sol), which acts as a precursor to the
formation of the ordered polysilicate (≡Si−O−Si≡) network around the surfactant micelles [12].

In recent years some researchers have demonstrated the usefulness of functionalized ordered
mesoporous silica materials for the adsorption release of drugs such as famotidine, amoxicillin,
itraconazole, methotrexate, and so on [21].

The many, possible surface modifications of silica materials allow the precise control of surface
chemistry to modify drug loading and release characteristics.

Surface modification of silica is achieved by reaction with organoalkoxysilanes.
Organoalkoxysilanes form Si–O–Si bonds to the surface in a condensation reaction with the
residual silanol groups on the silica surface. Usually, silica is functionalized with alkyl-/aryl,
3-aminopropyl-, 3-mercaptopropyl-, and glycidyloxypropyl-silanes.

Usually, functionalization of mesoporous silica can be accomplished by co-condensation, and
by post-synthetic grafting. Since the organosilanes are introduced during the one-step synthesis
procedure (co-condensation), the organic groups are generally more homogeneously distributed in the
framework compared to material external surface-functionalized by a grafting method. However, in
the co-condensation synthesis, the structurally different precursors having different hydrolysis and
condensation rates lead to a decreased degree of ordered mesoporous structures, and a reduction in the
pore diameter, pore volume, and specific surface areas compared to that synthesized via the grafting
approach [22,23].

Thus, the objective of this paper is to study the physicochemical properties and mineralization
potential of ordered silica-based materials to assess the usefulness of these types of material in the
construction of bioactive implants to reconstruct the bone structure. Next, the loading and release of
Metronidazole (MT)—a nonsteroidal anti-inflammatory drug acting in the diseased bone area—from
obtained carrier matrices based on functionalized mesoporous silica were compared.

Therefore, a cetyltrimethylammoniumbromide (CTAB)-templated, mesoporous silica MCM-41
synthesized under basic conditions was chosen as support. Functional groups including
3-aminopropyl, 3-mercaptopropyl, and glycidyloxypropyl groups were used to functionalize the
mesoporous MCM-41 via grafting approach to maintain a mesoscopic order while metronidazole was
used as model molecule to investigate the surface-drug interactions, and to explain an effect of the
structural differences between the carriers on in vitro drug release.

The obtained carriers were subjected to pre-formulation studies necessary for a thorough
investigation of silica materials structure (e.g., porosity and surface area measurements through
the Brunauer, Elmer and Teller method (BET) using spectroscopic tools such as Fourier transform
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infrared (FTIR), powder X-ray diffraction (XRPD) and electron microscopy (TEM and SEM) analyzes).
Drug release studies were performed using a USP Type IV, comprising a UV-VIS spectroscopy for
monitoring drug concentrations in the acceptor fluid.

2. Results and Discussion

2.1. Characterization of Functionalized Mesoporous Materials

Figure 1a shows the small-angle XRD pattern of MCM-41. The measurements of the silica sample
revealed three diffraction peaks, which were indexed to the (100), (110) and (200) diffraction peaks
confirming a highly ordered 2D-hexagonal mesoporous structure. Figure 1b shows the TEM image
of the hexagonal arrangements of the porous system and the uniformity of the pores of silica. TEM
measurement of the silica structure shows silica wall thickness ~5 nm, pore size ~3.3 nm (Figure 1c).
The functionalized mesoporous materials also characterized by ordered mesostructures (not shown),
they differ only slightly in pore size, which has been confirmed by BET studies (Table 1).

 

Figure 1. (a) X-ray diffraction pattern of MCM-41, (b) Transmission electron micrographs of MCM-41
in the (100) direction, (c) TEM measurement of the silica wall thickness and pore size.

Table 1. Physical data of the silica-based materials.

Sample
Pore Diameter

(nm)
BET Surface Area

(m2 g−1)
Total Pore Volume

(cm3 g−1)
MT Loading

(mg MT g−1 Sample)

MCM-41 3.51 743 0.72 18
MCM-epoxy 3.44 659 0.57 17

MCM-SH 3.42 662 0.54 20
MCM-NH2 2.93 553 0.38 12
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The mesoporous structures of MCM-41 and functionalized MCMs were investigated by N2

adsorption-desorption analyses. The specific surface area and pore sizes of the materials are reported
in Table 1. All the samples showed high surface areas between 743–553 m2 g−1. The results reveal
that these materials have average mesopore diameters between 2.93–3.51 nm and the pore volumes
between 0.72–0.38 cm3 g−1. Among the samples tested, MCM-NH2 was characterized by smallest the
specific surface areas, pore volumes and pore sizes.

FTIR spectroscopy provided qualitative information about the chemical structure of the
synthesized drug carriers. As shown in Figure 2 (spectrum a), no characteristic peaks of CTAB
were detected, indicating the complete removal of surfactant from the pores of the synthesized
MCM-41 material during the high-temperature calcination process. The resulting FTIR spectrum
for the MCM-41 material showed bands derived only from bonds present in the silica. The strong
bands were caused by the vibrations of Si–O–Si groups at 1076 and 800 cm−1, which is indicative of
a high degree of polymerization. Two broad bands, one at 3450 cm−1 and the other at 1631 cm−1,
were caused by O–H vibrations of Si–OH groups and the water molecule retained in the pores of
the oxide network [24]. Figure 2 (spectra b, c, d) illustrate the FTIR spectra for functionalized MCM
samples: MCM-NH2, MCM-SH and MCM-epoxy. Compared to the MCM-41, the all functionalized
MCM samples exhibited additional absorption peaks of C–H bonds at 2900–2800 cm−1 region derived
from alkyl chains of used organosiloxanes. For the MCM-NH2, additional absorption bands were
observed at 1563 cm−1 and 689 cm−1, which were attributed to the vibration of N–H bonds. The
MCM-SH exhibited characteristic absorption peaks of thiol group: S–H band at 2567 cm−1 and C-S
band at 688 cm−1. For the MCM-epoxy, the peak at around 908 cm−1 was assigned to the vibration of
C–O–C bonds. These observations demonstrated that organic groups were successfully grafted onto
the MCM material [25,26].

 

Figure 2. FTIR spectra of (a) MCM-41, (b) MCM-NH2, (c) MCM-SH, and (d) MCM-epoxy.
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2.2. Adsorption and Release of Metronidazole

The differences in surface area and pore size (Table 1) between the MCM-41 and three
functionalized MCM samples cause the pure silica, and samples functionalized with mercaptopropyl
and glycidyloxypropyl groups, to adsorb significantly more metronidazole than the samples
functionalized with aminopropyl groups. This indicates that the porosity parameters (surface area,
volume and pore size) are mainly responsible for differences in the adsorption capacity of materials.

The differences in adsorption properties of the samples to metronidazole could be partially
attributed to the differences in the type of the functional groups and possible degree of interaction
between the surface groups and MT molecules.

In the case of MCM-41, the surface of silica is negatively charged by the ionization of silanol
groups in aqueous solution. The surface has an acidic character due to the possibility of proton
displacement (-Si-O- + H+). Since metronidazole is a weak base that appears to have an affinity to the
acidic surface of silica [27].

The silica surface modifications cause its hydrophobization but at the same time functionalization:
-SH groups have the acidic character (stronger than -OH groups); -NH2 groups—basic character, the
-epoxide groups easily open to the reactive diols, that are capable of complexing various compounds.
The adsorption of MT appears to be more favorable on MCM-SH and MCM-epoxy carriers. The
reduced adsorption of MT on MCM-NH2 carrier reflects the increase of repulsive forces between basic
groups of surface and drug.

All obtained silica carriers with metronidazole have two-stage release profiles characterized by a
faster initial release (0–10 min) followed by a constant slow-release. As shown in Figure 3, MT release
from MCM-NH2 and MCM-41 was clearly higher compared to that from MCM-epoxy and MCM-SH.
This study showed that 50% of the drug was released within the first 5 min from MCM-NH2, 15, 50
and 60 min from MCM-41, MCM-epoxy and MCM-SH, respectively. A complete release of the drug
(95%) occurred within 2.5 hr from MCM-NH2, and 3.25 hr from MCM-41. In contrast, in the same time
period only about 70% of MT from MCM-epoxy and MCM-SH was found to be released. A further
release of MT from these carriers proceeded in a linear and slow manner. Complete amount of MT
was released after 7 h and 7.2 h from MCM-SH and MCM-epoxy, respectively.

 

Figure 3. Mean cumulative release of MT (wt.%) from silica carriers during the 5 h of the experiment.

Based on the Korsmeyer-Peppas model [28], the release exponent, n, for the all
drug-loaded carriers was between 0.40 and 0.53. These values are close to 0.5 and indicate a
diffusion-controlled release.
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This study shows that the type of organic modification of SiO2 determines the release rate of the
drug. A much more rapid release was demonstrated in MT-MCM-NH2 system. The rapid release
of the drug may be related to the smallest pore size and surface area of this material, therefore the
lowest drug loading. MCM-NH2 samples holding low amounts of MT keep it on the outer surface
of the matrix or close to the surface of the matrix and release it easily; however, release of the higher
amount of MT from pure MCM-41 and MCM-SH and MCM-epoxy (having higher porosity parameters
compared to MCM-NH2) takes longer and release does not occur easily. Another reason that may cause
this phenomenon is the interactions between the drug substance and the matrix. The most important
role in MT release is the hydrogen bonding between MT and the silica matrices. The MCM-41 has
hydroxyl groups on the surface of the pores through which they can interact (through hydrogen bonds)
with the drug and thus slow down its release. The addition of organic groups to the silica surface can
cause changes in these interactions by: (i) increasing the hydrophobicity of the surface by the presence
of alkyl groups; (ii) reducing the amount of surface hydroxyl groups as a result of the grafting reaction,
and (iii) the surface functionalization through the presence of -NH2, -SH and epoxy-groups.

The addition of organosiloxanes hydrophobizes of surface and at the same time replaces the part
of -OH groups with the alkyl groups which do not interact electrostatically with the drug; therefore,
these matrices may have facilitated the release of the drug through its weaker interactions with drug.
However, the hydrophobic carrier can hinder the penetration of the dissolution medium into the pores,
which may slow drug release. Nevertheless, because this hydrophobization affects all carriers, it has
no effect on the differences in drug release.

The functional groups, the most distant from the silica surface, most easily can interact with
the drug molecule, causing its stronger binding in the pores (-SH and epoxy groups) or its repulsion
(amine groups). The mentioned first can affect the slowdown of the release of the drug, in contrast to
the amine groups, which may cause its easier release.

2.3. Evaluation of In Vitro Mineralization

The ceramic and glass oxide materials are considered bioactive if form a bone-like apatite layer on
their surfaces after being implanted in bone. The ability of biomaterials to integrate with bone tissue
can be evaluated using the simulated body fluid (SBF) test to study the in vitro formation of bone-like
apatite at the surface of such materials when immersed in SBF [29]. SBF has almost equal compositions
of inorganic ions to human blood plasma and does not contain any cells or proteins. In such an
environment, bone-like apatite is created by the chemical reactions of the biomaterial components with
the SBF ions. The mineralization activity of oxide materials decides both the chemical composition
and the surface properties, especially the porosity (the presence of pores larger than 2 nm) and
hydrophilicity of the surface [30]. These aspects suggest that ordered mesoporous silica materials,
such as MCM-41 or functionalized MCM-41, thanks to high surface area, appropriate size of pores and
the occurrence of reactive groups (-OH, -NH2, -SH, -epoxy), are the promising candidates as bioactive
bone tissue substitutes.

To confirm the mineralization activity of the MCM-based materials, the samples of silica were
soaked in SBF and then the formation of apatite phase was detected by FTIR, XRD, and SEM techniques.

The changes of FTIR spectra along with soaking time in SBF solution are illustrated in Figure 4B(a)
taking MCM-41 as an example. After one week of experiment, the new absorption peaks appeared,
and became stronger and stronger with longer soaking time. The existence of PO4

3− group was
shown by the sharp doublet at about 564 cm−1 and 602 cm−1 wavenumbers (the major absorption
mode of the phosphate groups—the O–P–O bending mode), and also 885 cm−1 (the P–OH stretching
mode). In addition, carbonate groups CO3

2− can be detected in samples by the appearance of bands at
1400–1460 cm−1. Clearly, these peaks appearing in arrange of 500–1600 cm−1 indicates the formation
of crystalline apatite with doping of some carbonate [31].

324



Int. J. Mol. Sci. 2019, 20, 1311

Figure 4. FTIR spectra of (A) MCM-41 during the 5 weeks of mineralization studies in simulated
body fluid and (B) (a) MCM-41, (b) MCM-epoxy, (c) MCM-SH, and (d) MCM-NH2 after 2 weeks of
mineralization studies in simulated body fluid.

The induction period for the crystallinity of HA is different for various types of silicas. It
was observed that the incubation of pure MCM-41 in SBF solution results in the fast growth of
hydroxyapatite on its surface (1 week). In case of MCM-SH and MCM-epoxy, the appearance of HA
on their surface was also after 1 week of the experiment, but the FTIR peaks were less intense. In case
of MCM-NH2, the formation of HA on their surface was observed after two weeks of the experiment.
In Figure 4B(b), the FT-IR spectra of all the four samples were put together and compared for apatite
depositions after two weeks. The differences in the HA growth on the samples surface are related to
its formation mechanism. Kokubo formulated a theory of the mechanism of in vitro apatite formation
in bioactive materials (by immersion experiments in a simulated physiological solution—SBF) [32].
According to this, when silica-based material is soaked in SBF, a hydrated silica gel layer is formed.
This layer, which is abundant in silanol (Si–OH) groups, provides favourable sites for the apatite
nucleation, thanks to silanols complexation with Ca2+ ions. The absorbed Ca2+ ions may subsequently
attract PO43- ions and form apatite layers on the surface of the material. This demonstrates that the
surface functional groups, which are capable of binding Ca ions, may become sites for the surface
nucleation. This applies especially to negatively charged groups (strong ion-ion interactions), followed
by nonionic-polar (ion-polar interactions) and positively charged groups (repulsion of ions). The
effective apatite formation ability observed for negatively charged group-bearing surfaces (with -OH,
-SH and -epoxy groups) apparently proceeds by its strong ion-ion interactions with calcium ions and
its subsequent phosphate ion adsorption.

Evaluation of the characteristic peaks of HA crystals by X-ray diffraction and the observation of
surface morphology by SEM further confirmed the existence of HA.

After in vitro mineralization experiment, the XRD analysis showed that all samples produced
new peaks demonstrating the surface crystallization. The most intense peaks occur at 2θ 32º, 26º that
are 2 1 1 and 0 0 2 diffractions respectively of the apatite (according to the standard JCPDS cards
(09-0432)). As apparent from the diffraction pattern, the content of crystalline phase decreases for
NH2-modified silica sample as shown by previous studies FTIR (Figure 5).
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Figure 5. X-ray diffraction (XRD) patterns of (a) MCM-41 (b) MCM-epoxy, (c) MCM-SH, and (d)
MCM-NH2 after 2 weeks of mineralization studies in simulated body fluid.

The formation of HA deposition was further proved by SEM analysis. Because of the similarity
in SEM images, only images for MCM-41 sample was presented in Figure 6 to show silica surface
before the experiment and then the deposited apatite on silica soaked in SBF for one month. Before the
silica-based samples were soaked in SBF, all materials show smooth surfaces (Figure 6a for silica). After
soaking for one month, the HA precipitates can be induced on the surfaces of all obtained types of
silica. SEM images reveal that a large number of tiny plate-like crystals—characteristic for apatite—was
deposited on the surface of these materials after mineralization experiment (Figure 6b,c).

 

Figure 6. Scanning electron microscope (SEM) of (a) MCM-41 before mineralization studies, and (b,c)
MCM-41 after 1 month of mineralization studies in simulated body fluid.

3. Materials and Methods

3.1. Materials and Reagents

Tetraethoxysilane (TEOS), 3-aminopropyltriethoxysilane (APTS), 3-mercaptopropyltrimethoxysilane
(MPTS), 3-glycidyloxypropyltrimethoxysilane (GPTMS), cetyltrimethyammoniumbromide (CTAB),
tris(hydroxymethyl)aminomethane) (TRIZMA) were obtained from Sigma-Aldrich, Poznań, Poland.

326



Int. J. Mol. Sci. 2019, 20, 1311

NaCl, NaHCO3, KCl, K2HPO4 3H2O, MgCl2 6H2O, CaCl2 2H2O, Na2SO4 hydrochloric acid (36.5%),
ethanol (analytical grade purity), 25% aqueous ammonia and anhydrous toluene were purchased from
POCh Co., Gliwice, Poland.

3.2. Synthesis of Functionalized Mesoporous Materials via Post-Grafting Method

First, MCM-41 silica was prepared and then functionalized with different organic groups.
MCM-41 was prepared according to the procedure reported by Grün et al. [33]. Typically, CTAB

(2.39 g) was first dissolved in a polypropylene beaker containing a mixture of de-ionized water (125
g), 25% aqueous ammonia (9.18 g), and ethanol (12.5 g) for 1 h under stirring (200 rpm). Then, TEOS
(10.03 g) was added dropwise with continuous stirring. After 2 h of stirring, the white precipitate was
allowed to heat in an oven at 100 ◦C for 5 days. The obtained solid product was separated via filtration,
washed with ethanol and water, and dried at 50 ◦C for 24 h. Synthesized material was calcined at
550 ◦C for 5 h (Muffle Furnace, M-525, USA, heating rate 1 K min−1) to remove the CTAB surfactant.
Finally, silica polymer was obtained as a white powder.

The dry MCM-41 was grafted with 3-aminopropyl, 3-mercaptopropyl, and 3-glycidyloxypropyl
groups by stirring 1.2 g MCM-41 with 4.4 mmol of APTS, MPTS, or GPTMS, respectively, in 200 mL
toluene for 24 h. The selected MCM-41 to organosilane ratio is optimum for obtaining the maximum
possible grafted groups in the materials, as reported by the scientific research [34]. The samples were
then washed with a substantial amount of ethanol and dried at 100 ◦C.

3.3. Drug-Loading Efficiency

Metronidazole was loaded into MCM-41 by immersion with water solution of MT (the incipient
wetness method) [35]. The drug loading experiment was performed by adding 50 mL of water solution
of MT (1 mg mL−1) to a flask containing 1 g of MCM-41.

This mixture was shaken for 24 h at room temperature (25 ± 0.5 ◦C) under light-sealed conditions.
Next, the supernatant was separated from the silica by centrifugation, and the residual MT content
was determined using a UV–VIS spectrophotometer (Shimadzu UV-1800 spectrometer, Kyoto, Japan)
by reading the absorbance at 320 nm. The percentage of drug adsorption versus initial concentration
was plotted, allowing determination of the loading efficiency of the silica samples. The amount of
absorbed MT in the sample was 18 mg MT g−1 MCM-41.

The loading of MT into organically modified silica samples was in a similar way as in the case
of MCM-41. The loading efficiency obtained was 17, 20 and 11 mg MT g−1 sample, for MCM-epoxy,
MCM-SH and MCM-NH2, respectively.

3.4. Metronidazole Release Experiments

Drug release studies were performed using the Flow-Through-Cell USP Apparatus 4 (closed loop)
(Erweka, DZT-770, Heusenstamm, Germany). Typically, 100 mg of the carrier samples with drugs were
placed on glass beads in a 22.6 mm flow-through cell. The SBF solution was used as an acceptor fluid.
The experiment was carried out for 5 h in 100 mL of acceptor fluid with a flow rate of fluid of 4 mL
min−1 at 37 ◦C.

At predetermined time intervals, 3 mL of release fluid was taken out for analysis of the release
drug concentration with UV–VIS spectrophotometer, at λmax of 320 nm. Taken aliquot was replenished
with fresh SBF (3 mL). All experiments were repeated in triplicate. Drug-elution data were plotted as
the cumulative mass amount of drug released as a function of time.

The Korsmeyer-Peppas power law model was used as a mathematical description of drug release,
expressed by the following Equation [28]

Mt/M∞ = ktn (1)
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where Mt/M∞ is a fraction of drug released at time t, k is the release rate constant, and n is the
release exponent. The value of n characterizes the mechanism of drug release. The exponent n value
close to 1 corresponds to zero-order release kinetics (the drug release rate is time-independent), n
≤ 0.5 to a Fickian diffusion mechanism, and 0.5 < n < 1 to non-Fickian transport (the drug release
is considered as anomalous). Generally, an early portion of a release profile (to 60%) is used in the
Korsmeyer-Peppas model.

3.5. Characterization

The molecular structure of samples was determined using a Fourier transform infrared (FT/IR)
spectrometer (410 Spectrometer, Jasco), using the potassium bromide (KBr) disk technique. The spectra
were collected over a range of 4000–400 cm−1 (64 scans, resolution 4 cm−1).

The specific surface area and pore size distribution were determined by N2 adsorption
using a Micromeritics ASAP 2405N instrument (Micromeritics, Norcross, GA, USA) and the
Barret–Joyner–Halenda (BJH) methods, respectively.

The X-ray diffraction (XRD) spectra of samples were taken with an Empyrean/PANalytical XRPD
diffractometer using CuKα1 radiation, operating at 20 kV and 40 mA.

The morphology of the silica was characterized using transmission electron microscope (TEM)
(Tecnai G2 20X-TWIN, FEI Company, Hillsboro, OR, USA) and scanning electron microscope (SEM)
(Quanta 3D FEG, FEI Company, Hillsboro, OR, USA).

3.6. Evaluation of In Vitro Mineralization

In vitro mineralization (ability to apatite formation on the silica surface) was performed as follows:
0.5 g of sample was incubated in 50 mL of SBF solution in the thermostated shaking water bath (Julabo,
Seelbach, Germany, 50 rpm) at 37 ◦C (± 0.5 ◦C) for five weeks. The samples were tested daily using
FTIR, XRD, and SEM techniques to detect apatite.

4. Conclusions

We studied the three important aspects of mesoporous silica implantable drug delivery systems:
porosity, surface chemistry and ability for mineralization.

The results indicated that the functionalization of the silica surface significantly affects
adsorption/release behaviour and mineralization activity, and also modifies the porosity parameters.

Among the tested carriers, pure silica and silica modified with MPTS and GPTMS have similar
porosity parameters and the ability to mineralize the surface, in contrast to APTS modified silica,
which exhibits smaller pores and a weaker ability for apatite nucleation. The modification of silica
surface with SH and epoxy groups also influenced the slowdown of metronidazole release (compared
to pure silica and especially silica modified with amine groups) due to the ability to create strong
electrostatic interactions with the drug.

These results confirm the potential of silica-based materials for local therapeutic applications, as
drug carriers and bone substitutes in bone disease.
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Abstract: Olive mill wastewater (OMW) is the aqueous waste derived from the production of
virgin olive oil. OMW typically contains a wide range of phenol-type molecules, which are natural
antioxidants and/or antibacterials. In order to exploit the bioactive molecules and simultaneously
decrease the environmental impact of such a food waste stream, OMW has been intercalated
into the host structure of ZnAl layered double hydroxide (LDH) and employed as an integrative
filler for the preparation of poly(butylene succinate) (PBS) composites by in situ polymerization.
From the view point of the polymer continuous phase as well as from the side of the hybrid filler,
an investigation was performed in terms of molecular and morphological characteristics by gel
permeation chromatography (GPC) and X-ray diffraction (XRD); also, the thermal and mechanical
properties were evaluated by thermogravimetric analysis (TGA), differential scanning calorimetry
(DSC), and dynamic thermomechanical analysis (DMTA). Antibacterial properties have been assessed
against a Gram-positive and a Gram-negative bacterium, Staphylococcus aureus and Escherichia coli,
respectively, as representatives of potential agents of foodborne illnesses.

Keywords: multifunctional hybrid systems; olive mill wastewater; antibacterial properties;
layered double hydroxides; bionanocomposites

1. Introduction

High-added-value compounds, such as pectin and polyphenols, can be recovered from agro-wastes
and reused as food ingredients, cosmetics, or even in pharmaceutical preparation [1,2]. Many recent
studies have been devoted to the valorization of agro-food by-products in order to address sustainable
and environmental requirements [3–5]. However, the recovery of target components from waste
implies the use of downstream and purification processes which are time consuming and costly as
well as not environmentally friendly due to the use of huge amounts of water. An alternative approach
consists of exploiting agro-wastes without any pretreatment, with the aim of preparing multifunctional
materials, the development of which is indeed of great interest now for the industry, which is always
looking for high-performance products obtainable through simple and low-cost processes. In the field
of packaging, for example, where preserving the quality and increasing the safety of the products
is of crucial importance, antibacterial, antioxidant, and/or anti-UV properties are greatly required.
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At the same time, in the packaging sector, biopolymers (from natural sources and/or biodegradable) are
emerging on the market because of growing global pressure deriving from the extensively publicized
effects of climate change, price increases of fossil materials, as well as depletion of global fossil
resources [6]. However, bio-based materials do not achieve technical performance comparable to their
fossil counterparts.

A straightforward strategy that allows for obtaining high-performance and multifunctional
materials involves the use of organo-modified layered double hydroxides (LDHs) dispersed in
polymeric matrices. LDHs are a class of anionic clays consisting of stacked brucite-type [Mg(OH)2]
octahedral layers with water molecules and exchangeable anions in the interlayer region, offering a
large variety of heterostructured materials [7]. Thanks to their great versatility as well as simple
preparation, LDH host structures are often considered as a toolbox and their applications are strongly
diversified, ranging from catalysis to biomedicine, cosmetics, functional additives, and/or stabilizers in
polymer formulations, sorbents, and scavengers for pollutants [8,9].

Our research group is profoundly concerned with targeting green fillers in association with
bio-based and biodegradable polymer. Our previous studies have demonstrated that the use of
organo-modified LDHs may provoke a significant chain extension effect on polymer matrices with
consequent improvement of their processability [10–14]. Moreover, suitable properties, such as
antioxidant/antibacterial/anti-UV, due to the tethered/intercalated anions into the LDH, can be exploited,
leading to multifunctional fillers. LDH acts as inorganic cargo hosting bioactive molecules and it
protects them from thermal degradation, thus enhancing their thermal stability as well as allowing
the preservation of their bioactivity, which is well-maintained under such a protective layer against
injection/extrusion during polymer composite processing [15,16]. Therefore, multifunctional composite
materials with antioxidant/antibacterial/anti-UV properties can be achieved.

In a previous work [17], olive mill wastewater (OMW), without any pretreatment, was successfully
intercalated into a Zn2Al-LDH with the aim of enhancing the durability of polypropylene (PP) and
poly(butylene succinate) (PBS) melt-blended composites. In the current study, the antibacterial
and thermomechanical properties of similar systems have been further investigated. Therefore, the
materials prepared can be suitable for antibacterial/antioxidant coating and packaging, as well as
medical devices and household products.

OMW is a high-organic-load and recalcitrant waste stream of great environmental concern and
its management is a very important issue in Mediterranean countries because of the huge amount of
olives: more than 2.4 million tons/year, 90% of which is meant for olive oil production, thus generating
up to 30 million m3 per year of OMW [17,18]. The composition of OMW consists of 80–90% water,
4–16% organic compounds (such as tyrosol, hydroxytyrosol, p-coumaric acid, ferulic acid, syringic acid,
protocatechuic acid, vanillic acid tannins, anthocyanins, etc.), and 0.4–2.5% mineral salts (K, Ca,
and Na). Due to their low partition coefficients, olive phenols are more soluble in water than in the oil
phase. Thus, polyphenols are found in OMW at concentrations ranging from 0.03–11.5 g/L according
to the processing system used for olive oil production [1].

Among bio-based polyesters, PBS is of particular interest. It is a biodegradable semicrystalline
polymer, the pristine monomers of which (1,4-butanediol and succinic acid) can both be obtained from
sugar fermentation. PBS is emerging in agriculture, consumer goods, and especially in the flexible
packaging market [6]. Due to its thermal and mechanical characteristics, PBS ranks similar to PP for its
strength (tensile strength of 34 MPa for PBS and 33 MPa for PP) and between low-density (LDPE) and
high-density polyethylene (HDPE) for its stiffness (flexural modulus of 656 MPa for PBS, 176 MPa for
LDPE, and 1070 MPa for HDPE) [19,20].

In detail, OMW was here used as an intercalating agent in layered Zn2Al-LDH (i.e., between its
organo-modified platelets). Some phenol model molecules, as typical chemical structures of the main
components present in OMW (namely, vanillic acid (VA), ferulic acid (FA), and protocatechuic acid
(PA)), were also employed for comparison. Mixed systems were also prepared by simultaneous
coprecipitation of two or three biomolecules to simulate a medium containing more than one bioactive
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compound, as in OMW. The organo-modified LDHs (5 wt%) were employed for the preparation of
PBS composites through in situ polymerization. Both the organo-modified LDHs and the obtained
composite samples were tested for their antimicrobial action against Escherichia coli and Staphylococcus
aureus. Thermal and thermomechanical properties were investigated by thermogravimetric analysis
(TGA), differential scanning calorimetry (DSC), and dynamic thermomechanical analysis (DMTA).

2. Results and Discussion

A full characterization of the prepared LDH samples, as well as the total organic compound
(TOC) of the biowaste (4.51 ± 0.65 g GA eq/L, GA = gallic acid) were reported elsewhere [17].
Briefly, HPLC analysis revealed the presence of protocatechuic acid, vanillic acid, trans-cinnamic
acid, gallic acid, and chlorogenic acid in OMW. FT-IR and X-ray analyses of the LDHs containing
vanillic acid (Zn2Al/VA), ferulic acid (Zn2Al/FA), and protocatechuic acid (Zn2Al/PA) demonstrated the
intercalation of the anions between the lamellae. Mixed systems were also prepared by simultaneous
coprecipitation of FA and PA (Zn2Al/FA-PA) or VA, FA, and PA (Zn2Al/VA-FA-PA) to simulate a
medium containing more than one bioactive molecule, as in OMW. Concerning such systems and
the sample intercalated with OMW (Zn2Al/OMW), a selective interaction with some molecules was
evident from FT-IR, but from X-ray diffraction analysis, it was concluded that the coprecipitation of
LDH in the presence of OMW was not 100% efficient in yielding the LDH structure, giving rise to
another inorganic material (γ-AlOOH) unable to trap organic guests. This was confirmed by a lower
organic weight loss percentage from TGA in Zn2Al/OMW. Therefore, in such a sample (Zn2Al/OMW),
the two structures (LDH and γ-AlOOH) were concomitantly present. The thermal protecting role of the
LDH towards the anions was clear from TGA analysis because the thermal stability was enhanced after
intercalation. This is a key point in this strategy because it allows the preservation of the bioactivity,
which is well-maintained under such a protective layer during polymer composite processing.

In the current study, 5 wt% of the organic/inorganic (O/I) hybrid fillers was employed to prepare
PBS bionanocomposites by in situ polymerization, which is an effective method to reach a good state
of dispersion for the LDH filler. Such loading was reported to be appropriate, in similar systems,
to assure the persistence of bioactivity [16,17,21]. Scheme 1 shows the monomers employed and
the conditions of the in situ polymerization process. The bionanocomposites have been labeled
PBS:Zn2Al/X, according to the LDH employed.

 
Scheme 1. In situ polymerization of poly(butylene succinate) (PBS) bionanocomposites.

The molecular weights of all composites, obtained by gel permeation chromatography (GPC)
analysis, were high, into the range of 50 × 103 < Mw < 90 × 103 g/mol with polydispersity values
coherent to common polyesters (Mw/Mn ≈ 2) (Table 1).
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Table 1. Gel permeation chromatography (GPC) and thermogravimetric analysis (TGA) results of PBS,
PBS:ferulic acid (FA)/protocatechuic acid (PA) and PBS:Zn2Al/X composites.

Sample Mw (× 10−3 g mol−1) a Mw/Mn
a Tonset (◦C) b T10

D (◦C) b Tmax (◦C) b

PBS 69 2.4 380 363 406
PBS:Zn2Al/VA 91 2.4 353 344 393
PBS:Zn2Al/FA 47 2.2 357 340 393
PBS:Zn2Al/PA 49 2.3 355 347 389

PBS:Zn2Al/FA-PA 61 2.3 355 338 395
PBS:Zn2Al/VA-FA-PA 68 2.5 345 341 387
PBS:Zn2Al/OMW 61 2.4 355 347 387

PBS:FA/PA 8 2.7 376 360 403
a Determined by GPC in CHCl3; b Determined by TGA under air flow.

PBS:FA/PA, without LDH, with 1 wt% of FA and 1 wt% of PA with respect to the polymer
theoretical yield, was also prepared in order to better understand the beneficial role of LDH. Of course,
during the polymerization, FA and PA competed with dimethyl succinate (DMS) in the condensation
reaction with 1,4-butanediol (BD); therefore, a copolymer was formed. 1H NMR showed that only
0.32 mol% of both FA and PA had copolymerized. The results of GPC analysis indicated that oligomers
were formed (Mw = 8 × 103 g/mol) because FA and PA possess only one reactive functional group;
therefore, they act as a chain stopper during macromolecular growth.

The degree of dispersion of the organo-modified LDHs in the PBS matrix was evaluated by XRD
analysis. In Figure 1, since the same results were obtained for all the samples, only some representative
composite XRD patterns are reported, showing the diffraction lines characteristic of PBS and the
absence of the diffraction peaks of the associated filler. This can be explained by a low crystallinity of
the filler or a potential exfoliation occurring during thermal processing. All the characteristic peaks
ascribable to the crystalline structure of PBS (020) (021) (110) (111) can be found in the 2θ range of
18◦–30◦, and no significant difference can be depicted with PBS free of filler. The copolymer presented
narrow diffraction lines due to PBS crystallinity.

Figure 1. XRD profiles of PBS and some PBS:Zn2Al/X composites with indexing of the main reflections
due to the crystalline structure of PBS.

Tables 1 and 2 list all the results from TGA and DSC analyses of the nanocomposites. From Figure 2,
reporting the TGA thermograms of all the samples, a main decomposition process is depicted in the
temperature range of 360–375 ◦C. Concerning the nanocomposites, the filler did not exert thermal
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stabilization upon the matrix because of the catalyzing effect of metals, as well as the polyester hydrolysis
promoted by the water released during its thermal degradation. In any case, the thermal data reported
(onset degradation (Tonset), 10% mass loss (T10

D), and maximum degradation temperatures (Tmax))
were consistently higher than the melting temperature of PBS (116 ◦C); therefore, such expected
thermal degradation was overcome during processing. This is consistent with the literature [12,13].
As expected, the copolymer showed initial and maximum degradation temperatures close to PBS.

Table 2. Thermomechanical results of PBS, PBS:FA/PA, and PBS:Zn2Al/X.

Sample Tg (◦C) a Tg (◦C) b Tc (◦C) c ΔHc (J·g−1) c Tm (◦C) b ΔHm (J·g−1) b

PBS −16.3 −33 70 72 116 77
PBS:Zn2Al/VA −14.4 −35 73 64 113 64
PBS:Zn2Al/FA −8.9 −36 73 52 113 47
PBS:Zn2Al/PA −8.9 −34 76 53 115 48

PBS:Zn2Al/FA-PA −8.9 −36 77 55 114 51
PBS:Zn2Al/VA-FA-PA −13.4 −36 77 61 114 58

PBS:Zn2Al/OMW −13.4 −36 66 51 114 57
PBS:FA/PA / −30 66 62 110 67

a Determined by dynamic thermomechanical analysis (DMTA); b Determined by differential scanning calorimetry
(DSC) during the second heating scan; c Determined by DSC during the cooling scan from the melt at 10 ◦C min−1.

Figure 2. TGA profiles of PBS, PBS:FA/PA, and PBS:Zn2Al/X composites.

From the DSC analysis reported in Table 2, it can be noted that melting temperature (Tm) values
of the nanocomposites slightly decreased with respect to 116 ◦C (the melting temperature of PBS).
Moreover, the peak shapes were complex and multiple endothermic peaks were present due to the
melting–recrystallization process that generally occurs in polyesters (Figure 3) [22]. Concerning
the cooling scan, most of the composites crystallized at higher temperatures with respect to PBS,
while PBS:Zn2Al/OMW had a lower crystallization temperature (Tc). However, all the composites
presented lower enthalpy of crystallization (ΔHc) with respect to PBS; therefore, the motion of the
polymer chains in the melt were restricted by the platelets and the crystallization process was somehow
hindered. Indirectly, this behavior confirmed a good degree of dispersion of the LDHs in the PBS matrix.
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Figure 3. DSC profiles of PBS, PBS:FA/PA, and PBS:Zn2Al/X composites.

In order to evaluate the mechanical properties of the samples prepared, DMTA, which measures
the response of a material to a cyclic deformation as a function of the temperature, was performed.
Figure 4 shows the storage modulus E’ and tan δ, which is the ratio of the loss modulus to storage
modulus, as a function of temperature. The nanocomposites, with respect to the homopolymer,
presented superimposable curves, with E’ values slightly higher than PBS within the entire temperature
range, which revealed the reinforcing role of the O/I hybrid filler upon PBS. Additionally, it highlighted
an efficient interface interaction between the filler and the polymer, as well as a good state of dispersion
of LDH platelets. The reinforcement effect of the fillers became more important above the glass
transition temperature, when materials become soft, due to the restricted movement of the polymer
chains [23]. At 20 ◦C, the fillers showed a medium E’ enhancement of 40%, and the maximum value
was related to PBS:Zn2Al/PA (51%). With respect to DSC analysis, DMTA is a more sensitive technique
to evaluate the glass transition temperature (Tg) (Table 2). The bionanocomposites showed higher
Tg values with respect to PBS (−16.3 ◦C), which was due to the restriction of the movements of the
macromolecular chains because of their interaction with the nanosheets of organo-modified LDH fillers.

The antibacterial properties of both O/I hybrid fillers and nanocomposites were checked against
a Gram-positive bacterium, S. aureus, and a Gram-negative one, E. coli, which are potential agents
of foodborne illnesses causing serious infections [15] and ubiquitous widespread bacteria [24,25]
(Figure 5). The activity was calculated using Equation (1), expressed as a percentage of the reduction
of viable cells in the assayed sample compared with a negative control consisting of a bacterial culture
grown in the absence of any material. As a prerequisite for the whole set of experiments, reference
materials (PuralMg61 and PBS) were assayed for the antimicrobial evaluation tests, showing no
antibacterial effectiveness for PuralMg61 and an antimicrobial activity of 10% and 18% for PBS in
the presence of E. coli and S. aureus, respectively. Hybrid LDH powders were characterized by a
strong antibacterial activity (cell mortality rate = 100%) against S. aureus and E. coli. Slightly lower
values were recorded for Zn2Al/VA versus S. aureus (87%) and Zn2Al/OMW (94% and 91% versus
E. coli and S. aureus, respectively). In the latter case, the presence in the waste of different phenolic
compounds, as well as of other substances, might have somehow interfered with the antibacterial
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activity, causing a slightly lower mortality with respect to the use of the pure compounds. However,
the percentage of mortality was also high (>90%) with the OMW-containing samples. These results are
in agreement with literature data [26–28] and confirm the strong antimicrobial activity associated with
OMW phenolic compounds.

Figure 4. DMTA profiles of PBS and PBS:Zn2Al/X composites.

Figure 5. Antibacterial properties of PBS, PBS:FA/PA, bionanocomposites (left side), and layered
double hydroxides (LDHs) (right side) against Escherichia coli (a,b) and Staphylococcus aureus (c,d).
A = PBS, B = PBS:Zn2Al/VA, C = PBS:Zn2Al/FA, D = PBS:Zn2Al/PA, E = PBS:Zn2Al/FA-PA,
F = PBS:Zn2Al/VA-FA-PA, G = PBS:Zn2Al/OMW, H = PBS:FA/PA, I = PuralMg61, J = Zn2Al/VA,
K = Zn2Al/FA, L = Zn2Al/PA, M = Zn2Al/FA-PA, N = Zn2Al/VA-FA-PA, and O = Zn2Al/OMW.
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Considering the PBS nanocomposites, the results obtained using 50 mg of each sample on 500 μL of
bacterial cells (105 colony forming units (CFU)/mL) (Figure 5a,c) highlight that the antimicrobial activity
was maintained in the final products, reaching values of 100% of mortality against E. coli and close
to 100% against S. aureus. In addition, two amounts of PBS:Zn2Al/OMW (50 and 10 mg) were tested
using the same suspension of E. coli cells (500 μL), reaching in both cases a cell mortality rate of 100%.
The slight differences in the antibacterial properties could be due to the different architectures of the
outer layers of Gram-positive and -negative bacteria that may favor the antibacterial action of lipophilic
molecules in Gram-negative cells. Indeed, E. coli has an extra lipopolysaccharide membrane outside a
thin cell wall layer, while a thick peptidoglycan wall represents the external envelope in Gram-positive
bacteria [15]. Phenols are reported both to destroy the external Gram-negative layers and to pass
through this layer, thus exerting their biocidal activity in the cytoplasm [29]. Indeed, they act specifically
on the cell membrane and inactivate intracytoplasm enzymes by forming unstable complexes.

On the other hand, as expected, the copolymer PBS:FA/PA did not present any significant
antibacterial activity, thus highlighting the role of LDH in protecting the bioactivity of the organic
modifiers during the polymerization process. Indeed, the inorganic host thermally protected the
intercalated molecules, thus preserving their bioactivity.

To evaluate if such high activity in the case of the hybrid LDH materials could have been due to
phenolic acids potentially released from the LDH surface into the test medium, release studies of VA (as
a target bioactive molecule) from Zn2Al/VA and PBS:Zn2Al/VA were carried out (Figure 6). The results
show a maximum release of 300 mg/L from Zn2Al/VA in saline but, most importantly, a negligible
release was obtained for the corresponding nanocomposite (maximum 9 mg/L). The released VA could
not be responsible for the inhibitory activity against the target microorganisms, considering that the
minimal inhibitory concentration (MIC) of VA is 500 mg/L versus E. coli (although a partial inhibition
can also be seen at 300 mg/L) and higher than 500 mg/L versus S. aureus (i.e., higher amounts with
respect to those released from the specimens (Table 3)).

Figure 6. Concentration of vanillic acid evaluated by HPLC analyses in water or saline in which
samples have been immersed.
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Table 3. Minimal inhibitory concentration (MIC) of vanillic acid (taken as a target bioactive molecule)
vs. E. coli and S. aureus. Strain growth is reported as turbidity in the McFarland scale. Values represent
the difference between the turbidity measured after 24 h of incubation at 37 ◦C and that detected at the
beginning of the incubation.

Vanillic Acid (mg/L) Growth after 24 h of Incubation

E. coli S. aureus
500 0.175 ± 0.025 1.385 ± 0.016
300 0.495 ± 0.015 3.235 ± 0.031
150 1.240 ± 0.023 3.585 ± 0.021
75 2.800 ± 0.018 4.24 ± 0.017
0 3.250 ± 0.026 4.935 ± 0.024

The potential of using OMW as an antimicrobial agent was confirmed by the data obtained with
LDH and PBS nanocomposites containing the waste as it is. These results demonstrated that it is
possible to obtain optimal antimicrobial performances also by using OMW without any pretreatment,
potentially leading to a true recycling and valorization of this biowaste in the development of
multifunctional materials.

3. Materials and Methods

3.1. Materials

BD, DMS, sodium hydroxide, aluminum nitrate Al(NO3)3·9H2O, zinc nitrate Zn(NO3)2·6H2O, VA,
FA, PA, ethanol, and titanium tetrabutoxide (TBT) were purchased from Aldrich Chemical (Darmstadt,
Germany). All the materials were used as received. Nutrient broth and plate count agar were from
Oxoid, Basingstoke, UK. McFarland turbidity standards were from Biolife, Milano, Italy. The OMW
was furnished by Sant’Agata d’Oneglia (Imperia, Italia) and concentrated prior to use: from 10 L, 1 L
was obtained. Its main chemical features were: chemical oxygen demand (COD) of 43.5 ± 1.6 g/L;
TOC of 4.51 ± 0.65 g GA eq/L; and total suspended solids (TSS) of 39,200 ± 4,808 mg/L.

3.2. LDH Synthesis

The LDHs were prepared by coprecipitation following a procedure described elsewhere [17] with
OMW, VA, FA, and PA. Two co-intercalated LDHs with mixtures of FA + PA and VA + FA + PA were
also prepared. Briefly, 50 mL of deionized water solution containing 31.2 mmol of Zn(NO3)2·6H2O
and 15.6 mmol of Al(NO3)3·9H2O was added dropwise for 3 h in a reactor containing 62.4 mmol of the
anion in 100 mL of ethanol/deionized water (60/40) under vigorous stirring. In the case of OMW, 60 mL
was used. The pH was maintained at 9.5 (±0.1) through the addition of NaOH solution. The reaction
was carried out under nitrogen atmosphere and stirred for 3 h at room temperature. The solid material
was separated and submitted to three cycles of deionized washing/ethanol centrifugation. The samples
were labeled as Zn2Al/X, where X is the anion. A full characterization of the LDHs (X-ray diffraction,
FT-IR, and TGA analysis) is reported elsewhere [17].

3.3. Bionanocomposite Preparation

Bionanocomposites with 5 wt% loading of the organo-modified LDHs were prepared by in situ
polymerization following a common procedure already reported [30]. As an example, the procedure
for preparing PBS:Zn2Al/VA was as follows: a round-bottomed, wide-neck glass reactor (250-mL
capacity) was loaded with BD (29.6 g, 328 mmol), TBT (0.0585 g, 0.172 mmol), and 2.35 g of Zn2Al/VA
(previously dried overnight at 105 ◦C), corresponding to 5 wt% with respect to the polymer theoretical
yield. The reactor was closed with a three-necked flat flange lid equipped with a mechanical stirrer
and a torque meter which gave an indication of the viscosity of the reaction melt. The system was
then connected to a water-cooled condenser and immersed in a thermostatic salt-bath at 190 ◦C under
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vigorous stirring. After 1 h, DMS (40.0 g, 274 mmol) was added and the mixture was kept at 190 ◦C until
all the methanol distilled off. Then, the reactor was connected to a liquid-nitrogen-cooled condenser
and a dynamic vacuum was applied down to 0.5 mbar while the temperature was increased up to
230 ◦C. When the torque of the melt was around 7–8 mN, a highly viscous, light-brown, and transparent
melt was discharged from the reactor. For comparison, a PBS homopolymer was also synthesized,
as well as PBS:FA/PA, without LDH with 1 wt% of FA + 1 wt% of PA. The molecular structure of PBS
was confirmed by 1H NMR. 1H NMR on PBS:FA/PA was conducted on a purified sample.

3.4. Antibacterial Properties

The antimicrobial properties were assessed by evaluating the survival of bacterial cells exposed
to the prepared samples: LDHs intercalated with phenolic acids or OMW, in order to check the
antibacterial activity of the active principles, and PBS with 5 wt% LDHs, to test the efficacy of the final
bionanocomposites. The two microorganisms used were E. coli ATCC 8739 and S. aureus ATCC 6538.
Bacteria were grown aerobically in nutrient broth for 16 h at 37 ◦C. The bacterial culture obtained was
centrifuged at 7000 rpm for 10 min, washed in sterile saline (0.9% w/v NaCl), and resuspended in the
same solution in order to obtain ≈105 CFU/mL.

The experiments on both LDHs and composites were performed using 50 mg of powder of each
sample, which were put in contact with 500 μL of cells (≈105 CFU/mL in saline) at room temperature
(about 23 ± 1 ◦C) for 24 h. The same experiment was preliminarily done with a commercial LDH
sample (PuralMg61) and a commercial PBS (i.e., with no added compounds). The composites were
sieved in order to achieve a homogeneous, fine particle size. After the incubation, each sample was
serially diluted (1:10) and the dilutions were plated on plate count agar. After incubation of the plates
at 37 ◦C for 24 h, the number of colonies corresponding to the number of viable cells was determined,
after averaging using triplicates, through a modification of the equation reported by Lala et al. [31]:

R % = [(B-A)/B] × 100 (1)

where R % is the percentage of reduction of viable cells, A is the average number of viable cells obtained
after 24 h of contact with sample powders, and B is the average number of viable cells after 24 h
of incubation of a bacterial cell suspension in the absence of any material. As already mentioned,
the commercial powders with no added compounds were also tested for their antimicrobial activity
against the same strains.

An additional experiment was carried out only on the bionanocomposite intercalated with OMW
(PBS:Zn2Al/OMW) in order to evaluate the antimicrobial activity with a less concentrated amount of
sample: 10 mg of powder was put in contact with 500 μL of E. coli cells (≈105 CFU/mL in saline) and
incubated like the previous experiment.

3.4.1. MIC of Vanillic Acid as a Target Compound

Different concentrations of vanillic acid were tested in order to evaluate the minimal concentration
that inhibits the growth of E. coli and S. aureus. A stock solution of the assayed compound was prepared
at a concentration of 10,000 mg/L in ethanol 70% (v/v of water). The concentrations tested were: 500,
300, 150, and 0 mg/L. Bacterial growth in the presence of vanillic acid at different concentrations
was monitored by evaluating the turbidity of the culture after 24 h of incubation at 37 ◦C using a
densitometer (DEN1-Biosan, Riga, Latvia), which evaluated turbidity using the MacFarland scale.
Commercial McFarland standards (0.0–0.6 McFarland units) were used for calibrating the densitometer.
The sample for MIC testing consists of 3 mL of nutrient broth, to which 100 μL of a culture grown
overnight (108 CFU/mL) and the appropriate volume of vanillic acid from the stock solution were
added. The assay was performed in duplicate.
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3.4.2. Release Study

Release studies of vanillic acid from LDH and nanocomposite to the surrounding environment
were conducted in water and saline on samples containing Zn2Al/VA and the corresponding composite
(50 mg/500 μL) under stirring for 24 h at room temperature. Small aliquots of the supernatants were
analyzed by HPLC at 0, 8, and 24 h of incubation.

3.5. Measurements

1H NMR spectra were recorded on a Varian Mercury 400 spectrometer (chemical shifts are in part
per million downfield from tetramethylsilane; the solvent used was CDCl3.

GPC measurements were performed on a HP 1100 Series using a PL gel 5-μm Minimixed-C
column with chloroform as the eluent and solvent for polymer samples. A refractive index detector
was used and a calibration plot was constructed with polystyrene standards.

TGA was performed in air atmosphere using a TGA7 apparatus (gas flow of 30 mL/min,
Perkin Elmer, Waltham, Massachusetts, USA) at a 10 ◦C min−1 heating rate from 50 to 900 ◦C for all the
samples. The Tonset, T10

D, and Tmax were measured.
DSC was carried out, under nitrogen flow, using a DSC6 (Perkin Elmer, Waltham, Massachusetts,

MA, USA). To erase any previous thermal history, the samples (ca. 10 mg) were first heated at
20 ◦C min−1 to 140 ◦C, kept at a high temperature for 2 min, cooled down to −60 ◦C at 10 ◦C min−1,
and heated from −60 to 150 ◦C at 10 ◦C min−1 (second scan). During the cooling scan, the Tc and
ΔHc were measured. During the second heating scan, the Tg, Tm, and corresponding enthalpy (ΔHm)
were measured.

Nanocomposite powder samples were analyzed by XRD in steps of 0.07◦ over a 2θ range of
2.1◦–35◦ at room temperature with a Bragg/Brentano diffractometer (XPERT-PRO, PANalytical, Royston,
United Kingdom) with Cu Kα radiation (λ = 0.154 nm, monochromatization by primary graphite
crystal) generated at 40 mA and 40 kV.

Physical and mechanical properties were determined using a DMTA IV Dynamic Mechanic
Thermo analysis instrument (Rheometric Scientific, Reichelsheim Germany) with a dual cantilever
testing geometry. Typical test samples were bars (33 mm × 8 mm × 2 mm) obtained by injection
molding at 140 ◦C using a Minimix Molder. The analysis was carried out from −150 to 80 ◦C (heating
rate of 3 ◦C min−1, frequency of 3 Hz, and strain of 0.01%).

4. Conclusions

Layered double hydroxides intercalated by vanillic acid, ferulic acid, protocatechuic acid, and
olive mill wastewater were dispersed in PBS through in situ polymerization. The thermal protecting
role of the inorganic host towards the bioactive molecules was here confirmed. DMTA demonstrated
that all the fillers endowed PBS with a pronounced reinforcing effect. In particular, the nanocomposite
with Zn2Al/PA at 20 ◦C displayed an elastic modulus E’ enhanced by more than 50% compared with
PBS free of filler.

All the nanocomposites presented impressive antibacterial activity as well as negligible release
of the active agent under the tested conditions. Therefore, these preliminary results highlight the
possibility of using OMW as a potential agent to confer antimicrobial activity to nanocomposites,
with an important additional value of decreasing the environmental impact of an offensive food stream.
In addition, besides the pronounced antimicrobial properties, the phenolic compounds in OMW have
proved to exert beneficial effects on human health: PA is reported to be an anticancer agent [32] as well
as FA, which has anti-inflammatory, antiviral, and immunoprotective properties. Both molecules can
inhibit cancer by scavenging reactive oxygen species or being involved in the cell cycle upon cellular
uptake [33]. These points further support the use of OMW phenolic compounds for applications
addressed to human health and care, taking also into account their previously demonstrated antioxidant
properties [17].
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Reminiscent of the use of other biowastes, such as lignosulfonated LDH blends with plasticized
starch and thermoplastics [34], this could represent a general strategy that is potentially employable
with other biowastes.
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Abstract: Despite advances in material sciences and clinical procedures for surgical hygiene,
medical device implantation still exposes patients to the risk of developing local or systemic infections.
The development of efficacious antimicrobial/antifouling materials may help with addressing
such an issue. In this framework, polyethylene glycol (PEG)-grafted segmented polyurethanes
were synthesized, physico-chemically characterized, and evaluated with respect to their bacterial
fouling-resistance properties. PEG grafting significantly altered the polymer bulk and surface
properties. Specifically, the PEG-grafted polyurethanes possessed a more pronounced hard/soft
phase segregated microstructure, which contributed to improving the mechanical resistance of
the polymers. The better flexibility of the soft phase in the PEG-functionalized polyurethanes compared
to the pristine polyurethane (PU) was presumably also responsible for the higher ability of the polymer
to uptake water. Additionally, dynamic contact angle measurements evidenced phenomena of surface
reorganization of the PEG-functionalized polyurethanes, presumably involving the exposition of
the polar PEG chains towards water. As a consequence, Staphylococcus epidermidis initial adhesion onto
the surface of the PEG-functionalized PU was essentially inhibited. That was not true for the pristine
PU. Biofilm formation was also strongly reduced.

Keywords: segmented polyurethanes; polyethylene glycol; microbial biofilm; antifouling materials;
medical device-related infections; wound dressings

1. Introduction

Polymeric materials have a prominent place in biomedical applications, due to their broad
range of physico-chemical properties that can be tailored to fit a wide plethora of applications [1–3].
Segmented polyurethanes (PUs) are among the most important classes of biomedical polymers,
mainly due to their excellent hemocompatibility and unique mechanical properties deriving from
the presence of hard segment-rich and soft segment-rich domains in a phase-separated microstructure.
Such hard/soft-phase segregation in the polymer permits the combination of elastomeric properties that
are typical of rubbers, with high mechanical resistance properties typical of thermoplastic materials [4].
A large variety of biomedical-grade PUs with different compositions, such as Biomer®, Pellethane®,
and Cardiothane, are on the market, and their applications cover mainly cardiovascular devices,
including central venous catheters and heart valves, but also artificial organs, scaffolds for tissue
engineering, and wound dressings [5].

Despite the benefits of using PUs for intravascular devices manufacturing, complications are still
associated with their use. Especially, these materials do not protect patients from the risk of developing
localized or systemic bloodstream infections [6,7]. For this reason, considerable efforts have been
made over the years to improve the bacterial fouling resistance of polyurethanes, in order to reduce
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the incidence of bloodstream infections [8]. Traditionally, antimicrobial or antifouling polyurethanes
were obtained by the adsorption/conjugation of drugs or antiseptics [9–13]. More recently,
research efforts have been focused on either the use of natural compounds with anti-biofilm
properties [14–17], or on the development of intrinsically antimicrobial and antifouling materials, by
either physical or chemical technological approaches [17–20]. Physical approaches mainly consist of
developing micro- or nano-scale surface texturing in order to affect bacterial adhesiveness, growth,
and more in general, biofilm formation [21–24]. Chemical approaches, instead, mainly involve
the functionalization of material surfaces, to meet some criteria that are well-recognized to confer
repelling activities, which include strong hydrophilicity, neutral charge, and the presence of groups
that are able to establish hydrogen bonds [25].

Polyethylene glycol (PEG) is undoubtedly, the most closely investigated antifouling polymer, as it
meets all of the criteria listed above [26]. The ability of such a polymer to resist the adsorption
of proteins and bacteria has been related to both hydration and steric hindrance effects [27].
Specifically, in aqueous environment, the hydration of PEG chains occurs resulting in the formation of
a layer consisting of tightly bound water molecules, which acts as a physical barrier (steric repulsion)
against the approach of proteins and bacteria to the polymer itself [28]. Measurements of forces of
interaction between bacteria and PEG chains anchored onto glass surfaces showed that PEG brushes
not only blocked the long-range attractive forces, but also introduced repulsive steric effects between
the bacteria and the substrate. Presumably, the repulsive forces resulted from the compression of
the highly flexible PEG chains, which would involve the removal of water molecules from the hydrated
polymer, and is not a thermodynamically favorable process [29].

As for polyurethanes, PEG was either introduced in the backbone as a soft segment [30–32],
or grafted in the polymer side chain [33,34]. Most of such PEG-containing PUs were studied in terms
of bio- and hemo-compatibility properties, through the study of polymer affinity towards biomolecules
such as albumin, fibrinogen, or heparin [35–39]. Only recently, a series of studies has been carried
out to investigate the influence of PEG-containing PUs on microbial adhesiveness [22,40,41]. The few
positive datasets available so far encourage further experimentations in order to uniquely confirm
PEG as a potent antibacterial fouling agent for polyurethane surfaces.

In this study, a segmented carboxylated polyurethane, obtained by the polymerization of
an aromatic di-isocianate, an ether macrodiol, and a low molecular weight diol displaying a carboxylic
group, was functionalized with PEG by a Steglich esterification reaction, in order to improve
polymer-antifouling abilities. Specifically, PEG was grafted onto the polymer aromatic hard segments,
which, being hydrophobic, were supposed to be the domains that were more susceptible to bacterial
colonization. We hypothesized that the reduction in the hard domains’ hydrophobicity by PEG
grafting could be a potential strategy to confer antifouling features to the polymer without changing
the polymer backbone composition, neither in terms of monomer type (aliphatic vs. aromatic) nor in
hard/soft segment ratio, which could have had a negative effect on the polymer physico-mechanical
properties, as previously reported [42]. The obtained PEG-grafted PUs were fully characterized,
to assess the effect of PEG-grafting on the thermal and mechanical properties of the polymer
itself. Additionally, contact angle measurements and experiments with water uptake were carried
out to verify the influence of the polymer bulk and surface hydrophilicity on the adhesiveness
and biofilm formation of Staphylococcus epidermidis, a bacterial strain chosen because of its implication
in the pathogenesis of intravascular device-related infections.

2. Results and Discussion

In this study, a segmented polyurethane (PEUA, Figure 1)-containing polypropylene oxide (PPO)
as a soft phase, and the aromatic methylene bis-phenyl-diisocyanate (MDI), plus di-hydroxymethyl
propionic acid (DHMPA) as a hard phase, were synthesized and functionalized with poly(ethylene
glycol), with the aim of obtaining polymers (PEUA-PEG, Figure 1) that were resistant to bacterial
adhesion. PEUA is a hemo-compatible polymer, which was synthesized for the first time by our
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group [43], and it contains interesting elastomeric properties and biocompatibilities. This polymer
was also shown to be able to bind antibiotics [44] and complex antiseptic metal ions [45],
thanks to the presence of a reactive carboxylic group per repeat unit. Such a group was now
exploited for the grafting of PEG by a Steglich reaction mediated by di-cyclohexylcarbodiimide
and 4-dimethylaminopyridine (DMAP) activation.

Figure 1. Chemical structure of the repeat unit of PEUA (A) and PEUA-PEG (B).

Specifically, three PEG:PEUA molar ratios (2:1, 3:1, and 5:1) were employed during
synthesis, and an excess of PEG was chosen to reduce the probability of PEUA cross-linking by
the bi-functional PEG. Among the three obtained PEG-functionalized polymers, the one resulting
from a 2:1 PEG:PEUA molar ratio was found to be insoluble in organic solvents, and it also precipitated
during functionalization, suggesting a high degree of polymer cross-linking. In contrast, a good degree
of solubility in all common organic solvents (tetrahydrofurane, dimethyl formamide, and dimethyl
sulfoxide) was shown by the polymer obtained from a 5:1 molar ratio while the polymer obtained with
a 3:1 molar ratio showed intermediate behavior, resulting in only partial solubility in some solvents,
specifically in di-methylformamide.

Nuclear magnetic resonance spectroscopy was used to evaluate the success of polymer synthesis
and functionalization with PEG. In Figure 2, the 13C-NMR spectra of pure PEUA and PEUA-PEG
obtained with a 5:1 molar ratio are reported.

As far as the 13C-NMR spectrum of PEUA is concerned, the signal at 153 ppm was attributed to
the urethanic C=O, the signal at 136 ppm to MDI-C1 and MDI-C4, the signals at 120 ppm and 130 ppm
to MDI-C2 and MDI-C3, respectively, and the signal at 41 ppm to the CH2 between the phenyl
groups. The signals of the PPO soft phase were found at 18 ppm (methyl), 77 ppm (methine)
and 73–75 ppm (methylene). The signals of DHMPA were at 46 ppm (quaternary carbon), 72 ppm
(–CH2–), and ca. 20 ppm (–CH3). Finally, at 175 ppm, the signal of the carboxylic group was observed.
As far as the 13C-NMR spectrum of PEUA-PEG is concerned, even if it was not possible to observe
the peak related to the ester C=O, a new signal at 62 ppm was present, specifically the ester CH2

of the linked PEG. Additionally, the peak of the DHMPA quaternary carbon shifted from 46 ppm
to 50 ppm, presumably due to the different chemical environments.
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Figure 2. Numeration of methylene bis-phenyl-diisocyanate (MDI) carbons in PEUA (A);
13C-NMR spectrum of PEUA (B) and PEUA-PEG obtained with a 5:1 PEG:PEUA molar ratio (C).
In the inset of B, the magnification of the signal at 175 ppm, attributed to the PEUA carboxylic group,
is reported.

In Figure 3A, the 1H-NMR spectrum of PEUA is reported. The peaks at 9.6 and 10 ppm were
attributed to urethane (NH), and the signal splitting was presumably due to the different linkers
(PPO or DHMPA). The signals in the range of 7–8.0 ppm were attributed to the MDI aromatic
ring, and the signal at 3.8 ppm was related to –CH2– between the two phenyls. The PPO methine
and methylene groups showed a wide peak at 3.4 ppm when linked to the ether oxygen, and at 4.9 ppm
when linked to the urethane NH. The signal at 3.5 ppm was attributed to the DHMPA methylene
groups while the signal at 1.1 ppm was related to the methyl groups of DHMPA and PPO.

The signals of the PEG –CH2– groups in PEUA-PEG are in the same spectral range (ca. 3.6 ppm)
as the protons of PPO (Figure 3B). The yield of functionalization was calculated by the ratio of
the intensity of the peak at 7 ppm (aromatic ring), and that of the peak at 3.6 ppm (methylene groups),
from which the contribution of PPO was subtracted. The resulting yield of esterification was ca. 30%
in the case of the polymer obtained with a 5:1 PEG:PEUA molar ratio, and 20% for the soluble portion
of the polymer obtained with a 3:1 molar ratio.
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Figure 3. 1H-NMR spectrum of PEUA (A) and PEUA-PEG obtained with a 5:1 PEG:PEUA molar ratio (B).

In segmented polyurethanes, differential scanning calorimetry can allow for not only
the determination of the polymer transition temperatures, but also the estimation of polymer hard/soft
phase segregation. Specifically, information on polymer phase segregation can be extrapolated by
the glass transition temperature (Tg), which, being characteristic of the soft phase of the polymer,
depends on the soft phase mobility, and is affected by the interaction of the soft phase with the hard
phase. An increase in the Tg value usually suggests low mobility of the soft phase, as a consequence
of an increase in hard/soft phase mixing [46]. In Figure 4, as an example, the thermograms of
PEUA and PEUA-PEG30 in cycles I and II of heating are reported, while in Table 1, the values of
the glass transition temperature, and the variation of the specific heat (ΔCp) at Tg for all of the polymers
are reported. The Tg value of free PPO, found in the literature [47], is also reported in Table 1
for comparison.
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Δ

Figure 4. Thermograms of PEUA and PEUA-PEG30 in the I cycle (A) and the II cycle (B) of heating.

In the first cycle of heating, a flex, corresponding to the glass transition of the soft phase,
and a broad endothermic band, corresponding to the melting of hard microdomains, can be observed
in the thermograms of all polymers. Such an endothermic transition was no longer observable in
the II cycle of heating. The Tg values of the PEG-functionalized polyurethanes were similar and lower
than that of PEUA (Table 1). That suggests a greater phase segregation in the PEG-functionalized
polyurethanes, compared to pristine PEUA. Presumably, PEG chains introduced in the hard phase
of PEUA favored the cohesion of the hard domains by hindering the establishment of H-bonds
among the urethane –NH groups of the hard phase and the ether oxygens of the soft phase.
Additionally, some cross-linking between the polymer hard segments could occur, and further
contribute to the segregation of the PEG-functionalized polymers. The variation in specific heat
in correspondence with glass transition is also lower in the PEG-functionalized polymers compared to
PEUA (Table 1), suggesting that a lower amount of the soft phase is involved in the glass transition.
Presumably, a higher cohesion of the hard micro-domains, or the partial cross-linking of hard segments
in the PEG-functionalized polymers can reduce the amount of the mobile portion of the soft phase.
Such a phenomenon has already been described in the literature for segmented polyurethanes
functionalized with carboxylate or sulfonate ions [48].

Table 1. Glass transition temperature (Tg) and variation of specific heat (ΔCp) at the glass transition
temperature for PEUA and PEG-functionalized polyurethanes. The glass transition temperature
of the free soft phase (PPO) is also reported, for comparison. (*) The subscript indicates that
the PEUA:PEG molar ratio employed during functionalization. Indeed, it was not possible to determine
the functionalization degree for this polymer, as it is insoluble in common solvents.

Polymer Tg (◦C) ΔCp (J/g*K)

PEUA −11 ± 2 0.50 ± 0.02

PEUA-PEG1:2
(*) −33 ± 2 0.39 ± 0.02

PEUA-PEG20 −29 ± 2 0.40 ± 0.03

PEUA-PEG30 −27 ± 2 0.43 ± 0.03

Soft phase (PPO) −67 -

In Figure 5, the thermogravimetric curves of the pristine and functionalized polymers are
reported. The first derivative of the weight vs. temperature is also reported. As it can be
observed, PEUA-PEG1:2 (obtained with a PEG:PEUA molar ratio 2:1) was the most thermally
stable polymer, presumably because of the higher crosslinking content. Pristine PEUA degraded
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mainly in one step from 250 to 400 ◦C, while the PEG-functionalized polymers showed two steps of
degradation. The first one was attributed to PEG weight loss, and the second one to the degradation of
the polyurethane backbone. By taking into consideration the weight of the PEUA repeat unit, a good
agreement between the PEG weight loss and the 30% esterification yield determined by 1H-NMR was
found for PEUA-PEG30. That was not true for PEUA-PEG20, presumably because of the chemical
heterogeneity between the polymer soluble portion submitted to 1H-NMR, and the whole-polymer
sample (soluble portion + insoluble portion) submitted to thermogravimetric analysis.

Figure 5. Thermogravimetric curves of PEUA, PEUA-PEG1:2, PEUA-PEG20, and PEUA-PEG30 (A);
first derivative (Δ(weight)/ΔT) of the thermogravimetric curves (B). The subscript 1:2 on PEUA:PEG1:2

indicates the molar ratio employed during functionalization.

Material surface hydrophilicity/hydrophobicity is a very important feature that affects bacterial
adhesion to the material itself. In general, it has been recently shown that superhydrophobic
and superhydrophilic surfaces can both prevent microbial adhesion [49]. Superhydrophobic surfaces
are those resembling the lotus leaf, which has been shown to have a water contact angle that is
higher than 150◦, and self-cleaning properties, thanks to its hierarchical micro/nanostructured surface
covered with a low surface energy waxy hydrophobic film [50]. On the other side, very hydrophilic
surfaces have intrinsic antifouling properties, due to the formation of a dense layer of water molecules,
which weakens the interaction between the bacterial cell surface and the material surface [29,51].

To evaluate the effect of PEG-grafting on polymer hydrophilicity, polymer swelling in water
and the dynamic contact angle were evaluated. Since these analyses, as well as the subsequent
mechanical and biological tests, were performed on polymer films obtained by solvent
casting (see Experimental Section), only the soluble polymers PEUA and PEUA-PEG30 will be
subsequently characterized.

In Figure 6A, the swelling curves for the two polymers are reported.
As it can be observed, PEUA-PEG30 was more strongly hydrophilic than PEUA,

reaching a swelling degree at an equilibrium of ca. 150%, compared to ca. 25% of PEUA. Such a big
increase in polymer hydrophilicity after PEUA functionalization with PEG is surely due to the PEG
intrinsic hydrophilic properties, but presumably also to the good hard/soft phase segregation of
PEUA-PEG30, which makes the polymer soft phase free to move and interact with water molecules.
This hypothesis was confirmed by the calculation of the Diffusion Coefficient (D) of water in each of
the two polymeric matrices. Specifically, in a diffusional regime in which the Fick’s first law is valid, D

can be calculated by the following equation [52]: Wtot
W∞

tot
= 4t1/2D1/2

Lπ1/2 where Weq is the amount of water

adsorbed at the equilibrium, Wt is the amount of water that is adsorbed at the specific time t, and L
is the polymer film thickness (which was assumed to be constant during swelling). This expression
describing the transport behavior of the penetrant into the polymer can be applied only to the initial
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stages of swelling, i.e., up to a 60 % increase in the mass of the polymer (Wt/Weq. ≤ 0.6) [53]. The values
of D were obtained from the plot of the ratio of the swollen polymer mass at time t, and t = eq.
(Wt/Weq), as a function of the ratio of the square root of time (t1/2), by following the initial slope
method (Figure 6B). The following D values were extrapolated: DPEUA = (1.7 ± 0.1) × 10−9 cm2·
s−1, and DPEUA-PEG30 = (5.0 ± 0.2) × 10−9 cm2 ·s−1. The higher D value of water in PEUA-PEG30

compared to PEUA suggests a higher ability of water molecules to diffuse into the polymer matrix,
presumably due to a higher mobility of the hydrophilic soft phase achieved by the higher polymer
hard/soft phase segregation.

Figure 6. Swelling curves of PEUA and PEUA-PEG30 (A); Ratio between the swollen polymer mass
at time t, and at the equilibrium (Wt/Weq), as a function of the ratio of the square root of time (B).
The diffusion coefficient was extrapolated by the slope of the linear fitting of the initial points.

Measurements of dynamic contact angle confirmed the higher hydrophilicity of PEUA-PEG30,
compared to PEUA. In such an analysis, the surface hydrophilicity (or wettability) can be evaluated [54].
In Figure 7, as an example, the profile of the two immersion cycles for PEUA-PEG30 is shown, and in
Table 2, the values of the contact angles, in advancing and in receding, and the contact angle hysteresis,
are reported. As observed in Table 2, in the first cycle of immersion, the two polymers showed
similar θav, suggesting a similar wettability. However, PEUA-PEG30 showed a significantly lower θrec

than PEUA (35 ◦ vs. 47 ◦) and, as a consequence, a higher hysteresis.
Such a finding is presumably related to the surface chemical heterogeneity of PEUA-PEG30

(greater than PEUA). Additionally, in the second immersion cycle, PEUA-PEG30 showed a kinetic
contact angle hysteresis, evidenced by the decrease of θadv from 94 ◦ to 83 ◦, suggesting a molecular
rearrangement of the polymer surface on wetting, which presumably involved the exposition of
the polar PEG chains towards water.

Langmuir firstly observed the flipping of the surfactant molecules, as polar head groups migrated
towards hydrophilic environments [55]. It was, later demonstrated that such re-organization was
driven by the minimization of the surface free energy at the interface [56].
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Figure 7. DCA cycles of immersion for PEUA-PEG30 by using the Wilhelmy plate method. In the figure,
numbers 1 to 4 indicate the position of the plate with respect to the liquid, as shown in the image below
the figure. 1—Out of the liquid; 2—point of touch of the sample with the liquid; 3—Immersion into
the liquid (θadv); 4—Emersion from the liquid (θrec).

Table 2. Contact angle values (θadv and θrec) and hysteresis (H) for PEUA and PEUA-PEG30 in the first
and second cycles of immersion.

Polymer
I cycle II cycle H

(I cycle)
H

(II cycle)Θadv Θrec Θadv Θrec

PEUA 93 ± 3 47 ± 3 92 ± 1 50 ± 3 46 42

PEUA-PEG30 94 ± 2 35 ± 3 83 ± 2 37 ± 1 59 46

The two polymers also showed significantly different mechanical properties, as shown by
INSTRON analysis. In Figure 8, the stress–strain curves of PEUA and PEUA-PEG30 are reported.

As it can be observed, both polymers showed an elongation at a break of ca. 10. The Young
Modulus, determined from the slope of the initial linear trend, was also similar for the two polymers
(EPEUA = 0.9 MPa e EPEUA-PEG30 = 0.7 MPa). However, the trend of the two stress–strain curves was
very different. Indeed, PEUA showed a Yield Point at an elongation of ca. 0.7, in correspondence
with which a collapse of the material resistance was observed. In contrast, PEUA-PEG30 showed
a typical trend of elastomeric materials, in which the Yield Point was not really clear, and the stress
increased with the elongation up to material break. The stress at break of PEUA-PEG30 (0.5 MPa)
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is also ca. one order of magnitude higher than that of PEUA (0.06 MPa). Overall, the mechanical
properties of PEUA-PEG30 are coherent, with a marked hard/soft phase segregation in this polymer
as evidenced by DSC analysis. Presumably, the presence of strong chain–chain interactions hinders
chain slippage, and make the material resistant to big deformations. In addition, the occurrence
of chemical cross-linkages between the hard segments cannot be excluded, even if the solubility of
the sample suggests a case of low cross-linking. Of course, if present, hard–hard segment cross-linkages
can further justify the elastomeric properties of the polymer.

Figure 8. Stress-strain curves of PEUA and PEUA-PEG30.

Finally, the abilities of PEUA and PEUA-PEG30 to prevent microbial adhesion and biofilm formation
was evaluated. In Figure 9, SEM micrographs showing the surface of PEUA and PEUA-PEG30

after 30 min (Figure 9A,B) or 24 hr (Figure 9C,D) incubation with S. epidermidis suspensions are reported.

  

  

  
Figure 9. Initial bacterial adhesion after 30 min incubation on PEUA (A) and PEUA-PEG30 (B).
Biofilm formation after 24 h incubation on PEUA (C) and PEUA-PEG30 (D). Scale bar = 10 μm.

As it can be noted, S. epidermidis can easily adhere to PEUA. Indeed, the presence of S.
epidermidis colonies in the first stages of adhesion could be observed on the PEUA surface (Figure 9A).
In contrast, PEUA-PEG30 was essentially free from colonization (Figure 9B). Such different initial
bacterial adhesion rates were reflected in the biofilm formations on the two polymer surfaces.
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Indeed, heavy colonization of the PEUA surface was observed with the presence of large biofilm
structures (Figure 9C) after 24 h incubation, while just a few sporadic adhering cells and small bacterial
aggregates were present on PEUA-PEG30 (Figure 9D). Such difference in biofilm formation was
confirmed by the cell count, the number of CFU per surface unit (CFU/cm2) being 4 × 108 and 7 × 105

for PEUA and PEUA-PEG30, respectively.
The excellent ability of PEUA-PEG30 to reduce bacterial adhesion and biofilm formation is

definitely related to its higher bulk and surface hydrophilicity which also presumably involve
the exposition of PEG chains at the material/water interface, as shown by dynamic contact
angle analysis. However, since the polymer does not completely inhibit bacterial adhesion,
such a system should be used in combination with other anti-biofilm molecules, to maximize its
performance [15,57,58]. Unexpectedly, the mechanical resistance of the PEG-functionalized polymer
also improved because the presence of PEG, with benefits for the application.

3. Materials and Methods

3.1. Materials

Polyethylene glycol (PEG, Mn = 1000 g/mol) (Sigma Aldrich s.r.l., Milan, Italy) was used
as received. Methylene bis-phenyl-diisocyanate (MDI) (Sigma Aldrich s.r.l.) was distilled before use.
Polypropylene oxide (PPO) (1200 g·mol−1, Sigma Aldrich s.r.l.) was degassed under vacuum at 60 ◦C
for 12 h. Di-hydroxymethyl propionic acid (DHMPA) (Sigma Aldrich s.r.l.), dicyclohexylcarbodiimide
(DCC) (Sigma Aldrich s.r.l.) and 4-dimethylaminopyridine (DMAP) (Sigma Aldrich s.r.l.) were used
as received.

3.2. Polymer Synthesis and Functionalization

A carboxylated segmented polyurethane, PEUA (one carboxyl group per repetitive unit,
Mw = 40,000 g·mol−1, Mw/Mn = 1.6, Figure 1) was synthesized by a two-step condensation of
MDI, PPO, and DHMPA in a 2:1:1 stoichiometric ratio, as previously described [43].

Functionalization of PEUA with PEG was achieved by a DCC-activated esterification of polymer
carboxylic acids, by using DMAP as an accelerator [59]. Specifically, DMAP and DCC, in equimolecular
amounts with respect to the polymer carboxyl groups, were added to a 5% (w/v) solution of PEUA in
dichloromethane at 0 ◦C. After 20 min, PEG was added in molar excess (2:1, 3:1 and 5:1) with respect
to PEUA to avoid polymer crosslinking. Temperature was then raised to 25 ◦C and the solution
was left under stirring for 24 h. After the reaction, dicyclohexylurea precipitate during polymer
functionalization was filtered. Then, the polymer was recovered by precipitation in hexane, and washed
in water to eliminate the unreacted PEG. The polymer, whose repetitive unit is reported in Figure 1,
was named PEUA-PEGX, where x is the functionalization degree.

3.3. Polymer Characterization

1H-NMR and 13C-NMR spectra were performed, employing a Varian XL 300 instrument
(Varian Inc., Palo Alto, CA, USA) and deuterated di-methylformamide (DMF-d7) as the solvent.

Differential scanning calorimetry (DSC) was performed from −100 to +150 ◦C under N2 flux by
using a Mettler TA-3000 DSC apparatus (Mettler Toledo, Columbus, Ohio, US). The scan rate used
for the experiments was 10 ◦C·min−1 and the sample weight was 6–7 mg. Thermo-gravimetric analysis
(TGA) was carried out employing a Mettler TG 50 thermobalance at a heating rate of 10 ◦C·min−1

under N2 flow in the temperature range 25–600 ◦C.
Swelling measurements of both the pristine and functionalized polyurethanes were performed

at room temperature in water. For such experiments, circular test samples (1 cm in diameter and 100 μm
in thickness) were obtained by cutting cast films of the polymers. Polymer films were obtained by
dissolving the polymer in tetrahydrofuran (5% w/v) and layering such a solution on circular Teflon
plates, 5 cm in diameter. After solvent evaporation at room temperature, polymer films were detached
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from the Teflon plates with the aid of tweezers. The polyurethane samples were then immersed in
water. At the determined times, specimens were removed from the water and weighed, after removal
of the excess of the solvent using filter paper. The analysis was repeated until a constant weight
(equilibrium swelling) was reached. The swelling degree, SD, was calculated by applying the following
equation:

SD (%) =
Wt − W0

W0

where Wt is the weight of the sample after swelling at time t, and W0 was the initial weight of
the film. Five parallel swelling experiments were performed for each sample, and data were reported
as the average value ± standard deviation.

The dynamic contact angle was performed by using a Dynamic Contact Angle Analyzer Cahn
DCA 312 (CAHN Instruments, Inc., South Carmenita Road, Cerritos, CA, USA), on the basis of
the Wilhelmy balance method. Such a method consists of detecting by a balance the change in
the weight of a thin vertical plate when it is brought in contact with a liquid. The detected weight
change is a combination of the buoyancy and the wetting force, while the gravity force remains
the same. Since the wetting force (Fw) is defined as:

Fw = γlv p cosθ

where γlv is the liquid surface tension, p is the perimeter of the sample, and θ is the contact angle,
the force change (F) detected by the balance is:

F = γlv p cosθ − VΔρ g

where V is the volume of the displaced liquid, Δρ is the difference in density between the liquid
and air, and g is the acceleration of gravity. Thus, as long as γlv and the solid perimeter (p) are known,
the contact angle value can be determined.

Contact angle measurements were performed with an immersion rate of 20 μm/s, carrying out
two consecutive immersion cycles. In the second immersion cycle, the immerged area of the sample
was greater than that of the first cycle, in order to verify the absence of the release of substances from
the sample into water. The analyses were performed on samples obtained by layering the polymer on
rectangular glass coverslide (1 cm × 2 cm) by solvent casting. When the sample was immersed into
the liquid, the advancing contact angle (θadv) was recorded, while when the sample was emerging,
the receding contact angle (θrec) was measured (Figure 8). The difference between the advancing
and the receding angles is called the contact angle hysteresis (H = θadv − θrec), which mainly arises
from surface roughness and/or chemical heterogeneity [60]. However, other factors, including liquid
adsorption and retention, or molecular rearrangement on wetting, can contribute to hysteresis [61].

The mechanical properties of the pristine and functionalized polyurethanes were studied by tensile
tests, which were carried out with an ISTRON 4502 instrument (Instorn Inc., Norwood, MA, USA).
Measurements were performed on rectangular polymer films (50 mm long × 6 wide × 0.2 thick),
by employing a 10 N load cell and a deformation rate of 50 mm·min−1.

3.4. Bacterial Strains and Culture Medium

For an evaluation of the antifouling features of polymers, the oxacillin-resistant
Staphylococcus epidermidis ATCC 35984, a strong exopolysaccharide producer [62], was routinely
grown in tryptic soy agar (TSA) and tryptic soy broth (TSB). Biofilm production was assessed according
to the protocol described by Francolini et al. [63].

3.5. Assessment of the Polymer Ability to Prevent Bacterial Adhesion and Biofilm Formation

To evaluate the effect of polyurethanes on bacterial adhesion and biofilm formation, test tubes were
filled with 2.5 mL of a bacterial suspension (0.5 McFarland) and grown at 37 ◦C in TSB supplemented
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with 1% glucose, to promote massive exopolysaccharide production. One tube was used as a reference
(control), while polymer discs (1 cm in diameter, 100 μm in thickness) were introduced into the other
tubes. Tubes were incubated at 37 ◦C for 30 min to assess early bacterial adhesion, or for 24 h to assess
late bacterial adhesion [64,65].

After incubation, bacterial adhesion and biofilm formation were assessed by scanning electron
microscopy (SEM, Assing, Rome, Italy). Specifically, polymer discs were collected, washed twice with
PBS (pH 7.4) to remove loosely adherent cells, fixed with 2.5% glutaraldehyde in 0.1 M cacodylate
buffer (pH 7.4) at room temperature for 30 min, dehydrated through graded ethanol, treated with
hexamethyldisilazane for 20 min, and gold-sputtered for SEM observation.

Polymer discs incubated with bacterial suspension for 24 h (biofilm formation) were also
submitted to colony forming unit (CFU) counts. Specifically, disks were put into test tubes with 10 mL
of phosphate buffer, and sonicated for 5 min to remove the adherent cells. Six 10-fold dilutions
were prepared, and three 10 μL aliquots of each dilution were plated onto TSA plates. Plates were
then incubated at 37 ◦C for 18 h, and CFUs were counted and referred to the polymer surface unit
(CFUs/cm2).

3.6. Statistics

Analysis of variance comparisons were performed using Mini-Tab. Differences were considered
significant for p < 0.05. Data are reported as means ± SD.

4. Conclusions

This study confirms the strong antifouling ability of polyethylene glycol materials, and shows
the great potential for PEG-grafting to confer bacterial resistance properties to segmented
polyurethanes. Indeed, the functionalization of a thermoplastic polyurethane with PEG resulted
in a material with superior elastomeric properties, and the ability to prevent the adhesion of
the Gram-positive S. epidermidis, a microbial pathogen that is commonly isolated in medical
device-related infections. Additionally, since the developed antifouling material is intrinsically active,
it does not exhaust its activity over time, and it could provide long-term protection, at least in
principle. Under an applicative point of view, the PEG-functionalized polyurethane obtained in this
study could find a role in several biomedical applications, spanning from intravascular medical device
manufacturing to wound dressings, where it could be applied as an antifouling coating, or incorporated
within the bulk structure.
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Abstract: The protease α-chymotrypsin (α-CT) was covalently immobilized on a low-density
polyethylene (LDPE) surface, providing a new non-leaching material (LDPE-α-CT) able to preserve
surfaces from biofilm growth over a long working timescale. The immobilized enzyme showed a
transesterification activity of 1.24 nmol/h, confirming that the immobilization protocol did not
negatively affect α-CT activity. Plate count viability assays, as well as confocal laser scanner
microscopy (CLSM) analysis, showed that LDPE-α-CT significantly impacts Escherichia coli biofilm
formation by (i) reducing the number of adhered cells (−70.7 ± 5.0%); (ii) significantly affecting
biofilm thickness (−81.8 ± 16.7%), roughness (−13.8 ± 2.8%), substratum coverage (−63.1 ± 1.8%),
and surface to bio-volume ratio (+7.1 ± 0.2-fold); and (iii) decreasing the matrix polysaccharide
bio-volume (80.2 ± 23.2%). Additionally, CLSM images showed a destabilized biofilm with many
cells dispersing from it. Notably, biofilm stained for live and dead cells confirmed that the reduction
in the biomass was achieved by a mechanism that did not affect bacterial viability, reducing the
chances for the evolution of resistant strains.

Keywords: biofilm; anti-biofilm surface; surface functionalization; α-chymotrypsin; proteinase

1. Introduction

The main strategy for limiting bacterial loading in medical and industrial settings relies on
regular cleaning and disinfection treatments aimed at killing the microbial cells on solid surfaces [1].
The incorporation of disinfectants, antiseptics, antibiotics, and metallic nanoparticles into several
materials has also been proposed as a strategy to minimize pathogen growth on surfaces [2–5].
However, these strategies have shown limited efficacy and recurrent drawbacks, making their use
questionable [2,6].

The major concern lies in the property of bacteria to coexist in a protective self-produced
extracellular matrix within an extremely coordinated and structured surface-adhered community,
known as biofilm [7]. It has been established that antibiotic overuse also triggers increased multidrug
resistance in many microbial taxa [8,9]. Biofilms display high tolerance to antimicrobial agents as a
result of the matrix itself, which acts as a protective barrier, and because of the reduced metabolic
rate of bacteria and the presence of some dormant cells highly tolerant to a variety of drugs [10].
Additionally, most antimicrobial-releasing materials have shown a discontinuous release rate and
short-term efficiency, typically no longer than 24 h, which make them less suitable for long-term
applications [11,12].
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In the last decade, researchers have concentrated their attention on approaches involving
mechanisms of action that do not affect microbial life, including those that sabotage the biofilm
lifestyle in a non-toxic way, and with modalities that decrease the selection pressure for drug-resistant
mutations [13]. A straightforward approach is to target the biofilm matrix. Indeed, the deployment of
enzymes that degrade the polymers that make up the biofilm matrix have been proposed as an effective
approach to impact biofilm architecture while still preserving cell integrity [14]. Since a biofilm matrix
encases bacterial cells within the biofilm colony, matrix degradation results in the destabilization of
the biofilm organization and its physical integrity [15]. Therefore, the biofilm multicellular structure is
compromised with a modality that does not affect cellular functions crucial for microbial survival [14].
For example, glycosidases as well as proteases or deoxyribonuclease have been reported to degrade
bacterial matrix [16–19].

Despite these promising results, the real application of these molecules has been less feasible due
to the lack of a suitable technology for efficiently retaining the anti-biofilm enzyme over a working
timescale. Indeed, until now, attention has been mainly focused on the activity of enzymes in solution
or as coatings. In addition, most of the effects studied occur during the initial surface attachment
phase, which only partially involves matrix production by cells [13].

In the present work, the protease α-chymotrypsin (α-CT) was covalently immobilized on a
low-density polyethylene (LDPE) surface to provide a new non-leaching material able to preserve
surfaces from biofilm growth over a long working timescale. Immobilization makes enzymes
more robust and more resistant to environmental changes in comparison to the counterpart free
in solution [20]. More importantly, the heterogeneity of the immobilized enzyme systems allows
continuous operation of enzymatic processes and rapid reactions [20]. As this strategy does not act
by killing cells, it does not impose a selective pressure that would cause the onset of resistance [21].
Additionally, as the multicellularity of the biofilm is compromised, the planktonic state might be
forced, restoring the efficacy of antimicrobial agents [22]. Notably, in this paper the anti-biofilm
activity of immobilized enzymes was tested using a high-level and realistic approach by setting up
an Escherichia coli laboratory-scale model system able to simulate the real conditions encountered
in vivo, and provides information about the new material effect on the structure of a well-established
mature biofilm [23].

2. Results

2.1. Immobilized α-CT Retains Its Activity

The possibility to link enzymes to plastics (e.g., polypropylene and polyethylene) was previously
shown by our team [24]. The procedure indicates that the preventive plasma treatment of the surface
is crucial for providing the plastic surface with functional groups exploitable for the covalent binding
of the enzyme to the surface by glutaraldehyde (GA). Herein, on the basis of these previously reported
results obtained with different proteases, α-CT immobilization was carried out by submitting LDPE
coupons to a plasma treatment for 30 min and using GA as a linker. After washing (no leaching
was observed on placing the coupons in water before their use) and drying, LDPE-α-CT showed
transesterification activity in toluene of 1.24 nmol/h. Enzyme activity was measured in organic solvent
as, in the immobilized form, the enzyme catalyzes the reaction in an insoluble form (heterogeneous
solid/liquid catalysis), i.e., in the presence of mass transfer limitation conditions [25]. In this physical
condition, the enzyme activity tested in organic solvent gave more reproducible results with respect to
the methods carried out in aqueous media.

2.2. LDPE-α-CT Reduces Biofilm Biomass

Experiments showed that LDPE-α-CT had an optimal anti-biofilm performance, reducing
viable adhered cells by 70.7 ± 5.0% in comparison to the LDPE control surface (Figure 1).
Significant differences were also detected among the negative control samples, namely LDPE and
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LDPE-GA (Figure 1). Indeed, the number of adhered cells on LDPE-GA was 31.0 ± 5.8% lower than
those attached on LDPE.

 
Figure 1. Biomass within the biofilm grown on non-functionalized (low-density polyethylene (LDPE)
and LDPE-glutaraldehyde (GA)) and functionalized polyethylene surfaces (LDPE-α-chymotrypsin
(α-CT)) by plate count viability assay. Data represent the mean ± standard deviation of four
independent measurements. Letters a, b and c indicate significant differences (Tukey’s honest significant
different (HSD) test, p ≤ 0.05) between the means of different surfaces.

2.3. LDPE-α-CT Reduces Biofilm Biomass without Affecting Cell Viability

Epifluorescence microscopic techniques were additionally used to provide image analysis and
in situ quantification of bacterial cells. Figure 2 shows direct microscope visualizations of the total
biofilm biomass on functionalized and non-functionalized coupons, stained for live and dead cells.

Microscope assay revealed that the biofilm displayed a number of dead cells lower than 1.9 ± 1.1%,
with no significant differences in the percentage of stained area between the LDPE and LDPE-GA
surfaces, whereas a lower number of dead cells were found on LDPE-α-CT (Figure 2) (dead cells:
LDPE: 1.9 ± 1.1%; LDPE-GA: 1.3 ± 1.1%; LDPE-α-CT: 0.7 ± 0.5%).

Biofilm on LDPE-α-CT showed a decreased number of live cells compared to the LDPE control
surface, by up to 66.4 ± 11.0%, confirming results obtained in the plate count viability assay (Figure 2)
(live cells: LDPE: 73.0 ± 14.1%; LDPE-α-CT: 24.5 ± 6.6%). A reduction of 23.9 ± 2.9% in the percentage
of live cells on LDPE-GA compared to LDPE cells was also detected (live cells: LDPE-GA: 56.2 ± 7.0%)
(Figure 2).

Statistical analysis of relative viability revealed no significant difference between LDPE, LDPE-GA,
and LDPE-α-CT materials (relative viability: LDPE: 39.3 ± 15.5; LDPE-GA: 42.6 ± 7.5; LDPE-α-CT:
36.3 ± 4.8).

Coupons without biofilm and stained with the same dye did not produce detectable fluorescence,
therefore no false positive signals were produced (Figure 2E).
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Figure 2. Epifluorescence microscope analysis. (A) Percentage of live and dead cells within the
biofilm grown on non-functionalized (LDPE and LDPE-GA) and functionalized polyethylene surfaces
(LDPE-α-CT). Data represent the mean ± standard deviation of four independent measurements.
Letters a, b and c indicate significant differences (Tukey’s HSD, p ≤ 0.05) between the means of different
surfaces. (B–D) Representative epifluorescence microscope images of E. coli biofilm stained with a
Live/Dead BacLight viability kit and grown on LDPE (B), LDPE-GA (C), and LDPE-α-CT (D) surfaces
(60×, 1.0 NA water immersion objective). Green fluorescence corresponds to E. coli live cells (λex:
480 nm and λem: 516 nm) and red fluorescence corresponds to E. coli dead cells (λex: 581 nm and λem:
644 nm). (E) Representative epifluorescence microscope image of LDPE, LDPE-GA, and LDPE-α-CT
without biofilm and stained with a Live/Dead BacLight viability kit showing no detectable fluorescence.
Scale bar = 20 μm.

2.4. LDPE-α-CT Affect Biofilm Morphology

Biofilm morphology was assessed by confocal laser scanner microscopy (CSLM) after staining with
SYBR Green I and Texas Red-labeled concanavalin A. Projection analysis as well as three-dimensionally
(3D) reconstructed CLSM images showed a complex biofilm on the LDPE biofilm with an intense red
and green signal corresponding to multi-layers of cells (green signal) organized in macro-colonies
inside a well-structured polysaccharide matrix (red signal) (Figure 3A–C). Interestingly, cells were
mostly located at the bottom of the biofilm, in contact with the surface, whereas the matrix was
generally found over the cellular component. On the contrary, biofilm growth on LDPE-α-CT resulted
in a significant decrease of thickness with a mono-layer of dispersed cells and very low presence of
polysaccharide matrix (Figure 2B–D). In addition, there were many cells dispersing from the biofilm.

No detectable fluorescence was observed when coupons without biofilm were stained with the
same dyes, indicating that false positive signals were not produced (Figure 3E).
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Figure 3. Confocal laser scanning microscopy analysis. Representative projection analysis (A,B)
and three-dimensionally (3D) reconstructed CLSM images (C,D) of E. coli biofilm grown on
non-functionalized LDPE surface (A,C) and LDPE-α-CT (B,D) functionalized surface (63×, 0.9 NA
water immersion objective). The arrows indicate cells detaching from the biofilm. Live cells were stained
green with SYBR Green I (λex at 488 nm, λem at 520 nm), whereas the polysaccharide matrix was stained
red with Texas Red-labeled concanavalin A (ConA) (λex at 543 nm, λem at 615 nm). (E) Representative
3D reconstructed CLSM images of LDPE and LDPE-α-CT without biofilm and stained with SYBR
Green I or Texas Red-labeled ConA showing no detectable fluorescence. Scale bar = 20, 30, or 40 μm.

Table 1 provides the morphological parameters of biofilm grown on LDPE, LDPE-GA,
and LDPE-α-CT. CLSM image analysis showed that the biofilm grown on LDPE and LDPE-GA control
surfaces reached about 20 μm in thickness. On the contrary, the biofilm on LDPE-α-CT displayed a
thickness below 4 μm, with a decrease of up to 81.8 ± 16.7% with respect to the biofilm grown on
LDPE. Additionally, biofilm roughness was slightly decreased in both LDPE-GA (−13.8 ± 1.7%)
and LDPE-α-CT (−13.8 ± 2.8%), indicating a more uniform biofilm layer in comparison to the
control LDPE biofilm. On LDPE-α-CT, the substratum covered by biofilm was significantly lower
(−63.1 ± 1.8%) than that in the corresponding non-functionalized LDPE. Interestingly, a small
reduction in the substratum coverage was also recorded for the biofilm grown on LDPE-GA
(−13.8 ± 1.7%). Total bio-volume of the biofilm grown on LDPE-α-CT was found to be significantly
decreased compared to both LDPE and LDPE-GA biofilms, with a reduction of up to the 78.0 ± 16.1% in
comparison to the LDPE control surface. Indeed, LDPE-α-CT exhibited a reduced cellular bio-volume
by 71.7 ± 3.4% and a reduced polysaccharide matrix bio-volume by 80.2 ± 23.2% compared to the
LDPE surface. Additionally, a statistically significant reduction in the cellular bio-volume was found
in the biofilm grown on LDPE-GA compared to that grown on LDPE (−21.8 ± 1.0%). The matrix/cell
bio-volume ratio always displayed a value over 1.9 with no statistically significant differences among
surfaces, which indicates a predominance of matrix with respect to the cellular component. The biofilm
exposed surface/bio-volume ratio significantly increased when biofilm was grown on LDPE-α-CT
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(7.1 ± 0.2-fold) whereas no significant differences were detected between biofilms grown on LDPE
and LDPE-GA.

Table 1. Biofilm morphological parameters of biofilm grown on non-functionalized (LDPE, LDPE-GA)
and functionalized polyethylene surfaces (LDPE-α-CT). In the brackets, percentage reduction/increase
in comparison to the LDPE control sample is reported when significant. Data represent the mean ±
standard deviation of four independent measurements.

Parameter LDPE LDPE-GA LDPE-α-CT

Thickness (μm) 20.5 ± 5.0 a 19.1 ± 4.9 a 3.7 ± 1.1 b

(−81.8 ± 16.7)

Roughness 0.25 ± 0.03 a 0.22 ± 0.02 b

(−11.1 ± 1.0)
0.21 ± 0.04 b

(−13.8 ± 2.8)

Substratum coverage (%) 72.3 ± 3.8 a 62.3 ± 1.2 b

(−13.8 ± 1.7)
26.7 ± 1.3 c

(−63.1 ± 1.8)

Total bio-volume
(μm3 μm−2) 89.4 ± 20.1 a 76.3 ± 21.2 a 19.7 ± 4.1 b

(−78.0 ± 16.1)

Cells bio-volume
(μm3 μm−2) 23.7 ± 4.0 a 18.5 ± 0.9 b

(−21.8 ± 1.0)
6.7 ± 0.3 c

(−71.7 ± 3.4)

Polysaccharide matrix
bio-volume (μm3 μm−2) 65.8 ± 7.8 a 57.8 ± 14.9 a 13.0 ± 3.8 b

(−80.2 ± 23.2)

Matrix/cells
bio-volume ratio 2.8 ± 0.6 a 3.1 ± 0.8 a 1.9 ± 0.5 a

Surface/bio-volume
(μm2 μm−3) × 10−2 1.1 ± 0.3 a 1.3 ± 0.4 a 8.7 ± 1.7 b

(+7.8 ± 1.6-fold)

Superscript letters a, b and c indicate significant differences (Tukey’s HSD, p ≤ 0.05) between the means of
different surfaces.

3. Discussion

In this study, the protease α-CT was covalently and irreversibly immobilized on an LDPE
surface to provide a new material with anti-biofilm properties. LDPE was chosen as it is a polymer
with excellent chemical resistance, low wetting properties in aqueous media, high impact strength,
light weight, and high flexibility [26,27] and is currently used for many applications, e.g., biomedical
devices [28] and food packaging [29].

Among others (e.g., subtilisin Carlsberg from Bacillus licheniformis, lipase from Burkholderia cepacia
or pectinase from Aspergillus niger), α-CT was preferred as, in a previous work by these authors,
this enzyme showed the highest transesterification activity once immobilized with GA [24,30]. Notably,
the same authors observed an increase in the catalytic activity of α-CT after treatment with GA [31].
In addition, several studies confirmed the ability of α-CT to limit biofilm formation on solid surfaces,
both free-in-solution treatment as well as in coatings [32–37].

Beside the previously promising results, the use of the free enzyme has drawbacks resulting
from sensitivity to process conditions, low stability, or propensity to be inhibited by other molecules.
Indeed, applications are limited by the lack of long-term operational stability and the technical
challenge of enzyme recovery and reuse [38]. Additionally, enzyme coatings suffer decreased activity
as degradation of the coating quickly occurs [39].

Compared to the enzyme used free in solution as well as in coatings, chemical immobilization
ensures the retention of the catalytic activity, which allows the enzyme to be used repeatedly and
continuously, as well as confining the protease activity where biofilm formation occurs [30,38].
Indeed, the nature of the covalent binding guarantees the long life of the material since molecules
are permanently attached and integrated into the polymer scaffold structure [40], preserving the
surrounding environment from enzyme contamination. This is especially useful in those fields where
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chemical contamination in the final product must be avoided for safety reasons, e.g., in food contact
processing surfaces [41]. In addition, immobilization enhances the enzyme stability under both
storage and operational conditions, e.g., by increasing its thermal stability, and therefore making
it more attractive for diverse applications, especially when surfaces are subjected to harsh reaction
conditions [24,31,42]. Recently, Spadoni-Andreani et al. [37] covalently linked α-CT on polypropylene,
thus providing a new material able to preserve the surface from Candida albicans colonization.
The authors carried out covalent enzyme immobilization by activating the surface with a plasma
treatment and linking the enzyme with GA. Herein, a similar protocol was applied, and α-CT was
immobilized on LDPE coupons after a plasma treatment of 30 min and using GA as a linker.

Plasma technology was previously employed to improve LDPE surface properties, leading to the
generation of activated species including hydrophilic functional groups on the first molecular layers
of the material [40]. Functional groups allowed the initiation of the surface enzyme immobilization
using GA as a linker. Among various cross-linking agents, GA has been long used for protein
immobilization, including a number of enzymes [43–45]. Indeed, GA has been successfully used to
covalently immobilize α-CT onto modified polyvinyl chloride microspheres [46] as well as on silica
beads [47]. Here, for the first time, the peculiar properties of plasma technology and GA were combined,
giving the right condition for α-CT immobilization on the LDPE surface. Indeed, the plasma treatment
was crucial for providing the plastic surface with functional groups exploitable for the covalent
binding of the enzyme to the surface, whereas the inclusion of the spacer GA was essential to improve
conformational flexibility, to restrict interaction among immobilized enzyme molecules, and to enhance
enzymatic activity [37]. Previous literature also highlighted the role of GA in retaining much of the
original activity of enzyme when used as linker in the immobilization process, allowing the new
material to be reused more than six times without loss of efficacy [46]. The combination of plasma
treatment with a linker seems also to be instrumental to retain the anti-biofilm activity over a long
timescale. Indeed, in the past, the coupling of plasma treatment with the linker 2-hydroxyethyl
methacrylate was used to functionalize LDPE surfaces with small molecules, providing new materials
able to maintain their anti-biofilm performance after having been used for more than 10 times [40].

In a previous work by these authors, it was shown that α-CT activity was negligibly affected
by the immobilization reaction with GA. Furthermore, it was shown that GA has an activating effect
on α-CT [31]. In line with the previous work, α-CT immobilized on LDPE showed protease activity,
confirming that immobilization did not affect the enzyme activity. This promising result opens up
the possibility to extend the adopted immobilization protocol to other polymeric materials. Notably,
the use of plasma technology coupled with GA makes all surfaces, including those that do not possess
the required chemical features, suitable for covalent binding [45,48]. Plasma sources can be also
used to modify three-dimensional structures and is therefore not limited to thin, flat samples [49].
Moreover, GA is not corrosive to various substrata, including stainless steel, soft metals, rubber,
and glass [50]. In this paper, the ability of the new material to affect cell adhesion and biofilm structure
was evaluated against E. coli, using a Center for Disease Control (CDC) biofilm reactor able to simulate
the conditions to which surfaces of a wide range of applications are subjected during their use,
according to previous literature [51,52]. Moreover, with the aim of transferring the technology to
consumer products suitable for widespread application, standard procedures were used to evaluate
the efficacy of the anti-biofilm material.

Experiments showed that the biofilm was significantly affected when grown on LDPE-α-CT.
Plate count viability assays as well as CLSM analysis displayed a significant reduction in both the
amount of adhered cells (over 70%) and matrix production (up to 80.2%). Biofilm stained for live
and dead cells confirmed that the reduction in biomass was achieved by a mechanism that did not
affect bacterial viability, reducing the chances for the evolution of resistant strains [22]. Morphology
analysis displayed a statistically significant decrease of biofilm thickness on LDPE-α-CT (up to 81.8%),
whereas the biofilm exposed surface/bio-volume ratio was found to be significantly increased (up
to 7.1-fold). A high surface to bio-volume ratio usually corresponds to the presence of single cells
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and small cell clusters attached to the substratum [53]. Moreover, it is an indicative parameter of
biofilm adaptation to the environment and it has been shown to increase in stress conditions [54].
Indeed, an increase in the specific surface area of the biofilm could optimize nutrient capture from the
environment, especially when the role of the matrix to retain nutrient particles fails [55].

E. coli autotransporter adhesins, e.g., the outer membrane protein Antigen 43, were found to
be instrumental in promoting cell-to-cell adhesion and aggregation at the initial stages of biofilm
formation [56–58]. Moreover, E. coli proteinaceous amyloid curli fibers play important roles in
the irreversible adhesion, enhance initial cell-cell interactions, and ensure the integrity of the
three-dimensional biofilm architecture [59–65]. Notably, the inhibition of curli assembly has been
found to result in a decrease of E. coli biofilm formation, with no apparent bactericidal or bacteriostatic
effects [66]. Extracellular proteins also regulate biofilm detachment and dispersal through the
enzymatic degradation of polysaccharides, proteins, and nucleic acids [67,68]. Serine proteases,
including α-CT, have been reported to be effective in biofilm eradication via hydrolysis of both the
proteinaceous component of the matrix and the proteins (e.g., adhesins) involved in cell adhesion
to the surface [14,69,70]. Therefore, as proteins are essential for biofilm formation, their inactivation
through the cleavage of their peptide bonds inevitably results in a weakened biofilm.

According to previous literature, in this study, 3D reconstructed CLSM images showed a seriously
destabilized biofilm with many cells being dispersed from the substrate. Since the extracellular matrix
holds the individual cells together, the enzymatic degradation of the matrix proteins inevitably causes
a massive cellular dispersal event [14,22]. Once cells have returned to the planktonic lifestyle, they are
more susceptible to both immune systems and the conventional antimicrobials as compared to those
in intact biofilm [71]. Additionally, the increased values of the surface to bio-volume ratio leave
more biofilm surface available for antibiotic action [72]. Therefore, the combination of a LDPE-α-CT
surface with conventional antimicrobial treatments might be a step toward maximizing the anti-biofilm
performance of this new material, making cleaning treatments and disinfection procedures effective at
low doses. This allows a more potent control against the development of drug-resistant strains [73].

The effect of the introduction of a GA linker into the LDPE polymer backbone on biofilm
formation was also evaluated. Indeed, the experiments showed that the linked GA alone
contributed, though slightly, to decrease the biofilm formation on the surface (up to 31.0%)
(Figure 2A,C), with a mechanism that did not affect cell viability. A weak GA effect on Bacillus cereus,
Pseudomonas fluorescens, Staphylococcus aureus, and E. coli biofilm formation was previously reported in
the literature [74–77]. However, these studies highlighted that GA had a significant effect on biofilm
removal, inducing sloughing events, only under long-term exposure [75]. The anti-biofilm effect of
GA could be attributed to its two aldehyde groups which can interact with microbial cell constituents,
among these the amino groups of the proteins within the biofilm. Indeed, GA forms methylene bridges,
which may play a part in subsequent reactions including cross-linking with another protein chain in
the cells. This leads to the removal of water from the biofilm followed by a dehydration effect [77,78].
In addition, it is reported that GA causes the deformation of alpha-helix structures in proteins on
the outer cellular layers [79], which may include some proteins important for bacterial adhesion and
biofilm formation. Indeed, studies have shown the strong binding of GA to the outer membrane
proteins of E. coli [80], and its role in E. coli biofilm formation is well known [81]. Other researchers
have suggested that GA also reacts with proteins of the polymeric matrix, leading to the disruption of
the matrix structure [74]. Notably, GA is reported to enhance enzyme activity in the immobilization
process as it introduces intermolecular cross-linking in proteins or it improves the attachment of
enzyme molecules to the support [31,82].
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4. Materials and Methods

4.1. Polymeric Surface Preparation

LDPE coupons (Ø 1.3 cm) were functionalized with α-CT according to
Spadoni-Andreani et al. [31]. Briefly, LDPE coupons were preventively washed with bi-deionized
water and acetone and then dried. Next, they were activated by exposure to O2 plasma for 30 min
using a Harrick Plasma PDC-002 plasma cleaner (740 V, 40 mA, 29.6 W, Ithaca, NY, USA). This step
is crucial for the chemical functionalization of the coupon surface (e.g., the formation of carboxyl
and hydroxyl groups) [24]. Just after the plasma treatment, enzyme immobilization was carried out,
loading onto the coupon 80 μL of α-CT solution (5 mg/mL) in buffer A (0.02 M potassium phosphate,
pH 7.2), containing 0.005% (v/v) glutaraldehyde (GA). Then the solution was left to evaporate
overnight at 25 ◦C and under vacuum. Control coupons were analogously prepared without α-CT.

4.2. Evaluation of Immobilized α-CT Activity

Activity of the immobilized α-CT was tested in toluene (0.5 mL) measuring the alcoholysis rate of
N-acetyl phenylalanine ethyl ester (1 mg/mL) in the presence of 1-propanol (5%). Tests were carried out
using 3-mL vials shaken at 150 rpm at 25 ◦C. At a scheduled time, product formation was analyzed by
a GC-FID Agilent 6850 (Santa Clara, CA, USA) networked GC system and with a polydimethylsiloxane
column (30 m, 0.32 mm, film thickness 0.25 μm) (Agilent Technologies 19091Z-413E) with H2 as carrier
gas and N2 and air as support gases, split 80, constant flow 2.7 mL/min, injector and FID heated at
250 ◦C, with a temperature ramp of 10 ◦C/min from 160 ◦C, held for 0.5 min, further heated to 240 ◦C,
and held for 1 min.

4.3. E. coli Strain and Growth Condition

E. coli strain MG1655 was used as a model system for bacterial biofilms, being a cosmopolitan
bacterium that shares a core set of genes with clinically relevant serotypes and foodborne pathogen
strains, including genes involved in biofilm formation [83]. The strain was stored at −80 ◦C in
suspensions containing 20% glycerol and 2% peptone, and was routinely grown in Luria–Bertani broth
(LB, Sigma-Aldrich, St. Louis, MO, USA) at 37 ◦C.

4.4. Biofilm Growth in the CDC Reactor

E. coli biofilm was grown on non-functionalized (LDPE and LDPE-GA) and functionalized
(LDPE-α-CT) coupons in the CDC biofilm reactor (Biosurface Technologies, Bozeman, MT, USA)
according to Cattò et al. [84]. Briefly, the bioreactor was inoculated with 400 mL of sterile LB medium
with the addition of 1 mL of diluted pre-washed overnight culture containing 107 cells of E. coli.
The culture was grown at 37 ◦C with continuous stirring for 24 h. When the 24-h adhesion phase was
over, the peristaltic pump was started and sterile 10% LB medium was continuously pumped into the
reactor at a rate of 8.3 mL/min. After 48 h of dynamic phase, functionalized and non-functionalized
coupons were removed, gently washed with phosphate-buffered saline (PBS, 0.01 M phosphate buffer,
0.0027 M potassium chloride, pH 7.4) and processed for analysis.

4.5. Plate Count Viability Assay

Collected coupons were transferred to 5 mL of PBS, and sessile cells were removed from the
coupon surface by 30 s vortex mixing and 2 min sonication (Branson 3510, Branson Ultrasonic
Corporation, Dunburry, CT, USA) followed by another 30 s vortex mixing. Serial dilutions of the
resulting cell suspensions were plated on Tryptic Soy Agar (TSA, Fisher Scientific, Pittsburgh, PA,
USA) and incubated overnight at 37 ◦C. Colony forming units (CFUs) were determined by the
standard colony counting method. Obtained data were reported as the number of viable bacterial
cells normalized to the area and means were calculated. The efficacy of the anti-biofilm material was
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calculated as the percentage reduction of the CFUs with respect to the LDPE control. Four coupons for
each surface were analyzed. The experiment was repeated four times for a total of 16 coupons analyzed.

4.6. Epifluorescence Microscopy Analysis

The percentage of live and dead cells in the biofilm biomass grown on both non-functionalized
and functionalized coupons was determined using a Live/Dead BacLight viability kit (L7012,
Molecular Probes-Life Technologies, Thermo Fisher Scientific, Waltham, MA, USA). Biofilm was
incubated with 2 μL of each fluorescent probe per ml of sterile filtered PBS at room temperature in
the dark for 25 min and then rinsed with sterile PBS, according to the manufacturer’s instruction.
Coupons without biofilm were also stained with the dyes in order to exclude any false positive
signals. Biofilm samples were visualized using a Nikon Eclipse E800 epifluorescent microscope with
excitation at 480 nm and emission at 516 nm for the green channel and excitation at 581 nm and
emission at 644 nm for the red channel (Tokyo, Japan). Images were captured with a 60×, 1.0 NA
water immersion objective and analyzed via MetaMorph 7.5 software (Molecular Devices, Sunnyvale,
CA, USA). The percent area of stained cells was obtained by calculating at least 10 random images for
each sample. The efficacy of the anti-biofilm material was calculated as the percentage reduction in the
stained cell area with respect to the LDPE control images. Relative viability within the biofilm was
determined by dividing the percent area of the live cells by the percent area of the dead cells in each
sample. Four coupons of each surface were analyzed. The experiment was repeated four times for a
total of 16 coupons analyzed.

4.7. Confocal Laser Scanning Microscopy (CLSM) Analysis

Three-dimensional morphology of biofilm growth on non-functionalized and functionalized
surfaces was analyzed by CLSM according to Cattò et al. [85]. Biofilm was stained with
200 μg/mL lectin concanavalin A-Texas Red conjugate dye (C825, Molecular Probes-Life Technologies,
Thermo Fisher Scientific) to visualize the polysaccharide component of the extracellular polymeric
substances (EPS) and 1:1000 SYBR Green I fluorescent nucleic acid dye (S7563, Molecular Probes-Life
Technologies, Thermo Fisher Scientific) to display biofilm cells, in the dark for 30 min. Coupons without
biofilm were also stained in order to exclude any false positive signals. Biofilm samples were visualized
using a Leica SP5 CLSM with excitation at 488 nm and emission at 520 nm for the green channel
and excitation at 543 nm and emission at 615 nm for the red channel. Images were captured with a
63×, 0.9 NA water immersion objective and projections and 3D reconstructed images of biofilm were
generated using the Imaris software package (Bitplane Scientific Software, Zurich, Switzerland).

Quantitative biofilm structural parameters were calculated, including (i) mean thickness,
which identifies the mean distance from the substratum in the direction normal to the substrate
where there is biofilm; (ii) roughness, a quantity calculated from the thickness distribution and that
describes the heterogeneity of the biofilm; (iii) substratum coverage, the percentage of substrate area
occupied by the biofilm; (iv) surface-to-volume ratio, which reflects the fraction of biofilm area that is
exposed to nutrients; and (v) bio-volume, of both cells and the polysaccharide matrix, which provides
an estimation of the biomass in the biofilm [86]. Biofilm morphological parameters were obtained via
MetaMorph 7.5 (Molecular Devices, Sunnyvale, CA, USA) and COMSTAT software from at least five
random images for each sample according to Heydorn et al. [53]. Four coupons of each surface were
analyzed. The experiment was repeated four times for a total of 16 coupons analyzed.

4.8. Statistical Analysis

Two-tailed ANOVA analysis, via software run in a MATLAB environment (Version 7.0,
The MathWorks Inc., Natick, MA, USA), was applied to statistically evaluate any significant differences
among the samples and concentrations. The ANOVA analysis was carried out after verifying data
independence (Pearson’s Chi-square test), normal distribution (D’Agostino-Pearson normality test),
and homogeneity of variance (Bartlett’s test). Tukey’s honest significant different test (HSD) was used
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for pairwise comparison to determine the significance of the data. Statistically significant results were
depicted by p < 0.05.

5. Conclusions

In this work, α-CT was successfully immobilized on an LDPE surface to provide a new
material able to inhibit biofilm colonization. The multiple-target nature of the protease activity
allows the new material to be used with a broad-spectrum activity against polymicrobial infections,
including drug-resistant strains. Indeed, the use of drugs that impact multiple targets simultaneously
is better at controlling complex disease systems, e.g., biofilms, and makes resistance development
rather unlikely [87–89].

LDPE-α-CT may provide a solution to potentiate the anti-biofilm activity of conventional
antimicrobials that are otherwise largely effective only against planktonic bacteria. Indeed, in many
industrial and clinical sector surface treatments that retard biofilm formation could represent a great
step forward against the challenge of biofilm formation [90]. Nowadays, the combination of antibiotics
with anti-biofilm mechanisms leading to synergism is considered the best solution for the treatment of
biofilm [91,92].

Both LDPE and α-CT are currently available at affordable prices, providing a positive
foundation for the production of LDPE-α-CT at the industrial level at affordable cost. Additionally,
the simple protocol for enzyme immobilization makes it suitable for application to other surfaces and
complementary enzymes, e.g., those attacking other components of the biofilm matrix.
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Abstract: The evolution of regulations concerning biocidal products aims to increase protection of
the environment (e.g., EU Regulation No 528/2012) and requires the development of new non-toxic
anti-fouling (AF) systems. The development of these formulations implies the use of ingredients
(polymers, active substances, additives) that are devoid of toxicity towards marine environments. In
this context, the use of erodable antifouling paints based on biodegradable polymer and authorized
biocides responds to this problem. However, the efficiency of paints could be improved by the use
of specific additives. For this purpose, three additives acting as surface modifiers were studied
(Tween 80, Span 85 and PEG-silane). Their effects on parameters involved in antifouling efficiency
as hydrophobicity, hydration and copper release were studied. Results showed that the addition of
3% of additives modulated hydrophobicity and hydration without an increase of copper release and
significantly reduced microfouling development. Efficient paints based on biodegradable polymer
and with no organic biocide could be obtained by mixing copper thiocyanate and additives.

Keywords: antifouling; copper paint; additives; biofilm

1. Introduction

Biofouling can be defined as the accumulation of micro- and macro-organisms on artificial
surfaces immersed in seawater. To control biofouling, antifouling (AF) paints have been developed
and commonly used for several decades. They contain polymers as binders, toxic compounds, called
biocides, which are leached from the paint matrix, and additives (thixotropic agents, pigments,
viscosity modifiers). Biocides are based on copper compounds (copper oxide or copper thiocyanate)
associated with booster biocides. These organic biocides are intended to be environmentally less
harmful than the organotin biocides used in the 1970s. However, alternative strategies are researched
because problems of toxicity for marine species and an accumulation of substances in seawater
persist [1,2]. Among them, the use of natural antifouling compounds has received a lot of attention.
For example, papain, butenolide or cardenolides recently showed an interesting efficiency against
biofouling [3–5]. However, several restrictions limit the use of these products: large scale production,
degradation, compatibility with paint matrix, release characteristics and costs are the main difficulties
impeding their development [6]. Moreover, recent regulation concerning the use of biocides (EU
Regulation No 528/2012) known as Biocide Product Regulation (BPR) also restricts their industrial
development for reasons concerning costs. Actually, only a few biocides are authorized by European
Union and commercialized: 3 copper derivatives (copper, copper thiocyanate and dicopper oxide), 5
booster biocides (DCOIT, Zineb, copper pyrithione, zinc pyrithione and a substituent of copper called
Tralopyril). Currently, antifouling paint researchers have to look for a compromise between efficiency
of coatings and their impact on the environment.

The aim of this work is to study paints based on a copper derivative such as copper thiocyanate,
but devoid of booster biocides. Copper is an effective biocide against algae and mollusks. Moreover, a
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lower amount of copper thiocyanate is needed than copper oxide for the same level of efficiency [7].
However, to improve its efficiency and to enlarge the activity spectrum of paints, an additive acting as
surface modifier could be added. Its role is not to produce a biocidal effect but instead the promotion
of an anti-adhesive effect by modifying wettability of surface and paint surface/organisms interactions.
Fouling release (FR) coatings based on poly(dimethylsiloxane) (PDMS) rely on this principle by
decreasing surface energy [8]. However, several publications have mentioned the combination
of antifouling and fouling release concepts to develop new hybrid materials effective in marine
antifouling protection. Azemar and al. have proposed a hybrid system based on triblock copolymer
poly(ε-caprolactone)-block-poly(dimethylsiloxane)-block-poly(ε-caprolactone) to mix the properties of
erosion/biocide release used in antifouling systems and hydrophobicity properties through the use of
PDMS [9]. Afterwards, Yang et al. have confirmed the need to combine the concepts of “antifouling”
and “fouling release” [10].

The surface wettability plays a major role in antifouling performance [10]. It can be modulated
by the use of surfactants. For example, Tween 20 has improved the antifouling characteristics of
membranes by adsorption at interfaces [11,12]. In antifouling applications, we have previously
shown that Tween 85 disturbed interactions between colonizing organisms and surfaces by decreasing
their hydrophobicity and thus a physical repelling of Tween 85 has been hypothesized [13].
Another strategy concerns the use of grafted surfaces. Surface-grafted poly(ethylene glycol) (PEG)
molecules are known to prevent protein adsorption and coatings based on PDMS-g-PEG have
been studied in seawater [8,14,15]. In this study, bacteria and diatoms adhesion were inhibited.
Recently, Jimenez-Pardo et al. have proposed hydrophilic self-replenishing coatings based on
polycarbonate-poly(ethylene glycol) methyl ether polyurethane exhibiting low proteins adhesion
values [16].

Hence, this work has studied the effect of three additives incorporated in a copper paint: Tween
80 and Span 85, two no ionic, hydrophilic and hydrophobic surfactant respectively and a PEG-silane.
The last one is considered as a surface modifier because of its properties such as hydrophilicity,
flexibility, high exclusion volume in water and non toxicity [17]. The paint had an additive free
formulation. Parameters as surface hydrophobicity, paint hydration and copper release were evaluated.
The anti-microfouling and anti-macrofouling efficiencies of paints were studied as well as their toxicity.

2. Results and Discussion

2.1. Effect of Additifs on Paints Characteristics

To study the effects of additives on hydrophobicity, hydration, and copper release, four paints
were studied: three paints containing a surface modifier at 3% (w/w) (Figure 1) and one paint without
additives. The same formulation was used for all the paints. Only the additive nature changed.
Tween 80 is a hydrophilic surfactant (hydrophilic lipophilic balance (HLB 16.7), whereas Span 85 is
a hydrophobic one (HLB 1.8). PEG-silane is a biocompatible polymer. Immobilized onto surfaces, it
confers protein and cell resistance [18]. Here, it was used as a surface modifier (wettability and steric
hindrance). Calcium carbonate was used to complete the formulation. It is a neutral charge often
incorporated in antifouling paint.

Figure 1. Chemical structure of additives (A) Tween 80, (B) Span 85, (C) PEG-silane.
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2.1.1. Paint Surface Hydrophobicity

Water contact angles were measured to evaluate changes in hydrophobicity of coating surfaces.
Decrease in water contact angle was attributed to coatings with higher wettability, whereas an increase
reflected a more hydrophobic surface. Results are shown in Figure 2.

Figure 2. Water contact angles measured on paint surface during their immersion in distilled water.

Water contact angle measurements were realized before and after 14 and 28 days of immersion
in distilled water. Before immersion, the paint without additive showed a hydrophobic behavior
with a contact angle of 90.2 ± 0.6◦. The addition of the hydrophilic surfactant (Tween 80) induced a
significant reduction of contact angle (79.9 ± 2.3◦) (p < 0.05) whereas the incorporation of Span 85 and
PEG-silane significantly increased hydrophobicity (121.5 ± 4.2◦ and 102.5 ± 1.9◦ respectively, p < 0.05).
During immersion, the paints behaviors were different. No significant evolution was observed for
both surfactants (p > 0.05). Conversely, a significant (p < 0.01) continuous decrease of contact angle
was observed for PEG-silane: the surfaces seemed less permeable. A migration of the PEG chains at
the surface of the coatings was presumed during immersion. For paint without additive, a significant
decrease (p < 0.01) of water contact angle was observed after 14 days, then the hydrophobicity remained
stable. Similar results have already been observed previously for paint based on Poly(ε-caprolactone)
homopolymer. The decrease of water contact angle during the first days of immersion was explained
by polymer hydration and degradation processes [9].

2.1.2. Paint Hydration

The global hydration of paints was followed by Karl Fisher titration during immersion in distilled
water (Figure 3). The additives led to a water absorption significantly increased compared to the paint
without additive (1% average). Tween 80 and Span 85 showed a constant hydration rate (about 8%
taking to account the standard deviations). More variations were observed for PEG-silane. A decrease
of hydration was observed to the 14th day, then the rate increased to reach 8%.

378



Int. J. Mol. Sci. 2019, 20, 361

Figure 3. Hydration of paints during immersion measured by Karl Fisher Titration.

2.1.3. Copper Release

Additives included in the formulation could modulate copper release. Hence, the copper
thiocyanate detected in surrounding water was quantified. Figure 4 shows cumulative release of
copper during 30 days of immersion. As shown, copper thiocyanate was released faster from paint
composed of PEG-silane than all other paints. PEG-silane improved copper release. The cumulative
amount released after 28 days was found to be 3.05 μg/cm2, whereas only 0.58 and 0.06 μg/cm2 were
quantified for the paints containing Tween 80 and Span 85, respectively. The paint without additive
did not show significant difference of copper release, the copper cumulative release after 28 days was
found to be 0.18 μg/cm2. These values corroborated with known data of copper release from erodible
paints for which the amount of copper release can be relatively weak [19,20]. However, these release
rate differences were not significant: whatever the additive, less of 1% of copper thiocyanate was
released after 28 days of immersion.

 
Figure 4. Release of thiocyanate copper from paints during immersion in distilled water.

Hence, the presence of additive did not increase the copper thiocyanate release to the current
rates of commercial paints and thus limit the environmental impact.

2.2. Antifouling Properties

In situ immersions in natural seawater reveal the anti-microfouling and anti-macrofouling
properties of paints. Paints were immersed for 9 weeks and 13 months (from April 2017 to May
2018) to evaluate the impact of additives on microalgal and macro-fouling development, respectively.

2.2.1. Anti-microfouling Activity

Coatings were immersed for 9 weeks in natural seawater and then were observed by CLSM
(Figure 5). The biofilm was quantified by COMSTAT analysis to obtain biomass and average thickness
of microalgae on paints (Figure 6). Microalgae are a major colonizer of antifouling paint and several
publications have mentioned their pertinence as model in antifouling research [21–23].
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Figure 5. Maximum intensity projection data sets from microalgal biofilms on paints made by confocal
laser scanning microscopy after 2, 4, 7 and 9 weeks of immersion in natural seawater (Kernevel
Harbour). Microalgae were observed in red by autofluorescence of chlorophyll. N.D. not determined
because of technical problems.

Figure 6. Evolution of A. Biomass and B. Average thickness developed onto paints during immersion.
The bare are the mean of five measurements. saturation of biofilm.

Paint without additive showed a denser and thicker biofilm than paints with additive at every
observation time (Figure 6). At 4 weeks, a significant decrease (p < 0.01) of biovolume and average
thicknesses of biofilm were observed for paints with additive comparatively to paint without additive.
After this period, the nature of micro-organisms developed on paint without additive was noticeably
different: the colonization step was more advanced with the presence of chains of microalgae. Hence,
the quantification of biofilms on paint without additive became technically difficult: the quantification
was underrated. Nevertheless, the values quantified on this paint were always higher than on the other
paints. In the case of paint with Tween 80 as additive, a decrease of biomass and average thickness
was observed after 7 weeks. This result can be explained by a mechanical erosion of paint surface, as
already observed in the case of erodible paints [9,24].

Hence, the presence of 3% additive confirmed the reduction of microalgal biofilm development.
This was particularly the case for both surfactants whatever their hydrophilic/hydrophobic balance.
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2.2.2. Antimacrofouling Activity

To test the antimacrofouling activity for a longer period, paints immersed in natural seawater in
static conditions were visually observed during 13 months (Figure 7). To quantify the efficiency of
coatings, an efficiency factor (N) was determined (Figure 8). All paints showed lower N values than
an unprotected surface (N = 30 after 3 months of immersion), confirming the efficiency of paints: in
contrast to the case for the unprotected surface, no adherent macrofoulers were observed. All paints
were colonized continuously during the first months, however, the rate of colonization of paints varied.
Paint without additive reaches a value of 10 after only 3 months, paints containing Tween 80 after
5 months and Span 85 and PEG-silane after 7 months. Their efficiency was then similar: N values were
constant and identical (N = 10) from 7 months to 13 months of immersion. No effect of additives was
observed for the long term. The efficiency (N is lower than the unprotected surface) could probably be
attributed to the presence of copper thiocyanate.

Figure 7. Visual inspection of paints in static condition after 3, 5 and 13 months of immersion in
natural seawater.
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Figure 8. Values of the antifouling efficiency N for paints immersed for 1, 3, 5, 7 and 13 months in
Atlantic Ocean. Values mentioned on the top of the figure correspond to the N values quantified for an
unprotected surface.

2.3. Paint Toxicity Against Microfouling

Paints with additive showed effective efficiency against micro-organisms as microalgae. Hence,
the paints toxicity was studied in vitro against marine bacteria and microalgae. Results were confronted
with those obtained for a commercial paint containing copper and booster biocides.

2.3.1. Evaluation of Anti-bacterial Activity

The inhibition zone for the three marine bacteria Pseudoalteromonas sp. 5M6, Bacillus sp. 4J6 and
Paracoccus sp. 4M6 was evaluated in the presence of paints (Table 1). Although the paint without
additive contained copper, no bacterial inhibition was observed. This result was consistent with
previous results [22]. None of the paint with tested additive affected bacterial growth except for
Paracoccus sp.: a low inhibition was observed in the presence of Tween 80 and PEG silane. Conversely,
commercial paint showed antibacterial activity on the three strains, where an inhibition diameter more
than 0.3 cm was observed. This antibacterial activity was probably due to the presence of booster
biocides. Hence, paints based on additives were far less toxic than commercial paint.

Table 1. Inhibition zone diameter of coatings against Pseudoalteromonas sp., Bacillus sp., Paracoccus sp.

Inhibition Diameter (cm)

Pseudoalteromonas sp. Bacillus sp. Paracoccus sp.

Span 85 - - -
Tween 80 - - 0.13 ± 0.09

PEG-silane - - 0.07 ± 0.04
Without additive - - -
Commercial paint 0.47 ± 0.11 0.33 ± 0.04 0.37 ± 0.16

- no inhibition diameter was observed.

2.3.2. Evaluation of Anti-microalgal Activity

Table 2 shows the zone of inhibition for three microalgal strains in the presence of paints. As
for anti-bacterial tests, paint without additive was not toxic against microalgae and commercial paint
showed the highest toxicity level. For paints containing additive, the effects were different, depending
on the microalgal strains. The highest effect was observed in the presence of Span 85. Moreover, they
were higher for microalgal strains than for bacteria. However, in all the cases, paints based on copper
thiocyanate and 3% additive were less toxic than the commercial paint.
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Table 2. Inhibition zone diameter of coatings against C. closterium, E. gayraliae, P. purpureum.

Inhibition Diameter (cm)

Cylindrotheca closterium Exanthemachrysis gayraliae Porphyridium purpureum

Span 85 0,73 ± 0.15 1.20 ± 0.30 0.60 ± 0.15
Tween 80 0.60 ± 0.10 0.33 ± 0.06 -

PEG-silane 0.46 ± 0.06 0.60 ± 0.06 -
Without additive - - -
Commercial paint 1.2 ± 0.17 2.13 ± 0.15 1.93 ± 0.07

- no inhibition diameter was observed.

2.4. Can Additives Improve the Efficiency of Erodible Paints?

Surface modifiers as additives can play an important role in antifouling efficiency. In fact, the
most effective approach to developing new antifouling paints entails making a compromise between
efficiency and toxicity. Paints formulated in this paper were based on biodegradable polymer [25],
only one biocide, the copper thiocyanate (authorized by the EU Regulation) and no toxic additives.
The impact of additives was principally observed in the first event of immersion. Hence, their presence
in the formulation reduced the microfouling development, which was explained by a higher hydration
of paints. Hydration allowed a reduction of organisms-surfaces interactions: the establishment of
biofilm was disturbed. The higher hydration did not accelerate the copper release, which remained
particularly low in all the cases. Hence, paints proposed in this paper were composed of eco-friendly
ingredients with low toxicity that retained their efficiency.

3. Materials and Methods

3.1. Chemical Products

Tween 80 (Polyethylene glycol sorbitan monoleate) and Span 85 (Sorbitan trioleate) were
purchased from Sigma-Aldrich (Saint Louis, MI, USA). PEG-silane (Silquest A1230, molecular weight
= 546 g·mol−1) and ingredients of formulation (Solvents, plastifiant, calcium carbonate and fillers)
were supplied from Momentive and Nautix Company respectively. The binder was a biodegradable
polymer called poly(ε-caprolactone-co-δ-valerolactone) (P(CL-VL) 80-20) synthetized by Mäder (Lille,
France) following the protocol described in Loriot et al. [25]. The molecular weight (Mn) of the polymer
was 19,000 g·mol−1 with a polydispersity of 1.5.

3.2. Paints Formulation and Coupons Preparation

Binder was solubilized in solvent during 24 h (25 ◦C, 70 rpm) then paints were formulated by
dispersing all ingredients (Table 3) under mechanical vigorous agitation (PBD40, Bosch) at 600 rpm.
Once all ingredients added, the agitation was maintained for 15 min at 1000 rpm. Then the paints were
filtered through a sifter (100 μm).

A layer of wet film (200 μm thick) was deposited with an automatic film applicator (ASTM D823
Sheen instrument) on a polycarbonate support. Then, the specimens were dried at 20 ◦C for one week.

A commercial paint called A4T was furnished by Nautix Compagny (Guidel, France).

383



Int. J. Mol. Sci. 2019, 20, 361

Table 3. Composition of paints (in wt %).

Product Composition

Solvents (xylene, methoxypropylacetate) 36
P(CL-VL) 12
Plasticizer 2

CuSCN 20
Additive or CaCO3 3

Fillers (wax, silicate, Ti02, ZnO, CaCO3) 25
Pigment 2

3.3. Karl Fisher Titration

Paints plates were immersed in Artificial SeaWater (ASW, 33 g·L−1, Sigma Aldrich). Pieces of films
(2 cm in diameter) were cut off in order to quantify the water amount present in films. The Karl-Fisher
titration was performed with a Coulometer Methrom KF831 equipped with an Oven Methrom 860KF
Thermoprep (150 ◦C) under an air flow of 60 mL·min−1. The reactant used was Hydranal-coulomat
AG. The experiment was conducted in three triplicates for each sample.

3.4. Contact Angles Measurement

Measurements were obtained at room temperature with a contact angle Digidrop GBX (Dublin,
Irland) equipped with a syringe, a video camera, and an acquisition of angle measurement. Five water
droplets of 2 μL were measured at 0, 15 and 30 s after contact between the drop and the paint surface.
The indicated values are an average of 5 measurements obtained on different areas of films.

3.5. Copper Thiocyanate Release

The cyclic voltammetric stripping (CVS) studies were carried out in determination mode on a
software (Viva 2.0) connected to Metrohm 884 Professional VA. The voltammetry cell consists of a
three electrodes assembly and a stirrer with hanging mercury drop electrode as a working electrode
(Multi Mode Electrode pro, Metrohm; 6.0728.120 and 6.1246.1) a platinum wire (Metrohm; 6.0343.100)
as auxiliary electrode leading the electric current to the working electrode and Ag/AgCl (satured KCl
3.0 M) electrode (Metrohm; 6.1204.50) as a reference electrode with a constant potential.

Analysis were carried out using the standard addition method. Thus 4 mL of sample solution
were transferred into the electrolysis cell, containing 10 mL water HPLC grade (VWR) and 1 mL of
electrolyte solution (21.6 g KCl, 50 mL NaOH at 30%, 28.4 mL of acetic acid and water up to 1 L with a
pH = 4.6 ± 0.2). The solution was purged with pure nitrogen during 5 min. The accumulation potential
was applied to a new mercury drop (5 mm) while the solution was stirred at 2000 rpm for 60 s. At the
end of the accumulation period, the stirring was stopped and a 60 seconds rest period was allowed for
the solution to become quiescent. Then the voltammogram was recorded by scanning the potential
toward the positive direction over the range –0.9 to +0.2 V. Copper was detected around −0.1 V. The
standard solution of Cu (VWR) at 2 mg·L−1 was prepared from standard solution at 1 g·L−1. The
volume of the standard solution was 100 μL. All measurements were made at room temperature.

3.6. Anti-Bacterial Activity

The marine bacteria used (Bacillus sp. (4J6), Pseudoalteromonas sp. (5M6) and Paraccous sp. (4M6))
were grown on a Zobell medium: Artificial Seawater 30 g/L, Tryptone 4 g/L, Yeast Extract 1 g/L.
Bacterial cultures were incubated at 106 cfu/mL during 48 h under agitation. Planktonic cultures were
maintained at 20 ◦C whilst shaking. These bacteria were used because they are pioneer adherents.
Strains were isolated from the surface of a glass cover immersed in natural seawater (Morbihan gulf,
France) for 6 h [26]. 5M6, a Gram negative bacteria, was affiliated to the Pseudoalteromonas genus. The
Gram positive bacteria 4J6 clustered with the genus Bacillus (100% similarity) and 4M6 was affiliated
to Paracoccus sp.
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The zone of inhibition assay on solid media was used for determination of the antimicrobial
effects of paints against Bacillus sp. (4J6), Pseudoalteromonas sp. (5M6) and Paraccous sp. (4M6). 10 mL
of molten Zobell agar was inoculated by 1 mL of bacterial cultures (colony count of 1 × 107 UFC/mL).
Coupons of paints (2 cm diameter) were placed on the bacterial carpets and incubated at 20 ◦C for 48 h
in an appropriate incubation chamber. The plates were examined, and the diameter of the inhibition
zone was measured (in centimeters). These experiments were repeated three times for each sample.

3.7. Anti-Microalgal Activity

Three marine strains Cylindrotheca closterium (Diatomophyceae, AC515), Porphyridium purpureum
(AC122) and Exanthemacrysis gayraliae (AC15) were used. Microalgae were obtained from the Culture
Collection of Algae of the University of Caen (France). Microalgae were grown in an ASW-based
culture medium with Guillard’s F/2 Marine Enrichment Basal Salt Mixture (Sigma Aldrich, Saint
Louis, MO, USA), in sterile conditions at 20 ◦C. Guillard’s F/2 was added after sterilization and the
culture medium was stored at 4 ◦C before use.

The zone of inhibition assay on solid media was used. 10 mL of molten medium agar was
inoculated by 1 mL of microalgal cultures (1 × 105 cells/mL). Coupons of paints (1.5 cm diameter)
were placed on the microalgal carpets and incubated at 20 ◦C for five days in phytotronic chambers
(controlled illumination of 150 μmol. photons.m−2·s−1 white fluorescent lamps with a 16h:8h
light:dark cycle). The plates were examined, and the diameter of the inhibition zone was measured
(in centimeters). These experiments were repeated three times for each sample.

3.8. Anti-Microfouling Properties

Paints (2 × 5 cm) were exposed in natural seawater, at a depth of 50 cm (Atlantic Ocean, W
47◦43’8.39” N 3◦22’7.38”, Larmor Plage, France). The study began in April 2017. The seawater
characteristics were in Table 4. Coupons were sampled over 9 weeks and observed by CLSM
microscopy, as described above [27]. For each sample time, five observations were realized. Biovolumes
and average thicknesses values were determined with COMSTAT program to compare paints between
them [28]. The significance test was conducted using one-way analysis of variance (ANOVA).

Table 4. Seawater characteristics during immersion of paints.

Month Temperature (◦C) pH Conductivity (mS/cm) Oxygen (mg/L)

1 15.6 8.9 35.7 10.3
3 19.0 7.5 39.4 4.1
6 12.5 8.0 38.1 7.9
13 14 8.5 38.4 10.2

3.9. Anti-Macrofouling Properties

Paints were applied onto panels (8 × 12 cm). Paints were observed monthly during immersion in
natural seawater. The Antifouling performance was assessed according to a modified protocol of the
French Standard (NFT34-552 September 1996). Paints were classified using an efficiency parameter N
which is expressed as N = Σ I.G where I stand for the intensity of fouling and G the severity of fouling
as shown in Table 5. N was determined at each observation time by visual inspection (determination
of the surface coverage by each type of fouling) following by a determination of efficiency parameter
N referring to Table 5. The lower the N value was, the more efficient was the paint.
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Table 5. Determination of efficiency parameter N.

Surface Covered by
Fouling (%)

Rank for Intensity
Factor (I)

Type of Fouling
Rank for Severity

Factor (G)

No salissure 0 Biofilm 1
0–10 1 Microalgae 2
10–20 2 Algae (filamentous thallus) 4
20–40 3 Algae (flat thallus) 6
40–60 4 Non-encrusting species 6
60–100 5 Encrusting species 8
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Abbreviations

AF Antifouling
CLSM Confocal Laser Scanning Microsocpy
FR Fouling Release
HLB Hydrophilic lipophilic balance
BPR Biocide Product Regulation
P(CL-VL) Poly(ε-caprolactone-co-δ-valerolactone)
PDMS Poly(dimethylsiloxane)
PEG Poly(ethylene glycol)
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