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Myocardial Adaptation in Pseudohypoxia: Signaling and Regulation of mPTP via
Mitochondrial Connexin 43 and Cardiolipin
Reprinted from: Cells 2019, 8, 1449, doi:10.3390/cells8111449 . . . . . . . . . . . . . . . . . . . . . 365

Elena Starikovskaya, Sofia Shalaurova, Stanislav Dryomov, Azhar Nazhmidenova, Natalia

Volodko, Igor Bychkov, Ilia Mazunin and Rem Sukernik

Mitochondrial DNA Variation of Leber’s Hereditary Optic Neuropathy in Western Siberia
Reprinted from: Cells 2019, 8, 1574, doi:10.3390/cells8121574 . . . . . . . . . . . . . . . . . . . . . 383

Matthias L. Riess, Reem Elorbany, Dorothee Weihrauch, David F. Stowe and Amadou K.S. 
Camara

PPARγ-Independent Side Effects of Thiazolidinediones on Mitochondrial Redox State in Rat 
Isolated Hearts
Reprinted from: Cells 2020, 9, 252, doi:10.3390/cells9010252 . . . . . . . . . . . . . . . . . . . . . . 396

Anna Picca, Robert T. Mankowski, George Kamenov, Stephen D. Anton, Todd M. Manini,

Thomas W. Buford, Sunil K. Saini, Riccardo Calvani, Francesco Landi, Roberto Bernabei,

Emanuele Marzetti and Christiaan Leeuwenburgh

Advanced Age Is Associated with Iron Dyshomeostasis and Mitochondrial DNA Damage in
Human Skeletal Muscle
Reprinted from: Cells 2019, 8, 1525, doi:10.3390/cells8121525 . . . . . . . . . . . . . . . . . . . . . 408

vii





About the Special Issue Editors

Sabzali Javadov M.D., Ph.D. completed his MD at the Russian Medical University, Moscow, in 1983,

his PhD at the Russian Cardiology Center, Moscow, in 1986, and his DSc at the Moscow University,

in 1992. He worked as a postdoctoral researcher and a visiting scientist at Magdeburg Medical

University, Germany (1987), National Institute of Cardiology, Hungary (1991), University of Bristol,

England (1997–2001), and Western University, Canada (2003–2008). Since 2009, he has been a

professor at the Department of Physiology at the University of Puerto Rico School of Medicine, USA.

Dr. Javadov has specific training and expertise in cardiac biochemistry and physiology, with a focus

on the role of mitochondria in cardiac dysfunction induced by ischemia-reperfusion and heart failure.

Currently, his laboratory elucidates the relationship between mitochondrial reactive oxygen species,

permeability transition, and electron transport chain supercomplexes in myocardial infarction.

Dr. Javadov has published over 100 papers in reputed journals and books and has served as an

editorial board member for numerous biomedical journals. He has served as a review committee

member for research foundations in the USA and Europe.

Andrey V. Kozlov M.D., Ph.D. completed his MD in 1980 and his PhD in 1986 for studies in medical

biophysics from the Russian State Medical University (Moscow, Russia). In 2003, he received his

habilitation (post-doctoral lecturing qualification) in pharmacology and toxicology at the University

of Veterinary Medicine (Vienna, Austria). He worked as a postdoctoral researcher at the Institute

of General Pathology, University of Modena (1993–1994, Modena, Italy), at the Department of

Occupational and Environmental Health and Toxicology, University of Pittsburgh (1995, Pittsburgh,

USA), and at the University of Veterinary Medicine (1996–2003, Vienna, Austria). Currently, he is the

deputy director of, and principle investigator at, the Ludwig Boltzmann Institute for Experimental

and Clinical Traumatology (Vienna, Austria). Dr. Kozlov’s research has focused on metabolic

disorders induced by hypoxia and inflammation occurring in shock, sepsis, ischemia-reperfusion,

and more recently in neurotrauma. Particular attention is given to the function/dysfunction of

subcellular organelles, mitochondria and endoplasmic reticulum, reactive oxygen and nitrogen

species, free iron metabolism, oxidative stress reactions, and the pharmacology and toxicology of

nitric oxide. He has published over 100 articles (original and review articles and book chapters),

and serves on the editorial boards of several journals related to his research area.

Amadou K.S. Camara Ph.D. completed his PhD in renal and cardiovascular physiology at the

Department of Physiology, Medical College of Wisconsin (MCW), in 1995. His dissertation focused

on the brain renin angiotensin-aldosterone system, seeking to understand the mechanisms of renal

neurogenic hypertension following a chronic NaCl diet in rats. From 1995–1999, he completed

his postdoctoral training in cardiac electrophysiology at the Department of Anesthesiology, MCW.

In 2000, he was elevated to the position of assistant professor in the department. In 2013,

he was promoted to professor and was awarded a tenure in 2018. Dr. Camara’s research

has focused on cardiac physiology/pathophysiology, with an emphasis on ischemia reperfusion

injury and cardioprotective strategies targeted to mitochondria. In particular, he studies

mitochondrial Ca2+ regulation, with an emphasis on the molecular components responsible for

Ca2+ efflux/influx (mitochondrial Ca2+ uniporter, Na+/Ca2+ exchanger, voltage-dependent anion

channel), mitochondrial buffering capacity and the role of reactive oxygen species under normal

ix



and IR injury conditions. With his background in neuroscience, he has recently embarked on an

investigation of the role of mitochondria in mild traumatic brain injury. He has published over

100 articles (original and review articles and book chapters) on IR and mitochondria-related studies.

He has recently co-sponsored four Special Issues on mitochondria, served on numerous editorial

boards, and been an ad hoc reviewer for more than two dozen journals. Dr. Camara has served on

NIH study sections and has reviewed for numerous international grant organizations, including the

Medical Research Council, England.

x



cells

Editorial

Mitochondria in Health and Diseases

Sabzali Javadov 1,*, Andrey V. Kozlov 2,* and Amadou K. S. Camara 3,4,5,*

1 Department of Physiology, School of Medicine, University of Puerto Rico, San Juan, PR 00936-5067, USA
2 Ludwig Boltzmann Institute for Experimental and Clinical Traumatology, 1200 Vienna, Austria
3 Department of Anesthesiology, Medical College of Wisconsin, Milwaukee, WI 53226, USA
4 Department of Physiology, Medical College of Wisconsin, Milwaukee, WI 53226, USA
5 Cancer Center, Medical College of Wisconsin, Milwaukee, WI 53226, USA
* Correspondence: sabzali.javadov@upr.edu (S.J.); andrey.kozlov@trauma.lbg.ac.at (A.V.K.);

aksc@mcw.edu (A.K.S.C.)

Received: 29 April 2020; Accepted: 6 May 2020; Published: 9 May 2020

Abstract: Mitochondria are subcellular organelles evolved by endosymbiosis of bacteria with
eukaryotic cells characteristics. They are the main source of ATP in the cell and play a pivotal role in
cell life and cell death. Mitochondria are engaged in the pathogenesis of human diseases and aging
directly or indirectly through a broad range of signaling pathways. However, despite an increased
interest in mitochondria over the past decades, the mechanisms of mitochondria-mediated cell/organ
dysfunction in response to pathological stimuli remain unknown. The Special Issue, “Mitochondria
in Health and Diseases,” organized by Cells includes 24 review and original articles that highlight the
latest achievements in elucidating the role of mitochondria under physiological (healthy) conditions
and, in various cell/animal models of human diseases and, in patients. Altogether, the Special Issue
summarizes and discusses different aspects of mitochondrial metabolism and function that open new
avenues in understanding mitochondrial biology.

Keywords: mitochondria; energy metabolism; signaling pathways; ion homeostasis; human diseases

1. Introduction

Mitochondria have been recognized as the “power plants” that provide over 90% of ATP required
for cell metabolism. Also, they are engaged in other aspects of cell metabolism and function and
participate in the regulation of ion homeostasis, cell growth, redox status, cell signaling, and, thus,
play a pivotal role in both cell survival and cell death mechanisms. Due to their central role in cell life
and death, mitochondria are also involved in the pathogenesis and progression of numerous human
diseases, including, among others, cancer, neurodegenerative and cardiovascular disorders, diabetes,
traumatic brain injury, and inflammation (Figure 1). Mitochondria involvement in these diseases has
been attributed to the pivotal role the organelle plays in the sequelae of events that culminate in cell
death through various programmed (apoptosis, necroptosis, pyroptosis, ferroptosis, and autophagy)
and non-programmed (necrosis) cell death mechanisms. A growing body of evidence on the important
role of mitochondria under physiological conditions and human diseases is associated with increased
number of biomedical studies in mitochondrial research. Since 2010, the number of mitochondria-related
publications has exceeded other organelles including the nucleus, endo(sarco)plasmic reticulum, and the
Golgi apparatus [1].

Cells 2020, 9, 1177; doi:10.3390/cells9051177 www.mdpi.com/journal/cells1
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Figure 1. Mitochondria are involved in the pathogenesis of human diseases, and aging. IMM, inner
mitochondrial membrane; IMS, intermembrane space; OMM, outer mitochondrial membrane.

Increased attention to mitochondria in recent decades stimulated preclinical studies on various
cell and animal models to elucidate mitochondria as a therapeutic target for the treatment of a broad
spectrum of human diseases. A large number of preclinical studies demonstrated beneficial effects of
various pharmacological agents targeting mitochondrial ion channels, electron transfer chain (ETC),
oxidative phosphorylation (OXPHOS), tricarboxylic acid (TCA) cycle, reactive oxygen species (ROS)
production, permeability transition pore, DNA, membrane integrity, and apoptotic proteins, among
others (Figure 2). However, despite an increased number of clinical trials conducted during recent
decades, no single mitochondria-targeted compound has been approved by the U.S. FDA (Food
and Drug Administration) so far that could be clinically applicable. Failure of the clinical trials
can be explained by the fact that precise mechanisms whereby mitochondria are involved in the
regulation of basic physiological functions, as well as their role in the cell under pathophysiological
conditions, remain unknown. Furthemore, the mechanisms of interactions between mitochondria
and other subcellular compartments and organelles such as endo(sarco)plasmic reticulum, nucleus,
and lysosomes remain to be elucidated. Lack of in-depth knowledge of the regulatory mechanisms
of mitochondrial metabolism and function as well as interplay between the factors that transform
the organelle from the pro-suvival player to the pro-death contributor has hindered the development
of new mitochondria-targeted pharmacological and conditional approaches for the treatment of
human diseases.

To further improve our understanding of mitochondria, Cells organized the Special Issue entitled
“Mitochondria in Health and Diseases” to highlight the latest achievements in elucidating mitochondrial
metabolism and function under physiological and pathological conditions. The Special Issue published
24 articles consisting of 5 review articles and 19 original articles that cover a broad spectrum of
mitochondrial research.
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Figure 2. Mitochondria are promising therapeutic target for human diseases. Abbreviations: AIF,
apoptosis-inducing factor; BA, betulinic acid; BQ, p-benzoquinone, mCAT, mitochondrial-targeted
catalase; CD, chlorodiazepam; CF, ciprofloxacin; CLT, clotrimazole; CsA, cyclosporin A; DCA,
dichloroacetate; DPAG, dipyruvyl-acetyl-glycerol; FAO, fatty acid oxidation; FNQ furanonaphthoquinone;
5-HD, 5-hydroxydecanoate; HQ, hydroquinone; Glu/Gln glutmate/glutamine; IDE, idebenone; IMM,
inner mitochondrial membrane; IMS, intermembrane space; IVD, ivosidenib; mKATP, mitochondrial
ATP-sensitive potassium channel; LA, lonidamine; MCU, mitochondrial calcium uniporter; NR,
nicotinamide riboside; Olig, oligomycin, OMM, outer mitochondrial membrane; PTP, permeability
transition pore; Rot, rotenone; RuR, ruthenium red; SfA, sanglifehrin A; mtTALENs, mitochondrially
targeted transcription activator like effectors (TALE) fused with a Fok1 nuclease; α-TOS, α-tocopheryl
succinate; TGZ, troglitazone; mtZFNs mitochondrially targeted zinc finger nucleases. The names of
representative compounds are shown in brackets.

2. Mitochondria in Health

This section of the Editorial focuses on the role of mitochondria in maintaining normal and healthy
physiology. In this endeavor, 13 articles (10 original research and 3 review articles) elucidating different
aspects of mitochondria in maintaining health in the organism have been published. These studies can
be grouped in the following four sections: (1) Mitochondrial homeostasis, (2) Mitochondrial and cellular
metabolism, (3) Crosstalk between mitochondria and other subcellular compartments, and (4) Mitochondrial ion
channels. The review articles highlight (a) the significance of mitochondria crosstalk with cytoskeletal
proteins key in normal mitochondrial and cellular physiology, (b) mitochondrial gene regulation in
different cellular contexts, and the importance of emerging aspects of mitochondrial transcripts and
gene regulation in human health and disease, and (c) the role of telomeres and telomerase in cardiac
aging. Altogether, these seminal articles provide a broad spectrum of new and unique perspectives in
our understanding of the role of mitochondria in health and disease.

Mitochondrial homeostasis: To preserve themself and the host cell, mitochondria must maintain a
balance between mitochondrial proliferation (biogenesis) and degradation (mitophagy). To mitigate
degradation, mitochondria rely on intrinsic strategies to maintain quality. In this effort, Hur et al. [2]
explored a novel role of HtrA2/OMI, a serine protease, in the regulation of mitochondrial homeostasis
during hepatic fibrogenesis. The authors showed that overexpression of HtrA2/OMI led to antifibrotic
effect due to CCl4, by enhancing the antioxidant activity of mitochondria in hepatocytes.
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In an unrelated study, but with a similar focus on mitochondria self-preservation during stress
due to excess of Ca2+, Mishra et al. [3] reported an intriguing observation that cyclosporin A bolsters
mitochondrial Ca2+ buffering capacity in a phosphate-dependent manner in guinea pig cardiomyocytes
isolated mitochondria. This novel observation indicates that cyclosporin A activates, yet determined,
mitochondrial molecular mechanisms involved in Ca2+ sequestration. This additional insight into the
action of cyclosporin A could potentially reveal different therapeutic approaches targeted at regulating
mitochondria Ca2+ homeostasis and reduce cardiac injury in Ca2+ overload.

Mitochondrial and cellular metabolism: Normal mitochondrial and cellular metabolisms are tightly
coupled. In healthy conditions, mitochondria account for the majority of the ATP produced in the
cell via OXPHOS. In healthy cardiomyocytes, most of the acetyl CoA consumed by the heart is from
fatty acids, with the remainder from pyruvate. In their study, Toleikis et al. [4], investigated the
effects of fatty acid oxidation-induced changes in mitochondrial morphology and conformational
changes in adenine nucleotide translocase (ANT) on the kinetics of the regulation of mitochondrial
respiration in rat skinned cardiac fibers. Fatty acids alone or in combination with pyruvic acid was the
substrate. The key message from this study is that fatty acids could regulate cellular energy metabolism
by increasing the affinity of the ADP/ATP transporter for ADP, via conformational changes of the
transporter. This study provides new understandings of the metabolic changes in altered age-related
cardiovascular diseases.

In another study, Parodi-Rullán et al. [5] sought to elucidate whether ANT knockdown affects
respiratory chain supercomplex formation in H9c2 cardiomyoblasts. This study is predicated on
a previous observation by the same group that pharmacological inhibition of ANT disintegrated
respirasome, the main respiratory chain supercomplex containing ETC complexes I, III, and IV, in
cardiac mitochondria [6] suggesting an essential role of ANT in respirasome formation. ANT1
knockdown in the H9c2 cells reduced the ΔΨm but increased total cellular ATP levels [5]. Furthermore,
ANT1 downregulation did not alter the enzymatic activity of the ETC complexes I-IV but reduced the
level of the respirasome. The results of this study not only confirm the previous observations of the
role of ANT in respirasome formation, it also provides new convincing data, never reported previously
with significant physiological implications for cellular metabolism. The reliance on electron transfer
and the respirasome as key regulators of cellular metabolism was further reported by Ni et al. [7].
This study focused on the impact of specific mutations on two core subunits of complex I on metabolic
reprogramming and disruption of electron transfer. The authors used an elaborate and integrative
proteome and metabolome on human patient skin fibroblast (pluripotent cells). Mutations of the
complex led to impaired integrity of the respirasome with increased ROS, increased NADH/NAD+

ratio, and a switch towards glycolysis for cellular metabolism. These observations link the intactness
of the respiratory complexes to the ability of mitochondria to execute OXPHOS and preserve normal
cellular metabolism. The switch to anaerobic metabolism and ROS production is emblematic of the
disruption of mitochondrial metabolism.

The prerequisite in bridging the gap between mitochondrial metabolism, thermal regulation,
and body mass is mitochondrial uncoupling proteins (UCPs) and fatty acid oxidation. The physiological
role of UCP3 in normal physiology, and its emerging role in pathophysiology, provide exciting potential
for bridging this gap. Lombardi et al. [8] investigated the role of UCP3 in metabolic control in a
situation where thermal stress was eliminated. There was no significant difference in weight gain
and body composition between the two genotypes under low-fat diet; however, when animals were
fed a high-fat diet, the UCP3 knockout animals showed enhanced energy efficiency and lean tissue
mass. This novel observation indicates that temperature is the determinant factor for the outcome of
metabolic effects elicited by UCP3.

Functional mitochondria are potentially key to tissue regeneration. Poženel et al. [9] looked
at the potential contribution of mitochondrial metabolism in preserving the integrity of the human
amniotic membrane (hAMs). The premise of this study is that in the common cell culture environment,
the viability of amniotic cells decreases rapidly, but the underlying mechanisms of this phenomenon
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are unclear. Exposing hAM cells to tension or no tension, the study showed that tension applied to
the cells in the culture environment displayed greater viability, in part, due to the preservation of
mitochondrial bioenergetics and concomitantly reduced apoptotic events. These observations are a
harbinger for improving stem cell maturation and tissue regeneration by using media conducive to
mitochondrial preservation.

Cardiovascular diseases are associated with age and have a detrimental impact on the whole
organism. Telomere length and telomerase activity play a role in cellular aging. In their review
article Nalobin et al. [10] discussed the emerging role of telomere length and telomerase in cardiac
development, aging, and regeneration. With the surge in interest in this topic and the contribution of
mitochondria, the review is timely and highly appropriate. It postulates that the cumulative knowledge
gained from the regenerative capacity of hearts will help in the formation of new approaches in the
field of regenerative medicine for the treatment of diseases, for example, myocardial infarction and
heart failure.

Altering mitochondrial metabolism is the hallmark of numerous pharmacological agents with
significant clinical utility. Herminghaus et al. [11] explored the untoward effects of two clinically
effective drugs in the management of hypertriglyceridemia. Utilizing hepatic and colonic tissue
homogenates of healthy rats, the study showed that both drugs negatively impacted hepatic
mitochondrial metabolism, as manifested in diminished mitochondrial respiration and OXPHOS.
In contrast, in colonic mitochondria, the drugs either did not significantly impact mitochondrial
metabolism or increased it in some cases. This carefully executed study reveals that the side effects
of these drugs are organ-specific. A note of caution is that the studies were conducted in the in vitro
condition, and some of the dosages used are out of the clinical range. So, extrapolation to human
experience is tempered.

Crosstalk between mitochondria and other subcellular compartments: Mitochondria form an intricate
network of connectivity with each other and with other cell structures, including the nucleus and the
cytoskeleton. This dynamic interaction provides the framework for efficient mitochondrial function and
cell survival. The anatomical and functional connection between mitochondria and the nucleus provides
a coordinated cellular response to intracellular changes. The study by Eldarov et al. [12] explored the
idea that mitochondria interaction with the nucleus is beyond intramembrane connection; it espouses
the notion that a tiny fraction of the organelle could reside in the nucleus. This provocative concept
has its genesis from earlier studies, but the results at the time generated skepticisms. Furthermore,
other studies reported that mitochondria fragments found in the nucleus were indicative of pathology.
With the advent of higher resolution technologies, this current study provided compelling new data
obtained from healthy rat cardiomyocytes that support the localization of mitochondria in the nucleus.

Two review articles discussed the crosstalk between mitochondria and the cytosolic compartment.
A review contribution by Kuznetsov et al. [13] provided a detailed and insightful summary of the
physiological relevance of the crosstalk between mitochondria and cytoskeletal proteins. The review
highlights the role of these proteins on mitochondrial intracellular organization and interaction with
other organelles, the regulation of mitochondrial function, ATP production, and energy transfer.
This anatomical and functional coupling is the hub for the integration of mitochondrial function
with normal cell physiology and the preservation of life. In a different perspective on the interaction
between mitochondria and cytosolic constituents, Kotrys and Szczesny [14] reviewed the impact of the
mitochondrial genome on normal cell physiology and pathophysiology. The mitochondrial genome
encodes for only 13 proteins involved in mitochondrial respiration; however, they also encode RNAs,
which influence cell physiology when released into the cytosol. The review specifically focuses on the
latest knowledge on mitochondrial transcripts, including mitochondrial long non-coding RNAs and
novel functions of these transcripts. These novel mitochondrial gene regulation transcripts extend the
repertoire of potential mechanisms by which mitochondria influence cell physiology.

Mitochondrial ion channels: In mammals, mitochondrial KCa channels have been reported to
regulate mitochondrial function and to provide protection against cell injury. A study by Gururaja
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Rao et al. [15] reported, for the first time, the presence of the BKCa (Slo) channel in mitochondria of
the Drosophila (fruit fly). Mutation of the slo gene increased ROS generation, which could decrease
survival and lifespan. The study is further bolstered by experiments that showed a reversal in mortality
and improved lifespan following the overexpression of the human slo gene in the flies. The implications
of the study are noteworthy; they provide new physiological understandings that may be relevant in
our effort to decipher the underlying mechanisms of aging-related diseases.

3. Mitochondria in Diseases

Recently, different aspects of mitochondrial dysfunction have been associated with multiple
human diseases, and hence, mitochondria are becoming a promising pharmacological target for the
treatment of a broad range of diseases. This section of the Editorial comprising 11 articles focuses
on the role of mitochondrial dysfunction in several pathological conditions. These studies can be
grouped in the following four sections based on disease types: (1) Neurological disorders, (2) Liver
diseases, (3) Diseases associated with oxygen deficiency, and (4) Inborn and metabolic diseases.

Neurological disorders: A study by Kim et al. [16] described a novel mechanism potentially regulating
mitochondrial dynamics and seizure activity in the central nervous system. They provide novel evidence
that transient receptor potential canonical channel-6 (TRPC6) regulates mitochondrial Lon protease
1 (LONP1) expression via the ERK1/2-mediated pathway. Activation of this pathway dramatically
changes mitochondrial dynamics and assumed as an important therapeutic target for neuroprotection
from various neurological diseases. In another study, the same group of authors [17] demonstrated that
2-cyano-3,12-dioxo-oleana-1,9(11)-dien-28-oic acid methyl ester (CDDO-Me), an analog of oleanolic
acid exhibiting promising therapeutic effects in cancer, inflammatory, and neural diseases, irreversibly
inhibits Lon protease-1 (LONP1) and activates ERK1/2 and c-Jun N-terminal kinase (JNK) pathways.
They showed that CDDO-Me may selectively attenuate seizure activity in the cornu ammonis area 1 by
rescuing the abnormal mitochondrial machinery, but in contrast to data reported above, this pathway
was independent of LONP1 activity. Another report by Kho et al. [18] addressed the effect of glucose
reperfusion after hypoglycemia on seizure, unconsciousness, and neuronal death. The data obtained
by these authors suggest that abnormally elevated levels of pyruvate dehydrogenase kinase (PDK), and
subsequent inhibition of pyruvate dehydrogenase play a critical role in this phenomenon. The authors
found that sodium dichloroacetate, an inhibitor of PDK, can alleviate hippocampal neuronal death
induced by hypoglycemia.

Liver diseases: A study by Tan et al. [19] investigated the impact of lipid droplet accumulation on
cellular oxidative stress. They have shown that overexpression of Perilipin 5 (PLIN5), a key lipid droplet
protein required for the formation of contacts between mitochondria and lipid droplets, reduces ROS
levels and improves mitochondrial function in HepG2 cells. They assume that the upregulation of PLIN5
is a survival strategy of cells in response to stress. Feichtinger et al. [20] examined cholangiocellular
carcinoma biopsies in order to better understand the impact of mitochondria. They have found that
the expression of voltage-dependent anion-selective channel 1 (VDAC-1) in the outer mitochondrial
membrane inversely correlates with UICC (Union Internationale Contre le Cancer) cancer stage
classification. Also, significantly lower survival was observed for low/moderate VDAC1 expressors
compared to high expressors. These data suggest that lower mitochondrial mass is associated with
shorter survival of patients with cholangiocellular carcinoma. Also, one review contributed to this
section. Migliaccio at al. [21] contributed a review article summarizing recent findings on mitochondrial
adaptive response and oxidative stress induction in the liver, the main tissue involved in fat metabolism
and pollutant detoxification, and in male gonads, the main targets of endocrine disruption induced
by both high-fat feeding and environmental pollutants. This review provided novel insights into
the mechanisms underlying cellular response to the exposure to stressful environmental stimuli and
metabolic adaptation to promote cellular survival.

Diseases associated with oxygen deficiency: In a study by Graf et al. [22], they reported the changes in
cerebellar amino acid metabolism in pregnancy with particular emphasis on the role of 2-oxoglutarate
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dehydrogenase complex. Hormonal changes occurring in pregnancy are known to coordinate a
broad range of physiological adaptations, including changes in amino acid metabolism. The data
obtained by this group suggest that these changes critically influence mitochondrial function and the
resistance of pregnant rats to hypoxia. The authors suggest that specific patterns of amino acids and
the activity of the α-ketoglutarate dehydrogenase complex in mitochondria can be used as sensitive
markers for the adaptation to hypoxia. In a review article, Ferko et al. [23] summarized and discussed
previous studies that evaluated the factors affecting the regulatory mechanisms in mitochondria
at the level of mitochondrial permeability transition and its impact on comprehensive myocardial
protection. The review put particular emphasis on signaling pathways leading to mitochondrial energy
maintenance during partial oxygen deprivation.

Inborn and metabolic diseases: Leber’s hereditary optic neuropathy (LHON), an inherited
mitochondrial disease, was the focus of the study by Starikovskaja et al. [24]. The authors performed
an entire mtDNA genome sequencing and provided genealogical and molecular genetic data on
mutations and haplogroup background of LHON patients in Russia (Siberia) and Europe. The results
indicate that haplogroup affiliation and the mutational spectrum of the Western Siberian LHON cohort
substantially deviated from those of European populations. Another study by Riess et al. [25] was
focused on the adverse effects of thiazolidinediones, a class of anti-diabetic drugs, which sometimes
were associated with heart failure. The latter was not clear, because these drugs activate the peroxisome
proliferator-activated receptor-gamma (PPARγ), which is believed to play a key role in cardioprotection.
However, Riess and coauthors [25] showed that there is another PPARγ-independent mechanism of
thiazolidinedione action based on a reversible increase in mitochondrial oxidation, causing an increase
in ROS production and a decrease in membrane potential. Both mechanisms may cause damage
to the myocardium and have to be considered in the treatment of diabetic patients. The study by
Picca et al. [26] attempted to evaluate the impact of iron metabolism on the process of muscle aging
with an emphasis on mitochondrial homeostasis. Their data show that the changes in iron metabolism
are strongly associated with mtDNA content and damage. The authors assume that muscle iron
homeostasis is altered in old age, which contributes to the loss of mtDNA stability and impairs muscle
metabolism. Muscle iron metabolism may, therefore, represent a target for therapeutic interventions
against muscle aging.

In conclusion, the Special Issue “Mitochondria in Health and Diseases” includes the most recent
studies that elucidate the physiological role of mitochondria in cell life as well as the response of
mitochondria to various pathological stimuli in cell/animal models of human diseases, and in patients.
The articles in this Special Issue will further improve our understanding of mitochondrial biology
under physiological and pathological conditions, and open new avenues for the development of new
pharmacological compounds and conditional approaches for the treatment of human diseases through
targeting mitochondria.
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Abstract: The loss of mitochondrial function impairs intracellular energy production and potentially
results in chronic liver disease. Increasing evidence suggests that mitochondrial dysfunction in
hepatocytes contributes to the activation of hepatic stellate cells (HSCs), thereby resulting in hepatic
fibrogenesis. High-temperature requirement protein A2 (HtrA2/Omi), a mitochondrial serine protease
with various functions, is responsible for quality control in mitochondrial homeostasis. However,
little information is available regarding its role in mitochondrial damage during the development
of liver fibrosis. This study examined whether HtrA2/Omi regulates mitochondrial homeostasis in
hepatocyte during the development of hepatic fibrogenesis. In this study, we demonstrated that
HtrA2/Omi expression considerably decreased in liver tissues from the CCl4-induced liver fibrotic
mice model and from patients with liver cirrhosis. Knockdown of HtrA2/Omi in hepatocytes induced
the accumulation of damaged mitochondria and provoked mitochondrial reactive oxygen species
(mtROS) stress. We further show that the damaged mtDNA isolated from HtrA2/Omi-deficient
hepatocytes as a form of damage-associated molecular patterns can induce HSCs activation. Moreover,
we found that motor neuron degeneration 2-mutant mice harboring the missense mutation Ser276Cys
in the protease domain of HtrA2/Omi displayed altered mitochondrial morphology and function,
which increased oxidative stress and promoted liver fibrosis. Conversely, the overexpression of
HtrA2/Omi via hydrodynamics-based gene transfer led to the antifibrotic effects in CCl4-induced
liver fibrosis mice model through decreasing collagen accumulation and enhancing anti-oxidative
activity by modulating mitochondrial homeostasis in the liver. These results suggest that suppressing
HtrA2/Omi expression promotes hepatic fibrogenesis via modulating mtROS generation, and these
novel mechanistic insights involving the regulation of mitochondrial homeostasis by HtrA2/Omi may
be of importance for developing new therapeutic strategies for hepatic fibrosis.

Keywords: mitochondrial function; hepatic fibrogenesis; HtrA2/Omi; reactive oxygen species stress;
mitochondrial homeostasis

1. Introduction

Hepatic fibrosis is a histological consequence of the wound-healing process resulting from chronic
liver injuries induced by various causes. Advanced fibrosis progresses to liver cirrhosis leading to
various life-threatening complications and hepatocellular carcinoma [1]. During long-standing liver
injuries, the activation of hepatic stellate cells (HSCs) following hepatocyte damage and the recruitment
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of inflammatory mediators lead to the accumulation of extracellular matrix (ECM) [2]. At this time,
reactive oxygen species (ROS) are primarily generated in the mitochondria and endoplasmic reticulum
of hepatocytes, leading to further hepatocyte damage that results in HSC activation and enhanced
ECM production [3]. These vicious pathogenic events of involving hepatocyte damage, inflammation,
ROS production, and excessive ECM accumulation can accelerate hepatic fibrosis.

Mitochondria in hepatocytes serve as the primary source of energy; however, their dysfunction is
commonly associated with increased ROS production. Moreover, along with being the source of ROS,
mitochondria and mitochondrial DNA (mtDNA) can suffer damage by ROS. Thus, mitochondrial ROS
homeostasis is critical for preventing oxidative injury in hepatocytes [4,5]. Once mtDNA is damaged
by ROS produced in mitochondria, a cascade of events culminating in apoptosis or cell death proceeds.
Studies have suggested that mitochondrial dysfunction in injured hepatocytes can initiate the apoptotic
pathway, leading to increased collagen production via HSC stimulation [6–8]. Growing evidence
supports a link between mitochondrial dysfunction and liver fibrogenesis, and mitochondrial quality
control-based therapy has emerged as a new therapeutic strategy. However, it remains unknown
whether mitochondrial dysfunction, specifically in hepatocytes, plays a role in the fibrogenesis,
or whether mediators from hepatocyte mitochondrial damage promote liver fibrosis.

High-temperature requirement protein A2 (HtrA2, also known as Omi) is a nuclear encoded serine
protease that localizes in the intermembrane space of mitochondria under normal conditions, and it is
released into the cytosol upon apoptosis in response to various cellular stresses [9]. The pro-apoptotic
function of HtrA2/Omi protease is at least partially mediated via the binding and proteolytic removal
of inhibitor of apoptosis proteins. Recent studies illustrated that HtrA2/Omi inactivation does not
cause early lethality in non-neuronal tissue, unlike its effects in neuronal tissue, but it leads to
increased accumulation of mtDNA deletions and premature aging in mammals [10,11]. It has also
been demonstrated that HtrA2/Omi deficiency causes mtDNA damage through ROS generation
and DNA mutation, which can lead to the accumulation of unfolded proteins in the mitochondria,
oxidative stress, and defective mitochondrial respiration, suggesting that HtrA2/Omi is important for
mitochondrial homeostasis. Furthermore, our previous studies indicated that HtrA2/Omi deficiency or
point mutations in its protease domain cause mtDNA conformational changes through ROS production
in cultured cells [12]. The Ser276Cys (S276C) missense mutation in HtrA2/Omi was found to be the
cause of symptoms such as muscle wasting, neurodegeneration, involution of the spleen and thymus,
and death by 40 days of age in mnd2 (motor neuron degeneration 2) mutant mice. In these mice,
the protease activity of HtrA2/Omi is greatly reduced.

Given that both ROS and mitochondrial dysfunction contribute to liver fibrogenesis and that
hepatocyte mtDNA can exacerbate HSC activation, we hypothesized that HtrA2/Omi plays a pivotal
role in liver fibrosis by modulating mitochondrial homeostasis.

In the present study, we demonstrated that the progression of fibrosis in both animal models
and patients is associated with decreased expression of HtrA2/Omi, which modulates mitochondrial
function and ROS generation. The modulation of HtrA2/Omi through mitochondrial homeostasis
might be a promising anti-fibrotic therapeutic approach. These findings suggest the therapeutic value
of HtrA2/Omi in the treatment of liver fibrosis.

2. Materials and Methods

2.1. Clinical Samples and Animal Studies

Five liver fibrosis tissues were obtained from patients with diagnosed chronic liver diseases who
underwent liver transplantation (Seoul St. Mary’s Hospital, Seoul, South Korea) prior to 2010 and
stored in liquid nitrogen. None of them had history of any treatment. In addition, three liver tissues
(as controls) were also obtained from patients without viral hepatitis during surgical procedures,
and they were described in a previous report [13]. All patients provided written informed consent for
the storage of liver tissue samples according to the ethical guidelines of Seoul St. Mary’s Hospital in
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the Catholic University of Korea. Their personal information was restricted to analytical purposes.
Such information is not available to the public.

All animal care and experimental protocols were conducted in accordance with the guidelines for
the Care and Use of Laboratory Animals provided by the Research Supporting Center for Medical
Science of the Catholic University of Korea (2016-0005-03). BALB/C and heterozygous mnd2 (mnd2+/−)
mice of the B6(Cg)-Htra2mnd2/J strain were purchased from Orient Bio (Seongnam, Republic of Korea)
and Jackson Laboratory (stock no. 004608). Mnd2/mnd2, mnd2/+, and WT mice were obtained
by crossing mnd2 heterozygous (mnd2/+) mice. The genotypes of the mice were identified via
PCR-AluI-RFLP genotype analysis as previously described [14]. Mice were used when 6–8 weeks old,
excluding mnd2/mnd2 mice, which were used at 3 weeks of age, and housed in a standard laboratory
animal facility.

To establish an animal model of liver fibrosis, male BALB/C or mnd2/+mice (from five to seven
mice per group) were treated via intraperitoneal injections of CCl4 (Sigma, St. Louis, MO) as previously
described [15]. Briefly, mice received CCl4 dissolved in mineral oil (1/4 ratio) or mineral oil alone at a
dose of 0.5 mL/kg body weight twice a week for 8 weeks to induce liver fibrosis. The control group
received mineral oil alone at the same time. For the preventive study, liver-targeted hydrodynamic
gene delivery to the mice was performed as previously described [16,17]. In brief, saline containing
30 μg of pFLAG-HtrA2/Omi plasmid, an expression vector containing the murine HtrA2/Omi open
reading frame [18], or its control plasmid was hydrodynamically injected into the liver via a catheter
with temporal blood flow occlusions. The injection volume and flow rate were fixed at 5% body
weight and 1 mL/s, respectively. CCl4 and the pFLAG-HtrA2/Omi plasmid were administered from
five to seven mice in each group every 3 days for 8 weeks. The mice were sacrificed, and their livers
were harvested.

2.2. Histological Analysis and Immunohistochemistry

Liver tissues were fixed in 3.7% buffered formalin, and then embedded in paraffin wax. The samples
were cut into 3-μm sections and stained with hematoxylin & eosin (H&E) and Sirius Red (Direct Red
80, Aldrich, Milwaukee, WI) to detect collagen deposition. For immunohistochemistry, serial sections
were deparaffinized and hydrated through a graded alcohol series. Antigen retrieval was performed
by heating the sample in 0.01 M citrate buffer (pH 6.0) using a microwave vacuum histoprocessor
(RHS-1, Milestone, Bergamo, Italy) at a controlled final temperature of 121 ◦C for 15 min. To block
endogenous peroxide activity, the sections were quenched in 3% hydrogen peroxide in methanol and
then blocked with 1% bovine serum albumin in PBS. Sections were incubated with primary antibodies
against α-SMA and HtrA2/Omi diluted 1:500 in Antibody Diluent (Golden Bridge, Mukilteo, WA)
at 4 ◦C. After washing, the peroxidase EnVision System (HRP rabbit/Mouse Envision System TM,
Dakocytomation, Denmark) was applied at room temperature for 5–10 min. Peroxidase activity was
detected with 3,3′-diaminobenzidine tetrachloride (DakoCytomation) and hematoxylin counterstain
(DakoCytomation). The percent staining was calculated by the software of the Optimas 6.5 system.

2.3. TUNEL Assay

The TUNEL assay was performed using an in-situ cell death detection kit (Roche Diagnostics
GmbH, Mannheim, Germany) following the manufacturer’s protocol. After staining, the sections were
mounted with mounting medium with 4, 6-diamidino-2-phenylindole (DAPI; Sigma). Apoptotic cells
were quantified by counting TUNEL-positive nuclei. For each sample, the number of TUNEL-positive
cells was observed under a fluorescent or confocal microscope (Zeiss, Jena, Germany) and counted
under ×400 magnification. Six representative fields were evaluated for each mouse in all the
experimental groups.
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2.4. Isolation of Mouse Primary Hepatocytes and Cell Culture

Mice were intraperitoneally anesthetized with Rompun (10 mg/kg) and Zoletil (40 mg/kg).
These mice were then exsanguinated. Livers were perfused in situ through portal vein with calcium-
and magnesium-free Hanks’ balanced salt solution (HBSS, Welgene, Daegu, Republic of Korea)
until the firm texture was lost. After perfusion, soft liver tissue was removed and placed in a 1:1
mixture of Dulbecco’s modified Eagle’s medium and Ham’s F-12 medium (DMEM/F12, Invitrogen,
Carlsbad, CA). Subsequently, the liver suspension was poured through sterile 70-μm nylon mesh (BD
Sciences, San Jose, CA) and then the homogenate was centrifuged at 50 × g for 2 min. The pellet
containing parenchymal cells was washed twice with DMEM/F12 containing 10% fetal bovine serum
(FBS, Invitrogen). Isolated primary hepatocytes were plated onto collagen coated plates and cultured
in DMEM/F12 supplemented with 10% FBS. The non-tumorigenic mouse hepatocyte cell line FL83B
cells was cultured in Ham’s F-12K medium containing 10% FBS (Invitrogen), 100 μg/mL penicillin,
and 0.25 μg/mL streptomycin. The LX-2 human hepatic stellate cell line (Merck Millipore, Billerica,
MA; SCC064) with key features of hepatic stellate cytokine signaling and fibrogenesis was used as
described previously [19]. LX-2 cells were cultured in DMEM supplemented with 10% FBS (Invitrogen),
100 μg/mL penicillin, and 0.25 μg/mL streptomycin. The cells were maintained in a humidified
incubator at 37 ◦C with 5% CO2.

2.5. Western Blot Analysis

Protein was extracted from cell lysates using RIPA lysis buffer (10 mM Tris-HCl, pH 7.5; 10
mM EDTA; 1% NP-40; 0.1% SDS; 150 nM NaCl; 0.5% sodium deoxychloride; protease inhibitors)
for western blotting. Protein extracts were heated at 100 ◦C for 5 min before loading followed
by separation on 10% or 12% SDS-polyacrylamide gels, transfer onto nitrocellulose membranes
(Schleicher & Schuell, Dassel, Germany), and blocking for 1 h at room temperature in 5% skim milk.
The membranes were incubated with primary antibodies overnight at 4 ◦C, followed by incubation (2 h
at room temperature) with HRP-conjugated secondary antibodies (Amersham Biosciences, Cardiff, UK).
Target proteins were detected using an enhanced chemiluminescence system (Amersham Pharmacia
Biotech, Uppsala, Sweden) according to the manufacturer’s instructions. The density of each band was
analyzed using the Multi Gauge V3.0 program (Fujifilm, Tokyo, Japan).

2.6. Transmission Electron Microscopy (TEM)

Cells were collected and fixed with 4% paraformaldehyde and 2.5% glutaraldehyde in 0.1 M
phosphate buffer, pH 7.2, at 4 ◦C overnight. After rinsing with 0.1 M phosphate buffer three times
for 30 min each, the cells were treated with 1% osmium tetroxide in 0.1 M phosphate buffer for 1 h,
dehydrated through a graded series of ethanol and acetone, embedded in Epon 812, and polymerized
at 60 ◦C for 3 days. Ultrathin sections (60–70 nm) were prepared using an ultramicrotome (Leica
Ultracut UCT; Leica Microsystems GmbH, Wetzlar, Germany). The sections on Formvar-coated slot
grids were examined under a transmission electron microscope (JEM 1010; JEOL Ltd., Tokyo, Japan)
operated at 60 kV. Images were recorded using a CCD digital camera (Orius SC1000; Gatan, Pleasanton,
CA). All experiments were repeated three to five times to ensure reproducibility.

2.7. Immunofluorescence Staining

Cells were fixed with 4% paraformaldehyde for 20 min and permeabilized with 0.5% Triton
X (Sigma). After washing three times each with PBS, the cells were blocked with 1% bovine
serum albumin in PBS. Subsequently, the cells were incubated overnight at 4 ◦C with the primary
antibodies. The cells were washed three times with PBS and incubated with Alexa Flour 488-labeled
anti-rabbit IgG (Life Technologies, Carlsbad, CA). Nuclei were visualized by staining for 5 min
with 1 μg/mL DAPI. After washing, the preparations were mounted using Kaiser’s Glycerol gelatin
(Merck, Darmstadt, Germany). The fluorescence intensity of the preparations was detected using a
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confocal microscopy (Zeiss). Fluorescence intensity in cells per sections was measured with microscope
image-analysis software (ZEN blue software) by a single investigator who was blind to sample identity.
In each of four replicate experiments, 20 images were recorded, and the fluorescent cells in each image
were counted (every image contained approximately 20 cells). Finally, the cell concentration was
calculated from the average number of cells per image.

2.8. Serum Aminotransferase Activity and Hydroxyproline Determination

Hepatotoxicity was assessed by quantifying the activities of serum alanine aminotransferase (ALT)
using an ALT assay kit according to the manufacturer’s protocol (Vettest 8008 Chemistry Analyzer;
IDEXX Lab., UK). The accumulation of collagen in the liver tissue was determined by estimating the
hydroxyproline content, an amino acid characteristic of collagen. Hydroxyproline levels in mouse
livers were measured using a hydroxyproline assay kit (BioVision, Milpitas, CA) according to the
manufacturer’s instructions. The results are reported as milligrams of hydroxyproline per gram of wet
liver tissue.

2.9. Lentiviral Vector Transduction

To establish a stable HtrA2/Omi-depleted cell line, FL83B cells were infected with a mouse
HtrA2/Omi specific shRNA-encoded lentivirus (Sigma; SHCLNV-NM_019752). An shRNA negative
control lentiviral particle (LV-Control) was used as a negative control. To generate a stable cell line,
FL83B cells were plated at a density of 1 × 105 cells per 60-mm culture dish and infected overnight with
five multiplicities of infection (MOI) lentiviral particles in the presence of 8 μg/mL hexadimethrine
bromide (Sigma). After infection, the transduced cells were selected using 10 mg/mL puromycin
(Sigma) for 2 weeks and incubated at 37 ◦C in a humidified incubator with 5% CO2. Suppression of
HtrA2/Omi expression in selected cells was confirmed by western blot analysis.

2.10. Quantitative Real Time-PCR-Based Gene Expression

Total RNA was extracted with TRIzol reagent (Invitrogen) and treated with DNase I (Invitrogen).
For first-strand cDNA synthesis, 1.5 μg of total RNA were reverse-transcribed at 42 ◦C for 1 h using a
random hexamer primer (Applied Biosystems) and Superscript II reverse transcriptase (Invitrogen).
mRNA levels were measured using SYBR Premix Ex Taq (Takara, Japan). The relative mRNA levels
were quantified using the comparative ΔCT method, normalized to β-actin. Primer sequences are
listed in Supplementary Table S1.

2.11. Mitochondrial Fractionation and mtDNA Extraction

Following cell lysis, mitochondria were prepared using a mitochondria isolation kit
(Pierce Biotechnology, Inc., Rockford, IL), according to the manufacturer’s protocol. Isolation and
DNase treatment of mitochondrial pellets were performed as described previously [20]. The DNase
and RNase-treated mitochondrial pellet was resuspended in lysis buffer via gentle pipetting and the
suspension was incubated at 37 ◦C for 1 h. A measure of 2 mg of proteinase K (Roche Diagnostics) was
added and the lysate was incubated for 1 h at 37 ◦C. mtDNA was purified according to the genomic
DNA extraction protocol using a DNeasy Blood & Tissue Kit (Qiagen, Santa Clarita, CA).

2.12. Genomic DNA Extraction and Quantitative PCR (qPCR)

Preparation of total genomic DNA from cell or liver tissue was performed using a DNeasy Blood
& Tissue Kit (Qiagen, Santa Clarita, CA). Kits were used according to the manufacturer’s instructions
with the inclusion of RNAse A treatment to generate RNA-free genomic DNA, and genomic DNA was
eluted using sterile deionized water. Quantitative PCR (qPCR) was conducted on genomic DNA using
SYBR Premix Ex Taq in triplicate for each sample.
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mtDNA damage was determined as a ratio of the copy number of short mtDNA-79 bp
fragments (indicative of damaged mtDNA) to the copy number of long mtDNA-230 bp fragments
(indicative of undamaged mtDNA) of the mitochondrial 16S-RNA gene as previously reported
(Supplementary Table S1) [21]. In addition, the mtDNA copy number was compared to determine
the relative mtDNA:nDNA ratio. Primers were designed within the mitochondria NADH
dehydrogenase 1 (mt-ND1), and cytochrome oxidase 1 (mt-COX1) region of the mitochondrial genome
(Supplementary Table S1). The nuclear NADH dehydrogenase flavoprotein 1 (Ndufv1) gene was used
to standardize the mtDNA copy number to the diploid chromosomal DNA content [22]. Relative gene
expression was normalized to that of the single-copy nuclear Ndufv1 gene (ΔCT) in each sample.

2.13. Mitochondrial Membrane Potential and ROS Production

Cells were incubated with 2 uM CM-H2DCFDA (Molecular Probes/Invitrogen) resuspended
in warm HBSS or HBSS alone for unstained controls for exactly 15 min. The cells were analyzed
on a FACSCalibur flow cytometer (BD). The cellular subset was identified according to size and
granularity. We used a mitochondria-specific dye (MitoTracker Green FM) that binds the mitochondrial
membrane independently of the membrane potential, and thus, the staining intensity is considered an
index of mitochondrial mass. For MitoSOX Red-based flow cytometric detection of mitochondrial
superoxide, cells were then incubated with MitoSOX Red superoxide indicator (Invitrogen) for 30 min,
washed, and then analyzed on a FACSCalibur. The mean channel fluorescence was converted to
absolute fluorescence using an inverse log transformation and normalized to that of untreated cells or
WT hepatocytes.

2.14. Measurement of Mitochondrial Respiration

The OCR and extracellular acidification rate of cells were measured using a Seahorse XF24
extracellular flux analyzer (Seahorse Bioscience, Billerica, MA). In brief, hepatocytes were plated on
Seahorse XF 24well plates at a density of 5 × 104 per well to achieve 80–90% confluency at the time of
assay. Following the overnight attachment of cells, the medium was replaced with Seahorse XF medium,
and the manufacturer’s protocol for the Mitostress kit was followed (Seahorse Bioscience). In this
analysis, sequential injections of 1 μM oligomycin, 1 μM FCCP, and 0.5 μM rotenone/antimycin A were
added to the cells to define the basal OCR, ATP-linked OCR, proton leak, maximal respiratory capacity,
reserve respiratory capacity, and non-mitochondrial oxygen consumption. Results for mitochondrial
respiration were normalized to the total protein content.

2.15. Serine Protease Activity Assy

The protease activity of HtrA2/Omi in liver sections from WT and mnd2 heterozygous (mnd2/+)
mice was assayed with the substrates β-casein. Liver lysates were immunoprecipitated (IP) with
HtrA2/Omi-specific polyclonal antibody. The IP complexes were incubated for the indicated times at
37 ◦C with β-casein as a substrate. The reaction samples were resolved by 15% SDS-PAGE, and the
processing pattern of β-casein was visualized by staining with Coomassie Brilliant Blue dye (CBB).
The level of the HtrA2 was analyzed by western bolt with HtrA2/Omi Ab.

2.16. Statistical Analysis

All results are expressed as the mean ± SEM. Comparisons between two groups were performed
using two-tailed Student’s t-test. * p < 0.05, ** P < 0.005, *** p < 0.001.

Comparisons between multiple groups were performed via two-way analysis of variance (ANOVA).
When ANOVA identified significant differences, individual means were compared using the post hoc
Bonferroni test. Statistical analyses were performed using GraphPad Prism software 6.0.
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3. Results

3.1. Mitochondrial Dysfunction Is Present in the CCl4-Induced Mouse Model of Liver Fibrosis

As has been reported for liver fibrosis, most forms of chronic liver diseases are associated with
the accumulation of damaged mitochondria, which are responsible for abnormal ROS formation and
respiratory complex alterations [23]. To investigate whether alterations in mitochondrial structure or
functions in hepatocyte were associated with the progression of liver fibrosis, we established a mouse
model of CCl4-induced liver fibrosis. As shown in Figure 1A, liver sections from the CCl4 group
displayed a distorted architecture with extensive collagen deposition upon staining with H&E and
Sirius Red. Further examination via TEM revealed obvious swelling in mitochondria, and the cristae
disappeared in mouse livers during the progression of hepatic fibrosis, suggesting that the mitochondrial
structure was damaged along with these fibrotic changes (Figure 1A). Based on these findings,
we hypothesized that the structural alterations of mitochondria were due to mitochondrial damage and
that mtDNA damage, such as damage-associated molecular patterns (DAMPs), accumulated in necrotic
hepatocytes. Therefore, we performed a quantitative evaluation of damaged mtDNA and mtDNA
content in CCl4-induced fibrotic livers. As in previous reports [21], we isolated genomic DNA, and then
performed qPCR assay for two different mtDNA, namely 79 bp fragment (damaged), and 230 bp
fragment (undamaged). The structurally damaged mitochondria in CCl4-induced fibrotic model
showed an increase in the damaged mtDNA at the ratios of the 79 bp fragment and 230 bp fragment
(Figure 1B). In addition, we performed qPCR assay for two different mtDNA markers, namely mt-ND1
and mt-COX1. The levels of these mtDNA markers were normalized against NADH dehydrogenase
flavoprotein 1 (Ndufv1) levels to examine the relative mtDNA to nuclear DNA ratios as described
previously [24]. As shown in Figure 1C, the copy numbers of mt-ND1 and mt-COX1 per Ndufv1 were
significantly increased by 2.2- and 2.3-fold, respectively in CCl4-induced fibrotic model. Based on
these results, the increased damaged mtDNA and mtDNA content in CCl4-induced fibrotic livers
can result in malfunctioning proteins and altered mtDNA replication and/or transcription efficiency.
Next, we examined the expression levels of mitochondrial respiratory and complex activity-encoded
genes in mouse livers during the progression of hepatic fibrosis using qRT-PCR and western blot
analysis. As shown in Figure 1D, the expression levels of nuclear-encoded subunit of complex IV
ATP5A (Complex V) and COX5B (Complex IV) mRNA were decreased in CCl4-induced fibrotic livers.
Furthermore, immunoblots illustrated that the levels of subunits of ATP5A and MTCO1 (Complex IV)
were significantly decreased in CCl4-induced fibrotic livers, whereas those of the SDHB (Complex II)
subunit were unchanged (Figure 1E). Therefore, these findings indicated that the pathogenesis of liver
fibrosis is associated with mitochondrial damage or mitochondrial dysfunction.
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Figure 1. Morphological and functional abnormalities in mitochondrial are present in the mouse model
of CCl4-induced liver fibrosis. Male BALB/c mice were injected intraperitoneally with CCl4 biweekly
for 8 weeks to establish a hepatic fibrosis mouse model. (A) Representative images of H&E and Sirius
red staining (original magnification, X200) of liver sections. TEM analysis of hepatocyte showing
nucleus (N) and mitochondria (M) (scale bar = 2 & 0.5 μm). (B) Damaged mtDNA levels of the 79 bp
fragment (damaged) and 230 bp fragment (undamaged) in gDNA isolated from livers of mice were
assessed by qPCR. Bars represent mean copy number ratios of mtDNA-79:230, normalized to 18S
levels. (C) Analysis of mtDNA content to obtain the mtDNA/nDNA ratio. gDNA isolated from livers
of mice was analyzed by qPCR for the indicated genes. (D) Total RNA isolated from livers of mice was
analyzed by qRT-PCR for the indicated genes. (E) Western blot analysis of representative subunits of
OXPHOS complexes expression.

3.2. HtrA2/Omi Expression Is Decreased in CCl4-Induced Fibrotic Mice and Patients with Liver Fibrosis

We attempted to identify and characterize the role of the mitochondrial serine protease HtrA2/Omi
in improving mitochondrial damage during the progression of hepatic fibrosis. We first used fibrotic
mouse models to validate the association of HtrA2/Omi expression with liver fibrosis. We found that
HtrA2/Omi expression was downregulated in CCl4-treated mouse livers via immunohistochemistry
and western blotting. Staining assays revealed that HtrA2/Omi predominantly localized in the
cytoplasm of hepatocytes and its levels were lower in fibrotic livers than in normal livers (Figure 2A).
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Likewise, immunoblotting demonstrated that HtrA2/Omi expression was markedly decreased in
mouse livers during the progression of hepatic fibrosis (Figure 2B). We detected α-smooth muscle
actin (α-SMA) expression as a marker of HSC activation in fibrotic liver tissues. These findings were
consistent with results obtained via western blotting using liver tissue samples from patients with
fibrosis and healthy controls (Figure 2C). Immunohistochemistry of HtrA2/Omi in human fibrotic
liver revealed that liver tissue from patients with late-stage fibrosis (grade 4) had lower HtrA2/Omi
expression than that from patients with early-stage fibrosis (grades 1–2) (Figure 2D). These results
suggest that HtrA2/Omi expression is downregulated in liver fibrosis with mtDNA alterations or
mitochondrial dysfunction.

 
Figure 2. HtrA2/Omi expression is downregulated in CCl4-induced liver fibrosis and human
fibrotic livers. (A) Representative images of H&E, Sirius red (original magnification, X200) and
immunohistochemistry staining (X400) of liver sections. (B) Western blot analysis of HtrA2/Omi,
α-SMA and β-actin expression. (C) The protein levels of HtrA2/Omi in liver tissue from patients with
fibrosis and healthy controls, as evaluated by western blotting. (D) Immunohistochemical staining of
HtrA2/Omi in human fibrotic liver (X200).

3.3. HtrA2/Omi-Deficient Hepatocytes Cause Mitochondrial Accumulation and Structural Anomalies

To investigate the direct relationship between HtrA2/Omi downregulation and mitochondrial
function in hepatocyte during liver fibrogenesis, we transfected a plasmid encoding shRNA targeting
HtrA2/Omi into FL83B mouse hepatocytes, which were named lenti-shHtrA2 cells. As shown in
Supplemental Figure S1A, HtrA2/Omi protein levels were significantly lower in lenti-shHtrA2 cells than
in negative control lenti-shNC cells. We previously reported that HtrA2/Omi deficiency causes mtDNA
damage through mutation and ROS generation, which can lead to mitochondrial dysfunction and
consequent cell death [12]. Therefore, we examined the effect of HtrA2/Omi depletion on intracellular
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total ROS and mitochondria ROS (mtROS) levels in lenti-shHtrA2 hepatocytes using CM-H2DCFDA
and MitoSox. As shown in Figure 3A,B, lenti-shHtrA2 cells produced greater amounts of mtROS despite
a decrease of total ROS than lenti-shNC cells. Recent reports suggested that mitochondria play a key
role in regulating cell size by affecting the balance of cell growth and proliferation through metabolic
activity [25]. Therefore, we measured the distributions of cell volume by analyzing forward (FSC) and
side (SSC) light scatter as a cell-size and granularity index and then measured the mitochondrial mass via
staining with a mitochondria-specific dye (MitoTracker FM) and intracellular voltage-dependent anion
channel (VDAC) expression in HtrA2/Omi-depleted FL83B cells. In addition to the absence of changes
in the cell-size and granularity index (Supplemental Figure S1C), the MitoTracker signal and VDAC
expression revealed that the average mitochondrial mass was not changed in HtrA2/Omi-depleted
hepatocytes (Supplemental Figure S1B). Next, the degree of mtDNA damage induced by mtROS was
measured in HtrA2/Omi-depleted hepatocyte via qPCR assay. As shown in Figure 3C, the ratios of the
79 bp fragment and 230 bp fragment were significantly increased by 1.7-fold in HtrA2/Omi-depleted
hepatocyte. Furthermore, an interesting observation was that mt-ND1 mtDNA content per Ndufv1 in
HtrA2/Omi-depleted FL83B cells was significantly increased by approximately 6-fold compared with
control levels, whereas ND1 mRNA levels were significantly decreased (Figure 3D,E). These results are
consistent with previous findings that MEF cells lacking HtrA2/Omi displayed increased mtDNA levels
relative to paired control cell lines [12]. Mitochondrial oxidative stress-induced mtDNA damage was
associated with a decrease in mitochondrial respiration [26]. Next, we examined the effect of HtrA2/Omi
depletion on mitochondrial respiration by measuring the oxygen consumption rate (OCR) using an
extracellular flux analyzer. Three basal OCRs were recorded, followed by the sequential injection of
oligomycin, FCCP, and antimycin A. As shown in Figure 3F, HtrA2/Omi-depleted FL83B cells displayed
impaired mitochondrial respiration either under basal or maximal oxygen consumption induced by
FCCP treatment. Taken together, these results indicate that HtrA2/Omi-deficient hepatocytes exhibit
mitochondrial dysfunction and a concomitant elevation of mtROS levels.

Figure 3. Lentivirus-mediated HtrA2/Omi depletion in hepatocyte lead to impaired mitochondrial
function and metabolism.
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(A) Intracellular ROS levels were measured by FACS-analysis using CM-H2DCFDA staining.
(B) Mitochondrial superoxide level was measured by FACS-analysis using MitoSOX red staining.
The fluorescence mean intensity of MitoSOX red per cell was quantified. (C) Damaged mtDNA levels
of the 79 bp fragment (damaged) and 230 bp fragment (undamaged) in gDNA isolated from cells were
assessed by qPCR. Bars represent mean copy number ratios of mtDNA-79:230, normalized to 18S levels.
(D) Real time qPCR analysis of mt-ND1 DNA normalized to nuclear Ndufv1 DNA. (E) ND1 mRNA
expression, as determined by qRT-PCR. (F) OCR measurements were obtained using an extracellular
flux analyzer. Results for mitochondrial respiration were normalized to the total protein content.

3.4. Loss of HtrA2/Omi Protease Activity in Hepatocytes Results in the Accumulation of Dysfunctional
Mitochondria and Oxidative Stress

We attempted to confirm the association of mitochondrial dysfunction with mtROS levels following
the loss of HtrA2/Omi mitochondrial protease activity as well as HtrA2/Omi depletion in hepatocytes.
Motor neuron degeneration 2 (mnd2)-mutant mice carry a single missense mutation (Ser276Cys)
in the HtrA2/Omi gene that inactivates the protease activity of HtrA2/Omi [27]. Consistent with
previous studies [28], mnd2-mutant mice exhibited striatal neuron loss; severe muscle wasting;
weight loss; general decreases in the sizes of organs such as the liver, thymus, heart, and spleen;
and death before 40 days of age (Supplemental Figure S2A). We next examined whether HtrA2/Omi
mutation influences the quantity and function of mitochondria in hepatocytes as well as liver
fibrogenesis. We observed mitochondrial morphology using TEM in liver tissue from wild-type (WT)
or mnd2-mutant mice at postnatal day 32. Compared with the findings in WT mice, the liver tissue
sections from mnd2-mutant mice appeared to have greater numbers of mitochondria and a slightly
larger volume (Supplemental Figure S2B). In addition, the mitochondria in the liver tissue sections
from mnd2-mutant mice were swollen compared with those in WT mice. These findings indicate that
HtrA2/Omi mutation induces mitochondrial accumulation, mitochondrial swelling, and disruption
of the cristae, and the results are similar for primary hepatocytes isolated from mnd2-mutant mouse
livers (Supplemental Figure S2C).

Based on the abnormal mitochondrial morphology and biogenesis in the livers of mnd2-mutant
mice, HtrA2/Omi mutation in hepatocytes is expected to lead to mitochondrial dysfunction.
We hypothesized that pathologic changes in mitochondria caused by HtrA2/Omi mutation result
from abnormalities of respiratory complex subunits. As mentioned previously, mnd2-mutant mice
displayed decreases in liver size, and thus, we compared the cell-size and granularity index of primary
hepatocytes isolated from WT and mnd2-mutant mouse livers at postnatal day 32 via FSC and SSC
analysis (Figure 4A). FACS analysis illustrated that the cell-size and granularity index was lower for
hepatocytes from mnd2 mutant mice. A previous study found that mitochondrial activity changes
with cell size, resulting in allometric scaling of metabolism at the cellular level [25,29]. To determine
whether HtrA2/Omi mutation in hepatocytes affects mitochondrial mass and mtROS, we assessed
VDAC expression, MitoTracker Green, and MitoSOX staining in primary hepatocytes isolated from
mnd2-mutant mouse livers via western blot, flow cytometry, and confocal microscopy. As shown in
Figure 4B, mtROS levels to be higher in mnd2-mutant hepatocytes than in WT hepatocytes. However,
no differences in mitochondrial mass by VDAC expression and MitoTracker staining were observed
between hepatocytes isolated from mnd2-mutant and WT mouse livers. Furthermore, confocal
microscopy revealed that mnd2-mutant hepatocytes had smaller mitochondrial areas, but higher
mitochondrial fluorescence intensity for MitoSOX Red than WT hepatocytes (Figure 4C). We also
measured intracellular ROS levels using the intensity of CM-H2DCFDA fluorescence in H2O2-treated
hepatocytes. As shown in Figure 4D, intracellular ROS levels were increased in mnd2-mutant mouse
hepatocytes treated with 1.5 mM H2O2. ROS levels were higher in mnd2-mutant mouse hepatocytes,
and mnd2-mutant mouse hepatocytes are more sensitive to H2O2-induced oxidative stress than in WT
hepatocytes. These findings suggest that the number of mitochondria per cell was not changed by
mnd2 mutation in primary hepatocytes, whereas mtROS and intracellular ROS levels were elevated.
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Figure 4. Loss of HtrA2/Omi in hepatocyte results in the accumulation of dysfunctional mitochondria
and oxidative stress. (A) Exemplary flow cytometry plot and histogram of showing populations of
primary hepatocyte in light scatters. (B) Mitochondrial morphology and superoxide levels in isolated
hepatocyte were measured by FACS-analysis using MitoTracker green and MitoSOX red staining.
The fluorescence mean intensity per cell was quantified. Western blotting for VDAC, mitochondrial
mass proteins in WT and mnd2-mutant hepatocytes, with β-actin as a loading control. (C) Confocal
microscopy of Mitotracker and MitoSOX red staining in primary hepatocyte. Nuclei were stained blue
by DAPI. (D) Intracellular ROS levels in primary hepatocyte were measured by FACS-analysis using
CM-H2DCFDA staining.

To clarify whether increased mtROS levels are involved in mitochondrial dysfunction in primary
hepatocytes isolated from mnd2-mutant mouse livers, we assessed damaged mtDNA and mtDNA
content using real-time qPCR. As shown in Supplemental Figure S2D,E, mt-ND1 and mt-COX1 were
detectable at higher levels in mnd2 hepatocyte, whereas their mRNA levels were significantly lower.
In addition, the ratios of the 79 bp fragment and 230 bp fragment were significantly increased by 5.5-fold
in mnd2 hepatocyte. These results are consistent with those in HtrA2/Omi-deficient hepatocytes and
CCl4-induced fibrotic livers. In addition, mitochondrial respiration (ATP5A, COX5B) and biogenesis
(ERRα) genes were downregulated in mnd2-mutant hepatocytes compared with their levels in WT
hepatocytes (Supplemental Figure S2F). These results reveal statistically significant associations
between mtDNA damage and the concomitant elevation of mtROS levels in mnd2-mutant hepatocytes.

3.5. Loss of HtrA2/Omi Mitochondrial Protease Activity in mnd2-Mutant Mice Promotes Liver Fibrosis

The abnormal mitochondrial shape and mitochondrial dysfunction observed in
HtrA2/Omi-deficient liver tissue might be closely linked to liver fibrogenesis. Next, we induced
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chronic liver injury in mnd2 heterozygous (mnd2/+) mice via repetitive CCl4 injections to observe
the development of extensive bridging fibrosis and substantial collagen deposits. As shown in
Supplemental Figure S3A, we demonstrated that the heterozygous (mnd2/+) mice for this deletion
showed a 50–70% reduction in mitochondrial protease activity. The mnd2/+mice were used because
mnd2 homozygous (mnd2/mnd2) mice die before 40 days of age. After 8 weeks of CCl4 treatment,
mnd2/+mice displayed significant hepatic fibrosis, as demonstrated by quantification of Sirius-red
positive area (Supplemental Figure S3B,C), compared with the findings in WT mice. Moreover,
the concentration of hydroxyproline in mnd2/+mouse livers was also increased after CCl4 injection
compared with the levels in WT mice (Supplemental Figure S3D). These results suggest that loss of
HtrA2/Omi mitochondrial protease activity in mnd2-mutant mice promotes liver fibrosis by increasing
mtDNA damage and mtROS levels.

3.6. HtrA2/Omi Deficient Hepatocyte Derived-mtDNA Induces Liver Fibrogenesis

Based on the aforementioned results, we demonstrated a direct link between increased mtDNA
damage in HtrA2/Omi-deficient or HtrA2/Omi-mutated hepatocytes and liver fibrogenesis. HtrA2/Omi
was predominantly expression in hepatocyte, but there is little information available regarding the
effects of potential paracrine stimulation by hepatocyte-derived mtDNA or mtROS on HSC activation
either in vivo or in culture. Therefore, we hypothesized that the accumulation of damaged mtDNA
in hepatocyte may serve as DAMPs to link the HSC activation. We isolated damaged mtDNA from
HtrA2/Omi-deficient or HtrA2/Omi-mutated hepatocytes and examined whether mtDNA can induce
HSC activation as DAMP molecules. Forty-eight hours after adding the same concentration (500ng) of
mtDNA extracted from HtrA2/Omi-deficient hepatocytes, upregulation of the mRNA transcripts for
collagen 1 and α-SMA was observed in inactivated LX-2 cells with serum-free medium (Figure 5A).
Furthermore, LX-2 cells underwent morphological changes in response to damaged mtDNA treatment,
as shown in stained images (Figure 5B). Consistent with the upregulation of collagen 1 and α-SMA
transcripts in LX-2 cell treated with mtDNA from HtrA2/Omi-mutated hepatocytes, collagen 1 and
α-SMA expression was upregulated in LX-2 cell treated with mtDNA from primary hepatocytes
isolated from mnd2-mutant mice (Figure 5C,D). These results, together with the previously mentioned
data, strongly suggested that the accumulation of damaged mtDNA due to a loss of HtrA2/Omi in
hepatocyte is associated with liver fibrosis through crosstalk with the activation of HSC.
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Figure 5. Loss of HtrA2/Omi mitochondrial protease activity promotes liver fibrosis. (A,C) Collagen 1
and α-SMA mRNA expression in LX-2 cell treated with the same concentration (500 ng) of hepatocyte
derived-mtDNA, as determined by qRT-PCR. (B,D) Immunofluorescence staining for α-SMA (green)
performed in LX-2 cell treated with hepatocyte derived-mtDNA. Nuclei were stained with DAPI
(blue). The relative intensity measurement of immunofluorescence is shown as histogram for α-SMA.
Original magnification, X400. CM: cultured LX-2 cells in completed media condition; S.F.: cultured
LX-2 cells in serum free media condition.

3.7. Restoration of HtrA2/Omi Expression Rescues CCl4-Induced Liver Fibrosis and Reverses Mitochondrial
Dysfunction in Hepatocyte

Because HtrA2/Omi expression is downregulated during hepatic fibrogenesis, it was expected
that HtrA2/Omi plays a protective role in our CCl4-induced liver fibrosis model. To further confirm
the protective role of HtrA2/Omi, we examined the effects of the hydrodynamic gene delivery of
pFLAG-HtrA2/Omi in the CCl4-induced liver fibrosis model. In a standard CCl4-induced mouse model
of liver fibrosis, serum ALT activity was significantly changed in mice treated with CCl4 twice weekly
for 8 weeks. The hydrodynamic injection of HtrA2/Omi attenuated the elevation of ALT activity in
CCl4-treated mice (Figure 6B). Subsequent experiments were performed to analyze liver histological
alterations occurring in response to HtrA2/Omi injection in CCl4-treated mouse livers. Semiquantitative
IHC detection of HtrA2/Omi expression cells confirmed a transient increase in the HtrA2/Omi-injected
liver than in control CCl4- treated livers (Figure 6C). Intriguingly, pFLAG-HtrA2/Omi administration
inhibited the development of hepatic fibrosis, as confirmed by H&E and Sirius red staining (Figure 6A).
Quantification indicated that the Sirius red-positive area was smaller (by 5.8%) in fibrotic livers from
mice injected with pFLAG-HtrA2/Omi plasmids than in livers from CCl4-treated mice (Figure 6D).
The hydroxyproline content was significantly lower in livers treated with pFLAG-HtrA2/Omi (1.1μg/mg,
p < 0.01) than in control CCl4- treated livers (2.17 μg/mg) (Figure 6E). Hepatic HtrA2/Omi expression
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significantly decreased the hepatic hydroxyproline level. Immunohistochemical staining using α-SMA
antibody illustrated that strong α-SMA expressions was limited to scarred areas in the CCl4 treatment
group, but pFLAG-HtrA2/Omi administration decreasedα-SMA expression in fibrotic areas (Figure 6A).
As previous studies reported that HtrA2/Omi directly contributes to apoptosis [9], we evaluated
apoptosis using the terminal deoxynucleotidyl transferase dUTP nick-end labeling (TUNEL) assay in
HtrA2/Omi-injected tissues. In the CCl4-treated group, 76% of cells were TUNEL-positive, versus 67%
of cells in the HtrA2/Omi-injected group (Supplemental Figure S4A,B). Consistent with the percent
of TUNEL-positive apoptotic cells, we found that cleaved caspase 3 levels were reduced in the
HtrA2/Omi-injected group compared with those in CCl4-treated group (Supplemental Figure S4A,C).
These results suggest that HtrA2/Omi expression appears to reverse, or at least prevent, further
progression of liver fibrosis.

Figure 6. HtrA2/Omi expression in mouse model of CCl4-induced liver fibrosis alleviates liver
fibrosis by protecting hepatocytes damage. HtrA2/Omi expression in CCl4-treated mice following
the hydrodynamic tail vein injection of 30 μg HtrA2/Omi-encoding plasmid DNA (n = 7) compared
with the mock control group (n = 5) over 8 weeks at 4-day intervals. Hepatic fibrosis was induced
by injection of CCl4 two times per week for 8 weeks. (A) Representative images of H&E, Sirius
red (original magnification, X200) and immunohistochemistry staining (X400) of liver sections.
(B) Effects of HtrA2/Omi expression on serum ALT. (C) IHC quantification of HtrA2/Omi positivity and
(D) semi-quantitative analysis of Sirius red staining. (E) The hydroxyproline content in mouse livers.

Furthermore, to determine whether HtrA2/Omi expression could reverse mitochondrial
dysfunction induced by CCl4 in hepatocyte, we compared the mitochondrial ultrastructure and mtDNA
content in the fibrotic livers of mice injected with pFLAG-HtrA2/Omi plasmids. Additional analyses
revealed that mitochondria more frequently had a normal structure within hepatocyte from the
HtrA2/Omi-injected group (Figure 7A). As shown in Figure 7B, the ratios of the 79 bp fragment and
230 bp fragment were decreased in the HtrA2/Omi-injected group than in the CCl4-treated control
group. The mt-ND1 and mt-COX1 mtDNA contents were significantly lower in the HtrA2/Omi-injected
group than in the CCl4-treated control group (Figure 7C). Conversely, there was no difference
in ATP5A and COX5B mRNA levels between the HtrA2/Omi-injected and CCl4-treated groups
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(Supplemental Figure S4D), but MnSOD and CuZnSOD expression in antioxidant enzymes was
restored by HtrA2/Omi treatment (Figure 7D). Taken together, these data suggested that HtrA2/Omi
has an important role in maintaining mitochondrial homeostasis that might decrease vulnerability to
liver injury and the development of liver fibrosis.

Figure 7. HtrA2/Omi expression in CCl4-induced liver fibrosis protects mitochondrial damage of
hepatocyte. (A) TEM analysis of hepatocyte showing nucleus (N) and mitochondria (M) (scale bar
= 2 & 0.5 μm). (B) Damaged mtDNA levels of the 79 bp fragment (damaged) and 230 bp fragment
(undamaged) in gDNA isolated from liver tissue were assessed by qPCR. Bars represent mean copy
number ratios of mtDNA-79:230, normalized to 18S levels. (C) qPCR analysis of mt-ND1 and mt-COX1
DNA normalized to nuclear Ndufv1 DNA. (D) Western blot analysis of MnSOD and CuZnSOD
expression in liver tissue from pFLAG-HtrA2/Omi treated fibrotic mice compared to mock vector
treated fibrotic mice.

4. Discussion

In this study, we demonstrated that mitochondrial dysfunction in hepatocytes is closely linked to
hepatic fibrosis, and HtrA2/Omi might play a critical role in preventing of hepatic fibrogenesis through
regulating mitochondrial homeostasis. Mitochondria are vital intracellular organelles that are altered
in response to cellular stress and metabolic changes in hepatocytes. Oxidative stress is considered a
key accelerator of liver fibrosis, and ROS produced by hepatocytes promote HSCs activation, resulting
in excessive ECM deposition [30,31]. Furthermore, increased ROS production is associated with
mitochondrial dysfunction in hepatocytes during liver damage [23,32], and subsequent mitochondrial
dysfunction leads to oxidative stress and changes in mtDNA damage and calcium homeostasis, resulting
in an energy crisis that can eventually lead to hepatocyte death. In the present study, we evaluated the
alteration in the mitochondrial structure or function in a mouse model of CCl4-induced liver fibrosis.
In addition, we demonstrate that downregulation of HtrA2/Omi expression in CCl4-induced liver
fibrosis has a major role in modulating mitochondrial function and ROS generation in vivo and in vitro.
Studies have shown that mitochondrial dysfunctions associated with HtrA2/Omi is a key causative
factor inducing cell death in various chronic pathological conditions in numerous human diseases,
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such as neurodegeneration and cardiovascular diseases [33,34]. However, the relationship between
mitochondrial dysfunction induced by HtrA2/Omi and chronic liver disease is unclear. Our analysis
revealed that HtrA2/Omi-deficient and HtrA2/Omi-mutant hepatocytes have considerable reductions in
mitochondrial electron transport chain activity and altered mitochondrial ultrastructural organization.
However, we found that mitochondrial mass remained unchanged and the production of total ROS and
mtROS increased in HtrA2/Omi deficient hepatocytes. These observations are consistent with previous
studies demonstrating that HtrA2/Omi deficiency is involved in the accumulation of intracellular
ROS [12,35,36], suggesting that mitochondrial damage in chronic liver injury leads to oxidative stress
and changes in mtDNA damage that can eventually result in hepatocyte death. Although there was
no change in the mitochondrial mass, the reason for the increased mtDNA contents in HtrA2/Omi
deficient or mutation hepatocytes was that the destruction of mtDNA, which exists as a supercoiled
form, caused morphological transfer to mtDNA of relaxed circular and linear forms. Accumulating
evidence has demonstrated an association that the accumulation of relaxed and linearized mtDNA
was used as a relatively good template for DNA amplification.

A number of recent studies reported correlations between elevated levels of intracellular or
circulating mtDNA and various human diseases [37–39]. A study by Zhang et al. found that
traumatic injury induces the release of mitochondrial DAMPs such as formyl peptides and mtDNA
into the circulation, and these circulating mitochondrial DAMPs activate multiple inflammatory
signal pathways through a specific receptor, toll-like receptor 9 (TLR9) [40]. TLR9 is in intracellular
compartments and recognizes unmethylated cytosine phosphate guanine-containing DNA. Similarly,
serum mtDNA levels are significantly higher in patients where acetaminophen-induced liver injury
is significantly higher than in healthy controls, suggesting that the extent of mtDNA release into the
circulation can be measured as a mechanistic biomarker of mitochondrial damage in patients with liver
injury [41–43]. However, studies on how damaged mtDNA accumulated in hepatocytes or mtDNA
released from hepatocytes affect non-parenchymal liver cells such as HSCs and cause liver fibrogenesis
are still limited. Although we did not extract the damaged mtDNA released from HtrA2 /Omi deficient
and HtrA2/Omi mutated hepatocytes, it showed the possibility that the accumulation of damaged
mtDNA in hepatocytes can induce HSC activation in the form of DAMP molecules. These results
were the first to demonstrate that HtrA2/Omi expression regulates mtDNA damage and mitochondrial
homeostasis in hepatocytes during liver fibrogenesis.

Initially, the roles of HtrA2/Omi in apoptosis, mitochondrial protein folding quality control, and cell
survival were investigated [9]. A recent study reported that HtrA2/Omi regulates autophagy and
inflammasome signaling by preventing prolonged accumulation of the inflammasome adaptor ASC [44].
In addition, Michell et al. found that expression of the pro-apoptotic protein Bcl-2 in the liver protected
against CCl4 induced-mitochondrial dysfunction and -oxidative stress in hepatocytes [8]. Therefore,
we observed that, by protecting the mitochondria, HtrA2/Omi could restore mitochondrial structure
and mitochondrial function, and subsequent play a pathophysiological role in the liver fibrogenesis
in CCl4-induced liver fibrosis model. By hydrodynamics-based gene transfer, the overexpression of
HtrA2/Omi leads to antifibrotic effects in CCl4-induced liver fibrosis mice model through decreasing
collagen accumulation and enhancing anti-oxidative activity by modulating mitochondrial homeostasis
in the liver. These results suggest that suppression of HtrA2/Omi expression promotes hepatic
fibrogenesis by modulating mitochondrial ROS generation, and these novel mechanistic insights
involving the regulation of mitochondrial homeostasis by HtrA2/Omi may be of importance for
developing new therapeutic strategies for hepatic fibrosis.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4409/8/10/1119/s1.
Figure S1. Lentivirus-mediated HtrA2/Omi depletion in hepatocyte lead to impaired mitochondrial function
and metabolism. (A) HtrA2-shRNA encoding lentivirus were infected at MOI of 5 into FL83B cells. HtrA2/Omi
protein levels were assayed using western blotting in lenti-shHtrA2 and lenti-shNC hepatocyte. (B) Mitochondrial
morphology was measured by FACS-analysis using MitoTracker green staining. Western blotting for VDAC,
mitochondrial mass proteins in lenti-shHtrA2 and lenti-shNC hepatocyte, with β-actin as a loading control.
(C) Exemplary flow cytometry plot and histogram of showing populations of primary hepatocyte in light scatters;
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FSC and SSC. The fluorescence mean intensity of FSC and SSC was quantified. Figure S2. Loss of HtrA2/Omi
in hepatocyte results in the accumulation of dysfunctional mitochondria and oxidative stress. (A) Changes of
mitochondrial ultrastructure in liver tissue from WT or mnd2-mutant mice at postnatal day 40. Appearance of
normal (WT, left panel), mnd2-mutant (right panel) mice and liver. (B) H&E staining (original magnification,
X200) and TEM images of liver sections. (C) Representative TEM images of hepatocytes isolated from WT and
mnd2-mutant mice. (D) qRT-PCR analysis of mt-ND1 and mt-COX1 DNA normalized to nuclear Ndufv1 DNA
in primary hepatocyte. (E & G) ND1, COX1, ATP5A, COX5B and ERRα mRNA expression in hepatocyte, as
determined by qRT-PCR. (F) Damaged mtDNA levels of the 79 bp fragment (damaged) and 230 bp fragment
(undamaged) in gDNA isolated from hepatocyte of mice were assessed by qPCR. Bars represent mean copy
number ratios of mtDNA-79:230, normalized to 18S levels. Figure S3. Loss of HtrA2/Omi mitochondrial protease
activity promotes liver fibrosis. (A) Loss of serine protease activity of HtrA2/Omi in liver sections from WT
and mnd2 heterozygous (mnd2/+) mice. Liver lysates were immunoprecipitated (IP) with HtrA2/Omi-specific
polyclonal antibody. The IP complexes were incubated for the indicated times at 37 ◦C with β-casein as a substrate.
The reaction samples were resolved by 15% SDS-PAGE, and the processing pattern of β-casein was visualized by
staining with Coomassie Brilliant Blue dye (CBB). The level of the HtrA2 was analyzed by IB with HtrA2/Omi
Ab. (B) Representative images of H&E and Sirius red staining of liver sections from WT and mnd2 heterozygous
(mnd2/+) mice via repetitive CCl4 injections (original magnification, X200). (C) Semi-quantitative analysis of
Sirius red staining in the fibrotic livers. (D). The hydroxyproline content. Figure S4. HtrA2/Omi expression in
mouse model of CCl4-induced liver fibrosis alleviates liver fibrosis by protecting hepatocytes damage. HtrA2/Omi
expression in CCl4-treated mice following the hydrodynamic tail vein injection of HtrA2/Omi-encoding plasmid
DNA (n = 7) compared with the mock control group (n = 5) over 8 weeks. Hepatic fibrosis was induced by injection
of CCl4 two times per week for 8 weeks. (A&B) HtrA2/Omi expression alleviates CCl4-induced hepatocyte death.
Representative pictures of TUNEL and activated caspase 3 staining for apoptosis detection. Nuclei were stained
with DAPI (blue). (C) The immunohistochemistry staining for cleaved caspase-3 was quantified by Image-Pro
Plus 6 software. (D) ATP5A and COX5B mRNA expression in liver tissue, as determined by qRT-PCR.
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Abstract: Regulation of mitochondrial free Ca2+ is critically important for cellular homeostasis.
An increase in mitochondrial matrix free Ca2+ concentration ([Ca2+]m) predisposes mitochondria
to opening of the permeability transition pore (mPTP). Opening of the pore can be delayed by
cyclosporin A (CsA), possibly by inhibiting cyclophilin D (Cyp D), a key regulator of mPTP. Here,
we report on a novel mechanism by which CsA delays mPTP opening by enhanced sequestration
of matrix free Ca2+. Cardiac-isolated mitochondria were challenged with repetitive CaCl2 boluses
under Na+-free buffer conditions with and without CsA. CsA significantly delayed mPTP opening
primarily by promoting matrix Ca2+ sequestration, leading to sustained basal [Ca2+]m levels for
an extended period. The preservation of basal [Ca2+]m during the CaCl2 pulse challenge was
associated with normalized NADH, matrix pH (pHm), and mitochondrial membrane potential (ΔΨm).
Notably, we found that in PO4

3− (Pi)-free buffer condition, the CsA-mediated buffering of [Ca2+]m

was abrogated, and mitochondrial bioenergetics variables were concurrently compromised. In the
presence of CsA, addition of Pi just before pore opening in the Pi-depleted condition reinstated the
Ca2+ buffering system and rescued mitochondria from mPTP opening. This study shows that CsA
promotes Pi-dependent mitochondrial Ca2+ sequestration to delay mPTP opening and, concomitantly,
maintains mitochondrial function.

Keywords: cyclosporin A; mitochondria calcium buffering; mitochondria bioenergetics; mitochondria
permeability transition pore; inorganic phosphate

1. Introduction

Regulation of intra-mitochondrial free calcium ([Ca2+]m) is critical in cardiac physiology and
pathophysiology. Under physiological conditions, a moderate increase in [Ca2+]m is believed to
stimulate key enzymes of the Krebs cycle and oxidative phosphorylation and to drive mitochondrial
ATP production to match cellular energy demand [1,2]. In contrast, a pathological increase in [Ca2+]m

causes opening of the mitochondrial permeability transition pore (mPTP), a key factor in initiation of
cell death [3,4]. Pathophysiological dysregulation of [Ca2+]m is a primary mediator in cardiac ischemia
and reperfusion (IR) injury, as Ca2+ overloading can lead to apoptosis [5–7].

[Ca2+]m is regulated by a dynamic balance between mitochondrial Ca2+ uptake,
intra-mitochondrial Ca2+ buffering, and mitochondrial Ca2+ release. Mitochondrial Ca2+ uptake
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is mediated primarily through the mitochondrial Ca2+ uniporter (MCU) [8–10], and is controlled by the
large membrane potential (ΔΨm: −180 to −200 mV) across the inner mitochondrial membrane (IMM).
The ΔΨm in turn is generated by the flow of electrons and proton pumping along the respiratory chain
complexes [11]. When [Ca2+]m increases, this depolarizes ΔΨm, which is compensated by enhanced
H+ pumping/extrusion to alkalinize the matrix. Therefore, powerful, dynamic buffering of matrix pH
(pHm) and Ca2+ are required to enable sufficient recovery of ΔΨm and to avoid overloading the matrix
with a high [Ca2+]. Inorganic phosphate (Pi) has been recognized as a major player in maintaining the
trans-matrix pH gradient when accompanied by the effective cotransport of H+ [12] and buffering of
matrix Ca2+ through the formation of amorphous calcium phosphate (Ca–Pi) granules [13–15]. The
Ca–Pi buffer system sets the free Ca2+ at a steady-state level, enabling greater mitochondrial Ca2+

loading without impeding the Ca2+ uptake and affecting the efflux system [16–18]. The efflux systems
that regulate [Ca2+]m are the Na+/Ca2+exchanger (NCLX) [17], and the putative Na+-independent Ca2+

exchanger/Ca2+-hydrogen exchanger (CHE) [19]. Any disruption in the uptake, and or impairment in
the buffering or efflux of Ca2+ would disrupt the delicate balance of the [Ca2+]m and lead to impaired
bioenergetics and to opening of the mPTP [3,4].

The opening of the high conductance mPTP channel is associated with a high degree of
mitochondrial swelling, dissipation of ΔΨm, uncoupling of oxidative phosphorylation, membrane
rupture and release of sequestered Ca2+, metabolites, and apoptotic signaling molecules [20–23].
Although the molecular components of the mPTP and its regulation remain largely unclear, cyclophilin
D (Cyp D) is the only unambiguously recognized regulatory component of the mPTP. Cyp D is a
mitochondrial matrix peptidyl-prolyl cis-trans isomerase (PPIase) that is translocated to the IMM
during high matrix Ca2+ conditions; Cyp D is proposed to facilitate conformational changes in the
putative mPTP core proteins thereby regulating pore opening [24–26].

Adenine nucleotides (AdN: ATP and ADP) have been implicated in the inhibition of
Ca2+-dependent mPTP opening [27,28]. A previous study from our laboratory suggested that
matrix AdN modulate [Ca2+]m, potentially by increased buffering of [Ca2+]m [29]. Oligomycin (OMN),
an F0F1-ATP synthase inhibitor, influences the AdN (ATP/ADP) pool, and has been shown to modulate
mPTP opening [30]. Cyclosporin A (CsA), a potent mPTP inhibitor is also believed to suppress pore
opening by inhibiting matrix Cyp D, thereby preventing the Cyp D-induced conformational changes in
mPTP core proteins [31,32]. CsA has long been known to desensitize mPTP from early opening during
Ca2+ challenges by impeding Ca2+ interaction with Cyp D; however, the direct effects of CsA on the
[Ca2+]m buffering system have not been investigated systematically. It is worth noting that in a previous
study from Chalmers and Nicholls [14], it was proposed that CsA enhances the Ca2+ loading capacity
of mitochondria without changing the relationship between free [Ca2+]m and total [Ca2+]m during
continuous Ca2+ infusion in isolated rat liver and brain mitochondria. Altschuld et al. [33] proposed
that CsA increases mitochondrial Ca2+ influx and reduces its efflux. Later, Wei et al. [34] demonstrated
that although CsA had no effect on MCU activity, it inhibited NCLX activity at higher concentrations.
Altogether, these findings raise important questions about how CsA delays Ca2+-induced mPTP
opening while increasing net [Ca2+]m accumulation. Our study sought to answer these questions by
(i) examining the effect of CsA during repeated CaCl2 challenges over an extended time-period on
mitochondrial Ca2+ buffering, and (ii) by examining the underlying changes in bioenergetics during
excessive Ca2+ overload.

To address our objective, we investigated systematically the effect of CsA on mitochondrial
Ca2+ buffering and compared its effect with a known matrix buffering component, the AdN pool
(OMN+ADP), by monitoring [Ca2+]e, [Ca2+]m, and key mitochondrial bioenergetics variables, ΔΨm,
pHm, and NADH (redox state), under conditions of repeated Ca2+ loading. Furthermore, we determined
the effect of CsA on the rescue of buffering capability and bioenergetics of failing mitochondria just
before mPTP opening. We found that CsA enhanced the sequestration of mitochondrial Ca2+,
maintained [Ca2+]m at a steady-state level, and markedly delayed mPTP opening. In addition, CsA
preserved ΔΨm, NADH, and pHm during CaCl2 bolus challenges. However, in the absence of Pi, this
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CsA-induced matrix Ca2+ sequestration was abrogated, and in turn led to the early mPTP opening.
The results described herein reveal a novel way by which CsA modulates matrix Ca2+ sequestration to
maintain [Ca2+]m, despite increased Ca2+ loading. CsA-mediated Ca2+ sequestration is likely achieved
via a Pi-dependent [Ca2+]m buffering system that delays Ca2+-induced mPTP opening.

2. Materials and Methods

2.1. Materials

All chemical reagents were purchased from Sigma-Aldrich (St. Louis, MO, USA), unless stated
otherwise. Fluorescent probes Fura-4F, Fura-4FAM, tetramethylrhodamine methyl ester perchlorate
(TMRM) and 2′,7′-Bis-(2-Carboxyethyl)-5-(and-6)-carboxyfluorescein, acetoxymethyl ester (BCECFAM)
were purchased from Life Technologies (Eugene, OR, USA).

2.2. Animals

Albino Hartley guinea pigs of both sexes weighing between 250 to 350 g were procured from
Kuiper Rabbit Farm (Gary, IN, USA). All procedures were carried out in accordance with the National
Institutes of Health (NIH) Guide for the Care and Use of Laboratory Animals (NIH Publication
No. 85-23, revised 1996) and were approved by the Institutional Animal Care and Use Committee of
the Medical College of Wisconsin.

2.3. Mitochondria Isolation

Mitochondria were isolated from guinea pig hearts as described previously [29,35,36]. Briefly,
the guinea pig was anesthetized with an intraperitoneal injection of 30 mg ketamine plus 700 units of
heparin, for anticoagulation, and the heart was rapidly excised and minced in ice-cold isolation buffer
containing 200 mM mannitol, 50 mM sucrose, 5 mM KH2PO4, 5 mM MOPS, 1 mM EGTA, and 0.1%
bovine serum albumin (BSA) at pH 7.15 (adjusted with KOH). The suspension was homogenized at
low speed for 20 s in ice-cold isolation buffer containing 5 U/mL protease (from Bacillus licheniformis)
and the homogenate was centrifuged at 8000× g for 10 min. The supernatant was discarded, and the
pellet was suspended in 25 mL isolation buffer, and centrifuged at 850× g for 10 min. The supernatant was
centrifuged further at 8000× g to yield the final mitochondrial pellet, which was suspended in isolation
buffer and kept on ice until experimentation. All isolation procedures were performed at 4 ◦C and all
experiments were conducted at room temperature. Protein concentration was determined by the Bradford
method and the final mitochondrial suspension was adjusted to 12.5 mg protein/mL with isolation buffer.

The functional integrity of mitochondria was determined by the respiratory control index (RCI)
as described before [29,37]. Mitochondria were energized with pyruvic acid (PA, 0.5 mM; pH 7.15,
adjusted with KOH) followed by ADP (250 μM) addition. RCI was defined as the ratio of state 3
(after added ADP) to state 4 respiration (after complete phosphorylation of the added ADP). Only
mitochondrial preparations with RCIs ≥ 10 were used to conduct further experiments.

2.4. Experimental Groups and Protocols

Two protocols (Protocol A and Protocol B) were used to assess the effect of CsA and AdN on
mitochondrial Ca2+ handling and bioenergetics in normal and Ca2+-overloaded mitochondria, as
shown in Figure 1. Protocol A investigated the ability of CsA and AdN to modulate mitochondrial Ca2+

handling and delay mPTP opening. To further substantiate CsA-mediated buffering of matrix Ca2+,
Protocol B was designed to test the effectiveness of CsA and AdN on rescuing a failing mitochondrial
Ca2+ buffering system from imminent mPTP opening. There were five experimental groups: vehicle
(DMSO), CsA, ADP, OMN, and OMN+ADP. Experiments were also conducted in the presence of
deionized H2O as another vehicle (not shown). Each group was subjected to two different experimental
protocols (Protocol A and Protocol B) that differed in the order of treatment and addition of CaCl2
boluses to the mitochondrial suspension in experimental buffer.
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Figure 1. Schema of experimental timeline used to study the effect of Cyclosporin A (CsA) and adenine
nucleotide (AdN) on mitochondrial Ca2+ handling and bioenergetics during repeated CaCl2 pulses. (A)
In Protocol A, at t = 0 s, mitochondria (mito, 0.5 mg) were added to the Na+-free experimental buffer
solution. The mitochondrial suspension was exposed to 0.5 μM CsA, 250 μM ADP, 10 μM oligomycin
(OMN), or a combination of OMN+ADP at t = 30 s. Pyruvic acid (PA, 0.5 mM), was added at t = 60 s
to energize mitochondria (state 2). At t = 180 s, 20 μM of CaCl2 was added, followed by sequential
additions of 20 μM CaCl2 at every 300 s intervals until mPTP (mitochondrial permeability transition
pore) opened or no further Ca2+ uptake was observed. (B) In Protocol B, the mitochondrial suspension
was exposed to similar treatments as in Protocol A, but given after the last consecutive CaCl2 bolus
preceding the imminent onset of mPTP opening.

Delayed opening of mPTP (Protocol A): At t = 0 s, the experiment was initiated by suspending
0.5 mg of isolated mitochondria into the experimental buffer containing 130 mM KCl, 5 mM K2HPO4,
20 mM MOPS, 1 mM EGTA, 0.1% BSA, and EGTA ~0.036–0.040 μM at pH 7.15 (adjusted with KOH).
At t = 30 s, mitochondria were treated with DMSO (1 μM), ADP (250 μM), OMN (10 μM), OMN+ADP
or CsA (0.5 μM); at t = 60 s, mitochondria were energized with PA (0.5 mM). At t = 180 s, CaCl2 bolus
(20 μM final concentration) was added and subsequent CaCl2 boluses added at 5 min intervals until
pore opening (Figure 1A). Note that all experiments were conducted under state 2 conditions, except
in the ADP-and OMN+ADP-treated groups.

Rescue of mitochondria from mPTP opening (Protocol B): The mitochondrial suspension was
exposed to repetitive boluses of CaCl2 (20 μM) as described in Protocol A; rescue of mitochondria
from mPTP opening with the different treatments was carried out at 1 min of the last CaCl2 bolus in
which mitochondria Ca2+ uptake was observed before pore opening (Figure 1B). The onset of mPTP
opening was predicted based on calcium retention capacity (CRC) of the DMSO (control)-treated
group for each day’s experiment. The pulse preceding mPTP opening observed in the control was the
pulse chosen for targeted intervention in all subsequent experiments. In all experiments, extrusion
of Ca2+ via the Na+/Ca2+ exchanger (NCLX) was prevented by conducting all the experiments in
Na+-free conditions. That is, the respiration buffer, mitochondrial substrates, and all reagents/drugs
were Na+-free to prevent activation of the NCLX. Some experiments were conducted in the presence of
10 μM CGP 37157 (Tocris Bioscience), an NCLX inhibitor, which ascertained there was no potential
Na+ contamination in the respiration buffer from other sources [35,38,39].
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2.5. Mitochondrial Function Measurements

Fluorescence spectrophotometry (Qm-8, Photon Technology International, Horiba, Birmingham,
NJ, USA) was used to measure mitochondrial function, including mitochondria extra- and intra-matrix
free [Ca2+] ([Ca2+]e and [Ca2+]m, respectively), ΔΨm, redox state (NADH), and pHm. Fura-4F
penta-potassium salt (1 μM, Invitrogen™, Eugene, OR) was used to measure [Ca2+]e. For [Ca2+]m

measurements, mitochondria were incubated with Fura-4F AM (5 μM, Invitrogen™, Eugene, OR) for
30 min at room temperature (25 ◦C) followed by a final spin and resuspension to remove any residual
dye. ΔΨm was assessed using the cationic lipophilic dye TMRM (1 μM, Invitrogen™, Eugene, OR, USA)
in a ratiometric excitation approach [40]. NADH was measured by tissue autofluorescence, and matrix
pH (pHm) was assessed by incubating mitochondria in 5 μM BCECFAM (Invitrogen, Carlsbad, CA,
USA) for 30 min at room temperature (25 ◦C) followed by a final spin and resuspension [29,35,38,39].

2.6. Measurements of Free Ca2+

Quantification of [Ca2+]e and [Ca2+]m were made using the fluorescent Ca2+ indicator probe
Fura-4F with dual-excitation wavelengths (λex) at 340/380 nm and a single emission wavelength (λem)
at 510 nm. Ca2+ fluorescent intensities with Fura-4F are not influenced by background noise (e.g.,
NADH autofluorescence), so a background subtraction was unnecessary [38]. Fura-4F fluorescence
ratios (F340/F380) were used to calculate [Ca2+] using the equation described by Grynkiewicz: [41].

[Ca2+] = Kd
Sf2

Sb2

(R−Rmin)

(Rmax −R)
. (1)

The Kd value for Fura-4F binding to Ca2+ is 890 nM, which was described by us previously [38]. R is the
ratio of the fluorescence intensities at λex 340 and 380 nm, Sf2/Sb2 is the ratio of fluorescence intensities
measured at λex 380 nm in Ca2+-free (f)/Ca2+-saturated (Ca2+-bound, b) conditions. Rmin (Ca2+-free)
and Rmax (Ca2+-saturated) are R values for Fura 4F, carried out after mPTP opening, adding 1 mM
CaCl2, followed by 10 mM EGTA, pH 7.1. The free [Ca2+] in the buffer was calculated using an online
version of MaxChelator program (http://www.stanford.edu/~{}cpatton/maxc.html) and accordingly, a
standard curve was generated for the Fura-4F signal to the free [Ca2+] in the experimental solution by
fitting to the Grynkiewicz equation, as described above in Equation 1 [41].

2.7. Calculation of Mitochondrial Ca2+ Buffering Capacity

The ability of mitochondria to sequester Ca2+ is an index of its Ca2+ loading capacity, without
altering mitochondrial function. Here we calculated mitochondrial Ca2+ buffering capacity (mβCa)
using the model described by Bazil et al. [42]. Briefly, experimental data for extra-and intra-matrix
Ca2+ were fit with smooth trend curves satisfying the equation:

y(t) = p1 + p2e
(t−p3)

p4 + p5t, (2)

where y(t) was either [Ca2+]e or [Ca2+]m at any given time, t. Global trend-fits were performed in
MATLAB (Mathworks, Inc., MA) and parameters p1 (offset value), p2 (pre = exponential constant), p3

(time lag), p4 (decay time constant), and p5 (steady-state slope) were estimated and optimized using
the lsqnonlin and fmincon functions.

Mitochondrial Ca2+ buffering capacity for the second Ca2+ pulse (a cumulative of 40 μM added
Ca2+) was then calculated [42] as:

mβCa = −βCa,eVr
d[Ca2+]e

dt
/

d[Ca2+]m
dt

, (3)

where, mβCa, is the intra-mitochondrial Ca2+ buffering power, βCa,e is the extra-mitochondrial Ca2+

buffering power determined by:
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βCa,e = 1 +
∂[CaEGTA]e

∂[Ca2+]e
. (4)

Vr is the volume ratio of the extra-mitochondrial space and matrix space (~2000), d[Ca2+]e/dt
and d[Ca2+]m/dt are the rates of change of extra-and intra-mitochondrial free [Ca2+], respectively.
d[Ca2+]e/dt and d[Ca2+]m/dt were estimated by evaluating the analytical derivative of Equation (2)
using parameter estimates obtained from the trend fits [42].

Trend fits for data in Figure S4 were performed in Origin 2017 (OriginLab Corporation,
Northampton, MA, USA).

2.8. Measurement of ΔΨm, Redox State (NADH) and Matrix pH

Membrane potential was assessed by the dual-excitation ratiometric approach using the fluorescent
dye, TMRM, as described by Scaduto and Grotyohann [40] and in our published work [35,38,39].
Fluorescence changes were determined by two excitations, λex 546 and 573 nm, and a single emission
λem 590 nm. The calculated ratio of λex 573/546 is proportional to ΔΨm and has the advantage of a
broader dynamic range when compared to a single wavelength technique. Changes in mitochondrial
redox state (NADH) were determined by autofluorescence (i.e., by exciting the energized mitochondria
at λex 350 nm and collecting data at λem 456 nm). An increase in the signal reflects an increase in the
redox ratio of NADH to NAD+ (i.e., a shift to a more reduced state). Matrix pH was assessed using
BCECFAM (5 μM) at λex 504 nm and λem 530 nm. This fluorescent probe emits less fluorescence in an
acidic environment, thus a decrease in signal indicates matrix acidification and an increase in signal
indicates matrix alkalization [29].

2.9. Depletion of Endogenous Mitochondrial Phosphate

Given the important role of Pi in the mitochondrial Ca2+ buffering system [14,29], we tested the
effect of Pi in CsA-induced mitochondrial Ca2+ buffering. Isolated cardiac mitochondria were depleted
of endogenous Pi by pre-incubating mitochondria for 10 min at room temperature with 0.75 units/mL
hexokinase, 1 mM glucose, 0.5 mM ADP, 1 mM MgCl2, and 5 mM PA, as previously described [14,43,44].

2.10. Statistical Analyses

Data were transferred from PTI FelixGX (Version 3) into Microsoft® Excel® (2007). An unpaired
Student’s t-test was used to evaluate significant differences between means of CsA-treated versus
DMSO- and AdN-treated groups on specific variables ([Ca2+]m, [Ca2+]e, ΔΨm, NADH, or pHm) in
both Protocols A and B. The final data of a specific variable were expressed as mean ± standard error
(SE) over at least 4 replicates of the same variable (n = 4). Comparisons within and between groups
were performed by one-way ANOVA (analysis of variance) with Tukey’s post-hoc test to examine
differences among individual groups. p < 0.05 (two-tailed) was considered significant. See Figure
legends for statistical notations.

3. Results

3.1. Effect of CsA on Extra-Matrix Free [Ca2+]

To determine the effect of CsA on matrix Ca2+ uptake, we measured [Ca2+]e during repetitive
additions of 20 μM CaCl2 boluses at 5 min (300 s) intervals to allow characterization of the detailed
kinetics of steady-state Ca2+ dynamics (influx and buffering). Figure 2 shows the dynamics of [Ca2+]e

during CaCl2 pulse challenges, with different treatments. Panels A, B, C and panels D, E, F depict
the Ca2+ dynamics profile using Protocols A and B, respectively. Each panel consists of five traces
representing different treatment groups (DMSO, ADP, OMN, OMN+ADP, and CsA) in the presence of
approximately 40 μM EGTA (carried over from the isolation buffer). In response to each CaCl2 pulse,
an increase in Fura-4F fluorescence intensity was observed, which then returned to a baseline; the
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steady-state (ss) level is marked by the flat response as mitochondria take up and sequester the added
Ca2+. The opening of mPTP is evident by cessation of mitochondrial Ca2+ uptake and a sharp rise in
the extra-matrix dye fluorescent intensity. Ca2+ concentrations were determined from the fluorescence
ratios using Equation (1).

Figure 2. Effect of CsA and AdN on extra-mitochondrial calcium ([Ca2+]e) dynamics. Mitochondrial
Ca2+ uptake and buffering for each of the treatment groups: DMSO (control; black trace), CsA (red
trace), ADP (brown trace), OMN (blue trace), or OMN+ADP (green trace) are shown using the protocols
depicted in Figure 1. Mitochondrial suspension was exposed to 0.5 μM CsA, 250 μM ADP, 10 μM
OMN, or OMN+ADP before adding boluses of 20 μM CaCl2 (Protocol A; left column). Mitochondrial
suspension was exposed to added boluses of CaCl2 (20 μM) and rescued mitochondria from mPTP
opening (Protocol B; right column) with similar treatments as in Protocol A, at a time point at which it
would initiate pore opening. Representative traces show change in extra-matrix free Ca2+ ([Ca2+]e) over
time (A), and rescue of mitochondria from mPTP opening (D). Insets (A,D) show Ca2+ uptake kinetics
in detail. Steady-state [Ca2+]e (ss[Ca2+]e), 270 s after initiation of Ca2+ uptake, plotted as function of
added Ca2+ (20 μM) every 300 s, in delay of mPTP opening (B), and rescue of mitochondria from mPTP
opening (E). Insets (B,E) indicate the time points at which ss[Ca2+]e was calculated. Quantification of
steady-state [Ca2+]e after a cumulative of 80, 140, and 180 μM CaCl2 during delay of pore opening (C)
and cumulative of 100, 120, and 140 μM CaCl2 during rescue of mitochondria from mPTP opening (F).
Error bars represent mean ± SEM (* p < 0.05; ** p < 0.01; *** p < 0.005). Arrowhead indicates time of
addition of DMSO, ADP, OMN, OMN+ADP, or CsA during Protocol B.
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We plotted steady-state [Ca2+]e (ss[Ca2+]e) as a function of cumulative added CaCl2 at each
pulse (Figure 2B). The detailed dynamics of ss[Ca2+]e for the initial four CaCl2 pulses, in each group,
are illustrated in the enlarged scale inset (Figure 2A). The exposure of mitochondria to DMSO and
OMN, followed by repeated boluses of CaCl2, resulted in a gradual increase in ss[Ca2+]e with less
mitochondrial Ca2+ uptake and rapid Ca2+ release by the third or fourth CaCl2 pulse. The total CRC for
the DMSO and OMN were comparable (i.e., 133.3 ± 13.3 nmol Ca2+/mg protein and 146.6 ± 13.3 nmol
Ca2+/mg protein, respectively) (Figure S1). In the presence of ADP, mitochondria took up more Ca2+

before pore opening and the CRC was further augmented with OMN+ADP; the CRC value increased
from 213.3 ± 13.3 nmol Ca2+/mg protein for ADP alone to 373.3 ± 35.3 nmol Ca2+/mg protein for
OMN+ADP (Figure S1). Mitochondria treated with CsA before the addition of CaCl2 boluses displayed
a more robust Ca2+ uptake, with a significantly higher CRC value, 573.3 ± 26.6 nmol Ca2+/mg protein,
compared with all other groups (Figure 2A and Figure S1). Importantly, in CsA-treated mitochondria,
the addition of CaCl2 pulses (20 μM) did not significantly increase the ss[Ca2+]e until the sixth to
seventh pulse (Figure 2B), suggesting enhanced Ca2+ uptake. Figure 2C, summarizes the effects of
the different treatments on the ss[Ca2+]e for cumulative additions of 80, 140, and 180 μM of Ca2+,
which corresponds to the fourth, seventh, and ninth CaCl2 pulses, respectively. The addition of CsA
strongly blunted the Ca2+-induced increase in ss[Ca2+]e by stimulating faster and more Ca2+ uptake.
We observed that the ss[Ca2+]e was significantly lower for the CsA-treated mitochondria than for
OMN+ADP-treated mitochondria after the cumulative addition of CaCl2 of 80 μM (0.28 ± 0.0 μM
vs. 0.50 ± 0.02 μM), 140 μM (0.57 ± 0.06 μM vs. 0.77 ± 0.06 μM), and 180 μM (0.71 ± 0.02 μM vs.
0.95 ± 0.1 μM) CaCl2, respectively (Figure 2B,C). The sustained low ss[Ca2+]e for an extended period
of CaCl2 additions in the CsA-treated group indicates a maintained ΔΨm for Ca2+ uptake, resulting in
enhanced Ca2+ loading capacity because of improved buffering.

We next examined [Ca2+]e dynamics in the situation in which mitochondrial matrix Ca2+ nearly
reached threshold, as determined by the predicted opening of mPTP; in this case we added CsA just
before the anticipated mPTP opening. Using Protocol B (Figure 1), [Ca2+]e was measured and the kinetics
were compared in response to adding either DMSO, ADP, OMN, OMN+ADP, or CsA just before the onset
of the mPTP opening (Figure 2D). The dynamic changes in ss[Ca2+]e during the addition of different
treatments are illustrated in more detail in the inset of Figure 2D. In the DMSO-treated mitochondria,
three to four Ca2+ pulses (cumulative addition of 68 ± 4.9 μM CaCl2) were sufficient to induce the release
of matrix Ca2+. Addition of ADP or OMN reversed the initial pore opening and delayed matrix Ca2+

release by one to two pulses compared to DMSO. Addition of OMN+ADP also showed a significant
reversal of Ca2+ release with reduction in the ss[Ca2+]e (0.74 ± 0.18 μM). Thus, there was a considerable
increase in the CRC by OMN+ADP compared to DMSO (Figure 2D and Figure S1) and a further delay in
mPTP opening by one additional CaCl2 bolus compared to OMN or ADP alone. More impressively, the
addition of CsA not only reversed the increasing trend of ss[Ca2+]e to the baseline levels (0.42 ± 0.06 μM)
(Figure 2D,E), it further maintained the ss[Ca2+]e at a constant low value for an additional twelve to
thirteen Ca2+ pulses. This resulted in a four-fold and a two-fold increase in the CRC, compared to DMSO
and OMN+ADP, respectively (Figure 2E,F and Figure S1).

Altogether, these results demonstrate that CsA enhances mitochondrial Ca2+ uptake, thereby inhibiting
a consequent increase in free [Ca2+]e during CaCl2 pulse challenges, leading to an increase in the CRC
of the mitochondria. This sustained low ss[Ca2+]e and concomitant increase in Ca2+ uptake are likely
explained by enhanced [Ca2+]m buffering to maintain basal [Ca2+]m, which results in a preserved ΔΨm for
Ca2+ uptake and greater CRC. To investigate further the potential for CsA on mediating Ca2+ buffering, it
was necessary to examine the effects of CsA on matrix [Ca2+]m dynamics in the next set of experiments.

3.2. Effect of CsA on Matrix Free [Ca2+] Handling

Matrix Ca2+was assessed with Fura-4 AM as described in Materials and Methods. We explored the
effect of CsA on [Ca2+]m, under identical conditions and protocols as shown in Figure 1 (Protocols A,B).
Mitochondrial Ca2+ buffering was measured as a function of a decrease in Ca2+ fluorescence, reaching
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a steady-state at approximately 270 s after each bolus of CaCl2 added. The magnitude of mitochondrial
Ca2+ uptake for the first CaCl2 pulse (20 μM) was similar in all groups; however, on subsequent
additions of CaCl2, the ADP- and/or OMN-treated groups showed faster declines in [Ca2+]m with
lower mitochondrial steady-state [Ca2+]m (ss[Ca2+]m) and delayed mPTP opening compared to DMSO
(Figure 3A,B). Interestingly, the CsA-treated group showed a small increase in ss[Ca2+]m with each
CaCl2 pulse, but a gradual decline in ss[Ca2+]m was observed after [Ca2+]m exceeded 3 ± 0.10 μM with
the cumulative addition of 100–150 μM CaCl2 (Figure 3A,B) and a significant increase in CRC up to
fifteen to sixteen pulses. This suggested that the buffering effect of CsA on matrix Ca2+ is triggered
when [Ca2+]m reaches a certain value.

 

Figure 3. Effect of CsA and AdN on intra-matrix free Ca2+ ([Ca2+]m) dynamics. Mitochondrial Ca2+

uptake and buffering for each treatment groups, DMSO (control; black trace), CsA (red trace), ADP
(brown trace), oligomycin (OMN, blue trace), or combination of OMN+ADP (green trace) are shown
using the protocols depicted in Figure 1. Mitochondrial suspension was exposed to 0.5 μM CsA,
250 μM ADP, 10 μM OMN, or OMN+ADP before adding boluses of 20 μM CaCl2 (Protocol A; left
column). Mitochondrial suspension was exposed to added boluses of CaCl2 (20 μM) and rescued from
mPTP opening (Protocol B; right column) with similar interventions as in Protocol A, at a time point at
which it would initiate mPTP opening. Representative traces show changes in [Ca2+]m over time in
delay of mPTP opening (A) and rescue of mitochondria from mPTP opening (D). Insets (A,D) show
Ca2+ uptake kinetics in detail. Steady-state [Ca2+]m (ss[Ca2+]m), 270 s after initiation of Ca2+ uptake,
plotted as function of added Ca2+ (20 μM) every 300 s in delay of mPTP opening (B) and rescue of
mitochondria from mPTP from opening (E). Insets (B,E) indicate the time points at which ss[Ca2+]m

was calculated. Change in matrix-bound Ca2+:free Ca2+ over time in delay of mPTP opening (C) and
rescue of mitochondria from mPTP opening (F). Arrowhead indicates time of addition of DMSO, ADP,
OMN, OMN+ADP, or CsA during Protocol B.
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To estimate the mitochondrial Ca2+ buffering capacity, the ratio of bound Ca2+:free Ca2+ was
calculated from the change in [Ca2+]m (Figure 3A) to the total amount of Ca2+ taken up from the
extra-matrix medium (ΣCa2+

uptake): (ΣCa2+
uptake-[Ca2+]m)/[Ca2+]m, as described previously [45].

Although the extent of bound Ca2+:free Ca2+ at each Ca2+ pulse was comparable in all the treated
groups (Figure 3C), the addition of CsA maintained the buffering capacity, with a gradual increase in
the capacity to bind Ca2+ up to fifteen or sixteen Ca2+ pulses (Figure 3C).

Greater uptake of Ca2+ from the extra-matrix space (indicated by lower ss[Ca2+]e), combined
with lower ss[Ca2+]m, indicated a greater Ca2+ buffering capacity of mitochondria in the presence of
CsA. Consistent with this notion, the calculated matrix Ca2+ buffering capacity (mβCa) in CsA-treated
mitochondria was about ten-fold higher compared to DMSO and two-fold higher than with OMN+ADP
(Figure 4). This CsA-mediated increase in mβCa is possibly due to an effect of CsA in triggering the
matrix physiological buffers to enhance sequestration of Ca2+.

Figure 4. Effect of CsA and AdN on mitochondrial Ca2+ buffering capacity. Mitochondrial Ca2+

buffering capacity calculated from trend fits of [Ca2+]e and [Ca2+]m for DMSO-(control), CsA-, and
OMN+ADP-treated mitochondria as described by Equations (2)–(4) in Materials and Methods. Buffering
capacity for each treatment was calculated from three-five experiments each for [Ca2+]e and [Ca2+]m

and averaged. Error bars represent mean ± SEM (* p < 0.01 compared with DMSO).

After observing the high buffering capacity of mitochondria pre-treated with CsA before the CaCl2
bolus challenges, we next examined the effect of CsA on the rescue of mitochondria from Ca2+ release
when the matrix Ca2+ buffering system (MCBS) becomes overwhelmed by the added boluses of CaCl2
(Figure 1B). As shown in Figure 3D,E, OMN and ADP, each failed to reverse the mitochondrial Ca2+

efflux with added boluses; however, adding CsA or OMN+ADP at similar time points significantly
reduced ss[Ca2+]m by reinstating Ca2+ sequestration. This reversal was more effective and sustained
in the presence of CsA than with OMN+ADP. This observation is consistent with the calculated values
of bound Ca2+: free Ca2+

, which increased two-fold for CsA compared to OMN+ADP (Figure 3F).
Taken together, these data demonstrate that CsA increases the mitochondrial Ca2+ threshold for mPTP
opening by activating [Ca2+]m buffering that results in maintenance of a low ss[Ca2+]m.

3.3. Effect of CsA on Ca2+-Mediated Changes in ΔΨm, NADH, and Matrix pH

A major driving force for Ca2+ uptake, in addition to the chemical gradient, is a high IMM
potential gradient (ΔΨm); but increased Ca2+ uptake without efflux or sequestration can decrease
ΔΨm by flooding the matrix with positive charges. To strengthen the thesis that CsA increases the
capacity of mitochondria to sequester Ca2+, we next investigated the effect of CsA on mitochondrial
bioenergetics. ΔΨm, NADH, and pHm were assessed using the same protocols as described in
Figure 1 for CRC to correlate changes in [Ca2+]m to changes in bioenergetics over time. mPTP
opening was marked by a sudden rise in the TMRM signal, indicating maximal depolarization of
Ψm. Correspondingly, the oxidation of NADH was marked by a decrease in matrix NADH signal
intensity when mPTP opens. Figure 5 shows representative traces of ΔΨm, NADH, and pHm for
each experimental condition. The rate of ΔΨm depolarization and NADH oxidation correlated well
with the induction of mPTP, as seen in the CRC data. The loss of CRC coincided with total ΔΨm
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dissipation and NADH oxidation. DMSO-treated mitochondria (control) exhibited rapid Ca2+-induced
ΔΨm depolarization and NADH oxidation (black trace) after only a few CaCl2 pulses. Addition of
OMN+ADP significantly delayed the Ca2+ induced ΔΨm depolarization and NADH oxidation when
compared to DMSO, with 533.3 ± 26.7 nmol Ca2+/mg protein vs. 200 ± 23 nmol Ca2+/mg protein and
546.7 ± 18.9 nmol Ca2+/mg protein vs.173.3 ± 13.3 nmol Ca2+/mg protein Ca2+ capacity, respectively
(Figure 5A,B). Mitochondria treated with CsA maintained ΔΨm and NADH for a higher number
of CaCl2 pulses than with OMN+ADP (666.7 ± 13.3 nmol Ca2+/mg protein, and 626.6 ± 13.3 nmol
Ca2+ /mg protein, respectively) (Figure 5A,B). Mitochondrial matrix pH (pHm) is known to modulate
mitochondrial Pi concentration and thus influence the matrix Ca2+ buffering [14]. The presence of CsA
maintained pHm at a basal level until mPTP opened (Figure 5C).

Figure 5. Effect of CsA and AdN on mitochondrial bioenergetics. The bioenergetic responses
during Protocols A (left column) and B (right column) were monitored using the ΔΨm sensitive dye
TMRM (tetramethylrhodamine methyl ester perchlorate) (A,D), NADH autofluorescence (B,E), and
pHm-sensitive dye BCECFAM (2′,7′-Bis-(2-Carboxyethyl)-5-(and-6)-carboxyfluorescein, acetoxymethyl
ester AM) (C,F). Purple arrowhead indicates time of addition of DMSO (1 μM), ADP (250 μM), OMN
(10 μM), OMN+ADP, or CsA (0.5 μM) during Protocol B.
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In Protocol B, intervention with OMN + ADP or CsA maintained ΔΨm, mitochondrial NADH,
and pHm (Figure 5D–F), and contributed to the improved capacity of mitochondria to take up and
sequester additional Ca2+ after CaCl2 pulses. However, OMN+ADP was less effective in preserving
ΔΨm, NADH, and pHm compared to CsA. This incapacity to sustain the bioenergetic status in the
OMN+ADP- vs. CsA-treated mitochondria during CaCl2 challenges reflects a lower capacity to
sequester Ca2+ in the matrix for a protracted time.

In summary, maintenance of ΔΨm, NADH, and pHm in the presence of CsA is consistent
with changes in [Ca2+]e and [Ca2+]m that reflect greater Ca2+ sequestration (Figure S2) and uptake.
Collectively, these results indicate that CsA reduced the accumulation of [Ca2+]m, by potentiating
matrix Ca2+ buffering, which in turn, maintained ΔΨm, NADH, and pHm necessary for normal
mitochondrial function. Together, these mitochondrial variables preserve mitochondria and protect
against mPTP opening.

3.4. Time Dependent Effect of CsA Addition on Rescue of Mitochondria from Imminent Ca2+-Induced mPTP
Opening

After demonstrating that CsA can reverse the induction of mPTP opening (Figures 2, 3 and 5), we
next investigated the dynamics of [Ca2+]e, [Ca2+]m and ΔΨm, by adding CsA at three different time
points, before the onset of mPTP opening. This approach allowed us to determine the threshold at
which CsA can effectively restore the mitochondrial sequestration system that will protect mitochondria
from Ca2+ overload-mediated pore opening. Figure 6, panels A-C, show changes in [Ca2+]e, [Ca2+]m,
and ΔΨm depolarization, induced by adding CsA at 1, 2, and 3 min after the last CaCl2 bolus in which
mitochondrial Ca2+ uptake was observed before pore opened. Right panels D-F show detailed (close up)
comparison of kinetics of [Ca2+]e, [Ca2+]m, and ΔΨm after adding CsA at different time points. Adding
CsA at all three tested time points, markedly delayed the large increase in [Ca2+]e due to mitochondrial
Ca2+ release. However, the effect of CsA to prolong Ca2+ uptake, which eventually maintains ss[Ca2+]e

at baseline, diminished as the interval before CsA addition and [Ca2+]e accumulation was lengthened
(Figure 6A). Adding CsA at 1 min caused a decline in [Ca2+]e, with a marked decrease in ss[Ca2+]e

(0.39 ± 0.07 μM) of the succeeding Ca2+ pulses, compared to adding CsA at 2 min (0.67 ± 0.03 μM) and
3 min (0.84 ± 0.05 μM) (Figure 6D; inset). In addition, we examined for changes in kinetics of [Ca2+]m

with CsA added at the same time points (Figure 6B). The rate of maximal Ca2+ buffering (i.e., the time
to reach steady-state [Ca2+]m) and the Ca2+ threshold for pore opening was significantly higher when
CsA was added at the early time points (i.e., 1 and 2 min) compared to the late time point of 3 min
(Figure 6E, inset).

Next, in a parallel study, we monitored the corresponding changes in ΔΨm profile at the same
rescue time points (1, 2, or 3 min). Adding CsA reversed the Ca2+-induced ΔΨm depolarization even
after a large depolarization (i.e., at 3 min; Figure 6C,F). Similar to its effect on [Ca2+]e and [Ca2+]m,
CsA restored and maintained ΔΨm for a longer period at rescue points of 1 min vs. 2 and 3 min.
Thus, at these points of intervention, CsA suppressed mPTP opening by increasing matrix Ca2+

buffering capacity, which maintained ΔΨm and the driving force for further Ca2+ uptake (Figure 6C).
Together, these results demonstrate that the magnitude of CsA-mediated increase in Ca2+ threshold for
mPTP opening and maintenance of mitochondrial integrity is dependent on the [Ca2+]m level before
CsA intervention.
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Figure 6. Time-dependent effects of CsA on mitochondrial Ca2+ dynamics and bioenergetics during
rescue of mitochondria from mPTP opening. Changes in (A) extra-matrix free Ca2+ ([Ca2+]e),
(B) intra-matrix free Ca2+ ([Ca2+]m) and (C) ΔΨm, when CsA was added at 1 min (blue trace),
2 min (green trace), and 3 min (red trace) after the last Ca2+ bolus before another Ca2+ bolus would
have caused mPTP opening. Right panels show the effect of CsA on (D) [Ca2+]e, (E) [Ca2+]m, and
(F) ΔΨm dynamics during rescue of mitochondria from mPTP opening in greater detail. Insets (D,E)
show relative ss[Ca2+]e and decay time constant (ms) at specified time points (black dotted box),
respectively. Arrows indicate time of addition of CsA (0.5 μM). Error bars represent mean ± SEM
(* p < 0.05, ** p < 0.01 vs. 3 min and # p < 0.05 vs. 2 min).

3.5. Role of Inorganic Phosphate in CsA-Induced [Ca2+]m Regulation.

Inorganic phosphate (Pi) is a required component for mitochondrial matrix Ca2+ buffering [14,29].
To gain insight into the mechanism that underlies CsA-mediated activation of the MCBS, we monitored
mitochondrial Ca2+ handling and ΔΨm during repeated boluses of 20 μM CaCl2 every 5 min, as
described in Materials and Methods, but now in the absence of Pi. With mitochondria depleted of
Pi, and in Pi-free media, the CRC of mitochondria treated with CsA before the CaCl2 pulses was
not different from DMSO (control). In addition, these mitochondria showed a gradual increase in
ss[Ca2+]e and interestingly, after cumulative additions of CaCl2 to 80 ± 15 μM, there was a significant
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decrease in mitochondrial Ca2+ uptake during additional CaCl2 pulses (Figure 7A). These results
implicated a Pi-dependent mechanism in the CsA-mediated delay in mPTP opening. In contrast, ADP
and OMN+ADP, but not OMN alone, caused a significant delay in mPTP opening (Figure 7A) in the
absence of Pi.

 
Figure 7. Effect of Pi on CsA-induced mitochondrial Ca2+ handling and bioenergetics. Time course of
[Ca2+]e (A), [Ca2+]m (B), ΔΨm (C), and matrix-bound Ca2+:free Ca2+ (D) during consecutive additions
of 20 μM CaCl2 to a suspension of Pi-depleted mitochondria, pre-exposed to DMSO (control), CsA,
ADP, OMN, or OMN+ADP.

Along with observing the Pi-mediated effect of CsA on [Ca2+]e dynamics, we also measured
[Ca2+]m under identical conditions. In the absence of Pi, mitochondria showed a gradual increase in
ss[Ca2+]m; matrix Ca2+ sequestration was strongly blunted in both DMSO-and CsA-treated groups.
This reflected diminished buffering capacity with the increase in [Ca2+]m (Figure 7B). However, in
the presence of ADP and OMN+ADP in the Pi-depleted condition, mitochondria displayed robust
CRC and enhanced Ca2+ buffering and thus decreased [Ca2+]m (Figure 7B). Intriguingly, this effect
was stronger than in the Pi replete condition (Figure 3). Mitochondria also showed an increased ratio
of bound Ca2+:free Ca2+ in the OMN+ADP-treated group, but not in the DMSO and CsA groups
(Figure 7D). These data further support the premise that Pi is crucial in CsA-induced matrix Ca2+

buffering and Pi is a requisite component of matrix calcium sequestration.
Since we observed significant attenuation of Ca2+ uptake and buffering by CsA in the absence of

Pi, we addressed how the altered mitochondrial Ca2+ dynamics impacted ΔΨm. Analysis of ΔΨm in
mitochondria depleted of Pi during CaCl2 bolus challenges revealed a gradual depolarization with each
Ca2+ pulse over time in the DMSO-, OMN-, and CsA-treated groups (Figure 7C); this was consistent
with the low CRC in these three groups due to the poor buffering after additional CaCl2 pulses. In
contrast, mitochondria exposed to ADP or OMN+ADP in the Pi-depleted state exhibited restored and
sustained ΔΨm, which supported a robust CRC (Figure 7C).
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To further confirm the requisite role of Pi in mediating CsA-induced activation of the MCBS, a
rescue experiment with 5 mM Pi was performed with DMSO-and CsA-treated groups in Pi-depleted
condition. With addition of deionized H2O (vehicle), pore opening was not prevented in either group
(data not shown). The addition of exogenous Pi to the buffer triggered a rapid reversal of Ca2+ release
(decrease in ([Ca2+]e) in parallel with complete restoration of ΔΨm (Figure 8). In contrast, additional
Ca2+ pulses in the Pi free DMSO-treated group failed to maintain ss[Ca2+]e and basal Ψm, and induced
rapid Ca2+ efflux (Figure 8). However, the CsA-treated mitochondria showed a robust uptake of [Ca2+]e

with low ss[Ca2+]e and sustained ΔΨm maintenance with additional CaCl2 boluses (Figure 8). Taken
together, these results establish that Pi is required for CsA-mediated mitochondrial Ca2+ buffering
that maintains low [Ca2+]m and preserves ΔΨm; this in turn contributes to the capacity for more Ca2+

uptake and thus increases the Ca2+ threshold for mPTP opening.

Figure 8. Mitochondrial Ca2+ modulation by CsA is phosphate (Pi)-dependent. Representative traces
show change in extra-matrix Ca2+ fluorescence (Fura-4F Ratio) and ΔΨm during consecutive 20 μM
CaCl2 boluses to induce mPTP opening in Pi-depleted mitochondria. Pi was added (purple arrowhead)
at threshold point when mitochondria exhibited limited uptake of Ca2+ from the buffer.

4. Discussion

Matrix free [Ca2+] ([Ca2+]m) plays two important roles: (i) Activation of Ca2+-dependent
dehydrogenases for oxidative phosphorylation at low concentrations [46]; and (ii) regulation of
cytosolic Ca2+ by sequestration of excess Ca2+ at high concentrations [47]. Excessive accumulation
of free [Ca2+]m is a leading factor in inducing mPTP opening. It is well established that repetitive
mitochondrial Ca2+ loading triggers a gradual increase in [Ca2+]m, leading to a loss of IMM integrity
that results in dissipation of ΔΨm and release of Ca2+. CsA is known to delay pore opening, in part, by
inhibiting the PPIase activity of Cyp-D [31]. Whether CsA-mediated delay in mPTP opening involves
regulation of [Ca2+]m by Pi-induced matrix Ca2+ buffering has not been addressed before. In this
study, we investigated the effects of CsA on [Ca2+]m regulation during repeated Ca2+ loading and its
functional significance in mPTP opening. Additionally, we determined if changes in [Ca2+]m induced
by CsA correlated with changes in mitochondrial bioenergetics under identical experimental conditions
and if matrix Pi was required for the observed CsA effects.

Since the key postulate was that CsA contributes to mitochondrial Ca2+ buffering, all experiments
were performed in Na+-free condition to completely block NCLX as a route for efflux of excess
matrix Ca2+. This allowed us to directly assess mitochondrial Ca2+ buffering capacity under different
treatments. Our major findings during repetitive CaCl2 bolus challenges are: (i) CsA maintained
basal ss[Ca2+]m owing to increased mitochondrial Ca2+ buffering capacity; (ii) the effectiveness of
CsA to maintain basal ss[Ca2+]m correlates well with preserved mitochondrial bioenergetics; (iii) the
buffering effect of CsA in a Pi-replete buffer was more pronounced than the known buffering effect
of OMN+ADP; (iv) CsA-induced buffering was abolished in Pi-depleted mitochondria and Pi-free
experimental medium. We conclude that the CsA-mediated delay in mPTP opening could, in large
part, be attributed to CsA-induced activation of a Pi-dependent mitochondrial Ca2+ buffering system
(MCBS), which maintains a low free [Ca2+]m and preserves mitochondrial bioenergetics.
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4.1. CsA-Mediated Inhibition of mPTP Opening Relates to the ss[Ca2+]m

Using the two protocols (Figure 1A,B), we examined the changes in [Ca2+]e and [Ca2+]m in
response to boluses of CaCl2 in the presence of vehicle (DMSO), CsA, ADP, OMN, or OMN+ADP over
time. Our experimental approaches allowed us to define the contribution of CsA in the regulation
of [Ca2+]m when CsA was given before the CaCl2 boluses (Protocol A) and at the threshold for pore
opening under condition of increased free [Ca2+]m accumulation (Protocol B). Our results clearly
indicate that the effect of CsA on delaying mPTP opening is due largely to its efficacy in maintaining free
ss[Ca2+]m by activating the MCBS in a Pi-dependent manner, and thereby preclude early mitochondrial
Ca2+ overload and delay induction of mPTP opening. Sustained low ss[Ca2+]e in the CsA-treated group
indicated increasing mitochondrial Ca2+ uptake driven by the enhanced sequestration of free [Ca2+]m

to maintain a transmembrane Ca2+ gradient and a charged ΔΨm that facilitated additional Ca2+ uptake
(Figure 2). Unlike previous studies [14,33,34], NCLX was blocked under our experimental conditions,
to prevent Ca2+ efflux during the repetitive CaCl2 additions; therefore, the net free ss[Ca2+]m in our
study was determined by the balance between Ca2+ uptake and Ca2+ sequestration.

Notably, the CsA-induced buffering of mitochondrial Ca2+ resulted in greater Ca2+ uptake to
attain a steady-state, as shown by the gradual decrease in ss[Ca2+]m with each added CaCl2 pulse
(Figure 3). Insofar as Ca2+–Pi precipitation is a major mechanism for mitochondrial Ca2+ buffering,
the sustained ss[Ca2+]m after each CaCl2 bolus indicated matrix Ca2+ storage, likely in the form of
various inorganic Ca–Pi complexes [14]. The low and maintained ss[Ca2+]m during continuous matrix
Ca2+ uptake is consistent with formation of these complexes. Although our study did not provide
direct experimental evidence for CsA-induced matrix Ca–Pi complex formation, the continuous rise in
estimated bound Ca2+:free Ca2+ ratio with each CaCl2 bolus as well as the ten-fold increase in mβCa

clearly reflects a CsA effect on [Ca2+]m buffering capacity (Figure 3).
The protective effect of CsA in delaying mPTP opening has long been reported [28,31,32]. Our

findings; however, provide the first direct evidence for a novel effect of CsA to enhance the capacity of
mitochondria to sequester Ca2+ by which it obviates Ca2+-induced mPTP formation. Moreover, the
effect of CsA in mediating greater matrix Ca2+ buffering explains the sustained free [Ca2+]m reported
by Chalmers and Nicholls [14] and the CsA-induced inhibition of mitochondrial Ca2+ efflux observed
in other prior studies [33,34].

4.2. Underlying Mechanism of the CsA-Mediated [Ca2+]m Regulation

It is well established that mitochondria are able to sequester large amounts of Ca2+, while
maintaining free [Ca2+]m over a range of 0.1 and 10 μM depending on the Ca2+ load [14]; however, the
mechanism and kinetics for this are unclear. Matrix Ca2+ buffering capacity is determined by: i) The
quantity of Ca2+ that can be retained, and ii) the Ca2+ threshold level for release when Ca2+ exchangers
are blocked or maximally operated [48]. The role of Pi as a physiological buffer in regulation of [Ca2+]m

has been extensively studied [14,44,45,49]. The major mechanism of Pi-mediated Ca2+ sequestration
in mitochondria is believed to be achieved by formation of amorphous Ca2+–Pi complexes in the
matrix [48,50,51], which in turn maintain the free [Ca2+]m at a low level. Hence, sustained [Ca2+]m

cyclically promotes more Ca2+ uptake via the MCU due to better preservation of both the Ca2+ gradient
and ΔΨm.

Though Pi plays an essential role in matrix Ca2+ buffering, Pi has also been suggested to induce
mPTP opening [52]. A recent study associated Ca2+–Pi precipitation with complex I inhibition and
reduced ATP synthase rate during Ca2+ overload [53]. Another report demonstrated that increasing
[Pi] decreased the mitochondrial Ca2+ loading capacity [14]. It was suggested that the mPTP-sensitizing
effects of Pi was likely due to its effect in decreasing matrix-free Mg2+, an mPTP inhibitor [20]. In
addition, formation of polyphosphate, a known inducer of mPTP, could be a factor in regulating the
Ca2+ threshold for mPTP activation [54,55]. Interestingly, two prior studies [56,57] indicated that Pi is
necessary for the inhibitory effect of CsA on mPTP opening. However, two other studies reported
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that CsA inhibits mPTP opening even in the absence of Pi [58,59]. Conversely, in our study, the
CsA-induced enhancement of matrix Ca2+ buffering was completely annulled when both mitochondria
and the experimental medium were depleted of Pi (Figure 7). This loss of Ca2+ sequestration by CsA
was reinstated when exogenous Pi was added just before activation of the mPTP (Figure 8). These
observations provide the essential explanation for the requirement of Pi in the CsA-mediated MCBS
and delay in mPTP opening.

The importance of mitochondrial matrix Ca2+ buffering via Pi is underscored by the studies of
Wei et al. [44,45]. They reported that Pi modulates the total amount of Ca2+ uptake with smaller CaCl2
boluses, whereas Pi modulates Ca2+ buffering capacity with larger CaCl2 boluses. Since we had Pi

in our experimental medium and the mitochondria were replete with exogenous Pi, the observation
that CsA induced low ss[Ca2+]e and ss[Ca2+]m could be explained by the following: (i) CsA activates
Pi-dependent matrix Ca2+ buffering potentially by maintaining the rate of Ca2+–Pi complex formation;
and (ii) CsA may activate Pi transport processes (via H+/Pi transporter and/or phosphate carrier) that
help to maintain both the IMM pHm and ΔΨm gradients. These processes would limit the increase in
free [Ca2+]m, which in turn would contribute to more Ca2+ uptake and retention by increasing the
electrochemical driving force for Ca2+ influx.

4.3. CsA vs. ADP; As a Regulator of [Ca2+]m

AdN are implicated as one of the multiple matrix factors responsible for sequestering Ca2+ by
mitochondria [29,60–62]. AdN can potentiate mitochondrial Ca2+ buffering by maintaining high matrix
Pi concentrations that can facilitate precipitation of AdN-Ca–Pi complexes, including, ATP-Mg2−/Pi

2−
and HADP2−/Pi

2−, and thereby increase the Ca2+ threshold for mPTP opening [60,63]. In a study by
Carafoli et al. [60], it was reported that mitochondrial Ca2+-buffering is proportional to mitochondrial
ADP uptake. In our Pi-replete study, OMN+ADP had a relatively small effect on Ca2+ buffering
compared to CsA, but it had a significantly larger effect than ADP or OMN alone (Figures 2, 3 and 5).
A reasonable explanation could be that OMN, an ATP synthase (Complex V) inhibitor [64], could
contribute towards augmenting the AdN pool and thus enhance matrix Ca2+ buffering. Consistent
with our findings, a previous study also showed a greater CRC with a low-concentration of ADP
with OMN compared to 10-fold larger concentration of ADP alone [30]. Thus, in agreement with
Sokolova et al. [30], the observed high buffering capacity and expanded CRC with OMN+ADP is
largely attributed to the ADP component of the matrix AdN pool. However, a previous study [62]
reported that AdN also prevent mitochondrial Ca2+ influx by directly chelating Ca2+ by a Ca–ATP
complexation [61]. Contrary to this observation, in our study, the direct effect of ADP on binding free
Ca2+ was negligible, as assessed by adding ADP and CaCl2 together in mitochondria-free experimental
buffer (Figure S4). Additionally, carboxyatractyloside-mediated inhibition of ADP uptake via adenine
nucleotide translocase precluded matrix Ca2+ buffering and blunted the CRC by OMN+ADP or
ADP alone (Figure S5). In this case, the extra-matrix ADP that accumulated did not chelate the Ca2+

added to the buffer. Altogether, these observations indicate that a direct sequestration of Ca2+ outside
the mitochondria does not explain the effect of ADP alone or OMN+ADP on the enhanced CRC in
our study.

A previous study [42] from our group proposed that the MCBS relies on at least two classes of
Ca2+ buffers. The first class could represent classical Ca2+ buffers, including mostly metabolites (ATP,
ADP, and Pi) and mobile proteins that bind a single Ca2+ ion at a single binding site. A second class of
buffers could be associated with the formation of amorphous Ca2+ phosphates, which may be capable
of binding multiple Ca2+ ions at a single site in a cooperative fashion [35,38,39,42]. Genge et al. [65]
showed, in an in vitro study, that annexins, a diverse class of proteins, are required for Ca2+-phosphate
nucleation. Additionally, many studies have suggested an AdN-dependent Ca2+-binding property of
annexins [66]. Interestingly, mitochondria exposed to ADP alone or OMN+ADP retained their ability
to maintain low ss[Ca2+]e and ss[Ca2+]m for an extended period of cumulative CaCl2 additions, and
showed a higher Ca2+ threshold for mPTP opening without Pi compared to with Pi (Figure 7). This
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extended delay in mPTP opening in the Pi-depleted state compared to the Pi-replete state reflects the
ability of Pi to induce early mPTP opening under certain conditions [52]. In this case, the presence of
Pi appears to counteract the ADP delay effect and induce a much earlier pore opening compared to the
Pi-depleted state. The mechanisms for this AdN-mediated massive matrix Ca2+ loading capacity in
the absence of exogenous Pi is unclear and needs to be further investigated. A plausible hypothesis
could be that, in the absence of Pi, a significant Ca2+ loading capacity of AdN might be mediated via
direct interaction with annexins. CsA, on the other hand, might function as a mediator that activates
a Pi-dependent Ca2+ buffering system. Another possibility is that Cyp D, as a PPIase, reduces free
phosphate levels in the matrix or blocks the Ca2+ binding property of annexins; this then would be
relieved by CsA’s effect to block Cyp D.

4.4. Implication of CsA-Mediated Ca2+ Buffering on Mitochondrial Bioenergetics

Elevated [Ca2+]m over the nanomolar range is reported to increase NADH generation in
part by stimulating Ca2+-sensitive dehydrogenases of the TCA cycle [67,68] and activating the
F0F1-ATP synthase [69], thereby accelerating oxidative phosphorylation (OXPHOS). However, excess
mitochondrial free Ca2+ can dissipate ΔΨm and impede OXPHOS. The IMM ΔΨm is the key factor in
generating the proton motive force across the IMM; it is also one of the primary driving forces for Ca2+

uptake via the MCU [70] and triggers Ca2+ efflux via the NCLX [71,72]. Therefore, if mitochondria
continue to take up Ca2+ under increased extra-matrix Ca2+ exposure, the Ca2+ would have to be
buffered or ejected to prevent excess free [Ca2+]m accumulation that could dissipate ΔΨm and increase
oxidation of NADH.

The stability of Ca2+–Pi precipitates inside the mitochondrial matrix largely depends on pHm [50].
It is also proposed that the matrix [Pi] depends on the pH gradient (e.g., a change in pH from 7 to
8 has been estimated to increase [Pi] by a factor of 1000 [14,50]). Thus, matrix alkaline conditions
could facilitate Ca2+–Pi precipitation, whereas matrix acidification could lead to a destabilization of
the Ca2+–Pi precipitate and so enhance matrix free Ca2+ levels [14]. Consequently, we correlated the
changes in [Ca2+]m with indices of mitochondrial bioenergetics (ΔΨm, NADH, and pH) (Figure 5) to
have a better understanding of the CsA-mediated MCBS. Mitochondria exposed to CsA before the
repetitive CaCl2 boluses, exhibited robust mitochondrial Ca2+ uptake and rapid [Ca2+]m buffering while
maintaining basal ΔΨm, NADH, and an alkalinized pHm until mPTP opened (Figure 5). Maintaining
ΔΨm during excess Ca2+ uptake in the absence of functioning NCLX suggests a strong matrix buffering
effect that is induced by CsA.

In Protocol B, when CsA was added just before the onset of pore opening, NADH and ΔΨm levels
transiently increased but immediately returned to baseline with each added CaCl2 bolus. This transient
depolarization and NADH oxidation with each addition of CaCl2 was not observed in Protocol A.
The reason for this is unclear. Nonetheless, the observed transient oxidation of NADH helped to
restore ΔΨm after Ca2+ induced transient depolarization before the next CaCl2 bolus (Figure 5D,E). The
transient redox oxidation and ΔΨm depolarization suggest that the CsA added at the point just before
mPTP opening activated MCBS more slowly compared to Protocol A. In addition, CsA maintained the
pHm gradient during prolonged Ca2+ pulse challenges (Figure 5C). This finding also likely excludes a
contribution of the mitochondrial calcium–hydrogen exchange (mCHE) to the Ca2+ extrusion in the
absence of NaCl. We have recently reported that CsA obviates mCHE activity at low extra-matrix
pH [19]. However, based on our current results, it is likely that CsA triggered an enhancement
of mitochondrial Ca2+ buffering so that the resulting low [Ca2+]m and maintained ΔΨm and pHm

accounted for the inactivity of mCHE.

5. Conclusions

The salient observation of this study is that CsA mitigated mPTP opening by promoting the
maintenance of a low [Ca2+]m, by stimulating and/or potentiating MCBS. Specifically, we showed
that the presence of CsA, (i) significantly delayed the mPTP opening when compared to ADP or
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OMN+ADP (Protocol A); (ii) overturned the high amplitude increase in [Ca2+]m (Protocol B); (iii)
maintained pHm, redox state (NADH) and basal ΔΨm, which maintains the driving force for more
Ca2+ uptake and sequestration; and (iv) activates Pi-dependent mitochondrial Ca2+ sequestration to
delay mPTP opening.

Our study provides a novel insight into how CsA-mediates a delay in mPTP opening by activating
the MCBS, which lowers ss[Ca2+]m below the threshold for mPTP activation. This concept is shown in
the scheme presented in Figure 9. Our finding supports the notion that CsA facilitates Pi-dependent
matrix Ca2+ buffering, which maintains matrix free Ca2+ and enables massive Ca2+ loading capacity,
without diminishing the driving force for Ca2+ influx by maintaining ΔΨm. CsA may delay mPTP
opening by enhancing Pi-dependent matrix Ca2+ buffering and by inhibiting Cyp D [31,32]. The
culmination of these two mechanisms, and possibly others not yet identified, might be responsible for
CsA protection against mitochondrial Ca2+ overload. Together, these findings add to our understanding
of the mechanism of CsA-mediated modulation of mPTP. Importantly, we believe that therapeutic
approaches targeted at regulating [Ca2+]m homeostasis represent a promising strategy to reduce cardiac
injury due to Ca2+ overload by delaying mPTP opening and preventing induction of apoptosis.

Figure 9. Schema of the potential mechanism by which CsA mediates delay in Ca2+-induced mPTP
opening. Pathological conditions, like cardiac ischemia-reperfusion injury, leads to an increase in
cytosolic Ca2+ ([Ca2+]c). This in turn increases [Ca2+]m and generation of reactive oxygen species (ROS),
impairs respiration and substrate utilization, and leads to uncoupling of oxidative phosphorylation.
Lower ΔΨm, oxidized redox state, and dissipation of the pHm gradient, together induces mPTP opening
which triggers apoptosis. These detrimental consequences that underlie IR injury could be mollified
by CsA, which allows the mitochondria to maintain their basal [Ca2+]m via enhanced Pi-dependent
matrix Ca2+ buffering, in addition to, or through, Cyp D inhibition. Sustained low [Ca2+]m maintains
mitochondrial integrity and function and delays mPTP opening.
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mPTP opening, ΔΨm collapse, NADH oxidation, and matrix acidification. Figure S3: Trend-fits for calculation
of buffering rate. Figure S4: Fura-4F ratio representing the change in [Ca2+]e before and after adding a 20 μM
CaCl2 bolus in the absence or presence of 250 μM ADP in the mitochondria-free experimental buffer. Figure S5:
Representative raw traces of extra-matrix Ca2+ fluorescence (Fura-4F ratio) and Ca2+ uptake in mitochondria
pretreated with 0.5% DMSO (control), OMN+ADP, and CATR (carboxyatractyloside)+OMN+ADP prior to
mPTP opening.

Author Contributions: J.M. and A.K.S.C., conceptualized and designed the experiments; J.M. and A.J.D.,
performed experiments; J.M., A.J.D. and G.K.N., analyzed data; J.M., W.-M.K., D.F.S. and A.K.S.C., interpreted
results; J.M. and A.K.S.C., drafted the manuscript and figures; J.M., G.K.N., W.-M.K., D.F.S. and A.K.S.C., critically
read/edited the manuscript. All authors have read and approved the manuscript.

Funding: This project was supported by the Veterans Administration (Merit Review BX-002539-01).

Acknowledgments: The authors are thankful to James S. Heisner for technical assistance.

Conflicts of Interest: The authors declare no conflicts of interest.

References

1. Denton, R.M.; McCormack, J.G. The calcium sensitive dehydrogenases of vertebrate mitochondria. Cell
Calcium 1986, 7, 377–386. [CrossRef]

2. Jouaville, L.S.; Pinton, P.; Bastianutto, C.; Rutter, G.A.; Rizzuto, R. Regulation of mitochondrial ATP synthesis
by calcium: Evidence for a long-term metabolic priming. Proc. Natl. Acad. Sci. USA 1999, 96, 13807–13812.
[CrossRef] [PubMed]

3. Bernardi, P. Mitochondrial transport of cations: Channels, exchangers, and permeability transition. Physiol.
Rev. 1999, 79, 1127–1155. [CrossRef] [PubMed]

4. Hajnoczky, G.; Csordas, G.; Das, S.; Garcia-Perez, C.; Saotome, M.; Sinha Roy, S.; Yi, M. Mitochondrial calcium
signalling and cell death: Approaches for assessing the role of mitochondrial Ca2+ uptake in apoptosis. Cell
Calcium 2006, 40, 553–560. [CrossRef] [PubMed]

5. Brookes, P.S.; Yoon, Y.; Robotham, J.L.; Anders, M.W.; Sheu, S.S. Calcium, ATP, and ROS: A mitochondrial
love-hate triangle. Am. J. Physiol. Cell Physiol. 2004, 287, C817–C833. [CrossRef] [PubMed]

6. O’Rourke, B.; Cortassa, S.; Aon, M.A. Mitochondrial ion channels: Gatekeepers of life and death. Physiology
(Bethesda) 2005, 20, 303–315. [CrossRef]

7. Camara, A.K.; Lesnefsky, E.J.; Stowe, D.F. Potential therapeutic benefits of strategies directed to mitochondria.
Antioxid. Redox Signal. 2010, 13, 279–347. [CrossRef]

8. Gunter, T.E.; Buntinas, L.; Sparagna, G.; Eliseev, R.; Gunter, K. Mitochondrial calcium transport: Mechanisms
and functions. Cell Calcium 2000, 28, 285–296. [CrossRef]

9. Baughman, J.M.; Perocchi, F.; Girgis, H.S.; Plovanich, M.; Belcher-Timme, C.A.; Sancak, Y.; Bao, X.R.;
Strittmatter, L.; Goldberger, O.; Bogorad, R.L.; et al. Integrative genomics identifies MCU as an essential
component of the mitochondrial calcium uniporter. Nature 2011, 476, 341–345. [CrossRef]

10. De Stefani, D.; Raffaello, A.; Teardo, E.; Szabo, I.; Rizzuto, R. A forty-kilodalton protein of the inner membrane
is the mitochondrial calcium uniporter. Nature 2011, 476, 336–340. [CrossRef]

11. Mitchell, P. Coupling of phosphorylation to electron and hydrogen transfer by a chemi-osmotic type of
mechanism. Nature 1961, 191, 144–148. [CrossRef] [PubMed]

12. Mitchell, P. Keilin’s respiratory chain concept and its chemiosmotic consequences. Science 1979, 206,
1148–1159. [CrossRef] [PubMed]

13. Greenawalt, J.W.; Rossi, C.S.; Lehninger, A.L. Effect of Active Accumulation of Calcium and Phosphate Ions
on the Structure of Rat Liver Mitochondria. J. Cell Biol. 1964, 23, 21–38. [CrossRef] [PubMed]

14. Chalmers, S.; Nicholls, D.G. The relationship between free and total calcium concentrations in the matrix of
liver and brain mitochondria. J. Biol. Chem. 2003, 278, 19062–19070. [CrossRef] [PubMed]

15. Starkov, A.A. The molecular identity of the mitochondrial Ca2+ sequestration system. FEBS J. 2010, 277,
3652–3663. [CrossRef]

16. Carafoli, E.; Tiozzo, R.; Lugli, G.; Crovetti, F.; Kratzing, C. The release of calcium from heart mitochondria by
sodium. J. Mol. Cell. Cardiol. 1974, 6, 361–371. [CrossRef]

49



Cells 2019, 8, 1052

17. Palty, R.; Silverman, W.F.; Hershfinkel, M.; Caporale, T.; Sensi, S.L.; Parnis, J.; Nolte, C.; Fishman, D.;
Shoshan-Barmatz, V.; Herrmann, S.; et al. NCLX is an essential component of mitochondrial Na+/Ca2+
exchange. Proc. Natl. Acad. Sci. USA 2010, 107, 436–441. [CrossRef]

18. Boyman, L.; Williams, G.S.; Khananshvili, D.; Sekler, I.; Lederer, W.J. NCLX: The mitochondrial sodium
calcium exchanger. J. Mol. Cell. Cardiol. 2013, 59, 205–213. [CrossRef]

19. Haumann, J.; Camara, A.K.S.; Gadicherla, A.K.; Navarro, C.D.; Boelens, A.D.; Blomeyer, C.A.; Dash, R.K.;
Boswell, M.R.; Kwok, W.M.; Stowe, D.F. Slow Ca(2+) Efflux by Ca(2+)/H(+) Exchange in Cardiac Mitochondria
Is Modulated by Ca(2+) Re-uptake via MCU, Extra-Mitochondrial pH, and H(+) Pumping by FOF1-ATPase.
Front. Physiol. 2018, 9, 1914. [CrossRef]

20. Bernardi, P.; Vassanelli, S.; Veronese, P.; Colonna, R.; Szabo, I.; Zoratti, M. Modulation of the mitochondrial
permeability transition pore. Effect of protons and divalent cations. J. Biol. Chem. 1992, 267, 2934–2939.

21. Szabo, I.; Zoratti, M. The mitochondrial megachannel is the permeability transition pore. J. Bioenerg. Biomembr.
1992, 24, 111–117. [CrossRef] [PubMed]

22. Crompton, M. The mitochondrial permeability transition pore and its role in cell death. Biochem. J. 1999, 341
Pt 2, 233–249. [CrossRef] [PubMed]

23. Kim, J.S.; He, L.; Lemasters, J.J. Mitochondrial permeability transition: A common pathway to necrosis and
apoptosis. Biochem. Biophys. Res. Commun. 2003, 304, 463–470. [CrossRef]

24. Nakagawa, T.; Shimizu, S.; Watanabe, T.; Yamaguchi, O.; Otsu, K.; Yamagata, H.; Inohara, H.; Kubo, T.;
Tsujimoto, Y. Cyclophilin D-dependent mitochondrial permeability transition regulates some necrotic but
not apoptotic cell death. Nature 2005, 434, 652–658. [CrossRef] [PubMed]

25. Basso, E.; Fante, L.; Fowlkes, J.; Petronilli, V.; Forte, M.A.; Bernardi, P. Properties of the permeability transition
pore in mitochondria devoid of Cyclophilin, D. J. Biol. Chem. 2005, 280, 18558–18561. [CrossRef] [PubMed]

26. Baines, C.P.; Kaiser, R.A.; Purcell, N.H.; Blair, N.S.; Osinska, H.; Hambleton, M.A.; Brunskill, E.W.; Sayen, M.R.;
Gottlieb, R.A.; Dorn, G.W.; et al. Loss of cyclophilin D reveals a critical role for mitochondrial permeability
transition in cell death. Nature 2005, 434, 658–662. [CrossRef]

27. Hunter, D.R.; Haworth, R.A. The Ca2+-induced membrane transition in mitochondria. I. The protective
mechanisms. Arch. Biochem. Biophys. 1979, 195, 453–459. [CrossRef]

28. Halestrap, A.P.; Connern, C.P.; Griffiths, E.J.; Kerr, P.M. Cyclosporin A binding to mitochondrial cyclophilin
inhibits the permeability transition pore and protects hearts from ischaemia/reperfusion injury. Mol. Cell.
Biochem. 1997, 174, 167–172. [CrossRef]

29. Haumann, J.; Dash, R.K.; Stowe, D.F.; Boelens, A.D.; Beard, D.A.; Camara, A.K. Mitochondrial free [Ca2+]
increases during ATP/ADP antiport and ADP phosphorylation: Exploration of mechanisms. Biophys. J. 2010,
99, 997–1006. [CrossRef]

30. Sokolova, N.; Pan, S.; Provazza, S.; Beutner, G.; Vendelin, M.; Birkedal, R.; Sheu, S.S. ADP protects cardiac
mitochondria under severe oxidative stress. PLoS ONE 2013, 8, e83214. [CrossRef]

31. Griffiths, E.J.; Halestrap, A.P. Further evidence that cyclosporin A protects mitochondria from calcium
overload by inhibiting a matrix peptidyl-prolyl cis-trans isomerase. Implications for the immunosuppressive
and toxic effects of cyclosporin. Biochem. J. 1991, 274 Pt 2, 611–614. [CrossRef] [PubMed]

32. Waldmeier, P.C.; Feldtrauer, J.J.; Qian, T.; Lemasters, J.J. Inhibition of the mitochondrial permeability transition
by the nonimmunosuppressive cyclosporin derivative NIM811. Mol. Pharmacol. 2002, 62, 22–29. [CrossRef]

33. Altschuld, R.A.; Hohl, C.M.; Castillo, L.C.; Garleb, A.A.; Starling, R.C.; Brierley, G.P. Cyclosporin inhibits
mitochondrial calcium efflux in isolated adult rat ventricular cardiomyocytes. Am. J. Physiol. 1992, 262,
H1699–H1704. [CrossRef]

34. Wei, A.C.; Liu, T.; Cortassa, S.; Winslow, R.L.; O’Rourke, B. Mitochondrial Ca2+ influx and efflux rates in
guinea pig cardiac mitochondria: Low and high affinity effects of cyclosporine A. Biochim. Biophys. Acta
2011, 1813, 1373–1381. [CrossRef] [PubMed]

35. Blomeyer, C.A.; Bazil, J.N.; Stowe, D.F.; Pradhan, R.K.; Dash, R.K.; Camara, A.K. Dynamic buffering of
mitochondrial Ca2+ during Ca2+ uptake and Na+-induced Ca2+ release. J. Bioenerg. Biomembr. 2013, 45,
189–202. [CrossRef] [PubMed]

36. Aldakkak, M.; Stowe, D.F.; Dash, R.K.; Camara, A.K. Mitochondrial handling of excess Ca2+ is
substrate-dependent with implications for reactive oxygen species generation. Free Radic. Biol. Med.
2013, 56, 193–203. [CrossRef] [PubMed]

50



Cells 2019, 8, 1052

37. Agarwal, B.; Dash, R.K.; Stowe, D.F.; Bosnjak, Z.J.; Camara, A.K. Isoflurane modulates cardiac mitochondrial
bioenergetics by selectively attenuating respiratory complexes. Biochim. Biophys. Acta 2014, 1837, 354–365.
[CrossRef] [PubMed]

38. Blomeyer, C.A.; Bazil, J.N.; Stowe, D.F.; Dash, R.K.; Camara, A.K. Mg(2+) differentially regulates two modes
of mitochondrial Ca(2+) uptake in isolated cardiac mitochondria: Implications for mitochondrial Ca(2+)
sequestration. J. Bioenerg. Biomembr. 2016, 48, 175–188. [CrossRef]

39. Boelens, A.D.; Pradhan, R.K.; Blomeyer, C.A.; Camara, A.K.; Dash, R.K.; Stowe, D.F. Extra-matrix Mg2+
limits Ca2+ uptake and modulates Ca2+ uptake-independent respiration and redox state in cardiac isolated
mitochondria. J. Bioenerg. Biomembr. 2013, 45, 203–218. [CrossRef]

40. Scaduto, R.C., Jr.; Grotyohann, L.W. Measurement of mitochondrial membrane potential using fluorescent
rhodamine derivatives. Biophys. J. 1999, 76, 469–477. [CrossRef]

41. Grynkiewicz, G.; Poenie, M.; Tsien, R.Y. A new generation of Ca2+ indicators with greatly improved
fluorescence properties. J. Biol. Chem. 1985, 260, 3440–3450. [PubMed]

42. Bazil, J.N.; Blomeyer, C.A.; Pradhan, R.K.; Camara, A.K.; Dash, R.K. Modeling the calcium sequestration
system in isolated guinea pig cardiac mitochondria. J. Bioenerg. Biomembr. 2013, 45, 177–188. [CrossRef]
[PubMed]

43. Zoccarato, F.; Nicholls, D. The role of phosphate in the regulation of the independent calcium-efflux pathway
of liver mitochondria. Eur. J. Biochem. 1982, 127, 333–338. [CrossRef] [PubMed]

44. Wei, A.C.; Liu, T.; O’Rourke, B. Dual Effect of Phosphate Transport on Mitochondrial Ca2+ Dynamics. J. Biol.
Chem. 2015, 290, 16088–16098. [CrossRef] [PubMed]

45. Wei, A.C.; Liu, T.; Winslow, R.L.; O’Rourke, B. Dynamics of matrix-free Ca2+ in cardiac mitochondria: Two
components of Ca2+ uptake and role of phosphate buffering. J. Gen. Physiol. 2012, 139, 465–478. [CrossRef]
[PubMed]

46. Glancy, B.; Balaban, R.S. Role of mitochondrial Ca2+ in the regulation of cellular energetics. Biochemistry
2012, 51, 2959–2973. [CrossRef] [PubMed]

47. Vasington, F.D.; Murphy, J.V. Ca ion uptake by rat kidney mitochondria and its dependence on respiration
and phosphorylation. J. Biol. Chem. 1962, 237, 2670–2677. [PubMed]

48. Chinopoulos, C.; Adam-Vizi, V. Mitochondrial Ca2+ sequestration and precipitation revisited. FEBS J. 2010,
277, 3637–3651. [CrossRef] [PubMed]

49. Harris, E.J.; Zaba, B. The phosphate requirement for Ca2+-uptake by heart and liver mitochondria. FEBS
Lett. 1977, 79, 284–290. [CrossRef]

50. Nicholls, D.G.; Chalmers, S. The integration of mitochondrial calcium transport and storage. J. Bioenerg.
Biomembr. 2004, 36, 277–281. [CrossRef]

51. Kristian, T.; Pivovarova, N.B.; Fiskum, G.; Andrews, S.B. Calcium-induced precipitate formation in brain
mitochondria: Composition, calcium capacity, and retention. J. Neurochem. 2007, 102, 1346–1356. [CrossRef]

52. Kushnareva, Y.E.; Haley, L.M.; Sokolove, P.M. The role of low (<or = 1 mM) phosphate concentrations in
regulation of mitochondrial permeability: Modulation of matrix free Ca2+ concentration. Arch. Biochem.
Biophys. 1999, 363, 155–162. [CrossRef] [PubMed]

53. Malyala, S.; Zhang, Y.; Strubbe, J.O.; Bazil, J.N. Calcium phosphate precipitation inhibits mitochondrial
energy metabolism. PLoS Comput. Biol. 2019, 15, e1006719. [CrossRef] [PubMed]

54. Abramov, A.Y.; Fraley, C.; Diao, C.T.; Winkfein, R.; Colicos, M.A.; Duchen, M.R.; French, R.J.; Pavlov, E.
Targeted polyphosphatase expression alters mitochondrial metabolism and inhibits calcium-dependent cell
death. Proc. Natl. Acad. Sci. USA 2007, 104, 18091–18096. [CrossRef]

55. Seidlmayer, L.K.; Gomez-Garcia, M.R.; Blatter, L.A.; Pavlov, E.; Dedkova, E.N. Inorganic polyphosphate is a
potent activator of the mitochondrial permeability transition pore in cardiac myocytes. J. Gen. Physiol. 2012,
139, 321–331. [CrossRef]

56. Chavez, E.; Moreno-Sanchez, R.; Zazueta, C.; Rodriguez, J.S.; Bravo, C.; Reyes-Vivas, H. On the protection by
inorganic phosphate of calcium-induced membrane permeability transition. J. Bioenerg. Biomembr. 1997, 29,
571–577. [CrossRef] [PubMed]

57. Basso, E.; Petronilli, V.; Forte, M.A.; Bernardi, P. Phosphate is essential for inhibition of the mitochondrial
permeability transition pore by cyclosporin A and by cyclophilin D ablation. J. Biol. Chem. 2008, 283,
26307–26311. [CrossRef] [PubMed]

51



Cells 2019, 8, 1052

58. McGee, A.M.; Baines, C.P. Phosphate is not an absolute requirement for the inhibitory effects of cyclosporin A
or cyclophilin D deletion on mitochondrial permeability transition. Biochem. J. 2012, 443, 185–191. [CrossRef]

59. Varanyuwatana, P.; Halestrap, A.P. The roles of phosphate and the phosphate carrier in the mitochondrial
permeability transition pore. Mitochondrion 2012, 12, 120–125. [CrossRef]

60. Carafoli, E.; Rossi, C.S.; Lehninger, A.L. Uptake of Adenine Nucleotides by Respiring Mitochondria during
Active Accumulation of Ca++ and Phosphate. J. Biol. Chem. 1965, 240, 2254–2261.

61. Michailova, A.; McCulloch, A. Model study of ATP and ADP buffering, transport of Ca(2+) and Mg(2+), and
regulation of ion pumps in ventricular myocyte. Biophys. J. 2001, 81, 614–629. [CrossRef]

62. Litsky, M.L.; Pfeiffer, D.R. Regulation of the mitochondrial Ca2+ uniporter by external adenine nucleotides:
The uniporter behaves like a gated channel which is regulated by nucleotides and divalent cations. Biochemistry
1997, 36, 7071–7080. [CrossRef] [PubMed]

63. Traba, J.; Del Arco, A.; Duchen, M.R.; Szabadkai, G.; Satrustegui, J. SCaMC-1 promotes cancer cell survival
by desensitizing mitochondrial permeability transition via ATP/ADP-mediated matrix Ca(2+) buffering. Cell
Death Differ. 2012, 19, 650–660. [CrossRef] [PubMed]

64. Devenish, R.J.; Prescott, M.; Boyle, G.M.; Nagley, P. The oligomycin axis of mitochondrial ATP synthase:
OSCP and the proton channel. J. Bioenerg. Biomembr. 2000, 32, 507–515. [CrossRef] [PubMed]

65. Genge, B.R.; Wu, L.N.; Wuthier, R.E. In vitro modeling of matrix vesicle nucleation: Synergistic stimulation
of mineral formation by annexin A5 and phosphatidylserine. J. Biol. Chem. 2007, 282, 26035–26045. [CrossRef]
[PubMed]

66. Bandorowicz-Pikula, J.; Buchet, R.; Pikula, S. Annexins as nucleotide-binding proteins: Facts and speculations.
Bioessays 2001, 23, 170–178. [CrossRef]

67. McCormack, J.G.; Denton, R.M. Intracellular calcium ions and intramitochondrial Ca2+ in the regulation of
energy metabolism in mammalian tissues. Proc. Nutr. Soc. 1990, 49, 57–75. [CrossRef] [PubMed]

68. Rutter, G.A. Ca2(+)-binding to citrate cycle dehydrogenases. Int. J. Biochem. 1990, 22, 1081–1088. [CrossRef]
69. Territo, P.R.; Mootha, V.K.; French, S.A.; Balaban, R.S. Ca(2+) activation of heart mitochondrial oxidative

phosphorylation: Role of the F(0)/F(1)-ATPase. Am. J. Physiol. Cell Physiol. 2000, 278, C423–C435. [CrossRef]
[PubMed]

70. Chinopoulos, C.; Adam-Vizi, V. The ‘ins and outs’ of Ca2+ in mitochondria. FEBS J. 2010, 277, 3621.
[CrossRef] [PubMed]

71. Jung, D.W.; Baysal, K.; Brierley, G.P. The sodium-calcium antiport of heart mitochondria is not electroneutral.
J. Biol. Chem. 1995, 270, 672–678. [CrossRef] [PubMed]

72. Kim, B.; Matsuoka, S. Cytoplasmic Na+-dependent modulation of mitochondrial Ca2+ via electrogenic
mitochondrial Na+-Ca2+ exchange. J. Physiol. 2008, 586, 1683–1697. [CrossRef] [PubMed]

© 2019 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

52



cells

Article

Fatty Acid Oxidation and Mitochondrial Morphology
Changes as Key Modulators of the Affinity for ADP in
Rat Heart Mitochondria

Adolfas Toleikis 1, Sonata Trumbeckaite 1,2, Julius Liobikas 1,3, Neringa Pauziene 4,

Lolita Kursvietiene 3 and Dalia M. Kopustinskiene 5,*

1 Neuroscience Institute, Lithuanian University of Health Sciences, Eiveniu 4, LT-50161 Kaunas,
Lithuania; tadolfas@yahoo.co.uk (A.T.); Sonata.Trumbeckaite@lsmuni.lt (S.T.);
Julius.Liobikas@lsmuni.lt (J.L.)

2 Department of Pharmacognosy, Medical Academy, Lithuanian University of Health Sciences, Sukileliu pr.
13, LT-50166 Kaunas, Lithuania

3 Department of Biochemistry, Medical Academy, Lithuanian University of Health Sciences, Eiveniu 4,
LT-50161 Kaunas, Lithuania; Lolita.Kursvietiene@lsmuni.lt

4 Institute of Anatomy, Lithuanian University of Health Sciences, Mickeviciaus 9, LT-44307 Kaunas,
Lithuania; Neringa.Pauziene@lsmuni.lt

5 Institute of Pharmaceutical Technologies, Medical Academy, Lithuanian University of Health Sciences,
Sukileliu pr. 13, LT-50161 Kaunas, Lithuania

* Correspondence: DaliaMarija.Kopustinskiene@lsmuni.lt

Received: 16 December 2019; Accepted: 27 January 2020; Published: 1 February 2020

Abstract: Fatty acids are the main respiratory substrates important for cardiac function, and their
oxidation is altered during various chronic disorders. We investigated the mechanism of fatty
acid–oxidation-induced changes and their relations with mitochondrial morphology and ADP/ATP
carrier conformation on the kinetics of the regulation of mitochondrial respiration in rat skinned
cardiac fibers. Saturated and unsaturated, activated and not activated, long and medium chain,
fatty acids similarly decreased the apparent Km

ADP. Addition of 5% dextran T-70 to mimic the oncotic
pressure of the cellular cytoplasm markedly increased the low apparent Km

ADP value of mitochondria
in cardiac fibers respiring on palmitoyl-l-carnitine or octanoyl-l-carnitine, but did not affect the
high apparent Km

ADP of mitochondria respiring on pyruvate and malate. Electron microscopy
revealed that palmitoyl-l-carnitine oxidation-induced changes in the mitochondrial ultrastructure
(preventable by dextran) are similar to those induced by carboxyatractyloside. Our data suggest that
a fatty acid oxidation-induced conformational change of the adenosine diphosphate (ADP)/adenosine
triphosphate (ATP) carrier (M-state to C-state, condensed to orthodox mitochondria) may affect the
oxidative phosphorylation affinity for ADP.

Keywords: ADP/ATP carrier; Km
ADP; mitochondria; fatty acid oxidation; dextran; morphology

1. Introduction

The major part of energy supply in cells comes from the fatty acid oxidation in mitochondria.
Fatty acids as the main respiratory substrates are important, not only for cardiac function [1,2], but also
they recently have been shown to provide energy for the proliferation and survival of tumors [3].
An increased fatty acid consumption reduces cardiac efficiency, and among the mechanisms involved,
a modulation of the ADP/ATP carrier has been suggested [4–6].

The studies of saponin-permeabilized heart and skeletal muscle fibers demonstrated that,
in contrast to isolated mitochondria, the mitochondrial outer membrane in situ possesses a low
permeability for exogenous ADP (high apparent Km

ADP of oxidative phosphorylation for external
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ADP), and therefore, is crucial in the mechanism of regulation of mitochondrial respiration in vivo [7,8].
Km

ADP is drastically (up to 10-fold) decreased in the case of the oxidation of saturated fatty acids (CoA-
or carnitine-esters of palmitate and octanoate; alone or in combination with pyruvate), but not during
the transport of fatty acids into mitochondria [9]; however, the mechanism of this phenomenon has not
been elucidated yet.

Mitochondria and intracellular ATPases in cardiomyocytes are in close proximity, and are arranged
into tightly coupled structural and functional complexes known as intracellular, energetic units [8,10,11].
Strict interpositions of mitochondrion optimizes the energy fluxes and interactions of mitochondria
with surrounding organelles; however, at high workload the direct ATP transfer does not fulfil the
energy need in heart cells [12,13]. In these conditions, the creatine kinase–phosphocreatine system is
useful: creatine (the substrate of mitochondrial creatine kinase) significantly stimulates the production
of ADP (when the concentration of ADP is suboptimal, i.e., about 50–10 μM) by mitochondrial creatine
kinase functionally coupled with the ADP/ATP carrier. This significantly enhances the respiration of
heart mitochondria and ATP production. The stimulating effect of creatine on respiration decreases
when the permeability of the mitochondrial outer membrane for ADP increases (the apparent Km

ADP

decreases) due to the treatment of cardiac cells with proteolytic enzymes (trypsin or collagenase) [14,15],
after the isolation of mitochondria [16,17], or due to some clustering of mitochondria possessing
an intact mitochondrial outer membrane and the alteration of their position within the cells of the
non-ischemic zone of the low-flow-perfused rat heart [18].

Fatty acids have been demonstrated to change the conformation of uncoupling protein [19].
Furthermore, other studies revealed structural, and to some extent functional, homology between
the uncoupling protein and the ADP/ATP carrier [20,21]. There is also an indirect evidence that low
apparent Km

ADP in mitochondria from cancerous cells [22,23] and fetal or neonatal mitochondria [24]
could be related to mitochondrial ultrastructural changes, namely increased, diffuse the mitochondrial
matrix volume corresponding to orthodox mitochondrial conformation [25,26].

Mitochondria are significantly more abundant in hearts compared to skeletal muscle, brain, kidney
and liver [27]. Furthermore, cardiac mitochondria primarily use fatty acids as respiratory substrates,
whereas most other organs use glucose as the major energy substrate [28], and therefore, we have
chosen skinned cardiac fibers as the experimental object in our study. We investigated the mechanism
of fatty acid–oxidation-induced changes and their relations with mitochondrial morphology and
ADP/ATP carrier conformation on the kinetics of the regulation of mitochondrial respiration (the
apparent Km

ADP) in situ; i.e., in the mitochondria of saponin-permeabilized rat heart muscle fibers,
where mitochondria and the ATPases in myofibrils and in the sarcoplasmic reticulum remain intact,
corresponding to the physiological conditions in the cell [8,10].

2. Materials and Methods

All chemicals used in this work were from Sigma-Aldrich (St. Louis, MO, USA).
The male Wistar rats ~3 months old and weighing 250–300 g were obtained from the Vivarium

of the Lithuanian University of Health Sciences, where they were housed at 23 ± 2 ◦C with a 12-h
light/dark cycle and free access to food and water. The experimental procedures used in the present
study were performed according to the permission of the Lithuanian Committee of Good Laboratory
Animal Use Practice (number 0228/2012). Rats were killed by cervical dislocation. Rat hearts were
excised and rinsed in ice-cold 0.9% KCl solution. The bundles of cardiac fibers, approximately
0.3–0.4 mm in diameter, were prepared by using sharp-ended needles from the muscle strips cut out
from the left ventricular endocardium in an ice-cold preparation solution containing 20 mM imidazole,
20 mM taurine, 0.5 mM dithiothreitol, 7.1 mM MgCl2, 50 mM 2-(NMorpholino)ethanesulfonic acid
(MES), 5 mM adenosine triphosphate (ATP), 15 mM phosphocreatine, 2.62 mM CaK2EGTA and
7.38 mM K2EGTA (ionic strength of the solution 160 mM, free Ca2+ 0.1 μM, free Mg2+ 3 mM; pH
7.0, adjusted with KOH), then permeabilized by saponin (50 μg/mL, 30 min), washed for 10 min
in a physiological salt solution containing 20 mM imidazole, 20 mM taurine, 0.5 mM dithiothreitol,
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1.61 mM MgCl2, 100 mM MES, 3 mM KH2PO4, 2.95 mM CaK2EGTA and 7.05 mM K2EGTA (ionic
strength of the solution 160 mM, free Ca2+ 0.1 μM, free Mg2+ 1 mM; pH 7.1, adjusted with KOH) [29].
All procedures were carried out under intensive shaking (120 times/min). The washed bundles of
fibers were rinsed once in the physiological salt solution, transferred into the tubes with the same
solution and then kept on ice.

Respiration rates of skinned cardiac fibers were determined in the closed respiration chamber
in physiological salt solution at 37 ◦C or 25 ◦C by the means of the Clark-type oxygen
electrode. Pyruvate +malate (6 mM + 6 mM), glutamate 6 mM + malate (6 mM + 6 mM),
palmitoyl-l-carnitine+malate (9 μM + 0.24 mM), oleoyl-CoA + l-carnitine +malate (6 μM + 2.5 mM +
0.24 mM) or decanoic acid + pyruvate +malate (0.3 mM + 6 mM + 6 mM) were used as respiratory
substrates as indicated in the Results section or in the Figure legends. Respiration rates were expressed
as nmol O/min/mg fibers’ dry weight. Dry weight =wet weight before respiration measurement/factor
‘W’. The factor ‘W’ was calculated to be 4.85 for heart muscle fibers [14]. The solubility of oxygen was
taken to be 422 nmol O/mL at 37 ◦C and 452 nmol O/mL at 25 ◦C [30]. The adenosine diphosphate
(ADP) regenerative system, consisting of 1.2 IU/mL lyophilized yeast hexokinase (Type V; EC 2.7.1.1)
and 24 mM glucose, was added to the chamber before the addition of heart muscle fibers. Titration
was made by different ADP concentrations in each separate probe. ΔV was expressed as a difference
between respiration rates in the presence and in the absence of added ADP. The apparent Km

ADP

and Vmax were estimated from the least-squares fit to the Michaelis–Menten equation (ΔV vs. ADP
concentration).

Mitochondria were isolated by a differential centrifugation procedure. Hearts were excised and
rinsed in ice-cold isolation medium, containing 160 mM KCl, 10 mM NaCl, 20 mM Tris, 5 mM EGTA
(pH 7.7, adjusted with KOH at 2 ◦C). Mitochondria were isolated in the same medium supplemented
with 2 mg/mL bovine serum albumin (BSA). Homogenate was centrifugated for 5 min at 750× g,
then the supernatant was centrifugated for 10 min at 6740× g and the pellet was washed once in
the medium containing 180 mM KCl, 20 mM Tris, 3 mM EGTA (pH 7.3 adjusted with KOH at 2 ◦C),
suspended in it and kept on ice. The mitochondrial protein concentration was determined by the
biuret method (Piotrowski’s test) [31]. The final mitochondrial protein concentration was 0.5 mg/mL.
Mitochondrial swelling was recorded as the decrease of light scattering at 540 nm with the Heλios α
spectrophotometer in physiological salt solution supplemented with 24 mM glucose and 1.2 IU/mL
hexokinase, 0.24 mM malate and palmitoyl-l-carnitine (9–80 μM).

An exogenous ADP-trapping system consisting of pyruvate kinase + phosphoenolpyruvate
(PK + PEP), which effectively competes with mitochondria for the extramitochondrial ADP,
and therefore, decreases the respiration rate in the State 3, was used to investigate the interactions of
the functional complexes of mitochondria with Ca, the MgATPases of myofibrils and the sarcoplasmic
reticulum under the different conditions (25 ◦C and 37 ◦C; mitochondria oxidizing different substrates:
glutamate 6 mM +malate 6 mM or palmitoyl-l-carnitine 9 μM +malate 0.24 mM). The sequence of
additions to the respiration chamber: 8 mM PEP, ~3 mg of cardiac fibers, 2 mM ATP, 20 + 20 U/mL
(or 40 U/mL) PK, 20 mM creatine, 35 μM cytochrome c, 125 μM atractyloside. After each addition,
the respiration rate was estimated. The cytochrome c test was used to evaluate the intactness of the
mitochondrial outer membrane.

The coupling of mitochondrial creatine kinase (mi-CK) and the ADP/ATP carrier was estimated
using two approaches. (1) The apparent Km

ADP and Vmax values were estimated from ΔV vs. ADP
concentration relationships in the presence or in the absence of 20 mM creatine; the results were
compared with corresponding kinetic parameters without creatine; (2) 60 μM ADP was added into the
respiration chamber followed by the addition of 20 mM of creatine. The stimulation of respiration by
creatine, i.e., the creatine effect, was expressed as the ratio of the respiration rates with creatine and
with 60 μM of ADP without creatine.

For the electron microscopy studies, the saponin-permeabilized rat cardiac fibers were incubated
aerobically in the physiological salt solution containing pyruvate and malate, 6 mM both (without,
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as control, or with carboxyatractyloside 1.3 μM or bongkrekic acid 17.6 μM), or palmitoyl-l-carnitine
9 μM, or palmitoyl-l-carnitine 9 μM plus 5% dextran T-70, for 5 min at 37 ◦C under intensive stirring.
Subsequently, the fibers were placed into 2.5% glutaraldehyde solution in 0.1 M cacodylate buffer
(pH 7.4) and kept in it for 5 min at room temperature under gentle shaking. Afterwards, the fibers were
left in the same fixative overnight at 4 ◦C. Later on, the fibers were washed several times in cacodylate
buffer and post-fixed for 1 h at 4 ◦C with 1% osmium tetraoxide solution in the same buffer. After that,
they were dehydrated through a graded ethanol series and embedded in a mixture of resins Epon 812
and Araldite. Ultrathin sections were cut with a with ultra-microtome, stained with uranyl acetate
and lead citrate, and examined with a PHILIPS EM300 electron microscope, using AGFA electron
image films.

The results are presented as means ± S.E. The data were analyzed with one-way analysis of
variance (ANOVA) by Prism v. 5.04 (GraphPad Software Inc., La Jolla, CA, USA). Then p <0.05 was
taken as the level of significance.

3. Results

3.1. Role of Oxidation of Fatty Acids in Regulation of Oxidative Phosphorylation and Mitochondrial Swelling

Oxidation of fatty acids, the major myocardial respiratory substrates (palmitoyl-l-carnitine,
palmitoyl-CoA + l-carnitine and octanoyl-l-carnitine) caused the drastic decrease of the apparent
Km

ADP specific for pyruvate+malate oxidation [9], but the mechanisms of this effect have not been
elucidated yet. In this study, we investigated which factors are responsible for the low apparent Km

ADP

observed during fatty acid oxidation. Firstly, we evaluated if the fatty acid related decrease of the
apparent Km

ADP depend on the different fatty acid chain length and degree of saturation. The principal
scheme of fatty acid and pyruvate and malate oxidation in mitochondria is presented in Figure 1.

Figure 1. The principal scheme of the fatty acid and pyruvate and malate oxidation in
mitochondria. LCFA—long chain fatty acids, MCFA—medium chain fatty acids, LACS—long
chain acyl-CoA synthetase, CPT—carnitine palmitoyl-transferase, CACT—carnitine acylcarnitine
translocase, MACS—medium chain acyl-CoA synthetase, ME—malic enzyme, MCT—monocarboxylate
transporter, PDH—pyruvate dehydrogenase, TCA—tricarboxylic acid cycle, NAD—nicotinamide
adenine dinucleotide, FAD—flavin adenine dinucleotide, I-V—mitochondrial electron transport chain
complexes, Q—coenzyme Q, Cyt c—cytochrome c, ANT—ADP/ATP carrier, PiC—inorganic phosphate
carrier, UCP—uncoupling protein.
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In the case of pyruvate+malate oxidation the apparent Km
ADP of mitochondria in

saponin-permeabilized rat cardiac fibers (Km
ADP = 217.8 ± 8 μM) is by 3–10 folds higher if compared

with the apparent Km
ADP for oleoyl-CoA + l-carnitine+malate (55.7 ± 5.1 μM ADP), decanoic acid

+ pyruvate + malate (75.8 ± 7.6 μM ADP) or isolated rat heart mitochondria (Km
ADP = 23 μM,

Liobikas et al., 2001) (Figure 2). It is evident that the oxidation of both decanoic acid and oleoyl-CoA
in situ induces a marked increase in the affinity of mitochondrial oxidative phosphorylation system
for ADP.

Figure 2. Influence of different respiratory substrates: pyruvate +malate (6 mM + 6 mM), oleoyl-CoA
+ l-carnitine+malate (6 μM + 2.5mM + 0.24mM) and decanoic acid + pyruvate +malate (0.3 mM +
6 mM + 6 mM) on the apparent Km

ADP (a) and Vmax (b) of saponin-permeabilized rat cardiac fibers.
n = 5; 37 ◦C; * p < 0.05 vs. control (pyruvate + malate). The results were analyzed with one-way
analysis of variance (ANOVA) followed by the Dunnett post hoc test.

In the next series of experiments on different skinned cardiac fiber samples we tested the
concentration dependence of the effect of fatty acids on the apparent Km

ADP (Figure 3). The high
apparent Km

ADP with pyruvate +malate decreased to 30% and 33% of control values, when pyruvate
+malate was supplemented with 2.2 μM or 9 μM palmitoyl-l-carnitine.

Figure 3. Influence of different respiratory substrates: pyruvate + malate (P + M, 6 mM + 6 mM),
pyruvate + malate + palmitoyl-l-carnitine (6 mM + 6 mM + 2.2 μM) and pyruvate + malate +
palmitoyl-l-carnitine (6 mM + 6 mM + 9 μM) on the apparent Km

ADP of saponin-permeabilized rat
cardiac fibers. Here, n = 5; 37 ◦C; * p < 0.05 vs. control (pyruvate +malate). The results were analyzed
with one-way analysis of variance (ANOVA) followed by the Dunnett post hoc test.

Thus, four times lower concentration of palmitoyl-l-carnitine (2.2 μM) also effectively decreased
the apparent Km

ADP. Noteworthy, at 2.2 μM palmitoyl–l-carnitine (alone) the State 3 respiration
rate was equal to 30–40% of that estimated at 9 μM. In the separate set of experiments, we revealed
also that even 0.5 μM of palmitoyl-l-carnitine (used together with pyruvate+malate) decreased the
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apparent Km
ADP (p < 0.05) to similar level as 9 μM of palmitoyl-l-carnitine (94.6 ± 13 μM and

77.9 ± 11 μM, respectively, compared with pyruvate+malate alone, 253.3 ± 23 μM; data of 4–6 paired
experiments; 37 ◦C). Essentially similar results were obtained in the separate group of experiments
when octanoyl-l-carnitine at two different concentrations (0.36 and 0.1 mM) was used as respiratory
substrate in the presence of pyruvate +malate (Figure 4).

Figure 4. Influence of different respiratory substrates: pyruvate + malate (P + M, 6 mM + 6 mM),
pyruvate + malate + octanoyl-l-carnitine (6 mM + 6 mM + 0.36 mM) and pyruvate + malate +
octanoyl-l-carnitine (6 mM + 6 mM + 0.1 mM) on the apparent Km

ADP of saponin-permeabilized rat
cardiac fibers. In this case, n = 4; 37 ◦C; * p < 0.05 vs. control (pyruvate +malate). The results were
analyzed with one-way analysis of variance (ANOVA) followed by the Dunnett post hoc test.

In this case, the apparent Km
ADP decreased, respectively, to 34% and 26% of control values

estimated with pyruvate+malate (p < 0.05, n = 4, 37 ◦C). Thus, our results showed that the decrease in
the apparent Km

ADP value did not depend upon the concentration of fatty acids.
Interestingly, during palmitoyl-l-carnitine oxidation, the apparent Km

ADP decreased by about
2.6-fold with elevation of temperature from 25 ◦C to 37 ◦C, i.e., from 123 ± 22 μM ADP to 48 ± 5 μM
ADP, respectively (Figure 5).

Figure 5. Influence of temperature on the apparent Km
ADP of saponin-permeabilized rat cardiac fibers

oxidizing palmitoyl-l-carnitine (9 μM) in the presence of malate (0.24 mM). The results were analyzed
with paired t test; n = 7; * p < 0.05.

When pyruvate+malate were added immediately after the complete oxidation of a limited quantity
(1.6 nmol) of palmitoyl-l-carnitine (Figure 6), the apparent Km

ADP of mitochondria in cardiac fibers
remained at a high level (211 ± 40 μM ADP), similar as in the case of pyruvate+malate oxidation
alone (223 ± 56 μM ADP) (data of five paired experiments, 37 ◦C). Thus, the effect of fatty acids on the
apparent Km

ADP of mitochondria in permeabilized rat cardiac fibers is reversible.
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Figure 6. Representative respiration curve after the complete oxidation of a limited quantity of
palmitoyl-l-carnitine. The black curve—oxygen consumption, the blue curve—oxygen consumption
derivative. Additions: O—skinned rat cardiac fibers (registration of respiration on endogenous
substrates), then A1—1.6 nmol of palmitoyl-l-carnitine, A2—pyruvate + malate (6 mM + 6 mM,
respiration rate: 24.8 nmol/O/min/mg dry weight), A3—10μM ADP (respiration rate: 32 nmol/O/min/mg
dry weight), A4—1.2 mM ADP (respiration rate: 57.7 nmol/O/min/mg dry weight).

To exclude that the decrease in the apparent Km
ADP during fatty acid oxidation is related to

the detergent activity of palmitoyl-l-carnitine (reviewed in Goni FM et al. 1966) and its damage to
mitochondrial membranes, we measured the swelling of isolated rat heart mitochondria oxidizing
palmitoyl-l-carnitine (9, 27 and 80 μM) and malate (0.24 mM). Our data (Figure 7) showed that
palmitoyl-l-carnitine at a concentration of 9 μM did not induce mitochondrial swelling.

Figure 7. Swelling of isolated rat heart mitochondria respiring on palmitoyl-l-carnitine (9–80 μM) and
malate (0.24 mM). n = 3, typical absorption traces are shown.

However, the higher concentrations (starting from 27 μM) of a palmitoyl-l-carnitine-induced
concentration–dependent increase in mitochondrial swelling. Importantly, palmitoyl-l-carnitine did
not change the mitochondrial outer membrane integrity (external cytochrome c did not stimulate the
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State 3 respiration; its effect varied between 0.98 and 1.02 at distinct palmitoyl-l-carnitine concentrations;
n = 8).

3.2. Regulation of Mitochondrial Respiration by Endogenous versus Exogenous ADP: Influence of
Palmitoyl-l-Carnitine

The endogenous ADP is produced from exogenous ATP by ATPases in the myofibrils and in
the sarcoplasmic reticulum, and is delivered directly to the mitochondria [8]. In the next series of
experiments, the respiration of fibers was supported by palmitoyl-l-carnitine or pyruvate +malate
(control), and titrated by ADP and ATP (Figure 8).

Figure 8. Influence of the adenosine diphosphate (ADP) source (endogenous (from exogenous adenosine
triphosphate (ATP)) or exogenous) on the apparent Km

ADP of saponin-permeabilized rat cardiac fibers
oxidizing palmitoyl-l-carnitine (9 μM) in the presence of malate (0.24 mM) or pyruvate + malate
(control, 6 mM + 6 mM). Experiments were performed at 37 ◦C. * p < 0.05 vs. control. n = 5 (paired
experiments). The results were analyzed with one-way analysis of variance (ANOVA) followed by
Dunnett post hoc test.

The apparent Km
ADP and Km

ATP were very low with palmitoyl-l-carnitine as the substrate (55 ± 9
and 59 ± 26 μM, respectively compared to pyruvate+malate (Km

ADP, 312 ± 28 μM). Thus, in our study
the decrease in the apparent Km

ADP during fatty acid oxidation did not depend on the exogenous or
endogenous supply of ADP.

3.3. Influence of Palmitoyl-l-Carnitine on the Permeability of Mitochondrial Outer Membrane for ADP

Using an exogenous ADP-trapping system consisting of pyruvate kinase + phosphoenolpyruvate
(PK + PEP), which effectively competes with mitochondria for extramitochondrial ADP [8],
we investigated the interactions of functional complexes of mitochondria with Ca, Mg ATPases
of myofibrils and sarcoplasmic reticulum under different conditions (25 and 37 ◦C), and mitochondrial
outer membrane permeability for ADP. The results of these experiments are presented in Figure 9.
By the addition of 2 mM ATP we stimulated the basal respiration of mitochondria (similarly with
both substrates, glutamate +malate and palmitoyl-l-carnitine), due to endogenously generated ADP.
Consecutive addition of PK (40 U/mL, in the presence of PEP in the medium) suppressed respiration
by about 30%; a similar effect (23%) was observed with palmitoyl-l-carnitine at 25 ◦C. The inhibitory
effect of PK + PEP at 37 ◦C was equal with both respiratory substrates, glutamate +malate (33%) and
palmitoyl-l-carnitine+malate (31%).
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Figure 9. Influence of pyruvate kinase + phosphoenolpyruvate (PK + PEP) ADP-consuming system
and creatine on the respiration of rat cardiac fibers using glutamate+malate and palmitoyl-l-carnitine
+ malate as respiratory substrates at (a) 25 ◦C and (b) 37 ◦C. The effect of pyruvate kinase (PK)
(40 U/mL) on VATP and the effect of creatine on VPK (40 U/mL) are shown. * p < 0.05 versus 37 ◦C with
palmitoyl-l-carnitine, n = 5 (paired experiments). The results were analyzed with one-way analysis of
variance (ANOVA) followed by Tukey’s multiple comparison test.

It is important to note that the exogenous cytochrome c test showed the intactness of the
mitochondrial outer membrane (no stimulation of respiration in State 3 by cytochrome c was observed;
its effect on respiration varied from 0.90± 0.02 to 1.04± 0.01; n= 5, paired experiments) and inaccessibility
of PK to ADP localized in the intermembrane space of mitochondria. Thus, neither the increase in
temperature (from 25 to 37 ◦C) nor fatty acid oxidation, which both largely increased the affinity
of mitochondrial oxidative phosphorylation for exogenous and endogenous ADP (i.e., decrease in
the apparent Km

ADP and Km
ATP), affected the inhibitory effects of exogenous ADP-trapping system,

and possibly, the concentration of ADP in the medium. In case palmitoyl-l-carnitine could increase
the mitochondrial outer membrane permeability to ADP or ATP, the inhibitory effect of PK + PEP
would have been different during palmitoyl-l-carnitine oxidation compared to the oxidation of
pyruvate +malate. Our data show that the effect was similar during the oxidation of either substrate.
Thus, the data presented above mean that the oxidation of palmitoyl-l-carnitine does not increase the
mitochondrial outer membrane permeability to ADP or ATP.

3.4. Influence of Creatine Kinase on Regulation of Mitochondrial Respiration Supported by Fatty Acids

In the next series of experiments, we investigated the effect of fatty acid oxidation on the functional
coupling between mitochondrial creatine kinase (mi-CK) and the ADP/ATP carrier.

The addition of 20 mM creatine in the presence of 2 mM ATP and exogenous PK + PEP system
give notable and similar (1.35–1.56-fold) increase in the respiration rate in all conditions investigated
(with both substrates, glutamate and palmitoyl-l-carnitine, at two different temperatures 25 and 37 ◦C,
Figure 9).

Furthermore, the exogenous creatine, in the medium devoid of PK and PEP, stimulated the
respiration of cardiac fibers oxidizing pyruvate +malate or palmitoyl-l-carnitine in presence of low
60 μM ADP concentration, accordingly by 1.37 ± 0.05 times and 1.42 ± 0.04 times (data of six unpaired
experiments, 20 ◦C) with a similar efficacy as in the medium containing PK + PEP (Figure 9). It should
be noted that in these experiments, exogenous cytochrome c had no significant stimulating effect on the
mitochondrial respiration in State 3 with both substrates, indicating the intactness of the mitochondrial
outer membrane.

In other series of experiments, fibers respiration supported by palmitoyl-l-carnitine was stimulated
by exogenous ATP. In these conditions, endogenous ADP is produced from exogenous ATP by ATPases
in myofibrils and the sarcoplasmic reticulum, and it is delivered directly to the mitochondria [13].
This approach should be regarded as more physiological. In this case the stimulating effect of creatine
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on mitochondrial respiration appeared to be very close to that observed in the above described
experiments with the exogenous ADP; i.e., 1.38 ± 0.06 and 1.47 ± 0.05 times, respectively, with 23 and
37 μM of ATP (data of five unpaired experiments, 20 ◦C).

The maximal effect of creatine on mitochondrial respiration with octanoyl-dl-carnitine, similarly to
palmitoyl-l-carnitine, was observed at 60 μM concentration of exogenous ADP (n = 3–5; Figure 10).
Similar results (ADP concentration) were obtained also in the case of pyruvate + malate oxidation.
When octanoyl-dl-carnitine was used as a respiratory substrate, the estimated apparent Km

ADP values
were significantly different in the presence and absence of creatine, accordingly 98 ± 11 μM ADP and
235 ± 16 μM ADP (Figure 10).

Figure 10. The dependence of the respiration rates of rat cardiac fibers on the external ADP concentration:
the effect of creatine. The substrate: octanoyl-dl-carnitine 0.36 mM +malate 0.24 mM. The data of five
separate paired experiments are presented. Vmax values (in nmol O/min/mg dry weight) were found to
be similar: 29.9 ± 1.8 (the medium without creatine) and 31.1 ± 1.6 (the medium with 20 mM creatine).

Thus, the creatine-induced decrease in the apparent Km
ADP reflects the maintenance of functional

coupling in the intermembrane space between ADP/ATP carrier and mi-CK in the mitochondria
respiring on fatty acids.

3.5. Effects of Oncotic Pressure on Mitochondrial Fatty Acid Oxidation

In our further study, 5% of dextran T-70 was added to the respiration medium to mimic the oncotic
pressure of the cellular cytoplasm and to test its effect on the respiration of saponin-permeabilized rat
cardiac fibers oxidizing pyruvate +malate or palmitoyl-l-carnitine. 5% dextran T-70 similarly (by 25%)
decreased the maximal respiration rate (with ADP) of mitochondria in situ, oxidizing both substrates
palmitoyl-l-carnitine and pyruvate +malate (Figure 11). Noteworthy, dextran did not affect the high
apparent Km

ADP of mitochondria in cardiac fibers oxidizing pyruvate + malate, but significantly
(by 50–60%) increased the low apparent Km

ADP of mitochondria oxidizing palmitoyl-l-carnitine.
The apparent Km

ADP values during the oxidation of palmitoyl-l-carnitine in the medium containing
5% dextran (110.6 ± 20.7 μM) were much lower than the high apparent Km

ADP values (255.7 ± 42 μM)
characteristic for the oxidation of pyruvate +malate.
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Figure 11. Influence of 5% dextran T70 on the apparent Km
ADP (a) and Vmax (b) of

saponin-permeabilized rat cardiac fibers using different respiratory substrates. n = 5 (paired), 37 ◦C,
* p < 0.05 versus control. The results were analyzed with one-way analysis of variance (ANOVA)
followed by a Dunnett post hoc test.

3.6. Fatty Acid-Oxidation and Oncotic Pressure-induced Changes of Mitochondrial Morphology

Electron microscopy was used to evaluate morphological changes in mitochondria in situ caused
by fatty acids oxidation in presence and absence of 5% dextran T-70 (Figure 12).

Figure 12. Morphology of mitochondria in skinned rat cardiac fibers. 5 min incubations of
saponin-skinned cardiac fibers were performed in physiological salt solution at 37 ◦C in the presence
of: (a) pyruvate +malate (6 mM + 6 mM); (b) palmitoyl-l-carnitine (9 μM); (c) palmitoyl-l-carnitine
(9 μM) + 5% dextran T-70; (d) pyruvate + malate (6 mM + 6 mM) and ADP/ATP carrier inhibitor
carboxyatractyloside (1.3 μM); (e) pyruvate +malate (6 mM + 6 mM) and ADP/ATP carrier inhibitor
bongkrekic acid (17.6 μM).
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The results revealed that mitochondrial morphology in saponin-permeabilized cardiac fibers
significantly alters during 5 min oxidation of palmitoyl-l-carnitine in the absence of dextran (Figure 12b);
compared with pyruvate and malate oxidation (Figure 12a): increased mitochondrial intermembrane
space and condensed mitochondrial matrix were observed.

In fibers treated with dextran (in the presence of palmitoyl-l-carnitine), the whole population of
mitochondria was dark (Figure 12c) indicating that they all have intact outer membranes. This finding
is in accordance with the functional evaluation of intactness of mitochondrial outer membrane by
cytochrome c test. Dextran prevented the palmitoyl-l-carnitine-induced morphological changes of
mitochondria, where condensed mitochondria were observed; i.e., the appearance of mitochondria
became similar to that in fibers incubated with pyruvate and malate, or similar as with in vivo conditions.

It is noteworthy that the incubation of fibers with carboxyatractyloside (1.3μM; at this concentration
the state 3 respiration with pyruvate and malate was completely inhibited)-induced ultrastructural
changes of mitochondria similar to those induced by palmitoyl-l-carnitine, corresponding to the
orthodox state of mitochondria; that is, enlarged cristae volume, contracted matrix space (Figure 12d).
Bongkrekic acid (17.6 μM) induced completely different changes of mitochondrial ultrastructure;
mitochondria were dark, cristae compressed, matrix space enlarged, little vacuoles were noticed,
corresponding to the condensed state of mitochondria (Figure 12e). Thus, our results suggest that fatty
acid oxidation may cause the morphological changes of mitochondrial ultrastructure, with an orthodox
conformation when the ADP/ATP carrier is in the cytosol-oriented state.

4. Discussion

Palmitoyl-l-carnitine and other fatty acids of different chain length and degree of
saturation differently affect the various enzymes, carriers and functions of mitochondria [1,2,32].
Therefore, we investigated the role of decanoate, octanoyl-l-carnitine, palmitoyl-l-carnitine and
oleoyl-CoA (plus carnitine) in the regulation of mitochondrial respiration. In contrast to oleoyl-CoA,
short- and medium-chain fatty acids (up to twelve carbon atoms) can cross mitochondrial membranes
bypassing the carnitine dependent transport system [33]. Decanoate is activated to acyl-CoA inside
mitochondria before being directed to oxidation. This reaction is catalyzed by the medium-chain
acyl-CoA synthetase and requires both CoA and ATP. Meanwhile, oleoyl-CoA does not need activation.

Despite of differences in transport pathways, some reactions preceding β-oxidation and the
enzyme systems responsible for β-oxidation, decanoic acid and oleoyl-CoA, similarly decreased the
apparent Km

ADP (Figure 2). Based on these findings and the related effects obtained previously
with saturated fatty acids [9], it could be concluded that this property is general for all fatty acids.
Furthermore, the decrease in the apparent Km

ADP was similar during palmitoyl-l-carnitine oxidation at
concentrations resulting in the maximal State 3 respiration rate (9μM) and the suboptimal one (at 2.2 μM
and even at 0.5 μM; Figure 3). In addition, when pyruvate and malate were added immediately after
the completion of the oxidation of a limited quantity of palmitoyl-l-carnitine (Figure 6), the apparent
Km

ADP of the mitochondria in cardiac fibers remained at a high level, showing that the effect of fatty
acids on the apparent Km

ADP of mitochondria in permeabilized rat cardiac fibers was reversible.
Levitsky and Skulachev [34] demonstrated that palmitoyl-l-carnitine, when transported

into isolated rat liver mitochondria, induced a swelling of mitochondrial matrix. Neely and
Feuvray [35] observed morphological changes of isolated heart mitochondria after incubation with
palmitoyl-l-carnitine, and Piper et al. [36], with oleoyl-l-carnitine, and in addition, the surfactant
properties of palmitoyl-l-carnitine were revealed (for review, see [37]). We examined in this study the
possible influence of palmitoyl-l-carnitine on the swelling of respiring, isolated rat heart mitochondria
and the intactness of their outer membrane. Our investigations showed clearly that the decrease of
the apparent Km

ADP due to fatty acids oxidation described above cannot be attributed, neither to the
increase in the volume of mitochondria (no mitochondrial swelling at 9 μM of palmitoyl-l-carnitine
was observed; Figure 7), nor to the injury of mitochondrial outer membrane (no injury of mitochondrial
outer membrane was demonstrated neither at 9 μM nor at much higher 80 μM of palmitoyl-l-carnitine,
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where large swelling was obvious; no injury of the mitochondrial outer membrane was also confirmed
electron microscopically using dextran T-70; see Figure 12c and the discussion below).

Under some conditions (starvation, fasting) fatty acids play a major role in the heart energy
metabolism. In the other cases, mostly both glucose and fatty acids are used as energy fuel, and as
proposed [38], both are required for the optimal function of the failing heart; simultaneous oxidation of
these two substrates is the best for heart function [39]. In this regard, our study shows the important
effects of fatty acids on the regulation of the kinetics of oxidative phosphorylation (expressed as the
apparent Km

ADP value) when they were used alone or in the combination with pyruvate and malate.
We compared the kinetics of the regulation of mitochondrial respiration stimulated both by

the exogenous ADP and exogenous ATP. In the latter case, the endogenous ADP is produced
by ATPases in the myofibrils and in the sarcoplasmic reticulum, and is delivered directly to the
mitochondria [8]. In accordance with the low apparent Km

ADP, also the low apparent Km
ATP values for

saponin-permeabilized fibers respiring on palmitoyl-l-carnitine were demonstrated (for the first time
with this substrate). In addition, our data are in accordance with the data obtained by Seppet et al. [8],
where they demonstrated very similar high (300 μM) apparent Km values for both exogenous ADP and
exogenous ATP for cardiac fibers respiring on non-fatty substrates. Thus, the apparent Km of oxidative
phosphorylation for ADP in saponin-permeabilized rat cardiac fibers did not depend on the external
or internal source of ADP.

When endogenous ADP is produced by ATPases in the myofibrils and in the sarcoplasmic
reticulum, it is directly channeled to mitochondria without significant release into the medium if
the mitochondrial oxidative phosphorylation is active [8]. This evidence was obtained by using an
exogenous ADP-trapping system consisting of PK+ PEP, which effectively competes with mitochondria
for the extramitochondrial ADP, and therefore, decreases the respiration rate in the State 3. In our
experiments, the PK effect is exceptionally from the outside of the mitochondria, since the exogenous
cytochrome c test (no stimulation of respiration in State 3 by cytochrome c) shows the intactness of the
mitochondrial outer membrane and the inaccessibility of PK to ADP localized in the intermembrane
space of the mitochondria. Thus, neither the increase in temperature (from 25 to 37 ◦C), nor fatty acid
oxidation, which both largely increase the affinity of mitochondrial oxidative phosphorylation for
exogenous and endogenous ADP (decrease in the apparent Km

ADP and apparent Km
ATP), affect the

inhibitory effects of the exogenous ADP-trapping system (Figure 9), and thus did not enhance the
permeability of the mitochondrial outer membrane for ADP (Figure 9). The inhibitory effects of PK +
PEP on the respiration of saponin-permeabilized rat cardiac fibers oxidizing glutamate+malate (25 ◦C)
obtained by us are in good agreement with the data of other investigators [8,10].

The stimulating effects of creatine on fibers respiration with palmitoyl-l-carnitine assessed at low
concentration (60 μM) of ADP reflects maintenance of functional coupling in the intermembrane space
between the ADP/ATP carrier and mi-CK. Our data (Figure 10) show that the functional coupling
between the ADP/ATP carrier and mi-CK is preserved in mitochondria despite the significant decrease
in the apparent Km

ADP induced by fatty acid oxidation. Noteworthy, the latter phenomenon is observed
not only at 37 ◦C [9], but also at lower, i.e., 20 ◦C temperature. The finding that creatine significantly
decreases the apparent Km

ADP in the mitochondria oxidizing octanoyl-dl-carnitine (Figure 5) is in
a good agreement with the data of other investigators [40,41], when pyruvate+malate, i.e., non-fatty
respiratory substrate, was used.

There are two mechanisms suggested to explain the effective interaction between mi-CK and
the ADP/ATP carrier: the dynamic compartmentation of ATP and ADP [42], and the direct transfer
of ATP and ADP between the proteins [43,44]. According to the first mechanism, the functional
coupling between mi-CK and the ADP/ATP carrier can be explained by differences between the
concentrations of ATP and ADP in the intermembrane space and those in the surrounding solution due
to some limitations of their diffusion across the outer mitochondrial membrane [42]. Beside dynamic
compartmentation, facilitated diffusion was also suggested as the potential mechanism of the action
of the phosphocreatine shuttle [45]. According to the second mechanism of coupling, ATP and ADP
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are directly transferred between mi-CK and the ADP/ATP carrier without leaving the complex of
proteins [44]. Kuznetsov et al. [41] investigated the apparent Km for ADP in cardiac, slow-twitch and
fast-twitch skeletal muscle fibers, and they provide a strong argument against the possibility that the
diffusion problems may be related to the increased apparent Km for ADP in cardiac and slow-twitch
skeletal muscle fibers, as in fast-twitch skeletal muscle fibers, it remains low and comparable to the
apparent Km for ADP in isolated mitochondria [41]. Also, they found that in the ghost fibers where the
myosin and 10–20% of cellular proteins were removed from the cells by KC1 treatment, the apparent
Km for ADP remained unchanged [41]. Under their conditions the sarcolemma was almost completely
removed, and could not act as a diffusion barrier even for the big protein molecules [41]. Their data
together with our results that creatine did not increase Vmax in skinned cardiac fibers oxidizing
octanoyl-dl-carnitine (Figure 10), and that the addition of dextran did not affect the apparent Km for
ADP in the skinned cardiac fibers oxidizing pyruvate and malate (Figure 11a), suggest that the changes
in the apparent Km for ADP are unlikely related to the diffusion problems.

In vivo mitochondria are embedded in the cytoplasm in which the protein content may be as high
as 20–30% (m/v) [46]. Macromolecules, like bovine serum albumin, dextran, ficol, polyvinylpyrrolidone,
added to the medium, can restore the morphological changes in the outer mitochondrial compartment
that occur during the isolation of mitochondria [47–49].

It has been also shown that, in isolated rat heart mitochondria, 10% of bovine serum albumin
and 5–25% dextran strongly increase the apparent Km

ADP of oxidative phosphorylation [15,50] and
of mitochondrial creatine kinase [50]. Dextrans or other macromolecules decrease the conductivity
of porin pores in artificial membranes [48,51], the volume of the intermembrane space in isolated
mitochondria, and increase the number of contact sites between both mitochondrial membranes [52].
Morphological changes of isolated mitochondria are accompanied by a reduced permeability of the
mitochondrial outer membrane for adenine nucleotides [50]. In this study, respirometric investigation
of saponin-permeabilized rat cardiac fibers demonstrated that an addition of 5% dextran into the
incubation medium (to mimic the oncotic pressure of the cellular cytoplasm) markedly increased
the low apparent Km

ADP value of mitochondria respiring on palmitoyl-l-carnitine, but did not
affect the high apparent Km

ADP of mitochondria respiring on pyruvate and malate (Figure 11).
Interestingly, the apparent Km

ADP values during the oxidation of palmitoyl-l-carnitine in the medium
containing 5% dextran (110.6 ± 20.7 μM ADP), despite some increase (compared with medium devoid
of dextran), remained far below high values characteristic for the oxidation of pyruvate + malate
(apparent Km

ADP: 255.7 ± 42 μM) (Figure 11).
Electron microscopy was used to evaluate the effects of fatty acid oxidation and dextran T-70

on the morphology of rat heart mitochondria in situ (Figure 12). Palmitoyl-l-carnitine oxidation
induced marked alterations in the mitochondrial ultrastructure, which is different from that observed
with pyruvate and malate, and similar to the changes induced by the incubation of fibers with the
ADP/ATP carrier inhibitor carboxyatractyloside. When mitochondria were incubated with compounds,
fixing the ADP/ATP carrier in M (i.e., matrix-oriented) conformation, the cristae were compressed,
the matrix space enlarged, and the separation of the inner membrane space forming vacuoles was
noticed [53]. We obtained similar results after the incubation of mitochondria with bongkrekic acid. In
the contrary, when mitochondria were incubated with compounds, fixing the ADP/ATP carrier in C
(i.e., cytosol-oriented) conformation, e.g., with carboxyatractyloside, such that the cristae volume was
enlarged at the expense of matrix space, the electron densities increased [53]. Furthermore, these two
distinct mitochondrial conformations corresponded to condensed and orthodox mitochondrial
conformation, accordingly [25,26]. Ultrastructural changes of mitochondria in cardiac fibers respiring
on palmitoyl-l-carnitine were completely prevented by dextran addition into the incubation medium.
Furthermore, most mitochondria in the fibers incubated with palmitoyl-l-carnitine in the presence of
dextran appeared dark, indicating that their outer membranes were intact (Figure 12c), in accordance
with the results of the cytochrome c test, presented in the Results section. Partial “normalization”,
i.e., the increase by dextran of the apparent Km

ADP and complete “normalization” of the ultrastructure
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of mitochondria in saponin-permeabilized cardiac fibers respiring on palmitoyl-l-carnitine could be
due to fatty acid oxidation-induced alterations of the mitochondrial ultrastructure.

The high apparent Km for exogenous ADP is determined by low mitochondrial outer membrane
permeability for ADP and the concerted action of tight complexes (called as intracellular energetic units)
of mitochondria and other cellular ADP-producing systems (ATPases) in myofibrils and sarcoplasmic
reticulum [8,10]. A highly organized intracellular structure and the arrangement of mitochondria are
also crucial for the increase in the affinity of mitochondrial oxidative phosphorylation for ADP and the
decrease in the apparent Km

ADP value [16,18,22].
The calculations by Lizana et al. [54] using a simplistic model suggested that mitochondria (and

small biological compartments in general) may regulate the dynamics of interior reaction pathways
(e.g., the Krebs cycle) by volume changes. It was hypothesized (for review, see [55]) that the cristae
shape can be modulated by different pathways/signaling molecules (ROS, the NADH/NAD ratio,
the ATP/ADP ratio, etc.). Even low concentration of long-chain fatty acid palmitoyl-l-carnitine
oxidation in skeletal muscle and heart mitochondria has been associated with significantly higher
ROS production and increased mitochondrial proton leak (2 times lower respiratory control ratio,
i.e., coupling), compared with the oxidation of NADH-linked substrates (pyruvate + malate or
glutamate +malate) [56–58].

The greater ROS formation, similar at higher and lower mitochondrial membrane potential, was
maintained despite of the activation of the uncoupling mechanisms of the ADP/ATP carrier during
palmitoyl-l-carnitine (18 μM) oxidation [56]. Furthermore, functional (and possibly structural)
interaction of ADP/ATP carrier and VDAC and its modulation/interruption by the ADP/ATP
carrier inhibitor atractyloside-induced change of ADP/ATP carrier conformation has been also
demonstrated [59]. Structural changes of mitochondria induced by carboxyatractyloside, similar to
those induced by palmitoyl-l-carnitine, were observed by us in this study. The functional interaction
of ADP/ATP carrier and VDAC facilitated the channeling of nucleotides and other metabolites between
cytosol and mitochondrial matrix [59].

The low apparent Km
ADP in mitochondria from cancerous cells [22,23] and fetal or neonatal

mitochondria [24] could be related to mitochondrial ultrastructural changes. Adult mitochondria
are usually in condensed conformation, with enlarged mitochondrial matrix volume and the
decreased intermembrane space, compared to neonatal mitochondria which are mostly in orthodox
conformation [25,26]. Our results showed that palmitoyl-l-carnitine oxidation induced ultrastructural
changes of mitochondria, with a marked increase in mitochondrial intermembrane space and decrease
of mitochondrial matrix (Figure 12b), and similar changes were obtained in the presence of the
ADP/ATP carrier inhibitor carboxyatractyloside (Figure 12d).

Recent studies have revealed that fatty acids could be the cofactors [60] of the newly discovered
action mode of the ADP/ATP carrier when protons are transported to mitochondrial matrix [61].
Cytosolic fatty acids could interfere with ADP/ATP transport [60] by activating the proton current
to mitochondrial matrix [61]. They are able to bind to the ADP/ATP carrier from the cytosolic side
in the C- or M-state, but could not induce C–M conformational change or be transported by the
ADP/ATP carrier [61]. It was suggested that the ADP/ATP carrier could have two transport modes:
C–M conformational change-related electrogenic ADP/ATP exchange and cytosolic fatty acid-activated
conformation-independent proton channel [61]. We have also observed that palmitate, palmitoyl-CoA
and palmitoyl-l-carnitine could not induce the decrease of apparent Km

ADP when their oxidation was
prevented by the absence of necessary cofactors or blocked with rotenone [9]. The lower apparent
Km

ADP was related to the oxidation, but not to the transport of fatty acids into mitochondria [9].
In the study of Divakaruni et al. [19], fatty acids have been demonstrated to change the conformation
of the uncoupling protein, that is structurally, and to some extent, functionally, similar with the
ADP/ATP carrier [20,21]. ADP/ATP exchange is driven by the mitochondrial membrane potential,
which has been shown to affect the distribution of the binding sites of the ADP/ATP carrier between
inside and outside, as well as the distribution of ADP/ATP carrier molecules between the M- and the
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C-state, respectively [62]. Thus, Krämer and Klingenberg argued that the membrane potential could
indirectly influence the C- and M-conformational transition of the ADP/ATP carrier [62]. The tumor
and fetal/neonatal mitochondria are not only characterized by the low apparent Km ADP, but also have
higher mitochondrial membrane potential, i.e., are hyperpolarized [63,64]. According to the data of
our colleagues, the mitochondrial membrane potential of isolated rat heart mitochondria respiring on
pyruvate+malate or palmitoyl-l-carnitine as substrates was accordingly 146 ± 2 mV and 124 ± 1 mV
(n = 5, assessed with TPP+ electrode; R. Baniene, unpublished data, 2020); i.e., the membrane potential
did not increase, rather it slightly decreased during palmitoyl-l-carnitine oxidation. These values are
in line with the data from the study of Seifert et al. where lower energization and lower membrane
potential of the skeletal muscle mitochondria were reported in the case of palmitoyl-l-carnitine oxidation
compared to pyruvate and malate oxidation [56]; however, it could be related to the higher uncoupling
protein content in skeletal muscle mitochondria [65]. It is technically complicated to quantify correctly
the mitochondrial membrane potential in skinned cardiac fibers due to the distribution of the cationic
potential probes within the cellular structures present in this object. However, it could not be excluded
that the mitochondrial membrane potential in the skinned fibers might differ from the mitochondrial
potential in the isolated mitochondria.

Thus, the hypothesis that the fatty acid oxidation-induced conformational change of the ADP/ATP
carrier (M-state to C-state, condensed to orthodox mitochondria) affecting the oxidative phosphorylation
affinity for ADP could be driven by the higher membrane potential generated during fatty acid oxidation
might be an interesting question to address in the future research.

Overall, our results imply that the fatty acid oxidation could regulate cellular energy metabolism
by increasing oxidative phosphorylation affinity for ADP due to fatty acid oxidation-induced
ADP/ATP carrier switch from M- to C-state, and corresponding mitochondrial transition from
condensed to orthodox conformation. Furthermore, this mechanism could be responsible for
the altered mitochondrial metabolism [66] when fatty acid oxidation is increased during the
development of chronic [67,68] and age-associated disorders, such as cardiovascular diseases,
diabetes, neurodegenerative diseases and cancer [69,70], and the ADP/ATP carrier modulation could
be a promising target in the search of novel therapies to restore the normal mitochondrial function.
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Abstract: Individual electron transport chain complexes have been shown to assemble into
the supramolecular structures known as the respiratory chain supercomplexes (RCS). Several
studies reported an associative link between RCS disintegration and human diseases, although
the physiological role, structural integrity, and mechanisms of RCS formation remain unknown.
Our previous studies suggested that the adenine nucleotide translocase (ANT), the most abundant
protein of the inner mitochondrial membrane, can be involved in RCS assembly. In this study,
we sought to elucidate whether ANT knockdown (KD) affects RCS formation in H9c2 cardiomyoblasts.
Results showed that genetic silencing of ANT1, the main ANT isoform in cardiac cells, stimulated
proliferation of H9c2 cardiomyoblasts with no effect on cell viability. ANT1 KD reduced the ΔΨm

but increased total cellular ATP levels and stimulated the production of total, but not mitochondrial,
reactive oxygen species. Importantly, downregulation of ANT1 had no significant effects on the
enzymatic activity of individual ETC complexes I–IV; however, RCS disintegration was stimulated in
ANT1 KD cells as evidenced by reduced levels of respirasome, the main RCS. The effects of ANT1
KD to induce RCS disassembly was not associated with acetylation of the exchanger. In conclusion,
our study demonstrates that ANT is involved in RCS assembly.

Keywords: H9c2 cardiomyoblasts; mitochondria; adenine nucleotide translocase; respiratory
supercomplexes; ETC complexes

1. Introduction

The adenine nucleotide translocase (ANT), one of the most abundant proteins of the inner
mitochondrial membrane, exchanges the matrix ATP for ADP in the intermembrane space and thus,
links mitochondrial ATP production with cellular energetics. Several studies have demonstrated
a crucial role of ANT in the pathogenesis of cardiac diseases. Downregulation of ANT1, the main
ANT isoform in the heart and skeletal muscle [1,2], has been found in patients with hypertrophic
cardiomyopathy, and lactic acidosis [3]. Mice lacking ANT1 developed cardiac hypertrophy and lactic
acidosis [2], and a substantial decline in cardiac function compared to wildtype (WT) animals [4].
Heart- and muscle-specific ANT1 knockout (KO) mice exhibit deficiency in mitochondrial bioenergetics
associated with mitochondrial myopathy and hypertrophic cardiomyopathy [5]. Additionally, ANT1 KO
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mice display an increase in reactive oxygen species (ROS) production and inhibition of oxidative
phosphorylation (OXPHOS) in cardiac mitochondria [6]. Moreover, cardiac ischemia-reperfusion (IR)
reduced ANT1 expression whereas cardiac-specific overexpression of ANT1 attenuated IR injury and
reduced infarct size in rats [7]. In rat neonatal cardiomyocytes, overexpression of ANT1 protected
against hypoxia-induced cell death, loss of mitochondrial membrane potential (ΔΨm), and increased
ROS production [7]. Therefore, understanding the role of ANT in the regulation of mitochondrial
bioenergetics can provide a novel insight into mitochondrial-based cardiac therapies.

ANT has been shown to interact with various subunits of the electron transport chain (ETC)
complexes in HEK293 cells [8] and in yeast [9]. Several studies, the earliest one in 2000, demonstrated
that ETC individual complexes can be assembled in large supramolecular structures known as
respiratory chain supercomplexes (RCS) [10]. The main RCS is the respirasome, which is composed of
complexes I, III, and IV in various stoichiometries. It has been proposed that the respirasome facilitates
electron transfer, reduces electron leakage and mitochondrial ROS (mtROS) production, maintains
structural organization of ETC complexes, and provides an efficient ATP production [11].

The assembly mechanisms and the structural identity of RCS remain to be elucidated. The role
of ANT in RCS formation was recently proposed after it was observed that ANT interacts with RCS
and that this interaction is conserved from yeast to higher eukaryotes [8], potentially implicating
a crucial role of ANT in mitochondrial bioenergetics. However, these studies were mostly done in
yeast and HEK293 cells; the RCS and ANT interactome has not been reported in mammalian tissues,
particularly, in the heart. We have shown that pharmacological inhibition of ANT by atractyloside
provoked RCS disintegration in cardiac mitochondria in vitro [12]. These studies suggest that ANT
may have a structural interaction with RCS and/or play a regulatory role in RCS. Furthermore,
post-translational modifications on ANT may affect its regulatory and structural capability in RCS
assembly. Indeed, acetylation has been demonstrated to regulate the activity of ETC complexes [13,14]
and thus, might affect the RCS stability.

Here, we investigated the role of ANT1 in RCS assembly in H9c2 cardiomyoblasts. ANT1 KD
cells demonstrated increased total cellular ATP levels, with a reduction in ΔΨm and no changes in
mitochondrial ATP production. However, ANT1 KD did not affect the enzymatic activity of individual
ETC complexes nor mitochondrial oxygen consumption. Deficiency in ANT1 expression induced
disassembly of RCS, particularly the respirasome, suggesting a potential role of ANT in RCS formation.
Also, we found that ANT1 is not hyperacetylated in SIRT3 KO mice although RCS levels in these
animals were lower than in WT counterparts.

2. Materials and Methods

2.1. Animals

Three-month-old male adult WT (129S1/SvImJ) and SIRT3−/− (Sirt3tm1.1Fwa) mice (20–25 g) were
purchased from Jackson Laboratory (Bar Harbor, ME, USA). All experiments were performed according
to protocols approved by the UPR Medical Sciences Campus Animal Care and Use Committee and
conformed to the National Research Council Guide for the Care and Use of Laboratory Animals
published by the US National Institutes of Health (2011, eighth edition).

2.2. Cell Culture

H9c2 rat embryonic cardiomyoblast cells (American Type Culture Collection, Manassas, VA,
USA) were cultured according to the manufacturer’s recommendations. The cells were cultured
in high-glucose Dulbecco’s Modified Eagle’s Medium (DMEM, Sigma-Aldrich, St. Louis, MO,
USA)-modified solution containing 4 mM L-glutamine, 4.5 g/L glucose, 1 mM sodium pyruvate, and
1.5 g/L sodium bicarbonate (Sigma-Aldrich, St. Louis, MO, USA) supplemented with 10% fetal bovine
serum and 1% antibiotic solution (HyClone, GE Healthcare Bio-sciences, Pittsburgh, PA, USA). The cells
were maintained in a humidified incubator containing 95% air and 5% CO2 at 37 ◦C.
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2.3. siRNA Transfection

H9c2 cells were seeded for 40–60% confluency at 24 h. On the day of the experiment, cells were
transfected using Lipofectamine RNAiMAX (Invitrogen, Thermo Fisher Scientific, Waltham, MA,
USA) and FlexiTube small interfering RNA (siRNA, Qiagen, Germantown, MD, USA) according to
the manufacturer’s recommendations. Briefly, H9c2 cells were seeded with Opti-MEM™ Reduced
Serum Medium, GlutaMAX™ (Thermo Scientific, Thermo Fisher Scientific, Waltham, MA, USA)
supplemented with 5% fetal bovine serum and 1% antibiotic solution to reach a 40–60% confluency in
24 h. On the next day, Lipofectamine RNAiMAX (Invitrogen, Thermo Fisher Scientific, Waltham, MA,
USA) and FlexiTube siRNA mixtures were added. The following siRNA sequences (sense strand) were
used: negative control (NC): UUC UCC GAA CGU GUC ACG, and ANT1: GAC GCA AAG CUU
UCU UCA ATT. All experiments were conducted 48 h post-transfection.

Cell viability was determined by the trypan blue exclusion method using the TC20 Automated
Cell Counter (Bio-Rad, Hercules, CA, USA).

2.4. Mitochondrial Oxygen Consumption Rate and ATP Production

Oxygen consumption rate and ATP production in H9c2 cells were determined using the Seahorse
XFe24 analyzer (Agilent, Santa Clara, CA, USA). An equal number of cells were seeded and transfected
at 24 h. Mitochondrial oxygen consumption rate and ATP production were determined 48 h
post-transfection following manufacturer’s recommendations. Briefly, cell media was changed
to Seahorse XF DMEM Medium, pH 7.4, and supplemented with (in mM): 10 glucose, 1 sodium
pyruvate, and 2 L-glutamine. Mitochondrial functional parameters were determined after the addition
of (in μM): 0.5 oligomycin, 4 carbonyl cyanide-4-(trifluoromethoxy)phenylhydrazone (FCCP), and 0.5
rotenone/antimycin A. Data were extracted using the Seahorse XFe24 report generator and normalized
to total protein.

2.5. Isolation of Mitochondria

H9c2 cells were trypsinized and pelleted at 200× g for 7 min. The pellet was resuspended in
ice-cold sucrose buffer containing (in mM): 300 sucrose, 10 Tris-HCl, and 2 EGTA; pH 7.4. Cells were
centrifuged at 2,500× g for 5 min at 4 ◦C, the pellet was resuspended in sucrose buffer and incubated
on ice for 5 min. To disrupt the plasma membrane and expose mitochondria, cells were plunged using
a 27G needle, until all cells were successfully lysed. The cell lysate was then centrifuged at 400× g for
5 min and the supernatant was collected. The mitochondria were concentrated by centrifugation at
10,000× g for 5 min and the final pellet was dissolved in sucrose buffer.

To isolate liver mitochondria, the liver tissue removed from WT and SIRT3 KO mice was cut and
homogenized using a Polytron homogenizer in 2 mL of ice-cold sucrose buffer containing: 300 mM
sucrose, 20 mM Tris-HCl, and 2 mM EGTA. Homogenate was then centrifuged at 2,000× g for 3 min,
to remove cell debris. The supernatant was then centrifuged at 10,000× g for 15 min to precipitate
mitochondria. The final pellet was washed once with sucrose buffer by centrifugation at 10,000× g for
10 min. The mitochondria-enriched pellet was resuspended in 200 μL of sucrose buffer.

2.6. Enzymatic Activity of ETC Complexes in Cultured Cells

Enzymatic activity of ETC complexes was determined as previously described [15], with minor
modifications and normalized to mg of mitochondrial protein. All assays were performed at the
SpectraMax Microplate Reader (Molecular Devices, San Jose, CA, USA) at 37 ◦C.

2.7. Total and Mitochondrial ROS Production in Cultured Cells

Total ROS and mtROS production were measured with 2′,7′-dichlorodihydrofluorescein diacetate
(H2DCFDA) and MitoSOX Red, respectively [15]. Briefly, cells were incubated for 30 min with
10 μM H2DCFDA or 1 μM of MitoSOX and fluorescence intensity was monitored on the SpectraMax
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Microplate Reader (Molecular Devices, San Jose, CA, USA) at the excitation/emission of 599 nm/522 nm
(for H2DCFDA) and 510 nm/580 nm (for MitoSOX).

2.8. Mitochondrial Membrane Potential and Total ATP

To measure ΔΨm in cultured cells, H9c2 cells were incubated with ΔΨm-sensitive dye JC-1
(5,5′,6,6′-tetraethyl-benzimidazolylcarbocyanine iodide; Molecular Probes, Thermo Fisher Scientific,
Waltham, MA, USA). Briefly, cells were incubated for 30 min at 37 ◦C with JC-1 and fluorescence was
measured using a SpectraMax Microplate Reader (Molecular Devices, San Jose, CA, USA). J-aggregates
(red) and JC-1 dye monomers (green) were monitored at 530 and 590 nm emission (with excitation at
488 nm), respectively. Data are presented as the ratio red/green fluorescence.

ATP levels were measured using the ATP Bioluminescence Assay Kit CLS II (Roche, Indianapolis,
IN, USA), according to the manufacturer’s recommendations. Luminescence data were normalized to
total protein levels.

2.9. SDS-PAGE and Western Blotting

To analyze protein levels, equal amounts of protein were resolved by SDS-PAGE and transferred
onto Amersham Hybond ECL nitrocellulose membranes (GE Healthcare Bio-sciences, Pittsburgh,
PA, USA). The membranes were immunoblotted with antibodies against ANT1 (Abcam #110322,
Cambridge, MA, USA), or ATP5a (Abcam #14748, Cambridge, MA, USA) followed by incubation with
IRDye® (LI-COR Biosciences, Lincoln, NE, USA) secondary antibodies. Bands were visualized using
an ODYSSEY® CLx (LI-COR Biosciences, Lincoln, NE, USA) infrared scanner. The resulting images
were analyzed with Image Studio Lite Software version 5.2.

2.10. Co-Immunoprecipitation

To analyze protein acetylation, immunoprecipitation experiments were performed following the
recommended protocol of Dynabeads (Invitrogen-Life Technologies, Thermo Fisher Scientific, Waltham,
MA, USA). Proteins containing acetylated lysine (Ac-K) residues were immunoprecipitated from
mouse liver mitochondrial extracts using an antibody against acetylated lysine residues (Cell Signaling
#9814, Danvers, MA, USA). The immunoprecipitates were separated by SDS-PAGE, blotted onto
Amersham Hybond ECL nitrocellulose membranes (GE Healthcare Bio-Sciences, Pittsburgh, PA, USA)
and the Western blots developed using antibody against ANT1 (Abcam #110322, Cambridge, MA, USA)
and followed by secondary antibodies. Bands were visualized using the ODYSSEY® CLx (LI-COR
Biosciences, Lincoln, NE, USA) infrared scanner.

2.11. Analysis of RCS by Blue Native Polyacrylamide Gel Electrophoresis (BN-PAGE)

The RCS in isolated mitochondria were analyzed by BN-PAGE [12,16]. Briefly, NC or ANT1
KD H9c2 mitochondrial protein or rat heart mitochondria treated for 45 min with vehicle (Veh,
0.01% DMSO), 500 nM rotenone (complex I inhibitor), 500 nM antimycin A (complex III inhibitor),
or 1 μM FCCP were dissolved in solubilization buffer (50 mM NaCl, 50 mM imidazole-HCl, 2 mM
6-aminohexanoic acid, 1 mM EDTA) supplemented with digitonin, protease and phosphatase inhibitor
cocktails (Sigma-Aldrich, St. Louis, MO, USA), and 25U benzonase. Native gels were stained
with Coomassie brilliant blue G250 and visualized with the ODYSSEY® CLx (LI-COR Biosciences,
Lincoln, NE, USA) infrared scanner. The images were analyzed using Image Studio Lite Software.
The respirasome levels were calculated as the pixel density of bands containing complex I, III, and IV
and normalized to whole lane densities.

2.12. Statistical Analysis

Data are presented as means ± SEM. Statistical significance was evaluated using Prism Graph
Pad (San Diego, CA, USA) using an unpaired two-tailed Student’s t-test, Mann–Whitney test, or a
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one-way ANOVA. The BN-PAGE analysis was conducted with a repeated one-way ANOVA analysis.
Differences were considered to be statistically significant when P < 0.05.

3. Results

3.1. ANT1 KD Increases Cellular Proliferation Without Affecting Cell Viability

Transfection with ANT1 siRNA significantly reduced ANT1 expression by 37% (P < 0.001) 48 h
after transfection (Figure 1A). Interestingly, we found that ANT1 KD increases cell number by 32%
(P < 0.001, Figure 1B) and the number of alive cells by 22% (P < 0.05, Figure 1C) without affecting cell
viability (Figure 1D). Altogether, these results suggest that ANT1 KD does not affect cell viability, but it
increases cellular proliferation, possibly as an adaptive response to ANT1 downregulation.

Figure 1. Cell viability is not affected by ANT KD in H9c2 cells. (A) Protein levels of ANT1 in
negative control (NC) and ANT1 KD cells. Top panel: representative immunoblots. Bottom panel:
quantitative data of ANT1 protein expression normalized to ATP5a (a mitochondrial housekeeping
protein); (B) Total number of cells 48 h after transfection. Top panel: representative images of cells.
Bottom panel: quantitative data of cells; (C) total number of live cells 48 h after transfection; (D) cell
viability 48 h after transfection calculated as (alive cells/total cells) × 100. * P < 0.05 and ** P < 0.001 vs.
NC. Data represent 4–7 independent experiments.
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3.2. ANT1 KD Increased Total ATP and ROS Levels with no Effect on the ETC Activity and mtROS Production

Total ATP levels were elevated by 36% (P < 0.01) in ANT1 KD cells (Figure 2A). Total ATP
levels were normalized to μg of total cellular protein to account for the observed increase in cell
number (Figure 1B). However, it should be noted that this method does not distinguish glycolytic
from mitochondrial ATP. Although these cells appear to have higher levels of total ATP, a decrease in
ΔΨm could hint towards a higher glycolytic ATP production. Results showed that ANT1 KD cells had
significantly lower ΔΨm compared to NC cells (Figure 2B), suggesting that the elevated ATP levels
might result from increased glycolysis but not OXPHOS.

Next, we examined total ROS production using H2DCFDA fluorescent dye. Results demonstrate
that ANT1 KD cells have a 38% increase (P < 0.001) in total ROS generation when compared to NC
(Figure 2C). Analysis of mtROS production by MitoSOX shows that ANT1 KD has no effect on mtROS
(Figure 2D). The lack of a difference in mtROS levels can be explained with no significant electron
leakage due to low ETC flow in ANT1 KD cells. In favor of this, analysis of the enzymatic activity of
the ETC complexes I, II, III, and IV demonstrated no difference between ANT1 KD and control cells
(Figure 2E–H). Our data are consistent with previous studies where the activity of complexes I, III,
and IV were unaffected by ANT expression in HEK293 cells [8]. Altogether, these data demonstrate
that ANT1 deficiency has no effect on the enzymatic activity of individual ETC complexes and
mtROS production.

3.3. Mitochondrial Oxygen Consumption Rate and OXPHOS is not Affected by ANT1 Downregulation

We measured mitochondrial oxygen consumption rate (OCR) and extracellular acidification rate
(ECAR) in H9c2 cells treated with scrambled and ANT1 siRNA using the Seahorse XFe24 analyzer.
Results demonstrate that ANT1 silencing does not affect the OCR and ECAR in these cells (Figure 3A,B).
Likewise, basal and FCCP-induced maximal respiration rates were found unchanged in ANT1 KD cells
(Figure 3C,D). As expected, mitochondrial ATP production was not affected by ANT1 downregulation
(Figure 3E). Altogether, these results demonstrate that ANT1 silencing does not affect OXPHOS in
H9c2 cells.

3.4. ANT1 KD in H9c2 Cells Induce RCS Dissociation: the Role of Acetylation

Our recent studies [12] demonstrated that pharmacological inhibition of ANT by atractyloside
induces RCS dissociation in isolated cardiac mitochondria. Analysis of RCS in scrambled (NC) or ANT1
siRNA-treated H9c2 cells demonstrated that ANT1 deficiency induces disassembly of respirasome by
9% (P < 0.01) compared to control cells (Figure 4A,B), suggesting that ANT is involved in RCS integrity
and stabilization. In order to validate that the decrease in RCS was due to ANT1 downregulation
but not ΔΨm loss (Figure 2B), mitochondria isolated from rat hearts were treated with 1 μM FCCP,
an uncoupler, for 45 min [12], prior to RCS analysis. Results demonstrate that loss of ΔΨm does not
affect RCS integrity (P < 0.1473, Figure 4C,D). Taken together, these results suggest that the loss of RCS
in ANT1 KD cells is not due to the loss of ΔΨm and may result from the downregulation of ANT1.

In the following set of experiments, we examined whether ANT1 acetylation is involved in
RCS formation. First, we analyzed liver mitochondria isolated from WT and SIRT3 KO mice to
determine the acetylation of total mitochondrial proteins. SIRT3 is the main mitochondrial isoform
of sirtuins. Hyperacetylation of mitochondrial proteins due to SIRT3 deficiency has been shown
to associate with cardiovascular, neurodegenerative diseases, diabetes, and aging [17–19]. We have
previously demonstrated that SIRT3 ablation enhances lysine acetylation (Ac-K) of mitochondrial
proteins [20]. However, immunoprecipitation analysis revealed no changes in ANT1 acetylation in
the mitochondria of SIRT3 KO mice (Figure 5A). Interestingly, the mitochondria of SIRT3 KO mice
demonstrated lower RCS levels compared to the WT group (Figure 5B,C). These results suggest that
acetylation of mitochondrial proteins, but not ANT1, can stimulate RCS disassembly in mitochondria.
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Figure 2. ANT1 KD disturbs mitochondrial membrane potential (ΔΨm) without affecting enzymatic
activity of ETC complexes. (A) Total cellular ATP levels normalized to the total amount of protein.
(B) Mitochondrial membrane potential determined with JC-1 after transfection and calculated as the
ratio of J-aggregates to JC-1 monomers. (C) Total cellular ROS assessed with H2DCFDA; (D) MtROS
assessed using MitoSOX red. Data on the fluorescence activity in the cells (B–D) are presented as
percent change of negative control (NC). (E–H) The enzymatic activity of complexes I, II, III and IV in
mitochondria isolated from NC and ANT1 KD cells. Data were normalized to mitochondrial protein
levels. * P < 0.05, and ** P < 0.01 vs. control (NC). Data represent 3 independent experiments.

Figure 3. Mitochondrial oxygen consumption and ATP production is not affected by ANT1
downregulation. (A) oxygen consumption rate (OCR); (B) extracellular acidification rate (ECAR);
(C) basal respiration; (D) maximal respiration; (E) mitochondrial ATP production. All parameters were
determined using the Seahorse XFe24 analyzer (Agilent) after the addition of (in μM): 0.5 oligomycin
(Oligo), 4 FCCP, and 0.5 rotenone/antimycin A (Rot/AntA). The data was extracted using the Seahorse
XFe24 report generator and normalized to total protein levels. Data represent 3 independent experiments.

79



Cells 2019, 8, 1247

Figure 4. ANT1 KD stimulates mitochondrial respirasome disintegration in H9c2 cells. (A) representative
blue native (BN) gel of mitochondria isolated from ANT1 KD cells and subjected to BN-PAGE;
(B) quantitative data of respirasome levels; (C) representative BN-PAGE gel of mitochondria isolated
from rat heart and treated with vehicle (Veh, 0.01% DMSO), 500 nM rotenone (Rot), 500 nM antimycin
A (Ant A), or 1 μM FCCP; (D) quantitative data of respirasome levels in the groups shown in C;
(E) representative two-dimensional BN-PAGE of ETC complexes in mitochondria isolated from the
rat heart. RCS were analyzed in mitochondria where membrane proteins were solubilized using
digitonin and separated by BN-PAGE. ETC complexes were visualized using specific antibodies against
the subunits for complexes I (NDUFB8), II (SDHB), III (UQCRC2), IV (MTCO1), and V (ATP5A).
Respirasome is shown as I+III+IV. Data in B and D were normalized to mitochondrial protein levels
and presented as percent change of negative control (NC) or control (Con). * P < 0.05 and ** P < 0.01 vs.
NC or Con. Data represent 3–4 independent experiments.
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Figure 5. ANT1 is not acetylated but acetylation of mitochondrial proteins stimulates RCS disassembly
in SIRT3 KO mitochondria. (A) Immunoprecipitation (IP) of liver mitochondrial proteins with acetylated
lysine (Ac-K) antibodies followed by immunoblotting (IB) against ANT1. Input: the sample before
IP; Supernatant: sample that did not bind to Ac-K antibodies; (B) BN-PAGE gel of liver mitochondria
isolated from WT and SIRT3 KO− mice. (C) Quantitative data of respirasome levels. The data were
normalized to total protein levels and presented as percent change from the WT group. * P < 0.01 vs.
WT; n = 6–7 animals per group.

4. Discussion

The ANT has an important role in maintaining mitochondrial bioenergetics [21] and recently, it has
been proposed to play a role in RCS formation [8]. Therefore, in this study, we sought to clarify whether
genetic downregulation of ANT1, the main isoform of ANT found in the heart and skeletal muscle
cells [1], affects RCS assembly in H9c2 cardioblasts. Our results demonstrate that ANT1 downregulation
by 37% does not affect cell viability with no remarkable changes in mitochondria bioenergetics.
Furthermore, the activity of all ETC complexes and the mitochondrial OCR was not dependent on
ANT1; however, ANT1 appears to be important in the assembly (structural integrity) of the RCS,
particularly the respirasome. Additionally, we demonstrate that hyperacetylation of mitochondrial
proteins due to SIRT3 ablation stimulates RCS disassembly. The novel role of acetylation on RCS
stability may provide additional information as to the mechanism of how acetylation of mitochondrial
proteins is involved in the pathogenesis of cardiovascular diseases such as hypertrophy [22–24],
IR [20,25,26] and heart failure [27,28]. The current study was performed in H9c2 cardiomyoblasts,
but not in primary cardiomyocytes because the latter are quite sensitive to genetic manipulations.
It should be noted that H9c2 cardiomyoblasts are more energetically similar (at least, in comparison
with atrial HL-1 cells) to primary cardiomyocytes and can be successfully used to simulate an in vitro
model of cardiac diseases [29].

Apparently, the role of ANT in the regulation of RCS assembly is not associated with its acetylation
as SIRT3 KO did not increase ANT acetylation in liver mitochondria. Interestingly, we are the
first to demonstrate that acetylation per se affects RCS assembly, which could contribute to the
mitochondrial dysfunction observed in SIRT3 KO hearts [20,25]. Disruption of the ANT has been
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linked to various cardiac diseases. In a mouse model of IR, ANT1 expression was significantly reduced,
and cardiac-specific ANT1 overexpression prevented the detrimental effects associated with IR injury [7].
ANT1 KO mice develop cardiac hypertrophy and lactic acidosis [2], similar to that observed in patients.
Therefore, ANT1 has an important role in maintaining cardiac function and potentially mediating the
detrimental effects associated with heart IR injury [30].

In our studies, ANT1 KD increased cell number without affecting cell viability (Figure 1B–D).
Previous studies have observed an increase in mitochondrial number, size [2,31], and upregulation of
mitochondrial genes, including OXPHOS components [31] in ANT1 KD hearts and skeletal muscle.
It is tempting to speculate that ANT1 KD cells display an increase in cellular proliferation as a
reflection of upregulated mitochondrial genes and an increase in mitochondrial number and size as an
adaptive response. The lack of any effects of ANT deficiency on cell viability might be explained, at
least in part, by (i) insufficient (37%) downregulation of ANT1 to induce mitochondrial dysfunction,
or (ii) upregulation of other ANT isoforms, such as ANT2, as a compensatory mechanism, and their
functional redundancy. Indeed, ANT2 has been shown to have opposite properties to ANT1 as it has
been found capable of importing cytosolic ATP into the mitochondrial matrix [32], possibly maintaining
normal mitochondrial function, although these findings are somewhat controversial [33]. In addition,
ANT2 is regarded as a proliferative marker and correlated to loss of cell cycle control, which could
partially explain why ANT1 KD cells have an increase in cell number [32].

Interestingly, ANT1 KD increased the number of total cells by 32% and alive cells by 22% (Figure 1)
associated with a 36% increase of ATP levels (Figure 2B). The increase of ATP levels in ANT1 KD cells
might be due to the increase in cell number; however, this suggestion was excluded after normalization
of ATP to total cellular protein (Figure 2B). Since aerobic (non-glycolytic) ATP production is coupled to
ΔΨm, we sought to examine the possibility of having disturbances in mitochondrial ATP production that
could hint towards a glycolytic compensation. Previous studies have reported an increase in anaerobic
metabolism and lactic acidosis [2,3] in ANT1 deficiency. Our results demonstrated that ANT1 KD cells
display a decrease in ΔΨm (Figure 2B), which could be due to an impaired ETC activity and OXPHOS.
However, neither we (Figure 2E–H) nor other groups using HEK293 cells [8] reported differences
in the activity of individual ETC complexes due to ANT1 downregulation or ablation. In addition,
we were unable to detect differences in basal and maximal mitochondrial respiration (Figure 3C,D)
and ATP production (Figure 3E). Interestingly, although beyond the scope of our experiments, ANT1
KD cells displayed a significant increase in cellular ROS levels (Figure 2C) and non-mitochondrial
oxygen consumption (data not shown). The production of ROS can occur outside the mitochondria,
such as in the cytosol (xanthine oxidase, nitric oxide synthase), peroxisomes, and plasma membrane
(NADPH oxidases) [34], possibly suggesting a cross-talk between ANT1-deficient mitochondria and
other cellular compartments.

The physiological significance of the RCS is still under debate [35]. The mitochondrial RCS have
been suggested to increase the effectiveness of electron transport through the ETC complexes, optimize
ATP production, and reduce mtROS production by reducing electron leakage [11]. Disassembly of
the RCSs, particularly the respirasome, was observed in cardiovascular diseases such as IR [16] and
heart failure [36]. However, the mechanisms underlying the assembly of the RCSs, as well as their
physiological role in the heart, are not fully understood. Our previous studies demonstrated that
high Ca2+ and pharmacological/genetic inhibition of complex I (Figure 4C,D) stimulate disruption of
the RCS in H9c2 cells and isolated mitochondria [12,37]. These studies suggested crosstalk between
RCS assembly and permeability transition pore (PTP) opening as Ca2+ is the strong inducer of pore
opening and complex I is the PTP regulator. This point is further supported by the current study that
demonstrates that genetic downregulation of ANT, a PTP regulator, induces disorganization of the
RCS. However, the cause–effect relationship between RCS and PTP seems to be more complex. Despite
RCS disassembly, inhibition of complex I by rotenone prevented Ca2+-induced PTP opening in cardiac
mitochondria [12], and ANT1 KD did not increase mtROS, a PTP inducer in H9c2 cells (Figure 2D).
Finally, we demonstrate that acetylation of mitochondrial proteins due to SIRT3 deficiency induces

82



Cells 2019, 8, 1247

RCS disassembly in an ANT-independent manner because there was no difference in ANT acetylation
between WT and SIRT3−/− mitochondria (Figure 5). Disruption of the RCS could be a result of direct
mechanisms involving disruption of protein–protein interactions due to changes in lysine residue
charges, or indirect mechanisms through inactivation of RCS regulatory proteins (e.g., RCS assembly
factors) due to their hyperacetylation.

In conclusion, this study suggests that ANT is involved in RCS assembly, although RCS may not
be solely dependent on ANT. ANT may physically interact with ETC complexes I, III, and IV [8] and
thus, be involved in the respirasome structure or play a regulatory role in the formation/maintenance of
the RCS assembly. Further studies are required to elucidate the role of ANT in the structural integrity
and regulation of RCS and other mitochondrial supercomplexes (e.g., ATP synthasome) in cardiac cells.

5. Limitations of the Study

We elucidated the contribution of only ANT1 downregulation to mitochondrial bioenergetics
and RCS assembly. ANT family proteins contain four isoforms (ANT1-4) that play a differential
role and perform distinctly opposite functions in cell life and death. We were not able to verify
protein expression of other ANT isoforms in ANT1 KD H9c2 cells due to lack of reliable ANT2, ANT3,
and ANT4 antibodies. Functional redundancy of other ANT isoforms could compensate for the effects
induced by ANT1 deficiency.
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Abstract: Complex I (CI) is the first enzyme of the mitochondrial respiratory chain and couples the
electron transfer with proton pumping. Mutations in genes encoding CI subunits can frequently cause
inborn metabolic errors. We applied proteome and metabolome profiling of patient-derived cells
harboring pathogenic mutations in two distinct CI genes to elucidate underlying pathomechanisms
on the molecular level. Our results indicated that the electron transfer within CI was interrupted in
both patients by different mechanisms. We showed that the biallelic mutations in NDUFS1 led to a
decreased stability of the entire N-module of CI and disrupted the electron transfer between two
iron–sulfur clusters. Strikingly interesting and in contrast to the proteome, metabolome profiling
illustrated that the pattern of dysregulated metabolites was almost identical in both patients, such
as the inhibitory feedback on the TCA cycle and altered glutathione levels, indicative for reactive
oxygen species (ROS) stress. Our findings deciphered pathological mechanisms of CI deficiency to
better understand inborn metabolic errors.

Keywords: complex I (CI) deficiency; metabolome and proteome profiling; reactive oxygen species
(ROS); respirasome assembly; electron tunneling (ET)

1. Introduction

Complex I (CI, NADH:ubiquinone oxidoreductase) is the first and largest enzyme of the
mitochondrial respiratory chain in humans. It catalyzes the transfer of electrons from NADH
to coenzyme Q10, which is coupled to the translocation of protons from the mitochondrial matrix into
the intermembrane space. Recently, the structures of the entire CI in Yarrowia lipolytica, Ovis aries, and
Bos taurus were reported at a resolution of 3.6 to 4.2 Å, describing in detail the central subunits that
execute this bioenergetic function [1–3]. Mammalian CI consists of 45 subunits, seven of which are
encoded by the genes localized in mitochondrial DNA [4–6]. Therefore, CI deficiency can originate
from both mitochondrial or nuclear DNA mutations, which leads to its heterogeneous features [7,8].
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Since the discovery of pathogenic mitochondrial DNA (mtDNA) point mutations [9,10] and
deletions [11] in the year 1988, more than 309 gene defects have been reported to date, and this
number continues to grow [12]. Mitochondrial diseases can be grouped into (i) disorders of oxidative
phosphorylation (OXPHOS) subunits and their assembly factors; (ii) defects of mitochondrial DNA,
RNA, and protein synthesis; (iii) defects in the substrate-generating upstream reactions of OXPHOS;
(iv) defects in relevant cofactors; and (v) defects in mitochondrial homeostasis [13]. Mitochondrial
diseases occur at an estimated prevalence of 1 in 5000 live births, and are collectively the most common
inborn error of metabolism [14,15]. CI deficiency is the most frequent mitochondrial disorder among
inborn errors of metabolism, and is characterized by clinical and genetic heterogeneity [16] including
Leber’s hereditary optic neuropathy (LHON) [10], mitochondrial encephalomyopathy, lactic acidosis,
stroke-like episodes (MELAS) [17], and Leigh syndrome (LS) [18]. In addition, the level of heteroplasmy
of mtDNA mutations can vary and is dynamic between cells in the same organism or tissue, and the
proportion of mutant mtDNA molecules determines both the penetrance and severity of expression
of disease [19]. Recently, Idebenone was designated as the first orphan drug to treat LHON by the
European Medicines Agency (EMA product number: EMEA/H/C/3834). Idebenone functions as a
mitochondrial electron carrier and bypasses CI to directly transfer electrons to mitochondrial complex
III (CIII) [20].

In this study, we applied an integrative proteome and metabolome profiling approach to investigate
the molecular and cellular consequences of pathogenic mutations in two core subunits of mitochondrial
CI. The first nuclear gene, NDUFS1, encodes the NADH-ubiquinone oxidoreductase 75 kDa subunit,
the largest subunit of CI that accommodates three iron–sulfur clusters in the N-module, which binds
and oxidizes NADH [21,22]. The second gene, MT-ND5, is located in the mtDNA and encodes
NADH-ubiquinone oxidoreductase chain 5, which represents one of the core subunits in the P-module,
wherein the proton translocation takes place. It is located at the distal end of the CI transmembrane
arm and facilitates proton translocation [23,24].

The first patient was a girl, who carried a mutation in the mitochondrial gene MT-ND5
(m.12706T>C). This missense mutation caused a single amino acid substitution of p.Phe124Leu.
The second patient was a boy. He carried point mutations in NDUFS1 (c.683T>C and
755A>G, compound heterozygous), which caused amino acid substitutions of p.Val228Ala and
p.Asp252Gly. Identical mutations in both genes have been previously reported to cause a pathogenic
phenotype [25–30]; however, the molecular and cellular consequences of these mutations were largely
unknown. Here, we explored and compared the proteome and metabolome profiles of patients and
control skin fibroblasts to elucidate (i) if the global and OXPHOS-specific protein and metabolite
abundances were altered, (ii) if the assembly of CI and the formation of the mitochondrial respirasome
was influenced, (iii) if enzymatic activities of OXPHOS were regulated, (iv) if reactive oxygen species
(ROS) production was changed in these distinct CI mutations versus unaffected controls, and (v)
whether the electron tunneling rate in NDUFS1 was impaired because of the mutation between
iron–sulfur clusters N4 and N5.

2. Materials and Methods

2.1. Ethics Statement

The study protocol conformed to the guidelines of the Declaration of Helsinki. Studies with
primary human cell lines were approved by the local ethics committee “Ethikkommission Land
Salzburg” and written informed consent was provided by the patients’ guardians for skin biopsies.

2.2. Mutations in Patients

The first patient carried a missense mutation in the mitochondrial DNA (gene MT-ND5,
m.12706T>C), which lead to an amino acid substitution (p.Phe124Leu) in the ND5 subunit of complex
I. Sanger sequencing revealed a 70% mutation load in cultivated skin fibroblasts. This mutation has
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been reported in patients with Leigh syndrome [25–27]. The second patient carried two distinct point
mutations (c.[683T>C];[755A>G]) in the nuclear gene NDUFS1 (NM_005006.7), which caused amino
acid substitutions (p.[Val228Ala];[Asp252Gly]) in the NDUFS1 subunit of complex I. This patient was
compound heterozygous for these two missense mutations.

2.3. Patients

Patient MT-ND5: During pregnancy aortic stenosis was diagnosed by sonography. The mother
suffered from epilepsy and was treated with Levetiracetam during pregnancy. On the first day of
life, the girl presented with right ventricular hypertrophic cardiomyopathy. Sonography of the brain
showed partial agenesis of the corpus callosum. At the age of 9 months and during an upper airway
infection, the girl was admitted to intensive care because of apnea and insufficient spontaneous
breathing. In addition, a brain magnetic resonance imaging showed symmetric signal alterations
in the basal ganglia and the brain stem. At the age of 9 1

2 months, the girl died from respiratory
failure. Investigation of an unfrozen muscle biopsy revealed a decrease in CI: 20 nmol/min/mg protein
(normal 28–76 nmol/min/mg protein, Table 1). Lactate was elevated in blood between 41–50 mg/dL
(normal 6–22 mg/dL). Urine organic acid analysis revealed elevated lactate (262 mmol/mol creatinine),
3-hydroxybutyrate, and acetoacetate.

Table 1. Enzyme activities of oxidative phosphorylation (OXPHOS) complexes in muscle biopsies.

Activity Ratio
Versus CS

CI CI + III CII CII + III CIII CIV
F1Fo ATP
Synthase

Patient MT-ND5 0.04 0.07 0.29 0.39 2.10 1.87 0.96
Patient NDUFS1 0.05 0.14 0.29 0.36 2.20 0.97 1.16
Reference range 0.14–0.35 0.24–0.81 0.23–0.41 0.30–0.67 1.45–3.76 0.82–2.04 0.42–1.26

Clinical reference ranges are referred to a previous publication [31]. CS: citrate synthase, C: complex. Enzyme-specific
activities were expressed as nanomoles of substrate per minute per milligram of protein (nmol/min/mg protein) and
were normalized to the enzyme activity of CS. Indicated are ratios.

Patient NDUFS1: At the age of 7 months, this boy presented with muscular hypotonia. He lost
skills such as head control and rolling over. Furthermore, he failed to thrive and lost body weight.
A muscle biopsy was performed at the age of 9 months and showed decreased activity of respiratory
chain CI: 20 nmol/min/mg protein (normal 28–76 nmol/min/mg protein, Table 1).

2.4. Cell Culture

Human-derived primary skin fibroblast cells (patients and controls) were obtained from the
Department of Pediatrics, Salzburger Landeskliniken, Salzburg, Austria. Fibroblasts were obtained by
a superficial punch skin biopsy, collected from the patient under local anesthesia. Two individuals,
from whom the skin fibroblasts were taken as controls, had no genetic defects and were hospitalized
for sepsis. In order to meet the requirement of individual experiments, cells were grown in slightly
different media. For proteome and metabolome profiling, as well as blue native-polyacrylamide
gel electrophoresis (BN-PAGE), cell lines were cultivated in high glucose Dulbecco’s modified eagle
medium (DMEM, Thermo Scientific, Waltham, MA, USA, # 31966) containing 4.5 g/L glucose, 1 mM
pyruvate, and GlutaMAX, and supplemented with 10% fetal bovine serum (FBS, Merck, Darmstadt,
Germany, # F7524), 1% penicillin-streptomycin-neomycin (PSN) antibiotic mixture (Thermo, # 15640055)
at 37 ◦C in a normoxia incubator with a humidified atmosphere of 5% CO2. Cells were grown to 90%
confluency in one T75 or one T300 polystyrene flask (TPP, Trasadingen, Switzerland) in biological
triplicates for proteome and metabolome experiments, respectively. For the live-cell respiration assay
with the Seahorse XFe96 Analyzer (Agilent, Santa Clara, CA, USA), fibroblasts were cultured in basic
DMEM (Thermo, # A14430), supplemented with 1 mM sodium pyruvate (Merck, # P2256), 2 mM
L-glutamine (Merck, # G3126), 1% PSN antibiotic mixture (Thermo, # 15640055), 10% dialyzed FBS
(Silantes, # 281000900), and 25 mM glucose (Merck, # G7021) in three biological replicates in T150 flasks.
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2.5. Metabolite Extraction and Profiling by Targeted LC-MS

Metabolite extraction was done as reported previously with a minor modification for cell culture
samples [32]. In brief, T300 flasks with fibroblasts between the passages of 11–15 at 90% confluence
were harvested in triplicates for each experiment. Twenty-four hours before harvest, the cell culture
was replenished with fresh medium. In order to keep the original metabolic state of the cell and
minimize metabolite degradation, cells were harvested within 2 minutes. Culture medium was
aspirated and the cells were rinsed quickly twice with ice-chilled 1× phosphate-buffered saline, pH 7.4.
Then, 1 mL water was added into the flask, which was immediately shock-frozen in liquid nitrogen.
The flask was kept on ice, and cell lysates were collected with a cell scraper (TPP) and transferred into
a 15 mL tube for three thaw-and-freeze cycles to extract the metabolites. Metabolites were extracted
with methyl tert-butyl ether (MTBE), methanol, and water [32]. The remaining protein pellet was
used in the bicinchoninic acid (BCA) protein assay for normalization among samples. Extracts were
aliquoted equally into three tubes for later reconstitution in water, acetonitrile, and 50% methanol in
acetonitrile, respectively. Additionally, an internal standard mixture, containing chloramphenicol and
C13-labeled L-glutamine, L-arginine, L-proline, L-valine, and uracil was added to each sample (10 μM
final concentration). A SpeedVac was used to dry the aliquots. Dry residuals were dissolved in three
different solvents (1) 100 μL 50% acetonitrile in MeOH with 0.1% formic acid, (2) 100 μL MeOH with
0.1% formic acid for analysis by hydrophilic interaction liquid chromatography (HILIC) column, or
(3) 100 μL water with 0.1% formic acid for C18 column mode. The supernatants were transferred to
micro-volume inserts. Then, 20 μL per run was injected for subsequent LC-MS analysis.

Over 400 metabolites were selected to cover most of the important metabolic pathways in mammals.
Metabolites are very diverse in their chemical properties. Therefore, two different LC columns have
been used for metabolite separation: a Reprosil-PUR C18-AQ (1.9 μm, 120 Å, 150 × 2 mm ID; Dr.
Maisch, Ammerbuch, Germany) column, and a zicHILIC (3.5 μm, 100 Å, 150 × 2.1 mm ID; Merck).
The settings of the LC-MS instrument, 1290 series ultra high pressure liquid chromatography (UHPLC)
(Agilent) online coupled to a QTRAP 6500 (Sciex, Foster City, CA) were reported previously [33].
The buffer conditions were A1—10 mM ammonium acetate, pH 3.5 (adjusted with acetic acid);
B1—99.9% acetonitrile with 0.1% formic acid; A2—10 mM ammonium acetate, pH 7.5 (adjusted with
ammonia solution); and B2—99.9% methanol with 0.1% formic acid. All buffers were prepared in
LC-MS grade water and organic solvents.

A list of all metabolites, including multiple reaction monitoring (MRM) ion ratios, retention
times, and Kyoto Encyclopedia of Genes and Genomes (KEGG) or Human Metabolome Database
(HMDB) metabolite identifiers can be found in Table S6. Peak integration was performed using
MultiQuant software v.2.1.1 (Sciex, Foster City, CA) without any smoothing and reviewed manually.
Peak intensities were normalized, first against the internal standards, and subsequently against
protein abundances obtained from the BCA assay. The first transition of each metabolite was used
for relative quantification between samples and controls. All original LC-MS-generated QTrap
wiff- files, as well as MultiQuant processed peak integration q.session files can be downloaded via
http://www.peptideatlas.org/PASS/PASS01195.

2.6. Proteomics Sample Preparation with Label-Free Quantification (LFQ)

Proteomics sample preparation was done according to a published protocol with minor
modifications [34]. Three biological replicates of each patient and control fibroblast cell lines between
the passages of 8–11 were harvested from T75 flasks and lysed under denaturing conditions in a
buffer containing 6 M guanidinium chloride (GdmCl), 5 mM tris(2-carboxyethyl)phosphine, 20 mM
chloroacetamide, and 50 mM Tris-HCl pH 8.5. Lysates were denatured at 95 ◦C for 15 min shaking at
800 rpm in a thermal shaker and sonicated in a water bath for 15 min. A small aliquot of cell lysate
was used for the BCA assay to quantify the protein concentration. Lysates (100 μg proteins) were
diluted with a dilution buffer containing 10% acetonitrile and 25 mM Tris-HCl, pH 8.5, to reach a 1
M GdmCl concentration. Then, proteins were digested with 2 μg LysC (MS-grade, Roche, enzyme
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to protein ratio 1:50) shaking at 800 rpm at 25 ◦C for 2 h. The digestion mixture was diluted again
with the same dilution buffer to reach 0.5 M GdmCl. Then, 2 μg trypsin (MS-grade, Roche, enzyme to
protein ratio 1:50) was added and the digestion mixture was incubated at 37 ◦C overnight in a thermal
shaker at 800 rpm for 14 h. Solid phase extraction (SPE) disc cartridges (C18-SD, Waters, Milford, MA)
were used for peptide desalting according to the manufacturer’s instructions. Desalted peptides were
reconstituted in 0.1% formic acid in water and further separated into four fractions by strong cation
exchange chromatography (SCX, 3M Purification, Meriden, CT). Eluates were first dried in a SpeedVac,
then dissolved in 20 μL 5% acetonitrile and 2% formic acid in water, briefly vortexed, and sonicated in
a water bath for 30 seconds prior injection to nano-LC-MS.

2.7. LC-MS Instrument Settings for Shotgun Proteome Profiling and Data Analysis

LC-MS/MS was carried out by nanoflow reverse-phase liquid chromatography (Dionex Ultimate
3000, Thermo) coupled online to a Q-Exactive Plus Orbitrap mass spectrometer (Thermo). Briefly, the
LC separation was performed using a PicoFrit analytical column (75 μm ID × 55 cm long, 15 μm Tip ID;
New Objectives, Woburn, MA) in-house packed with 2.1 μm C18 resin (Reprosil-AQ Pur, Dr. Maisch,
Ammerbuch, Germany). Peptides were eluted using a non-linear gradient from 2% to 40% solvent B
over 101 min at a flow rate of 266 nL/min (solvent A: 99.9% water, 0.1% formic acid; solvent B: 79.9%
acetonitrile, 20% water, 0.1% formic acid). 3.5 kilovolts were applied for nanoelectrospray ionization.
A cycle of one full fourier transformation scan mass spectrum (300−1750 m/z, resolution of 60,000 at
m/z 200, automatic gain control (AGC) target 1 × 106) was followed by 12 data-dependent MS/MS
scans (200–2000 m/z, resolution of 30,000, AGC target 5 × 105, isolation window 2 m/z) with normalized
collision energy of 25 eV. Target ions already selected for MS/MS were dynamically excluded for 15 s.
In addition, only peptide charge states between two to eight were allowed.

Raw MS data were processed with MaxQuant software (v1.6.0.1) and searched against the
human proteome database UniProtKB with 21,074 entries, released in December 2018. Parameters
of MaxQuant database searching were a false discovery rate (FDR) of 0.01 for proteins and peptides,
a minimum peptide length of seven amino acids, a first search mass tolerance for peptides of
20 ppm and a main search tolerance of 4.5 ppm, and using the function “match between runs”.
A maximum of two missed cleavages was allowed for the tryptic digest. Cysteine carbamidomethylation
was set as fixed modification, while N-terminal acetylation and methionine oxidation were set as
variable modifications. Contaminants, as well as proteins identified by site modification and proteins
derived from the reversed part of the decoy database, were strictly excluded from further analysis.
The MaxQuant processed output files can be found in Table S2, showing peptide and protein
identification, accession numbers, percentage of sequence coverage of the protein, q-values, and LFQ
intensities. The mass spectrometry data have been deposited to the ProteomeXchange Consortium
(http://proteomecentral.proteomexchange.org) via the PRIDE partner repository [35] with the dataset
identifier PXD009743.

2.8. Experimental Design, Statistical Rationale, Pathway, and Data Analyses

The correlation analysis of biological replicates and the calculation of significantly different
metabolites and proteins were done with Perseus (v1.6.0.2). LFQ intensities, originating from at least
two different peptides per protein group, were transformed by log2. Only protein groups with valid
values within compared experiments were used for further data evaluation. Statistical analysis was
done by a two-sample t-tests with Benjamini–Hochberg (BH, FDR of 0.05) correction for multiple
testing. Significantly regulated metabolites and proteins between patients and controls were indicated
by a plus sign in Tables S1 and S3.

One-way ANOVA with Tukey’s multiple comparison test (significance level, alpha = 0.05)
was performed using GraphPad Prism 5 to compare concentration ratios of reduced and oxidized
glutathione (GSH/GSSG) in patients and controls, as well as data from live cell respiration assay.
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For comprehensive proteome data analyses, we applied gene set enrichment analysis (GSEA,
v2.2.3) [36] in order to see if a priori defined sets of proteins showed statistically significant, concordant
differences between mutations and controls. All proteins with ratios calculated by Perseus were
used for GSEA analysis. The Galaxy online tool (https://usegalaxy.org/) was used to calculate the
average of the ratios of the few duplicate gene names. We used GSEA standard settings, except that
the minimum size exclusion was set to 5 and Reactome v5.2 and KEGG v5.2 were used as gene set
databases. The cutoff for significantly regulated pathways was set to be p-value ≤ 0.05 and FDR ≤ 0.05.

2.9. Simulations of Electron Transfer between the Iron–Sulfur Clusters of NDUFS1 and Prediction of Protein
Stability of p.Phe124Leu in ND5

We have applied tunneling calculations of electron transfer between N4 and N5 iron–sulfur clusters
of the NDUFS1 subunit and studied the consequences of mutations of the key residues involved in the
process using a method described previously [37].

The change of the Gibbs free-energy gap, ΔΔG, which measures the gain or loss of protein stability
upon mutations, was calculated by the online tool STRUM for the p.Phe124Leu substitution in ND5 [38].

2.10. Measurement of Respiratory Chain Enzyme Activities

Sample preparation of muscle homogenates for the spectrophotometric assay of enzyme activities
was done as reported previously [39–41].

2.11. Live Cell Respiration Assay by Seahorse XFe96

The operation and the calibration of sensor cartridges of the Seahorse XFe96 instrument were done
according to the manufacturer’s instructions. A pilot experiment was performed to optimize the cell
number at seeding and the concentration of carbonyl cyanide-4-(trifluoromethoxy)phenylhydrazone
(FCCP), an uncoupling agent of the mitochondrial electron transfer chain and the ATP synthase. In the
final assay, fibroblasts were seeded at 40,000 cells per well and cultured under normoxic condition
(5% CO2) for 6 h in order to allow them to attach to the bottom of the culture plate. Then, the culture
medium was replaced with the Seahorse assay medium and the plate was transferred to a non-CO2

incubator for 45 min right before the start of the assay. The Mito Stress Test Kit (Agilent, #103015-100)
and the Glycolytic Rate Assay Kit (Agilent, #103344-100) were used according to the user manuals.
Inhibitor concentrations were used as followed: oligomycin (2 μM), FCCP (1.5 μM), rotenone (0.5 μM),
antimycin (0.5 μM), and 2-deoxy-glucose (500 mM).

2.12. Blue Native PAGE, Western Blot, and In-Gel Activity Assay of CI

Fibroblasts were trypsinized, collected by centrifugation, and lysed in mitochondria isolation
and storage buffer (83 mM sucrose, 3.3 mM Tris-HCl, pH 7.0, 0.3 mM ethylenediaminetetraacetic acid
(EDTA), 1.7 mM 6-aminohexanoic acid, and protease inhibitor cocktails) by passing them through a
needle (Ø 0.45 × 25 mm, 26 G × 1”) 30 times on ice, on the basis of published protocols with minor
modifications [42,43]. In brief, crude mitochondria fractions were solubilized with digitonin in a ratio
of 10 μL 20% digitonin per 20 mg cell pellet. Next, 8 μg solubilized mitochondria per lane were loaded
onto the precast NativePAGE 3%–12% gradient Bis-Tris protein gels (Thermo, # BN1001BOX) and run
at 4 ◦C with pre-chilled buffers. The blue native PAGE was first run with the dark blue cathode buffer
(0.02 % Coomassie Blue G-250) until the running front reached one-third of the gel length. Then, the
light blue cathode buffer (0.002% Coomassie Blue G-250) was used to finish the gel running. The gel
was further processed for western blot or in-gel activity assay of CI.

Immunodetection of OXPHOS enzymes on blue native gels was performed following an established
protocol [43]. The antibodies used in western blot were anti-NDUFS1 (Proteintech, Rosemont, IL, USA,
# 12444-1-AP) and all others were purchased from Merck: anti-NDUFS2 (# SAB2702088), anti-NDUFB8
(# HPA003886), anti-UQCRC2 (# HPA007998), and anti-SDHB (# HPA002868).
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In-gel activity assays of CI were conducted as described previously [43]. Briefly, blue native gels
were incubated in the assay buffer directly after electrophoresis. One half of the gel piece was cut out
and incubated in the assay buffer for 1 hour and documented. The other half, as an identical replicate,
was stained with Coomassie G-250 following a published protocol [44].

2.13. Protein Sequence Alignment

Protein sequences of NDUFS1 and ND5 were aligned using T-Coffee [45] and visualized in Espript
3.0 [46].

3. Results

3.1. Substituted Amino Acids in ND5 and NDUFS1 are Highly Conserved from Bacteria to Human

A protein sequence alignment across multiple species showed a highly conserved phenylalanine
at position 124 in the subunit ND5, which was substituted to leucine in one patient (Figure S1A).
The heteroplasmy level of this mutation was 70% in cultivated skin fibroblasts, which is in agreement
with other reports, displaying a very severe phenotype [25–27]. Furthermore, Phe124 is localized in
the fourth transmembrane helix of subunit ND5, which is close to the proposed proton translocation
channel [27] and thus may influence its structure and catalytic function. In the other patient, two highly
conserved amino acids, valine at position 228 and aspartate at position 252, were substituted to alanine
and glycine in NDUFS1, respectively (Figure S1B). Val228 is located between the two iron–sulfur
clusters N4 and N5 in subunit NDUFS1 (protein data bank, PDB: 5XTD, human CI).

3.2. Metabolome Profiling Revealed a Decrease of the GSH/GSSG Ratio in Both Patients

To quantify relative differences in metabolite changes and to elucidate key metabolic
alterations caused by mutating the MT-ND5 and NDUFS1 genes, we applied a targeted liquid
chromatography-mass spectrometry (LC-MS/MS) approach based on multiple reaction monitoring
(MRM) [33]. In total, 121 metabolites were quantified relatively (Table S1). The Pearson correlation
coefficients were highly similar, ranging from 0.968 to 0.996 in the controls, 0.984 to 0.996 in the MT-ND5
mutation, and 0.985 to 0.991 in the NDUFS1 mutations (Figure S2), suggesting a very good quality of
the metabolite data sets. Statistical analysis by an unpaired two-sample t-test identified significantly
regulated metabolites, and six of them were significant after Benjamini–Hochberg (BH, FDR ≤ 0.05)
correction for multiple testing (p-value ≤ 0.05) in the MT-ND5 mutation versus controls (Figure 1A).
In the case of the NDUFS1 mutations, 11 significant metabolites were found after the t-test and six
were identified upon BH correction (p-value ≤ 0.05, FDR ≤ 0.05) (Figure 1B). Interestingly, the same
metabolites were found to be significantly regulated in both patients.

Glutathione (GSH) was the metabolite with the highest decrease in both patients (12-fold in ND5,
16-fold in NDUFS1, Figure 1A,B). In contrast, oxidized glutathione (GSSG) levels were increased in
both patients. The ratio between reduced and oxidized glutathione (GSH/GSSG ratio) can be used as a
marker for the redox status of a cell [47–49]. The concentration ratios of GSH/GSSG between patients
and controls decreased significantly (more than 35-fold) for both patients’ fibroblast cells (Figure 2),
thus indicating a higher level of oxidative stress. Furthermore, the polyamine N-acetylputerescine was
significantly increased in both patients, also indicative for higher stress levels [50,51].
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Figure 1. Significantly regulated metabolites between mutated MT-ND5 and NDUFS1 versus
controls, respectively. (A) Abundance ratios of metabolites between mutated MT-ND5 and controls.
(B) Abundance ratios of metabolites between mutated NDUFS1 and controls. Metabolites above the
solid lines were considered significant after the t-test. Metabolites above the dashed horizontal line
were significant after Benjamini–Hochberg correction (false discovery rate (FDR) ≤0.05) for multiple
testing. Log2 fold changes were plotted against the -Log10 (p-value). Blue: metabolites involved in
cellular oxidative stress response; orange: metabolites of the TCA cycle; green: CI-related metabolites.

Figure 2. Reduced and oxidized glutathione (GSH/GSSG) ratios of controls, ND5, and NDUFS1 mutant
fibroblast cells. The log2 concentration ratios (GSH/GSSG) were compared between patients and
controls. One-way ANOVA of log2 ratios was performed (p-value < 0.001, labeled as ***). Error bars:
mean ± SD.

3.3. The TCA Cycle Metabolites—Fumaric and Malic Acid—Significantly Increased in Both Patients

Malate and fumarate are two TCA cycle intermediates that were significantly upregulated in both
patients. Similar findings have been reported in patients’ urine samples [52]. Lactic acid, which is
converted from pyruvate, was elevated twofold in both patients. This is in concordance with frequently
observed lactic acidosis in patient blood [53]. The ability of CI to oxidize NADH in both patients
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seems to be limited and, as a consequence, the level of NAD+ was found to be significantly reduced
(Figure 1A,B).

Furthermore, flavin mononucleotide (FMN) and riboflavin (vitamin B2, a precursor of FMN) were
both decreased threefold in patient fibroblasts carrying the MT-ND5 mutation. FMN is a prosthetic
group of mitochondrial CI and accepts electrons from NADH.

The metabolome survey identified that the same metabolites were significantly regulated in both
patients. These metabolites, such as GSH, GSSG, NAD+, NADP+, FMN, malate, and fumarate, are all
directly or indirectly involved in, or dependent on the functionality of CI.

3.4. Proteome Profiling

Fibroblasts harboring the MT-ND5 and NDUFS1 mutations were compared to two individual
healthy controls in triplicates by label-free quantification (LFQ) in a total of 60 LC-MS/MS runs.
We identified more than 5363 protein groups with at least two peptides per protein group (Table S2).
We then compared both mutations individually to controls and filtered for 100% valid values in at least
one group and replaced missing values from the normal distribution. This resulted in a total of 4030
protein groups for the MT-ND5 patient and 3893 for the NDUFS1 patient versus controls (Table S3).

The reproducibility of the biological replicates was tested by Pearson correlation and visualized
in a multi-scatter plot for all experiments. The Pearson correlation coefficients were highly similar,
ranging from 0.959 to 0.994 in controls, 0.989 to 0.992 in the MT-ND5 mutation, and 0.988 to 0.994 in
the NDUFS1 biallelic mutations (Figure S3), indicating very robust replicates.

Statistical analysis by an unpaired two-sample t-test identified 1535 significant proteins and 1090
significantly regulated proteins after Benjamini–Hochberg (BH) correction for multiple testing (p-value
≤ 0.05, FDR ≤ 0.05) in the MT-ND5 mutation versus controls, as visualized in a volcano plot (Figure 3A).
In the case of the NDUFS1 mutations, 324 significantly deregulated proteins were found after the t-test,
and 145 were identified upon BH correction (p-value ≤ 0.05, FDR ≤ 0.05) (Figure 3B).

Figure 3. Cont.
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Figure 3. Abundance ratios of CI subunits mapped onto the CryoEM structure of human CI, PDB:
5XTD. (A) Protein abundance ratios between mutND5 and controls. Mitochondrial proteins according
to Human MitoCarta2.0 are shown in orange, OXPHOS proteins in blue, and CI subunits in red.
The dotted line indicated the threshold of significance (FDR ≤0.05) in the two-sample t-test after
Benjamini–Hochberg correction. Protein names are presented for significantly regulated CI subunits.
(B) Protein abundance ratios between mutNDUFS1 and controls. Same legend as in (A). (C) The
mutation in MT-ND5 did not lead to a general change of the abundance of CI subunits, but a specific
loss of the N-module was identified in the NDUFS1 patient. The inset indicates the relative position of
the N-module, NDUFS1, and ND5 in CI. n.d., no data.

3.5. Gene Set Enrichment Analyses Reveal Glycolysis is Upregulated in the MT-ND5 Mutation and the
Respiratory Chain is Down-Regulated in the NDUFS1 Mutations

We applied the pathway enrichment tool GSEA to assess whether a priori defined sets of proteins
showed statistically significant, concordant differences between MT-ND5 and NDUFS1 versus controls,
respectively. Pathways with significant p-values (≤0.05) and FDR q-values (≤0.05) are listed in Tables
S4 and S5. In the patient with the MT-ND5 mutation, pathways comprising proteins of the cytoskeleton,
the extracellular matrix, cytosolic tRNA aminoacylation, and glycolysis and gluconeogenesis were
significantly upregulated (Table S4).

Many structural and cytoskeleton proteins were enriched in the MT-ND5 patient, such as myosins
MYL9 and MYLK, actin ACTA2, tropomyosins, TPM1, CALD1, MYL6, TPM4, FN1, and collagens,
reflected in the respective pathways of muscle contraction, focal adhesion, and collagen formation.
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The pathway “cell cycle” was significantly down-regulated in cells harboring the MT-ND5
mutation, including six of the proteins of the mini-chromosome maintenance complex (MCM)
responsible for DNA replication, (threefold, see Table S4).

In the case of the patient with NDUFS1 mutations, the pathway including cytoskeleton components
was only significantly increased at a nominal p-value (Table S5).

The respiratory electron chain was the only significantly down-regulated pathway in the patient
carrying NDUFS1 mutations (Table S5). To further shed light on the substructures of CI, we performed
a pathway analysis with manually created gene lists for all modules of CI. This analysis identified a
significant and specific decrease only in the N-module (p ≤ 0.001, q-value ≤0.05, Table S5), including
the subunits NDUFA7 (threefold), NDUFV2 (fourfold), NDUFS1 (sixfold), and NDUFV1 (tenfold)
(Figure 3B).

To visualize this dysregulation, all protein abundance ratios of CI subunits between patients
and controls were mapped in a three dimensional structure of CI (PDB: 5XTD). The inlet indicated
the position of subunit ND5 and NDUFS1 in CI (Figure 3C). Indeed, the N-module in the NDUFS1
patient was the only region to be severely reduced, whereas the MT-ND5 patient showed no changes
(Figure 3C). This indicated that the stability of the entire N-module was affected, most likely because
of fast degradation of misfolded or not integrated subunits of CI.

3.6. The Rate of Electron Tunneling between the Iron–Sulfur Clusters N4 and N5 of NDUFS1 Was Predicted to
Decrease Dramatically in a V228A Mutant

We examined the electron transfer between the iron–sulfur clusters N4 and N5 in subunit NDUFS1
using the method of tunneling current theory, as was previously described for a bacterial enzyme [37].
It revealed that the residue Val228 was critical for bridging the electron transfer between the N4 and
N5 clusters, as electrons tunnelled primarily through this relatively bulky residue. Our simulations
for an ovine enzyme showed that the mutation p.Val205Ala, with a smaller alanine substitution, had
a dramatic effect on the rate of electron transfer by reducing it by 35-fold (Figure 4). It is interesting
that the effect of mutation of this critical valine residue was predicted to occur earlier in Thermus
thermophilus [37]. These changes were predicted to occur in the remaining small fraction of fully
assembled CI.

Figure 4. Electron tunneling pathway of the electron transfer reaction between iron–sulfur clusters
N4→N5 of the wild-type and in silico mutated CI in Ovis aries, PDB 5LNK. Solid blue arrows indicate
through-space jumps in the primary electron tunneling pathways. Through-space distances in Ångstrom
are shown next to the arrows. Relative color density indicates the contribution of the corresponding
atom/bond in electron transfer reaction. The mutation resulted in a reduced rate of electron transfer
kWT

ET /kV205A
ET = 35 for the ovine enzyme.
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3.7. Decreased Stability of CI in Mutated NDUFS1 Prevents the Formation of Supercomplexes

To elucidate the consequences of the specific loss of the N-module in the mutated NDUFS1 cell
line for the formation of supercomplexes, we solubilized OXPHOS proteins under mild conditions
using digitonin, and performed blue native PAGE followed by western blot. Only a small fraction
of supercomplexes were formed compared to controls (Figure 5A–D). In addition, a major part of
CIII was not incorporated into supercomplexes, which was the stoichiometric assembly of CI, III, and
IV (Figure 5D). In contrast, no assembly errors were identified in the MT-ND5 patient. Succinate
dehydrogenase (complex II, CII) was used as a loading control and showed no differences between
samples (Figure 5E).

Figure 5. Formation of respiratory chain supercomplexes and in-gel activity assay of CI. Blue native
PAGE and western blot detection of respiratory chain enzymes solubilized with digitonin. (A) Antibody
against NDUFS1, a core subunit of the N-module in CI; (B) antibody against NDUFS2, a core subunit
of the Q-module in CI; (C) antibody against NDUFB8, an accessary subunit of the P-module in CI; (D)
antibody against UQCRC2, a core subunit of CIII; (E) antibody against SDHB, a subunit of complex
II (CII), which serves as a loading control. (F) In-gel activity assay (IGA) of CI. Ctrl: control; MHM:
mouse heart mitochondria, as molecular weight marker and positive control; SC: supercomplexes; III,
complex III (CIII); IV, complex IV (CIV).

To test the functionality of the partly assembled respirasome, an in-gel activity assay of CI was
performed and revealed that there was almost no enzymatic activity in the patient with NDUFS1
mutations (Figure 5F).

3.8. Isolated CI Deficiency in Both Patients

Enzymatic measurements of the respiratory chain enzymes and citrate synthase (CS) were
performed in the homogenates of muscle biopsies for both patients [40,54]. These were normalized to
CS and were compared to reference values (Table 1) [31]. In both cases, the CI enzyme activity was
below the reference values, while all other complexes showed values within the range of the references,
indicating an isolated CI deficiency.

3.9. Live Cell Respiration Assays Revealed a Low Oxygen Consumption Rate in Both Patients

The respiration rate measurements in live cells (Figure 6A) elucidated that the basal respiration,
ATP-linked respiration, maximal respiration, and the spare respiration capacity were less than 50%
compared with controls (Figure 6C–F). In contrast, the basal glycolysis rate was significantly higher
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(p-value ≤ 0.05) in patients than in the controls (Figure 6G). The glycoPER (Figure 6B), which is the PER
(proton efflux rate) contributed by glycolysis, was significantly higher (p-value ≤ 0.05) in the patients
(Figure 6H,I). Thus, a clear metabolic shift from aerobic respiration to glycolysis was observed in both
mutated cell lines (Figure 6J), which is in concordance with our proteomics data for the patient with
the MT-ND5 mutation, where the glycolytic pathway was upregulated.

Figure 6. Cellular respiration assays showing mitochondrial dysfunction and increased glycolytic
activities in both patients. (A) Oxygen consumption rate profile. (B) Proton efflux rate (PER) profile.
(C) Basal respiration rate at the beginning of the assay. (D) ATP-linked respiration before the addition
of the inhibitors. (E) Maximal respiration after carbonyl cyanide-4-(trifluoromethoxy)phenylhydrazone
(FCCP) was added. (F) Calculated spare respiratory capacity. (G) Basal glycolysis rate at the beginning
of the assay. (H) Total PER before the addition of the inhibitors. (I) Percentage of PER from glycolysis.
(J) The ratio between mitochondrial oxygen consumption rate (OCR) and glycolytic PER as an indicator
of the cellular energetic profile. Error bars: (A) and (B): mean ± SD; (C–J): mean ± 95% confidence
intervals. One-way ANOVA: p-value < 0.01 (**); p-value < 0.001 (***); ns, not significant.

4. Discussion

Mitochondrial dysfunction is the most common type of metabolic disorder and can be caused by
either mitochondrial or nuclear gene mutations. Here, we applied proteome and metabolome profiling
to reveal the molecular consequences of gene mutations in NDUFS1 and MT-ND5, which respectively
encode for the two core subunits in the hydrophilic and transmembrane arms of CI.
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4.1. Specific Disassembly of the N-Module and the Entire Respirasome in Mutated NDUFS1

Our proteome screening indicated a specific loss of the entire N-module for the NDUFS1 patient
(Figure 3C). For validation, we applied BN-PAGE in combination with western blot to reveal a disrupted
assembly for CI. An in-gel activity assay showed a missing band only in this patient, which may either
derive from a diminished stability of CI or by the lack of FMN in the protein (Figure 5F). The CI
N-module consisted of three core subunits, NDUFS1, NDUFV1, and NDUFV2, which were encoded by
nuclear genes and accommodate the FMN prosthetic group, as well as the iron–sulfur clusters N1a, N3,
N1b, N4, and N5 [55,56]. The N-module in the patient with mutated NDUFS1 hence disintegrated
easily, resulting in strongly reduced amounts of fully assembled CI, causative for to the observed
enzymatic dysfunction. The homozygous mutation p.Asp252Gly in NDUFS1 alone was shown to
cause the disassembly of CI in a patient with mild cavitating leukoencephalopathy [30]. Recent studies
support a model that functional modules of CI are first assembled independently and then gradually
form a mature CI, in which the N-module joins in the final step [57–59]. Over the past two decades,
several possible formations of structures for respiratory chain supercomplexes have been identified
and resolved at high resolution [60–66]. It has been reported that about 80–90% of the CI population is
indeed bound to other OXPHOS complexes in stoichiometry to form supercomplexes (SC), which is
named the mitochondrial respirasome and is composed of CI, CIII and CIV [67–69]. The formation of
SC was severely reduced in the NDUFS1 patient compared with the controls (Figure 5A–D). This was
further confirmed by the detection of large amounts of individual CIII, which could not be assembled
into a mature SC in the NDUFS1 patient (Figure 5D). Whether the formation of respirasomes indeed
enhances the efficiency of electron transfer and minimizes the electron leakage and thus ROS production
is still controversially debated [63,64,70,71]. It can be concluded that the N-module disintegrated
easily due to the substitutions of two amino acids in the NDUFS1 patient, which severely affected the
maturation and structural stability of CI and, hence, the formation of SC.

4.2. Disruption of The Electron Flow in Mutated NDUFS1

In the patient with NDUFS1 mutations, the valine at position 228 was changed to alanine.
This valine was located between the iron–sulfur cluster N4 and N5 (Figure 4). A previous study
modeled the effect of this Val232Gly substitution in bacterial CI and showed that the “Y”-shaped side
chain of valine is crucial as a bridge for electron transfer between N4 and N5. The replacement of valine
to glycine caused a decrease in the electron transfer efficiency to about one-thousandth in bacterial
CI [37]. Our in silico modeling of the ovine enzyme with the specific substitution p.Val205Ala again
confirmed the dramatically reduced electron transfer, which was expected in the NDUFS1 patient.
The decreased rate of electron transfer between the N4 and N5 clusters should affect the overall rate
of electron transfer from NADH via FMN and iron–sulfur clusters to Co-Q10 in CI, with an elevated
level of FMN in its reduced state and a consequential increase in the level of ROS production by
the enzyme [72–75]. Therefore, both defects, the Val228Ala substitution disrupting electron transfer
between the N4 and N5 clusters and the partial disintegration of the N-module due to the Asp252Gly
substitution [30], might be the cause of the elevated ROS production, indicated by the decreased
GSH/GSSG ratio in the patient (Figure 2). Elevated ROS has been reported in cells with CI assembly
defects previously [76]. The reported case, carrying only the p.Asp252Gly substitution, presented a
very mild phenotype [30], indicating that the additional interruption of the electron flow between N4
and N5 in our case significantly contributed to the severity of the phenotype.

Regarding tunneling calculations, however, several important points should be mentioned.
The change of electron transfer coupling between N4 and N5 was quite significant in all enzymes that
we have examined. However, given all the uncertainties in the structure, and difficulties of theoretical
modeling of FeS clusters, these results should be regarded only as qualitative trends. It was also
recognized that a slower electron transfer rate will only be important if this is the rate-determining
step. Furthermore, we cannot exclude that additional water molecules will occupy the mutated site,
possibly changing the rates of electron transfer. Generally, it should be recognized that the accurate
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quantitative predictions on human enzymes is still a significant challenge. However, the calculated
dramatic disruption of electronic coupling reported here, and in the emerging picture, appears to be in
agreement with overall experimental evidence collected in this work on the NDUFS1 mutant.

4.3. The Stalling of Proton Translocation in Mutated ND5 Is Assumed to Stop Electron Flow Without Any
Consequences for Respirasome Formation

In contrast, the other patient with the MT-ND5 mutation, harboring a heteroplasmy level of 70%,
had a fully assembled CI (Figure 5). The amino acid substitution in the ND5 subunit, which was
located on the distal end of the transmembrane arm, thus had no effect on the assembly of CI. The
crystal structure of CI suggests that a unique, out-of-the-membrane quinone-reaction chamber enables
redox energy to drive concerted long-range conformational changes, resulting in the translocation of
four protons upon oxidation of one NADH molecule [77–79]. A study in Escherichia coli showed that
amino acid substitutions close to the proton translocation channel indeed reduced the functionality of
CI [80]. Thus, we expect that the proton pumping activity in the MT-ND5 patient to be impaired in a
similar way. In silico modeling of this effect by the online tool STRUM, a structure-based prediction
of protein stability changes upon single-point mutation [38], indeed showed increased stability for
the p.Phe124Leu mutation in subunit ND5. Hence, the stabilizing effect of this mutation for the
proton channel might hamper its functionality by losing its flexibility. However, the details of the
conformational coupling to electron flow remain unknown. It is worth mentioning that the mutation
in proton pumping regions hindering electron transfer far away is one of the marvels of CI, and this
has been demonstrated by earlier experiments on isolated proteins. One can argue that if the MT-ND5
mutation indeed results in disrupted conformational coupling and affects the electron transfer chain,
the immediate consequence of this may be an elevated production of ROS, either by reduced FMN or
by a reversed electron transfer mechanism [81–84].

4.4. A Similar Pattern of Regulated Metabolites Was Identified in Both Patients, Mainly for ROS Defense and
TCA Cycle Metabolites

Interestingly, an almost identical set of significantly regulated metabolites was identified in
both patients (Figure 1). The shortage of NAD+ may reflect the deficiency of CI, one of the major
consumers that oxidizes NADH and generates NAD+. We further want to mention that an imbalance
of the NADH/NAD+ ratio in itself may affect all aspects of impaired metabolism [85,86]. A stable
NADH/NAD+ ratio is critical toward maintaining the homeostasis of metabolic process in both the
cytoplasm and mitochondria [85,87]. An increased NADH/NAD+ ratio might thus affect the TCA
cycle, since previous studies have shown that the inhibition of CI increased succinate oxidation
rates [33,88]. The TCA cycle is primarily regulated by product feedback inhibition by NADH and by
ADP/ATP and NAD+/NADH ratios [89]. The lack of NAD+, required for the conversion of malate
to oxaloacetate, resulted in the elevated malate levels. Secondary metabolic alterations caused by CI
deficiency were found previously in urine and may play an important role in the pathogenesis of
CI deficiency [52]. Fumaric, malic, and also lactic acid, were found to be dramatically increased in
some patients’ urine, matching our cell culture results [53]. We therefore believe that NADH cannot
efficiently transfer electrons to CI, either because of disassembly or because of dramatic disruption of
the electron tunneling flow, and thus a jam of unused NADH was created, leading to dysregulation of
these TCA cycle metabolites.

The N-module of CI binds and oxidizes NADH and generates two electrons that are transferred
through FMN and seven iron–sulfur clusters to ubiquinone in the Q-module [24]. The fundamental
role of FMN for the enzymatic functionality of CI has been demonstrated for specific mutations
within the FMN docking side carrying subunit NDUFV1. Mutants lacking FMN were fully assembled,
but enzymatically inactive [90]. FMN was diminished threefold in both of our cases and previously in
rotenone inhibited cells [33], indicating that the electron transfer to quinone was interrupted. It has
been reported for both prokaryotes and eukaryotes that the non-covalently bonded prosthetic group
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FMN dissociated reversibly from CI when the later one was reduced by NADH and no suitable electron
acceptor was available [91,92]. The dissociation of FMN was proposed as a protective mechanism to
decrease ROS production [92], as FMN was shown to be a direct site for superoxide radical formation
in the CI N-module [73,74,93,94].

Mitochondria are a major source for ROS [81], which can be eliminated by ROS scavengers such
as glutathione (GSH) [95]. Apparently, the more than 35-fold decrease in the GSH/GSSG ratio observed
in both patients (Figure 2) was a strong indicator of elevated ROS levels because of a stalled electron
flow. In addition, N-acetylputerescine, the inactive form of puterescine, was significantly increased in
both patients. Puterescine is known to be a main ROS scavenger as well [50,51].

4.5. CI Deficiency Leads to a Glycolytic Phenotype

The cell respiration assay confirmed that both patients were indeed more glycolytic in their
bioenergetics profiles, compared with the two controls (Figure 6B). The oxygen consumption rate
(OCR) linked with ATP synthesis showed severe decreases in both patients’ fibroblasts (Figure 6D),
which confirmed the dysfunction of the mitochondrial OXPHOS caused by CI mutations. This was
in agreement with the clinical data from patient muscle biopsies, in which the CI activities were
found to be below the reference range and matched the elevated lactate levels in the fibroblasts and
plasma samples of the patients (Table 1). Furthermore, the maximal and spare respiration capacities
were significantly lower in both patients (Figure 6E,F). In order to compensate for the mitochondrial
shortage of ATP, the patients’ cells exhibited an increased rate of glycolysis, as indicated by the
glycolysis-contributed proton efflux rate measurement (glycoPER, Figure 6G).

4.6. Accumulation of Structural Proteins in Patients

An increase of proteins involved in the cytoskeleton and the extracellular matrix (ECM) was found
in both patients, in agreement with the diagnosis of ventricular hypertrophic cardiomyopathy in the
MT-ND5 patient. CI deficiency frequently resulted in remodeling of the extracellular matrix, causing
cardiomyopathy [96–98]. A relationship between a compromised respiratory chain and alterations in
structural proteins has been shown previously [99], and OXPHOS deficiencies have also been linked to
the development of hypertrophic cardiomyopathy [100]. Thus, our proteome survey indicated that an
insufficient cellular bioenergetic status led to an increase in the ECM and cytoskeletal mass, but further
studies are necessary to provide mechanistic links.

5. Conclusions

We have characterized the molecular consequences of two distinct CI mutations that result in the
stalling of electron flow within CI by two different mechanisms. In the NDUFS1 patient, destabilization
of the N-module and, in addition, an interruption of electron tunneling between the iron–sulfur
clusters N4–N5 of the remaining assembled CI was observed. In the MT-ND5 patient, a dysfunctional
proton channel might be less efficient to translocate protons utilizing the energy provided by the
electron transfer. The interruption of the electron flow led to electron leakage and, in turn, to increased
ROS generation, as seen by the reduced GSH/GSSG ratios in both cases. Furthermore, the isolated
CI deficiency induced a metabolic switch towards a glycolytic phenotype, and the imbalance of
the NADH/NAD+ ratio caused an identical feedback on the regulation of TCA cycle metabolites in
both mutations.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4409/8/10/1149/s1,
Figure S1: Protein sequence alignment of ND5 and NDUFS1. Mutated amino acids in patients were indicated
with red triangles. Secondary structure elements are shown above the alignments. (A) Sequence alignments for
ND5. (B) Sequence alignments for NDUFS1. Figure S2: Pearson correlation of MRM-targeted metabolome data
among patients and controls. Correlation coefficients are shown in the squares. Ctrl, control; rep, replicate. Figure
S3: Pearson correlation of label-free quantification (LFQ) proteome data among patients and controls. Correlation
coefficients are shown in the squares. Ctrl, control; rep, replicate. Table S1: Identified metabolite ratios between
patients and controls. Fold changes for each metabolite and Benjamini–Hochberg (BH) corrected two-sample t-test
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values are indicated. Table S2: MaxQuant output file featuring the proteome profiles of fibroblasts harboring the
MT-ND5 and NDUFS1 mutations, as well as healthy controls with LFQ intensities. Table S3: Proteome analysis by
Perseus with fold changes between mutations versus controls and two-sample t-test significances. Table S4: Gene
set enrichment analysis (GSEA) report of all upregulated (sheet 1) and downregulated (sheet 2) pathways in the
patient carrying the MT-ND5 mutation. The significant threshold was set to p-value ≤ 0.05, FDR ≤0.05, and is
highlighted in green. Table S5: GSEA report of all upregulated (sheet 1) and downregulated (sheet 2) pathways in
the patient carrying the NDUFS1 mutations. The significant threshold was set to p-value ≤ 0.05, FDR ≤0.05, and is
highlighted in green. Table S6: Mass spectrometry transition settings for metabolites and MRM ion ratios. RT of 0
min indicates that the metabolite was measured continuously because of the long elution time of the compound.
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Abstract: The role of uncoupling protein-3 (UCP3) in energy and lipid metabolism was investigated.
Male wild-type (WT) and UCP3-null (KO) mice that were housed at thermoneutrality (30 ◦C) were
used as the animal model. In KO mice, the ability of skeletal muscle mitochondria to oxidize fatty
acids (but not pyruvate or succinate) was reduced. At whole animal level, adult KO mice presented
blunted resting metabolic rates, energy expenditure, food intake, and the use of lipids as metabolic
substrates. When WT and KO mice were fed with a standard/low-fat diet for 80 days, since weaning,
they showed similar weight gain and body composition. Interestingly, KO mice showed lower fat
accumulation in visceral adipose tissue and higher ectopic fat accumulation in liver and skeletal
muscle. When fed with a high-fat diet for 80 days, since weaning, KO mice showed enhanced energy
efficiency and an increased lipid gain (thus leading to a change in body composition between the two
genotypes). We conclude that UCP3 plays a role in energy and lipid homeostasis and in preserving
lean tissues by lipotoxicity, in mice that were housed at thermoneutrality.

Keywords: uncoupling protein; mitochondria: energy metabolism; lipid handling; fatty acid oxidation

1. Introduction

Uncoupling protein-3 (UCP3) is a mitochondrial protein, first discovered in 1997 [1], and
prevalently expressed in skeletal muscle (SkM), the heart and brown and white adipose tissues [2].
The extent of homology between the UCP1 and UCP3 genes led to the proposal that UCP3 might be
involved in thermogenic mechanisms, and although it does not appear to contribute to cold-induced
thermogenesis [3], it has recently proved to be essential in thermogenic responses that are induced by the
endotoxin lipopolysaccharide and by the sympathomimetic methamphetamine [4]. Indeed, the evidence
that up-regulation of UCP3 is not always associated with mitochondrial uncoupling/thermogenesis [5],
which suggested that uncoupling oxidative phosphorylation is not the primary role of UCP3, but
rather a consequence of its true function. Other than thermogenesis, other roles that have been
attributed to UCP3 include prevention of damage induced by reactive oxygen species (ROS) and lipid
hydroperoxides (LOOH), as well as modulation of lipid handling [6–9]. Indeed, high amounts of UCP3
are present in tissues that are known to metabolize fatty acids (FA) to a high extent, and enhanced levels

Cells 2019, 8, 916; doi:10.3390/cells8080916 www.mdpi.com/journal/cells108



Cells 2019, 8, 916

of UCP3 expression are observed under physiological and pathological conditions, in which the fatty
acid oxidation rate is elevated [8–10]. In addition, the expression of UCP3 during heart development is
correlated to that of mitochondrial fatty acid oxidation rate markers [11]. Furthermore, the absence
of UCP3 negatively influences the ability of SkM mitochondria to oxidize FA [12,13]. In this context,
Bouillaud et al. [14] suggested that UCP3 could switch cells from carbohydrate to fatty acid metabolic
pathways by promoting mitochondrial pyruvate extrusion, which prevents the use of pyruvate as a
substrate. However, mechanistic information on this possible activity is currently lacking.

Although the roles that were proposed for UCP3 suggest that it could play a role in energy
homeostasis (EH), the obtained contrasting results have not produced a common and unambiguous
conclusion so far. Several lines of experimental evidence supporting the role of UCP3 in EH came
from human studies [see 6 and references within] and from mice over-expressing UCP3, being:
(i) obesity-resistant mice present higher UCP3 levels than obesity-prone mice [15]; (ii) transgenic
mice that over-express UCP3 are metabolically less efficient than their wild-type litter mates, and are
protected against high fat diet (HFD)-induced obesity [16,17]; and, (iii) modest UCP3 over-expression
in SkM increased mice energy expenditure [18]. Conversely, some studies that were performed on
mice lacking UCP3 (KO mice) are discordant, since they did not show alterations in several metabolic
parameters, such as the resting metabolic rate, the regulation of body temperature during cold exposure,
food intake, body weight regulation, and the total body triglyceride content [3,19]. Nevertheless,
KO mice have been shown not to be obese [3] (only showing higher lipid accumulation relative to
WT litter mates when fed a HFD for a prolonged period (eight months)). Furthermore, the KO mice
showed no alteration in metabolic efficiency [20]. The absence of metabolic alterations in KO mice
could be due to the constant thermal stress that is caused by the animal housing conditions. In fact, in
most studies, mice (which have a thermoneutrality temperature of 30 ◦C) are housed at the standard
temperature (20–24 ◦C), which represents cold stress. Thus, mice lacking UCP3 that are exposed to
thermal stress may implement compensatory mechanisms to maintain their body temperature, and
these mechanisms are likely to affect the overall metabolic rate and other investigated parameters.
Such a possibility was previously tested for UCP1 [21]. UCP1 ablation only induced obesity when
the mice were housed under thermoneutral conditions. This outcome highlights the importance
of avoiding thermal stress in metabolic studies on mice, since housing temperatures significantly
influence the outcome of experiments, as well as their translatability to humans that, indeed, create a
thermoneutral environment without cold stress for themselves [22]. Here, we investigated the role
of UCP3 in metabolic control in situations in which thermal stress was eliminated. We report that,
in adult mice acclimated at thermoneutrality for two weeks, UCP3 ablation altered energy and lipid
metabolism. Moreover, in standard diet fed mice, which were kept at thermoneutrality since weaning,
UCP3 ablation enhanced ectopic fat accumulation in liver and skeletal muscle, and vastly augmented
HFD-induced fat accumulation. We conclude that the exposure temperature is determinative for the
outcome of metabolic effects elicited by UCP3 and that the protein can be involved in the metabolic
control of lipid metabolism in mice and possibly in humans.

2. Materials and Methods

2.1. Materials

All of the chemicals were purchased from Sigma-Aldrich (St. Louis, MO, USA), unless
otherwise specified.

2.2. Animals

UCP3-ablated mice were derived from those that were described by Gong et al. [3] and they were
backcrossed to the C57BL/6 strain for ten generations.

Male wild type (WT) and UCP3 knockout mice (KO) were used in the present study. Mice were
housed in thermoneutrality (30 ± 1 ◦C) with a 12/12 h light-dark cycle and free access to food and
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water. This study was carried out in accordance with recommendations in the EU Directive 2010/63/
for the Care and Use of Laboratory Animals. The Committee on the Ethics of Animal Experiments
of the University of Napoli Federico II (Italy) and the Italian Minister of Health approved all of the
animal protocols. Every effort was made to minimize animal pain and suffering. At the end of the
treatments described below, the mice were anesthetized with Zoletil (40 mg/100 g bw) and sacrificed
by decapitation.

To detect metabolic parameters and mitochondrial functionality, four–five month-old mice of
each genotype acclimated to 30 ◦C ± 1 for 2–3 weeks and fed a standard diet were used to detect
resting metabolic rate (RMR), respiratory quotient (RQ), energy expenditure (EE), and mitochondrial
functional parameters. Other groups of WT and KO mice were kept one per cage and were housed at
30 ◦C ± 1 for 80 days since weaning and fed with a standard diet or a high fat diet (HFD) for 80 days
in order to detect body composition and energy gains as well as to perform histological analysis of
mice under different “lipid loads‘’. Standard/low fat diet (STD) consisted of 10% lipids, 20% proteins,
70% carbohydrates with a gross energy density of 15.5 kJ/g wet food. HFD consisted of 45% lipid, 20%
proteins, and 35% carbohydrates with a gross energy density of 19.2 kJ/g wet food. Both of the diets
were from Mucedola (Milano Italy).

2.3. Metabolic Parameters

Oxygen consumption (VO2) and carbon dioxide production (CO2) measurements were made
using a four-chamber, indirect open-circuit calorimeter (Columbus Instrument), with one mouse per
chamber at a room temperature of 30 ◦C to evaluate basal metabolic parameters. Measurements were
performed between 1100 and 1600 h. After a 1-h period of adaptation to the metabolic chamber, VO2

and VCO2 were measured when the mice were not moving for at least 10 min. The system settings
included a flow rate of 0.5 L/min., a sample line-purge time of 2 min., and a measurement period of
30 s every 12 min. Mice were placed in separate 2.5-L calorimetry chamber with ad libitum access to
water. Values of VO2 and VCO2 were obtained by means of three different consecutive measurements
during which the mice were not moving. These data were used to calculate the respiratory quotient
(RQ; VCO2/VO2) and the resting energy expenditure (REE) ([3.815 + 1.232 RQ] VO2). The contribution
of fatty acid oxidation to REE was calculated, as described using the following equation: percentage of
fat contribution = [468.6 (1 − RQ)]/[5.047 (RQ − 0.707) + 4.686 (1 − RQ)] [23].

2.4. SkM Mitochondrial Respiration

As soon as euthanasia was performed, SkM were excised and all visible contaminating tissues
were removed. The tissues were either immediately processed for mitochondria isolation or frozen in
liquid nitrogen and then stored at −80 ◦C for later analysis. Mitochondria from SkM were isolated by
differential centrifugation, as reported by Lombardi et al. [24]. The mitochondrial respiration and fatty
acid oxidation rate were assessed by the polarographic method while using a Clark-type electrode
at 37 ◦C by using different respiratory substrates. SkM mitochondrial respiration was detected in a
final volume of a 0.5 mL respiration medium consisting of 80 mM KCl, 50 mM HEPES (pH 7.0), 1 mM
EGTA, 5 mM K2HPO4, and 0.5% fatty acid-free BSA (w/v). The mitochondria were incubated for
three min in the respiratory medium, and the respiration was initiated by the addition of succinate
(5 mM) in the presence of rotenone (4 μM) or pyruvate (10 mM) in the presence of malate (2 mM), or
palmitoyl-carnitine (40 μM) in the presence of malate (2 mM). Once State 2 of respiration was reached,
ADP (300 μM) was added to the incubation medium to induce State 3 respiration; when ADP was
exhausted, State 4 was reached.
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2.5. Separation of Respiratory Complexes by Blue-Native Page (BN-PAGE) and Histochemical Staining for
in-Gel Activity

Solubilisation of mitochondrial membranes by detergents, BN-PAGE, staining, and densitometric
quantification of oxidative phosphorylation complexes were performed, as described in
Scagger et al. [25] and Lombardi et al. [26], with some minor variations. Mitochondria enriched fraction
was suspended in a low-salt buffer (50 mM NaCl, 50 mM imidazole, pH 7.0) and solubilised with 10%
(w/v) dodecyl-maltoside to solubilise the individual respiratory chain complexes. The electrophoretic
run was carried out on 4–13% gradient polyacrylamide gels and enzymatic colorimetric reactions
were performed essentially as reported by Zerbetto et al. [27]. The activity of complex I activity was
evaluated by incubating the gel slices with 2 mM Tris–HCl, pH 7.4, 0.1 mg/mL NADH, and 2.5 mg/mL
nitro blue tetrazolium (NTB) at room temperature. To detect complex II activity, gel slices were
incubated at room temperature in a 100 mM Tris/glycine buffer at pH 7.4 containing 1 mg/mL NTB
and 1 mM sodium succinate. Complex IV activity was assessed by incubating BN-PAGE gels with
5 mg 3,3′-diaminobenzidine tetrahydrochloride (DAB) that was dissolved in a 9 mL phosphate buffer
(0.05 M, pH 7.4), 1 mL catalase (20 μg/mL), 10 mg cytochrome c, and 750 mg sucrose. The original
colour of the complex I, II, or IV-reacting bands was preserved by fixing the gels in 50% methanol
and 10% acetic acid. In parallel, another electrophoretic run was performed to stain the gels with
Coomassie Blue G to obtain the total band pattern of the respiratory complexes. After gel scanning, the
areas of the bands were expressed as absolute values (arbitrary units).

2.6. Determination of Glycerol Release from White Adipose Tissue

100 mg of epididymal white adipose tissue samples were removed. Samples were cut into 20 mg
sections to evaluate the glycerol diffusion from tissue to the medium better; 100 mg of tissue were
incubated at 37 ◦C in 500 μL of Krebs Ringer buffer (KRB; 12 mM HEPES, 121 mM NaCl, 4.9 mM KCl,
1.2 mM MgSO4, 0.33 mM CaCl2) containing 2% FA-free bovine serum albumin (BSA) and 0.1% glucose
in the presence or absence of 10 μM isoproterenol (Sigma). Tissue was incubated for 1 h at 37 ◦C in a
shaking bath and then gassed with 95% O2-5% CO2. At the end of the incubation period, an aliquot of
the medium was used for the analysis of glycerol. A commercially available absorbance-based enzyme
assay for glycerol (Free Glycerol Reagent; Sigma) was converted to fluorescence-based detection by the
inclusion of the hydrogen peroxide-sensitive dye Amplex UltraRed, as reported by Clark et al. [28].

2.7. Hystological Analysis

Samples of visceral WAT (mesenteral), liver, and gastrocnemius skeletal muscle were fixed by
immersion in 4% formaldehyde in 0.1 M phosphate buffer (overnight at 4 ◦C). The samples were
dehydrated in ethanol, cleared, and then embedded in paraffin blocks. The tissues were cut into
serial 6-πm-thick sections and then stained with hematoxylin-eosin for morphological examination.
For adipocyte size quantification, evaluations were performed on three different hematoxylin-eosin
slides (sections every 400 μm) for each animal and at least 400 adipocytes per animal were analyzed.
The sections were viewed with a Nikon Eclipse 80i light microscope (Nikon Instruments, Milan, Italy)
at 20× magnification. Images were obtained with a Sony DS-5M camera connected to an ACT-2U
image analyzer. The mean surface area and the frequency distribution were calculated from at least
four mice for each group, adipocyte size distribution is presented as the percentage of the total amount
of cells.

2.8. Body Composition and Energy Gains

Body composition and carcass energy content were evaluated, as reported by Iossa et al. [29].
In brief, after removing the gut contents, the carcasses were autoclaved and homogenized in water.
The water content of the carcass was detected by drying the homogenate at 70 ◦C in a vacuum oven.
Small pellets of dried homogenate were then used to evaluate the carcass energy content by bomb
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calorimetry. Other homogenate aliquots were used to detect the lipid content by the Folch et al.
method [30]. Body protein content was determined from a general formula relating to the total energy
value of the carcass, the energy derived from fat, and the energy derived from protein [31,32]. The
caloric values for body fat and protein were taken as 38.6 and 22.7 kJ/g, respectively. To detect lipid
and protein gains, as well as energy efficiency in WT and UCP3 KO mice, six mice from each genotype
were euthanatized at weaning (i.e., when they were 24 days old) that corresponded to the beginning
of dietary treatments (groups were named WT-time 0 and KO-time 0). Two additional groups of
mice for each genotype were individually caged for 80 days since weaning, and feed ad libitum with
either a STD diet or a HFD, as described above (groups were named WT-STD, KO-STD, WT-HFD,
KO-HFD). The duration of the treatment with the high fat diet was chosen, since it was long enough
to induce a HFD induced obesity in mice that were acclimated at thermoneutrality [33]. During the
treatment, the body weight and food intake of the mice were monitored twice weekly. Feed spillage
was taken into account when calculating the energy intake during the treatment. Body composition
and energy content were evaluated, as described above. Carcass total energy gain, as well as the
amount of energy that is gained and stored as lipids or as proteins after 80 days of either STD or HFD
were determined by subtracting the total carcass energy, the carcass lipid-derived energy, and the
carcass protein-derived energy detected in the WT-time 0 and KO-time 0 groups from the respective
values detected in the WT-STD, WT-STD, KO-STD, and KO-HFD groups. The efficiencies of energy,
lipid, and protein deposition were calculated as: (energy gain/energy consumed by diet) × 100, (lipid
gain/lipid-derived energy consumed by diet) × 100, (protein gain/protein-derived energy consumed by
diet) × 100, respectively.

2.9. Statistical Analysis

Data are reported as mean ± SEM and have been analyzed by Student’s t-test or by two-way
ANOVA, followed by Tukey’s post-hoc test. Analyses have been performed with Graphpad Prism 5
software. Differences have been considered to be statistically significant when p < 0.05.

3. Results

3.1. UCP3 Ablation Affects Resting Metabolic Rate, Energy Expenditure, and Fatty Acid Utilization in Adult
Mice Acclimated at Thermoneutrality

The resting metabolic rate (RMR), the resting energy expenditure (REE), and the respiratory
quotient (RQ) were detected in 4–5 month old animals, which were acclimated at thermoneutrality
for at least two weeks. RMR was significantly reduced in KO mice as compared to WT mice (−30%)
(Figure 1), both when it was expressed in Litres oxygen/(hour Kg0.75) and when expressed in Litres
oxygen/(hour g of lean mass). The RQ was increased in KO mice, which indicates a lower use of lipids
as metabolic substrates in these animals. Indeed, in KO mice, the contribution of fatty acid oxidation
to REE was reduced by about 27% relative to that in WT mice (Figure 1). In addition, in adult KO
animals, food intake resulted in a reduction of about 15%, being the values 3.1 ± 0.11 and 2.63 ± 0.014
g food/day, for WT and KO mice, respectively (n = 6, p < 0.05 by Student’s t-test).
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Figure 1. Effect of UCP3 ablation on metabolic parameters detected in WT and KO mice housed at
thermoneutrality for 2–3 weeks and fed a standard diet (a), (b) Resting Metabolic Rate, (c) Respiratory
Quotient, (d), (e) Energy Expenditure, (f) contribution of fatty acid oxidation to energy expenditure
(EE). Values represent mean ± SE of 6–7 animals for WT and KO mice, respectively. Statistical analyses
were performed by two-tailed Student’s T-test, * p < 0.05 vs. WT.

SkM mitochondria that were isolated from WT and KO mice did not show significant differences
in respiratory parameters (State 4 and State 3) when using pyruvate +malate or succinate + rotenone as
substrate (Figure 2a,b). On the other hand, a significant State 3 inhibition was observed in mitochondria
from KO mice when palmitoyl carnitine +malate was used as the substrate, which thus indicated the
lower ability of mitochondria to oxidize fatty acids (Figure 2c).

Figure 2. Impact of UCP3 ablation on mitochondrial respiration rate, detected in the presence of different
substrates: (a) Succinate (+rotenone), (b) Pyruvate (+malate), and (c) Palmitoyl-carnitine (+malate).
Skeletal muscle mitochondria were isolated from WT and KO mice housed at thermoneutrality for 2–3
weeks and fed a standard diet. Values represent mean ± SE of six different animals. Statistical analyses
were performed by two-tailed Student’s t-test, * p < 0.05 vs. WT.

Subsequently, we evaluated whether UCP3 ablation could influence respiratory chain complexes
activity. In-gel activity of each individual respiratory complex (I, II, and IV) did not differ between WT
and KO mitochondria (Figure 3). In view of the above results, we wondered whether UCP3 ablation
would affect body fat accumulation in mice that were housed at thermoneutrality since weaning by
determining their metabolic phenotype after feeding for 80 days, either with a standard/low fat diet
(STD) or a high fat diet (HFD).
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Figure 3. BN-PAGE-based analysis of individual respiratory complexes from
dodecylmaltoside-solubilized crude mitochondria from SkM of WT and KO mice housed at
thermoneutrality for 2–3 week and fed a standard diet. (a) Panels show representative images of
Coomassie blue stained BN-PAGE gels. (b) Panels show representative images of histochemical
staining of complex I (I), complex IV (IV), and complex II (II) in-gel activity. (c) Densitomentric
quantification of band corresponding to in gel-activity of complex I, complex IV, and complex II.
Protein extracts were prepared for each animal, and each individual was separately assessed. Data
were normalized to the value obtained for WT animals, set as 100, and separately presented for each
genotype (means ± SE; n = 3).

3.2. Effect of UCP3 Ablation on Body Weight, Energy Efficiency, and Body Composition in Mice Fed Either
with a Standard Low Fat Diet or a High Fat Diet

At weaning, representing the experimental starting condition, KO-time 0 mice tended to have a
lower body weight when compared to WT-time 0. However, the two groups showed similar body
composition in terms of water, lipid, and protein percentage, as well as in energy content, referring to
each gram of animal (Table 1).

Table 1. Body weight, body composition and energy content of each gram of animal weight detected in
wild type (WT) and knockout mice (KO) mice at weaning (representing the beginning of the dietary
treatment, i.e., time 0 of the experimental procedure).

WT Time 0 KO Time 0

Body weight (g) 13.6± 0.9 11.5 ± 0.8
Body composition Water (%) 65 ± 1.7 67 ± 1.5

Lipids (%) 13.8 ± 0.3 12.7 ± 0.9
Proteins (%) 16.5 ± 2.4 12.8 ± 2.6

Energy content/g of animal 8.9 ± 0.5 7.64 ± 0.5

Values represent mean ± SE of 5 different animals.

WT and KO mice housed at thermoneutrality and fed a standard/low fat diet (STD) for 80 days
since weaning (named WT-STD and KO-STD, respectively) gained the same body weight, while
consuming the same amount of energy by food (Table 2), thus no differences were observed in the
rough energy efficiency between WT-STD and KO-STD (Table 2).
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Table 2. Body weight, body weight gain, food intake, body rough energy efficiency and visceral WAT
weight detected in WT and KO mice, housed at thermoneutrality, and fed either a standard low fat diet
(STD) or a high fat diet (HFD) for 80 days, since weaning.

WT-WT KO-STD WT-HFD KO-HFD

Initial weight (g) 11.88 ± 1.1 a 10.3 ± 1.01 a 14.50 ± 1.2 a 11.14 ± 1.2 a

Final weight (g) 32.4 ± 1.1 a 29.3 ± 1.1 b 38.44 ± 0.6 c 38.98 ± 1.2 c

Body weight gain (g) 19.0 ± 1.4 a 19.0 ± 1.1 a 23.94 ± 1.0 b 27.79 ± 0.94 b

Food intake (kJ) 3294 ± 85 a 3264 ± 107 a 4107 ± 72 b 3938 ± 96 b

Body rough energy efficiency [Body
weight gain (g)/food intake (MJ)] 6.33 ± 0.35 a,b 5.86 ± 0.24 a 5.85 ± 0.29 a 7.08 ± 0.29 b

Visceral WAT (g) 2.01 ± 0.14 a 1.36 ± 0.08 b 3.67 ± 0.16 c 3.40 ± 0.24 c

WAT weight/body weight * 100 6.09 ± 0.28 a 4.62 ± 0.17 b 9.51 ± 0.31 c 9.09 ± 0.67 c

Values represent mean ± SE of 7–8 different animals. Differences were evaluated for statistical significance by
two-way ANOVA followed by a Tukey’s post hoc multiple comparison test. Different letters indicate that differences
between mean values are statistically significant, with p < 0.05. Two-ways ANOVA test results: Body weight gain:
diet effect p < 0.0001, genotype effect ns interaction ns; body rough energy efficiency: diet effect ns, genotype effect
ns. interaction p < 0.0089; Visceral WAT: diet effect p < 0.0001, genotype effect p = 0.0094, interaction ns; WAT
weight/body weight * 100: diet effect p < 0.0001, genotype effect p = 0.0223, interaction ns.

As expected, mice that were fed a HFD for 80 days since weaning (named WT-HFD and KO-HFD)
gained more body weight when compared to mice under STD feeding, independent of the genotype.
Body weight gain tended to be higher in KO-HFD mice than WT-HFD mice, although the food that
was consumed was similar between the two groups, thus indicating that WT-HFD-mice have lower
body rough energy efficiency than KO-HFD ones (Table 2). Indeed, concerning the last parameter, a
two-way ANOVA test indicated the effect of the genotype and that of the diet was not statistically
significant, while a significant interaction between genotype and diet was observed (see Table 2 legend).
Remarkably, in both groups of mice, body rough energy efficiency changed during the treatment with
either STD or HFD. Indeed, it was maximal during the first 25 days and then progressively declined
(Figure 4). A difference in rough body energy efficiency between WT-HFD and KO-HFD mice was
principally observed at the end of treatment, and, also in this case, a two-way ANOVA test indicated a
significant interaction effect between genotype and diet (Figure 4 legend).

Figure 4. Variation in body rough metabolic energy efficiency during the 80 days of treatment of
WT and KO mice with either STD or HFD. Values represent the mean ± SE of 7–8 different animals.
The differences were evaluated for statistical significance by two-way ANOVA test, followed by a
Tukey’s post hoc multiple comparison test. Different letters indicate that differences between mean
values are statistically significant, with p < 0.05. Two way ANOVA test results: diet effect p = 0.0162,
genotype effect p = 0.0037, interaction p = 0.0081.
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We then detected body energy, lipid, and protein gains, as well as the efficiency of energy, lipid,
and protein deposition. Concerning energy intake (Figure 5a) and whole body energy gain (Figure 5b),
no significant differences were observed between WT-STD and KO-STD. HFD feeding induced a
significant increase in mouse energy gain, and, despite KO-HFD tending to have higher body energy
gains when compared to WT-HFD, statistical analysis revealed a significant effect of the diet, while the
genotype effect and genotype/diet interaction were not significant. When looking at the lipid gain
(Figure 5b), similar values were detected in WT-STD and KO-STD. As expected, the HFD regimen
induced a significant increase in mice lipid gain, which was significantly higher in KO-HFD when
compared to WT-HFD. Indeed, the two-way ANOVA test revealed the significant effects of diet,
genotype, as well as the interaction between genotype and diet (Figure 5 legend). No differences
between WT-STD and KO-STD were observed regarding protein gain (Figure 5b). The HFD regimen
significantly enhanced protein gain, and similar values were detected in WT-HFD and KO-HFD mice
(Figure 5b). In fact, the two-way ANOVA test revealed the significant effect of the diet but not of
genotype or genotype/diet interactions (Figure 5 legend).

Figure 5. (a) Total energy, lipid and protein consumed by diet (b) Body energy, lipid and protein
gains (c) Body composition (d) Efficiency of energy, lipid, and protein deposition of WT and KO mice,
housed at thermoneutrality, and fed with either a standard/low fat diet (STD) or a high fat diet (HFD)
for 80 days since weaning. Body composition was detected in terms of water, lipids, and proteins
percentage. Values represent mean ± SE of 5–6 different animals. Differences were evaluated for
statistical significance by two-way ANOVA test followed by a Tukey’s post hoc multiple comparison
test. Different letters indicate that differences between mean values are statistically significant, with
p < 0.05. Two way ANOVA test results: - Panel a, for each parameter considered: diet effect p < 0.0001,
genotype effect ns, interaction ns. - Panel b, energy gain: diet effect p < 0.0001, genotype effect ns
interaction ns -lipid gain: diet effect p < 0.0001, genotype effect p = 0.0074, interaction p < 0.0001 -protein
gain: diet effect p < 0.0001, genotype effect ns, interaction ns, Panel c—water: diet effect p < 0.0001,
genotype effect ns interaction ns -lipids: diet effect p < 0.0001, genotype effect p = 0.0040, interaction
p < 0.0032 - protein gain: diet effect p = 0.0154, genotype effect ns, interaction ns (p = 0.0516), Panel
d – Efficiency of energy deposition: diet effect p < 0.0001, genotype effect ns (p = 0.0913), interaction
p = 0.013 - Efficiency of lipid deposition: diet effect p < 0.0001, genotype effect ns, interaction p = 0.0118
- Efficiency of protein deposition: diet effect p = 0.0016 genotype effect ns, interaction ns.
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In mice that were fed a STD, the efficiency of the energy deposition (evaluated as percent of
energy consumed by diet and stored in the body) was similar in WT and KO mice (Figure 5d). The
HFD regimen induced a significant increase in the efficiency of the energy deposition, which was
significantly higher in KO-HFD as compared to WT-HFD. Indeed, the two-way ANOVA test revealed
the significant effects of diet and the interaction between genotype and diet (Figure 5 legend).

The percentage of energy that was consumed by diet as lipids that was stored in the body did
not differ between WT-STD and KO-STD (Figure 5d). HFD feeding significantly reduced such a
parameter and, despite KO-HFD mice tending to have higher lipid deposition efficiency than WT-HFD
(+40%), differences between these two groups did not reach statistical significance. Concerning the
efficiency of protein deposition, no difference was observed between WT-STD and KO-STD. The HFD
regimen enhances the efficiency of protein deposition and similar values were detected in WT-HFD
and KO-HFD (Figure 5d). When considering either lipids or protein deposition (Figure 5d), two-way
ANOVA tests revealed a significant effect of the diet, while neither the effect of genotype or the
interaction between genotype and diet were significant (Figure 5 legend).

Consistent with what is described above, after 80 days of STD no differences in mouse body
composition (evaluated in terms of content of water, lipids and protein in the carcass and expressed
in percentage terms) were detected between WT-STD and KO-STD (Figure 5c). As expected, HFD
treatment significantly affected mouse body composition, and a reduction in water content was observed
independent of the genotype. Regarding the body lipid percentage, HFD treatment significantly
enhanced it, with KO-HFD showing values that were higher than WT-HFD. In this case, the two-way
ANOVA test reported the significant effects of diet and genotype, as well as a significant interaction
effect between diet and genotype (Figure 5 legend). Concerning the body protein percentage (Figure 5c),
HFD treatment enhanced it in WT mice, but failed to affect it in KO mice. Indeed, in the WT-HFD mice
the protein percentage was higher than in the WT-STD ones, while no differences between KO-HFD
and KO-STD were detected. Two-way ANOVA tests revealed a significant diet effect, being that the
genotype effect was not significant and the interaction between the diet and genotype effects were at
the limit of significance (p = 0.0516).

3.3. Effect of UCP3 Ablation on Visceral Adipose Tissue and Lipid Accumulation in Lean Tissue in Mice Fed
Either with a Standard/Low Fat Diet or a High Fat Diet

The contribution of metabolically active tissues (liver, heart, gastrocnemius skeletal muscle, brown
adipose tissue) to the weight of mice was similar when comparing the WT-STD, KO-STD, WT-HFD,
and KO-HFD mice (data not shown). Interestingly, the contribution of total visceral WAT (vWAT) to
body weight was lower in KO-STD than in WT-STD mice (about −25%) (Table 2). As expected, in mice
under HFD, the contribution of vWAT weight to whole body animal was significantly higher than in
mice under STD. Indeed, in WT-HFD the contribution was 56% higher than that of WT-STD, while in
KO-HFD it was 97% higher than that observed in KO-STD (Table 2). In this case, a two-way ANOVA
test indicated the genotype effect and the diet one as significant, but the interaction effect between
genotype and diet as not significant (Table 2 legend).

Variations in vWAT mass, which were detected between WT-STD and KO-STD, were not associated
with change in adipocytes size (Figure 6a–c), while WAT basal lipolysis was almost doubled in KO mice
as compared to WT (Figure 7). Histological analysis of lean tissues (liver and skeletal muscle) revealed
the presence of some lipid droplets in liver from WT-STD exposed at thermoneutrality, in accordance
with data present in literature. Interestingly, the same analysis indicated an ectopic accumulation of
fat that is associated with the absence of UCP3 in liver and skeletal muscle (Figure 6a). Indeed, H&E
staining of skeletal muscle and liver sections from KO-STD at 100×magnification showed many large
intracellular lipid droplets (LD) as uncoloured circles. Numerous large (~2 μm) intramyocellular lipid
droplets (IMLDs) were only present in the skeletal muscle of KO-STD mice as well as a massive lipid
accumulation being shown in the cytoplasm of all the hepatocytes. Mice under HFD presented an

117



Cells 2019, 8, 916

accumulation of lipids in liver whatever the genotype, and lipid accumulation in skeletal muscle was
more evident in the KO-HFD mice then in the WT-HFD ones.

Figure 6. Effect of UCP3 ablation on lipid accumulation in WT and KO mice housed at thermoneutrality
and fed with either a standard/low fat diet (STD) or high fat diet (HFD) for 80 days, since weaning.
(a) Representative histological analysis of visceral WAT, liver and gastrocnemius skeletal muscle isolated
from WT and KO mice, housed at thermoneutrality since weaning and fed with a standard/low fat diet
for 80 days. Insets: high magnification images (100x) to visualize intracellular LD as uncoloured circles.
In liver, arrowheads indicated small LD whereas arrows showed very large LD. (b) Mean Surface Area
of adipocytes (μm2), (c) frequency distribution for surface area of adipocyte Values represent mean ±
SE of 3 different animals. Differences were evaluated for statistical significance by two-way ANOVA
test followed by a Tukey’s post hoc multiple comparison test. Different letters indicate that differences
between mean values are statistically significant, with p < 0.05. Two-way ANOVA test results for
adipocyte mean area: diet effect, genotype effect and interaction ns.
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Figure 7. Effect of UCP3 ablation on visceral WAT lipolysis detected in WT and KO mice housed at
thermoneutrality and fed with a standard/low fat diet (STD) for 80 days, since weaning. A glycerol
release was detected on small pieces of epididymal WAT from WT-STD and KO-STD mice in the absence
and in the presence of isoprotenerol. Values represent mean ± SE of 6 different animals. Statistical
analyses were performed by two-tailed Student’s t-test, * p < 0.05 vs. WT.

4. Discussion

In this study, we minimized thermal stress to better define the role of UCP3 in whole energy
homeostasis and lipid utilization and we showed that in 4–5 month old mice acclimated for 2–3 weeks
at thermoneutrality, the absence of UCP3 significantly depresses the whole animal RMR and REE, the
energy intake, and the use of lipids as metabolic substrates. The last effect seems to be the result of the
impaired ability of SkM mitochondria to oxidize fatty acid, which confirmed the results of previous
studies employing mice that were housed at a standard temperature [11,12,34].

Interestingly, the absence of UCP3 selectively reduces the oxidation of lipid derived substrates,
such as palmitoyl carnitine (State 3), while not affecting respiratory parameters (both State 4 and
State 3) when pyruvate or succinate was used as substrate, i.e., a complex I- linked substrate and
complex II-linked substrate, respectively. It should be considered that the control of State 4 respiration
is shared between proton leak and reactions that are involved in the oxidation of substrates (among
these respiratory chain). The control of State 3 respiration is shared between the reaction involved in
the synthesis and export of ATP and the reaction involved in the oxidation of a substrate [35]. Thus,
the absence of variations in State 4 respiration suggest that UCP3 does not impact the respiration that is
needed to balance the proton leak in basal condition. These data are in line with some studies showing
no differences in basal proton-leak kinetics between WT and KO in skeletal muscle mitochondria from
mice that were housed at a standard temperature [36,37] and from mice housed at thermoneutrality
(our unpublished observation). They also support the concept that UCP3 could only mediate the
proton leak in the presence of activators, plausibly ROS and FA [6,37]. At the same time, we did not
observe any variations in State 3, in the presence of either pyruvate or succinate, between WT and KO
SkM mitochondria. This finding suggests that the absence of UCP3 does not influence the activities of
the reactions that are involved in the synthesis and export of ATP, and that are involved in the oxidation
of the above substrates, among these the respiratory chain. The functional data, obtained in isolated
mitochondria that are oxidizing pyruvate or succinate, agree with the in gel respiratory complexes
activity. The reduced state 3, detected in KO mice mitochondria in the presence of palmitoyl-carnitine,
suggests that it is plausibly due to the impaired activity of the reactions that are involved in the
oxidation of such a substrate.

Data that were obtained in adult animals acclimated to thermoneutrality for two to three weeks
suggest that the absence of UCP3 could influence body lipid accumulation. We tested this hypothesis
by chronically exposing mice to different lipid loads when housed at thermoneutrality since weaning.

The absence of UCP3 leads mice to be more susceptible to whole animal lipid accumulation only
when they are subject to a HFD lipid overload. In fact, HFD-KO mice showed enhanced body energy
efficiency and increased body lipid gain, which, by the end of the treatment, produced a different
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body composition with KO-HFD mice presenting a higher body lipid percentage and lower protein
percentage when compared to HDF-WT mice. Interestingly, the evidence that KO-HFD and HFD-WT
mice showed the same energy/lipid intake, but at the same time HFD-KO mice accumulated more
lipid, further sustains that the absence of UCP3 reduced fat utilization and increased whole body fat
storage. As a whole our data also indicates that lipids overload, as obtained by HFD administration, is
important to shed light on the involvement of UCP3 in influencing body composition, since, when
mice were fed with a standard/low fat diet, the absence of UCP3 does not influence the whole body
lipid accumulation as well as body composition.

The ability of KO mice fed a HFD to accumulate more fat than WT mice was previously
demonstrated by Costford et al. [15]. However, this accumulation was observed in mice that were
housed at 23 ◦C that had received HFD for eight months, whereas the treatment was ineffective
after only four months of HFD [19]. Notably, our data indicates that, when housing mice under
thermoneutral conditions, 80 days (~2.5 month) of HFD was enough to produce a higher lipid gain
in KO mice when compared to wild type mice. This finding further supports the critical role of
housing temperature for metabolic studies. Interestingly, despite the fact that, in young mice fed
with standard/low fat diet, the absence of UCP3 does not change whole body lipid accumulation,
redistribution of fat in the body does get affected, since it represses lipid storage in visceral WAT, while
promoting accumulation in the liver and skeletal muscle.

Previous studies that were performed on KO mice housed at standard temperature and fed with
low fat/standard diet failed to show an increase in intramuscular lipid accumulation. This was only
observed when KO mice were fed with a HFD for eight months [15], thus further confirming the
importance of the housing temperature for the outcome of this phenomenon in the absence of chronic
lipids overload.

It should be considered that, in mice, the inability to adequately promote fatty acid utilization
is associated with lipid accumulation in peripheral tissues and it contributes to the development of
insulin resistance [38], a condition that is more evident when associated with enhanced WAT lipolysis.
This “metabolic picture” is observed in KO mice that were acclimated to thermoneutrality, in which
fatty acid oxidation is blunted, release of fatty acids by visceral adipose tissue’ depots is enhanced, and
the accumulation of lipid in lean tissues (liver and skeletal muscle) takes place. These data suggest that:
(i) an alteration in UCP3 activity can also affect the metabolism of tissues that do not express it, such as
liver, presumably through changes in systemic metabolite trafficking, and (ii) UCP3 exerts a protective
role against lean tissue “lipotoxicity” and insulin resistance, by avoiding ectopic fat accumulation.

The above data are in agreement with our previous studies indicating that a progressive decline in
insulin sensitivity in UCP3+/− heterozygous mice and UCP3−/−mice [11] and with clinical observations
reporting that (i) a 50% reduction of UCP3 protein in human SkM is correlated with the incidence of
T2DM [39], (ii) in humans, the UCP3 protein levels are reduced in the pre-diabetic state of impaired
glucose tolerance [40,41], (iii) heterozygous mutations in the UCP3 gene (V56M, A111V, V192I, and
Q252X) in children was associated with dyslipidemia and lower insulin sensitivity [42]. Nevertheless,
some limitations exist in our study that are to be addressed in the future. These are:

(i) Mice habitual activity levels have not been evaluated. This is known to influence parameters,
such as energy efficiency, body weight gain, and lipid accumulation. Thus, at the moment, it is
unclear whether mouse activity levels were altered between gene and or diets, or whether activity
levels contributed to study outcomes;

(ii) Whole animal metabolic rate, respiratory quotient, mitochondrial functionality, and WAT lipolysis
have only been evaluated in mice that were fed a standard diet. Thus, the estimation of the impact
of high fat diet feeding on the above parameters would allow for better clarification of how they
are influenced by different diet regimen and the eventual existence of an interaction diet-genotype;

(iii) The evaluation of lipid serum levels, not detected in the present paper, would have provided
additional knowledge regarding the role played by UCP3 in influencing lipid metabolism.
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5. Conclusions

By carrying out our studies under conditions where thermal stress was eliminated, we have
highlighted the protective role of UCP3 against ectopic lipid accumulation in lean tissues. Of relevance,
by varying the energy and fat intake through the administration of HFD, the role that is played by
UCP3 in contrasting HFD-induced fat accumulation clearly emerged. In addition, results that were
obtained from studies performed in animals housed at thermoneutrality could be better translated to
humans, which choose to live in a thermoneutral environment.
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Abstract: Amniotic cells show exciting stem cell features, which has led to the idea of using living cells
of human amniotic membranes (hAMs) in toto for clinical applications. However, under common cell
culture conditions, viability of amniotic cells decreases rapidly, whereby reasons for this decrease
are unknown so far. Recently, it has been suggested that loss of tissue tension in vivo leads to
apoptosis. Therefore, the aim of this study was to investigate the effect of tissue distention on the
viability of amniotic cells in vitro. Thereby, particular focus was put on vital mitochondria-linked
parameters, such as respiration and ATP synthesis. Biopsies of hAMs were incubated for 7–21 days
either non-distended or distended. We observed increased B-cell lymphoma 2-associated X protein
(BAX)/B-cell lymphoma (BCL)-2 ratios in non-distended hAMs at day seven, followed by increased
caspase 3 expression at day 14, and, consequently, loss of viability at day 21. In contrast, under
distention, caspase 3 expression increased only slightly, and mitochondrial function and cellular
viability were largely maintained. Our data suggest that a mechano-sensing pathway may control
viability of hAM cells by triggering mitochondria-mediated apoptosis upon loss of tension in vitro.
Further studies are required to elucidate the underlying molecular mechanisms between tissue
distention and viability of hAM cells.

Keywords: apoptosis; human amniotic membrane; mitochondrial cell death; BAX; BCL-2;
tensile strength

1. Introduction

Despite the over a century old tradition of using the human amniotic membrane (hAM) successfully
for tissue regeneration in clinics [1–5], properties of the hAM are still subject of research.

The hAM starts to develop around day 7.5 of human gestation, far earlier than the formation
of the three germ layers [6]. Forming the amniotic cavity, the hAM expands during the course of
pregnancy and is supposed to rupture at term. It is usually discarded after childbirth, and, although
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of embryonic origin, the use and application of hAMs does not raise ethical issues. The hAM
can be classified into different sub-regions. While both amniotic membranes are attached to the
chorion, placental amnion (and chorion) covers the placenta, and reflected amnion (and chorion) is
located opposite it. After preparation, the hAM is a thin, flexible and almost translucent membrane,
harboring two vital cell populations. Human amniotic epithelial cells (hAECs) form a layer that,
in vivo, faces the fetus, and is in direct contact with the amniotic fluid. Underneath, human amniotic
mesenchymal stromal cells (hAMSCs) are embedded in a layer of extracellular matrix. Both cell
populations have been proven to have stem cell characteristics, such as the ability to differentiate into
lineages of all three germ layers in vivo and in vitro [7–10]. Furthermore, the cells express markers of
pluripotency, an otherwise solely embryonic feature [11]. Properties of the hAM have been extensively
described, as it is known to be anti-inflammatory [12–15] and immune-modulatory [14,15]. Moreover,
remarkably, no substantial immune reactions upon application have been reported. We and others,
furthermore, showed significantly different properties of cells of placental and reflected amnion in
previous studies [16–19].

Up until the turn of the century, the hAM has normally been used in a denuded or decellularized
form, making use of the composition of its extracellular matrix (reviewed in [5]). With increasing
evidence of the stem cell properties of hAECs and hAMSCs, using hAMs with their original vital cell
populations for tissue regeneration has come more and more into focus (reviewed in [5]). In other tissues
and cell types, in recent years, researchers have concentrated on mitochondria in particular, as it has
been shown that functional mitochondria are required to support tissue regeneration processes [20–22].
While beneficial properties of amniotic cells have been known for more than two decades, sustaining
cellular viability of the hAM remains a challenge. For example, cryopreservation of hAMs under
conditions reported does not result in any viable cells [23]. However, storage under common cell
culture conditions is also not applicable, since several studies have shown decreasing cellular viability
of the hAM [9,10,24]. To our knowledge, reasons for this rapid decrease of viability in vitro are not
known so far.

However, in vivo, net loss of extracellular matrix [25] and apoptosis of hAECs are involved in the
mechanisms leading to rupture of the membranes at term (reviewed in [26]). Parry therefore suggested
that apoptosis of amniotic cells in vivo is probably a consequence of loss of tissue tension [26]. Of note,
in vivo, the hAM is distended by a factor of 1.75 [27], a tensile strength that, ex vivo, is no longer
existent. We therefore hypothesized that for in vitro culture of hAM, tensile strength plays an important
role in the maintenance of cellular viability and that mitochondria play a critical role in this process.

The aim of this study was to clarify whether tissue distention controls apoptosis in a
mitochondria-dependent manner and whether it can impact the viability of hAMs. To achieve
this aim, we examined cellular viability, mitochondrial activity and activation of apoptotic pathways
in distended compared to non-distended (floating) hAM samples in culture.

2. Materials and Methods

2.1. Preparation of the Human Amniotic Membrane (hAM)

Human placentae from caesarean sections were collected with informed consent of the patients
and approval of the local ethical commission (Ethikkommission des Landes Oberösterreich, 21 May
2014), in accordance to the Declaration of Helsinki. Placentae were transported within 4 h in 500 mL
Ringer solution. Placentae from caesarean sections of premature deliveries, emergency caesarean
sections and placentae with detached amniotic membranes were excluded from the study. Placental (P)
and reflected (RA) regions were separated, the hAM was peeled off the chorion and washed with cold
phosphate-buffered saline (PBS).

125



Cells 2019, 8, 1641

2.2. Cultivation of hAM Samples

For tissue distention, fresh hAM was mounted on CellCrown™ inserts (Scaffdex, Tampere, Finland)
(Figure 1B) and incubated in Dulbecco′s Modified Eagle′s Medium (DMEM) supplemented with 10%
fetal calf serum (FCS), 1% l-glutamine and 1% penicillin/streptomycin (“culture medium”) at 37 ◦C,
a humidified atmosphere and 5% CO2. On the day of measurement or sample freezing, biopsies of
8 mm diameter of distended samples were punched. Non-distended (floating) samples (Figure 1C)
were kept under the same conditions. All samples were measured at day 0 and incubated for 7 days
(B-cell lymphoma 2-associated X protein (BAX), B-cell lymphoma (BCL)-2), 14 days (mitochondrial
morphology, caspase 3), or 21 days (mitochondrial membrane potential, mitochondrial respiration,
ATP concentration). The culture medium was changed twice weekly.

Figure 1. Cellular viability of reflected and placental amnion in fresh biopsies (day 0), biopsies mounted
on CellCrown™ inserts (DIS), and biopsies kept floating (FLO) under common cell culture conditions
for 21 days (A). Viability was measured with the EZ4U assay. Mean ± standard deviation (SD), n = 4
(donors). Samples of human amniotic membrane distended on CellCrown™ inserts (in 6 well plates)
(B), and non-distended (“floating”) (C) at day 0. DIS: distended biopsies; FLO: floating biopsies;
OD: optical density. **p < 0.01, ***p < 0.001.

2.3. Cell Viability Assay

Cell viability of hAM biopsies (8 mm diameter) was quantified with the EZ4U—Cell Proliferation
and Cytotoxicity Assay (Biomedica, Vienna, Austria). The assay was performed according to the
manufacturer’s protocol. Briefly, the substrate solution was diluted 1:10 in DMEM without phenol red
supplemented with 1% l-glutamine (Sigma-Aldrich, St. Louis, MO, USA). Biopsies were added to
the solution and incubated for 3 h 45 min at 37 ◦C and 5% CO2. Plates were shaken for 15 min and
the optical density (OD) was measured with a microplate reader (BMG Labtech, Polarstar Omega,
Ortenberg, Germany) at 450 nm with 620 nm as reference. n = 4 (biological replicates).

2.4. Laser Scanning Confocal Microscopy

hAM samples were placed in 2-well chambered cover glass (Nunc™ Lab-Tek™, St. Louis,
MO, USA) and stained with mitochondrial membrane potential sensitive fluorescent dye
(500 nM tetramethylrhodamin-methylester (TMRM; VWR, Radnor, PA, USA (excitation/emission:
543 nm/585 nm)) for 45 min at 37 ◦C and 5% CO2. Imaging was performed with an inverted confocal
microscope (LSM510, Carl Zeiss, Oberkochen, Germany). Image analysis (mean fluorescence) was
performed with ZEN2009 Software (release version 6.0 SP2; Carl Zeiss). n = 2–3 (biological replicates).
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2.5. High Resolution Respirometry

Mitochondrial respiratory parameters were monitored using high resolution respirometry
(Oxygraph-2k, Oroboros Instruments, Innsbruck, Austria). Mitochondrial ROUTINE respiration,
reflecting total mitochondrial oxygen consumption, was measured by incubating 14 hAM biopsies
(8 mm diameter) in DMEM at pH 7.2 and 37 ◦C. For details, see Supplementary Material. Mitochondrial
states were calculated as the negative time derivative of oxygen concentration (rate of oxygen uptake),
and corrected for non-mitochondrial respiration (myxothiazol, 1 μM). Data were calculated in μM
O/min/14 biopsies and are displayed in percent of placental amnion at day 0. n = 4 (biological
replicates).

2.6. ATP Measurement

Liquid nitrogen frozen hAM biopsies (8 mm diameter) were homogenized in Precellys tubes with
ceramic beads (Keramik-Kit 1.4 mm Peqlab VWR, USA) in a ball mill (CryoMill MM301, Retsch, Haan,
Germany) with 500 μL of Tris-HCl buffer (20 mM Tris, 135 mM KCl, pH 7.4). Boiling buffer (400 μL
of 100 mM Tris/4 mM EDTA, pH 7.75) was added to 100 μL hAM homogenate, incubated for 2 min
at 100 ◦C and centrifuged at 1000× g for 2 min. ATP measurements were performed with the ATP
Bioluminescence Assay Kit CLS II (Roche, Basel, Switzerland) in accordance with the manufacturer’s
protocol using luciferase reagent with Lumat LB 9507 (Berthold, Bad Wildbad, Germany). For details,
see Supplementary Material. n = 4 (biological replicates).

2.7. Histology

Amnion biopsies were fixed for 24 h in 4% formalin and samples were embedded in paraffin.
Immunohistochemistry against caspase 3 was performed with an anti-cleaved caspase 3 antibody
1:100 (Cell Signaling Technology, Danvers, MA, USA). Immunohistochemical negative controls were
performed by replacing the primary antibody with buffer. Immunohistochemical sections were
quantified with ImageJ software (National Institutes of Health, version 1.51j8, Bethesda, MD, USA).
n = 3 (biological replicates).

2.8. Transmission Electron Microscopy

Biopsies were fixed with 2.5% glutaraldehyde and 2% paraformaldehyde for 2–3 h at room
temperature and post-fixed with 1% OsO4 in 0.1 M cacodylate buffer. Dehydration and embedding in
Epon resin were carried out according to standard protocols. Sections (70 nm) were contrasted with 2%
uranyl acetate. Images were acquired with an electron microscope (Tecnai20, FEI Europe, Eindhoven,
Netherlands) equipped with a 4K EagleCCD camera and processed with Adobe Photoshop. n = 2
(biological replicates).

2.9. Reverse-Transcription Quantitative PCR Analysis

Samples of hAM biopsies (8 mm diameter) were snap-frozen in liquid nitrogen and kept at −80 ◦C
until further analysis. Total RNA extraction, mRNA reverse transcription and qPCR were performed
by TAmiRNA GmbH (Vienna, city, Austria). n = 3 (biological replicates).

Total RNA extraction: total RNA was extracted from 10 amnion biopsies (8 mm diameter) using
the miRNeasy Mini Kit (Qiagen, Hilden, Germany). Tissue was homogenized with 700 μL Qiazol;
following incubation at room temperature for 5 min, 140 μL chloroform was added to the lysates,
which were incubated for 3 min at room temperature and centrifuged at 12,000× g for 15 min at 4 ◦C.
Precisely 350 μL of the upper aqueous phase was transferred to a miRNeasy mini column, and RNA
was precipitated with 525 μL ethanol followed by automated washing with RPE and RWT buffer in a
Qiacube liquid handling robot. Finally, total RNA was eluted in 30 μL nuclease free water and stored
at −80 ◦C until further analysis.
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mRNA reverse transcription and qPCR (RT-qPCR): messenger RNA quantification was performed
using the TATAA Grandscript cDNA synthesis and SYBR Grandmaster mix kit (TATAA Biocenter,
Göteborg, Sweden). Total RNA (500 ng) was used for reverse transcription and all steps were carried
out according to recommendations by the manufacturer. PCR amplification was performed in a 96
well format in a Roche LC480 II instrument (Roche, Mannheim, Germany) with the following settings:
95 ◦C for 30 s followed by 45 cycles of 95 ◦C for 5 s, 63 ◦C for 15 s and 72 ◦C for 10 s and subsequent
melting curve analysis. To calculate the cycle of quantification values (Cq-values), the second derivative
method was used. Cq-values were subsequently normalized to the geometric mean of glyceraldehyde
3-phosphate dehydrogenase (GAPDH), beta-actin (ACTB), hypoxanthine phosphoribosyltransferase
(HPRT1) and ubiquitin C (UBC) mRNA levels, by subtracting the gene of interest Cq-value from the
respective geometric mean of the four references. Primer sequences of BAX and BCL-2 used for mRNA
reverse-transcription quantitative PCR analysis are shown in Table S1.

2.10. Statistical Analysis

Data were analyzed using GraphPad Prism software (GraphPad Software 5.01, San Diego, CA,
USA) by one-way ANOVA followed by Bonferroni post hoc test. In all tests, n (sample size) represents
biological replicates (donors). Results are presented as mean ± SD. Level of significance was set at 0.05
and is indicated as *p < 0.05, **p < 0.01, or ***p < 0.001.

3. Results and Discussion

All tests were performed with reflected and placental amnion samples, as we and others already
have shown significant differences between reflected and placental amnion [16–19].

3.1. Cellular Viability Strongly Decreased in Floating hAM Samples

In order to test hAM viability in vitro, biopsies kept under floating conditions for 21 days were
tested for cell viability with the EZ4U assay. Indeed, cell viability significantly decreased in reflected and
placental amnion compared to fresh biopsies at day 0 (Figure 1A), confirming that standard cell culture
conditions do not sufficiently maintain cell viability. This is in line with previous studies, where loss
of viability was already observed [9,10,24]. Interestingly, in these studies, cells in non-distended
hAMs remained viable under osteogenic [9], chondrogenic [24] or Schwann cell-like cell differentiation
conditions [10]. This could mean that under differentiation conditions, cells may receive signals that
sustain cell viability.

To test our hypothesis (whether mechanical tissue distention could prolong cellular viability and
preserve mitochondrial function in in vitro culture), we incubated hAM biopsies for 21 days under
two different conditions. For distended samples, the hAM was mounted on CellCrown™ inserts in
order to expose the hAM to tensile strength (Figure 1B). For non-distended biopsies, we kept the
biopsies “floating” in culture medium (Figure 1C). In contrast to floating biopsies, biopsies mounted
on CellCrown™ inserts for 21 days showed no loss of cellular viability (Figure 1A). It has to be taken
into account that in floating samples, cells still have close cell–cell contact, however, no mechanical
tension on the tissue is present.

3.2. Mitochondrial Membrane Potential Drastically Decreased in Floating hAM Samples

In order to see if mitochondria play a role in this strong decrease of cell viability, mitochondrial
membrane potential was visualized after 21 days. Membrane potential was slightly decreased in
distended reflected amnion (Figure 2B,G) compared to fresh hAM at day 0 (Figure 2A,G). Distended
placental amnion (Figure 2E,G) at day 21 did not show any significant decrease compared to fresh
biopsies at day 0 (Figure 2D,G). In contrast, mitochondrial membrane potential was drastically reduced
in both reflected amnion (Figure 2C,G) and placental amnion (Figure 2F,G) under floating conditions
after 21 days, compared to day 0 (Figure 2A,D,G) or distended biopsies (Figure 2B,E,G). Such changes
in mitochondrial membrane potential can be connected to loss of cell viability [28].
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Figure 2. Mitochondrial membrane potential of reflected (A,B,C) and placental (D,E,F) amnion.
Mitochondrial membrane potential (red) was stained with tetramethylrhodamin-methylester (TMRM;
500 nM) at day 0 (A,D) and at day 21 in biopsies cultivated while mechanically stretched (DIS; B,E) or
kept floating (FLO; C,F). Imaging was performed with an inverted confocal microscope (LSM510, Zeiss,
excitation/emission 543 nm/585 nm). Image analysis was performed with Zeiss ZEN2009 software
(G). Mean ± standard deviation (SD), n = 3 (donors); representative images of one donor. Scale bar:
100 μm. DIS: distended biopsies; FLO: floating biopsies. Level of significance is indicated as * p < 0.05,
*** p < 0.001

3.3. Mitochondrial Respiration and ATP Concentration Strongly Decreased in Floating hAM Samples

Since mitochondrial membrane potential does not necessarily reflect mitochondrial activity,
we determined mitochondrial ROUTINE respiration, a measure for total mitochondrial oxygen
consumption. In fresh biopsies (day 0), significantly higher ROUTINE respiration was detected in
placental compared to reflected amnion (Figure 3A). This is in line with a previous publication of
our group [18]. No difference was observed between day 0 and distended reflected amnion at day
21. Placental amnion biopsies showed an approximately 30% lower ROUTINE respiration at day 21
compared to day 0. This is insofar interesting, as it has been shown that regarding mitochondrial
activity, placental amnion is also much more responsive to changes in the microenvironment compared
to reflected amnion [29]. In that study, responsiveness of placental amnion to inhibition of ATP
synthase was much more pronounced. Furthermore, human amniotic mesenchymal stromal cells of
placental amnion were found to be more susceptible to changes in oxygen tension [30]. As expected,
ROUTINE respiration of both regions (reflected and placental) dramatically decreased in floating
biopsies after 21 days compared to day 0. ROUTINE respiration was also significantly lower in floating
compared to distended biopsies in reflected amnion. This effect was again even more pronounced in
placental amnion (Figure 3A). The reasons for the repeatedly observed differences between reflected
and placental amnion are still not known. We believe that the different anatomical locations of the
hAM (one covering the placenta, the other opposite it) influence its properties. It is likely that during
pregnancy, the two different amniotic sub-regions have different biological functions. Of note, regarding
mechanical forces, the rupture of membranes at term takes place in the zone of altered morphology,
an area within the reflected amnion [31].

The drastic decrease of mitochondrial oxygen consumption in floating samples of both amniotic
regions, together with the massive loss of mitochondrial membrane potential, indicate severe
mitochondrial dysfunction. We assume that this dysfunction is the prerequisite for the loss of
cellular viability displayed in Figure 1.
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Figure 3. Measurement of mitochondrial activity. (A) Mitochondrial ROUTINE respiration (total
mitochondrial oxygen consumption) was measured with high resolution respirometry (Oxygraph
2k, Oroboros Instruments) in reflected and placental amnion. Oxygen consumption was determined
in fresh biopsies (day 0) and at day 21 in biopsies cultivated while mechanically stretched (DIS) or
kept floating (FLO). Measurement of ATP levels. (B) ATP levels were determined using the ATP
Bioluminescence Assay Kit CLS II (Roche) in fresh biopsies (day 0) and at day 21 in biopsies cultivated
while mechanically stretched (DIS) or kept floating (FLO) in reflected and placental amnion. Mean ±
SD, n = 4 (donors). P: placental amnion; DIS: distended biopsies; FLO: floating biopsies. Level of
significance is indicated as *p < 0.05, **p < 0.01, ***p < 0.001.

Next, we wanted to see whether the changes in mitochondrial respiration also have an effect on
ATP levels (Figure 3B). The results showed a similar pattern to the results of ROUTINE respiration.
ATP concentrations at day 0 were also higher in placental amnion compared to reflected amnion,
which is in line with a previous publication [29]. Distended biopsies after 21 days showed lower
ATP concentrations compared to day 0 in both regions. Biopsies kept floating for 21 days showed
a strong decrease in ATP concentrations in both regions (reflected and placental) compared to day
0. Floating biopsies of placental amnion showed lower ATP concentrations compared to distended
biopsies. These data again indicate mitochondrial dysfunction.

Taken together, floating biopsies seem to have lost most of their viability, whereas in distended
biopsies, viability could be sustained to a large extent. The question arose whether the loss of
cellular viability was due to apoptosis or necrosis. The very low levels of ATP contradict apoptosis,
since induction of apoptosis requires ATP [32,33]. We, however, measured ATP concentrations at a time
point at which most of the cells had already lost their viability, meaning that the process of cell death
had already been executed. In order to investigate whether apoptosis was involved in the initiation of
cell death at an earlier time point, we shortened the incubation period and incubated non-distended
and distended amnion biopsies for only 14 days.

3.4. Caspase 3 is Strongly Upregulated in Floating hAM Samples

We first subjected paraffin-embedded hAM biopsies to immunohistochemistry staining with
anti-cleaved caspase 3 antibodies. As expected, in fresh biopsies (day 0), no caspase 3 positive cells
were detected in either amniotic region (Figure 4A,D,G). After 14 days, in distended biopsies,
scattered expression of caspase 3 was found in reflected (Figure 4B,G) and placental samples
(Figure 4E,G). In contrast, in floating biopsies, expression of caspase 3 drastically increased in
both regions (Figure 4C,F,G), compared to fresh biopsies (Figure 4A,D,G), and distended biopsies
(Figure 4B,E,G), indicating the occurrence of apoptotic cell death [34].
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Figure 4. Caspase 3 immunohistochemical staining. Histological sections of reflected (A,B,C) and
placental (D,E,F) amnion at day 0 (A,D) and at day 14 in biopsies cultivated while mechanically
stretched (B,E) or kept floating (C,F) were stained for the expression of apoptosis marker caspase
3 (brown). Image analysis was performed with ImageJ software (G). Mean ± SD, n = 3 (donors);
representative images of one donor. Scale bar: 100 μm. DIS: distended biopsies; FLO: floating biopsies.
Level of significance is indicated as ***p < 0.001.

3.5. Severe Loss of Mitochondrial Internal Structure under Floating Conditions

In order to see if mitochondria are involved in the process of cell death, we investigated
mitochondrial morphology using transmission electron microscopy. In fresh biopsies (day 0) of the
hAM, mitochondria displayed well developed cristae within a strongly contrasted matrix in reflected
(RA, Figure 5A) and placental (P, Figure 5D) hAM. At day 14, in distended samples, mitochondria
of the placental region retained their cristae, however, the mitochondrial matrix appeared less dense
(Figure 5E). Most of the mitochondrial cristae in distended reflected amnion were lost (Figure 5B).
Floating samples showed mitochondria with severe loss of cristae and overall integrity in both regions
(Figure 5C,F). These internal structural changes can be an indication for the onset of apoptosis [35,36].

3.6. Mitochondria-Linked Apoptotic Gene Expression was Upregulated within Seven Days

In order to confirm that apoptosis was mitochondria-linked, we compared BAX and BCL-2 levels.
Since we already observed strong upregulation in caspase 3 expression and changes in mitochondrial
ultrastructure on day 14, we shortened the incubation time to seven days. Indeed, amnion samples
showed higher gene expression of BAX and BCL-2 at day 7 in distended and floating biopsies in
both regions compared to day 0 (Figure 6A,B). Moreover, floating placental amnion on day 7 showed
significantly higher BAX expression compared to distended biopsies (Figure 6A). Calculating the
BAX/BCL-2 ratio revealed that BAX levels in distended samples were higher compared to day 0,
but this was only significant in reflected amnion (Figure 6C). As expected, the most pronounced
effects were observed between day 0 and floating biopsies of day 7 for both regions (Figure 6C).
Additionally, floating placental amnion had a higher BAX/BCL-2 ratio compared to distended biopsies.
Although the increase in the BAX/BCL-2 ratio in distended samples also points to the onset of apoptosis,
the low number of caspase 3 positive cells (Figure 4) showed that apoptosis was only partly initiated
in distended samples. In floating samples, results of BAX/BCL-2 gene expression and caspase 3
immunohistochemistry indicate that the lack of tissue distention initiated mitochondria-mediated
apoptosis. The results are in line with studies showing that the mitochondria-linked pathway via
BAX is involved in the initiation of apoptosis in hAM in vivo [37,38], a crucial step that leads to the
rupture of the membranes at term. Interestingly, it was also shown that chronic stretching of isolated
human amniotic epithelial cells (hAECs) cultivated on flexible bottom cell culture plates increased the
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expression of pre-B cell colony-enhancing factor. This protected isolated hAECs from apoptosis [39],
suggesting that distention can prolong cellular life span in vitro.

Figure 5. Changes in mitochondrial morphology were analyzed with transmission electron microscopy
(Tecnai 20, FEI Europe, Eindhoven, Netherlands) in reflected (RA) (A,B,C) and placental (P) (D,E,F)
amnion at day 0 (A,D) and at day 14 in biopsies cultivated while mechanically stretched (B,E) or kept
floating (C,F), n = 2 (donors). Scale bar: 200 nm. Arrows indicate mitochondria. DIS: distended
biopsies; FLO: floating biopsies.

 
Figure 6. Gene expression of B-cell lymphoma 2-associated X protein (BAX) (A) and B-cell lymphoma
(BCL)-2 (B) was determined by qPCR in fresh biopsies (day 0) and at day 7 in biopsies cultivated while
mechanically stretched (DIS) or kept floating (FLO) in reflected and placental amnion. The results were
normalized on the geometric mean of 4 different reference genes. The BAX/BCL-2 ratio is shown in
(C). Mean ± SD, n = 3 (donors). DIS: distended biopsies; FLO: floating biopsies; Cq value: cycle of
quantification value. Level of significance is indicated as *p < 0.05, **p < 0.01, ***p < 0.001.

4. Limitations of the Study

A limitation of this study is that no specific set of inhibitors was used for this pathway.
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5. Conclusions

Our data suggest that there is an unknown tension-driven mitochondrial pathway (TDMP),
which may control viability of hAMs via triggering mitochondria-mediated apoptosis. This process
starts with loss of tissue tension, followed by activation of TDMP, impairment of mitochondria,
the release of mitochondrial apoptotic factors, induction of caspase 3-mediated apoptosis and the loss
of viability of hAM cells. The presence of tissue distention prolongs the cellular life span of human
amniotic membranes. Further studies are required to obtain a detailed time course of activation of
apoptosis and to investigate the TDMP to shed more light on the hAM physiology. This knowledge
will support optimization of hAM tissue cultures, as the distended hAM comes closer to the in vivo
situation than non-distended samples.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4409/8/12/1641/s1,
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2: ATP measurement using Bioluminescence Assay Kit CLS II. Table S1: Primer sequences used for mRNA
reverse-transcription quantitative PCR analysis.
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Abstract: The main purpose of the review article is to assess the contributions of telomere length
and telomerase activity to the cardiac function at different stages of development and clarify their
role in cardiac disorders. It has been shown that the telomerase complex and telomeres are of great
importance in many periods of ontogenesis due to the regulation of the proliferative capacity of heart
cells. The review article also discusses the problems of heart regeneration and the identification of
possible causes of dysfunction of telomeres and telomerase.
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1. Introduction

The cardiovascular system plays a vital for the whole organism. It performs many vital functions
such as supplying organs and tissues with nutrients, hormones, carrying oxygen to the cells and
maintaining physiological temperature.

According to the World Health Organization, diseases of the cardiovascular system are the main
cause of lethality worldwide. Every year, more than 7.4 million people die from coronary heart disease
worldwide, and these rates continue to grow. Congenital heart defects are also highly prevalent and
may be a cause of serious complications in the future. Thus, the search for solutions to the cause and
consequences of heart diseases is one of the most serious biomedical problems.

The possibility to regenerate the mammalian heart is still rarely studied; however, studying it
would allow finding new ways to restore the heart after severe injuries.

A huge number of factors affect the functioning of the heart. One of them is cell aging, which
manifests itself in the form of various disorders. Cellular aging is associated to a greater extent with
the loss of telomere length and a decrease in telomerase activity.

Understanding the processes of regulation of telomere length and telomerase activity in the
ontogenesis of cardiac tissue can help to understand the causes of heart disease in one or another
period of development of the organism.

2. Telomeres and Telomere Complex

In 1961, Leonard Hayflick discovered the limit of somatic cell division in vitro. The limit is
named after the scientist—the Hayflick limit. According to Hayflick’s observations, human fibroblasts
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dividing in a cell culture died after approximately 50 divisions. The cells showed signs of aging,
stopped dividing and underwent programmed cell death [1].

Ten years after the discovery of the Hayflick limit, Olovnikov hypothesized that DNA
polymerase cannot copy a small region at the end of chromosome (telomere), which leads to terminal
under-replication of DNA [2] (Figure 1).

 

Figure 1. Problems associated with chromosomes’ terminal under-replication [2].

Scientists postulated that telomeres undergo shortening with each cell division and assumed that
this phenomenon was associated with the cell division limit. This hypothesis was confirmed in 1985,
when Greider and Blackburn (1985) identified an enzyme in the ciliate Tetrahymena thermophila that
prevented the degradation of the ends of chromosomes. The enzyme was named telomerase [2].

Vertebrate telomeres consist of repeating TTAGGG sequences at the ends of chromosomes and
maintain their integrity. Since DNA replication is asymmetric at both strands, the sequence at the 3′
end would lose 30–200 nucleotides with each cycle of DNA replication and cell division. Telomeres
have non-coding recurring sequences at the 3′ end to prevent the loss of coding sequences during
replication [3]. Moreover, telomeres are covered with Shelterin complex consisting of six proteins:
TRF1 (telomere repeat binding factor 1), TRF2 (telomere repeat binding factor 2), TIN2 (TRF1-interacted
nuclear protein 2), RAP1 (rif-associated protein), POT1 (protection of telomeres) and TPP1 (telomere
protected protein 1). Telomeres end with a single-stranded 3′-end, which has a compact T-loop
structure that maintains their stability [4]. Telomeres were proposed as mitotic clocks that show how
many times a cell has divided [5].

When telomeres shorten to a critical length, the cell goes into a state of senescence, which initiates
a series of changes in gene expression patterns of cell cycle inhibitors, decreases cellular proliferative
potential and activates apoptosis [6].

Telomerase is responsible for telomere elongation and consists of an RNA component (TERC) and
telomerase reverse transcriptase (TERT), a catalytic component. TERT uses TERC as a template for
synthesizing new repeats of telomeric DNA at the single-stranded ends of chromosomes [7]. Most
somatic cells lack telomerase activity, but undifferentiated germ cells, stem cells, activated lymphocytes
and most tumor cells have a high level of telomerase activity to overcome telomere contraction and
maintain limitless cell division. However, differentiated resting cells usually have a low or undetectable
level of telomerase activity [8].

3. Embryonic Development of the Heart

The heart begins to function in the early stages of development in both mammals and lower
vertebrates such as Danio rerio (zebrafish) [9,10]. In mice, the level of proliferation of cardiomyocytes
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(CM) is high in early embryogenesis, and then it gradually decreases until the 10th to 12th day of
embryonic development (E10–12) when the heart is almost fully formed [9,11]. Similar dynamics are
also shown for telomerase: its activity is detected in the heart tissue of the human fetus until the 12th
week of embryonic development, which coincides with the histological differentiation of the myoblasts
of the heart into cardiomyocytes [12]. This observation is consistent with the fact that, by the sixth
month of prenatal development, the morphological appearance of the heart muscle is almost the same
as that of an adult [12].

However, a full picture of dynamics of telomerase activity during the cardiac embryonic
development is still unclear. It is known that activity is registered during E11.5 [13] and E16.5
in mice [14], as well as on E10 and E20 in rats. Moreover, telomerase activities in developing rat hearts
start to decline after E10 [15]. Dynamics of telomerase inactivation in developing hearts of rats and
humans appear to have similar patterns since, in rats, the heart becomes a fully formed functional
organ by E16 [16].

4. Early Postnatal Heart Development

Proliferation reaches the first minimum point in the heart of newborn mice (i.e., day 0 of postnatal
development; P0) [17]. During this period, the system that is responsible for the cell cycle is transformed
from embryonic to postnatal mode. Before birth, the number of CMs increases, and after birth, it
remains almost unchanged. At the same period, tetraploid and binuclear CMs begin to appear [17].
At P3, the peak of mitotic activity appears again, which correlates with an increased number of
binuclear CMs (up to 80%) and a decrease in the number of mononuclear CMs. At the same time, both
in binuclear and mononuclear CM populations, there is a transition to the G1 phase and cessation of the
cell cycle [17]. After P3 there is a sharp decrease in the number of CMs that have entered mitosis [17,18].

If we take a look at the activity of telomerase in the heart at this stage of development, we find a
correlation both with a decrease of proliferation and with the advent of binuclear and polyploid CMs.
Therefore, it can be speculated that negative telomerase regulation may be important for permanent
stopping of the CM cell cycle [15]. Thus, in newborn mice, gradual suppression of telomerase activity
occurs, and by P2 the activity decreases by more than 65% [14]. By the third month of postnatal
development, only a very small number of Tert-expressing cells remain [19]. A number of studies
have shown a sharp decline in telomerase activity in newborn mice relative to the hearts of E11.5,
and after P10 it is almost undetectable [13]. Tert expression has a similar dynamic, which indicates
a possible mechanism for the suppression of telomerase activity through the catalytic subunit of
telomerase [13,20].

Similar to previous data, it was found that five days after birth, the activity of telomerase in the
rat heart was only 20% of the activity at E10. Telomerase activity was absent in P20 heart and remained
below the detection limit up to four months of age [15].

Regarding the distribution of telomerase activity in the heart, TERT expression is found in a
population of cells, including CM, fibroblasts and endothelial cells [19].

The decrease in proliferation potential of CMs positively correlates with telomere depletion in
newborn mice. Rapid reduction of telomere length occurs within the first two weeks after birth. Further,
the length of the telomeres does not change, as the CMs leave the cell cycle, which contributes to the
conservation of telomere reserves. In the first days after birth, the proliferating CMs have a longer
telomere than non-proliferating CMs. However, after P15, these differences are already nullified [13].

There are several possible causes for the sharp drop in telomere length in newborn mice. Telomeres
shorten during phase S due to the inability of the DNA replication mechanism to support the ends of
linear DNA molecules [5]. Therefore, the absence of telomerase predetermines the loss of telomere
reserves in CM during the period of their postnatal DNA replication.

More surprising is the high rate of loss of telomeres, starting with P1, which leads to a significant
increase in DNA damage in telomeric sites in a one-week period [13]. In this regard, another cause of
damage and further loss of telomeres may be the appearance of reactive oxygen species (ROS) in CM

138



Cells 2020, 9, 503

after the metabolic transition from anaerobic glycolysis to mitochondrial oxidative phosphorylation
during the first week after birth. So, it was found that the level of ROS increased in newborn mice,
which probably leads to an increase in the number of DNA damage foci (replacement of guanine with
8-oxo-7,8-dihydroguanine) between P4 and P7 [21]. Such alterations have a particularly noticeable
effect on the promoter regions of genes that have a high GC content [22]. Telomeres also have a high
GGG content, which makes them an ideal target for ROS attacks [23]. Due to an increase in the level
of oxidizers and disturbances in telomeres, the DNA damage response is activated, which leads to a
halt in proliferation through activation of the cell cycle inhibitor p21 [13,21]. However, if the oxygen
concentration or the ROS levels are reduced, then the proliferation window of the CMs in the early
postembryonic period expands along with the increase in the numbers of mononuclear cells relative to
two- and multi-nuclei CMs [21]. ROS can be associated with telomerase inhibition due to telomere
DNA damage or deoxynucleotides oxidation that explains a sharp drop of telomerase activity after
birth [24].

The mechanism that promotes cell cycle arrest in postnatal CMs can also be associated with the
gap-fusion-bridge cycle, which leads to tetraploidization, appearance of binucleated cells and inhibition
of proliferation [25]. In the gap-fusion-bridge cycle, chromosomes with nonfunctional telomeres merge
with each other, forming bridges during mitosis. These chromosome bridges may eventually collapse
under the action of forces emanating from the anaphase poles, and further proliferation is inhibited.
In murine CMs, decrease in telomeres is associated with the appearance of chromosomal bridges
between the daughter nuclei: eight days after birth, CMs display the presence of chromosomal bridges,
which correlates with a decrease in telomere length. A potential genomic imbalance caused by the
breakdown of chromosomal bridges in binucleated CMs can be a barrier to proliferation [13].

The knockout for the Terc gene confirms the role of telomeres in proliferation. Third-generation
Terc-null mice have shorter telomeres, anaphase bridges and a lower proliferation level than wild-types
(WTs) at P1 [13].

It should be noted that in lower vertebrates, such as D. rerio, telomerase activity in many tissues is
sufficiently high both during embryonic and postnatal development [26]. This observation is used to
study the proliferative potential of CMs in the regenerative process [27]. In addition, it was shown that
CMs of D. rerio are single-nucleated and diploid [28,29], which may be associated with high telomerase
activity capable of maintaining sufficient telomere length for normal proliferation [28,29].

5. Prepubertal Period

CMs of mammals lose their ability to proliferate after birth due to telomere dysfunction and
reduced telomerase activity [13]. However, there is evidence of a proliferation surge in the prepubertal
period. Thus, from P14 to P15, activation of mitosis with subsequent cytokinesis is observed in
both mononucleated or binucleated CMs. Proliferation is accompanied by the expression of cell
cycle regulating genes [30]. From this, it can be speculated that there is a molecular mechanism
for overcoming the proliferative barrier associated with short telomeres and low telomerase activity.
The authors of the study suggest that the wave of synthesis of the hormone triiodothyronine is an
impulse for the induction of mitosis [30]. On the other hand, the cause of the activation of proliferation
can be telomere elongation due to the start of telomerase expression. This hypothesis is derived
from data on increasing the length of telomeres and subsequently the level of proliferation due to the
introduction of Tert in the heart of an adult mouse in response to heart damage [20]. At the same time,
there is another point of view on this observation: during growth, the size of the heart increases almost
exclusively due to hypertrophy, but not hyperplasia. It was shown that the increase in the number of
CMs or proliferation rate was not observed between P13 and P100, and that no active DNA synthesis
occurred [31]. Similar results were demonstrated for P14–P21 [32].

However, the contribution of hyperplasia to an increase in the size of the heart should not be
completely ruled out, although it is probably not as high as was presented in the study of Naqvi et al.,
2014 [30]. Indeed, it has been found that proliferating mononuclear cells with increased telomerase
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activity are present in the hearts of young cats, and they have the physiological properties of immature
cells in the form of calcium current in T-type channels [33]. Mitotic activity in human mononuclear
CMs is shown during the first 20 years of life (1.9% of the total number of CM), which decreases, but is
registered up to the age of 40 [34], as confirmed by earlier works [35]. There is also evidence of an
increase in ploidy of CMs and the absence of growth in the number of binuclear cells during the first
20 years of life [35].

6. Heart of Adult Vertebrates

As described above, telomerase activity in mammals drops to a minimum shortly after birth,
which causes telomere shortening. However, in the heart of adult animals, as shown in mice, telomerase
activity is registered, both in CMs, and in fibroblasts and endothelial cells [19].

CMs of adult mice vary in size: binucleated and multinucleated CMs undergo hypertrophy,
and small mononucleated CMs show features of proliferating cells. The length of telomeres in these
classes of CMs is inversely related to cell size. In addition, p16CDKN2 expression is observed in large
binucleated and multinucleated CMs with the shortest telomeres [36]. P16CDKN2 specifically binds and
inhibits cyclin-dependent kinases CDK4 and CDK6, which act as regulators of the progression of the
cell cycle in G1, contribute to the phosphorylation of the retinoblastoma protein (pRB) and induce cell
cycle arrest [37].

With a TRF assay, it has been demonstrated that, unlike mammals, telomerase activity in the
hearts of D. rerio is high throughout life, and telomere length remains almost unchanged [38]. Further
studies were conducted on changes in telomere length in fish of different ages using the Q-Fish method.
It was shown that in D. rerio the activity of telomerase and the length of telomeres in CMs also varied
with age, and the aging of fish leads to a decrease of telomere length and telomerase activity [26].

7. Heart Aging

Aging of the heart includes a number of physiological changes that increase the risk of developing
diseases and conditions that are hazardous to health. Cardiac diseases are associated with age and
have a detrimental impact on the whole organism. However, it remains unclear how cellular aging of
heart tissue affects the appearance of heart diseases.

It is known that telomere length decreases with age. For human heart tissue, telomere loss is
approximately 20 base pairs per year [39]. In addition to this, it was found that in old rats there was
a tendency to reduce the length of terminal restriction fragments (TRF) related to the telomeric and
subtelomeric region. Interestingly, only the heart showed a significant decrease in the average length
of telomeres compared to the brain, kidney, lung and liver. [40]. A similar state of telomeres was found
in coronary artery endothelial cells, where the T/C ratio (ratio of telomere length to centromeres) was
reduced depending on the age of the donor [41]. At the same time, the reduction of the end sections of
chromosomes is unlikely to be associated with cell division, as described above.

As for the age-dependent diseases, there is a correlation between the length of telomeres and
the presence of one or another heart disease. For example, the risks of coronary heart disease are
associated with telomeres shorter than 200 base pairs [42]. The mechanism of a possible causal link
between short telomeres and ischemic disease has not been fully elucidated, but shorter telomeres
are positively associated with the rapid formation of plaques observed in atherosclerosis and marked
atherogenesis [42]. Indeed, direct measurement of telomere length in coronary endothelial cells
supports the concept that telomere shortening in coronary endothelial cells with aging can contribute
to the development of coronary endothelial dysfunction and the development of coronary heart disease
in humans [41].

Dilated cardiomyopathy (DC) is characterized by an increase in cardiac ventricular volumes,
thinning ventricular wall thickness, hypertrophy and impairment of cardiac function [43,44]. In an
aging heart with DC, the forced entry of primitive cells, which express stem cell surface antigen c-kit,
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into irreversible quiescent state was identified by the expression of cell cycle inhibitor p16INK4a and by
very short telomeres [45].

Telomeric shortening in CMs with age can be explained by the launch of miRNA-34a synthesis,
the target of which is phosphatase 1 of the nuclear targeting subunit (PNUTS), which is involved in
the maintenance of telomeres by interacting with TRF2. TRF2, together with PNUTS, is also involved
in regulating the response to DNA damage and inhibiting the phosphorylation of Chk2 (checkpoint
kinase), leading to apoptosis. Increased expression of PNUTS inhibits telomere depletion without
telomerase involvement [46]. However, there are probably other molecular pathways that result in a
reduction in telomere length. They can be associated, for example, with oxidative stress, leading to the
accumulation of DNA damage in telomeric regions.

To determine the possible role of telomeres and telomerase in cardiac aging, mice with telomere-
induced dysfunction were examined by knockout on telomerase subunit genes. Mice of the fifth
generation (G5) with a Terc gene knockout (Terc-/-) suffered from severe left ventricular insufficiency
and DC. Compared to WT mice, the masses of the heart and left ventricle were significantly reduced
in G5 mice. Despite the decrease in heart weight in G5, hypertrophy was demonstrated, which
was accompanied by a decrease in the number of CMs [47]. The phenotype was also characteristic
for G4 Tert-/- mice: a decrease in body weight and endurance and an increase in free fatty acids
and mitochondrial dysfunction. Mitochondrial dysfunction manifested as inhibition of PGC-1α and
PGC-1β, key metabolic regulators. This led to a decrease of gluconeogenesis, a reduction in ATP
synthesis, cardiomyopathy, and increased oxidative stress [48], which is a sign of tissue aging [49].

The tumor suppressor protein p53 is an important mediator of telomere dysfunction. An increase
in this protein is observed in Terc-/- mice when telomeres reach a critically short length. These results
are consistent with the notion that telomere loss in mice activates p53, which modulates both apoptosis
and growth arrest [47]. In addition to these functions, the p53 protein is a link between telomere
length and mitochondrial function: an increase in its synthesis leads to inhibition of the promoters
PGC-1α and PGC-1β [48]. Thus, dysfunction of telomeres leads to premature aging of the heart, which
manifests itself in the form of diseases dependent on age.

As described previously [50], premature aging of the cardiovascular system is induced by
metabolic stress, obesity, hypertension, insulin resistance and type 2 diabetes [51–54]. Additionally,
there is evidence that autophagy is important for longevity and health [55], and a change in autophagy
contributes to heart aging [56–58]. Although it has been shown that autophagy inducers have a
beneficial effect on life expectancy and slow down the aging of the cardiovascular system [56], there is
still a contradiction between the protective and harmful effects of autophagy induction on aging [59].
There are many aging treatment options based on telomerase activation, NO modulation, antioxidants,
PARP inhibition, senolytic therapy, plasma membrane redox system (PMRS) activators and stem cell
therapy [55,60].

There are reports about the use of telomerase as a therapeutic tissue-specific target for diseases
of the cardiovascular system [61,62]. Telomerase can be used to treat coronary heart disease due to
protection against ROS [63,64]. With ischemia reperfusion injury, telomerase deficiency leads to heart
failure [65]. Telomere depletion is a characteristic sign of cardiac hypertrophy. Shortening of telomeres
in CMs is a marker of heart failure in humans, and shorter telomere length in CMs usually correlate
with a reduced ejection fraction [66].

8. Heart Regeneration

As we stated above, the regenerative potential of CMs, as well as telomerase activity, decreases in
mammalian hearts shortly after birth [13].

In newborn mice (P1), in response to injury, accelerated differentiation of CM occurs [67,68].
Following the P1 period, the regenerative potential is quickly lost, and a similar injury on P7 leads
to fibrosis instead of regeneration [67]. Tetraploidy, binucleation, diminished telomerase activity
and telomere shortening during this period can be causative of a loss of proliferative potential of
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CMs in response to injury [13]. A recent study showed that co-cultivation of mononucleated and
bi/multinucleated CMs from adult and newborn animals, respectively, led to the de-differentiation
and proliferation of not only mononucleated, but also bi/multinucleated CMs, although to a lesser
extent [69].

Telomerase expression in the mammalian heart was investigated using transgenic mice expressing
green fluorescence protein (GFP) driven by the promoter for murine telomerase reverse transcriptase
(mTert), which is a necessary and rate-limiting component of telomerase [19]. Local proliferation
of mTert-GFP-expressing cells in the adult heart suggests the existence of a subpopulation of
mTERT-positive cells that display a phenotype similar to stem cells. This observation is supported by
the expression of the heart-specific transcription factors NKX2.5 and GATA4 in these cells, which are
necessary for the differentiation into CM lineage. These factors are described as distinctive features of
the native stem cells of the heart. A marked local increase in their number in response to trauma in the
adult heart indicates their role in regeneration [19]. A similar increase in the number of stem-like cells
with the surface antigen Sca-1 and c- kit and their proliferation was observed during a heart attack,
which was accompanied by an increase in telomerase activity [70]. Telomerase delays growth arrest,
aging and prevents cell death. It may also be involved in the fight against mechanical and oxidative
stress [71], which increases with a concomitant increase in ROS during necrosis and inflammation [72].

Conditions of hypoxia can reduce the oxidative stress after induced myocardial infarction.
This leads to an increase in proliferation, which further helps to reduce the area of fibrosis and
improves systolic function [73]. In addition to these data, the possibility was found of increasing the
regenerative potential of hearts at one week of postnatal development of mice after administration of
the antioxidant N-acetyl-L-cysteine [21].

Cardiac muscle regeneration after an injury is complicated by an “irreversible” exit of CMs from
the cell cycle. A forced expression of Tert in the cardiac muscle in mice is sufficient to restore telomerase
activity and telomere length. This, in turn, can delay the exit from the cell cycle in the cardiac muscle,
cause hypertrophy in postmitotic cells and contribute to CM survival [14].

To elucidate a role of telomerase in cardiac regeneration, Tert was overexpressed in mouse hearts
by adeno-associated viral delivery [14,20]. Mice were subjected to experimental myocardial infarction
(MI). Upon MI, Tert-expressing hearts showed attenuated cardiac dilation, improved ventricular
function and smaller infarct scars concomitant with increased survival by 17% compared with controls.
Cardiac transcriptome analysis revealed an increase of epidermal growth factor receptor (EGF) in
Tert-expressing hearts. Signaling through EGF is cardio-protective, emphasizing defensive function of
Tert. Tert therapy also leads to activation of pathways associated with extracellular matrix remodeling
(an increase in serum MMP-9 and TGF-b). TGF-b has a pleiotropic effect on almost all cell types
involved in the repair and heart remodeling after injury. Long-term activation of these genes may
also be a consequence of enhanced heart regeneration, which requires matrix remodeling to integrate
new CMs. Indeed, the CM can re-enter the cell cycle after injury. Expression of Ki-67 and the
presence of phosphorylated forms of histone H3 (proteins, the maximum expression of which coincides
with mitosis) was found to increase the number of proliferating CMs near the infarct zone in the
Tert-treated group. According to these results, it is plausible that activation of Tert may assist cardiac
regeneration [13].

After injury, sufficient telomere length is required for proliferation. In P1 G3 Terc-null newborn
mice, the proliferative capacity is lower than that of WT controls. Instead of increasing proliferation,
CMs of G3 Terc-/- mice grow hypertrophic. The aggravation of telomere shortening after cryogenic
damage at P1 in the heart of G3 mice causes an increase of p21 levels compared to WTs, which indicates
the activation of the DNA damage response. This leads to the cessation of the cell cycle. A reliable
proliferative response was observed in CMs of p21-/- mice that were seven days old. This is the age at
which the CMs of WT mice lose the ability to divide after injury. This observation further emphasizes
the participation of telomerase inhibition through the expression of p21 in stopping cell cycle and
inhibition of the regeneration reaction after injury in the early postnatal period [13].
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The proliferative ability is obviously associated with increased telomerase activity relative to
mammals; therefore, the D. rerio model is interesting from the point of view of the possibility of
regeneration of CMs.

In a recent study, it was shown that cryogenic damage to the heart leads to an increase in
telomerase activity in WT zebrafish, which was associated with an increase in tert gene expression.
To determine the role of telomeres in regeneration, damage to the heart was performed with tert-/- and
WT D. rerio. It was shown that the cardiac output was not restored, and the area of damage did not
decrease in tert-/- fish, which indicates the need for telomerase during regeneration. However, the
level of the inflammatory response, an important process for regeneration, was the same for WT and
tert-/- fish. Similarly, dedifferentiation of CMs in response to an injury occurs normally in the absence
of telomerase. The length of telomeres increases only in WT CMs during regeneration, and this is
characteristic of both actively proliferating cells and nondividing cells. Therefore, we can conclude
that telomere elongation is important for CM regeneration [27].

Induction of polyploidy in the heart of zebrafish leads to a loss of regenerative potential after
injury [29]. Consequently, for recovery of the myocardium, diploid CMs are required, the number of
which decreases in the mammalian heart with age as a result of telomere depletion [13].

9. Conclusions

Thus, telomerase activity and telomere length are not only markers of cellular aging of CMs, but
they also make a significant contribution to the development of age-related diseases. Further study of
the influence of various factors on the telomerase complex and telomeric regions of chromosomes can
contribute to a better understanding of the processes of telomere length changes that occur in cardiac
tissue throughout life.

Studies of the regenerative capacity of the hearts of mammals and other vertebrates can also help
in the formation of new approaches in the field of regenerative medicine for the treatment of such
serious diseases as, for example, myocardial infarction and heart failure.
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Abstract: Statins and fibrates are widely used for the management of hypertriglyceridemia but they
also have limitations, mostly due to pharmacokinetic interactions or side effects. It is conceivable that
some adverse events like liver dysfunction or gastrointestinal discomfort are caused by mitochondrial
dysfunction. Data about the effects of statins and fibrates on mitochondrial function in different organs
are inconsistent and partially contradictory. The aim of this study was to investigate the effect of
pravastatin (statin) and gemfibrozil (fibrate) on hepatic and colonic mitochondrial respiration in tissue
homogenates. Mitochondrial oxygen consumption was determined in colon and liver homogenates
from 48 healthy rats after incubation with pravastatin or gemfibrozil (100, 300, 1000 μM). State 2
(substrate dependent respiration) and state 3 (adenosine diphosphate: ADP-dependent respiration)
were assessed. RCI (respiratory control index)—an indicator for coupling between electron transport
chain system (ETS) and oxidative phosphorylation (OXPHOS) and ADP/O ratio—a parameter for the
efficacy of OXPHOS, was calculated. Data were presented as a percentage of control (Kruskal–Wallis
+ Dunn’s correction). In the liver both drugs reduced state 3 and RCI, gemfibrozil-reduced ADP/O
(complex I). In the colon both drugs reduced state 3 but enhanced ADP/O. Pravastatin at high
concentration (1000 μM) decreased RCI (complex II). Pravastatin and gemfibrozil decrease hepatic
but increase colonic mitochondrial respiration in tissue homogenates from healthy rats.

Keywords: pravastatin; gemfibrozil; liver; colon; mitochondrial function

1. Introduction

Statins are among the most widely prescribed drug classes in the world. They are used to
lower low density lipoprotein-cholesterol (LDL-C) serum levels in patients for the prevention and
treatment of cardiovascular diseases [1]. They exhibit a wide range of effects: additionally to the
inhibition of cholesterol synthesis, they modulate inflammatory response, affect coagulation system,
induce apoptosis and decrease oxidative stress [2].

If statins are not successful, guidelines recommend peroxisome proliferator-activated receptor
alpha (PPARα) agonists (fibrates) for the management of hypertriglyceridemia [3]. Studies have shown
that fibrates also have pleiotropic effects like improving endothelial dysfunction [4,5], inhibiting the
expression of adhesion molecules and inflammatory cytokines [6] and decreasing oxidative stress and
nitric oxide production [5]. Moreover, fibrates can inhibit coagulation [4,7] and improve haemorheologic
parameters [8].

However, these agents also have limitations, most importantly due to pharmacokinetic interactions,
such as an increased risk of myopathy through a combination of statins and gemfibrozil [9], or side effects,
which include digestive disorders, reversible elevation in serum creatinine and liver enzymes [10].
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It is conceivable that some of the adverse events like liver dysfunction or gastrointestinal discomfort
are caused by mitochondrial dysfunction [11,12]. However, data about effects of statins and fibrates on
mitochondrial function in different organs are inconsistent and partially contradictory. Data about
effects of these drugs on colonic mitochondria are lacking completely.

Statins can affect skeletal muscle mitochondria in vitro by inhibiting respiratory chain complexes
and oxidative capacity [12,13], decreasing mitochondrial membrane potential [13], uncoupling oxidative
phosphorylation, inducing mitochondrial swelling and apoptosis [13] and decreasing mitochondrial
density [14]. Statins also uncouple state 2 respiration and can inhibit the activity of the complexes of
the respiratory chain in liver mitochondria, but the effect is drug-dependent (simvastatin has a strong
deteriorating effect, while pravastatin does not seem to affect hepatic mitochondria) [15].

Hydrophilic statins (e.g., pravastatin) are considered as less ‘mitotoxic’ compared to lipophilic
statins such as cerivastatin, fluvastatin, atorvastatin and simvastatin [13]. Even if some authors failed
to show any effects of pravastatin on mitochondrial respiration in muscle [13], in the liver [16] and
in HL-1 cardiomyocytes [1], cases of drug induced hepatotoxicity are reported [17]. Furthermore,
evidence exists for even positive effects of statins on mitochondrial function. Bouitbir et al. showed
that statins promote mitochondrial function and mitochondrial biogenesis in human heart muscle [18].

Effects of fibrates on mitochondrial function are also not clearly understood. From one side, in vitro
results suggest impaired mitochondrial function, via direct inhibition of mitochondrial respiration
(mainly complex I) [19], by membrane depolarization [20] and through increases in uncoupled
respiration [15,21]. From the other side, fibrates as PPAR-α agonists can enhance mitogenesis and
therefore mitochondrial activity [22]. There are also differences among single fibrates concerning effects
on mitochondrial function and gemfibrozil seems to be less mitotoxic than the other drugs from this
group [19].

Taken together, the effects of statins and fibrates on mitochondrial function in different organs
have been insufficiently examined. Data concerning hepatic mitochondria are inconsistent and about
other organs like colon are lacking completely. The aim of this study was therefore to investigate the
concentration dependent effect of pravastatin (statin) and gemfibrozil (fibrate) on hepatic and colonic
mitochondrial respiration in tissue homogenates from healthy rats.

2. Materials and Methods

2.1. Animals:

The study was approved from the Animal Ethics Committee of the University of Duesseldorf,
Germany (project identification code: O27/12), and performed in accordance with the Guide for the
Care and Use of Laboratory Animals of the National Institutes of Health. The authors ensured that
their research complied with the commonly accepted ‘3Rs’: replacement, reduction and refinement.

Male Wistar rats were purchased from the breeding facilities of the University of Düsseldorf
(Düsseldorf Germany) or from Janvier Labs (Le Genest-Saint-Isle, France). They were kept at an
artificial 12-h light/dark cycle at constant room temperature and humidity with free access to standard
chow and tap water.

Forty eight rats (approximately 3 months old) were sacrificed by decapitation under deep sedation
with sodium pentobarbital (90 mg/kg) and liver and colon were harvested.

2.2. Preparation of Liver and Colon Homogenates

Liver and colon homogenates were prepared as described previously [23–25]. Briefly, liver tissue
was placed in 4 ◦C cold isolation buffer, minced into 2–3-mm3 pieces, rinsed twice in isolation buffer
to remove traces of blood, and homogenized (Potter-Elvehjem, Pro Scientific, Swedesboro, NJ, USA,
5 strokes, 2000 rpm). Freshly harvested colon tissue was placed in isolation buffer enriched with
2% bovine serum albumin (BSA, Sigma-Aldrich Corporation, St. Louis, MO, USA), longitudinally
opened, and dried with a cotton pad to remove remains of faeces and mucus. After incubation with
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0.05% trypsin (Thermo Fisher Scientific, Dreieich, Germany) for 5 min, the tissue was transferred
into the isolation buffer containing 2% BSA and protease inhibitors (cOmplete™ Protease Inhibitor
Cocktail, Roche Life Science, Mannheim, Germany), minced, and finally homogenized (see above).
Protein concentration in the tissue homogenates was determined by the Lowry method [26] with
bovine serum albumin as a standard. All procedures were performed on ice, all buffer were kept by
4 ◦C.

2.3. Measurement of Mitochondrial Respiratory Rates

Mitochondrial oxygen consumption was measured as described previously [23–25]. Briefly,
the measurement was performed at 30 ◦C using a Clark-type electrode (model 782, Strathkelvin
instruments, Glasgow, Scotland). Tissue homogenates were suspended in respiration medium to yield
a protein concentration of 4 mg/mL or 6 mg/mL for liver and colon, respectively.

2.3.1. Mitochondrial State 2 Respiration

Mitochondrial state 2 respiration was performed in the presence of either complex I substrates
glutamate (Fluka, München, Germany) and malate (Serva Electrophoresis GmbH, Heidelberg, Germany)
(both 2.5 mM, G–M) or the complex II substrate succinate (Sigma-Aldrich Corporation, St. Louis, MO,
USA) (10 mM for liver, 5 mM for colon, S) combined with 0.5 μM rotenone (Sigma-Aldrich Corporation,
St. Louis, MO, USA)—the inhibitor of complex I activity. Rotenon was always added before addition
of succinate.

2.3.2. Mitochondrial State 3 Respiration

The maximal coupled mitochondrial respiration (state 3) was measured after the addition of
adenosine diphosphate—ADP (Sigma-Aldrich Corporation, St. Louis, MO, USA) (250 μM for liver,
50 μM for colon). The respiratory control index (RCI) was calculated (state 3/state 2) to define the
coupling between the electron transport system (ETS) and oxidative phosphorylation (OXPHOS).
To reflect the efficacy of OXPHOS, the ADP/O ratio was calculated from the amount of ADP added and
oxygen consumed in state 3. The average oxygen consumption was calculated as the mean from three
technical replicates.

2.3.3. General Conditions

The solubility of oxygen was assumed to be 223 μmol O2/L at 30 ◦C according to the Strathkelvin
instruments manual. Respiration rates were expressed as nmol/min/mg protein. No correction of the
natural drift of the electrode was made since a drift of less than 0.5% over 12 h is neglectable in our
experimental setup.

2.3.4. Quality Control for the Preparation Procedure

At the beginning of every experiment mitochondria were checked for leakage by the addition of
2.5 μM cytochrome c (Sigma-Aldrich Corporation, St. Louis, MO, USA) and 0.05 μg/mL oligomycin
(Calbiochem by Merck KGaA, Darmstadt, Germany) at the beginning of every experiment. There was
no increase in flux after the addition of cytochrome c, indicating integrity of the mitochondrial outer
membrane. When ATP synthesis was inhibited by oligomycin, the mitochondria were transferred to
state 2, which reflects the respiration rate compensating the proton leak. The lack of difference in O2

consumption after adding oligomycin compared to state 2 indicates that the inner membrane was
intact and mitochondria were not damaged through the preparation procedure.

2.3.5. Experimental Conditions

The assessment of mitochondrial respiration was performed after addition of carrier substance
(distilled water)—control, or different concentrations of pravastatin (100 μM, 300 μM and 1000 μM).

150



Cells 2019, 8, 983

For experiments with gemfibrozil (100 μM, 300 μM and 1000 μM), dimethyl sulfoxide (DMSO)
(Sigma-Aldrich Corporation, St. Louis, MO, USA) 0.5%, 1.5% and 5% respectively were used as
controls. The incubation took place at room temperature (kept at 21 ◦C) for 3 min. Eight biological and
three technical (three separate measurements from a single homogenate) replicates were performed.

2.4. Statistical Analysis

Statistical analysis was performed with GraphPad Prism 8.0 (GraphPad Software,
GraphPad Software, San Diego, CA, USA). After checking the data set for normality
(Kolmogorov–Smirnov) a Kruskal–Wallis test of variance followed by a post hoc Dunn’s correction were
performed. Means ± standard deviations (S.D.) were determined. Data are presented as percentage of
control values, P < 0.05 was considered significant.

3. Results

3.1. Effects of Pravastatin on Hepatic Mitochondrial Respiration

The lowest concentration of pravastatin (100 μM) did not affect the mitochondrial respiration
in the liver. Pravastatin in higher concentrations (300 μM and 1000 μM) reduced state 3 (complex
I: pravastatin 300 μM: 77.5% ± 3.2%*, pravastatin 1000 μM: 60.7% ± 5.3%*; complex II: pravastatin
300 μM: 84.8% ± 2.4%*, pravastatin 1000 μM: 72.3% ± 6.2%*) (Figure 1A,D) and RCI (complex I:
pravastatin 300 μM: 75.3% ± 5.0%*, pravastatin 1000 μM: 66.4% ± 4.2%*, complex II: pravastatin
300 μM: 82.6% ± 6.1%*, pravastatin 1000 μM: 72.2% ± 5.9%*) (Figure 1B,E) for both complexes without
changing the ADP/O-ratio (Figure 1C,F).

Figure 1. Effect of pravastatin (100 μM, 300 μM and 1000 μM) on hepatic mitochondrial respiration:
State 3 for complex I (A) and II (D), respiratory control index (RCI) for complex I (B) und II (E) and
ADP/O ratio for complex I (C) and II (F). Data are presented as mean ± standard deviation (S.D.),
n = 7–8, * P < 0.05 vs. control, P < 0.05 between groups.
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3.2. Effects of Pravastatin on Colonic Mitochondrial Respiration

The lowest concentration of pravastatin (100 μM) did not affect the mitochondrial respiration in
the colon. Pravastatin in middle concentration (300 μM) reduced state 3 for complex II (86.1% ± 4.8%*)
(Figure 2D) and in high concentration (1000 μm) decreased state 3 for both complexes (complex I:
63.6% ± 8.2%*, complex II: 77.3% ± 4.1%*) (Figure 2A,D).

Figure 2. Effect of pravastatin (100 μM, 300 μM and 1000 μM) on colonic mitochondrial respiration:
State 3 for complex I (A) and II (D), respiratory control index (RCI) for complex I (B) und II (E) and
ADP/O ratio for complex I (C) and II (F). Data are presented as mean ± S.D., n = 7–8, * P < 0.05 vs.
control, P < 0.05 between groups.

The RCI in colonic mitochondria was decreased only by pravastatin at the highest concentration
(1000 μM) and only for complex II (83.8 ± 12.6%*) (Figure 2E).

Pravastatin in high concentration (1000 μM) increased the ADP/O-ratio for both complexes
(complex I: 151.5% ± 50.4%*, complex II: 136.4% ± 24.9%*) (Figure 2C,F).

3.3. Effects of Gemfibrozil on Hepatic Mitochondrial Respiration

Similarly to pravastatin, gemfibrozil in low concentration (100 μM) did not affect the mitochondrial
respiration in the liver. Gemfibrozil at higher concentrations (300 μM and 1000 μM) reduced state
3 (complex I: gemfibrozil 300 μM: 56.9% ± 5.5%*, gemfibrozil 1000 μM: 24.4% ± 2.5%*; complex II:
gemfibrozil 300 μM: 87.8% ± 18.5%*, gemfibrozil 1000 μM: 50.9% ± 11.4%*) (Figure 3A,D) and
RCI (complex I: gemfibrozil 300 μM: 45.1% ± 5.2%*, gemfibrozil 1000 μM: 21.5% ± 2.8%*, complex
II: gemfibrozil 300 μM: 70.4% ± 5.5%*, gemfibrozil 1000 μM: 37.8% ± 8.3%*) (Figure 3B,E) for
both complexes. Gemfibrozil 300 μM reduced ADP/O for complex I (81.5% ± 7.6%*) (Figure 3C).
ADP/O-ratio after treatment with gemfibrozil 1000 μM was significantly higher than ADP/O-ratio in
other gemfibrozil-groups.
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Figure 3. Effect of gemfibrozil (100 μM, 300 μM and 1000 μM) on hepatic mitochondrial respiration:
State 3 for complex I (A) and II (D), respiratory control index (RCI) for complex I (B) und II (E) and
ADP/O ratio for complex I (C) and II (F). Data are presented as mean ± S.D., n = 7–8, * P < 0.05 vs.
control, P < 0.05 between groups.

3.4. Effects of Gemfibrozil on Colonic Mitochondrial Respiration

Gemfibrozil in low concentration (100 μM) reduced state 3 for complex I (89.3% ± 5.5%*).
Gemfibrozil at the middle concentration (300 μM) did not show any effect on colonic mitochondrial
respiration. Gemfibrozil at high concentration (1000 μM) reduced state 3 for both complexes (complex I:
80.8%± 6.6*, complex II: 92.5%± 15.2%*) and increased the ADP/O-ratio for complex I (133.8% ± 33.8%*)
without changing the RCI (Figure 4B,E).
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Figure 4. Effect of gemfibrozil (100 μM, 300 μM and 1000 μM) on colonic mitochondrial respiration:
State 3 for complex I (A) and II (D), respiratory control index (RCI) for complex I (B) und II (E) and
ADP/O ratio for complex I (C) and II (F). Data are presented as mean ± S.D., n = 7–8, * P < 0.05 vs.
control, P < 0.05 between groups.

4. Discussion

The main result of this study is that the effect of pravastatin and gemfibrozil is organ specific and
dose dependent. Both drugs seem to have a deteriorating effect on hepatic mitochondria but rather
positive influence on colonic mitochondrial respiration.

The chosen experimental setting is based on our previous study [24]. The drug concentrations
correspond to the literature describing similar in vitro experiments [13,15,19,27]. The measurements
are performed at 30 ◦C which is a methodological standard [13,15,20], but not a physiological condition.
Thus, the data may not reflect full effects of the drugs in vivo. While liver is mainly composed of
hepatocytes, colon consists of different cell lines like epithelial cells, smooth muscle cells, adipocytes
and many others. Therefore, our results cannot relate to a special cell line.

In hepatic mitochondria, pravastatin dose dependently reduced ADP-induced mitochondrial
respiration-state 3, and coupling between electron transport chain (ETS) and oxidative phosphorylation
(OXPHOS)-RCI, without changing the efficacy of oxidative phosphorylation-ADP/O.

In colonic mitochondria, pravastatin also reduced state 3 and RCI, however, to a minor extent,
mainly at the higher concentration and preferably through complex II. In contrast to hepatic
mitochondria, pravastatin increased the efficacy of OXPHOS in the colon for both complexes.

Our results concerning pravastatin and mitochondrial respiration are new findings compared
to the results of other authors who mainly could not show any effects of this drug on mitochondrial
respiration. Marques et al. examined the effect of pravastatin on hepatic mitochondrial in LDL
knockout mice after oral pretreatment with 40 mg/kg pravastatin and did not observe any changes
either [16]. Sugiyama et al. tested the effects of pravastatin on age-related changes in mitochondrial
function in rats after long-term therapy. They could show that pravastatin significantly accelerated the
age-related decline in the activity of complex I of diaphragm mitochondria, whereas the aging effect on
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mitochondrial respiratory function was not observed on heart muscle and liver. Pravastatin did not
significantly affect cardiac and hepatic respiratory function [28]. Kaufmann et al. [13] did not observe
any effects of pravastatin on mitochondrial oxygen consumption in isolated muscle mitochondria
in vitro using similar pravastatin concentrations (50–400 μM). Godoy et al. [1] tested the influence
of atorvastatin and pravastatin (10 μM) on HL-1 cardiomyocyte mitochondrial function and could
show, that atorvastatin altered mitochondrial function compared to cardiomyocytes treated with
pravastatin. The difference between our results (declined mitochondrial respiration in liver) and
the other findings (unchanged mitochondrial respiration) could be caused by many factors like
different experimental conditions (in vitro vs. ex vivo, different drug concentrations in in vitro
experiments and oral pretreatment), long-term therapy vs. single dose and different tissues (liver,
muscle, cardiomyocytes). It is well known, that mitochondrial function varies between organs [29].

The effect of pravastatin on colonic mitochondria was different from that in the liver. The drug
moderately reduced state 3 and RCI, mainly in high concentration and preferably through complex
II but increased the efficacy of OXPHOS for both complexes. It seems to be a rather positive effect
reflected in a higher efficacy of OXPHOS with reduced mitochondrial respiration. In general, an
increase in mitochondrial respiration is considered as an improvement and vice versa. However,
mitochondria may also dynamically respond to specific conditions, and changes in oxphos capacity or
RCI may simply reflect a response rather than an improvement or impairment. Under physiological
conditions with sufficient oxygen supply, the impact on cell metabolism is probably of minor relevance.
However, this effect might gain a major importance as an adaptive response under compromised
conditions associated with e.g., cellular hypoxia. To clarify, whether this observation is favorable for
the cell metabolism, the underlying processes like activity of the single complexes of the respiratory
chain, mitochondrial membrane potential or tissue ATP-concentration need to be further analyzed.

To our best knowledge, there are no data about influence of pravastatin on mitochondrial function
in the colon so we cannot refer our results to those of other authors.

For pravastatin, plasma concentrations after oral administration of 20–40 mg/day are in the range
of 0.1–0.229 μM [30] which is considerably lower than those concentrations applied in our in vitro
study. The oral bioavailability of pravastatin is low (17%) because of incomplete absorption and a
first-pass effect. The drug is rapidly absorbed from the upper part of the small intestine, probably via
proton-coupled carrier-mediated transport, and then taken up by the liver by a sodium-independent
bile acid transporter [31,32]. The uptake of the drugs into different tissues differs substantially and
leads to wide ranges of drug concentrations in the target organs. Yamazaki et al. [33] examined the
pharmacokinetic properties of pravastatin after intravenous and portal vein application in rats and
could show that the largest clearance was observed for the liver, followed by the kidney whereas
other tissues like small intestine exhibited only a minor uptake. Hatanaka et al. showed that
pravastatin accumulated in the liver and reached even higher concentrations compared to plasma
levels. Interestingly, the pravastatin plasma concentration increased with increasing dose, whereas the
contrary was the case in liver and small intestine [34]. We chose relatively high drug concentration
according to the similar in vitro experiments described in the literature [13,17]. Nevertheless, our results
may be relevant for the in vivo situation since the most adverse events with statins have been described
in patients having a drug–drug interaction leading to a higher drug concentration or underlying
mitochondrial disease rendering them more sensitive to statins [35,36]. Moreover, many patients suffer
from multimorbidity. Renal and/or liver insufficiency can also result in supraclinical or even toxic drug
plasma concentrations.

The effects of gemfibrozil on hepatic mitochondrial respiration were similar to pravastatin
but seem to be more pronounced. Gemfibrozil reduced dose dependently state 3 and RCI for
both complexes and ADP/O-ratio for complex I. However, the increase in ADP/O ratio after
treatment with gemfibrozil 1000 μM most likely reflects rather a sign of terminal uncoupling than
improvement of efficacy of OXPHOS. To test this hypothesis, we treated hepatic mitochondria with
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an uncoupler—2-[2-(3-Chlorophenyl)hydrazinylyidene]propanedinitrile (CCCP)—and there was no
further enhancement in mitochondrial respiration confirming the terminal uncoupling.

Our results are consistent with those of other authors, who also observed a decrease in
mitochondrial respiration and uncoupling effect of gemfibrozil. Nadanaciva et al. [15] showed
that gemfibrozil in concentration of 500 nmol/mg mitochondrial proteins (which would correspond to
2000 μM in our experimental setting) lowered state 3 in isolated hepatic rat mitochondria about more
than 50%. Zhou et al. [20] examined the effects of different fibrates on mitochondrial bioenergetics
and showed that gemfibrozil at 75 μM uncouples isolated hepatic rat mitochondria and reduces the
efficacy of the OXPHOS. Zhou et al. suggest that the underlying mechanism of uncoupling could be
the induction of mitochondrial permeability transition pores.

In the colon, gemfibrozil decreased slightly ADP-dependent mitochondrial respiration, but did
not affect the coupling between ETS and OXPHOS and improved the efficacy of OXPHOS for complex
I. Similar to pravastatin, we presume that gemfibrozil could also have a protective effect on colonic
mitochondria, allowing an efficient ATP-production by reduced mitochondrial oxygen consumption.
Also in this case, this mechanism may be relevant under pathologic conditions like sepsis or hemorrhagic
shock, but probably does not play a pivotal role when the oxygen supply is sufficient. Nevertheless,
mechanisms compensating a lack of oxygen are substantially important in organs like the colon.
When circulation becomes unstable, e.g., in septic shock, blood flow is redistributed to maintain the
oxygenation of vital organs as heart or brain, while microcirculation in less essential organs like the
splanchnic region, kidney and liver is critically reduced [37]. We are the first to analyze the effects of
gemfibrozil on colonic mitochondrial function, so no comparison with other results can be made.

As described above, we used in our experiment higher gemfibrozil concentrations than clinically
occur. After the standard oral administration of 1200 mg/day, the plasma concentration of gemfibrozil
reaches 10–20 mg/L (40–80 μM) [38,39]. Also in this case we consider our result as clinically relevant,
because fibrates are often combined with other lipid-lowering drugs like statins or thiazolidinediones
and the combination can lead to higher plasma levels. Moreover, the clinically used drug combinations,
like statins plus fibrates, show different effects to the single application. In our experiments, pravastatin
and gemfibrozil showed similar negative effects on mitochondrial respiration in liver and positive
influence on the colonic mitochondria. So it is conceivable, that additive effects are observed with
co-incubation. Nadanaciva et al. showed that gemfibrozil at 62 nmol/mg protein (which would
correspond to 248 μM in our experimental setting) did not affect mitochondrial function, but in
combination with cerivastatin depressed the mitochondrial respiration significantly [15].

5. Conclusions

Taken together, we show new findings about organ-specific and concentration-dependent effects
of two clinically important and widely used drugs, pravastatin and gemfibrozil, on hepatic and colonic
mitochondrial respiration. Results from this study reveal a rather negative effect of both drugs on
hepatic mitochondrial respiration. This could possibly be one of the mechanisms contributing to
elevated liver enzymes during the therapy with these drugs. This hypothesis must be considered
very carefully because we examined the mitochondrial oxygen consumption, which depicts only
one aspect of the complex mitochondrial function within a cell. Furthermore, our experiments are
conducted in vitro with animal tissues and these adverse effects are not fully understood and are
complex processes including many factors like preexisting organ damage and co-medication.

The positive effects of pravastatin and gemfibrozil on colonic mitochondria could contribute to
adaptive cell mechanisms under pathological conditions like sepsis or hemorrhagic shock, where tissue
hypoxia may occur, allowing better oxygen utilization. Also in this case, the results must be interpreted
very cautiously and further research in this field is needed. Our data extend our knowledge about a
possible mode of action of both drugs and offer a new insight into conceivable mechanisms of their
side effects.
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Abstract: Electron microscopic study of cardiomyocytes taken from healthy Wistar and OXYS rats
and naked mole rats (Heterocephalus glaber) revealed mitochondria in nuclei that lacked part of the
nuclear envelope. The direct interaction of mitochondria with nucleoplasm is shown. The statistical
analysis of the occurrence of mitochondria in cardiomyocyte nuclei showed that the percentage of
nuclei with mitochondria was roughly around 1%, and did not show age and species dependency.
Confocal microscopy of normal rat cardiac myocytes revealed a branched mitochondrial network
in the vicinity of nuclei with an organization different than that of interfibrillar mitochondria. This
mitochondrial network was energetically functional because it carried the membrane potential that
responded by oscillatory mode after photodynamic challenge. We suggest that the presence of
functional mitochondria in the nucleus is not only a consequence of certain pathologies but rather
represents a normal biological phenomenon involved in mitochondrial/nuclear interactions.

Keywords: intranuclear mitochondria; healthy cells; electron and confocal microscopy; heart

1. Introduction

In 1958, Australian electron microscopists H. Hoffman and G. W. Grigg, when analyzing ultrathin
sections of lymph nodes of adult mice found clustering of mitochondria around the concavities in the
nuclear membrane, some lying in very close juxtaposition to the membrane [1]. They even suggested
the presence of mitochondria inside of the nucleus but given that the quality of electron microscopic
images was not perfect, this suggestion stayed hypothetical. However, in 1960, H. Mori described
mitochondria in nuclei of cells from four types of ascites cancer, as well as of tongue cancer, pancreatic
cancer, and in regenerating hepatocytes of newts [2]. Later, this phenomenon was reproduced by
D. Brandes et al., who published in 1965 in Science a brief article entitled “Nuclear Mitochondria?”
In their study, similar to that of Mori, cancer (leukemic) cells were used [3]. Since then, mitochondria in
nuclei have been found in white blood cells [4,5], lymph nodes of patients with Hodgkin’s disease [6],
leukemic myoblasts [7], in cardiomyocytes of a patient with rheumatic heart disease [8], and certain
other cardiac pathologies [9–12]. Given that the presence of intranuclear mitochondria has been
exclusively proven in abnormal cells, these facts were attributed to the manifestation of the pathology.
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Two main issues elicit discussion: how do mitochondria get into the nucleus and what advantages
or disadvantages arise as a result of such organelle interaction? Several explanations of such
observations have been suggested. Most frequently, the appearance of mitochondria inside nucleus
was assigned to the improper execution of mitosis. Using immunofluorescence techniques, it has been
shown that a brief opening of the nuclear membrane can occur in the interphase nucleus. Nuclear
membrane remodeling was found during viral infections [13–15], laminopathy [16–18], muscular
dystrophy, cardiomyopathy, lipodystrophy [19,20], Hutchinson–Gilford progeria syndrome [21], and
cancerogenesis [18,22–25]. However, it may be premature to consider this phenomenon as specific for
pathological processes only. For example, mitochondria in nuclei were observed by Zhao et al. at the
final stage of erythropoiesis in mice [26]. Immunofluorescence assays as well as focused-beam and
scanning electron microscopy methods have shown that erythroblast nuclei can be in the opened and
fragmented state for 3–5 min. The opening is followed by relatively stable periods of closure lasting
about an hour with caspase-3 to be essential for this cyclic process. Loss of caspase-3 blocks not only
the opening but also erythroid differentiation, leading to hematologic disorders.

There is no doubt that in terms of energy, nucleus function is quite costly in using, for many
processes, cytosolic ATP, which is mostly generated by mitochondria. Limiting diffusion distance for
intracellular ATP transport to the site of its use may be an issue to facilitate ATP transport directly to
the site of priority use. On the other hand, mitochondria and the nucleus possess genomes of different
nature and properties, and numerous data have reported on their interaction and cross-talk. A common
opinion is that the transfer of mitochondrial DNA to the nucleus has contributed to the evolution of
eukaryotic genomes [27–29]. Mitochondrial DNA transfer to the nucleus is an established fact, possibly
playing both normal [30] and pathological [31,32] roles. Vice versa, anterograde signaling (from
nucleus to mitochondria) includes numerous regulatory factors coordinating the function of subcellular
organelles and integrating cellular and environmental signals, such as nuclear respiratory factor 1
(NRF1) [33], nuclear factor erythroid 2-like 2 [34] (NFE2L2 or NRF2), peroxisome proliferator-activated
receptors (PPARs), and estrogen-related receptors (ERRs) [35], as well as many others that regulate
mitochondrial-specific activities.

It is reasonable to consider that increasing nuclear membrane surface would facilitate the exchange
rate between nucleoplasm and cytosol. Indeed, numerous deep and branching invaginations of the
nuclear envelope [36,37], especially in cancer cells [38], were found.

Unlike nuclear envelope invaginations possibly serving as mechanism for importing cytosolic
components to the nucleoplasm, envelope herniations may serve the opposite role through exporting
nuclear content to cytosol [25,39]. Recently found mitochondria-derived vesicles [40,41] may play a
role as a vehicle providing transport of genetic material to the nucleus.

In this study, we made an attempt to analyze the appearance of mitochondria in the nucleus,
comparing the heart cells of two species of animals, radically different in life expectancy: rats and
naked mole-rats (Heterocephalus glaber), as well as the line of rats named by the breeder as OXYS,
characterized by accelerated aging. To analyze the structure of the mitochondrial network and its
relationship with the nucleus, two microscopic techniques were used: confocal and electron microscopy.
Confocal microscopy by itself is not able to resolve mitochondria in nuclear membrane invaginations
of those residing in the nucleoplasm. A combination of confocal and electron microscopy may become
not only the instrument to address this question but also it would help to address the functionality of
nuclear mitochondria.

Indeed, our analysis using confocal microscopy revealed a specially organized functional
mitochondrial network in the vicinity of the nuclei in normal cardiac myocytes, whereas electron
microscopic images convincingly demonstrated the absence of nuclear membrane over relatively large
areas of the nucleus. Regardless of the disruption of the nuclear membrane integrity, the content of
the nucleus preserved its specific morphology. Here, we present the ultrastructure of open nuclei
containing mitochondria in normal cardiomyocytes of Wistar and OXYS rats, as well as naked mole-rat
(Heterocephalus glaber). The latter species is of particular interest because it is very long-lived and is
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resistant to many pathologies inherent in other species. Therefore, it can be an example of a mammal
that has succeeded in maintaining a long and healthy life.

2. Results

Confocal microscopy of a normal Wistar rat cardiac mitochondrial architecture in the vicinity of
nuclei revealed a very complicated mitochondrial network organized by tiny branched mitochondrial
filaments. Practically all cardiac nuclei were surrounded by a mitochondrial web, deeply penetrating
the body of the nucleus (Figure 1, Supplementary Video S1). These visually observed structures
were identified with a variety of mitochondrial dyes, at least one of these being potential-dependent
tetramethyl rhodamine methyl ester (TMRM). Mitochondrial dye nonyl acridine orange (NAO),
apparently interacting with mitochondrial cardiolipin independently of the existence of the membrane
potential (Supplementary Video S4), as well as Mitotracker Deep Red (not shown), revealed the
same peri(intra) nuclear mitochondrial network suggesting that these nuclear mitochondria are fully
functional. To exclude that these structures belong to sarcoplasmic reticulum non-specifically stained
with mitochondrial dyes, we used an approach of photo-induced oscillations of the mitochondrial
membrane potential [42]. Observed oscillations of a different part of the mitochondrial reticulum
including the peri(intra)nuclear part confirmed that these structures were mitochondria with maintained
membrane potential (Figure 2, Supplementary Video S2). However, in spite of obvious very deep
penetration of mitochondrial fluorescence images into the space occupied by the nucleus, the light
microscopic level approach did not allow us to discriminate mitochondria deeply invaginated in the
nucleus from those residing in the nucleoplasm. Subsequent electron microscopic study of the normal
cardiac myocyte was designed to resolve this question.

 
Figure 1. Variability of the mitochondrial architecture in the vicinity of nuclei in normal rat ventricular
cardiac myocyte was stained with the mitochondria-targeted probe tetramethyl rhodamine methyl
ester (TMRM; 200 nM). Confocal microscopy. Bright images represent energized mitochondria along
myofilaments of the heart cell. We used a pinhole of 150 mμ allowing one to observe tilted mitochondrial
chains spanning the cell, thus making an impression of the appearance and disappearance of these
chains. In some images, in order to reveal the peri(intra)nuclear mitochondrial network (arrows), the
detector gain was artificially enhanced, making the fluorescence of interfibrillar mitochondria saturated.
Scale: 5 mμ.
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Figure 2. Photo-induced oscillations of the membrane potential in mitochondrial clusters within cardiac
myocytes loaded with 200 nM TMRM. Colored arrows show some oscillatory elements at different
time intervals indicated in the upper-left corner (in seconds) of each confocal scan. The example at the
bottom shows periodic changes of the fluorescence intensity of TMRM in the region shown by the red
arrow. Scale: 5 mμ. Full-time series of this sample is presented in Supplementary Video S2.

Figure 3A–C represents three consecutive ultrathin sections of cardiac myocytes of a 3-month-old
Wistar rat. As shown in Figure 3A, three mitochondria were clearly visible inside the nucleus. The
mitochondria were not separated from the contents of the nucleus by the nuclear membrane, that is,
they, in fact, were located in the nucleoplasm. In the subsequent sections of this nucleus, the number
of mitochondria inside the nucleus was increased. In Figure 3B,C, the contents of the nucleus were
in direct contact with a mitochondrial cluster due to the partial absence of the nuclear membrane. It
should be noted that in Figure 3A,B, the nuclear area directly surrounding the mitochondria had a fine
fibrillar structure differing greatly from the granular structure in the main part of the nucleoplasm. In
this case, a fragment of cytoplasm containing mitochondria was supposed to enter the nucleus through
the open aperture in the nuclear membrane. Figure 4A,B show direct contact between a mitochondrial
cluster and nuclear structures in a cardiomyocyte of a 24-month-old OXYS rat. Furthermore, using
heart samples from a 3-month-old Wistar rat, we performed a three-dimensional reconstruction of a
part of the nucleus with the mitochondria present inside, showing the architecture of the chromatin and
nuclear membrane on the basis of the analysis of a sequential series of ultrathin sections for electron
microscopy (Figure 5 and Supplementary Movie 3).
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Figure 3. (A–C) Consecutive ultrathin sections from serial sections of a cardiomyocyte nucleus of a
3-month-old Wistar rat. Electron microscopy.

Figure 4. (A) Direct contact of a mitochondrial cluster with nuclear structures in a cardiomyocyte from
a 24-month-old OXYS rat. The area of contact is indicated by an arrow. (B) The local fragment of
the nucleus indicated by the arrows in Figure 4A. The nuclear membrane was absent, and individual
mitochondria were directly adjacent to the nucleoplasm.
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Figure 5. Serial micrographs of 12 sections over the nucleus of the cardiomyocyte of a 3-month-old
Wistar rat with mitochondria embedded in the nucleoplasm.

The main and very important argument is that this particular examined cell with the intranuclear
mitochondria was abnormal. However, this was not confirmed by the ultramicroscopic characteristics
of the nucleus and the cytoplasm surrounding this nucleus. We compared the ultrastructure of these
cells containing the obvious intranuclear mitochondria with ultrastructure of cells where intranuclear
mitochondria were missing and found no significant alterations indicating cell damage (Figure 6).

 
Figure 6. Ultrastructures of nuclei and cytosols of the rat heart tissue with cells, one of which
contained intranuclear mitochondria while the others did not. (A) Ultrastructure of cardiomyocytes
from a 3-month-old Wistar rat with mitochondria in the nucleus (upper cell) and without them (lower
cell). White arrows indicate condensed chromatin and black arrows indicate decondensed chromatin.
(B) Cytosolic ultrastructure of the 24-month-old OXYS rat cell with intra-nuclear mitochondria (cell 1)
and adjacent cells (cell 2 and cell 3), connected by intercalated discs (ID). Note that (B) is a low zoom of
the cardiac tissue containing the region depicted in Figure 4A,B in the manuscript.
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In the nuclei of cardiomyocytes with nuclear ruptures, chromatin was preferentially decondensed,
and the condensed chromatin was visible at nuclear periphery in close contact with the nuclear
envelope, around the nucleoli (perinucleolar chromatin), and inside the nucleoplasm. The blocks
of condensed chromatin in the nucleoplasm adjusting the nuclear envelope ruptures had elongated
shape, probably due to mechanical tension. The similar localization of condensed chromatin was
detected in the nuclei without nuclear envelope ruptures. This apparently mechanical deformation of
chromatin complexes was visible near nuclear envelope ruptures, indicating that nuclei were under a
strong pulling force action, which potentially could induce these ruptures. Decondensed chromatin
was not substantially modified, even in regions that were in direct contact with the mitochondria.
Thus, in the nuclear regions adjacent to broken nuclear membrane, the changes in chromatin were
minimal, whereas on the nuclear periphery far from these regions, the chromatin configuration was
not distinguished in both types of cells (Figure 6A).

As for the cytosolic ultrastructure of the cell with intranuclear mitochondria (Figure 6B),
the ultrastructure of myofibrils was conventional with regular position of isotropic and anisotropic
regions separated by a Z-line. Myofibrils are longitudinally oriented and densely packed. Sarcomeres
have a conventional size of 2–3 microns in length. Intercalated disks are not damaged with a typical
structure. The sarcoplasma is not swollen with mitochondria having a normal orthodox structure.

A more striking picture of a direct contact between mitochondria and structures of the nucleus
was found in a cardiomyocyte of a 5-year-old naked mole rat (Figure 7A,B). In this case, the sections
were made in such a way that the absence of the nuclear membrane was revealed along the entire
perimeter of the nucleus. The specific morphology of the nucleus was preserved despite the vast area
lacking the nuclear membrane. Figure 7B shows at higher magnification the mitochondrial group
indicated by arrows in Figure 7A. It is clearly seen that the mitochondria were in direct contact with
the intranuclear structures. The analysis of serial sections of this nucleus (Figure 8) revealed that
mitochondria did not form a continuous layer contacting the contents of the nucleus. There were some
nuclear areas directly adjacent to myofibrils (indicated by the arrow, Figure 8, section h).

 
Figure 7. (A) Direct contact of mitochondria with nuclear structures in a cardiomyocyte from a
5-year-old naked mole-rat. In this section, the nuclear membrane was absent along the entire perimeter
of the nucleus. Arrow 1 shows the cytoplasm with organelles including mitochondria was located
inside the nuclear invagination. Arrow 2 shows the nuclear membrane of the nucleus invagination.
(B) A group of mitochondria shown by arrow 3 in Figure 7A at high magnification. Mitochondria were
in direct contact with nuclear structures and were submerged in the nucleoplasm.
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Figure 8. Serial of consecutive sections of the nucleus of a cardiomyocyte (from a to i with the thickness
of each section ~500 Å) from the 5-year-old naked mole-rat presented in Figure 7A. Arrows in sections
a and h point to the same area of the nucleus, proving that mitochondria did not form a continuous
layer contacting the nuclear contents. In section a, the mitochondria were in direct contact with nuclear
structures, whereas in section h, there was direct contact of nuclear content with adjacent myofibrils.

The statistical analysis of the occurrence of mitochondria in cardiomyocyte nuclei showed that,
on average, the percentage of nuclei with mitochondria was roughly around 1%, and it did not show
age and species dependency (see Supplementary Table S1).

3. Discussion

The presence of mitochondria in the nuclei was claimed more than 50 years ago [1–3], but the
objects used for these studies belonged to pathological tissues. This was the reason to assign such
a feature to a pathological symptom. In addition, these data were criticized due to the poor quality
of the sample and the possibility of artifacts caused by improper treatment of the sample as part
of the electron microscopic technique. Penetration of mitochondria into the nucleus as a result of
mechanical tissue damage occurring during fixation was discussed by Takemura et al. [10], who found
mitochondria in nuclei of myocardial cells taken from patients with various cardiac diseases. However,
mitochondria were found in the nucleus of cultured cells, where, due to specific fixation techniques,
mechanical damage did not occur.

A reasonable explanation of the presence of mitochondria inside a nucleus was improper execution
of mitosis. However, this explanation was not suitable for cardiac myocytes, which belong to postmitotic
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cells. Several other observations have recently been made that disprove the assertion that invasion of
mitochondria to the nucleus occurs when the nuclear membrane is disassembled during mitosis [23–26].

Confocal microscopy revealed mitochondrial organization in the vicinity of a nucleus, which
was different from the well-known interfibrillar and subsarcolemmal mitochondrial population.
Mitochondrial web consisting of thin branched filaments covering all peri(intra)nuclear space was
typical for all explored normal nuclei of isolated rat ventricular cardiac myocytes. 3D reconstruction of
the space occupied by a nucleus demonstrated deep sprouting of mitochondrial filaments into this
space (see Supplementary Movie 1). All mitochondrial filaments were fully functional because they
were stained with membrane potential sensitive dye and specific mitochondrial marker cardiolipin, and
responded to photoexcitation by the partially reversible oscillations of the mitochondrial membrane
potential (see Supplementary Movie 2).

Using electron microscopy, we concluded that there was direct contact between mitochondrial
clusters and nucleoplasm in cardiomyocytes of the healthy rodents: 3-month-old Wistar rat,
24-month-old OXYS rat, and 5-year-old naked mole rat. Serial ultrathin sections of the same nucleus
showed that, depending on the section level, it was possible to observe mitochondria either inside of
the closed nucleus or inside of the open nucleus partially devoid of the nuclear membrane. Statistics
showed that 1–2% of nuclei present on ultrathin sections of cardiomyocytes contained mitochondria.
Our findings are in line with the findings of a Norwegian research group who reported mitochondria
in 2–3% of cardiomyocyte nuclei in a patient with rheumatic heart disease [8]. The observations,
first made already in the middle of the 20th century of mitochondria inside a nucleus, are no longer
considered an artifact of electron microscopy technique [42]. On the basis of a great number of
immunofluorescence assays in which brief disruption of the nuclear membrane in interphase nuclei
was observed in association with various diseases and abnormal conditions [18,22–25] as well as in
healthy cells [26,43], the presence of mitochondria in the nucleoplasm is usually considered as a result
of catastrophic loss of the barrier function of the nuclear membrane that might be a contributing factor
of disease progression [44]. In some reports, the penetration of mitochondria into the nucleus was
believed to occur due only to a mechanical process [12,44]. It was suggested that the constant contractile
function in cardiomyocytes contributes to the penetration of mitochondria into the nucleus through
a pathology-weakened nuclear membrane. However, in this study, we showed that mitochondria
appeared in the nucleus of normal cardiomyocytes. On the basis of the 3D reconstruction of a part of the
cardiomyocyte with nuclei-containing mitochondria, we conclude that the nuclear membrane could be
absent in the extensive nuclear region and that it is represented by patches. In all our cases, we describe
the presence of mitochondria in nuclei having open configuration without nuclear membrane resealed.

We were unable to answer the question of how specific this discovered phenomenon is for
cardiomyocytes. There is evidence that the nuclear membrane undergoes structural changes during
mechanical action, which are expressed in local loss of the nuclear envelope integrity [45,46]. This
was especially well-observed in the example of migration of cancer cells through narrow holes
that led to deformation of the nuclei combined with local breaks of the nuclear membrane [25],
which allowed simulating the situation by direct physical actions on the cell [47,48]. Thus, chronic
mechanical effects on the cell nucleus [49], associated with contractile activity of the heart, could be
the cause of similar changes in the structure of the nucleus, leading to local damage/elimination of
the nuclear envelope. Cardiomyocytes are cells chronically exposed to a deforming challenge, with
mitochondria changing their shape under a normal cardiomyocyte twitch, caused by the dynamic
force-balance inside cardiomyocytes and by changes in the spatial stiffness characteristics [50]. A similar
mechanotransduction at the nuclear level was observed in endothelial cells a priori exposed to a
chronic shear stress [51].

In 2016, Zhao et al. were the first to study the functional significance of nuclear membrane
remodeling in interphase nuclei during erythropoiesis in mice [26]. They showed that this process is
not accompanied by a dramatic release of nuclear components into the cytoplasm leading to the loss of
cell functions and cell viability, as previously supposed [44]. They showed that the dynamic nature
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and cyclic repetition of nuclear opening are essential for normal differentiation, ensuring the release of
nuclear histones into the cytoplasm for chromatin to be condensed during terminal erythropoiesis.
They showed that the release of histones into the cytoplasm is a selective process, and that non-histone
nuclear proteins stay inside the nucleus. The released nuclear histones accumulate around the open
fragment of the nucleus, performing a protective function, blocking the release of non-histone nuclear
proteins, and supporting nuclear/cytoplasmic compartmentalization.

We suppose that local nuclear membrane disassembling, which we observed in cardiomyocytes,
as well as subsequent contact between mitochondria and nuclear contents, are of functional significance.
Unfortunately, at present, it is impossible to trace the fate of such nuclei and cardiomyocytes containing
them. However, during terminal erythropoiesis, Zhao et al. [26] proposed the necessity of the nuclear
opening process. As follows from the ultrastructural picture of open nuclei in erythroblasts presented
by those authors, the contact between nuclear and cytoplasm components along relatively large
areas of the nucleus lacking the nuclear membrane does not lead to cell pathology or apoptosis. In
this connection, it is important to mention reports in which authors discovered the direct contact of
mitochondria with nuclear components in Ciona internalis oocytes [52], as well as with nucleus-like
bodies in Rana pipiens oocytes [53], and authors have even described special filaments mediating the
association of mitochondria with nuclear structures.

It seems that so-called open nuclei, as well as the presence of mitochondria inside nuclei,
are a natural and common biological phenomenon related to mitochondrial/nuclear interactions.
In eukaryotic cells, mitochondria take part in intracellular regulations mediated by cross-talk between
mitochondria and the nucleus. This interaction is represented by anterograde (nucleus–mitochondrion)
and retrograde (mitochondrion–nucleus) signaling [32]. This cross-talk includes exchange by ATP/ADP,
regulatory proteins and genetic material going in both directions. Bidirectional transport of genetic
material is of primary interest for molecular biologists due to its high relevance to the evolution of
eukaryotic genomes [27–29] and the occurrence of diseases through regulation of gene expression,
possibly by non-coding RNAs originating both from mitochondria [32] and nuclei [31–34,54–57]. The
so-called “escape” of nucleic acids from nuclei and mitochondria [58] seems to be part of a well-designed
strategy of communication of genomes rather than being an occasional stochastic process. Shortening
the distance between genomes will not only facilitate their interaction but also reduce the probability
of degradation; in particular, cytosolic nucleases and penetration of mitochondria in the nucleus might
serve this strategy.

4. Materials and Methods

Animals: 3- and 24-month-old male senescence-accelerated OXYS and Wistar rats were obtained
from the Shared Center for Genetic Resources of the Institute of Cytology and Genetics (ICG), Siberian
Branch of the Russian Academy of Sciences (Novosibirsk, Russia). The OXYS rat strain was established
on the basis of the Wistar rat strain at the Institute of Cytology and Genetics, as described earlier [59],
and registered in the Rat Genome Database (http://rgd.mcw.edu/). At the age of 4 weeks, the pups
were taken from their mothers, housed in groups of five animals per cage (57 × 36 × 20 cm), and kept
under standard laboratory conditions (at 22 ± 2 ◦C, 60% relative humidity, and natural light), provided
with standard rodent food, PK-120-1, Ltd. (Laboratorsnab, Russia). Naked mole rat colonies were
maintained at the Leibniz Institute for Zoo and Wildlife Research, Berlin, Germany, in an artificial
burrow system with plexiglass tunnels and boxes. The system was heated to 26–29 ◦C with constant
humidity of 60–80%. The chambers contained wood bedding, twigs, and unbleached paper tissue.
Fresh food was given daily ad libitum. It included sweet potatoes, carrots, fennel, apples, a cereal
supplement containing vitamins and minerals, and oat flakes. The local ethics committee of the
“Landesamt für Gesundheit und Soziales”, Berlin, Germany (#ZH 156), approved sampling.
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4.1. Cardiac Myocytes Isolation

Ventricular cardiac myocytes used in the study were isolated from adult Wistar rats (2–4 mo old)
by a standard enzymatic technique [60] through initial perfusion of hanged isolated heart with
the medium containing collagenase type II and subsequent breakage of digested heart pieces by a
gentle pipetting and transfer to media with growing Ca2+ content. Final HEPES-buffered solution
contained (in millimoles per liter) 137 NaCl, 4.9 KCl, 1.2 MgSO4, 1.2 NaH2PO4, 15 glucose, 20 HEPES,
and 1.0 CaCl2, pH 7.4.

4.2. Confocal Microscopy

Myocytes were loaded with dyes for >20 min on a glass-bottom Petri dishes, incubated in
HEPES-buffered solution (same composition as the storage solution) at 23 ◦C, and imaged with a
LSM-510 inverted confocal microscope using a Plan-Neofluar 63 ×/1.25N.A. oil immersion lens (Carl
Zeiss Inc., Jena, Germany). Scans were recorded in a single channel mode with excitation at 543 nm (for
tetramethyl rhodamine methyl ester (TMRM; Molecular Probes, Inc., Eugene, OR, USA), nonyl acridine
orange (NAO; Sigma-Aldrich, St. Louis, MI, USA), and mitotracker Deep Red (MTDR; ThermoFisher
Scientific, Waldham, MA, USA)), collecting simultaneous fluorescence emission with LP560, LP 505,
and LP650 nm, respectively. The confocal pinhole was set to obtain spatial resolutions of 0.4 μm in
the horizontal plane and 1.0 μm in the axial dimension. Image processing was performed using Fiji
software (U.S. National Institutes of Health, Bethesda, MD, USA). Frame scan along z-direction was
performed to cover the entire space occupied with nuclei, which was identified as space of a spheroid
shape (usually two per cell) poor in mitochondria. Time series mode along a single x–y plane was
performed with 5 s intervals between scans.

4.3. Electron Microscopy

For electron microscopic investigation, samples were fixed with 3% glutaraldehyde solution
(pH 7.4) for 2 h at 4 ◦C, over-fixed with 1% osmium tetraoxide solution for 1.5 h, and then dehydrated
in alcohol series with increasing alcohol concentrations (70% alcohol was saturated with uranyl acetate).
The samples were embedded in Epon-812 epoxy resin. Serial ultrathin sections were made with a
Leica ULTRACUT UCT microtome and stained by lead according to Reynolds [61]. The resulting
preparations were scanned and photographed using a JEM-1400 electron microscope (JEOL, Japan).

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4409/9/3/712/s1:
Video S1. 3D reconstruction of the mitochondrial network from rat ventricular cardiac myocyte stained with
the tetramethyl rhodamine methyl ester (TMRM). Video S2. Timeseries of the mitochondrial network from rat
ventricular cardiac myocyte stained with tetramethyl rhodamine methyl ester (TMRM). Video S3. 3D reconstruction
of the mitochondria from ultrathin sections from serial sections of a cardiomyocyte nucleus of a 3-month-old
Wistar rat. Video S4. 3D reconstruction of the mitochondrial network from rat ventricular cardiac myocyte stained
TMRM. Table S1. The frequency of mitochondrial appearance in nuclei of cardiomyocytes of Wistar, Oxys and
naked mole rats of different ages.
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Abstract: Elucidation of the mitochondrial regulatory mechanisms for the understanding of muscle
bioenergetics and the role of mitochondria is a fundamental problem in cellular physiology and
pathophysiology. The cytoskeleton (microtubules, intermediate filaments, microfilaments) plays
a central role in the maintenance of mitochondrial shape, location, and motility. In addition,
numerous interactions between cytoskeletal proteins and mitochondria can actively participate
in the regulation of mitochondrial respiration and oxidative phosphorylation. In cardiac and
skeletal muscles, mitochondrial positions are tightly fixed, providing their regular arrangement and
numerous interactions with other cellular structures such as sarcoplasmic reticulum and cytoskeleton.
This can involve association of cytoskeletal proteins with voltage-dependent anion channel (VDAC),
thereby, governing the permeability of the outer mitochondrial membrane (OMM) to metabolites,
and regulating cell energy metabolism. Cardiomyocytes and myocardial fibers demonstrate regular
arrangement of tubulin beta-II isoform entirely co-localized with mitochondria, in contrast to other
isoforms of tubulin. This observation suggests the participation of tubulin beta-II in the regulation of
OMM permeability through interaction with VDAC. The OMM permeability is also regulated by
the specific isoform of cytolinker protein plectin. This review summarizes and discusses previous
studies on the role of cytoskeletal proteins in the regulation of energy metabolism and mitochondrial
function, adenosine triphosphate (ATP) production, and energy transfer.

Keywords: heart; cytoskeletal proteins; mitochondria; energy metabolism; mitochondrial interactions;
plectin; tubulin beta; signaling

1. Introduction

Cells are highly organized units with multifaceted functional and structural interactions between
various subcellular systems. A large number of studies provides strong evidence that elucidating
individual organelles alone is not sufficient, and only systemic approaches must be applied for
understanding intracellular signaling pathways and crosstalk between subcellular organelles. This may
involve a “systems biology” approach and combinations of several most modern technologies such
as genetic manipulations, live cell imaging, mathematical modelling, etc. In high oxygen consuming
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organs like the heart, energy supply (ATP) is provided by mitochondria in the reactions of oxidative
phosphorylation (OXPHOS). Notably, mitochondria actively interact with other subcellular organelles
and systems like cytoskeleton and sarcoplasmic reticulum (SR) [1–12]. Many cytoskeletal elements
play a vital role in the structural and functional organization of mitochondria, including mitochondrial
shape and morphology, dynamics, motility, and mitosis [13–17]. Most importantly, the interaction
of mitochondria with some cytoskeletal proteins and their connections to voltage dependent anion
channel (VDAC) can be involved in the coordination of mitochondrial function [18–23] (Figure 1).
In the heart, mitochondrial bioenergetics and oxygen consumption are linearly dependent on the
cardiac contractile activity [24,25] at rather stable concentration of the main mitochondrial regulator
adenosine diphosphate (ADP), which is a central element in mitochondrial physiology. The exact
mechanisms of how mitochondria precisely respond to the heart energy demand remained unknown
for a long time and require further investigations. A growing body of evidence shows that the
cells contain intracellular metabolic micro-compartments provided by multidirectional mitochondrial
interactions with other subcellular organelles and macromolecules, in particular, specific cytoskeletal
proteins [26–34]. In this review, we summarize and discuss previous studies that provide strong
evidence for the role of cytoskeletal proteins, in particular, tubulin beta-II and plectin 1b, in the
regulation of mitochondrial bioenergetics and energy fluxes via the energy-transferring supercomplex
VDAC-mitochondrial creatine kinase (MitCK)-ATP-ADP translocase (ANT) under physiological and
pathological conditions.

Figure 1. The central roles of cytoskeleton and its interactions in mitochondrial and entire cell physiology.

2. Historical Retrospective

The heart is a high oxygen consuming and ATP demanding organ with a large number of
mitochondria that occupy ~30% of cardiac cell volume. Besides supplying the cardiac tissue with ATP,
mitochondria play an important role in cell signaling, differentiation and growth, as well as in the
maintenance of the cellular redox system, ion homeostasis, and cell death, actively communicating with
other cellular systems like SR and cytoskeleton. The presence of micro-compartmentation of ATP and
ADP (i.e., their high local concentrations at mitochondria and close to myofibrils) was evident from the
observations that cellular bulk concentrations of ATP and ADP are relatively constant, independently
of changes in heart workload. Interestingly, the total ischemia or anoxia quickly stops heart contractility
while cellular bulk ATP concentration decreases by only ~5% under these conditions. Furthermore,
the free cellular concentration of ADP in the heart (usually ~20 μM) cannot be higher than 50 μM,
otherwise it will eventually lead to the increased left ventricular end diastolic pressure and thus, to the
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cardiac rigor super-contracture. On the other hand, the full activation of mitochondrial respiration
requires at least 250–300 μM of ADP in isolated mitochondrial preparations. The detailed mechanisms
of precise matches and synchronizations of mitochondrial respiratory function and heart contractility
(excellently tuned cellular energy production and demand) still remain unclear and are under active
investigation by several groups [27,28,30–34]. Apparently, mitochondria–cytoskeleton interactions
play a certain role in these crosstalk mechanisms.

The pioneering work of Denton and McCormack in the 1980s [35] followed by other studies [36]
proposed that intramitochondrial Ca2+ can activate the dehydrogenases involved in the tricarboxylic
acid cycle and lead to upregulation of electron transfer chain (ETC) and OXPHOS, associated with
high ATP production [35,36]. This metabolic regulation of mitochondrial bioenergetics by Ca2+

is known as a “parallel activation model” in the heart. According to this theory, increased cardiac
contractile function and energy demands both are achieved by the increased cytosolic and mitochondrial
Ca2+ with the involvement of several Ca2+ carriers. As a result, increased matrix Ca2+ stimulates
mitochondrial dehydrogenases, mitochondrial function, and ATP production to match the increased
energy consumption by myofibrils. Notably, these processes are shown to be strongly tissue specific [36].

For a long period of time, mitochondrial function was investigated mostly using isolated
mitochondria in vitro. The apparent Michaelis constant (appKm) for the main mitochondrial substrate
ADP in Michaelis–Menten equation is an important parameter of mitochondrial respiratory function,
which can be obtained from the respiratory ADP kinetics. This parameter reflects the affinity
of mitochondrial respiration to ADP and the permeability of the outer mitochondrial membrane
(OMM). For many types of isolated mitochondria, this parameter was in a range of 10–30 μM [37,38].
These types of studies, however, resulted in the loss of the mitochondria-cytoskeleton interactions
that are important for the control of metabolites transport in mitochondria, and for the regulation of
the mitochondrial respiratory function. In vivo or in situ measurements of mitochondrial respiration
(e.g., in permeabilized cells) could also be essential [39,40].

Kummel [41] and several other researchers [42–45] discovered the functional differences between
isolated mitochondria in vitro and non-isolated mitochondria in situ (in permeabilized cardiac cells or
muscle fibers). It has been found that appKm for external ADP, which is important for regulation of
mitochondrial respiratory function, is significantly different in vitro and in situ mitochondria [42,44,45].
Therefore, instead of isolated mitochondria, myocardial fibers or cardiac cells permeabilized by digitonin
or saponin were effectively used for the characterization of mitochondrial energetics in studies from the
Saks group among others [42–45]. This approach allows avoiding mitochondrial isolation, and therefore
has a number of serious advantages, most importantly, preserving mitochondrial contacts with other
subcellular structures and systems, including the cytoskeleton [39]. Surprisingly, the appKm for ADP
for mitochondria in situ was found to be about 300–400 μM [43–46], which is very different compared
to isolated mitochondria. Importantly, the mild proteolytic treatment, e.g., with trypsin, significantly
decreased appKm for ADP in permeabilized preparations almost to the value of in vitro, isolated
mitochondria [26].

All these observations pointed to the involvement of cytoskeletal proteins as primary
candidates in the control of mitochondrial respiratory function. Imaging analysis (fluorescence
and immunofluorescence confocal microscopy) of cardiac cells and muscle fibers by using specific
mitochondrial markers and various antibodies revealed full colocalization of mitochondria with
cytoskeletal protein tubulin beta-II, suggesting its structural and functional interactions with
mitochondrial VDAC [22,32,46,47]. Notably, in HL-1 cardiac cells that are devoid of tubulin beta-II,
mitochondrial respiratory behavior and sensitivity to ADP (appKm) were similar to that of isolated
mitochondria [47]. More recently, respirometrical and imaging analyses demonstrated that plectin
1b isoform is associated with mitochondria [48], which like tubulin beta-II, can also control the
permeability of the OMM and thereby, modulate mitochondrial function. In favor of this, cardiac and
muscle tissues from plectin 1b knockout mice showed severe mitochondrial changes and reversed
sensitivity to ADP as evidenced by decreased appKm [48].
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3. The Role of Cytoskeleton in the Mitochondrial Intracellular Organization, Shape Morphology
and Dynamics

In various cells, mitochondria are associated with the three major cytoskeletal structures
microtubules, intermediate filaments (IFs) and microfilaments [49–55]. It is known that specific
cytoskeletal proteins are central for the mitochondrial morphology, dynamics, motility, intracellular
traffic and mitosis [2,6]. Mitochondria can be associated with the actin-network and could be either
anchored on cytoskeletal filaments or shaped by the forces (mechanical factors) generated by actin
(see references in Section 8 “Cytoskeletal-Mitochondria Interactions in Pathology”). Microtubules are
considered to be primary tools for mitochondrial transport [55,56]. However, actin is also required for
short-distance mitochondrial activities as well as for the immobilization (anchorage) of mitochondria
that may be important for holding these organelles at sites of higher energy demands. Moreover,
some mutations in actin or actin-binding proteins may affect mitochondrial mechanisms leading to cell
death [53]. Actually, mitochondria-actin interactions have been shown to be involved in apoptosis.

In cardiomyocytes, accumulation of intermyofibrillar mitochondria is observed at the vicinity
of t-tubular network and separated by sarcomeric Z-lines in sarcomeres, that can be labeled by
α-actinin immunofluorescent staining (Figure 2A–C) [32,33,48]. Many specific proteins that regulate
mitochondrial intracellular localization, organization, shape/morphology, dynamics, and motility
have been discovered [13–17,57]. Mitochondrial shape under physiological conditions usually
needs the attachment of the organelles to cytoskeleton elements as the internal scaffolding system.
Various mitochondria-shaping proteins have been identified and significant alterations in mitochondrial
morphology and/or intracellular organization were observed in specific mutants [53]. Several special
proteins can be responsible for the control of the mitochondrial shape through interactions of
mitochondria to the cytoskeleton, while others can be responsible for the formation of connections
between the OMM and inner mitochondrial membrane (IMM). The formation of the regular tubular
shape of mitochondria normally needs several OMM proteins such as Mmm1p, Mmm2p, Mdm10p
and Mdm12p as well as the IMM proteins Mdm31p and Mdm32p [57–62]. In mutants lacking any of
these proteins, mitochondrial tabulation and elongated and branched shapes of tubules may disappear,
and mitochondria can be then organized into big clusters of spherical shape. It has been shown that
Mmm1p, Mdm10p, and Mdm12p can form the specific MMM complex, which, in cooperation with
Mmm2p, Mdm31p, and Mdm32p proteins, stimulates formation of tubular mitochondria. This complex
can be involved in the attachment of mitochondria to actin, interacting also with other cytoskeletal
scaffolding systems. Mitochondrial morphology, the IMM and cristae shapes of mitochondria can also
be regulated by Mdm33p, Gem1p, mitofilin [63,64], and ATP synthase [65].

(A) (B) (C) 

Figure 2. Simultaneous fluorescent and immunofluorescent confocal imaging analysis of mitochondria
and sarcomeric Z-line (actinin) tubulin beta-II in rat cardiomyocyte. (A): Z-line (actinin);
(B): Mitochondria; (C): Merge image. Scale bar, 5 μm.
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In many cell types (mammals, yeast, etc.), the two opposing mitochondrial fission and fusion
processes are regulated by various specific proteins [17,66–75]. Mitochondrial fusion and fission are
regulated by the dynamin family GTPases [17]. Dynamin-related protein 1 (Drp1 or DLP1) [70,71] and
mitochondrial fission 1 protein (Fis1/hFis1) participate in mitochondrial fission [72], whereas mitofusin
1 (Mfn1) and 2 (Mfn2), and optic atrophy protein 1 (OPA1) in mammalian cells regulate mitochondrial
fusion [66–69,74]. Importantly, both cytoskeletal microfilaments and microtubules can be involved
in the recruitment of Drp1 to mitochondria [70]. Fission–fusion shifts can frequently occur under
various stressful conditions (oxidative stress, ischemia-reperfusion injury, etc.) [69,75–79], representing
also an early event in the mitochondria-dependent programmed cell death (apoptosis) [80–82].
Cardiac ischemia-reperfusion injury (IRI) and post-infarction heart failure has been shown to increase
mitochondrial fragmentation due to alterations in the expression and post-translational modifications
of mitochondrial fission-fusion proteins [77,79]. The interactions of mitochondria with the cytoskeleton
can be critical for the accumulation of mitochondria in specific cellular regions and mitochondrial
movement can provide a local energy production at sites of higher ATP demands [83–86]. Mitochondrial
movement (transport along microtubules), well known in neurons, is based on the several specific motor
proteins such as the kinesin family of mitochondria-bound proteins and on the interactions with other
cytoskeletal microtubules-dependent proteins [84–87]. In contrast, in cardiac cells, mitochondria are
strongly fixed between myofibrils (intermyofibrillar mitochondrial subpopulation), which is absolutely
obligatory for the normal organ contractile function.

Myosin V additionally contributes to organelle transport along actin networks. It has been
shown that several protein kinases as well as the phosphorylation of certain proteins of microtubules
can be involved in mitochondria-cytoskeleton crosstalk through interactions with mitochondrial
membranes. In addition, phosphatidylinositol 3-kinase signaling pathways are also important for
motility of mitochondria [85,88]. The proteins that arrange a link such as motor molecules-mitochondria,
motor-independent motilities, and anchorage of mitochondria at cortical sites provide a connection
between mitochondria-cytoskeleton interactions and mitochondrial flexibility [88]. The proper
coordination of the mitochondrial dynamics is important for normal functioning of mitochondria,
and mutations in the proteins that control the mitochondrial dynamics result in human diseases [69,79].
Notably, mitochondrial morphology, intracellular arrangement, and specific proteins involved in the
mitochondrial dynamics are extremely cell-tissue specific [89]. Finally, mitochondrial interactions with
the cytoskeleton network are shown to be important not only for the control of their morphology,
dynamics, and organization, but also for the regulation of the entire energy metabolism [90] and OMM
permeability to metabolites [2], as well as overall mitochondrial physiology [91]. The entire cytoskeleton
and specific cytoskeletal proteins can contact mitochondria to control the OMM permeability to ADP
and regulate OXPHOS, the main function of mitochondria.

4. Cytoskeleton and Mitochondria-SR Interactions

Mitochondria play a central role in cell life and cell death and mediate a myriad of intracellular
pro-survival and pro-death signaling pathways [92]. Several physiological mechanisms need precise
interactions between various subcellular organelles, like plasma membrane, nucleus, mitochondria
and SR. In myocardium, Ca2+ released from SR and Ca2+ cycling plays a fundamental role in the
excitation–contraction coupling, as well as in the interactions of different cytoskeletal elements with
mitochondria. Overall, the function of the heart, Ca2+ homeostasis, and excitation–contraction coupling
vitally depend on the ATP production by mitochondrial OXPHOS. On the other hand, mitochondrial
Ca2+ overloading can damage mitochondria, reducing ATP production, leading to ROS generation,
oxidative stress and various cardiac injuries (for more details, see Section 8).

Some dense structures were frequently observed between the OMM and SR or T-tubules that can
link these systems [3,93]. The communications and interactions of subcellular organelles are based
on the vesicular trafficking and membrane contact sites important in Ca2+ homeostasis and lipid
metabolism. These tight interactions and contacts permit cells and their specific compartments to
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adapt them to the different conditions [3]. It has been proposed that such contacts are essential for the
transport of lipids (phospholipids) as well as for the overall cellular Ca2+ homeostasis via the complex
formed by VDAC and inositol 1,4,5-trisphophate receptors, managing vital cellular processes like
contraction, secretion, cell growth, proliferation, apoptosis, etc. [94]. Specific elements of cytoskeleton
can be associated with L-type Ca2+ channel, and regulate its activity and mitochondrial function,
mediating mitochondrial membrane potential [95].

It has been demonstrated that the distances between membranes of organelles assessed by
electron microscopy are relatively small, and allow to create structural contacts between proteins of
these membranes. This regulates organelle–organelle interactions, restructuring the mitochondrial
morphology and network together with Ca2+ handling under physiological conditions. The membrane
contact sites (mitochondria-associated membranes) occur in response to various mitochondrial or
SR stresses (autophagy, apoptosis, inflammation) [96–98], as well as in several diseases associated
with changes in mitochondrial dynamics machinery [99]. They may also play an important role in
various diseases such as neurodegenerative diseases, diabetes, infection diseases and cancer [100].
Mitochondria-SR contacts have been shown to be involved in the mitochondria–cytoskeleton
interactions, regulating mitochondrial dynamics, including mitochondrial fusion and fission
processes [96]. On the electron micrographs, such contacts look like SR tubules closely faced
to mitochondria.

5. Possible Role of the Intermediate Filaments Proteins Desmin and Vimentin in the Regulation
of Mitochondrial Bioenergetics

Cardiac and skeletal muscle cells contain intracellular network that tightly regulates myofibrillar
activity and maintains muscle contraction/relaxation. The synchronization of the basic contractile
element, sarcomere, involves well-organized filament structures that include myosin (thick structure),
actin (thin structure), nebulin, and titin [101]. It is connected to other subcellular organelles such as the
nucleus and mitochondria. As a result, the multiorganelle network operates as a platform for general
cellular integrity/stability, also governing mitochondrial function, shape, and intracellular organization.
The contractile machinery represents a complex network, all three members of which (microtubules,
IFs and microfilaments) are associated with mitochondria [49–54]. IFs are considered as the main
protectors against various stresses such as oxidative stress, toxic injury, apoptotic stimuli, etc. [91].
They also play an important role in cell growth/differentiation, bioenergetics, cellular signaling and
cells relocation. IFs have the ability to be polymerized and their mechanical properties and richness can
change in response to pathological stimuli. IFs maintain the cell integrity and thus play an important
role in protein targeting and inter-organellar interaction. Mitochondrial function and subcellular
organization may be regulated by IFs proteins as shown for IFs desmin, vimentin and some other
proteins [30,34,102,103]. Also, intracellular locations of Golgi can be regulated by IFs.

In the cell, the desmin cytoskeleton is responsible for the proper mitochondrial positioning
and shape. It may also regulate the formation and stabilization of mitochondrial contact sites.
Desmin is present in cardiac, skeletal and smooth muscle cells, in particular, in dense bodies,
nearby the nuclei, close to the Z-line and costameres. It can be upregulated during muscle adaptations
as well as in myopathies, muscle degeneration, and drug treatments [102]. Desmin has been
suggested to participate in the regulation of myofibrillogenesis, mechanical support of the muscle
cells, mitochondrial localization, gene expression and intracellular signaling. It can interact with actin,
tubulin, plectin (cytolinker protein) and dynein (motor protein). IFs, like microtubules (see above),
were suggested to have a significant impact on mitochondrial morphology, as well as cellular
organization and functions in different mammalian cell types. Changes in their interactions can
lead to various human diseases [104,105]. Several studies with desmin-deficient (desmin-null)
mice [30,34,102] have demonstrated the importance of desmin in subcellular distribution and respiratory
function of mitochondria. Ultrastructural studies of cardiomyocytes from desmin-null models showed
mitochondrial proliferation that was elevated in response to increased workload. Cardiac and skeletal
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muscles of desmin-null mice exhibited significant changes in the morphology and intracellular
organization of mitochondria [30,34].

Mitochondrial alterations in desmin-null muscles were associated with decreased maximal rate
of respiration (ADP-stimulated rate of oxygen consumption). Also, the lack of the coupling between
MitCK and ANT observed in desmin-null models [22,31,33,106–108] indicates alteration of intracellular
energy transfer [22,31,33,92]. In addition, the decrease in mitochondrial respiration was associated
with the decline of the appKm for ADP in permeabilized cardiac fibers of desmin-null mice. These data
show that desmin can participate in the regulation of the mitochondrial VDAC, directly or via a
desmin-associated cytolinker protein plectin. In contrast, mitochondrial function and appKm for ADP
in permeabilized fibers from skeletal glycolytic muscles were not seriously affected in the absence
of desmin [30]. Proteomic analysis of cardiac mitochondria isolated from desmin knockout mice
has demonstrated alterations in various metabolic processes such as apoptic pathways and Ca2+

cycling. The changes in VDAC expression suggested a connection between the desmin-determined
cellular organization and mitochondrial energy metabolism [30,34]. Cardiac and skeletal muscles
of aggregation-prone desmin mutant L345P mice exhibited significant changes in morphology of
mitochondria and Ca2+ handling. Al these studies proposed that desmin directly or indirectly can
participate in the regulation of mitochondrial function.

Several studies suggested that the cytoskeletal IF protein vimentin, like dismin, can also regulate
mitochondrial bioenergetics [103]. Like desmin, vimentin can interact with mitochondria [103,109,110]
and modulate their shape/morphology, intracellular organization and dynamics [103]. Vimentin-null
cells displayed lower mitochondrial membrane potential, which was recovered by adding of external
vimentin [110]. The cytolinker protein, plectin, which is expressed ubiquitously, participates in
mitochondria–vimentin interaction [109]. Its specific mitochondrial isoform plectin-1b has been
suggested to bind vimentin to mitochondria. Thus, desmin, vimentin, and plectin-1b are critical
for functional and structural interactions between the cytoskeleton and mitochondria that regulate
mitochondrial function. It should be noted that the direct involvement of desmin and vimentin in
mitochondrial bioenergetics and physiology is still debated.

6. The Role of Tubulin in the Regulation of Mitochondrial Bioenergetics and Metabolism

In oxidative muscles, mitochondria are organized into functional complexes with myofibrils
and SR, and create specific intracellular energetic units [32,33,111,112]. Energy crosstalk within
these units provides facilitated diffusion of ADP, metabolic micro-compartmentation and channelling
by the local energy transfer network [31,33] which includes creatine kinase and adenylate kinase.
The microtubules are mostly composed of tubulin; their assembly and function are regulated by the
microtubule associated proteins kinesin and dynein. In many cell types and tissues, mitochondria
typically show an intracellular distribution matching the microtubular organization [32,113].

In the heart, tubulins form a network which, together with plectin, desmin, and microfilament
proteins (actin), creates a precise structural organization of cardiac cells. This organization is
essential to sustain the cardiac contractile function, as well as for the regulation of energy supply
and demand [19,21–23,101,113–115]. It is known that tubulin in vivo is dynamic, undergoing
assembly/disassembly processes due to interchanges between its subunits. The microtubule units
are formed by alpha and beta tubulin heterodimers [116]. In cardiomyocytes, about 70% of total
tubulin is present in the polymerized form as microtubules, whereas 30% occurs as a non-polymerized
cytosolic heterodimeric protein [117–119]. Many chemical agents that depolymerize microtubules
can significantly change mitochondrial intracellular organization [53,113]. Similar alterations in
mitochondrial localization and motility were also found in cases of actin-encoding gene mutations
demonstrating a possible role of the actin cytoskeleton [55,56]. Interestingly, after the complete
dissociation of the microtubular system by colchicine, tubulin is still present in permeabilized
cardiomyocytes, possibly due to the association with other cytoskeletal elements [2,120]. In 1990,
Saetersdal et al. [114], for the first time, reported a possible connection of β-tubulin isotype to the OMM
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using microscopy and immunogold labelling of cardiac muscle cells. Furthermore, immunoprecipitation
analysis has demonstrated direct association of tubulin with mitochondrial VDAC [121], confirming
earlier suggestion of direct interconnections between microtubules and OMM [21]. Moreover, it was
found that the addition of isolated dimeric tubulin induces closed state of VDAC, restoring the low
permeability of the OMM, thereby, increasing appKm for ADP [19,20,121–124].

The ANT is less accessible to externally added ADP in permeabilized cardiac cells or oxidative
muscle fibers than that in isolated mitochondria [40–43] (see Section 2). Regulation of the OMM
permeability by VDAC channelling has two major functions. First, it controls mitochondrial respiration
and energy transfer from energy source (mitochondria) to different sites of energy utilization in the
cytoplasm. Numerous metabolites, such as respiratory substrates, ADP, and Pi, enter mitochondria
only through VDAC. On the other side, high-energy phosphates, mostly ATP and phosphocreatine are
channelled out through the VDAC to drive cellular energy transfer. Control of energy fluxes through
VDAC is regulated by tubulin beta-II bound to VDAC (Figure 3). Second, VDAC becomes a channel for
release of pro-apoptotic factors from mitochondria to the cytoplasm in response to apoptotic stimuli.
Both tubulin beta-II and plectin can control VDAC permeability and therefore energy and metabolic
fluxes of ATP, ADP, creatine (Cr) and phosphocreatine (PCr) (see Figure 3).

Figure 3. Possible interactions of VDAC of the OMM with tubulin beta-II (Tub βII), plectin 1b (Ple 1b),
mitochondrial creatine kinase (MitCK) and ADP-ATP translocase (ANT) in cardiac cells.

The significant role of tubulin in the modulation of mitochondrial VDAC has been extensively
analysed during the last two decades [18–20,23,123–125]. It was found that the addition of αβ-tubulin
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to isolated cardiac mitochondria in vitro, at concentrations below the value critical for the tubulin
polymerization, significantly increased appKm for ADP in ADP kinetics of mitochondrial respiration
to the value of in situ mitochondria, discovered in the permeabilized preparations, thus demonstrating
restricted (decreased) ADP availability to ANT [19,124]. It was also shown that the addition of
αβ-heterodimeric tubulin to reconstituted, purified VDAC (three isoforms of VDAC 1, 2, and 3)
provoked reversible transition to its closed state, limiting mitochondrial ADP or ATP fluxes [18–20,122].
These findings suggest a mechanism of regulation of mitochondrial energetics, governed by VDAC and
tubulin at the mitochondria-cytosol interface. Depending on the applied voltage and phosphorylation
state of VDAC, the low concentrations of dimeric tubulin may activate reversible obstruction of
VDAC incorporated in the artificial phospholipid membrane. Analysis of the tubulin-closed state
demonstrated that it can carry small ions, but is impermeable to ATP, ADP and other mitochondrial
metabolites. All these observations were then confirmed in isolated mitochondria or human hepatoma
cells. Tubulin–VDAC interactions require a specific structure of the anionic C-terminal tail of tubulin.

Altogether, the results of previous studies suggest cytoskeletal protein tubulin as an important
player in the regulation of VDAC states and OMM permeability (permeability restrictions created
by interactions of VDAC in OMM with tubulin) in the mechanisms of mitochondrial energetics
regulations [19,31,47]. The functional VDAC–tubulin interactions can be either direct or indirect, via
cytoskeleton proteins such as specific isoforms of plectin. The interaction between VDAC and tubulin
can be affected by isoform patterns of both tubulin and VDAC, as well as by their post-translational
modification (e.g., phosphorylation). The main differences between distinct isotypes of tubulin are
located in the C-terminal residues (called also isotype defining region). The C-terminus can be a target
for various microtubule associated proteins (MAPs) [125–127] and the differences between multiple
interactions of tubulin with various cellular systems can be determined by the composition of the
C-terminus. In addition, MitCK, which has been shown to tightly interact with VDAC, can act as an
important regulating factor in these interactions. Notably, the ANT-MitCK pathway (phosphocreatine
shuttle) can be active in oxidative but not in glycolytic muscles and cancer cells [47,128]. It was suggested
that tubulin beta-VDAC interactions participate in the modulation of cellular energy metabolism in
cancer switching it from the oxidative phosphorylation mode to more glycolytic phenotype known as
the Warburg effect [129]. This phenomenon has recently received renewed interest [130–132].

Fluorescent confocal imaging can not only visualize mitochondrial intracellular arrangement,
morphology, dynamics, networks, and heterogeneity, but also quantitatively analyze mitochondrial
functional parameters, like redox state, membrane potentials and Ca2+ levels [133–135]. Moreover,
the combination of live mitochondrial imaging in cells or muscle fibers, together with
immunofluorescence visualization and immunoblotting of cytoskeletal proteins allows to analyze
structural relationships between these structures. The imaging analysis of the intracellular distribution
of tubulin isoforms in cardiac cells by immunofluorescence confocal microscopy has discovered a
regular arrangement of tubulin beta-II (Figure 4). Most importantly, double imaging analyses by
fluorescence and immunofluorescence microscopy demonstrated clear co-localization of tubulin beta-II
with cardiac intermyofibrillar mitochondria [8]. Tubulin beta-IV demonstrated an organization in
branched network while tubulin beta-III was localized close to Z-lines, and tubulin beta-I was diffusely
distributed [8]. The colocalization of tubulin beta-II with mitochondria suggested its functional and
structural interaction with mitochondrial VDAC [8,22,32]. Interestingly, permeabilized HL-1 cells with
cardiac phenotype demonstrated mitochondrial parameters and appKm for ADP very similar to that
of isolated mitochondria that indicates a high open state of VDAC. This parameter was very different
from that found in adult cardiomyocytes or H9c2 cardioblastic cells [136,137]. The absence of tubulin
beta-II in HL-1 cells shows the importance of tubulin beta-II in the control of the OMM permeability
and mitochondrial function through regulations of VDAC open-close states [22,32]. The absence of
tubulin beta-II and the presence of only β-IV-tubulin, β tubulin I and III can be explained by cancerous
phenotype of these cells. HL-1 cells originate from mouse atrial cardiomyocytes and, apparently,
are more dependent on glycolytic rather than mitochondrial energy production. Another important
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characteristic of HL-1 cells is the lack of MitCK, and therefore phosphocreatine-mediated energy
transfer [47]. Accordingly, functional analysis of permeabilized cardiomyocytes and HL-1 cells such
as ADP-kinetics, and stimulatory effects of creatine and glucose on mitochondrial respiration rates
revealed dramatic differences. In HL-1 cells, the appKm for ADP was the same (~20 μM) as for isolated
in vitro mitochondria [136]. All these findings show associative link between the structural (presence
or absence of tubulin beta-II and MitCK) and functional (e.g., appKm for ADP) features in different
primary cells and cell lines.

 

Figure 4. Cellular distribution of tubulin beta-II in adult rat cardiomyocyte. Tubulin beta-II was
visualized by immunofluorescent confocal microscopy using specific antibodies. Scale bar 5 μm.

The association of tubulin beta-II with the OMM, when co-expressed with MitCK, may specifically
limit the permeability of VDAC for adenine nucleotides, resulting in the formation of adenine
nucleotides (ADP, ATP) micro-compartmentation in the mitochondrial intermembrane space. Thus,
tubulin beta-II can participate in the control of VDAC, permeability of the OMM, and in the control of
metabolic energy and metabolic fluxes (ATP, ADP, PCr, Cr, Pi) via the VDAC-MitCK-ANT supercomplex
(Figure 3), thereby controlling cellular energy production and energy transfer in cardiac and oxidative
muscle cells (Figures 3 and 5A). This supercomplex, localized at contact sites of two mitochondrial
membranes, is a key structure of a specific pathway for the effective energy transport from mitochondria
to cytoplasm, as well as for the local regeneration of ATP at sites of energy utilization including
myofibrils, SR, anabolic processes, and active transport (via various pumps) across the sarcolemma
membrane [32,33,111,112].
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(A) 

(B) 

Figure 5. Possible role of cytoskeletal proteins tubulin beta-II (A) and plectin 1b (B) interactions with
mitochondria. Scheme summarizing hypotheses regarding the control of mitochondrial respiratory
function by tubulin beta-II and plectin 1b via their connections with VDAC. Km (ADP), apparent
Michaelis constant for ADP; MitCK, mitochondrial creatine kinase; ΔΨm, the inner mitochondrial
membrane potential.
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7. Possible Role of Plectin in the Control of Mitochondrial Intracellular Organization
and Function

Previous studies demonstrated that the proper cell architecture and subcellular organization in
cardiac cells are strongly dependent on plectin and desmin, and proposed that plectin can use desmin
in cellular signaling [138]. In muscles, four isoforms of plectin were found that possess different
cellular anchoring functions: they control the structure, organization, and stability of the cells [138,139].
Plectin 1f connects desmin to the sarcolemma whereas plectin 1 binds desmin to the nucleus. Plectin
1d connects desmin IFs to the Z-disk in cultured myotubes and plectin 1b, a mitochondrial isoform
of plectin can directly interact with VDAC [115,140,141]. Plectin 1b was shown to be inserted into
the OMM with the exon 1b encoded N-terminal sequence, which operates as an anchoring and
mitochondria-targeting indicator. The disruption of Z-disks and costameres connections leads to
the development of muscular dystrophies [142]. Plectin 1b (P1b) was shown to be associated with
mitochondria even after the fractionation of cells. Due to their localization [138,139], plectin isoforms
1b and 1d were proposed to be the most plausible candidates for the participation and control of
desmin interconnections between IFs and OMM.

Plectin deficiency resulted in progressive degenerative changes in striated muscle, with a
significant aggregation and partial loss of IFs, separation of the contractile system from sarcolemma,
and alterations in the architecture of costameres. The decreased mitochondrial content was supported
by lowered activity of mitochondrial matrix enzyme citrate synthase, frequently used as a mitochondrial
marker [48]. Notably, mitochondria-rich oxidative muscles, like the heart and soleus, were most
intensely influenced by plectin deficiency. Also, plectin 1b knockout models exhibited changes in
mitochondrial shapes, without substantial alterations of mitochondrial motility [48]. In addition to
muscles, in primary fibroblasts or myoblasts obtained from plectin-deficient mice, detachment of
desmin IFs from Z-disks, costameres, mitochondria and nuclei, and formation of desmin aggregates
were observed [140]. At the same time, the initial mitochondrial morphology can be partially restored
by the overexpression of isoform-specific P1b in plectin-deficient muscles or in plectin-null cells.
Furthermore, it has been demonstrated that some mutations of the plectin genes, or disturbance and
pathological changes of the IFs, can be correlated with severe dysfunction of mitochondria [141–143].
Therefore, the effects observed earlier in desmin-deficient models (desmin-null cardiac and soleus
muscles) can be explained by the specific participation of a mitochondrial isoform of the cytolinker
protein plectin, connecting desmin to mitochondria. Depletion of plectin isoforms (P1b or P1d)
significantly changed mitochondrial intracellular organization and respiratory function in conditional
plectin knockout mice (MCK-Cre/cKO) [48]. Notably, morphological changes of mitochondria were
associated with high levels of Mfn-2, a mitochondrial fusion protein. High resolution respirometry of
permeabilized fibers from cardiac and skeletal muscles of conditional plectin knockout mice showed a
reduction of maximal rates of respiration and significant decrease in the appKm for ADP, reflecting
changed permeability of the OMM (the more open VDAC state) [48].

Taken together, these studies suggest the mitochondrial isoform of plectin 1b as a reliable candidate
(similar to tubulin beta-II) for the regulation of mitochondrial respiratory function via its control of
VDAC (Figure 5B).

8. Cytoskeletal-Mitochondria Interactions in Pathology

Injured mitochondria play important role in the mechanisms of a variety of pathological
conditions, including muscular dystrophy, IRI and various cardiomyopathies. Functional disturbances
of several cytoskeletal proteins, namely tubulin, plectin, desmin, and vimentin, can lead to
various diseases, associated with the dysfunction of mitochondria and mitochondria-cytoskeleton
connections/interactions [92].

Many mechanical interactions can be observed in the cell. Various mechanical forces are transmitted
via the cytoskeleton to the different intracellular organelles like mitochondria, affecting their function
and morphology. In cardiac cells, mitochondria may possess an evident mechano-sensitivity, serving
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as subcellular mechano-sensors and showing stretch-induced changes in their function (OXPHOS),
Δψm, ROS and Ca2+ signaling. Such mechano-sensitivity of mitochondria may contribute to the
mechanisms of several pathologies (heart failure, cardiomyopathies, arrhythmias, hypertension)
including aging [144–147]. On the other hand, it has been shown that mitochondrial volume changes
(e.g., swelling) may be mechanically transduced to the other cellular organelles like myofibrils and
nuclei, altering their morphology and function [148].

The common and serious human genetic disease Duchenne muscular dystrophy (DMD) occurs
due to the low expression of dystrophin [149]. Dystrophin is an important, tubulin binding,
cytoskeletal protein, serving as cellular cytolinker and stabilizer of microtubules [150]. It is associated
with glycoproteins of sarcolemma, connecting subsarcolemmal cytoskeleton with the extracellular
matrix [151]. Dystrophin-deficient muscles demonstrated serious changes in mitochondrial physiology
and function [152]. Mdx mice are frequently used as an animal model for DMD. It has been observed
that, instead of well-organized microtubule lattice, DMD skeletal muscles showed largely disarranged
microtubules. This was associated with the overexpression of the specific isoform of tubulin (beta
6 class V β-tubulin) pointing to the possible important role of this overexpression in DMD [153].
The study of mitochondrial bioenergetics demonstrated that, in permeabilized skeletal muscle fibers
from mdx mice, the maximal rates of mitochondrial respiration were about twice lower than those of
controls and similar changes were observed in skeletal muscle biopsies from DMD patients. It has
been found that mitochondrial injuries were related to the damage to complex I of the respiratory
chain, low creatine-stimulated respiration due to damage in MitCK, and therefore impairment of
phosphocreatine shuttle, leading to a less efficient intracellular energy transfer. These findings show
that the dysfunction of muscle mitochondria can be the beginning of cardiomyopathy observed in
mdx mice [152]. Therefore, mitochondria can represent a target for the treatment of DMD-associated
cardiomyopathies and the recovery of mitochondrial bioenergetics can be considered for DMD
treatment in patients.

The cytoskeleton of cardiac cells represents a highly organized structure to transmit mechanical
forces and maintain proper organization of cellular organelles. Significant concomitant changes in
the cytoskeleton, mitochondria, and in their interrelations were observed in IRI. During ischemia,
the disruption of the cytoskeleton and its components induces damage of the integrity of myocytes
resulting in their destruction and loss [154–157]. Mitochondrial respiratory function and energy
transfer via MitCK and PCr pathway also decreased in various cardiomyopathies, heart failure and
after IRI [158–161]. Also, ischemia-associated cardiomyopathies may occur due to alterations in
the expression and subcellular reorganization of various cytoskeletal proteins [162–165]. Notably,
intracellular rearrangement and changes in the location of tubulin beta-II which, under normal
conditions, is finely colocalized with mitochondria (see above), was observed after IRI in the Langendorff
perfused rat heart model [155]. These changes were concomitant with the increased affinity for ADP in
mitochondrial respiration and oxidative phosphorylation (decreased appKm for ADP) and accompanied
by decreased functional coupling of these processes with MitCK [155]. The decrease of appKm for ADP
in mitochondrial respiration was frequently found in cardiac IRI [166,167], demonstrating a reduction
of micro-compartmentation effects and energy fluxes via coupled CK systems. Using this model, it was
found that appKm for ADP in the control group and after IRI inversely correlated with left-ventricular
end-diastolic pressure [155].

Tubulin beta-II can modulate mitochondrial permeability transition pore (PTP) opening
during IRI. The PTP opening in a low conductance increases permeability to solutes ≤ 300 Da,
mostly ions, and induces negligible matrix swelling which, in turn, stimulates ETC activity,
OXPHOS, ATP production, fatty acid oxidation, and other metabolic processes [168,169]. However,
a high-conductance PTP opening which occurs in response to oxidative stress such as cardiac IRI
enhances unrestricted bi-directional movements of water and solutes ≤ 1500 Da across the IMM. As a
result, excessive matrix swelling causes IMM depolarization, ATP depletion, and rupture of the OMM,
leading to cell death (Reviewed in [170–172]). Several mitochondrial proteins such as cyclophilin D,
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VDAC, ANT, phosphate carrier, ETC complex I, and Bcl-2 proteins participate in the regulation of the
PTP opening [173–176]. The interaction of tubulin beta-II with VDAC can change the PTP activity
under physiological and pathological conditions. In favour of this, disrupting microtubule architecture
in permeabilized muscle fibers that demonstrated direct interaction between α-tubulin and tubulin
beta-II and VDAC2 decreased Ca2+ retention capacity due to increased PTP opening [177].

In the heart, Ca2+ is a main player in the control of excitation–contraction coupling, also playing
an important role in mitochondrial bioenergetics and cytoskeleton functionality [178–180]. However,
increased mitochondrial and cytosolic Ca2+ may lead to various pathologies and diseases, such as
IRI, hypoxia-reoxygenation, arrhythmias, hypertension, heart failure, and metabolic syndrome,
etc. [179,181–184]. This can be tightly associated with multiple Ca2+-modulated processes, such as:
mitochondria/cell swelling, changes in the interactions between cytoskeleton, mitochondria, and SR,
decline of ΔΨm, diminished mitochondrial respiratory capacity and consequent decreased cellular
ATP content (energy stress), altered mitochondrial dynamics (fission-fusion balance, Drp1 signaling),
increased ROS (oxidative stress), and induction of apoptosis [179,183,185]. It has been shown that a
component of the cell-cell interactions (adhesion) machinery may be involved in the control of calcium
cycling and homeostasis, and its deficiency may lead to the heart arrhythmia [182].

Interestingly, a heterogeneous value of appKm for ADP was found after relatively short periods
of ischemia, revealing at least two populations of mitochondria with normal and low appKm for
ADP [155]. Likewise, fluorescence confocal microscopy imaging revealed a heterogeneous response
and damage of cardiac mitochondria in response to cold ischemia (organ cold storage, preservation)
and reperfusion [186]. This can be due to the absence of electrical continuity of intermyofibrillar
mitochondria that may prevent breakdown of the entire bioenergetics in the cell [187]. Furthermore,
tubulin beta-II mitochondrial dislocation during IRI was comparable to that found in volume overload
cardiac hypertrophy [188]. This dislocation might be due to protein degradation. A remodeling
of the cytoskeleton (in particular the microtubular system) was discovered also in cardiac chronic
hypertrophy [2,119], associated with increased beta-tubulin expression and tubulin C-terminus
post-translational modifications [189–192], in heart failure and various cardiomyopathies [117,118,193].

9. Conclusions

Many structural and functional interactions were found to be involved in the integration of
mitochondria with other cellular systems like the SR and cytoskeleton, connecting mitochondrial
function, dynamics, and regulation with the entire cell physiology, in particular in the most energy
consuming organ, the heart. Overall, existing studies provide strong evidence that cytoskeletal proteins
such as tubulin beta-II and plectin 1b interact with mitochondria. The interaction regulates metabolic
fluxes via the energy transferring supercomplex VDAC-MitCK-ANT which, in turn, coordinates
mitochondrial respiration and OXPHOS and the entire cellular physiology. The detailed characterization
of molecular mechanisms implicated in mitochondrial–cytoskeleton interactions under normal and
pathological conditions can be helpful for the development of new therapeutic approaches.

It should be pointed out that many structural and functional aspects of mitochondria–cytoskeletal
proteins interactions, as well as detailed molecular mechanisms of their formation, are not yet known,
and the interactions of tubulin beta-II or plectin 1b with mitochondria (mitochondrial VDAC) have to
be shown more directly, using the most modern methodologies, for example, by using: (i) imaging
approaches with a higher levels of spatial and temporal resolutions, (ii) application of mitochondrial
green fluorescent proteins (GFPs) specifically targeted to mitochondria, (iii) use of fluorescence
resonance energy transfer (FRET) method to directly analyze possible protein-protein interactions
and proximities, (iv) reconstruction or reconstitution experiments using tubulin β-II transfection and
specific fragments of plectin, and (v) advancement of recombinant α- and β-tubulin isoforms with
modifications of the C-terminal tail.
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Abstract: Mitochondria are peculiar organelles whose proper function depends on the crosstalk
between two genomes, mitochondrial and nuclear. The human mitochondrial genome (mtDNA)
encodes only 13 proteins; nevertheless, its proper expression is essential for cellular homeostasis,
as mtDNA-encoded proteins are constituents of mitochondrial respiratory complexes. In addition,
mtDNA expression results in the production of RNA molecules, which influence cell physiology once
released from the mitochondria into the cytoplasm. As a result, dysfunctions of mtDNA expression
may lead to pathologies in humans. Here, we review the mechanisms of mitochondrial gene expression
with a focus on recent findings in the field. We summarize the complex turnover of mitochondrial
transcripts and present an increasing body of evidence indicating new functions of mitochondrial
transcripts. We discuss mitochondrial gene regulation in different cellular contexts, focusing on
stress conditions. Finally, we highlight the importance of emerging aspects of mitochondrial gene
regulation in human health and disease.

Keywords: mitochondria; mitochondrial gene expression; mtDNA; mtDNA transcription; mtRNA;
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1. Introduction: The Role of Mitochondria within the Cell

Mitochondria are present in the majority of eukaryotic cells, where they play a central role in
many processes. They are hubs of energy production as sites of oxidative phosphorylation [1]. They
are also engaged in maintaining an appropriate redox state and recycling oxidized electron carriers that
are important for cell proliferation [2,3]. Moreover, mitochondria play a key role in cellular signaling,
buffering calcium ions and regulating apoptosis processes [4,5]. Mitochondria are also the source of
most of the cellular reactive oxygen species (ROS), which may impact on various cellular process [6,7].
Mitochondria take part in response to external stimuli, e.g., viral infection [4], and they are also the
place where many basic processes related to innate immune intersect [8,9]. Mitochondrial malfunction
is related to numerous pathological states in humans, such as cancer and neurodegeneration [10–12].
Furthermore, many human hereditary diseases are caused by mitochondrial dysfunction. Mutations in
the mitochondrial genome or nuclear genes that encode mitochondrial proteins lead to primary and
secondary mitochondrial diseases connected with improper mitochondrial function [13,14]. In this
review, we will focus on the emerging aspects of mitochondrial biology and its implications in human
health and we guide interested readers to detailed reviews on mitochondrial disorders [15–17].

Mitochondrial biogenesis is far more complex in comparison to other cellular organelles since
they possess their own genome, which requires dedicated gene expression machinery [18–20]. As a
consequence, mitochondrial protein production must be coordinated with the nucleocytoplasmic
compartment for proper organelle homeostasis. Many nucleus-encoded proteins are needed for
mitochondrial transcription, RNA processing, degradation and translation; all to produce just over a

Cells 2020, 9, 17; doi:10.3390/cells9010017 www.mdpi.com/journal/cells198



Cells 2020, 9, 17

dozen proteins that are parts of the oxidative phosphorylation complexes encoded by the mitochondrial
genome [18,19]. Recently, new findings deciphering the link between mitochondrial gene expression
and cellular homeostasis were reported. Here, we review the basis of mitochondrial gene regulation
with a focus on recent findings, highlighting new RNA-driven mechanisms by which mitochondria
contribute to the regulation of cell biology in human health and disease.

2. Mitochondrial Genome—A Simple Molecule with Unorthodox Organization

Mitochondria are semiautonomous organelles possessing their own genome. Human mitochondrial
DNA (mtDNA) is a ~16 kb circular molecule composed of double-stranded DNA [21]. Human mtDNA
contains only a few genes, but all of them are essential for proper cell function, and mutations in mtDNA
have dire consequences [13]. Although human mitochondria contain more than 1100 proteins [22],
only 13 of them are encoded by mtDNA. The remaining 24 of the 37 genes present in human mtDNA
encode RNAs required for the mitochondrial translational apparatus (22 tRNAs and 2 rRNAs) [19]
(Figure 1). The rest of the proteins necessary for mitochondrial function are encoded in the nuclear
genome and are imported into mitochondria upon synthesis in the cytoplasm [23]. These proteins are
key factors in mtDNA replication, transcription and translation processes [23,24]. The presence of a
distinct mitochondrial genome is linked to the endosymbiotic origin of this organelle [25,26]. Recent
studies of the mitochondrial genome indicated that mitochondria evolved from a proteobacterial
lineage [27]. The human mitochondrial genome was first described in the early 1960s and was one
of the first genomes to be fully sequenced [28,29]. Since then, the molecular mechanisms of mtDNA
expression have been intensively investigated; nevertheless, our knowledge about these processes is
still not complete.

The human mitochondrial genome is tightly packed in nucleoprotein complexes called nucleoids [30].
The application of super-resolution microscopy and mass spectrometry-based techniques significantly
contributed to the determination of the nucleoid characteristics [31–34]. It was shown that each
nucleoid contains one or several copies of mtDNA [33,34] and is spatially organized by DNA-binding
proteins [31]. More than 20 proteins were identified to copurify with mitochondrial nucleoids [32],
among which the most abundant protein mitochondrial transcription factor A (TFAM) that may serve
as a mtDNA copy number regulator [35]. Discrete nucleoid complexes are dispersed among the
mitochondrial network in the cell [33]. An estimated number of mtDNA molecules per mitochondrion
may vary greatly between tissues and range from less than a hundred to thousands [36–38]. Each
mtDNA molecule can be independently segregated in daughter cells, as nucleoids are exchanged
within the mitochondrial network upon fusion/fission processes [39,40]. More than one mtDNA
sequence can be present within an individual, leading to so-called mitochondrial heteroplasmy. This
can be caused by somatic mutations, heteroplasmy of the oocyte or paternal leakage of mtDNA [41,42].
For a long time, mtDNA was considered to be strictly maternally inherited [43]; nevertheless, few
reports suggest paternal contribution in the inheritance of the mitochondrial genome [44,45].

There are several models describing the mechanism of mtDNA replication. Notably, the proposed
models are not mutually exclusive. Instead, they were proposed to operate in a complementary mode
depending on the tissue, cellular state or energy demand [46–48]. For a detailed review of mtDNA
replication, please see Holt and Reyes [49] and Gustafsson et al. [50].

Notably, mutations in nuclear-encoded mitochondrial proteins that participate in mtDNA
maintenance are implicated in mitochondrial disorders [51]. To date, nearly 300 pathogenic point
mutations have been reported in the DNA polymerase gamma (POLG) gene encoding mtDNA replicase,
and POLG mutations are one of the main causes of inherited mitochondrial disorders [51,52].
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Figure 1. Schematic of human mtDNA and basic steps of mtRNA metabolism. Human mtDNA is a
circular double-stranded molecule. Marked are template heavy (H-strand) and light (L-strand) strands
of mtDNA. Marked are genes encoding subunits of Complex I (blue), III (orange), IV (violet) and
subunits of ATP Synthase (pink). ND4/ND4L and ATP6/ATP8 open reading frames are overlapping
and are included in bicistronic mRNAs. Genes encoding rRNAs are colored purple. Genes encoding
tRNAs are represented as yellow dots with single letter code depicting their aminoacids. Mitochondrial
transcription is initiated from L- and H- strand promoters (ITL and ITH, respectively) located within
non-coding regulatory region (NCR). Transcription is driven by DNA-dependent RNA polymerase
(POLRMT) with help of its co-factors: TFAM, TFB2M, TEFM and MTRES1. Mitochondrial transcription
leads to the formation of three polycistronic transcripts that undergo further processing. Most of
mitochondrial mRNAs and rRNAs are punctuated by tRNAs which are excised from the nascent RNA
precursors by RNAse P and Z. Arisen transcripts may be subjected to various subsequent processes as
maturation, stabilization, degradation, and modification. Selected factors engaged in these processes
are presented.

3. Mitochondrial Transcription

MtDNA is composed of heavy (H-strand) and light (L-strand) strands (Figure 1) that can be
distinguished by different sedimentation attributes in buoyant density ultracentrifugation due to the
uneven distribution of guanines between DNA strands [21]. In humans, the G-rich H-strand serves as
a template for the transcription of most mitochondrially encoded genes, while the transcription of the
complementary L-strand results in the formation of mostly non-coding RNA (ncRNA) [53]. Only one
protein-coding gene and 8 tRNAs are transcribed from the L-strand [53] (Figure 1). The exceptional
~1 kb, non-coding regulatory region (NCR) plays an important role both in mtDNA replication and
transcription. The NCR plays an important role as a site of H-strand synthesis initiation [49,54];
moreover, transcription initiation start sites for both mtDNA strands (ITL, light-strand transcription
initiation site, ITH, heavy-strand transcription initiation site) are also located within the NCR. The
synthesis of RNA starts in both directions within the NCR and leads to the production of long,
polycistronic transcripts (Figure 1) [55].

The human transcription apparatus appears to be simple and composed of a monomeric RNA
polymerase (POLRMT) that is homologous to bacteriophage polymerases and only a few co-factors [19].
In addition to POLRMT, basic factors participating in the mitochondrial transcription process include
TFAM, mitochondrial transcription factor B2 (TFB2M) and mitochondrial transcription elongation factor
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(TEFM) (Figure 1) [19,56]. Initial in vitro experiments showed that transcription can proceed with the
presence of only two proteins: POLRMT and TFB2M. Nevertheless, the efficiency of this transcription
apparatus is rather low [57]. Thanks to recent structural studies, the detailed step-by-step initiation
of mitochondrial transcription was revealed [56]. It was shown that mitochondrial transcription is
initiated by the binding of TFAM to the promoter region and the following recruitment of POLRMT
to TFAM-bound mtDNA near the transcription start site [58,59]. Next, TFB2M is recruited to induce
and stabilize the open conformation of mtDNA. After initiation of RNA synthesis, TFAM and TFB2M
are subsequently released, and the elongation factor TEFM is recruited to enable the transition into
transcription elongation [56]. TEFM was proposed to increase the processivity of POLRMT and to
enable nearly whole-genome transcription [60–62]. Additionally, TEFM was shown to participate in
the regulation of a replication/transcription switch [62–64]. Recently, TEFM was also proposed to play
a role in mitochondrial RNA (mtRNA) processing [65].

Termination of mtDNA transcription is far less understood than its initiation. Mitochondrial
transcription termination factor 1 (MTERF1) plays an important role in the termination of mtDNA
transcription initiated from the ITL; however, it is not clear which factors take part in the termination
of mtDNA transcription initiated from the ITH [56]. MTERF1 binds specific sequences within the
tRNALeu gene, causing DNA unwinding and base flipping (i.e., rotation of the nucleotide base outside
the DNA double helix), leading to transcription termination [66,67]. MTERF1 was also suggested to
prevent interference of the transcription complexes operating in opposite directions [68] and to prevent
collision of transcription and replication machineries [69]. Several other MTERF proteins are conserved
in vertebrates and plants [70]. Despite playing a role in mitochondrial gene expression, none of the
MTERF2-4 proteins were shown to act as a transcription terminator in mammals [71–73]. This raises the
question whether there are other termination factors yet to be discovered in the human mitochondria.

Among mitochondrial transcription machinery constituents, only TFAM mutations are well
established to contribute to human disease [17]. TFAM binds DNA in both sequence-specific and
nonspecific manners. The former enables the initiation of mitochondrial transcription [58], and the
latter enables the compaction of the mitochondrial genome [74,75]. As mtDNA transcription by
POLRMT may serve as a source of RNA primers for mtDNA replication [76], it seems that both
sequence-specific and nonspecific manners of TFAM DNA-binding contribute to the maintenance
of the mtDNA copy number (reviewed in [77]). TFAM knockout in mice causes severe depletion of
mtDNA and is embryonically lethal [78]. In humans, mutations in the TFAM gene were shown to
cause a decreased mtDNA copy number and impaired cellular respiration underlying progressive
liver failure with neonatal onset [79]. Altered TFAM levels and related changes in the mtDNA copy
number were also proposed to be associated with neurodegeneration [80].

Recently, some novel factors participating in mitochondrial transcription regulation were reported.
Among them, an interesting example pertains to mitochondrial transcription rescue factor 1 (MTRES1),
which was shown to interact with POLRMT and TFAM and to prevent stress-induced loss of mtRNAs by
acting at the mitochondrial transcription initiation level [81]. Another example refers to mitochondrial
ribosomal protein L7/L12 (MRPL12), whose mutations may lead to respiratory chain deficiency that
manifest as growth retardation and neurological deterioration [82]. In addition to being a constituent
of the mitochondrial ribosome, MRPL12 also exists in a “free”, ribosome-unrelated matrix pool [83].
MRPL12 was shown to interact with POLRMT to regulate transcription [84]. It was proposed
that MRPL12 may serve to coordinate transcription, ribosome biogenesis and/or protein synthesis
processes [83,84]. Different roles of MRPL12 in mitochondrial gene regulation may be connected with
the presence of two forms, the short and long forms, generated by proteolytic cleavage upon being
imported into mitochondria, which may have distinct properties [85]. Several other factors, such as
hormones, nuclear transcription factors and chromatin remodeling enzymes, were proposed to regulate
mitochondrial transcription either by direct binding to mtDNA or by indirect regulation (reviewed
in [86]).
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4. Post-Transcriptional Regulation of mtRNAs

Mitochondrial transcription spans almost the entire mitochondrial genome, leading to the
formation of three polycistronic transcripts (Figure 1) [19,55]. Two of them, resulting from transcription
of either the H- or L-strand, encompass almost the entire genome and carry sequences corresponding
to mRNAs, tRNAs, rRNAs and ncRNAs. The third transcript covers genes for two tRNAs (Phe and
Val) and both rRNAs [19]. Further steps of cleavage and processing are required to obtain mature,
functional RNAs [87].

In nascent precursor transcripts, most mitochondrial mRNAs and rRNAs are punctuated by
tRNAs. The first stage of primary RNA processing is the excision of tRNA molecules from the
polycistronic transcript, which leads to the formation of immature mRNAs and rRNAs [19,20]. This
is an endonucleolytic cleavage mediated by RNAse P and elaC ribonuclease Z 2 (ELAC2), which
act at the 5′ and 3′ ends of tRNAs, respectively, to release individual RNAs from polycistronic
precursors [88,89]). Mitochondrial RNAse P, unlike the canonical RNase P present in the nucleus,
is a complex of three proteins tRNA methyltransferase 10C (TRMT10C), hydroxysteroid 17-beta
dehydrogenase 10 (HSD17B10) and protein-only RNase P catalytic subunit (PRORP) and does not
contain an RNA component [88]. Released, immature transcripts undergo further processing steps or,
as in the case of the majority of ncRNAs, are rapidly removed [20].

Due to the structural and transcriptional organization of the mitochondrial genome, most genes
on the same strand are transcribed with equal efficiency, which leads to the formation of equal amounts
of their precursors. Nevertheless, the levels of mature RNAs can differ significantly [90]. Although
transcription initiated from the L-strand is more frequent than that of the H-strand [55], emerging
non-coding RNAs are barely detectable [91]. These two examples show that post-transcriptional
processes, especially mtRNA decay, play an important role in controlling mitochondrial gene expression
to regulate steady-state levels of specific transcripts [90,92,93].

4.1. Degradation of mtRNAs

The machinery responsible for RNA decay in human mitochondria has remained unknown
for many years. Studies performed within the last several years established that the mitochondrial
degradosome, a complex of ATP-dependent RNA helicase SUPV3L1 (SUV3) and polynucleotide
phosphorylase (PNPase also known as PNPT1), is a key player in mtRNA degradation [91,94]. The
importance of mtRNA decay in maintaining mitochondrial homeostasis is underscored by the fact that
the disruption of the SUV3 or PNPase gene is embryonically lethal in mice [95,96].

While SUV3 is a helicase that catalyzes the unwinding of RNA duplexes, an activity dependent
on ATP hydrolysis by SUV3 [97], PNPase is a phosphorolytic 3′-5′ exoribonuclease, which catalyzes
degradation of phosphodiester bonds in RNA [98]. In vitro experiments showed that PNPase is
unable to degrade dsRNA substrates unless it forms a complex with SUV3 that unwinds the substrate
for degradation [99]. The interaction between SUV3 and PNPase is a prerequisite for mtRNA
degradation in vivo and occurs locally in D-foci [94]. The discovery of these structures shows that
the RNA decay process in human mitochondria is spatially organized. Notably, components of
the mitochondrial degradosome differ markedly in the submitochondrial localization. While SUV3
localizes only to the mitochondrial matrix [97], most of the PNPase is found in the mitochondrial
intermembrane space [94,96]. Thus, only a fraction of the PNPase localizes to the mitochondrial matrix
and cooperates with SUV3 in mtRNA degradation [94], whereas the rest of the PNPase functions in
an SUV3-independent manner. Crystal structures of both proteins revealed the presence of some
peculiarities [98,100]. Human PNPase, such as PNPases from other organisms, forms a trimer but has
an untypical arrangement of RNA-binding domains [98]. Human SUV3 also has some distinctive
features in terms of substrate binding, and it was even suggested that Suv3-like proteins may constitute
a separate subfamily of helicases [100].

The main role of the degradosome appears to be clearing of non-coding mtRNA species, which
arise mostly from transcription of the L-strand. Radiolabeling studies showed that under normal
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conditions, these RNAs are swiftly degraded [101]. Consequently, their steady-state levels are very low,
and it is only when the degradosome function is impaired that they become readily detectable [91,94].
The degradosome complex was also found to be important in mt-mRNA turnover [94,102], 16S
rRNA decay [103] and the exonucleolytic processing of the ND6 mRNA precursor [104]. The final
products of the degradosome-mediated RNA decay are several nucleotides in length. These short RNA
degradation intermediates are probably removed by RNA exonuclease 2 (REXO2), which is a postulated
mitochondrial oligoribonuclease [105]. The activity of the mitochondrial degradosome is modulated
by mtRNA binding proteins. While the complex of leucine rich pentatricopeptide repeat containing
and SRA stem-loop interacting RNA binding proteins (LRPPRC-SLIRP complex) was suggested to
suppress the degradosome-mediated decay of mitochondrial protein-coding RNAs [102]. G-rich RNA
sequence binding factor 1 (GRSF1) was recently found to enhance the degradosome activity towards
mtRNAs containing a G-quadruplex (G4), which are mostly non-coding mtRNAs [106].

4.2. Mitochondrial RNA-Binding Proteins (mtRBPs)

LRPPRC and SLIRP are among the best characterized noncatalytic mitochondrial RNA-binding
proteins containing known RNA-interacting domains, pentatricopeptide repeats (PPR) and RRM
domain, respectively. LRPPRC and SLIRP form a complex involved in the regulation of mtRNA
stability, and the levels of both proteins are mutually dependent; silencing of LRPPRC results in
the depletion of SLIRP and vice versa [107,108]. A recent study using RNA UV crosslinking and
RNase footprinting procedures revealed that the LRPPRC-SLIRP complex modulates the secondary
structures of mitochondrial transcripts, suggesting that this complex may serve as a chaperone for
mtRNAs [109]. The presence of LRPPRC was shown to be important for the existence of a nontranslated,
mitoribosome-unbound pool of mt-mRNAs [110]. In addition, LRPPRC was shown to be required
for efficient polyadenylation of mt-mRNAs [108,110]. In mice, LRPPRC knockout is embryonically
lethal [110], and in humans, mutations in the LRPPRC gene underlie Leigh syndrome, French Canadian
type [111]. Recent studies suggest that LRPPRC may play a role in other various pathological states in
humans, such as tumors or neurodegeneration (reviewed in detail by Cui et al. [112], emphasizing the
very important role of this protein. SLIRP was shown to regulate the translation process by mediating
the association of mtRNAs with mitoribosomes [113]. Surprisingly, although SLIRP knockout in mice
results in extensive loss of mtRNAs, it is manifested only as a minor weight loss of the animals without
any other observable phenotypes [113].

Another important RNA-binding protein, GRSF1, a member of the quasi-RRM (qRRM) family of
RNA-binding proteins, was originally identified as a cytoplasmic poly(A)+mRNA binding protein
interacting with G-rich sequences [114]. Later, it was found that GRSF1 is targeted to mitochondria
where it localizes to RNA-containing granules [115,116]. It was postulated that GRSF1 participates in
the initial stages of polycistronic mtRNA precursor processing [116] and in the translation of some
mt-mRNAs [115]. Recent findings, however, reported that GRSF1 takes part in the RNA surveillance
pathway, showing that GRSF1 cooperates with the mitochondrial degradosome to regulate mtRNAs
that contain G4s [106]. Vertebrates’ mitochondrial genomes have exceptional GC skews, i.e., high
guanine content on one strand. As a result, transcripts that are produced by transcription of the
G-poor template (i.e., L-strand) are G-rich RNAs; thus, they are prone to form G4s structures. Since
G4s are stable, their presence in RNA can hinder its degradation; nevertheless, steady-state levels
of mt-ncRNAs that can form G4s are extremely low. GRSF1 was found to positively regulate the
degradosome-dependent decay of G4-containing mitochondrial non-coding transcripts by binding
and melting G4 structures, which in turn facilitates their degradation [106,117].

Recently, two studies reported novel mtRBP engaged in the regulation of mitochondrial gene
expression [81,118]. The level of C6orf203/MTRES1 protein was found to be elevated in cells under
stress, and this up-regulation of MTRES1 (mitochondrial transcription rescue factor 1) was shown to
prevent mitochondrial transcript loss under perturbed mitochondrial gene expression [81]. MTRES1
associates with the mitochondrial transcription machinery and acts by increasing the mitochondrial
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transcription without influencing the stability of mitochondrial transcripts [81]. The protective function
of MTRES1 depends on its RNA-binding ability since the mutated version incapable of RNA-binding
does not prevent a decrease in the mitochondrial RNA [81]. MTRES1 was also shown to associate
with a large subunit of the mitochondrial ribosome and to influence mitochondrial translation [118].
Interestingly, silencing of MTRES1 causes the down-regulation of transcripts originating only from
NCR without influencing other transcripts [81], which cannot explain the decrease in mitochondrial
translation observed in MTRES1 knockout [118]. In contrast, it was reported that the depletion of
MTRES1 leads to alterations of the mt-mRNAs’ association with the mitoribosome without influencing
mitoribosome stability [118]. MTRES1 is an exciting example of mitochondrial RBP that can play a
role in the regulation of mitochondrial gene expression at multiple levels. It is tempting to speculate
that MTRES1 could serve as a regulatory factor coupling mitochondrial transcription and translation
processes. It is possible that MTRES1 could act by interacting with mitochondrial transcription
machinery and to facilitate loading of nascent mt-mRNAs on the mitoribosome. It cannot be excluded
that MTRES1 could be a key regulator of mitochondrial transcription/translation coupling, especially
under stress conditions. Importantly, another mtRBP, MRPL12, was shown to perform double functions
in mitochondrial transcription and translation [83,84], highlighting the possible roles of MTRES1.

Another example of important players in the mitochondrial gene expression regulation concerns
members of the FASTK family. Fas activated serine/threonine kinase (FASTK) and its homologs
FASTKD1-5 are mitochondrially targeted RNA-binding proteins that play various roles in mtRNA
metabolism as processing, translation and mitoribosome assembly proteins [104,112,119–121]. The
FASTK family was reviewed in detail by Jourdain et al. [122]; therefore, we will not focus on these
proteins here.

4.3. mtRNA Modifications

Mitochondrial RNAs undergo diverse modifications. One of the most common is adenylation of
the 3’ end. Human mt-mRNAs, with the exception of mt-ND6, are adenylated at the 3’ ends, and this
reaction is catalyzed by a noncanonical mitochondrial poly(A) polymerase (MTPAP) [123]. The role of
mt-mRNAs’ adenylation is not fully understood. For some mt-mRNAs, the addition of adenine residues
at the 3’ end is necessary to create a complete termination codon, as it is not encoded in the genome [21].
Initial studies reported some contradictory findings about the role of mt-mRNA polyadenylation,
showing that changes in poly(A) tails had diverse effects on mt-mRNAs. Some of the transcripts
were up-regulated, some were unaffected, and others were down-regulated [123–126]. This draws a
speculation that individual transcripts may be differentially controlled, as it seems that adenylation
may stabilize some transcripts while it may also direct other transcripts for degradation [20]. Notably,
the polyadenylation pattern may vary within a cell type, and the same mt-mRNA can be adenylated to
different extents in various cell types [127]. This individualized regulation is most likely achieved by
transcript-specific protein-RNA interactions. In yeast, it was shown that each mt-mRNA has specific
translation coactivators; moreover, it was proposed that they can function as a part of feedback control
loops regulating translation efficiency according to current cell demands [128]. Similarly, the presence
of the specific translation activator of cytochrome c oxidase I (TACO1) [129] was also detected in
human cells. In addition to 3’-end adenylation, it was recently shown that human mt-mRNAs may
also undergo other modifications, such as methylation [130,131] and pseudouridylation [132,133],
unraveling an additional layer of mitochondrial gene expression regulation.

Mitochondrial tRNAs seem to be the most extensively modified among mtRNAs. Precursor tRNAs
are modified at the 3’ end by tRNA nucleotidyl transferase 1 (TRNT1), which adds the CCA sequence
not encoded in the genome [134]. They also undergo several other modifications, which are essential for
their stability and proper function [135]. Similarly, mt-rRNAs require several chemical modifications
for proper folding, stability and correct mitoribosome assembly, underscoring the important role of
RNA modifications in orchestrating various mitochondrial processes [24].
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The mitochondrial RNA-binding proteome has been intensely studied, and novel members
of this group have been continuously discovered. Among them are mtRNA modifying enzymes,
mtRNA processing and mitoribosome assembly factors. Here, we delineated only selected aspects of
mtRBP-associated regulation of mitochondrial gene expression, mostly related to mtRNA degradation.
For further reading on other aspects of mitochondrial RBP function and detailed insight into mt-tRNA
and mt-rRNA editing as well as the mitochondrial epitranscriptome, we guide interested readers to
other reviews [136–138].

5. Mitochondrial Non-Coding Transcripts and Their Implications on Human Health

5.1. Mitochondrial Double-Stranded RNA (mt-dsRNA) and the Innate Immune Response

Convergent transcription, synthesis of antisense RNA or expression of hairpin-containing RNAs
can result in the formation of double-stranded RNA (dsRNA) [139]. RNA:RNA molecules seem
to have important signaling or regulatory roles [140–142], and the function of a particular dsRNA
depends on its source and form and the proteins that interacts with it. It is known that the presence
of dsRNA can induce the antiviral response and that properly processed dsRNA can regulate gene
expression [140–142].

The expression of the human mitochondrial genome is especially prone to produce dsRNA
molecules, as this genome is an extraordinary example of convergent transcription. This results in
the synthesis of complementary RNAs that can subsequently hybridize and form dsRNA. Under
normal conditions, most L-strand transcripts are quickly removed [91,94], which prevents the
formation of intermolecular dsRNA. Nevertheless, even in physiological conditions, mt-dsRNAs can
be detected [143]. We and others have found that mtDNA transcription is a significant source of
dsRNA in humans and have shown that mt-dsRNA can play a signaling role and trigger the interferon
response [143,144].

The interferon response pathway is a complex process that is part of the innate immunity response,
which together with the adaptive system, provides protection from pathogens. This pathway is far
from being fully understood; nevertheless, it can be divided into three major steps: (1) detection of a
pathogen, (2) induction of interferon (IFN) expression, and (3) up-regulation of IFN-stimulated genes.
Consequently, the cell starts producing anti-pathogen agents and reshapes already active processes to
combat a pathogen, or at least hampers its spread [145].

The detection step involves recognition of “pathogen-associated molecular patterns” (PAMPs),
which are viral or bacterial nuclei acids, or other molecules specific for microorganisms [146]. The
recognition is performed by several families of host sensors collectively called pattern recognition
receptors (PRRs), such as interferon induced helicase C domain-containing protein 1 (MDA5) and RNA
helicase RIG-I. The binding of immunogenic dsRNA by MDA5 and RIG-I initiates an orchestrated
cascade of events that results in the up-regulation of interferon- and interferon-stimulated genes [147].
Normally, this pathway is kept silent due to the mechanisms that help to discriminate between host
and foreign nucleic acids, remove potentially immunogenic host-produced nucleic acids or keep them
away from PAMP receptors. For example, dsRNA, which can activate MDA5 or RIG-I, is localized in
the nucleus and mitochondria, precluding its interaction with MDA5 and RIG-I, which are localized in
the cytoplasm.

Recently it was found that mt-dsRNA can be released from mitochondria and, once localized to the
cytoplasm, can activate interferon-dependent cellular pathways. Notably degradosome constituents
SUV3 and PNPase were established as major actors in the regulation of mt-dsRNA [144]. A crucial role
was assigned to PNPase in preventing the induction of the interferon response by mt-dsRNA. PNPase
controls mt-dsRNA at two different levels that are spatially separated. First, as a component of the
mitochondrial degradosome, it prevents the accumulation of dsRNA by degrading mitochondrial
antisense transcripts. The mechanism that determines specificity of PNPase towards antisense
transcripts has not been fully uncovered. This may result from targeting of PNPase-SUV3 to G4
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mtRNAs by GRSF1. Alternatively, but not mutually exclusive, sense transcripts are protected by
mtRBPs, while unprotected antisense mtRNAs are exposed to PNPase-SUV3. This function of PNPase
requires cooperation with SUV3 and takes place in the mitochondrial matrix. A second function of
PNPase in controlling mt-dsRNAs takes place in the intermembrane space, where a fraction of PNPase
prevents the release of mt-dsRNA into the cytosol. This function is SUV3-independent because the
helicase is absent from the intermembrane space [97]. The dysfunction of SUV3 thus results in the
accumulation of mt-dsRNA exclusively in the matrix but does not lead to the release of mt-dsRNA into
the cytosol due to the protective activity of PNPase in the intermembrane space. Therefore, silencing
of SUV3 does not stimulate interferon expression, while an increase in interferon levels is observed in
PNPase-depleted cells. Since inactivation of the degradosome components causes a vast increase in
non-coding L-strand transcripts [91,94,106], it is most likely that the mt-dsRNA that accumulates upon
degradosome dysfunction results from intermolecular RNA-RNA interactions. The mechanism by
which mt-dsRNA exits mitochondria is unknown, and its identification will be an important step in
deciphering a role of mt-dsRNA in cell biology.

The protective role of PNPase is of great importance, as revealed by the fact that mutations in
PNPT1 (PNPase encoding gene) cause pathogenesis associated with the up-regulation of mt-dsRNA
and interferon response [144,148]. A comparison of the type I interferon response across species, which
involved 10 mammals and one bird, revealed PNPase as one of 62 core vertebrate interferon-stimulated
genes [149]. Moreover, the PNPase protein level was observed to be higher in human cells infected by
human respiratory syncytial virus (HRSV), a cause of serious infections in infants [150]. Taken together
with the results on the protective role of PNPase in mt-dsRNA release, these data suggest that PNPase
can be involved in the suppression of the IFN response. In fact, IFN-desensitization is an important
process that enables cells to recover from IFN signaling [145]. Otherwise, prolonged activation
of IFN-dependent pathways can lead to permanent dysregulation of cellular homeostasis. At the
organismal level, this is manifested by the development of pathologies called type I interferonopathies.
An example of such a disease is Aicardi–Goutières syndrome [151].

Interestingly, the contribution of mt-dsRNA to innate immunity was also observed in other
studies. It was shown that the immune response can be modulated by mt-dsRNA via protein kinase
RNA-activated (PKR). The canonical PKR-induced response comprises sensing of viral dsRNA by
PKR following phosphorylation of the enzyme and altering cellular signaling pathways to promote
an antiviral defense. Recent findings revealed that PKR can also be induced by endogenous RNAs,
primarily by mt-dsRNAs [143]. PKR was proposed to associate with mitochondria, and mt-dsRNA
sensing was suggested to take part in the mitochondrial matrix [143]. However, the proposed
mechanism assumes that PKR needs to be exported to the cytoplasm to induce downstream signaling
pathways. How PKR translocation to and from mitochondria is maintained remains unclear. It cannot
be excluded that PKR induction may take place during mt-dsRNA escape into the cytoplasm, for
example, upon aberrant PNPase function.

Notably, the role of mt-dsRNA in the modulation of innate immunity is not restricted to humans, as
similar responses were reported in other species, suggesting that mt-dsRNAs are important regulators
of the immune response across species. A study in a fly model demonstrated that disrupted mtRNA
turnover leads to mt-dsRNA accumulation and altered immune response once mt-dsRNAs are released
into the cytoplasm [152]. A study conducted in a murine model showed that the lack of p53 protein
results in the activation of innate immunity by dsRNA of mitochondrial origin [153]. Consistent with
previous findings on human cells [144], the immune response was shown to be dependent on MDA5
and RIG-I activation [153]. Altogether, these studies established mt-dsRNAs as important regulators
of the immune response and revealed a new RNA-dependent mechanism by which mitochondria
regulate cell fate.
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5.2. Mitochondrial Long Non-Coding RNAs (mt-lncRNAs)

While most non-coding transcripts are swiftly degraded after synthesis, a pool of antisense mtRNAs
exhibits some stability, resulting in their detection under normal conditions. These transcripts, called
mirror RNAs, such as mirror ND2 [91,94], or long non-coding RNAs (ncND5, ncND6, and ncCytB) [154],
are complementary to sense transcripts. Whether these mt-lncRNAs play any role remains to be
elucidated; nevertheless, differential tissue-specific expression of these RNA species [154] suggests
their potential regulatory function. One can imagine that by hybridizing to their coding counterparts,
mt-lncRNAs could regulate the stability or translation efficiency of corresponding mtRNAs.

Other examples of lncRNAs possibly originating from mitochondrial transcription were
proposed [155,156]. An example is a 2374 nt-long transcript containing an antisense 16S mt-rRNA
sequence (inverted repeat) linked to the 5′ end of the 16S mt-rRNA forming a long double-stranded
structure called SncmtRNA (sense non-coding mitochondrial RNA). Interestingly, this transcript was
reported to be overexpressed in proliferating but not resting tumor cells [155]. Further studies from
the same group reported the presence of 2 other lncRNAs containing inverted repeats linked to the 5′
end of the antisense 16S mt-rRNA, called ASncmtRNAs (antisense non-coding mitochondrial RNAs).
These transcripts were found in normal proliferating cells and were reported to be down-regulated in
tumor cells [156]. Detected transcripts were postulated to be hallmarks of proliferating tumor cells vs
nontumor cells, which may play a role in regulating tumor progression [156,157].

A group of lncRNAs mapped to mtDNA was detected in patients with heart disease [158], and
these include circulating mitochondria-derived lncRNA LIPCAR (long intergenic non-coding RNA
predicting cardiac remodeling) [159]. The 5′ end of this 781nt long chimeric lncRNA maps to the
antisense of the mt-Cytb gene, while its 3′ end maps to the antisense of the mt-COX2 gene. The
LIPCAR transcript was shown to be up-regulated in the late stages after myocardial infarction and to be
elevated in patients with chronic heart failure, serving as a potential biomarker of cardiac remodeling
and cardiovascular mortality [159,160].

As presented here, ncRNAs encompass a group of potentially important molecules that can act
in various ways to influence mitochondrial function and cell physiology (Figure 2). Their putative
functions involve the regulation of mitochondrial translation and mtRNA stability. They may also
function as sponges occupying mtRBPs. Moreover, their ability to form mt-dsRNA together with
sense transcripts predisposes them to act as signaling molecules modulating the immune response.
Altogether, mitochondrial non-coding RNAs extend the repertoire of potential mechanisms by which
mitochondrial gene expression is regulated and influences cell physiology. Thus far, antisense
transcripts were mostly studied or linked with non-physiological conditions. It remains to be seen
whether this class of RNAs has any roles under normal, nonperturbed conditions.
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Figure 2. Cellular functions of mitochondria-derived transcripts. MtDNA may be a source and
a target for non-coding RNA. Question mark indicates that the process or mechanism is currently
undefined. Nucleus-encoded miRNAs (mitomiRs) are suggested to enter mitochondria and regulate
mtDNA expression, nevertheless their exact import pathway is currently unexplained. Transcription
of mtDNA may result in formation of small non-coding RNAs (mitosRNAs) which may interplay
with mt-mRNAs stability. Mechanism of action of mitochondrial small non-coding RNAs is currently
undefined. Long non-coding RNAs (mt-lncRNAs) may arise from mtDNA transcription and may
regulate stability and transcription of mt-mRNAs or may serve as baits for mitochondrial RNA-binding
proteins (mtRBPs). Convergent transcription of mtDNA may result in formation of double-stranded
RNA (mt-dsRNA). Under normal conditions, L-strand derived transcripts are swiftly degraded which
prevents formation of mt-dsRNAs. Dysfunction of PNPase causes accumulation of mt-dsRNA and its
release into cytoplasm. Once released into the cytoplasm, mt-dsRNAs can induce type I interferon
response via activation of MDA5 receptors.

6. Emerging Aspects of mtDNA Maintenance and Expression

6.1. mtDNA Polymerases and mtDNA Repair

POLG, responsible for replication of mtDNA, was long believed to be the only DNA polymerase
present in mitochondria [161]. In contrast, recent reports suggest that there may be more than one DNA
polymerase operating in mammalian mitochondria. Recent studies proposed several additional DNA
polymerases to be implicated in mtDNA metabolism; nevertheless, some of those findings require
further validation [162]. The most well-documented novel mtDNA polymerase, primase and DNA
directed polymerase (PrimPol), takes part both in nuclear and mitochondrial DNA maintenance [163].
PrimPol may act as a primase forming DNA and RNA primers or as a DNA polymerase to extend
the DNA primers and it is also able to perform translesion synthesis [164]. It seems that in human
mitochondria, the main role of PrimPol is not to prime mtDNA replication but rather to rescue stalled
replication forks by bypassing lesions or repriming DNA synthesis at the site of DNA damage. Further
polymerases suggested to take part in mtDNA metabolism comprise polymerases Beta (POLB), Zeta
(POLZ) and Theta (POLQ) [162]. These polymerases were proposed to participate in mtDNA repair
(POLB) [165] (reviewed by Kaufman and Van Houten [166], mtDNA stability (POLZ) [167] and mtDNA
maintenance (POLQ) [168].

Importantly, the discovery of novel mtDNA polymerases broadens the horizon for prospective
mtDNA repair pathways. Mitochondria are thought to possess a limited DNA repair system comprising
mainly base excision repair (BER). In mitochondrial BER, gap filling is driven by POLG assisted by
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several other proteins engaged in recognition and cleavage of a damaged DNA base, elimination of
the abasic site, DNA 5′-end processing to generate substrate for POLG and, finally, ligation [169–174].
Other mtDNA repair pathways are being debated; nucleotide excision repair (NER) is thought to
be absent from mitochondria, and only a few studies have reported mismatch repair to be present
in mitochondria [52]. It is thus possible that novel enzymes could be engaged in these processes,
expanding the repertoire of possible mtDNA repair pathways. This is especially important as mtDNA
damage may have significant implications for human health [175].

6.2. mtDNA Editing

As mitochondria are organelles separated with double membranes that harbor strict import
machinery, for a long time, it has seemed impossible to stably edit mtDNA in vertebrates. While proteins
can efficiently be targeted and delivered into mitochondria, nucleic acid uptake remains controversial.
As such, import of the nucleic acid component for mtDNA transformation and editing appeared to be
a hurdle [176]. This difficulty can be overcome by the use of protein-only nucleases that can efficiently
be engineered to target the mitochondrial matrix and induce sequence-specific double-strand breaks in
mtDNA molecules [177]. This strategy takes advantage of mtDNA heteroplasmy and is based on the
cleavage of mtDNA molecules harboring certain sequences (for example, pathological mutations). As a
double-strand break repair pathway is not present in mitochondria, cleaved mtDNA molecules are
rapidly degraded [178–180]. Remaining, noncleaved mtDNA molecules with normal sequences can then
be replicated to reconstitute mtDNA content [181–184]. Two DNA editing platforms were introduced
into mitochondria: transcription activator-like effector nucleases (TALEN) [185] and zing-finger
nucleases (ZFN) [183]; these platforms enabled efficient heteroplasmy shift. In 2018, two breakthrough
studies published back-to-back by the Minczuk and Moraes labs showed successful mtDNA editing
in vivo [186,187]. In a mouse model of heteroplasmic mitochondrial disease, mitochondrially targeted
ZFN [186] and TALENs [187] delivered by the adeno-associated virus led to the successful elimination
of mutated mtDNA and subsequent reversion of the pathological phenotype [186,187]. These studies
may open a new era for the treatment of heteroplasmic mitochondrial diseases.

6.3. RNA Import into Mitochondria

As mentioned earlier, nucleic acid import into mammalian mitochondria arouses controversy. First,
it is not fully clear which RNA molecules can be transported into mitochondria; second, the machinery
responsible for this process is debated. PNPase, a component of the mitochondrial degradosome
complex, was proposed to play a role in RNA import into mitochondria [96,188]. Indeed, a pool of
PNPase is found in the mitochondrial intermembrane space [94,96,189], where it could take part in
importing RNA. Nevertheless, the exact mechanism of this process is not known, and it is not certain
whether PNPase plays this role alone or cooperates with other proteins. While degradation of mtRNAs
is a widely accepted function of PNPase, it is unclear how the enzyme mediates the transport of RNA
instead of its destruction. Another suggested pathway of RNA import concerns mitochondrial protein
translocase complexes TOM and TIM [190]; however, this has not been confirmed in mammalian cells.
Another controversy refers to the RNA species that could potentially be imported into mitochondria.
A few studies have indicated the mitochondrial import of recombinant heterologous tRNAs comprising
the introduction of motifs derived from yeast tRNA [191–193]. Of note, tRNAs were shown to be
imported into mitochondria of trypanosomes and plants [194,195]. Nevertheless, import of endogenous
RNAs H1 RNA (as an RNA component of the canonical RNaseP), 7-2 RNA (as an RNA component of
the RNase MRP) and 5S rRNA (as a constituent of the mitoribosome) was recently challenged [176],
as those RNAs were suggested to be dispensable in human mitochondria. Indeed, it was shown that
mitochondrial RNaseP does not possess an RNA moiety [88], RNase MRP localizes predominantly to
the nucleolus [196–198] and 5S rRNA is replaced by tRNA in the mitochondrial ribosome [199–201].
Establishing the molecular mechanism of mitochondrial RNA import would be of great value, as
it could enable the import of Clustered Regularly Interspaced Short Palindromic Repeats (CRISPR)
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system constituents for mtDNA manipulation. Although obviously revolutionary and beneficial,
introduction of this system in mitochondria seems to be challenging, if not impossible [176].

6.4. Small RNAs in Mitochondrial Biology

Transcription of mtDNA may be a source of distinctive mtRNA species. Recent studies reported
that a various range of small ncRNAs may emerge form mitochondrial transcription. A study engaging
high-throughput sequencing of small RNA (sRNA) revealed that around 3% of whole-cell sRNAs maps
uniquely to the mitochondrial genome in 143B human cells [90]. Interestingly, most of reported unique
small RNA sequences were derived from tRNA genes [90]. The functional role of these RNA species is
not known and whether they can be a part of RNA interference pathway as it was shown for processed
nuclear tRNAs is an open question [90,202,203]. Other reported mitochondrial sRNAs comprise small
non-coding transcripts called mitosRNAs (mitochondrial genome-encoded small RNAs) [204] and
mitochondrial microRNAs (also called mitomiRs) [205]. Notably, whether the novel sRNA species
are just a consequence of mtRNA processing and whether they possess any biological function is
currently debated. Small non-coding RNAs appear as a novel class of transcripts that may have
regulatory functions in mitochondria, nevertheless their exact mode of action and some aspects of their
biogenesis are far from well established and evoke controversies. A canonical function of cytoplasmic
microRNA (miRNA) is sequence-specific gene silencing in RNA interference pathway [206]. Several
reports suggested presence of microRNAs in mitochondria [207–210] proposed to be either products
of mtDNA transcription or an effect of import of cytoplasmic transcripts inside mitochondria [205].
Nevertheless, miRNA biogenesis encompasses multiple steps of processing and require specialized
machinery and it is not known which proteins could be engaged in these processes in mitochondria.
Moreover, it is not clear how miRNAs could enter mitochondria. These questions need to be answered
in order to establish functional potential of mitochondrial small ncRNAs.

Future studies will show whether identified short RNAs have functional importance or they are
merely by-products of mtRNA processing and decay. For example, a recently described short RNA
called tRNA-like accumulates strongly upon inhibition of mtRNA degradation by the mitochondrial
degradosome [106]. This may imply that most, if not all, tRNA-like molecules are just by-products
of mtRNA processing which are removed by the degradosome. Or this transcript has functional
importance, but its levels need to be strictly controlled.

6.5. 37 or More?

Early studies of the human mitochondrial genome led to the mapping of mtDNA-encoded
genes [21]. For a long time, human mtDNA was considered to encode 37 genes; however, a few
recent reports suggested that there may be additional coding sequences within human mtDNA.
Human mitochondrial genome may harbor nested small open reading frames (sORF) yielding short
peptides derived from polycistronic mt-mRNAs. For example, human 16S rRNA gene was suggested
to contain sORF encoding 24 amino acid peptide called humanin, which may have cytoprotective
properties [211,212]. It is not known, however, whether humanin is translated inside mitochondria or
in the cytoplasm and in the latter case, how humanin transcript could be exported from mitochondria
and recognized by cytoplasmic translation apparatus [213]. Other mitochondria-derived peptides
(MDPs) were proposed to arise from mitochondrial sORFs and were suggested to have regulatory
functions within the cell. Among them are mitochondrial open reading frame of the 12S rRNA-c
(MOTS-c) and small humanin-like peptides 1–6 (SHLP1-6) located within 12S rRNA and 16S rRNA
genes, respectively [214–216]. However, synthesis of MOTS-c would require export of corresponding
encoding RNA to the cytoplasm, a process of unknown mechanism. Mitochondrial sORF and sRNAs
are intriguing in concept, nonetheless, initial reports of them require further substantiation. It cannot
be excluded that mitochondrial sRNAs and MDPs are by-products of mitochondrial gene expression.
Therefore, proposed mitochondrial sORF and sRNAs require further studies to be fully embraced by
the field.
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Abbreviations

ATP adenosine triphosphate
dsRNA double-stranded RNA
G4 G-quadruplex
H-strand heavy-strand
IFN interferon
ITH heavy-strand transcription initiation site
ITL light-strand transcription initiation site
L-strand light-strand
lncRNA long non-coding RNA
MDP mitochondria-derived peptide
miRNA microRNA
mitomiRs mitochondrial microRNAs
mitosRNAs mitochondrial genome-encoded small RNAs
mtDNA mitochondrial DNA
mtRNA mitochondrial RNA
NCR non-coding regulatory region
ncRNA non-coding RNA
PAMP pathogen-associated molecular pattern
RBP RNA-binding protein
sORF small Open Reading Frame
sRNA small RNA

References

1. Brown, G.C. Control of respiration and ATP synthesis in mammalian mitochondria and cells. Biochem. J.
1992, 284, 1–13. [CrossRef] [PubMed]

2. Go, Y.-M.; Jones, D.P. Redox compartmentalization in eukaryotic cells. Biochim. Biophys. Acta 2008, 1780,
1273–1290. [CrossRef]

3. Titov, D.V.; Cracan, V.; Goodman, R.P.; Peng, J.; Grabarek, Z.; Mootha, V.K. Complementation of mitochondrial
electron transport chain by manipulation of the NAD+/NADH ratio. Science 2016, 352, 231–235. [CrossRef]

4. Galluzzi, L.; Kepp, O.; Trojel-Hansen, C.; Kroemer, G. Mitochondrial control of cellular life, stress, and death.
Circ. Res. 2012, 111, 1198–1207. [CrossRef]

5. Pizzo, P.; Drago, I.; Filadi, R.; Pozzan, T. Mitochondrial Ca2+ homeostasis: Mechanism, role, and tissue
specificities. Pflugers Arch. 2012, 464, 3–17. [CrossRef]

6. Brand, M.D.; Orr, A.L.; Perevoshchikova, I.V.; Quinlan, C.L. The role of mitochondrial function and cellular
bioenergetics in ageing and disease. Br. J. Dermatol. 2013, 169 (Suppl. 2), 1–8. [CrossRef]

7. Maiese, K. The bright side of reactive oxygen species: Lifespan extension without cellular demise. J. Transl.
Sci. 2016, 2, 185–187. [CrossRef]

8. Arnoult, D.; Soares, F.; Tattoli, I.; Girardin, S.E. Mitochondria in innate immunity. EMBO Rep. 2011, 12,
901–910. [CrossRef] [PubMed]

9. Sandhir, R.; Halder, A.; Sunkaria, A. Mitochondria as a centrally positioned hub in the innate immune
response. Biochim. Biophys. Acta Mol. Basis Dis. 2017, 1863, 1090–1097. [CrossRef] [PubMed]

10. Czarnecka, A.M.; Golik, P.; Bartnik, E. Mitochondrial DNA mutations in human neoplasia. J. Appl. Genet.
2006, 47, 67–78. [CrossRef] [PubMed]

211



Cells 2020, 9, 17

11. Lin, M.T.; Beal, M.F. Mitochondrial dysfunction and oxidative stress in neurodegenerative diseases. Nature
2006, 443, 787–795. [CrossRef] [PubMed]

12. Copeland, W.C.; Wachsman, J.T.; Johnson, F.M.; Penta, J.S. Mitochondrial DNA alterations in cancer. Cancer
Invest. 2002, 20, 557–569. [CrossRef] [PubMed]

13. Schapira, A.H.V. Mitochondrial diseases. Lancet 2012, 379, 1825–1834. [CrossRef]
14. Nicholls, T.J.; Rorbach, J.; Minczuk, M. Mitochondria: Mitochondrial RNA metabolism and human disease.

Int. J. Biochem. Cell Biol. 2013, 45, 845–849. [CrossRef] [PubMed]
15. Vafai, S.B.; Mootha, V.K. Mitochondrial disorders as windows into an ancient organelle. Nature 2012, 491,

374–383. [CrossRef] [PubMed]
16. Gorman, G.S.; Chinnery, P.F.; DiMauro, S.; Hirano, M.; Koga, Y.; McFarland, R.; Suomalainen, A.;

Thorburn, D.R.; Zeviani, M.; Turnbull, D.M. Mitochondrial diseases. Nat. Rev. Dis. Primers 2016, 2,
16080. [CrossRef]
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Abstract: BKCa channels, originally discovered in Drosophila melanogaster as slowpoke (slo),
are recognized for their roles in cellular and organ physiology. Pharmacological approaches implicated
BKCa channels in cellular and organ protection possibly for their ability to modulate mitochondrial
function. However, the direct role of BKCa channels in regulating mitochondrial structure and
function is not deciphered. Here, we demonstrate that BKCa channels are present in fly mitochondria,
and slo mutants show structural and functional defects in mitochondria. slo mutants display an
increase in reactive oxygen species and the modulation of ROS affected their survival. We also found
that the absence of BKCa channels reduced the lifespan of Drosophila, and overexpression of human
BKCa channels in flies extends life span in males. Our study establishes the presence of BKCa channels
in mitochondria of Drosophila and ascertains its novel physiological role in regulating mitochondrial
structural and functional integrity, and lifespan.

Keywords: potassium channel; mitochondria; reactive oxygen species; antioxidants; life span; aging;
BKCa channels

1. Introduction

The large-conductance potassium channel activated by calcium (Ca2+) and voltage
(BKCa/Slo/MaxiK) was originally cloned in Drosophila at the slowpoke (slo) locus [1–3] and addressed as
Kcnma1 in mammals. BKCa channel is ubiquitously present in the plasma membrane of all eukaryotic
cells. In Drosophila, extensive work has been performed on slo mutants where BKCa was shown to
carry transient Ca2+-dependent K+ currents (IKCa) in muscles [2,4], and neuronal cells [5]. In addition,
slo mutant has revealed roles of BKCa channel in neuronal functions, abnormal circadian activity,
and well-characterized locomotor disorder (hence the name slowpoke) [3,6].

In mammals, BKCa is characterized to play similar roles in neuronal and non-neuronal cells [7].
They are the key ion channels with a large conductance, activated by gasses and lipids in addition to
sensing changes in Ca2+, and voltage. In the last decade, mutations in Kcnma1 gene have been associated
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with a paroxysmal movement disorder, epilepsy, obesity, hypertension, and cancer in humans [8].
BKCa null mutant mice showed alterations in circadian rhythm, blood pressure, hearing, heart rate,
bladder control, locomotion, reproductive function, neurovascular coupling, airway constriction,
insulin secretion, and learning and memory [7,9]. In the absence of BKCa, the survival of mice
and weight gain was hampered [10] but in contrast, the absence of Slo-1 in Caenorhabditis elegans
was associated with slow motor aging and moderate extension of life span [11]. The majority of
these functions were shown to be associated with the BKCa localized to the plasma membrane [9].
One exception to plasma membrane localization of BKCa channels is their localization to mitochondria
of murine and rodent adult cardiomyocytes [8,12]. In the heart, activation of BKCa is known to
play a direct role in cardioprotection from ischemia-reperfusion (IR) injury possibly via regulation of
mitochondrial function [8,12–14].

Mitochondria are energy-generating organelles of the cell involved in several metabolic and
signaling pathways. The inner mitochondrial membranes support the electron transport chain
(ETC) tightly-coupled with membrane potential (ψmito) that participates in the generation of ATP.
Defects in ETC, ψmito, mitochondrial fusion–fission events, or ionic imbalance can cause mitochondrial
permeability transition pore (mPTP) to form, and result in apoptosis [15]. One of the well-established
consequences of mitochondrial dysfunction is life span [16]. Several ion channels present in the plasma
membrane and intracellular organelle membranes are known to regulate mitochondrial structure as
well as functional integrity [8]. Even though BKCa is shown to regulate mitochondrial function, there is
no direct evidence that BKCa can directly regulate mitochondrial structural and functional integrity.
Expression of BKCa in coronary arteries from old rats, as well as humans, diminishes without showing
any changes in biophysical properties [17]. However, whether BKCa directly affects life span is not
well studied. To address this question, we studied the BKCa channel mutant (slo) phenotypes with
respect to mitochondrial functional integrity and life span using the Drosophila model.

In this study, we found that BKCa/Slo is present in mitochondria of Drosophila as a functional ion
channel. The absence of BKCa results in age-related changes in mitochondrial structural and functional
integrity. We also tested whether increased mitochondrial reactive oxygen species (ROS) is responsible
for the early death of flies and chelating ROS could partially rescue the aging phenotype. Ablation of
BKCa dramatically reduced the lifespan of Drosophila, while overexpression of human BKCa form
surprisingly increased lifespan only in males. In agreement, our microarray data revealed various life
span regulated transcripts altered in slo mutant flies. Taken together, our results define a novel function
for BKCa channel in regulating mitochondrial structure and function and reduction in life span.

2. Materials and Methods

2.1. Drosophila Stocks, Reagents, Dyes, and Antibodies

All fly stocks were maintained at 25 ◦C on standard medium (jazz mix, nipagin free) unless otherwise
stated. The experiments were carried out at 25 ◦C or 29 ◦C (for Gal4 efficiency) as mentioned in the
results sections or figures. The Canton S strain served as the wild-type (wt) stock and is indicated as
‘wt’ through the manuscript. The slo1 mutants (chemical-induced mutation, originally characterized in
Elkins et al. 1986 [3]), RNAi lines, Gal4 lines, and wild type lines (Canton S and W1118) were obtained
from the Bloomington Stock Center. UAS Sod2 flies were a gift from Prof. David Walker (UCLA).

2.2. Immuno Cyto/Organelle Chemistry

Flight muscles were dissected and fixed with 4% (w/v) paraformaldehyde (PFA), washed and
permeabilized with 0.4% (v/v) Triton-X100. Mitochondria were isolated from whole flies and loaded
with mitotracker as described earlier [18]. Mitochondria and tissues were blocked with normal goat
serum (10%) and stained with primary antibodies (anti-ubiquitin 1:100 (FK2), and anti-BKCa 1:200) and
secondary antibodies, followed by DAPI (for tissues) (n = 5 independent experiments).
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2.3. Electrophysiology

Patch-clamp experiments using mitoplasts (mitochondria without outer membranes) were
performed as described previously [19,20]. Briefly, mitoplasts were prepared from mitochondria
isolated from whole D. melanogaster placed in a hypotonic solution (5 mM HEPES, 100 μM CaCl2, pH
= 7.2) to induce swelling and eventual disruption of the outer membrane. To restore the sample to an
isotonic condition (150 mM KCl, 10 mM HEPES, 100 μM CaCl2, pH 7.2) a hypertonic solution (750 mM
KCl, 30 mM HEPES, 100 μM CaCl2, pH 7.2) was added. The patch-clamp pipette was filled with
an isotonic solution. Mitoplasts are easily recognizable due to their size, round shape, transparency,
and the presence of a ‘cap’, characteristics that distinguish these structures from the cellular debris that
is also present in the preparation. The low-calcium solution (1 μM CaCl2) contained the following:
150 mM KCl, 10 mM HEPES, 1 mM EGTA, and 0.752 mM CaCl2 at pH 7.2. An isotonic solution
containing 100 μM CaCl2 was used as the control solution for all of the presented data. The experiments
to assess the channel activity were carried out in patch-clamp inside-out mode [20]. The electrical
circuit was made using Ag/AgCl electrodes and an agar salt bridge (3 M KCl) as the ground electrode.
The current was recorded using a patch-clamp amplifier Axopatch 200B. The pipettes had a resistance
of about 14 MΩ and were pulled using a vertical puller.

The currents were low-pass filtered at 1 kHz and sampled at a frequency of 100 kHz. The traces
of the experiments were recorded in single-channel mode. The conductance of the channel was
calculated from the current–voltage relationship (Figure 1I). The probability of channel opening (Po,
open probability) was determined using the single-channel search mode of the Clampfit software.
Data from the experiments are reported as the mean values+ standard deviations (S.D.). Student’s t-test
was used for statistical analysis (n = 5 independent experiments comprising of mitochondrial isolation
from 100 flies each).
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Figure 1. Localization of dSlo in isolated mitochondria. High-resolution confocal images of isolated
mitochondria from Drosophila (A–C, wild type, D–F slo mutants) loaded with mitotracker (A,D red)
and labeled with an anti-Slo antibody (B,E green). Overlays are shown in (C,F). Protein proximity
index for dSlo to mitotracker was 0.5 ± 0.1.
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(G), Single-channel current-time recordings (left panel), current-voltage characteristics (middle panel)
and Po analysis of single-channel events in a symmetric 150/150 mM KCl isotonic solution (100 μM
Ca2+) at different voltages in mitoplast prepared from whole flies. (H), Effects of 1 μM Paxilline on
the single-channel activity. (I), Single-channel current-time recordings in symmetric 150/150 mM KCl
isotonic solution at control (100 μM Ca2+) and after reduction calcium concentration to 1 μM Ca2+.
(J), Analysis opening probability in the presence of 1 and 100 μM Ca2+ at different voltages of the
mitoBKCa channel in mitoplast prepared from whole flies. All data were acquired in a symmetric
150/150 mM KCl isotonic solution (n = 4). (K), Current–time recordings of single-channel activity
in symmetric 150/150 mM KCl isotonic solution at control (100 μM Ca2+), after reduction calcium
concentration to 1μM Ca2+ and after application of 10μM NS1619. The bar graph shows the distribution
of the Po under the conditions above. * p < 0.001 vs. the control. ** p < 0.001 vs. 1 μM Ca2+. The data in
(G,J,K) are presented as the means ± S.D. The recordings were low-pass filtered at 1 kHz. “-“ indicate a
closed state of the channel.

2.4. Reactive Oxygen Species and Quantification

2.4.1. Dihydroethidium (DHE)

Flight muscles were dissected quickly and placed in DHE (molecular probes) in PBS (1:1000
dilution) for 3 min and then washed in PBS three times for 3 min each. The samples were then fixed
in 4% (w/v) PFA for 3 min and then washed again in PBS twice for 2 min each time. Flight muscles
were then mounted in PBS and immediately photographed under a Zeiss confocal microscope (n = 5
independent experiments).

2.4.2. Spectrophotometric Analysis

Flies were homogenized using a pestle, and ROS generation was detected from isolated
mitochondria by amplex red using fluorescence spectrophotometer (Hitachi F-2710) described
previously [18]. Briefly, 5 μg horseradish peroxidase (Sigma-Aldrich, St. Louis, MO, USA) was
added to the ROS buffer (mmol/L, 20 Tris-HCl, 250 sucrose, 1 EGTA-Na4, 1 EDTA-Na2, pH 7.4 at 37 ◦C)
and the baseline fluorescence was obtained (excitation at 560 nm and emission at 590 nm) for 30 min
(n = 4 independent experiments with 100 flies each to isolate mitochondria). The protein concentration
was used to normalize the amount of mitochondria from the same extracts.

2.5. ATP Measurement

ATP was measured from five individual groups of 2-week old females flies (n = 5 independent
experiments with 20 flies each), using Roche ATP bioluminescence assay kit CLS II according to
manufacturer’s instructions. Briefly, flies were homogenized in the lysis buffer and incubated for 5 min
at room temperature. The extract was spun down at 10,000 g and the supernatant was transferred
into a microwell plate. Upon addition of luciferase reagent, the luminescence was measured using a
luminometer. The ATP measurements were normalized to protein from the same extract.

2.6. Oxygraph

Mitochondria from 40 flies were harvested and resuspended in 100 μL MiRO5 buffer (mmol/L,
0.5 EGTA, 3 MgCl2, 60 K-lactobionate, 20 taurine, 10 KH2PO4, 20 HEPES, 110 sucrose and 1 g/L BSA
essentially fatty acid-free adjusted to pH 7.1). The assay was performed using the OROBOROS®

Oxygraph-2k (O2k, Oroboros Instruments, Innsbruck, Austria) similar to previously published
methods [21]. The oxygen electrodes were calibrated with air-saturated respiration medium (MiRO5) at
25 ◦C as per manufacturer instructions. SUIT protocol was used to test the activities of Complex I (malate
and pyruvate) and Complex II (rotenone and succinate). Following substrates and inhibitors were
added sequentially: malate (2 mM) and pyruvate (5 mM), succinate (10 mM), rotenone (0.5μM), malonic
acid (5 mM), and antimycin A (2.5 μM). ADP (1–5 mM) was added at distinct steps after the addition of
Complex I and II substrates. FCCP (Carbonyl cyanide 4-(trifluoromethoxy)phenylhydrazone) titrations
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(0.05 μM steps) were carefully performed to obtain maximum electron transport capacity. Cytochrome c
(10 μM) test was performed in each experiment to make sure that the mitochondrial membrane integrity
was not compromised. The rate of oxygen consumption (oxygen flux) as a function of time was
normalized to the total protein concentration for each experiment. Background calibration and air
calibration were performed as suggested by the manufacturer prior to the experiments. Data were
analyzed by DatLab software (v5.0, Oroboros Instruments, Innsbruck, Austria). n = 5 independent
experiments from 40 flies each. The protein content was used to normalize the amount of mitochondria
from the same extracts.

2.7. Electron Microscopy

Drosophila flight muscles were dissected in PBS and fixed in 2% (w/v) glutaraldehyde and 2.5%
(w/v) formaldehyde in PBS. Embedding, thin sectioning, and staining were carried out according to a
standard protocol [22] (n = 5 independent preparations).

2.8. Drosophila Survivorship (Life Span Assays)

Flies were collected upon eclosure and reared in vials (30 flies in each vial, n = 3 independent
assays) with food at 25 ◦C or 29 ◦C on a standard medium. The media was changed every 3 days and
a number of deaths were recorded until all the flies died (for every life span assay, we used at least
n ≥ 20 flies per vial and 3 such vials as biological replicates).

2.9. Drosophila Geotaxis

A negative geotaxis assay [23] was performed by counting the number of flies that cross 5 cm
mark in 18 s after tapping them to the bottom of the vial (n = 3 independent experiments with 5 flies in
each experiment).

2.10. Dye-Feeding Assay

Flies were fed fluorescein (2% (w/v) in media) dye for 9 h and imaged under a fluorescent
microscope using 10X objective (Zeiss) (n = 5 independent experiments).

2.11. Paraquat/Glutathione Assays

Flies (2–3 days old) were starved for 2 h in 0.5% (w/v) agar and transferred into vials containing
fiberglass filter papers with 5% (w/v) sucrose and 20 mM PQ with or without 220 μM glutathione
(reduced). For the glutathione experiments, just eclosed flies were also reared on media containing
220 μM glutathione (reduced) for 1 week prior to PQ survival studies. Numbers of dead flies were
counted every 12 h and plotted (n ≥ 20).

2.12. Cloning of Human BKCa/UAS-Flies

BKCa-HF full length was cloned in pUASTattb vector between NotI and XhoI restriction enzyme
sites. The construct was amplified by PCR using N-terminal c-myc tag pCDNA3BKCa-HF as a template.
Briefly, BKCa-HF was amplified using sense primer 5′-AAG GAA AAA AGC GGC CGC ATG GGC
GCC GAG GAG CAG AAG-3′ and anti-sense primer 5′-CTA GTC TAG ACT CGA GTC AAA GCC
GCT CTT CCT G-3′. The PCR conditions were 95 ◦C for 5 min, 30 cycles of 95 ◦C for 30 s, 55 ◦C for 30 s
and 72 ◦C for 7 min followed by extension at 72 ◦C for 10 min. The clones obtained were confirmed by
sequencing (Genewiz). Constructs were injected into Drosophila embryos using services from BestGene
Inc (Chino Hills, CA, USA).

2.13. Microarray

Total RNA was isolated from 3-week-old female wild type and slo mutant flies using Qiagen
RNAeasy kit. RNA was treated with RNase-free DNAse I. RNA was quantified on a Nanodrop
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ND-100 spectrophotometer (NanoDrop Technologies, Wilmington, DE, USA), followed by RNA quality
assessment by analysis on an Agilent 2100 bioanalyzer (Agilent, Palo Alto, CA, USA). Fragmented
biotin-labeled cDNA (from 100 ng RNA) were prepared using the GeneChip WT Plus kit.

Each Affymetrix gene chip Drosophila array (Affymetrix, Santa Clara, CA, USA) was hybridized with
the fragmented and biotin-labeled target (4.5μg) in 200μL of hybridization cocktail. Target denaturation
was performed at 99 ◦C for 2 min and then 45 ◦C for 5 min, followed by hybridization for 18 h. Then the
arrays were washed and stained using GeneChip Fluidic Station 450, and hybridization signals were
amplified using antibody amplification with goat IgG (Sigma-Aldrich, St. Louis, MO, USA) and
anti-streptavidin biotinylated antibody (Vector Laboratories, Burlingame, CA, USA). The chips were
scanned on an Affymetrix Gene Chip Scanner 3000, using Command Console Software. Background
correction and normalization were done using Robust Multichip Average with Genespring V 14.9
software (Agilent). A 1.5-fold differentially expressed gene (p ≤ 0.05 values) list was generated.
The listing of differentially expressed genes and their fold change were loaded into Ingenuity Pathway
Analysis (IPA) 5.0 software (Qiagen Inc., https://www.qiagenbioinformatics.com/products/ingenuity-
pathway-analysis) to perform biological network and functional analyses. IPA converts gene sets
(with or without expression information) into related molecular networks based on IPA knowledge
database. Core analysis was performed for and the genes were categorized based on molecular
function, mapped to genetic networks, and ranked by score. The score reflects the probability that a
collection of genes equal to or greater than a number in the network could not be achieved by chance
alone. A score of more than 10 was used as a cutoff for identifying specific gene networks (n = 3
independent experiments with RNA isolated from 100 flies each).

2.14. Data Analysis

Data were analyzed using Sigma plot. Student’s t-tests or ANOVA were used for analyzing all
the data and reported as mean + standard error or the mean in text. p-values less than 0.05 were
considered significant.

3. Results

3.1. Presence of BKCa Currents in the Drosophila Mitochondria

In addition to the plasma membrane, BKCa channels are known to be present in the mitochondria
of rodent neurons [24] and endothelial cells [19]. In adult cardiomyocytes, they are exclusively present
in the mitochondria [12,25] but not in the plasma membrane [12,26]. In Drosophila, BKCa has been
well-characterized in the plasma membrane at the biophysical and physiological levels [7,27], however,
it is not known whether it is present or active in the mitochondria. In order to test for the presence
of BKCa in mitochondria, we loaded isolated mitochondria with mitotracker [18] and labeled with
anti-BKCa antibodies (Figure 1A,B,D,E). Mitochondria isolated from the whole wild-type but not slo1

mutant flies [1,3] showed the presence of a BKCa-specific signal (Figure 1A–F). Protein proximity index
(PPI) analysis [12] to estimate colocalization of BKCa to mitotracker-loaded mitochondria showed a
value of ~0.5 ± 0.1 (n = 6), indicating ~50% of BKCa signal colocalized with mitochondria.

BKCa has been recorded from cardiac and endothelial mitoplasts [8,19,25], but not in Drosophila
mitoplast (inner membrane of mitochondria). To examine whether BKCa is active in Drosophila mitoplast
(n = 5 independent experiments, mitochondria isolated from 100 flies each), we isolated mitoplast
from wild type flies and carried out patch-clamp analysis [19]. Approximately 80% of the currents
detected in the mitoplasts were attributed to BKCa-specific channels. We recorded channel activity
(Figure 1G) in the presence of 100 μM Ca2+ in the bath pipette at holding potentials ranging from
+60 mV to −60 mV in a symmetrical solution (150 mM KCl, 10 mM HEPES, 100 μM Ca2+, pH 7.2).
The current (I) vs. voltage (V) curve (Figure 1G) calculated from the single-channel currents showed a
conductance of 382 ± 8 pS (n = 5) for mitoBKCa. Surprisingly, the open probability of single-channel
current increases from ~0.6 at +60 mV to ~1.0 at −60 mV holding potentials (Figure 1G). On addition
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of paxilline (BKCa antagonist), the large channel conductance was completely blocked (Figure 1H),
confirming that the large currents were originated from paxilline-sensitive BKCa.

Since BKCa is a Ca2+-sensitive channel, we also changed the Ca2+ concentration of bath solution
from 100 μM to 1 μM. Single-channel recordings showed a decrease in open probability (Po) at holding
potentials ranging from −40 mV to 40 mV (Figure 1I). Po vs. V plot shows increase in Po at 100 μM
as compared to 1 μM Ca2+ (Figure 1J). Large conductance channels were not observed at 1 μM Ca2+.
However, on the addition of 1 μM NS1619 (BKCa agonist), the large-conductance channel reappeared
with a high Po (Figure 1K). Our immuno-organelle chemistry data indicate the presence of BKCa

channels in isolated mitochondria. In addition, our electrophysiological approach demonstrates the
presence of BKCa in Drosophila mitochondria corroborating the immuno-organelle chemistry data.

3.2. Mitochondrial Functional Aberrations in BKCa Mutants

Given the presence of BKCa in the mitochondria, we sought to investigate if BKCa plays a direct
role in its functional integrity using the BKCa (slo1) mutant [1,28].

We tested if ROS, the major byproduct of mitochondria, is altered in slo1 mutants. The slo1 mutant
showed higher levels of DHE staining (a detector of ROS) in indirect flight muscles indicating significantly
(p < 0.05, n = 5) increased production and accumulation of ROS (Figure 2A vs. 2B, quantified in 2C).
We examined ETC function where ROS is generated and found that slo1 mutant mitochondria showed a
significant increase in ROS production (Figure 2D–G). The increase was significant when pyruvate was
used as a substrate (Figure 2D,G, p < 0.01). To dissect which complex is generating this ROS, we used
specific substrates for complex I and complex II of ETC. With glutamate/malate (substrate for complex I),
we did not see any significant difference in ROS generation (Figure 2E,G). However, succinate (substrate
for complex II) showed a much higher level of ROS generation (Figure 2F,G) in slo1 mutants, indicating
that increased ROS produced could be due to complex III and or backflow of electrons to complex I [29].
Another mutant for dSlo, slo[f05915] [30] also showed the elevated rate as well as the amount of ROS
production by complex III (Supplementary Figure S1).

Figure 2. Mitochondrial functional defects in slo1 mutants. (A) (wt) and (B) (slo1) show indirect
flight muscles stained with DHE to detect ROS. (C) Quantification of ROS fluorescence in (A) and
(B) (wt-black, slo1-grey). The graphs in (D–F) show ROS generation in isolated wt (black) and slo1

mutant mitochondria (gray) in the presence of pyruvate (D), glutamate/malate (E), or succinate (F) as
substrates. Succinate and pyruvate, but not glutamate/malate show an increase in ROS as detected by
the amplex red dye, compared to wt mitochondria. (G) Quantification of (D,E), and (F,H) shows ATP
levels increased in slo1 mutants (wt-black, slo1-grey). (I) Quantification of oxygen flux from enriched
mitochondria from 40 thoraces of wt (black) and slo1 mutants (gray) flies. Basal, complex I, complex II,
and ROX (non-mitochondrial residual oxygen consumption rate) oxygen consumption rates do not
significantly vary between wt and slo1 mutants but combined complex I and complex II and maximum
ETC consumption are significantly higher in slo1 mutants.
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During oxidative phosphorylation, the energy released from oxidation/reduction reactions
drives the synthesis of ATP. Mitochondrial disintegration is often associated with a decrease in
ATP-generation [31]. We tested ATP-generation by mitochondria from two-week-old wt and slo1

mutant flies. Surprisingly, slo1 mutant flies showed a significant increase (p < 0.001, n = 5) in
ATP-generation compared to wt flies (Figure 2H). We also measured the activity of complexes from both
wt and slo1 mutant flies by measuring substrate driven oxygen consumption rates. In comparison to wt,
slo1 mutant flies had similar basal rates and higher but not significant complex I and complex II oxygen
consumption rates (Figure 2I). However, upon substrate saturation of both complex I and II combined,
the oxygen consumption rate was highly significant (p < 0.05, n = 5, Figure 2I). The maximum electron
transport system (ETS) capacity was also increased in slo1 mutants suggesting a higher index of
mitochondrial uncoupling in these mutant mitochondria (Figure 2I). We did not observe a sex-based
difference between in slo1 mutants.

3.3. Absence of BKCa Renders Flies Susceptible to Oxidative Stress

Our findings indicate abnormally hyper-functional mitochondria, which explain the higher level
of ROS production from the mitochondria. To analyze if increased ROS renders slo1 mutant flies
sensitive to oxidative stress, we fed them with paraquat (PQ), a compound known to induce oxidative
stress [32]. We found that slo1 mutants (Figure 3A) are highly sensitive to PQ feeding. Flies (2–3 days
old) maintained on starvation media for 2 h followed by exposure to 5% (w/v) sucrose combined
with 20 mM PQ showed 50% death of slo1 flies within 15 h whereas the 50% wt survived up to 25 h
(Figure 3A,B). Hypersensitivity of slo1 mutants to PQ was highly intriguing indicating that ROS plays
a detrimental role on the survivability of slo1 mutants. We tested hypersensitivity to ROS by feeding
the flies with reduced glutathione (GSH) to see if glutathione feeding helps them survive in oxidative
stress. We observed improved survival of slo1 mutants similar to wild type in PQ treatment upon
feeding of GSH (Figure 3C,D). These results show that increased ROS in slo1 mutants is responsible for
oxidative damage and perhaps influences the survival of flies.

Figure 3. Oxidative stress on fly survival. (A) Survival of slo1 mutants is significantly lower compared
to wt flies fed on 20 mM PQ in 5% (w/v) sucrose. (B) Histogram shows 50% survival for and slo1 and
wt flies. (C) Survival of slo1 mutants while PQ feeding with or without glutathione. (D) Histogram
shows 50% survival for and slo1 mutants with or without reduced glutathione (GSH). GSH increased
the survival of wild-type and slo1 mutants.
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3.4. Mitochondrial Structural Abnormalities in BKCa Mutants

In order to study the structure of mitochondria in slo1 mutant flies, we analyzed the ultrastructure
of mitochondria in wt and slo1 flies (Figure 4, n = 5). Electron microscopic analysis revealed major
differences in the ultrastructure of mitochondria (Figure 4B vs. E). We studied day 1 and day 30 time
points based on the differences observed in our initial experiments. The number of mitochondria in
slo1 mutant flies was less compared to wt from older flies (day 30). The mitochondria of older slo1

mutants showed severe defects in terms of cristae arrangement (Figure 4E). The size of mitochondria
in slo1 mutant older flies was also increased as compared to the young flies, which could be attributed
to their swollen appearance and loss of continuous inner mitochondrial membrane (Figure 4D,E,G).
No major differences were observed between young (day 1) vs. older wt flies (day 30, Figure 4A,B,G).

Figure 4. Mitochondrial structural defects in slo1 mutants. (A) Wt mitochondria from indirect flight
muscles at age 1 day show normal cristae organization. The slo1 mutant mitochondria also show
normal structure but there are increased numbers of vacuoles in the muscles (D). (B) Wt mitochondria
at the age of day 30 also show a normal cristae organization. However, the slo1 mutant mitochondria
show disorganized cristae and swollen mitochondria (E). (C) Mitochondria of very old flies (at day 60)
in wt show swirling of cristae, a phenotype characteristic of old age but occasionally young (day 1) slo1

flies also show such swirls (F), indicated by white arrows. (G) The Average area indicated by histogram
showed no difference in day 1 mitochondria in between wt (black) and slo1 (gray) but significant
(* p < 0.05) difference at day 30.

Mitochondrial swirls are known to represent early events of deterioration. Unusually close
packing of cristae in an onion peel arrangement in the flight muscle mitochondria makes it feasible to
detect it by electron micrograph [33]. We observed sporadic mitochondrial swirls in very old wt flies
(≥60 days, Figure 4C) but slo1 mutant showed mitochondrial swirls from day 1 in the flight muscle
(Figure 4F, one to two occurrences per field). We have also observed the appearance of vacuoles in
young slo1 mutant flies (Figure 4D) whereas they were not seen in the wt counterparts. Taken together
these analyses indicate major disorganization in mitochondrial structure in slo1 mutant flies, some of
them being hallmarks of the early aging phenotype. Mitochondrial structural disintegration, as well as
the appearance of swirls, indicated possible oxidative damage to mitochondria consistent with our
earlier results. Age-related abnormalities in mitochondria from flight muscles and other tissues of
Drosophila are well-documented [34,35]. Older flies show severe mitochondrial deterioration; including
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loss of cristae, increase in size (swelling) and loss of arrangement in muscle fibers [33]. This prompted
us to investigate if there are differences in the lifespan of slo1 mutant flies.

3.5. slo1 Mutants Show Reduced Lifespan

Mitochondria are energy-generating organelles of the cell involved in several metabolic and
signaling pathways [15] such as lifespan. Our results showed mitochondrial structural and functional
defects in BKCa mutants. Hence, we further investigated the consequence of absence of BKCa in lifespan.

We compared the lifespan of slo1 mutants with wt flies. Even though flies were cultured in the
optimal nutritional conditions and temperature (25 ◦C), slo1 mutants surprisingly died within 45 ± 3
days (Figure 5A, B, and Supplementary Figure S2) whereas wt flies survived up to 85 ± 5 days, showing
that the slo1 mutant has only ~50% of lifespan compared to wt flies. There was no significant difference
between females (Figure 5A) and males (Figure 5B) slo1 mutants as they both showed decreased
lifespan by ~50%. Reductions in the lifespan of female Drosophila are also associated with mating [36].
To test whether BKCa has any role in ‘cost of mating’, we performed a parallel study where males and
females were housed together. We did not detect any significant differences in the observed lifespan of
flies cultured separately or together (Supplementary Figure S2).

Figure 5. slo1 mutants reveal accelerated aging. Drosophila BKCa (slo1) mutants show significantly
reduced lifespan of females (A) and males (B) by approximately 50% compared to wild-type (wt) flies.
The inset shows 50% survival for wt (black) and slo1 (gray), which was reduced significantly for slo1

mutants. (C) Negative geotaxis assay for wt and slo flies at young (day 3) and older flies (day 30) shows
reduced ability of slo1 mutants to climb the marked distance in a given time in vials compared to their
controls. (D) Increased polyubiquitination staining is observed in slo1 mutants (red) as compared to wt
in both young and older ages and quantification is provided in (E). (F) slo1 mutants show increased
intestinal perforations as determined by the leakage of fluorescein dye (green) from the gut unlike
control flies, which only show the dye in their gut at both young and older ages. (G) Quantification of
fluorescein signal from (F). (H) Microarray data showing differential expression of life span-related
genes in wt and slo1 mutants.

Age-related locomotor impairments including negative geotaxis [23] are well-documented in
Drosophila [37]. Drosophila slo1 mutants are known to have locomotor impairments [38] which were
also observed here in both males and females (Figure 5C). No significant changes in negative geotaxis
were observed in wt flies in between 3 days and 30 days old in both genders. Wild type flies survive
up to ~90 days and our geotaxis assays were performed on comparatively younger wild type flies.
However, with age slo1 mutants showed a dramatic reduction in locomotion (Figure 5C, n = 3, 5 flies
each in each trial). Reduction in lifespan is directly associated with increased proteotoxicity [39,40].
We characterized slo1 mutants at young and old age along with wt flies to study the age-related
deposition of protein aggregates in a flight muscle by immunofluorescence (Figure 5D). As shown
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earlier [39,40] anti-Ubiquitin (Ubq) antibody labels’ protein aggregates in indirect flight muscle in
old flies, we also observed a significant increase in protein aggregates (Figure 5D,E) in slo1 mutants.
Surprisingly, the slo1 mutant showed a higher amount of aggregates from a young age which
increased with old age (Figure 5D). Integrated fluorescence of protein aggregates showed a significant
increase in Poly Ubq fluorescence with age in both wt and slo1 mutants (Figure 5E) (n = 5). We also
observed similar results with western blot studies where poly-Ubq streak was increased in slo1

mutants. In corroboration, we observed an increase in the levels of refractory to Sigma P, Ref(2)P,
a Drosophila orthologue of mammalian p62, which is a major component of protein aggregates in
flies [41] (Supplementary Figure S3). Age-dependent intestinal-perforations are utilized as markers of
aging and physiological changes associated with aging [42]. We tested age-related intestinal perforation
by feeding fluorescein dye to young and old flies from wt as well as slo1 mutant groups (Figure 5F).
Surprisingly, the mutant flies showed fluorescent dye leakage through the intestinal perforations from a
young age (3 days) indicating the premature or accelerated aging phenotype (Figure 5F). Taken together,
our results suggest that slo1 mutants not only show shortened lifespan but several accelerated aging
phenotypes (n = 5).

We conducted microarray studies using 3-week old wild type and slo mutants (n = 3) to investigate
if life span related genes are differentially regulated in the mutants. We found several genes implicated
in life span regulation altered in the slo mutants (Figure 5G). Methuselah mutants are well known to
expand the life span of Drosophila [43]. We indeed found overexpression of two Methuselah genes
explaining the converse phenotype of shortened life span in the slo mutants. Overexpression of
methionine sulfoxide reductase A (Epi71CD) is shown to increase life span, whereas in our arrays
we found a decrease of this enzyme, along with the mitochondrial antioxidant peroxiredoxin 3 [44].
Several other life span related genes were altered such as Thor, NLaz, Hsp22, and Daxx [45–48]
suggesting the absence of BKCa channel having an important role in regulating life span. In line
with the observed mitochondria-related oxidative stress in slo mutants, we also found 63 oxidative
stress-related genes altered (Supplementary Figure S4).

We further wanted to investigate if overexpression of BKCa in flies has a converse effect on life
span compared to the slo mutants. We created full-length BKCa pUAST plasmids and injected into
flies. Consistent with our previous results in Figure 5A,B flies overexpressing human BKCa at 29 ◦C,
at which Gal4 efficiency is maximum, resulted in an increase in a life span of male flies (Figure 6A).
The effect was not seen in female flies where they had a similar life span compared to wild type flies
(Supplementary Figure S5). This showed that BKCa has a definitive role in regulating life span and the
function is genetically conserved.

Figure 6. slo1 expression modulates survival. (A) Males overexpressing human (Hs) BKCa increase
life span. Inset shows quantification of 50% survival of control and Hs BKCa overexpressing flies.
(B) Lifespan of control, slo RNAi under 24B Gal4 and slo1 mutants at 29 ◦C. (C) slo1 mutants are
partially rescued by the overexpression of Daughterless Gal4-UAS; Sod2. Inset histograms represent
the 50% survivability of the mutants. Histograms represent the 50% survivability of the mutants in
both (B) and (C).
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Using RNAis against BKCa we also narrowed down that the reduction in lifespan is at least
partly through its action in the muscles. We tested global (Daughterless Gal4), neuronal (Elav Gal4),
and muscle (24B Gal4) knockdown of BKCa and found that muscle knockdown of BKCa showed a
reduction in lifespan compared to control flies (Figure 6B). We found that 24BGal4>slo RNAi decreased
the lifespan (Figure 6B) from 52 ± 4 days to around 42 ± 3 days at 29 ◦C, at which Gal4 efficiency is
maximum. The 50% survivability bar graphs show a significant decrease in the lifespan of 24BGal4>slo
RNAi (Figure 6B). The reduction in locomotor activity with age could also be associated with loss of
BKCa in the muscles where mitochondria play an important role [49].

As ROS generation was elevated in slo1 mutants, we attempted to rescue the reduction in lifespan
of BKCa mutants by chelating ROS. We overexpressed SOD2 using UAS-SOD2 in slo1 mutants using a
ubiquitous daughterless-Gal4 driver and cultured them to study their lifespan. As shown in Figure 6C,
both wt, and slo1 mutants showed a modest but significant increase in lifespan on overexpression
of SOD2 at 25 ◦C (we observed similar results at 29 ◦C as well). We further calculated the time at
which 50% of flies survived. Overexpression of SOD2 increased 50% survivability by 10% but for slo1

mutants, we observed ~36 ± 8% increase. These results partially implicate ROS in the reduction of the
life span of slo1 mutants and chelating ROS rescued the lifespan of slo1 mutant flies. This suggests,
in addition to ROS, other mitochondrial abnormalities observed in slo1 mutants could be contributing
to the reduction of lifespan.

4. Discussion

The presence of BKCa in mitochondria has been extensively pursued in the mitochondrial channel
field in recent years [8,50]. Hence, we investigated if Drosophila mitochondria contain BKCa currents.
Our electrophysiological studies provide clear evidence for the presence of BKCa channels in the
mitochondria of Drosophila. The currents measured are of typical BKCa characteristics and they could
be blocked by paxilline, and activated by calcium. Surprisingly, Po decreased at higher voltages
which needs further characterization as this phenomenon could result from the presence or absence of
additional regulatory subunit. Our immunolabelling of mitochondria also confirmed localization of
BKCa to the mitochondria. These experiments indicate that the large current in Drosophila mitoplast is
highly sensitive to changes in Ca2+ concentrations in the mitochondrial matrix, and could be blocked
by highly specific BKCa inhibitor, paxilline. The large-conductance and sensitivity to NS1619, paxilline
as well as Ca2+ and voltage in addition to mitochondrial immunocytochemistry indicate that Drosophila
mitoplast possess functional BKCa proteins. These experiments for the first time establish BKCa as a
mitochondrial ion channel across the species confirming an evolutionary presence. However, BKCa is
located in several other membranes, for example in plasma membranes in neurons and astrocytes [7,8],
along with mitochondrial membranes. It is yet to be deciphered how mitochondrial function is
controlled by BKCa with respect to its various locations.

The absence of BKCa has several consequences on mitochondria. A dramatic increase in the
accumulation of ROS was observed in slo1 mutant flies. Increased ROS can be detected in live tissues
of mutant flies and also a higher amount of ROS generation was observed in isolated mitochondria.
Energized slo1 mutant mitochondria produce increased levels of ROS compared to wt mitochondria
when provided with specific substrates. This indicates that the increased ROS is a consequence of
dysfunctional mitochondria, although it does not rule out the contribution from NOX related enzymes
that are capable of producing ROS. However, other mitochondrial readouts such as ATP and oxidative
phosphorylation measurements further consolidate the hypothesis that the increased ROS observed
in slo1 mutant animals is due to mitochondria. The increase in ATP could also be due to sustained
membrane potential caused by reduced potassium leak, increasing proton flux from ATP synthase.
These results indicate hyper-functional mitochondria, which explain the higher level of ROS production
from the mitochondria. We have recently shown that genetic activation of BKCa channels reduces ROS
upon IR injury stress [13], which further supports a role for BKCa in regulating ROS.
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The BKCa flies also display oxidative stress sensitivity in a ROS-based pathway [51]. When we
subjected the flies to oxidative stress using PQ, the BKCa mutant flies died within 48 h compared to
wt flies, which survive for more than 3 days. This indicated that BKCa flies are under high oxidative
stress and any further increase in ROS could be detrimental. The converse experiments by feeding
glutathione increased the survivability of slo1 mutants indicating that ROS is at least a factor that
determines the survival of slo1 mutants.

Consistent with the functional abnormalities of mitochondria, slo1 mutants also show several
structural defects in mitochondria. Although younger flies contain mitochondria of normal appearance,
occasional vacuoles and mitochondrial swirls are observed in flies even of day 1 age. As the flies age,
mitochondrial structural defects are further enhanced where cristae structure is lost and mitochondrial
swelling occurs. This depicts a progressive disintegration of mitochondria in an accelerated manner
perhaps one of the causes leading to the early death of flies. Given that mitochondria from slo1

mutants produced higher amounts of ATP, it is possible that the absence of BKCa results in changes in
cristae as observed here which results in assembly of respiratory chain supercomplexes (RCS). RCS are
quaternary supramolecular structures that allow channeling of electrons amongst individual respiratory
chain complexes facilitate selective use of RCC subsets for nicotine adenine dinucleotide (NADH)- or
flavin adenine dinucleotide (FAD)-derived electrons [52]. These type of supramolecular organization
is commonly found in cristae, and the mitochondrial ATP synthase is also assembled as dimers
with increased ATPase activity and the dimerization is further augmented during autophagy [53].
Mitochondria are closely associated with lifespan and mitochondrial defects accumulate as the animal
ages. Interestingly in slo1 mutants, mitochondrial abnormalities can be seen on day 1 or birth.
Mitochondrial swirls are occasionally seen in slo1 mutants, a phenotype hallmark of very old/dying
flies in wt situations.

Ion channels are reported to alter with age in rats and humans [17,54]. Expression of BKCa channels
was shown to be reduced in aged coronary arteries possibly resulting in decreased vasodilator capacity,
increased the risk of coronary spasm and myocardial ischemia in older people [17,54,55]. In mice,
the absence of BKCa causes low body weight and decreased survivability in the first 10 weeks [10,56]
but a complete life span analysis has not been reported. In contrast, a recent report indicated a
moderate increase in life span and motor neuron activity in C. elegans BKCa mutants [11]. However,
broad augmentation of endogenous BK currents in vivo (gain-of-function BKCa TG mice) resulted in
protecting the heart from ischemia-reperfusion injury [13]. In our current study, we have discovered
that Drosophila lacking BKCa showed a decrease in lifespan supporting mammalian observations.
Flies mutant for BKCa not only die rapidly but show early and premature accumulation of aging
markers. This indicates that the presence of BKCa is important in the regulation of aging. The key
reason for this difference between C. elegans, flies, and mammals could be attributed to the role of
electron transport chain (ETC) and ROS in aging. In C. elegans any perturbation with ETC results in
an increase in life span due to their anaerobic energy-producing capacity, which is the exact opposite
to what is observed in mammals and Drosophila [57]. One of the best examples for this difference is
in frataxin homolog gene (frh-1), where knocking down frh-1 significantly increased the life span of
C. elegans [58], but its ablation in mouse decreased life span [59], and recessive mutations in frataxin
cause Friedreich’s ataxia [60] in humans.

In agreement with accelerated aging, we observed the accumulation of age-related phenotypes
just after the birth of flies such as intestinal perforation and polyubiquitin aggregation accompanied by
motor defects in slo1 mutant flies. This provides evidence that BKCa channel function is required from
an early age, perhaps from developmental stages, for the animal to age in a wild type manner and it
regulates life span. Our microarray data intriguing shows increased expression of several methuselah
genes whose mutants are known to extend life span [43]. While it is not clearly shown if an increase
in methuselah expression reduces the life span, it is consistent with the proposed role of methuselah
where lack of it increases life span. We also observed several life span related genes altered in the
slo mutants along with oxidative stress genes in our microarray [45–48]. These results collectively
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show that slo is a major regulator of oxidative stress and life span and a detailed study is required in
the future to narrow down the direct role of BKCa in regulating life span. The major limitation is the
contribution of mitochondrial vs. non-mitochondrial BKCa in regulation the lifespan of Drosophila.

Supporting our observation of ion channels regulating lifespan, it was recently shown that low
temperatures activate a cold-sensitive cation channel TRPA-1, which extends a lifespan by triggering
cellular signaling pathways [61]. It is also interesting that lack of BKCa only from the muscles also
causes reduced lifespan similar to what is reported in earlier studies [62]. Conversely increasing
BKCa by Gal4-UAS based overexpression increased the life span indicates a true role for BKCa in
regulating life span. Human BKCa is 70% identical to Drosophila BKCa but is sufficient to rescues
as well as augment the life span of Drosophila indicating the function could be conserved across
species. This result is of relevance given expression of BKCa goes down with age in humans [63].
However, it is intriguing that only males show this effect while females do not show life span extension
upon overexpression. These results are in agreement with increase in a life span of male flies on
overexpression of specific DNA repair endonucleases [64]. DNA repair mechanisms are ATP-dependent
processes, and dysfunctional mitochondria over a longer period of time could trigger apoptosis and cell
death. This indicates gender-based differences in how BKCa regulates life span or could be involved in
DNA repair mechanisms, which needs detailed study.

Taken together, our study establishes BKCa/Slo as an important player in maintaining the structure
and functional integrity of mitochondria in Drosophila, and regulating lifespan. These findings also
corroborate earlier studies that expression of BKCa reduces during aging which increases the risk of
cardiovascular diseases in older people [17]. Our study also proves the existence of ion channel activity
for BKCa in the Drosophila mitochondria. Given the dual cellular localization (intracellular membranes
vs. plasma membrane) of BKCa, it is critical to evaluate its spatial specific role(s) in pathophysiology
in future studies. In our findings, we have not ruled out the role of plasma membrane BKCa but
introduced its new physiological role in aging. Presence of BKCa in the mitochondria and its role in
modulation of ROS opens up avenues to explore antioxidant-based therapies in diseases and disorders
related to these large conductance potassium channels. In the past decade, studies have indicated that
pharmacological and genetic activation of BKCa results in cellular and organ protection from ischemic
injuries. Despite recent successes with animal models, the translational aspect of BKCa channel openers
is still lacking due to poor selectivity of these agonists. With recent advancements in gene delivery and
gene therapy, our recent and current work reiterates the importance of expression of BKCa to protect
organs from ischemic insult or increasing life span.
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Abstract: Transient receptor potential canonical channel-6 (TRPC6) is one of the Ca2+-permeable
non-selective cation channels. TRPC6 is mainly expressed in dentate granule cell (DGC), which
is one of the most resistant neuronal populations to various harmful stresses. Although TRPC6
knockdown evokes the massive DGC degeneration induced by status epilepticus (a prolonged
seizure activity, SE), the molecular mechanisms underlying the role of TRPC6 in DGC viability in
response to SE are still unclear. In the present study, hyperforin (a TRPC6 activator) facilitated
mitochondrial fission in DGC concomitant with increases in Lon protease-1 (LONP1, a mitochondrial
protease) expression and extracellular-signal-regulated kinase 1/2 (ERK1/2) phosphorylation under
physiological conditions, which were abrogated by U0126 (an ERK1/2 inhibitor) co-treatment. TRPC6
knockdown showed the opposite effects on LONP1 expression, ERK1/2 activity, and mitochondrial
dynamics. In addition, TRPC6 siRNA and U0126 evoked the massive DGC degeneration accompanied
by mitochondrial elongation following SE, independent of seizure severity. However, LONP1
siRNA exacerbated SE-induced DGC death without affecting mitochondrial length. These findings
indicate that TRPC6-ERK1/2 activation may increase DGC invulnerability to SE by regulating
LONP1 expression as well as mitochondrial dynamics. Therefore, TRPC6-ERK1/2-LONP1 signaling
pathway will be an interesting and important therapeutic target for neuroprotection from various
neurological diseases.

Keywords: dentate granule cell; epilepsy; hyperforin; LONP1; mitochondrial dynamics; neuroprotection;
pilocarpine; seizure; siRNA

1. Introduction

Mitochondria are essential organelles for cellular bioenergetics, which are responsible for producing
nearly 95% of cellular ATP through oxidative phosphorylation. Under pathological conditions,
a progressive decrease in the mitochondrial integrity abrogates respiratory capacities and increases
production of free radicals, leading to aberrant structural and/or functional changes in mitochondria.
Therefore, the maintenance of mitochondrial redox status is very important for cell viability [1–5].

Lon protease 1 (LONP1) belongs to the ATPases associated with diverse cellular activities
(AAA+) protease family in the mitochondrial matrix that has a proteolytic activity of oxidized,
dysfunctional, and misfolded proteins in ATP-dependent manner. Thus, LONP1 is rapidly up-regulated
to prevent accumulation and aggregation of abnormal mitochondrial proteins under pathophysiological
conditions [3–7]. LONP1 over-expression also activates extracellular signal regulated kinase 1/2
(ERK1/2), providing survival advantages and adaptation to cells [8]. Furthermore, ERK1/2 is
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required for the up-regulation of LONP1 during epidermal growth factor (EGF)-induced tumorigenic
transformation [9]. Therefore, it is likely that the reciprocal regulation between ERK1/2 and LONP1
may affect neuron viability against harmful stresses, although the underlying mechanisms have
been elusive.

Transient receptor potential canonical channel-6 (TRPC6) is one of Ca2+-permeable non-selective
cation channels, which protects neurons from ischemia [10], excitotoxicity [11], and status epilepticus
(a prolonged seizure activity, SE) [12]. In the rat hippocampus, TRPC6 is highly expressed in the dentate
granule cells (DGC), which are more resistant to various insults than other hippocampal neurons [13,14].
Furthermore, TRPC6 knockdown reduces ERK1/2 activity, and results in the massive DGC degeneration
following SE [14–16]. Recently, we have reported that the abrogation of up-regulation of LONP1
expression by its siRNA evokes massive DGC death following SE [17]. Therefore, it is presumable that
TRPC6-mediated ERK1/2 activation may be one of the up-stream signaling cascades that protect DGC
from SE by regulating LONP1 expression, which is less defined.

Here, we show that TRPC6 knockdown led to mitochondrial elongation in DGC concomitant with
decreases in LONP1 expression and ERK1/2 phosphorylation. Hyperforin (a TRPC6 activator) showed
the reverse effects on ERK1/2 activity, LONP1 expression, and mitochondrial length. In addition,
TRPC6 siRNA and U0126 (an ERK1/2 inhibitor) resulted in massive DGC degeneration following SE.
However, LONP1 siRNA evoked SE-induced DGC degeneration without affecting TRPC6 expression,
ERK1/2 phosphorylation, or mitochondrial morphologies. These findings for the first time demonstrate
TRPC6-ERK1/2 activation may increase DGC invulnerability to SE by regulating LONP1 expression
and mitochondrial dynamics.

2. Materials and Methods

2.1. Experimental Animals and Chemicals

Male Sprague–Dawley (SD) rats (7 weeks old) were used in the present study. Animals were kept
under controlled environmental conditions (23–25 ◦C, 12 h light/dark cycle) with free access to water
and standard laboratory food. All animal protocols were approved by the Administrative Panel on
Laboratory Animal Care of Hallym University (Hallym 2018-2, April, 2018). All possible efforts were
taken to avoid animals’ suffering and to minimize the number of animals used during the experiment.
All reagents were obtained from Sigma-Aldrich (St. Louis, MO, USA), except as noted.

2.2. siRNA and Drug Infusion

Under Isoflurane anesthesia (3% induction, 1.5–2% for surgery, and 1.5% maintenance in a
65:35 mixture of N2O:O2), animals were stereotaxically implanted with a brain infusion kit 1
(Alzet, Cupertino, CA, USA) into the right lateral ventricle (1 mm posterior; 1.5 mm lateral;
−3.5 mm depth to the bregma). The infusion kit was sealed with dental cement and connected
to an osmotic pump (1007D, Alzet, Cupertino, CA, USA) containing (1) control siRNA, (2) rat
TRPC6 siRNA, (3) rat LONP1 siRNA, (4) vehicle, (5) U0126 (a selective ERK1/2 inhibitor, 25 μM),
(6) hyperforin (a TRPC6 activator, 6 μM), or (7) hyperforin + U0126 [12,15,16,18]. Rat TRPC6 siRNA
and LONP1 siRNA sequences were 5’-GGAAUAUGCUUGACUUUGGAAUGUUUU-3’ [14] and
5’-GAGACAAGUUGCGCAUGAUTT-3’ [17], respectively. The non-targeting control siRNA sequence
was 5’-GCAACUAACUUCGUUAGAAUCGUUAUU-3’. In a previous study and the present study,
50 μM of U0126 inhibited ERK1/2 phosphorylation in the hippocampus by ~50% after 7 days of over
infusion [15]. An osmotic pump was placed in a subcutaneous pocket in the interscapular region.
To measure the effect of each siRNA, U0126 or hyperforin on seizure susceptibility in response to
pilocarpine, some animals were also implanted with a recording electrode (Plastics One, Roanoke, VA,
USA) into the left dorsal hippocampus (−3.8 mm posterior; 2.0 mm lateral; −2.6 mm depth). Before
an EEG recording, connecting wire and an electrode socket were inserted in an electrode pedestal
(Plastics One, Roanoke, VA, USA).
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2.3. SE Induction and EEG Analysis

Three days after surgery, SE was induced by a single dose (30 mg/kg) of pilocarpine in rats
pretreated (24 h before pilocarpine injection) with 127 mg/kg LiCl, as previously described [14,15].
Before pilocarpine injection, animals were given atropine methylbromide (5 mg/kg i.p.) to block the
peripheral effect of pilocarpine. As controls, rats were treated with saline instead of pilocarpine. After
injection, animals were monitored continuously for 2 h to register the extent of behavioral seizure
activity. Behavioral seizure severity was also evaluated according to Racine’s scale [19]: (1) immobility,
eye closure, twitching of vibrissae, sniffing, or facial clonus; (2) head nodding associated with more
severe facial clonus; (3) clonus of one forelimb; (4) rearing, often accompanied by bilateral forelimb
clonus; and (5) rearing with loss of balance and falling accompanied by generalized clonic seizures.
Within 20–45 min of treatment with pilocarpine, animals became catatonic and began staring, followed
by myoclonic twitching and often frequent rearing and falling. The behavioral seizure score reached
4–5 in all groups. There was no difference in the behavioral seizure score induced by pilocarpine
among all the groups. In some animals, EEG signals were also recorded with a DAM 80 differential
amplifier (0.1–3000 Hz bandpass, World Precision Instruments, Sarasota, TL, USA), digitized (sampling
rates, 1000 Hz) and analyzed using LabChart Pro v7 (AD Instruments, Bella Vista, NSW, Australia).
Total EEG power and spectrograms were automatically calculated in 2-hour recording session using a
Hanning sliding window with 50% overlap [14,15]. Two hours after SE, animals received diazepam
(Valium; Roche, France; 10 mg/kg, i.p.) to terminate SE.

2.4. Tissue Processing

Seven days after surgery (non-SE induced animals) or three days after SE, rats were
perfused transcardially first with phosphate-buffered saline (PBS) followed by a fixative solution
(4% paraformaldehyde in 0.1 M phosphate buffer, pH 7.4) during 30 min under urethane anesthesia
(1.5 g/kg, i.p.). The brains were removed and submerged in the same fixative solution for 4 h at 4 ◦C.
Following postfixation, brains were cryoprotected overnight in 30% sucrose solution (in 0.1 M PBS), and
coronally sectioned with a cryostat at 30 μm, and consecutive sections were contained in six-well plates
containing PBS. For western blot, animals were decapitated under urethane anesthesia (1.5 g/kg, i.p.).
The hippocampus was rapidly removed and homogenized in lysis buffer. The protein concentration in
the supernatant was determined using a Micro BCA Protein Assay Kit (Pierce Chemical, Rockford,
IL, USA).

2.5. Western Blot

Western blotting was performed according to standard procedures. Briefly, tissue lysate proteins
were blotted onto nitrocellulose transfer membranes (Schleicher and Schuell BioScience Inc., Keene,
NH, USA), then incubated with primary antibodies in Table 1. Immunoreactive bands were detected
and quantified on ImageQuant LAS4000 system (GE Healthcare, Piscataway, NJ, USA). The values of
each sample were normalized with the corresponding amount of β-actin as internal reference.

2.6. Immunohistochemistry and Fluoro-Jade B Staining

As previously described [14–16], free-floating sections were first incubated with 10% normal
goat serum (Vector, Burlingame, CA, USA) in PBS for 30 min at room temperature. Sections were
then incubated at room temperature for overnight in the mixture of primary antibodies (Table 1) in
PBS containing 0.3% triton X-100 (Table 1). After three washes in PBS, sections were incubated for
1 h in fluorescein isothiocyanate (FITC)-, Cy3- or aminomethylcoumarin acetate (AMCA)-conjugated
secondary antibodies (Vector, Burlingame, CA, USA). Sections (reacted with TRPC6 antibody only)
were reacted with biotinylated secondary antiserum and avidin–biotin complex (Vector, Burlingame,
CA, USA). Thereafter, immunoreactivity was developed by standard 3,3’-Diaminobenzidine reaction.
The antibody that was preincubated with 1 μg of purified peptide (for TRPC6) or pre-immune serum
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was used as for negative control. To analyze the neuronal damage, we applied Fluoro-Jade B (FJB)
staining (Histo-Chem Inc., Jefferson, AR, USA), according to the manufacturer’s instructions. Images
were captured using an AxioImage M2 microscope or a confocal laser scanning microscope (LSM 710,
Carl Zeiss Inc, Oberkocken, Germany) [14,15].

Table 1. Primary antibodies used in the present study.

Antigen Host
Manufacturer

(Catalog Number)
Dilution Used

ERK1/2 Rabbit Biorbyt (Orb160960) 1:2000 (WB)

LONP1 Rabbit Proteintech (15440-1-AP) 1:100 (IF)
1:1000 (WB)

Mitochondrial marker
(Mitochondrial complex IV subunit 1, MTCO1) Mouse Abcam (#ab14705) 1:500 (IF)

pERK1/2 Rabbit Bioss (bs-3330R) 1:1000 (WB)

TRPC6 Rabbit Millipore (AB5574) 1:100 (IHC)
1:1000 (WB)

β-actin Mouse Sigma (A5316) 1:5000 (WB)

IF, Immunofluorescence; IHC, immunohistochemistry; WB, Western blot.

2.7. Cell Count and Measurement of Mitochondrial Length

As previously described [14,15], coronal images of the dentate gyrus (3–4 mm posterior to the
bregma) were captured (15 sections per each animal) using 20× objectives, and areas of interest
(1 × 105 μm2) were selected from the dentate granule cell layer. Thereafter, FJB-positive neurons
were counted on 20× images using AxioVision Rel. 4.8 Software. Individual mitochondrion in DGC
(n = 20/section) was also captured using 63× or 100× objectives, and each length was measured by
using AxioVision Rel. 4.8 Software or ZEN lite (Blue Edition, Carl Zeiss Inc., Oberkocken, Germany)
software following 3D-reconstruction. Two different investigators who were blind to the classification
of tissues performed cell counts and measurement of mitochondrial length.

2.8. Quantification of Data and Statistical Analysis

All data were analyzed using Student t-test, one-way ANOVA, or one-way repeated measure
ANOVA to determine statistical significance. Bonferroni’s test was used for post hoc comparisons.
A p-value below 0.05 was considered statistically significant.

3. Results

3.1. TRPC6 Knockdown and Hyperforin Reversely Regulate LONP1 Expression, ERK1/2 Phosphorylation, and
Mitochondrial Length in DGC under Physiological Conditions

Figure 1A shows that TRPC6 expression was apparently detected in the DGC layer and the
molecular layer of the DG rather than other regions. TRPC6 siRNA reduced TRPC6 expression in the
hippocampus (Figure 1A). TRPC6 knockdown elongated mitochondrial length (~2.86 μm), as compared
to control siRNA (~1.26 μm) (p < 0.05 vs. control siRNA, n = 7; Figure 1B,C and Supplementary
Figure S1). TRPC6 siRNA decreased LONP1 expressions in mitochondria (Figure 1C). Western blot
data demonstrated that TRPC6 knockdown led to ~65% and ~30% reductions of TRPC6 and LONP1
protein levels, respectively (p < 0.05 vs. control siRNA, n = 7, respectively; Figure 1D,E). TRPC6
knockdown also declined ERK1/2 phosphorylation (p < 0.05 vs. control siRNA, n = 7; Figure 1D E and
Supplementary Figure S2). In contrast to TRPC knockdown, hyperforin (a TRPC6 activator) [12,18]
decreased mitochondrial length to ~0.54 μm (p < 0.05 vs. vehicle, n = 7; Figure 1B,C). Hyperforin
increased ERK1/2 phosphorylation and LONP1 expression without altering TRPC6 expression (p < 0.05
vs. vehicle, n = 7; Figure 1D,E and Supplementary Figure S2). Since TRPC6 regulates ERK1/2
activity [20], our findings indicate that ERK1/2 may be involved in a potential relationship between
TRPC6 and LONP1.
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Figure 1. Effects of TRPC6 siRNA and hyperforin on mitochondrial dynamics, LONP1 expression,
and ERK1/2 phosphorylation under certain physiological conditions. (A) Representative images of
control- and TRPC6 siRNA-treated animals. TRPC6 expression is predominantly detected in the
molecular layer of the dentate gyrus and DGC. TRPC6 siRNA effectively decreases TRPC6 expression.
(B,C) Effects of TRPC6 siRNA and hyperforin on mitochondrial length. TRPC6 siRNA (T-siRNA)
leads to mitochondrial elongation, while hyperforin (HF) facilitates mitochondrial fragmentation.
(B) Quantification of mitochondrial length. Open circles indicate each individual value. Horizontal
bars indicate mean value (mean ± S.E.M.; * p < 0.05 vs. control siRNA and vehicle, respectively; Student
t-test; n = 7, respectively). (C) Representative double immunofluorescent images for LONP1 and
mitochondria (Mito). Inserts are high magnification images (insert bar = 1.25 μm). (D,E) Effects of
TRPC6 siRNA and hyperforin on expressions of TRPC6 and LONP1, and ERK1/2 phosphorylation.
TRPC6 siRNA (T-siRNA) decreases protein levels of TRPC6 and LONP1, and ERK1/2 phosphorylation.
Hyperforin (HF) increases LONP1 expression and ERK1/2 phosphorylation without changing TRPC6
expression. (D) Representative western blots of expressions of TRPC6 and LONP1, and ERK1/2
phosphorylation (M.W. marker, Molecular weight marker). (E) Quantification of expressions of TRPC6
and LONP1, and ERK1/2 phosphorylation based on western blot data. Open circles indicate each
individual value. Horizontal bars indicate mean value (mean ± S.E.M.; * p < 0.05 vs. control siRNA
and vehicle, respectively; Student t-test; n = 7, respectively).
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3.2. LONP1 siRNA Does Not Influence TRPC6 Expression, ERK1/2 Phosphorylation and Mitochondrial Length
under Physiological Condition

Next, we applied LONP1 siRNA to confirm whether LONP1 reciprocally influences TRPC6
expression and ERK1/2 phosphorylation. LONP1 knockdown significantly decreased LONP1
expression (p < 0.05 vs. control siRNA, n = 7; Figure 2A,B and Supplementary Figure S3). However,
LONP1 knockdown did not affect the TRPC6 expression level and mitochondrial length (Figure 2A–D
and Supplementary Figure S1). In addition, LONP1 siRNA did not influence ERK1/2 expression and
its phosphorylation (Figure 2A,B and Supplementary Figure S3). Thus, these findings suggest that the
RPC6-ERK1/2 signaling pathway may be one of the up-steam regulators for LONP1 expression.

3.3. U0126 Abrogates Mitochondrial LONP1 Expression under Physiological Condition and after Hyperforin Treatment

Since hyperforin increases ERK1/2 phosphorylation and LONP1 expression in a previous [16]
and the present study, we further investigated whether ERK1/2 activity affects LONP1 expression.
U0126 (an ERK1/2 inhibitor) reduced ERK1/2 phosphorylation and LONP1 expression, and led
to mitochondrial elongation under physiological condition without affecting TRPC6 expression
(p < 0.05 vs. vehicle, n = 7; Figure 3A–D and Supplementary Figures S1 and S4). In addition, U0126
co-treatment abolished mitochondrial elongation and up-regulations of LONP1 expression as well
as ERK1/2 phosphorylation induced by hyperforin (p < 0.05 vs. hyperforin, n = 7; Figure 3A–D and
Supplementary Figures S1 and S4). Together with the data obtained from TRPC6 knockdown, these
findings indicate that TRPC6 activity may regulate LONP1 expression and mitochondrial dynamics
through ERK1/2 activation.

3.4. The TRPC6-ERK1/2-LONP1 Signaling Pathway Inhibits SE-Induced DGC Degeneration, Independent of
Seizure Severity

TRPC6 knockdown provokes massive DGC degeneration following pilocarpine-induced SE,
although DGC is remarkably resistant to neuronal damage induced by various insults [14,15]. Since
seizure severity correlates to neuronal damage [21,22], we explored whether the modulations of
the TRPC6-ERK1/2-LONP1 signaling pathway alter seizure susceptibility to pilocarpine. In control
siRNA-treated animals, the seizure susceptibility to pilocarpine was similar to that in vehicle-treated
animals (Figure 4A,B). TRPC6 siRNA reduced the latency of seizure on-set, and increased total EEG
power during SE (p < 0.05 vs. control siRNA, n = 7; Figure 4A,B). These findings indicate that TRPC6
knockdown may increase seizure susceptibility. LONP1 siRNA and hyperforin could not affect the
seizure susceptibility to pilocarpine (Figure 4A,B). Consistent with our previous study [15], U0126
delayed the seizure on-set, and reduced total EEG power in response to pilocarpine (p < 0.05 vs.
vehicle, n = 7; Figure 4A,B). Co-treatment of U0126 with hyperforin also reduced seizure activity after
pilocarpine injection (p < 0.05 vs. vehicle, n = 7; Figure 4A,B). However, TRPC6 siRNA and LONP1
siRNA evoked massive DGC degeneration (p< 0.05 vs. control siRNA, n= 7; Figure 5A,B). As compared
to vehicle, U0126 aggravated DGC death induced by SE (p < 0.05 vs. vehicle, n = 7; Figure 5A,B).
Hyperforin attenuated SE-induced DGC degeneration (p < 0.05 vs. vehicle, n = 7; Figure 5A,B), which
in turn caused deterioration by U0126 co-treatment (p < 0.05 vs. hyperforin, n = 7; Figure 5A,B).
Therefore, the severity of SE-induced DGC degeneration in each siRNA or compound-treated animals
was LONP1 siRNA > U0126 > TRPC6 siRNA > hyperforin + U0126 > control siRNA = vehicle >
hyperforin. These findings suggest that the blockade of TRPC6-ERK1/2-LONP1 signaling pathway
may increase SE-induced DGC degeneration, independent of seizure susceptibility or its severity.
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Figure 2. Effects of LONP1 siRNA on expression levels of LONP1 and TRPC6, ERK1/2 phosphorylation
and mitochondrial dynamics under physiological condition. (A,B) Effects of LONP1 siRNA on expressions
of TRPC6 and LONP1, and ERK1/2 phosphorylation. LONP1 siRNA decreases LONP1 expression
without affecting TRPC6 expression and ERK1/2 phosphorylation. (A) Representative western blots
of expressions of LONP1 and TRPC6, and ERK1/2 phosphorylation (M.W. marker, Molecular weight
marker). (B) Quantification of expressions of LONP1 and TRPC6, and ERK1/2 phosphorylation based
on western blot data. Open circles indicate each individual value. Horizontal bars indicate mean value
(mean ± S.E.M.; * p < 0.05 vs. control siRNA; Student t-test; n = 7, respectively). (C,D) Effects of LONP1
siRNA on mitochondrial length. LONP1 siRNA does not affect mitochondrial length. (C) Representative
double immunofluorescent images for LONP1 and mitochondria (Mito). Inserts are high magnification
images (insert bar = 1.25 μm). (D) Quantification of mitochondrial length. Open circles indicate each
individual value. Horizontal bars indicate mean value (mean ± S.E.M.; * p < 0.05 vs. control siRNA;
Student t-test; n = 7, respectively).
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Figure 3. Effects of U0126, hyperforin, and co-treatment of hyperforin and U0126 on expression levels of
LONP1 and TRPC6, ERK1/2 phosphorylation and mitochondrial dynamics under physiological condition.
(A,B) Effects of U0126, hyperforin (HF) and co-treatment of hyperforin and U0126 (HF + U0126) on
expressions of TRPC6 and LONP1, and ERK1/2 phosphorylation. U0126 decreases LONP1 expression and
ERK1/2 phosphorylation without affecting TRPC6 expression. Hyperforin increases LONP1 expression
and ERK1/2 phosphorylation, which are abrogated by U0126 co-treatment. (A) Representative western
blots of expressions of TRPC6 and LONP1, and ERK1/2 phosphorylation (M.W. marker, Molecular weight
marker). (B) Quantification of expressions of TRPC6 and LONP1, and ERK1/2 phosphorylation based
on western blot data. Open circles indicate each individual value. Horizontal bars indicate mean value
(mean ± S.E.M.; * p < 0.05 vs. control siRNA; one-way ANOVA; n = 7, respectively). (C,D) Effects of
U0126, hyperforin (HF) and co-treatment of hyperforin and U0126 (HF +U0126) on mitochondrial length.
U0126 increases mitochondrial length. In contrast, hyperforin diminishes it, which is abrogated by
U0126 co-treatment. (C) Representative double immunofluorescent images for LONP1 and mitochondria
(Mito). Inserts are high magnification images (insert bar = 1.25 μm). (D) Quantification of mitochondrial
length. Open circles indicate each individual value. Horizontal bars indicate mean value (mean ± S.E.M.;
* p < 0.05 vs. control siRNA; one-way ANOVA; n = 7, respectively).
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Figure 4. Effects of control siRNA, TRPC6 siRNA, LONP1 siRNA, U0126, hyperforin and co-treatment
of hyperforin and U0126 on seizure activity in response to pilocarpine. As compared to control
siRNA (C-siRNA), LONP1 siRNA (L-siRNA) does not affect seizure activity induced by pilocarpine.
However, TRPC6 siRNA (T-siRNA) reduces seizure latency, and increases seizure severity in response
to pilocarpine. No difference in seizure activity is observed between control siRNA and Vehicle
(Veh)-treated animals. As compared to vehicle, hyperforin (HF) does not affect seizure activity induced
by pilocarpine. However, U0126 and co-treatment of hyperforin and U0126 (HF + U0126) attenuate
seizure activity in response to pilocarpine. (A) Representative EEG traces and frequency-power spectral
temporal maps in response to pilocarpine. (B) Quantification of total EEG power (seizure intensity)
in response to pilocarpine (mean ± S.E.M.; * p < 0.05 vs. control siRNA or vehicle; one-way repeated
measure ANOVA; n = 7, respectively).
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Figure 5. Effects of control siRNA, TRPC6 siRNA, LONP1 siRNA, U0126, hyperforin, and co-treatment
of hyperforin and U0126 on SE-induced DGC degeneration. As compared to control siRNA
(C-siRNA), TRPC6 siRNA (T-siRNA), LONP1 siRNA (L-siRNA) and U0126 induce massive DGC
degeneration induced by SE. Hyperforin (HF) ameliorates SE-induced DGC damage, which is reversed
by U0126 co-treatment (HF + U0126). (A) Representative images for FJB-positive degenerating DGC.
(B) Quantification of the number of FJB-positive DGC. Open circles indicate each individual value.
Horizontal bars indicate mean value (mean ± S.E.M.; * p < 0.05 vs. control siRNA or vehicle; one-way
ANOVA; n = 7, respectively).

4. Discussion

The major findings of this study are that TRPC6-mediated ERK1/2 activation regulated LONP1
expression as well as mitochondrial dynamics, which were involved in the invulnerability of DGC to
SE (Figure 6).

LONP1 is an inducible ATP-stimulated protease, which plays important roles in cell viability by
controlling the maintenance of mitochondrial homeostasis/bioenergetics and DNA integrity [7,23–27].
Therefore, LONP1 expression is up-regulated under some pathological conditions such as hypoxia,
oxidative stress, and tumorigenesis [6–9]. However, the underlying mechanisms of regulation of LONP1
expression remain incompletely understood. TRPC6 modulates cell proliferation, differentiation and
neuronal vulnerability to various insults [10–12,28,29]. In addition, TRPC6 activates ERK1/2 [15,30],
which is involved in mitochondrial dynamics and LONP1 expression [9,31–36]. In the present study,
we found that TRPC6 siRNA effectively reduced ERK1/2 activity (phosphorylation) and LONP1
expression under physiological conditions. In contrast, hyperforin, a TRPC6 activator [18,37], increased
ERK1/2 activity and LONP1 expression, which were abrogated by U0126 co-treatment. Since LONP1
siRNA did not affect TRPC6 expression and ERK1/2 phosphorylation in the present study, our findings
indicate that, at least in DGC, TRPC6-ERK1/2 signaling pathway is one of the up-stream regulators of
LONP1 expression.
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Figure 6. Scheme of roles of TRPC6 in LONP1 expression and mitochondrial dynamics based on the
present data and previous reports [11,15,16,20,30]. TRPC6 activation increases Ca2+ influx in DGC.
Intracellular Ca2+ activates calcineurin and ERK1/2. Activated calcineurin inhibits the NMDA receptor.
In addition, ERK1/2 activation up-regulates LONP1 expression and DRP1 phosphorylation at the
616 site. Subsequently, phosphorylated DRP1 facilitates mitochondrial fission. Thus, TRPC6 may be
involved in the quality controls of mitochondria as well as mitochondrial dynamics, which would
enhance DGC invulnerability to SE.

LONP1 is required for the maintenance and expression of the mitochondrial enzymes and
genomes [25–27]. In particular, LONP1 plays a direct role in the turnover of cytochrome c oxidase
(COX), which is a terminal enzyme of the mitochondrial electron transport chain [38–40]. Under a
hypoxic condition, LONP1 degrades isoform 1 of COX subunit 4 (COX4-1) to facilitate the switch
from COX4-1 to COX4-2 for enhancing mitochondrial respiration [41]. LONP1 also removes the
impaired human mitochondrial transcription factor A (TFAM) that is essential for mitochondrial
DNA synthesis and its packaging [42–44]. Thus, deregulation of LONP1 leads to cell death by
loss of mitochondrial functions [27,45,46]. In the present study, TRPC6 siRNA, LONP1 siRNA, and
U0126 exacerbated SE-induced DGC degeneration. In addition, co-treatment U0126 abrogated the
protective effect of hyperforin on DGC damage against SE. Therefore, our findings suggest that
the TRPC6-ERK1/2 signaling pathway may play a neuroprotective role against SE by regulating
LONP1-mediated mitochondrial homeostasis/bioenergetics. Further studies are needed to elucidate
the specific targets controlled by LONP1, which would be involved in SE-induced neuronal death.

On the other hand, ERK1/2 activation accelerates mitochondrial fission via dynamin-related
proteins 1 (DRP1)-serine (S) 616 phosphorylation [35,36]. Indeed, the blockade of TRPC6 functionality
results in aberrant mitochondrial elongation by abrogating ERK1/2-mediated DRP1 activity in
DGC [14,15]. Mitochondria are dynamic organelles responsible for generating ATP. In addition,
mitochondrial dynamics participate in the synthesis of reactive oxygen species (ROS). Aberrant
mitochondrial elongation inhibits mitochondrial respiratory function that triggers excessive ROS
production. Excessive mitochondrial fission also impairs the detoxification of excess ROS and extrusion
of intracellular Ca2+ [47,48]. Thus, imbalance of mitochondrial fission-fusion induces balance results in
neuronal necrosis or apoptosis following SE [15,17,49–53]. Under physiological conditions, furthermore,
mitochondrial fission directly enables increases mitochondrial ROS production [1,2]. Considering
the relevance between mitochondrial dynamics and ROS syntheses, it is likely that the clearance of
oxidized and misfolded proteins generated by ROS may be essential for cell viability. In the present
study, TRPC6-mediated ERK1/2 activation facilitated mitochondrial fission, accompanied by LONP1
over-expression. However, LONP1 siRNA resulted in a massive DGC degeneration that was greater
than the levels caused by TRPC6 siRNA and U0126, although it did not affect mitochondrial length.
Unlike mitochondrial dynamics-related molecules (such as DRP1, optic atrophy 1, and mitofusin 2),
LONP1 is up-regulated in response to harmful stresses [54]. Furthermore, LONP1 knockdown does
not influence the activities of DRP1 and ERK1/2 under physiological- and post-SE conditions [17].
Since deregulation of LONP1 leads to cell death [17,27,54], the present data indicate that LONP1 may
act as one of the important housekeeping antioxidants in mitochondria by limiting oxidative damage
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to tolerable levels, regardless of aberrant mitochondrial dynamics. Therefore, our findings suggest that
TRPC6-ERK1/2-mediated LONP1 regulation may take part in the quality controls of mitochondria via
degradation of oxidized/damaged proteins [23–25] and maintenance of mitochondrial DNA levels [27]
during mitochondrial fission under physiological- and pathological conditions.

In the present study, TRPC6 siRNA increased seizure susceptibility in response to pilocarpine.
TRPC6 inhibits N-methyl-d-aspartate (NMDA) receptor activity mediated by calcineurin [11]. Indeed,
TRPC6 knockdown increases the excitability ratio (an index of synaptic efficacy, also referred as
excitatory postsynaptic potential-population spike amplitude coupling) [14,16] indicating the lowering
intrinsic threshold of neuronal firing in postsynaptic neurons [55]. Therefore, TRPC6 knockdown
reduces seizure threshold of DGC via the heightened efficacy of NMDA receptor function in DGC
itself [16]. Furthermore, TRPC6 siRNA reduces γ-aminobutyric acid (GABA)-ergic inhibitions
onto the DGC during and after high-frequency stimuli due to the impaired repetitive firing of
interneurons [16]. However, the present data show that TRPC6 activation by hyperforin did not
affect seizure susceptibility in response to pilocarpine. Unlike TRPC6 knockdown, hyperforin shows
the distinct effects on evoked potentials in a dose-dependent manner. The higher concentrations of
hyperforin (10 and 100 μM) reduce the population spike amplitude (an indicative of synchronous
postsynaptic discharges [14,16]), while a lower concentration (1 μM) increases it [56]. Consistent with
the present data, the concentration of hyperforin (6 μM) cannot affect GABAergic inhibition and the
seizure susceptibility in response to pilocarpine due to the functional saturation of Kv4.3 channels in
interneurons, unlike DGC [16,18]. Furthermore, Sell et al. [57] have reported that hyperforin induces
TRPC6-independent H+ currents in HEK-293 cells, cortical microglia, chromaffin cells, and lipid
bilayers. This action of hyperforin as a protonophore leads to cytosolic acidification and subsequently
increases free intracellular Na+ concentration via Na+-H+ exchanger (NHE). Thus, it is plausible that
this unspecific properties of hyperforin as protonophore may be also involved in the ineffectiveness of
hyperforin on pilocarpine-induced seizure activity. This is because seizure activity results in biphasic
pH shifts, consisting of an initial extracellular alkalinization, followed by a slower acidification. The
early extracellular alkalosis increases excitability because of reductions in GABAA receptor inhibition
and enhancement in NMDA receptor currents, and the extracellular acidosis is involved in seizure
termination [58]. Thus, it is presumable that hyperforin-induced H+ efflux from neurons or glia would
attenuate seizure activity in response to pilocarpine, independent of TRPC6. However, the simultaneous
Na+ accumulation would offset the inhibitory effect of extracellular acidosis on neuronal excitability by
causing a lowering of the threshold for action potential generation in neurons and reducing the driving
force for Na+-dependent re-uptake of glutamate and other excitatory neurotransmitters into glia or
neurons [57,59–61]. Thus, it is likely that these discrepancies of hyperforin from TRPC6 siRNA may
lead to the ineffectiveness of hyperforin on seizure susceptibility to pilocarpine in the present study.

5. Conclusions

The present data provide novel evidence that TRPC6 regulates LONP1 expression via ERK1/2
activity. In brief, TRPC6-mediated ERK1/2 activation increased LONP1 expression and facilitated
mitochondrial fission. Thus, TRPC6 may be involved in the quality controls of mitochondria as well
as mitochondrial dynamics, which would enhance DGC invulnerability to SE (Figure 6). To the best
of our knowledge, the present study is the first indication of the role of the TRPC6-ERK1/2-LONP1
pathway in neuronal vulnerability to SE. Therefore, this signaling pathway will be an interesting and
important therapeutic target for neuroprotection from various neurological diseases.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4409/8/11/1376/s1,
Figure S1: Representative photos of mitochondria for each siRNA or compound treated-animals. Figure S2:
Full-length gel images of Western blot data in Figure 1D. Figure S3: Full-length gel images of Western blot data in
Figure 2A. Figure S4: Full-length gel images of Western blot data in Figure 3A.
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Abstract: 2-Cyano-3,12-dioxo-oleana-1,9(11)-dien-28-oic acid methyl ester (CDDO-Me) is
a triterpenoid analogue of oleanolic acid that exhibits promising anti-cancer, anti-inflammatory,
antioxidant and neuroprotective activities. In addition, CDDO-Me affects cellular differentiation and
cell cycle arrest, and irreversibly inhibits Lon protease-1 (LONP1). In the present study, we evaluate the
effects of CDDO-Me on mitochondrial dynamics and its downstream effectors in order to understand
the underlying mechanism of the neuronal death following status epilepticus (SE, a prolonged seizure
activity). CDDO-Me increased dynamin-related proteins 1 (DRP1)-serine 616 phosphorylation via
activating extracellular-signal-regulated kinase 1/2 (ERK1/2) and c-Jun N-terminal kinase (JNK),
but not protein kinase A (PKA) or protein phosphatases (PPs). In addition, CDDO-Me facilitated
DRP1-mediated mitochondrial fissions, which selectively attenuated SE-induced CA1 neuronal death.
Unlike CDDO-Me, LONP1 knockdown led to SE-induced massive degeneration of dentate granule
cells, CA1 neurons and hilus interneurons without altering the expression and phosphorylation
of DRP1, ERK1/2, JNK and PP2B. LONP1 knockdown could not inhibit SE-induced mitochondrial
elongation in CA1 neurons. Co-treatment of CDDO-Me with LONP1 siRNA ameliorated only CA1
neuronal death, concomitant with abrogation of mitochondrial elongation induced by SE. Thus,
our findings suggest that CDDO-Me may selectively attenuate SE-induced CA1 neuronal death by
rescuing the abnormal mitochondrial machinery, independent of LONP1 activity.

Keywords: 4-HNE; DRP1; ERK1/2; hippocampus; JNK; mitochondrial dynamics; PKA; protein
phosphatases; TUNEL

1. Introduction

Status epilepticus (SE) is a condition which shows prolonged and uncontrolled seizure activity [1].
One of the most remarkable SE-induced consequences is a massive neuronal death, which triggers
long-term and profound alterations in the neuronal network that lead to the development of temporal
lobe epilepsy (TLE) [2–4]. The neuronal death pattern and susceptibility to SE shows the regional
specific heterogeneity: Neurons in the hilus region of the dentate gyrus, such as mossy cells and hilus
interneurons (in particular parvalbumin (PV) interneurons), are the most vulnerable to SE insults,
while dentate granule cells are less vulnerable. Furthermore, SE induces programmed necrotic CA1
neuronal death, while it evokes apoptosis in the hilus region [5–10]. Therefore, information regarding
the molecular events underlying neuron-specific vulnerability may be one of the therapeutic strategies
for neuroprotection against SE, which inhibits undesirable output including epileptogenesis.

Mitochondria are dynamic organelles of eukaryotic cells responsible for generating ATP. In addition,
mitochondria participate in the synthesis of reactive oxygen species (ROS), cell homeostasis and
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calcium buffering. In the process of supplying ATP, mitochondria produce ROS through the electron
transport chain, which induces oxidative stress. ROS production and oxidative damage induced
by neuronal insults rapidly change mitochondrial morphologies, although mitochondria-derived
ROS act as homeostatic signaling molecules in various physiological processes [11–15]. To exert
their functions properly, mitochondria change their morphologies by two continuous antagonistic
processes: fusion and fission (mitochondrial dynamics) [11]. As vital determinants of the fission-fusion
balance, various proteins share reciprocal relationships [12]. Briefly, mitochondrial fusion (elongation)
is regulated by mitofusin 1/2 (MFN1/2) and optic atrophy 1 (OPA1), while fission (fragmentation)
is modulated by dynamin-related proteins 1 (DRP1) [11–13]. Thus, perturbation of mitochondrial
dynamics and the altered expressions/activities of regulatory enzymes lead to neurodegeneration.
In particular, the post-translational modification of DRP1 is focused on various neurodegenerative
disorders. DRP1 activity is reversely regulated by phosphorylation of serine (S) 616 and 637 sites:
DRP1-S616 phosphorylation facilitates mitochondrial fission. However, DRP1-S637 phosphorylation
leads to DRP1 detaching from mitochondria, which subsequently inhibits mitochondrial fission.
S-nitrosylation of cysteine 644 by nitric oxide (NO) also facilitates mitochondrial fragmentation by
increasing S616 phosphorylation. Thus, the imbalance of DRP1 phosphorylation and S-nitrosylation
evokes dysfunctions of mitochondrial dynamics, which are involved in pathological processes such as
cancer and neurological diseases [14,15].

Interestingly, the impaired mitochondrial dynamics distinctly participate in heterogeneous
neuronal death patterns in the hippocampus. Briefly, PV interneurons in the hilus regions show
apoptotic degeneration following SE, accompanied by extensive mitochondrial fission [10]. In contrast,
the abnormal elongation of swollen mitochondria contributes to CA1 neuronal necrosis, which is
initiated by aberrant cell cycle entry in post-mitotic neurons [7,8,16–18]. Given these previous reports,
the stoichiometric relationship between fission and fusion plays an important role in neuronal viability.
Thus, insight into the molecular mechanism responsible for the impaired mitochondrial dynamics
provides a deeper understanding of the distinct vulnerability of a neuronal subpopulation to SE.

2-Cyano-3,12-dioxo-oleana-1,9(11)-dien-28-oic acid methyl ester (CDDO-Me) is a triterpenoid
analogue of oleanolic acid that exhibits promising anti-cancer, anti-inflammatory, antioxidant and
neuroprotective activities. CDDO-Me affects cellular differentiation and cell cycle arrest [19,20].
CDDO-Me also irreversibly inhibits Lon protease-1 (LONP1) activity by forming covalent
LONP1-CDDO adducts [21,22]. LONP1 is a highly conserved serine peptidase that contributes
to protein quality control processes [23], which play a crucial role in maintaining mitochondrial
morphology and function [24]. With respect to these previous studies, exploring the effects of
CDDO-Me on mitochondrial dynamics is noteworthy in order to understand the mechanism of the
distinct neuronal death that occurs in response to SE, which has been elusive.

Here, we demonstrate previously unsuspected effects of CDDO-Me on DRP1-mediated
mitochondrial fissions, which selectively attenuated SE-induced CA1 neuronal death via activating
extracellular-signal-regulated kinase 1/2 (ERK1/2) and c-Jun N-terminal kinase (JNK). In contrast to
CDDO-Me, LONP1 knockdown aggravated SE-induced neuronal death without changing ERK1/2 and
JNK activities. Co-treatment of CDDO-Me with LONP1 siRNA ameliorated only CA1 neuronal death,
concomitant with abrogation of mitochondrial elongation induced by SE. Thus, our findings suggest
CDDO-Me may abrogate abnormal mitochondrial machinery-mediated neuronal death induced by SE,
independent of LONP1 activity.

2. Materials and Methods

2.1. Experimental Animals and Chemicals

Male Sprague–Dawley (SD) rats (7 weeks old, Daehan Biolink, South Korea) were used in the
present study. Animals were given a commercial diet and water ad libitum under controlled conditions
(22 ± 2 ◦C, 55 ± 5% and a 12:12 light/dark cycle with lights). Animal protocols were approved by
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the Institutional Animal Care and Use Committee of Hallym University (Chuncheon, Republic of
Korea). The number of animals used and their suffering were minimized in all cases. All reagents were
obtained from Sigma-Aldrich (St. Louis, MO, USA), except as noted.

2.2. Surgery, CDDO-Me Infusion and LONP1 Knockdown

Under Isoflurane anesthesia (3% induction, 1.5–2% for surgery and 1.5% maintenance
in a 65:35 mixture of N2O:O2), animals were infused with each chemical or siRNA
into the right lateral ventricle (1 mm posterior; 1.5 mm lateral; −3.5 mm depth to
the bregma) with a brain infusion kit 1 and an Alzet 1007D osmotic pump (Alzet,
Cupertino, CA, USA). The osmotic pump contained (1) vehicle, (2) CDDO-Me (10 μM),
(3) a non-targeting control siRNA (5-GCAACUAACUUCGUUAGAAUCGUUAUU-3), (4) LONP1
siRNA (5-GAGACAAGUUGCGCAUGAUTT-3) and (5) CDDO-Me + LONP1 siRNA. The pump
was placed in a subcutaneous pocket in the dorsal region. Some animals were also implanted
with a monopolar stainless steel electrode (Plastics One, USA) into the left dorsal hippocampus
(−3.8 mm posterior; 2.0 mm lateral; −2.6 mm depth). The connecting wire and electrode socket were
then inserted in an electrode pedestal (Plastics One, USA) and secured to the exposed skull with
dental acrylic [8,16–18]. Three days after surgery, rats were induced with SE by lithium chloride
(LiCl)-pilocarpine.

2.3. SE Induction and Electroencephalogram (EEG) Analysis

SE was induced by a single dose (30 mg/kg) of pilocarpine in rats pretreated (24 h before pilocarpine
injection) with 127 mg/kg LiCl, as previously described [8,16–18]. Before pilocarpine injection, animals
were given atropine methylbromide (5 mg/kg i.p.) to block the peripheral effect of pilocarpine.
Two hours after SE, animals received diazepam (10 mg/kg, i.p.) to terminate SE. As controls, rats were
treated with saline instead of pilocarpine. For evaluation of the effects of CDDO-Me infusion and
LONP1 siRNA knockdown on seizure susceptibility in response to pilocarpine, some animals’ EEG
signals were recorded with a DAM 80 differential amplifier (0.1–3000 Hz bandpass; World Precision
Instruments, Sarasota, FL, USA). EEG activity was measured during the 2 h recording session from
each animal. The data were digitized (400 Hz) and analyzed using LabChart Pro v7 (AD Instruments,
New South Wales, Australia). Time of seizure onset was defined as the time point showing paroxysmal
depolarizing shift, which lasted more than 3 seconds and consisted of a rhythmic discharge between 4
and 10 Hz with an amplitude of at least two times higher than the baseline EEG. EEG activity was
measured during the 2 h recording session from each animal. Spectrograms were also automatically
calculated using a Hanning sliding window with 50% overlap. Two hours after SE onset, diazepam
(Valium; Roche, France; 10 mg/kg, i.p.) was administered and repeated, as needed [18].

2.4. Tissue Processing

Three days after SE induction, animals were perfused transcardially with phosphate-buffered
saline (PBS, pH 7.4) followed by 4% paraformaldehyde in 0.1 M phosphate buffer (PB, pH 7.4) under
urethane anesthesia (1.5 g/kg i.p.). The brains were removed, postfixed in the same fixative for 4 h
and rinsed in PB containing 30% sucrose at 4 ◦C for 2 days. Thereafter, the tissues were frozen and
sectioned with a cryostat at 30 μm, and consecutive sections were collected in six-well plates containing
PBS. For western blot, animals were decapitated under urethane anesthesia. The hippocampus was
rapidly removed and homogenized in lysis buffer. The protein concentration in the supernatant was
determined using a Micro BCA Protein Assay Kit (Pierce Chemical, USA).

2.5. Immunohistochemistry and Measurements of Mitochondrial Length and Neuronal Damage

After incubation with 10% normal goat serum (Vector, Burlingame, CA, USA), sections were
incubated in a mixture of primary antibodies shown in Table 1 (in PBS containing 0.3% triton X-100)
at room temperature, overnight. After washing, sections were incubated for 1 h in a fluorescein
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isothiocyanate (FITC, green)-, Cy3 (red)- or aminomethylcoumarin acetate (AMCA, blue)-conjugated
secondary antibodies (Vector, Burlingame, CA, USA). For negative control, tissues were incubated
in pre-immune serum instead of primary antibody. Negative control tissues did not show any
immunoreactivity for the primary antibody (data not shown). Images were captured using
an AxioImage M2 microscope or a confocal laser scanning microscope (LSM 710, Carl Zeiss Inc.,
Oberkocken, Germany). Individual mitochondrion length in PV cells and CA1 neurons (n = 20/section)
was measured using ZEN lite software (Blue Edition, Carl Zeiss Inc., Oberkocken, Germany) following
3D-reconstruction. Based on our previous study [10,18], twenty-five serial images (z-stack, 1 μm)
were obtained from each hippocampal section. Serial images were stacked, aligned, visualized and
converted to 3D images using the ZEN lite program. Thereafter, individual mitochondrial length (long
axis) was measured. In addition, Fluoro-Jade B (FJB) and terminal deoxynucleotidyl transferase dUTP
nick end labeling (TUNEL) staining were performed according to the manufacturer’s instructions to
analyze the neuronal damage. Two different investigators who were blind to the classification of tissues
performed the measurement of mitochondrial length and the cell count of FJB and TUNEL positive
neurons based on the lamellar structure of the hippocampus. For quantitative analysis of fluorescent
intensity, sections (15 sections per each animal) were viewed through a microscope connected via
Axiocam camera (Carl Zeiss Korea, Seoul, South Korea). Thereafter, fluorescent intensity measurements
were represented as the number of a 256-gray scale using AxioVision Rel. 4.8 software (Carl Zeiss
Korea, Seoul, South Korea). Intensity values were corrected by subtracting the average values of
background noise obtained from five image inputs. The optical density was then standardized by
setting the threshold levels.

2.6. Western Blot

Western blot was performed by the standard protocol. The primary antibodies used in the present
study are listed in Table 1. The bands were detected and quantified on ImageQuant LAS4000 system
(GE Healthcare, USA). As an internal reference, rabbit anti-β-actin primary antibody (1:5000) was used.
The values of each sample were normalized with the corresponding amount of β-actin. The ratio of
phosphoprotein to total protein was described as the phosphorylation level.

Table 1. Primary antibodies used in the present study.

Antigen Host
Manufacturer

(Catalog Number)
Dilution Used

DRP1 Rabbit Thermo (PA1-16987) 1:1000 (WB)

ERK1/2 Rabbit Biorbyt (Orb160960) 1:2000 (WB)

JNK Rabbit Protein tech (10023-1-AP) 1:1000 (WB)

LONP1 Rabbit Proteintech (15440-1-AP) 1:100 (IF)
1:1000 (WB)

MFN1 Rabbit Proteintech (13798-1-AP) 1:1000 (WB)

MFN2 Rabbit Proteintech (12186-1-AP) 1:1000 (WB)

Mitochondrial marker
(Mitochondrial complex
IV subunit 1, MTCO1)

Mouse Abcam (#ab14705) 1:500 (IF)

OPA1 Rabbit Abcam (ab42364) 1:1000 (WB)

pDRP1 S616 Rabbit Cell Signaling (4494) 1:500 (WB)

pDRP1 S637 Rabbit Cell Signaling (4867) 1:500 (WB)

pERK1/2 Rabbit Bioss (bs-3330R) 1:1000 (WB)
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Table 1. Cont.

Antigen Host
Manufacturer

(Catalog Number)
Dilution Used

PKA catalytic subunit Rabbit BioVision (3115-100) 1:1000 (WB)

PKA regulatory subunit Rabbit Santa Cruz (sc-909) 1:1000 (WB)

PP1 Rabbit Abcam (ab52619) 1:5000 (WB)

PP2A Rabbit Cell Signaling (#2038) 1:5000 (WB)

PP2B Rabbit Millipore (07-068-I) 1:1000 (WB)

pPKA catalytic subunit Rabbit Assay Biotec (A0548) 1:1000 (WB)

pPKA regulatory subunit Rabbit GeneTex (GTX61061) 1:2500 (WB)

pPP1 Rabbit Abcam (ab62334) 1:5000 (WB)

pPP2A Rabbit Sigma (SAB4503975) 1:1000 (WB)

pPP2B Rabbit Badrilla (A010-80) 1:1000 (WB)

PV Goat Swant (#PVG213) 1:10,000 (IF)

β-actin Mouse Sigma (A5316) 1:5000 (WB)

4-HNE Rabbit Alpha Diagnostic (# HNE11-S) 1:1000 (IF)

IF, Immunofluorescence; WB, Western blot.

2.7. Quantification of Data and Statistical Analysis

All data were analyzed using the Mann-Whitney test or ANOVA to determine statistical
significance. Bonferroni’s test was used for post hoc comparisons. A p-value below 0.05 was
considered statistically significant.

3. Results

3.1. CDDO-Me Distinctly Affects SE-Induced Neuronal Death in the Hippocampus

Figure 1 shows that SE resulted in up-regulation of LONP1 to ~1.5-fold of the control level in the
whole hippocampus, accompanied by massive neuronal death in the CA1 region and the hilus of the
dentate gyrus (p < 0.05 vs. control animals, respectively; Figure 1A,B,E,F). CDDO-Me did not affect the
seizure latency and its severity in response to pilocarpine (Figure 1C,D). Consistent with a previous
report [22], CDDO-Me did not affect LONP1 protein levels in the whole hippocampus of control- and
post-SE animals, as compared to vehicle (Figure 1A,B). CDDO-Me effectively attenuated SE-induced
neuronal loss in the CA1 region, but not in the hilus region (p < 0.05 vs. vehicle; Figure 1E–F), although
it abolished 4-hydroxy-2-nonenal (4-HNE, the end-product of lipid peroxidation) signals in both
regions (p < 0.05 vs. vehicle; Figure 1E,G). These findings indicate that CDDO-Me may differently
affect the regional specific neuronal death following SE, independent of ROS generation.
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Figure 1. Effects of 2-Cyano-3,12-dioxo-oleana-1,9(11)-dien-28-oic acid methyl ester (CDDO-Me) on
Lon protease-1 (LONP1) expression, seizure activity and neuronal damage in response to pilocarpine.
(A–B) Effect of CDDO-Me on LONP1 expression in response to pilocarpine. Pilocarpine-induced status
epilepticus (SE) increases LONP1 expression, which is not affected by CDDO-Me. (A) Representative
western blots of LONP1 expression. (B) Quantification of LONP1 expression based on western blot
data. Open circles indicate each individual value. Horizontal bars indicate mean value (mean ±
S.E.M.; * p < 0.05 vs. control animals, respectively; n = 7). (C–D) Effect of CDDO-Me on seizure
activity in response to pilocarpine. CDDO-Me does not influence seizure activity induced by
pilocarpine. (C) Representative electroencephalogram (EEG) traces and frequency-power spectral
temporal maps in response to pilocarpine. (D) Quantification of total EEG power (seizure intensity)
in response to pilocarpine. Open circles indicate each individual value. Horizontal bars indicate
mean value (mean ± S.E.M.; n = 7, respectively). (E–G) Effects of CDDO-Me on neuronal death and
4-hydroxy-2-nonenal (4-HNE) signals following SE. CDDO-Me mitigates CA1 neuronal damage, but not
hilus interneurons, although it reduces 4-HNE signals in both neurons. (E) Representative photos of
double immunofluorescent staining for terminal deoxynucleotidyl transferase dUTP nick end labeling
(TUNEL) and 4-HNE. (F) Quantifications of the number of TUNEL positive neurons and (G) and the
fluorescent intensity of 4-HNE in response to pilocarpine. Open circles indicate each individual value.
Horizontal bars indicate mean value (mean ± S.E.M.; * p < 0.05 vs. vehicle; n = 7, respectively).
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3.2. CDDO-Me Induces Mitochondrial Fission in CA1 Neuron and PV Cells without Altering
LONP1 Expression

As mentioned previously, the dysfunctions of mitochondrial dynamics induced by SE lead
to apoptosis and programmed necrosis in PV cells and CA1 neurons, respectively [7,8,10,16–18].
Thus, we evaluated the effects of CDDO-Me on mitochondrial dynamics in control- and post-SE
animals. In control animals, CDDO-Me reduced mitochondrial length in CA1 neurons without altering
mitochondrial LONP1 expression (p < 0.05 vs. vehicle; Figure 2A–D). Following SE, CDDO-Me
significantly inhibited mitochondrial elongation, but not mitochondrial LONP1 over-expression,
in these neurons (p < 0.05 vs. control animals; Figure 2A–D). Similarly, CDDO-Me led to mitochondrial
fragmentation in PV cells in control animals without changing mitochondrial LONP1 expression
(p < 0.05 vs. vehicle; Figure 3A–D), while it could not affect SE-induced excessive mitochondrial fission
and LONP1 over-expression (Figure 3A–D). These findings indicate that CDDO-Me may facilitate
mitochondrial fission in CA1 neurons as well as PV cells, which reversely influences neuronal death in
both neuronal subpopulations following SE [10,25].

 
Figure 2. Effects of CDDO-Me on mitochondrial length and LONP1 expression in CA1 neurons.
CDDO-Me reduces mitochondrial length in CA1 neurons of (A) control- and (B) post-SE animals.
CDDO-Me does not affect the increased LONP1 expression following SE. (A,B) Representative photos
of LONP1, mitochondria (Mito) and nuclei (DAPI) in CA1 neurons. (C,D) Quantifications of (C) the
mitochondrial length and (D) LONP1 fluorescent intensity in CA1 neurons. Open circles indicate each
individual value. Horizontal bars indicate mean value. Error bars indicate SEM (*,# p < 0.05 vs. vehicle
and control animals, respectively; n = 7, respectively).
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Figure 3. Effects of CDDO-Me on mitochondrial length and LONP1 expression in parvalbumin (PV)
cells. CDDO-Me reduces mitochondrial length in CA1 neurons of (A) control- and (B) post-SE animals.
CDDO-Me does not affect the increased LONP1 expression following SE. (A,B) Representative photos
of LONP1, mitochondria (Mito) and PV. (C,D) Quantifications of (C) the mitochondrial length and (D)
LONP1 fluorescent intensity in PV cells. Open circles indicate each individual value. Horizontal bars
indicate mean value. Error bars indicate SEM (*,# p < 0.05 vs. vehicle and control animals, respectively;
n = 7, respectively).

3.3. CDDO-Me Enhances DRP1-S616 Phosphorylation in Control- and Post-SE Animals

Since CDDO-Me exerted mitochondrial fragmentation in control and post-SE animals, we explored
whether CDDO-Me influences the machinery molecules of mitochondrial dynamics. SE did not affect
OPA1 and MFN1/2 expression levels (Figure 4A–D). Consistent with our previous studies [8,10,16–18,25],
DRP1 expression was reduced to 0.68-fold of the control level following SE (p < 0.05 vs. control animals;
Figure 4A,E). Furthermore, SE decreased the DRP1-S616 phosphorylation level to 0.67-fold of the control
level (p < 0.05 vs. control animals; Figure 4A,F), while it did not affect the DRP1-S637 phosphorylation
level (Figure 4A,G). These findings indicate a reduction in the DRP1-S616/S637 phosphorylation ratio
following SE. In control animals, CDDO-Me did not influence OPA1, MFN1/2 and DRP1 expression
levels (Figure 4A–E). However, CDDO-Me increased the DRP1-S616, but not S637, phosphorylation
level to 1.5-fold of the vehicle level (p < 0.05 vs. vehicle; Figure 4A,F,G). In addition, CDDO-Me
attenuated the down-regulation of DRP1 expression and its S616 phosphorylation level induced by SE.
(p < 0.05 vs. control animals and vehicle, respectively; Figure 4A,F,G). Therefore, CDDO-Me increased
the DRP1-S616/S637 phosphorylation ratio under physiological- and post-SE conditions. Since S616 site
phosphorylation of DRP1 facilitates mitochondrial fission [26], our findings suggest that CDDO-Me
may result in mitochondrial fragmentation via the enhancement of DRP1-S616 phosphorylation.
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Figure 4. Effects of CDDO-Me on the expression and phosphorylation of mitochondrial
dynamics-related molecules. CDDO-Me increases only the dynamin-related proteins 1 (DRP1)-S616
phosphorylation level under physiological- and post-SE conditions. (A) Representative images for
western blots of optic atrophy 1 (OPA1), mitofusin 1 (MFN1), MFN2, DRP1, phospho (p)-DRP1-S616
and pDRP1-637 in the hippocampal tissues. (B–G) Quantifications of OPA1, MFN1 and MFN2, DRP1,
pDRP1-S616 and pDRP1-637 levels. Open circles indicate each individual value. Horizontal bars
indicate mean value. Error bars indicate SEM (*,# p < 0.05 vs. control animals and vehicle, respectively;
n = 7, respectively).

3.4. CDDO-Me Increases ERK1/2 and JNK Activities in the Hippocampus

DRP1 phosphorylations are modulated by the ERK1/2, PKA and JNK signal pathways [26–30].
Furthermore, CDDO-Me influences ERK1/2 [20,31] and JNK phosphorylations [32,33]. Therefore,
we evaluated the effects of CDDO-Me on the activities (phosphorylations) of protein kinases that
are involved in DRP1 phosphorylations. In the present study, SE significantly reduced ERK1/2
and JNK phosphorylation levels without changing their expression (p < 0.05 vs. control animals,
Figure 5A,B,C,F,G), while it did not affect the expression and phosphorylation levels of PKA catalytic
and regulatory subunits (Figure 5A,D,E). In control animals, CDDO-Me did not change the protein
expression levels of ERK1/2, PKA and JNK (Figure 5A,B,D,F). However, CDDO-Me increased the
phosphorylation levels of ERK1/2 and JNK, but not PKA catalytic and regulatory subunits (p < 0.05 vs.
vehicle; Figure 5A,C,G). Furthermore, CDDO-Me mitigated SE-induced reductions in ERK1/2 and JNK
phosphorylations (p < 0.05 vs. vehicle; Figure 5A,C,G).

Protein phosphatases also regulate mitochondrial dynamics via DRP1 dephosphorylations. Indeed,
protein phosphatase (PP) 2B (calcineurin) facilitates mitochondrial fission by dephosphorylating
DRP1-S637 [34]. Thus, we validated whether CDDO-Me affects PP activities in the hippocampus.
In control animals, CDDO-Me did not alter the protein expressions of PP1, PP2A and PP2B and
their phosphorylation levels (Figure 6A–G). SE significantly reduced PP2B (not PP1 and PP2A)
phosphorylation levels in the hippocampus, indicating an increase in its activity (p < 0.05 vs. control
animals, Figure 6A,C,E,G), which was not affected by CDDO-Me (Figure 6A,C,E,G). Taken together,
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our findings indicate that CDDO-Me may regulate DRP1 S616 phosphorylation by enhancing ERK1/2
and JNK activities, independent of PP activities.

Figure 5. Effects of CDDO-Me on expressions and phosphorylations of extracellular-signal-regulated
kinase 1/2 (ERK1/2), protein kinase A (PKA) and c-Jun N-terminal kinase (JNK). CDDO-Me increases
ERK1/2 and JNK phosphorylation levels, but not PKA catalytic (PKA-Cat) and regulatory (PKA-Reg)
subunits under physiological- and post-SE conditions. (A) Representative images for western
blot of ERK1/2, phospho (p)-ERK1/2, PKA, pPKA, JNK and pJNK in the hippocampal tissues.
(B–G) Quantifications of ERK1/2, pERK1/2, PKA, pPKA, JNK and pJNK levels. Open circles indicate
each individual value. Horizontal bars indicate mean value. Error bars indicate SEM (*,# p < 0.05 vs.
control animals and vehicle, respectively; n = 7, respectively).
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Figure 6. Effects of CDDO-Me on the expression and phosphorylation of protein phosphatase (PP)
1, PP2A and PP2B. CDDO-Me does not affect the expression and phosphorylation levels of protein
phosphatase 1 (PP1), PP2A and PP2B under physiological- and post-SE conditions. (A) Representative
images for western blot of PP1, phospho (p)-PP1, PP2A, pPP2A, PP2B and pPP2B in the hippocampal
tissues. (B–G) Quantifications of PP1, pPP1, PP2A, pPP2A, PP2B and pPP2B levels. Open circles
indicate each individual value. Horizontal bars indicate mean value. Error bars indicate S.E.M.
(* p < 0.05 vs. control animals; n = 7, respectively).

3.5. Effects of CDDO-Me on SE-Induced Neuronal Death and Mitochondrial Dynamics are Independent of
LONP1 Activity

In the present study, we found that CDDO-Me facilitated mitochondrial fission by increasing
ERK1/2- and JNK-mediated DRP1-S616 phosphorylation. However, it was unclear whether these
effects are relevant to the reduced LONP1 activity or the additional CDDO-Me actions. To directly
elucidate the role of LONP1 in mitochondrial dynamics, we applied LONP1 siRNA prior to SE
induction. In control animals, LONP1 knockdown effectively reduced LONP1 expression in the
hippocampus (p < 0.05 vs. control siRNA; Figure 7A,B). Although LONP1 knockdown did not affect
seizure susceptibility in response to pilocarpine (Figure 7C,D), it attenuated up-regulation of LONP1
expression induced by SE (p < 0.05 vs. control siRNA; Figure 7A,B). However, LONP1 siRNA
exacerbated SE-induced neuronal damage in the CA1 neurons, hilus neurons and dentate granule
cells, unlike CDDO-Me (p < 0.05 vs. control siRNA; Figure 7E,F). Co-treatment of CDDO-Me with
LONP1 siRNA ameliorated only CA1 neuronal death, but not hilus neurons and dentate granule cells,
following SE (p < 0.05 vs. LONP1 siRNA; Figure 7E,F). Furthermore, LONP1 siRNA did not influence
the expression and phosphorylation of DRP1, ERK1/2, JNK and PP2B under physiological- and post-SE
conditions (Figure 8A–J). LONP1 knockdown could not inhibit SE-induced mitochondrial elongation
in CA1 neurons (Figure 8K,L). However, co-treatment of CDDO-Me with LONP1 siRNA abrogated
mitochondrial elongation induced by SE (p < 0.05 vs. LONP1 siRNA; Figure 8K,L). These findings
indicate that CDDO-Me-mediated mitochondrial fission may be independent of LONP1 activity,
and that up-regulation of LONP1 may be an adaptive response to protect neurons from SE.
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Figure 7. Effects of LONP1 siRNA on LONP1 expression, seizure activity and neuronal damage in
response to pilocarpine. (A,B) Effect of LONP1 knockdown on LONP1 expression in response to
pilocarpine. LONP1 siRNA effectively reduced LONP1 expression under physiological- and post-SE
conditions. (A) Representative western blots of LONP1 expression. (B) Quantification of LONP1
expression based on western blot data. Open circles indicate each individual value. Horizontal bars
indicate mean value (mean ± S.E.M.; * p < 0.05 vs. control animals, respectively; n = 7). (C,D) Effect of
LONP1 knockdown on seizure activity in response to pilocarpine. LONP1 siRNA does not influence
seizure activity induced by pilocarpine. (C) Representative EEG traces and frequency-power spectral
temporal maps in response to pilocarpine. (D) Quantification of total EEG power (seizure intensity)
in response to pilocarpine. Open circles indicate each individual value. Horizontal bars indicate
mean value (mean ± S.E.M.; n = 7, respectively). (E,F) Effects of LONP1 siRNA and co-treatment of
CDDO-Me on neuronal death induced by pilocarpine. LONP1 knockdown deteriorates degenerations
of CA1 neurons, hilus interneurons (H) and dentate granule cells (DGC). Co-treatment of CDDO-Me
attenuated CA1 neuronal death induced by SE. (E) Representative photos of FJB positive degenerating
neurons. (F) Quantification of the number of FJB positive neurons in response to pilocarpine (mean ±
S.E.M.; *,# p < 0.05 vs. control siRNA and LONP1 siRNA, respectively; n = 7, respectively).
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Figure 8. Effects of LONP1 knockdown on expression/phosphorylation of DRP1, ERK1/2, JNK and
PP2B, and mitochondrial length in CA1 neurons. LONP1 siRNA does not affect the expression
and phosphorylation levels of DRP1, ERK1/2, JNK and PP2B under physiological- and post-SE
conditions. In addition, LONP1 knockdown does not influence SE-induced mitochondrial elongation
in CA1 neurons, although it reduces LONP1 expression. However, co-treatment of CDDO-Me
ameliorates mitochondrial elongation. (A) Representative images for western blots of DRP1, phospho
(p)-DRP1-S616, pDRP1-637, ERK1/2, pERK1/2, JNK, pJNK, PP2B and pPP2B in the hippocampal tissues.
(B–J) Quantifications of DRP1, pDRP1-S616, pDRP1-637, ERK1/2, pERK1/2, JNK, pJNK, PP2B and
pPP2B levels. Open circles indicate each individual value. Horizontal bars indicate mean value.
Error bars indicate S.E.M. (* p < 0.05 vs. control animals; n = 7, respectively). (K) Representative
photos of mitochondria (Mito) and LONP1 in CA1 neurons following SE. (L) Quantification of the
mitochondrial length in CA1 neurons. Open circles indicate each individual value. Horizontal bars
indicate mean value. Error bars indicate S.E.M. (*,# p < 0.05 vs. control siRNA and LONP1 siRNA,
respectively; n = 7, respectively).
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4. Discussion

Aberrant cell cycle entry in post-mitotic neurons leads to neuronal death in various neurological
diseases [35,36]. Similarly, SE increases the expression of cell cycle regulatory molecules such
as cyclin D1 and CDK4, and evokes programmed necrosis in CA1 neurons through dysfunction
of mitochondrial fission [8,10,16–18]. Imbalance of mitochondrial fusion/fission rate evokes cell
degeneration: Dysfunction of mitochondrial fission (aberrant mitochondrial elongation) results in
improper segregation of mitochondria and a decrease in ATP levels, which abrogates mitochondrial
transports in dendrites or axons, and subsequently induces ATP deficiency in peripheral sites. Impaired
mitochondrial fission also inhibits respiratory function in mitochondria that triggers excessive ROS
production. Therefore, dysregulation of mitochondrial fission leads to cell degeneration [37–39].
Excessive mitochondrial fission (impaired mitochondrial fusion) also results in cell death. This is
because fragmented mitochondria are not able to produce ATP, which impairs the detoxification
of excess ROS and extrusion of intracellular Ca2+, and in turn increases mitochondrial ROS and
susceptibility to apoptosis [15,34,40,41]. Indeed, abnormal mitochondrial fission induces PV cell
apoptosis following SE [10,25]. Since CDDO-Me inhibits cyclin D1 and induces cell cycle arrest [19,20],
it is likely that CDDO-Me would affect aberrant mitochondrial dynamics induced by SE. In the present
study, we found that CDDO-Me reduced mitochondrial length in CA1 neurons and PV cells without
altering mitochondrial LONP1 expression in control animals. Furthermore, CDDO-Me effectively
ameliorated SE-induced CA1 neuronal death, but not PV cell loss, accompanied by abrogating abnormal
mitochondrial elongation. Since CDDO-Me induces mitochondrial fission in cancer cells [22,31,32]
and WY14643 (an enhancer of mitochondrial fission) attenuates SE-induced CA1 neuronal death
by rescuing aberrant mitochondrial elongation [8,25], our findings indicate that CDDO-Me-induced
mitochondrial fission may have a selective neuroprotective effect against SE-induced CA1 necrosis,
but not PV cell apoptosis.

In the present study, CDDO-Me increased DRP1-S616, but not S637, phosphorylation without
changing the expression of other molecular components of mitochondrial dynamics, such as OPA1
and MFN1/2. Thus, CDDO-Me increased the DRP1-S616/S637 phosphorylation ratio. In our previous
studies [8,16,17], SE decreased DRP1 expression and the DRP1-S616/S637 phosphorylation ratio,
accompanied by increased mitochondrial length and sphere formation in CA1 neurons. Furthermore,
WY 14643 increases DRP1-S616 phosphorylation and the DRP1-S616/S637 phosphorylation ratio [8].
Therefore, it is likely that the decreased DRP1-S616/S637 phosphorylation ratio may lead to aberrant
mitochondrial elongation following SE. Consistent with these previous reports, the present study
reveals that SE diminished the DRP1-S616/S637 phosphorylation ratio, concomitant with abnormal
mitochondrial elongation, which were abolished by CDDO-Me. These findings indicate that CDDO-Me
may facilitate mitochondrial DRP1 localization via the increased DRP1-S616/S637 phosphorylation
ratio, although we could not confirm the subcellular localization of DRP1.

DRP1-S616 phosphorylation is regulated by the ERK1/2 and JNK signal pathways, which facilitate
mitochondrial fission [27,29,30]. However, DRP1-S637 phosphorylation by PKA leads to detached
DRP1 from mitochondria, thus inhibiting mitochondrial fission [26,28]. Indeed, DRP1-S637
dephosphorylation by PP2B accelerates mitochondrial fission [34]. Consistent with previous studies
demonstrating that CDDO-Me regulates ERK1/2 [20,31] and JNK phosphorylation [32,33], the present
data also reveal that CDDO-Me activated ERK1/2 and JNK under physiological conditions, and mitigated
SE-induced reductions in ERK1/2 and JNK phosphorylation. However, CDDO-Me did not influence
PKA and PP phosphorylation under physiological- and post-SE conditions. Since ERK1/2 inhibitor
deteriorated SE-induced CA1 neuronal damage concomitant with mitochondrial elongation [18],
our findings indicate that CDDO-Me may facilitate DRP1-mediated mitochondrial fission by activating
ERK1/2 and JNK, which may attenuate CA1 neuronal degenerations following SE.

The present study also reveals that SE increased LONP1 expression in CA1 neurons as well as
PV cells. LONP1 is one of the quality control proteins in the mitochondria supporting cell viability
via the degradation of misfolded and damaged proteins under oxidative, hypoxic and endoplasmic
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reticulum-stress conditions [42,43]. Indeed, LONP1 expression is up-regulated under these stressful
conditions [44,45]. Thus, LONP1 knockdown results in the disruption of mitochondrial function,
reduced proliferation and the fragmented shape of the mitochondrial network [22,24,46]. With respect
to these reports, it is likely that the up-regulation of LONP1 in PV cells and CA1 neurons may be
an adaptive response to protect these neurons from SE. Considering this hypothesis and CDDO-Me
as a LONP1 inhibitor [21,22], it is plausible that CDDO-Me would exacerbate degenerations of hilus
interneurons and CA1 neurons by inhibiting LONP1 activity following SE. In the present study,
however, CDDO-Me selectively alleviated CA1 neuronal damage without affecting the up-regulation
of LONP1 expression induced by SE. In contrast, LONP1 knockdown aggravated neuronal loss of CA1
neurons. What makes these discrepancies in the effects of CDDO-Me and LONP1 siRNA on neuronal
viability? In previous studies [21,22,24,46], CDDO-Me and LONP1 siRNA induced apoptosis of various
cancer cells that have potent proliferative and differentiating abilities by inhibiting mitochondrial
functionality. However, we applied CDDO-Me and LONP1 knockdown to post-mitotic neurons in
the present study. Therefore, it is presumable that the differential proliferating ability of cancer cells
and neurons would lead to the distinct effects of CDDO-Me and LONP1 siRNA on neuronal damage.
Conversely, it is also considerable that LONP1 would not be a specific target of CDDO-Me. Indeed,
the present data show that CDDO-Me affected ERK1/2 and JNK phosphorylation, while LONP1 siRNA
did not influence the expression and phosphorylation of DRP1, ERK1/2, JNK, PKA and PPs under
physiological- and post-SE conditions. In addition, co-treatment of CDDO-Me with LONP1 siRNA
ameliorated only CA1 neuronal death, but not hilus neurons and dentate granule cells, following SE.
Although LONP1 knockdown did not affect mitochondrial length in CA1 neurons, co-treatment of
COOD-Me abrogated mitochondrial elongation induced by SE. Therefore, the present findings indicate
that the neuroprotective effects of CDDO-Me may not be relevant to LONP1 inhibition. Since SE leads
to programmed necrosis in CA1 neurons [8,16,17] and apoptosis in hilus interneurons, respectively [10],
it cannot be excluded that CDDO-Me may selectively attenuate programmed necrosis rather than
apoptosis. Taken together, the data from previous reports [8,25] and the present study identically
suggest that the repair of dysfunction of mitochondrial fission may selectively rescue SE-induced CA1
neuronal death.

The heterogeneous vulnerability of hippocampal neurons in response to various insults has been
reported. Briefly, dentate granule cells are remarkably resistant to various insults when compared
to CA1 neurons or hilus interneurons [8,10,16,17,47–49]. Consistent with these previous studies,
the present data show that SE induced a massive neuronal loss of hilus interneurons and CA1 neurons,
although the degeneration of dentate granule cells was negligible. However, LONP1 knockdown
provoked the massive degeneration of dentate granule cells, and aggravated loss of CA1 neurons and
hilus interneurons. These findings indicate that LONP1 may be one of the important housekeeping
molecules for neuronal viability, regardless of the heterogeneous vulnerability in response to harmful
stimuli. Thus, it is likely that the regulation of LONP1 may be a useful therapeutic strategy for
prevention of neurodegeneration. Future studies are needed to elucidate the role of LONP1 in other
neurological diseases and the underlying regulatory mechanisms for its expression and activity.

5. Conclusions

To the best of our knowledge, the present data demonstrate, for the first time, the selective
neuroprotective effects of CDDO-Me against SE. Briefly, CDDO-Me attenuated SE-induced CA1
neuronal death, but not hilus interneurons, by facilitating DRP1-mediated mitochondrial fission via
ERK1/2 and JNK activation. Unlike CDDO-Me, LONP1 siRNA did not influence the expression
and phosphorylation of DRP1, ERK1/2, JNK and PP2B under physiological- and post-SE conditions.
In addition, LONP1 knockdown induced massive degeneration of dentate granule cells, and aggravated
loss of CA1 neurons and hilus interneurons following SE. Co-treatment of CDDO-Me with LONP1
siRNA ameliorated CA1 neuronal death concomitant with abrogation of mitochondrial elongation
induced by SE. Therefore, we provide an underlying mechanism of CDDO-Me for mitochondrial fission
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independent of LONP1 activity, and propose the availability of CDDO-Me for various neurological
diseases relating to aberrant mitochondrial dynamics.
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Abstract: Our previous studies demonstrated that some degree of neuronal death is caused by
hypoglycemia, but a subsequent and more severe wave of neuronal cell death occurs due to glucose
reperfusion, which results from the rapid restoration of low blood glucose levels. Mitochondrial
dysfunction caused by hypoglycemia leads to increased levels of pyruvate dehydrogenase kinase
(PDK) and suppresses the formation of ATP by inhibiting pyruvate dehydrogenase (PDH) activation,
which can convert pyruvate into acetyl-coenzyme A (acetyl-CoA). Sodium dichloroacetate (DCA) is a
PDK inhibitor and activates PDH, the gatekeeper of glucose oxidation. However, no studies about
the effect of DCA on hypoglycemia have been published. In the present study, we hypothesized that
DCA treatment could reduce neuronal death through improvement of glycolysis and prevention of
reactive oxygen species production after hypoglycemia. To test this, we used an animal model of
insulin-induced hypoglycemia and injected DCA (100 mg/kg, i.v., two days) following hypoglycemic
insult. Histological evaluation was performed one week after hypoglycemia. DCA treatment
reduced hypoglycemia-induced oxidative stress, microglial activation, blood–brain barrier disruption,
and neuronal death compared to the vehicle-treated hypoglycemia group. Therefore, our findings
suggest that DCA may have the therapeutic potential to reduce hippocampal neuronal death
after hypoglycemia.

Keywords: hypoglycemia; sodium dichloroacetate; pyruvate dehydrogenase kinase; pyruvate
dehydrogenase; oxidative stress; neuron death

1. Introduction

Hypoglycemia is a potentially serious condition that occurs when blood glucose levels quickly
fall below a specific threshold concentration. The most common cause of hypoglycemia is misuse of
medications such as insulin and sulfonylureas to control blood glucose levels [1,2]. Medications that
cause blood glucose levels to fall sharply or repeatedly can lead to hypoglycemic shock. In these cases,
the first treatment for patients who present at the hospital in a hypoglycemic state of shock is to rapidly
raise blood glucose levels, which is essential for resuscitating the patient and impossible to avoid.
Clinically, patients display decreased cognitive abilities over time following such episodes [3], and our
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previous paper revealed that this condition causes an increase in neuronal cell death [4]. Therefore,
this study is important to identify means to minimize neuronal cell death caused by hypoglycemia and
glucose reperfusion, which is performed as an essential step in treating hypoglycemia.

Therefore, type 1 and type 2 diabetic patients are at an increased risk of experiencing hypoglycemia.
Hypoglycemia is classified into three categories depending on the level of blood glucose: mild, moderate,
and severe. Mild hypoglycemia occurs when the concentration of blood glucose falls below 70 mg/dL,
leading to symptoms such as headache, sweating, and irritation. Moderate hypoglycemia (below
55 mg/dL) is more severe; thus, people need to regulate this condition carefully. The most serious
form of hypoglycemia occurs when blood glucose levels fall below 35 mg/dL. Severe hypoglycemia
can lead to seizure, loss of consciousness, and death in the most extreme cases. Previous studies
demonstrated that some degree of the observed neuronal death is caused by hypoglycemia itself, but
glucose reperfusion to recover the patient from critically low glucose levels acts to drive secondary
injury, thereby inducing a second, more severe wave of neuronal death [5,6]. This process is called
“glucose-reperfusion injury” after hypoglycemia by our laboratory [4,7]. This injury promotes an
imbalance in several cellular programs that can cause neuronal cell death, including the production
of reactive oxygen species (ROS), destruction of the blood–brain barrier (BBB), microglial activation
associated with inflammation [8], and excessive zinc release [9].

The enzyme pyruvate dehydrogenase (PDH) has three main components: E1, decarboxylates
pyruvate and acetylates lipoic acid; E2, dihydrolipoamide acetyltransferase, which uses covalently
bound lipoic acid; and lipoic acid is reoxidized by E3, dihydrolipoyl dehydrogenase. In addition, there
are other subunits, the E3 binding protein and two complex-controlling enzymes: PDH kinases (PDKs),
which inactivate PDH, and PDH phosphatase, which reactivates the PDH. PDH is a key enzyme that
catalyzes the oxidative decarboxylation of pyruvate to form acetyl-coenzyme A (acetyl-CoA) under
normal conditions. PDH controls the influx of pyruvate into the mitochondria to initiate oxidative
metabolism and is an important regulator of the citric acid cycle [10,11]. PDH dysfunction or deficiency
most often arise due to mutations or inactivation by PDKs via E1, which causes malfunction of the
citric acid cycle due to PDH inactivation and leads to cell death [12]. Previous studies reported that
starvation and diabetes lead to enhanced PDK activity, leading to decreased activity of PDH [13–18].
This decreased PDH activity results from increased PDK expression. Starvation increases the level of
PDK2 expression in liver and kidney [19].

PDKs have four isoforms: PDK1, PDK2, PDK3, and PDK4. PDK1 is expressed in the heart,
pancreatic islet cells, and in muscles [20–22]. PDK3 is only been found in the testis and kidneys in small
quantities [23]. PDK4 expression was observed in the heart, skeletal muscles, liver, and brain [19,22,24].
PDK2 is the most abundant isoenzyme in the rat brain [23], with PDK4 hardly being expressed under
basal physiological conditions. PDKs phosphorylate the E1 subunit, thus inactivating PDH [25].

In general, previous studies showed that PDK inhibits PDH via phosphorylating PDH after brain
injuries, such as ischemia or epilepsy, thereby restricting the pyruvate oxidation (PO) pathway available
to brain cells. As a result, under this pathological condition, the citric acid cycle cannot proceed and
the production of ATP decreases, leading to cell death [26,27].

Sodium dichloroacetate (DCA) has been studied for a long time, especially in cancer research.
DCA, a known activator of PDH and inhibitor of PDK, is a mitochondria-targeting small molecule
that can penetrate most tissues even after oral administration [28]. It is responsible for maintaining
PDH in the dephosphorylated active form and improving the oxidation of pyruvate via inhibition of
PDK [29]. DCA has been shown to instigate inhibition of fatty acid oxidation, which eventually can
lead to an increase in acetyl-CoA concentration [30]. DCA stimulates glucose and lactate oxidation,
thereby improving recovery of injury after ischemia [31–33]. Although DCA has toxic side effects in
high doses, it has highly beneficial effects on outcomes for many diseases such as ischemia and cardiac
arrest [34,35].

In our laboratory, we have suggested a number of possible methods for aiding in the prevention of
hippocampal neuron death after hypoglycemia [4,8,9,36–39]. In our previous studies, we revealed that
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administration of pyruvate reduced severe hypoglycemia-induced neuronal cell death and cognitive
impairment [37]. Therefore, we questioned whether supplementation of DCA (100 mg/kg, i.v., two
days) could improve the oxidation of pyruvate and reduce severe hypoglycemia-induced neuronal
cell death.

We found that DCA treatment inhibited PDK and significantly reduced oxidative stress, microglial
activation, BBB disruption, and thus hippocampal neuronal death after severe hypoglycemia via
enhancing PDH activation.

2. Materials and Methods

2.1. Ethics Statement

This study was conducted in strict accordance with the recommendation of the Institutional
Animal Studies Care and Use Committee of the Hallym University in Chuncheon, Korea (Protocol #
Hallym-2017-3). Animal sacrifice was conducted using isoflurane anesthesia and all attempts were
made to minimize pain or distress.

2.2. Experimental Animals

We used adult male Sprague-Dawley rats (8 weeks old, 250–350 g, DBL Co., Eumseong, Korea).
We accommodated the animals in a continuous temperature- and humidity-controlled environment
(22 ± 2 ◦C, 55 ± 5% humidity, and a 12-h light:12-h dark cycle), and fed them with Purina diet (Purina,
Gyeonggi, Korea) and water, both provided ad libitum. This study was written in accordance with the
Animal Research: Reporting in Vivo Experiments (ARRIVE) guidelines.

2.3. Animal Surgery and Severe Hypoglycemia Induction

We induced hypoglycemia (HG) using human insulin [5,36]. Before inducing hypoglycemia,
rats were fasted for 15–16 h. The next day, we performed intraperitoneal injection of 10 U/kg regular
insulin (Novolin-R, Novo Nordisk, Bagsværd, Denmark). We conducted hypoglycemia surgeries under
controlled ventilation with a small rodent respirator (Harvard Apparatus, South Natick, MA, USA).
We inserted a catheter into the femoral artery to continuously monitor the arterial blood pressure and
into the femoral vein for glucose infusion after hypoglycemia. To monitor electroencephalogram (EEG)
signals, we pierced a small hole in the skull bilaterally and then inserted a reference needle in the neck
muscle. We measured the blood pressure and EEG using the BIOPAC System (BIOPAC System Inc.,
Santa Barbara, CA, USA) in succession. We maintained the core temperature of animals at 36.5–37.5 ◦C
and measured blood glucose levels at 30-min intervals to monitor induction of hypoglycemia.

When insulin reduces blood glucose levels to a level low enough to induce hypoglycemia, an
isoelectric state is observed. Arterial blood pressure was sustained between 160 and 200 mmHg during
the entire EEG isoelectric period. The severity of hypoglycemia-induced neuronal cell death is strongly
related to the duration of the isoelectric (iso-EEG) period. We abruptly ended the hypoglycemic state
at 30 min from initiation of iso-EEG [5,36] by suppling 25% glucose solution intravenously for 2 h
(2.5 mL/h, i.v.) to recover normal blood glucose levels.

2.4. Injection of DCA

To ascertain the effect of DCA on hypoglycemia-induced neuronal death, the experimental group
was divided into 4 groups: Sham (Vehicle, DCA) and Hypoglycemia (Vehicle, DCA). The control
group was injected with 0.9% normal saline. Following hypoglycemia, animals were treated with DCA
(100 mg/kg, i.v.) once a day for 2 days.

2.5. Brain Sample Preparation

To estimate the neuroprotective effects of DCA, we sacrificed animals 1 week after injury. Animals
were deeply anesthetized with urethane injection (1.5 g/kg, i.p.). Brains were transcardially perfused
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with 500–600 mL of 0.9% saline and this was followed by 600 mL of 4% formaldehyde (FA). After
perfusion, we removed the brain and then proceeded to post-fixation in the same fixative solution for
roughly 1 h. After that, brains were immersed for cryoprotection in 30% sucrose for 2–3 days until the
samples sank to the bottom. After cryoprotection, brain samples were frozen using freezing medium
and were cut on a cryostat into 30-μm thicknesses and then kept in storage solution.

2.6. Detection of PDH and PDK2

To confirm PDH and PDK2 levels, we performed PDH and PDK2 staining with primary antibodies
for each. Immunohistochemistry with PDH and PDK2 antibodies (Abcam, Cambridge, UK) was
performed. Brain tissues were incubated in monoclonal rabbit antibody to rat PDH (diluted 1:100,
ab168379) and a monoclonal rabbit antibody to rat PDK2 (diluted 1:100, ab68164) overnight in a 4 ◦C
incubator. After washing, the sections were immersed in secondary antibody (PDH: Alexa Fluor
594-conjugated donkey anti-rabbit IgG secondary antibody, PDK2: Alexa Fluor 488-conjugated donkey
anti-rabbit IgG secondary antibody, respectively, both diluted 1:250; Molecular Probes, Invitrogen,
Carlsbad, CA, USA) for 2 h at room temperature (RT). The brain tissues were placed on gelatin-coated
slides for observation under a microscope. To check the intensity of fluorescence of PDH and
PDK2, we used ImageJ (version 1.47c; NIH, Bethesda, MD, USA) and the following steps were
executed: select 100 cells in one brain tissue and then click the menu option Analyze→Measurement.
(magnification = 80×).

2.7. Detection of Neuronal Death

To investigate neuronal death, brain samples were cut into 30 μm thicknesses on gelatin-coated
slides for staining (Fisher Scientific, Pittsburgh, PA, USA). Fluoro-Jade B (FJB) staining was performed
as descried by Hopkins and Schmued [40]. First, the slides were immersed in a basic alcohol solution
(100→70%) and then washed with distilled water. After that, the slides were submerged in 0.06%
potassium permanganate for 15 min. Secondly, the slides were dipped in 0.001% Fluoro-Jade B
(Histo-Chem Inc., Jefferson AR, USA) for 30 min and washed 3 times for 10 min each in distilled
water. After drying, we mounted a cover glass on each slide with a mixture of distyrene, a plasticizer,
and xylene (DPX) solution and then observed the signals with a fluorescence microscope using blue
(450–490 nm) excitation light. To quantify the result, we selected five coronal brain sections that
were gathered from each animal starting 4.0 mm posterior to Bregma and collecting 5 sections at
75 μm intervals. A blind researcher counted the number of degenerating neurons in the same scope
(magnification = 10×) of the hippocampal subiculum (900 × 1200 μm), CA1 (900 × 400 μm), and dentate
gyrus (900 × 1200 μm) from both hemispheres. The total average number of degenerating neurons
from each region was used for statistical analysis.

2.8. Detection of Live Neurons

To determine the number of live neurons present, we performed NeuN staining with a monoclonal
anti-NeuN, clone A60 antibody (diluted 1:500, EMD Millipore, Billerica, MA, USA). We used it as the
primary antibody in PBS with 30% Triton X-100 overnight in a 4 ◦C incubator. After washing three
times for 10 min with PBS, and then incubating in anti-mouse IgG secondary antibody (diluted 1:250,
Vector Laboraorise, Burlingame, CA, USA) for 2 h at RT, then, the samples were washed again. Next,
the brain samples were put into the ABC solution (Burlingame, vector, CA, USA) for 2 h at RT on the
shaker. After that, the samples were washed repeatedly three time for 10 min. To activate immune
responses, we put samples in 0.01 M PBS buffer (100 mL) with 3,30-diaminobenzidine (0.06% DAB
agar, Sigma-Aldrich Co., St. Louis, MO, USA) and 30% H2O2 (50 μL) for 1 min. After mounting
the sample on the slides, we then used an Axioscope microscope to analyze the immunoreaction.
A blinded experimenter counted the number of live neurons in a constant area (magnification = 10×) of
the hippocampal subiculum (900 × 1200 μm), CA1 (900 × 400 μm), and dentate gyrus (900 × 1200 μm)

279



Cells 2019, 8, 405

from both hemispheres. The total average number of live neurons from each region was used for
statistical analysis.

2.9. Detection of Oxidative Injury

To estimate oxidative injury after hypoglycemia, we conducted immunofluorescence staining
with 4-hydroxy-2-nonenal (4HNE) antibodies (diluted 1:500, Alpha Diagnostic Intl. Inc., San Antonio,
TX, USA) as described previously [4]. Brain sections were incubated in a mixture of polyclonal rabbit
anti-HNE anti-serum and phosphate buffered saline (PBS) containing 0.3% TritonX-100 overnight in
a 4 ◦C incubator. After washing three times for 10 min each with PBS, samples were also immersed
in a mixture of Alexa Fluor 594-conjugated goat-anti rabbit IgG secondary antibody (diluted 1:250,
Invitrogen, Grand Island, NY, USA) for two hours at room temperature. Finally, the sections were
placed on gelatin-coated slides. To measure the oxidative stress signals, we used ImageJ using the
following order of commands: click the menu option Image→ Adjust→ Color threshold and dark
background. Then, we modulated brightness according to the intensity of oxidative stress. The image
was converted to 8-bit images (magnification = 10×). The fluorescence intensity was expressed as
mean gray value.

2.10. Detection of Microglia and Astrocyte Activation

To semi-quantitatively measure inflammation after injury, we performed CD11b and GFAP
staining, a well-described indicator of the inflammatory response. Immunohistochemical staining
was conducted with a mouse antibody to rat CD11b (diluted 1:500; AbD Serotec, Raleigh, NC, USA)
and of goat antibody to rat GFAP (diluted 1:1000; Abcam, Cambridge, UK) in PBS containing 0.3%
TritonX-100 overnight in a 4 ◦C incubator. After rinsing, the sections were immersed in Alexa Fluor
488-conjugated donkey anti-mouse IgG secondary antibody and Alexa Fluor 594-conjugated donkey
anti-goat IgG secondary antibody (both diluted 1:250; Molecular Probes, Invitrogen) for two hours at
RT. A randomly blinded experimenter then measured the intensity of astrocytes in the CA1 region.
In the case of microglia, we used five sections from each animal to estimate scoring within the same
CA1 region (magnification = 20×). To quantify microglial activation, a randomly blinded observer
performed the measurements. Microglial activation criteria based on the number and intensity of
CD11b positive cells and on their morphology are as follows [41,42]. The scores for each criterion
are as follows: for CD11b-positive cells number, a score of 0 denotes no cells with continuously stained
processes are present, score 1 denotes 1–9 cells with continuous processes per 100 μm2, score of 2
denotes 10–20 cells with continuous processes per 100 μm2, and score of 3 denotes >20 cells with
continuous processes per 100 μm2; for Intensity, a score of 0 denotes no expression, 1 denotes weak
expression, 2 denotes average expression, and a score of 3 denotes intense expression. When ImageJ
is used, based on the max value 225, a score of 1 has intensity to mean value 1–50, a score of 2 has
intensity to 51–100 and the last score of 3 has intensity to 100–max value 225.; and for Morphology,
a score of 0 denotes 0% have activated morphology (amoeboid morphology with enlarged soma and
thickened processes), 1 denotes 1–45% of microglia have the activated morphology, 2 denotes 45–90%
of microglia, and a score of 3 denotes >90% of microglia have the activated morphology. Therefore, the
total score includes the combination of three individual scores (CD11b-immunoreactive cell number,
morphology and intensity), ranging from 0 to 9 (magnification = 20×).

2.11. Detection of BBB Disruption and Neutrophils

To check the degree of BBB disruption, we evaluated leakage of endogenous serum IgG after
hypoglycemia [43]. We conducted IgG staining with anti-rat IgG, which detects serum IgG released
when the BBB is disrupted. Brain sections were incubated in a mixture of anti-rat IgG serum (diluted
1:250, Burlingame, Vector, CA, USA) in PBS containing 0.3% TritonX-100 on a shaking shelf for 2 h at
RT. After rinsing three times for 10 min each with PBS, we treated ABC solution for two hours at RT on
a shaker. The ABC immunoperoxidase was used to reveal IgG-like immunoreactivity [44]. After that,
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the sections were exposed to 3,3′-diaminobenzidine (DAB ager, Sigma-Aldrich Co., St. Louis, MO,
USA) in 0.1 M PBS buffer to trigger immune responses. After mounting, we observed the immune
responses using an Axioscope microscope (Carl Zeiss, Munich, Germany) and quantified extravasation
of endogenous serum IgG in the whole brain using the Image J program. The procedure for measuring
IgG is as follows: Click the menu option Image→Type→8 bits and then, edit→invert. To measure the
area, the menu option Analyze→Measure was selected. Mean gray values (magnification = 4×) were
used. In addition, to measure the degree of BBB disruption, we evaluated any influx of neutrophils after
hypoglycemia. We conducted myeloperoxidase (MPO) staining with rabbit anti-MPO (diluted 1:100,
Invitrogen, Grand Island, NY, USA). The brain sections were soaked in the primary antibody solution
with PBS containing 0.3% TritonX-100 overnight in a 4 ◦C incubator. After washing, samples were
immersed in a mixture of Alexa Fluor 594-conjugated goat-anti rabbit IgG secondary antibody (diluted
1:250, Invitrogen, Grand Island, NY, USA) for two hours at room temperature. We put the sample on
the slides and then, the blinded tester counted the number of neutrophils in the hippocampus from
both hemispheres under fluorescent microscope. The total average number of neutrophils from the
hippocampus region was used for statistical analysis.

2.12. Data Analysis

Data are displayed as the mean ± S.E.M. Statistical significance between experimental groups
was measured by analysis of variance (ANOVA) in accordance with the Bonferroni post-hoc test.
Differences were considered statistically significant at p < 0.05.

3. Results

3.1. DCA Inhibits PDK2 after Hypoglycemia

In previous studies, PDKs were shown to be key regulators in glucose metabolism and to inhibit
PDH by phosphorylating the enzyme during brain injury [26,45]. In the present study, we hypothesized
that PDKs activation blocks entry of pyruvate into the citrate acid cycle in mitochondria, leading to
reduction of ATP formation, and thus, causes neuronal cell death in hypoglycemia. As a result of PDK2
immunostaining, we found that the level of PDK2 significantly increased in the hypoglycemia-induced
group compared to the sham group. However, DCA, the inhibitor of PDK2, reduced the level of PDK2,
and consequently reduced neuronal cell death (Figure 1A,C).
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Figure 1. Effects of sodium dichloroacetate (DCA) on hypoglycemia-induced pyruvate dehydrogenase
kinase 2 (PDK2) activation and pyruvate dehydrogenase (PDH) reduction. Fluorescent images show
the effect of DCA treatment on PDK2 level after hypoglycemia. (A) Difference in PDK2 intensity
between vehicle- and DCA-treated groups in the vulnerable CA1 after hypoglycemia. Scale bar = 10 μm.
(B) Difference in PDH intensity between vehicle- and DCA-treated groups in the vulnerable CA1 after
hypoglycemia. In normal state, neuronal cells maintain an adequate amount of active PDH, while
hypoglycemia causes a significant reduction of active PDH. However, DCA administration recovers
PDH activity. Scale bar = 10 μm. Bar graph shows quantification of (C) PDK2 or (D) PDH intensity
in CA1 region. Data are mean ± S.E.M., n = 3 from each group. * Significantly different from vehicle
treated group, p < 0.05.

3.2. DCA Increases PDH after Hypoglycemia

To continually maintain life, cells must use glucose as a fuel. This process is mainly controlled
by the enzyme PDH, which regulates the entry of glycolytic products into the citric acid cycle by
converting pyruvate into acetyl-CoA in the mitochondria [46]. PDH is usually suppressed by PDH-
induced phosphorylation [47]. According to previous studies, pyruvate dehydrogenase activity is
reduced in neurodegenerative brain diseases such as Huntington and Alzheimer’s [48,49]. Based on
these previous results, we conducted PDH staining to investigate if active PDH is similarly inhibited
after hypoglycemia and to determine if this results in the loss of neuronal cells. We discovered that the
level of PDH significantly decreased in the hippocampal CA1 region in the hypoglycemia-induced
group compared with the sham group. In the present study we found that the administration of DCA
increased the level of PDH and reduced hypoglycemia-induced neuronal death (Figure 1B,D).

3.3. DCA Decreases Neuronal Death after Hypoglycemia

Severe neuronal death is caused by hypoglycemia and subsequent glucose reperfusion when
estimated at seven days after injury [4]. After hypoglycemia, we performed NeuN staining in order
to confirm the number of surviving neurons, and also Fluoro-Jade B (FJB) staining in order to detect
degenerating neurons in the hippocampal subiculum (sub), CA1 and dentate gyrus (DG). First,
Fluoro-Jade B staining, a selective marker of degenerating neurons, exposed broad hippocampal
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neuronal cell death in the subiculum (sub), CA1, and dentate gyrus (DG) after insult. Rats treated with
DCA (100 mg/kg, i.v., two days) displayed a significant reduction in hippocampal neuronal death after
hypoglycemia (Figure 2A). As demonstrated in Figure 2B, rats given DCA showed reduced FJB (+)
neurons in the subiculum, CA1, and DG by 53%, 76%, and 76%, respectively, compared with rats given
only saline plus glucose. Moreover, sham-operated groups showed live neurons in the hippocampal
subiculum, CA1 and dentate gyrus via NeuN staining. There were no significant differences in the
NeuN (+) cell numbers between vehicle- and DCA- treated group. Compared to the sham group, the
number of surviving neurons was significantly decreased at 1 week after hypoglycemia. However,
the number of surviving neurons in the DCA-treated group was significantly higher than in the
vehicle-treated group (Figure 2C). As shown in Figure 2D, rats given DCA showed increased NeuN (+)
neurons in the subiculum, CA1, and DG by 35%, 51%, and 35%, respectively, compared with rats given
only saline plus glucose.

Figure 2. Effects of DCA on hypoglycemia-induced neuronal death. Hypoglycemia resulted in
neuronal death in the subiculum (sub), CA1, and dentate gyrus (DG) of hippocampus one week after
hypoglycemia. (A) Fluoro-Jade B (FJB) positive neuronal cells are observed in the CA1, subiculum,
and DG one week after hypoglycemia. Scale bar = 50 μm. (B) The number of FJB (+) cells were
significantly lower in the DCA-treated group than that in the control group after insult. Data are
mean ± S.E.M., n = 8 from each hypoglycemia group. (C) NeuN (+) cells show live neurons in the
hippocampal subiculum, CA1 and DG. Scale bar = 100 μm. (D) The number of NeuN (+) cells were
considerably more increased in the DCA-treated group than in the control group after insult. Data
are mean ± S.E.M., n = 3 for each sham group and hypoglycemia group. * Significantly different from
vehicle treated group, p < 0.05.
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3.4. DCA Reduces Hypoglycemia-Induced Oxidative Injury

Mitochondria are the main sources of ROS production in many disorders such as ischemia,
traumatic brain injury, or seizure [50]. Mitochondria taken from brain during hypoglycemia
exhibit increased capacity to produce ROS [51]. Our previous study suggested that ROS can be
produced by NADPH oxidase activation after hypoglycemia, so the production of ROS causes
oxidative stress-induced neuronal cell death in the hippocampus [4]. We conducted 4-hydroxynonenal
(4HNE) staining to estimate the degree of oxidative damage after hypoglycemia. Rat brains were
immunohistochemically stained with a 4HNE antibody one week after injury to reveal whether
oxidative stress had occurred in the hippocampal neurons and whether DCA can reduce this negative
effect on neurons. In the sham-operated group, both saline controls and DCA-treated rats demonstrated
no difference in the fluorescence intensity of the 4HNE staining in the subiculum, CA1, and DG.
In the hypoglycemia-operated group, 4HNE fluorescence intensity increased in the hippocampus
region of the saline only group and but decreased in the DCA-treated group after hypoglycemia
(Figure 3A). As demonstrated in Figure 3B, group treated with DCA and then 25% glucose showed an
approximately 53% reduction in the intensity of 4HNE in the subiculum, 60% in the CA1, and 56% in
the DG compared with the group provided only glucose (Figure 3B). Therefore, this result indicates
that DCA can reduce oxidative injury, and thus spare hippocampal neurons from hypoglycemic insult.

Figure 3. Administration of DCA decreases oxidative injury after hypoglycemia. Neuronal oxidative
injury was determined by 4-hydroxy-2-nonenal (4HNE) (red color) staining in the hippocampal regions
seven days after hypoglycemia. (A) Sham-operated groups rarely displayed the 4HNE signal in the
hippocampus. DCA decreased the intensity of 4HNE fluorescence in the hippocampus compared with
the saline-treated group after hypoglycemia. Scale bar = 100 μm. (B) 4HNE fluorescence intensity in the
hippocampus. The fluorescence intensity indicates a significant gap between saline- and DCA-treated
groups. Data are mean ± S.E.M., n = 5 for each sham group. n = 8 for each hypoglycemia group.
* Significantly different from vehicle treated group, p < 0.05.
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3.5. DCA Reduces Hypoglycemia-Induced Microglia and Astrocyte Activation

Another study showed that hypoglycemia induces microglia and astrocyte activation in the
cerebral cortex and the hippocampus [52]. Severe hypoglycemia was induced in rats and then brains
were harvested one week after insult. We therefore evaluated the degree of microglia and astrocyte
activation between four groups: Sham (Vehicle, DCA) and Hypoglycemia (Vehicle, DCA). As a result
of the staining, sham-operated groups showed resting microglia and small astrocytes. Also, activated
astrocytes have the potential to be harmful because they can express NOS and produce neurotoxic
NO [53,54]. Compared with the sham-operated groups, microglia and astrocyte activation in the CA1
increased by approximately 66% and 60%, respectively, in the hypoglycemia-operated group. However,
after insult, microglia and astrocyte activation decreased around 56% and 46% in the DCA-treated
group compared to the saline-treated group. Therefore, administration of DCA can decrease microglia
and astrocyte activation associated with inflammation (Figure 4A–D).

Figure 4. Administration of DCA decreases microglia and astrocyte activation after hypoglycemia.
To detect microglia activation, we conducted CD11b staining. Hypoglycemia-induced microglia
activation triggers an immune response. CA1 is vulnerable to damage by activated microglia.
(A) The green fluorescence (CD11b staining) shows activated microglia in the hippocampal CA1 area.
Sham-operated group shows almost no microglial activation. However, after hypoglycemia, microglia
cell number, intensity, and morphology were greatly enhanced in the vehicle-treated group compared to
the DCA-treated group. Scale bar = 20 μm. Data are mean ± S.E.M., n = 5 for each sham group, n = 8 for
each hypoglycemia group. (B) The grade of microglia activation in the CA1. (C) The red fluorescence
(GFAP staining) shows activated astrocyte in the hippocampal CA1 area. The sham-operated group
shows almost no astrocyte activation. However, after insult, DCA administration prevented astrocyte
activation in the CA1. Scale bar = 20 μm. (D) The graph represents the intensity of activated astrocytes
in the CA1 region. Data are mean ± S.E.M., n = 3 for each sham group and hypoglycemia group.
* Significantly different from vehicle treated group, p < 0.05.
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3.6. DCA Prevents Hypoglycemia-Induced Blood-Brain Barrier (BBB) Disruption

Many other studies reported that blood-brain barrier (BBB) disruption occurs under brain injury
conditions such as ischemia, traumatic brain injury, and seizure [55–57]. In severe hypoglycemia, BBB
is destroyed as early critical events, because glucose deprivation destroys endothelial cells that make
up BBB [58–60]. To determine disruption of the BBB, we conducted IgG staining by detecting the
degree of extravasation of serum immunoglobulin G (IgG) with a previously described method [43]
and myeloperoxidase (MPO) staining to look for an influx of neutrophils after hypoglycemia. Firstly,
IgG produced coronas with a concentration gradient around the blood vessels in the hippocampus
area, and IgG staining was observed in broad areas in the brain due to hypoglycemia. Generally, in the
sham-operated group, little leakage of IgG occurred, but the group experiencing hypoglycemic status
experienced IgG leakage from damaged vessels. Figure 5 shows that a significant difference was found
in the concentration gradient of IgG leakage between the sham and hypoglycemia-induced groups.
IgG leakage via BBB disruption was apparent in the vehicle-treated group following hypoglycemia.
However, administration of DCA significantly decreased hypoglycemia-induced IgG leakage through
BBB disruption in the hippocampus (Figure 5A,B). In additionally, we conducted MPO staining to
check BBB permeability increased by the destruction of BBB after hypoglycemia. The increase of BBB
permeability causes an influx of neutrophils, and neutrophils are identified through MPO staining. As
a result of the MPO staining, sham-operated groups did not show MPO (+) cells. After hypoglycemia,
compared with the sham-operated groups, MPO (+) cells were found to be significantly increased, but
DCA administration reduced the infiltration of neutrophils in the hippocampus (Figure 5C,D).

Figure 5. Administration of DCA decreases blood-brain barrier (BBB) breakdown and an influx of
neutrophils after hypoglycemia. (A) Whereas sham-operated group had little leakage of IgG, the
hypoglycemia group had a large quantity of IgG leakage when the BBB broke down. However,
the DCA–treated group had significantly reduced IgG leakage. Scale bar = 200 μm (4×). (B) The
quantification of IgG leakage in the whole hippocampus. Data are mean ± S.E.M., n = 5 for each sham
group, n = 8 for each hypoglycemia group. Data are mean ± S.E.M., n = 5 for each sham group, n = 8
for each hypoglycemia group. (C) Representative immunofluorescence images show expression of the
neutrophil marker MPO in the cortex and hippocampus. DCA prevent Scale bar = 20 μm. (D) The bar
graph indicates the number of MPO (+) cells in the cortex and hippocampus. Data are mean ± S.E.M.,
n = 3 for each sham group and hypoglycemia group. * Significantly different from vehicle treated
group, p < 0.05.
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4. Discussion

Previous studies showed that severe hypoglycemia can cause seizure, unconsciousness, and
neuronal death as extreme end-points [8,38,39]. The mechanisms of hypoglycemia-induced neuronal
cell death are still unclear. Our previous study demonstrated that neuronal cell death induced by
hypoglycemia is caused not only by the low glucose level itself but also by glucose reperfusion [37].
Hypoglycemia causes excessive vesicular zinc release, which leads to NADPH oxidase activation and
causes neurotoxicity [4,9]. Zinc influx into neurons after hypoglycemia can lead to mitochondrial
dysfunction, resulting in reduced ATP levels in the brain [61]. Therefore, we investigated whether
treatment with DCA, an activator of ATP formation, has neuroprotective effects in the hippocampus
after severe hypoglycemia.

The ATP required for neurological function in the brain is predominantly generated by glucose
oxidation (GO) and pyruvate oxidation (PO) in mitochondria [62] and it is closely related to
hypoglycemic state. Under physiological conditions, formation of pyruvate increase rates of glycolysis
and enhances glucose oxidation by way of activation of PDH, which converts pyruvate into Acetyl-CoA.
However, under pathophysiological conditions such as hypoglycemia (HG) and ischemia-reperfusion
(IR), it decreases the rates of glucose oxidation due to mitochondrial dysfunction [62,63]. Depressed
glucose oxidation can lead to neuronal cell death [49,64].

Dysfunction of mitochondrial metabolism is central to the pathological results following brain
injury, such as traumatic brain injury or ischemia [65,66]. Previous studies reported that PDH is
important in altered brain energy metabolism in diverse brain injuries [67–69]. Traumatic brain
injury is reported to enhance the expression of PDK and phosphorylate PDH, leading to inhibition
of PDH-regulated glucose metabolism [45]. Bowker-Kinley et al. mentioned that when they looked
at levels of PDK mRNA, PDK1 (heart), PDK3 (testis), PDK4 (skeletal muscle and heart) was found
in certain tissues, whereas PDK2 was found in all tissues. Also, they indicated that in the brain, for
example, PDK activity corresponds primarily to the isoenzyme PDK2. In addition, they showed that
DCA, a structural analog of pyruvate, attaches to the pyruvate-binding site, resulting in inhibition of
PDKs with the order of inhibition being PDK2 > PDK1~PDK4 >> PDK3 [23]. In the present study, we
confirmed that hypoglycemic insult increased the level of PDK2 in the hippocampus and thus reduced
PDH, causing inhibition of glucose metabolism. However, administration of DCA decreased PDK2
levels in the hippocampus.

After several brain insults, mitochondrial damage induces excessive PDK activation, which
restricts ATP formation and results in more severe neuronal death [26,45]. In the case of severe
hypoglycemic animal models, neuronal death occurs, and given the result, mitochondrial dysfunction
occurs in both the hypoglycemic state itself and also during the hyperglycemic state when glucose is
reperfused [51,70–72]. DCA is known to be neurotoxic when high doses, above 500 mg/kg, are used, or
if 300 mg/kg is administered for more than 10 weeks [73,74]. However, many previous animal studies
have confirmed the beneficial effects of administering DCA at dose of 50 to 200 mg/kg [75–79], and
our previous study also confirmed that treatment with a dose of 100 mg/kg after ischemia reduced
neuronal death [26]. According to the paper by Stacpoole, it was noted that DCA was rapidly absorbed
following treatment, crosses the blood-brain barrier and activates PDH within a few minutes [80].

In the present study, we found that DCA, a PDK inhibitor, significantly reduces the number of
degenerating neurons after hypoglycemia. FJB staining demonstrated a decline in the number of
degenerating neurons in the hippocampus in the DCA-treated group compared to the vehicle-treated
group after hypoglycemia. This trend correlated with the NeuN staining, which indicated an increase
of surviving neurons in the DCA group. This result suggests that DCA increases PDH levels by
inhibiting PDK2, which may result in increased ATP synthesis, reducing neuronal cell death in the
subiculum, CA1 and dentate gyrus of hippocampus compared with the vehicle-treated group, after
hypoglycemia (Figure 6).
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Figure 6. Possible association of PDK2, PDH, DCA, and neuronal death under hypoglycemic
conditions. This schematic illustration shows the effects of DCA on the process of hypoglycemia-induced
hippocampal neuronal death. (A) Experimental timeline. (B) Neuronal cell death mechanism caused
by hypoglycemia: (1) After hypoglycemia, mitochondria disruption occurs and then PDK2 increase
abnormally (2) An abnormally increased PDK2 inhibits the activity of PDH by phosphating PDH
(3) The conversion from pyruvate to acetyl-CoA is unsuccessful due to the inhibition of PDH (4)
The rate of synthesis of ATP through the TCA cycle significantly reduces. When these conditions
dominate, neuronal death is more likely to occur. (C) Effects of DCA on hypoglycemia-induced
neuronal cell death: administration of DCA can inhibit PDK2 and thus prevent hippocampal neuronal
death after hypoglycemia.

288



Cells 2019, 8, 405

D’Alessandro et al. stated that mitochondrial impairment induced by the reduction of the
glucose-derived pyruvate results in decreased glutathione synthesis [39,81]. Glutathione plays an
important role in the cells, which reduces the oxidative stress by acting as an antioxidant. This synthesis
of glutathione requires glycine, glutamate and cysteine, and consumes ATP [82]. Mitochondrial
dysfunction after hypoglycemic insult contributes to oxidative stress by activating NADPH oxidase,
leading to ROS formation, which is heavily associated with neurodegenerative diseases [4,9,83].
Therefore, we conducted 4HNE staining to confirm whether DCA decreases oxidative stress in the
hippocampus. We found that DCA administration successfully reduced oxidative injury in the
hippocampus compared to the vehicle-treated group after hypoglycemia. Therefore, we assumed that
the administration of DCA increases the level of ATP, and this has resulted in the reduction of the
oxidative stress due to the efficient supply of ATP for glutathione formation.

Neural or immune cells participating in neuroinflammation experience metabolic changes
including a glycolytic metabolic shift. The altered glycolytic metabolism leads to promotion or
inhibition of neuroinflammation [84,85]. PDKs have been reported to control functional polarization of
macrophages [86]. Macrophage polarization toward the pro-inflammatory M1 phenotype is usually
followed by a cellular metabolic change from oxidative phosphorylation to aerobic glycolysis, as well
as nitric oxide (NO) production [86]. Likewise, NO produced by brain diseases suppresses enzyme
activity in PDH [87]. Jha et al. suggested that PDK2/4 play vital roles in the inflammatory infiltration
of immune cells, in the induction of the pro-inflammatory macrophages, and in inhibition of the
anti-inflammatory phenotype of peripheral macrophages [88]. Microglia and astrocyte can be activated
immediately during brain injury and induce pro-inflammatory molecules such as tumor necrosis
factor-α (TNF-α) or NO [89,90]. Therefore, brain inflammation has been considered to be a potential
target in treating brain diseases for several years, and various approaches have been implemented to
suppress disease-induced brain inflammation [91–93]. The selective vulnerability of CA1 hippocampus
is very well studied in rodents and CA1 is known to have the highest susceptibility to damaging
conditions [94–96]. We performed CD11b and GFAP staining, which is an inflammatory marker, to
confirm the neuroprotective effects of DCA on inflammation induced by microglia and astrocyte
activation after hypoglycemia. Thus, we found that DCA reduced microglia and astrocyte activation
by inhibiting PDK2 in the hippocampal CA1 region after hypoglycemia.

BBB disruption was assessed on the basis of IgG extravasation [43] and is related to an influx of
neutrophils after brain insult [97]. Generally, IgG concentration and an infiltration of neutrophils in the
brain is rare because it exists in the blood vessels when undamaged. However, under pathological
conditions, IgG leakage and neutrophils influx occur as the BBB is disrupted by brain injuries such as
seizure, ischemia, or traumatic brain injury [55,98–100]. Doll et al. reported that mitochondria play an
important role in the opening of the BBB [101]. If mitochondria are destroyed by lack of oxygen or
glucose, ATP production decreases in the endothelial cells surrounding the blood vessels in the brain,
resulting in the disruption of the BBB, which exacerbates brain injury [102]. Mitochondrial dysfunction
also causes the collapse of the BBB because it further reduces the rate of ATP synthesis [101,103].
Therefore, we conducted IgG and MPO staining to confirm whether DCA prevents the BBB breakdown
by increasing the formation of ATP. Here, we found that DCA decreased IgG leakage in the whole brain
and the number of MPO (+) cells in the hippocampus after hypoglycemia. This result demonstrates that
DCA has the capability to prevent BBB disruption by enhancing ATP production in brain endothelial
cells after hypoglycemia.

In conclusion, we found that DCA treatment can alleviate hippocampal neuronal death by
inhibiting PDK activity following hypoglycemia. It is unclear exactly how PDK2 is increased by
hypoglycemia/glucose reperfusion. We speculate that a complex signaling pathway may be generated
by the hypoglycemic insult inside mitochondria. Therefore, our findings suggest that DCA may be a
vital therapeutic tool for preventing neuronal death induced by hypoglycemia.
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Abstract: Non-alcoholic fatty liver disease (NAFLD) is one of the most common liver diseases
worldwide. Reactive oxygen species (ROS), as potent oxidants in cells, have been shown to promote
the development of NAFLD. Previous studies reported that for ROS-induced cellular oxidative stress,
promoting lipid droplet (LD) accumulation is associated with the cellular antioxidation process.
However, the regulatory role of LDs in relieving cellular oxidative stress is poorly understood. Here,
we showed that Perilipin 5 (PLIN5), a key LD protein related to mitochondria–LD contact, reduced ROS
levels and improved mitochondrial function in HepG2 cells. Both mRNA and protein levels of PLIN5
were significantly increased in cells with hydrogen peroxide or lipopolysaccharide (LPS) treatment
(p < 0.05). Additionally, the overexpression of PLIN5 promoted LD formation and mitochondria–LD
contact, reduced cellular ROS levels and up-regulated mitochondrial function-related genes such as
COX and CS. Knockdown PLIN5, meanwhile, showed opposite effects. Furthermore, we identified
that cellular oxidative stress up-regulated PLIN5 expression via the JNK-p38-ATF pathway. This study
shows that the up-regulation of PLIN5 is a kind of survival strategy for cells in response to stress.
PLIN5 can be a potential therapeutic target in NAFLD.

Keywords: perilipin 5; lipid droplet; mitochondria; ROS

1. Introduction

There are a large number of patients suffering from non-alcoholic fatty liver disease (NAFLD) all
over the world. This disease increases the risk of non-alcoholic hepatitis (NASH), chronic interstitial
hepatitis, hepatic failure, and even hepatocellular carcinoma [1–3]. One of the characterizations of
NAFLD is increased levels of reactive oxygen species (ROS) [4]. Some studies have shown that high
levels of ROS promote the development of NAFLD/NASH and hepatocellular carcinoma by inducing
ER stress [5] or regulating the AMPK signaling pathway [6]. There are several antioxidant enzymes
such as superoxide dismutase (SOD), catalase (CAT), and glutathione peroxidase (GPX) responsible for
scavenging cellular ROS. Meanwhile, the expression levels of SOD and other antioxidant enzymes are
decreased in NAFLD/NASH [4]. Interestingly, lipid droplets (LDs) have been shown to be involved in
the cellular stress response process. Bailey et al. demonstrated that lipid droplets can act as antioxidant
organelles that protect Drosophila neural stem cells from hypoxia-triggered ROS [7], by allowing
neuronal stem cells to keep proliferating under hypoxic conditions, and protection likely involves
sequestering vulnerable membrane lipids away from ROS [8]. Furthermore, LDs also respond to
starvation-induced stress by increasing their contact with mitochondria and lysosomes, which could
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consist in the role of these contacts in transferring fatty acids from LDs to mitochondria or lysosomes
for energy supply [9]. Moreover, the formation of nuclear LDs is related to the stress induced by
phospholipid shortages [10,11]. Our previous study has shown that hydrogen peroxide promoted the
formation of cellular LDs [12]. However, whether the increased cellular LDs play a role as anti-oxidants
is largely unknown.

Perilipin 5 (PLIN5) is one of the conserved LD proteins, which belongs to the PAT (perilipin,
adipophilin, and TIP47) protein family [13]. Oxidative tissues such as skeletal muscle, liver, and
brown fat have high expression levels of PLIN5, indicating that PLIN5 plays an important role in
lipid storage and LD function [14–16]. Previous studies identified that PLIN5 regulated triglyceride
contents in hepatocytes [17] and skeletal muscle [18]. Overexpression of PLIN5 in skeletal muscle
promotes oxidative gene expression and lipid content [19]. Recently, PLIN5 was reported to be the
key factor that regulated LD contacting mitochondria [20,21]. The N-terminal (1-188aa) of PLIN5 is
the conserved PAT domain, and 189-391aa is the domain contacting with patatin like phospholipase
domain containing 2 (PNPLA2, ATGL). The C-terminal of PLIN5 (443-463aa) is the key sequence related
to mitochondrial recruiting [22]. LD–mitochondria contact is important for the energy supply during
starvation stress, which promotes lipid β-oxidation [9,23], and the transfer process of fatty acids from
LDs to mitochondria was also observed by probe imaging [24,25]. Recently, a study also found that
LD–mitochondria contact contributed to lipid synthesis and LD expansion [22]. Furthermore, LDs
are able to protect against cellular apoptosis by clearing harmful proteins from outer mitochondrial
membranes [26]. Moreover, PLIN5 has been shown to limit fatty acid toxicity [27]. These studies
suggested that PLIN5 was involved in the process of cellular anti-oxidation.

In the present study, we found that hydrogen peroxide- or lipopolysaccharide (LPS)-induced
oxidative stress up-regulated both mRNA and protein levels of PLIN5. The overexpression of PLIN5
increased the cellular LD content, promoted LD–mitochondria contact, reduced cellular ROS level,
and enhanced mitochondrial function-related gene expression, whereas knockdown PLIN5 indicated
opposite phenotypes. Moreover, we identified that the promoter region of PLIN5 contained the
binding sites of JUN, ATF1, ATF3, and ATF4, and therefore PLIN5 expression was activated by the
JNK-p38-ATF pathway. By bioinformatic analysis, it has been found that PLIN5 has a high expression
in liver hepatocellular carcinoma (LIHC), and additionally, low expression of PLIN5 is correlated
with poor prognosis in LIHC. Therefore, PLIN5 can be a potential therapeutic target in NAFLD and
NAFLD-induced LIHC.

2. Results

2.1. PLIN5 Was Up-Regulated in Liver Tissues of NAFLD Mice

NAFLD is characterized by the accumulation of LDs and a raised ROS level. We induced
NAFLD in mice by two classical methods, which were the methionine-choline-deficient diet (MCDD)
treatment and high-fat diet (HFD) treatment, respectively. The liver tissues of mice fed with MCDD
for 0 week, 1 week, 2 weeks, 3 weeks, 4 weeks, 6 weeks, and 8 weeks, and mice fed with HFD for
0 week and 10 weeks were collected. Then, the changes in hepatic PLIN5 expression were investigated
in these collected samples. The results showed that the mRNA level of PLIN5 was up-regulated
significantly in hepatic tissues of mice fed with MCDD for 4 weeks, 6 weeks, and 8 weeks, and mice
fed with HFD for 10 weeks, compared to the corresponding control samples (fed with chow diet, CD;
p < 0.05; Figure 1A–D). To validate this phenotype and further investigate the localization of PLIN5,
immunohistochemistry was performed. The hepatic tissues of mice fed with MCDD for 0 week, 1 week,
2 weeks, 3 weeks, 4 weeks, 6 weeks, and 8 weeks were detected. The results showed that PLIN5 protein
was mainly localized surrounding the LDs, and additionally, in mice fed with MCDD, the expression
of PLIN5 was activated (Figure 1E). These results indicate that the expression levels of PLIN5 were
enhanced and PLIN5 was mainly recruited on the surface of LDs during NAFLD development.
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Figure 1. Perilipin 5 (PLIN5) was up-regulated in liver tissues of non-alcoholic fatty liver disease
(NAFLD) mice. (A) Six-week-old C57/bl male mice were fed with a high-fat diet (HFD) or chow diet
(CD) for 10 weeks. The mRNA levels of PLIN5 in liver tissues of mice fed with chow diet (CD) and
HFD were detected by qRT-PCR. (B) The protein levels of PLIN5 in liver tissues of mice fed with chow
diet (CD) and HFD were detected by Western Blot. (C) Six-week-old C57/bl male mice were fed with
methionine-choline-deficient diet (MCDD) for 1 week, 2 weeks, 3 weeks, 4 weeks, 6 weeks, and 8 weeks,
respectively. The mRNA levels of PLIN5 were detected by qRT-PCR. (D) The protein levels of PLIN5
were detected by Western Blot. (E) Immunohistochemistry analysis of liver tissues of mice fed with
MCDD (1–8 weeks) and control mice (0 week). Scale bar, 20 μm. These experiments were performed in
triplicate. * p < 0.05; and ** p < 0.01.

2.2. Hydrogen Peroxide or LPS Treatment Enhanced Expression of PLIN5

It was already well known that ROS levels were increased in hepatic tissues with NAFLD. Moreover,
we did not observe any significant up-regulation of hepatic PLIN5 in mice fed with MCDD for 1 week,
2 weeks, and 3 weeks, although many hepatic LDs had accumulated. Therefore, we assumed that the
raised ROS levels activated PLIN5 expression. ROS represents a variety of molecules and free radicals
(chemical species with one unpaired electron) derived from molecular oxygen. Superoxide anion
(O2

−•), the product of a one-electron reduction of oxygen, is the precursor of most ROS and a mediator
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in oxidative chain reactions [28], and then hydrogen peroxide arises from O2
−• [29,30]. Hydrogen

peroxide and LPS are classical regents that induce cellular oxidation. Therefore, we investigated
whether inducing cellular oxidative stress affected the expression level of PLIN5. The HepG2 cells
were treated with 200 μM hydrogen peroxide for 12 h. qRT-PCR showed that PLIN5 mRNA was
up-regulated significantly by hydrogen peroxide treatment (p < 0.05; Figure 2A), and, additionally, the
Western Blot indicated that PLIN5 protein was also significantly up-regulated (p < 0.05; Figure 2B).
Furthermore, we also investigated the changes in PLIN5 expression levels with the lipopolysaccharide
(LPS) treatment. The results showed that both mRNA and protein levels of PLIN5 were up-regulated
significantly (p < 0.05; Figure 2C,D). The oleic acid (OA) treatment can induce cells to form more and
larger LDs, which is well applicable to observe the subcellular localization of PLIN5. Therefore, we
subsequently detected the subcellular localization of PLIN5 in OA treated cells by the PLIN5-EGFP
expression vector. The results indicated that PLIN5 was located on the surface of LDs (Figure 2E).
To investigate whether hydrogen peroxide treatment changes the localization of PLIN5, we detected
subcellular localization of PLIN5 in cells with the 200 μM hydrogen peroxide treatment. We found
that hydrogen peroxide treatment did not change the localization of PLIN5 (Figure 2E). These results
indicated that increased cellular ROS levels promoted the expression of PLIN5.

2.3. PLIN5 Regulated Cellular ROS Levels

To investigate whether PLIN5 was involved in the anti-oxidant process, we validated the efficiency
of PLIN5 overexpression and knockdown by the Western Blot method first. The result showed that
PLIN5 was overexpressed and interfered successfully (Figure 3A,B). Subsequently, we knocked down
and overexpressed PLIN5 to detect ROS levels by the DCFH-DA (2,7-dichlorodihydrofluorescein
diacetate) method, respectively. The results showed that PLIN5 knockdown increased ROS levels,
whereas PLIN5 overexpression decreased ROS levels significantly (p < 0.05; Figure 3C). Subsequently,
we used 200 μM hydrogen peroxide to treat cells with PLIN5 knockdown and overexpression in order
to investigate whether PLIN5 expression affected ROS levels of cells in oxidative stress. The results
indicated that PLIN5 knockdown increased ROS levels, whereas PLIN5 overexpression decreased ROS
levels significantly in cells treated with 200 μM hydrogen peroxide (p < 0.05; Figure 3D). To validate
the phenotype, we further used the DHE (dihydroethidium) method to detect the O2

−• levels in PLIN5
knockdown, overexpression, and corresponding control cells, respectively. The microplate reader
indicated that PLIN5 knockdown increased ROS levels, whereas PLIN5 overexpression decreased
ROS levels (Figure 3E,F). The release level of cytochrome c from mitochondria to cell plasma is the
gold standard to reflect the level of cellular oxidative stress. Therefore, we investigated whether
PLIN5 knockdown aggravated or whether PLIN5 overexpression reduced hydrogen peroxide-induced
cytochrome c release. Firstly, we treated the cells with 200 μM hydrogen peroxide and then isolated
the cytosolic and mitochondrial fractions respectively to detect the levels of cytochrome c (Figure 3G).
The result showed that hydrogen peroxide treatment increased cytosolic cytochrome c levels and
decreased mitochondrial cytochrome c levels, which indicated that hydrogen peroxide treatment
increased cytochrome c releasing from mitochondria to cytoplasm. Then we detected the effect of
PLIN5 overexpression on the hydrogen peroxide treatment-induced cytochrome c release. The cells
were transfected with PLIN5 expression vector or pcDNA3.1 (control) vector, and then treated with
200 μM hydrogen peroxide. The cytoplasm and mitochondria were isolated, and then cytosolic and
mitochondrial cytochrome c levels were detected through Western Blot, respectively. The result showed
that PLIN5 overexpression decreased cytosolic cytochrome c levels but increased mitochondrial
cytochrome c levels compared to the control in the presence of hydrogen peroxide (Figure 3H).
Mitochondrial membrane potential is an important indicator for mitochondrial oxidative damage.
Therefore, we detected the mitochondrial membrane potential in cells with PLIN5 overexpression or
control by the JC-1 (5,5′,6,6′-tetrachloro-1,1′,3,3′-tetraethyl-imidacarbocyanine) method. As expected,
the mitochondrial membrane potential was significantly higher in cells with PLIN5 overexpression than
in the corresponding control cells (Figure 3I). Furthermore, we detected the mitochondrial membrane
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potential in cells with PLIN5 overexpression or control in the presence of hydrogen peroxide. The result
showed that mitochondrial membrane potential of PLIN5 overexpression group was higher than the
control group (Figure 3I).

Figure 2. Hydrogen peroxide or lipopolysaccharide (LPS) treatment enhanced the expression of PLIN5.
Hydrogen peroxide and LPS were used to induce cellular oxidative stress. (A) mRNA level of PLIN5 in
cells with H2O2 treatment or control (phosphate buffer saline, PBS). (B) Western Blot analysis of PLIN5
protein levels in cells with H2O2 treatment or control (PBS). (C) mRNA level of PLIN5 in cells with LPS
treatment or control (PBS). (D) Western Blot analysis of PLIN5 protein levels in cells with LPS treatment
or control (PBS). (E) H2O2 treatment did not change the localization of PLIN5. PLIN5 localization
analysis of cells with 400 μM oleic acid medium or H2O2 treatment. Green, PLIN5-EGFP; red, lipid
droplets; blue, nucleus. Bar, 10 μm. These experiments were performed in triplicate. * p < 0.05; and
** p < 0.01.
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Figure 3. PLIN5 regulated cellular reactive oxygen species (ROS) levels. (A,B) Western blot validation of
PLIN5 overexpression (A) and RNAi (B) efficiency. (C) HepG2 cells were transfected with PLIN5 siRNAs
or negative control siRNAs or PLIN5 expression vector or pcDNA3.1 (control) vector, respectively. Then,
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the cellular ROS levels were detected by DCFH-DA probes through a microplate reader (Ex = 488 nm,
Em = 525 nm). (D) The cells were transfected with PLIN5 siRNAs or negative control siRNAs or PLIN5
expression vector or pcDNA3.1 (control) vector, respectively, and then treated with 200 μM H2O2. Then,
the cellular ROS levels were detected by DCFH-DA probes through a microplate reader (Ex = 488 nm,
Em = 525 nm). (E) HepG2 cells were transfected with PLIN5 siRNAs or negative control siRNAs or
PLIN5 expression vector or pcDNA3.1 (control) vector, respectively. Then, the cellular ROS levels
were detected by DHE through a microplate reader (Ex = 535 nm, Em = 610 nm). (F) The cells were
transfected with PLIN5 siRNAs or negative control siRNAs or PLIN5 expression vector or pcDNA3.1
(control) vector, respectively, and then treated with 200 μM H2O2. Then, the cellular ROS levels were
detected by DCFH-DA probes through a microplate reader (Ex = 488 nm, Em = 525 nm). (G) The
cells were treated with 200 μM H2O2. The cytoplasm and mitochondria were isolated respectively,
and then cytosolic and mitochondrial cytochrome c levels were detected respectively through Western
Blot. (H) The cells were transfected with PLIN5 expression vector or pcDNA3.1 (control) vector, and
then treated with 200 μM H2O2. The cytoplasm and mitochondria were isolated, and then cytosolic
and mitochondrial cytochrome c levels were detected respectively through Western Blot. GAPDH
was the reference protein of cytosolic component and the Porin/VDAC1 was the reference protein of
mitochondrial component. (I) The mitochondrial membrane potential (MMP) was detected by JC-1
probes using the flow cytometry method. These experiments were performed in triplicate. * p < 0.05.
Ex, excitation wavelength; Em, emission wavelength.

2.4. PLIN5 Promoted LD Formation and Contact with Mitochondria

We have shown that up-regulated PLIN5 decreased cellular ROS levels, so we then investigated the
regulatory mechanism. Our previous study has shown that the up-regulation of PLIN2 promoted the
formation of cellular LDs [12]. Therefore, PLIN5 was overexpressed in HepG2 cells, and then the cellular
LDs were labeled by BODIPY493/503 (4,4-difluoro-1,3,5,7,8-pentamethyl-4-bora-3a,4a-diaza-s-indacene)
to reflect the effect of PLIN5 up-regulation on LD content. As expected, the number of cellular LDs
in cells with PLIN5 overexpression was higher than the LDs in control cells (p < 0.05; Figure 4A,B).
To validate the phenotype, the LD content was detected in cells transfected with siRNA oligos
targeting PLIN5 and control cells. The result indicated that PLIN5 knockdown decreased the number
of cellular LDs (p < 0.05; Figure 4C,D). A previous study showed that PLIN5 promoted LD contact with
mitochondria, and subsequently, we validated this phenotype in HepG2 cells. There was no doubt
that the result indicated that the overexpression of PLIN5 highly enhanced this contact in HepG2 cells
(p < 0.05; Figure 4E,F). Moreover, we also investigated whether hydrogen peroxide treatment induced
LD contact with mitochondria, since the high levels of ROS up-regulated PLIN5. The mitochondria
were labeled by a mito-tracker, and LDs were marked by BODIPY. After the treatment with hydrogen
peroxide, the contact events were increased significantly compared to corresponding cells (p < 0.05;
Figure 4G,H). The results indicated that high ROS levels enhanced LD formation and promoted LD
contact with mitochondria by up-regulating PLIN5.
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Figure 4. PLIN5 promoted LD formation and contact with mitochondria. (A) HepG2 cells were
transfected with PLIN5 expression vector or pcDNA3.1 (control) vector. Then, the cellular lipid droplets
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were stained with BODIPY493/503 and observed by a confocal microscope. (B) The counts of cellular
LDs in A. (C) HepG2 cells were transfected with PLIN5 siRNAs or negative control siRNAs. Then,
the cellular lipid droplets were stained with BODIPY493/503 and observed by a confocal microscope.
(D) The counts of cellular LDs in C. (E) HepG2 cells were transfected with the mito-Dsred vector and
PLIN5 expression vector or pcDNA3.1 (control) vector. Then, the cellular lipid droplets were stained
with BODIPY493/503 and observed by a confocal microscope. (F) HepG2 cells were transfected with
mito-Dsred vector and PLIN5 siRNAs or negative control siRNAs. Then, the cellular lipid droplets were
stained with BODIPY493/503 and observed by a confocal microscope. (G) HepG2 cells were transfected
with mito-Dsred vector and then treated with 200 μM H2O2. Then, the cellular lipid droplets were
stained with BODIPY493/503 and observed by a confocal microscope. The fluorescence intensity along
with the dotted line was performed to illustrate the contacts between LDs and mitochondria. (H) The
ratio of contacts between LDs and mitochondria was analyzed. These experiments were performed in
triplicate. *** p < 0.0001.

2.5. PLIN5 Regulated the Expression Levels of Mitochondrial Function-Related Genes

One of the functions of mitochondria is oxidative metabolism, which requires several mitochondrial
respiratory chain oxidases, such as COX and CS. The expression levels of COX and CS are related to
the mitochondria activity. Therefore, we further investigated whether PLIN5 expression affected the
expression of COX and CS. The qPCR results showed that COX2, COX4, and CS were up-regulated in
the cells with PLIN5 overexpression (Figure 5A), whereas they were down-regulated significantly in
cells with PLIN5 knockdown (p < 0.05; Figure 5B). Subsequently, we investigated the effect of PLIN5
expression on the expression levels of several cellular anti-oxidant genes including GPX1, GPX2, SOD1,
SOD2, TXNRD1, CAT, and PRDX3 through qPCR. The result showed that GPX2 and CAT mRNA
levels were increased significantly after PLIN5 overexpression (p < 0.05), but SOD2 mRNA level was
decreased (Figure 5C). After PLIN5 knockdown, the mRNA levels of GPX1, SOD1, and TXNRD1 were
decreased significantly (p < 0.05; Figure 5D).

2.6. PLIN5 Reduced Apoptotic Rates of HepG2 Cells

The mitochondrial activity is important for the cellular apoptosis process; therefore, we further
investigated the effect of PLIN5 on the regulation of cellular apoptosis. The rates of apoptosis of HepG2
cells were detected by the flow cytometry method. The results showed that PLIN5 overexpression
decreased the apoptotic rates significantly (p < 0.05; Figure 5E). Subsequently, a rescue experiment
was carried out. PLIN5 was overexpressed in the cells treated with hydrogen peroxide for 12 h, and
then the apoptotic rates were detected. The result indicated that PLIN5 overexpression rescued the
enhancement of cellular apoptosis induced by hydrogen peroxide treatment (p < 0.05; Figure 5F).
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Figure 5. PLIN5 regulated the expression levels of mitochondrial function-related genes and apoptosis
rate. (A) mRNA levels of COX2, COX4, and CS in cells transfected with PLIN5 expression vector
or control vector. (B) mRNA levels of COX2, COX4, and CS in cells transfected with PLIN5 siRNAs
or control siRNAs. (C) mRNA levels of GPX1, GPX2, SOD1, SOD2, TXNRD1, CAT, and PRDX3 in
cells transfected with PLIN5 expression vector or control vector. (D) mRNA levels of GPX1, GPX2,
SOD1, SOD2, TXNRD1, CAT, and PRDX3 in cells transfected with PLIN5 siRNAs or control siRNAs.
(E) Apoptosis rate of cells transfected with PLIN5 expression vector or control vector. (F) Cells
transfected with PLIN5 expression vector or control vector were treated with 200 μM H2O2 for 12 h.
Then, the apoptosis rate was analyzed. These experiments were performed in triplicate. GAPDH was
used as the reference gene. * p < 0.05; and ** p < 0.01.

2.7. The Expression of PLIN5 Was Regulated by the JNK-p38-ATF Pathway

We analyzed the promoter region to investigate the transcriptional regulation mechanism of PLIN5
expression. The GeneHancer dataset showed two potential promoter/enhancer regions (GH19J004539
and GH19J004534) whose distances from TSS (transcription start site) were −5.3 kb and +0.1 kb. Then,
the transcription factor binding sites in these two regions were analyzed. We found that these two
regions contained JNK, ATF1, and ATF4 binding sites. It is well known that JNK-p38 is an important
signaling involved in stress response, which is activated by oxidative stress, DNA damage, and UV, and
subsequently regulates the downstream targets’ expression, such as ATFs and STATs [31–34]. We have
shown that PLIN5 was up-regulated by hydrogen peroxide treatment; therefore, we assumed that
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PLIN5 expression was regulated by the JNK-p38-ATF pathway. The phosphorylation levels of p38 and
JNK were detected. The Western Blot results indicated that p-p38 and p-JNK levels were significantly
increased in cells with hydrogen peroxide treatment (p < 0.05; Figure 6A,B). Moreover, the downstream
targets of JNK-p38, ATF1, and ATF4 were also up-regulated (Figure 6A,B). To further investigate
whether ATFs regulate PLIN5 expression, we overexpressed ATF1 and ATF4 and detected the PLIN5
expression levels of both mRNA and protein. The qPCR and WB results showed that both mRNA and
protein levels of PLIN5 were increased significantly by either ATF1 or ATF4 overexpression (p < 0.05;
Figure 6C–E). Subsequently, we cloned the promoter/enhancer regions of PLIN5 (−2 kb) into pGL3-basic
reporter vector to confirm the regulatory role of ATFs in PLIN5 expression. The dual luciferase reporter
gene assay showed that the fluorescence intensity of cells with ATF1 or ATF4 overexpression was much
higher than that of the control cells (Figure 6F). The results indicated that both ATF1 and ATF4 did
promote the transcriptional activity of PLIN5. To further validate the effect of JNK-p38 pathway on the
expression of PLIN5, we utilized the p38-JNK pathway inhibitor, GS-4997 (Selonsertib). GS-4997 could
inhibit the activity of ASK1 so that to suppress the phosphorylation of downstream targets, JNK and
p38. We found that hydrogen peroxide treatment activated the JNK-p38 pathway, but the GS-4997
treatment suppressed the JNK-p38 pathway (Figure 6G,H). Furthermore, we also found that hydrogen
peroxide treatment increased the expression levels of PLIN5, and whereas GS-4997 treatment blocked
the upregulation of PLIN5 induced by hydrogen peroxide treatment (Figure 6G,H).

2.8. Low Expression of PLIN5 Is Associated with Poor Prognosis

We have shown that PLIN5 expression was enhanced by oxidative stress and PLIN5 could alleviate
cellular ROS levels. We then analyzed the expression level of PLIN5 in different kinds of tumors
via the GEPIA (gene expression profiling interactive analysis) database (http://gepia.cancer-pku.cn/).
Interestingly, many kinds of tumor samples showed lower PLIN5 expression compared to normal
samples (Figure 7A). Furthermore, among these kinds of tumor samples, liver hepatocellular carcinoma
(LIHC), ovarian serous cystadenocarcinoma (OA), pancreatic adenocarcinoma (PAAD), and stomach
adenocarcinoma (STAD) showed the largest differences (Figure 7B). Subsequently, survival analysis
showed that the prognosis of LIHC was poor with a low expression level of PLIN5 (Figure 7C).
Then, survival analysis was performed to predicate the prognosis of 31 kinds of tumors with lower
expressions of PLIN5 (including ACC, BLCA, BRCA, CESC, CHOL, COAD, DLBC, ESCA, GBM,
HNSC, KICH, KIRC, KIRP, LAML, LGG, LICH, LUAD, LUSC, OV, PPAD, READ, SARC, SKCM, STAD,
TGCT, THCA, THYM, UCEC, and UCS; the extension of tumor abbreviations can be referred to in
GEPIA). The result indicated that a low expression level of PLIN5 was associated with poor prognosis
(Figure 7D). These results indicated that low expression levels of PLIN5 were bad for the prognosis
of tumors.
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Figure 6. The expression of PLIN5 was regulated by the JNK-p38-ATF pathway. (A) Protein levels of
ATF1, ATF4, p-p38, p38, p-JNK, and JNK were detected by Western Blot. (B) The gray value analysis of
A. (C) mRNA levels of ATF1, ATF3, and ATF4 in cells with 200 μM H2O2 treatment were detected by
qPCR. (D) The cells were transfected with ATF1 expression vector or pcDNA3.1 vector. The protein
levels of ATF1 and PLIN5 were detected through Western Blot. (E) The cells were transfected with ATF4
expression vector or pcDNA3.1 vector. The protein levels of ATF4 and PLIN5 were detected through
Western Blot. (F) The effects of ATFs’ expression on PLIN5 transcriptional activity were detected by
dual-luciferase reporter assay. (G) Protein levels of p-ASK1, Ask1, p-p38, p38, p-JNK, JNK, and PLIN5
were detected by Western Blot. (H) The gray value analysis of G. GAPDH was used as the reference
protein. These experiments were performed in triplicate. * p < 0.05; ** p < 0.01; and n. s., not significant.307
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Figure 7. Low expression of PLIN5 is associated with poor prognosis. Gene expression analysis
and survival analysis were performed using the GEPIA database (http://gepia.cancer-pku.cn/). (A) Gene
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expression analysis of PLIN5 by cancer type. The lower pattern is the histogram illustration of the upper
pattern. (B) The expression levels of PLIN5 in samples with LIHC, OV, PAAD, STAD, and corresponding
controls, respectively. (C) Survival analysis of PLIN5 in LIHCtumor samples. (D) Survival analysis of
PLIN5 in different kinds of tumor samples including ACC, BLCA, BRCA, CESC, CHOL, COAD, DLBC,
ESCA, GBM, HNSC, KICH, KIRC, KIRP, LAML, LGG, LICH, LUAD, LUSC, OV, PPAD, READ, SARC,
SKCM, STAD, TGCT, THCA, THYM, UCEC and UCS; E, CESC, DLBC, HNSC, LIHC, LUSC, PPAD and
THYM; F, ACC, BLCA, BRCA, CESC, CHOL, COAD, DLBC, ESCA, GBM, HNSC, KICH, KIRC, KIRP,
LAML, LGG, LICH, LUAD, LUSC, OV, PPAD, READ, SARC, SKCM, STAD, TGCT, THCA, THYM, UCEC,
and UCS. The extension of tumor abbreviations can be referred to in the GEPIA database. * p < 0.05.

3. Discussion and Conclusions

NAFLD has become one of the most common liver metabolic diseases worldwide. One obvious
characterization of NALFD is an accumulation of LDs. A high level of hepatic fat accumulation increased
cellular free fatty acids in hepatocytes, which was induced by lipolysis. However, the overaccumulation
of free acids is dangerous because of toxic metabolites generated by fatty acid breakdown. Moreover,
high lipid content showed higher levels of ROS [35]. Indeed, in liver tissues with NAFLD, a high
level of oxidative damage was observed [4]. The enhanced oxidative stress resulted in changes in
mitochondrial permeability transition, which was able to decrease the mitochondrial membrane
potential and subsequently induce cell apoptosis. It is well known that decreasing the number of
hepatocytes impairs the hepatic function and promotes NAFLD/NASH development [36]. Therefore,
reducing cellular ROS levels contributed to the alleviation of oxidative damage, which was good for
NAFLD/NASH treatment. However, the expression levels of SOD and other antioxidant enzymes,
the main scavengers of cellular ROS, were decreased in NAFLD/NASH tissues [4]. Therefore, we
considered that a compensation mechanism could exist to respond to this case.

PLIN5 is a conserved LD protein that belongs to the PAT family [13]. PLIN5 is expressed
mainly in tissues with high oxidative metabolism such as liver, skeletal muscle, cardiac muscle, and
brown adipose tissues. It is interesting that PLIN5 was reported to be the key factor regulating
LDs contacting mitochondria [37]. 443-463aa is the key region that promotes LDs’ recruitment to
mitochondria [22]. The deletion of 443-463aa of PLIN5 deprived the ability of PLIN5 promoting
LDs contacting mitochondria [22]. Additionally, 443-463aa region of PLIN5 is highly conserved
between different species [22]. A previous study has showed that the overexpression of PLIN5
promoted cellular LD accumulation, whereas knockdown PLIN5 enhanced fatty acid oxidation
metabolism in liver cells [38]. Moreover, an SNP (single nucleotide polymorphism; rs327694326,
NC_010444.4:g.74314701T>C) in Italy big white, Italy Duroc, and Peter ran pigs, which induced
high expression levels of PLIN5, promoted lipid accumulation and decreased the levels of HSL, an
important lipolysis. Ilan et al. overexpressed PLIN5 in mouse brown adipocytes and found that more
mitochondria surrounded LDs and lipid synthesis was enhanced to promote the expansion of LDs [22].
In our study, we found that the overexpression of PLIN5 increased the number of cellular LDs, whereas
PLIN5 knockdown decreased the number of cellular LDs (Figure 4C,D). Moreover, we also found that
PLIN5 overexpression promoted LD contact with mitochondria.

It is well known that organelle contacts usually induce the exchange of proteins in the outer
membrane. LD is a highly dynamic organelle, which contacts other organelles frequently, such as
endoplasmic reticulum (ER), mitochondria, peroxisome, and autolysosome. Many studies have reported
that LD–ER contacts resulted in ER proteins, such as lipid synthetases (DGAT2, GPAT4) transferring
to LDs [39–42]. LD contact with ER is important to LDs’ expansion and cellular lipid homeostasis.
A previous study showed an interesting phenotype involving LDs contacting mitochondria and
clearing harmful proteins from the outer mitochondrial membrane [26]. A high level of cellular ROS
induced the damage, and when accumulated damage exceeded a certain threshold, the cells would
undergo the apoptosis process. During this process, some specific proteins were translocated to
mitochondria such as pro- and anti-apoptotic proteins, for example, BAX, BCL-XS, BIK, BAK, BCL-2,
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BCL-XL, and CED [43,44]. Among these proteins, BAX played an important role in leading to a
permeabilization of the outer mitochondrial membrane, which was able to subsequently induce the
release of cytochrome c and apoptosis [45,46]. Interestingly, BAX and BCL-XL contained a protein
domain consisting of two α-helices, which allowed them to localize to LDs. When LDs were in contact
with mitochondria, BAX and BCL-XL were translocated to LDs from mitochondria [26]. Therefore,
we considered that enhancing LD contact with mitochondria promoted the translocation process,
which would subsequently modulate the stress response. In the present study, PLIN5 overexpression
enhanced the contacts between LDs and mitochondria, and the cellular ROS levels were significantly
decreased (p < 0.05; Figures 3 and 4). Moreover, we also detected the influence of PLIN5 expression
on the expression of several anti-oxidant genes. The results showed that PLIN5 did affect several
anti-oxidant enzymes. We considered that there was a little effect, because not so many anti-oxidant
enzymes such as some isoforms of SOD, CAT, and GPX can be influenced by the change of PLIN5
expression. Therefore, the PLIN5-mediated LD contact with mitochondria could be an important
mechanism for cells to respond to oxidative stress. For further study, the proteins of mitochondria
and LDs in cells with PLIN5 overexpression and control could be isolated, respectively, to investigate
whether PLIN5 overexpression promotes the proteins’ translocation between these two organelles and
to analyze the terms of proteins translocated through the mass spectrum method.

We investigated the regulatory pathway of PLIN5 during the oxidative stress process. It is well
known that the JNK-p38 signaling pathway plays an important role in the stress response. When the
ROS levels (such as cellular hydrogen peroxide) were elevated, apoptosis signal-regulating kinase 1
(ASK1) was activated and subsequently sustained the activation of JNK and p38 MAPK signaling [47].
The activated JNK and p38 MAPK signaling would further activate ATFs’ expression [31–34]. In our
study, JNK-p38 MAPK signaling was activated by hydrogen peroxide treatment, and then ATF1
and ATF4 expression levels were significantly increased (p < 0.05; Figure 6A), which corresponds
to the previous studies. Through bioinformatic analysis, we found that the promoter region of
PLIN5 contained the binding sites of ATFs. Therefore, we considered that the expression of ATFs
could affect the expression levels of PLIN5. Overexpression of ATF1 or ATF4 indeed up-regulated
PLIN5 (Figure 6B,C). Furthermore, we also validated the regulatory role of ATFs on PLIN5 expression
experimentally, through dual luciferase reporter gene assay. The results confirmed that ATFs did indeed
enhance the transcriptional activity of PLIN5. Therefore, we demonstrated that the ROS-JNK-p38-ATFs
regulatory axis modulated the expression of PLIN5 so that it regulated the cellular stress response
process. Moreover, many studies have reported that ASK1 signaling played an important role in
NAFLD/NASH processes by promoting the inhibition of lipid and glucose metabolism [48–50] and by
driving a strong inflammatory response [51]. Currently, ASK1 has become a key therapeutic target for
NAFLD/NASH. For example, Selonsertib (GS-4997) is a highly selective and potent ASK1 inhibitor
with potential anti-inflammatory, anti-tumor, and anti-fibrotic activities [52]. ASK1-JNK-p38 signaling
was activated in NAFLD/NASH; therefore, PLIN5 expression levels were supported to increase also.
Our results showed that PLIN5 expression was indeed up-regulated in liver tissues of mice fed with
MCDD, which supported our hypothesis. We considered that PLIN5 up-regulation could be a rescue
mechanism during NAFLD/NASH processes. Increased PLIN5 expression promoted LDs contacting
mitochondria, enhanced the expression of mitochondrial functional genes and subsequently alleviated
the cellular oxidative stress. We found that many kinds of tumors cells showed low expression levels
of PLIN5 (Figure 7A). Previous studies showed that NAFLD and NASH were well-known risk factors
of hepatocellular carcinoma (HCC) [53,54], whereas and HCC was a lipid-rich tumor. Patients with
obesity and NAFLD/NASH show an increased intake of dietary fatty acids (FAs). Meanwhile, insulin
resistance enhances lipolysis of adipose tissue, which causes an increased exogenous FA supply and
results in the development of a “lipid-rich” environment for hepatocytes. As we all know, more FAs
would promote cells to generate more ROS through β-oxidation process. High level of cellular ROS
often induced cellular stress and promoted cell apoptosis. However, we found that PLIN5 could
reduce cellular ROS levels and reduce cell apoptosis in the present study. Moreover, we also found
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that expression of PLIN5 could increase cellular lipid content. Previous studies reported that the
lipid-rich environment is considered to promote the proliferation and metastasis of tumor cells [55–57].
Therefore, we considered that both functions of PLIN5, regulating cellular ROS levels and regulating
cellular lipid content and lipolysis, could influence the tumor development process. Consequently,
the down-regulation of PLIN5 could be a predisposition for tumors’ occurrence. PLIN5 can be a
good therapeutic target for NAFLD due to its ability to protect against oxidative stress and enhance
mitochondrial function.

In the present study, we found that increase of cellular ROS induced by hydrogen peroxide or LPS
treatment could up-regulate PLIN5 expression. We then identified that ROS regulates the expression
levels of PLIN5 through JNK-p38-ATF signaling. Furthermore, we found that PLIN5 could regulate
the expression levels of mitochondrial cytochrome c oxidases (COXs) such as COX2, COX4 and CS.
Therefore, PLIN5 could decrease cellular ROS levels through reducing the generation of ROS products
by mitochondria, because up-regulation of COXs could reduce ROS products. Above is the novelty
of this study. However, there are also several limitations in this study. The regulatory mechanism of
PLIN5 modulating the expression of COXs need further study. For example, studying the mechanism
of protein exchange between LD and mitochondria during these two organelles contact. The LDs in
cells with PLIN5 overexpression could be isolated and the LD-related proteins on LD surface could
be analyzed by mass spectrometry. Subsequently, whether PLIN5 could promote protein exchange
between LD and mitochondria can be investigated, by detecting the levels of mitochondrial-derived
proteins on LD surface. Moreover, we noted that PLIN5 could influence the expression levels of cellular
anti-oxidative enzymes, such as SOD1, SOD2, GPX1, GPX2, and CAT. Although the effect of PLIN5 on
the expression of these enzymes was very mild, the mechanism is worth further study.

In conclusion, ROS-mediated activation of JNK-p38-ATF signaling up-regulated expression levels
of PLIN5, and, then, increased PLIN5 levels enhanced lipid synthesis and promoted LD contact with
mitochondria, which helped cells to modulate stress response (Figure 8). Moreover, our study suggests
that PLIN5 could be a therapeutic target for NAFLD.

Figure 8. Diagrammatic sketch of this study. PLIN5 was up-regulated by cellular stress induced
by H2O2 or LPS treatment. Then, the increased PLIN5 levels promoted cellular LD formation and
expansion, expression levels of COXs and LDs contacting with mitochondria. Subsequently, LD
formation and expansion reduced the levels of cellular fatty acids, which promoted the alleviation of
stress. COXs’ up-regulation reduced the release of cytochrome c from mitochondria to cytoplasm and
reduced the mitochondrial damage. The contacts between LDs and mitochondria helped the transfer
of potential harmful proteins from mitochondria to LDs. Therefore, cellular stress was alleviated.
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4. Materials and Methods

4.1. Animals

Six-week-old c57/bl6 male mice were purchased from Hubei Center for Disease Control and
Prevention. All mice were housed in a normal environment and were provided with food and water.
The methods were carried out in accordance with approved guidelines from Huazhong Agricultural
University and the scientific, ethical, and legal principles of the Hubei Regulations for the Administration
of Affairs Concerning Experimental Animals. All of the experimental protocols were subject to approval
by the Ethics Committee of Huazhong Agricultural University (HZAUMU2013-0005). The mice were
fed with either a methionine-choline-deficient diet (MCDD) or a high-fat diet (HFD) to make a NAFLD
phenotype in liver tissue. The mice were divided into nine groups, which were fed with MCDD for
0 week (control groups), 1 week, 2 weeks, 3 weeks, 4 weeks, 6 weeks, 8 weeks, and HFD for 10 weeks.
The control groups of mice were fed with chow diet.

4.2. Cell Culture

The HepG2 cell line was gifted by the lab of Prof. Xianghua Yan, Huazhong Agricultural
University (Wuhan, China), which was purchased from the Type Culture Collection of the Chinese
Academy of Sciences (Wuhan, China). HepG2 cells were cultured in Dulbecco’s Modified Eagle
Medium (DMEM; HyClone, Logan, UT, USA) with 10% fetal bovine serum (FBS; #SH30396.03, Hyclone,
Canada), 100 unit/mL penicillin, and 100 μg/mL streptomycin in dishes at 37 ◦C, in a humidified
atmosphere, with 5% CO2. For oleic acid treatment, a 20 mM oleic acid-phosphate buffer saline (PBS)
mixture and 20% FA-free bovine serum albumin (BSA) medium were prepared, and both media were
heated in a 70 ◦C water bath for 30 min. Finally, the media were mixed. The 10 mM oleic acid-BSA
mixture was added to the cell cultural medium at 1:49 (v:v). The cells were then either seeded on slides,
or on plates that had been washed three times using PBS. Then, 1 mL oleic acid medium was added to
the well, and the cells were cultured for 12 h.

4.3. Antibodies

Rabbit polyclonal antibodies that were used included anti-PLIN5 (#26951-1-AP, Proteintech,
Wuhan, China), anti-ATF1 (#11946-1-AP, Proteintech, Wuhan, China), anti-ATF4 (#10835-1-AP,
Proteintech, Wuhan, China), anti-MAPK14 (p38; #A10832, Abclonal, Wuhan, China),
anti-Phospho-MAPK14-T180/Y182 (#AP0526, Abclonal, Wuhan, China), anti-Phospho-JNK1/2/3-
T183/T183/T221 (#AP0631, Abclonal, Wuhan, China), anti-ASK1 (#A6274; rabbit polyclonal antibody;
ABclonal; 1:2000 dilution), anti- p-ASK1 (#AP0394; rabbit polyclonal antibody; ABclonal; 1:2000
dilution), anti-VDAC1/Porin (#55259-1-AP, Proteintech, Wuhan, China), and anti-GAPDH (#AC027,
Abclonal, Wuhan, China). The mouse monoclonal antibody that was used included anti-JNK1/2/3
(#A11119, Abclonal, Wuhan, China). The following secondary antibodies were used: HRP (horseradish
peroxidase)-labeled Goat Anti-Rabbit IgG (H+L; #AS014, Abclonal, Wuhan, China), and HRP-labeled
Goat Anti-Mouse IgG (H+L; #AS003, Abclonal, Wuhan, China).

4.4. Transfection Assay

Cells were seeded on a 6-well plate or on slides in a 24-well plate. Then, the cells were transfected
with Lipo8000™ Transfection Reagent (#C0533, Beyotime, Nanjing, China). For the preparation of
RNAi working solution, 10 μL siRNA oligo (20 μM, Ribobio, Guangzhou, China) was mixed with
10 μL Lipo8000 regent in 100 μL DMEM. For the preparation of the overexpression working solution,
2.5 μg plasmid was mixed with 4 μL Lipo8000 regent in 50 μL DMEM. The working solution was
added in the plate well and incubated for 6 h. Then, the plate well was changed with fresh cultural
medium (DMEM with 10% FBS) for another 48 h of culture.
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4.5. Plasmid DNA Construction

For the overexpression assay and the localization assay, expression vector and fluorescence-labeled
vector were constructed. In brief, the PLIN5/ATF1/ATF4 CDS region was amplified by the cDNA
library of HepG2 cells using KOD-Plus-Neo DNA polymerase (#KOD-401, TOYOBO, Shanghai, China).
After gel extraction, the PLIN5 CDS fragment was cloned into the digested pcDNA3.1 vector (digestion
sites, HindIII and BamHI) using a seamless cloning kit (#C112-01, ClonExpress II One Step Cloning
Kit, Vazyme, Nanjing, China). For the localization assay, the gene CDS region was cloned into
the digested pCMV-C-Dsred (#D2624, Beyotime Biotechnology, Nanjing, China) or pCMV-C-EGFP
(#D2626, Beyotime Biotechnology, Nanjing, China). For the luciferase reporter assay, the promoter
region of PLIN5 (about 2000 bp upstream of the transcription initiation site of PLIN5) was cloned into
the digested pGL3-basic vector (digestion sites, KpnI and XhoI).

4.6. Hydrogen Peroxide and LPS Treatment

The treatment process was the same as in our previous study [12]. Briefly, 30% hydrogen peroxide
(i.e., 10 M) was diluted 10,000× by DMEM medium to 1 mM concentration, after the medium had
been sterilized using a 0.22 μm filter. The hydrogen peroxide was then diluted to 200 μM and the
medium was used to treat cells. The cells were then washed three times using PBS and were treated
with different concentrations of hydrogen peroxide media; this operation is important for the treatment
of hydrogen peroxide, especially if in low concentrations. Due to the significant impacts of small
amounts of metals, such as iron and copper, on the outcomes of in vitro experiments, the medium
contained ferric nitrate·9H2O (0.1 mg/L). No other iron or copper was present. The water that was
used in this experiment was double distilled and deionized.

4.7. Lipid Droplets Marking and Observation

The cell slides were fixed with 4% paraformaldehyde for 15 min at room temperature. The slides
were stained with BODIPY 493/503 (#D3922, Invitrogen, Carlsbad, CA, USA) for 10 min at 37 ◦C and
were then stained with DAPI (#G-1012, Servicebio) for 10 min at 37 ◦C. After washing three times
with PBS for 10 min each, the slides were sealed with an anti-fluorescent quenching solution (#P36961,
ProLong™ Diamond Antifade Mountant, Invitrogen, Thermo Fisher, USA) for confocal microscopic
observation (63× oil lens, BODIPY FL and DAPI channels, Zeiss LSM 800, Germany).

4.8. Western Blot

Western blotting was performed as reported previously [58]. Briefly, cells were collected and
homogenized in lysis buffer (#P0013, Beyotime Biotechnology, Nanjing, China). Then, the homogenates
were incubated with an SDS-PAGE sample loading buffer (#P0015A, Beyotime Biotechnology, Nanjing,
China) at 98 ◦C for 10 min. Subsequently, the samples were separated by 10% sodium dodecyl
sulfate-polyacrylamide gel electrophoresis (SDS-PAGE) and were transferred to a polyvinylidene
fluoride (PVDF) membrane (Biorad, USA) using a semidry electrophoretic apparatus. The blocked
membranes (#P0252-100mL, QuickBlock™ Blocking Buffer for Western Blot, Beyotime Biotechnology,
Nanjing, China) were incubated with antibodies overnight at 4 ◦C. The blots were extensively washed
three times with tris-buffered saline with tween20 (TBST) buffer for 10 min and were incubated
under gentle agitation with the primary antibodies for immunodetection at 37 ◦C for 1.5 h (diluted in
QuickBlock™ Primary Antibody Dilution Buffer for Western Blot, #P0256, Beyotime Biotechnology,
Nanjing, China). Then, the blots were extensively washed three times with TBST. Subsequently, blots
were incubated under gentle agitation with the secondary antibodies for immunodetection at 37 ◦C for
1 h (diluted in QuickBlock™ Secondary Antibody Dilution Buffer for Western Blot, #P0258, Beyotime
Biotechnology, Nanjing, China). For detection, M5 eECL Western Blot Kit (#MF-078-01, Mei5bio, Beijing,
China) and the chemiluminescence imaging system (LAS4000, ImageQuant, Germany) were used.

313



Cells 2019, 8, 1241

4.9. Real-Time PCR

Real-time PCR was performed using the QuantStudio 6 Flex Real-Time PCR System (ABI, Thermo
Fisher, Shanghai, China) and Roche LightCycler® 480 (Roche, Switzerland), and the following PCR
program: Denaturation at 95 ◦C for 10 min; amplification for 45 cycles at 95 ◦C for 15 s; annealing and
extension at 60 ◦C for 1 min. 2× SYBR Green qPCR Master Mix (#B21203, Bimake, Shanghai, China)
were used for the detection of RT-qPCR. Primer sequences are shown in Table 1. Specific amplifications
for certain PCR reactions were assessed using a melting curve. One negative control reaction, in
which the cDNA template was replaced by water, was performed to avoid potential contamination.
The sample from each well was repeated three times, and the comparative Ct (2−ΔΔCt) value method
was used for relative quantification. GAPDH (NM_002046.6) was used as the reference gene.

Table 1. Primer used for SYBR Green I qRT-PCR validation.

Gene Symbol Primer Sequence 5′-3′

PLIN5 (Perilipin 5) Forward: AAGGCCCTGAAGTGGGTTC
Reverse: GCATGTGGTCTATCAGCTCCA

CS
Forward: GCTCCTGTTTCCATGGGTCA
Reverse: TGCCAAAGCATGTCCAGCTA

COX2
Forward: GCTGTCCCCACATTAGGCTT
Reverse: ACCGTAGTATACCCCCGGTC

COX4
Forward: CCCGGCATTTTACGACGTTC
Reverse: AAAAATGTACACCTGCCGCC

ATF1
Forward: TTCGGATCTACCTGGGAGGG
Reverse: CTGATAAAGATGATACCTGTTGAGC

ATF3
Forward: GACCAACCATGCCTTGAGGA
Reverse: GGATGGCAAACCTCAGCTCT

ATF4
Forward: TAAGCCATGGCGTGAGTACC
Reverse: GCGCTCGTTAAATCGCTTCC

GAPDH
Forward: CTGGGCTACACTGAGCACC
Reverse: AAGTGGTCGTTGAGGGCAATG

CAT
Forward: TGGGATCTCGTTGGAAATAACAC
Reverse: TCAGGACGTAGGCTCCAGAAG

GPX1
Forward: CAGTCGGTGTATGCCTTCTCG
Reverse: GAGGGACGCCACATTCTCG

GPX2
Forward: GAATGGGCAGAACGAGCATC
Reverse: CCGGCCCTATGAGGAACTTC

SOD1
Forward: GGTGGGCCAAAGGATGAAGAG
Reverse: CCACAAGCCAAACGACTTCC

SOD2
Forward: TTTCAATAAGGAACGGGGACAC
Reverse: GTGCTCCCACACATCAATCC

TXNRD1
Forward: ATGGGCAATTTATTGGTCCTCAC
Reverse: CCCAAGTAACGTGGTCTTTCAC

PRDX3
Forward: ACTGTGAAGTTGTCGCAGTCT
Reverse: CACACCGTAGTCTCGGGAAA

4.10. Apoptosis and Mitochondrial Membrane Potential Analysis

The analysis was performed by Servicebio Co., Ltd. (Wuhan, China). Briefly, the cells with
transfections were collected through trypsin digestion. Then, the cells were incubated by annexin
V-FITC and propidium iodide (PI). Then, the apoptosis rates were detected through flow cytometry
(Ex = 488 nm, FL1 (Em = 525 ± 20 nm) and FL2 (Em = 585 ± 21 nm)). Flow Jo software was used
to analysis the rates of cells in different conditions. For mitochondrial membrane potential (MMP)
analysis, JC-1 probe was used. Briefly, the cells were collected and counted. The cells were then
incubated with 10 μg/mL JC-1 probe at 37 ◦C for 20 min. Cells were detected through flow cytometry
(Ex = 488 nm, FL1 (Em = 525 ± 20 nm) and FL2 (Em = 585 ± 20 nm)). Flow Jo software was used for
the analysis.
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4.11. Bioinformatics and Data Analysis

The survival predication was performed using the GEPIA database (http://gepia.cancerpku.cn/).
The prognosis analysis and gene expression analysis were performed according to the construction of
the creator of this database [59].

4.12. Dual-Luciferase Reporter Assay

The promoter region of PLIN5 was amplified by PCR with total DNA of HepG2 cells.
The primers were used as following, F: 5′-GAAAACTGGATCGGATGAATTGG-3′ and R:
5′-CACCCCCGCCGGTCCCGC-3′. Then, the promoter region was cloned into the pGL3-basic vector.
Then, the reconstructed vector was co-transfected with the ATFs expression or pcDNA3.1 (control)
vectors and TK vector into HepG2 cells seeded into the 12-well plate. Moreover, pGL3-basic vector
was used as the negative control and pGL3-CMV vector was used as the positive vector. Luciferase
enzymatic activity was measured by a microplate reader from a multi-wavelength measurement system
(PE Enspire, PerkinElmer, Germany) using a dual-luciferase reporter assay system (#RG027, Beyotime
Biotechnology, Nanjing, China). The relative light unit (RLU) was normalized by a control group.
The result was showed by the relative RLU. All transfections were performed in triplicate, and the data
are expressed as the means ± SD.

4.13. Immunohistochemistry Assay

Liver tissue samples of MCDD- and HFD-fed mice and control mice were collected. Then, the
samples were fixed in 4% paraformaldehyde for 24 h. The immunohistochemistry assay was entrusted
by Servicebio (Wuhan, China). The detailed processes of this experiment can be referred to in our
previous study [12].

4.14. Isolation of Cytosolic and Mitochondrial Fractions

The cell mitochondria isolation kit (#C3601, Beyotime Biotechnology, Nanjing, China) was utilized
to isolate the cytosolic and mitochondrial fractions. Briefly, wash the cells with cold PBS and harvest
the cells by trypsin-EDTA solution. Re-wash the cells two times and collect the cells by centrifuge,
and then remove the supernatant. Add 1 mL mitochondrial isolation regent (with 1 mM PMSF) and
resuspend the cells, and then incubate the suspension in an ice bath. Then the cell suspension was
transferred to a glass homogenizer of appropriate size, and the homogenate was about 10–30 times.
Centrifuge the cell homogenate at 600× g, 4 ◦C for 10 min. Then carefully transfer the supernatant
to another centrifugal tube and centrifuge for 10 min at 11,000× g, 4 ◦C. The precipitation was the
isolated mitochondria. The supernatant collected was then centrifuged for 10 min at 12,000× g, 4 ◦C.
The supernatant was the cytoplasmic protein without mitochondria.

4.15. Fluorescence Image Analysis

The ImageJ software was utilized to analyze the number of mitochondria interacting LDs. Briefly,
the fluorescence intensity was analyzed along with the dotted line (Figure 4G). If the LD is contacting
mitochondria, the signal of Dsred (mitochondria) can be detected between or overlap the signal
of BODIPY493/503 (lipid droplet). If the LD does not contact mitochondria, the signal of Dsred
(mitochondria) is supposed to be losing between the signal of BODIPY493/503 (lipid droplet).

4.16. Survival Analysis and Normal/Cancer Gene Expression Comparison Analysis

The survival predication was performed by the GEPIA database (http://gepia.cancer-pku.cn/).
The prognosis analysis and gene expression analysis were performed according to the construction of
the creator of this database [59].
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4.17. Statistical Analyses

All quantitative experiments were evaluated for statistical significance using the software
GraphPad Prism v.5.0 (GraphPad Software, Inc. 7825 Fay Avenue, Suite 230 La Jolla, CA, USA),
after verifying the normality of values and equivalence of variances. For lipid droplet counts,
pixel quantification, LD-mitochondria contact site counts, fluorescence intensity, and qPCR analyses,
means ± s.d. are displayed, and the statistical differences between overexpression or RNAi-treated or
peroxide hydrogen-treated samples and controls were addressed using Student’s two-tailed t-tests.
The Student’s t-test was utilized because the sample size in the experiment was small, and a sample
mean and standard deviation can be obtained, and additionally samples came from normal or
approximate normal population. A p-value < 0.05 was considered statistically significant.
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Abbreviations

AMPK protein kinase AMP-activated catalytic subunit
ASK apoptosis signal-regulating kinase
ATF activating transcription factor
BODIPY 4,4-difluoro-1,3,5,7,8-pentamethyl-4-bora-3a,4a-diaza-s-indacene
CAT catalase
COX cytochrome c oxidase subunit IV
CS citrate synthase
Cyto c cytochrome c
DCFH-DA 2,7-Dichlorodihydrofluorescein diacetate
GEPIA gene expression profiling interactive analysis
GPX glutathione peroxidase
HFD high-fat diet
JC-1 5,5′,6,6′-Tetrachloro-1,1′,3,3′-tetraethyl-imidacarbocyanine
JNK jnk c-Jun N-terminal kinase
LD lipid droplet
LIHC liver hepatocellular carcinoma
LPS lipopolysaccharide
MAPK mitogen-activated protein kinase
MCDD methionine-choline-deficient diet
NAFLD non-alcoholic fatty liver disease
NASH non-alcoholic hepatitis
P38 mitogen-activated protein kinase 14
PAT perilipin, adipophilin, and TIP47
PLIN5 perilipin 5
PNPLA2/ATGL patatin like phospholipase domain containing 2
ROS reactive oxygen species
SOD superoxide dismutase
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Abstract: Cancer cells frequently exhibit dysfunctional oxidative phosphorylation (OXPHOS) and a
concomitant increase in glycolytic flux. We investigated the expression of OXPHOS complex subunits
and mitochondrial mass in 34 human cholangiocellular carcinomas (CCCs) and adjacent normal
tissue by using tissue microarrays. In the tumor periphery, all OXPHOS complexes were reduced
except complex I. In addition, significantly lower levels of complex IV were found at the tumor center
(p < 0.0001). Mitochondrial mass, as indicated by VDAC1 expression, was significantly increased
in CCCs compared to corresponding normal tissue (p < 0.0001). VDAC1 levels were inversely
correlated with UICC (Union Internationale Contre le Cancer) cancer stage classification (p = 0.0065).
Furthermore, significantly lower VDAC1 was present in patients with lymph node involvement
(p = 0.02). Consistent with this, patients whose carcinomas expressed VDAC1 at low to moderate
levels had significantly reduced survival compared to high expressors (p < 0.05). Therefore, low
mitochondrial mass is associated with more aggressive CCC. These metabolic features are indicative
of a Warburg phenotype in CCCs. This metabolic signature has potential therapeutic implications
because tumors with low mitochondrial function may be targeted by metabolic therapies such as a
high-fat, low-carbohydrate ketogenic diet.

Keywords: cholangiocellular carcinoma; mitochondria; energy metabolism; oxidative phosphorylation

1. Introduction

Cholangiocellular carcinomas (CCCs) are rare but aggressive tumors that display features of
biliary differentiation. CCCs comprise approximately 3% of gastrointestinal tumors and have an
overall incidence of less than two per 100,000 [1]. According to their anatomical location, CCCs are
commonly classified as intrahepatic and extrahepatic tumors, the latter entity being further subdivided
into perihilar and distal tumors. In Germany, mortality from intrahepatic CCCs more than tripled
between 1998 and 2008 [2]. In line with the increased mortality data, the number of reported cases
of intrahepatic CCC also increased between 1970 and 2006 [3]. CCC is one of the most fatal cancers:
the median overall survival is 20–28 months and five-year survival rates are about 25% [4,5]. In the
United States, the number of CCC-related deaths per annum increased dramatically in the past two
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decades, surpassing 7000 by 2013 [6]. CCC mortality for those aged 25+ increased 36% between 1999
and 2014 [6]. The only curative option for CCC is surgical resection, but most patients develop a
recurrence after resection.

Increased glucose metabolism and uptake is a hallmark of aggressive cancer. Accordingly, elevated
18Fluorodesoxyglucose (FDG) uptake was present in 92% of CCCs [7]. This phenomenon, also called
the Warburg effect, indicates that cancer cells generate energy predominantly via glycolysis even
if sufficient oxygen is present. At first, it seems paradoxical that tumors use ‘inefficient’ glycolysis
instead of OXPHOS for energy production. However, there are several explanations for why ATP
generation is reprogrammed in cancer cells. First, aerobic glycolysis is not as inefficient as is often
reported. Although it is correct that the amount of ATP generated per molecule of glucose is low,
the rate of glucose metabolism is high in cancer cells. The production of lactate from glucose occurs
10–100 times faster than the complete oxidation in mitochondria, and the level of ATP production is
similar [8]. Thus, rewiring energy metabolism toward glycolysis causes increased generation of lactate.
Several studies suggested that lactate facilitates metastasis via production of a microenvironment
toxic to normal cells and stimulation of tissue lysis [9,10]. Lactate dehydrogenase A (LDHA) catalyzes
the inter-conversion of pyruvate and L-lactate with concomitant inter-conversion of nicotinamide
adenine dinucleotide (NADH) and NAD+ [11]. Secondly, the Warburg effect has been proposed to
be an adaptive mechanism to support the biosynthetic requirements of uncontrolled proliferation.
Glucose metabolites serve as carbon sources for anabolic processes. The excess carbon is diverted into
branching pathways emanating from glycolysis and is used for the generation of cellular building
blocks such as nucleotides, lipids, and proteins [12–15]. Another theory proposes that tumors shut
down OXPHOS to reduce the reactive oxygen species (ROS) burden on their own biomolecules, while
maintaining a level necessary for cell signaling [14]. The respiratory chain complexes are the main
production sites of ROS, although their individual contributions to this process likely differ, with
complex I being the most important in this vicious circle [16].

Immunohistochemical (IHC) staining of OXPHOS complexes of homogeneous tissue samples
correlates well with enzymatic analysis, as the OXPHOS system is mainly regulated via the protein
amount [17–19]. In the present study, we used IHC for technical reasons, foremost because it is nearly
impossible to obtain sufficient amounts of frozen CCC tissue for functional evaluation of OXPHOS
enzymes. In addition, substantial cellular heterogeneity is present within single tumors. Furthermore,
a tumor cell content of over 80% is needed to generate reliable functional data on OXPHOS enzyme
activity. IHC staining of heterogeneous samples is the method of choice because it reliably reflects the
in vivo situation at the cellular level [18,19].

Therefore, the aim of the present study was to characterize the OXPHOS phenotype of CCC by
IHC using tissue microarrays.

2. Materials and Methods

2.1. Ethics

Human tumors were obtained from the Institute of Pathology, University Hospital Salzburg.
The study was performed according to the Austrian Gene Technology Act. Experiments were conducted
in accordance with the Helsinki Declaration of 1975 (revised 2013) and the guidelines of the local
ethics committee, being no clinical drug trial or epidemiological investigation. All patients signed
an informed consent document concerning the surgical intervention. Furthermore, the study did not
extend to the examination of individual case records. Patient anonymity was ensured at all times.
All analyses on human CCC samples were approved by the local ethics committee (415-EP/73/37-2011).

2.2. Samples

To evaluate differences in expression between malignant and corresponding normal tissue, we
constructed a tissue microarray (TMA) of formalin-fixed, paraffin-embedded (FFPE) tissue blocks
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from 34 individuals with CCC. Three punches of each individual were analyzed: the tumor center,
the tumor periphery, and the adjacent normal tissue. Samples were analyzed by two professional
pathologists and the mean values were taken for statistics.

2.3. Clinical Parameters

The following clinical parameters were evaluated: age, sex, overall survival from the day of
diagnosis, localization (intrahepatic, perihilar, extrahepatic), growth type (mass forming, periductal,
intraductal), tumor size, TNM (tumor, node, metastasis) classification, metastasis, UICC (Union
Internationale Contre le Cancer), grading, etiology (Table S1).

2.4. Immunohistochemical Staining of OXPHOS Complex Subunits and VDAC1 (Porin) of FFPE Tissues

All primary antibodies (Table 1) were diluted in Dako antibody diluent with background-reducing
components (Dako, Glostrup, Denmark). Immunohistochemistry was performed as described
previously [20]. For antigen retrieval, the sections were immersed for 45 min in 1 mM EDTA,
0.05% Tween-20, pH 8, at 95 ◦C. Tissue sections were incubated for 30 min with the above-listed
primary antibodies (Table 1).

Table 1. Antibodies used for immunohistochemical (IHC) staining.

Target Structure/Antigen
Specificity (Species)

Vendor Catalogue No. Dilution

VDAC1 Abcam Ab14734 1:2000
NDUFS4 (Complex I) Abcam Ab55540 1:1000
SDHA (Complex II) Abcam Ab14715 1:2000

UQCRC2 (Complex III) Abcam Ab14745 1:1500
MT-CO1 (Complex IV) Abcam Ab14705 1:1000
ATP5F1A (Complex V) Abcam Ab14748 1:2000

Ck7 Novocastra Laboratories NCL-L-CK7-OVTL 1:100
Ck19 DakoCytomation NCL-CK19 1:100

Vimentin DakoCytomation M0725 1:2000
Ki67 DakoCytomation M7249 1:500
p16 mtm laboratories AG 9511 a

p27 DakoCytomation M7203 1:100
p53 DakoCytomation M7001 1:200

a according to the manufacturer’s instructions.

2.5. Statistical Analysis

For comparison of tumors and normal adjacent tissue, a t-test was applied. For multiple
comparisons, one-way ANOVA and Bonferroni correction were applied. The Pearson correlation was
applied to analyze potential associations between the evaluated parameters. For analysis of survival,
Kaplan–Meier curves were used.

3. Results

3.1. IHC Scoring

Staining intensities were rated using a scoring system ranging from 0 to 3, with 0 indicating no
staining, 1 being mild, 2 moderate, and 3 strong staining. Score values were obtained by multiplying
the staining intensity by the percentage of positive cells. The percentage of positive cells was analyzed
with 10% increments. For 10–20% of positive cells a median value of 15% was used for statistics.
Examples for immunohistochemical scorings are shown in Figure 1.
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Figure 1. Immunohistochemical staining of VDAC1 and SDHA in the tumor center and periphery
and normal adjacent tissue. (A–C) VDAC1 (case 28); (D–F) SDHA (case 4); (A,D) normal tissue;
(B,E) tumor center; (C,F) tumor periphery. The following score values were evaluated for the images:
Score value = intensity × percent positive cells; (A) 150 = 2 × 75; (B) 295 = 3 × 85; (C) 97.5 = 1.5 × 65;
(D) 255 = 3 × 85; (E) 187.5 = 2.5 × 75; (F) 130 = 2 × 65. Magnification = 400×. Scale bar = 100 μm.

3.2. Expression of VDAC1 and Subunits of the Five OXPHOS Complexes

VDAC1 was used as a marker for the mitochondrial mass. It is highly expressed in the outer
mitochondrial membrane which is otherwise relatively sparse of proteins. Therefore it represents the
gold standard for determination of the mitochondrial amount. Protein complexes of the OXPHOS are
localized in the inner mitochondrial membrane where they transport electrons to generate a proton
gradient used by the ATP synthase (complex V) to make ATP. Subunits for each of the five OXPHOS
complexes were analyzed in CCCs. Complex I (NADH coenzyme Q oxidoreductase) is the largest
multisubunit complex of the OXPHOS system with a molecular mass of 970 kDa consisting of 45
subunits [21,22]. NDUFS4 is an iron–sulfur cluster-containing subunit incorporated during a very late
stage of complex I assembly essential for complex I function. Complex II (succinate dehydrogenase)
is the smallest complex consisting of four subunits and the only complex exclusively encoded by
the nuclear DNA. Complex III (coenzyme Q: cytochrome c-oxidoreductase) consists of 22 subunits.
Cytochrome b is the only mtDNA-encoded subunit of complex III [23]. Complex IV (cytochrome c
oxidase) represents the last complex of the respiratory chain catalyzing the terminal step in reduction
O2. Three complex IV subunits are encoded by mtDNA. Complex V (ATP synthase) uses the protons
translocated by the respiratory chain enzymes for production of ATP [23,24]. Complex I, complex
III, and complex IV are furthermore organized in even bigger protein complexes, of which the most
abundant one is termed respirasome [25].

Significantly higher VDAC1 expression was observed in the tumor center compared to adjacent
normal tissue (p < 0.0001) (Figure 1A–C, Figure 2A,C and Figure 3A).
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Figure 2. Immunohistochemical staining of a CCC and adjacent control tissue. (A,D,G,J,M,P) liver
control tissue; (B,E,H,K,N,O) control bile duct tumor; (C,F,I,L,O,R) tumor center; (A–C) VDAC1;
(D–F) NDUFS4; (G–I) SDHA; (J–L) UQCRC2; (M–O) MT-CO1; (P–R) ATP5F1A. Images of the liver and
tumor center were taken at 100×magnification. For bile ducts a 400×magnification is shown. Scale
bars = 100 μm. Red arrows highlight bile ducts. Case 11, a 59-year-old man, is shown.
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Figure 3. Score values of staining of the OXPHOS complexes and VDAC1 in CCCs. (A) VDAC1,
(B) NDUFS4, (C) SDHA, (D) UQCRC2, (E) MT-CO1, (F) ATP5F1A. The mean score values ± SD of the
staining of control tissues, tumor center, tumor periphery, and the average of center and periphery are
given. **** p < 0.0001, *** p < 0.001, ** p < 0.01, * p < 0.05.

VDAC1 levels in the tumor periphery were similar to those in normal tissue and significantly
lower than in the tumor center (p < 0.001) (Figure 1A–C and Figure 3A). NDUFS4 (subunit of complex I)
expression did not differ between normal tissue and the tumor center or the periphery (Figures 2
and 3B). SDHA (subunit of complex II) levels were significantly lower in the tumor periphery than
in the tumor center (p < 0.05) and in adjacent normal tissue (p < 0.001) (Figure 1D–F and Figure 3C).
No significant difference was detected between the tumor center and normal tissue (Figure 1D,E).
UQCRC2 (subunit of complex III) expression was lower in the periphery compared to the control
tissue (p < 0.01) (Figure 3D). MT-CO1 (subunit of complex IV) protein levels were significantly reduced
in both the center (p < 0.0001) and periphery (p < 0.001) of the tumors compared to normal tissue
(Figure 3E). Finally, ATP5F1A (subunit of complex V/ATP synthase) was significantly diminished in
the tumor periphery (p < 0.001) and showed a trend to lower levels in the center, compared to controls
(Figure 3F).

Areas with cells negative for one or more OXPHOS subunits were found in both tumors and
normal tissue (Figure 2D–F,M–O): 3% (tumor center), 21% (tumor periphery), and 25% (normal tissue)
of the cases showed a loss of VDAC1 in more than 30% of the analyzed cells; 43% (tumor center), 60%
(tumor periphery), and 35% (normal tissue) of the cases showed a loss of NDUFS4 (Figure 2F); 30%
(tumor center), 54% (tumor periphery), and 11% (normal tissue) showed a loss of SDHA; 34% (tumor
center), 54% (tumor periphery), and 10% (normal tissue) showed a loss of UQCRC2; 45% (tumor center)
(Figure 2O), 41% (tumor periphery), 0% (normal tissue) showed a loss of MT-CO1; and 23% (tumor
center), 30% (tumor periphery), and 0% (normal tissue) showed a loss of ATP5F1A.

3.3. Associations between OXPHOS Subunit and VDAC1 Expression and Clinical Outcome

A significant inverse correlation between the percentage of VDAC1-positive cells and
MT-CO1-negative cells was detected (p = 0.0093). A significant inverse correlation was found
between VDAC1 score values and UICC stage (p = 0.0065; R = −0.4855) (Table 2).

325



Cells 2019, 8, 539

Table 2. Correlations of OXPHOS subunits and VDAC1 with respect to clinical parameters.

VDAC1 NDUFS4 SDHA UQCRC2 MT-CO1 ATP5F1A

p
Value

R
Value

p
Value

R
Value

p
Value

R
Value

p
Value

R
Value

p
Value

R
Value

p
Value

R
Value

Age at Diagnosis 0.4683 0.1376 0.6647 −0.0825 0.8635 0.0328 0.2555 −0.2182 0.2166 −0.2366 0.8365 −0.0394
Tumor Size 0.5292 0.1196 0.2929 0.1986 0.3501 0.1768 0.0833 0.3271 0.5767 0.1081 0.6339 −0.0906
TMN Stage 0.1458 −0.2721 0.5047 −0.1267 0.5106 −0.125 0.9133 0.0211 0.8660 0.0328 0.9418 −0.0139

UICC 0.0065 −0.4855 0.3039 −0.1941 0.3659 −0.1711 0.9702 −0.0073 0.5931 −0.1035 0.1066 −0.3005

VDAC1 levels in the tumor center were lower in cases with lymph node involvement (p = 0.0201).
The tumor periphery showed a similar trend (mean score values N0 = 162 ± 31 versus N1 = 147 ± 46).
The same trend was present when metastasis occurred in the tumor center (mean score value for
M0 = 229 ± 54; mean score value for M1 = 186 ± 48) (Table 3). No differences were observed in the
tumor periphery with respect to M stage. Significantly lower NDUFS4 levels were present in males
compared to females (p = 0.0454).

Table 3. Mean staining scores of OXPHOS subunits and VDAC1 with respect to clinical parameters.

VDAC1 p Value NDUFS4 p Value SDHA UQCRC2 MT-CO1 ATP5F1A

Female n = 9 215 ± 61 135 ± 51
0.0454

152 ± 84 154 ± 66 141 ± 84 179 ± 57
Male n = 21 221 ± 54 103 ± 47 185 ± 61 166 ± 65 130 ± 71 175 ± 62

Intrahepatic n = 16 224 ± 48 122 ± 50 182 ± 66 174 ± 61 148 ± 79 178 ± 54
Perihilar n = 11 209 ± 64 104 ± 33 154 ± 77 141 ± 68 114 ± 74 170 ± 75

Extrahepatic n = 3 224 ± 68 93 ± 103 221 ± 14 187 ± 68 123 ± 31 192 ± 36

Mass forming n = 15 228 ± 49 116 ± 48 180 ± 61 178 ± 62 140 ± 81 172 ± 45
Periductal n = 15 210 ± 61 109 ± 53 171 ± 77 148 ± 65 127 ± 67 181 ± 73

N stage 0 n = 18 240 ± 44
0.0201

115 ± 61 190 ± 63 177 ± 63 152 ± 76 187 ± 46
N stage 1 n = 12 187 ± 57 108 ± 29 153 ± 73 139 ± 62 104 ± 62 160 ± 75

M stage 0 n = 23 229 ± 54 116 ± 51 176 ± 71 161 ± 67 130 ± 82 175 ± 64
M stage 1 n = 7 186 ± 48 99 ± 45 174 ± 67 167 ± 59 147 ± 27 180 ± 49

Grade 2 n = 17 205 ± 63 105 ± 45 162 ± 62 150 ± 66 108 ± 67 160 ± 56
Grade 3 n = 11 239 ± 39 117 ± 53 179 ± 74 171 ± 65 164 ± 78 198 ± 51

R-status 0 n = 19 226 ± 52 106 ± 42 182 ± 62 176 ± 54 131 ± 60 167 ± 51
R-status 1 n = 11 207 ± 60 124 ± 62 164 ± 82 140 ± 76 140 ± 98 192 ± 73

The non-parametric Mann–Whitney test was used for analysis.

We divided the cases into high/moderate and low expressors. High expressors were defined
as having staining intensities above 2. Since, in general, the staining intensities were lower for
NDUFS4 and MT-CO1, high expressors for these subunits were defined by staining intensities above
1.5. A significant difference (p < 0.05) in survival was observed between these groups (high/moderate
vs. low expressors) for VDAC1 expression (Figures 4 and 5).
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Figure 4. High and low VDAC1 expressors with low and high survival times. (A) High VDAC1
expression in case 3 with a survival time of 0.49 months. (B) Low VDAC1 expression in case 5 with a
survival time of 30.05 months. Magnification 100×. Scale bar = 100 μm.

Figure 5. Kaplan–Meier plot of patients with cholangiocellular carcinomas exhibiting low/moderate
or high VDAC1 staining intensity. High expressors are shown in red and low expressors in green.
(A) VDAC1; (B) NDUFS4; (C) SDHA; (D) UQCRC2; (E) MT-CO1; (F) ATP5F1A. Significantly shorter
survival was present in low/moderate expressors (p < 0.05).

No correlations were found between survival and expression of any of the markers of differentiation
(epithelial: CK7, CK19; mesenchymal: vimentin), cell cycle proteins (p16, p27, p53 and Ki67) and
OXPHOS subunits. Kaplan–Meier analysis revealed that individuals with tumors with high VDAC1
expression (staining intensity > 2) had significantly reduced overall survival (p < 0.05) compared to
low expressors (staining intensity ≤ 2). None of the OXPHOS complexes was significantly associated
with survival. Score values, extensities (percent positive/negative cells) and the intensities were used
for the overall survival analysis. However, only the intensity of VDAC1 staining was associated with
survival. Therefore, we suppose that the staining intensity might be an independent prognostic factor
for CCCs indicating more an on–off-phenomenon than a gradient mechanism.

4. Discussion

The analysis of the mutational landscape revealed that TP53, KRAS (Kirsten rat sarcoma viral
oncogene), IDH1 (Isocitrate dehydrogenase 1), and PTEN (Phosphatidylinositol 3,4,5-trisphosphate
3-phosphatase and dual-specificity protein phosphatase) are the most frequently mutated genes in
intrahepatic CCCs [26]. Numerous studies have shown that p53 is involved in the regulation of many
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reactions in energy metabolism. p53 can be regarded as a master regulator of energy metabolism since
it influences glycolysis, gluconeogenesis, the pentose-phosphate pathway, mitochondrial OXPHOS,
and glutamine metabolism [27,28]. Mutations in the oncogene KRAS drive metabolic reprogramming
through enhanced glucose uptake and regulation of glutamine metabolism [29]. Additionally, PTEN
was shown to regulate several aspects of energy metabolism [30]. IDH1 catalyzes the reversible
oxidative decarboxylation of isocitrate to yield α-ketoglutarate (α-KG). Under hypoxic conditions,
IDH1 catalyzes the reverse reaction of α-KG to isocitrate, which contributes to citrate production via
glutaminolysis [31,32]. In the present study, the levels of SDHA, UQCRC2, MT-CO1 and ATP5F1A
were significantly reduced in the tumor periphery compared to the control tissue. Thus, genetic
alterations of proteins influencing energy metabolism are clearly central to the pathogenesis of CCC.

Large areas of NDUFS4 negative cells were found in tumors and control tissue, suggesting that
this is an early event in tumorigenesis. No patient had large negative regions of MT-CO1 or ATP5F1A
in normal tissue. In addition, SDHA and UQCRC2 were affected in only 11% and 10% of the cases,
respectively. Mitochondrial DNA was reported to be significantly mutated in CCCs [26,33]. This can
partially explain the observed OXPHOS defects in our sample cohort. Moreover, the heteroplasmy of
mtDNA mutations might explain the heterogeneity of the OXPHOS subunit expression [34]. According
to the COSMIC database, potentially pathogenic mutations in nuclear-encoded OXPHOS subunits are
very rare events in CCCs. Therefore, it would be interesting to analyze the mutational landscape (TP53,
KRAS, IDH1, PTEN) in relation to the expression of OXPHOS subunits. However, it was not possible
to perform a detailed genetic analysis because this was a retrospective study using formalin-fixed
paraffin-embedded (FFPE) tissue.

As we found differences in the expression levels between the tumor center and periphery, we
hypothesize that within CCCs, several modes of energy generation coexist. Tumor cells at the margin
might be more dependent on glucose than tumor cells at the center, as indicated by the lower levels of
OXPHOS subunits in the latter. This could be attributable to the fact that newly generated tumor cells
at the growth front might not be sufficiently supplied with oxygen, because the generation of new
blood vessels requires time. However, this hypothesis is controversial because necrosis is often seen in
the tumor center, which is at least partially attributed (in the literature) to low oxygen supply.

Mitochondrial mass was increased in the tumor center compared to adjacent normal tissue, as
indicated by VDAC1 staining. A significant inverse correlation found between the percentage of
VDAC1-positive cells and MT-CO1-negative cells suggests there may be compensatory upregulation of
mitochondrial mass. This phenomenon is well described in individuals with mitochondrial disorders,
who frequently have increased mitochondrial content, as indicated by citrate synthase activity, VDAC1
levels, and mtDNA copy number [35]. In addition, oncocytic tumors, which are characterized
by complex I defects caused by pathogenic mutations in mtDNA-encoded subunits, show a very
pronounced increase in mitochondrial mass [19,36]. In addition, mtDNA content and mass increase in
the tumorigenic progression of normal endometrial tissue to hyperplastic tissue to cancerous tissue [37].
MtDNA mutations and deletions have been reported in endometrial tumors [38].

Another possibility is that tumor cells at the periphery might express different sets of proteins
compared to tumor cells in the center. The intercellular or cell–cell lactate shuttle hypothesis proposes
that lactate is generated and exported from one cell and taken up and utilized by another cell.
This mechanism has been described for neurons and astrocytes [39].

A significant inverse correlation was found between VDAC1 expression and UICC tumor stage.
This agrees with findings in the literature, and may be explained as follows: aggressive tumors that
are highly dependent on glucose should potentially exhibit low mitochondrial mass. In support, we
found that VDAC1 levels were lower in cases with lymph node involvement. The same trend to lower
VDAC1 levels was also present if metastasis occurred. Significantly lower survival was observed for
low/moderate VDAC1 expressors compared to high expressors. That is, lower mitochondrial mass
was associated with shorter survival.
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The clear association between energy metabolism and CCC development has important therapeutic
implications. CCCs might be susceptible to metabolic therapies such as the ketogenic (high-fat,
low-carbohydrate) diet, which was recently shown to significantly inhibit tumor growth in numerous
xenograft models and patients [40–43].
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Abstract: In our modern society, exposure to stressful environmental stimuli, such as pollutants and/or
chronic high-fat feeding, continuously induce tissular/organ metabolic adaptation to promote cellular
survival. In extreme conditions, cellular death and tissular/organ damage occur. Mitochondria, as a
cellular energy source, seem to play an important role in facing cellular stress induced by these
environmental stimuli. On the other hand, mitochondrial dysfunction and oxidative stress play a
key role in environmental stress-induced metabolic diseases. However, little is known about the
combined effect of simultaneous exposure to chronic high-fat feeding and environmental pollutants
on metabolic alterations at a tissular and cellular level, including mitochondrial dysfunction and
oxidative stress induction. Our research group recently addressed this topic by analysing the effect of
chronic exposure to a non-toxic dose of the environmental pollutant dichlorodiphenyldichloroethylene
(DDE) associated with high-fat feeding in male Wistar rats. In this review, we mainly summarize
our recent findings on mitochondrial adaptive response and oxidative stress induction in the liver,
the main tissue involved in fat metabolism and pollutant detoxification, and in male gonads, the main
targets of endocrine disruption induced by both high-fat feeding and environmental pollutants.

Keywords: DDE; high-fat diet; mitochondrial UCP2; ROS; antioxidant system

1. Introduction

Mitochondria are the main organelles involved in cellular energy production and play a key role
in facing cellular needs in response to external stimuli. Environmental stimuli, such as pollutants
and/or chronic high-fat overnutrition, are very frequent in modern society and may induce metabolic
diseases by acting on the mitochondrial function and oxidative stress induction.

Several recent scientific studies have highlighted that environmental pollutants generate
cellular toxicity in different animal species, including humans. It is well-known that hydrophobic
chemicals, such as polychlorinated biphenyl compounds (PCBs), persist in the environment for
a long time and are also detectable across the world at a long distance from the utilization
site [1–3]. Dichlorodiphenyltrichloroethane (DDT) represents one of the well-known and most
used organochlorines (OC) belonging to the PCBs family. This chemical was synthesized for
the first time in 1874 by Othmar Zeidle, but it became famous in 1939, when the chemist Paul
Hermann Müller discovered DDT’s proprieties as poisonous against arthropod vectors of parasites [4].
In the last century, DDT was used during the second World War and post-World War period to
control the extension of malaria cases. The massive and uncontrolled use of DDT briefly produced
negative effects on the environment, such as the thinning of eggshells in birds [5,6] and reduction of
hatching [7]. Moreover, negative implications were also observed in reproduction in higher animals [8].
Therefore, DDT use was banned in many countries and restricted to equatorial zones where malaria is
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still endemic [9]. However, DDT and its metabolites, as other persistent organic pollutants (POPs),
can migrate through the atmosphere as gases and aerosols moving thousands of kilometers from the
point of release [10]. Moreover, given their liposolubility, these substances undergo bioaccumulation
and biomagnification phenomena, with an increase in concentration for the species at the top of
the food chain [11]. Several recent studies underlined that DDT and its metabolites are able to
induce metabolic alterations and disfunction in different organs and tissues. For example, it has been
shown that DDT and its major metabolite dichlorodiphenyldichloroethylene (DDE) promote diabetes,
hepatic morphological alterations in terms of toxicant-associated steatohepatitis (TASH), and endocrine
disorders that compromise reproductive efficiency [12–14]. In addition, DDT and DDE were found
to be directly implicated in reactive oxygen species (ROS) over-production, cellular oxidative stress,
and apoptosis onset in vivo and in vitro by modulating the mitochondrial function [15,16]. It is
noteworthy that fat-soluble chemicals are easily introduced in organisms through contaminated food
and their intake may increase during high-fat feeding. Fats represent a further point of interest
for scientific research. It is well-known that high lipid consumption induces metabolic alterations,
leading to the development of obesity and its related metabolic diseases, such as cardiovascular
diseases, hepatic steatosis, and insulin resistance/diabetes [17–23]. It is noteworthy that a high-fat
diet (HFD) elicits several metabolic disorders, including mitochondrial dysfunction and oxidative
damage [24–30]. Mitochondrial function and its adaptation to dietary components represent a key
point in metabolic research. In fact, HFD has been suggested to increase ROS production and induce
mitochondrial dysfunction, generating metabolic alterations that, in turn, could lead to the development
of HFD-induced insulin resistance [31,32]. However, little is known about the combined effect of
simultaneous chronic high-fat feeding and environmental pollutant exposure on metabolic alterations
at a tissular and cellular level, including mitochondrial dysfunction. This aspect could clarify whether
dietary fat could act as a vehicle for the pesticide, suggesting a possible synergistic effect of the
two different stimuli. Our research group recently addressed this topic by analysing the effect of
chronic exposure to a non-toxic dose of the environmental pollutant DDE combined with a low-fat
or high-fat diet in male Wistar rats, focusing in particular on the liver and testis function, as well as
on the mitochondrial adaptive response [33,34]. In this mini review, we summarize our findings on
metabolic responses in the liver, which represents the main tissue involved in energetic metabolism
and detoxification, as well as in male gonads, which represent one of the principal targets of endocrine
disrupter chemicals [35]. It is interesting to analyse how different organs respond to both overfeeding
and environmental pollutant exposure, in order to observe whether common cellular mechanisms
are involved. Our experimental design utilized adult male Wistar rats subdivided into four different
groups: control animals, fed a standard laboratory diet (N group); DDE-treated animals, fed a standard
diet associated with DDE administration (N + DDE group); high-fat-fed animals that received HFD
(45% fat, D group); high-fat + DDE-treated animals that received simultaneous exposure to HFD and
DDE (D + DDE group). Pesticide (10 mg/Kg b.w.) was administrated every day, orally, during a period
of 28 days. In liver samples we analysed lipid accumulation, antioxidant system activity, mitochondrial
function and cellular detoxification markers [34]. At a testicle level, we mainly focused our attention
on seminiferous tubules, spermatogenesis compromising, oxidative stress, apoptosis and cellular
proliferation [33].

In the first part of the present review, we introduce the role of mitochondria and oxidative stress
in cellular homoeostasis. Then, we focus on the effect of HFD and DDE to a single exposure or a
simultaneous exposure on hepatic metabolism and mitochondrial involvement. In the last part of the
review, we focus on testis adaptation to HFD and DDE, as single exposure or simultaneous exposure.
No-synergic effect of HFD and DDE was found in either the liver or testis.

2. Mitochondria and Oxidative Stress Generation in Biological Systems

Mitochondria are important organelles involved in different metabolic processes in cells. They play
a key role in energy production, regulating several cellular physiological pathways, such as
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differentiation, proliferation, and programmed death [36]. These mechanisms are regulated by
both mitochondrial and nuclear gene expression [37]. It is known that several mitochondrial proteins
and subunits are encoded by nuclear genes, known as nuclear-encoded mitochondrial genes (NEMG).
Moreover, accumulative evidence suggests that mitochondrial factors act as signals to regulate
the expression of nuclear genes. The factors produced by nuclear activity regulate mitochondrial
function, creating a crosstalk mechanism between mitochondria and the nucleus [37]. In this context,
mitochondria–nucleus crosstalk represents an important physiological process that, if altered, permits
mitochondrial dysfunction and/or cellular damage to take over. These two communication pathways
are able to promptly satisfy cellular requests in response to metabolism alterations and exposure to
environmental factors [38]. Moreover, mitochondrial-generated ROS and metabolites act as signaling
molecules and cofactors that regulate fundamental nuclear processes. Excessive ROS production
can induce cellular oxidative stress and damage cellular components and macromolecules, including
DNA [39].

Oxidative stress represents a condition observed in biological systems due to the imbalance
between ROS production and endogenous antioxidant systems useful to counteract oxidative damage.
ROS are produced in different cellular districts and include radical and non-radical chemical species:
(a) superoxide anion (•O2

−), which is mainly produced at a mitochondrial level; (b) peroxyl radicals
(R-OO•), which derive from the oxidative damage in membrane lipids; and (c) hydrogen peroxide
(H2O2), which is produced as a consequence of superoxide-catalyzed dismutation by superoxide
dismutase activity (SODs). Several studies have shown that the main source of ROS production is
represented by mitochondria [40–42], where different sites of superoxide/hydrogen peroxide generation
have been identified [43]. Most of these sites deliver their superoxide/hydrogen peroxide product
exclusively to the mitochondrial matrix, but at least two of the sites (Complex III of the electron
transport chain and mitochondrial glycerol 3-phosphate dehydrogenase) deliver superoxide to both
the matrix and the cytosolic face of the inner membrane, because they are situated on the outer side
of the mitochondrial inner membrane [44–47]. These different site-specific topologies in the delivery
of superoxide/hydrogen peroxide to different compartments have been suggested to be of great
importance in redox signaling. Indeed, ROS have also been shown to act as signaling molecules [48].
It has been hypothesized that redox signaling by the superoxide generated by complex III in the cytosol
will be very different from redox signaling by the superoxide generated in the mitochondrial matrix by
other sites [47].It is interesting to underline that recent works have shown that increasing levels of
superoxide, through treatment with the pesticide paraquat, result in an increased lifespan, and that
ROS have a compartment-specific effect on the lifespan [49,50]: elevated ROS in the mitochondria act to
increase the lifespan, whereas elevated ROS in the cytoplasm decrease the lifespan [51]. A further ROS
source is represented by cytochrome P450 (CYP450) activity in mammalian species [52]. CYP enzymes
catalyze the oxygenation of an organic substrate with the simultaneous reduction of molecular oxygen.
This mechanism is involved in the xenobiotics-induced cellular detoxification process. ROS can be
released by the P450 reaction cycle under conditions in which the transfer of oxygen to a substrate
is not tightly controlled [52]. High ROS production induces oxidative damage in lipids and other
macromolecules, generating metabolic alterations and cellular diseases. In physiological conditions,
ROS levels can be regulated by antioxidant enzymes or antioxidant molecules which are able to quench
radical species to limit oxidant process propagation. In this way, ROS levels remain low in cells,
playing a key role in regulating cellular metabolism, proliferation, and death [53,54]. On the other hand,
increased ROS levels are associated with metabolic dysfunction [55,56] and inflammation. Noteworthy,
metabolic dysfunction and inflammation have also been suggested to be associated with xenobiotics
exposure [57–59]. At a mitochondrial level, the superoxide may be reduced using antioxidant activity.
In fact, superoxide released in the matrix or in the mitochondrial inner membrane space is converted
into H2O2 by superoxide dismutases (SODs). In the mitochondrial matrix, GPx reduces H2O2 in
a canalized-reaction consuming glutathione, producing H2O. This system correctly balances ROS
production under physiological conditions. However, the imbalance between ROS and antioxidant
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defense in favour of ROS overproduction generates oxidative stress. A metabolic state able to produce
oxidative stress in different organs and typically observed in developed societies is represented by
overfeeding, especially in terms of a high consumption of saturated lipids. Several research groups,
including our group, have shown that HFD induces alterations in the serum lipid profile, as well as
increasing both the body weight and lipid depots in adipose tissue and ectopic sites [17,29,60,61]. It is
noteworthy that a high dietary fat intake has been shown to be associated with oxidative stress induction
in different experimental models and tissues [29,31,32,62,63], suggesting that fatty acids represent a
critical point in the development of metabolic disorders associated with obesity. Moreover, as stated
above, another environmental condition that may induce oxidative stress in different tissues and organs
is the exposure to environmental pollutants [15,16]. Our experimental results have shown that DDE
induces oxidative damage, cellular death, and tissular injury [33,34]. In the following sections, we focus
on the HFD and/or environmental pollutant, mainly DDE, effect on mitochondrial dysfunction and
oxidative stress in the liver and testis.

3. Physiological Adaption to HFD and DDE in the Liver

3.1. HFD Induces Hepatic Fat Accumulation and Cellular Stress Targeting Mitochondria

It is well-known that HFD induces obesity and alters the serum lipid profile [64]. The excess
fatty depots positively correlate with adipose tissue inflammation, insulin resistance and metabolic
disorders, such as hepatic steatosis [65,66]. Fat depots in the adipose tissue remain unchanged
over time under conditions of adequate nutritional intake. On the other hand, an imbalance in
macronutrient percentage towards lipid intake elicits an increase in lipid depots and metabolic changes
in energetic substrates utilization in both adipose tissue and ectopic fat depots, such as the liver. In fact,
literature data reported that HFD increases the cellular capacity to utilize fatty acids by activating a
pool of genes directly involved in the storage, mobilization, transport, and oxidation of fats [67–70].
In accordance, several studies have suggested that HFD-fed animals adapt their cellular metabolism,
modulating the expression of nuclear genes mainly involved in lipid oxidation, such as the peroxisome
proliferator-activated receptor (PPAR). PPAR family members (α, δ, γ) act as metabolic regulators in
cells. PPARα has been shown to be involved in liver fatty acid metabolism [71]. It was found that
PPARα regulates hepatic fatty acid transporters and carnitine palmitoyltransferase 1 and 2 (CPT-1 and
-2) activity, increasing fatty acid utilization by mitochondria [72,73]. In fact, PPARα targets genes coding
β-oxidative enzymes to regulate fatty acid utilization, [72]. This mechanism represents an important
point of metabolic adaptation particularly used in a fasting condition, where fatty acid utilization
generates ketone bodies used by tissues to produce energy [74]. Several researchers have also evidenced
a role of PPARα in non-alcoholic fatty liver disease (NAFLD) models [29,75–77]. Lipid deposition and
body mass increased in HFD-fed animals, resulting in increased plasma fatty free acids levels and
hepatic PPARα expression [75]. Indeed, it has been shown that HFD increased hepatic PPARα levels
and its nuclear localization [29]. It has also been reported that PPARs are able to induce mitochondrial
uncoupling by stimulating mitochondrial UCPs in different organs [29,76,77], with a resulting increase
in mitochondrial energy expenditure not coupled with ATP formation.

Under the condition of change in lipid metabolism towards fatty acid oxidation, ketone bodies
(β-hydroxybutyrate and acetoacetate) are significantly increased in the serum [78], suggesting that
ketogenesis represents a metabolic adaptation under conditions of high-fat feeding, as well as in insulin
resistance and fasting [79]. Moreover, it was recently reported that ketogenesis could represent an
important adaptive mechanism to prevent NAFLD in an animal model [74]. In fact, in mice with
induced-insufficient ketogenesis, HFD produced severe hepatic injury, inflammation, impaired hepatic
gluconeogenesis, and deranged hepatic tricarboxylic acid (TCA) cycle intermediate concentrations,
suggesting that ketone bodies function as hepatic metabolic regulators, playing a possible central role
in fatty liver disease prevention [80].
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Several studies have suggested that alterations in mitochondrial function and oxidative stress play
a key role in the onset of diet-induced hepatic steatosis [26,81–84]. In our recent works, we analysed
mitochondrial fatty acid oxidation, oxidative stress, and antioxidant defenses in HFD-fed rats [34,85].
The results showed that HFD increased the beta-oxidation (β-ox) rate and carnitine palmitoyl-CoA
transferase (CPT) activity, confirming that the liver increased the utilization of lipids as energetic
substrates during overfeeding [34]. In addition, the excess fats introduced with food elicited lipid
accumulation in the hepatocytes and increased oxidative damage in terms of the accumulation of
both malondialdehyde (MDA) and oxidized glutathione (GSSG) in the tissue [34]. This cellular
stress is probably due to the excess ROS produced at a mitochondrial level by increased hepatic
lipid catabolism. It is noteworthy that the analyses of the antioxidant system suggested that the
liver adapts its metabolism, at least in part, by stimulating both SODs and GPx protein levels and
activities [34]. Therefore, the stimulation of antioxidant systems may play a key role in the control
of the oxidative stress level. In addition, our study of the antioxidant system was extended to other
classes of proteins with non-specific antioxidant activity, such as the small intracellular proteins known
as metallothioneins (MTs) [85]. Experimental studies have shown that MTs quench hydroxyl radicals
in vitro [86]. Unexpectedly, we found a reduction in MTs gene expression and protein synthesis
in diet-induced hepatic steatosis and oxidative stress [85]. However, histochemical experiments
highlighted increases in the nuclear localization of MTs, which was also confirmed by western blot
analysis of a liver nuclear fraction [85]. These data, according to the literature, suggested a possible
role of MTs at a nuclear level in oxidative stress conditions. MTs may play a key role in protecting DNA
from hydroxyl radicals, in donating metals for several enzymes, or in chelating zinc from transcription
factors such as zinc finger proteins [85,87–91]. In order to limit cellular stress, hepatocytes use an
additional strategy to directly control ROS generation at a mitochondrial level through the uncoupling
of mitochondrial respiration from the oxidative phosphorylation process. This mechanism is controlled
by a family of protein carriers known as uncoupling proteins (UCPs), which are composed of different
members that are expressed in different tissues: UCP1 (mainly in brown adipose tissue), UCP3 (mainly
in muscle), and UCP4-5 (mainly in the brain) [92–94]. We analysed the member of the UCPs family that
was found to be ubiquitously expressed: UCP2 [95]. This protein is essentially involved in the control
of ROS production [96,97], representing the isoform that mainly differs in function compared to the
other UCP isoforms. In our experimental conditions, HFD induced UCP2 gene expression and protein
synthesis, suggesting its possible involvement in fatty liver metabolism [34]. Nevertheless, all the
activated mechanisms seemed to be unable to completely counteract hepatic oxidative damage induced
by fats. The liver seemed to fail to properly balance the excess ROS due to the large amount of lipids.
Therefore, the liver accumulated fat and proceeded towards oxidative damage and steatosis, as also
shown by the increase in serum levels of transaminase, markers of hepatic injury [34]. We have
summarized the observed effects induced by HFD in hepatocytes in Figure 1.
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Figure 1. Effect of a high-fat diet (HFD) in hepatocytes. Dietary fats reach the liver from the blood
vessels by remnant chylomicrons (RC) and enter the hepatocytes. In cell cytosol, elongated fatty acids
can be in part accumulated in the form of lipid droplets (1) or used as energetic substrates. PPAR
family members (2) play a key role in lipid catabolism activation by inducing the expression of genes
(3) involved in the transport and use of fatty acids by mitochondria (4). As a consequence, increased
mitochondrial activity produces elevated reactive oxygen species (ROS) levels that, if not adequately
counterbalanced by endogenous antioxidant defenses, induce oxidative damage on lipids, proteins,
and DNA (5), with negative consequences on the mitochondrial function. Under these metabolic
conditions, nuclear transcriptional activity increases to adapt cellular metabolism. Then, MTs localize
in the nucleus (6) to donate or chelate metals or to protect DNA from oxidative damage. RC: remnant
chylomicrons; Fats: fatty acids; LD: lipid droplets; PPARs: peroxisome proliferator-activated receptors;
FAT: fatty acid transporters; CPT: carnitine palmitoyl-transferase; β-OX: beta oxidation; ETC: electron
transport chain; H2O2: hydrogen peroxide; OH•, O2

•−: reactive oxygen species; SOD1-2: superoxide
dismutase; GPX: glutathione peroxidase; MTs: metallothioneins.

3.2. DDE Exposure: Hepatic Mechanisms Used to Counteract Liver Damage

In recent years, experimental evidence showed that environmental contaminants are also involved
in inducing TASH, eliciting fatty liver injury in non-obese people exposed to chemicals and/or
xenobiotics [98,99]. In fact, several environmental pollutants induce metabolic disorders in the
cells [100]. Phthalates, organochlorines, and other environmental chemicals have been shown to be
involved in ROS accumulation and apoptosis onset [15,101]. Under a stress condition, cells activate
compensatory mechanisms that include the modulation of gene expression. In particular, phthalates can
induce hepatic toxicity through PPARs transactivation, causing uncontrolled proliferation and hepatic
tumorigenesis development [102]. In addition, PPARs have been shown to be directly involved in the
regulation of cellular toxicity induced by air, water, and food pollutants [103]. Air pollutant exposure
reduced PPARs levels, producing tissular injury in terms of hepatic inflammation, endoplasmic
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reticulum stress [104], and steatosis. In fact, PPARs not only regulate cellular proliferation, but also play
an anti-inflammatory role and maintain lipid homeostasis in Kupffer cells, hepatocytes, and stellate
cells [105]. Moreover, the induction of PPARγ gene expression in the presence of DDT has been seen
in human mesenchymal stem cells, [106] suggesting that PPARs, as well as other nuclear receptors,
are involved in the cellular response to toxicant.

In addition, chronic exposure to environmental toxic substances, including DDT and DDE, has been
shown to induce DNA damage in different models in vivo and in vitro [107–109]. However, cells adapt
their metabolic state under a stress condition by activating a series of signals that include the expression
of genes involved in metabolic homeostasis, such as the up-regulation of antioxidant systems [110]
and the increase in mitochondrial activity to produce the additional ATP required by the cellular
function [111,112]. However, the increased mitochondrial activity is associated with increased
ROS levels that, if not correctly balanced, generate oxidative stress that in turn elicits damage to
macromolecules, genomic instability, and mitochondrial/cellular dysfunction [40].

Recent scientific findings showed that DDE induces oxidative stress, mitochondrial impairment,
and cellular oxidative damage [15,16,34,35]. In our study, chronic exposure to a non-toxic DDE dose,
associated with a standard diet regimen (N + DDE group), did not produce changes in terms of
the serum lipid profile and fatty acid deposition in the tissues compared to the control group [34].
However, hepatic morphological alterations were histologically detected in terms of eosinophilic
cells around the principal vessels, perivascular cellular vacuolization, and inflammation [34,85].
These morphological changes were probably due to oxidative stress induced by exposure to pesticides,
which produce cellular modification typically associated with the onset of TASH [98]. Experimental
data showed increased hepatic levels of MDA and GSSG, confirming the role of DDE in oxidative
stress generation [34]. However, the mechanisms by which DDE induces ROS incrementation are
not yet clear, but the main effects of DDE on hepatic cells involve the cytochrome P450 (CYP450)
activity, used in the detoxification path [113]. It has been shown that DDE activates CYP450 gene
family transcription, mainly CYP450 2B and 3A, by interacting with the constitutive androstane
receptor (CAR) and pregnane X receptor (PXR) [114]. It has also been shown that pesticide can directly
affect the mitochondrial electron transport chain inducing functional impairment [115,116]. In our
experimental model, we found increases in both mitochondrial β-ox and CPT system activity [34].
These findings suggest that mitochondria play a pivotal role in the adaptation to DDE exposure by
increasing fat catabolism to face the increased cellular energy needs for the hepatic detoxification
processes. Together with hepatic oxidative damage, the principal antioxidant enzymes, namely SODs
and GPx, were found to be stimulated in terms of protein synthesis and enzymatic activity [34].
In particular, also in this context, mitochondria played a central metabolic role in controlling the
cellular oxidative balance. In fact, a strong stimulation of the mitochondrial SOD isoform (Mn-SOD,
well-known as SOD2), was found that represents one of the most important mitochondrial defenses
against ROS [34]. In addition, a reduction in MT levels was found in DDE-treated rats, as was found in
a similar way in HFD-treated rats [85].

Moreover, we also demonstrated strong MTs nuclear localization in the DDE-treated liver,
confirming a physiological nuclear role of MTs in an oxidative stress condition [85]. The mitochondrial
role in the hepatic adaptation to pesticide-induced oxidative stress has become increasingly evident
during research. In fact, alongside the high SOD2 level, hepatocytes from DDE-treated rats showed high
UCP2 gene expression and protein synthesis [34]. Probably, both SOD2 and UCP2 play a cooperative
role in response to DDE at a mitochondrial level. The electron transport chain produces a superoxide
anion, which is rapidly converted into H2O2 by SOD2. However, to avoid an excessive accumulation
of H2O2 at a mitochondrial and cellular level, mitochondrial uncoupling is induced in order to reduce
superoxide production by mitochondrial activity. This effect, associated with the increase in GPx
activity observed in the liver, probably contributes to not exacerbating the oxidative damage and
hepatic injury, that, in terms of the serum transaminases level, is comparable to that induced by HFD
treatment [34]. The hepatocyte response to OCs, namely DDE, has been summarized in Figure 2.
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Figure 2. Principal mechanisms stimulated by organochlorinated compounds. Organochlorinated
compounds (OCs), including DDE accumulated in contaminated foods, reach the liver from the
blood vessels by remnant chylomicrons. In the cells, OCs can be, in part, stored in the lipid droplets
(1). In addition, OCs can act on mitochondria, partially inhibiting the electron transport chain
(2) and inducing mitochondrial ROS production (3). Moreover, OCs such as DDE can interact with
CAR and PXR receptors (4), inducing expression of the P450 gene family (5) for detoxification (6).
However, the detoxification path augments ROS levels (7). These mechanisms, if not effectively
controlled by antioxidant defenses, produce oxidative damage in macromolecules (8). In addition,
OCs can modulate transcriptional activity through PPAR family members (9), modulating fatty acid
metabolism (10) and cellular proliferation (11). Uncontrolled proliferative mechanisms induced by OCs
can lead to tumorigenesis (12). RC: remnant chylomicrons; OCs: organochlorinated compounds; DDE:
Dichlorodiphenyldichloroethylene; LD: lipid droplets; ETC: electron transport chain; CAR: constitutive
androstane receptor; PXR: pregnane X receptor; PPARs: peroxisome proliferator-activated receptors;
FAT: fatty acid transporters; CPT: carnitine palmitoyl-transferase; β-OX: beta oxidation; P450:
cytochrome P450; ROS: reactive oxygen species.

3.3. Dietary Fats and DDE Showed No Synergic Effect in Hepatic Stress Generation and Damage

The simultaneous exposure to HFD and the environmental pollutant DDE (D + DDE group),
represents a very interesting topic to be addressed and we showed that pesticide affects hepatic
metabolism differently, depending on the different dietary treatment (low-fat or high-fat diet) [34]. At a
systemic level, D+DDE animals presented alterations in the serum lipid profile in terms of triglycerides
and cholesterol levels, but serum triglyceride levels were found to be lower compared to the levels in D
animals. In line with this result, hepatic lipid depots were found to be lower in D + DDE than in the D
group. Moreover, mitochondrial β-ox and CPT system activities were increased to the same extent as
in N + DDE-treated animals [34]. It can be suggested that the lower levels in serum triglycerides and
hepatic lipid depots could be at least in part due to the increased hepatic fatty acid utilization required
to produce energy to cope with the increase in the detoxification pathway. In fact, CYP450 2B protein
content was found to be increased in the D + DDE and N + DDE groups [34]. Hepatic morphological
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changes showed several inflammatory foci, eosinophilic cells, and hepatocytes vacuolization around
blood vessels [34]. Oxidative stress occurred in D + DDE animals with the accumulation of MDA and
GSSG in the liver, as was found in the N + DDE animal group. We did not observe any additional
oxidative damage in the D + DDE group compared to both the N + DDE and D group, as it can be
expected by potential additional pro-oxidant effects due to the simultaneous exposure to two different
pro-oxidant stimuli, namely HFD and DDE [34]. Therefore, it can be suggested that no synergic effects
on hepatic stress and damage occurred, when pesticide exposure was simultaneous to high-fat diet
treatment. Considering the hydrophobic nature of this pesticide, in the condition of lipid accumulation
in adipose tissue and in ectopic sites observed in D and D + DDE groups, it can be hypothesized
that a part of DDE remains stored in lipid depots in an inert form. Therefore, the adaptive metabolic
responses in the D + DDE group were mainly induced by dietary fats and only in part by the pesticide,
and no synergic effect of dietary fat and pesticide on oxidative stress was observed in D + DDE.
Increased SOD and GPx activities and reduced MT levels were also found in the D +DDE group [34,85].
However, in this case, MTs maintained nuclear localization in the hepatocytes as in D group [85],
whereas SOD2 activity was found to be intermediate between D and N + DDE [34], suggesting that
dietary fats limit, at least in part, DDE activity. Moreover, mitochondrial levels of UCP2 in terms of
gene expression and protein synthesis in the D + DDE group were intermediate between D and N +
DDE groups. Finally, serum transaminase levels were found to be increased, as in D and N + DDE
groups, indicating no further liver damage in the D + DDE group as a consequence of the sum of the
responses to the two different stimuli [34].

4. Physiological Adaption to HFD and DDE in the Testis

4.1. HFD Alters Testicular Function and Affects Hormonal Homeostasis

Different analyses were conducted to evaluate the effects of dietary fats on testicular function and
morphology [33]. The results showed that HFD alters the antioxidant system and induces oxidative
damage. In fact, GPx activity reduction and lipid peroxidation induction with MDA accumulation
were observed in the tissue [33]. Moreover, as observed in the liver, a reduction in MTs gene expression
and protein synthesis occurred [85]. As a consequence of oxidative injury, morphological alterations
were detected in the seminiferous epithelium [33]. Large spaces among germinal cells as well as
cytoplasmic vacuolization in germinal and Sertoli cells were observed [33], probably due to lipid
and/or fluid accumulation [117]. Activation of apoptotic stimuli was observed under the condition
of oxidative stress [33]. Normally, testicular germ cell apoptosis represents a physiological process
playing a key role in removing abnormal spermatozoa during spermatogenesis [118,119]. On the other
hand, in a non-physiological metabolic state, such as an oxidative stress condition, the high apoptotic
rate could be associated with male subfertility. In obese subjects, the onset of male subfertility with
changes in sperm parameters, motility and counting, can occur due to the high-fat induced cellular
oxidative stress [120–122]. In our study, we showed an increase in Bcl2 associated with X protein (BAX)
levels and activated caspase 3 (casp-3) cell immunoreactivity in HFD-fed animals, where an apoptosis
trigger was observed [33]. Moreover, HFD was also found to be involved in hormonal disorder
generation, which probably represents a key point in testis functional alteration [123]. In fact, HFD-fed
animals showed a reduction in testicular androgen receptor (AR) and serum testosterone (T) levels [33].
Noteworthy, we also found a stimulation of cellular proliferation through the increase in the content
of proliferating cell nuclear antigen (PCNA). This increase may be involved in cellular mechanisms
useful to counteract oxidative stress-induced cellular death in the testis. We have summarized the
effect of HFD in the testis in Figure 3.
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Figure 3. Effects of singular and simultaneous exposure to a high-fat diet (HFD) and/or
dichlorodiphenyldichloroethylene (DDE) in testis. HFD (1) reduced antioxidant activity and generated
oxidative stress. Increases in the apoptotic rate were found. In addition, dietary fats reduced serum
testosterone levels, altering the hormonal balance. Both DDE exposure (2) and simultaneous HFD and
DDE exposure (3) affected antioxidant system activity, which was strongly reduced. Oxidative damage
further increased, and to a much greater extent in DDE-treated animals (2). Moreover, a trigger of
apoptosis, tubular damage, and a reduction of testosterone levels were detected. To counteract cellular
death, proliferation was stimulated in a similar way in HFD (1) and HFD + DDE (3), and was further
increased in DDE (2), suggesting the different effects of pesticides at a cellular level.

4.2. DDE Negatively Affects Spermatogenesis and Testicular Function

It is well-known the effect of PCBs on the male reproductive system [124,125]. DDE acts as
antiandrogenic chemical by interacting with androgen receptors [12]. In our work, we analysed
the effect of DDE on the testicular function to evaluate the in vivo adaptive mechanisms during
chronical exposure to a non-toxic dose [33]. We confirmed the pro-oxidant role of the pesticides with
a reduction in both total SODs and GPx activities, as well as in MTs gene expression and protein
synthesis [33], in accordance with previous finding [16]. In our study, antioxidant impairment in
DDE-treated rats induced the highest MDA levels compared to the other experimental groups [33].
As a consequence, morphological alterations were detected at different levels. A strong disorganization
of the seminiferous epithelium was observed in some tubules, where it was no longer possible to detect
the typical cell–cell associations. Moreover, eosinophilic cells with pyknotic nuclei were detected.
The lumen of severely altered tubules was rich in non-differentiated cells [33]. This observation
suggested that cell-cell adhesion was lost, and non-differentiated cells were released in the lumen
without completing spermatogenesis. A similar finding was also reported in further in vivo animal
models with exposure to other toxic chemical species [126–128]. In DDE-treated rats, the highest
BAX protein levels and casp-3 cell immunoreactivity were detected compared to N and D animals,
associated with the induction of hormonal disorders in terms of reduced testicle AR protein levels and
serum T [33]. Noteworthy, a stimulation of cell proliferation was observed in association with increases
in the apoptotic rate, as also observed in HFD-fed group [33]. The highest PCNA levels observed in
DDE-treated group [33] was in line with previous findings showing that DDE is able to induce cellular
proliferation through oxidative stress [129] (Figure 3).
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4.3. Simultaneous Exposure to HFD + DDE did not Show a Synergic Effect on Testicular Function

In the experimental group exposed to both HFD and DDE, the effects of DDE in the testis
did not show synergistic effects with HFD [33], as described for the liver above [34]. The results
obtained in D + DDE group showed a very similar effect to that of DDE-treated animals in terms of
morphological alterations, antioxidant impairment, apoptosis, and hormonal changes [33]. On the
other hand, MDA levels were found to be intermediate between D and N + DDE groups. According to
the lower oxidative damage vs. N + DDE, we showed a reduced MTs gene expression and protein
synthesis in D + DDE animals, as in the D group, suggesting the transcriptional regulation of MTs,
depending on the tissular oxidative stress level. Moreover, cellular-induced proliferation didn’t seem
to be stimulated as observed in N + DDE, but the response was more similar to that observed in the D
group [33]. These findings suggested that DDE has less impact when administrated together with
HFD, in accordance with the lipid dissolving theory which hypothesizes that DDE storage in body fat
deposits induces a decrease in DDE effects In Figure 3, we have schematized the responses to HFD
and/or DDE in the testis.

5. Conclusions

In conclusion, our research confirmed the literature on HFD and DDE effects in terms of oxidative
stress associated with changes in lipid metabolism, mainly in the liver.

Hepatic adaptations to dietary fats and pesticides induced a general control of hepatic injury in
which mitochondrial function and cellular metabolism were directly involved. Antioxidant system
stimulation and mitochondrial UCP2 up-regulation seemed to play a potential protective role in
counteracting ROS overproduction, mainly in the presence of environmental pollutants.

In the testis, HFD altered the oxidative balance and induced lipotoxicity, cellular death and
apoptosis. On the other hand, DDE generated the highest tissular alterations and dysfunctions with
impairment of spermatogenesis under the conditions of both individual or simultaneous exposure to
pesticide and dietary fats, with a worse redox state when pesticide exposure was not associated with a
high fat consumption.

With the limitation that further studies are needed to better identify the mitochondrial role in
response to environmental stimuli, such as pollutants and chronic high-fat feeding, our experimental
research summarized in the present review was the first to address the topic of mitochondrial and
oxidative stress responses to chronic simultaneous exposure to both environmental stimuli in different
organs. Given that, in modern obesogenic society, we are frequently exposed to both a high-fat diet
and several environmental pollutants with consequently increased risks of related metabolic disease,
studies on mitochondrial involvement in the cellular response to these environmental stimuli can be
useful in understanding the adaptive mitochondrial response required to maintain a healthy condition
and, therefore, to target mitochondria in the prevention and therapy of environmental stimuli-induced
metabolic diseases.
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102. Yavaşoğlu, N.Ü.; Köksal, C.; Dağdeviren, M.; Aktuğ, H.; Yavaşoğlu, A. Induction of oxidative stress and
histological changes in liver by subacute doses of butyl cyclohexyl phthalate. Environ. Toxicol. 2014, 29,
345–353. [CrossRef]

103. Arciello, M.; Gori, M.; Maggio, R.; Barbaro, B.; Tarocchi, M.; Galli, A.; Balsano, C. Environmental pollution:
A tangible risk for NAFLD pathogenesis. Int. J. Mol. Sci. 2013, 14, 22052–22066. [CrossRef]

104. Laing, S.; Wang, G.; Briazova, T.; Zhang, C.; Wang, A.; Zheng, Z.; Gow, A.; Chen, A.F.; Rajagopalan, S.;
Chen, L.C.; et al. Airborne particulate matter selectively activates endoplasmic reticulum stress response in
the lung and liver tissues. Am. J. Physiol. Cell Physiol. 2010, 299, C736–C749. [CrossRef]

105. Tan, H.-H.; Fiel, M.I.; Sun, Q.; Guo, J.; Gordon, R.E.; Chen, L.C.; Friedman, S.L.; Odin, J.A.; Allina, J.
Kupffer cell activation by ambient air particulate matter exposure may exacerbate non-alcoholic fatty liver
disease. J. Immunotoxicol. 2009, 6, 266–275. [CrossRef]

106. Huang, Q.; Chen, Q. Mediating Roles of PPARs in the Effects of Environmental Chemicals on Sex Steroids.
PPAR Res. 2017, 2017, 3203161. [CrossRef]

107. Yáñez, L.; Borja-Aburto, V.H.; Rojas, E.; de la Fuente, H.; González-Amaro, R.; Gómez, H.; Jongitud, A.A.;
Díaz-Barriga, F. DDT induces DNA damage in blood cells. Studies in vitro and in women chronically
exposed to this insecticide. Environ. Res. 2004, 94, 18–24. [CrossRef]

108. Binelli, A.; Riva, C.; Cogni, D.; Provini, A. Genotoxic effects of p,p’-DDT
(1,1,1-trichloro-2,2-bis-(chlorophenyl)ethane) and its metabolites in Zebra mussel (D. polymorpha) by
SCGE assay and micronucleus test. Environ. Mol. Mutagen. 2008, 49, 406–415. [CrossRef]

109. Song, Y.; Yang, K.D. Effect of p, p’-DDE on DNA damage and expression of FasL gene of rat Sertoli cell
in vitro. Wei Sheng Yan Jiu 2006, 35, 261–263.

110. Espinosa-Diez, C.; Miguel, V.; Mennerich, D.; Kietzmann, T.; Sánchez-Pérez, P.; Cadenas, S.; Lamas, S.
Antioxidant responses and cellular adjustments to oxidative stress. Redox Biol. 2015, 6, 183–197. [CrossRef]

111. Qin, L.; Fan, M.; Candas, D.; Jiang, G.; Papadopoulos, S.; Tian, L.; Woloschak, G.; Grdina, D.J.; Li, J.J. CDK1
Enhances Mitochondrial Bioenergetics for Radiation-Induced DNA Repair. Cell Rep. 2015, 13, 2056–2063.
[CrossRef]

112. Brace, L.E.; Vose, S.C.; Stanya, K.; Gathungu, R.M.; Marur, V.R.; Longchamp, A.; Treviño-Villarreal, H.;
Mejia, P.; Vargas, D.; Inouye, K.; et al. Increased oxidative phosphorylation in response to acute and chronic
DNA damage. NPJ Aging Mech. Dis. 2016, 2, 16022. [CrossRef]

113. Nims, R.W.; Lubet, R.A. Induction of cytochrome P-450 in the Norway rat, Rattus norvegicus, following
exposure to potential environmental contaminants. J. Toxicol. Environ. Health 1995, 46, 271–292. [CrossRef]

114. Wyde, M.E.; Bartolucci, E.; Ueda, A.; Zhang, H.; Yan, B.; Negishi, M.; You, L. The environmental pollutant
1,1-dichloro-2,2-bis (p-chlorophenyl) ethylene induces rat hepatic cytochrome P450 2B and 3A expression
through the constitutive androstane receptor and pregnane X receptor. Mol. Pharmacol. 2003, 64, 474–481.
[CrossRef]

115. Mota, P.C.; Cordeiro, M.; Pereira, S.P.; Oliveira, P.J.; Moreno, A.J.; Ramalho-Santos, J. Differential effects of
p,p′-DDE on testis and liver mitochondria: Implications for reproductive toxicology. Reprod. Toxicol. 2011,
31, 80–85. [CrossRef]

347



Cells 2019, 8, 834

116. Ferreira, F.M.; Madeira, V.M.; Moreno, A.J. Interactions of 2,2-bis(p-chlorophenyl)-1,1-dichloroethylene with
mitochondrial oxidative phosphorylation. Biochem. Pharmacol. 1997, 53, 299–308. [CrossRef]

117. Vidal, J.D.; Whitney, K.M. Morphologic manifestations of testicular and epididymal toxicity. Spermatogenesis
2014, 4, 1–17. [CrossRef]

118. Siddighi, S.; Patton, W.C.; Jacobson, J.D.; King, A.; Chan, P.J. Correlation of sperm parameters with apoptosis
assessed by dual fluorescence dna integrity assay. Arch. Androl. 2009, 50, 311–314. [CrossRef]

119. França, L.R.; Avelar, G.F.; Almeida, F.F. Spermatogenesis and sperm transit through the epididymis in
mammals with emphasis on pigs. Theriogenology 2005, 63, 300–318. [CrossRef]

120. Palmer, N.O.; Bakos, H.W.; Fullston, T.; Lane, M. Impact of obesity on male fertility, sperm function and
molecular composition. Spermatogenesis 2012, 2, 253–263. [CrossRef]

121. Katib, A. Mechanisms linking obesity to male infertility. Cent. Eur. J. Urol. 2015, 68, 79–85. [CrossRef]
122. Kort, H.I.; Massey, J.B.; Elsner, C.W.; Mitchell-Leef, D.; Shapiro, D.B.; Witt, M.A.; Roudebush, W.E. Impact of

body mass index values on sperm quantity and quality. J. Androl. 2006, 27, 450–452. [CrossRef]
123. MacDonald, A.A.; Herbison, G.P.; Showell, M.; Farquhar, C.M. The impact of body mass index on

semen parameters and reproductive hormones in human males: A systematic review with meta-analysis.
Hum. Reprod. Update 2010, 16, 293–311. [CrossRef]

124. Vested, A.; Giwercman, A.; Bonde, J.P.; Toft, G. Persistent organic pollutants and male reproductive health.
Asian J. Androl. 2014, 16, 71–80. [CrossRef]

125. Bonefeld-Jørgensen, E.C.; Andersen, H.R.; Rasmussen, T.H.; Vinggaard, A.M. Effect of highly bioaccumulated
polychlorinated biphenyl congeners on estrogen and androgen receptor activity. Toxicology 2001, 158, 141–153.
[CrossRef]

126. Penna-Videau, S.; Bustos-Obregon, E.; Cermeno-Vivas, J.R.; Chirino, D. Malathion affects spermatogenic
proliferation in mouse. Int. J. Morphol. 2012, 30, 1399–1407. [CrossRef]

127. Lebda, M.; Gad, S.; Gaafar, H. Effects of lipoic acid on acrylamide induced testicular damage. Mater. Sociomed.
2014, 26, 208–212. [CrossRef]
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Abstract: Function of brain amino acids as neurotransmitters or their precursors implies changes in
the amino acid levels and/or metabolism in response to physiological and environmental challenges.
Modelling such challenges by pregnancy and/or hypoxia, we characterize the amino acid pool in the
rat cerebellum, quantifying the levels and correlations of 15 amino acids and activity of 2-oxoglutarate
dehydrogenase complex (OGDHC). The parameters are systemic indicators of metabolism because
OGDHC limits the flux through mitochondrial TCA cycle, where amino acids are degraded and their
precursors synthesized. Compared to non-pregnant state, pregnancy increases the cerebellar content
of glutamate and tryptophan, decreasing interdependence between the quantified components of
amino acid metabolism. In response to hypoxia, the dependence of cerebellar amino acid pool on
OGDHC and the average levels of arginine, glutamate, lysine, methionine, serine, phenylalanine, and
tryptophan increase in non-pregnant rats only. This is accompanied by a higher hypoxic resistance
of the non-pregnant vs. pregnant rats, pointing to adaptive significance of the hypoxia-induced
changes in the cerebellar amino acid metabolism. These adaptive mechanisms are not effective in the
pregnancy-changed metabolic network. Thus, the cerebellar amino acid levels and OGDHC activity
provide sensitive markers of the physiology-dependent organization of metabolic network and its
stress adaptations.

Keywords: amino acid neurotransmitter; cerebellar amino acid metabolism; hypoxia; 2-oxoglutarate
dehydrogenase; tricarboxylic acid cycle

1. Introduction

Many amino acids and/or their derivatives are neurotransmitters. Hence, metabolic perturbations
in the brain, affecting the levels of amino acids, often have neurological consequences, and vice versa.
However, systemic consequences of changed levels of specific amino acids or related enzymes are not
easily predictable. For instance, administration of arginine or nitric oxide synthase inhibitors at cerebral
infarction may cause opposite physiological outcomes [1]. The glutamate-induced excitotoxicity
could be either aggravated [2] or alleviated [1] by nitric oxide signaling. Obviously, one should take
into account that generation of nitric oxide involves an intercept between metabolism of lysine and
arginine [3], which, in their turn, are tightly linked to other amino acids through multiple intercepts
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in the amino acid metabolism. In particular, the transporters for the amino acid influx are usually
common for a group of amino acids which thus compete for their intracellular transport.

This work is dedicated to elaboration of systemic markers of the changed metabolism of amino
acids, resulting from the brain response to the physiological or pathological challenges. To achieve
this goal, we consider the two important features of the amino acid metabolism. First, mitochondrial
tricarboxylic acid (TCA) cycle actively participates both in the amino acid degradation and de novo
biosynthesis of the amino acid precursors, such as 2-oxoglutarate and oxaloacetate. Under maximal
energy demands, the flux through the cycle is limited by the highly regulated multienzyme complex of
2-oxoglutarate dehydrogenase (OGDHC) [4–6], which strongly impacts on the amino acid metabolism
in the brain and cerebellar neuronal cells in culture [7–10]. Based on the tight interconnection
between the 2-oxo and amino acids, which may contribute to the common neurological symptoms
upon the impaired degradation of 2-oxo acids [4,6], we consider dependence of the brain amino
acid levels on the OGDHC activity as a systemic marker of mitochondrial metabolism. Second,
specific (patho) physiological settings may strongly contribute to different systemic outcomes of
the same treatment, because organization of metabolism under these settings may vary. Indeed,
the tissue-specific expression of enzymes in a pathway is an important factor in predicting the
metabolic changes in health and disease [11], and the expression pattern may vary even in the same
tissue in different (patho) physiological states. Indeed, inhibition of 2-oxoglutarate-dehydrogenase,
through which glutamate is degraded in the TCA cycle, may increase or decrease the glutamate
levels in the rat brain cortex, dependent on pregnancy, which in turn defines the level of OGDHC
activity [7,8,12]. Levels of another amino acid of signaling importance, homoarginine, are also
affected in pregnancy [13]. Thus, pregnant rats provide a good model of physiological differences in
organization of metabolic networks, important for central nervous system functions. On the other hand,
influence of specific inhibition of the brain OGDHC on biochemical, physiological, and behavioral
parameters of experimental animals strongly depend on the pathological conditions, such as acute
hypoxia or ethanol intoxication [12,14]. Because hypoxia is the most common pathogenic factor known
to perturb the high-impact signaling by glutamate, (homo) arginine/nitric oxide, and their interaction,
we use our well-established model of acute hypobaric hypoxia to study the changes in the brain amino
acid metabolism under pathological conditions.

Because of the significant regional heterogeneity of the brain metabolism and signaling, we focus
our investigation on the easily isolated brain structure, cerebellum, which is also well-characterized
regarding its physiological functions. In particular, cerebellum is involved in compensatory responses of
brain to impaired movement control [15], which also occurs in rats exposed to acute hypobaric hypoxia.
The movement disorders in Parkinson disease affecting cerebellum [16,17] have been associated with
perturbations in cerebellar pool of amino acids and their signaling [18]. These biochemical changes in
cerebellum may be further translated into behavioral changes because of high interconnectivity in the
brain [16,19].

In our analysis of systemic response in the healthy and hypoxia-affected brain, we take into account
that correlated changes of certain metabolites may provide more information on biosystems than
single markers [20–23]. As a result, the present study demonstrates that the metabolic interdependence
of the brain amino acids and OGDHC provides systemic markers of different physiological and
pathological states, which complement the information based on analysis of traditional metabolic
markers, such as average levels of metabolites or enzymatic activities. Even when single indicators do
not significantly change because of homeostatic mechanisms employed by biosystems, the patterns of
metabolic correlations reliably estimate systemic changes, helping to suggest the affected pathways.
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2. Materials and Method

2.1. Animal Experiments

All animal experiments were performed according to the Guide for the Care and Use of Laboratory
Animals published by the European Union Directives 86/609/EEC and 2010/63/EU, and were approved
by Bioethics Committee of Lomonosov Moscow State University (protocol number 69-o from 09.06.2016).
Animals were kept at 21 ± 2 ◦C and relative humidity 53 ± 5% with the 12/12 h light/dark cycle
(lights on 9:00 = ZT 0, lights off 21:00 = ZT 12).

Wistar female rats, pregnant and non-pregnant ones, of about 250–300 g were used in the
experiment. To obtain pregnant rats, two virgin female rats were located in a cage with one male. After
24 h, vaginal smears were examined. When sperm was found in the vaginal smear, it was considered
as the first day of pregnancy, and the male rat was separated. The rats were purchased from the State
Research Center of the Russian Federation—Institute for Biomedical Problems, Russian Academy
of Sciences, and were kept at our conditions for two weeks prior to the experiments. T/4K cages
(555/4K, 580 × 375 × 200 mm) were used. Five to six animals were kept in each cage. Standard rodent
pellet food (laboratorkorm.ru) and tap water were available ad libitum.

Four groups of female rats were used: (1) normoxic control non-pregnant group; (2) hypoxic
treatment non-pregnant group; (3) normoxic control pregnant group; (4) pregnant group exposed to
hypoxia at the 9–10th day of pregnancy, which in rats is roughly correspondent to the first trimester of
human pregnancy [24]. Total number of animals in an experimental group, n, comprised animals from
several independent experiments and is indicated in the figures and tables. On the second day after
the treatment, when the physiological assessment was completed, animals were sacrificed for further
biochemical analyses by decapitation. At this stage, the number of pups (10 ± 2) did not significantly
differ between the control and hypoxic rats, although independent long-term physiological monitoring
indicated that the pregnancy failures occurred more often in the latter than former rats.

Cerebella were quickly excised from animal brains on ice, frozen in liquid nitrogen, and stored
at −70 ◦C prior to biochemical analyses. A half of each thawed cerebellum was used to prepare the
homogenates for enzymatic assays, the other half—to make extracts for the amino acid quantification.

2.2. Acute Hypobaric Hypoxia

Female rats were exposed to hypobaric hypoxia at 5% O2 (11500 m altitude, 145 mm Hg) in a
decompression (altitude) chamber “Mez Mohelnice” (Mohelnice, Czech Republic) of 3.3 L volume, as
described previously [25,26]. Briefly, after closing the chamber, air pressure inside the chamber was
progressively decreased during 1 min (200 m/sec) by the vacuum pump connected to the chamber.
The pressure was controlled using the pressure gauge. Overall response of an organism to hypoxia
at subcritical lack of oxygen is defined by the lifetime (LT) which is evaluated from the moment of
reaching the target height (i.e., 11,500 m altitude, 5% O2, 145 mm Hg) to the second agonal breath.
LT characterizes the ability of animals to mobilize their protective mechanisms for survival under
life-incompatible extreme conditions. The pressure and oxygen in the chamber returned to the nominal
values after the second agonal breath. According to LT, the rats were divided into groups of high
resistance (HR, LT ≥ 10 min), middle resistance (MR, LT within 5–10 min), and low resistance (LR, LT
within 1–5 min). These types of animals are known to demonstrate different functional and metabolic
patterns, including differences in the CNS activity and neurohumoral regulation, stress-responsive
systems, oxygen transport by the blood, and tissue respiration [27–29].

2.3. Enzyme Assays

Homogenization of cerebella and assays of the overall OGDHC activity of brain homogenates
were performed as described earlier [30] with 20% glycerol added to the homogenization buffer and
sonication as in [12].
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2.4. Ninhydrine Quantification of Amino Acids

Preparation of the acetic acid/methanol extracts of cerebella and quantification of their amino acids
was done as described in [31], using L-8800 amino acid analyzer (Hitachi, Tokyo, Japan) in the standard
mode according to the manufacturer′s User Manual (Hitachi High-Technologies Corporation, Tokyo,
Japan, 1998). The samples were stored at −70 ◦C. Briefly, the extracts were subjected to an ion-exchange
column 2622SC (PH) (Hitachi, Ltd., Tokyo, Japan, P/N 855-3508, 4.6 × 80 mm), eluted by step gradient
of four sodium-acetate buffers at a flow rate of 0.4 mL/min at 57 ◦C. A total of 20 μL of a 25-fold diluted
amino acid standard mix (AA-S-18 −5 ML analytical standard, SIGMA, or standard of basic amino
acids, Type B, Hitachi, 016-08641) or 50 μL of cerebellar extracts were injected to the column. Fifteen
amino acids eluted as separate peaks in this procedure were quantified. Post-column derivatization
(136 ◦C, flow rate 0.35 mL/min) was performed using the mix of equal volumes of ninhydrin buffer
R2 and ninhydrin solution R1 (Wako Pure Chemical Industries, P/N 298-69601). Colored products
were detected by absorption at 570 nm. Data were processed using MultiChrom for Windows software
(Ampersand Ltd., Moscow, Russia).

2.5. Data Acquisition and Statistics

Statistical analysis was performed using Statistica 10.0 (StatSoft Inc., Tulsa, OK, USA). Averaged
values are presented as means ± SEM. Comparison between the two experimental groups was
done using non-parametric Mann–Whitney U-test. The Pearson′s correlations between the levels of
different amino acids or between the levels of amino acids and OGDHC activity were characterized
by the correlation coefficients and p-values of the correlation. Statistical significance of differences in
the parameters characterizing metabolic interactions between the levels of OGDHC activity and/or
amino acids were assessed by the Wilcoxon signed rank test. Differences with p ≤ 0.05 were
considered significant.

3. Results

3.1. Pregnancy-Induced Changes in Cerebellar Levels of Amino Acids and OGDHC Activity

Table 1 compares the average levels of the OGDHC activity and 15 quantified amino acids in
cerebella of the non-pregnant and pregnant rats.

Table 1. Influence of pregnancy on the levels of cerebellar amino acids and 2-oxoglutarate dehydrogenase
complex (OGDHC) activity.

Parameter
Rats

Non-Pregnant Pregnant p Values

OGDHC 1.13 ± 0.13 1.21 ± 0.15 0.61
ALA 0.59 ± 0.05 0.62 ± 0.04 0.67
ARG 0.15 ± 0.03 0.15 ± 0.02 0.22
ASP 1.96 ± 0.09 2.01 ± 0.11 0.32

GABA 1.72 ± 0.18 1.63 ± 0.16 0.67
GLU 9.11 ± 0.36 11.00 ± 0.39 0.02↑
GLY 0.82 ± 0.10 0.75 ± 0.10 0.47
HIS 0.06 ± 0.01 0.07 ± 0.01 0.19
ILE 0.03 ± 0.01 0.03 ± 0.01 1.00
LEU 0.08± 0.02 0.07 ± 0.01 0.71
LYS 0.35 ± 0.02 0.37 ± 0.02 0.24
MET 0.05 ± 0.00 0.06 ± 0.01 0.59
PHE 0.06 ± 0.01 0.08 ± 0.02 0.16
SER 0.61 ± 0.03 0.56 ± 0.03 0.24
TRP 0.07 ± 0.00 0.11 ± 0.03 0.02↑
TYR 0.07 ± 0.01 0.07 ± 0.01 0.89

Amino acids are given in alphabetical order. Proteinogenic amino acids are indicated by their standard abbreviations,
GABA-γ-aminobutyric acid. Levels of the amino acids and OGDHC activity are presented as mean ± SEM in μmol
and μmol per min, correspondingly, per g of the tissue fresh weight. p values indicate significance of the differences
between the two groups, estimated by the Mann-Whitney U-test. Significant (p ≤ 0.05) differences are indicated in
bold italics. Seventeen non-pregnant and eight pregnant rats were used in the comparison.
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The data presented in Table 1 show that most of the differences between the amino acid pools
in cerebella of the non-pregnant and pregnant rats are within the quantification errors. However,
pregnancy increases the levels of cerebellar glutamate and tryptophan by 22 and 57%, respectively.

3.2. Hypoxia-Induced Changes in Cerebellar Pool of Amino Acids Depend on Physiological State

Table 2 shows that hypoxia induces significant changes in the cerebellar pool of amino acids
of non-pregnant female rats. Half of the quantified amino acids (Arg, Glu. Lys, Met, Phe, Ser, Trp)
undergo statistically significant increases.

Table 2. Influence of acute hypobaric hypoxia on the OGDHC activity and amino acid pool in cerebella
of the non-pregnant and pregnant rats.

Parameters

Groups Non-Pregnant Rats Pregnant Rats

Control Hypoxia p Values Control Hypoxia p Values

OGDH 1.13 ± 0.13 1.11 ± 0.18 0.561 1.21 ± 0.15 1.24 ± 0.18 0.875
ALA 0.59 ± 0.05 0.73 ± 0.06 0.081 0.62 ± 0.04 0.60 ± 0.04 0.633
ARG 0.15 ± 0.03 0.23 ± 0.04 0.048↑ 0.15 ± 0.02 0.16 ± 0.02 0.762
ASP 1.96 ± 0.09 2.30 ± 0.19 0.180 2.01 ± 0.11 2.08 ± 0.09 0.573

GABA 1.72 ± 0.18 2.22 ± 0.25 0.091 1.63 ± 0.16 1.54 ± 0.11 0.460
Glu 9.11 ± 0.36 10.93 ±0.61 0.027↑ 11.00 ± 0.01 10.56 ± 0.42 0.274
GLY 0.82 ± 0.10 1.03 ± 0.14 0.180 0.75 ± 0.10 0.77 ± 0.08 1.000
HIS 0.06 ± 0.01 0.08 ± 0.01 0.055 0.07 ± 0.01 0.07 ± 0.01 0.696
ILE 0.03 ± 0.01 0.05 ± 0.01 0.162 0.03 ± 0.01 0.04 ± 0.01 0.696
LEU 0.08± 0.02 0.12 ±0.02 0.116 0.07 ±0.01 0.10 ± 0.02 0.829
LYS 0.35 ± 0.02 0.42 ± 0.03 0.048↑ 0.37 ± 0.02 0.39 ± 0.03 0.515
MET 0.05 ± 0.00 0.09 ± 0.00 0.014↑ 0.06 ± 0.01 0.07 ± 0.01 0.573
PHE 0.06 ± 0.01 0.13 ± 0.02 0.004↑ 0.08 ± 0.02 0.09 ± 0.01 0.829
SER 0.51 ± 0.03 0.61 ± 0.02 0.036↑ 0.56 ± 0.03 0.56 ± 0.05 0.274
TRP 0.07 ± 0.00 0.10 ± 0.01 0.048↑ 0.11 ± 0.03 0.09 ± 0.01 0.083
TYR 0.07 ± 0.01 0.08 ± 0.01 0.351 0.07 ± 0.01 0.07 ± 0.01 1.000

Amino acids are abbreviated as in Table 1. Levels of amino acids and OGDHC activity are presented as mean ± SEM
in μmol and μmol per min, correspondingly, per g of the tissue fresh weight. p values indicate significance of the
differences between the two groups, estimated by the Mann-Whitney U-test. Significant (p ≤ 0.05) differences are
shown in bold italics. Number of animals in the groups: 17 control non-pregnant, 8 hypoxic non-pregnant, 8 control
pregnant and 10 hypoxic pregnant.

In contrast, under the same metabolic stress of pregnant rats, their cerebellar levels of amino
acids remain unaffected (Table 2). Remarkably, the tryptophan level, which is increased by pregnancy,
exhibits a trend (0.08) to decrease (from 0.11 to 0.09 μmol per g FW) after exposure of the pregnant rats
to hypoxia, while in the non-pregnant rats hypoxia induces an opposite change in the tryptophan level,
which increases from 0.07 to 0.12 μmol per g FW (Table 2).

3.3. Interdependence of Cerebellar Levels of OGDHC Activity and/or Amino Acids Varies under Different
Physiological Settings

Metabolic pathways of amino acids have not only common transporters for certain groups of
amino acids, but also many common substrates. For instance, transaminase reactions link the levels of
the corresponding pairs of the amino acids (aspartate and glutamate in the aspartate transaminase
reaction), GABA is produced from glutamate etc. As noted in the introduction section, the amino acid
metabolism in general is tightly coupled to the TCA cycle, whose metabolic flux is limited by the activity
of OGDHC [4]. As a result, OGDHC inhibition strongly affects the amino acid pool in cerebellar granule
neurons in culture [9] and amino acids levels in animal brain in vivo (reviewed in [6]). These metabolic
features should cause interdependence of the tissue levels of amino acids. The interdependence is
manifested in the correlated variations in the levels of amino acids and OGDHC activity in different
animals, because the interindividual variability in the biochemical parameters is contributed by minor
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variations in the metabolic network organization. Indeed, such correlation analysis of the levels
of the cerebellar OGDHC activity and 15 quantified amino acids in a sample of the non-pregnant
and pregnant (Table 3) rats reveals a number of highly significant correlations between the studied
biochemical parameters, pointing to a strongly interdependent content of different amino acids in rat
cerebellum, imposed by intercepts in their metabolism.

Visual inspection indicates that the correlation patterns change along with physiological settings
(Table 3, the lower left triangles in A and B). The sets of strongly interacting parameters differ between
the non-pregnant and pregnant rats. For instance, pregnancy drastically decreases the interdependences
of Glu, Phe, Met with other amino acids and OGDHC, compared to those manifested in the cerebellum
of non-pregnant rats. On the other hand, some features of the metabolic network are preserved in both
the non-pregnant and pregnant rats. That is, lysine and tryptophan show a low number of interactions
in both physiological states (Table 3). Independent of pregnancy, none of the cerebellar amino acids
show statistically significant correlation with OGDHC activity, although cerebellar tryptophan tends to
positively correlate with OGDHC in both non-pregnant (R = 0.79, 0.061) and pregnant (R = 0.85, 0.07)
rats (Table 3).

In our previous work [23], an approach to quantify subtle physiological shifts in metabolic
networks, based on the data of correlation analysis, has been developed. It employs reduction of the
correlation matrix dimension, resulting in a small number of easily comparable parameters presented
in Table 4. The parameters are: the summarized and averaged correlation coefficients for each element
of the matrix, which characterize an overall degree of interdependence of the elements in a specific
(patho) physiological state, and the total number of significant (p < 0.05) correlations (positive or
negative) in the matrix, which indicates how many strong and very strong interdependences of the
studied elements are inherent in a metabolic network. According to the data presented in Table 4,
the summarized and averaged correlation coefficients are significantly lower in the pregnant rats,
compared to the non-pregnant ones, pointing to generally lower interdependences in the amino acid
levels in the former than the latter. The lower interdependence is consistent with the lower number of
statistically significant correlations in the pregnant vs. non-pregnant rats (38 vs. 62 for the positive
correlations and 0 vs. 4 for the negative correlations, Table 4), although this difference does not reach
statistical significance.
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3.4. Concerted Hypoxia-Induced Shift to the Negative Correlations between the Levels of Amino Acids and
OGDHC Activity Is not Observed in Pregnancy

Exposure of rats to an environmental challenge, such as acute hypobaric hypoxia, strongly changes
the correlation matrices (Table 3, the upper right triangles) and their overall parameters (Table 4).
Moreover, the hypoxia-induced changes in the interdependences are well-detectable in both the
non-pregnant and pregnant rats (Tables 3 and 4), in contrast to the changes in the average levels of
amino acids and OGDHC activity, which are detectable in the non-pregnant rats only (Table 2). That
said, the correlation analysis reveals a very different response to hypoxia of the interdependences
between OGDHC activity and/or amino acids in the non-pregnant and pregnant rats. Thus, not only
the control correlation matrices, but also those after exposure of animals to hypoxia are very different
in non-pregnant and pregnant rats (Table 3, the upper right triangles). As shown in Table 3 hypoxia
induces a high number of negative correlations of amino acids with OGDHC in non-pregnant rats.
Induction by hypoxia of the negative correlations between the amino acid levels and OGDHC activity
exclusively in non-pregnant rats (Table 3, the upper right triangle) thus coincides with the hypoxic
reactivity of the average levels of amino acids in non-pregnant rats only (Table 2). In contrast, in
pregnant rats hypoxia induces one positive correlation between OGDHC and methionine and one
negative correlation between the amino acids tryptophan and phenylalanine (Table 3, the upper
right triangle).

The overall interdependence parameters (Table 4) point to statistically significant differences in the
hypoxic responses of cerebellum in both the non-pregnant and pregnant rats. This finding indicates that
analysis of the correlation matrices (Table 4) detects the responses to hypoxic stress with a much higher
sensitivity, compared to the average levels of amino acids, which did not reveal any changes in the
cerebellum of pregnant rats after hypoxia (Table 2). Yet both markers of hypoxic stress point to different
responses to hypoxia in the different physiological states. The strong negative correlations between
the levels of amino acids and OGDHC activity after hypoxic exposure of non-pregnant rats (Table 3)
coincide with the hypoxia-increased levels of the amino acids in these rats (Table 2) and with the overall
increase in the interdependence between the OGDHC activity and/or amino acid levels, indicted by the
summarized and averaged correlation coefficients and number of statistically significant correlations
(Table 4). Contrary, in pregnant rats, demonstrating no changes in the average levels of amino acids after
hypoxia (Table 2), no negative correlations of the amino acid levels with OGDHC activity are induced
by hypoxia (Table 3), and the overall interdependence is diminished, based on the summarized and
averaged correlation coefficients between the studied parameters (Table 4). Remarkably, the number of
statistically significant positive correlations between the parameters is increased by hypoxia in pregnant
rats too (from 38 to 63, Table 4). However, in accordance with a generally decreased interdependence,
evident from the decreased correlation coefficients (summarized and average, Table 4), the increased
number of statistically significant positive correlations is expressed less than in non-pregnant rats
(Table 4). The most significant contribution to increases in the positive correlations is provided by
different amino acids; in non-pregnant rats they are histidine, lysine, and tyrosine, whereas in pregnant
rats they are methionine, serine, and phenylalanine (Tables 3 and 4). Thus, hypoxia affects different
metabolic pathways in the cerebella of pregnant and non-pregnant rats.

3.5. Physiological Consequences of the Hypoxia-Induced Changes in the Interdependent Levels of OGDHC
Activity and/or Amino Acids in Cerebellum

In hypoxic experiments, rats are exposed to acute hypobaric hypoxia until they collapse, which is
registered as apnea. As described in the methods section, the time between the established hypoxic
condition (5% O2) and apnea, i.e., the life time (LT), characterizes individual and/or group differences
in the resistance to hypoxia according to the arbitrary intervals of the LT, indicated in the legend
to Figure 1. Figure 1 shows that distribution of a sample of the rats into the animals with varied
resistance to hypoxia differs dependent on the physiological state. Pregnant rats are characterized by
decreased fraction of the animals with high resistance to hypoxia, with the corresponding increase
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in the fraction of the low resistant rats. The difference is also manifested in a higher average value
of LT for non-pregnant rats (369 ± 45.1 s), compared to LT of the pregnant rats (277 ± 37 s) (n = 41;
0.048, according to Mann-Whitney test). Thus, the reactivity to hypoxia is higher (Figure 1) when no
significant changes in the OGDHC activity or amino acid levels, neither any negative correlations
between these parameters occur in the cerebellum, as observed in the pregnant rats (Tables 2–4).

 

Figure 1. Distribution of the non-pregnant (n = 41) and pregnant (n =31) rats according to their relative
resistance to acute hypobaric hypoxia. HR—highly resistant rats (dark-grey), spent under hypoxia ≥10
min; MR—medium resistant rats (light-grey), spent under hypoxia between 5 and 10 min; LR—low
resistant rats (middle-grey), spent under hypoxia ≤5 min. % of each sub-group to total number of
animals in the group is shown in shades of grey. The indicated p value is estimated using Fisher
exact test.

Accordingly, the hypoxia-induced changes in the average levels (Table 2) and/or interdependence
(Tables 3 and 4) of cerebellar OGDHC activity and amino acids, which are observed in the non-pregnant
rats, are of compensatory significance. That is, the changes in the amino acid pool (Table 2) and
its dependence on OGDHC activity (Table 3), observed in the non-pregnant rats and absent in the
pregnant ones, obviously enable the former to resist hypoxia better than the latter (Figure 1).

4. Discussion

In this work, cerebellar metabolism of amino acids and its dependence on the TCA-cycle-limiting
OGDHC are shown to be affected by physiological settings (pregnancy) and metabolic stress
(acute hypobaric hypoxia). Pregnancy increases cerebellar levels of glutamate and tryptophan
(Table 1) and decreases overall interdependence of the studied components of amino acid metabolism,
compared to their interdependence in non-pregnant rats (Table 4).

Hormonal changes during pregnancy are known to coordinate a broad range of physiological
adaptations, from the supply of nutrients and oxygen for the fetus growth in utero to specific patterns of
parental behavior [32,33]. Changed metabolism of amino acids in the brain of the pregnant females may
be involved in these adaptations, as many of amino acids are neurotransmitters or their precursors. The
increases in cerebellar glutamate and tryptophan in pregnant rats, observed in this work, are consistent
with independent studies on the pregnancy-imposed changes in glutamatergic and serotonergic
signaling. In fact, pregnancy is known to change expression of glutamate receptors to address specific
physiological challenges faced by pregnant females [34,35]. Our data on the pregnancy-increased
cerebellar content of tryptophan are in line with the activation of serotonergic signaling observed during
pregnancy, because tryptophan is the serotonin precursor [36]. The interaction between the levels
of serotonin and estrogens also underlies sex-dimorphic prevalence of the serotonin-linked diseases,
including migraine, depression, eating disorders and pregnancy-associated pathologies [36,37].

Our previous studies pointed to certain relationship between the amino acid levels in the blood
plasma and brain [23], which may be used for translation of findings on the brain samples in animal
models to human studies. For instance, increased content of tryptophan in cerebellum of pregnant
rats, shown in our study (Table 1) corresponds to the findings in humans, which indicate that in
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maternal plasma, tryptophan catabolites and related compounds change in pregnancy [38,39]. This
study suggests the neurotransmitters-dependent adaptation of maternal body to the fetus growth. As
considered above, such adaptation is obvious also from our findings (Table 1). Biomarker significance of
the amino acid levels in human plasma and urine has also been explored in other studies [40–42]. Their
findings point to the potential diagnostic significance of the changes in multivariate metabolic profiles,
including amino acids, for prediction of gestational diabetes [42]. Besides, the pregnancy-dependent
changes in the content of amino acids and their metabolites in plasma and urine point to variation of
these parameters, dependent on the increased amino acid demands for the growing fetus [40,41].

The pregnancy-induced changes in cerebellar pool of amino acids (Table 1) are associated with
different responses of cerebellar amino acid metabolism to hypoxia in the pregnant and non-pregnant
rats (Tables 2–4). Strong negative correlations between the amino acid levels and OGDHC activity,
which are a hallmark of cerebellar metabolism after hypoxia of non-pregnant rats, are not induced
by hypoxia in the pregnant rats (Tables 3 and 4). Simultaneously, hypoxia significantly increases
average levels of cerebellar amino acids in the non-pregnant rats only (Table 2). Because the observed
biochemical changes in the cerebellar metabolism of amino acids are associated with a higher resistance
to hypoxia in the non-pregnant vs. pregnant rats (Figure 1), the metabolic rearrangement in the
cerebellum of non-pregnant rats is of adaptive significance. In particular, increased flux of the amino
acids degraded through OGDHC (Glu, Gln, Arg, His, Pro) and of the branched-chain amino acids
Val and Ile may generate succinyl-CoA for the substrate level phosphorylation in mitochondria.
Generation of ATP at the expense of succinyl-CoA may help overcoming energy deficits upon hypoxia
which impairs oxidative phosphorylation. Increased degradation of amino acids in the TCA cycle
whose flux is limited by OGDHC, is in good accordance with the negative correlations between
the OGDHC activity and the levels of cerebellar amino acids after hypoxia, in contrast to normal
metabolism (Table 3). It is worth noting in this regard that hypoxic tolerance is associated with the
mTOR-dependent autophagy [43]. Increased autophagy may generate the higher amino acid levels
after hypoxia (Table 2) to use them for the substrate-level ADP phosphorylation in the hypoxic brain of
non-pregnant rats. Autophagy is also coupled to pro-survival function of mitochondrial fission under
energy stress [44–47]. However, the homeostatic and pro-survival functions of mTOR, autophagy and
mitochondrial fission are highly conditional, with overactivation of these processes also mediating the
brain damage by hypoxia [48–50].

Different levels of activation of mTOR, autophagy and mitochondrial fission may be required for
their pro-survival and death-inducing outcomes in different physiological states. In this regard, no
increase in the brain amino acid levels by hypoxic exposure of pregnant rats (Table 2) was due to a
higher damaging potential of the autophagy stimulation in this physiological state. No adaptation to
hypoxia by increased degradation of amino acids through OGDHC in pregnant rats is also evident from
the hypoxia-induced decrease in the interdependences between the levels of OGDHC activity and/or
amino acids, whereas in the non-pregnant rats hypoxia increases these interdependences (Table 4).
The different action of hypoxia in the two physiological states is obvious from comparison of the
hypoxia-induced changes in the summarized and average correlation coefficients or in the number
of significant correlations in the pregnant and non-pregnant rats (Table 4). In view of the increased
sensitivity of pregnant vs. non-pregnant rats to hypoxia (Figure 1), the stability of the biochemical
parameters in the cerebellum of the pregnant rats exposed to hypoxia (Table 2) along with the absence of
negative correlations between the OGDHC activity and levels of amino acids (Tables 3 and 4) manifest
limitations of the hypoxic adaptation through increased degradation of amino acids in the pregnant vs.
non-pregnant rats. These findings indicate that the pregnancy-imposed changes in the cerebellar amino
acid pool (Table 2) and metabolism (Tables 3 and 4) are associated with decreased stress adaptability,
in line with other studies showing decreased perception of stress in pregnant females [51–53].

It is worth noting that the response of the metabolic network of pregnant rats to hypoxia,
undetectable from the average levels of amino acids (Table 2), is evident from the correlation analysis
(Table 4). Hence, average levels of cerebellar amino acids are not as sensitive indicators of metabolic
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changes, as the cumulative parameters characterizing the interdependence of components of the
corresponding metabolic network.

It has been noted previously that correlating metabolites may not only be of diagnostic
significance [23], but also help deciphering the yet unknown or poorly characterized synthetic
and regulatory pathways [20]. In this regard, the pregnancy-induced changes in metabolic correlations
of cerebellar lysine are of interest, because gestational diabetes is associated with plasma levels of lysine
and tyrosine [54], both of them correlating to each other much stronger in cerebellum of the pregnant
than non-pregnant rats (Table 3). Besides, lysine catabolism is related to biosynthesis of homoarginine
which is elevated in normal pregnancy [13], with some studies linking its elevation to pregnancy
disorders, including preeclampsia [55]. Physiological manifestations of pre-eclampsia and eclampsia,
associated with nearly one-tenth of all maternal deaths [56], involve changed cerebral hemodynamics
and hypertensive encephalopathy [57–59], potentially linked to impaired signaling by homoarginine,
known as a predictor of cardiovascular risk and mortality [3]. Alternatively, homoarginine is synthesized
from arginine and glycine. Because these amino acids are highly correlated independent of pregnancy
and/or hypoxia (Table 3), metabolism of cerebellar lysine appears to be a more likely contributor to
specific adaptations imposed by pregnancy. This is further supported by the fact that lysine is known
as an antagonist of a serotonin receptor [60], with serotonergic signaling increased in pregnancy [36,37]
and depressed upon increased synthesis of homoarginine from lysine [61].

5. Conclusions

Markers of systemic changes in the cerebellar metabolism of amino acids were introduced,
showing decreased reactivity of the pregnancy-changed amino acids network to metabolic stress, such
as acute hypobaric hypoxia.
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Abstract: Therapies intended to mitigate cardiovascular complications cannot be applied in
practice without detailed knowledge of molecular mechanisms. Mitochondria, as the end-effector
of cardioprotection, represent one of the possible therapeutic approaches. The present review
provides an overview of factors affecting the regulation processes of mitochondria at the level of
mitochondrial permeability transition pores (mPTP) resulting in comprehensive myocardial protection.
The regulation of mPTP seems to be an important part of the mechanisms for maintaining the energy
equilibrium of the heart under pathological conditions. Mitochondrial connexin 43 is involved in the
regulation process by inhibition of mPTP opening. These individual cardioprotective mechanisms
can be interconnected in the process of mitochondrial oxidative phosphorylation resulting in the
maintenance of adenosine triphosphate (ATP) production. In this context, the degree of mitochondrial
membrane fluidity appears to be a key factor in the preservation of ATP synthase rotation required
for ATP formation. Moreover, changes in the composition of the cardiolipin’s structure in the
mitochondrial membrane can significantly affect the energy system under unfavorable conditions.
This review aims to elucidate functional and structural changes of cardiac mitochondria subjected
to preconditioning, with an emphasis on signaling pathways leading to mitochondrial energy
maintenance during partial oxygen deprivation.

Keywords: cardioprotection; mitochondria; mitochondrial permeability transition pores;
mitochondrial connexin 43; cardiolipin

1. Introduction

Mitochondria are considered to be one of the most important organelles, not only in terms
of their ability to control apoptosis [1] or necrosis [2], but also for their important participation
in cardioprotection [3]. Mitochondria can cope with energy demanding situations due to their
adaptability. The adaptation mechanisms of mitochondria are very important especially in the heart [4].
Cardiac mitochondria provide more than 90% of the total energy required for the cell [5]. Moreover,
mitochondria are able to adapt to new conditions through signaling pathways affecting membrane
remodeling, mitochondrial dynamics, or energy production [6,7].

Currently, many studies suggest that regulation of mitochondrial permeability transition pore
(mPTP) opening plays a key role in the induction of cardioprotection [8–11]. Modulation of
mitochondrial membrane fluidity through its major component, cardiolipin, or signalization via
mitochondrial connexin 43 (mtCx43) leads to myocardial energy maintenance under the conditions of
reduced oxygen utilization.
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The common denominator of cardioprotection induction seems to be the exposure of the organism
to oxygen limiting conditions [12]. The partial or complete absence of oxygen (hypoxia, anoxia) or
damage of the respiratory chain affect the changes of biochemical and metabolic processes and induce
remodeling of membrane systems [13]. A limited supply or damage in oxygen processing activates
signaling pathways that result in structural and functional changes involved in the adaptation of
myocardium to pathological conditions.

The mPTP, cardiolipin, and mtCx43 signaling pathways are calcium associated. Calcium (Ca2+)
ions as major inducers of mPTP opening show a high affinity to cardiolipin [14,15]. The process of
hypoxia and subsequent reoxygenation also affect mPTP opening coupled with regulation of Ca2+

handling and cardiolipin oxidation [16]. Similarly, mtCx43 forms Ca2+ permeable hemichannels
allowing Ca2+ entry and triggering a permeable transition leading to cell death [17]. In the following
parts of this review, we discuss the signaling pathways through mPTP regulation in cooperation with
cardiolipin and mtCx43 leading to myocardial adaptation in pseudohypoxia.

2. Cardioprotection and Mitochondrial Energetics

Myocardium is highly dependent on sufficient oxygen supply. For this reason, cardiac
mitochondria must maintain adequate oxygen to continue oxidative phosphorylation [18–20].
Mitochondrial biogenesis is increased at the metabolically active site of the cell where the consumption
of adenosine triphosphate (ATP) is increased [21,22]. Therefore, mitochondria occupy up to 35% of the
cell volume of cardiomyocytes of heart ventricles [23–25]. The oxygen consumption varies depending
on the physiological state of the organism [26]. Insufficient oxygen supply, characteristic of pathological
situations, is reflected in the reduction of energy production in cardiac mitochondria [22,27,28].
Although cardiac mitochondria are the main energy source of cells, their dysfunction contributes to
the development of a wide range of diseases [29,30]. The most common diseases, such as ischemic
heart disease [31] or diabetes mellitus [32,33], create conditions in which the organism is exposed to a
significant lack of oxygen. Partial (hypoxia) or complete (anoxia) absence of oxygen or the inability
to use available oxygen due to damage of the mitochondrial respiratory chain (pseudohypoxia) well
characterizes the disease of diabetes mellitus [34] and changes of several biochemical and metabolic
processes [32]. Therefore, attention is required to develop new therapeutic approaches directed to
mitochondria as target organelles triggering cardioprotection.

The principle of the new cardioprotective models is based on controlled oxygen restriction [35].
One of the first well known phenomena of cardioprotection is ischemic preconditioning (IPC), consisting
of several repetitions of short ischemic and subsequent reperfusion episodes that reduce myocardial
sensitivity before the next prolonged ischemic episode of the heart [36]. The duration of ischemia is
crucial for the rate of myocardial damage [37]. While the early phase of ischemia causes reversible
changes of cardiomyocyte and decreases the contractility of myocardium, prolonged ischemia (more
than 20 to 30 min) leads to irreversible changes in the metabolism, function, and ultrastructure of the
heart [30].

Although many studies have confirmed the efficacy of the classical form of IPC [38–40], attention
is drawn to an alternative method of controlled induction of short term non-lethal series of ischemic
and subsequent reperfusion impulses on specific organs or tissues remote from the heart, known as
remote ischemic preconditioning (RPC) [41]. This phenomenon provides protection of myocardium
against lethal ischemic damage [42].

An insufficient oxygen supply and nutrients in cardiomyocytes is the main cause of heart
ischemia/reperfusion (I/R) injury [43,44]. In a situation with a continuous lack of oxygen, anaerobic
glycolysis is preferred [45]. A change in substrate preference used for energy production seems to
be the key mechanism favorable for cells with a limited oxygen supply. This is one of the reasons
why partial oxygen deprivation is the main factor used in experimental models for the induction of
cardioprotection [46].
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3. Cardiac Mitochondrial Energetics in Partial Oxygen Deprivation

Oxygen deprivation is reflected in specific metabolic changes that result in a balance disorder
between fatty acids and glucose oxidation. The restriction of oxygen supply is reflected in changes
in preferences for substrates used for energy production [47,48]. In comparison with fatty acid
oxidation, a higher amount of ATP is produced by aerobic oxidation of glucose in relation to oxygen
consumption [49]. Therefore, glucose is the preferred energy substrate. Despite the fact that fatty acids
are less efficient energy substrates compared to glucose, fatty acids are the preferred source of energy
in situations associated with impaired mitochondrial function, reduced respiration, and decreased
ATP production, such as ischemia of the heart or diabetes mellitus [50].

Increasing oxidation of fatty acids in the heart reduces oxidation of glucose and vice versa.
The oxidation of fatty acids increases nicotinamide adenine dinucleotide (NADH) and acetyl-CoA
levels, which inhibit pyruvate dehydrogenase (PDH) associated glucose metabolism reduction [51,52].
The process of mutual regulation of glucose and fatty acid metabolism is called the Randle cycle [53].
However, the predominance of fatty acid oxidation during reperfusion versus glucose oxidation
negatively affects the activity of the heart [48,54]. Consequently, manipulating heart metabolism to
redirect fatty acid oxidation during reperfusion to glucose utilization may constitute a proof-of-concept
on how to preserve heart function after ischemia or hypoxia [55,56].

When a sufficient supply of oxygen is ensured, glucose is metabolized by aerobic oxidation [57].
The PDH complex metabolizes glucose to acetyl-CoA, which then enters into the Krebs cycle [58].
A limited supply of oxygen causes phosphorylation of PDH subunits, i.e., PDH inactivation, which
is reflected in the inability to metabolize glucose to pyruvate and acetyl-CoA. Then, glucose is
metabolized by anaerobic glycolysis to lactate [59,60]. This process is used mainly by cancer cells that
are permanently in anaerobic conditions [61]. Oxygen deprivation stimulates the overexpression of
hypoxia-inducible factor 1α (HIF-1α) and inactivation of PDH through pyruvate dehydrogenase kinase
1, resulting in the preference of anaerobic glucose oxidation [62–64]. This process in which the glucose
metabolism is reprogrammed from aerobic to anaerobic is known as the Warburg effect [65]. Despite
the fact that ATP production in anaerobic glycolysis is much lower, i.e., two molecules of ATP are
produced by anaerobic glycolysis, but up to 36 molecules of ATP by the oxidative phosphorylation of
one glucose molecule, anaerobic glycolysis is preferred due to low oxygen consumption [66]. Deletion
of HIF-1α affects heart function under normoxic conditions, despite the fact that the heart is protected
by HIF-1 against hypoxia [32]. Since PDH and the electron transport chain of mitochondria are the
major sources of reactive oxygen species (ROS), a preference for anaerobic glycolysis prevents the
apoptosis of cancer cells [67,68]. Moreover, continuous production of ATP is ensured by constant
glucose supply (malignancy or hyperglycemia) [69]. In addition, the process of anaerobic glycolysis is
100-times faster than oxidative phosphorylation [70]. A constant supply of small amounts of energy
with a low oxygen consumption is advantageous for immediate energy supply [71,72]. Besides that,
the function of mitochondria is considerably limited in affected cells; therefore, anaerobic glycolysis is
the major mechanism of energy production. Since cancer cells are capable of increased proliferation
even under these restricted conditions, we can consider that preference for anaerobic glycolysis
is beneficial for cells exposed to hypoxia [66,73]. According to the above, we can suppose that
cardiomyocytes from diabetic myocardium could be used to describe metabolic processes such as
those of cancer cells [63]. Diabetic myocardium is characterized by a state of pseudohypoxia, as a
result of electron transport chain damage associated with a limitation of oxidative phosphorylation
and impairment of HIF-1 activation [32]. Pseudohypoxia is described as impaired cellular oxygen
utilization capacity due to reduced levels of NAD, which may cause NADH accumulation with
NADH/NAD redox imbalances [74,75]. Therefore, anaerobic glycolysis could also be advantageous
for the cells of diabetic organisms [34,76]. Despite the known side effects of PDH inhibition, such as
diabetes mellitus [58,77–79], metabolic syndrome [80], heart failure [81], and fatty liver [82], we can
assume that cells of diabetic hearts use similar adaptation mechanisms to increase their survival.
A sufficient supply of glucose ensures a prompt and continuous production of energy. These facts
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explain the advantage of anaerobic glycolysis in a diabetic heart [52]. Another important factor is age,
which leads to dysregulation of molecular pathways linked to mitochondria. Increased apoptosis,
declined autophagy, increased disruption of mPTP, and worsened injury after hypoxic-ischemic insults
are the results of aging. The age related decrease in NAD+ contributes to substrate starvation leading
to a pseudohypoxic state [83].

4. Metabolic Preconditioning

Adaptation of the heart to altered metabolic conditions allows the maintenance of its function.
It allows the heart to meet the requirements of the body effectively [84]. One of the most commonly used
experimental models for the induction of metabolic preconditioning (MPC) is streptozotocin-induced
diabetes mellitus with positive structural and metabolic changes present during its acute phase [84–88].
The acute stage of diabetes is characterized by the inhibition of insulin secretion and decreased signaling
of insulin receptors in target cells [89]. After the seven days following streptozotocin administration,
changes induced by diabetes mellitus are fully developed, without side complication characteristics
for the chronic stage of the disease [90]. The acute phase of diabetes mellitus persists for the next three
weeks [89].

The chronic phase of streptozotocin diabetes mellitus can be induced by a longer administration
of streptozotocin, i.e., for more than 60 days. It is characterized by many complications, such as
neuropathy, retinopathy, nephropathy, microangiopathy, etc. [91].

Despite the fact that diabetes mellitus causes extensive changes in the structure and function of
cardiomyocytes, its impact is not necessarily entirely harmful. A short-term exposure of the heart
to a high glucose concentration or diabetes mellitus has proven beneficial effects against ischemic
insult [92,93]. The first evidence of a compensation effect due to diabetes was presented by a study
pointing out a better recovery of contractility of a diabetic heart after an I/R injury [94].

The acute phase of MPC induced by diabetes is characterized not only by metabolic changes [84],
but also by positively affecting the heart efficiency and its sensitivity to pathological stimuli, remodeling
the cardiomyocyte membrane, as well as cardiac mitochondria [95,96]. Indeed, remodeling has a
central role in maintaining or repairing the heart tissue [97].

5. Involvement of Mitochondrial Connexin 43 in Cardioprotection

It has been well established that the modulation of membrane channel protein “connexin 43” (Cx43),
the most abundant connexin in the heart [98], could have various cardioprotective effects [99–102].
The association of six subunits of Cx43 results in the formation of hemichannel “connexon” [103].
After transportation in secretory vesicles to the plasma membrane, two opposing connexons from
adjacent cells create the “Cx channel”. Thousands of Cx43 channels aggregate into gap junction plaques
at the intercalated disks [104,105]. This direct connection between two adjacent cells provides electrical
and metabolic cell-to-cell coupling [106]. Cx43 hemichannels are not only precursors for Cx43 channels,
but can also exist as non-junctional hemichannels at the plasma membrane and can contribute to
volume regulation, to the release of ATP and NAD+ from the cytosol, and the activation of cell survival
pathways [107]. In addition to predominantly localized Cx43 at the intercalated disks, 4% Cx43 is
present in mitochondria due to translocation from cardiomyocytes [108,109].

MtCx43 in the cardiomyocytes is situated in the inner mitochondrial membrane (IMM) of
subsarcolemmal mitochondria (SSM) where it forms an mtCx43 hemichannel [110,111]. MtCx43
import to the IMM of SSM is mediated by the interaction between Cx43 with the heat shock protein 90
(HSP90) and translocase of the outer membrane 20 [109]. The physiological role of mtCx43 is not fully
clarified, but some studies support its involvement in the regulation of K+ fluxes [112], mitochondrial
respiration [113], oxygen consumption [111,112], mitochondrial redox state [114], and in mitochondrial
Ca2+ homeostasis [115] (Figure 1). In this context, it is understandable that mtCx43 is attributed
to cardioprotection.
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Figure 1. Diagram of signaling pathways affecting mitochondrial permeability transition pores (mPTP)
regulation in preconditioned and pathological myocardium. For details, see the text.

The implication of mtCx43 in the cardioprotective pathway of IPC has been mostly
elucidated [109,111,116]. The protein level of mtCx43 very rapidly increased in response to IPC
and was maintained for at least 90 min in a pig model of IPC [108], whereas attenuation of mtCx43
was associated with lost IPC cardioprotection [108]. Evidence that mtCx43 is implicated in this
mechanism was also demonstrated in an experiment by Heinzel et al. in 2015, where pharmacological
preconditioning by diazoxide mediated by gating of mitochondrial ATP sensitive potassium channels
(KATP) and protein kinase C activation [117] was repealed in cardiomyocytes isolated from mice with
a reduced Cx43 level. Mitochondrial KATP channels have also a key role in mitochondrial physiology
and potential effects on several pathological processes, thanks to their involvement in cellular energetic
status by regulation of organelle volume and function [118].

Indeed, diazoxide affects the generation of ROS necessary in low amounts as trigger molecules
of IPC [119]. In the experimental model of Cx43-deficient mice, nitric oxide (NO) production was
significantly lower compared to wild type control mice [120]. Increased S-nitrosation of mtCx43 by
IPC elevated mitochondrial permeability and subsequently ROS formation [121]. Moreover, diazoxide
modulates the opening of the mPTP [122]. The relationship between mtCx43 and mPTP has been
elucidated. In this study, pharmacological inhibition of mtCx43 induced opening of mPTP in SSM by
increased levels of Ca2+ [123]. Another study with IPC abolishment in which reduction of mtCx43
was induced by geldanamycin (which prevents translocation of Cx43 to mitochondria by blocking the
HSP90 dependent pathway) confirmed that only mtCx43 is implicated in this cardioprotection [124].
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MtCx43 can also be implicated in cardioprotection by interaction with proteins related to mitochondrial
fraction and metabolism. MtCx43 interacts with the apoptosis inducing factor (AIF) involved in
oxidative phosphorylation and redox control. Interestingly, AIF deficient mice had the same pattern
of changes in ROS generation and mitochondrial complex 1 activity as Cx43 deficient mice [113].
In cardiomyocytes with overexpression of Cx43, only complex I respiration was increased, while
complex II remained unchanged [113]. A close relationship between mtCx43 and with anti- and
pro-apoptosis markers Bcl-2 and Bax was observed. In this experiment, elevated levels of mtCx43
were accompanied by the upregulation of Bcl-2 and inhibition of Bax in the cardiac mitochondria after
hypoxic postconditioning [125].

6. The Role of Cardiolipin in Heart Mitochondrial Signaling

Cardiolipin, as a unique phospholipid, is an important component of the IMM [126,127]. It is
a relevant indicator of mitochondrial membrane fluidity damage [128]. Due to the localization of
respiratory enzymes and oxidative phosphorylation in the IMM, maintaining a positive membrane
fluidity remodeling is essential to ensure the bioenergetic processes of the cell [95,129–131] (Figure 1).
The fluidity of the mitochondrial membrane is an important part of endogenous protective
mechanisms, especially in pathological conditions such as diabetes mellitus [34], ischemia-reperfusion
damage [132,133], and hypercholesterolemia [130]. Maintaining membrane fluidity under load
conditions at the control level improves ATP transport from the mitochondrial matrix to the cytosol of
cardiomyocytes [130]. The sustainability of phospholipid composition in the mitochondrial membrane
results in the proper mitochondrial function and structure, phospholipid metabolism, and energy
transport [134].

Changes in the composition of the cardiolipin structure, content, and acyl chain are associated
with mitochondrial dysfunction in the tissues of certain pathophysiological conditions, including
apoptosis [125], ischemia [135], I/R [136], in various stages of thyroid disease [137,138], diabetes
mellitus [139], aging [140], and heart failure [135,141].

Cardiolipin is an oxidatively sensitive phospholipid, particularly to ROS [142], due to a high
content of unsaturated fatty acids [143]. Oxidative damage of cardiolipin negatively affects the
biochemical function of mitochondrial membranes [127], which is reflected in the alteration of the
membrane fluidity, ion permeability, as well as the structure and function of the electron transport
chain. These alterations lead to a reduced oxidative phosphorylation efficacy of mitochondria [144,145].

Cardiolipin contributes to the protein function in the IMM and maintains the integrity and flow
of the electron transport chain, including anionic carriers and respiratory chain complexes [146,147].
Cardiolipin is specifically required for electron transfer in mitochondria respiratory chain complex
I [136]. Respiratory complex III of the mammalian chain contains bound cardiolipin molecules that are
essential for the enzyme activity [148]. ROS induced oxidative damage of cardiolipin in mitochondria
may be responsible for the observed defect in the activity of complex III [149]. Similarly, complex IV
contains tightly bound cardiolipin whose removal results in a change of its structure and function [150].

Today, many diseases in which mitochondrial dysfunction has been associated with cardiolipin
peroxidation have been described [151]. It seems that a high concentration of Ca2+ has a negative
impact on mitochondrial function related to the cardiolipin peroxidation. A high concentration of
Ca2+ together with cardiolipin peroxidation participates in mPTP opening [127]. It has been suggested
the cardiolipin associated with the adenine nucleotide translocator (ANT) may be the site at which
Ca2+ binds and activates mPTP opening. Binding of Ca2+ to ANT surrounding cardiolipins enhances
the mobility of ANT-Cys56, which could be a potential pathway of Ca2+ for induction of mPTP
opening [152] (Figure 1).

The accumulation of oxidized cardiolipin in the outer mitochondrial membrane (OMM) contributes
to mPTP opening, which is also accompanied by the release of cytochrome c (Cyt c) from mitochondria
into the cytosol [153]. The role of cardiolipin in Cyt c releasing from mitochondria seems to be very
important in the process of apoptosis [154,155].
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Cardiolipin is required to maintain the proper function of ATP synthase and facilitate its rotation,
which is supported by the transmembrane proton gradient [156,157]. Cardiolipin is involved in
mPTP control via affecting the function of ATP synthase [158,159]. Positive mitochondrial membrane
remodeling is associated with an increased membrane fluidity, as well as increased mitochondrial ATP
synthase activity in streptozotocin induced pseudohypoxic acute diabetic conditions [160].

7. The Role of Mitochondrial Permeability Transition Pores in Signaling Processes of
Cardioprotection

Substantial evidence has revealed that the mPTP are associated with the signaling pathway of
cardioprotective models and seem to be an end-effector of cardioprotection [161,162]. It has been
shown that the inhibition of mPTP opening not only provides a protective strategy against reperfusion
injury [163], but is also a key point in cardioprotective mechanisms such as IPC or MPC [164–166]
(Figure 1). The cardioprotective effect of RPC has been associated with the inhibition of mPTP
formation [44]. Transient mPTP opening, which allows the release of Ca2+ from the mitochondria into
the matrix, appears to be a key mechanism in MPC [167].

Under physiological conditions, the mPTP are closed or not present. Their opening
is associated with postischemic reperfusion, when the perturbations in intracellular Ca2+

homeostasis, ROS accumulation, and a reduction of mitochondrial membrane potential (Δψ) are
characteristic [168,169]. The massive opening of mPTP results in an increase in IMM permeability and
the entry of metabolites into the mitochondrial matrix, which leads to mitochondrial swelling, collapse
of Δψ, reduction in the efficiency of ATP production by uncoupling the electron transport system
from oxidative phosphorylation [170–172], and cell death [10,168]. mPTP remain closed due to low
intracellular pH (<7.0) during ischemia, but they are opened during the first minutes of reperfusion
associated with the normalization of pH, which causes irreversible heart damage [162,173,174].
Although mPTP are associated with mitochondrial damage and cell death, transient mPTP opening
represents one of the physiological processes that is used in the mitochondria of healthy cells [170].
In the heart, transient mPTP opening during preconditioning could be a protective tool that ensures a
physiological role during damage [175]. It is believed that transient mPTP opening releases Ca2+ from
the mitochondrial matrix to maintain mitochondrial homeostasis. Transient mPTP opening is also
associated with a temporary increase in ROS as signaling molecules [176].

Increased mPTP production has also been reported in the experimental model of acute diabetes
mellitus [177]. The increased formation of mPTP is presented as a compensating mechanism that
facilitates the transfer of ATP molecules from the mitochondria into the cytosol, where energy supply
is currently needed. Residual mitochondrial ATP production due to its increased cytosolic transfer
has been shown to be adequate to maintain sufficient levels of adenine nucleotides in acute diabetic
myocardium [34]. The inhibition of mPTP opening may also be achieved by pharmacological drugs.
The development of inhibitors, except of a prototype compound such as cyclosporine A (CsA),
is limited by side effects and a low therapeutic efficacy [178]. Similarly, there is evidence of a protective
mechanism of mPTP inhibition against cancer cell survival and proliferation. mPTP has become a
promising strategy for improving cancer therapies [179].

In studies by Heather et al., SSM was adapted to hypoxic conditions and thus mitochondria acquired
increased resistance to oxidative damage under conditions of limited oxygen supply. These hypoxia
mediated changes induced functional adaptation of mitochondria to a certain dose of stress, resembling
the mechanism of the preconditioning effect [180].

mPTP represent a protein complex whose molecular composition remains unexplained.
The new knowledge about the structure and regulation of this mitochondrial pore comes annually.
The hypothesis about the nature of mPTP suggests that their number is increasing after a conformational
change in ATP synthase after binding of Ca2+ [181,182]. This change should lead to the opening of the
hidden megachannel. It has been discussed whether the role of ATP synthase can be changed from a key
energy producing enzyme to an energy dissipating channel that leads to cell death [182]. ATP synthase,
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together with a phosphate carrier protein (PiC) and ANT, is organized into supramolecular units
called synthasomes, which increases the efficiency of ATP production [14,183]. Cyclophilin D (CypD)
regulates mPTP, as well as the dynamics of the synthasome, depending on the bioenergy state of
mitochondria [184]. Cardiolipin oxidation can disrupt the interactions between the components of
the ATP synthasome, which can cause destabilization in this supercomplex, thereby promoting mPTP
opening [185].

However, a study by Carroll et al. denied the idea of ATP synthase as the main structural
component of mPTP. mPTP opening also occurred after deletion of selected ATP synthase subunits
after Ca2+ overload. Based on these findings, the authors unlikely considered that ATP synthase
and its subunits are involved in the mPTP structure [186]. Interestingly, new findings confirmed the
participation of ANT in the mPTP structure. Results achieved by Karch et al. supported the idea
about ANT dependent mPTP activity, which is regulated by CypD. ANT dependent mPTP is activated
in response to higher mitochondrial matrix Ca2+ levels, which means independently of CypD [187].
Many question marks hang over the mPTP structure, again.

8. Unregulated Mitochondrial Permeability Transition Pore Opening

The prolonged mPTP opening results in disruption of the mitochondrial ultrastructure, halting
of mitochondrial energy, and ATP synthesis, resulting in a variety of diseases, currently without
successful treatment [188]. The unregulated mPTP opening and the consequent oxidative damage
are considered as the major mechanisms of mitochondrial energetic dysfunction, which ultimately
lead to cell death [8,189]. mPTP opening has an impact on the release of Cyt c from mitochondria,
which is associated with pathophysiological situations such as I/R injury, aging, and other degenerative
diseases [127]. One of the independent risk factors that may cause structural, molecular, and biochemical
changes is aging. Aging increases CypD expression and its interaction with ATP synthase leading to a
higher risk of mPTP opening. Thus, mPTP are important factors controlling mitochondrial function
affected by aging [190]. Cardioprotective mechanisms, such as preconditioning, could be also impaired
by aging and lead to defects in protective cell signaling. In a study by Griecsova et al., the efficacy of
preconditioning was attenuated in mature adult rats in contrast with younger animals. Increasing age
caused the decrease of heart ischemic tolerance, as well as changes in cellular expression of proteins
involved in the protective signaling [191]. Age related disorders are also associated with increased ROS
production and dysregulation of intracellular Ca2+ levels, resulting in mPTP opening [192]. mPTP
are opened during reperfusion after previous ischemic injury of the heart, leading to myocardial
damage [193]. Likewise, disruption of Ca2+ homeostasis in addition to myocardial I/R injury also
occur in neurodegenerative diseases that lead to mPTP opening [194]. Chronic diseases such as
diabetes or hypertension cause changes in mitochondrial bioenergetics manifested by inhibition of
respiratory chain complex activity, increased proton leakage from the IMM, increased ROS production,
and Ca2+ overload resulting in mPTP opening [8,172,195]. It has been found that the prevention of
mPTP opening by mPTP inhibitors would be beneficial in a wide range of therapeutically challenging
diseases. Therefore, significant effort is being made to develop mPTP specific inhibitors that would
overcome the major disadvantages of CsA. Further studies are needed to progress from research to
therapeutics [188,196].

9. Conclusions

In conclusion, here we emphasize the necessity of maintaining a proper function of cardiac
mitochondria even in situations with limited oxygen supply, such as heart ischemic disease. Since it
is known that mitochondria have a crucial role in the adaptation process of the heart in unfavorable
conditions, the idea of a positive effect of partial oxygen deprivation was studied in new therapeutic
approaches. The expression of hypoxic genes and the preference of anaerobic glycolysis associated
with the regulation of mPTP are considered as the key mechanisms. The previous findings suggest that
not only functional, but also structural changes in cardiac mitochondria are involved in the adaptation
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process. This knowledge is supported by the relation of mitochondrial membrane composition and
functional properties of the heart. The composition of the cardiolipin structure, the amount of mtCx43,
and the degree of mitochondrial membrane fluidity affect the formation and opening of mPTP, which
is reflected in ATP synthase activity and mitochondrial survival.
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Abstract: Our data first represent the variety of Leber’s hereditary optic neuropathy (LHON) mutations
in Western Siberia. LHON is a disorder caused by pathogenic mutations in the mitochondrial
DNA (mtDNA), inherited maternally and presents mainly in young adults, predominantly males.
Clinically, LHON manifests itself as painless central vision loss, resulting in early onset of disability.
The epidemiology of LHON has not been fully investigated yet. In this study, we report 44 genetically
unrelated families with LHON manifestation. We performed whole mtDNA genome sequencing and
provided genealogical and molecular genetic data on mutations and haplogroup background of LHON
patients. Known “primary” pathogenic mtDNA mutations (MITOMAP) were found in 32 families:
m.11778G>A represents 53.10% (17/32), m.3460G>A—21.90% (7/32), m.14484T>C–18.75% (6/32),
and rare m.10663T>C and m.3635G>A represent 6.25% (2/32). We describe potentially pathogenic
m.4659G>A in one subject without known pathogenic mutations, and potentially pathogenic
m.6261G>A, m.8412T>C, m.8551T>C, m.9444C>T, m.9921G>A, and m.15077G>A in families with
known pathogenic mutations confirmed. We suppose these mutations could contribute to the
pathogenesis of optic neuropathy development. Our results indicate that haplogroup affiliation
and mutational spectrum of the Western Siberian LHON cohort substantially deviate from those of
European populations.

Keywords: LHON; Siberian population; ancient mutation; specific genetic background

1. Introduction

Leber’s hereditary optic neuropathy (LHON) is a form of hereditary disorder caused by pathogenic
mutations in mitochondrial DNA. These mutations are non-synonymous, and affect genes coding for
different subunits of complex I of the mitochondrial respiratory chain. The occurrence of such kinds of
mutations in mtDNA subunits leads to dysfunction of the electron transport, increased reactive oxygen
species production, and defective ATP synthesis [1–3]. Retinal ganglion cells are highly susceptible
to death during LHON progression, because of their high sensibility to disrupted ATP production
and oxidative stress [4]. Therefore, LHON is usually painless, acute, or subacute, central visual loss
of one or both eyes, which results in early onset of disability. The onset of Leber’s hereditary optic
neuropathy is relatively rare and has better visual prognosis. The peak age of onset of visual loss among
LHON carriers is 20–30 years old [5]. In some cases, LHON patients have been reported as having
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additional neurologic, cardiac, and endocrine disorders [6–8]. Leber’s disease is maternally inherited
and manifests itself in youth predominantly (~50% of man and ~10% of women). Interestingly, this sex
predilection cannot be explained by the principles of mitochondrial inheritance [4].

At the present time, a number of mtDNA point mutations have been described, but the most
prevalent are m.3460G>A, m.11778G>A, and m.14484T>C, accounting for about 90% of cases of LHON
worldwide. The prevalence of each mutation varies among different populations, but the average is
69–92% for m.11778G>A, and 3–19% for m.14484T>C and m.3460G>A [9–14]. However, there are
significant deviations from the average in some populations, for example, among French Canadians
87% of cases are due to m.14484T>C as a result of a founder effect [15]. Moreover, phenotypic expression
of these primary mutations has been found to vary in different populations and different pedigrees.
This incomplete penetrance suggests that other factors, such as mtDNA haplogroup background,
nuclear genetic background, and environmental factors, may influence the modulation of phenotypic
expression and severity of the disease [16–18].

Consequently, the worldwide prevalence of LHON varies in different populations and is
unknown for the majority of them. This prevalence is estimated to range between 1:30,000 and
1:50,000 [19,20]. The epidemiology of LHON has not been fully investigated in Russian Federation,
and our previous studies included the description of isolated cases [21–23]. Hence, in the present study,
we report 44 genetically unrelated LHON families, performed whole mtDNA sequencing, and provide
molecular genetic data on mutations and the haplogroup background of LHON patients in the Western
Siberian population.

2. Materials and Methods

2.1. Subjects

This study was approved by the Ethics Committee IRB 00001360 affiliated with Vector State
Research Center of Virology and Biotechnology (SRC VB Vector), Novosibirsk, Russian Federation.
The total number of subjects in the study is 168 individuals from 44 unrelated families (85 affected
and 83 healthy carriers), including 17 cases from our previous studies [21–23]. The clinical follow-up
of LHON patients has been carried out by the Novosibirsk Branch of Federal Eye Microsurgery
Department since 1997, conducted by one of the authors. The clinical diagnosis was based on
a combination of symptoms and signs: painless acute or subacute central vision loss; fundus changes;
and visual field abnormality, such as pseudopapilledema, optic nerve atrophy, and central or centrocecal
scotoma. All the individuals made an informed decision to take part in the study and provided
written consent. Family history was taken in each case to identify maternal inheritance of symptoms.
The complete mtDNA genomes were sequenced for the family’s probands, and for the other individuals
the certain mutations were confirmed by sequencing of associated mtDNA regions.

2.2. MtDNA Analysis

Whole peripheral blood samples were collected from the donors in 10 mL Vacutech EDTA tubes.
Total DNA was extracted from a buffy-coat layer using the SileksMagNA-G Blood DNA Isolation
kit, according to the manufacturer’s protocols. The complete sequencing procedure entailed PCR
amplification of 22 overlapping mtDNA templates [24], which were sequenced in both directions
with BigDye 3.1 terminator chemistry (PE Applied Biosystems, Foster City, CA, United States).
The trace files were analyzed with Sequencher (version 4.5 GeneCode Corporation) software. To
perform capillary electrophoresis on an ABI Prism 3130XL DNA Analyzer, we used core facilities
of the “Genomika” Sequencing Center (SBRAS, Novosibirsk, Russian Federation). Variants were
scored relative to the Reconstructed Sapiens Reference Sequence, RSRS [25]. MtDNA haplotypes
were identified following the nomenclature suggested by the PhyloTree Build 17 [26]. Forty-two
mitochondrial genomes obtained through this study were deposited in GenBank with accession
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numbers MN413201–MN413242. Two genomes, EU807741.1 and EU807742.1, had been deposited to
the GenBank earlier [21].

2.3. Penetrance Analysis

We determined penetrance as the proportion of affected individuals from all maternally
related family members using family pedigrees [19]. Values for both men and women were
calculated separately.

2.4. Analysis of Pathogenicity for Non-Synonymous Mutations

To make sure that the revealed non-synonymous mtDNA mutations were not sequencing errors
or to not point out to general population polymorphisms, and in turn to find out the disease-associated
polymorphisms among those published earlier, we used several databases: MITOMAP [27]; mtDB
(Human Mitochondrial Genome Database, containing 2704 human mitochondrial genomes) [28]; and
HmtDB (Human Mitochondrial DataBase), which contains 32922 human mitochondrial genomes [29].
To assess the possible pathogenicity of these mutations, and to predict whether a protein sequence
variation affects protein function, we used the following web applications: MutPred 1.2 [30], MutPred
2 [31], PolyPhen–2 [32], PROVEAN (Protein Variation Effect Analyzer) [33], and SIFT (Sorting Intolerant
from Tolerant) [34]. All the sources are provided in the public domain.

3. Results

From 44 LHON families, 32 harbored a primary mutation; the results are shown in Table 1. Among
families with a primary mutation, the m.11778G>A represented 53.10% (17/32), m.3460G>A was 21.90%
(7/32), and m.14484T>C represented18,75% (6/32). Rare m.10663T>C and m.3635G>A represented
6.25% (2/32) of the families.

Table 1. Summary data for examined Leber’s hereditary optic neuropathy (LHON) and LHON-like
(without primary mutations) families. Age of onset of visual loss vary between families/patients; the
peak age of onset is ~20–30 years old. Some families were published previously * [23]; ** [22]; *** [21].

No.
Family
Name

Ethnicity in
Maternal Line

Number of
Examined

Individuals
(Affected/Healthy)

Family
History of

Visual Loss

Primary
LHON

Mutation
(MITOMAP)

mtDNA
Haplogroup

1 L18 * Altaian 4 (2/2) No m.3460G>A D4p

2 L24 * Tuvinian 19 (7/12) Yes m.3460G>A C5d1

3 L25 * * * Russian 5 (3/2) Yes m.3460G>A D5a2a2

4 L41 German 2 (1/1) No m.3460G>A H40a

5 L57 -/- 1 (1/0) Yes m.3460G>A V1a1

6 L58 -/- 2 (1/1) Yes m.3460G>A J1c3

7 L61 -/- 4 (2/2) Yes m.3460G>A H1b1

8 L30 * * * -/- 19 (11/8) Yes m.3635G>A J2b1c1

9 L2 * * -/- 6 (2/4) Yes m.10663T>C J1c4

10 L1 * Russian 9 (1/8) Yes m.11778G>A T2b

11 L3 * -/- 4 (1/3) Yes m.11778G>A T2d1b1

12 L5 * -/- 1 (1/0) Yes m.11778G>A J1c2i

13 L12 * -/- 2 (1/1) No m.11778G>A J2b1a1

14 L14 * -/- 5 (2/3) No m.11778G>A T2b28
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Table 1. Cont.

No.
Family
Name

Ethnicity in
Maternal Line

Number of
Examined

Individuals
(Affected/Healthy)

Family
History of

Visual Loss

Primary
LHON

Mutation
(MITOMAP)

mtDNA
Haplogroup

15 L23 * Azerbaijani 1 (1/0) Unknown m.11778G>A J2b1

16 L26 * -/- 13 (8/5) Yes m.11778G>A J1c7a

17 L27 * * * -/- 11 (2/9) Yes m.11778G>A H2a5b

18 L28 * * * -/- 9 (2/7) Yes m.11778G>A T2b8

19 L38 Ukrainian 2 (2/0) Yes m.11778G>A J1c2c2a

20 L39 Unknown 2 (1/1) No m.11778G>A V

21 L42 Belarusian 2 (1/1) Yes m.11778G>A H1c

22 L43 Russian 3 (1/2) No m.11778G>A H

23 L49 Unknown 1 (1/0) No m.11778G>A K1c

24 L52 Russian 3 (1/2) No m.11778G>A J1c2

25 L53 Unknown 3 (1/2) Unknown m.11778G>A H1b2

26 L60 Russian 2 (1/1) No m.11778G>A H1b2

27 L10 * -/- 8 (3/5) Yes m.14484T>C M9a1a1c1a

28 L17 * -/- 8 (4/4) Yes m.14484T>C J1c2c1

29 L32 Unknown 1 (1/0) Unknown m.14484T>C V

30 L40 Albanian 1 (1/0) Yes m.14484T>C H

31 L47 -/- 1 (1/0) No m.14484T>C J1c5a1

32 L50 Unknown 1 (1/0) Unknown m.14484T>C U5a2b1c

33 L6 -/- 2 (2/0) No - U4a1d

34 L8 Unknown 1 (1/0) No - U2e1

35 L9 Russian 2 (2/0) Yes - U5a1b1c1

36 L20 -/- 3 (2/1) Yes - U4b1b1

37 L31 * * * -/- 3 (2\1) Yes - U3b1b

38 L45 -/- 2 (1/1) No - U5a2e

39 L46 -/- 2 (1/1) No - H13a1d

40 L51 Unknown 1 (1/0) Unknown - U2c1b

41 L54 Russian 2 (1/1) No - U4a2a

42 L56 -/- 2 (1/1) No - J1c1b1

43 L59 Ukrainian 2 (1/1) No - V7a

44 L62 -/- 1 (1/0) Yes - H

According to the family pedigrees, only 50% (22/44) of cases had a family history of vision loss in
the maternal lineage in more than one generation, among which m.11778G>A represented 36% (8/22),
m.3460G>A covered 23% (5/22), and the m.14484T>C was 14% (3/22), as well as those without primary
mutations (LHON-like cases), which represented 18% (4/22). Rare mutation cases (m.10663T>C and
m.3635G>A) were family–inherited. In total, 39% (17/44) of cases were sporadic, among which 13 were
cases with only one affected person diagnosed, and four were cases with two affected persons in one
generation. Among the sporadic cases, m.11778G>A represented 41% (7/17), m.3460G>A was 12%
(2/17), m.14484T>C was 6% (1/17), and the LHON-like cases represented 41% (7/17) of the total.
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Summary information on penetrance is shown in Table 2. The penetrance is highly variable
between separate families, even with the same primary mutation. The average penetrance among men
was 32% (6–100%) and 12% among women (0–58%); these correlate with data previously published [4].
However, there are some families with higher penetrance among females than among males: L24, L26,
and L28.

Table 2. Summary information about penetrance.

m.11778G>A (n = 15) m.14484T>C (n = 4) m.3460G>A (n= 7) Average

Males 34% 46% 15% 32%

Females 12% 12% 10% 12%

In 12 families with clear-cut LHON phenotypes, no pathogenic mtDNA mutations were found.
Analysis of the mtDNA revealed non-synonymous mutations: m.4766A>G, m.13105A>G, m.14002A>G,
which have not been noted as associated with LHON or other diseases in the MITOMAP database.
All pathogenicity prediction tools indicated low probability that the amino acid substitutions are
disease-associated for these mutations. Mutation m.4659G>A has been previously reported as being
associated with Parkinson’s disease [35], as well as in an Australian LHON pedigree that was
heteroplasmic for the m.14484T>C [36]. Polyphen-2 predicted the pathogenicity for this mutation as
benign and MutPed 2 showed low probability score, but MutPred 1.2, PROVEAN, and SIFT determined
this mutation as deleterious. The results are shown in Table 3.

Table 3. Non-synonymous mutations revealed in LHON-like cases. Known primary mutations
(m.3460G>A, m.3635G>, m.10663T>C, m.11778G>A, and m.14484T>C) are placed in bold to
demonstrate distinction between different prediction algorithms and frequencies in general population
for pathogenic mutations. A MutPred 1.2 score > 0.75 and a Mutpred 2 score > 0.50 would
suggest pathogenicity.

Mutation
Protein-Coding

Region of
mtDNA

Amino Acid
Substitution

PolyPhen
– 2 Score

MutPred
1.2/2
Score

(Cutoff
0.75/0.50)

PROVEAN/SIFT
Pathogenicity

Prediction

Frequency
in General
Population

(as per
mtDB)

Frequency
in General
Population

(as per
HmtDB)

Family

m.14002A>G ND5 T556A 0.002
(benign) 0.387/0.059 Neutral/

Tolerated 0.0037 0.00289 L45

m.4766A>G ND2 M99I 0.001
(benign) 0.571/0.225 Neutral/

Tolerated 0 0.00009 L46

m.4659G>A ND2 A64T 0.029
(benign) 0.790/0.256 Deleterious/

Damaging 0.0011 0.00161
L51

m.13105A>G ND5 I257V 0.001
(benign) 0.198/0.032 Neutral/

Tolerated 0.0612 0

m.3460G>A ND1 A52T
1.000

(probably
damaging)

0.789/0.418 Neutral/
Damaging 0.0097 0.00058 -

m.3635G>A ND1 S110N
0.999

(probably
damaging)

0.873/0.493 Deleterious/
Damaging 0 0.00027 -

m.10663T>C ND4L V65A
0.946

(probably
damaging)

0.604/0.694 Deleterious/
Damaging 0 0.00003 -

m.11778G>A ND4 R340H
0.999

(probably
damaging)

0.919/0.494 Deleterious/
Damaging 0.0097 0.0034 -

m.14484T>C ND6 M64V
0.993

(probably
damaging)

0.618/0.787 Neutral/
Damaging 0.0026 0.00146 -

In several families with primary mutations (L01, L03, L12, L28, L30, L40, L43, and L50) we
found out additional, non-synonymous mutations (Table 4). Mutations m.8875T>C, m.14582A>G,
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m.8400T>C, and m.4639T>C were neutral, and mutation m.9444C>T had a high probability of being
pathogenic, according to data from all the pathogenicity prediction tools; for other mutations, we
observed divergence of prediction results. Since prediction results for primary pathogenic mutations
diverged too (see Table 3), novel non-synonymous nucleotide change was considered potentially
pathogenic if it had extremely low frequency in the general population, and if it was predicted
by at least three algorithms to have an effect on protein function. For mutations m.6261G>A and
m.15468C>T, only PolyPhen2 predicted pathogenicity as probably damaging and possible damaging,
respectively. However, mutation m.6261G>A had already been reported by Abu-Amero [37] in patients
with optic neuropathy, and also as a somatic mutation associated with prostate cancer. Interestingly,
the family (L01) with m.6261G>A and m.11778G>A has the same haplogroup, T2, as the case reported
by Abu-Amero. Other mutations (m.8412T>C, m.8551T>C, m.9921G>A, m.15077G>A) were predicted
as pathogenic by at least by three algorithms, but the first three of them have not been noted as
associated with diseases in the MITOMAP database, and mutation m.15077G>A was reported as being
associated with maternally-inherited isolated deafness [38].

Table 4. Additional, non-synonymous mutations revealed in LHON cases. All these mutations still
have no the status of “primary LHON mutations”. A MutPred 1.2 score > 0.75 and a Mutpred 2 score >
0.50 would suggest pathogenicity.

Mutation
Protein-Coding

Region of
mtDNA

Amino Acid
Substitution

PolyPhen–2
Score

MutPred
1.2/2
Score

(Cutoff
0,75/0,50)

PROVEAN
/SIFT

Prediction

Frequency
in General
Population

(mtDB)

Frequency
in General
Population
(HmtDB)

Family

m.6261G>A CO1 A120T
0.998

(probably
damaging)

0.491/0.324 Neutral/
Tolerated 0.0048 0.00553 L01

m.8875T>C ATP6 F117L 0 (benign) 0.251/0.429 Neutral/
Tolerated 0.0007 0.001276 L03

m.9921G>A CO3 A239T 0.009
(benign) 0.543/0.624 Deleterious/

Damaging 0.0011 0.00082 L12

m.15468C>T CYB T241M
0.890

(possible
damaging)

0.245/0.079 Neutral/
Tolerated 0.0004 0.00043 L28

m.8551T>C ATP6 F9L
0.976

(probably
damaging)

0.676/0.418 Deleterious/
Damaging 0.0007 0 L30

m.14582A>G ND6 V31A 0.003
(benign) 0.245/0.181 Neutral/

Tolerated 0.0086 0.00571 L40

m.8400T>C ATP8 M12T 0 (benign) 0.504/0.118 Neutral/
Tolerated 0.0011 0.00052

L43
m.9444C>T CO3 R80W

0.999
(probably

damaging)
0.875/0.586 Deleterious/

Damaging 0 0

m.4639T>C ND2 I57T 0.001
(benign) 0.297/0.047 Neutral/

Tolerated 0.0082 0.00395

L50m.8412T>C ATP8 M16T
0.711

(possible
damaging)

0.677/0.542 Deleterious/
Tolerated 0 0.00039

m.15077G>A CYB E111K
0.992

(probably
damaging)

0.684/0.331
Deleterious/

Damaging (low
confidence)

0.0007 0.00213

Phylogenetic analysis illustrates that Siberian carriers of pathogenic LHON mutations are unrelated
and belong to different maternal lines. In rare cases (4/44), m.3460G>A and m.14484T>C belong
to East Eurasian M8, M9, and D haploclusters (Figure 1). The classic (m.3460G>A, m.11778G>A,
m.14484T>C) and rare LHON-causing mutations occur mostly in the mtDNA background of West
Eurasian haploclusters H’V (Figure 2), J’T and U’K (Figure 3).
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Figure 1. Phylogenetic tree based on the complete mtDNA genome sequences of pedigree probands
with pathogenic LHON mutations (M8, M9, and D haploclusters). The non-synonymous coding
region variants are denoted by “ns” (known pathogenic mutations designated in bold). Mutations
are transitions unless a specific base change was specified; deletions are denoted by “del”; underlined
mutations are recurrent.

Figure 2. Phylogenetic tree based on the complete mtDNA genome sequences of pedigree probands
with pathogenic LHON mutations (H’V haplocluster). The non-synonymous coding region variants
are denoted by “ns” (known pathogenic mutations designated in bold). Mutations are transitions
unless a specific base change was specified; deletions are denoted by “del”; underlined mutations
are recurrent.
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Figure 3. Phylogenetic tree based on the complete mtDNA genome sequences of pedigree probands
with pathogenic LHON mutations (J’T, and U’K haploclusters). The non-synonymous coding region
variants are denoted by “ns” (known pathogenic mutations designated in bold). Mutations are
transitions unless a specific base change was specified; deletions are denoted by “del”; underlined
mutations are recurrent.

4. Discussion

4.1. Leber’s Hereditary Optic Neuropathy Primary Mutations

Regarding our preliminary data, the frequencies of primary mutations are different from
frequencies reported for Europe and Asia. The most prevalent m.11778G>A (~55%) is less common
in Western Siberia than in Europe, at ~69% [9]; as well as in China and Japan, at ~90% [10,13].
The prevalence of m.3460G>A (~24%) is twice as much as in Europe, but m.14484T>C (~14%) do not
deviate from those of other European populations [9].

In 12 families with LHON-like manifestation, no known pathogenic mtDNA mutation was found.
However, there are other elaborations in which the clinical diagnosis cannot be confirmed by molecular
genetic analysis [37,39–41]. Definitively, mtDNA mutation-caused LHON is clinically indistinguishable
from the other forms of optic neuropathy, such as a dominant optic neuropathy (DOA), especially
when it is sporadic. Compared to LHON, DOA visual loss is detected between ages 4 and 6 in the
majority of patients, and 58–84% of patients with DOA report visual impairment by age 11 [42]. In our
12 cases, the ages of onset were between 13–36 years. We will be studying these cases for the mutation
spectrum of common pathogenic genes for DOA in future.

4.2. Penetrance

We suppose that relatively reduced incidence of LHON in Western Siberia is associated
with incomplete penetrance and diagnostic difficulties of atypical (e.g., late-onset) and combined
(e.g., multiple sclerosis) forms of LHON. Patients with LHON could have also been wrongly diagnosed
as suffering from toxic amblyopia, tobacco–alcohol amblyopia, or optic neuritis [41]. On the other
hand, the problem is that patients do not know their family history. Molecular testing for LHON
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is not routinely performed in patients with optic atrophy in Russian Federation. Identification and
registration of unaffected carriers plays an important role for prevention of disease manifestation.
For example, there is strong evidence that smoking is associated with an increased risk of visual
failure among LHON carriers—93% penetrance of vision loss in male smokers versus 66% in male
non-smokers [17].

Our observations highlight the importance of molecular genetic examination for unaffected
carriers. The presence of pathogenic mutations should be tested not only for probands, but for all
relatives in the maternal line, Since the proportion of sporadic cases is about 40% according to our
published data [4].

4.3. Potentially Pathogenic Mutation m.4659G>A

We found m.4659G>A in one subject without any known primary mutations (L51). This sequence
change is located at codon 64 in the functional domain of the ND2 gene and changes an alanine—a
hydrophobic amino acid—into threonine—a neutral amino acid. Mutation m.4659G>A has been
reported as being associated with LHON in an Australian pedigree that also had heteroplasmic
mutations m.14484T>C and m.5460G>A [36]. This family had 10 maternally-related descendants, five
of whom had vision loss. Unfortunately, our patient does not know his family history, and we could
not confirm maternal inheritance for this mutation. However, m.4659G>A has very low frequency in
the general population (0.0011–0.00161), and has a high probability of being pathogenic (Table 3).

4.4. Additional Non-Synonymous Mutations Revealed in LHON Cases

The phenomenon of co-existence of two pathogenic mutations in one family has already been
described. The first case included m.4659G>A, m.5460G>A, and m.14484T>C in an Australian LHON
pedigree, described above [36]. In the second case, a Polish family harboring two primary LHON
mutations m.3460G>A and m.11778G>A occurred in a haplogroup H background [43]. In the third case,
a family harbored two primary LHON mutations, m.11778G>A and m.14484T>C, and both mutations
had a synergistic pathogenic effect on protein function, as well as a higher degree of heteroplasmy of
the m.14484T>C, correlated with an earlier age at onset [44]. Finally, the fourth example is a unique
double-mutant ND4L with two concurrent mutations (m.10609T>C and m.10663T>C) in an Arab
pedigree from Kuwait [45].

We reported mutations m.6261G>A, m.8412T>C, m.8551T>C, m.9444C>T, m.9921G>A,
and m.15077G>A, which could be potentially pathogenic because of their low frequency in the
general population, and high probability of pathogenicity according to data from different prediction
tools. Two of them, m.6261G>A and m.15077G>A, have already been reported in subjects with optic
neuropathy and maternally-inherited isolated deafness, respectively. However, we suppose that
additional non-synonymous mutations could either have a synergistically pathogenic or a protective
effect. To demonstrate the full significance of novel mutations, a respiratory chain assay would need
to be performed. An example is the study [38], where cybrids with m.15077G>A showed normal
activities for mitochondrial electron chain enzymatic complexes.

4.5. Haplogroup Analysis

Our LHON cohort from the Western Siberia region is represented predominantly by West Eurasian
haplogroups and includes several East Eurasian haplogroups, namely C5d1 (L24), D4p (L18), D5a2a2
(L25), and M9a1a1c1a (L10).

Rare LHON mutations m.10663T>C and m.3635G>A were found in Russian families from
Kazakhstan (the first) and the Novosibirsk region (the second), associated with the European
haplogroups J1c4 and J2b1c1, respectively [21,22]. Mutation m.10663T>C was also reported in
the background of the haplogroups J1c2c, L2a1, L3’4, and L3f1b [37,45–47], and mutation m.3635G>A
was reported in haplogroups R11a, D4g2b, M7b4, F1a, B5b, and M7b [48,49]. The presence of the
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same pathogenic mutations on the background of various mitochondrial haplogroups confirms that
pathogenic LHON mutations arise de novo, independently from the mtDNA or ethnic backgrounds.

It is known that the clinical impact of mDNA mutations may be modulated by mitochondrial
haplogroup background. For example, Hudson et al. performed a multicenter study of 3613 subjects
from 159 different families, and showed that the risk of visual failure is greater when m.11778G>A or
m.14484T>C mutations are present in specific subgroups of haplogroup J; the same as the m.3460G>A
mutation is present in haplogroup K, and the risk of visual failure is significantly lower when
m.11778G>A occurs in haplogroup H [50]. Romero et al. supposed that haplogroup D has a protective
effect in carriers of LHON mutations. His hypothesis was based on the fact that there was a markedly
decreased frequency of haplogroup D in Chilean subjects with LHON, as haplogroup D is one of
the most common in the Chilean population [12]. Also, other experimental research serves as proof
that cybrids and fibroblasts bearing LHON mutations have different response to neurotoxic agents,
depending on haplogroup background [51].

It has been suggested that at the end of the last glaciation, phylogenetically more ancient mutations
could have provided their carriers with adaptive advantages during the human population expansion.
Today, those mutations contribute to the saving and expression of weakly pathogenic LHON mutations,
which appear randomly in different region-specific genetic backgrounds [52,53]. The theory could be
tested by further searching of pathogenic, LHON-causing mutations in relation to specific mtDNA
backgrounds (phylogenetically ancient set of mutations).

New data collected from future studies regarding mtDNA variations of LHON in Western
Siberia might be used to develop a LHON system registry in the Russian Federation. We intend to
conduct consecutive experimental research, including the parameters of the pathogenicity of each
novel substitution.

5. Limitations of the Study

The main limitation of the data presented is the absence of physiological tests as proof with
respect to the pathogenicity of novel mtDNA substitutions. Additional tests should be done, such as
oxygen consumption, ATP and ROS measuring, and electron microscopy study (for example, [54]).
In addition, development of the newest editing systems [55] could give us more reliable instruments to
test pathogenicity.
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Abstract: The effect of anti-diabetic thiazolidinediones (TZDs) on contributing to heart failure and
cardiac ischemia/reperfusion (IR) injury is controversial. In this study we investigated the effect
of select TZDs on myocardial and mitochondrial function in Brown Norway rat isolated hearts.
In a first set of experiments, the TZD rosiglitazone was given acutely before global myocardial IR,
and pre- and post-IR function and infarct size were assessed. In a second set of experiments, different
concentrations of rosiglitazone and pioglitazone were administered in the presence or absence of
the specific PPARγ antagonist GW9662, and their effects on the mitochondrial redox state were
measured by online NADH and FAD autofluorescence. The administration of rosiglitazone did not
significantly affect myocardial function except for transiently increasing coronary flow, but it increased
IR injury compared to the control hearts. Both TZDs resulted in dose-dependent, reversible increases
in mitochondrial oxidation which was not attenuated by GW9662. Taken together, these data suggest
that TZDs cause excessive mitochondrial uncoupling by a PPARγ-independent mechanism. Acute
rosiglitazone administration before IR was associated with enhanced cardiac injury. If translated
clinically, susceptible patients on PPARγ agonists may experience enhanced myocardial IR injury by
mitochondrial dysfunction.

Keywords: GW9662; ischemia reperfusion injury; Langendorff; myocardial; pioglitazone; redox state;
rosiglitazone; TZD; uncoupling

1. Introduction

Thiazolidinediones (TZDs) are a class of anti-diabetic drugs that sensitize fat cells to insulin [1]
through activation of the peroxisome proliferator-activated receptor-gamma (PPARγ). PPARγ activation
has been postulated to activate endothelial nitric oxide synthase, which plays a key role in
cardioprotection [2,3]. Therefore, TZDs have cardioprotective effects in ischemia/reperfusion (IR)
injury, as reported both in in- and ex-vivo models [4–10]. Moreover, since the PPARγ antagonist
GW9662 abolishes both endogenous [11] and exogenous [11,12] cardioprotection against IR injury,
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the notion that TZDs could be beneficial indirectly through controlling diabetes and through direct
cardioprotection against IR injury appears attractive.

However, reports about the deleterious cardiovascular side effects of one of the TZDs, rosiglitazone,
first in animals [13–17] and later in humans [18,19] have dampened these hopes. As a result rosiglitazone
was taken off the market in Europe and had been put under sales restriction in the USA for several
years [20,21]. Pioglitazone, another popular TZD, has a better cardiovascular safety profile [22], but was
subsequently taken off the market in several countries after reports of an increased incidence of
bladder cancer [23–25]. Although rosiglitazone was subsequently not found to be associated with
increased ischemic events [26] and the sales restrictions were lifted in the USA, both drugs remain
contra-indicated in patients with heart failure [27,28].

One potential mechanism of this process may involve mitochondria, which play a key role in cell
signaling and cell death, and can attenuate or aggravate IR injury [29]. The goal of our study was to
investigate if TZDs affect the mitochondrial redox state in rat isolated hearts.

2. Material and Methods

Our isolated heart model has been described in detail [30–33]. All drugs were purchased from
Sigma (St. Louis, MO, USA) unless otherwise indicated. Rosiglitazone, pioglitazone, and GW 9662
were dissolved in dimethyl sulfoxide (DMSO) and 1000-fold diluted in Krebs solution to yield the
indicated final drug concentrations in 0.1% DMSO.

2.1. Animals

The investigation conformed to the Guide for the Care and Use of Laboratory Animals (Institute
for Laboratory Animal Research, National Academy of Sciences, 8th edition, 2011) and was approved
by the Institutional Animal Care and Use Committee (ACORP 7435-1, VA Medical Center, Milwaukee,
WI, USA). We used 12 and 12 eight-week-old male Brown Norway (BN) rats [32–34] for the IR
experiments and for dose-response experiments, respectively.

2.2. Heart Isolation

The animals were anesthetized by the intraperitoneal injection of 100 mg/kg ketamine along with
1000 U heparin to prevent blood clotting. After a negative response to a noxious stimulus, the animals
were euthanized by decapitation followed by thoracotomy. The aorta was cannulated distal to the aortic
valve, and the heart was perfused retrograde with oxygenated Krebs solution (4 ◦C) containing (in mM)
148 Na+, 4.7 K+, 1.2 Mg2+, 1.6 Ca2+, 127 Cl−, 27.8 HCO3

−, 1.2 H2PO4
−, 1.2 SO4

2−, 5.5 glucose, 2 pyruvate,
0.026 EDTA, and 5 U/l insulin. Both the venae cavae were ligated, and the heart was rapidly placed into
a Langendorff support system and perfused at a constant pressure of 70 mmHg at 37 ◦C. The perfusate
was equilibrated with ~95% O2 and ~5% CO2 to maintain a constant pH of 7.40 and filtered in-line
(5 μm pore size). The isovolumetric left ventricular pressure (LVP) was measured with a saline-filled
latex balloon (Radnoti LLC, Monrovia, CA, USA) inserted into the left ventricle. The diastolic LVP
was initially adjusted to 10 mmHg at baseline (bl) so that any subsequent pressure increases reflected
diastolic contracture. Systolic, diastolic, and developed (systolic–diastolic) LVP, and its maximal
and minimal first derivatives (dLVP/dtmax and dLVP/dtmin) were calculated as indices of ventricular
contractility and relaxation, respectively. Electrodes attached to the right atrial and ventricular walls
monitored atrial and ventricular electrocardiograms to calculate the spontaneous heart rate (HR) and
identify arrhythmias. The rate-pressure product (RPP) as the product of developed pressure and HR
was calculated to correct for HR-dependent changes in developed pressure. The coronary flow was
measured in-line with an ultrasonic flowmeter (model T106X; Transonic Systems, Ithaca, NY, USA).
All the analog signals were digitized (PowerLab/16 SP, AD Instruments; Castle Hill, Australia) and
recorded at 200 Hz (Chart & Scope version 5.6.6, AD Instruments) for later analysis.
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2.3. Protocols

The experimental protocols are illustrated in Figure 1. The baseline readings were taken after
20 min stabilization.

 
Figure 1. Shows the experimental protocols. The hearts were isolated from eight-week-old male
Brown Norway rats and mounted in a Langendorff setup. After 20 min equilibration and a baseline (bl)
reading, the hearts in the first set of experiments (n = 12; Panel (A)) were given rosiglitazone (Rosi,
50 μM) or a vehicle (Con) for two times, 5 min each with a 5 min washout period interspersed and
followed by 15 min washout before 30 min of global no-flow ischemia and 120 min of reperfusion (IR)
and subsequent infarct size (IS) determination. In a second set of experiments (Panel (B)), the hearts
were given increasing concentrations (2, 10, and 50 μM) of either rosiglitazone (Rosi, blue colors; n = 6)
or pioglitazone (Pio, red colors; n = 6) for 5 min each followed by 30 min washout. This series was
repeated in the presence of 10 μM of the PPARγ antagonist GW9662 (GW, white). The hearts were not
subject to IR or to IS determination.

2.3.1. IR Experiments

In this first set of experiments (n = 12; Figure 1, Panel A), rosiglitazone (Rosi, 50 μM) as a clinically
used TZD was given as a preconditioning agent for two times, 5 min each with a 5 min washout period
interspersed and followed by 15 min washout before 30 min of acute global no-flow ischemia and
120 min of reperfusion. This protocol was chosen to mimic our ischemic and other pharmacological
preconditioning protocols [30,31,35,36] shown to be more effective than single exposure [31,37].
The control hearts (Con) received 0.1% DMSO as a vehicle only.

After removal of the hearts at the end of the experiments, the atria were discarded and the ventricles
were cut into 2-mm transverse slices and incubated for 10 min in 1% 2,3,5-triphenyltetrazolium chloride
in a 0.1 M KH2PO4 buffer (pH 7.4, 38◦C) [38,39] which stains viable tissue red. The slices were digitally
imaged on a green background, and the infarcted areas of each slice were measured automatically by
planimetry using Image J 1.44i software (NIH, Bethesda, MD). The individual slice infarctions were
weight-averaged to calculate the total ventricular infarct size (IS) per heart [32,40].

2.3.2. Dose-Response Experiments

In a second set of experiments (n = 12; Figure 1, Panel B), the hearts were given increasing
concentrations (2, 10 and 50 μM) of either rosiglitazone (Rosi) or pioglitazone (Pio) for 5 min each,
without intervening IR or IS determination. After a 30 min washout, this series was repeated in the
presence of the PPARγ antagonist GW9662 [12] at a concentration of 10 μM [11,41,42].
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2.4. Fluorescence Measurement of Mitochondrial Redox State

Autofluorescence is widely used to measure mitochondrial electron transport in myocardial
tissue [30,43,44]. Thus, the experiments were conducted in a light-blocking Faraday cage to assess
the online autofluorescence of reduced NADH and oxidized FAD. The distal end of a trifurcated
fiberoptic cable was placed gently against the left anterior ventricular wall while the proximal ends
were connected to a modified spectrophotometer (Horiba, Piscataway, NJ, USA). At selected times,
the shutter for excitation was opened for 2.5 sec intervals. The NADH fluorescence was excited at
350 nm followed by FAD fluorescence excitation at 488 nm. The NADH emissions were filtered
at 460 ± 10 nm (Chroma Technology Corp., Brattleboro, VT, USA), FAD emissions at 540 ± 10 nm,
and their respective fluorescence intensities were measured by photomultipliers.

2.5. Statistical Analysis

Unless otherwise indicated, all the values are expressed as a mean ± standard error of the
mean (SEM) as %bl, and compared by analysis of variance (SigmaStat 3.5, Systat Software Inc.,
San Jose, CA, USA). If the F values were significant, Student-Newman-Keuls (SNK) post-hoc tests were
conducted. Comparisons of only two groups were conducted with unpaired Student t-tests. All the
results were considered statistically significant at P < 0.05 (2-tailed): *vs. Con (0 μM TZD).

3. Results

3.1. IR Experiments

The rosiglitazone (50 μM for 2 × 5 min) given before IR did not have a significant effect
on myocardial function during its administration except for reversibly increasing coronary flow
(Table 1). The infarct size was significantly increased in the rosiglitazone-treated hearts, but there
was no significant positive or negative difference in the functional outcome after IR between the
rosiglitazone-treated and control hearts.

Table 1. Myocardial Function and Infarct Size. This table shows myocardial function during the
application of the thiazolidinedione rosiglitazone (Rosi, 50 μM, n = 5), and myocardial function and
infarct size at 120 min reperfusion following 30 min global no-flow ischemia compared to control (Con,
n = 7) rat isolated hearts.

During Application 120 min Reperfusion

Con Rosi Con Rosi

sysLVP (%bl) 95.5 ± 2.0 101.9 ± 2.8 70.5 ± 4.9 60.3 ± 3.9
diaLVP (mmHg) 10.5 ± 2.1 9.9 ± 0.8 32.3 ± 4.3 31.8 ± 2.7

devLVP (%bl) 92.6 ± 3.8 102.4 ± 3.6 33.8 ± 3.7 29.7 ± 1.0
RPP (%bl) 96.4 ± 5.5 101.3 ± 4.4 33.5 ± 3.7 30.9 ± 0.7

dLVP/dtmax (%bl) 94.4 ± 3.5 106.6 ± 4.7 35.9 ± 2.6 32.8 ± 1.3
dLVP/dtmin (%bl) 97.2 ± 2.4 100.6 ± 4.5 38.9 ± 5.0 30.4 ± 1.1

HR (%bl) 105.3 ± 2.8 98.8 ± 2.2 98.4 ± 2.7 104.3 ± 1.6
CF (%bl) 100.0 ± 1.0 * 124.0 ± 6.1 64.6 ± 5.3 64.5 ± 3.0

IS (%) 36.2 ± 3.4 * 45.3 ± 0.7

bl = baseline; LVP = left ventricular pressure; sys = systolic; dia = diastolic; dev = developed; RPP = rate-pressure
product; dLVP/dtmax = contractility; dLVP/dtmin = relaxation; HR = heart rate; CF = coronary flow; IS = ventricular
infarct size. All values are mean ± standard error of the mean of %bl unless otherwise indicated. Statistics: unpaired
student t-test with * P < 0.05 (two-tailed).

3.2. Dose-Response Experiments

Figure 2 shows the representative time courses of NADH and FAD fluorescence for an experiment
with increasing doses of rosiglitazone (2, 10 and 50 μM) first in the absence and then, after
a 30 min washout period, in the presence of the PPARγ antagonist GW9662 (10 μM). These
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dose-response experiments in the absence and presence of the PPARγ antagonist GW9662 revealed
a PPARγ-independent increase in mitochondrial oxidation by rosiglitazone as evidenced by
a dose-dependent decrease in NADH autofluorescence (Figures 2 and 3A) and a dose-dependent
increase in FAD autofluorescence (Figures 2 and 3B). Neither of these was attenuated or abolished
by GW9662 at a dose previously used to abolish endogenous and exogenous cardioprotection in the
same [11] and in other models [41,42]. In order to test for a group- rather than a single drug-effect,
the same dose-response curve was repeated with 2, 10, and 50 μM pioglitazone with essentially the
same results (Figure 3).

Figure 2. Shows representative time courses of NADH (closed blue circles) and FAD (open green
diamonds) autofluorescence for an experiment with rosiglitazone (Rosi) in increasing doses from 0 to
50 μM (5 min each) first in the absence and then, after a 30 min washout period, in the presence of the
PPARγ antagonist GW9662 (GW, 10 μM).
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(A) 

Figure 3. Cont.

 
(B) 

Figure 3. Shows a concentration-dependent decrease in autofluorescence of reduced NADH (Panel
(A)) and a concomitant concentration-dependent increase in autofluorescence of oxidized FAD (Panel
(B)) with administration of the thiazolidinediones (TZDs) rosiglitazone (Rosi, open dark-blue square)
and pioglitazone (Pio, closed red square) compared to % baseline (bl). The PPARγ antagonist GW9662
(GW, 10 μM) did not alter the effect of rosiglitazone (open light-blue triangle) or pioglitazone (closed
pink triangle) on NADH (Panel (A)) or FAD (Panel (B)) at any of the concentrations. Statistics: ANOVA
followed by SNK post-hoc test with P < 0.05 (two-tailed) vs. * 0 μM TZD; n = 6 per group. Please note
that the slight horizontal offset of curves for any given concentration is for visual purposes only.

4. Discussion

Our study has several key findings: In line with prior reports of cardiovascular side effects of
TZDs [45,46], it confirms an increase in cardiac IR injury following the acute administration and
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washout of the TZD rosiglitazone in rat isolated hearts. A novel finding in this context however,
is that in further dose-response experiments we found a considerable, rosiglitazone-induced, fully
reversible increase in mitochondrial oxidation as assessed by decreased NADH and increased FAD
autofluorescence. This finding was independent of PPARγ activation as it was not abolished by the
PPARγ antagonist GW9662. Moreover, all the observed rosiglitazone effects on the mitochondrial
redox state were replicated with another member of the TZD family, pioglitazone, which suggests
a group- rather than a mere single drug-dependent side effect on mitochondrial function.

4.1. PPARγ Activation and Myocardial Protection: Friend or Foe?

Several options are available to investigate the specific aspects of a particular signaling pathway.
For example, the expression, modification and/or activity of a certain protein/enzyme can be measured.
An agonist can be used to activate a certain pathway. Or a specific antagonist can be used to attenuate
or abolish a certain finding. Using the latter, we have previously shown in a consomic rat model of
resistance against myocardial IR that the specific PPARγ antagonist GW9662 prevented endogenous
and exogenous cardioprotection [11]. Thus, PPARγ activation is a critical part of cardioprotective
pathways that can be initiated by different triggers upstream of PPARγ [12].

Conversely, administration of specific PPARγ agonists should be able to mimic the above phenotype
and activate a cardioprotective pathway directly without the need for, e.g., ischemic or anesthetic
preconditioning, and their acutely cardio-depressant and other side effects [12]. While numerous
experiments with the PPARγ antagonist GW9662 have largely shown myocardial protection against IR
injury by PPARγ activation [2,12,47–51], experiments with agonists like TZDs have revealed less clear
results, particularly under pathological conditions [52]. To the contrary, but in line with our findings,
the TZD-triggered aggravation of myocardial outcome was shown in animal studies [13–17] and in
humans [18,19]. The apparently contradictory findings among some of these studies may be due to
differences in the species and experimental models being used, the protocol and duration of TZD
administration, co-morbidities, and/or related to the used dosage.

4.2. Specificity of TZDs for PPARγ Activation

Conclusions from experiments using agonists and/or antagonists generally rely on their
respective specificity for any given pathway or receptor. Thus, it is possible that TZDs have
PPARγ-independent binding sites [53] that can influence cardiovascular outcome directly or
indirectly [54–56]. Reports about the deleterious effects of TZDs without their prevention by the use of
a specific PPARγ-antagonist [13,15–17] may, therefore, be due to PPARγ-independent side effects as
previously discussed by Feinstein and colleagues [54]. Moreover, these reports pose the question of
whether those side effects are specific to individual members of the TZD group or side effects of the
TZD group as a whole because of their chemical similarities [53]. The use of more than one member of
the TZD group within the same study and demonstration of failure to abolish the observed effect with
GW9662 can add clarification in these regards.

4.3. TZDs Affect Mitochondrial Function

Our knowledge about the cardiac mitochondrial side effects of TZDs is sketchy [54]. An in-vivo
and in-vitro study in mice [57] reported rosiglitazone to cause dysfunction of cardiac mitochondria
as evidenced by decreased mitochondrial respiration and substrate oxidation, as well as decreased
complex I and IV activities. Rosiglitazone also increased superoxide production from complexes I and III.
Neither genetic PPARγ deletion nor the PPARγ antagonist GW9662 prevented these effects. Moreover,
these findings were associated with decreased ATP synthesis and increased cardiac dysfunction
during rosiglitazone administration. The authors emphasize that, similarly to our findings, these were
dose-dependent effects found at concentrations of 10 μM and higher.

Reactive oxygen species (ROS) are produced from different intracellular sources with mitochondria
and different mitochondrial electron transport chain complexes being the major sources in
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cardiomyocytes [58]. While inhibition of the mitochondrial electron transport chain at specific sites of
complex I and/or III [58] can lead to oxidative stress, the latter is not necessarily proof of a blockade but
could also be caused by an increase in electron transport, as is the case with uncoupling [59]. Indeed,
mitochondrial uncoupling makes oxidative phosphorylation less efficient, increases ROS, and—if
not countered by increased delivery of the reducing equivalents, NADH and FADH2, through the
Krebs cycle—can lead to a decreased membrane potential and ATP synthesis. Thus, a decrease in
membrane potential or ATP synthesis or an increase in ROS production cannot distinguish between
the uncoupling and blockade of mitochondrial electron transport, unless the mitochondrial redox
state is measured. In this context, our results suggest a dose-dependent and reversible mitochondrial
oxidation by two different TZDs independent of PPARγ activation. Excessive mitochondrial oxidation
can lead to decreased ATP synthesis and excessive ROS production, all of which can damage the
myocardium and/or lead to increased sensitivity to subsequent IR.

4.4. Study Limitations and Summary

This study needs to be interpreted within its natural constraints. We used one species and an acute
rather than chronic experimental IR injury model. Mitochondrial function was assessed by two
different redox state measurements in intact hearts, but not by mitochondrial oxygen consumption in
isolated mitochondria, and we did not assess ROS production, membrane potential or ATP synthesis,
neither of which would have added to differentiating severe blockade of mitochondrial electron
transport from uncoupling. The IR injury assessment was limited to one TZD and one dose given
twice acutely and washed out before IR. On the other hand, rosiglitazone’s effects on the redox state,
with or without the PPARγ antagonist GW9662, were closely mimicked by pioglitazone; the NADH
results mirrored the FAD measurements; and the GW9662 results were nearly identical to the ones in
its absence, serving as internal controls. Although we have not conducted a formal dose-response
study with the PPARγ antagonist GW9662 or Western blot analysis, we have chosen a dose (10 μM)
commonly used to block PPARγ in the isolated heart [11] and isolated cardiomyocyte studies [41,42].
Demonstration of a change in infarct size remains the gold standard for in- and ex-vivo studies on
cardioprotective or -toxic agents and strategies, even in the absence of significant functional changes.
Within limits, compensatory mechanisms, such as e.g., mildly increased intracellular calcium in
surviving cardiomyocytes, can make up for the loss of function in the infarcted myocardium. The infarct
size is among the more sensitive parameters with earlier responses to IR than functional changes [36].
We exposed hearts from non-diabetic animals to an acute dose of rosiglitazone; chronic exposure in
diabetic individuals would require the study of chronically diabetic and, thus, hyperglycemic hearts in
the control group vs. normoglycemic hearts chronically exposed to a TZD which would complement
but not replace the findings in the present study and add additional confounders to the study.

In summary, our study in rat isolated hearts suggests that the off-target effects of the TZDs,
rosiglitazone and pioglitazone, include a significant degree of mitochondrial oxidation associated with
aggravated myocardial IR injury that can help explain the reported increase in adverse cardiac events.
Because of the large number of diabetic patients worldwide who are chronically treated with TZDs, it is
important to unravel the mechanisms of these adverse effects and their clinical consequence in future
studies, including diabetic IR models, in order to improve overall patient outcome while minimizing
unwanted side effects.
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Abstract: Whether disruption of iron metabolism is implicated in human muscle aging is presently
unclear. We explored the relationship among iron metabolism, muscle mitochondrial homeostasis,
inflammation, and physical function in older adults and young controls. Eleven young and 23 older
men and women were included. Older adults were classified into high–functioning (HF) and
low–functioning (LF) groups according to their Short Physical Performance Battery score. Vastus
lateralis muscle biopsies were assayed for total iron content, expression of 8-oxoguanine and DNA
glycosylase (OGG1), 3-nitrotyrosine (3-NT) levels, and mitochondrial DNA (mtDNA) content and
damage. Circulating ferritin and hepcidin levels were also quantified. Muscle iron levels were
greater in the old group. Protein expression of transferrin receptor 1, Zrt-Irt-like protein (ZIP) 8,
and ZIP14 were lower in old participants. Circulating levels of ferritin, hepcidin, interleukin 6 (IL6),
and C-reactive protein were higher in the old group. Old participants showed lower mtDNA content
and greater mtDNA damage. OGG1 protein expression declined with age, whereas 3-NT levels were
greater in old participants. Finally, a negative correlation was determined between ZIP14 expression
and circulating IL6 levels in LF older adults. None of assayed parameters differed between HF and
LF participants. Our findings suggest that muscle iron homeostasis is altered in old age, which might
contribute to loss of mtDNA stability. Muscle iron metabolism may therefore represent a target for
interventions against muscle aging.

Keywords: iron overload; hepcidin; transferrin; ferritin; ZIP; inflammation; mtDNA; mitochondrial
dysfunction; muscle aging; physical performance

1. Introduction

Iron is the most abundant transition metal in living organisms and is involved in multiple
biochemical processes including oxygen binding and transport, energy production, regulation of cell
growth and differentiation, and a variety of enzyme reactions. Most body iron is incorporated into
haem proteins (e.g., haemoglobin, myoglobin, cytochromes, and haem thiolates). Non-haem iron
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serves instead as an enzyme cofactor (i.e., atomic iron) or iron reserve (e.g., bound to cytosolic ferritin
and haemosiderin) and is integral to electron transport chain complexes (i.e., iron-sulphur clusters) and
transferrin (Tf) [1,2]. Approximately 5% of cellular iron exists as chelatable non-haem iron, referred to
as labile iron pool. This iron fraction consists of both ferrous (Fe2+) and ferric (Fe3+) ions associated
with a variety of small molecules, including organic anions, polypeptides, and phospholipids. Fe2+

ions can participate in Fenton reactions thereby producing highly destructive radicals, which are
thought to be major contributors to the generation of protein and DNA oxidative adducts [3–5]. Hence,
a tight coordination encompassing iron absorption, uptake, efflux, and sequestration is crucial to
preserve cell homeostasis.

Circulating iron is bound and transported by Tf. However, in the setting of iron overload,
the iron-binding capacity of plasma Tf can be exceeded and accumulation of non-Tf-bound iron (NTBI)
occurs [6]. As such, NTBI needs to be adequately disposed. Fourteen divalent metal transporters
belonging to the Zrt-Irt-like protein (ZIP) family, named ZIP1 to ZIP 14, have been identified [7].
Of them, ZIP8 and ZIP14 have similar amino acid sequences [8] and contribute to the import of
several divalent ions, including iron [9]. In particular, Zip14 mediates, at least in part, NTBI uptake by
hepatocytes in the context of iron overload [10].

Iron metabolism is modulated by the defensin-like hormone hepcidin [11] via binding and
subsequently degrading of the iron exporter ferroportin at the level of key iron sources [i.e., duodenal
enterocytes (absorption of dietary iron), splenic and hepatic macrophages (recycling iron from
erythrophagocytosis), and hepatocytes (iron stores)] [12]. In particular, circulating iron concentrations
decrease as a consequence of intestinal absorption and release of iron from recycling macrophages [11].

Skeletal muscle is a major reservoir of body iron, which is comprised by 60% of non-haem
fraction [13]. Studies have shown that non-haem iron accumulates in muscle during ageing possibly
causing oxidative damage to biomolecules and organelles, including mitochondria [14–18]. As such,
iron dyshomeostasis is advocated as a mechanism involved in the pathogenesis of sarcopaenia of
ageing and disuse-induced muscle atrophy [19].

Along with iron imbalance and mitochondrial dysfunction, chronic inflammation is a hallmark of
ageing and a factor involved in functional decline [20,21]. A link between mitochondrial damage and
chronic low-grade inflammation has recently been hypothesised [21,22]. However, little is known about
the relationship among iron dyshomeostasis, inflamm-ageing, mitochondrial dysfunction, and physical
performance in older adults. To provide an initial appraisal of the subject, the present study was
undertaken to assess total iron content, the expression of selected iron transporters, and indexes of
mitochondrial damage in muscle biopsies obtained from healthy young adults and older people with
varying levels of physical performance. The relationship between muscle iron content and systemic
inflammation was also explored.

2. Materials and Methods

2.1. Participants

Participants were community-dwelling men and women aged 70 years or older. Healthy young
adults between the ages of 18 and 35 years were recruited as controls. Participant recruitment was
coordinated by the Recruitment Core of the University of Florida Claude D. Pepper Older Americans
Independence Center, as detailed elsewhere [23–25].

A set of eligibility criteria was chosen to minimise the possible confounding effect of co-morbid
conditions, medications, or lifestyle habits on the relationship among physical performance, iron
metabolism, and indexes of muscle mitochondrial damage [26]. Briefly, candidates were not included
if presenting with any of the following characteristics: smoking in prior 12 months; engagement in
regular physical exercise; history of drug or alcohol abuse; active treatment for cancer or cancer in
the past three years; heart failure New York Heart Association class III–IV; stroke with upper and/or
lower extremity involvement; Parkinson’s disease or other neurological disorders likely to interfere
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with physical function; major psychiatric illnesses; peripheral vascular disease Lériche–Fontaine
stage 3–4; history of life-threatening cardiac arrhythmias; cognitive impairment (i.e., Mini Mental
State Examination score ≤ 21); renal disease requiring dialysis; lung disease requiring steroids;
chronic viral diseases (e.g., hepatitis B and C, HIV); lower extremity amputation; severe knee or
hip osteoarthritis limiting mobility; diabetes with visual, vascular or neuropathic complications;
inflammatory diseases (e.g., rheumatoid arthritis, vasculitis, autoimmune disorders, inflammatory
bowel disease); taking growth hormone, oestrogen replacement, testosterone, anticoagulants, steroids,
or non–steroidal anti–inflammatory drugs on a regular basis; severe obesity [i.e., body mass index (BMI)
≥35]; underweight (i.e., BMI ≤18.5); active weight loss >5 kg in prior three months; life–threatening
illnesses with an estimated life expectancy<1 year. Candidates on statin treatment were asked to refrain
from drug administration one month prior to blood drawn upon their general practitioner’s approval.

Old enrolees were categorised as high–functioning (HF) and low–functioning (LF) based on their
Short Physical Performance Battery (SPPB) summary score [27]. Specifically, participants with a SPPB
score ≥11 were classified as HF, while those who scored ≤7 were categorised as LF. These cut-offs
were selected based on their ability to predict several relevant health outcomes in older adults
(e.g., functional limitations, institutionalisation, mortality) [27–31]. Individuals scoring 8–10 on the
SPPB were excluded to allow greater discrimination in physical function and possibly biochemical
parameters between groups.

Prior to enrolment in the study, all participants provided written informed consent. The study
protocol was approved by the University of Florida’s Institutional Review Board (IRB201300790).

2.2. Blood Collection and Processing

Blood samples were obtained in the morning by venipuncture of the median cubital vein
after overnight fasting, using commercial ethylenediaminetetraacetic acid (EDTA) collection tubes
(BD Medical, Franklin Lakes, NJ, USA). Samples were immediately centrifuged at 1000× g for 10 min
at 4 ◦C, aliquots were prepared, and stored at −80 ◦C until analysis.

2.3. Collection of Muscle Biopsies

Muscle samples were obtained from the vastus lateralis of the dominant lower extremity by
percutaneous needle biopsy, under local anaesthesia, as previously described [25]. Muscle specimens
were cleaned of any visible blood and fat, snap-frozen in liquid nitrogen, and subsequently stored at
−80 ◦C until analysis.

2.4. Measurement of Circulating Iron Transporters and Inflammatory Biomarkers

Plasma levels of the iron transporter ferritin and the iron regulator hepcidin as well as those of
C-reactive protein (CRP) and interleukin (IL) 6 were measured using enzyme-linked immunosorbent
assays (ferritin: Human ELISA Kit, Thermo Scientific (Waltham, MA, USA); hepcidin: Intrinsic Hepcidin
IDx™ ELISA Kit, Intrinsic LifeSciences (La Jolla, CA, USA); CRP: Human C-Reactive Protein/CRP
Quantikine ELISA Kit, R&D Systems (Minneapolis, MN, USA); IL6: Human IL-6 Quantikine HS
ELISA Kit, R&D Systems). Plate processing and data collection were carried out according to the
manufacturer’s instructions. Absorbance was read on a Synergy HT Multi-Detection microplate reader
(BioTek, Winooski, VT, USA). Concentrations of ferritin, hepcidin, and CRP are shown as ng/mL, whilst
IL6 levels are reported in pg/mL.

2.5. Inductively Coupled Plasma-Mass Spectrometry (ICP-MS) Determination of Total Iron in Muscle Biopsies

Total iron content in muscle samples was determined by ICP-MS as described previously with
modifications [32]. Briefly, 15–30 mg of vastus lateralis muscle samples were digested in 1 mL
concentrated nitric acid (HNO3 Optima-grade) in capped Teflon (Savillex Corporation, Eden Prairie,
MN, USA) vials for 24 h. Afterwards, 1 mL of 30% hydrogen peroxide (H2O2 Optima-grade) was
added to each vial and placed opened on a hot plate (100 ◦C) to let the mixture evaporate. Subsequently,
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1 mL of HNO3 and 1 mL of H2O2 were added to the dry residue and incubated on the hot plate
(100 ◦C) overnight to digest any remaining organic material. After this second digestion, samples
were evaporated to dryness, followed by addition of 0.8 N HNO3 spiked with 8 parts per billion (ppb)
rhenium (Re) and rhodium (Rh). Vials were then incubated at 100 ◦C overnight to ensure complete
dissolution. A fraction of the sample solution was removed and further diluted with 0.8 N HNO3

spiked with 8 ppb Re and Rh to obtain a final dilution of approximately 300×. The exact final dilution
for elemental analyses was achieved according to the weight of each sample. Trace element analysis
was conducted on a Thermo Finnigan Element2™ high–resolution ICP-MS (Thermo Fisher Scientific,
San Jose, CA, USA) in medium resolution using Re and Rh as internal standards. In order to avoid
analytical biases, all samples were run in the same day and in the same sequence. Results were
quantified by external calibration using a combination of gravimetrically prepared ICP-MS standards
obtained from QCD Analysts (www.qcdanalysts.com). Iron concentrations are reported in parts per
million (ppm), with an analytical error < ±5%.

2.6. Western Immunoblotting

Protein content of Tf receptor 1 (TFR1), ZIP8, ZIP14, and 8-oxoguanine DNA glycosylase (OGG1),
and levels of 3-nitrotyrosine (3-NT) were measured in muscle samples by Western immunoblotting.
Whole-tissue extracts were prepared as described elsewhere [24]. Briefly, 50 μg proteins were
separated on 12%–15% polyacrylamide gels (Bio-Rad Laboratories, Hercules, CA, USA), transferred
onto polyvinylidene difluoride membranes (Bio-Rad Laboratories), and blocked for 1 h in 5% milk in
Tris-buffered saline Tween (Bio-Rad Laboratories). Blots were probed with commercially available
primary antibodies for OGG1 (1:2500, Abcam, Cambridge, MA, USA; #ab63942), TFR1 (1:1000, Cell
Signaling Technology, Beverly, MA, USA; #13113), ZIP14 (1:1000, Sigma–Aldrich, St. Louis, MO, USA;
#HPA016508), and 3-NT (1:1000, Cell Signaling Technology; #9691S). A custom-made polyclonal rabbit
primary antibody was used for detecting ZIP8 (1:1000). The antibody was raised to a peptide [(NH2)
FGNDNFGPQEKT (COOH)] selected from the full-length sequence [33] designed by Dr. Tolunay
Beker Aydemir (University of Florida, Gainesville, FL, USA) who also performed the purification [34].
To allow affinity purification, a cysteine residue was added to the N terminus for coupling to the
carrier protein and for conjugation to Sulfolink (Pierce, Rockford, IL, USA). The antibody was prepared
in rabbit as previously described [35]. Anti-rabbit secondary antibody conjugated with horseradish
peroxidase (1:10000, Cell Signaling Technology; #7074) was used to enable subsequent protein detection.
Protein bands were visualised with SuperSignal West Femto Maximum Sensitivity Substrate (Thermo
Scientific) using a ChemiDoc XRS imager (Bio-Rad Laboratories). Spot density of the target bands was
normalised to the amount of protein loaded in each lane, as determined by densitometric analysis of
the corresponding Ponceau S-stained membranes [36]. Bands were quantified using Image Lab 6.0
software (Bio-Rad Laboratories) according to the “Total Lane Protein” setting.

2.7. Quantification of Mitochondrial DNA (mtDNA) Content

Genomic DNA was purified from muscle samples using a Wizard Genomic DNA Purification Kit
according to the manufacturer’s instructions (Promega, Madison, WI, USA). Briefly, 10–20 mg of muscle
tissue were homogenised in 1 mL of nuclei cell lysis solution using a hard tissue disposable probe
(Omni international, Kennesaw, GA, USA) on a PowerGen 500 homogenator (Thermo Fisher Scientific).
Total DNA quantification was carried out on a NanoDrop 1000 spectrophotometer (Thermo Fisher
Scientific) and integrity was verified by gel electrophoresis on 0.8% agarose gel in 1× Tris-borate-EDTA
(TBE) (90 mM Tris-borate pH 7.4, 90 mM boric acid, 2.5 mM EDTA). Determination of mtDNA
content was performed with the Human Mitochondrial DNA Monitoring Primer Kit (Takara Bio,
Mountain View, CA, USA) using real-time polymerase chain reaction (RT-PCR). Amplification reactions
were run on a CFX96 Touch™ Real-Time PCR Detection System (Bio-Rad Laboratories). Primers
included in the kit specifically amplified mitochondrial genes corresponding to mitochondrial NADH
dehydrogenase subunit 1 and 5 (ND1, ND5) and nuclear genes corresponding to solute carrier organic
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anion transporter family, member 2b1 (SLCO2B1), and serpin family A member 1 (SERPINA1) [37].
Melting curve analysis, non-template control reactions, and gel electrophoresis of PCR products were
used to check amplification specificity of each experiment. Each sample was analysed in triplicate in
20 μL final volume. The reaction mixture consisted of 1× Terra qPCR Direct SYBR Premix (Takara Bio),
0.2 μM forward and reverse primers, and 10 ng of genomic DNA template. Amplification proceeded
for 40 cycles. Quantification of relative mtDNA content was accomplished according to the Pfaffl
mathematical model [38]. Differences in threshold cycle values for the ND1/SLCO2B1 pair (ΔCt1 = Ct
for SLCO2B1 – Ct for ND1) and the ND5/SERPINA1 pair (ΔCt2 = Ct for SERPINA1 – Ct for ND5) were
calculated, and the average of 2ΔCt for the values of ΔCt1 and ΔCt2 was used as a measure of relative
mtDNA abundance.

2.8. Analysis of mtDNA Damage

Quantitative RT-PCR was used to assess mtDNA damage according to the method described
by Furda et al. [39] with minor adjustments. Briefly, 225 ng of purified total DNA was digested
with PvuII Restriction enzyme (New England Biolabs, Ipswich, UK). Fifteen ng of digested DNA
were used to amplify a 8.9-kb mtDNA fragment (accession number: J01415; 5′ sense position: 5999;
5′ antisense position: 14841) [39] with a TaKaRa LA Taq® DNA Polymerase with GC Buffer (Takara
Bio) and a 221-bp mtDNA fragment (accession number: J01415; 5′ sense position: 14620; 5′ antisense
position: 14841) [39] with a DreamTaq DNA Polymerase (Thermo Fisher Scientific). Amplification
was carried out using a CFX96 Touch™ PCR Detection System (Bio-Rad Laboratories) as described by
Furda et al. [39]. Each sample was analysed in triplicate in 20 μL final volume. The reaction mixture for
the 8.9-kb mtDNA fragment consisted of 1×GC Buffer I, 2U TaKaRa LA Taq® DNA Polymerase (Takara
Bio), 0.2 mM dNTPs, and 0.4 μM forward and reverse primers. The reaction mixture for the 221-bp
mtDNA fragment included 1×DreamTaq Buffer (Thermo Fisher Scientific), 0.2 mM dNTPs, and 0.4 μM
forward and reverse primers. Prior to quantification, amplification products of the 8.9-kb and the
221-bp fragments were electrophoresed on 0.8% agarose and 1.5% agarose gels, respectively, to check
for PCR product specificity. Amplicons were quantified by Pico-Green (Thermo Fisher Scientific) using
a Synergy HT multidetection microplate reader (BioTek) with excitation and emission wavelengths at
485 and 530 nm, respectively. Data obtained from the 221-bp mtDNA fragment were used to normalise
results of the 8.9-kb fragment amplification. The number of mtDNA lesions was calculated using the
equation: D = [1 − 2−(Δ8.9-kb − Δ221-bp)] × 10,000 bp/8900 bp [40].

2.9. Statistical Analysis

The normal distribution of data was ascertained through the Kolmogorov–Smirnov test.
Comparisons for normally distributed continuous variables were performed by one-way analysis
of variance (ANOVA) followed by Tukey′s post-hoc test when applicable. The non-parametric tests
Mann–Whitney U and Kruskal–Wallis H (with Dunns′ post-hoc test as appropriate) were applied to
assess differences for non-normally distributed continuous data. Differences in categorical variables
among groups were determined via χ2 statistics. Correlations between variables were explored via
Pearson′s or Spearman′s tests as appropriate. All analyses were performed using the GraphPrism 5.03
software (GraphPad Software, Inc., San Diego, CA, USA), with statistical significance set at p < 0.05.

3. Results

3.1. Characteristics of Study Participants

A total of 34 volunteers were enrolled, 11 young (six men and five women; mean age:
24.7 ± 4.4 years) and 23 older persons (14 men and nine women; mean age: 77.5 ± 8.0 years).
Participant characteristics according to age groups and physical performance categories are shown
in Table 1. No differences were observed among groups for gender distribution, BMI, or number of
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disease conditions and medications. The two subgroups of older adults did not differ for age. As per
the study design, HF participants showed higher SPPB scores than LF older adults (p = 0.0002).

Table 1. Participant characteristics according to age groups and physical performance categories.

Old (n = 23)

Characteristic Young (n = 11) HF (n = 16) LF (n = 7) p Value

Age (years), mean ± SD 24.7 ± 4.4 76.0 ± 6.0 * 81.0 ± 3.7 * <0.0001
Gender (female), n (%) 5 (45.5) 4 (25.0) 5 (71.4) 0.1076

BMI (kg/m2), mean ± SD 24.9 ± 4.2 27.7 ± 3.6 27.8 ± 4.2 0.1604
Number of diseases ¥, mean ± SD 1.0 ± 0.8 1.9 ± 1.4 2.1 ± 1.8 0.1274

Number of medications #, mean ± SD 2.9 ± 2.6 3.7 ± 3.2 1.7 ± 1.4 0.3112
SPPB summary score, mean ± SD – 11.4 ± 0.5 6.1 ± 1.7 § 0.0002

Abbreviations: BMI, body mass index; HF, high functioning; LF, low functioning; SD, standard deviation; SPPB,
Short Physical Performance Battery. * p < 0.05 vs. young group. § p < 0.05 vs. HF. ¥ includes hypertension,
coronary artery disease, prior stroke, peripheral vascular disease, diabetes, chronic obstructive pulmonary disease,
and osteoarthritis. # includes prescription and over-the-counter drugs.

3.2. Quantification of Total Iron and Selected Metal Transporters in Vastus Lateralis Muscle Biopsies

To evaluate whether iron levels in muscle were associated with age and physical performance,
total iron content was quantified by ICP-MS. Iron levels were significantly greater in muscles of old
enrolees compared with the young group (p < 0.05), with no differences between SPPB categories
(Figure 1).

Figure 1. Total content of iron in the vastus lateralis muscle of young and old participants. Bars
represent mean values (± standard deviation) in the three experimental groups. Values are expressed
in ppm. * p < 0.05 vs. young group (n = 11). HF: high-functioning (n = 16); LF: low-functioning (n = 7).

Protein levels of selected iron transporters (TFR1, ZIP8, and ZIP14) were assayed by Western
immunoblotting. The expression of TFR1, the primary cellular iron importer, was significantly lower
in old LF participants compared with the young group (p < 0.05; Figure 2A). Also, lower protein levels
of ZIP8 were detected in old enrolees compared with their younger counterparts (Figure 2B). A pattern
similar to TFR1 was found for ZIP14 (p < 0.05; Figure 2C).
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Figure 2. Protein expression of (A) transferrin receptor 1 (TFR1), (B) Zrt-Irt-like protein (ZIP) 8, and
(C) ZIP14 in the vastus lateralis muscle of young and old participants. Bars represent mean values
(±standard deviation) in the three experimental groups. Values are expressed in arbitrary units (a.u.).
Representative blots are shown. * p < 0.05 vs. young group (n = 11). HF: high-functioning (n = 16); LF:
low-functioning (n = 7).

3.3. Circulating Levels of Ferritin, Hepcidin, and Selected Inflammatory Biomarkers

Perturbations in iron status have been associated with chronic low-grade inflammation during
ageing [41]. In turn, inflammation is acknowledged as a major mechanism contributing to functional
impairment [42]. We, therefore, verified whether circulating levels of ferritin, hepcidin, and selected
inflammatory biomarkers were associated with age and functional status.

An age-dependent increase was observed for plasma ferritin concentrations (p= 0.0291; Figure 3A),
with no differences between SPPB categories. Circulating levels of the defensin-like hormone hepcidin
were also increased with age (p = 0.0232; Figure 3B). The post-hoc test revealed significantly higher
hepcidin concentrations in LF older adults compared with young enrolees.

Figure 3. Plasma levels of (A) ferritin and (B) hepcidin in young and old participants. Bars represent
mean values (± standard deviation) in the three experimental groups. * p < 0.05 vs. young group
(n = 11). HF: high-functioning (n = 16); LF: low-functioning (n = 7).

A similar pattern was described for plasma IL6 (p = 0.0174; Figure 4A) and CRP (p = 0.0488;
Figure 4B).

We performed a correlation analysis to test the hypothesis of an association between inflammation
and iron status in LF older adults. As reported in Table 2, ZIP14 was the only iron transporter showing
a significant negative correlation with IL6.
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Figure 4. Plasma levels of (A) interleukin 6 (IL6) and (B) C-reactive protein (CRP) in young and old
participants. Bars represent mean values (±standard deviation) in the three experimental groups.
* p < 0.05 vs. young group (n = 11). HF: high-functioning (n = 16); LF: low-functioning (n = 7).

Table 2. Relationship between plasma concentrations of IL6 and protein expression of iron transporters
in muscle in old low-functioning participants.

TFR1 ZIP14 ZIP8

Pearson r −0.09161 −0.9976 0.5968
95% confidence interval −0.8408–0.7779 0.0444 −0.4167–0.9488

R square 0.008392 0.9951 0.3561
p value (two-tailed) 0.863 0.0444 0.2111

Abbreviations: TFR1, transferrin receptor 1, ZIP, Zrt-Irt-like protein.

3.4. Determination of mtDNA Content and Damage

mtDNA homeostasis in muscle becomes impaired during ageing and in the setting of atrophying
conditions [43]. However, whether the abundance and integrity of mtDNA in muscle are associated
with physical function in old age is still debated [44]. In the attempt to shed light on this relevant
research question, we determined the relative content of mtDNA and mtDNA damage load in muscle
samples of young and old enrollees. As depicted in Figure 5, older participants showed lower mtDNA
content (p = 0.0012, Figure 5A) and greater mtDNA damage (p = 0.0001, Figure 5B) compared with
young controls, with no differences between HF and LF individuals.

Figure 5. (A) mtDNA content and (B) mtDNA damage in the vastus lateralis muscle of young and
old participants. Bars represent mean values (± standard deviation) in the three experimental groups.
* p < 0.05 vs. young group (n = 11). HF: high-functioning (n = 16); LF: low-functioning (n = 7).
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3.5. Protein Levels of Selected Markers of Oxidative/Nitrosative Damage

Protein expression of the repair enzyme OGG1 and levels of nitrosative stress-associated 3-NT
were determined in muscle samples to obtain indications on the extent of oxidative-related molecular
damage [45].

OGG1 protein expression declined with ageing (p = 0.0435), with no differences among individual
groups (Figure 6A). An age-related increase in 3-NT levels was observed (p = 0.0005, Figure 6B),
without differences between the two old groups.

Figure 6. Protein expression of (A) 8-oxoguanine DNA glycosylase (OGG1) and (B) levels of
3-nitrotyrosine (3-NT) in the vastus lateralis muscle of young and old participants. Bars represent mean
values (±standard deviation) in the three experimental groups. Representative blots of OGG1 and 3-NT
are shown in panel (C) a.u. arbitrary units. * p < 0.05 vs. young group (n = 11). HF: high functioning
(n = 16); LF: low functioning (n = 7).

4. Discussion

Iron homeostasis is altered in muscle of old rodents, possibly contributing to muscle fibre atrophy
and loss via oxidative stress-mediated signalling pathways [18]. A specific form of non-apoptotic cell
death, referred to as ferroptosis, seems to occur upon intracellular iron overload, causing oxidative
injury which probably involves lipid peroxidation [46]. This iron-driven cell death may operate via
mitochondrial and NADPH-dependent oxidases reactive oxygen species burst [46]. However, to the
best of our knowledge, the relationship between iron status and physical function in old people was
not previously explored.

Studies from our group showed increased levels of muscle non-haem iron, including labile fraction,
with age in old rats following hind limb suspension [18]. Such changes were associated with elevated
expression of ferritin and decreased TFR1 content [18]. Age-dependent iron accumulation was also
reported in muscle subsarcolemmal mitochondria of rats [47]. Notably, mitochondrial iron levels were
shown to impact organelle RNA damage as well as the susceptibility to opening of the mitochondrial
permeability transition pore [47]. This prompted us to test the hypothesis of a relationship between
iron status and age-related functional decline involving muscular mitochondrial damage.

Our finding of an age-dependent accumulation of iron in skeletal muscle (Figure 1) paralleled
by decreased expression of two of the three metal importers assayed (i.e., TFR1 and ZIP14) in the LF
group (Figure 2A–C) supports the idea of a link between iron dyshomeostasis in muscle and functional
status. The analysis of iron-related circulating factors offered further insights into this association.
Indeed, ferritin levels, an indicator of stored iron, were found to be higher in both HF and LF older
adults (Figure 3A), which might arise from chronic inflammation [48]. This view is consistent with
our observation of an age-dependent elevation of plasma IL6 and CRP, the levels of which were both
higher in LF relative to HF participants (Figure 4A,B).

Although in apparent contrast to our original hypothesis, the measurement of circulating levels of
hepcidin provided interesting information regarding such an association. This defensin-like hormone,
produced mainly by the liver, plays a major role in modulating iron metabolism [11]. Indeed, via
binding to the iron exporter ferroportin at the level of key iron sources [i.e., duodenal enterocytes
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(absorption of dietary iron), splenic and hepatic macrophages (recycling iron from erythrophagocytosis),
and hepatocytes (iron stores)], hepcidin induces its own endocytosis and lysosomal degradation as
well as of ferroportin [12]. As a consequence, decreased intestinal absorption and release of iron from
recycling macrophages occur, ultimately resulting in lower circulating iron concentrations [11].

In the present investigation, higher levels of hepcidin were found in older participants, especially
in those classified as LF (Figure 3B), with a parallel increase in IL6 and CRP (Figure 4A,B). These results
are in line with previous reports pointing to IL6 as a major hepcidin inducer in older adults [49–51],
in whom it may be responsible for iron-limited erythropoiesis [52,53]. Whether inflammation reduces
iron availability for myoglobin assembly, thereby contributing to impairing muscle function, is presently
unknown. Further support to the link among inflammation, iron status, and functional impairment is
lent by the strong negative correlation (r = −0.99, p = 0.04) between circulating IL6 levels and muscle
expression of ZIP14 in LF older participants (Table 2). Although our experimental design does not
allow inferring about a direct involvement of ZIP14 in muscle iron clearance, a link between ZIP14
expression and IL6 induction has previously been reported and a role for ZIP14 in iron uptake has
been hypothesised [54].

A hepcidin-independent regulation of iron status with ageing cannot be excluded. Indeed, studies
conducted in older adults with anaemia and chronic inflammation did not detect increased levels of
hepcidin in urine or serum [55,56]. In this context, the co-occurrence of multiple age-related conditions
may explain changes in the iron status [57,58]. This could be the case for higher circulating ferritin
levels in HF participants, which may result, for instance, from the stimulation of ferritin expression by
reactive species [59,60].

mtDNA content and damage (Figure 5A,B) as well as the expression of OGG1, one major enzymatic
system of mtDNA base excision repair, and 3-NT (Figure 6A,B) showed an age-related association
rather than changes dependent on functional status. These findings are in line with previous results in
other aged post-mitotic tissues [61].

Taken as a whole, results from the present study suggest that altered iron metabolism during
ageing may predispose to oxidant generation and damage to cell components, including mitochondria.
In particular, the association of iron dyshomeostasis with systemic inflammation might represent a
kingmaker towards functional decline. Disruption of iron metabolism in myocytes might therefore
represent a novel target for interventions aimed at preserving muscle health in old age.

5. Limitations of the Study

While reporting novel findings, our work is not devoid of limitations that need to be discussed.
First of all, the study is exploratory in nature due to the small sample size and the limited amount of
muscle tissue available for analyses. In addition, the cross-sectional design hampers inference about
the time course of changes in analysed mediators and the development of functional decline. Also,
only total iron levels were measured and no information is available about haem and non-haem iron.
Likewise, neither haemoglobin levels nor mean corpuscular haemoglobin concentration in erythrocytes
were measured. Furthermore, plasma iron levels, Tf affinity and saturation, and ferritin capacity were
not assessed, which impeded a comprehensive appraisal of body iron homeostasis. Finally, the study
did not include a group of actively exercising older people. Both categories of old participants were
physically inactive and this did not allow appreciating the possible effect of physical activity on iron
status in muscle in old age.
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