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The DNA mimic, PNA (peptide nucleic acid), has been with us now for almost 3 decades. In the
early 1990s, scientists from Denmark, led by Prof. Peter Nielsen [1,2], invented a very clever DNA
analog that replaced the entire sugar–phosphate backbone in DNA with a neutral backbone that
consisted of glycine–ethylenediamine (aeg =N-(2-aminoethyl) glycine). This analog was found to have
much higher binding affinity to complementary DNA and RNA than natural DNA [2]. In addition,
PNA was found to be highly stable in biological fluids [3].

Another critical issue that has translated PNA molecules into the biomedical field relates to the
chemistry used to synthesize PNA oligomers; namely, solid phase peptide chemistry. This mode
of synthesis led to a simple method to install cell permeation to PNA by attaching cell-penetrating
peptides (CPPs) to either C or N termini of the PNA oligomer [4–8]. In addition, since aegPNAs
have been invented, many chemical modifications to the basic aegPNA structure have been
introduced. For example, fluorine-modified [9], cyclopentyl-modified [10], mini-peg-modified [11],
guanidinium-modified [12], pyrrolidinyl-modified (acpc) [13] and 2-aminopyridine-modified [14]
PNAs are just a few examples for chemical modifications that have led to a variety of improvements
such as cell permeability, higher DNA or RNA binding affinity, and DNA duplex strand invasion
(Scheme 1). Some of these modifications are highlighted in this current Special Issue.

Indeed, the introduction of a mini-peg at the gamma position of the PNA backbone has been
shown to generate PNAs as powerful triplex-forming oligonucleotides (TFOs). This property has
been used for gene editing in-vitro and in-vivo [15]. In this Special Issue, Economos et al. [16]
review gene editing using a variety of chemically modified PNA (e.g., bisPNA, tail-clamp(tc)PNA,
and gamma(γ)PNA) highlighting the clear potential of using this technology to treat monogenic
disorders such as β-thalassemia.

The detection of minute amounts of mutated DNA (SNP-single nucleotide polymorphism) in a
background of abundant wild type DNA is a formidable task. Such SNPs as those found in the KRAS
and EGFR genes are associated with a variety of cancers and their detection may lead to early diagnosis
of cancer with improved chances of recovery and overall survival. Fouz and Appella [17] review this
area in relation to using PNA molecules as clamps that provide an approach to amplify mutated DNA
by PCR in a highly specific manner. Here too, chemical modifications may be introduced to the PNA
clamp (e.g., l or d Glu at the γ position) in order to increase or decrease binding affinity to the DNA
strands [18].

Chemical modifications to PNA may be also introduced at either the C or N termini. The Kaihatsu
lab [19] report in this Special Issue a panel of Tolane-modified PNAs (introduced at the N-terminus)
that present good mismatch discrimination between single point mutated vs. wild type DNA or RNA.
One such analog (a naphtyl derivative) was shown as a practical PNA probe for SNP detection of the
influenza A virus neuraminidase gene that is associated with drug resistance.

PNA probes may be also used for the detection of specific RNA sequences. These RNAs may be in
the form of mRNAs [20], lncRNAs [21], miRNAs, and others. An excellent review in this Special Issue,
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reported by Cadoni et al. [22], describes the various methodologies used in conjunction with PNA to
detect miRNAs. Changes in miRNA expression are associated with a variety of diseases and therefore
these miRNAs are considered as ideal disease biomarkers. However, the levels of miRNA in cells and
especially in serum are extremely low. In this aspect, the authors highlight a variety of approaches that
allow the detection of miRNAs initiated by PNA hybridization that is coupled to signal amplification.

The high affinity of PNA to complementary DNA and the achiral nature of aegPNA is also
exploited for other diagnostic purposes. In this Special Issue, the Sczepanski group [23] report an
l-DNA amplifier circuit capable of detecting native d-oligonucleotides. An important feature in this
Catalytic Hairpin Assembly (HCA) circuit is that it is stable in serum.
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Scheme 1. Chemical modifications on aegPNA.

The basic idea of using DNA and its analogs as antisense-based drugs was first reported in the
late 70’s [24]. As of today, there are several approved drugs in the market that are based on antisense
therapy [25]. PNA molecules are limited as classical antisense molecules due to the fact that they do
not recruit RNAse H when bound to complementary RNA. Thus, PNAs are typically used as RNA
“blockers” and not as RNA “degraders”.

In this Special Issue, two research groups report studies that use this property of PNAs as steric
blockers for treating genetic disorders. The Gang Chen group report the effect of PNA in promoting
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exon inclusion related to Tauopathies [26]. In cell culture, PNA–neamine conjugates restored exon 10
inclusion levels (in the MAPT gene) to around 50%.

Shaiq Sultan et al. [27] report on the therapeutic potential of PNAs to treat Cystic Fibrosis (CF).
The authors present data where PNA masking of miR-145-5p binding sites (that are present within
the 3′UTR of the CFTR (Cystic Fibrosis Transmembrane Conductance Regulator) mRNA) are able to
increase the expression of the miR-145-5p regulated CFTR that is repressed in this disease.

PNAs as antisense molecules have been shown to downregulate genes not only in mammalian
cells, but also as antiviral, antibacterial, and antimalarial agents. In the final contribution to this Special
Issue, Monika Wojciechowska et al. provide a comprehensive review on the various approaches used
to develop PNA molecules as antibacterial agents [28].

The authors provide a detailed description on the various chemical modifications installed into
the PNA as well as a variety of peptides used as shuttles for bacterial uptake of these PNA antibacterial
agents. Given the growth in antibiotic resistance, there is indeed much room for developing such PNA
antisense molecules that target critical genes in bacteria as a novel approach to provide antibacterial
activity with minimal bacterial drug resistance.

In summary, this Special Issue manifests the variety of biomedical fields where PNA plays a critical
role in diagnostics and therapeutics. The morpholino oligomer (phosphorodiamidate morpholino
oligomer (PMO)), which is also a DNA mimic with a neutral backbone, has been approved by the FDA
for treating Duchenne Muscular Dystrophy (DMD) by promoting exon skipping in the Dystrophin
gene [25]. Given these developments and the advances in PNA chemistry, it still remains to be seen
whether PNA will turn one day into an approved drug.

Funding: This research received no external funding.

Conflicts of Interest: The author declares no conflict of interest.
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Abstract: Unusual nucleic acid structures are salient triggers of endogenous repair and can occur
in sequence-specific contexts. Peptide nucleic acids (PNAs) rely on these principles to achieve
non-enzymatic gene editing. By forming high-affinity heterotriplex structures within the genome,
PNAs have been used to correct multiple human disease-relevant mutations with low off-target
effects. Advances in molecular design, chemical modification, and delivery have enabled systemic
in vivo application of PNAs resulting in detectable editing in preclinical mouse models. In a model
of β-thalassemia, treated animals demonstrated clinically relevant protein restoration and disease
phenotype amelioration, suggesting a potential for curative therapeutic application of PNAs to
monogenic disorders. This review discusses the rationale and advances of PNA technologies and
their application to gene editing with an emphasis on structural biochemistry and repair.

Keywords: peptide nucleic acids; PNA; triplex; gene editing; structure; recombination; repair;
nanoparticles; β-thalassemia; cystic fibrosis

1. Introduction

Nucleic acid molecules are capable of forming a broad range of structures due to their backbone
flexibility, hydrogen bonding combinations, and sequential monomeric building blocks. While canonically
DNA is known to prefer a right-handed double helical structure, or B-DNA, a multitude of alternative
nucleic acid structures have been reported since Watson and Crick first described the double helix
in 1953 [1]. Left-handed double helical DNA (Z-DNA), triplex DNA (H-DNA), tetraplex DNA (e.g.,
G-quadruplex), and DNA:RNA looping hybrids (R-loops) are a few examples of the diverse formations
these molecules adopt in nature, often in sequence-specific contexts [2]. The consequences of these curious
structures have been under investigation for decades revealing critical roles in gene regulation, telomere
protection, and recombination processes amongst others. However, while unusual structures expand and
nuance the genomic toolbox, these sites have been shown to be associated with genomic instability in some
contexts [3]. Consequentially, a suite of dedicated helicases, polymerases, and repair networks evolved in
tandem to recognize and resolve these transient structures faithfully and maintain genomic integrity [4].
Unsurprisingly, owing to the inherent sequence-specific, recombinogenic properties of non-B-DNA
structures and their ability to elicit endogenous repair, harnessing these molecular configurations as an
approach to targeted gene modification has attracted considerable interest [2].

Molecules 2020, 25, 735; doi:10.3390/molecules25030735 www.mdpi.com/journal/molecules5
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The field of structure-mediated gene targeting developed rapidly as investigators initially
pursued the application of triplex-forming oligonucleotides (TFOs)—single-stranded DNA molecules
that associate with the major groove of a DNA helix at polypurine stretches and stabilize via
Hoogsteen hydrogen bonding (H-bonding) [5]. These sequence-targeted molecules were used to
deliver mutagens to induce gene knockout and eventually were applied with short DNA templates
to achieve homologous recombination [6,7]. While DNA TFO-induced gene editing demonstrated
a modest ability to accomplish targeted sequence modification, the field took a major leap forward
with the advent and application of a new class of synthetic DNA prototype, peptide nucleic acids
(or PNAs), which are the focus of this review. First described by Nielsen and colleagues in 1991, PNAs
are synthetic DNA analogues that feature a polyamide (i.e., protein-like) backbone, as opposed to a
conventional phosphodiester backbone (Figure 1A, [8]). This key chemical modification endows PNAs
with advantageous characteristics that make them especially amenable to targeted structure-induced
recombination. Firstly, as a result of a neutrally charged polyamide backbone, and by minimizing
repulsive negative forces between polymer backbones, PNAs are capable of forming remarkably
high-affinity base-paired structures with DNA [9]. This effect is even more pronounced when two
PNA strands coordinate with a single strand of DNA, resulting in an exceptionally stable heterotriplex
structure relative to DNA:DNA:DNA homotriplexes (e.g., TFO) [10]. In contrast to TFOs that bind
along the exposed major groove of a target helix, PNAs are capable of invading helices to coordinate
around a single strand of DNA while displacing the opposite strand (termed a p-loop, Figure 1B, [5,11]).
Further, due to their novel structure, PNAs are resistant to nuclease and protease-mediated degradation
and are thus very stable in living cells [12]. Taken together, these attributes allow investigators to wield
PNAs as a potent means to generate salient sequence-specific structures with genomic DNA (gDNA).
The resulting bulky helix-distorting p-loop robustly recruits endogenous repair and, when provided a
co-delivered ssDNA template specifying a sequence change, mediates the incorporation of a persistent
genomic edit (Figure 1B, [13–15]).

Figure 1. (A) Phosphodiester and polyamide backbone structures of DNA and PNA polymers, (B)
Simplified schematic of triplex-forming PNA-mediated gene editing.

An exception in a field dominated by enzymatic approaches, PNAs are a powerful gene editing
technology that utilizes modifiable molecules to generate recombinogenic structures. Decades of
advances in PNA chemistries, systems of delivery, and their applications to gene editing have
effectively developed this technology into a promising candidate for genetic therapy for systemic
monogenetic human disease. Work from our laboratories at Yale University has shown that PNAs can
be co-delivered with a ssDNA template using biodegradable polymeric nanoparticles and administered
to animals directly in vivo [16–20]. To date, nanoparticle-delivered PNAs have been used to correct
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disease-implicated mutation in multiple tissues, across multiple disease models in mice—ex vivo,
in vivo, and in utero [16–22]. This review explores advances in PNA gene editing as they relate to PNA
chemistry, structural biology, delivery, and repair and recombination before summarizing on-going
work and outlooks for this exciting developing field.

2. Pre-PNA: TFOs and Structure-Induced Recombination

Early on, investigators identified the potential use of TFOs as a means to recognize unique genomic
sequences and to elicit a site-directed effect. Initial experiments from our group (1993) used TFOs to
deliver conjugated mutagens, such as psoralen, to induce gene knockout [23]. That same year Kohwi
and Panchenko made the fascinating observation that triplex-forming sequences were associated with
recombination events in an orientation and length-dependent manner using plasmid-based assays in
E. coli [24]. Three years later, Faruqi et al. (1996) [25] went on to demonstrate recombination induced
by triplex formation via TFO, both with and without psoralen conjugates, in mammalian cells. This
advance set the stage for using triplex technologies to induce specified sequence modifications.

In 1999, Chan et al. demonstrated editing at a single base via template-directed recombination
for the first time using short ssDNA donor molecules tethered to a TFO targeting an SV40 vector.
Editing frequencies occurred in the range of ~0.1% [7]. Later, work from Datta et al. using cell-free
extracts showed that the covalent linkage between donor and TFO was not a requirement for editing
to occur [26]. Importantly, this result suggested that TFO binding and triplex formation was the key
event leading to repair and recombination. This led the authors to believe that strand breaks secondary
to triplex repair could be responsible for forming recombination intermediates.

Although triplex editing via TFOs proved modestly effective, a few key limitations hindered
overall efficiency. First, early work demonstrated that TFO binding affinity for its target is highly
correlated with intracellular activity. Recombination experiments in cell-free extracts revealed that
generally TFOs with a KD (equilibrium dissociation constant) less than or in the range of 10−7 M
were necessary for measurable activity [27]. KD was also shown to correlate closely with TFO length,
often requiring up to 30 nucleotides for activity, restricting the number of possible genomic targets.
Further, because TFOs are composed of DNA they are subject to nuclease-mediated degradation
and only transiently remain within the cell intact [12]. Various strategies have been tried in order to
surmount some of these restrictions (summarized in sections of [28]), but none have progressed the
technology close to therapeutically meaningful efficiencies. While work using TFOs demonstrated a
proof-of-principle for using site-specific structure formation to induce recombination, their feasibility
as a potentially therapeutic biotechnology fell short. Ideally such a technology needs to demonstrate
superior triplex binding kinetics, intracellular stability, and broader versatility.

3. PNA Chemistry

The unique features of PNA oligomers satisfy the aforementioned criteria. For example, relatively
short (10 mer) PNAs bind with nanomolar affinity (KD ~ 10−9) to complementary DNA targets,
with apposite modifications (vide infra) able to improve affinity several orders of magnitude to
high femtomolar (KD ~ 10−12) [29]. Further, the bifurcated character of PNAs—whereby the same
compound is part nucleic acid, part peptide, but never entirely either—imparts stealth, since no known
endogenous nucleases and/or proteases recognize PNAs as substrates [12]. Also, the ease of synthesis,
based largely on established protocols for peptide syntheses, and availability of synthetically amenable
sites in the backbone have allowed variations in PNA design and conformation to optimize DNA
binding efficacy [30].

Although the superiority of appropriately designed PNA oligomers over TFOs for DNA binding
is now well established in the literature, these trends are only intuitive in retrospect. In fact, the seminal
work introducing PNAs for DNA recognition presented them as ligands for the accessible major
groove of purine-rich DNA targets (like TFOs), where they could bind using the same Hoogsteen
H-bonding interactions that stabilize TFO-based triplexes [8]. However, this study led to the surprising
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finding that pyrimidine-rich PNAs formed stable PNA2-DNA triplexes on the bound DNA strand
by simultaneous displacement of the homologous region of the non-target (pyrimidine-rich) DNA
strand [8]. Evidently, the PNA ligand was sufficiently homomorphous to DNA and possessed the
binding affinity to invade an otherwise stable duplex structure harboring a complementary sequence,
resulting in a complex where two PNA molecules engaged the Watson–Crick (WC) and Hoogsteen
(HN) faces, respectively, of the same target strand (Figure 2A [8]). Confirmatory evidence [31] for
this binding mode has since incentivized synthetic strategies to optimize the binding efficacy of PNA
oligomers for duplex DNA targets, since invasion of B-form DNA at near-physiologic osmolality and
acidity has been recognized, then [32] and now [33], as a major challenge for PNA binding. Indeed,
it is the evolution of the PNA compound in pursuit of more favorable binding that has largely enabled
strategies for PNA-induced gene editing [34].

 
Figure 2. PNA structural variations to drive exergonic strand invasion. (A) single-stranded (monomeric)
PNA; (B) bis (dimeric) PNA; (C) tcPNA; (D) γtcPNA; (E) γssPNA; (F) pcPNA.

4. Triplex-Forming PNAs for Gene Editing

4.1. Bis-PNAs and Early Applications

Because the PNA-DNA binding reaction, like every molecular reaction, is driven by the standard
free energy relationship

[ΔG = ΔH − TΔS] (1)

the synthetic strategies to enhance DNA recognition have focused on modulating both terms of
the equation (ΔS and ΔH, for entropy and enthalpy changes, respectively) to achieve exergonic
(ΔG < 0) DNA binding reactions. For example, the realization that two polypyrimidine PNA molecules
dimerized on the target DNA strand upon binding [31] led to the initial modification of tethering single
PNA strands to create dimeric (bis) PNAs (Figure 2B [35,36]). This strategy effectively converted the
binding reaction from a trimolecular process, where two PNA molecules dimerize on the bound DNA,
to a bimolecular process, where tethered PNA domains on the same PNA molecule form H-bonds
with nucleobase H-bond donors and acceptors on both faces of the target DNA, thus decreasing the
translation entropy change (ΔS) required for DNA binding [35,36].

This new construct was also informed by ancillary studies establishing the orientational preferences
for PNA binding to the WC and HN faces of the target strand [37]. Initial reports demonstrated
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the efficacy of this modification for duplex DNA invasion, with one report showing the EC50, PNA
concentration necessary for binding 50% of duplex targets, to be > 500-fold higher for a bisPNA
relative to the corresponding single PNA [35]. Further, because Hoogsteen base pairing requires the
incoming cytosine (C) residues to provide the H-bond donors (Figure 3A), DNA strand invasion by
single or bisPNAs, or indeed any PNA variation requiring Hoogsteen pairing, shows a strict pH
dependence [38], since pKa < pH for C under physiologic conditions [39], requiring acidic conditions
for strand invasion. Therefore, the pseudoisocytosine (J) residue, a structural isomer of C that mimics
its protonated form (Figure 3A), was introduced to facilitate pH-independent binding [36]. Importantly,
this modification allowed detection of DNA strand invasion at bisPNA concentrations three-fold lower
than those observed for unmodified bisPNAs [36].

 
Figure 3. Structural modifications in PNA backbone and nucleobases to enhance strand invasion.
(A) Hydrogen bonding of C+GC and JGC triplets (B) PNA and gamma(γ) modified PNA monomers
(C) A:T, Dap:T, and A:sU hydrogen binding pairs

Triplex formation on the bound DNA strand is also accelerated for bisPNAs relative to single
pyrimidine PNAs, since hybridization on the WC face of the target, proposed to be the nucleation
step for triplex formation, increases the effective concentration of the second, tethered PNA strand for
subsequent base pairing on the HN face. This binding model is supported by thermal denaturation data
which show reduced hysteresis—variance between the transition profiles recorded for denaturation
(melting) and renaturation (annealing), due to slow association kinetics—for bisPNA-DNA complexes
relative to those with single PNAs [36]. Because of the inverse relationship between KD and association
rate constant ka, [

KD =
kd
ka

]
(2)

and because of the direct relationship between KD and free energy change,

[ΔG = RTlnKD] (3)

accelerated binding kinetics as enabled by bisPNAs improve the binding efficacy of the ligand for
DNA strand invasion by lowering ΔG.

With highly stable triplex formation capability, optimized nucleobase isomers, and dramatically
improved binding kinetics, bisPNAs were the first PNAs successfully used for gene editing applications.
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In 2002, Rogers et al., showed targeted recombination with ssDNA donors using a supFG1 plasmid
reporter system in human cell-free extracts [15]. A single base template-directed base conversion
(G to C) in this plasmid system, followed by transformation into bacteria and plating in the presence
of β-galactosidase, allowed for the ability to detect rare recombination events. bisPNAs tethered to
short DNA templates and unconjugated bisPNAs were tested in this system. Unconjugated bisPNA
and donors stimulated recombination at a frequency of 0.08%, an effect fivefold more active that the
introduction of donor DNA alone [15].

Chin et al. (2008) went on to demonstrate the effectiveness of bisPNA mediated gene editing in
mammalian cell culture using a disease-relevant reporter model [40]. bisPNAs were used to edit a single
base β-thalassemia splicing mutation in a human β-globin intron (IVS2-1G→A) placed within a single
copy of the GFP gene. This reporter cassette was placed within the genome of Chinese hamster ovary
(CHO) cells. Thus, following a targeted editing event and splicing restoration, appropriately edited
cells were able to express full-length GFP mRNA transcripts and fluoresce. In this study, bisPNAs
designed to target a homopurine region 193 bp downstream from the target edit and a 60 mer ssDNA
donor were co-nucleofected into CHO reporter cells and restored GFP expression in 0.2% of cells [40].
Importantly, GFP expression was maintained in culture for a month after nucleofection suggesting that
editing events were persistent, heritable, and occurred as a result of genomic sequence change. Beyond
an artificial reporter construct in CHO cells, Chin et al. went on to demonstrate bisPNA-mediated
editing in the β-globin IVS2 introns in human K562 cell lines, mouse bone marrow containing a human
β-globin locus, and human CD34+ progenitor cells [40]. Notably, after continued culturing, edited
CD34+ lines differentiated into myeloid and erythroid lineages with persistent detectable sequence
modification. These results highlighted PNA-mediated editing as a feasible translational technology.
No longer a conceptual practice in plasmid assays, PNAs were used to genetically manipulate human
hematopoietic stem cells (HSCs) ex vivo. This approach, followed by stem cell transplantation, is a
viable therapeutic means to treat monogenetic hematologic disorders.

Two additional studies demonstrated the ability of bisPNAs to edit human CD34+ cells in
culture. McNeer et al. (2011) employed a novel delivery approach to target CD34+ cells and edit the
β-globin IVS2 intron using bisPNAs [41]. By encapsulating bisPNAs and ssDNA donors in spherical
poly(lactic-co-glycolic acid) (PLGA) nanoparticles (NP) they showed superior reagent delivery and
editing efficiencies approaching 1%. Moreover, using PLGA NPs showed no detectable reduction in
cell viability and outperformed nucleofection delivery by 60-fold [41]. Developments in NP strategies
for delivery are discussed in a dedicated section below in more detail. Finally, Chin et al. (2013) used
bisPNAs and 100 mer ssDNA donors to target the promoter of the human γ-globin gene in CD34+
cells [42]. While inactive in adults, specific mutations in the γ-globin promoter alter transcription
factor binding and reduce silencing. Inducing such mutations are a strategy to alleviate the burden
of hemoglobinopathies such as β-thalassemia and sickle cell disease. By nucleofection, Chin et
al. demonstrated up to 1.63% editing using bisPNAs to introduce a -117 G→A γ-globin promoter
mutation in cultured CD34+ cells [42]. Bolstered by improved nanoparticle-mediated delivery, bisPNA
approaches substantially progressed PNA technologies towards viability as a potential therapeutic
genetic technology. Still, rational chemical improvement of PNAs has the potential to optimize binding
kinetics and enhance recombinogenic potency even further.

4.2. tcPNAs and First In Vivo Studies

To modulate the enthalpic component (ΔH) of PNA-DNA binding by strand invasion, tail-clamp
(tc) PNA oligomers were designed by extending the PNA recognition domain on the WC face of the
target DNA (Figure 2C [43,44]). This modification contributes to the binding enthalpy by increasing the
number of base pairs (and H-bonds) annealing the PNA strand to its target [43,44]. For example, Bentin
et al. showed that a 10-mer extension on the PNA C-terminus (which binds the DNA WC face) increased
the thermal stability of the PNA-DNA complex ~ 40 ◦C and improves strand invasion into duplex DNA
by up to 100-fold [43]. Interestingly, the improvement in binding efficacy for tcPNAs over bisPNAs is
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driven more by decelerated dissociation than by accelerated association, as demonstrated by data from
independent groups showing tcPNAs to have two- to three-fold lower ka for strand invasion while also
possessing much lower (> 250-fold) dissociation rate constants (kd) relative to bisPNAs [43,44]. In this
case, the direct relationship between KD and kd (eqn 2), and the direct relationship between KD and ΔG
(eqn 3), have the cumulative effect of improving the strand invasion reaction by decreasing ΔG.

Equipped with the ability to form an overall more stable triplex, tcPNAs were first applied to gene
editing by Schleifman et al. (2011) to introduce a stop codon into the CCR5 gene in human THP-1 cell
lines and CD34+ cells [45]. As rationale behind this approach, naturally occurring knockout mutations
of CCR5, a chemokine receptor required for HIV-1 entry into T-cells, imparts resistance to HIV infection.
Nucleofected tcPNA reagents successfully modified 2.46% of THP-1 cells, a notable advantage over the
0.54% frequency achieved using bisPNAs in the same system. Modified cells demonstrated resistance
to R5-tropic HIV-1 infection and were continually cultured for 98 days to demonstrate persistence. Five
edited clones were maintained for 13 months with demonstrable heritable modification [45].

Schleifman et al. (2013) took this approach a step further marking the first ex vivo editing
and engraftment studies utilizing PNA technologies encapsulated into PLGA NPs. In this study,
PNA treated peripheral blood mononuclear cells (PBMCs) in culture were edited up to frequencies
of 0.97% as determined by deep sequencing analysis [21]. The treated cell population was then
engrafted into immune-deficient NOD-scid IL2rγnull mice. Flow cytometry analyses confirmed the
presence of similar frequencies of engrafted human leukocyte and T-cell subsets in spleens 4 weeks
post-transplantation for both treated and untreated PBMCs, indicating treatment had no effect on the
ability of progenitor populations to engraft the animals. Finally, human PBMC engrafted mice were
challenged with CCR5-tropic HIV-1BaL virus by intraperitoneal injection. Engrafted mice treated with
PNAs maintained higher overall CD4+ T-cell counts that rose to levels similar to uninfected mice with
concordant viral RNA levels approaching undetected levels [21]. These experiments highlighted the
combined advantages of improved tcPNA chemistry with an elongated WC-binding tail and optimized
NP-mediated delivery. These basic features, with minor modifications, remain the standard for the
most potent PNA editing approaches used today.

In vivo applications with optimized tcPNA and NP reagents emerged shortly after these
developments were introduced. PLGA NPs were previously used for systemic delivery of drugs in
FDA-approved applications. Thus, barriers to direct systemic administration were low as the same
materials used in in vitro and ex vivo approaches can be safely introduced directly into the bloodstream
of animals. The first in vivo application of PNA-mediated gene editing was described by McNeer et
al. (2013) using tcPNAs encapsulated in various NP formulations. NOD-scid IL2rγnull mice engrafted
with human CD34+HSCs were treated by systemic injection with NP-delivered tcPNAs and donor
DNA targeted to the CCR5 and β-globin loci [16]. Engrafted mice treated intravenously with tcPNA
particles demonstrated detectable targeted CCR5 editing in bone marrow, spleen, thymus, gut, and
lung. Deep sequencing of whole spleen revealed 0.43% total editing with possibly much higher editing
(>14%) in some isolated human progenitor-derived colonies. To further demonstrate the ability of
tcPNA to modify HSCs, the same authors transplanted marrow from tcPNA/DNA treated mice into
untreated NOD-scid IL2rγnull mice [16]. CCR5 modification was noted in recipient mice 10 weeks after
serial transplantation. Finally, this same approach was demonstrated using a different tcPNA targeted
to a β-globin intron within a GFP fluorescent reporter in human HSCs engrafted mice. These results
showed, for the first time, that PNA gene editing reagents can be delivered systemically to modify
relevant targets in vivo.

NP delivered tcPNAs have successfully targeted airway epithelium in vivo. Fields et al. (2013)
employed an optimized NP formulation for intranasal delivery of tcPNAs to target the previously
described β-globin intron/GFP reporter in the lungs of mice [18]. The authors successfully edited lung
epithelium as well as alveolar macrophages and alveolar epithelial cells. McNeer and Anandalingham
et al. (2015) used this same approach to intranasally deliver tcPNA/DNA donors to target and correct
the F508del mutation of the cystic fibrosis transmembrane conductance regulator (CFTR) gene in a
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mouse model [19]. This particular mutation is a prevalent pathologic cystic fibrosis mutation seen in
patients. Corrective editing in intranasally treated mice was assayed by deep sequencing and using
a functional nasal potential difference assay (NPD) that reports functional chloride efflux in vivo.
Mice treated with tcPNA/DNA showed significant reductions in NPD readouts consistent with
wild-type voltages and 5.7% correction of CFTR F508del mutation in lung epithelium [19]. The above
studies signify an expansion of the target repertoire and means of delivery for in vivo application of
therapeutic PNA gene editing. Again, rational design of PNAs and delivery reagents proved capable
of improving potency and progressing the diverse applications of the system.

4.3. PNA Gamma(γ) Modification and Further In Vivo and In Utero Application

Recognizing the enhancements in strand invasion efficacy imparted to the PNA by extension
of the WC binding domain (as in tcPNAs), groups have incorporated gamma(γ)-PNA residues
(Figure 3B [29,46]) into this segment of a tcPNA to derive γtcPNA (Figure 2D [20]). Although this
review will mostly emphasize the utility and superiority of this modification for gene editing
applications [20,22], this strategy was based on much earlier work showing γ moieties improve
recognition of single- and double-strand DNA targets, at least in the context of WC pairing by single,
monomeric PNAs [47,48]. γPNAs possess a synthetically installed stereogenic center at the γ position
of the PNA backbone (Figure 3B), and this modification induces global conformational selection
in the entire PNA oligomer, resulting in helical preorganization in a manner determined by the
stereochemistry of the γ-position [29,46]. With the appropriate γ-configuration, itself determined
by selection of the appropriate amino acid enantiomer at the start of monomer synthesis, the PNA
oligomer can be engineered to match the helicity of the DNA target [49].

Helical homology confers several intuitive and empirical improvements to the binding reaction.
For example, γ-modification accelerates association and decelerates dissociation in the context of DNA
binding [29], both of which converge to lower KD relative to unmodified PNA as shown by eqn 2.
As predicted by eqn 3, the improved affinity (lower KD) manifests as a stronger exergonic reaction for
γPNA-DNA binding compared to corresponding reactions with PNA (−ΔΔG = 5 kJ/mol [29]). Also,
the improvement in binding kinetics, particularly in the association phase, is especially salient in the
context of strand invasion, since earlier reports have shown that, once formed, even hybrid complexes
containing sub-optimal PNA designs and/or PNA-DNA combinations remain stable for extended
periods [50], highlighting a critical role for an efficient initiation/nucleation step.

The free energy gain (ΔΔG) conferred by γ modification provides an opportunity to simplify the
design criteria for PNA oligomers effective for strand invasion. Accordingly, Ly and coworkers have
shown that strategic implementation of γ-modification can render clamp formation, as in bis- and
tcPNAs, expendable in the context of strand invasion [47,48]. Single, monomeric PNAs of appropriate
length (≥15 mer) have been modified with γ residues and shown to be effective for sequence-specific
strand invasion, with corresponding displacement of the homologous region on the non-target
strand [47,48]. There are two merits of this design simplification: (1) by decreasing the length of PNAs
necessary for strand invasion, γPNA modifications engender significant reductions in synthetic costs
and effort necessary to obtain useful reagents; (2) because the enthalpic component of the binding
reaction does not require significant (or any) H-bonding on the HN face of a polypurine DNA target,
but is instead provided by enhanced H-bonding on the WC face of even mixed targets, γPNAs expand
the genomic targeting range beyond sites with pronounced asymmetry in the strand distribution of
purines and pyrimidines. This latter consideration is especially salient for gene editing, which shows a
systematic dependence of modification efficiency on triplex-target site separation, at least in the context
of TFO-induced triplexes [51]. Appropriately modified monomeric γPNAs targeting mixed-sequence
genomic sites therefore provide an opportunity to modulate the hybrid (PNA-DNA)-target site
separation in a systematic, predictable manner to elicit gene editing (Figure 2E [17]).

The enhanced invasion ability and helical pre-organization ofγPNAs have generated the most potent
editing reagents to date enabling robust in vivo application. Bahal et al. (2014) used γ modified tcPNA
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co-encapsulated with ssDNA donors in NPs to edit mouse primary bone marrow cells ex vivo and in vivo
and demonstrated their superiority to unmodified tcPNA reagents [17]. Using a similar β-thalassemia
intron IVS2/eGFP reporter to previous studies, the authors demonstrated approximately fourfold higher
editing frequencies when using γtcPNA over unmodified tcPNAs with identical sequences.

Bahal et al. (2016) followed-up these promising experiments by applying these same modified
reagents to a β-thalassemia disease mouse model [20]. In this model, mice contain no alleles for
murine β-globin and only a single copy of human β-globin containing a thalassemia-associated
splicing mutation in the IVS2 intron (position 654 - T→C). Consequentially, mice demonstrate a marked
β-thalassemia disease phenotype including microcytic anemia and splenomegaly. γtcPNA/ssDNA NPs
designed to target the pathologic mutation were administered to animals systemically by intravenous
injection. Treated animals demonstrated appreciable editing in target tissues such as bone marrow and
γ modified tcPNA reagents outperformed both unmodified tcPNA and non-triplex-forming γ modified
ssPNAs. Thus, these studies again demonstrate the advantageous properties of PNAs conferred by
tail-clamp triplex forming moieties and γ modification. Moreover, the authors described impressive
disease phenotype amelioration after NP administration. Treated animals demonstrated dramatic
reductions in spleen size, reduced reticulocytosis, as well as a persistent, to at least 140 days, elevations
in hemoglobin to wild-type ranges. Notably, intravenous treatments with NPs were not associated
with any measurable increase in inflammatory cytokines [20].

Recent work demonstrated the proof-of-concept of in utero gene editing in a mammalian
mouse model using NPs containing γtcPNA and donor DNA [22]. Stemming from the observation
that hematopoietic stem and progenitor cells may be edited at a higher efficiency than already
differentiated cells [16,20], Ricciardi et al. endeavored to achieve gene editing during fetal development,
when an organism contains a higher proportion of dividing and expanding stem and progenitor cell
populations [22]. Using a mouse model of β-thalassemia, the authors administered NPs containing
γtcPNA and donor DNA to mice in utero via two administration routes: intraamniotic and intravenous
via the vitelline vein. The procedure was safe: PLGA NP administration did not affect fetal plasma
cytokine levels relative to controls. Moreover, PLGA NPs did not affect survival rates, weight gain,
or gross anatomy of mice that had been treated in utero and successfully weaned. As intravenous delivery
resulted in the greatest amount of NP accumulation in the fetal liver, the site of fetal hematopoiesis,
the authors assessed phenotypic amelioration following intravenous NP administration. Hallmarks
of disease pathology were reversed including underlying anemia, reticulocytosis, splenomegaly, and
associated extramedullary hematopoiesis. Treated mice had 100% survival 500 days after in utero NP
treatment [22].

Notably, Ricciardi et al. achieved an editing frequency of ~6% in total bone marrow and ~10%
in hematopoietic progenitor cells after a single in utero NP treatment. Additionally, the in utero
results were attained with a fraction of the dose of NPs used postnatally (185 μg versus 8 mg) [20,22].
The biology of a fetal stem cell may lend itself more readily to gene editing. RNA sequencing
experiments suggest that fetal liver HSCs, in general, possess higher expression of DNA repair
pathway-related genes than adult bone marrow HSCs. More specifically, KEGG pathway analysis
found that genes related to mismatch repair, homologous recombination, nucleotide excision repair,
and base excision repair pathways were more highly expressed in fetal liver HSCs when compared to
adult HSCs [52].

In addition to a potentially favorable transcriptome, the population of fetal liver HSCs is rapidly
expanding, with approximately 100% of HSCs cycling every 24 h, which is in stark contrast to the
adult bone marrow HSCs that are 90–95% quiescent (reviewed in [53]). The ability to target or access
this rapidly dividing stem cell population within the fetal liver with PNA/DNA NPs may account for
the higher levels of gene editing observed prenatally and could represent an important therapeutic
opportunity for site-specific gene editing of hematopoietic disorders before birth.
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4.4. Ongoing Work and Democratization

Active research in the area of triplex PNA editing continues. Recent data shared by
Piotrowski-Daspit et al. [54,55], Ricciardi et al. [56], and Quijano et al. [57] point to further in utero
and in vivo applications of PNA technologies to models of cystic fibrosis, β-thalassemia, and sickle
cell disease. Bolstered by novel approaches to NP delivery [54,55] and new insight into mechanistic
underpinnings [58], PNA editing has strong potentially to develop even further in the near future.
Meanwhile, using a similar approach to triplex editing, recent work by Fèlix et al. demonstrated the
use of a new type of DNA-based triplex-forming molecule consisting of an elongated Watson–Crick
binding region with a clamping anti-parallel Hoogsteen binding region [59]. These DNA oligos contrast
single-stranded TFOs and are more similar in design to tcPNAs. Further, Watson–Crick binding DNA
stretches featured the intended sequence modifications within the clamping molecule and thus did not
require the introduction of a separate ssDNA donor. Authors described corrections of single point
mutations in the adenosyl phosphoribosyl transferase (aprt) gene in CHO cells [59]. Newly emerging
studies like these indicate exciting new directions for triplex editing as more groups begin to apply this
conceptual approach.

Notably, while PNA technologies have proven impressively effective, a limited number of
groups are actively using these reagents for the purposes of gene editing. Required expertise in
synthetic chemistry and novel design limit widespread use and ultimately the rate of development
and improvement. Reminiscent of the slow uptake of initial nuclease-mediated gene editors, such as
zinc-finger nucleases, it was not until the advent of TALENs, CRISPR, and democratized access to
these technologies that use and understanding in the field began to accelerate. In the case of PNAs,
resources are beginning to emerge that will enable their widespread adoption. A web tool designed to
identify polypurine, and thus triplex-accommodating, regions within gene targets was developed by
the Vazquez group allowing easy identifications of PNA-triplex targeting sites across human and mouse
genomes (http://utw10685.utweb.utexas.edu/tfo/) [60]. Further, the advancement and adoption of
automated peptide synthesizer platforms has begun to simplify and expedite a PNA synthesis process
that previously required extensive and time-intensive chemistry protocols and expertise. Additionally,
described below in Table 1, this review contains list of convenient guidelines and recommendations for
the design and application of triplex-forming PNAs for gene editing. The development of PNAs into
a clinically applicable and curative therapeutic tool depends on the ability of these novel molecules
to be easily adopted and wielded by investigators. Reducing barriers to access and encouraging the
adoption of PNAs for gene editing has promise to further accelerate advancement towards the ultimate
goal of widespread therapeutic application in humans.

Table 1. Guidelines for Triplex PNA Design for Gene Editing

Guidelines for Triplex PNA Design for Gene Editing

• Target polypurine (A or G) sequence stretches in proximity to modification of interest, ideally ≥ 7 consecutive bases and
within 500 bp of intended edit

• PNA design: ≥20 Watson–Crick base stretch followed by flexible linker sequence and antiparallel triplex-forming Hoogsteen
base stretch corresponding to polypurine target, three lysine residue cap at each N and C-terminus

• PNA modification: consider introduction of gamma (γ) modified PNA monomers distributed throughout sequence

• ssDNA donor: 60 mer single-stranded DNA oligonucleotide with centered modification sequence and three terminal
phosphorothioate backbone modifications on 3′ and 5′ ends

• Nanoparticle encapsulation at 2:1 PNA:DNA ratio

• If possible, screen multiple candidate PNA target sequences and modification approaches for optimal editing activity
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5. Delivery

As described above, employing various delivery strategies for PNA reagents rapidly accelerated
the development of the technology for gene editing applications. Although PNAs hold significant
therapeutic potential, on their own their biological application is limited by an inability to passively
diffuse across cellular membranes. Using liposomes as a model for this hydrophobic barrier, Wittung
et al. (1995) initially demonstrated that short PNAs (10 bp) had efflux times of 5.5 and 11 days,
which was comparable to a control DNA [61]. With slow inherent uptake kinetics, adoption of
successful delivery methods is pivotal to the in vitro and in vivo use of PNAs.

5.1. Peptide-Mediated Delivery of Peptide Nucleic Acids

Inspired by the uptake of TAT peptides [62–64], a class of well-known cell-penetrating peptide
(CPP), PNAs have been directly modified with arginine residues to enhance their cellular uptake [29,65].
Zhou et al. synthesized PNAs bearing arginine sidechains at the alpha position and demonstrated
enhanced perinuclear cellular uptake comparable to a fluorescently-labeled TAT peptide [66]. When this
modification was moved to the gamma position, these uptake properties were retained, with the added
benefit of preorganizing the PNA into a right-handed helix [67].

In addition to direct modifications, PNAs have also been conjugated to CPPs to enhance their
cellular uptake [66–68]. CPPs are short, cationic peptides that vary in length, typically ranging from
nine to thirty amino acids [62]. While several CPPs have been investigated to date, the most successful
of these for delivery of PNAs has been penetratin, a sixteen residue peptide derived from the Drosophila
Antennapedia gene [69–71]. Using PNAs targeted against the HIV trans-activation response (TAR)
element (an RNA stem-loop), Turner et al. demonstrated that PNAs conjugated to penetratin could
potently inhibit Tat-dependent trans-activation in HeLa cells [70]. Interestingly, when coupled to a
TAT peptide, the PNAs were completely inactive, unless accompanied by the addition of chloroquine,
which was presumed to facilitate endosomal escape [70].

Similarly, Rogers et al. (2012) have previously employed penetratin to deliver PNAs in vitro and
in vivo [72]. Using PNAs targeted against a chromosomally integrated supFG1 reporter gene in mouse
cells, they showed that penetratin-PNA conjugates achieved higher levels of uptake and targeted
mutagenesis than passive uptake of the PNA alone. Importantly, these penetratin-PNA conjugates
demonstrated enhanced biodistribution and targeted genome modification in vivo in several somatic
tissues and compartments of the hematopoietic system [72].

In addition to traditional CPPs, recent work has described a strategy to deliver PNAs using a
peptide which preferentially accumulates in acidic microenvironments [73,74]. Under physiologic
pH, pHLIP (pH (low) insertion peptide)), weakly associates with the cellular membrane [75]. As pH
is reduced, pHLIP becomes protonated, resulting in a transmembrane α-helix with its C-terminus
inserted across the cellular membrane [76]. Using this peptide, Cheng et al. (2015) delivered PNAs
against oncomiR-155, resulting in significant delays in tumor growth in vivo [77].

While peptide-mediated delivery of PNAs remains a promising approach for in vitro and in vivo
applications, the need for excessively high and repeated dosing to achieve therapeutic benefit
(10–50 mg/kg) reduces the potential for clinical translation. The broad effectiveness of CPPs specifically
as delivery agents is also limited by their endosomal entrapment [78], requiring the use of lysosomotropic
agents such as chloroquine or Ca2+ to enhance effectiveness [70,79]. pHLIP, though useful for targeting
acidic microenvironments, is not a viable strategy for delivering PNAs to non-acidic tissues. Moreover,
we have recently shown that pHLIP may be less effective at delivering PNAs greater than 25 nucleotides
in length [75]. Finally, while peptides may serve as effective delivery vehicles for PNAs, the need
for co-delivery of donor DNA for gene editing would require additional conjugation strategies to
deliver both molecules. To overcome these limitations, recent work with PNAs has focused on the
development of polymeric nanoparticles (NPs) to efficiently entrap and deliver PNA as well as donor
DNA molecules to cells in vitro and in vivo.
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5.2. PLGA Nanoparticle-Mediated Delivery of PNAs

As an alternative to peptide-mediated delivery of PNAs, several groups have investigated the use
of NPs. While many of these delivery systems have been reviewed elsewhere [80], efforts have focused
on developing NPs from poly(lactic-co-glycolic acid) (PLGA), a biocompatible and biodegradable
polymer, well-known to the FDA [81]. In addition to their favorable safety profiles [82,83], drug release
from PLGA NPs is highly tunable by adjusting polymer molecular weight and ratio of lactic to glycolic
acid [84]. Recently, Mandl et al. showed that NP size can be tuned to alter biodistribution and
accumulation of NPs in sites of interest, such bone marrow or lung [85].

In 2011, McNeer et al. first demonstrated that PNA and donor DNA molecules could be formulated
into PLGA NPs using a double-emulsion solvent evaporation technique. In this process, the PNA
and donor DNA encapsulants are first mixed and subsequently added to the polymer under vortex,
forming the first water-in-oil emulsion. Following sonication, the PLGA NPs are stabilized through
dropwise addition into a second aqueous solution containing a surfactant. After a final sonication
step, the NPs are flash frozen and lyophilized prior to use. By co-encapsulating these molecules into
NPs, this approach was used to mediate recombination in human CD34+ cells, resulting in site-specific
modification of the β-globin locus [41]. While the level of modification was relatively modest (0.5–1%),
the improvements in cell viability were significant compared to standard electroporation, which
reduced cell viability to ~20% after 24 h. This observation was in sharp contrast to cells treated with
blank or PNA/DNA NPs, which demonstrated 100% cell viability [41]. The use of PLGA NPs loaded
with PNA and donor DNA resulted in a 60-fold increase in editing compared to cells electroporated
with these reagents.

While robust in its delivery of PNA and donor DNA molecules in vitro, a major benefit of using
PLGA NPs is their ability to effectively deliver these molecules in vivo [86]. Based on previously
discussed work modifying CCR5 [41], McNeer, Schleifman et. al, used NPs with surface coated with
TAT or penetratin peptides to treat mice engrafted with human CD34+ cells [16]. While prior work
had demonstrated that TAT conjugated PNAs were not effective in the absence of chloroquine [63],
TAT conjugated NPs consistently produced higher levels of gene editing in vitro in human CD34+
cells [16]. When administered systemically, TAT modified NPs achieved CCR5 modification in multiple
tissues including disease relevant CD4+ and CD34+ human cells [16]. Importantly, these NPs were
non-toxic to bone marrow or spleen progenitors as demonstrated by colony forming assays. Beyond
these initial experiments PLGA NPs have been extensively used to deliver PNA and donor DNA.
As discussed in above sections, PLGA NP delivery has been successfully applied to multiple in vivo
studies and demonstrated the ability to targeted native HSCs in mice with therapeutic effects in disease
models. Notably, and consistent with prior work, Bahal et al. (2016) and Ricciardi et al. (2018) found
PNA/DNA PLGA NPs did not induce inflammatory cytokine secretion in treated animals [20,22].

5.3. PBAE/PLGA/MPG Nanoparticle-Mediated Delivery of PNAs

While the use of PLGA has been extensively explored for the delivery of PNA and donor DNA,
new materials are being investigated, including polymer blends of PLGA with poly(β-amino esters)
(PBAE) [18,19,87]. In particular, NPs made from blends of PLGA and PBAE have shown exceptional
promise for the delivery of PNA and donor DNA to lungs following intranasal administration [18,29].
In developing these NPs, Fields et al. carefully explored the blending of PLGA with PBAE to
enhance NP transfection and loading of DNA [88,89], while attenuating the observed toxicity of
this cationic polymer [87]. To further enhance uptake, these NPs were surface-coated with a DSPE-
PEG lipids conjugated to CPPs. With these modifications, cellular uptake of NPs in vitro was
substantially improved [87] and subsequently shown to enhance NP uptake in mice following
intranasal administration [18]. In particular, NPs were found to associate with approximately 30%
of all lung cells, in contrast to unmodified NPs, which demonstrated little to no cellular associated
with lung [18]. Though levels of editing were modest (0.6% in alveolar macrophages and 0.3% in
alveolar epithelial cells), this early work provided proof that this approach could be used to edit
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genes in the lung following intranasal NP administration. Further, as with PLGA NPs, treatment
with PLGA/PBAE/MPG NPs did not increase inflammatory cytokine production following in vivo
application [19].

6. Mechanisms of PNA-Mediated Gene Editing

6.1. PNA Triplex Repair and Recombination

PNA-mediated gene editing relies on the ability of endogenous cellular factors to detect anomalous
PNA/DNA structures within the genome. Structure repair ultimately enables a recombination event
with a nearby homologous ssDNA donor molecule to incorporate a permanent sequence modification.
The mechanisms by which PNA detection and repair can instigate recombination are not yet fully
elucidated. Thus far, PNA editing has been shown to depend, in part, on nucleotide excision
repair (NER) [15,40]. NER is a non-mutagenic repair pathway responsible for the removal of bulky,
helix-distorting lesions within DNA—an effect known to be imparted by PNA invasion and structure
formation [8,88]. NER relies on a network of factors including context-specific recognition factors
(XPC, CSA/CSB, XPA/RPA), specialized helicases (XPD, XPB), and endonucleases that generate single
strand nicks (XPG, XPF). Xeroderma pigmentosum group A (XPA), a central NER factor responsible
for lesion detection and factor assembly, has been shown to be important for PNA editing to occur.
Experiments in XPA-depleted cell-free HeLa extracts by Rogers et al. (2002) showed marked reductions
in PNA repair and recombination [15]. Chin et al. (2008) made a similar observation when XPA
was knocked down by siRNA in a human K562 cell line [40]. Notably, no other targeted gene
editing technology is known to utilize non-mutagenic NER pathways. Rather, nucleases such as Cas9,
TALENs, and zinc-finger nucleases are known to feature homology directed repair (HDR) or mutagenic
non-homologous end joining (NHEJ) pathways at double strand breaks with mechanistically unknown
contributions from Fanconi Anemia repair factors [89,90]. Base Editor and deaminase approaches,
meanwhile, predominantly rely on enzymatic deamination of nucleobases, base excision repair (BER),
and mismatch repair (MMR) to achieve single base modifications [91].

6.2. TFO Triplex Repair and Recombination

While the repair and recombination mechanisms specific to PNA-mediated editing remain under
investigation, earlier work on TFO-mediated recombination offers insights into other structure-induced
recombination processes and how PNA editing may occur. Similar to PNA triplexes, NER seems
to play an important role in TFO triplex repair and recombination. Experiments in human XPA-
immunodepleted cell-free extracts [26] and in XPA knockout human fibroblasts [14] both show marked
reductions in TFO repair and recombination. Plasmid-based experiments in mammalian cells by Faruqi
et al. (1999) showed reduced TFO-mediated recombination in XPA, XPG, and XPF deficient cells—an
effect that was rescued partially by XPA cDNA complementation. Interestingly, knockdown of MMR
factors MSH2 and MLH1 did not have an effect on overall recombination efficiency [14].

6.3. Endogenous Triplex Repair and Recombination

Insights from how cells repair endogenous triplex structures reveal more potential mechanisms of
triplex repair and resolution. In work recently published by the Vasquez group (2018) they describe
replication-dependent and replication-independent pathways for the repair of DNA triplexes (H-DNA)
that form spontaneously between gDNA strands [3]. While replication-independent repair and cleavage
rely on NER factors XPG and XPF, flap endonuclease 1 (FEN1) is a key factor that binds and cleaves
endogenous H-DNA during replication [3]. The role of FEN1 in PNA or TFO-mediated recombination
has yet to be explored.
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6.4. ssDNA Donor Recombination and Rad51

Rad51 recombinase, an HDR factor that binds ssDNA overhangs for homology search and invasion,
appears to play a role in TFO-mediated recombination. In the case of TFOs tethered to ssDNA templates,
Rad51 overexpression increases targeted recombination with an episomal vector [26]. Conversely,
experiments with whole-cell extracts immunodepleted of Rad51 showed reduced recombination
frequencies [26].

In the broader field of gene editing, however, the exact role Rad51 plays in recombination with
ssDNA donors remains unclear. Interestingly, work from the Corn group (2018) in CRISPR/Cas9
systems shows that while Rad51 siRNA knockdown significantly reduced recombination frequencies
when using dsDNA donors (plasmid), no such effect existed when using ssDNA donor molecules [90].
Complicating the picture further, work from Davis and Maizels demonstrated that when using single
strand nickase mutants of Cas9 and a ssDNA donor, thus leaving one DNA strand intact, knockdown
of Rad51 improved recombination frequencies eightfold [92]. The same effect was observed when
BRCA2, an HDR factor directly upstream of Rad51, was knocked down as well [92]. The authors
go on to suggest that a distinct HDR sub-pathway called single strand annealing (SSA) and factors
such as Rad52 may be responsible for ssDNA incorporation in the presence of single stranded nick
intermediates [92,93].

In summary, Rad51 may promote, antagonize, or have little effect on ssDNA donor incorporation,
depending on the context and approach. These diverging results are likely explained by how ssDNA
oligonucleotides are able to interact with the intermediate recombinogenic structures or breaks induced
by gene editing technologies. The ecosystem of often competing repair factors associated with structures
at these genomic locations dictate preferred pathways of repair and recombination. Ultimately, future
experiments will be needed in order to clarify the role Rad51 and strand search HDR pathways
play in gene editing with ssDNA donors. Rad51 contribution to PNA-mediated editing is currently
under study.

7. Other PNAs for Gene Editing

7.1. pcPNAs for Gene Editing

An alternative strategy to improve the exergonicity of strand invasion using monomeric PNAs has
been explored by designing PNA pairs to hybridize both strands of the target region (Figure 2F [94]).
This strategy relies largely on reaction enthalpy to drive hybridization, by effectively doubling
the number of base pairs in the thermodynamic product of binding relative to the starting duplex
but imposes a significant penalty in translational entropy since strand invasion in this context is a
tetramolecular reaction. However, successful strand invasion with the appropriate combination of
monomeric PNAs [94] is clear evidence that upon DNA hybridization, enthalpic gain compensates
for entropic loss (ΔH < TΔS), as is often observed for DNA-ligand interactions [95]. Crucial for
the effectiveness of this strategy is nucleobase modification to increase enthalpic contribution while
preventing self-quenching of the PNA pair, which would otherwise be WC complementary. Specifically,
the diaminopurine (Dap) nucleobase has been substituted for adenine (A) to provide an additional H
bond donor for pairing with thymine (T) (Figure 3C [94]). The more stable Dap:T pair relative to A:T
pair, coupled with the expanded surface area of Dap that stabilizes base pair stacking interactions, drives
exergonicity by lowering ΔH. Furthermore, to prevent quenching of the PNA pair, thiouracil (sU) has
been substituted for T (Figure 3C [94]), a modification which, although inducing mild destabilization
of the PNA-DNA hybrid, abrogates any pairing between the modified nucleobases (Dap:sU) due to
increased electron density (and repulsion) relative to Dap:T and A:sU (Figure 3C).

Applying these principles, so-called pseudo-complementary PNAs (pcPNAs) were successfully
applied to gene editing in 2009 by Lonkar et al. using a cell culture model [96]. CHO cells containing
the GFP-IVS2-1 β-thalassemia reporter, described previously in this review, were electroporated with
a pair of opposite strand-binding pcPNAs and ssDNA donor. FACS analysis of treated conditions
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demonstrated up to 0.78% correctly edited, GFP+ cells [96]. Thus, pcPNAs are capable of inducing
targeted recombination with a ssDNA template, likely in a manner distinct from triplex-forming PNAs.
Few studies have followed up this approach to editing since this study. Future work with these
reagents, however, may provide further insights into the breadth of structures capable of inducing
recombination for gene editing. While there is some evidence that NER pathways may also contribute
to pcPNA-mediated editing [96], how this overall mechanism compares to triplex forming PNAs
remains uninvestigated.

7.2. ssPNAs for Gene Editing

Another approach, reported by Bertoni and colleagues, features the use of a single stranded
WC-binding PNA (ssPNA) without a ssDNA donor [97,98]. This strategy uses ssPNAs designed to
bind a mutation target within the genome forming a PNA/DNA heteroduplex opposite a displaced
gDNA strand. ssPNAs invade gDNA helices to target a single strand of DNA directly by WC pairing,
and thus have no sequence restriction and do not need to accommodate Hoogsteen binding. These
molecules are designed as ~25 mers homologous to a coding or template strand target with the
exception of the intended modified base. Initial work by Kayali et al. in 2014 used ssPNAs to
correct a splicing mutation in the dystrophin gene characteristic of the disorder Duchenne muscular
dystrophy (DMD) [97]. Transfection of anti-template strand and anti-coding strand 18 mer ssPNAs via
Lipofectamine™ 2000 into myoblasts derived from a DMD mouse model resulted in ~3% and ~7%
editing respectively. Authors also described dystrophin-positive muscle fibers in DMD mice after
direct injection of free ssPNAs directly into the tibialis anterior muscle. Two weeks after treatment,
qPCR methods determined 2.8% of template strand and 3.3% of coding strand targeted alleles to
be edited. Dystrophin-positive edited fibers were detected in vivo four months after treatment [97].
Further studies from the same group determined these reagents were capable of editing satellite
cells ex vivo from the DMD mouse model and that modified cells were capable of self-renewal
and differentiation [98]. Engrafted satellite cells in DMD mice differentiated and persisted at least
24 weeks. Notably, the frequency of dystrophin-positive muscle fibers increased with time and this
effect correlated with improved muscle morphology in the tibialis anterior of mice [98].

Studies featuring the use of ssPNAs are of considerable interest not only because they expand
the potential therapeutic repertoire of PNA technologies but because of their presumably distinct
mechanisms of action. Taken together, these results suggest the exciting possibility that polymerases
may be able to use PNAs as a viable substrate to introduce deoxynucleotides opposite PNA nucleobases.
In this particular case, one could imagine MMR and BER pathways of repair implicated in processing
single base mismatches within novel PNA/DNA duplex structures. Similar to PNA triplex-mediated
editing, however, more work concerning the repair mechanisms by which these structures are processed
is needed to further understand and rationally improve this approach.

8. Perspectives and Limitations

PNA reagents are a conceptually distinct approach to gene editing. Rather than relying on the
catalytic activity of enzymes on genomic DNA substrates, PNAs non-enzymatically generate unusual
nucleic acid structures within the genome to promote recombination. As a result of this novel approach,
preliminary studies suggest the repair mechanisms by which PNAs accomplish gene editing is also
distinct. In fact, PNA editing may utilize inherently non-mutagenic pathways such as nucleotide
excision repair (NER), offering a powerful advantage over technologies like CRISPR/Cas9 that are
characteristically plagued by mutagenic repair outcomes [15,40,89].

PNA-mediated gene editing has progressed rapidly over the past two decades. Advances in
optimized PNA chemistry and binding kinetics as well as sophisticated non-toxic means of delivery are
responsible for propelling the applications of PNA editing reagents forward. Since initial observations
of induced recombination using plasmid systems in cell-free extracts, PNAs have evolved into potent
tools capable of ex vivo, in vivo, and in utero application in mice with therapeutically consequential
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effects [16–22]. Despite impressive progress informed by the chemical and biomedical engineering
aspects of PNA technologies, however, approaches to advancement driven by biological, mechanistic
insight remain mostly untapped.

Understanding the mechanisms of PNA structure recognition, repair, and recombination hold
enormous promise for the future of the technology and more broadly in the rapidly developing field of
gene editing. While improvements to PNA chemistry have substantially progressed editing potency
over time, a detailed understanding of how these modifications are preferentially detected within
the genome and lead to or improve recombination with ssDNA donors remains elusive. Ultimately,
a truly rational approach to reagent design must be informed by the mechanistic underpinnings of
PNA-induced repair and recombination. This information has the capacity to further inform PNA
reagent chemistry and design as well as provide opportunities to further improve potency by biasing
relevant pathways of repair. Moreover, investigating the likely novel means by which structure-specific
repair interfaces with homologous recombination may reveal pathways to non-mutagenic gene editing
not previously considered.

Author Contributions: N.G.E. prepared the first draft. The final publication was prepared with contribution from
all authors. All authors have read and agreed to the published version of the manuscript.

Funding: This work was supported by the NIGMS Medical Scientist Training Program (T32GM07205 to N.G.E.,
A.S.R. and E.Q.), the National Heart, Lung and Blood Institute (1F30HL149185 to N.G.E., F30HL134252 to A.S.R.,
and R01HL125892 to W.M.S. and P.M.G.), and NIGMS predoctoral training grant (5T32GM007223 to E.Q.).

Conflicts of Interest: N.G.E., A.S.R., E.Q., W.M.S., and P.M.G. are inventors on patents pertaining to gene editing
that are assigned to Yale University. P.M.G. and W.M.S. are consultants for and have equity interests in Trucode
Gene Repair, Inc.

References

1. Watson, J.D.; Crick, F.H.C. Molecular Structure of Nucleic Acids: A Structure for Deoxyribose Nucleic Acid.
Nature 1953, 171, 737–738. [CrossRef] [PubMed]

2. Choi, J.; Majima, T. Conformational changes of non-B DNA. Chem. Soc. Rev. 2011, 40, 5893–5909. [CrossRef]
[PubMed]

3. Zhao, J.; Wang, G.; Del Mundo, I.M.; McKinney, J.A.; Lu, X.; Bacolla, A.; Boulware, S.B.; Zhang, C.; Zhang, H.;
Ren, P.; et al. Distinct Mechanisms of Nuclease-Directed DNA-Structure-Induced Genetic Instability in
Cancer Genomes. Cell Rep. 2018, 22, 1200–1210. [CrossRef] [PubMed]

4. Boyer, A.-S.; Grgurevic, S.; Cazaux, C.; Hoffmann, J.-S. The Human Specialized DNA Polymerases and
Non-B DNA: Vital Relationships to Preserve Genome Integrity. J. Mol. Biol. 2013, 425, 4767–4781. [CrossRef]
[PubMed]

5. Frank-Kamenetskii, M.D.; Mirkin, S.M. Triplex Dna Structures. Annu. Rev. Biochem. 1995, 64, 65–95. [CrossRef]
[PubMed]

6. Havre, P.A.; Gunther, E.J.; Gasparro, F.P.; Glazer, P.M. Targeted mutagenesis of DNA using triple helix-forming
oligonucleotides linked to psoralen. Proc. Natl. Acad. Sci. USA 1993, 90, 7879–7883. [CrossRef]

7. Chan, P.P.; Lin, M.; Faruqi, A.F.; Powell, J.; Seidman, M.M.; Glazer, P.M. Targeted correction of an episomal
gene in mammalian cells by a short DNA fragment tethered to a triplex-forming oligonucleotide. J. Biol.
Chem. 1999, 274, 11541–11548. [CrossRef]

8. Nielsen, P.E.; Egholm, M.; Berg, R.H.; Buchardt, O. Sequence-selective recognition of DNA by strand
displacement with a thymine-substituted polyamide. Science 1991, 254, 1497–1500. [CrossRef]

9. Egholm, M.; Buchardt, O.; Nielsen, P.E.; Berg, R.H. Peptide nucleic acids (PNA). Oligonucleotide analogs
with an achiral peptide backbone. J. Am. Chem. Soc. 1992, 114, 1895–1897. [CrossRef]

10. Kim, S.K.; Nielsen, P.E.; Egholm, M.; Buchardt, O.; Berg, R.H.; Norden, B. Right-handed triplex formed
between peptide nucleic acid PNA-T8 and poly(dA) shown by linear and circular dichroism spectroscopy.
J. Am. Chem. Soc. 1993, 115, 6477–6481. [CrossRef]

11. Egholm, M.; Buchardt, O.; Christensen, L.; Behrens, C.; Freier, S.M.; Driver, D.A.; Berg, R.H.; Kim, S.K.;
Norden, B.; Nielsen, P.E. PNA hybridizes to complementary oligonucleotides obeying the Watson-Crick
hydrogen-bonding rules. Nature 1993, 365, 566–568. [CrossRef] [PubMed]

20



Molecules 2020, 25, 735

12. Demidov, V.V.; Potaman, V.N.; Frank-Kamenetskil, M.D.; Egholm, M.; Buchard, O.; Sönnichsen, S.H.;
Nlelsen, P.E. Stability of peptide nucleic acids in human serum and cellular extracts. Biochem. Pharmacol.
1994, 48, 1310–1313. [CrossRef]

13. Wang, G.; Seidman, M.M.; Glazer, P.M. Mutagenesis in mammalian cells induced by triple helix formation
and transcription-coupled repair. Science 1996, 271, 802–805. [CrossRef] [PubMed]

14. Faruqi, A.F.; Datta, H.J.; Carroll, D.; Seidman, M.M.; Glazer, P.M. Triple-Helix Formation Induces
Recombination in Mammalian Cells via a Nucleotide Excision Repair-Dependent Pathway. Mol. Cell.
Biol. 2000, 20, 990–1000. [CrossRef] [PubMed]

15. Rogers, F.A.; Vasquez, K.M.; Egholm, M.; Glazer, P.M. Site-directed recombination via bifunctional PNA–DNA
conjugates. Proc. Natl. Acad. Sci. USA 2002, 99, 16695–16700. [CrossRef]

16. McNeer, N.A.; Schleifman, E.B.; Cuthbert, A.; Brehm, M.; Jackson, A.; Cheng, C.; Anandalingam, K.;
Kumar, P.; Shultz, L.D.; Greiner, D.L.; et al. Systemic delivery of triplex-forming PNA and donor DNA by
nanoparticles mediates site-specific genome editing of human hematopoietic cells in vivo. Gene 2013, 20,
658–669. [CrossRef]

17. Bahal, R.; Quijano, E.; McNeer, N.A.; Liu, Y.; Bhunia, D.C.; López-Giráldez, F.; Fields, R.J.; Saltzman, W.M.;
Ly, D.H.; Glazer, P.M. Single-Stranded γPNAs for In Vivo Site-Specific Genome Editing via Watson-Crick
Recognition. Curr. Gene 2014, 14, 331–342. [CrossRef]

18. Fields, R.J.; Quijano, E.; McNeer, N.A.; Caputo, C.; Bahal, R.; Anandalingam, K.; Egan, M.E.; Glazer, P.M.;
Saltzman, W.M. Modified Poly(lactic-co-glycolic acid) Nanoparticles for Enhanced Cellular Uptake and Gene
Editing in the Lung. Adv. Healthc. Mater. 2015, 4, 361–366. [CrossRef]

19. McNeer, N.A.; Anandalingam, K.; Fields, R.J.; Caputo, C.; Kopic, S.; Gupta, A.; Quijano, E.; Polikoff, L.;
Kong, Y.; Bahal, R.; et al. Correction of F508del CFTR in airway epithelium using nanoparticles delivering
triplex-forming PNAs. Nat. Commun. 2015, 6, 6952. [CrossRef]

20. Bahal, R.; Ali McNeer, N.; Quijano, E.; Liu, Y.; Sulkowski, P.; Turchick, A.; Lu, Y.-C.; Bhunia, D.C.; Manna, A.;
Greiner, D.L.; et al. In vivo correction of anaemia in β-thalassemic mice by γPNA-mediated gene editing
with nanoparticle delivery. Nat. Commun. 2016, 7, 1–14. [CrossRef]

21. Schleifman, E.B.; McNeer, N.A.; Jackson, A.; Yamtich, J.; Brehm, M.A.; Shultz, L.D.; Greiner, D.L.; Kumar, P.;
Saltzman, W.M.; Glazer, P.M. Site-specific Genome Editing in PBMCs With PLGA Nanoparticle-delivered
PNAs Confers HIV-1 Resistance in Humanized Mice. Mol. Nucleic Acids 2013, 2, e135. [CrossRef] [PubMed]

22. Ricciardi, A.S.; Bahal, R.; Farrelly, J.S.; Quijano, E.; Bianchi, A.H.; Luks, V.L.; Putman, R.; López-Giráldez, F.;
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Abstract: MicroRNAs (miRNAs or miRs) are small noncoding RNAs involved in the fine regulation
of post-transcriptional processes in the cell. The physiological levels of these short (20–22-mer)
oligonucleotides are important for the homeostasis of the organism, and therefore dysregulation
can lead to the onset of cancer and other pathologies. Their importance as biomarkers is constantly
growing and, in this context, detection methods based on the hybridization to peptide nucleic acids
(PNAs) are gaining their place in the spotlight. After a brief overview of their biogenesis, this review
will discuss the significance of targeting miR, providing a wide range of PNA-based approaches to
detect them at biologically significant concentrations, based on electrochemical, fluorescence and
colorimetric assays.

Keywords: peptide nucleic acid (PNA); microRNA; fluorescence; templated reactions; nanoparticles;
light-triggered; electrochemical biosensors; colorimetric detection

1. Introduction

1.1. MicroRNA Background and Importance as Biomarkers

After their first discovery in 1993 [1,2], microRNAs (miRNAs or miRs) have increasingly gained
interest owing to their widespread role in controlling cellular functions. These short 20–22-mer
RNA sequences are involved in the post-transcriptional fine regulation of multiple physiological
processes of the cell, including proliferation, differentiation, cell death and signaling [3–8]. In Table 1,
some of the major roles of the principal miRs are reported, including miRs which are dysregulated in
specific pathologies.

According to the canonical biogenesis, which is the principal biogenetic pathway [9], miR genes are
transcribed by RNA Polymerase II into primary miRs (pri-miRs, see Figure 1). These hairpin structures
are processed at the nuclear level into pre-miR by a microprocessor complex called Drosha, which cleaves
the base of the hairpin [10,11] and exports the resulting pre-miRs to the cytosol via Exportin-5 [10,12].
Another, noncanonical, mechanism for production of pre-miR relies on the production of miR-introns
(miRtrons), which are located in the intronic sequences of mRNA, and lead directly to pre-miRs during
the splicing process of their host mRNAs, thus avoiding Drosha processing [13,14]. In the cytosol,
pre-miRs are immediately processed by Dicer: the hairpin loop is cleaved, resulting in a mature duplex
miR [15]. One of the two strands, called guide strand, associates with an Argonaut protein, forming the
RNA-induced silencing complex (RISC) [9]. Recent investigations show that the Ago2 protein is loaded
with the mature miR due to the action of the RISC-loading complex (RLC), composed by Ago2 itself,
Dicer and the protein TRBP [16,17]. Both strands can be loaded into the RISC, but it has been described
that the oligonucleotides with the lower thermodynamic stability at the 5′-end or those with an uracil
in 5′ are preferentially loaded into the complex, while the other strand (passenger strand) undergoes
degradation [18]. The RISC complex is then responsible for the post-transcriptional regulation of
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target mRNAs. This can happen via two principal mechanisms, i.e., direct mRNA degradation or
translational repression. The stability of association between the guiding miR and the target mRNA
determines the fate of the latter: moderate stability only results in target transcription block, while a
strong association induces its degradation [17,19,20].

Figure 1. Schematic representation of the principal biogenetic pathways of microRNA (miR) formation
and activity.

The key regulatory roles are dependent on the fine balance between the different components of
the miR network, and, often, the alteration of the expression level of a single sequence can lead to the
onset of diseases, including different forms of cancer as well as neurological pathologies [12,21–23].
Moreover, the total absence of miRs is associated with embryonic death, while a tissue-specific knockout
of their biogenetic machinery leads to developmental defects [24].

This correlation between the dysregulation of specific miR sequences and the onset of specific
pathologies has spurred the development of new methodologies for the precise quantification of these
shorts sequences, with some of these methods already available on the market [25–27]. The use of
DNA microarrays is a well-established method for low-cost high-throughput relative quantification.
Such arrays are employed for a fast screening of up/down-regulation, but they show a low dynamic
range and hybridization efficiencies largely depend on temperature, ionic strength and affinity between
probes [28]. qRT-PCR is another well-established methodology that allows specific and sensitive
detection of multiple miRs with precise quantification and is often used to validate microarray results
on a specific set of targets. Finally, RNA sequencing is a high-profile methodology employed in
the identification and quantification of miR sequences with high accuracy and selectivity in the
discrimination of closely related sequences, but, on the other hand, relatively high amounts of sample
are required and long analysis times as well as high costs limit its application.
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1.2. Peptide Nucleic Acids

In the field of oligonucleotide targeting, peptide nucleic acids (PNAs) are emerging as a valid
alternative to regular DNA probes for detection, because of their unique features. First reported in
Copenhagen by Nielsen and coworkers in 1991, these DNA mimics have only recently started to
become a widespread alternative for the use of its natural analogue [39]. The neutral poly-amidic
backbone confers higher stability to the PNA:RNA duplex as compared to RNA:RNA or DNA:RNA
complexes, with stabilities that are less affected by variations of the experimental conditions (i.e., ionic
strength, solvent polarity or presence of chaotropic agents). At the same time, a stronger destabilization
results from the presence of a mismatch in the duplex [40]. These features enable the employment of
shorter sequences for the formation of a stable duplex with a target, and can be particularly useful in
miR targeting, because of their short length and high homology in sequence, which in some cases may
differ by only one base. Next to these advantages of PNA employment over DNA for miR detection,
additionally, the non-natural backbone provides a unique stability towards nucleases and proteases,
and a higher chemical stability compared to natural oligonucleotides, thus increasing the shelf-life
of the probes [41]. As they are synthesized like a regular peptide, employing the well-established
peptide solid phase synthesis, the introduction of modifications (such as small peptides sequences,
ligands, fluorophores) directly on the solid support can be performed exploiting a broader range of
chemistries as compared to the DNA case, where phosphoroamidite chemistry or in-solution couplings
are required [42].

The use of PNA presents certain disadvantages that need to be taken into account during probe
design. The neutral poly-amidic backbone, that ensures the formation of strong duplexes with natural
nucleic acid targets, also leads to reduced solubility in aqueous media. This can be easily avoided by
introducing charged and hydrophilic residues, such as charged amino acids (i.e., arginine, glutamic acid,
etc.). This reduced solubility limitation is normally less important when operating at low micromolar
concentrations normally employed in oligonucleotide detection, but it may still be a drawback when it
comes to device fabrication. For example, the polyamidic backbone of PNA has shown to generate
problems in the conjugation of thiolated probes to the surface of gold nanoparticles [43], and this
requires the development of alternative protocols for gold decoration [44,45]. Additionally, the artificial
nature of the PNAs prevents their recognition by enzymes, including those currently employed for
amplification-based detection methodologies relying on DNA probes, such as ligases or polymerases.

Although these drawbacks may discourage their application, given their straightforward
conjugation with peptide sequences and small functional groups and the aforementioned advantages in
terms of duplex stability, PNAs have found numerous applications in nucleic acid targeting strategies
and have been proposed as biomolecule-based drugs and as probes for diagnostic tools [46–49]. The aim
of this review is to give an overview of the recent developments in PNA-based miR detection systems,
with particular attention for the main advantages over regular DNA-based strategies.

2. Electrochemical Detection Methodologies

An electrochemical biosensor is, by definition, a device able to transduce a bio-molecular
recognition event into a measurable electric signal, which can be amperometric, potentiometric or
impedimetric [50,51]. A wide range of biomolecules can be employed as recognition element for the
realization of this kind of device, ranging from antibodies and aptamers to cell receptors and lectins,
and eventually allow for the detection of whole cells [52].

As recognition event, the hybridization of two complementary nucleic acid strands is
particularly suitable for biosensing applications because of the high specificity of the base-pair [52].
Many electrochemical methodologies for DNA detection have been developed, providing in some
cases effective and low-cost detectors without the need of expensive signal transduction equipment
and, most importantly, enabling label-free detection [28,53].

Electrochemical miR biosensors constitute the main class of biosensors for miR detection. However,
the high sequence homology and short length of miRs have remained difficult to overcome in the
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realization of reliable detection devices. In this field, PNA can help to overcome some of the specific
miR-targeting problems. In addition, their use in electrochemical biosensors has shown to offer some
intrinsic advantages over the use of standard DNA. Indeed, due to the neutral nature of the PNA
backbone, most of the reported biosensors rely on the primary PNA–RNA hybridization event, which in
turn induces the accumulation of negative charge on the sensor surface [54]. This charge accumulation
can be used as signal per se, but, in order to enhance the sensitivity of the devices, additional reporter
units, such as nanoparticles (gold, iron oxide, silver), metal complexes or organometallic compounds
(such as ferrocene or ferricyanide), are often exploited [55,56].

2.1. Electrochemical Detection Methodologies Based on Hybridization

The simplest electrochemical detection platforms, as mentioned earlier, only rely on the charge
accumulation obtained after RNA hybridization to the surface. In this case, the employment of PNA
over regular DNA results in an immediate advantage. Given the charged nature of DNA, in fact,
its use in these direct biosensing platforms often leads to high background noise, resulting in a lower
sensitivity of the system.

In this context, Cai et al. reported the first example of a graphene oxide (GO) field-effect transistor
(FET) biosensor for miR detection (Figure 2A). FETs are transistors consisting of a gate and two
electrodes (source (S) and drain (D)) connected by a channel region typically made of a silicon-based
material. Measurements with FET sensors rely on a change in channel conductivity. Control of the
conductivity is possible through the application of a voltage between the gate and the source [57].
Based on a previously reported DNA-detection biosensor [58], a low-femtomolar detection of let-7b [59]
could be realized. Reduced graphene oxide (RGO) was used as conducting material and deposited on
the SiO2/Si surface of the FET. Gold nanoparticles (AuNPs) were used to decorate the RGO surface of
the biosensor and thiolated PNA was then immobilized onto the AuNP surface. The role of the AuNPs
was to increase the system sensitivity thanks to the high number of PNA probes that can be connected
per NP. Upon hybridization of the miR with the PNA probes, the change in electrostatic potential,
induced by charge accumulation at the biosensor SiO2/Si surface, results in a measurable VGS change.
Measurement of miR from serum was shown possible, allowing the detection of the presence of the
target down to 1 fM.

Another example, where the charge accumulation is exploited for miR-21 detection, was recently
reported by Kangkamano et al. [60]. This platform is based on silver nanostructures and
relies on pyrrolidinyl PNA systems consisting of a D-prolyl-2-aminocyclopentanecarboxylic acid
backbone (acpcPNA) developed in the Vilaivan group [61]. This sensor consists of a porous silver
nanofoam (AgNF) coated with a thin layer of polypyrrole (PPy), obtained by electropolymerization.
This conductive coating also provides the necessary amino groups for PNA anchoring. The foamy
structure, together with the high density of amino functions, allowed the functionalization with a
large amount of acpcPNA for miR capture, increasing the sensitivity of the system. The measurable
signal of such a sensor was provided by observing the oxidation current of AgNF in phosphate buffer
solution, employing cyclic voltammetry: hybridization with target miR increased the insulation of the
surface, resulting in a decrease of such current, proportional to target concentration with a low limit of
detection (LOD) of 0.2 fM (Figure 2B).

Similarly, a 384-channel array was fabricated employing a photolithographically-produced Au/Cr
electrode decorated with PNA probes (see Figure 2C) [62] for miR multiplex detection (miR-21, miR-17,
miR-223), using relatively inexpensive and available materials. The Au/Cr surface of the electrode was
functionalized with neutral PNAs, complementary to each miR target. Ferrocyanide was then used as
electroactive species and its oxidation current was measured by the electrode. Recognition of the target
miR results in a decrease of the oxidation current on the surface of each electrode, allowing the sensing
of 384 possible targets with an LOD of 73.3 nM. Despite the rather low sensitivity, this methodology
was presented as a cheap alternative for fast screening of PCR products.
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In all the cases discussed above, the detection of the desired miR was only possible due to the
negative charge accumulation at the biosensor’s interface. The relatively low LOD is here achieved
without the use of signal amplification methodologies and was enabled by the characteristic, neutral
PNA backbone. Similar approaches relying on DNA capturing probes are also possible, but in principle
they exhibit lower sensitivity due to the presence of negative charges on the oligonucleotide backbone.

 

Figure 2. Illustration of some of the principal electrochemical methodologies based on hybridization for
miR detection, relying on peptide nucleic acids (PNAs). (A) Field-effect transistor (FET)-based biosensor
introduced in [59]. (B) Silver nanofoam (AgNF)-based biosensor decorated with acpcPNAs shown
in [60]. (C) A 384-channel array on the Au/Cr surface based on the oxidation current of ferricyanide,
described in [62].

2.2. Nanopore-Based Methodologies

A relatively new entry in the field of oligonucleotide detection is the so-called nanopore. Providing
a precise, label- and amplification-free quantification of single molecules presenting a charge, its use
as detection platform is constantly growing and has found numerous applications in the analysis of
oligonucleotides of interest, including miRs [63]. Nanopores are structures of nanometric size consisting
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either of a trans-membrane protein inserted into a phospholipidic membrane (“biological” nanopores)
or a nanometric hole created in synthetic or semisynthetic materials (“solid-state” nanopores).
Independently of their nature, the detection principle is based on the migration of the charged
molecule through the pore, obtained by the application of a voltage across the membrane, and
the monitoring of the current change [64]. In view of their neutral or positively charged nature,
the application of PNAs as capturing probes represents once again the main advantage over the use of
classical DNA probes.

The possibility to introduce positively charged amino acids in the PNA backbone was exploited in a
work published by Tian et al., in which nanopore-based sensors were employed for selectively detecting
let-7b [65]. Here, a polycationic peptide (TAT)-PNA carrier is exploited to form a supramolecular
dipole with the target RNA sequence, leading to a channel blockade when a positive transmembrane
potential is applied. At the same time the application of this potential allows repelling unrelated
oligonucleotides from the pore, avoiding signal generation. In addition, the proposed system allows
to easily discriminate the formation of mismatched complexes based on different channel blocking
signatures. Detection of miR-7b with single-mismatch resolution proved possible (see Figure 3A).

An additional demonstration of the importance of the noncharged nature of the PNA backbone,
enabling direct RNA detection without recurring to additional reporter groups, can be found in
the work proposed by Wang et al., where nanopore sensing of miR-21 is enhanced by means of
a core-shell iron-oxide–gold nanoparticle (Fe3O4–AuNP)-decorated PNA probe [66]. The positive
potential applied to the nanopore attracts the negatively charged target and the passage through the
pore of the RNA:PNA-AuNP hybrid enhances the amperometric signal generation as compared to
standard miR detection. In addition, the magnetic core of the nanoparticle allows for isolation and
quantification of the target from complex matrices (see Figure 3B). Similarly, gamma-PNA probes
conjugated to polystyrene beads were also exploited by Zhang et al. to detect miR-204 and miR-210,
with LODs of 1 and 10 fM, respectively [67].

Using solid-state nanopore arrays, Gyurcsányi’s group presented a biosensor based on the
displacement of DNA–AuNPs conjugates for miR-208a detection in serum [68] (see Figure 3C).
Gold nanopore arrays were functionalized with 18-mer PNAs complementary to the target miR.
PNAs were then hybridized with 10-mer DNA-decorated AuNPs, designed to only weakly interact
with the PNA probes on the nanopore. In this situation, the DNA–AuNPs block the ion current through
the nanopore. In presence of the target miR, DNA displacement occurs accompanied by the release of
the AuNPs, thus affording a measurable variation of system impedance. Based on the obtained results,
the same group later reported on a new, optimized, nanopore array for potentiometric detection of
the same miR, exploiting a different approach [69]. In this device, gold nanopores were decorated
with positively charged PNAs to ensure anionic permselectivity, thus avoiding the passage of cations
through the pore. Under these conditions, increase of KCl concentration results in a negative variation
of the membrane potential, due to the Cl− current. After hybridization with the negatively charged
miR, the nanopore exhibits a cationic permselectivity, resulting in a positive membrane potential. It was
demonstrated that this effect was correlated with miR concentration, showing an LOD of 100 pM.
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Figure 3. Illustration of the nanopore-based methodologies for miR detection relying on PNAs.
(A) Nanopore sensing of let-7b, adapted with permission from [65]. Copyright 2013 American Chemical
Society (B) Nanopore-based sensing of miR-21, adapted with permission from [66]. Copyright 2019
American Chemical Society (C) AuNP-displacement based biosensor described in [68].

2.3. Signal Amplification Methodologies

Examples of biosensors exploiting AuNPs were already reported above. In the aforementioned
cases, the use of nanoparticles was justified as a means to increase the number of capturing probes on
the biosensor surface (see [59]) or, in the case of nanopore-based detection, as a way to block the pore
(see [68]). AuNPs, however, can additionally be employed in order to amplify the signal, enhancing the
system sensitivity and generating lower background, thus increasing the LOD of the systems. For this
purpose, various approaches may be used, including, for instance, the use of enzymes. The main
advantage of signal amplification strategies resides in the possibility to facilitate the detection of
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low-abundant targets, particularly fitting miR detection in view of its low concentration in cell and
serum [70].

An example of signal amplification for miR targeting is given by a work published by Jolly et al.,
in which the negative charge resulting from the hybridization with the target miR is used for the
deposition of positively charged AuNPs. This PNA-based sensor able to detect miR-145 was realized
employing a dual-mode detection methodology, allowing the sensing through the combination of an
impedimetric and a voltammetric measurement in order to increase the sensitivity of the assay [71].
After hybridization of the negatively charged miR strand to the complementary PNA immobilized on
a gold electrode, positively charged AuNPs were added to the sensor. The increase of capacitance due
to the binding of the positive AuNPs to the negatively charged miR enables an initial impedimetric
detection. To enable the complementary voltammetric detection, the AuNPs were decorated with a
thiolated ferrocene as a redox marker for square wave voltammetry (SWV) (Figure 4A). The LOD of
this system is 0.37 fM with a wide dynamic range, up to 100 nM.

 
Figure 4. Illustration of the signal amplification and PNA-based electrochemical methodologies for
miR detection. (A) Dual-mode detection of target miR-145, as presented in [71]. (B) Illustration of the
miR-guided PAn biosensor proposed in [72] (C) Scheme of the biosensor described in [73].
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Besides the use of nanoparticles, enzymatic amplification can also be used. Gao and coworkers
developed a biosensor employing PNA for sub-femtomolar (0.5 fM) detection of let-7b [72]. A gold
bead electrode was decorated with neutral PNA and subsequently hybridized with the target miR,
resulting in a high negative charge density on the system. The electrode was then incubated in a
cocktail of aniline, H2O2 and G-quadruplex-hemin DNAzyme which induces the polymerization of
aniline on the electrode. In this case, the signal amplification is related to the controlled polymerization
of polyaniline (PAn) on the sensor surface: the negative charge of the miR guides the PAn deposition
through electrostatic interaction with the protonated aniline precursor. This thin polymeric layer on
the electrode surface affects the electron transfer, thus permitting the read-out via electrochemical
impedance spectroscopy (EIS) (see Figure 4B). Thanks to the neutral PNA backbone, instead of the
anionic one of a DNA probe, aspecific adsorption of cationic aniline was minimized, resulting in a
low background.

In the former cases, the role of a neutral PNA is crucial. The neutrality of the system is required in
order to avoid the deposition of positive AuNPs or PAn in absence of the target miR, rendering the
straightforward application of DNA capturing probes more difficult.

Alternatively, in the work of Xie and coworkers, the use of PNA instead of DNA is not dictated
by the need for a neutral probe. They designed a biosensor for miR-126 employing a glassy carbon
electrode modified with a chitosan–graphene composite and a polyamidoamine dendrimer composite
containing gold and silver nanoclusters (Au-AgPAMAM), exploited for the functionalization with a
PNA-hairpin capture probe, partially complementary to the target. After miR hybridization, the hairpin
opens and allows the recognition of a digoxin-labelled DNA. Finally, the addition of a horseradish
peroxidase anti-digoxin antibody conjugate allowed differential pulsed voltammetric detection (PVD),
obtaining an LOD of 0.79 fM [73] (see Figure 4C). The advantage of using PNA, over regular DNA,
is connected to the need for a stable hairpin with a short pairing region (a PNA hairpin with a 6-base
pair stem region has a melting temperature higher than 37 ◦C, while a similar DNA hairpin would
generally open up below 25 ◦C.

3. Fluorescence-Based Methodologies

Fluorescent probes able to induce a signal change after a molecular event (such as the formation of
a duplex) are widely exploited for the realization of different applications. Enabling simple detection
and high sensitivity, fluorescence can be used for monitoring target concentrations directly in biological
samples as well as for in vivo imaging in living tissues [74]. One of the most widespread examples
of fluorescence-based detection methodologies encompasses the so-called molecular beacon. These
hairpin structures are labelled at the two edges with a fluorescent probe on one and a quencher on
the other hand. Upon hybridization with the target, an increase in fluorescence signal is generated in
response to a conformational change [75].

3.1. Fluorescence-Based Detection Methodologies Based on Hybridization

Fluorescent PNA probes are reported for a wide range of sensing applications [76]. Focusing on
fluorescence-based methodologies developed for miR detection, there are several examples in literature
where PNA beacons are used for in vivo imaging of miR. In this case, the advantage of employing
PNA over DNA probes lies in the fact that that the hairpin structure requires a shorter stem region to
be sufficiently stable, and this particularly fits the targeting of short sequences such as miRs.

These applications are based on the internalization of the probe followed by simple hybridization
with the target miR, which generates a turn on in the fluorescence readout. Different fluorophores are
exploited for providing the signal, including fluorescein [77], cyanines [78] and chlorins [79].

On the other hand, graphene and graphene oxide (GO) [80] are often used in a dual role:
as quencher as well as for cellular internalization [78,79,81,82]. These technologies provide additional
examples in which the neutral backbone of PNA plays an important role and ensures strong π–π
stacking interactions with GO with concomitant fluorophore quenching. Upon hybridization with
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the target RNA, the interactions weaken, provoking the release of the probe into the solution and
the concomitant increase in fluorescence signal. In this context, the use of PNA rather than classical
oligonucleotide probes is preferred in view of the negative charges of the GO at physiological pH
that can cause electrostatic repulsion of negatively charged phosphate backbones, thus preventing the
absorption of such systems and the fluorescence quenching effect.

This effect was first demonstrated in the work published by Ryoo et al., providing the first example
of a PNA–nano-graphene-oxide (PANGO) complex used for miR detection in living cells. Fluorescently
labelled PNAs were quenched with NGO, due to the tight interaction between the probe and the
nanosheets. Upon the addition of the target strands, the restored fluorescence provides the signal for
quantification of miR. Recognition of the target miR thus provokes an increase in the fluorescence
signal both in cell lysate as well as in the cytosol (Figure 5A). Exploitation of orthogonal fluorescent
reporters was also demonstrated to be applicable to multiplex quantification of miR-21, miR-125b and
miR-96 with LODs as low as 1 pM in solution or as little as 11.4 nM in living cells [82]. Later, Lee and
coworkers reported on the application of a GO-quenched FAM-PNA system used for the detection
of miR-193a. This was applied to a microfluidic culture system to track cellular differentiation via
intercellular exosome delivery [81].

Nanoporous metal–organic frameworks (MOFs) exhibit quenching properties similar to
graphene-based materials and can be exploited in similar applications for the detection of target
oligonucleotides. As an example, Kang and coworkers proposed a UiO-66 nano-MOF based system
coated with different fluorescently labelled PNA probes for the multiplexed detection of miR-21,
miR-96 and miR-125b in cancer cells, with an LOD in solution of 10 pM [83].

The quenching properties of carbon nitride nanosheets (CNNS) were also exploited by Ju and
colleagues, for the realization of a CNNS delivery system, coated with cyanine-labelled PNAs and a
folic acid derivative, for the fluorescence detection of miR-18a in cancer cells, with a low background
and high signal-to-noise ratio [84].

Ladame’s and Irvine’s groups recently developed a microneedle-based array skin patch for a
selective and minimally invasive sampling technique that could, in principle, be applied for the
isolation of miRs of interest from biological samples. For this purpose a microneedle array was
coated with a PNA-modified alginate hydrogel, enabling the system to sample up to 6.5 μL in 2 min.
The readout could be done either directly by dipping the microneedle in an intercalator dye solution,
or by photocleaving the duplex first and adding the intercalator in solution [85] (see Figure 5B).
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Figure 5. Illustration of some of the principal fluorescence-based methodologies for miR detection
relying on PNAs hybridization. (A) Functioning of PNA–nano-graphene-oxide (PANGO) multiplexed
analysis, adapted with permission from [82]. Copyright 2013 American Chemical Society.
(B) Hydrogel-coated microneedle patch for sampling and detection of miR. Adapted with permission
from [85]. Copyright 2019 American Chemical Society.

3.2. Templated Reactions

An alternative strategy to sense the presence of a target oligonucleotide strand is to use its sequence
as a template for the formation of specific adducts [86]. Usually, two probes bearing complementary
reactive functionalities are employed. Upon hybridization with the target strand, the reactive units are
positioned in close proximity and reaction is promoted. The main advantage of such a system is that
the effective concentration of the two reactive units is increased as a consequence of complex formation,
making the reaction possible even at low concentrations. Furthermore, these methodologies infer a
double selectivity to the system as both probes need to be hybridized at the same time with the target
strand, thus allowing to avoid side reactions in presence of a mismatched target. On the other hand, in
the case of templated ligations (i.e., covalent linkage between the two strands, as opposed to, e.g., label
transfer reactions), the reaction product shows higher affinity for the template, preventing the possible
recycling of the template [87]. In the past few years, several nucleic acid templated reactions have been
developed with the aim of initiating a biological process, providing a specific signal for DNA/RNA
detection, or synthesizing small molecules and macrocycles with affinity for the targeted structure.
Many of these reactions, however, were performed using DNA as template, and not as many examples
of templated strategies were used for miR sensing. The advantage of using PNA over regular DNA
probes for templated reactions is to be found in the structural peculiarities of the target: given that
miRs are short sequences, the use of two short DNA probes (10–11-mer) results in the formation of
weaker (DNA)2:miR duplexes as compared to the stronger (PNA)2:miR ones. As a result, this lower
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stability translates to a higher chance that the required complex may be not formed, thus preventing
the templated reaction. The most relevant PNA-based template methods are described in what follows.

3.2.1. Hybridization-Triggered Templated Reactions

In recent work by Seitz and co-workers, they reported on a methodology based on the
miR-templated hybridization of two PNAs facing each other with a cys–cys dipeptide (see Figure 6A).
Upon addition of a bi-arsenite fluorescent dye such as fluorescein arsenical hairpin binder (FlAsH,
whose fluorescence is quenched when forming a complex with ethanedithiol), the arsenite binds the
tetracysteine motif present in the template complex, releasing ethane-1,2-dithiol and uncaging the
fluorophore [88]. They report an 80-fold increase of fluorescence when the two PNAs hybridize without
gaps, which decreased by targeting an oligonucleotide with 1, 2 and 3 unpaired bases separating
the targeted segments. By using RCA, they were able to reach a subnanomolar LOD for miR let-7a
detection, with a signal 2.7-fold above the background at a concentration of 0.1 nM. The same typology
of reaction was employed to label an anti-miR-17 PNA and for mRNA templated detection [89].

A templated Michael-addition was exploited by Ladame’s group in order to detect miR biomarkers
in human serum for the diagnosis of prostate cancer (see Figure 6B) [90]. MiR-141 and 375 served as
template to promote the formation of a fluorescent coumarin by reaction of a thiolated PNA with an
α,β-unsaturated ketone of a nonfluorescent coumarin precursor present on the other strand. An optimal
3-oligonucleotide gap between the probe hybridization domains was maintained. The 1,4-addition
resulted in a strong restoration of the fluorescence emission at 520 nm. The LOD of the system
was estimated around 60 nM, maintaining a 5 μM stoichiometric concentration of the two PNA
probes. A similar reaction was more recently exploited by the same group to detect miR-like DNA at
concentrations as low as 100 pM in alginate-based hydrogel beads [91], delivering the first example of
a templated reaction within a hydrogel. Recently, this reaction was also exploited in a lateral flow strip
assay for the detection of miR-150 from plasma samples [92]. A biotinylated thiol-PNA (capture probe)
was immobilized on the streptavidin-containing test line of the strip. The target miR was prehybridized
with the coumarin-containing sensing probe and spotted on the loading pad of the strip. When eluted,
the miR:coumarin-PNA complex was retained on the test line due to its hybridization with the capture
probe. A fluorescence turn-on was then observed after drying the trip with a hair dryer. They report
a final LOD of 9 nM, claiming to report the first example of an oligonucleotide-templated reaction
on paper.

3.2.2. Light-Triggered Templated Reactions

Quite often, the use of external stimuli, such as light, is exploited to gain additional spatiotemporal
control over the activation of the system. Examples of these light-triggered templated reactions
were developed in Winssinger’s group, in which they used ruthenium (II) chemistry to perform a
photocatalyzed PNA ligation (see Figure 6C) [93]. In cellulo imaging of an miR-21 target strand was
achieved by uncaging a protected fluorophore in a templated manner [94]. Light irradiation (455 nm)
of a Ru(II) complex placed on a PNA strand triggered the reduction of an aromatic azide on the second
PNA strand. The formation of the corresponding aniline induces a cascade reaction that leads to the
uncaging of a rhodamine based pro-fluorophore. The reported reduction of the azide function was not
achieved directly via interaction with the excited Ru(II) complex, but is reported to be mediated by the
ascorbate, or by NADPH, naturally present in the cell.

Later, the same reaction was employed for in vivo imaging of miR-9, 196 and 206 in a living
vertebrate (zebrafish) [95], or for dsRNA-templated ligation [96], thanks to the formation of a
dsRNA–PNA triplex with the final aim to target the pre-miR-31 hairpin, precursor of the mature miR-31.
In this last report, the excitation of the Ru(II) catalyst induced the ascorbate-mediated reduction
of an immolative pyridinium linker, with the final release of a difluoro coumarin leaving group.
The ruthenium-containing probe does not form a ligation product with the facing strand, therefore
permitting the recycling of the probe, which acts as a catalyzer for the reaction. The turnover frequency
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of the reaction was later on optimized with DNA analytes, reaching the impressive value of 102 h−1

and providing the fastest templated reaction reported to date [97].

 

Figure 6. Illustration of some of the principal oligonucleotide templated reactions for miR detection
relying on PNAs. (A) In situ fluorescence labelling of dicysteine PNAs for miR detection, through
unmasking of FlAsh, described in [88] (B) Michael addition of a thiol-containing PNA to an
α,β-unsaturated ketone of a nonfluorescent coumarin precursor. Adapted with permission from [90].
Copyright 2016 American Chemical Society. (C) Ruthenium (II)-based light-triggered reaction, freeing
a quenched fluorophore upon light-mediated reduction of a pyridinium linker, as shown in [93].
(i) The reaction was conducted in cellulo (ii, [94]) and in vivo (iii, adapted with permission from [95].
Copyright 2016 American Chemical Society) for miR imaging.

3.3. Fluorescence-Based Detection Methodologies Featuring Signal Amplification

As described for electrochemical detection, signal amplification strategies can also be developed for
fluorescence-based detection. In this section we describe examples of signal amplification methodologies
applied in the context of miR detection, employing PNA probes.

A first example involves the exploitation of rolling circle amplification (RCA), used in combination
with fluorescently labeled PNAs for miR-21 detection [98]. The target miR acts as template to hold the
two extremities of a DNA padlock probe in close proximity, allowing a T4 DNA ligase to circularize
the probe. A polymerase is then able to use the circular DNA as template and the miR as primer to
start the synthesis of the RCA product (RCAP). After this stage, GO and a FITC-PNA, of the same
sequence as the target miR, are added, and if the RCAP is present it can sequester the PNA from the
solution, preventing its quenching by the GO (Figure 7A).
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Figure 7. Illustration of some of the principal fluorescence-based methodologies for miR detection
relying on PNAs, featuring a signal amplification strategy. (A) RCA-based detection of miR, adapted
with permission from [98]. Copyright 2016 American Chemical Society. (B) Quadratic amplification
applied for miR detection and release of coumarin, adapted with permission from [99]. Copyright 2019
American Chemical Society.

In a recent work by Winssinger and colleagues, quadratic amplification is achieved by combining
a DNA circuit based on two metastable DNA hairpins, decorated with a Ru(II) complex, with a
light-triggered templated reaction for miR-21 detection [99]. When the target is present, it hybridizes
with one of the hairpins of the circuit, allowing the formation of a long, single-stranded overhang.
The single-stranded overhang is now able to hybridize with the second hairpin, displacing the target
oligonucleotide, allowing the circuit to recycle the target and producing a dsDNA with two 4-mer
overhangs. Two short 4-mer PNAs, bearing a pro-fluorescent coumarin linked with an immolative
pyridinium spacer, hybridize to these two overhangs. Upon light irradiation at 455 nm, the Ru(II)
photocatalyzed release of the coumarin results in an increased fluorescence signal which enables the
detection of analyte down to 250 fM (Figure 7B). The methodology, here applied for sensing miR-21-like
DNA sequences, can in principle be translated to miR detection. In this context, the use of PNA rather
than DNA probes is crucial, given the short length of the overhangs which does not result in stable
DNA:DNA duplexes.
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4. Colorimetric Detection Methodologies

Among other methodologies for sensing oligonucleotides, colorimetric assays have gained
attention, providing a low-cost, effective and easy-to-handle alternative [100]. They are based upon
a visual color change read-out that can be detected with bare eyes, without the need of expensive
instruments. In many cases, this kind of assay relies on the use of gold or silver nanoparticles, which
allow visual detection due to their fluorescence and luminescence properties, often combined with
a high adsorption coefficient and an extended surface area for functionalization [101]. Despite the
generally recognized advantages of such assays, including their cost-effectiveness, only few examples
of colorimetric methodologies for miR sensing are available, and most of them are to be considered as
“colorimetric assays” rather than proper biosensors [102].

4.1. Colorimetric Assays Based on Hybridization

Lateral flow strips (LFS), meet all the mentioned requirements, providing a simple, highly
accessible and nearly-immediate read-out, without employing any additional instrument. As an
interesting example of miR detection in LFS format, relying on the hybridization with a PNA probe,
Cheng et al. designed a methodology for the detection of the bladder cancer markers miR-126, miR-182
and miR-152 from urine samples (see Figure 8A) [103]. As a means to enhance the identification
precision and reduce detection costs, a multiplexed analysis of the miR markers was enabled by
the realization of a trident-like LFS. This system allows a parallel singleplex analysis of the three
markers, without lowering the sensitivity of the system as compared to the use of the same strip for
multiple targets [104]. In a first step, target miRs are extracted from urine samples and amplified
using a dual-isothermal cascade amplification based on base stacking hybridization and exponential
isothermal amplification [105,106]. The resulting amplified mixture was loaded on the lateral flow
together with a reporter AuNP–DNA conjugate and PNAs were only used in test- and control-lines
to block and concentrate the amplicon:AuNP–DNA complex at specific position in the strip. A red
coloration is observed as a consequence of the accumulation of AuNPs. The LOD reached with this
biosensor is around 0.6 fM.

Another example in which the interaction between PNA and graphene is exploited can be found
in the work by Zhao et al. Here, the peroxidase-like catalytic activity of a graphene/AuNP hybrid
was used for miR-21 detection (see Figure 8B) [107]. This system is able to induce the oxidation of
3,3’,5,5’-tetramethylbenzidine (TMB, a typical reagent exploited in ELISA tests) in presence of hydrogen
peroxide. The catalytic activity of the system was passivated by the aspecific absorption of PNA probes
on the surface and subsequently restored only in the presence of the target miR-21 sequence as a
consequence of the detachment from the surface. As already mentioned in Section 3.1, the choice of
using PNA is dictated by the need for a neutral molecule, in order to guarantee high adsorption of the
probe to the graphene. The methodology showed an LOD of 3.2 nM and a low background.

Paper-based methodologies were also reported. An example is provided by Liedberg and
coworkers, who developed a biosensing platform to sense the presence of miR-21. The proposed assay
allows naked-eye detection of the target and does not require the use of any instrumentation with the
exception of a UV lamp [108]. A polyvinylidene fluoride paper was soaked with positively charged
poly(3-alkoxy-4-methylthiophene), a class of poly-thiophene (PT) polymers used as luminescent
reporter. In absence of the target, the free PT maintains a nonplanar conformation, resulting in high
fluorescence intensity (orange coloration) [109]. A neutral PNA complementary to the target was
added to the system, and, upon further addition of complementary miR, the resulting formation of a
PT:PNA:miR triplex retained the nonplanar conformation of the PT polymer, thus maintaining the
orange-fluorescent coloration of the paper. In case of addition of noncomplementary miR, the interaction
between the negative charges of the nucleic acids and the positively charged PT results in the formation
of miR:PT planar adducts, quenching the PT fluorescence and causing a visible color-shift from orange
to pink. Later, the same group reported the application of PT copolymers (cPT) for miR-21 detection in
plasma, reporting an LOD of 10 nM without the use of expensive instrumentation for the read-out [110].
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By controlling the monomer ratio, they were able to tune the inter-ring torsion of the co-polymer,
obtaining a tunable colorimetric response upon interaction with miRNA with a better colorimetric
response as compared to the PT predecessor (Figure 8C). More recently, using the approach described
in [108], the same group designed a colorimetric array for targeting miR-21 directly from plasma.
Without recurring to sample pretreatment or amplification, they were able to reach an LOD in the low
nM regime (2 nM in plasma, 0.6 nM in distilled water) [111].

Figure 8. Illustration of some of the principal colorimetric methodologies for miR detection relying on
PNAs. (A) Multiplexed, lateral flow strip detection of miR bladder cancer markers as illustrated in [103].
(B) Detection based on the peroxidase-like activity of graphene-AuNP nanohybrids shown in [107].
(C) Colorimetric/fluorescence-based detection of miR, relying on cPT:PNA:miR triplex formation,
as described in [110].

4.2. Colorimetric Assays Based on Templated Reactions

Despite the aforementioned advantages in terms of immediacy of the outcome and low cost, there
is only one recent example of a templated reaction applied for the realization of a colorimetric assay for
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miR detection. In this work by Winssinger’s group, a PNA–PNA templated ligation was developed
for quick and selective detection of the target miR-31 [112]. Starting from a recently developed
ligation chemistry, based on diselenide–selenoester ligation to selenocysteine [113], they developed an
extremely fast RNA-templated reaction, providing a nearly immediate read-out (see Figure 9). The two
PNAs were additionally labelled with fluorescein and biotin. When the two fragments hybridized
on the target strand, the two reactive moieties were held in close proximity to react and provide a
ligation product. The reaction mixture was then loaded on a lateral flow immunochromatographic
strip, allowing the immobilization of the biotin-probe onto avidin present in the test zone of the
strip. Finally, to sense the presence of the ligation product with the fluorescein-probe, anti-fluorescein
antibody-coated AuNPs were employed, resulting in the formation of a band visible to the naked eye.
This methodology provided an LOD of approximately 0.1 nM.

Figure 9. Illustration of the diselenide–selenoester ligation to a selenocysteine, templated by a target
miR, used in a lateral flow strip assay as proposed in [112]. Published by the Royal Society of Chemistry.

5. Other Methodologies

Finally, we here report on examples of methodologies described in literature in the past few years
that do not fall within the main detection typologies reported above or that require the use of different
detection techniques.

An example can be found in the direct quantitative analysis of multiple miRs (DQAMmiR),
a hybridization-based assay relying on capillary electrophoresis (CE), employing Alexa488-marked
PNA probes (Figure 10A). The assay relies on the difference in charge between the neutral PNA and
the negatively charged PNA–miR duplex, which are separable by CE in a 10 min window, allowing
separation of multiple miRs by adding different peptide-tags on the PNA, thus changing the migration
time to the fluorescence detector [114]. In this proof-of-principle study, Hu et al. managed to quantify,
with high accuracy and precision, three different miRs simultaneously, based on the retention time of
the complex and the signal areas. The LOD of such a system was reported to be 14 pM.

Delgado-Gonzalez et al. recently proposed a detection system for single base resolution
quantification of miR-21 levels in cell lysate, based on dynamic chemistry. By functionalization
of magnetic nanospheres with a PNA containing an abasic site, they were able to induce a selective
base coupling with a biotinylated reactive nucleobase (via reductive amination), templated by the
target sequence [115]. In this particular case, as depicted in Figure 10B, this reductive amination is only
possible in presence of the PNA backbone and cannot be applied to natural oligonucleotide probes.
As additional advantage, the magnetic beads enable target pull-down from cell lysate prior to reaction
with the labelled base. The fluorescence-based quantification was performed through biolabeling of
the biotinylated probes with streptavidin–phycoerythrin or streptavidin–β-galactosidase conjugates.
The LOD of the system was estimated to be around 35 pM.

An alternative application of the detection methodology proposed by Liedberg and coworkers,
based on cationic PTs (please refer to Section 4.1), was applied for the detection of miR-21 on a quartz

44



Molecules 2020, 25, 1296

resonator surface [116]. In this work, gold-coated piezoelectric quartz crystals are functionalized
with PT. The miR from the sample is then absorbed on the surface and a biotinylated PNA probe,
complementary to the target, is allowed to hybridize with the target strand, yielding the formation
of a PNA:miR:PT triplex structure, in a similar manner as described in [108]. The shift of resonance
frequency and dissipation is then enhanced by the recognition of avidin-coated magnetite nanoparticles
(ANP) (see Figure 10D). The LOD of the assay has demonstrated to be as low as 400 pM.

Gyurcsányi and colleagues reported on a spotting methodology to efficiently immobilize PNAs
on gold SPR chips, applied for the detection of miR-208a [44]. Given the tendency of PNA to
aspecifically adsorb onto gold surfaces, and in order to achieve an ideal, controlled surface density,
they prehybridized the thiolated PNAs with a complementary DNA strand (a DNA-miR-208a analogue)
prior to surface functionalization. The DNA strand used for the prehybridization was then washed
away with a NaOH solution, activating the surface to enable miR detection, which is performed
monitoring the reflectance change of the surface (see Figure 10C). The system allows detection of
miR-208a with a concentration as low as 140 fmol.

 

Figure 10. Illustration of other miR-detection assays based on PNAs. (A) DQAMmir analysis as adapted
from [114]. Copyright 2016 American Chemical Society. (B) Bio-labeling of a PNA:miR-21 duplex
with a biotinylated reactive base described in [115]. (C) Detection of miR-208a using the SPR-based
methodology, adapted from [44]. Published by the Royal Society of Chemistry. (D) Illustration of the
QCM-based methodology adapted from [116]. Published by the Royal Society of Chemistry.

6. Conclusions

The increasing importance of microRNA in early diagnosis of malignancies, neurodegenerative
diseases and other pathologies is in line with the crescent understanding of all the biological
processes regulated by these small oligonucleotides. Nowadays, the need for low-cost, efficient
and high-throughput platforms to detect their presence at relevant biological concentrations is
becoming more and more clear. In this review, we put emphasis on the use of PNA-based approaches,
in view of their key advantages over regular oligonucleotides. These characteristics, combined with
the possibility to adapt PNAs to all currently available detection methodologies, the wider accessibility
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of this synthetic oligonucleotide and the possibility for straightforward introduction of modifications,
explain the occurrence of PNA as one of the main actors for the realization of efficient detection
approaches. Although their use is associated with some drawbacks, we strongly believe that this is
one of the cases in which the advantages outweigh the disadvantages, and we foresee an increased
development of PNA-based biosensors and detection methodologies in the following years.
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Abstract: This review describes the application of peptide nucleic acids (PNAs) as clamps that prevent
nucleic acid amplification of wild-type DNA so that DNA with mutations may be observed. These
methods are useful to detect single-nucleotide polymorphisms (SNPs) in cases where there is a small
amount of mutated DNA relative to the amount of normal (unmutated/wild-type) DNA. Detecting
SNPs arising from mutated DNA can be useful to diagnose various genetic diseases, and is especially
important in cancer diagnostics for early detection, proper diagnosis, and monitoring of disease
progression. Most examples use PNA clamps to inhibit PCR amplification of wild-type DNA to
identify the presence of mutated DNA associated with various types of cancer.

Keywords: peptide nucleic acids (PNAs); single-nucleotide polymorphism (SNP); polymerase chain
reaction (PCR); cancer.

1. Introduction

Single nucleotide changes occurring within a normal (often called wild-type) DNA sequence may
be associated with different diseases, and in particular, the development or progression of various
cancers [1]. When such changes occur, the normal nucleotide may be replaced with one of the three
other possible nucleotides. These replacements are called single-nucleotide polymorphisms (SNPs).
Many SNPs occur at an approximate frequency of 1 out of 1000 bases in the human genome [2], and
SNPs associated with diseases may be important signals of the presence and severity of an illness.

Certain SNPs in genes can be used to detect various diseases, including: solid tumors [3–5],
childhood leukemia [6,7], metabolic disorders [8,9], diabetes [10], and gout [11]. SNPs may also signal
patient-to-patient differences associated with responses to drug treatments [12,13]. In the area of cancer
diagnostics, SNPs in genes such as KRAS [14,15], EGFR [16,17], p53 [18], FLT3 [19], or KIT [20] are
associated with lung cancer, colorectal tumors, and blood-based cancers. Detection of these mutations
signals the presence of tumor cells, which is important for early diagnosis as well as for gauging the
effectiveness of ongoing therapy to treat tumors.

Detection of SNPs in clinical samples is challenging, as the diagnostic assay used must be very
sensitive and very specific. Considering the heterogeneous distribution of tumors, SNPs associated
with cancers are typically present in small quantities relative to normal, unmutated, wild-type DNA in
clinical samples. Despite their low level of abundance, the presence of certain SNPs may determine
the response of patients to selected therapeutic regimens and drugs [21–24]. Therefore, it is crucial to
refine the reliability and sensitivity of SNP detection methods so that specific personalized treatments
can be more accurate [25].
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Numerous methods exist to detect SNPs. Some existing methods are polymerase chain reaction
(PCR) restriction fragment length polymorphism mapping (PCR-RFLP), allele-specific PCR (AS-PCR),
allele-specific hydrolysis or dual hybridization probes, high resolution melting analysis (HRMA),
amplification refractory mutation system (ARMS), dual priming oligonucleotides (DPO), TaqMan
allelic discrimination assay, pyrosequencing, next generation sequencing (NGS), IntPlex, BEAMing,
and droplet digital PCR (dPCR) [26–35]. Most of these methods can detect DNA with a single mutation
when they are present at only 1% to 5% relative to the amount of wild-type DNA in a sample. Methods
such as IntPlex, BEAMing, and dPCR can give sensitivities up to 0.0005% [36]. However, there are
limitations to such nonconventional methods when applied in the clinic. The IntPlex method requires
individual DNA-specific primers for each specific type of mutant, and only one mutant can be detected
in a single tube, although other variants for the same SNP may be present [37,38]. The BEAMing
technique requires tumor DNA to be amplified, followed by processing an emulsion, fluorescent
tagging, and analysis of beads using flow cytometry [39]. The droplet dPCR method is still relatively
challenging to implement as it can be expensive, labor intensive, and requires specialized emulsion
instrumentation [40,41].

Promising methods for SNP detection include polymerase chain reaction (PCR)-based assays in
addition to isothermal amplification methods which use a clamp that is designed specifically to block
the amplification of wild-type DNA while allowing amplification of a much smaller amount of mutated
DNA that contains a SNP [42]. In this review, we report on the use of peptide nucleic acids (PNA)-based
clamps with a specific emphasis on their application to the identification of various cancers.

2. The Concept of PCR Clamping via PNA

PNAs were first designed in the laboratory of Peter Nielsen and Ole Buchardt [43]. In contrast to
natural nucleic acids, PNAs consist of nucleobases attached to amide-linked N-(2-amino-ethyl)-glycine
units instead of a sugar phosphate backbone (Figure 1a). PNAs are achiral and uncharged molecules
that are chemically stable and resistant to enzymatic degradation. Furthermore, PNAs are capable
of sequence-specific recognition of DNA and RNA sequences following the typical Watson-Crick
hydrogen bonding patterns (Figure 1b). The resulting hybrid PNA-nucleic acid duplexes exhibit high
thermal stability. Since PNAs were first developed, they have attracted attention due to their potential
utility in diagnostic and pharmaceutical applications [44–50].

Ørum et al. first introduced PNA as a clamp in real time PCR to specifically block amplification
of a wild-type DNA so that a mutated DNA that differs by a single nucleotide could be selectively
amplified [51] (Figure 1c,d). In PCR, a target nucleic acid sequence (called a template) is amplified
by a DNA polymerase enzyme. The template is typically a DNA sequence, and the most commonly
used enzyme is the thermostable Taq DNA polymerase. For PCR to proceed, short, synthetic DNA
sequences (called primers) that are 15-40 bases long must be designed to bind to the ends of both
strands of the DNA templates. Primers are necessary, as the polymerase must bind to duplex DNA
to begin elongation. Once the polymerase binds to the DNA duplex consisting of the primer bound
to the template, deoxyribonucleoside triphosphates (dNTPs) are enzymatically added to the primers
to make a complimentary copy based on the template DNA. This process is iteratively repeated to
achieve exponential amplification of the original DNA template [52].

Although functional as binders of nucleic acids, PNAs are chemically different from DNA such
that they behave as clamps to inhibit PCR amplification. Specifically, PNAs cannot function as primers
for DNA polymerase as they are intrinsically resistant to the DNA-specific enzymatic activity normally
associated with Taq DNA polymerase. Therefore, the PNA can be designed to bind to a DNA template
and inhibit elongation of DNA by halting the polymerase activity (Figure 1c). Elongation arrest is one
mechanism by which PNAs may act as a clamp to inhibit PCR amplification. PNA/DNA interactions
are commonly 1 ◦C per base pair more stable than the corresponding DNA/DNA duplex. When PNA
binds to a mismatched DNA sequence, the resulting duplex is more destabilized by the mismatch than
the corresponding DNA/DNA duplex of the same sequence [53]. In addition to elongation arrest, the
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thermal stability and sequence specificity of PNA binding to DNA allows properly designed PNAs to
competitively exclude DNA primers from binding to a DNA template (Figure 1e,f), providing another
mechanism by which PNA clamps can inhibit PCR amplification. Therefore, PNAs can be used to
prevent PCR amplification of a target DNA sequence. However, given the single-nucleotide recognition
sensitivity of PNAs, a DNA with a slightly different sequence may not be clamped by the PNA and may
be therefore selectively amplified. To function as a clamp, a PNA does not have to completely inhibit
amplification of a target DNA template. According to Orum et al., when a template is the target of a
clamp, the effect of incomplete blocking on amplification of the clamped DNA can be mathematically
calculated [54]. For example, in the case of a PNA clamp designed to block amplification based on
competitive primer binding that allows about 10% of the target DNA to be amplified, approximately
10,000 copies of the clamped DNA would be present after 30 PCR cycles. This amount should be much
smaller compared to any unclamped DNA, which should theoretically have around 2 billion copies
after 30 cycles.
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Figure 1. (a) Chemical structure of the peptide nucleic acid (PNA) backbone. (b) Representation of PNA
forming a duplex with complementary DNA or RNA. (c) Inhibition of PCR amplification of wild-type
DNA by elongation arrest due to the strong binding of a PNA clamp to the DNA. (d) Without the PNA
clamp binding, mutant DNA amplification by PCR can proceed. (e) Inhibition of PCR amplification
of wild-type DNA by PNA binding to the forward primer binding site. (f) Without the PNA clamp
binding, the forward primer can bind to the mutant DNA sequence and amplification by PCR proceeds.

3. PCR Clamping via PNA to Detect Mutated DNA in Cancer

The ability to analyze and monitor the occurrence of mutations in specific cancer-associated genes
(called oncogenes) is important for the early detection of cancer and also to determine the effectiveness
of chemotherapy treatments [55]. Numerous studies have shown that mutations in the KRAS oncogene
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may play a key role in the development of different cancers. KRAS encodes for a 21-kDa GTP-binding
protein that influences cell growth and differentiation. Mutations in KRAS may lock a cell into a
state of uncontrolled growth, ultimately resulting in growth of a cancerous tumor. In patients with
metastatic colorectal cancer (mCRC), analysis of mutations in KRAS codons 12 and 13 is commonly
performed before starting treatment with cetuximab or panitumumab, which are antibody-based
therapeutic medicines that target the epidermal growth factor receptor (EGFR) [36]. Both antibodies
bind to EGFR and block binding of the natural ligand, as well as prevent receptor dimerization and
activation of the related cellular signaling pathways [56]. However, cetuximab and panitumumab
are only approximately 10% and 30% effective in patients, respectively [57]. Clinical studies have
demonstrated that patients with mCRC who have wild-type (non-mutated) KRAS respond better to
therapy than those who have mutations in KRAS. Therefore, detecting KRAS mutations is important
to identify which patients would respond best to therapy. The challenge, however, is that the level of
DNA associated with a mutant form of KRAS may be very low relative to the amount of wild-type
KRAS DNA, even in a cancer patient. [58].

Thiede et al. [59] provided the first example of PNA clamping to detect mutations in KRAS. The
KRAS mutations most commonly known to promote cancer are in a 4–5 base pair sequence of DNA
in codons 12 and 13 of the gene. A PNA clamp specific to the wild-type KRAS gene suppressed its
amplification to allow selective amplification of the less abundant mutations that occur in codons 12
and 13 of KRAS. This strategy was tested on six of the twelve possible KRAS mutations derived from
different tumors. The identity of the mutation was confirmed by sequence analysis of the amplified
mutant KRAS DNA. To test the sensitivity of the assay, mixtures of wild-type and mutated DNA
templates were analyzed and it was determined that mutant DNA could be detected at levels as low
as 0.5% relative to the amount of wild-type DNA present in the same sample. In contrast, sequence
analysis of the same mixture of wild-type and mutated DNA amplified without the PNA clamp
failed to detect the mutation. Therefore, the enrichment of the mutated DNA in the PNA-clamped
amplification was important for proper detection and identification.

Since the initial work on KRAS, others have used PNA clamps for the purpose of cancer diagnostics.
Chen et al. [60] developed a technique using PNA clamps and fluorescent probes that bind amplified
mutated DNA to detect KRAS mutations in bile samples obtained from 116 patients with biliary
obstruction. They compared their technique with restriction fragment length polymorphism (RFLP)
analysis. After DNA extraction, PCR and RFLP were used to detect KRAS mutations, which were
confirmed by sequence analysis. Using the PNA-clamped PCR assay, DNA with mutations in KRAS
were detected under 1 h at a level of 0.03% relative to the amount of wild-type DNA. In contrast, RFLP
analysis detected the mutated DNA at a level of 1% at best and also needed about 2 days for the analysis.
In another report that examined mutations in KRAS, Taback et al. [61] used a PNA-clamped PCR assay
specific for KRAS mutations to assess sentinel lymph nodes (SLN) for occult CRC micro-metastases.
In their study, the PCR protocol with a PNA clamp was optimized to detect 0.05% of mutated DNA in
the presence of wild-type DNA and the method was used to examine mutations in 72 patients with
CRC. In addition, Däbritz et al. [62] employed PNA clamped real time PCR with specific hybridization
probes and melting curve analysis to examine common mutations in codon 12 of KRAS in tissue and
plasma samples of patients with pancreatic cancer. The sensitivity was optimized to detect 0.001% of
mutated DNA in the presence of wild-type DNA.

PNA clamps to prevent PCR amplification of wild-type DNA can be applied with various types
of instrumentation. In addition to their use as PCR clamps, PNAs may also be used as probes to signal
the detection of mutated DNA after PCR amplification. Luo et al. [63] have developed a method to
detect trace amounts of mutant KRAS in a single step by using a PNA clamp to suppress wild-type
KRAS during capillary PCR. Interestingly, they also used a PNA labeled with a fluorescent dye to serve
as a sensor probe to differentiate all 12 possible mutations from the wild-type by a melting temperature
(Tm) shift of 9 to 16 ◦C. Mutated DNA could be detected at levels as low as 0.01% relative to wild-type
DNA, and the method successfully detected mutated DNA in 19 samples out of a group of 24 serum
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samples from patients with pancreatic cancer. Although the results of that study were impressive,
the requirement to use a LightCycler (Roche Diagnostics, Mannheim, Germany) PCR instrument to
perform the assay may reduce the versatility of this method in broader clinical settings.

While Taq DNA polymerase is commonly used for PCR, the enzyme’s error rate during replication
can lower the accuracy of any diagnostic that relies on the polymerase. In an assay that uses PNA
clamps with PCR, the PNA is supposed to suppress amplification of wild-type DNA while allowing
mutant DNA to be amplified. If there are polymerase errors during the amplification that happen to
occur in the same region of DNA where the PNA clamp binds, then these errors will not be clamped
by the PNA as there will be a mismatch between the sequences. Therefore, the error will likely be
amplified along with the mutant DNA, and this may lead to incorrect analyses. Gilje et al. [64] have
shown that there can be problems in PNA clamped PCR due to the low fidelity of Taq DNA polymerase.
By switching to a high-fidelity polymerase (Phusion HS) that is about 50 times more accurate than
Taq DNA polymerase, the sensitivity to detect mutant KRAS DNA increased approximately 10-fold.
Mutant KRAS DNA could be detected at levels as low as 0.005% relative to wild-type DNA. Therefore,
replication errors due to the fidelity of Taq polymerase should be considered as a potential source of
error in PNA-clamped PCR assays that may limit the sensitivity.

PNA clamps are remarkably compatible with many different strategies for nucleic acid
amplification, including isothermal methods. Araki et al. [65] evaluated a technique called PNA-clamp
smart amplification process version 2 (SmartAmp2) to detect KRAS mutations in patient samples.
SmartAmp2 uses specially designed sets of primers to target six distinctly different sequences of a
template DNA containing a specific mutation, achieving selective amplification of the mutant sequence
via a self-priming mechanism. When successful, a mutant DNA sequence may be detected in one step
within 30 min under isothermal conditions. Using a PNA clamp designed to suppress the wild-type
DNA sequence of KRAS, amplification of mutated DNA in codon 12 of KRAS was achieved. Samples
from 172 patients with lung adenocarcinoma were analyzed by the PNA clamped SmartAmp2 to
determine how well mutations in codon 12 of KRAS could be detected compared to other methods. The
method detected mutations in 31 of the samples, which was better than other PCR methods without
the PNA clamp.

PNA clamps have been successfully used with asymmetric PCR in which one DNA strand is
preferentially amplified. Oh et al. [66] demonstrated that PNA clamped PCR can be used in combination
with asymmetric primers for amplification followed by melting curve analysis that relies on binding
of unlabeled, C-6 amino-modified DNA detection probes to the amplified DNA. Asymmetric PCR
was used to generate higher amounts of the antisense DNA strand which is the DNA to which the
unlabeled detection probes must bind. A nice feature of this approach is that different mutations may
be identified based solely on differences in the melting temperatures of the probes when bound to
amplified DNA. Mutant KRAS DNA can be detected at levels of about 0.1% relative to wild-type DNA,
which is not as sensitive as other methods. Nevertheless, the simplicity of the protocol, the unlabeled
detection probes, and the ease of data analysis provides for an assay that may be highly useful.

The backbone of the PNA clamp in every method described so far in this review has consisted of
the simple polyamide backbone depicted in Figure 1a. In contrast, Kim et al. [67] developed a unique
approach to detect and identify multiple KRAS mutations using chemically modified PNAs both as
clamps and as detection probes. According to their approach, one PNA would serve as a clamp to
suppress amplification of wild-type DNA. A separate detection PNA would target a mutant DNA and
signal both its quantity and identity. The detection probe PNA was designed with a fluorophore and
quencher at opposite ends so that it would fluoresce upon binding to its complementary DNA. The
challenge with implementing this approach stems from the requirement to design both the clamp and
detection PNAs with sequences that are almost completely complementary to each other. When two
PNAs are complementary, they can bind to each other with very high affinity instead of binding to
DNA. Therefore, the clamp and detection PNAs had to be modified to prevent them from binding to
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each other, and the binding affinities of the detection PNAs to different mutant DNAs had to be unique
for each mutant sequence (as measured by Tm values).

To adjust the binding properties of the PNAs, sidechains may be introduced into the γ position of
the PNA backbone to either increase or decrease binding affinities to complementary sequences [68]. The
sidechain at theγ position is derived from either an L- or D-amino acid. PNAs with γ sidechains derived
from an L-amino acid tend to increase the binding affinity to complementary DNA, while sidechains
derived from a D-amino acid tend to decrease the binding affinity. In their study, Kim et al. [67]
determined that a sidechain from either L- or D-glutamic acid (Glu) proved to be the most useful
for adjusting binding affinities of the PNAs (Figure 2). For the clamp, a γ-PNA derived from L-Glu
was designed to slightly increase the binding affinity to the wild-type DNA. The detection probes,
in contrast, were γ-PNA derived from D-Glu and they bound with slightly weaker affinities than the
clamp to their mutant DNA target sequences. The ability to alter the binding affinities of the different
PNAs was important for the success of the study. Furthermore, the use of opposite chirality in the two
types of PNA prevented them from binding to each other. This assay was applied to the detection and
identification of six different mutant DNAs of KRAS (at the same gene region) with a 1% sensitivity
relative to wild-type DNA.

N
H

N
O

O

B

-L-Glu-PNA

a. O
O-

N
H

N
O

O

B

-D-Glu-PNA

O
O-b.

Figure 2. (a) Chemical structure of the γ-L-Glu-PNA backbone that binds complementary DNA.
(b) Chemical structure of the γ-D-Glu-PNA backbone that does not bind complementary DNA.

The technology to sequence DNA has rapidly advanced over the past several years, with the
term next-generation sequencing (NGS) describing high-throughput sequencing technology that has
resulted in faster and more efficient collection of genomic data. Despite these advances, the errors
associated with NGS data can range from 0.1 to 15%, and therefore the detection of mutations present
at a low level compared to unmutated DNA can be problematic [69]. In an attempt to improve the
ability of NGS to detect mutations, Rakhit et al. [70] developed a PNA clamp to bind wild-type KRAS
during the PCR amplification stage of the NGS library preparation. To test the method, they used
circulating-free DNA (cfDNA) derived from a patient with advanced non-small cell lung cancer in
which a KRAS mutation was present at 3.2% relative to unmutated DNA. The patient’s DNA was
amplified by PCR both in the presence and absence of the PNA clamp, followed by NGS analysis
of both sources of DNA. The authors nicely demonstrate that the PNA-clamped samples showed
an increase in the number of mutant reads and that the associated mutation frequency relative to
wild-type DNA in the NGS analysis also increased. Despite their success, the authors point out that the
use of the PNA clamp in the NGS workflow makes the resulting data only qualitative in nature, and
they point out that the PNA clamp could have off-target effects that negatively impact the detection of
other regions of the DNA. The use of PNA clamps to assist NGS analysis is clearly possible, but more
work in this area is necessary to determine whether their application is truly beneficial.

While PNA clamps have been mostly applied to the analysis of KRAS mutations, there are some
other cancer targets to which PNAs have been applied as clamps to detect mutations. The protein p53
is a tumor suppressor that is typically activated in response to cell damage to instruct the damaged
cell to stop growing or instruct the cell to undergo programmed cell death (apoptosis). Mutations
in the DNA encoding p53 are commonly seen in many different cancers [18]. One of the initial
studies to apply PNA clamping to PCR for the detection of mutations in p53 DNA was by Behn and
Schuermann [71]. A PNA clamp was used to lower the amount of wild-type p53 DNA amplified by
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PCR so the subsequent analysis by single-strand conformational polymorphism (SSCP) could achieve
detection of mutated DNA at a level of 0.5% relative to wild-type DNA. They validated their assay
using samples from patients with lung cancer. The same authors further improved their method
using nested PCR amplification after the initial PCR amplification, and compared the results both
with and without the PNA clamp [72]. Without the clamp, mutated DNA could be identified at a
level of 5% relative to wild-type DNA, and with the clamp this amount was lowered to 0.1%. The
assay was validated using samples from patients with lung cancer. The examples cited above relied
on a PNA clamp that bound directly to wild-type p53 DNA at locations where the mutations occur.
Myal et al. [73] also used a PNA clamp to detect p53 mutations, although with a slightly different
strategy. In their work, they used PNA clamps to compete with PCR primers binding to p53 DNA for
detection of mutated p53 DNA down to the level of 0.05% of mutated DNA relative to wild-type DNA.

PNA clamps have also been applied to the detection of mutated DNA associated with epidermal
growth factor receptor (EGFR), which is a tyrosine kinase. Mutations in EGFR may determine the
responsiveness of some cancers to treatment with different chemotherapies, and PNA clamps have
been examined to help analyze mutations in the DNA encoding this receptor. Specifically, EGFR
mutations may impact treatment with gefitinib, which is a tyrosine kinase inhibitor used to treat lung
cancers [74]. It has been observed that gefitinib is effective in some patients yet ineffective in others,
and some of these differences are linked to mutations in EGFR. Patients with tumors that have certain
EGFR mutations may show improved responses to gefitinib. However, other EGFR mutations confer
tumor resistance to gefitinib. Therefore, identifying mutations in EGFR may greatly assist treatment
for several different cancers.

In this regard, Nagai et al. [75] developed a detection system for EGFR mutations using a
combination of PNA clamps to suppress amplification of wild-type DNA and locked nucleic acids
(LNA) with fluorescent groups as probes to signal the presence of mutant DNA. LNAs are another
class of nucleic acid analogs that bind to complementary DNA sequences with high thermal stability
and with very good sequence specificity [76], and LNA was used so that it would not interfere with
PNA binding to the wild-type DNA. This system successfully detected mutated DNA at a level of
0.1% relative to wild-type DNA, and it was used to test samples from patients with non-small cell
lung cancer.

One of the most successful patient studies performed using a PNA clamp was reported by
Kim et al. [77]. In their study, samples from 240 patients with metastatic non-squamous non-small
cell lung cancer (NSCLC) were examined for the presence of mutant EGFR DNA using both direct
DNA sequencing as well as PNA clamped PCR to suppress amplification of wild-type EGFR DNA
followed by sequencing. Mutations were detected in 83 of the samples using the PNA clamp protocol,
while only 63 samples with mutations were identified by direct sequencing alone. When searching for
known mutations, the PNA clamped protocol was demonstrably better at amplifying the signal for
detection. The PNA clamp in this study came from a kit called PNAClamp Mutation Detection Kit
(Panagene, Daejeon, South Korea).

In a related study, Yam et al. [78] relied on a PNA clamp to both identify mutant EGFR in patients
with NSCLC and also to continue to test several of the same patients in follow-up tests after treatment.
The detection assay relied on a PNA clamp to suppress amplification of wild-type EGFR DNA in a
type of asymmetric PCR that produced mostly single stranded products. Analysis was then performed
using a microarray to bind the single stranded product, followed by incorporation of a fluorescent
nucleotide in subsequent primer extension and finally analysis of the microarray by a laser to determine
the mutations present. The technique is very sensitive, with the ability to identify mutated DNA at a
level of 0.1% relative to wild-type DNA. Drug resistant mutations can occur in patients taking tyrosine
kinase inhibitors to treat NSCLC. Using their technique, eleven different types of EGFR drug-resistant
mutations were identified in plasma-DNA from the patients, and 21 patients were followed for up to
18 months. Patients who responded to therapy had undetectable levels of mutated DNA, while drug
resistant mutations were detected in some of the patients who failed to respond to the therapy.
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The use of cfDNA to identify EGFR mutations has the potential to improve clinical tests as it is
easier to obtain compared to other methods of sample collection (such as a biopsy). Considerable
additional research needs to be performed to validate this method using such samples to predict
clinical outcomes. For this reason, Kim et al. [79] used a PNA-clamped PCR method to study EGFR
mutations in cfDNA isolated from plasma samples from 60 patients with NSCLC who had shown
a partial response to treatment with gefitinib. The authors used the same PNAClamp Mutation
Detection Kit described previously. While the assay to detect mutant DNA was sensitive, the patient
samples showed only a low level of mutated DNA from EGFR. The authors conclude that the use
of cfDNA in cancer diagnostics requires additional study. To improve the clinical utility of cfDNA,
Han et al. [80] used a PNA clamp in conjunction with melting curve analysis in PCR to follow both
EGFR and KRAS mutations in the plasma of patients with NSCLC. The PNA clamp was part of a kit
called PANAMutyperTM (Panagene, Daejeon, South Korea). Using this method, they were able to
discriminate between mutated and wild-type DNA by melting temperature differences with sensitivity
around 0.1%–0.01%. Their results showed that the technique can be used to monitor cfDNA in patients.
However, they also conclude that additional work must be performed before cfDNA is used more
widely to make clinical decisions.

4. Conclusions and Future Perspectives

The sensitivity of PNA clamp-based PCR assays is extremely good when the PCR assay uses
target-specific probes that bind to mutant sequences. Table 1 summarizes the different oncogenes
mentioned in this review. In particular, fluorescent probes with strong binding affinity to target
sequences, such as LNAs, can significantly enhance the limits of detection of mutant sequences.
However, some oncogenes, such as KRAS, have many different mutations, and this situation may
require making several different fluorescent probes to detect every different mutant. The application of
PNA clamps in several clinical articles cited in this review, as well as the use of commercial kits featuring
PNA clamps, highlight the promising development of using PNA clamps for clinical diagnostics
related to cancer.

Table 1. List of mutant oncogenes detected with PNA clamped nucleic acid amplification.
Accompanying methods used for detection are described in column 2. Limits of detection are
listed in column 3 (N/A means the information was Not Available). Length of the PNA used is listed in
column 4 (kit refers to a PNA that was part of a kit and the PNA length was not described). References
are listed in column 5.

Oncogene
Method Used in

Combination with PNA
Clamped PCR

Mutated DNA
Detected in Presence
of Wild-Type DNA

PNA Sequence
Length- Number
of Nucleobases

Refs

KRAS

DNA Sequencing 0.5% 15 [59]
Fluorescent Probes 0.03% 17 [60]

Melting Curve Analysis 0.05%, 0.001% 15,17 [61,62]
Fluorescent PNA Sensor

with LightCycler 0.01% 17 [63]

High Fidelity DNA
Polymerase 0.005% 17 [64]

SmartAmp2 1% 17 [65]
Asymmetric PCR 0.1% 17 [66]

Modified PNA Detection
Probes 1% 17 [67]

Next Generation Sequencing N/A 6 [70]

p53 PCR-SSCP N/A,0.1%,0.05% 15,15,15 [71–73]

EGFR
PNA+LNA 0.1% 14-18 [75]

DNA Sequencing 0.1% Kit [77]
Fluorescent Melting Curve

Analysis 0.1%,N/A,0.01% Kit [78–80]
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Abstract: Antibiotic resistance is an escalating, worldwide problem. Due to excessive use of antibiotics,
multidrug-resistant bacteria have become a serious threat and a major global healthcare problem of
the 21st century. This fact creates an urgent need for new and effective antimicrobials. The common
strategies for antibiotic discovery are based on either modifying existing antibiotics or screening
compound libraries, but these strategies have not been successful in recent decades. An alternative
approach could be to use gene-specific oligonucleotides, such as peptide nucleic acid (PNA) oligomers,
that can specifically target any single pathogen. This approach broadens the range of potential
targets to any gene with a known sequence in any bacterium, and could significantly reduce the
time required to discover new antimicrobials or their redesign, if resistance arises. We review the
potential of PNA as an antibacterial molecule. First, we describe the physicochemical properties of
PNA and modifications of the PNA backbone and nucleobases. Second, we review the carriers used
to transport PNA to bacterial cells. Furthermore, we discuss the PNA targets in antibacterial studies
focusing on antisense PNA targeting bacterial mRNA and rRNA.

Keywords: oligonucleotides; peptide nucleic acid (PNA); antibacterials; RNA; PNA transporters;
conjugates; bacterial resistance

1. Introduction

Excessive use of antibiotics has led to an alarming situation when many bacterial strains developed
resistance to these antibiotics. According to the World Health Organization, resistance to existing
antibiotics, and slow rate of developing their new classes are currently among the greatest threats
for human health [1,2]. Bacteria are particularly dangerous because they have already acquired
resistance to several antibiotics at once, which has led to multi-drug resistance strains (MDR). The MDR
among clinical isolates have made the current antibiotics inefficient, which, in turn, has increased the
spread of resistant bacteria [3]. In the light of these facts, development of new potent antimicrobial
agents is extremely necessary [4]. Long development times and high costs limit the discovery of new
antimicrobial agents, so the most effective antibiotics are based on modifications of the previously
discovered ones [5]. Thus, we urgently need new antibiotic types with a new mechanism of action.

Antisense oligonucleotides, used to inhibit the synthesis of proteins essential for bacteria to sustain
life, may be helpful in the fight against bacterial infections. One such oligonucleotide is the peptide
nucleic acid (PNA) molecule that combines the properties of both peptides and nucleic acids. PNA
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were designed as synthetic analogues of DNA [6], which contain a neutral backbone, are resistant
to enzymes degrading proteins [7] and nucleic acids [8] and form stable complexes with DNA and
RNA. PNA oligomers are synthesized on solid support with a simple method similar to that used
to synthesize peptides. This method, known as solid-phase peptide synthesis (SPPS), has been well
described in the literature [9].

Inside bacteria, antisense PNA oligomers inhibit the translation process by binding to mRNA
or the ribosome. The antisense effect of PNA is based on the formation of hydrogen bonds between
the complementary PNA sequence and selected nucleic acid target. An important advantage of
PNA is its selectivity and high-affinity binding. Thanks to that, it is possible to design PNA-based
antimicrobials specific for particular genes in selected bacteria. In principle, PNA show huge potential
to control the spread of resistant microorganisms. Unfortunately, the use of PNA in antibacterial
applications encountered several crucial obstacles. The hydrophobicity of the PNA backbone causes
problems with PNA solubility in aqueous solutions, which leads to PNA adopting compact structures
susceptible to aggregation [10]. One of the consequences of PNA poor water solubility is difficulty
in the delivery of PNA oligonucleotides to bacterial cells [11]. Several strategies of improving the
PNA solubility in water and increasing PNA uptake by bacteria have been proposed [12,13]. In this
review, we have summarized and presented these strategies. In the last decade, a few reviews on
PNA antibacterial applications have been published, e.g., [14–18]. We have updated this information,
specifically focusing on PNA modifications, structural data for PNA-involving complexes, antibacterial
targets, and transport into bacterial cells.

2. PNA Complexes with Natural Nucleic Acids

To point-out the antibacterial potential of PNA and challenges facing any future therapeutic
applications of these molecules, it is necessary to understand the structural and physicochemical
properties of PNA. In this section, we present the most relevant PNA properties and structural
fundaments of PNA complexes with nucleic acids.

Besides the higher enzymatic stability, PNA has another important advantage: it hybridizes
with complementary sequences of natural nucleic acids creating either duplexes or triplexes. So far,
nearly 20 structures containing PNA oligomers have been solved by X-ray crystallography or nuclear
magnetic resonance (NMR) including single-stranded PNA, PNA-PNA, PNA-DNA and PNA-RNA
duplexes, and a triplex of double-stranded PNA with DNA (summarized in Table 1).

Table 1. Structures containing PNA available in the Protein Data Bank [19] (http://www.rcsb.org).

Molecule Structure Method Resolution
Includes Modified PNA

Monomers
PDB ID Ref.

PNA-PNA

duplex X-ray 1.82 Å bicyclic thymine analogue 1HZS [20]

duplex NMR - - 2K4G [21]

duplex X-ray 1.70 Å - 1PUP [22]

duplex X-ray 2.35 Å - 1RRU [23]

duplex/triplex X-ray 2.60 Å - 1XJ9 [24]

duplex NMR - γ-modified PNA 2KVJ [25]

duplex X-ray 1.27 Å - 3MBS [26]

duplex X-ray 2.20 Å N-methylated PNA backbone 1QPY [27]

duplex X-ray 1.05 Å bipyridine-modified PNA 3MBU [26]

duplex X-ray 1.06 Å contains T-T mismatches 5EMG [28]

PNA single-stranded
PNA X-ray 1.00 Å d-alanyl and l-homoalanyl PNA 3C1P [29]
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Table 1. Cont.

Molecule Structure Method Resolution
Includes Modified PNA

Monomers
PDB ID Ref.

PNA-RNA

duplex NMR - - 176D [30]

duplex X-ray 1.15 Å - 5EME [28]

duplex X-ray 1.14 Å - 5EMF [28]

PNA-DNA

duplex NMR - - 1PDT [31]

duplex X-ray 1.66 Å d-Lys based PNA 1NR8 [32]

duplex X-ray 1.60 Å γ-modified PNA 3PA0 [33]

PNA-DNA-PNA triplex X-ray 2.50 Å HIS-GLY-SER-SER-GLY-HIS-linker 1PNN [34]

The simplest duplexes observing the Watson–Crick base-pairing scheme are formed by
single-stranded PNA with complementary strands of DNA [31–33], RNA [28,30], or PNA [20–28]
(Table 1). In these structures the single-strand of PNA (6–11 monomers), typically of a mixed sequence,
binds to DNA or RNA strands in an antiparallel way (Cterm-PNA to 5′-DNA/RNA, Nterm-PNA to
3′-DNA/RNA). In most crystallized duplexes, the PNA terminus is extended with a lysine.

However, in general, classical PNA duplexes can be formed both in a parallel and antiparallel
manner. Also, such PNA duplexes can form right- and left-handed P-type helices, characterized by a
deeper and wider major groove, smaller angle, and larger displacement as compared to typical DNA
and RNA helices. The P-type helix is 28 Å wide and, for comparison, classical helices composed of
natural oligonucleotides are 23 Å (in the case of an A-helix) and 20 Å (B-helix) wide. The P-type helix
has 18 base pairs per turn (as compared to A-helix – 11 and B-helix – 10). The PNA-DNA or PNA-RNA
hybrids tend to be organized as B- or A-like helices, respectively [23,34].

In addition to forming duplexes, single-stranded PNA can also bind to double-stranded DNA
or RNA. Homopyrimidine PNA has the ability to bind a homopurine strand of a DNA duplex,
opening the DNA helix and displacing the non-complementary DNA strand that forms the so-called
P-loop [35]. As a result, a stable and thermodynamically favorable triplex-invasion complex is
acquired (Figure 1a) [36]. If homopyrimidine PNA is rich in cytosines, it binds a DNA duplex without
strand-displacement forming a classical triplex (Figure 1b). Notably, classical triplex can be also
formed by binding a single strand of DNA to a PNA duplex. One such triplex has been crystallized
by Betts et al. [34]; a homopurine DNA strand created a triplex with a homopyrimidine PNA hairpin
(Table 1). The ability of PNA to create triplexes enables the formation of the so-called bis-PNA
(a double-stranded PNA formed via e.g., an ethylene glycol type linker) [37,38] with two strands of
DNA creating a tail clamp structure (Figure 1c). If PNA is a homopurine strand, a duplex invasion
complex (Figure 1d) with a DNA duplex is created [39]. Moreover, under special circumstances,
pseudo-complementary PNA strands with modified nucleobases—e.g., diaminopurine, thiothymine,
and thiouracil—do not recognize each other due to steric hindrance and bind simultaneously to a
double-stranded DNA forming a double duplex invasion complex (Figure 1e) [40,41]. In conclusion,
five different modes of binding of PNA to double-stranded DNA have been found showing a wide
and diverse capability of PNA to form complexes (Figure 1) [35].

Apart from NMR and crystallography, the complexes with PNA have been investigated
also by other experimental methods, e.g., isothermal titration calorimetry [42,43], differential
scanning calorimetry (DSC) [44], circular dichroism (CD) spectroscopy [45,46], UV-monitored thermal
melting [44,45,47], fluorescence spectroscopy [46,47], gel electrophoresis [48,49], and nano-electrospray
ionization mass spectrometry [46]. Computational methods, such as molecular dynamics simulations
of single-stranded PNA [50–52] and of PNA-involving complexes [45,53–55] have been also performed
giving insight into PNA (thermo)dynamics at atomistic level of detail.
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Figure 1. Scheme showing the examples of complexes of PNA with double-stranded DNA: (a) triplex
invasion, (b) triplex, (c) tail clamp, (d) duplex invasion, (e) double duplex invasion. Red lines
—PNA backbone; black lines—DNA; blue dashed lines—Watson–Crick hydrogen bonds; green dashed
lines—Hoogsteen-type hydrogen bonds; *—modified nucleotide bases [35].

PNA are achiral molecules, but chiral centers can be introduced by adding amino acids into
the PNA oligomer or at its terminus (typically a lysine is added). As a result, CD can be observed
confirming the helicity of PNA-PNA, PNA-DNA, and PNA-RNA duplexes [56].

Using UV spectroscopy complemented with molecular dynamics simulations, the melting
temperature (Tm) profiles of PNA-PNA and PNA-RNA 10-mer mixed-sequence duplexes were
determined (Figure 2) [45]. The results showed that Tm of the PNA-PNA duplex is higher than that
of PNA-RNA by about 1.5 degrees per base pair. Molecular dynamics simulations of melting at
atomistic level of detail suggested that a PNA duplex ‘melts’ cooperatively over its entire length,
while PNA-RNA preferentially melts starting from the termini.

Figure 2. Side and top views of a PNA-PNA (left) and PNA-RNA (right) tertiary structures from
molecular dynamics simulations [45]. The figure was made using Chimera 1.12 [57]. Light blue—PNA
strands; beige—RNA; dark blue—nitrogen; red—oxygen; white—hydrogen.
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The types of complexes presented in Figure 1 depend not only on the sequence composition of
the nucleic acid strands but also on many other factors such as the sequence length, the number of
mismatches, the modifications introduced to PNA, environmental conditions such as buffer composition
and ion concentration. Considering all these factors upon designing a PNA sequence for a particular
application is not straightforward because our knowledge is limited. Thus, despite the large amount
of work already put into the studies of PNA complexes with natural nucleic acids, many questions
still remain unanswered and predictions of PNA binding affinities, especially to more complex RNA
tertiary structures, are not evident.

3. Chemical Modifications of PNA

To improve PNA solubility or affinity toward natural nucleic acids, PNA peptide-like backbone
has been further modified. Many structural modifications were introduced to change the properties
of the PNA scaffold (1, see Figure 3 for numbering of scaffolds) including variations in length, type
and functionalization of the peptide-like backbone, the type and length of the linker connecting the
heterocyclic base to the backbone, as well as the type and functionalization of heterocyclic moieties.
Modifications of the N-(2-aminoethyl)glycine backbone in the α-, β- or γ-position (Figure 3) result in a
new stereogenic center, thus chiral PNA are formed [58]. Modifications introduced in the γ-position
of the PNA backbone improved hybridization properties as compared to those introduced in the
α-position (Figure 3) [13].

The substituents incorporated into the PNA monomer backbone can be anionic, through
introduction of the carboxylic 2, 3 [59], sulphate 4 group [60] or cationic 5, 6, 7. The cationic
α-aminomethylene 5 [61], α-lysine 6 or guanidine 7 [62] in the PNA backbone enhanced cellular uptake
and increased the stability of nucleic acid duplexes involving PNA. Furthermore, neutral moieties were
also introduced including α-methyl 8 [63], γ-methylthiol 9 [64], or γ-diethyleneglycol—“miniPEG”
10 [65] to modulate other PNA properties such as aggregation propensity, water solubility, sequence
selectivity, and nucleic acid affinity. Preorganization of the PNA structure was achieved by introducing
cyclic rigid moieties possessing carbocyclic cyclopentyl 11 [66], cyclohexyl 12 [67], or heterocyclic
pyrrolidine scaffolds 13 [68,69]. Additionally, by introducing a linker between the heterocyclic group
and peptide backbone, rigid, heterocyclic scaffolds based on pyrrolidine ring 14 [70,71] and 15 [72] as
well as piperidine 16 [73] ring were developed. Finally, phosphono PNA, bearing phosphonoamidate
bonds were synthesized from the appropriate phosphonate unit 17 [74].

To further modulate the properties of PNA oligomers [75], different nucleobase modifications
were also developed, including modifications of functional groups in purine/pyrimidine bases and
modifications of the heterocyclic core itself (Figure 4). Modified bases in the PNA monomers increased
PNA affinity and selectivity, enhanced duplex stability and recognition, as well as triplex formation.
In many cases, they also enabled monitoring PNA fluorescence.

The most common non-coding pyrimidine bases introduced in PNA include 2-thiouracil
18, used for the development of pseudo-complementary PNA [76,77], pseudoisocytosine 19 [78],
thio-pseudoisocytosine 20 [49], and 2-aminopyrimidine 21 [79] for stable triplex formation with RNA
duplexes. N4-benzoylcytosine 22 was introduced by the Nielsen group [80,81] as a candidate for a
pseudo-complementary G-C base pair, and 5-(acridin-9-ylamino)uracil 23 was applied as fluorescent,
hydrolytically labile nucleobase modification [82]. Manicardi et al. studied the pyrene-labeled,
fluorescent PNA monomer 24 [83] and used it to investigate stacking interactions and selective excimer
emission in PNA2/DNA triplexes. 2-pyrimidinone as a nucleobase 25 was introduced to short PNA,
which bound strongly to a homopurine tract of complementary RNA [84], while furan-modified uracil
derivative 26 was designed as a mildly inducible, irreversible inter-strand crosslinking system targeting
single and double-stranded DNA [85]
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Figure 3. Selected modifications of the PNA backbone; the N-(2-aminoethyl)glycine backbone with the
α-, β-, or γ-position is shown in blue and the introduced modifications are shown in red. B stands for
adenine, cytosine, guanine, or thymine.

Modifications of purine bases led to the development of 2,6-diaminopurine 27 applied to the design
of pseudo-complementary PNA [86,87], 2-aminopurine 28 used as a fluorescent probe for examining
PNA–DNA interaction dynamics [87,88], hypoxanthine 29, which could form Watson–Crick base pairs
with adenine, cytosine, thymine, and uracil increasing the specificity of PNA [89,90], and 6-thioguanine
30, which caused helix distortion at the 6sG:C base pair, but the base stacking throughout the duplex
was still retained [91].
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Figure 4. Selected modifications of nucleobases in PNA monomers.

Finally, diverse heterocyclic bases were introduced in the place of either purine or pyrimidine
bases. 2-Aminopyridine 31 was applied for the triplex-forming PNA [92], 3-oxo-2,3-dihydropyridazine
monomer 32 was introduced to the PNA oligomer to increase affinity and selectivity of modified PNA to
a microRNA [93]. Bicyclic 7-chloro-1,8-naphthyridin-2(1H)-one 33 turned out to be an effective thymine
substitute in the PNA oligomers and increased PNA affinity in both duplex and triplex systems [94].
Introduction of tricyclic phenoxazine analog, 9-(2-aminoethoxy)phenoxazine (G-clamp) 34, enhanced
the stability of PNA complexes with target nucleic acids [95,96]. Incorporation of the fluorescent dye,
Thiazole Orange 35, enabled detection of homogeneous single nucleotide mutations [97]. One of
the pyrrolocytosine bases 36 exhibited increased selectivity, binding affinity, and high fluorescence
quantum yield in response to PNA hybridization [98]. Moreover, fluoroaromatic universal bases
including 37 [99] and cyanuric acid derivatives as nucleobases 38 were applied to decrease base pairing
discrimination by PNA probes, which could be desirable in some diagnostic applications [100].

Thanks to these advances in PNA chemistry, a number of modified PNA with properties better
suited for biological applications have been presented. The aim of these changes was mainly to
improve PNA affinity to natural nucleic acids, solubility, and membrane permeability. So far, no studies
have been conducted with modified PNA oligomers as antibacterials. Although many new PNA
analogs have been synthesized, still classical PNA monomers are most commonly used providing a
reasonable balance between the requirement of high affinity for natural nucleic acids and specificity of
the sequence recognition. Considering the problem of PNA delivery into bacteria, the most promising
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seem to be modifications that introduce positively charged groups into the PNA skeleton (compounds
5, 6, 7). Introduction of cationic groups into PNA should also improve its solubility and affinity to
negatively charged nucleic acids.

Up to now, the γ-modified PNA was used as a diagnostic tool for identification of bacterial
and fungal pathogens in blood [101]. This is one of the possible ways of using modified PNA
in pathogen diagnostics. Furthermore, compared to conventional monomers, γ-PNA have several
advantages: increased stability of duplexes with nucleic acids, better solubility, and less self-aggregation.
Therefore, γ–modified PNA (e.g., compound number 3, 4, 7, 9, 10) could be potentially useful also in
antibacterial applications.

4. Delivery of PNA to Bacteria

In order to block the expression of a specific gene, PNA must first enter the bacterial cell.
Unfortunately, PNA does not have the ability to spontaneously permeate bacterial membranes. Due to
different transport mechanisms, effective delivery of PNA to bacteria is much more difficult than its
delivery to mammalian cells. The main limitations hindering the development of antimicrobial PNA
are poor PNA solubility in aqueous solutions, the lack of bacterial membrane permeability by PNA,
and the associated difficulty of finding effective transporters of PNA to bacterial cells.

The cell wall of bacteria is an effective barrier for foreign particles, including PNA. Good et al.
demonstrated that, in gram-negative bacteria, the main barrier for PNA is the lipopolysaccharide
(LPS)—a component of the outer cell membrane [102]. They proved that Escherichia coli (E. coli) strains
with defective LPS were more sensitive to PNA than strains without this modification. Overall,
the antibacterial potential of PNA increased if E. coli was cultured in the presence of factors increasing
cell wall permeability. However, PNA activity did not improve after introducing mutations in the genes
encoding efflux pumps responsible for antibiotic resistance, suggesting that PNA is not a substrate for
these pumps [102].

As mentioned above, poor water solubility and difficulty in delivering PNA to the cell interior are
the major constraints in any PNA applications. Different strategies have been proposed to improve
PNA bioavailability. One of them includes chemical modifications of the PNA backbone to increase
PNA hydrophilicity (see the section on PNA modifications, e.g., the compound number 6 or 7, Figure 3).
Another strategy is based on the conjugation of a PNA oligomer to positively charged amino acids at
the PNA terminus [103,104]. An alternative is combining PNA with molecules capable of penetrating
bacterial cells, which act as PNA transporters (Figure 5). In this section, we summarize available PNA
delivery strategies used to achieve antimicrobial effects.

Figure 5. Schematic representation of PNA delivery strategies to bacterial cells: covalent conjugation of
PNA with CPP or vitamin B12, and complementary base pairing between PNA and DNA in tetrahedral
DNA nanostructure (TDN). PNA targets tested in bacteria: mRNA, ribosome, and toxin–antitoxin (TA)
systems are also shown.
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Until now, the most effective way of transporting PNA to bacteria was by cell penetrating peptides
(CPP), (Figure 5) [105]. CPP are short (usually consisting of less than 30 amino acids) cationic or
amphipathic peptides that can transport molecules many times their weight. There are two ways to
combine antisense oligonucleotides with CPP. One is the conjugation of a CPP with an oligonucleotide
through a covalent bond, and the other one is the formation of a non-covalent complex [106]. Most CPP
and PNA conjugates proposed so far are covalently linked.

The mechanism of cell penetration by CPP may be different for different bacteria. The most
commonly used CPP that transports PNA into bacterial cells is the synthetic peptide (KFF)3K, which was
first synthesized by Vaara and Porro in 1996 [107] based on the skeleton of the antibiotic polymyxin
B. (KFF)3K efficiently transports PNA in vitro, both to gram-negative and gram-positive cells [108].
Despite its efficiency in vitro, the activity of (KFF)3K-PNA conjugates drastically decreases in the
presence of blood serum [109]. Moreover, this peptide causes hemolysis at concentrations above
32 μM [107]; for comparison, polymyxin B is not hemolytic up to 1100 μM. Therefore, (KFF)3K is not
an ideal candidate for a PNA transporter and its future medical use is doubtful.

Several other CPP have been tested as PNA carriers in vitro, including (RXR)4XB
(X—6-aminohexanoic; B—β-alanine) [110], the TAT peptide produced by human immunodeficiency
virus [111], and many others [112,113]. Abushahba et al. [112] tested the antibacterial effect of PNA
attached to five different CPP. In this work, PNA inhibited the rpoA gene, which is the key gene for the
survival of Listeria monocytogenes. The authors confirmed that (RXR)4XB, TAT and (RFR)4XB, are the
most effective in introducing PNA into L. monocytogenes. The same peptides were tested by the Patenge
group [105] and conjugated to PNA complementary to the fragment of the gyrA gene in order to inhibit
the growth of Streptococus pyogenes. Out of 18 different peptides, TAT, oligolysine (K8), and (RXR)4XB,
effectively inhibited the growth of the tested strains.

The first protein identified as involved in the transport of peptide-PNA conjugates is an inner
membrane protein SbmA [114]. Ghosal et al. have shown that first, the peptide-PNA conjugate passes
through the outer membrane, then the peptide carrier is degraded by proteases, and next, SbmA is
involved in the transport of the free PNA through the inner membrane. However, in another work,
it was shown that the SbmA protein is not always required for antibacterial activity of the peptide-PNA
conjugate [115]. Hansen et al. tested 16 conjugates of PNA with antimicrobial peptides. They identified
three SbmA-independent, antimicrobially active PNA conjugates with peptides: Pep-1-K, KLW-9,13-α
and drosocin-RXR. In addition, in [116] it was shown that the involvement of SbmA in the peptide-PNA
transport also depends on the length of the PNA oligomer.

The effectiveness of PNA delivery into bacteria using CPP can be modulated by the linker
between the PNA and peptide (using either a degradable or non-degradable one) [117,118]. The most
commonly used linker in the CPP-PNA conjugates is a flexible ethylene glycol linker [105,116].
Good et al. [11] compared two antibacterial CPP-PNA conjugates with the same sequence but different
linkers (degradable, maleimide; and non-degradable, ethylene glycol). They showed that the conjugate
with the degradable linker is 10 times less active against E. coli than the conjugate with the ethylene
glycol linker. Many other linkers were tested, e.g., a stable triazole ring [119] or degradable disulfide
bond [117,120]. We found that the conjugates with the ethylene glycol linker showed improved
antimicrobial activity as compared to the same conjugates but connected through the triazole ring
(unpublished observation). A comprehensive comparison of different linkers in peptide conjugates
with different oligonucleotides can be found in the review [121].

Note, that CPP as PNA carriers are not universal because the transport of CPP may be strain
dependent. Additional obstacle in the use of CPP is that they may be cytotoxic to eukaryotic cells
and cause hemolysis of erythrocytes [107,122]. Therefore, there is still a need to develop effective and
noninvasive methods of introducing short, modified oligonucleotides (such as PNA oligomers) into
bacterial cells.

Beyond CPP, few non-peptidic molecules have been investigated to actively transport PNA to
bacteria. One such carrier of PNA is vitamin B12 (Figure 5). All aerobic bacteria require vitamin B12 for
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growth, but only a few produce it de novo [123] therefore, most microorganisms are forced to take up
vitamin B12 from the environment. In recent years, PNA was combined with vitamin B12 using different
linkers. Vitamin B12 was also found to improve PNA solubility and make the PNA in the conjugate
adopt a more extended conformation in comparison with free single-stranded PNA [124]. Furthermore,
we have shown that vitamin B12 acts as a carrier of PNA to E. coli and Salmonella enterica subsp. enterica
serovar Typhimurium [119,125]. These studies indicate that vitamin B12 could be a good candidate for
a PNA transporter into bacteria. However, the concentrations of vitamin B12 required for bacterial
growth are smaller than the concentrations of PNA that are necessary to exert an antibacterial effect.

An interesting and innovative approach was proposed in the work Readman et al. [126].
The self-assembling three-dimensional structure of a DNA tetrahedron was used as a carrier for
PNA oligomers into E. coli (Figure 5). The authors developed a DNA tetrahedron vector based on
a single-stranded DNA incorporating a PNA into its structural design. The PNA-tetrahedral DNA
nanostructure (TDN) inhibited bacterial growth at lower concentrations than the previously reported
(KFF)3K-PNA conjugate [126]. The transport mechanism of such complexes is not clear and further
studies of this vector are needed. Nevertheless, TDNs are promising candidates for PNA vectors
because they are non-toxic to cells as compared to CPP. In another work [127], TDNs efficiently
transported antisense PNA (targeting the ftsZ gene) into methicillin-resistant Staphylococcus aureus.

Despite these few other strategies to deliver PNA to bacteria, the covalent conjugation of PNA
and CPP is still the most popular one, mainly due to well-developed and relatively easy synthesis
protocols. These protocols allow quick changes of the peptide sequence, PNA attachment site, and the
linker type. However, this way of delivering PNA to bacteria is not ideal. Peptide uptake depends on
bacterial strain and, at high concentrations, CPP exhibit toxicity to both bacterial and eukaryotic cells.
Importantly, the new carriers such as vitamin B12 and TDN have proven that we do not have to limit
ourselves to cationic peptides and completely different (non-peptidic) types of transporters could be
considered and tested.

5. Applications of PNA as an Antibacterial Agent

In this section, we summarize the PNA sequences used as antibacterials. Since it is impossible
to list all the PNA-targeted genes and strains, we overview the most promising reports presenting
the lowest minimal inhibitory concentrations (MIC) necessary to inhibit bacterial growth. Table 2
summarizes the MIC values for different (KFF)3K-PNA conjugates aimed at various targets and
bacterial strains. Note, that the summary in Table 2 is only indicative of PNA antibacterial activity
because it is impossible to compare the effectiveness of different PNA sequences that target different
stages of bacterial metabolism. Also, the (KFF)3K carrier may work differently in different strains.
Similarly, it is impossible to compare the activity of PNA with classical antibiotics. Nevertheless,
the MIC values in Table 2 are promising and motivate further research on antibacterial PNA.

5.1. Targeting the mRNA of Essential Genes with Antisense PNA

In the last two decades, many mRNA encoding essential genes in clinically pathogenic bacteria
have been validated as possible targets for antisense PNA (Table 2). The most effective were PNA
designed as complementary to mRNA around the start codon and its neighboring region. By binding
to mRNA, PNA acts as a steric hindrance, contrary to some other oligonucleotides that induce the
activity of RNase H.

The first reported antibacterial PNA targeted the mRNA transcript of E. coli acpP gene that encodes
the acyl carrier protein, a protein crucial in fatty acid biosynthesis [11]. The acpP gene is conserved
among gram-negative bacteria and has become a frequent PNA target in various human pathogens
such as: Brucella suis [128], Haemophilus influenza [129], Pseudomonas aeruginosa [130]. In addition, a fabI
gene, also involved in fatty acid biosynthesis, was targeted in E. coli and S. aureus [131]. The E. coli
growth was also inhibited by PNA directed at mRNA involved in the folate biosynthesis (folA and
folP) [131].
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To improve the antimicrobial activity, PNA have also been used in combination with antibiotics.
Dryselius et al. and Castillo et al. analysed synergistic interactions between PNA targeting fatty acid
and folate synthesis pathways and a series of conventional antibiotics used against E. coli [131,132].
Antibiotics were selected based on their clinical relevance and targeted various biosynthetic pathways.
These included aminoglycosides, penicillins, polymyxins, rifamycins, sulfonamides, and trimethoprim.
The authors found several new synergistic combinations. Surprisingly, in both studies, higher
synergy of action was reported for inhibitor combinations with functionally unrelated targets than for
combinations with related targets.

Dryselius et al. examined the effects of the combinations of PNA and drugs against folate
biosynthesis: sulfonamides that target dihydropteroate synthase (of the folP gene) in an early step
of folate biosynthesis, and trimethoprim that inhibits dihydrofolate reductase (of the folA gene) in
the later step of this pathway. They synergy was observed if the anti-folA PNA was combined with
sulfamethoxazole, but no synergy was detected if anti-folP PNA was combined with trimethoprim [131].
Similarly, Castillo et al. demonstrated that PNA targeted at the essential acpP gene (involved in
biosynthesis of fatty acids) exhibited synergistic interaction with trimethoprim, whose target is
unrelated [132]. The molecular mechanisms of synergistic actions of these combinations are yet
undiscovered and require further investigations. By contrast, Patenge et al. found antimicrobial
synergy against S. pyogenes for the combination of anty-gyrA PNA with levofloxacin and novobiocin,
agents that share the same target, namely the gyrase enzyme [111]. These synergy observations suggest
that antisense PNA are promising candidates for a combination therapy and could be applied to
improve the effectiveness of already used drugs. This could help delay or prevent the development of
resistance to respective drugs.

Other essential biological processes that have been disrupted by antisense PNA, in both
gram-negative and gram-positive bacteria, are DNA transcription and replication. Respectively,
the rpoD gene encoding RNA polymerase and gyrA encoding DNA gyrase were targeted by PNA in
several pathogens including S. pyogenes [111], S. aureus, S. Typhimurium and Shigella flexneri [110]
(Table 2). Besides, PNA have also been used to inhibit the growth of Mycobacterium smegmatis [133]
and the intracellular pathogen L. monocytogenes [112].

Interestingly, PNA targeted to specific sites of selected genes in Bacillus subtilis (ftsZ gene), E. coli
(murA), Klebsiella pneumoniae (murA), and S. Typhimurium (murA, ftsZ) in a mixed culture, selectively
killed bacteria [134]. These findings open a novel opportunity for designing selective therapeutic
interventions for eradication of pathogenic bacteria.

Importantly, the efficacy of the antimicrobial peptide-PNA targeting mRNA was also demonstrated
in a mouse model of infection. Tan et al. showed that injection of the antisense peptide-PNA targeting
the acpP gene significantly inhibited the growth of E. coli strains in mice [135]. Moreover, Abushahba
et al. reported selective inhibition of L. monocytogenes growth in vitro, in cell culture, and in the
Caenorhabditis elegans infection model. They also demonstrated that the PNA sequence did not
adversely affect mitochondrial protein synthesis [112].

5.2. Ribosome as a Target for Antibacterial PNA

Many antibiotics exert their antimicrobial effects by binding to bacterial ribosome and interfering
with protein synthesis (Figure 5) [136]. Three-dimensional structures of bacterial ribosomes were
determined by X-ray crystallography showing that rRNA could be a promising target for the PNA
oligomers. In fact, several studies demonstrated that PNA oligomers binding to the functional domains
of both 23S and 16S rRNA effectively inhibited E. coli cell growth. For example, Good et al., used
PNA oligomers to strand-invade and disrupt peptidyl transferase center (PTC) and α-sarcin loop
of the 23S rRNA in the 50S ribosome subunit [137]. These PNA effectively inhibited translation
in a cell-free system, as well as the growth of E. coli AS19 cells (Table 2). The PTC is the catalytic
center of the ribosome, in which peptide bonds are formed between adjacent amino acids, so it is an
essential ribosome part providing its enzymatic function. The α-sarcin loop interacts with ribosome
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elongation factors and is a target for cytotoxins, such as α-sarcin and ricin, which completely abolishes
translation [138]. In another study, Kulik et al. inhibited E. coli growth with a PNA oligomer targeting
a fragment of the 23S rRNA, called Helix 69 [139] (Table 2). Helix 69 forms an inter-subunit connection
between the 50S and 30S ribosomal subunits and also binds some aminoglycoside antibiotics.

PNA have been also designed to bind 16S rRNA [137,140,141]. Hatamoto et al. tested PNA
oligomers targeting several conserved regions of 16S rRNA using an in vitro translation assay.
They found that only PNA directed against the mRNA binding site of 16S rRNA inhibited translation
in a cell-free system. Furthermore, they investigated the inhibitory effect of PNA on the growth of
E. coli K-12, Bacillus subtilis 168 and Corynebacterium efficiens YS-314 (Table 2) [140]. Importantly, besides
the mRNA binding site, many other 16S rRNA regions of importance for ribosome function have
been found. Górska et al., formulated the protocol that identifies regions in 16S rRNA as potential
targets for sequence-specific binding and inhibition of the ribosome function [142]. The authors
assessed 16S rRNA target accessibility, flexibility, and energy of strand invasion by a PNA oligomer,
as well as similarity to human rRNA. They also designed and tested a PNA oligomer complementary
to the 830−839 fragment of 16S rRNA of E. coli, which, in this particular site, is also identical in
S. Typhimurium, and confirmed that this PNA sequence inhibited bacterial growth (Table 2) [142].

5.3. Other mRNA Targets

Apart from targeting the essential mRNA and rRNA, PNA oligomers were also tested against
other bacterial targets, including non-essential genes. Many bacterial species form extracellular biofilms
making infections extremely challenging to eradicate. Hu et al. found a PNA oligomer that effectively
inhibited biofilm formation [143]. This PNA targeted the mRNA of the motA gene, encoding the
element of the flagellar motor complex, in Pseudomonas aeruginosa. The biofilm formation was also
hindered in Enterococcus faecalis by a PNA directed at the efaA gene, which plays an important role in
the adhesion of bacteria to surfaces [144]. Besides biofilm-related genes, antibiotic resistance genes can
be targeted to increase the susceptibility of resistant bacteria to antibiotics. For example, PNA aimed at
a multi-drug efflux pump cmeABC of Campylobacter jejuni increased the susceptibility of this strain to
ciprofloxacin and erythromycin [145].

A separate approach describes the design of a PNA-based treatment that exploits the mazEF and hipBA
toxin-antitoxin systems (Figure 5) as novel targets for antisense antibacterials in a multi-drug resistant
E. coli [146]. Many bacteria have toxin–antitoxin systems, typically composed of two genes, one encoding a
toxin that targets an essential cellular process, and the other an antitoxin that counteracts the toxin activity.
Równicki et al. showed that PNA can be used to modulate the expression of the toxin-antitoxin system.
They found that antisense PNA effectively terminate translation of the antitoxin, causing bacterial cell
death. Promisingly, the PNA oligomers did not activate cytotoxicity in mammalian cells [146].

Table 2. Minimal inhibitory concentrations (MICs) determined for (KFF)3K-PNA conjugates targeted
at various genes. The MIC values provided in the table are the lowest determined MICs in each case.

Target Function Bacteria MIC * (μM) Reference

mRNA of essential genes

acpP fatty acid biosynthesis

Brucella suis 1330 30 ** [128]

Escherichia coli K-12 0.6 [11]

Haemophilus influenza 0.6 [129]

Pseudomonas aeruginosa PAO1 2 [130]

hmrB Staphylococcus aureus RN4220 10 [122]

fabI
Escherichia coli K-12 3

[131]
Staphylococcus aureus RN4220 15

folA folate biosynthesis Escherichia coli AS19 2.5

folP Escherichia coli AS19 2.5
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Table 2. Cont.

Target Function Bacteria MIC * (μM) Reference

mRNA of essential genes

gyrA DNA replication

Acinetobacter baumanii CY-623 5 [147]

Brucella suis 1330 30 [128]

Klebsiella pneumoniae 20 [148]

Staphylococcus aureus RN4220 10 [131]

Streptococcus pyogenes [111]

rpoD DNA transcription

Escherichia coli (ESBL+) 6.2 [110]

Klebsiella pneumoniae (ESBL+) 30 [110]

Listeria monocytogenes ATCC 19114 2 *** [112]

Salmonella enterica serovar
Typhimurium LT2 15 *** [149]

Shigella flexneri (MDR) 5 [110]

Staphylococcus aureus ATCC29213 6.2 [108]

murA cell-wall biogenesis

Escherichia coli DH10B 2.4

[134]
Klebsiella pneumoniae ATCC 700721 2.5

Salmonella enterica serovar
Typhimurium LT2 1.2

ftsZ cell division
Bacillus subtilis 168 4

[134]Salmonella enterica serovar
Typhimurium LT2 2.5

inhA mycolic acid biosynthesis Mycobacterium smegmatis 155 <5 [133]

rRNA

PTC peptidyl transferase center
23S rRNA Escherichia coli K-12 50 ***

[137]
a-sarcin loop binds elongation factor G

(EF-G) 23S rRNA Escherichia coli K-12 50 ***

Helix 69 forms connection between
ribosomal subunits Escherichia coli K-12 15 [139]

mRBS mRNA binding site 16S
rRNA

Corynebacterium efficiens 2

[140]Bacillus subtilis 5

Escherichia coli K-12 10

830−839 16S
RNA

part of IF3 binding site 16S
rRNA Escherichia coli K-12 15

[142]830−839 16S
RNA

part of IF3 binding site 16S
rRNA

Salmonella enterica serovar
Typhimurium LT2 5

Other mRNA targets

motA biofilm formation Pseudomonas aeruginosa PAO1 1 [143]

cmeABC multidrug efflux
transporter Campylobacter jejuni - [145]

mazE antitoxin MazE Escherichia coli WR3551/98 16

[146]
hipB antitoxin HipB Escherichia coli WR3551/98 16

thyA thymidylate synthase Escherichia coli WR3551/98 16

gltX glutamyl-tRNA synthetase Escherichia coli WR3551/98 2

* MICs were tested in Mueller–Hinton broth, unless otherwise stated ** MICs were tested in Tryptic Soy broth
*** Inhibition assays performed using solid LB/agar plates.

As shown in Table 2, in the last two decades, many PNA targets in bacteria have been found
and successfully verified. Still, the main PNA target in antibacterial applications of PNA is mRNA of

79



Molecules 2020, 25, 559

essential genes. However, because of the complicated RNA architecture, and thus unknown mRNA
fold, it is not easy to predict if the PNA-mRNA complex is formed. In addition, finding a PNA
susceptible target that is present in bacteria and not present in mammalian cells is as fundamental
as finding an efficient PNA carrier to bacterial cells. Contrary to other small molecule compounds,
virtually any bacterial RNA can be targeted by antisense PNA, offering a limitless set to choose from.
Since novel antibiotic targets are constantly searched for, they could be tested by using PNA and vice
versa, PNA could also help identify them [150,151].

6. Conclusions

The use of sequence-specific oligonucleotides binding to natural nucleic acid targets has been a
matter of extensive research, finally leading to a few FDA-approved oligonucleotide-based therapies
in humans [152]. PNA as a nucleic acid mimic has been investigated for nearly 30 years. Since its first
synthesis, the physicochemical properties of PNA and its interactions—especially with DNA—have
been well determined. PNA oligomers have been tested in various applications, not only as
antimicrobials but also as antiviral or anticancer molecules [12,153,154].

Nevertheless, the use of PNA as an antibiotic is not foreseen in the near future due to crucial
limitations. The main drawback precluding the use of PNA as an antimicrobial is its lack of uptake
by bacterial cells. Even though some positive examples of PNA carriers have been shown, mainly
cell-penetrating peptides, we have not yet found effective PNA transporters to bacterial cells. Using
modified PNA monomers could help achieve better PNA solubility and membrane permeability. Also,
not only covalently bound peptides should be considered as PNA carriers, but also non-peptidic
transporters. In addition, to lower the concentrations of PNA required to inhibit bacterial growth (thus
PNA doses), not only an effective PNA carrier is needed but also a more PNA-susceptible target. Thus,
future efforts should also focus on the search for novel PNA targets that go beyond mRNA encoding
essential proteins. Despite these limitations, PNA shows promise in antibacterial studies because of its
high binding affinity to RNA and strand-invasion capability. Studies highlighted in this review point
to effective antibacterial PNA sequences. However, the majority of PNA sequences were tested in vitro
and many questions on the PNA use in vivo still remain to be answered. Few reports have shown PNA
efficacy in animal models of infection using clinically relevant doses, but most studies were performed
in non-human models. Therefore, how PNA affects the interferon response and emergence of bacterial
resistance remains to be seen.

It is worth noting that PNA use has already been successful in detection of bacterial pathogens.
The use of PNA in diagnosis of bacterial infections has gained a lot of attention because it is critical
to quickly recognize a particular pathogen to administer proper medication. The new pathogen
identification platform based on the interaction of γ-PNA with double-stranded DNA shows promise
in diagnostics [101]. Thus, PNA research related to bacterial applications has also focused on the
diagnostic applications [155–157].

The number of studies related to the use of PNA in antibacterial applications is constantly growing,
with PNA as a diagnostic tool for detecting pathogens paving the way. Thus, in the future the
development of PNA-based antibiotics could become an alternative approach in the fight against
multi-drug bacterial resistance. Other possibilities of PNA are yet to be discovered.
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Abstract: During the treatment of viral or bacterial infections, it is important to evaluate any resistance
to the therapeutic agents used. An amino acid substitution arising from a single base mutation in a
particular gene often causes drug resistance in pathogens. Therefore, molecular tools that discriminate
a single base mismatch in the target sequence are required for achieving therapeutic success. Here,
we synthesized peptide nucleic acids (PNAs) derivatized with tolane via an amide linkage at the
N-terminus and succeeded in improving the sequence specificity, even with a mismatched base
pair located near the terminal region of the duplex. We assessed the sequence specificities of the
tolane-PNAs for single-strand DNA and RNA by UV-melting temperature analysis, thermodynamic
analysis, an in silico conformational search, and a gel mobility shift assay. As a result, all of the
PNA-tolane derivatives stabilized duplex formation to the matched target sequence without inducing
mismatch target binding. Among the different PNA-tolane derivatives, PNA that was modified with
a naphthyl-type tolane could efficiently discriminate a mismatched base pair and be utilized for the
detection of resistance to neuraminidase inhibitors of the influenza A/H1N1 virus. Therefore, our
molecular tool can be used to discriminate single nucleotide polymorphisms that are related to drug
resistance in pathogens.

Keywords: peptide nucleic acid; tolane; single nucleotide polymorphism; influenza virus;
drug resistance

1. Introduction

A single nucleotide polymorphism (SNP), as a variation at a single position in a gene sequence
among individuals [1], within viral genes often confers drug resistance to the pathogen, such as
HIV-1 drug resistance [2] or oseltamivir-resistant influenza virus [3]. Therefore, the sequence-specific
detection of SNPs in target genes while using oligonucleotides is a key technology for detecting
pathogens and disease-related genes. The accuracy and sensitivity of diagnosis relies on the chemical
properties of the oligonucleotides that were used for detection. Thus, various types of chemically
modified nucleic acids have been developed to improve the binding affinity and sequence specificity.
Peptide nucleic acids (PNAs) are DNA mimics in which the phosphate backbone has been replaced
by a neutral amide backbone composed of N-(2-aminoethyl)glycine linkages [4]. The advantages of
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PNAs are their high binding affinity [5–7], good mismatch discrimination [8], nuclease and protease
resistance [9], and low affinity for proteins [10].

Up to now, PNAs have been used to detect single nucleotide polymorphisms (SNPs) through a
combination with various types of other technologies. Ross et al. have utilized PNAs to detect SNPs in
target genes while using matrix-assisted laser desorption/ionization time-of-flight mass spectrometry
(MALDI-TOFMS) of PCR products. This ability to detect SNPs can be achieved, because PNAs can
form stable complexes with their target genes under low salt conditions [11]. In order to perform the
simultaneous detection of multiple SNP sites in dsDNA by MALDI-TOFMS, Ren et al. mixed multiple
PNAs and dsDNA and treated them first with exonuclease III and then with nuclease S1 to produce
PNA/ssDNA fragments, including the SNP sites in situ. They succeeded in discriminating between
various apolipoprotein E genotypes in patients while using dsDNAs that were obtained by PCR [12].
Boontha et al. developed a new ion-exchange capture technique for SNP detection using a pyrrolidinyl
PNA probe. The complementary PNA/DNA hybrid is selectively captured by the anion exchanger
in the presence of noncomplementary or unhybridized PNA, allowing for the direct detection of the
hybridization event on the anion exchanger by MALDI-TOFMS. The accuracy of MALDI-TOFMS,
in conjunction with the high specificity of PNA hybridization, offers promise for development into a
multiplexed, high-throughput screening technique [13].

Gaylord et al., developed a method for the fluorescence-based detection of SNPs
while using PNA probes conjugated with an optically amplifying conjugated polymer
poly[(9,9-bis(6′-N,N,N-trimethylammoniumhexylbromide) fluorene)-co-phenylene], and S1 nuclease.
Recognition is accomplished by the sequence-specific hybridization between the uncharged,
fluorescein-labeled, PNA probe, and the DNA sequence of interest. After subsequent treatment
with S1 nuclease, the cationic polymer electrostatically only associates with the remaining anionic
PNA/DNA duplex, leading to the sensitized fluorescence emission of the labeled PNA probe via
FRET from the cationic polymer [14]. They succeeded in detecting a known point mutation that had
been implicated in a dominant neurodegenerative dementia known as frontotemporal dementia with
Parkinsonism linked to chromosome 17 (FTDP–17), which has clinical and molecular similarities to
Alzheimer’s disease.

The fluorescence-based detection of SNPs is a simple, rapid, and robust technology. Rockenbauer
et al. reported a new method that combined allele-specific hybridization, PNA technology, and
detection while using flow cytometry. These authors described a fully functional two-bead genotyping
system based on PNA capture and flow cytometric detection that they used for the accurate and fast
re-genotyping of a Danish basal cell carcinoma cohort [15]. Bethge et al. synthesized forced intercalation
probes (FIT-probes) that contained an intercalating cyanine dye, such as oxazole yellow (YO), which
serves as a replacement for a canonical nucleobase. The YO in the FIT probes responds to adjacent
base mismatches through the attenuation of fluorescence intensity under conditions where both
matched and mismatched target DNAs are bound. The YO-PNA is capable of signaling the presence
of fully complementary DNA by providing an up to 20-fold enhancement in fluorescence. Single base
mismatches cause a significant attenuation of YO fluorescence [16]. Socher et al. also employed a
thiazole orange (TO) modified FIT-PNA molecule to monitor SNPs in a target gene. They found that
the use of D-ornithine rather than aminoethylglycine as the PNA backbone increased the intensity
of the fluorescence emitted by matched probe-target duplexes, while the specificity of fluorescence
under non-stringent conditions was also increased. The utility of these ornithine-containing FIT probes
was demonstrated in a real-time PCR analysis providing a linear measurement range over at least
seven orders of magnitude [17]. Ditmangklo et al. synthesized novel alkyne-modified styryl dyes for
conjugation with pyrrolidinyl peptide nucleic acid (acpcPNA) while using click chemistry to detect
the presence of structural defects, including mismatched, abasic, and base-inserted DNA targets.
The largest increase in the fluorescence quantum yield (up to 14.5–fold) of styryl-dye-labelled acpcPNA
was achieved with DNA carrying base insertions [18].
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Kam et al. succeeded in discriminating SNPs in the KRAS oncogene in cultured cells while using
two types of molecular beacons (MBs) based on either phosphothioated DNA (PS-DNA-MB) or peptide
nucleic acid (TO-PNA-MB, where TO = thiazole orange). Cell transfection of TO-PNA-MB with the aid
of PEI resulted in fluorescence in cells expressing the fully complementary RNA transcript (Panc-1),
but undetectable fluorescence in cells expressing the K-ras mRNA that had a single mismatch to the
TO-PNA-MB (HT29). In contrast, PS-DNA-MB showed no fluorescence in all the cell lines that were
tested post PEI transfection [19]. Further, Kolevzon et al. synthesized a PNA bis-quinoline that was
capable of detecting mutant K-ras mRNAs in cultured cells by monitoring far-red emission [20].

As mentioned above, PNA is a powerful tool that can be used to discriminate SNPs when used in
combination with a mass spectrometer, PCR, or a fluorescence detector. The usefulness of PNA will
be further amplified if it could be used for the rapid diagnosis of viral and bacterial drug-resistance
in clinical specimens. This could be achieved by improving the hybridization properties of the PNA,
eliminating the need for any expensive equipment. We recently reported that the hybridization
property of a PNA could be enhanced by azobenzene modification at the N-terminus [21]. We also
attached intercalators containing larger pi-conjugated systems, such as acridine and pyrene to the
N-terminus of PNA via amide linkages. However, these modifications increased binding not only to
the matched DNA, but also to the mismatched DNA (data not shown). Dogan et al. [22] reported
that modification by stilbene, an orthogonal molecule, at the 5′-terminus of the DNA, also enhanced
the binding affinity for matched DNA/DNA duplex formation, without increasing the formation of
mismatched duplexes. These reports inspired us to explore modification of the N-terminus end of
PNA with a more rigid and orthogonal molecule when compared to stilbene, which could increase the
binding affinity and sequence specificity of PNA to DNA and RNA.

In this study, we designed and synthesized various types of intercalators utilizing a
diphenylachetylene(tolane) backbone and attached them to the N-terminus of the PNA via amide
linkage. The binding affinities and sequence specificities of these PNA derivatives for DNA or RNA
were assessed by a UV-melting temperature analysis and a gel mobility shift assay. We also developed a
novel type of rapid diagnostic test kit for discriminates SNP relating neuraminidase inhibitor-resistant
virus of the seasonal influenza virus.

2. Results and Discussion

2.1. Design and Synthesis of PNA and Tolane-PNA

The typical duplex structure of PNA/DNA has been reported in the Protein Data Bank (PDB:1PDT).
We introduced a diphenylacetylene (tolane) derivative to the N-terminal of PNA via an amide linkage
and performed an in silico conformational search while using MacroModel to design a chemically
modified PNA that can form a stable stacking conformation with the terminal base pairs (Figure 1).
As can be seen in Figure 1, the tolane molecule (Figure 2, tolane1) appeared to form a stacking
interaction with a neighboring base pair in the terminal region of the PNA/DNA duplex. We reasoned
that the optimization of the linker length in tolane might further enhance the stacking conformation in
the PNA/DNA duplex. Accordingly, we synthesized a series of tolane molecules that had different
linker lengths or pi-conjugation systems (Figure 2). These were introduced to the N-terminal region of
a 12-mer poly-pyrimidine PNA (PNA0) that is known to be sensitive to mismatches and it is unable to
form a triplex with the target DNA (Table 1). The lysine at the C-terminus was introduced to increase
the water solubility of the PNA.
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Figure 1. Conformational search of the tolane1 modified Peptide nucleic acid (PNA)/DNA duplex.
The original PNA/DNA duplex structure was obtained from the Protein Data Bank (PDB:1PDT).
The conformational search was performed while using the force field OPLS2005 model in MacroModel.

 

 
 

Figure 2. Chemical structure of the tolane derivatives. 1–5) tolanes containing different alkyl linker
lengths, 6–8) tolanes containing either ether or amide linkages, 9–12) tolanes containing different
pi-conjugation systems. Tolane1-PNA) Schematic diagram of tolane1 modified PNA. A lysine residue
was introduced to the C-terminus of the PNA molecule to increase water solubility. Tolane1 was
attached to the N-terminal amino group through an amide linkage.
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Table 1. PNA and DNA sequences used for studying the effect of tolane molecules on UV-melting
temperature analysis.

Name PNA (N-C)/DNA or RNA (5′-3′)
Mass

Calculated Found

PNA0 TTCCCTCCTCTA-Lys 3258.38 3261.74
PNA1 Tolane1-TTCCCTCCTCTA-Lys 3490.67 3495.84
PNA2 Tolane2-TTCCCTCCTCTA-Lys 3476.65 3482.33
PNA3 Tolane3-TTCCCTCCTCTA-Lys 3504.70 3508.71
PNA4 Tolane4-TTCCCTCCTCTA-Lys 3518.73 3519.78
PNA5 Tolane5-TTCCCTCCTCTA-Lys 3532.76 3536.00
PNA6 Tolane6-TTCCCTCCTCTA-Lys 3520.70 3520.79
PNA7 Tolane7-TTCCCTCCTCTA-Lys 3520.70 3521.16
PNA8 Tolane8-TTCCCTCCTCTA-Lys 3533.72 3534.27
PNA9 Tolane9-TTCCCTCCTCTA-Lys 3570.76 3570.68
PNA10 Tolane10-TTCCCTCCTCTA-Lys 3644.85 3642.05
PNA11 Tolane11-TTCCCTCCTCTA-Lys 3550.73 3552.13
PNA12 Tolane12-TTCCCTCCTCTA-Lys 3545.71 3546.78
DNA1 ATGTCCTAGAGGAGGGAATAA - -
DNA2 ATGTCCTAGAGGAGGGCATAA - -

Lys: lysine, Underlined: mismatch base. Calculated: expected molecular weight, Found: molecular weight identified
by MALDI-TOFMS.

2.2. The Effect of Linker Structures in the Tolane-PNAs on Duplex Stability with Single Strand DNA

The thermal stabilities of the tolane-PNA/DNA duplexes were used to assess the effects of the
different tolane derivatives on duplex stability. We measured the melting temperature (Tm) of PNA0–12

with a single stranded DNA (DNA1). The Tm of the matched PNA0/DNA1 was 56.5 ◦C, while that of
the mismatched PNA0/DNA2 was 48.6 ◦C, thus representing a difference of 7.9 ◦C.

PNAs 1–5 represent molecules with different lengths of the alkyl chain spacer that lies between
the PNA and the tolane moiety. The Tms of their duplexes with DNA1 increased in an alkyl
length-dependent manner until the tolane linker was pentanoic acid (Table 2. PNA4, 61.7 ◦C).
The PNA5/DNA1 duplex, which contained a hexanoic acid linker, had a lower Tm than the PNA4/DNA1

duplex (Table 2. 59.6 ◦C). Pentanoic acid seemed to be an optimal linker length for tolane-PNA
conjugates based on these data. Interestingly, the Tms of the PNA0-5/DNA2 mismatched duplexes
did not increase with alkyl chain length (Table 2. Tm = 48.1–48.8 ◦C). Among PNA0–5, PNA4 gave
the largest ΔTm (+13.0 ◦C), which was 5.1 ◦C larger than that of PNA0 (ΔTm = +7.9 ◦C). Tolane4 in
PNA4 could efficiently associate with adjacent base pairs in the matched PNA/DNA duplex and it also
stabilized the duplex formation.

We further investigated the effect of the chemical structure of the tolane linkers on PNA/DNA
duplex formation. We elected to use a tolane linker length, which was the same as hexanoic acid;
however, we substituted the aliphatic linkers with two more flexible and hydrophilic ether linkers
(Figure 2, tolane6–7) or a more rigid amide linkage (Figure 2. tolane8). The two different types of ether
linkers and the amide linker were introduced to the N-terminus of PNA, as shown in Table 1 (PNA6–8).
PNA6 and PNA7 both contain flexible ether linkers that increased duplex stability with DNA1 relative
to PNA4 (Table 2, PNA6/DNA1 Tm = 63.0 ◦C, PNA7/DNA1 Tm = 62.2 ◦C). In contrast, PNA8 contains
a more rigid amide linker that had a slightly lower Tm (Table 2, PNA8/DNA1 Tm = 60.9 ◦C) when
compared to PNA4. We performed a conformational search of tolane6 and tolane8 in the PNA/DNA
duplex (PDB:1PDT) by an in silico conformational search while using MacroModel® to understand the
mode of binding of tolane molecules within the PNA/DNA duplex. As a result, the flexible ether linker
of tolane6 efficiently formed stacking conformation with the terminal base pairs, while the rigid amide
linked tolane8 did not (Figure 3).
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Table 2. Thermal stability of PNA/DNA and tolane-PNA/DNA duplexes.

PNA
Tm (◦C)

Match 1 Mismatch 2 ΔTm 3

0 56.5 ± 0.9 48.6 ± 0.9 7.9
1 60.8 ± 0.6 48.8 ± 0.7 12.0
2 59.3 ± 0.9 48.5 ± 0.9 10.8
3 60.1 ± 0.1 48.1 ± 0.7 12.0
4 61.7 ± 0.9 48.7 ± 0.8 13.0
5 59.6 ± 0.2 48.4 ± 0.3 11.2
6 63.0 ± 0.6 48.5 ± 0.9 14.5
7 62.2 ± 0.3 48.8 ± 0.6 13.4
8 60.9 ± 0.3 48.7 ± 0.4 12.2
9 64.8 ± 0.6 48.3 ± 0.9 16.5
10 60.7 ± 1.2 4 48.6 ± 0.3 4 12.1 4

11 60.9 ± 0.5 48.9 ± 0.7 12.0
12 63.3 ± 0.7 49.2 ± 0.2 14.1

1 Mean Tm ± SD (n = 3), Tm between each PNA and DNA1, 2 Mean Tm ± SD (n = 3), Tm between each PNA and
DNA2. 3 ΔTm = Tm(matched) − Tm(mismatched). 4 20% methanol was added to dissolve the pyrene-PNA in
20 mM phosphate buffer (pH 7.4).

 
Figure 3. Molecular docking simulation of the tolane-PNA/DNA duplex conformation. Left: tolane6 in
PNA forms a favorable stacking conformation with the terminal base pair of the PNA/DNA duplex
via its flexible ether linker. Right: tolane8 in PNA forms a stacking interaction with the DNA bases,
but not with the terminal base of the PNA due to the rigidity of the amide backbone. The PNA/DNA
duplex structures were obtained as 1PDT from the PDB data bank and the conformational search was
performed using the force field OPLS2005 model and MacroModel. Green; DNA, Blue; PNA conjugated
with tolane6, Orange; PNA conjugated with tolane8.

We performed a conformational search using the same procedures to understand the different
effects of tolane6 and tolane7. As a result, tolane6 formed a stable stacking interaction with the
adjacent PNA/DNA base pair, while tolane7 could only form a stacking interaction with the DNA
bases (Figure 4). Regardless of the flexibility of the linker, PNA 6 and 7 did not show an increase in the
Tm for the duplex with mismatched DNA2 (Table 2). From these results, we chose the ethoxyacetate
linker for the further optimization of the tolane molecules.
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Figure 4. Molecular docking simulation of the tolane-PNA/DNA duplex conformation. Left: tolane6

formed a favorable stacking conformation with the terminal base pair of the PNA/DNA duplex via its
flexible ether linker. Right: tolane7 was unable to form a stacking interaction with the N-terminal base
pair due to the rigidity of the amide linker. The PNA/DNA duplex structures were obtained as 1PDT
from the PDB data bank and the conformational search was performed with the OPLS2005 force field
and gradient termination at 0.001 kJ/mol-Å (MacroModel, 2010).

2.3. Modification of the Tolane Structure to Enhance the Stacking Interaction with the PNA/DNA Duplex

In the previous section, the optimization process showed that the ethoxyacetic acid linker (tolane6)
was the best candidate among tolane1–8. We next modified the structure of the tolane backbone to
enhance the stacking interaction with the terminal base pairs of the PNA/DNA. According to our
in silico conformational search that is shown in Figure 5, an extended pi-conjugate system might
increase the stacking interaction with the terminal base pair of PNA/DNA (Figure 5. Top view of the
tolane-PNA/DNA duplex. Red: tolane6, White: terminal base pair).

 
Figure 5. Conformational search of tolane6-PNA/DNA using MacroModel. Force Field; OPLS2005,
Solvent: water, Red; tolane. White; terminal base pairs.

Based on these data, we synthesized tolane9 and 10, which had extended pi-conjugated systems
in their terminal phenyl group and tolane11 and 12 that had an electron donor and an acceptor group,
respectively. Each compound was attached to the amino group at the N-terminus of the PNA and the
resulting DNA binding affinities were assessed by a UV-melting temperature analysis (Table 2). As a
result, tolane9, which contains a naphthyl group, increased the duplex stability with DNA1 (Table 2,
Tm = 64.8 ◦C) and the thermal stability was found to be higher than that of tolane6 (Tm = 63.0 ◦C).
On the other hand, tolane9 had almost no effect on the thermal stability of the mismatched PNA9/DNA2

duplex (Table 2, Tm = 48.3 ◦C). As PNA 10 possesses a pyrene group, it has poor solubility in aqueous
solution. Therefore, we used 20% methanol in a phosphate buffered solution to measure the Tm of
DNA1. As a result, the pyrene containing tolane 10, which has an enhanced pi-conjugated system
and had a lower Tm when compared to tolane 9 (Table 2, Tm = 60.7 ◦C). Although the pi-conjugated
system in tolane 10 is larger than that tolane 9, the poor water solubility of tolane10 made it unsuitable
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for forming a stacking interaction with the neighboring base pairs in the PNA 10/DNA1 duplex when
in an aqueous solution.

We next examined the effect of functional groups at the para-position in tolane on the thermal
stability of the PNA/DNA duplex. PNA11, which has an electron donating methoxy group in tolane11,

had a lower Tm (Table 2, Tm = 60.9 ◦C) when compared to PNA7. The structural bulkiness of
the methoxy group in tolane11 might cause steric hindrance with the neighboring base pairs in
PNA12/DNA1 and prevent the stacking interaction. PNA13, which has an electron withdrawing cyano
group in tolane12, had nearly the same Tm (Table 2, Tm = 63.3 ◦C) as PNA6. These data indicate that
the electron density of the tolane molecule does not affect the stacking interaction with the terminal
base pair of the tolane-PNA/DNA. Overall, the tolane derivatives did not stabilize the mismatch duplex
formation of the tolane-PNA/DNA, regardless of the modified functional groups. Based on the ΔTm
(16.5 ◦C) in Table 2, PNA9, which is a naphthyl type tolane (tolane 9), had the best sequence specificity.

2.4. Analysis of the Duplex Conformation of the Tolane-PNA/DNA Duplexes by Fluorescence Spectroscopy

We analyzed the fluorescence spectra of PNA9 in the absence or presence of matched DNA1 or
mismatched DNA2 to understand the mode of action of tolane9 in the PNA/DNA duplex. PNA9 was
dissolved in 20 mM phosphate buffer (pH 7.4) at a concentration of 4 μM at 25 ◦C. The excitation
wavelength of tolane9 in PNA9 was found to be 323 nm, while the emission wavelength was found to be
384 nm (Figure 6, fluorescence intensity: 402.24). The fluorescence intensity was drastically quenched to
151.94 when PNA9 was mixed with matched DNA1 at a 1:1 molar ratio (Figure 6). This is likely to be as
the result of the stacking interaction of tolane9 with the neighboring base pairs in PNA9/DNA1. On the
other hand, when PNA9 was mixed with mismatched DNA2 at a 1:1 molar ratio, the fluorescence
intensity was decreased by about half relative to DNA1 (Figure 6, fluorescence intensity: 271.33). These
results indicated that tolane9 could form an efficient stable stacking conformation with matched DNA1.
When a penultimate base pair of the PNA/DNA was mismatched, tolane9 did not form a stable stacking
conformation with an adjacent base pair due to the fraying of the base pairs in the terminal region.

Figure 6. The fluorescence spectra of PNA9 (solid), PNA9/DNA1 (dashed-dotted line), and PNA9/DNA2

(dashed line) were measured in 20 mM sodium phosphate buffer (pH 7.4). Conditions: PNA,
DNA = 4 μM, Excitation = 323 nm, Emission = 384 nm, Temperature = 25 ◦C.

2.5. Thermodynamic Study of the PNA/DNA and Tolane-PNA/DNA Duplexes

We analyzed the thermodynamic parameters of PNA0 and PNA9 with matched DNA1 and
mismatched DNA2 to study the binding behavior of tolane9. The Tm values of the duplex varied
depending on their total concentration. Thus, we measured the Tm of each duplex and plotted 1/Tm
on the vertical axis and ln(Ct/4) on the horizontal axis, as shown in Figure 7. The enthalpy (ΔH) was
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calculated from the slope of the approximate line obtained, and the entropy (ΔS) was calculated from
the intercept, as indicated in Equation (1) below. Figure 7 shows the actual plots and approximate
straight lines. ΔG was calculated based on Equation (2).

1/Tm = (R/ΔH)ln(Ct/4) + ΔS/ΔH (1)

ΔG = ΔH − TΔS (2)

Figure 7. Tm plot of the PNA/DNA and tolane-PNA/DNA duplexes at different concentrations in
20 mM phosphate buffer (pH 7.4). The R/ΔH values were calculated from the slope of each approximate
straight line. The ΔS/ΔH values were calculated from the estimated intercept on the 1/Tm line as
ln(Ct/4) approached zero.

We obtained the R/ΔH for PNA0/DNA1, PNA0/DNA2, PNA9/DNA1, and PNA9/DNA2, which
was 3.25× 10−5, 4.47× 10−5, 2.52× 10−5, and 4.18× 10−5 (K−1), respectively, according to the approximate
straight line in Figure 7. In addition, the ΔS/ΔH ratio for PNA0/DNA1, PNA0/DNA2, PNA9/DNA1, and
PNA9/DNA2 was calculated as 2.60 × 10−6, 2.55 × 10−6, 2.64 × 10−6, and 2.55 × 10−6 (K−1), respectively.
The heat capacity should be negligible. The gas constant (R) was 0.00199 (kcal/(mol·K)). These data
were used for calculating the ΔH, ΔS, and ΔG values, according to Equations (1) and (2), and they are
summarized in Table 3.

The ΔG values in Table 3 showed good correlations with the Tm values. When comparing
the ΔH of the matched PNA/DNA duplex, PNA9 (−79.1 kcal/mol) had a smaller value than PNA0

(−61.8 kcal/mol), which indicates that tolane9 forms a stacking interaction with the neighboring base
pairs by intermolecular bindings, such as pi–pi stacking interactions and hydrogen bonds. When
comparing the ΔS of the matched PNA/DNA, PNA9 (−208.8 cal/mol·K) had a smaller value than
PNA0 (−159.5 cal/mol·K), which indicates that the stacking interaction of tolane9 impairs the structural
flexibility at the terminal region of the PNA/DNA duplex. However, the enthalpy contribution was
relatively bigger than the loss of entropy, so, as a result, the free energy of PNA9 (−16.9 kcal/mol)
was lower than PNA0 (−13.7 kcal/mol) and formed a stable duplex. Looking at the thermodynamic
parameters of the mismatched duplexes in Table 3 revealed that PNA0 and PNA9 had almost the
same values. This suggested that tolane9 has negligible interaction with PNA/DNA duplex when the
mismatched base is located at the second base position from the terminus. This sequence specificity
was caused by the structural rigidity of the tolane, since the diphenylacetylene backbone can adopt a
stacking conformation only when the terminal base pair forms a matched duplex.
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Table 3. Thermodynamic parameters of the PNA/DNA duplex.

ΔG◦(298K)
(kcal/mol)

ΔH◦
(kcal/mol)

ΔS◦(298K)
(cal/mol·K)

Tm
◦C

PNA0/DNA1 −13.7 −61.8 −159.5 56.6 ± 0.9

PNA9/DNA1 −16.9 −79.1 −208.8 64.9 ± 0.6

PNA0/DNA2 −10.7 −44.6 −113.7 49.4 ± 0.9

PNA9/DNA2 −11.3 −47.6 −121.5 50.2 ± 0.9

2.6. Recognition of Single Base Mismatched DNA by Tolane 9

We prepared DNA3–5, which had three single base mismatches at the first, second, and third bases
from the 3′-terminus, respectively, to confirm that tolane9 can discriminate a single base mismatch in
its target DNA (Table 4). As summarized in Table 5, tolane9 in PNA9 slightly increased the Tm for
the mismatched DNAs (DNA3: +0.3–+2.5 ◦C, DNA4: +0.8–2.6 ◦C, DNA5: +0.3–1.5 ◦C) compared to
PNA0/DNA3–4. On the other hand, PNA9 increased the Tm for the matched DNA by approximately
8.3 ◦C. Therefore, its sequence specificity is improved, as shown in Figure 8, as ΔTm [ΔTm = Tm
(matched) − Tm (mismatched), maximum ΔTm; +14.7 ◦C (T/C mismatch with DNA4), minimum ΔTm;
+4.8 ◦C (T/G mismatch with DNA3)]. Although there are many other possible mismatch variations in
the PNA/DNA duplex, we think that tolane9 can improve the sequence specificity, regardless of the
exact location of the mismatch.

Table 4. PNA and DNA sequences used to study single base mismatch discrimination. The underlined
sequences in DNA3, 4, and 5 were the mismatched bases to both PNA0 and PNA9.

PNA (N-C)/DNA (5′-3′)
PNA0 TTCCCTCCTCTA-Lys
PNA9 Tolane9-TTCCCTCCTCTA-Lys
DNA1 ATGTCCTAGAGGAGGGAATAA

DNA3-T ATGTCCTAGAGGAGGGATTAA
DNA3-G ATGTCCTAGAGGAGGGAGTAA
DNA3-C ATGTCCTAGAGGAGGGACTAA
DNA4-T ATGTCCTAGAGGAGGGTATAA
DNA4-G ATGTCCTAGAGGAGGGGATAA
DNA4-C ATGTCCTAGAGGAGGGCATAA
DNA5-T ATGTCCTAGAGGAGGTAATAA
DNA5-A ATGTCCTAGAGGAGGAAATAA
DNA5-C ATGTCCTAGAGGAGGCAATAA

Table 5. UV-melting temperature analysis of PNA0 and PNA9 with DNA containing a single base
mismatch at the first (DNA3), second (DNA4), and third (DNA5) base from the N-terminus of the PNA.

PNA

Tm (◦C)

Matched 1

DNA1
Mismatched 1

DNA3
Mismatched 1

DNA4
Mismatched 1

DNA5

T/A T/T T/G T/C T/T T/G T/C C/T C/A C/C

PNA0 56.6
(±0.9)

57.0
(±0.4)

57.7
(±0.3)

53.0
(±0.9)

56.7
(±1.9)

56.6
(±1.2)

49.6
(±0.9)

54.0
(±0.8)

53.7
(±0.7)

52.5
(±1.1)

PNA9 64.9
(±0.6)

59.5
(±0.1)

60.1
(±0.3)

53.3
(±0.2)

58.5
(±0.8)

59.2
(±0.9)

50.2
(±0.9)

55.4
(±0.4)

55.2
(±0.5)

52.8
(±0.5)

1 Mean Tm ± SD (n = 3), PNA, DNA; 4 μM each in 20 mM phosphate buffer (pH 7.4).
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Figure 8. Measurement of Tm for PNA0/DNAs and PNA9/DNAs in 20 mM phosphate buffer (pH 7.4).
ΔTm = Tm (matched) − Tm (mismatched). DNA1 contains a complementary sequence to the PNAs.
DNA3, DNA4, and DNA5 contain a mismatched base at the first, second, and third base from the
N-terminus of the PNA.

2.7. Detection of Single Nucleotide Polymorphism (SNP) in a Neuraminidase Inhibitor-Resistant Influenza
Virus by PNA13 and PNA14 Using a Gel Mobility Shift Assay

Neuraminidase inhibitors, such as Zanamivir and Oseltamivir, are antiviral medicines that are
used to treat and prevent influenza virus infections. A SNP in the influenza A virus neuraminidase
gene often causes drug-resistance to those neuraminidase inhibitors. Kawakami et al. identified the
difference between a neuraminidase inhibitor-resistant influenza A viral gene (Yokohama/77/2008/H1N1,
GenBank Accession number: AB465325) and a neuraminidase inhibitor-sensitive influenza A viral
gene (Yokohama/1/2008/H1N1, GenBank Accession ID: AB519808) by direct sequencing of the PCR
product of the neuraminidase gene during the previous swine influenza pandemic in 2008–2009 [23].
They found that nucleotide 823 (labeled from the 5′-terminus of the complementary viral RNA gene
((+) stand RNA), which causes a change from an adenine to a thymine, leads to the substitution
of histidine to a tyrosine at amino acid 275 (H275Y). We synthesized PNA13 and PNA14 that are
complementary to the viral gene in Influenza A/Yokohama/77/H1N1 to discriminate this SNP within
the viral RNA((−) strand RNA). We attached a Lys-O-O-Lys-biotin linker (O; aminoethylethoxyacetate)
to increase the water solubility and develop a nucleic acid chromatography method for the detection
of a SNP associated with the neuraminidase inhibitor-resistance of influenza A/Yokohama/77/H1N1.

We first prepared DNAs that contained the sequences of influenza A/Yokohama/1/2008/H1N1
(Table 6, DNA6) and influenza A/Yokohama/77/2008/H1N1 (Table 6, DNA7) genes and performed
a UV-melting temperature analysis. As a result, PNA14 had a Tm that was 5.8 ◦C higher with the
matched DNA7 (Tm = 59.3 ◦C) compared to PNA13/DNA7 (Tm = 53.5 ◦C). PNA14 had nearly the
same Tm with mismatched DNA6 (47.6◦C) relative to PNA13/DNA6 (Tm 48.0 ◦C). As a result, the
modification of tolane9 to PNA enhanced the ΔTm by 6.2 ◦C (i.e., from 5.5 ◦C (PNA13) to 11.7 ◦C
(PNA14)). These results indicated that tolane9 only increases the binding affinity to the target sequence
when the sequence is matched.

We also assessed the binding of PNA13 and PNA14 to RNA sequences that were derived from
influenza A/Yokohama/1/H1N1 (Table 6, RNA1) and influenza A/Yokohama/77/H1N1 (Table 6, RNA2)
neuraminidase genes. Each RNA consisted of 17 bases and the 5′-terminus was fluorescently labelled
with Cy5 to allow for the visualization of the binding on a gel (Table 6, RNA1 and RNA2). PNA14

showed a higher Tm with the matched RNA2 (Table 7, Tm = 55.3 ◦C) when compared to PNA13/RNA2
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(Table 7, Tm= 51.7 ◦C). On the other hand, PNA14 showed a significantly lower Tm with the mismatched
RNA1 (Table 7, Tm = 31.5 ◦C) as compared to PNA13/RNA1 (Table 7, Tm = 40.2 ◦C). As a result,
tolane9 improved the ΔTm of PNA by 23.8 ◦C (Table 7), which is 12.3 ◦C higher than PNA13 (Table 7,
ΔTm = 11.5). We hypothesized that the lowered binding affinity of PNA14 to the mismatched RNA
could be due to the hydrophobic property of tolane9, which prefers to form intramolecular interactions
with neighboring PNA bases and avoids forming a mismatched duplex with the hydrophilic RNA
that possesses 2′-hydroxyl groups. While using a conformational search that was conducted using
MacroModel, as shown in Figure S1 (supplemental data), we compared the stability of the capped state
of tolane-PNA/DNA, in which tolane forms a stacking interaction with neighboring base pair in the
PNA/DNA duplex, and the backbone binding state of the tolane-PNA/DNA duplex, in which tolane is
bound to the PNA backbone. The capped state is 2 kcal more stable than the backbone binding state
based on the ΔG energy. The difference in ΔG energy indicates that the relative abundance ratio of the
capped state and backbone binding state within tolane-PNA/DNA is estimated to be 30:1.

Table 6. PNA13 and PNA14 used to detect a neuraminidase inhibitor-resistant gene in
influenza virus A/Yokohama/77/H1N1 derived from a single nucleotide polymorphism (SNP)
within the sequence. RNA1 contains the neuraminidase inhibitor-sensitive gene in influenza virus
A/Yokohama/1/2008/H1N1, while RNA2 contains the neuraminidase inhibitor-resistant gene in influenza
virus A/Yokohama/77/2008/H1N1. DNA6 and DNA7 contain the same sequence as RNA1 and RNA2,
except that uracil bases were substituted with thymine bases.

Name PNA (N-C)/RNA (5′-3′) or DNA
Mass

Calculated. Found

PNA13 TTTTATTATGAG-Lys-O-O-Lys-biotin 4062.35 4063.27
PNA14 Tolane9-TTTTATTATGAG-Lys-O-O-Lys-biotin 4374.45 4374.45
DNA6 GCATTCCTCATAATAGAAATT - -
DNA7 GCATTCCTCATAATAAAAATT - -
RNA1 Cy5-GCAUUCCUCAUAAUAGAAAUU - -
RNA2 Cy5-GCAUUCCUCAUAAUAAAAAUU – -

O: aminoethylethoxyacetate.

Table 7. UV-melting temperature analysis of PNA/DNA and PNA/RNA containing the neuraminidase
inhibitor-resistant and neuraminidase-sensitive gene sequences.

Tm1 (◦C)
With Sensitive Sequence

Tm2 (◦C)
With Resistant Sequence

ΔTm (Tm2 − Tm1)
(◦C)

PNA13 48.0 (DNA6) 53.5 (DNA7) 5.5
PNA14 47.6 (DNA6) 59.3 (DNA7) 11.7
PNA13 40.2 (RNA1) 51.7 (RNA2) 11.5
PNA14 31.5 (RNA1) 55.3 (RNA2) 23.8

PNA/RNA; 4 μM each in 10 mM phosphate buffer and 1 mM EDTA (pH 6.0).

We performed a gel mobility shift assay to study the effect of tolane9 on the duplex formation
between PNA and RNA. Cy5-labelled synthetic RNA oligonucleotides (RNA1 and RNA2 at a final
concentration 100 nM) were incubated with three equivalents of the PNAs (PNA13 and PNA14 at a
final concentration 300 nM) for 10 min in 10 mM sodium phosphate buffer and 1 mM EDTA (pH 6.0) at
25 ◦C, 40 ◦C, and 55 ◦C. PNA13 bound to both the mismatched RNA1 and the matched RNA2 and gave
band shifts on the gel, regardless of the incubation temperature, as shown in Figure 9. PNA showed low
sequence specificity, as a mismatch base is located near the terminal of the target sequence. However,
PNA13 showed less binding to the mismatched RNA1, as the incubation temperature was increased to
55 ◦C. In contrast, PNA14 showed reduced binding to the mismatched RNA1 at 40 ◦C and the band
shift was drastically reduced at 55 ◦C. Tolane-modified PNA showed improved sequence specificity,
as a mismatch base is located near the terminal of the target sequence, which was probably due to
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selective stacking interactions with only the matched neighboring base pair. These results correspond
to the results of their melting temperature analyses that are summarized in Table 7. Regarding the
N-terminus-modified PNA, a lysine-rich cationic peptide-modified PNA was previously reported to
increase the binding constant to a matched DNA by up to 250–fold; however, it also increased the
binding constant to mismatched DNA sequences by up to 35–fold relative to that of non-modified
PNA [24]. Therefore, tolane-PNA is a better option for discriminating SNPs in a target gene.

Figure 9. Gel mobility shift assay to assess single nucleotide polymorphism recognition in an RNA
oligonucleotide (RNA1, RNA2) by PNA13 and PNA14. RNA1 contains the partial sequence from
neuraminidase inhibitor-sensitive influenza A/Yokohama/1/H1N1, while RNA2 contains the partial
sequence from the neuraminidase inhibitor-sensitive influenza A/Yokohama/77/H1N1. PNA; 300 nM,
RNA; 100 nM, incubation; 10 mM phosphate buffer (pH 6.0); and, 1 mM EDTA at room temperature for
10 min, gel shift assay; 15% acrylamide gel, 20 mA, 60 min.

Here, we proposed a new PNA chromatography system to detect a SNP related to the
neuraminidase-inhibitor susceptibility of the influenza viral gene. We recently reported a PNA-based
ELISA system [25] and a rapid diagnostic test kit while using nucleic acid chromatography for
discriminating influenza A viruses [26]. In both methods, PNAs target a conserved sequence of
a viral gene of influenza A viruses. These PNA recognizes the viral gene in a sequence-specific
manner. As the viral RNA forms ribonucleoprotein complexes with nucleoprotein (NP) [27], their
PNAs can form a complex with viral RNA/nucleoprotein, or ribonucleoprotein (RNP) within the
virus lysate (Figure 10, top A; PNA/RNP formation). This PNA/RNP complex can be visualized by
a gold nanoparticle-conjugated rabbit anti-nucleoprotein IgG antibody (gold-rabbit anti-NP IgG) in
the control line, and a red color develops as a result of surface plasmon resonance (Figure 10, top B;
PNA/RNP detection). In addition, we prepared a control line that can capture gold-rabbit anti-NP IgG
by anti-rabbit IgG antibody to confirm the flow of the sample through the device (Figure 10, top C;
Confirmation). We employed this system to discriminate a SNP that is involved in neuraminidase
inhibitor resistance and neuraminidase inhibitor-sensitive viral strains.

We decided to perform this nucleic acid chromatography detection at 55 ◦C to eliminate mismatched
binding but to retain matched binding since PNA14 can slightly bind to RNA1 that contains a
mismatched base at 40 ◦C (Figure 9). First, we added a neuraminidase inhibitor-resistant virus (NIR
virus) and neuraminidase inhibitor-sensitive virus (NIS virus) into an elution buffer (see Materials
and Methods section). Subsequently, PNA13 or PNA14 was added to the elution mixture and then
incubated at 55 ◦C for 5 min. The PNA-containing elution mixtures were dropped onto a conjugation
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pad of the PNA chromatography at 55 ◦C and let react for 15 min. As a result, PNA13 could not
discriminate the SNPs between these two viruses and detected both the NIR and the NIS viruses on
the chromatograph (Figure 10, bottom left). By contrast, PNA14 discriminated the SNPs among these
viruses and selectively detected the NIR virus, which possesses a complementary viral RNA sequence,
on the chromatograph (Figure 10, bottom right). These results correspond to the results of the gel
mobility shift assay that is shown in Figure 9. Further, our chromatography system is advantageous
when compared to microarray technology, since it does not require the additional steps of target
genome amplification, hybridization, washing, and fluorescence detection during the diagnosis process.
Our chromatography method is also advantageous when compared to the immunochromatography
approach that has been widely used in bedside applications. In particular, the immunochromatography
kit requires two antibodies for the detection of a target antigen in a sandwich fashion and, thus, the
sensitivity and specificity rely on the quality of these two antibodies. By contrast, PNA chromatography
requires a tolane-PNA that recognizes a conserved gene sequence of the target pathogen and an
antibody recognizes the nucleoproteins that are associated with the target gene. The design and
synthesis of a certain tolane-PNA for detecting a viral or bacterial gene can be accomplished within
one week. The development of an antibody targeting an antigen (i.e., nucleoprotein) is easier than
developing two antibodies. One of the drawbacks of tolane-PNA chromatography is its low sensitivity
(detection limit: 1.0 × 106 pfu/mL). In addition, some binding was lost to the matched binding since a
relatively high incubation temperature is required to eliminate the mismatched binding. However,
taking these advantages of tolane-PNA together, we could succeed in developing a novel type of
nucleic acid chromatography that can effectively discriminate a SNP in influenza A virus.

Figure 10. Cont.
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Figure 10. Rapid diagnosis of influenza virus by PNA chromatography. Top) Schematic diagram
of the PNA chromatography kit. Top A) PNA/RNP formation, Top B) PNA/RNP detection, Top C)
Confirmation. Bottom left) PNA13 did not discriminate a SNP in the target viral RNA among the two
viruses and detected both NIR and NIS viruses on the PNA chromatograph. Bottom right) PNA14

discriminated a SNP in the target viral RNA among these two viruses and selectively detected NIR
virus on the PNA chromatograph. PNA, 5 μL (0.5 μg); influenza viruses, 10 μL (1.0 × 106 pfu/mL);
elution buffer, 105 μL (containing 1% Tween, 0.5% BSA). PNA and virus lysate incubation: 55 ◦C, 5 min.
Chromatography incubation: 55 ◦C, 15 min.

3. Materials and Methods

3.1. Chemicals for Synthesis of Tolane Derivatives and General Analysis

All of the reagents and dry solvents were used without any further purification. Silica gel 60N
(spherical, neutral, particle size 40–50 um, Kanto Chemical Co. Inc., Tokyo, Japan) were used for column
chromatography, unless otherwise noted. Thin-layer chromatography was performed while using
Merck TLC silica gel 60 F254 (Merck KGaA, Darmstadt, Germany). Nuclear magnetic resonance (NMR)
spectrum was recorded on a JEOL JML-LA-400 H1 400MHz (JEOL Ltd., Tokyo, Japan). The spectra
were internally referenced to the tetramethylsilane signal at 0 ppm, CDCl3 (7.24 ppm), and DMF
(2.5 ppm). Mass measurements were recorded on JEOL JMS-T100LC (ESI-TOF-HRMS) (JEOL Ltd.,
Tokyo, Japan).

3.2. Synthesis of Tolane Derivatives

The details were written in the supplemental data. Briefly, we prepare the linker molecule
with a carboxylic acid one side and 4-bromo-phenyl group the other side. The carboxylic acid was
esterified with methanol and 4-bromo-phenyl group was reacted with ethynylbenzene while using the
Sonogashira coupling reaction. After the methoxy ester was hydrolysed to carboxylic acid in lithium
hydroxide solution. The free carboxylic acid group was used for amide coupling with the N-terminal
amino of PNA.

3.3. Chemicals for PNA Synthesis

Fmoc/Bhoc-protected PNA monomers were purchased from Panagene (Daejeon, Korea).
Fmoc-Lys(Boc)-OH, poly-ethylene linker, and TGR-resin were purchased from Merck Millipore
(Tokyo, Japan). The coupling activators and HATU were purchased from Watanabe Chemicals
(Hiroshima, Japan). DNA (salt free) was purchased from Sigma–Genosys (Ishikari, Japan). Other
chemicals were purchased from Wako Pure Chemical (Osaka, Japan), Sigma–Aldrich (Tokyo, Japan),
and Tokyo Chemical Industry (Tokyo, Japan). The reagents and solvents were used without further
purification, unless otherwise noted.

3.4. Preparation of Fmoc-Lys-(Boc)-OH Loaded Resin

The Novasyn TGR resin (200 mg, 0.24 mmol/g) was swollen in 5 mL DMF for 30 min prior to the
synthesis. 200 μL of base solution (0.3 M 2,6-lutidine, 0.2 M diisopropyl ethylamine, and 0.33 M thiourea
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solution) and 0.5 M HATU were added to a mixture of Fmoc/Boc-protected lysine (Fmoc-Lys(Boc)-OH,
22.5 mg, 48 μmol), and Boc/Cbz-protected lysine (Boc-Lys(Cbz)-OH, 72.3 mg, 190 μmol) in 200 μL of
DMF to activate the carboxyl groups of coupling monomers. For the coupling reaction, the mixture was
added to the resin and then incubated at ambient temperature for 60 min. The resin was then removed
from the reaction solution and washed with DMF (5 × 5 mL). For the capping of non-reacted amine
groups, the resin was treated with 1.5 mL of capping solution (2,6-lutidine: Ac2O:pyridine = 6:5:89,
v/v) for 5 min and washed with DMF (10 × 5 mL). For the deprotection of Fmoc-groups, the resin was
treated with 1 mL of deblock solution (40% (v/v) piperidine in DMF) for 5 min and washed with DMF
(10 × 5 mL).

3.5. PNA Synthesis

Automated linear solid phase synthesis of PNA was performed while using an Intavis ResPep
parallel synthesizer that was equipped with micro scale columns (Köln, Germany). The lysine-loaded
resin (200 mg, 16 μmol) was swollen in 5 mL DMF for 30 min, and 20 mg of the resin was transferred
to each column in the synthesizer. After the removal of DMF, the Fmoc-protecting groups of the
lysine-loaded resin were removed from the resin by a 10-min incubation in 100 μL of deblock solution;
the resin was subsequently washed with 100 μL of DMF 10 times. The concentration of each monomer
(Fmoc-PNA monomers, Fmoc-AEEA-OH, Fmoc-AZO-OH, and Fmoc-Lys(Boc)-OH) was adjusted to
0.3 M in DMF solution. The activator solution contained 0.5 M HATU in DMF. The base solution
contained 0.3 M 2,6-lutidine, 0.2 M diisopropyl ethylamine, and 0.33 M thiourea in 5% NMM in
pyridine solution (v/v). The deblock solution contained 40% pyperidine in DMF solution.

For the coupling reaction, 17.5μL of monomer solution, 17.0μL of activation solution, and 8.50μL of
base solution were combined in a vessel and incubated for 2 min at ambient temperature. The coupling
solution was then transferred to 20 mg of the resin and then incubated for 100 min at ambient
temperature. After eluting the coupling solution from the resin by filtration, the resin was washed with
100 μL of DMF 10 times. This coupling procedure was repeated twice for each monomer elongation
reaction. The resin was then incubated with 100 μL of capping solution for 10 min. to protect the
non-elongated amino groups with acetyl groups and subsequently washed with 100 μL of DMF 10
times. The N-terminus Fmoc-group was then removed by incubating the resin with 100 μL of deblock
solution for 10 min and subsequently washing with 100 μL of DMF 10 times. The coupling step of the
next monomer and capping steps were repeated, as described above, until the desired PNA molecule
was synthesized. Before the cleavage of PNA molecules from the resin, the resin was washed with
100 μL of DMF five times, followed by washing with 100 μL of dichloromethane five times. After drying
the resin, 1 mL of TFA/m-cresol (9:1, v/v) was added and incubated for 12 h. The resin was then filtered
and the flow-through containing the cleaved PNA was transferred to a new tube. The PNA solution
was added to 15 mL of ice-cold diethyl ether, and the precipitate was collected by centrifugation at
4400 rpm for 4 min. The supernatant was transferred to another tube and then discarded. The residue
was dried under ambient atmosphere and then dissolved in 100 μL of distilled water.

3.6. PNA Purification and Analysis

All of the PNAs were purified by reverse-phase HPLC using a JASCO PU-2086 pump system
(Tokyo, Japan) with a JASCO UV-2075 detector and a GL Science Inertsil (150 mm × 4.6 mm, 5 μm)
C-18 column for analytical runs or a GL Science Inertsil (20 mm × 250 mm, 3 μm) C-18 column
for semi-preparative runs. Eluting solvents (analytical: A (0.1% TFA in water) and B (0.1% TFA in
acetonitrile); semi preparative: A (0.1% TFA in water) and B (0.1% TFA in acetonitrile)) were used in a
linear gradient at a flow rate of 1 mL/min for analytical and 5 mL/min for semi-preparative HPLC.
The gradient for analytical runs was 0→50% B in 30 min, and the gradient for semi-preparative runs was
0% B for 10 min, 0→5% B in 10 min, 5% B for 10 min, 5→10% B in 10 min, 10% B for 10 min, 10→20% B in
120 min, and 20→50% B in 10 min. Detection was performed while using a UV-VIS-detector at 260 nm.
PNA molecular weights were analysed using an Ultraflextreme MALDI TOF Mass Spectrometer
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(Bruker Daltonics, Yokohama, Japan). The optical densities of PNA and DNA were measured at
260 nm with a UV1700 spectrometer (Shimadzu, Kyoto, Japan) using quartz cuvettes (4 × 10 mm).
The extinction coefficient of PNA was calculated from the molar extinction coefficient obtained from
http://www.panagene.com/. The molar extinction coefficient of tolane derivatives 1–8, 9, 10, 11, and 12

were 15,600, 15,000, 16,500, 9600, and 11,000 (M−1cm−1), respectively. Measurements of absorption at
260 nm were carried out in a buffer solution (10 mM NaH2PO4, pH 7.0) at an ambient temperature.

3.7. UV-Melting Analysis of PNA/DNA and Tolane-PNA/DNA

PNAs were preheated at 95 ◦C for 5 min to prevent aggregation, and then gradually cooled to
25◦C before being added to the DNA solution. The melting profiles of PNA complexed with DNA or
RNA were analysed on a UV1700 spectrophotometer (Shimadzu) while using a microcell (eight cells,
1 mm) at 260 nm. PNAs and DNA were suspended in 20 mM sodium phosphate buffer (pH 7.4) at
4 μM each. The PNAs and RNA were suspended in 10 mM sodium phosphate buffer and 1mM EDTA
(pH 6.0) at 4 μM each. The temperature was ramped down from 95 ◦C to 10 ◦C at a rate of −1 ◦C/min.

3.8. In silico Conformational Search of Tolane Derivatives in the PNA/DNA Duplex

A PNA/DNA duplex structure that was solved by NMR methodology has been registered in
the Protein Data Bank (PDB ID:1PDT). Tolane derivatives were introduced to the N-terminal amino
group of PNA via an amide linkage, and an in silico conformational search of tolane within the
PNA/DNA duplex was performed by Macromodel version 10.5 (Schrödinger, LLC, New York, NY,
2014). The torsion angle search approach, followed by minimization using an OPLS-2005 force field in
water was utilized to analyze the stacking conformers.

3.9. Analysis of Duplex Conformation of Tolane-PNA/DNA Duplexes by Fluorescence Spectroscopy

Cy5-labelled DNA concentrations were quantified by absorbance at 260 nm while using a molar
extinction coefficient provided by manufacturer. Fluorescence Spectrophotometer F-7000 identified
excitation wavelength and emission wavelengths at 323 nm and 384 nm. PNA9 were preheated at
95 ◦C for 5 min to prevent aggregation, then gradually cooled to 25 ◦C before being added to DNA
solutions. PNA9, DNA1, and DNA2 concentrations were quantified by absorbance at 260 nm while
using a molar extinction coefficient that was provided by the manufacturer. Fluorescence spectrum of
PNA9 alone, PNA9/DNA1, and PNA9/DNA2 were measured in 20 mM sodium phosphate (pH 7.4)
at 25 ◦C.

3.10. Gel Mobility Shift Analysis of PNA/RNA Complexes

PNAs were preheated at 95 ◦C for 5 min to prevent aggregation, and then gradually cooled to
25 ◦C before being added to the RNA solution. The RNA concentrations were quantified by absorbance
at 260 nm while using a molar extinction coefficient provided by the manufacturer. PNA/RNA
hybridization assays were conducted while using 100 nM Cy5-labeled single strand RNA with 300 nM
PNA, or tolane-PNA in 10 mM sodium phosphate and 1 mM EDTA at pH 6.0 for 10 min at 25 ◦C.
The reaction mixture for each condition was mixed with 0.2 volumes of a solution containing 30%
glycerol, 0.025% bromophenol blue, and 0.025% xylencyanol (Sigma-Aldrich Japan, Tokyo, Japan),
and then subjected to electrophoresis at 20 mA for 60 min on a 15% non-denaturing polyacrylamide
gel using 1x TBE as a running buffer (89 mM Tris base, 89 mM borate, 2 mM EDTA, pH 8.1) at 4 ◦C in
the dark. The gel images were created by the use of a CCD digital image stock system, FAS-III (Toyobo,
Osaka, Japan).

3.11. Preparation of Influenza A/Yokohama/1/2008/H1N1 and A/Yokohama/77/2008/H1N1

Influenza A/Yokohama/1/2008/H1N virus and A/Yokohama/77/2008/H1N virus were propagated
in chicken embryonated eggs and then purified by sucrose gradient ultracentrifugation. For the PNA
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binding assay, the viral titers were assessed while using a plaque formation assay and adjusted to
1.0 × 106 pfu/mL with a phosphate buffered saline (pH 7.4).

3.12. Discrimination of a SNP in the Neuraminidase Gene of Influenza A Virus by PNA and Tolane-PNA
Using Nucleic Acid Chromatography

The samples containing influenza virus (10 μL of 1.0 × 106 pfu/mL) were added to 105
μL of phosphate buffer (pH 7.4) containing detergents at 55 ◦C and dropped to a conjugate
pad of the kit. We first formed the complex between tolane-PNA-biotin and influenza viral
RNA/nucleoprotein in the sample lysate, which was dropped onto the conjugation pad, and then flowed
by chromatography on the membrane towards the test and control lines. PNA-Lys-O-O-Lys(biotin)
and tolane-PNA-Lys-O-O-Lys(biotin) was preheated at 95 ◦C for 5 min to prevent aggregation, and
then gradually cooled to 55 ◦C before being added to the influenza virus detergent. After incubation
of 0.5 μg of PNA-Lys-O-O-Lys(biotin) and tolane-PNA-Lys-O-O-Lys(biotin) solution with 115 μL of
the viral lysate at 55 ◦C for 5 min, the mixture was dropped onto a conjugate pad on a lateral flow
strip that contains a gold-rabbit anti-nucleoprotein at 55 ◦C in a CO2 gas incubator SCA series (ASTEC,
Fukuoka, Japan). PNAs can form a complex with the influenza viral RNA and the nucleoprotein
(RNP) within the virus lysate. This PNA/RNP complex can be visualized by gold-nanoparticle that was
conjugated rabbit anti-nucleoprotein IgG antibody (gold-rabbit anti-NP) in the control line, and a red
color develops as a result of surface plasmon resonance. In addition, we prepared a control line that
can capture the excess gold-rabbit anti-NP by anti-rabbit IgG to confirm the flow of sample through
the device. We employed this system to discriminate a SNP in neuraminidase inhibitor-resistant and
neuraminidase inhibitor-sensitive viral strains.

4. Conclusions

We designed and synthesized various types of tolane derivatives that possess different types
of linkers, such as alkyl linkers, ether linkers, and amide linkers. These were incorporated at the
N-terminus of the PNA to increase its sequence specificity against ssDNA. As a result, we found that
the best linker length among the different alkyl acids tested was pentanoic acid. The substitution of
pentanoic acid with ethoxypropanoic acid further increased the binding affinity of the tolane-PNA due
to its flexible structure. Extension of the pi-conjugated system by changing from a phenyl to naphthyl
group also increased the binding affinity to neighboring base pairs and increased duplex stability
in a sequence specific manner. We were able to discriminate a single base mismatch in the terminal
region of target DNA and RNA molecules without increasing the binding to mismatched genes to
activate the carboxyl groups of coupling monomers. A novel type of nucleic acid chromatography
that employed our tolane-modified PNA allowed for us to detect a SNP related to drug-resistance
found in an influenza virus without using PCR-based genome amplification reaction. Therefore,
tolane-modified PNA chromatography has the potential to directly enable the simple diagnosis of
drug-resistant viruses from viral samples at the bedside without requiring PCR, gel electrophoresis,
mass spectroscopy, or fluorescence detection.

Supplementary Materials: The following are available online, Figure S1: Conformational search of
tolane4-PNA/DNA duplex.
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Abstract: Alternative splicing of tau pre-mRNA is regulated by a 5′ splice site (5′ss) hairpin present at
the exon 10–intron 10 junction. Single mutations within the hairpin sequence alter hairpin structural
stability and/or the binding of splicing factors, resulting in disease-causing aberrant splicing of exon
10. The hairpin structure contains about seven stably formed base pairs and thus may be suitable for
targeting through antisense strands. Here, we used antisense peptide nucleic acids (asPNAs) to probe
and target the tau pre-mRNA exon 10 5′ss hairpin structure through strand invasion. We characterized
by electrophoretic mobility shift assay the binding of the designed asPNAs to model tau splice site
hairpins. The relatively short (10–15 mer) asPNAs showed nanomolar binding to wild-type hairpins
as well as a disease-causing mutant hairpin C+19G, albeit with reduced binding strength. Thus,
the structural stabilizing effect of C+19G mutation could be revealed by asPNA binding. In addition,
our cell culture minigene splicing assay data revealed that application of an asPNA targeting the 3′
arm of the hairpin resulted in an increased exon 10 inclusion level for the disease-associated mutant
C+19G, probably by exposing the 5′ss as well as inhibiting the binding of protein factors to the
intronic spicing silencer. On the contrary, the application of asPNAs targeting the 5′ arm of the hairpin
caused an increased exon 10 exclusion for a disease-associated mutant C+14U, mainly by blocking
the 5′ss. PNAs could enter cells through conjugation with amino sugar neamine or by cotransfection
with minigene plasmids using a commercially available transfection reagent.

Keywords: RNA structure; strand invasion; antisense; PNA; exon skipping; exon inclusion

1. Introduction

Tauopathies are a class of neurodegenerative disorders characterized by the formation of
neurofibrillary tangles and paired helical filaments composed of microtubule-associated protein
tau (MAPT) [1–5]. Tauopathies include Pick′s disease, Alzheimer′s disease, as well as frontotemporal
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dementia and parkinsonism linked to chromosome 17 (FTDP-17) [3]. FTDP-17 is an autosomal dominant
neurodegenerative disorder that includes behavioral and personality changes, cognitive impairment,
and motor symptoms [6]. FTDP-17 is caused by mutations in the MAPT gene, which encodes the tau
protein [7–9]. Tau proteins are predominantly expressed in neurons and are involved in microtubule
assembly, morphogenesis, neuron cytoskeletal maintenance, and axonal transport [10,11].

The MAPT gene contains 16 exons, with exons 2, 3, and 10 alternatively spliced to generate six tau
isoforms. Alternative splicing of exon 10 gives rise to tau isoforms with four microtubule-binding
repeat domains (4Rs) upon exon 10 inclusion or three repeats (3Rs) upon exon skipping (exclusion)
(Figure 1a). The ratio of 4R/3R isoforms is maintained at close to 1:1 [7,12–14]. Either 3R or 4R isoforms
or both can be present in tau protein filaments [4,5,7,15–17].

An RNA hairpin structure at the tau pre-mRNA exon 10 5′ splice site (5′ss, located at the 3′ end of
exon 10 and the 5′ end of intron 10, Figure 1) may regulate the alternative splicing of exon 10 and thus
the ratio of 4R/3R isoforms [18–24]. The formation of this hairpin masks the 5′ss, thus inhibiting its
recognition by U1 small nuclear ribonucleoprotein (U1 snRNP, Figure 1a), which is a key initial step in
pre-mRNA splicing [25–27]. Point mutations in the hairpin region affect its stability by introducing
mismatched base pairs or by structural rearrangement within the hairpin [15,18–23,28,29].

 

Figure 1. Microtubule-associated protein tau (MAPT) exon 10 5′ splice site recognition: (a) (top)
schematic of MAPT pre-mRNA containing exon 9 (gray box), exon 10 (white box), and exon 11
(gray box). The regulatory hairpin (shown in orange) is located at the junction of exon 10 and intron
10, and 4R and 3R isoforms are generated based on the inclusion or exclusion (skipping) of MAPT
exon 10. (bottom) Schematic of the recognition of the 5′ splice site by U1 small nuclear RNA (snRNA)
(shown in blue). (b–e) Secondary structures for tau pre-mRNA exon 10 splice site hairpins. The values
shown below the structures are folding free energies (in kcal/mol, at 1 M NaCl, pH 7.0) predicted by
RNAstructure program [29,30]. The disease-causing mutations are shown in red. The +11C and +19G
mutations result in structural rearrangement in the top and bottom stems, respectively [29]. The 5′ splice
site located at the 5′ arm of the hairpin is indicated with an arrow in panel (b). The 5′ and 3′ arms of
the hairpin may contain the exonic splicing enhancer elements and intronic splicing silencer/modulator
sequences, respectively, as potential binding sites of trans-acting protein factors [31–34].

The hairpin has a single A bulge, which results in the formation of a top stem and a bottom
stem above and below the A bulge, respectively (Figures 1b and 2f). Mutations in the relatively
more stable top stem often destabilize it by introducing a mismatched base pair or by local structural
rearrangement (Figure 1c,d) and tend to increase the 4R/3R ratio [15,29]. On the other hand, a single
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C-to-G mutation in the relatively less stable bottom stem at the 19th nucleotide downstream of
the 5′ss (C+19G or +19G) (Figure 1e) causes a significant decrease in the 4R/3R ratio [15,29,33].
The +19G mutation alters the structure of the bottom stem, resulting in the formation of a new
bottom stem with enhanced stability (Figures 1e and 2g) [29]. Abnormal 4R/3R ratios caused by
these mutations lead to the pathogenesis of FTDP-17. Thus, this particular RNA hairpin becomes
an important target in the development of therapies for FTDP-17. As exemplified by the recent US
Food and Drug Administration (FDA)-approved drug nusinersen (Spinraza) for spinal muscular
atrophy [35], splice-switching antisense oligonucleotides (SSOs) are promising therapeutic agents for
neurodegenerative and other diseases [36,37]. SSOs have been utilized for targeting the tau pre-mRNA
hairpin region for the regulation of the 4R/3R ratio in vitro and in vivo [16,38–42].

 

Figure 2. Sequences and structures of PNAs and RNAs. (a–e) PNAs studied in this paper.
(f,g) Cy3-labeled tau pre-mRNA wild-type and mutant +19G RNA hairpin constructs used for
nondenaturing PAGE assay. The gray box represents the A bulge structure, resulting in the formation
of top and bottom stems. (h) A complex formed between antisense PNA asPNA(−8/+7) and hairpin
tau-wt-Cy3. (i) A complex formed between asPNA(+8/+18) and hairpin tau-19G-Cy3. (j) Chemical
structure of a PNA–neamine conjugate. The PNA is an 8-mer and is shown for illustration purposes.
The Lys residue (attached with neamine) has an L configuration.

Peptide nucleic acid (PNA) was first introduced by Nielsen and his coworkers in
1991 [43]. Unlike natural nucleic acids (DNA and RNA), a canonical PNA contains a neutral
N-(2-aminoethyl)-glycine (AEG) backbone, a methylene carbonyl linker, and nucleobases (Figure 2) [44].
The neutral PNA backbone results in no electrostatic repulsion upon hybridization with negatively
charged RNA and DNA strands [45,46]. Thus, compared to Watson–Crick duplexes containing DNA
and RNA strands, PNA–DNA or PNA–RNA Watson–Crick duplexes show enhanced stabilities [47].
Strong hybridization of PNA to the complementary RNA/DNA may allow the strand invasion
of preformed duplex structures of RNA and DNA [48]. In addition, compared to unmodified
RNA and DNA, PNA has several advantages in that it is resistant against nucleases and proteases
and is immunologically inert [49–52]. PNAs have been utilized for replication inhibition, genome
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editing, transcription arrest, splicing correction, translation arrest, and noncoding RNA function
regulation [44,53–65].

The tau pre-mRNA exon 10 splice site (Figure 1) has a relatively short stem interrupted by an
A bulge and other non-Watson–Crick structures, which may allow for invasion by PNAs. Here, we
characterized the binding of a series of antisense PNAs (asPNAs) to tau pre-mRNA exon 10 5′ss hairpin
structures through strand invasion. In addition, we carried out a cell culture minigene splicing assay
for asPNAs conjugated with neamine or cotransfected with minigene plasmids.

2. Results and Discussion

2.1. asPNAs Can Invade Tau Pre-mRNA Hairpin

We made asPNAs that are complementary to the 5′ arm or 3′ arm of the tau pre-mRNA exon 10
5′ss hairpin (Figure 2a–e). The formation of a stable PNA–RNA duplex targeting the 3′ arm of the
hairpin was expected to expose the 5′ss and increase the exon 10 inclusion level (Figure 2i). On the
contrary, formation of a PNA–RNA duplex targeting the 5′ arm of the hairpin was expected to block
the 5′ss and increase exon 10 skipping (exclusion) (Figure 2h).

We made an 11-mer PNA (asPNA(+8/+18), NH2-Lys-ACGTGTGAAGG-CONH2, Figure 2a),
which was complementary to the 3′ arm of the RNA hairpin. Our nondenaturing PAGE data revealed
that asPNA(+8/+18) bound tightly to the Cy3-labeled wild-type tau pre-mRNA hairpin (tau-wt-Cy3,
Kd = 1.8 ± 0.7 nM) in a near physiological buffer (200 mM NaCl, pH 7.5) (Figure 3a, Supplementary
Figure S2). Remarkably, asPNA(+8/+18) showed a weakened binding to the hairpin with a +19G
mutation (tau-19G-Cy3, Kd = 7.0 ± 1.5 nM) (Figure 3f, Supplementary Figure S2), even though the
mutation was adjacent to, but not within, the recognition site of the asPNA. A C+19G mutation
has been shown to cause RNA secondary structural rearrangement, resulting in the stabilization of
the splice site hairpin (Figures 1e and 2f) [29]. In addition, asPNA(+8/+18) may have invaded two
and one base pairs below the A bulge and G bulge in the wild-type and +19G mutant, respectively
(Figure 2). Clearly, a +19G mutation causes the formation of a stabilized stem below the G bulge,
which in turn results in the stabilization of the top stem above the G bulge and reduces the invasion by
asPNA(+8/+18). Thus, the strand invasion of RNA structures by asPNA may be used to reveal the
structural stability changes of target RNA hairpins upon subtle single mutations.

We next made a 15-mer PNA (asPNA(−8/+7), NH2-Lys-TACTCACACTGCCGC-CONH2,
Figure 2e), which is complementary to the 5′ arm of the RNA hairpin. Our nondenaturing PAGE
data revealed that asPNA(−8/+7) showed strong binding to hairpin tau-wt-Cy3 (Kd = 1.8 ± 0.7 nM,
200 mM NaCl, pH 7.5) (Figure 3e, Supplementary Figure S2). Shortening the asPNA length resulted
in the weakening of the binding (asPNA(−9/+4), 13-mer, Kd = 3.4 ± 1.3 nM; asPNA(−9/+3), 12-mer,
Kd = 7.3 ± 4.1 nM; and asPNA(−8/+2), 10-mer, Kd = 12.4 ± 3.4 nM) (Figures 2b–d and 3b–d,
Supplementary Figure S2). The top stem of the hairpin is relatively stable, as revealed by our previous
bulk thermal melting and single-molecule mechanical unfolding studies [29]. Consistently, lengthening
the asPNAs to invade the top stem above the A bulge (e.g., asPNA(−8/+2) versus asPNA(−8/+7))
resulted in a relatively moderate enhancement in binding. The relatively narrow range of Kd values
may be consistent with the fact that asPNAs bind to the tau pre-mRNA hairpin through the disruption
(invasion) of preformed RNA structures. For example, upon the binding of asPNA(−8/+2), a hairpin
structure involving the RNA residues from +3 to +12 (see Figure 2f) may still form, with the remaining
RNA stem coaxially stacked on the PNA–RNA duplex. However, upon the binding of asPNA(−8/+7),
the tau pre-mRNA hairpin is completely disrupted (Figure 2h). Thus, depending on the target RNA
structure and final asPNA-bound complex structure, lengthening an RNA structure-disrupting asPNA
may result in a small net enhancement in binding free energy. Further experiments are required to
understand the binding properties for asPNAs targeting structured RNAs.
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Figure 3. Nondenaturing PAGE study of various asPNAs binding to tau-wt-Cy3 and tau-19G-Cy3 (see
Figure 2f,g). The gels contained a running buffer of 1× TBE, pH 8.3, and were run for 5 h at 250 V.
The incubation buffer was 200 mM NaCl, 0.5 mM EDTA, and 20 mM HEPES at pH 7.5. RNA hairpins
were loaded at 5 nM in 20 μL. The PNA concentrations in the lanes from left to right were 0, 0.5, 1,
2, 5, 10, 15, 20, 30, 50, 100, and 200 nM, respectively. (a,f) asPNAs binding to the 3′ arm of the splice
site hairpins. Compared to tau-WT-Cy3, tau-19G-Cy3 showed weakened binding to asPNA(+8/+18),
even though the C+19G mutation was adjacent to, but not within, the recognition site of the asPNA
(Figure 2), indicating that the single C+19G mutation stabilized the splice site hairpin. (b–e) asPNAs
binding to the 5′ arm of the splice site hairpin.

PNAs are able to invade certain DNA duplexes [66–69]. We tested the binding of asPNA(−8/+7)
to the model tau wild-type DNA duplex (tau-wt-DNA), which encodes the splice site hairpin of tau
pre-mRNA (Supplementary Figure S3a–c). Our nondenaturing PAGE data revealed that asPNA(−8/+7)
showed no binding to the fully complementary tau model DNA duplex encoding the tau pre-mRNA
hairpin sequence (Supplementary Figure S3d), probably because the targeted region is relatively
G-C pair rich and is in the middle of a duplex [67,69]. Thus, the A bulge structure and other
non-Watson–Crick structures destabilize the tau pre-mRNA hairpin and facilitate the invasion of
asPNAs and other antisense strands [16,42].

2.2. asPNAs Can Alter Tau Minigene Pre-mRNA Splicing in Cell Cultures

We tested the cell culture activities of the asPNAs in modulating the tau pre-mRNA minigene
splicing for the +19G and +14U mutants, which exhibited overly enhanced exclusion and inclusion
of exon 10, respectively. It has been previously reported that PNAs may be delivered into cells by
incorporating PNAs into liposome structures [70]. In our study, HEK293T cells were cotransfected
with the minigenes and asPNAs using the commercially available X-tremeGENE 9 DNA Transfection
Reagent (a nonliposomal multicomponent reagent, method A).

As expected, for the cells transfected with the +19G minigene alone, the exon 10 inclusion level
was close to 0% (Figure 4, lanes 1 and 11). We then cotransfected cells with the +19G minigene and
varied concentrations of asPNA(+8/+18). Significantly, upon the application of 1, 10, and 20 μM
asPNA(+8/+18), the exon 10 inclusion level increased in a dose-dependent manner to 3%, 27%,
and 59%, respectively (Figure 4, lanes 2–4). Note that our gel shift assay revealed a nM binding for
asPNA(+8/+18). A relatively high concentration of asPNA(+8/+18) was needed for the observable
regulatory effect in the cell culture, probably because the preformed splice site structure slows down
the binding rate of asPNAs. It is also probable that a relatively low efficiency of cellular uptake of
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PNA reduces the cellular activity of asPNA(+8/+18). We observed no significant change for exon 10
inclusion upon the application of 20 μM asPNA(−8/+2), which is complementary to the 5′ arm of the
hairpin (0%, Figure 4, lane 5).

Figure 4. Effect of asPNAs on tau pre-mRNA exon 10 splicing. Representative RT-PCR data of the cell
culture splicing assays are shown. The levels of exon 10 inclusion were derived from three experimental
replicates (samples from independent minigene transfections, with the standard deviations <10%).
In method A, the PNAs were mixed with the minigene transfection mixture and incubated for 20 min
prior to transfection. In method B, the PNA–neamine conjugates were added to the cell culture medium
5 h after minigene transfection. Application of asPNA–neamine conjugates could restore the exon 10
inclusion level to close to 50%.

We next tested whether asPNA binding to 5′ss may mask its recognition by U1 snRNP (Figure 1)
and thus inhibit exon 10 inclusion. As expected, for the cells transfected with +14U minigene alone,
the exon 10 inclusion level was close to 100% (Figure 4, lane 6). We then cotransfected the cells with
+14U minigene and varied concentrations of asPNA(−8/+7). The exon 10 inclusion level decreased in a
dose-dependent manner from 100% to 98%, 87%, and 81%, respectively, upon the application of 1, 10,
and 20 μM asPNA(−8/+7) (Figure 4, lanes 7–9). Upon cotransfection with 20 μM of asPNA(−8/+2),
which is a truncated version of asPNA(−8/+7), no significant change was observed in exon 10 inclusion
(99%, Figure 4, lane 10). The result indicated that asPNAs targeting pre-mRNA residues between +2
and +7 may be critical in competing with U1 snRNA binding to pre-mRNA residues +1 to +7 (Figure 1a)
and thus inhibiting exon 10 inclusion. It is also probable that asPNA(−8/+2) has a slightly weakened
binding compared to asPNA(−8/+7) (Figure 3), resulting in no inhibition of exon 10 inclusion.

We next conjugated the asPNAs with an amino sugar neamine (see Figure 2j) to enhance cellular
uptake and to avoid the use of a transfection reagent [71,72]. We attached neamine to the N-terminus of
asPNA(+8/+18) to obtain a PNA–neamine conjugate, asPNA(+8/+18)–Nea. Five hours after minigene
transfection, we applied asPNA(+8/+18)–Nea (method B). We observed that the application of 20 μM
asPNA(+8/+18)–Nea resulted in the +19G minigene exon 10 inclusion level increasing from 0% to 56%
(Figure 4, lane 12), which is comparable to the effect of cotransfecting nonconjugated asPNA(+8/+18).
No significant change in the exon 10 inclusion level was observed upon the application of 20 μM
asPNA(−8/+2)–Nea (0%, Figure 4, lane 13), indicating that neamine alone may not affect splicing. It is
important to note that the covalent conjugation of PNAs with neamine avoids the use of transfection
reagents and may be more advantageous for potential therapeutic applications.

Similarly, we conjugated neamine with asPNA(−8/+2), asPNA(−9/+3), asPNA(−9/+4),
and asPNA(−8/+7) with varied lengths and target regions of the 5′ arm of the hairpin (Figure 2).
Among the four asPNA–neamine conjugates tested (Figure 4, lanes 15–18), asPNA(−8/+7)–Nea
reduced the +14U minigene exon 10 inclusion level most significantly (69%, lane 15), followed by
asPNA(−9/+3)–Nea (85%, lane 16), asPNA(−9/+4)–Nea (87%, lane 17), and asPNA(−8/+2)–Nea (92%,
lane 18). Note that the Kd values for asPNA(−8/+2) (12.4 nM), asPNA(−9/+3) (7.3 nM), asPNA(−9/+4)
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(3.4 nM), and asPNA(−8/+7) (2.0 nM) (Figure 3) are significantly below the concentration (20 μM) used
in the cell culture splicing assay. Thus, we may expect that the differences in splicing modulation of the
asPNAs result mainly from the differences in the binding sites. The data for both neamine-conjugated
and nonconjugated asPNAs suggest that it is important to block 5′ss positions around +2 to +7
(U1 snRNA binding site ranging from residue +1 to +7, Figure 1a) as a targeting site for reducing exon
10 inclusion levels. Overall, our results show that neamine-conjugated asPNAs could enter cells and
alter the splicing of exon 10 in a length- and position-dependent manner.

We tested whether the application of a PNA to the cells could bind to DNA and alter the expression
levels of endogenous and/or minigene tau transcripts. We measured the total RNA levels using
real-time PCR (Supplementary Figure S4). The tau transcript expression levels upon the application
of PNAs did not change significantly compared to the untreated controls. The real-time PCR data
are consistent with our nondenaturing PAGE data, which suggests that asPNA(−8/+7) does not bind
to the fully complementary tau model DNA duplex encoding the tau pre-mRNA hairpin sequence
(Supplementary Figure S3). Taken together, our results suggest that asPNAs alter the splicing of exon
10 via strand invasion of the pre-mRNA hairpins but not by binding to DNA.

3. Materials and Methods

3.1. General Methods and Synthesis of PNA Oligomers

Reverse-phase high-performance liquid chromatography (RP-HPLC) purified RNA and DNA
oligonucleotides were purchased from Sigma-Aldrich, Singapore. The PNA monomers were purchased
from ASM Research Chemicals (Hannover, Germany). PNA oligomers were synthesized manually
using tert-Butyloxycarbonyl protecting group (Boc) chemistry via a solid-phase peptide synthesis
(SPPS) protocol. Here, 4-methylbenzhydrylamine hydrochloride (MBHA·HCl) polystyrene resins
were used. The loading value used for the synthesis of the oligomers was 0.3 mmol/g, and acetic
anhydride was used as the capping reagent. Benzotriazol-1-yl-oxytripyrrolidinophosphonium
hexafluorophosphate (PyBOP) and N,N-diisopropylethylamine (DIPEA) were used as the coupling
reagent. The oligomerization of PNA was monitored through a Kaiser test. Cleavage of the PNA
oligomers was done using a trifluoroacetic acid (TFA) and trifluoromethanesulfonic acid (TFMSA)
method, after which the oligomers were precipitated with diethyl ether, dissolved in deionized
water, and purified by reverse-phase high-performance liquid chromatography (RP-HPLC) using
H2O–CH3CN–0.1% TFA as the mobile phase. Matrix-assisted laser desorption/ionization time-of-flight
(MALDI-TOF) analysis was used to characterize the oligomers (Table S1, Supplementary Figure S1),
with the use of α-cyano-4-hydroxycinnamic acid (CHCA) as the sample crystallization matrix.

3.2. Nondenaturing Polyacrylamide Gel Electrophoresis

Nondenaturing (12 wt%) polyacrylamide gel electrophoresis (PAGE) experiments were conducted
with an incubation buffer containing 200 mM NaCl, 0.5 mM ethylenediaminetetraacetic acid (EDTA),
and 20 mM 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES) at pH 7.5. The concentration
of RNA (labeled with Cy3 at the 5′ end) was 5 nM. The loading volume for samples containing RNA
hairpins was 20 μL. The samples were prepared by snap cooling of the hairpins, followed by annealing
with PNA oligomers by slow-cooling from 65 ◦C to room temperature and incubation at 4 ◦C overnight.
Prior to loading the samples into the wells, 35% glycerol (20% of the total volume) was added to the
sample mixtures. A running buffer containing 1× Tris–Borate–EDTA (TBE) buffer, pH 8.3, was used for
all the gel experiments. The gel was run at 4 ◦C at 250 V for 5 h.

3.3. Cell Culture Minigene Splicing Assay

HEK293T cells were cultured in Hyclone Dulbecco′s Modified Eagle′s Medium (DMEM) (Thermo
Scientific, Waltham, MA, USA) with 10% (v/v) fetal bovine serum (FBS) and antibiotics (100 U·mL−1

penicillin and 100 mg·mL−1 streptomycin). For each experiment, ~50% confluent HEK293T cells in
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96-well plates were transfected with 0.1 μg of DNA per well, using 0.3 μL of X-tremeGENE 9 DNA
Transfection Reagent (Roche, Basel, Switzerland) diluted in 10 μL of Hyclone Opti-MEM (Thermo
Scientific, Waltham, MA, USA). Typically, tau minigene constructs were mixed with control plasmids
in a 1:11 ratio, as previously reported [27,29].

Two methods were used to test the effects of PNAs on splicing. In method A, the PNAs were mixed
with the minigene transfection mixture detailed above and incubated for 20 min prior to transfection.
In method B, the PNAs were covalently attached with neamine. The PNA–neamine conjugates were
added to the cell culture medium 5 h after minigene transfection.

Cells were harvested 48 h after minigene transfection, and the total RNA was extracted using a
PureLink® RNA Mini Kit (Life Technologies, Carlsbad, CA, USA). Residual DNA was removed by RQ1
RNase-Free DNaseI (Promega, Madison, WI, USA) digestion, and the RNA was ethanol-precipitated.
The RNA was reverse-transcribed with Moloney Murine Leukemia Virus Reverse Transcriptase (New
England Biolabs, Ipswich, MA, USA) according to the manufacturer′s instructions, with oligo-dT (18 T)
as a primer.

Our Universal Minigene Vector (UMV) was used to clone and express the tau minigenes [27,29].
The UMV has two constitutive exons (exons 8 and 10) from the coenzyme A dehydrogenase C-4
to C-12 straight chain gene (ACADM) and multiple cloning sites in the middle of the intron to
introduce the test exons along with splice sites and other regulatory sequences. The UMV-expressed
cDNAs were amplified using a pcDNA.F-R primer pair (GAGACCCAAGCTGGCTAGCGTT and
GAGGCTGATCAGCGGGTTTAAAC), which was complementary to the transcribed region of the
UMV minigene upstream of the 5′ exon and downstream of the 3′ exon. The forward primer (pcDNA.F)
was labeled on the 5′ end with 6-FAM (fluorescein) by the manufacturer (Integrated DNA Technologies,
Coralville, IA, USA). Semiquantitative PCR was performed as previously described [27,29] using the
fluorescent-labeled primers. The PCR products were separated by 10% native PAGE at 10 V/cm for
6 h and 30 min in 1× TBE buffer. The gels were scanned with Typhoon Trio (GE Healthcare Life
Sciences, Chicago, IL, USA) using a 532-nm green laser and a 526-nm short pass filter at 600 V at normal
sensitivity at 50-μm resolution. The gel bands were quantified to obtain the exon inclusion percentages
from the experimental triplicates, as detailed in our previous work [27,29].

3.4. Real-Time PCR

Real-time PCR was set up in 96-well microplates in a 10-μL mixture containing 2μL of the eight-fold
diluted cDNA, 10μL SYBR Select Master Mix (Life Technologies, Carlsbad, CA, USA), and 200 nM of each
primer in the CFX96 Real-Time PCR System (Bio-Rad, Hercules, CA, USA). The following parameters
were used: 95 ◦C for 3 min, 40 cycles of 95 ◦C for 20 s, 58 ◦C for 30 s, and 72 ◦C for 90 s. The fluorescence
threshold values (Ct) were calculated using a thermocycler system software. Tau endogenous and
minigene transcript levels were normalized to β-actin. The primers used were β-actin (forward:
5′-CCAGAGGCGTACAGGGATAG-3′; reverse: 5′-CCAACCGCGAGAAGATGA-3′), endogenous
tau (forward: 5′-AGGGGATCGCAGCGGCTACA-3′; reverse: 5′-CAGGTCTGGCATGGGCACGG-3′),
and tau minigene (forward: 5′-GTCTTCGAAGATGTGAAAGTGCC-3′; reverse: 5′-GAGGCTG
ATCAGCGGGTTTAAAC-3′). The endogenous tau and minigene tau primer designs were adapted as
previously reported [29,73]. Fluorescence threshold values (Ct) were used to calculate relative mRNA
expression by the 2-ΔΔCt relative quantification method, whereby the values were expressed as fold
change over the corresponding values for the control. Three technical replicates for each of three
biological replicates were performed.

4. Conclusions

We showed that relatively short asPNAs (10–15 mer) could invade the tau pre-mRNA exon 10
regulatory hairpin with nanomolar binding affinities. Cotransfection of asPNAs with a commercially
available DNA transfection reagent could facilitate the cellular regulation of tau minigene alternative
splicing. Furthermore, conjugation of asPNAs with neamine facilitated splicing regulation without a
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transfection reagent. The asPNAs did not invade the fully complementary DNA duplex, which was
consistent with the fact that the application of the asPNAs did not affect the tau transcript levels.
The findings indicate that asPNAs may be useful as probes and therapeutics targeting tau pre-mRNA
exon 10 splicing.

Our work indicates that it is critical to mask or expose the residues (+2 to +7) adjacent to the
tau pre-mRNA exon 10 5′ss by asPNAs for exon 10 exclusion (e.g., asPNA(−8/+7)) or inclusion (e.g.,
asPNA(+8/+18)). The 3′ arm of the hairpin may contain the binding sites for trans-acting intronic
splicing silencer (ISS)-binding proteins [31–34], and thus the effect of asPNA binding to the 3′ arm
of the hairpin (e.g., asPNA(+8/+18)) may also be due to the inhibition of the binding of trans-factors
to the ISS. Consistently, an 18-mer antisense oligonucleotide complementary to the residues +11 to
+28 showed in vivo activity in increasing exon 10 inclusion, probably due to the combined effects
of exposing 5′ss and inhibiting trans-factors binding to ISS [16]. Interestingly, an 18-mer antisense
oligonucleotide complementary to the residues +3 to +20 inhibited exon 10 inclusion [16], suggesting
that the effect of the inhibition of U1 snRNP binding to the 5′ss dominated that of masking the ISS.
However, two previously reported 25-mer antisense oligonucleotides complementary to the residues
−10 to +15 and +2 to +26 showed no activity in regulating exon 10 inclusion [42], probably because
the effects of inhibiting U1 snRNP binding to the 5′ss neutralized those of inhibiting trans-factor
binding to the ISS and the adjacent intronic splicing modulator (ISM). Interestingly, a 21-mer antisense
oligonucleotide complementary to the residues −8 to +13 inhibited exon 10 inclusion [38], which may
have resulted from the combined effects of binding to the exonic splicing enhancer (ESS), the U1
snRNA recognition sequence, and the ISS. Clearly, one may take RNA secondary structure, splice
site position, and binding of protein-splicing regulators into consideration for designing splicing
modulating antisense compounds.

Our data provide important insights into developing ligands targeting the tau pre-mRNA
hairpin structure. For example, double-stranded RNAs (dsRNAs) may be targeted by chemically
modified dsRNA-binding PNAs that show significantly reduced binding to single-stranded RNAs
(ssRNAs) [72,74–78] and dsDNAs [72,74–83]. However, the application of dsRNA-binding PNAs for
regulating tau pre-mRNA exon 10 splicing may not be ideal, because the splice site hairpin contains
a relatively short dsRNA region (seven base pairs), and residues +5 to +7 (critical for U1 snRNP
recognition) are not involved in stable base pairing interactions [21,29,84]. Thus, one may target
structured RNAs with structure-disrupting asPNAs or structure-recognizing ligands depending on the
function of the RNA sequence and structure.
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Abstract: Peptide nucleic acids (PNAs) have been demonstrated to be very useful tools for gene
regulation at different levels and with different mechanisms of action. In the last few years the use
of PNAs for targeting microRNAs (anti-miRNA PNAs) has provided impressive advancements.
In particular, targeting of microRNAs involved in the repression of the expression of the cystic fibrosis
transmembrane conductance regulator (CFTR) gene, which is defective in cystic fibrosis (CF), is
a key step in the development of new types of treatment protocols. In addition to the anti-miRNA
therapeutic strategy, inhibition of miRNA functions can be reached by masking the miRNA binding
sites present within the 3′UTR region of the target mRNAs. The objective of this study was to
design a PNA masking the binding site of the microRNA miR-145-5p present within the 3′UTR of
the CFTR mRNA and to determine its activity in inhibiting miR-145-5p function, with particular
focus on the expression of both CFTR mRNA and CFTR protein in Calu-3 cells. The results obtained
support the concept that the PNA masking the miR-145-5p binding site of the CFTR mRNA is able to
interfere with miR-145-5p biological functions, leading to both an increase of CFTR mRNA and CFTR
protein content.

Keywords: Peptide nucleic acids; PNA-masking; cystic fibrosis; microRNAs; miR-145-5p; miRNA
targeting; delivery; CFTR

1. Introduction

Peptide nucleic acids (PNAs) are DNA analogues of outstanding biological properties [1–4] since,
despite a radical structural change with respect to DNA and RNA, they are capable of sequence-specific
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and efficient hybridization with complementary nucleic acids, forming Watson–Crick double helices [1].
In addition, they are able to generate triple helices with double stranded DNA and to perform strand
invasion [4,5]. Accordingly, they have been used as very efficient tools for pharmacologically-mediated
alteration of gene expression, both in vitro and in vivo [6–8]. PNA and PNA-based analogues have been
proposed as antisense molecules targeting mRNAs, triple-helix forming molecules targeting eukaryotic
gene promoters, artificial promoters, and decoy molecules targeting transcription factors [6–10].

Recent published reports strongly support the concept that PNAs can be a very powerful tool to
inhibit the expression of microRNAs [11–17]. MicroRNAs (19 to 25 nucleotides in length) are noncoding
RNAs that regulate gene expression by targeting mRNAs, leading to a translational repression or
mRNA degradation [18–23]. Since their discovery, the number of microRNA sequences present within
the miRNA databases has significantly grown [22]. The complex networks constituted by miRNAs
and mRNAs lead to the control of highly regulated biological functions, such as differentiation, the cell
cycle, and apoptosis [23].

Epigenetic regulation of expression of cystic fibrosis transmembrane conductance regulator (CFTR)
gene by miRNAs has been recently reported by different groups [24–34]. For instance, expression of
miR-145 and miR-494 was found to anti-regulate CFTR [28]. The effect of air pollutants and cigarette
smoke on CFTR expression identified two more miRNAs that could target CFTR mRNA, namely
miR-101 and miR-144 [25]. Synergistic post-transcriptional regulation of CFTR gene expression by
miR-101 and miR-494 specific binding was demonstrated [30]. Different miRNAs that have been found
to be increased in the primary bronchial epithelial cells of cystic fibrosis (CF) patients can reduce
CFTR expression, either by direct (miR-145-5p, miR-223-3p, miR-494-3p, miR-509-3p, miR-101-3p) or
by indirect (miR-138-5p) interactions. Therefore, targeting miRNAs, such as miR-145-5p, might be
an important strategy for upregulating CFTR. We have elsewhere published data supporting the use
of miR-145-5p targeting in CF, based on an antisense PNA able to enhance expression of the CFTR
gene, analyzed at the mRNA (RT-qPCR) and protein (Western blotting) levels [33,34]. This conclusion
was recently confirmed by Kabir et al., who demonstrated that miR-145 mediates TGF-β inhibition of
synthesis and function of the CFTR in CF airway epithelia [35].

In addition to the anti-miRNA therapeutic strategy, an anti-miRNA biological effect can be reached
by masking the miRNA binding sites present within the 3′UTR region of the target mRNAs [36–38].

The objective of this study was to design a PNA masking the miR-145-5p binding site present
within the 3′UTR of the CFTR mRNA and to determine its activity in inhibiting miR-145-5p function,
with particular focus on the expression of both CFTR mRNA and CFTR protein in Calu-3 cells. The PNA
was conjugated to a poly-arginine tail, since these types of constructs were previously used by our
group for highly efficient delivery of PNA into cell lines [15]. As the experimental model system,
the Calu-3 cell line was selected. These cells are a well-differentiated and characterized cell line
derived from human bronchial submucosal glands and extensively used to study CFTR expression
and immunological behavior [39,40].

2. Results

2.1. Location of miR-145-5p Binding Sites within the 3′UTR Sequence of CFTR mRNA: Targeting with the
miR145-maskingPNA

Figure 1 shows the location of the miR-145-5p binding site within the 3′UTR sequence (position
427-437 of the 1557 nucleotides long 3′UTR) of the human CFTR mRNA [30,31] and the different
mechanism of action of PNA-based miRNA targeting (upper part of the panel) versus PNA masking
(lower part of the panel). In the case of regulating miR-145-5p by PNA-based miRNA targeting,
we elsewhere proposed the use of an anti-miR PNA for targeting miR-145-5p (Figure 1, top).
Octaarginine-anti-miR PNA conjugates were delivered to Calu-3 cells, exerting sequence dependent
targeting of miR-145-5p. This allowed for the enhanced expression of the miR-145-regulated CFTR
gene, analyzed at the mRNA (RT-qPCR) and CFTR protein (Western blotting) levels. An alternative
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strategy for up-regulating CFTR might be the masking of the miR-145-5p binding site with PNAs
directed against this sequence (Figure 1, bottom).

Figure 1. Comparison of the peptide nucleic acid (PNA)-based miRNA-targeting (upper part
of the panel) and the PNA-masking (lower part of the panel) strategies to inhibit miR-145-5p
biological functions. Dark grey box: the miR-145-5p binding site; light grey boxes: miR-145-5p;
white box: miR145-maskingPNA; black boxes: the anti-miR-145-5p PNA-a145. Dotted arrows:
inhibition/interference.

2.2. Synthesis and Characterization of the miR145-maskingPNA

The synthesis of the miR145-maskingPNA was similar to those previously reported [15,33].
The synthesis was performed using a standard Fmoc-based automatic peptide synthesizer for both the
PNA and the polyArg tail. After cleavage from the solid support, purification was performed by HPLC,
and the purified PNA was characterized by UPLC/MS. The chemical characterization parameters are
reported in the Supplementary Materials (Figure S1). A carrier octaarginine R8 peptide was conjugated
at the N-terminus of the PNA chain causing an increase of delivery that approaches 100% (i.e., uptake
in 100% of the target cell population), as elsewhere published [15]; this conjugation is easily realized
during PNA solid-phase synthesis using the same reagents and solvents.

Figure 2 shows the location of the miR-145-5p binding site (Figure 2A) within the 3′UTR
CFTR mRNA sequence together with the extent of homology between the miR-145-5p binding site
and the miR145-maskingPNA. The design of the miR145-maskingPNA, fully complementary to
the miR-145-5p CFTR mRNA binding site (Figure 2B), was chosen in order to obtain an efficient
competition between miR-145-5p and its 3′UTR CFTR mRNA binding sites. In fact, the interaction
between this miR145-maskingPNA and the CFTR mRNA is expected to be much more efficient
than the interaction between the miR-145-5p and CFTR mRNA, since the CFTR nucleotides
complementary to the miR-145-5p are 10/18. On the other hand, the same miR145-maskingPNA
exhibits low levels of complementarity to the miR-145-5p binding sites of other mRNAs. For instance,
the miR145-maskingPNA exhibits only 9 residues complementary to the 18 nucleotides region of
a functional miR-145-5p binding site validated in the 3′UTR region of the Myosin-6 mRNA [41] (see the
bottom part of Figure 2).
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Figure 2. (A). Location of the miR-145-5p binding sites within the cystic fibrosis transmembrane
conductance regulator (CFTR) 3′UTR mRNA region. (B). Interactions between the miR145-maskingPNA
and CFTR mRNA (comparison with the interaction of CFTR mRNA with miR-145-5p is also shown).
(C). Interactions between the miR145-maskingPNA and the Myosin-6 mRNA [41], containing in the
3′UTR sequence three miR-145-5p binding sites (the miR-145-5p binding site#1 is here shown, which
exhibits the highest levels of complementarity to the miR145-maskingPNA). The miR145-maskingPNA
is fully complementary with the 3′UTR region of the CFTR mRNA.

2.3. Specificity of the miR145-maskingPNA

The specificity of the miR145-maskingPNA is suggested by the experiment depicted in Figure 3.
The miR145-maskingPNA was added to cDNAs obtained after RT reactions performed using Calu-3
RNA. The PCR amplification was performed using primers amplifying a 3′UTR region of either
CFTR (using one primer located on the PNA binding site, Figure 3A) or Myosin-6 (Figure 3B)
mRNAs. As Figure 3 shows, full inhibition of the RT-qPCR amplification of CFTR mRNA was
obtained when 50 and 100 nM miR145-maskingPNA were employed (Figure 3A). In contrast, no
inhibition of amplification was detectable when primers for Myosin-6 mRNA were used. Furthermore,
the miR145-maskingPNA was unable to inhibit the RT-qPCR amplification of other mRNAs carrying
miR-145-5p binding sites, including polypyrimidine tract binding protein 1 (PTBP1) [42], neural
precursor cell expressed, developmentally down-regulated 9 (NEDD9) [43], insulin receptor substrate
1 (IRS1) [44], and Kruppel-like factor 4 (KLF4) [45] mRNAs (Figure 2, C and D). The complementarity
of the miR145-maskingPNA with the miR-145-5p binding sites of PTBP1, NEDD9, IRS1, and KLF4
mRNAs are shown in the Supplementary Materials (Figure S2).

126



Molecules 2020, 25, 1677

Figure 3. Effects of the miR145-maskingPNA on the RT-PCR amplification of 3′UTR mRNA sequences.
(A). Effects of the miR145-maskingPNA (black symbols) and of the negative control PNA (white
symbols) on the amplification of CFTR mRNA sequences. Inhibition by miR145-maskingPNA is clearly
seen at 50 nM. The negative control PNA was not effective. Effects of the miR145-maskingPNA on
the amplification of Myosin-6 (B), PTBP1 (polypyrimidine tract binding protein 1) and NEDD9 (neural
precursor cell expressed, developmentally down-regulated 9) (C), IRS1 (insulin receptor substrate
1), and KLF4 (Kruppel-like factor 4) (D) mRNAs. No PCR inhibition in any of these examples was
appreciable even at the highest concentrations used.

2.4. Effects of the miR145-maskingPNA on CFTR Gene Expression

Calu-3 cells were cultured for 72 h in the presence of different concentrations of the
miR145-maskingPNA, then RNA and proteins were isolated for experiments of RT-qPCR and Western
blotting. When RT-qPCR was performed, a clear effect was observed on CFTR mRNA accumulation.
The relative CFTR mRNA content in treated Calu-3 cells is reported relative to untreated samples.
The relative values of CFTR mRNA in untreated samples was calculated with respect to the average
CFTR mRNA content in control cells. The data obtained show that CFTR mRNA increased when Calu-3
cells treated with the miR145-maskingPNA were compared with untreated cells in three independent
experiments (Figure 4A). The difference in CFTR mRNA content between untreated cells and cells
treated with the miR145-maskingPNA is significant (p < 0.05 at 1 and 2 μM miR145-maskingPNA).
The effects on CFTR mRNA were particularly evident, as expected, at the highest concentration of
PNA (2.14- to 4.23-fold increase was obtained when 2 μM miR145-maskingPNA were used). Figure 4
(B and C) shows the results of the Western blotting performed using two antibodies, one specific for
CFTR, the other for β-actin, used as an internal control. As reported in other published studies [46–49],
the Western blotting analysis based on the CFTR-directed monoclonal antibody 596 shows only a major
band corresponding to the fully-glycosylated 170 kDa form of CFTR (known as the C-band) [46–49].

The CFTR protein increase was found to be 6- to 8-fold in Calu-3 extracts after miR145-maskingPNA
treatment in the three independent experiments in which CFTR mRNA was also analyzed (Figure 4B,
black boxes). In order to verify specificity of the effects derived by the Western blotting experiment,
Calu-3 cells were cultured with a negative control PNA previously demonstrated unable to (a) interact
with miR-145-5p [33] and (b) inhibit RT-qPCR amplification of CFTR mRNA sequences containing
miR-145-5p binding sites (Figure 3, white symbols). The results obtained (Figure 4B) demonstrate
no increase of the relative CFTR/β-actin values in Calu-3 cells treated with the negative control
PNA. Examples of the raw data used to produce panel C of Figure 4 are shown in the Figure S3 of
Supplementary Materials. The data shown in Figure 4C (representing a summary of the different
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experiments performed) were derived from CFTR/β-actin ratios of treated samples, each expressed
relative to the control untreated samples (arbitrarily expressed as 1 in order to compare different
independent experiments and different exposures; see Figure S3 for an example of the calculations).

It should be noted that the concentration of the miR145-maskingPNA (Figure 4) was similar to
that reported in the case of other anti-miRNA PNAs, but much higher of that used in the arrested-PCR
experiments (Figure 3). This is not unexpected when considering the fact that these two strategies
are completely different. This difference was also found in one recent paper by our group comparing
PNA-based miRNA-arrested PCR with anti-miRNA activity on cultured cell lines [50].

These results suggest that miR-145-maskingPNA should be considered in the development of
miRNA-therapeutic protocols for CFTR upregulation.

Figure 4. Effects of the miR145-maskingPNA on CFTR mRNA (A) and CFTR protein (B,C) in Calu-3 cells.
Calu-3 cells were treated with the indicated concentrations of the miR145-maskingPNA for 3 days.
Then, RNA was extracted and CFTR mRNA content determined by RT-qPCR (A). At the same time,
CFTR was quantified by Western blotting (C, black bars). In parallel, Calu-3 cells were treated with
a negative control PNA for 3 days and Western blotting was performed (C, white bars). In panel
B, representative Western blotting results are shown. In panel C, averages ± SD are shown (n = 3)
with respect to untreated Calu-3 cells. * = p < 0.05; ** = p < 0.01 (miR145-maskingPNA vs. negative
control PNA).

3. Discussion

The data presented in this short report show that a PNA masking the miR-145-5p binding sites
present within the 3′UTR of the CFTR mRNA is able to increase the expression of the miR-145-5p
regulated CFTR. The increase of CFTR gene expression was detectable at the level of mRNA (analyzed
by RT-qPCR) and protein (analyzed by Western blotting). Even if assays on functional activity of
the CFTR were not included in the present study, our results could provide a proof-of-principle that
miRNA masking might represent an efficient tool to increase CFTR content (possibly by increasing
CFTR stability), with possible applications in the personalized therapy of CF. The field of precision
medicine is growing. With respect to different molecular and genetic bases of CF, it is expected that
miR-145-5p masking will not be useful for CFTR defects of types I (no protein), II (no traffic), or III (no
function). In contrast, increase of CFTR levels is expected to be useful for CFTR defects of types IV
(less function), V (less protein), and VI (less stable protein). In any case, combined therapy using the
miRNA-masking approach with read-through molecules and splicing correctors might be proposed.
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For a possible translation to therapeutic approaches for CF, our data are just a proof-of-principle
and limited in their application potential. In fact, concerning miRNA masking, we should consider
that, in addition to miR-145-5p, several other miRNAs have been proposed to down-regulate CFTR
expression, such as miR-494, miR-509-3p, miR-101, and miR-443 [28,30]. Therefore, screening of PNAs
targeting the binding sites of these miRNAs, identification of the most active molecules, and combined
treatments using the more efficient inhibitor molecules should be considered in order to reach CFTR
increases compatible with clinical effects.

As far as the comparison between the miRNA inhibiting and the miRNA masking strategies, we
would like to underline that we have elsewhere published data supporting the use of miR-145-5p
targeting in CF, based on an antisense PNA to target miR-145-5p and enhance expression of the CFTR
gene [33,34]. This conclusion was recently confirmed by Kabir et al., who demonstrated that miR-145
mediates TGF-β inhibition of synthesis and function of the CFTR in CF airway epithelia [35]. This
direct anti-miRNA strategy is expected to inhibit miR-145-5p function, affecting, in addition to the
CFTR gene, other miR-145-5p-regulated mRNAs. In contrast, PNA-based miRNA masking might lead
to effects restricted to the CFTR mRNA and would therefore be of great translational relevance.

Despite the fact that comparison between the anti-miR-PNA and PNA-masking approaches has
not been done in parallel in this study, by comparing our results to those published by Fabbri et al. [35],
the PNA masking approach appears to be more effective than the anti-miR-PNA approach on the
increase of CFTR. The fold increases of CFTR protein were 2- to 2.5-fold and 6- to 8-fold when the
anti-miR-PNA [33] and PNA masking (Figure 4) approaches were employed, respectively, when the
PNAs were used at 2 μM. Moreover, very low effects using anti-miR-145 PNA were obtained at lower
concentrations (unpublished data), while the miR145-maskingPNA was active even when used at
0.5 μM. Comparison with other groups working with anti-miR-145 molecules cannot be performed
because these groups employed other anti-miRNA molecules and cell lines [34,35,51].

We underline that this approach should be validated (a) using primary CF-HBE and (b) on CFTR
mutant cell lines in combination with personalized treatments depending on the CFTR mutations.
In case CFTR expression can be further increased by treatment with the miR145-maskingPNA,
the translational value of the present study will be fully supported for the development of tailored
pre-clinical protocols.

4. Materials and Methods

4.1. Synthesis and Characterization of PNAs

The synthesis and characterization of the miR145-maskingPNA was similar to those previously
reported [15] (see Figure S1 of Supplementary materials). The synthesis was performed using a standard
Fmoc-based automated peptide synthesizer (Syro I, MultiSynTech GmbH, Witten, Germany), using
a ChemMatrix-RinkAmide resin loaded with Fmoc-Gly-OH (0.2 mmol/g) as the first monomer and
using commercially available monomers (Link Technologies, Bellshill, UK) with HBTU/DIPEA coupling.
Cleavage from the solid support was performed with 10% m-cresol in trifluoroacetic acid, followed by
precipitation and washings with diethyl ether. Purification was performed by HPLC using a XTerra
Prep RP18 (7.8 × 300 mm, 10μm) column. Gradient: 100% A for 5 min, then from 0% to 50% B for
30 min at 4 mL/min flow (A: water + 0.1% trifluoroacetic acid; B: acetonitrile + 0.1% trifluoroacetic
acid). After purification, the PNAs were characterized using the following HPLC-MS (Waters,
Sesto San Giovanni, Italy) instrumental set-up: Waters Acquity ultra performance LC HO6UPS-823M,
with Waters SQ detector and ESI-interface equipped with Waters UPLC BEH 300 (50 × 2.1 mm, 1.7 μm,
C18). Chromatographic condition: eluent A: water + 0.2% formic acid; eluent B: CAN + 0.2% formic
acid. Column temperature: 35 ◦C. Program: initial isocratic at 100% A (0.9 min), then linear gradient to
50% B (in 5.7 min). Final wash with 100% B for 1.2 min. Flow rate: 0.25 mL/min. The concentration of
the PNA was calculated using UV-absorbance at 260 nm assuming an additive contribution of all bases.
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PNA-1 (miR145-maskingPNA): sequence H-R8-CCAGTTATCATTACTTAA-Gly-NH2; yield (after
purification): 5% Rt = 2.84 min, MS: calculated MW: 6135.31; m/z found (calculated): 1228.3 (1228.06)
[MH5]5+, 1023.8 (1023.55) [MH6]6+, 877.6 (877.47) [MH7]7+, 768.1 (767.91) [MH8]8+, 682.8 (682.70)
[MH9]9+, 614.6 (614.53) [MH10]10+.

4.2. Calu-3 Cell Line and Culture Conditions

Calu-3 cells [39,40] (American Type Culture Collection, ATCC HTB-55) were cultured in
a humidified atmosphere of 5% CO2/air in DMEM/F12 medium (Gibco, Grand Island, NY, USA)
supplemented with 10% fetal bovine serum (Biowest, Nauillè, Francia), 100 units/mL penicillin,
100 μg/mL streptomycin (Lonza, Verviers, Belgio), and 1% NEEA (100X) (non-essential amino acids
solution; Gibco). To determine the effect on proliferation, cell growth was monitored by determining
the cell number/mL using a Z2 Coulter Counter (Coulter Electronics, Hialeah, FL, USA). The sequence
of the miR145-maskingPNA is shown in Section 4.1; the sequence of the negative control PNA was
H-R8-AGAGATGCCTTGGAGAAC-GLY-NH2 (complementarity to the CFTR mRNA and cDNA was
lower than 35%).

4.3. RNA Extraction

Cultured cells were trypsinized and collected by centrifugation at 1500 rpm for 10 min at 4 ◦C,
washed with PBS, and lysed with Tri-Reagent (Sigma Aldrich, St.Louis, Missouri, USA) according
to manufacturer’s instructions. The isolated RNA was washed once with cold 75% ethanol, dried,
and dissolved in nuclease free pure water before use.

4.4. Arrested PCR for Analysis of the Specificity of the miR145-maskingPNA

Calu-3 cells were used to prepare the cDNA after reverse transcriptase (RT) reactions using the
TaqMan MicroRNA reverse transcription kit (Applied Biosystem). This cDNA was incubated with
miR145-maskingPNA in respective quantities of 12.5 nM, 25 nM, 50 nM, and 100 nM for 2–3 min;
following a real time PCR reaction with 3′UTR specific primers of CFTR mRNA (F-5′-TGC AAG CCA
GAT TTT CC-3′, R-5′-GTT TCC AGT TAT CAT TAC TTA A-3′), MYO-6 mRNA (F-5′-AGG AAG AAA
CAA AAC AGT G-3′, R-5′-CTG ATT TTC CAC TTA AGA TG-3′), NEDD9 mRNA (F-5′-TTG GCC CAG
TTC TTA TTT AGC -3′, R-5′- TGG CAG AGT AGG ACT TTG AG-3′), IRS1 mRNA (F-5′-ATG AGA
GCA GAA ATG AAC AGA C-3′, R-5′-TGA GTA CCA GCA ACT TCC AG-3′), PTBP1 mRNA (F-5′-TAA
TCA AGT CAC GTG ATT-3′, R-5′- AGT TAC TTA AAA CTA TTT CT-3′), and KLF4 mRNA (F-5′-AAT
GGT TTA TTC CCA AG-3′, R-5′-ACT TAA TTC TCA CCT TGA -3′) (Integrated DNA Technologies,
Coralville, USA). To identify the 3′UTR regions of target mRNAs, the UTRdb site was used [41]. All
reactions, including no-PNA controls and RT-minus controls were performed in duplicates using the
CFX-96 Touch Real-time detection system (Bio-Rad, Hercules, CA, USA). The relative expression was
calculated using the comparative cycle threshold method.

4.5. Analysis of CFTR Expression: RT-qPCR

Gene expression analysis was performed by RT-qPCR. First, 300 ng of the total RNA was reverse
transcribed by using random hexamers. Quantitative real-time PCR (qPCR) assays were carried out
using gene-specific double fluorescently labeled probes. Primers and probes used to assay CFTR
(Assay ID: Hs00357011_m1) gene expression were purchased from Applied Biosystems, (Applied
Biosystems, Foster City, CA, USA). The relative expression was calculated using the comparative cycle
threshold method and, as reference genes, the human RPL13A (Assay ID: Hs03043885_g1) [33].

4.6. Analysis of CFTR Expression: Western Blotting

Cell pellets were lysed in a 1% Nonidet P40 (IGEPAL), 0.5% sodiumdeoxycholate, 200mM NaCl,
10mM Trizma base, pH 7.8, and 1 mM EDTA plus protease inhibitor mixture, and then sonicated
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with 1mM PMSF for 30 min in ice. Lysates were cleared by centrifugation at 10,000× g for 10 min
at 4 ◦C. Protein concentration was determined by the BCA method after precipitation with 5%
trichloroacetic acid (TCA), utilizing bovine serum albumin as a standard. For CFTR analysis, 40 μg of
total protein was heated in XT sample buffer 4x (Bio-Rad Laboratories, Hercules, CA, USA) at 37 ◦C
for 10 min and loaded onto a 3% to 8% tris-acetate gel (Bio-Rad Laboratories, Hercules, CA, USA).
The gel proteins were transferred to PVDF membrane (Bio-Rad Laboratories, Hercules, CA, USA) by
using a Trans Blot Turbo (Bio-Rad Laboratories, Hercules, CA, USA). In our protocol, the gels were
cut in two pieces, one containing materials with molecular weights higher than 75 kDa (for CFTR
analysis), the other containing proteins between 37 kDa and 75 kDa (for β-actin analysis). For CFTR
analysis, the Western blotting filter was processed using the mouse monoclonal antibody, clone 596,
against the NBD2 domain of CFTR (University of North Carolina, Cystic Fibrosis Center, Chapel Hill,
NC, US) at a dilution of 1:2500 by an overnight incubation at 4 ◦C. After washes, the membranes
were incubated with horseradish peroxidase-coupled anti-mouse immunoglobulin (R&D System,
Minneapolis, MN, USA) at room temperature for 1 h and after subsequent washes, the signal was
developed by enhanced chemiluminescence (LumiGlo Reagent and Peroxide, Cell Signaling). For
β-actin analysis, the 37–70 kDa filter was processed with an anti β-actin monoclonal antibody (rabbit
mAb-13E5, Cell Signaling Technology, Leiden, The Netherlands) in order to confirm the equal loading
of samples. This antibody was used at a dilution of 1:1000 by an overnight incubation at 4 ◦C
and, after washes, the membranes were incubated with horseradish peroxidase-coupled anti-rabbit
immunoglobulin (Cell Signaling Technology, Leiden, The Netherlands).

4.7. Statistical Analysis

Results are expressed as average ± standard deviation (S.D.). Comparisons between groups were
made by using paired Student’s t test. Statistical significance was defined with p < 0.05 (*, significant)
and p < 0.01 (**; highly significant).

Supplementary Materials: The following are available online at http://www.mdpi.com/1420-3049/25/7/1677/s1.
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Abstract: Isothermal, enzyme-free amplification methods based on DNA strand-displacement
reactions show great promise for applications in biosensing and disease diagnostics but operating
such systems within biological environments remains extremely challenging due to the susceptibility of
DNA to nuclease degradation. Here, we report a catalytic hairpin assembly (CHA) circuit constructed
from nuclease-resistant l-DNA that is capable of unimpeded signal amplification in the presence
of 10% fetal bovine serum (FBS). The superior biostability of the l-DNA CHA circuit relative to
its native d-DNA counterpart was clearly demonstrated through a direct comparison of the two
systems (d versus l) under various conditions. Importantly, we show that the l-CHA circuit can
be sequence-specifically interfaced with an endogenous d-nucleic acid biomarker via an achiral
peptide nucleic acid (PNA) intermediary, enabling catalytic detection of the target in FBS. Overall,
this work establishes a blueprint for the detection of low-abundance nucleic acids in harsh biological
environments and provides further impetus for the construction of DNA nanotechnology using
l-oligonucleotides.

Keywords: catalytic hairpin assembly (CHA); strand-displacement reaction; peptide nucleic acid;
l-DNA; microRNA

1. Introduction

The straightforward programmability of Watson–Crick (WC) base pairing interactions makes nucleic
acids an ideal material for engineering nanoscale structures and devices. Underlying the operation of most
dynamic DNA nanotechnology is the toehold-mediated strand-displacement reaction [1–3]. During this
process, a single-stranded overhang region (referred to as a “toehold”) on an otherwise complementary
DNA duplex initiates recognition and invasion by a third DNA strand, which ultimately displaces
the original strand not containing the toehold region. Owing to its simplicity, DNA strand-displacement
reactions have been widely used for engineering molecular devices, including motors and walkers [4–7],
reconfigurable DNA nanostructures [8,9], and logic circuits [10–12]. Importantly, such devices can be
easily interfaced with regulatory nucleic acids (e.g., mRNAs and microRNAs) via WC base pairing [13,14],
making them particularly well suited for applications in bioengineering and disease diagnosis.

Due to the low abundance of most nucleic acid biomarkers in biological fluids and tissues,
analytical application of DNA nanodevices often requires signal amplification. Thus, it is not surprising
that significant effort has gone into engineering non-enzymatic DNA amplifier circuits that can detect
and amplify nucleic acid signals based on strand-displacement mechanisms [15]. Examples of DNA
amplifiers include entropy driven catalytic circuits [16], hybridization chain reactions [17] and various
DNAzyme-based systems [18]. Perhaps one of the most versatile DNA amplifiers is the catalytic hairpin
assembly (CHA), originally developed by Pierce and coworkers [5]. CHA circuits utilize a pair of
complementary DNA hairpins to achieve isothermal, enzyme-free, signal amplification. Spontaneous
hybridization between the two hairpins is kinetically hindered because the complementary sequence
domains are embedded within the hairpin stems. However, in the presence of a target input strand,
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one of the hairpins can be opened via toehold-mediated strand-displacement reactions, which in turn
enable the assembly (hybridization) of both hairpins. During this assembly process, the input strand is
displaced from the annealed hairpin complex, allowing it to initiate further rounds of hairpin opening
and assembly. CHA circuits provide rapid and efficient signal amplification with minimal background
and fast turnover rates. Consequently, CHA circuits have been adapted to a variety of analytical
applications, including the detection of quantification of therapeutically relevant nucleic acids in vitro
and in living cells [3,19,20].

Despite the promise of DNA amplifiers in low-abundance biomarker discovery and clinical
diagnosis, the straightforward implementation of such devices in harsh biological environments
remains challenging for several reasons. In particular, natural DNA is susceptible to nuclease-mediated
degradation and non-specific interactions with other nucleic acids and proteins, both of which can
lead to high background and/or poor signal amplification in living cells [13]. Although modifications
of the 2′-OH group of the ribose sugar (e.g., 2′-O-methyl ribonucleotides [21,22] and locked nucleic
acids [20,23]), as well as the phosphate backbone modifications (e.g., phosphorothioates) [24], can confer
nuclease stability, such modified oligonucleotides still have the potential for off-target hybridization,
and in some cases, cellular toxicity [25]. Importantly, the majority of modified oligonucleotides
have altered kinetic and thermodynamic properties relative to native DNA, making it very difficult
to apply established design principles to the development of amplifier circuits composed of such
polymers. Therefore, developing robust DNA amplifiers capable of catalytic amplification in biological
environments remains an important challenge.

Recently, we challenged the idea of classical nucleic acid modifications by employing l-DNA,
the enantiomer of natural d-DNA, in DNA circuit design. l-DNA is an ideal oligonucleotide analog
because it is completely nuclease resistant, yet has identical kinetic and thermodynamic properties
as its native counterpart, d-DNA [26]. Furthermore, L-oligonucleotides are incapable of forming
contiguous WC base pairs with the native polymer [27,28]. Thus, l-DNA avoids off-target interactions
with myriad of cellular nucleic acids. Nevertheless, we previously reported a method to interface
specific nucleic acid targets with l-DNA using strand-displacement reactions [29]. This approach,
termed “heterochiral” stand-displacement, employs an achiral peptide nucleic acid (PNA) in order
to transfer sequence information between oligonucleotide enantiomers (Figure 1). The reaction
involves of a complex between an achiral PNA strand and an l-DNA strand (l-OUT). We refer to
this complex as an “inversion gate”. Importantly, a single-stranded toehold domain t* resides on
the achiral PNA strand, which facilitates binding of a d-input strand (d-IN) to the inversion gate via t/t*
and subsequent displacement of the incumbent l-DNA strand (l-OUT) or vice versa. In this way, any
D-oligonucleotide input, including disease biomarkers, can be sequence-specifically interfaced with
bio-stable l-DNA nanodevices or circuits, providing a promising approach for overcoming several
key limitations of using such devices in cells or other harsh biological environments. For example,
we recently used this approach to interface oncogenic microRNAs with an l-RNA-based fluorescent
biosensor, enabling real-time imaging of microRNA expression levels in living mammalian cells [30].
Despite the potential advantages of l-DNA/RNA-based devices, a heterochiral l-DNA amplifier circuit
has not previously been reported.

Here, we report the design and implementation of the first l-DNA amplifier circuit capable of
detecting native D-oligonucleotides. The amplifier consists of a single PNA/l-DNA inversion gate,
the output of which initiates an l-DNA-based CHA circuit allowing for the detection of the native
d-input, microRNA-155 (miR-155), at sub-stoichiometric concentrations. We show that both d-DNA
and l-DNA versions of the optimized amplifier circuit behave similarly, achieving signal amplification
under physiological conditions. However, only the l-DNA amplifier retains faithful operation in
the presence of 10% FBS. Overall, this work demonstrates that CHA circuits constructed from l-DNA,
together with a heterochiral inversion gate, provide a robust and straightforward approach for detection
low-abundance nucleic acids within harsh biological environments.
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Figure 1. (a) Three types of nucleic acids used in this work. d-DNA (black), l-DNA (blue), and peptide
nucleic acid (PNA) (green) are distinguished by color throughout the text; (b) Inversion Gate. The toehold
domain (t*) resides on the achiral PNA strand in the l-DNA/PNA heteroduplex (Inversion Gate).
Therefore, the d-input can still bind to the inversion gate (via t and t*) and displace l-OUT. In this way,
the sequence information in domain (a) has become inverted.

2. Results and Discussion

Our goal was to design a CHA circuit comprised of l-DNA that could ultimately be interfaced with
disease-relevant nucleic acid biomarkers. The target chosen for this study was miR-155, a prototypical
oncogenic miR associated with various malignancies [31]. The overall heterochiral CHA amplifier
circuit is illustrated in Figure 2. The reaction between d-miR-155 and the miR-155-specific inversion
gate (l-A155) results in the displacement of l-OUT155, which subsequently initiates the opening of
hairpin l-H1 via toehold domain 3*. The newly exposed single-stranded domains on l-H1 (5 and 6) then
hybridize to hairpin l-H2 (via toehold-domain 5*), triggering the formation of product duplex l-H1/H2
and displacement of l-OUT155 from l-H1. The recycled l-OUT155 strand can then go on to initiate
further rounds of hairpin l-H1 opening and catalysis. The reaction can be monitored by a reporter
complex (l-R) that reacts with domain 4 on hairpin l-H1 (via 4*) only after opening of l-H1. The choice
of target immediately restricts the overall circuit design because the sequence of the inversion gate
(A1) must have partially complementarity with sequence with d-miR-155 (domains 1–3). In turn,
the toehold domain (3*) on hairpin l-H1 is also dependent on the sequence of miR-155. However,
beyond domain 3, the remaining sequences for both hairpins H1 and H2, as well as the fluorescent
reporter duplex l-R may be chosen as required for the particular application of the system.

Figure 2. Schematic illustration of the heterochiral l-CHA circuit. Sequences of all strands are listed in
Table S1. d-MiR-155 RNA is colored red.

Given that the sequence of the inversion gate (l-A155) was essentially fixed by miR-155,
we initially focused our attention on identifying optimal sequences for CHA hairpins H1 and H2.
Following principles originally established by Ellington and coworkers [32], we designed and tested
a series of hairpins by varying the length and nucleotide composition of complementary domains
(domains 4–6). To increase the efficiency of this process, all experiments were carried out using
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d-DNA and hairpin assembly reactions were monitored by native gel electrophoresis (Figures S1
and S2). Ultimately, we identified a pair of hairpins, d-H1 and d-H2 (Table S1), which retained high
stability under simulated physiological conditions (i.e., 50 mM KCl, 20 mM NaCl, 1 mM MgCl2, pH 7.6,
37 ◦C), yet rapidly assembled into complex d-H1/H2 the presence of the initiator strand (d-OUT155).
Therefore, all further studies were based on these two hairpins. As shown in Figure 3a, the rate of
the CHA reaction between d-H1 and d-H2 was highly dependent on the concentration of initiator
d-OUT1, as monitored by fluorescence (Cy3) using reporter d-R. When 2 nM d-OUT155 was added,
i.e., 100-fold lower concentration that the hairpins and reporter, 40% maximal fluorescent signal was
observed after 3 h, representing 20-fold signal amplification. This data indicates that this CHA circuit
can provide rapid and efficient signal amplification under physiological conditions. We note that
despite the presence of stoichiometric initiator (200 nM d-OUT155), the CHA circuit failed to achieve
the maximum fluorescence signal for the reporter complex (d-R), indicating incomplete hairpin opening
and/or reporter activation. Importantly, a negligible fluorescence signal was observed for up to 2 h
prior to the addition of d-IN1 to the reaction (Figure 3a), confirming that hairpins d-H1 and d-H2 do
not spontaneously hybridize in the absence of the initiator strand. Furthermore, a scrambled version
of d-OUT155 (d-OUTS) failed to initiate the reaction, demonstrating the specificity of this CHA circuit
(Figure 3a).

Figure 3. Fluorescence monitoring (Cy3) of CHA reactions in the absence (a,b) and presence (c,d) of 10%
fetal bovine serum (FBS). All reaction mixtures contained 200 nM hairpins (H1 and H2) and 200 nM
reporter complex (R) in the indicated stereochemistry, along with either 0% or 10% FBS, 50 mM KCl,
20 mM NaCl, 1 mM MgCl2, and 25 mM TRIS (pH 7.6). Reactions were initiated with the indicated
concentration of either d- or l-OUT155 and were carried out at 37 ◦C. CHA reactions initiated with
a scrambled input OUTs (200 nM) are indicated by dotted lines. Fluorescence (Fluor.) in all figures
is reported in units such that 0.0 and 1.0 are the fluorescence of the quenched and activated reporter
complex, respectively, at 200 nM. Average fluorescence data from triplicate experiments is plotted.

Having confirmed the proper operation of the CHA circuit using d-DNA components, we prepared
l-DNA versions of the same components (l-OUT155, l-H1, l-H2, and l-R) using solid-phase
phosphoramidites chemistry (Table S1). Overall, the l-DNA CHA circuit behaved similarly to its d-DNA
counterpart (Figure 3b), but with a somewhat reduced rate of signal amplification. Initial rates for the d-
and l-CHA reactions in the presence of stoichiometric initiator (200 nM) were calculated to be 54.02 ±
2.64 min−1 and 24.78 ± 1.0 min−1, respectively. We attribute this discrepancy to potential differences in
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oligonucleotide quality, as well as other experimental limitations, such as pipetting and concentration
errors. Nevertheless, the l-CHA circuit generated ~20% maximal fluorescent signal in the presence of
2 nM l-OUT155, representing ~10-fold signal amplification. To the best of our knowledge, this represents
the first example of a nucleic acid amplifier comprised entirely of mirror-image l-DNA.

With both d- and l-versions of the CHA circuit in hand, we compared their performance in
the presence of 10% fetal bovine serum (FBS) as a model biological environment (Figure 3c,d). We have
previously shown that both l-DNA and l-RNA are stable in 10% FBS for long periods of time [30,33].
As before, the circuit components were allowed to incubate for 2 h prior to the addition of the in
initiator strand OUT155. As expected, the D-CHA circuit was rapidly degraded during the 2 h
pre-incubation period, as evident by an initiator-independent gain in fluorescence signal (i.e., leak)
(Figure 3c). Moreover, addition of the initiator strand (d-OUT155) to the D-CHA circuit after 2 h failed
to promote any meaningful signal amplification relative to background (i.e., no initiator). In contrast,
the presence of 10% FBS had little effect on the operation of the l-DNA version of the CHA circuit
(Figure 3d). Negligible fluorescence signal was observed during the 2 h pre-incubation period,
indicating that the l-DNA circuit components, and in particular hairpins l-H1 and l-H2, remained
intact in the presence of 10% FBS. This was confirmed by gel electrophoresis (Figure S3). Importantly,
initiation of the l-CHA reaction using l-OUT155 resulted in a concentration dependent fluorescence
response, again reaching ~20% maximal signal in the presence of 100-fold lower concentration of
l-OUT155 relative to reporter after 3 h. Overall, the fluorescent data obtained for the l-CHA circuit
in the presence of 10% FBS (Figure 3d) closely mirrored data obtained in its absence (Figure 3b),
demonstrating that complex biological matrixes do not significantly interfere with the operation of
l-DNA-based CHA reactions.

The l-CHA reactions depicted in Figure 3 were initiated directly using either d- or l-OUT155.
However, our ultimate goal was to utilize an l-CHA circuit to detect D-miR-155, which required
an inversion gate be placed upstream of the l-DNA hairpins (Figure 2). As discussed above, the sequence
of the inversion gate (l-A155) was dictated by the sequence of D-miR-155 (Table S1), and was designed
such that binding of D-miR-155 to the achiral PNA toehold domain (1*) resulted in displacement
of the incumbent strand l-OUT155, which subsequently initiates the CHA reaction via domains 3/3*.
We assembled and tested the full heterochiral CHA circuit depicted in Figure 2, which consisted of
l-A155, l-H1, l-H2, and l-R1. All concentrations of D-miR-155 input tested resulted in the generation
of a fluorescence signal that was greater than background (Figure 4a). However, it was clear that
these reactions were significantly slower than the corresponding CHA reactions that were directly
initiated with l-OUT155 (Figure 3b). This likely reflects the relatively slow kinetics of the heterochiral
strand-displacement reaction between D-miR-155 and l-A155 [29]. Despite the reduced rate, however,
the heterochiral amplifier was still capable of modest signal amplification (~3–5-fold).

To test for selectivity, we attempted to initiate the heterochiral CHA reaction with D-miR-155-derived
inputs containing either one or two mismatches (D-miR-155M1 or D-miR-155M2, respectively)
in the toehold-binding domain 1 (Figure 2 and Table S1). These reactions were carried out for an extended
period of time (6 h) to ensure that any small amount of non-specific initiation by the mismatched
substrates could be detected through CHA amplification. At 20 nM input concentrations (10-fold less
than reporter), both mismatched substrates resulted in significantly less signal generation then D-miR-155
(Figure 5), which achieved ~4-fold amplification during the reaction. Increasing the concentration of
both mismatched substrates by 10-fold did not greatly increase the signal generated by the system,
allowing the CHA circuit to detect D-miR-155 (20 nM) in the presence of excess mismatched target
RNA (200 nM). In all cases, the signal generated by the single and double mismatched substrates were
similar. Overall, this data indicates that the heterochiral CHA circuit can discriminate against sequences
containing a single mismatch, at least within the toehold domain.
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Figure 4. Fluorescence monitoring (Cy3) of the full heterochiral CHA circuit in the absence (a,c)
and presence (b,d) of 10% FBS. Reaction conditions are identical to those described in Figure 3, except
that 200 nM inversion gate A155 was also included. Reactions were initiated with the indicated
concentration of either d- or l-miR-155 as indicated and were carried out at 37 ◦C. Average fluorescence
data from triplicate experiments is plotted.

Figure 5. Mismatch discrimination by the full heterochiral CHA circuit. Reaction conditions are
identical to those described in Figure 4. Reactions were initiated with either 20 nM input (solid lines)
or 200 nM input (dotted lines) and were carried out at 37 ◦C.

Finally, we tested the full heterochiral CHA circuit in 10% FBS. The circuit maintained functionality
in 10% FBS (Figure 4b), although with somewhat reduced sensitivity towards D-miR-155 due to a higher
background fluorescence signal. This suggests possible circuit leakage due to an uninitiated reaction
between the inversion gate (l-A1) and hairpin l-H1 in serum. An l-RNA version of miR-155 (l-miR-155)
was employed as the input during these experiments to avoid nuclease degradation prior to circuit
activation. The full l-CHA circuit remained intact during the 2 h pre-incubation period in the presence
of 10% FBS and treatment with 20 nM l-miR-155 resulted in the generation of a fluorescence signal
equivalent to ~3-fold amplification. Not surprisingly, incubation of the d-DNA version of the full
CHA circuit (d-A155, d-H1, d-H2, and d-R1) in 10% FBS resulted in significant circuit leakage during
the 2 h pre-incubation period and failed to activate upon the addition of l-miR-155 input (Figure 4c),
further highlighting the advantage of l-DNA. While further optimization is needed, the above results
demonstrate that the heterochiral l-CHA amplifier circuit described herein can be made compatible
with the detection of low-abundance nucleic acids in complex biological samples.

140



Molecules 2020, 25, 947

3. Conclusions

In summary, we have successfully demonstrated a l-DNA CHA amplifier. The l-CHA circuit
exhibited superior stability and catalysis in 10% FBS relative to it d-DNA counterpart, and when
integrated with a heterochiral inversion gate, was capable of signal amplification in response to
a d-RNA target (miR-155). To the best of our knowledge, this represents the first example of a nucleic
acid amplifier comprised of mirror-image l-DNA. Given the resistance of l-oligonucleotides to
cleavage by nucleases, we anticipate that this approach will further expand the utility of DNA
amplifiers within harsh biological environments, enabling exciting analytical applications currently
not achievable using systems based on native d-DNA. For example, having previously shown that
heterochiral strand-displacement reactions can be used to interface disease-associated miRs with
l-oligonucleotide-based biosensors in living cells [30], l-CHA circuits may provide a route towards
ultrasensitive and selective miR detection for clinical early diagnosis. Towards this goal, it will be
exciting to examine the operation of l-CHA amplifiers in living cells.

4. Materials and Methods

4.1. General

Oligonucleotides were either purchased from Integrated DNA Technologies (Coralville, IA, USA)
or prepared by solid-phase synthesis on an Expedite 8909 DNA/RNA synthesizer (ThermoFisher
Scientific, Waltham, MA, USA). Synthesizer reagents, D-nucleoside phosphoramidites, and Cy3
phosphoramidites were purchased from Glen Research (Sterling, VA, USA). l-nucleoside
phosphoramidites were purchased from ChemGenes (Wilmington, MA, USA). Black Hole Quencher 2
resins were purchased from LGC Biosearch Technologies (Petaluma, CA, USA). Peptide nucleic acids
(PNA) were purchased from PNA Bio Inc. (Newbury Park, CA, USA) at 99.9% purity and were not
purified further. All other reagents were purchased from Sigma Aldrich (St. Louis, MO, USA).

4.2. Oligonucleotide Purification and Assembly

Unmodified D-oligonucleotides were purchased from IDT. All l-oligonucleotides were synthesized
in house following the manufacturer’s recommended procedures, and completed l-oligonucleotides
were deprotected using a 1:1 mixture of aqueous ammonium hydroxide and aqueous methylamine
for 30 min at 65 ◦C. All oligonucleotides were purified by 20% denaturing polyacrylamide gel
electrophoresis (PAGE, 19:1 acrylamide:bisacrylamide). Purified material was excised from the gel
and eluted overnight at 23 ◦C in Buffer EB (200 mM NaCl, 10 mM EDTA, and 10 mM Tris pH 7.5).
The solution was filtered to remove gel fragments, and the eluent was precipitated with ethanol.
Duplex components (A155 and R) for each CHA circuit were assembled via a hybridization titration
approach in order to achieve an ideal 1:1 ratio of the corresponding strands. Here, one strand was held
constant at 1 μM while the concentration of the second strand was varied across a narrow range around
1 μM (0.80–1.20 μM in 0.05 μM increments). All hybridization mixtures contained the appropriate
amount of each strand, 300 mM NaCl, 1 mM EDTA, 10 mM Tris (pH 7.6) and were heated to 90 ◦C
for 3 min then cooled slowly to room temperature over 2 h. The extent of hybridization was quantified
by 20% native PAGE (19:1 acrylamide:bisacrylamide) after staining with SYBR Gold (ThermoFisher
Scientific, Waltham, MA, USA). Only those mixtures having an ideal 1:1 ratio of strands (i.e., no
single-stranded oligonucleotide remained) were used further. The ideal 1:1 ratio of hairpins H1 and H2
strands were determined in a similar manner.

4.3. Fluorescence Monitoring of CHA Reactions

CHA reactions were monitored using a GloMax Discover multi-well plate reader from Promega
Corp. (Madison, WI, USA). All reaction mixtures contained 200 nM each H1, H2, and reporter R in
the indicated stereochemistry, along with either 0% or 10% FBS, 50 mM KCl, 20 mM NaCl, 1 mM MgCl2,
and 25 mM TRIS (pH 7.6). For reaction containing the full CHA circuit (Figure 4), 200 nM inversion gate
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A155 was also included. Reactions were prepared to a final volume of 20 μL and transferred to a 384-well
black-walled microplate. After the 2 h pre-incubation at 37 ◦C, the indicated concentration of initiator
was added (OUT155 for CHA only reactions or miR-155 for the full circuit) and the reaction allowed to
proceed for 3 h. Fluorescence was monitored with excitation/emission wavelengths at 520/580–640 nm
(bandpass filter: Cy3). Data was normalized to a control representing the maximum achievable signal
using Equation (1):

Fn =
F− F0

Fc − F0
(1)

where Fn is the normalized fluorescence intensity, F is the measured fluorescence, F0 is the fluorescence
of the quenched reporter, and Fc is the fluorescence of the activated reporter at each time a measurement
was taken.

4.4. Monitoring of Heterochiral Strand-Displacement Reactions by Native PAGE

In some instances, CHA reactions were analyzed by 20% native PAGE (19:1 acrylamide:bisacrylamide)
(Figure S2). Reactions were prepared as described above and incubated for 2 h at 37 ◦C before an aliquot
was taken (5 μL) and loaded onto a running gel. Native gels were run at 140 volts for at least 6 h at 23 ◦C
before being imaged as described above.

Supplementary Materials: The following are available online at http://www.mdpi.com/1420-3049/25/4/947/s1.
Figure S1. Schematic illustration of the d-DNA and l-DNA versions of the full CHA circuit; Figure S2. Native
PAGE (20%; 19:1 acrylamide:bisacrylamide) analysis of the CHA reaction; Figure S3. Denaturing PAGE (20%; 19:1
acrylamide:bisacrylamide) analysis of hairpins H1 and H2 in the presence of different amounts of FBS; Table S1.
Names, sequences, and chirality of all oligonucleotides used in this work.
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