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Preface to ”The Alveolar Epithelium: Mechanisms of

Injury and Repair”

Alveolar epithelial cells (AECs) of the lung are important contributors to pulmonary immune

functions and to pulmonary development and alveolar repair mechanisms following lung injury.

AECI, together with the capillary endothelium, form the extremely thin barrier between alveolar air

and blood. AECII produce and metabolize the surface-tension lowering and immune-modulating

surfactant and are the progenitors of AECI. A great variety of processes rely on their normal

functioning, including maintenance of the alveolar barrier; innate immune defense; and processes

of differentiation, senescence, apoptosis, and autophagy.

In this issue, the wide range of AEC functions is reflected by the diversity of topics addressed

by the four review and eight original articles and the analytical methods used by the authors. The

review articles highlight the role of AECs in pathological conditions, such as pulmonary fibrosis and

high-altitude edema as well as their role in pulmonary regeneration. The fourth review provides a

thorough basis for future research on a relatively new topic in lung research – the glycocalyx of AECs.

The original articles cover a delectably wide spectrum of methods, ranging from in vitro analysis

on the effects of nanoparticles or the effects of hypercapnia on the Na,K-ATPase of alveolar cells in

culture. The in vivo articles address both acute conditions, such as the pulmonary regeneration in

infectious diseases or the role of miR21 in a model of acute lung injury, as well as chronic conditions,

namely the effects of high-sugar feeding and voluntary activity on the elastic properties of the lung.

Three studies investigate aspects of the normal lung, either at a molecular or morphological level

or a combination of both. One study addresses the interaction between the P2X7 receptor and

JAM-A protein while another one uses a genetically modified mouse model to elucidate the role

of surfactant protein B in structure and function of the lung. Finally, a detailed 3D analysis of the

AEC ultrastructure provides a thorough basis for future functional or molecular work on the alveolar

epithelium.

Thus, this Special Issue sheds light on the broad spectrum of methods and topics in the field of

research on the alveolar epithelium.

Michael Kasper, Christian Mühlfeld

Editors
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Abstract: The alveolar epithelium consists of (ATI) and type II (ATII) cells. ATI cells cover the majority
of the alveolar surface due to their thin, elongated shape and are largely responsible for barrier
function and gas exchange. During lung injury, ATI cells are susceptible to injury, including cell
death. Under some circumstances, ATII cells also die. To regenerate lost epithelial cells, ATII cells
serve as progenitor cells. They proliferate to create new ATII cells and then differentiate into ATI cells.
Regeneration of ATI cells is critical to restore normal barrier and gas exchange function. Although
the signaling pathways by which ATII cells proliferate have been explored, the mechanisms of
ATII-to-ATI cell differentiation have not been well studied until recently. New studies have uncovered
signaling pathways that mediate ATII-to-ATI differentiation. Bone morphogenetic protein (BMP)
signaling inhibits ATII proliferation and promotes differentiation. Wnt/β-catenin and ETS variant
transcription factor 5 (Etv5) signaling promote proliferation and inhibit differentiation. Delta-like 1
homolog (Dlk1) leads to a precisely timed inhibition of Notch signaling in later stages of alveolar
repair, activating differentiation. Yes-associated protein/Transcriptional coactivator with PDZ-binding
motif (YAP/TAZ) signaling appears to promote both proliferation and differentiation. We recently
identified a novel transitional cell state through which ATII cells pass as they differentiate into ATI
cells, and this has been validated by others in various models of lung injury. This intermediate
cell state is characterized by the activation of Transforming growth factor beta (TGFβ) and other
pathways, and some evidence suggests that TGFβ signaling induces and maintains this state.
While the abovementioned signaling pathways have all been shown to be involved in ATII-to-ATI
cell differentiation during lung regeneration, there is much that remains to be understood. The up-
and down-stream signaling events by which these pathways are activated and by which they induce
ATI cell differentiation are unknown. In addition, it is still unknown how the various mechanistic
steps from each pathway interact with one another to control differentiation. Based on these recent
studies that identified major signaling pathways driving ATII-to-ATI differentiation during alveolar
regeneration, additional studies can be devised to understand the interaction between these pathways
as they work in a coordinated manner to regulate differentiation. Moreover, the knowledge from
these studies may eventually be used to develop new clinical treatments that accelerate epithelial cell
regeneration in individuals with excessive lung damage, such as patients with the Acute Respiratory
Distress Syndrome (ARDS), pulmonary fibrosis, and emphysema.

Keywords: alveolar epithelium; lung injury; lung regeneration
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1. Introduction

There are two types of cells in the alveolar epithelium: large, flattened alveolar type I (ATI)
cells that cover 95%–98% of the alveolar surface and permit gas exchange and cuboidal alveolar type
II (ATII) cells that are the progenitor cells responsible for regenerating ATI and ATII cells during
homeostasis and after injury [1–3]. The lung epithelium serves as a barrier that protects the body from
airborne pathogens and prevents leakage of bodily fluids into the airspaces. In the event of epithelial
cell death, such as during infection or after exposure to cigarette smoke, the barrier is compromised.
During homeostasis, alveolar epithelial cells have a long but limited lifespan [1]. After the death of
an occasional alveolar epithelial cell, barrier function is maintained by adequate levels of ATII cell
proliferation and differentiation to replace the lost cells. During lung injury, excessive epithelial cell
death results in impaired barrier function. ATI cells are particularly susceptible to injury, but ATII cells
can die in cases of severe or certain types of injury.

It has long been known that ATII cells are the principal progenitor responsible for regenerating
the injured alveolar epithelium [1,4–6], although it is increasingly recognized that other progenitors
can be mobilized under certain circumstances [7–9]. ATII cells proliferate to replace lost cells, and once
sufficient cell numbers have been restored, some differentiate into ATI cells to restore normal alveolar
structure. Since ATI cells are largely responsible for barrier function and gas exchange, the regeneration
of ATI cells is absolutely critical to restore normal lung function. Signaling pathways that promote
ATII cell proliferation have been identified by us and others and include keratinocyte growth factor
(KGF), hepatocyte growth factor (HGF), epidermal growth factor (EGF), Wnt/β-catenin, forkhead box
protein M1 (FoxM1), and others [10–20]. Although we have some understanding of the mechanisms
that drive ATII cell proliferation, the signaling pathways that drive ATII-to-ATI cell differentiation
have remained elusive. Recently, in large part due to the emergence of lineage tracing technology [21],
several studies have uncovered various signaling pathways shown to be involved in this differentiation
step: Wnt/β-catenin, Notch, YAP/TAZ, BMP, and TGFβ. Here, we discuss this recent work and the
contribution these studies have made to advance our understanding of lung regeneration. We also
briefly discuss future research questions that can be examined based on the strong foundation
established by this handful of studies. For example, the various signaling pathways identified to
regulate ATI cell differentiation undoubtedly interact with one another in a coordinated manner to
control differentiation. However, the way they interact—whether they operate upstream, downstream,
or parallel to one another—is still unknown. In addition, future studies will be necessary to confirm the
extent to which these pathways, identified in mouse models of regeneration, are active in the human
lung. Strengthened understanding of the mechanisms involved in ATII-to-ATI cell differentiation
ultimately may lead to development of new clinical treatments that accelerate lung repair in individuals
with excessive lung damage, such as patients with Acute Respiratory Distress Syndrome (ARDS),
pulmonary fibrosis, and emphysema.

2. Wnt/β-Catenin Signaling

We previously reported that inhibition of Wnt/β-catenin signaling prevented ATII cell proliferation
during regeneration after lung injury [13]. More recently, elegant studies using lineage tracing and
inducible ATII cell-specific gene deficient mice have confirmed that Wnt/β-catenin signaling is critical
for ATII cell proliferation after lung injury in multiple models [14,15]. Interestingly, these studies
also identified a small subset of ATII cells that function as alveolar stem cells during homeostasis.
These stem cells are responsible for maintaining ATII cells during homeostatic turnover and do so in
a Wnt/β-catenin-dependent manner. Moreover, during homeostasis, adjacent PDGFRα+ fibroblasts are
the source of secreted Wnts, which maintain the ATII cells and are thus considered to be the niche of the
ATII stem cells. Wnt signaling is required not only for ATII cell proliferation but also for maintenance of
the ATII cell phenotype, as knockout of β-catenin induces differentiation into ATI cells. Following lung
injury, the larger population of ATII cells that is mobilized to proliferate themselves produce Wnts,
stimulating proliferation via autocrine signaling even in ATII cells outside the niche [14]. Presumably,
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the Wnt signaling that maintains the ATII cell phenotype during homeostasis also does so during ATII
cell proliferation during regeneration and must be downregulated to permit ATII-to-ATI differentiation.

3. Notch Signaling

Notch signaling has been strongly implicated in proliferation and differentiation in many
organs. After embryonic tissue development, such as the development of the lung epithelium,
the expression of the Notch ligand delta-like 1 homolog (Dlk1) disappears, returning only in some
adult tissues undergoing regeneration. A recent landmark study uncovered the role of Notch,
specifically Dlk1, in alveolar regeneration. In acute lung injury, temporal regulation of Notch
signaling by Dlk1 was shown to have a role in alveolar repair, promoting ATII-to-ATI differentiation.
In Pseudomonas aeruginosa-induced mice lung injury model, Dlk1 leads to a precisely timed inhibition of
Notch signaling in later stages of alveolar repair, which activates differentiation [22]. The regenerative
role of Dlk1 in alveolar differentiation was supported by several experimental studies. Experiments
using inducible ATII cell-specific Dlk1 mutant mice, lineage-tracing studies, RNA-seq, Notch reporter
and ATII-specific constitutively active Notch mice revealed that Notch signaling is initially activated in
ATII cells during the proliferation phase, but that later, Notch signaling is downregulated by Dlk1 as
ATII cells differentiate into ATI cells [22]. This high-to-low Notch switch was essential for ATII cell
differentiation into ATI cells. In ATII cell-specific Dlk1 conditional knockout mice, high Notch activation
is sustained. This results in delayed ATI cell differentiation and the accumulation of an intermediate
cell population of alveolar epithelial cells that expressed low levels of both ATI and ATII cell markers.
This phenotype was partially rescued by Notch inhibition [22]. In conclusion, Notch signaling is
activated during the proliferation phase of alveolar regeneration but is later deactivated due to Dlk1
upregulation, promoting ATII-to-ATI cell differentiation. However, a key remaining unknown is how
Dlk1 expression is regulated. If Dlk1 upregulation is a critical signal for inducing ATI cell differentiation,
understanding the factors upstream of Dlk1 expression will be key for understanding the overall
regulation of ATII-to-ATI cell differentiation.

4. BMP/SMAD Signaling

Bone morphogenetic protein (BMP) signaling in mammalian systems has been shown to
play a variety of complex roles in proliferation and differentiation in many organs. Recently,
a seminal study demonstrated that dynamic changes in BMP signaling play a critical role in
alveolar regeneration [23]. BMP signaling is active in the vast majority of ATII and ATI cells during
homeostasis. During regeneration, BMP signaling is downregulated during ATII cell proliferation and
then upregulated during ATI cell differentiation. This activation and deactivation of BMP signaling
is attributable to dynamic expression of BMP ligands, receptors, and antagonists. Moreover, using
both pharmacologic and genetic approaches in cultured alveolar organoids and mice, the investigators
demonstrated that BMP inhibits ATII cell proliferation and promotes ATII-to-ATI cell differentiation.
Interestingly, the fibroblasts that constitute the ATII cell niche also display a reduction in BMP signaling
during ATII cell proliferation, with a rebound during ATII-to-ATI cell differentiation. BMP gain of
function in the fibroblasts had no effect on fibroblast proliferation but similarly inhibited ATII cell
proliferation [23]. Taken together, these data suggest that during homeostasis, active BMP signaling
maintains ATII cell quiescence; during regeneration, deactivation of BMP signaling promotes ATII cell
proliferation, whereas reactivation of BMP signaling promotes ATI cell differentiation. This finding
establishes a strong foundation upon which future questions may be addressed: What is the mechanism
by which BMP signaling inhibits ATII cell proliferation? Does it directly inhibit the cell cycle or does it
prime ATII cells to be less responsive to known mitogens such as KGF, HGF, Wnt, and EGF? Similarly,
how does BMP signaling induce ATI cell differentiation? More generally, the observations that BMP
signaling simultaneously inhibits proliferation and drives differentiation suggests that proliferation
may not be a necessary prerequisite for differentiation. Finally, the mechanisms by which BMP
signaling in fibroblasts limits their ability to promote ATII cell proliferation are unknown at this time.
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5. Yap/Taz Signaling

YAP and TAZ are important transcription coactivators in the Hippo signaling pathway known to
be involved in embryonic development, homeostasis, and tissue regeneration after injury. An elegant
recent study has shown YAP/TAZ to play a crucial role in ATII-to-ATI differentiation in alveolar
repair [24]. In the Streptococcus pneumoniae model of lung injury, YAP and TAZ expression and
nuclear localization increased in ATII cells after lung injury. Moreover, ATII cell specific Yap/Taz
knockout mice displayed impaired ATII cell proliferation and ATII-to-ATI cell differentiation during
regeneration. These mice also developed fibrotic lesions, consistent with the widely accepted view
that impaired epithelial regeneration begets fibrosis. The expression of several genes known to
promote cell proliferation and differentiation, including FGFs, Wnts, EGFR, and BMP4, were reduced
in YAP/TAZ deficient ATII cells, although it is as of yet unknown whether these genes mediate
the role of YAP/TAZ signaling in ATII cell proliferation and differentiation. Another study used
alveolar organoid cultures and the bleomycin model of lung injury to demonstrate the role of
TAZ signaling in ATII-to-ATI cell differentiation [25]. In this study, TAZ nuclear localization was
observed in ATI but not ATII cells. Moreover, pharmacologic inhibitors and TAZ knockout prevented
ATII-to-ATI cell differentiation in organoids. In the bleomycin lung injury model, conditional deletion
of TAZ in ATII cells also led to reduced ATI cell regeneration and, as in the S. pneumoniae model,
resulted in greater fibrosis. Interestingly, the ATII cell-specific YAP/TAZ knockout mice exhibited
prolonged inflammation, apparently due to an inability to upregulate Inhibitor-of-NFκB, alpha (IκBα),
a repressor of Nuclear-Factor κB (NFκB). Chromatin immunoprecipitation (ChIP) experiments in
an alveolar epithelial cell line suggested that IκBα is a direct YAP/TAZ target gene. Moreover,
Yap/Taz knockdown inhibited, whereas Yap/TAZ overexpression increased, IκBα. Moreover, IκBα
overexpression attenuated the prolonged inflammation, delay in alveolar regeneration, and fibrosis
observed in YAP/TAZ knockout mice. In contrast to the S. pneumoniae model, there was no defect in
proliferation of TAZ KO ATII cells. A third study using the pneumonectomy model of compensatory
lung growth revealed that YAP signaling is activated in ATII cells and ATII cell specific deletion of YAP
inhibited ATII cell proliferation and ATII-to-ATI cell differentiation [26]. YAP inhibition also decreases
proliferation during homeostasis [27]. However, despite its role in ATII-to-ATI cell differentiation
during regeneration [24–26] and development [25], it appears that this pathway is dispensable for
normal ATI cell turnover during lung homeostasis.

6. Recruited Macrophages

During alveolar regeneration in many models, the lung monocyte/macrophage population expands.
Monocyte-derived macrophages are recruited from the circulation, and resident alveolar macrophages
proliferate [28–30]. Some of these macrophages contribute to epithelial injury [31], but some are likely
to contribute to repair. A landmark study showed that preventing the recruitment of monocyte-derived
macrophages via genetic deletion of the monocyte chemokine receptor CCR2 impaired ATII cell
proliferation and ATII-to-ATI cell differentiation [32]. The recruited macrophages displayed an M2-like
gene expression signature, consistent with their reparative phenotype. Knockout of the receptor that
skews macrophages towards an M2 phenotype, IL4RA, resulted in impaired regeneration. Additional
experimentation suggested that IL13 derived from ILC2s may contribute to M2 polarization during
lung regeneration. Taken together, these data suggest a critical role for recruited M2 macrophages
in alveolar regeneration. Although the full panel of mediators that macrophages secrete to induce
alveolar regeneration remains to be determined, a couple of studies have elucidated a role for
macrophage-derived mediators in ATII cell proliferation. One elegant study several years ago
suggested that macrophage-derived TNFα stimulates ATII cell production of Granulocyte-macrophage
colony-stimulating factor (GM-CSF), which induces ATII cell proliferation via autocrine signaling [33].
A more recent study suggested that macrophage TFF2 signaling induced expression of Wnts,
which promote ATII cell proliferation [34].
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7. Cdc42

In a series of studies, Nan Tang et al. demonstrated that mechanical tension induced by
pneumonectomy results in actin polymerization and spreading of regenerating ATII cells [26].
Under these circumstances, ATII cell-specific deletion of Cell division control protein 42 homolog
(Cdc42) inhibited ATII cell proliferation and actin polymerization [26,35]. Moreover, Cdc42 deficient
ATII cells fail to differentiate into ATI cells [35]. In fact, the investigators observed that new alveoli
failed to form after pneumonectomy, resulting in an enlargement of existing alveoli. Eventually, these
mice developed fibrosis, linking a failure of ATI cell regeneration to fibrosis.

8. Etv5 Signaling

The ETS family transcription factor ETV5, previously implicated in lung development [36],
was recently shown to be necessary for ATII cell proliferation and the maintenance of ATII cell identity
in the adult lung. ETV5 deficiency induced ATII-to-ATI cell differentiation both in vitro and during
homeostasis in vivo [37]. In the bleomycin model of lung injury, Etv5 deficiency resulted in impaired
ATII cell proliferation with enhanced ATII-to-ATI cell differentiation. Etv5 deficiency also reduced
ATII cell proliferation in the Kras model of lung cancer. ChIP-seq identified Etv5 binding sites in
the promoters of ATI and ATII cell genes but the specific genes that were enriched and whether the
regulation of gene expression is direct is unknown.

9. TGFβ

To identify additional candidate signaling pathways that may regulate ATII-to-ATI cell
differentiation, we performed single cell RNA sequencing on lineage tagged ATII cells during
regeneration in the LPS model of lung injury [38]. We identified three transitional cell states:
(1) proliferating ATII cells indicated by high expression of cell cycle markers such as mKi67 and Pcna,
(2) an intermediate cell state characterized by high expression of markers of cell cycle arrest such as
p15 and p53 as well as downregulation of ATII cell markers and modest upregulation of ATI cell
markers, and (3) differentiating ATII cells characterized by further upregulation of ATI cell markers
than approaches that of mature ATI cells. Other groups subsequently identified a similar intermediate
cell state in various models of regeneration [35,39–41], strongly suggesting that the mechanisms of
regeneration are conserved regardless of the type of initial injury. Further interrogation of the gene
expression profiles of these transitional cell states, including pathway analysis, revealed activation of
specific pathways. Specifically, TGFβ signaling was low in the proliferating cells, highly upregulated
in the intermediate cells state, and then downregulated in differentiating cells. Additional in vitro
experiments suggested that TGFβ signaling is necessary to induce proliferating cells to exit the cell
cycle but subsequent downregulation of TGFβ may promote differentiation. However, the role of
TGFβ in alveolar regeneration in vivo and the function of the many other pathways identified by
the scRNAseq studies requires additional investigation. The pathogenesis of pulmonary fibrosis is
widely believed to arise from ineffectual regeneration of the alveolar epithelium after injury, although
the specific regenerative defect has been unknown. Since pulmonary fibrosis is characterized by
hyperplasia of alveolar epithelial cells with a morphology that is transitional between ATII and ATI
cells and is driven by unchecked TGFβ activation, we hypothesized that the specific regenerative defect
driving fibrosis may be an arrest in the ATII-ATI intermediate state. We confirmed the persistence
of this intermediate state in both the bleomycin mouse model of pulmonary fibrosis and in human
pulmonary fibrosis [42].

10. Limitations

Despite the recent progress made in studies of ATII-to-ATI differentiation, several experimental
limitations must be discussed. One experimental constraint stems from the difficulty of isolating the
differentiation stage in in vivo models of regeneration. As mentioned, ATII cell proliferation typically
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precedes ATII-to-ATI cell differentiation. In most of the studies discussed above, gene deletion was
induced prior to injury, thus, any effect observed on the rate of differentiation may be confounded
by an effect on the preceding proliferation phase. In other words, if gene knockout impairs both
proliferation and differentiation, it may be hard to discern whether this gene plays a direct role in
differentiation or whether the impaired differentiation is a consequence of impaired proliferation.
Of course, this assumes that ATII-to-ATI cell differentiation requires a preceding round of replication;
the extent to which ATII-to-ATI cell differentiation might occur with a preceding round of replication
is unknown.

Another limitation lies in the methods for quantification of proliferation and differentiation.
Many commonly used models of lung injury are characterized by quite mild ATI cell loss and
regeneration. The percent of ATI cells that are regenerated by ATII cells at the end of regeneration
is approximately 3%–4% [20,21]. This is presumably the percent of ATI cells that were lost during
injury (unless non-ATII cell progenitors differentiate into ATI cells). Given the low degree of ATI
cell injury and regeneration, it is difficult to study the effects of interventions such as gene knockout
or drugs. Highly accurate and high throughput techniques are necessary to discern a decrease in
ATI cell differentiation below an already low level. In more severe injury models, the degree of ATI
cell loss and regeneration may be slightly higher but is typically accompanied by loss of ATII cells,
which is the cell type of interest, and this can lead to the mobilization of alternate progenitors [8,9],
further confounding interpretation. A final issue relates to the quantitation of proliferation and
differentiation in an unbiased manner. The above discussed studies use many different methods to
quantify proliferation and differentiation. Many studies assess ATII cell proliferation by counting
cell profiles per high power field or by the number of cells detectable by flow cytometry after lung
digest, methods that are subject to bias [43]. Most studies quantitate ATII-to-ATI cell differentiation
using images captured by fluorescent microscopy of tissue stained for a membrane ATI cell protein.
The resolution of fluorescent microscopy, even confocal, is low enough that individual ATI cells cannot
be counted. To overcome this limitation, many researchers measure the surface area of the labeled
cells as they appear in cross section. Differentiation is then quantitated as the percent of total ATI
cells that are lineage labeled. This is a reasonable approach if the denominator, the total ATI cells,
remains constant, which may or not be the case in inflammatory lung injury but is not the case during
compensatory regrowth after pneumonectomy in which new septa are created. Use of flow cytometry
to count ATI cell number, which has been used, is likely to be quite inaccurate due to the difficulty
recovering intact ATI cells after lung injury. Although counting ATII or ATI cell number [43] and
measuring the actual surface area of ATI cells [21] by stereology may be the most unbiased approach
available, this method requires specialized expertise and is tedious. Ideally, investigators in the field
would use a common methodology that is accurate but also high throughput enough to detect small
differences. In the meantime, it is important that investigators understand and recognize the biases
inherent to the approaches they use.

11. Future Directions

In summary, based on solid studies, it appears that YAP/TAZ, Cdc42, Notch, BMP, TGFβ, and Etv5
signaling pathways are involved in the regulation of ATII-to-ATI cell differentiation during alveolar
regeneration. In the future, additional research should be done to better understand this regulation.
First, in most cases, the upstream stimuli that activate these pathways are unknown. In the case of
the pneumonectomy model, mechanical tension is the trigger for Cdc42 and YAP activation, but it is
unknown what might activate YAP/TAZ signaling in other models of lung injury. As discussed above,
the signals that induce Dlk1 upregulation should ultimately be investigated and a unified picture of
how these signals integrate with the other pathways involved will emerge. Kras activates Etv5 in lung
cancer but it remains to be determined whether this is the critical stimulus in lung injury. In lung
injury, the critical limiting step for TGFβ signaling may be at the level of activation of the ligand from
its inactive form by integrins [44], but what induces that process is still unknown. The triggers for BMP
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and Notch signaling remain unclear. Moreover, although these key pathways have been identified,
the mechanisms by which they induce ATI cell differentiation are unknown. Many of these pathways
cells change in transcription, but it is unknown whether ATI cell markers are direct transcriptional
targets or whether other target genes trigger additional signaling pathways that ultimately induce
differentiation. Additionally, as alluded to, ATI cell differentiation entails extensive changes in both
gene expression and cell morphology. The mechanisms by which the identified molecular signals
regulate these changes in gene expression and cell morphology in a coordinated manner remains to
be determined.

In addition, although there is now strengthened understanding of the other individual pathway
mechanisms, the sequence of these signals—whether pathways are downstream, upstream, or parallel
relative to one another—is still largely unknown. As more work is done, it will become clear how
these various pathways interact with each other in a coordinated manner to drive differentiation.
Taken together, the work of Nan Tang et al. demonstrates that Cdc42 is upstream of YAP signaling [26,35].
YAP/TAZ signaling is known to negatively regulate Wnt/β-catenin signaling [25], and Wnt/β-catenin
prevents ATI cell differentiation; thus, it is possible that one mechanism by which YAP/TAZ drives ATI
cell differentiation is via β-catenin inhibition.

It is interesting that several of the transcriptional pathways identified, β-catenin, TGFβ, and Etv5,
actually inhibit differentiation and must be withdrawn to permit differentiation. Whether there
is a common factor, e.g., epigenetic, that synchronizes the downregulation of these pathways,
thus driving ATI cell differentiation, could be explored. Moreover, this suggests, as some have
noted, that differentiation may be the default process, with active signaling required to maintain the
progenitor state. This notion is supported by the concept of the ATII cell niche maintaining the ATII
cell phenotype, with removal from the niche resulting in ATI cell differentiation [1,14]. Consistent with
this notion is the well-established observation that ATII cells isolated from the organism differentiate
into ATI cells by default in culture without specific and aggressive interventions to maintain the
ATII cell phenotype [45–48].

Future studies that explore mechanisms of cell-cell crosstalk in the context of alveolar epithelial
cell differentiation are warranted. In this regard, the demonstration that recruited monocyte-derived
macrophages play a critical role was a seminal finding. The mediators that M2 macrophages produce,
which stimulate ATII cell proliferation and/or differentiation, are yet to be determined. In addition,
although this study did not find a role for T and B cells, it is highly possible that other immune
cell populations are also involved. Other studies have identified prominent roles of immune cells
in ATII cell proliferation [49,50]; whether they also regulate ATII-to-ATI cell differentiation should
be explored. The mediators used by macrophages or other immune cells to drive ATII-to-ATI cell
differentiation and whether these may be some of the known mediators discussed above should be
investigated. Fibroblasts were identified to be a source of BMP during regeneration [23] and a source
of Wnts during homeostasis [14,15]. The cellular source of Notch and TGFβ ligands could be studied,
as could the mechanisms that trigger these cells to produce these ligands. In summary, future studies
should investigate the initiation of the signaling pathways identified to regulate ATI cell differentiation,
and whether cell communication is coordinated via juxtacrine, paracrine, or autocrine signals.

Future translation of these studies into human tissues and subjects is also warranted. Ineffective
alveolar regeneration is thought to underlie the pathogenesis of acute and chronic lung diseases.
Once the mechanisms of normal alveolar regeneration are understood, we must begin to understand
how these go awry during the pathogenesis of lung disease. We and others recently uncovered a novel
transitional state occurring during ATII-to-ATI cell differentiation, with evidence to suggest that
persistence of this state occurs in human pulmonary fibrosis [35,39,42]. However, additional studies to
understand why this transitional state persists, how this leads to fibrosis, and whether and how the
exit from this transitional state towards terminal differentiation impacts fibrosis must be performed.
In addition, the ways in which the pathways now implicated in physiologic ATI cell differentiation,
Notch, YAP/TAZ, etc. may become hijacked during the development of chronic lung disease should be

7



Int. J. Mol. Sci. 2020, 21, 3188

investigated. Biorepositories of fixed human diseased lung tissue are a critical resource. Banked frozen
human ATII cells can be cultured in standard two-dimensional cultures [47,51] or in three-dimensional
organoids [52]. In addition, the culture of precision-cut human lung will allow examination of ATII cell
behavior in its native state in the alveolus [53]. Ultimately, drugs that target the individual pathways
or common convergent pathways may be used as clinical treatments to promote epithelial repair and
prevent lung disease in instances of excessive lung damage.

12. Conclusions

We know that in the lung, ATII epithelial progenitors are recruited during alveolar regeneration
to replace lost ATI—and sometimes ATII—cells. Although we understand that the process of alveolar
regeneration occurs in proliferation and differentiation stages, our understanding of the mechanisms
of differentiation is still in its infancy. Recent studies have significantly advanced our understanding of
some signaling mechanisms shown to be involved in ATII-to-ATI differentiation. Signaling pathways
shown to play a role in ATII-to-ATI cell differentiation include BMP, Notch, TGFβ, β-catenin, Etv5,
Cdc42, and Yap/Taz (Figure 1). Cells present in the alveolus that appear to contribute to ATI cell
differentiation include fibroblasts and monocyte-derived macrophages.

These various signaling pathways have all been shown to be involved in alveolar regeneration,
with various mechanistic steps from each pathway likely interacting with one another to control
differentiation. These investigations establish the foundation for further studies in this field. Using this
understanding of the signaling pathways behind ATII-to-ATI differentiation during alveolar repair,
similar studies can be devised to understand the interaction between these various mechanisms in
coordination to control differentiation. Additionally, a strengthened understanding of these molecular
pathways involved in differentiation may lead to development of new clinical treatments that accelerate
lung repair in individuals with excessive lung damage.

 

Figure 1. The alveolar epithelium consists of ATI and ATII cells. ATI cells are very susceptible to injury.
ATII cells regenerate ATI cells. ATII cells proliferate and then differentiate into ATI cells. Many pathways
have been identified that promote ATII cell proliferation: KGF [16], HGF [17,54], EGF [19,20], GM-CSF [33],
FoxM1 [10], Wnt/β-catenin [13–15], Etv5 [37], and YAP/TAZ [24,26], whereas downregulation of BMP
signaling induces proliferation [23]. Recent studies suggest that multiple pathways are also involved
in ATII-to-ATI cell differentiation: YAP/TAZ [24,26], Cdc42 [35], and BMP [23] promote differentiation,
whereas Wnt/β-catenin [14,15], Etv5 [37], and Notch [22] maintain the ATII cell phenotype. We recently
identified a novel transitional state through which ATII cells pass as they differentiate into ATI cells [38].
Our data suggested that TGFβ promotes cell cycle exit and entry into the transitional state, whereas TGFβ
downregulation permits terminal differentiation. Further studies are necessary to confirm these findings and
elucidate how these pathways intersect in a coordinated manner to regulate ATII-to-ATI cell differentiation.
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Abstract: Individuals ascending rapidly to altitudes >2500 m may develop symptoms of acute
mountain sickness (AMS) within a few hours of arrival and/or high-altitude pulmonary edema
(HAPE), which occurs typically during the first three days after reaching altitudes above 3000–3500 m.
Both diseases have distinct pathologies, but both present with a pronounced decrease in oxygen
saturation of hemoglobin in arterial blood (SO2). This raises the question of mechanisms impairing
the diffusion of oxygen (O2) across the alveolar wall and whether the higher degree of hypoxemia
is in causal relationship with developing the respective symptoms. In an attempt to answer these
questions this article will review factors affecting alveolar gas diffusion, such as alveolar ventilation,
the alveolar-to-arterial O2-gradient, and balance between filtration of fluid into the alveolar space
and its clearance, and relate them to the respective disease. The resultant analysis reveals that in both
AMS and HAPE the main pathophysiologic mechanisms are activated before aggravated decrease in
SO2 occurs, indicating that impaired alveolar epithelial function and the resultant diffusion limitation
for oxygen may rather be a consequence, not the primary cause, of these altitude-related illnesses.

Keywords: high-altitude pulmonary edema; acute mountain sickness; oxygen diffusion limitation

1. Introduction

Acute mountain sickness (AMS) and high-altitude pulmonary edema (HAPE) can develop within
hours to days after arrival at high-altitude. Although AMS and HAPE are diseases with different
pathologies, data from studies performed at the Capanna Regina Margherita at an altitude of 4559 m
in the Monte Rosa mountain range, where speed and time-course of ascent were always standardized
to minimize the impact of confounding factors, show that one to two days after ascent subjects
suffering from AMS and/or HAPE shared a significantly higher degree of hypoxemia than individuals
tolerating this altitude well. In fact, in both altitude illnesses the arterial oxygen saturation (SO2) was
approximately 10% lower than in the healthy individuals at an altitude of 4559 m at the Capanna
Margherita (AMS: e.g., [1]; HAPE: e.g., [2]), where the similarity in the magnitude of decrease is
likely pure coincidence. The aggravated decrease in SO2 can be caused by a variety of mechanisms,
including impaired ventilation, which might result in decreased alveolar PO2, hindrance of oxygen
diffusion from the alveolar space into blood due to alveolar and interstitial edema, ventilation/perfusion
mismatch, and altered oxygen affinity of hemoglobin. However, it is unclear whether the decreased
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SO2 is a prerequisite for causing high-altitude illness, or whether it is a consequence that rather
aggravates severity.

Studies on the pathophysiology of AMS and HAPE have been performed on mountaineers after
(rapid) ascent to altitudes >3000 m by driving, using a cable car, going on foot, and their combinations,
most of which quite closely resemble mountaineering and high-altitude tourism. Studies have also
been performed in chambers where in most instances exposure to normobaric hypoxia begun instantly
by just stepping into a pre-adjusted hypoxic atmosphere. Both approaches have their advantages and
disadvantages. Chamber studies allow for exactly-timed laboratory and clinical assessments under
tightly controlled laboratory conditions. They also allow use of equipment that is not available in
many high-altitude settings. By contrast, results from field studies are of course most relevant for
mountaineering but are often affected by confounding factors like the physical effort of climbing a
mountain, the slowly raising degree of hypoxia during the ascent, and (adverse) weather conditions.
Thus it is possible that pathophysiologic mechanisms causing AMS and HAPE are different in field and
laboratory conditions. Despite this possible limitation, data from these two situations will be combined
in this review in order to obtain a timeline of the development of AMS and HAPE and to compare
the early phase (hours, chamber studies) with the later phase (days) in field/mountain conditions.
This approach might help dissect different pathophysiologic mechanisms and clarify the possible
involvement of the alveolar epithelium and lung fluid balance in the pathogenesis of these diseases.

2. High-altitude Pulmonary Edema

HAPE typically occurs 24 to 72 h after rapid ascent to altitudes higher than 3000 m (for a
comprehensive review see [3]). The incidence is approximately 5% in non-selected, not-acclimatized
individuals after ascent to 4559 m [4,5]. Slow ascent rates and pre-acclimatization decrease the risk of
occurrence, while the prevalence is highly increased (>60%) in individuals with HAPE during previous
exposures to high-altitude indicating individual susceptibility [6].

Clinical symptoms of HAPE are dyspnea during exercise and later also at rest, cyanosis and
hypoxemia, gurgling, and white, and as the illness progresses, pink, frothy sputum. X-ray images of
the thorax show visible infiltrates [7]. Doppler-echocardiographic [8] and right-heart catheter [9,10]
evaluations indicate exaggerated hypoxic pulmonary vasoconstriction (HPV) and increased capillary
pressure [10] caused by venoconstriction or uneven distribution of blood flow [10,11]. Broncho-alveolar
lavage fluid contains significant numbers of blood cells and plasma proteins but lacks typical
inflammation markers [12], indicating that the alveolar leak is induced by high pressure rather than
by inflammation [4]. This notion is supported by the fact that HAPE can be prevented by decreasing
pulmonary arterial systolic pressure (sPAP) with, for example, nifedipine [13] and tadalafil [2].
The reasons for the exaggerated pressure response in HAPE-susceptible individuals have not been fully
explored. They might include mechanisms decreasing the PO2 at the pulmonary micro-vasculature,
such as impaired ventilation and oxygen diffusion, where the diffusion limitation might be caused by
an imbalance between filtration and alveolar fluid reabsorption, but might also be based on altered
sensitivity to hypoxic vasoconstriction and vasodilatory mechanisms.

2.1. HAPE and Ventilation

Changes in ventilation upon exposure to hypoxia follow a distinct pattern [14], showing fast
stimulation followed by ventilatory decline within minutes, after which ventilation increases in the
course of the next few hours and days (ventilatory acclimatization). Oxygen saturation during exposure
changes accordingly. The degree of stimulation of ventilation is often used to test the sensitivity of the
ventilatory drive in hypoxia. However, this test often covers only the early phase of stimulation of
ventilation by hypoxia because the test procedure often lasts less than 10 min. Hohenhaus et al. [15]
have shown that in the early phase of ventilatory adjustments to hypoxia, HAPE-susceptibles have
a decreased isocapnic hypoxic ventilatory response (HVR) at rest, which persists during exercise.
Ventilation was found to be increased by 1.5 L/min per percent decrease in SO2 in healthy controls but
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only by 0.8 L/min in HAPE-susceptible individuals. Both at rest and during exercise there was also
a tendency towards lower poikilocapnic HVR in HAPE-susceptibles [15]. Thus it is possible that a
blunted hypoxic ventilatory drive results in a decreased alveolar PO2 relative to healthy individuals.
This would result in an even further decreased PO2 at pulmonary arterial smooth muscle cells and
subsequently exaggerated hypoxic vasoconstriction, which is a hallmark of HAPE-susceptibility [13].

It is interesting to note that despite decreased HVR arterial partial pressure of carbon dioxide
(PCO2) was not increased in HAPE-susceptibles at high-altitude (4559 m) but tended to be slightly
decreased [2]. Similarly, during 2 h of exposure to normobaric hypoxia equivalent to 4559 m of altitude
HAPE-susceptibles showed decreased end-tidal PCO2 (Figure 1). Together these results on PCO2

obtained in poikilocapnic conditions after 10 min to 2 h of exposure to a constant level of hypoxia
indicate stimulated rather than blunted ventilation upon exposure to hypoxia for hours to days, which
is in contrast to the decreased isocapnic HVR mentioned above during the HVR-test [15]. It might be
that the difference in time course of reaching certain levels of hypoxia and the duration of exposure to
hypoxia explains this discrepancy. A hyperventilation induced decrease in PCO2 might to some extent
protect from exaggerated hypoxic pulmonary hypertension because low PCO2 acts as a vasodilator on
pulmonary arteries [16], but effects of CO2 on HAPE-susceptibility have not been studied. Together
these results show that alveolar ventilation is not abnormally low in HAPE-susceptibles during
prolonged exposure to hypoxia and that a low alveolar PO2 is not the reason for more pronounced
hypoxemia and exaggerated HPV.

Figure 1. Time-course of decrease in partial pressure of carbon dioxide (PCO2) in controls and
high-altitude pulmonary edema –susceptibles (HAPE-S) in hypoxia. The decrease in PCO2 was
calculated as the difference between normoxia and the time-points in hypoxia for the respective studies.
Data for normobaric hypoxia (equivalent to 4550 m) are so far unpublished end-tidal PCO2 values from
15 controls and 17 HAPE-S from a study on the time course of change in systolic pulmonary arterial
pressure reported in acute hypoxia reported in [17]). Data on high-altitude at the Capanna Margherita
(4559 m) represent the arterial PCO2 on day 2 of the sojourn from 10 controls and 9 HAPE-S from a
study reported in [2]. Mean values ± standard deviation. N normoxia; * indicate significant difference
between controls and HAPE-susceptibles.

2.2. HAPE, Alveolar Fluid Clearance, and Pulmonary Arterial Hypertension

Small amounts of fluid can easily be removed from the alveolar surface. This reabsorption is
driven by an osmotic gradient generated by the reabsorption of Na+ across the alveolar epithelium,
where Na+ passively enters alveolar epithelial cells via epithelial Na-channels (ENaC) inserted into
the apical plasma membrane. Na+ is then removed actively across the basolateral membrane by the
Na/K-ATPase in exchange with K+ [18]. Hypoxia of cultured primary alveolar epithelial cells inhibits
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active Na-reabsorption [19] by decreasing mRNA [20,21] and surface expression of both ENaC [22,23]
and of the Na/K-ATPase [24]. Also the removal of fluid instilled into the lung was blunted when rats
had been exposed to hypoxia [21,25,26], resulting in pulmonary edema indicated by increased lung
water content of hypoxic rats. Measurements of alveolar reabsorption on ex-vivo human lungs have
also been performed showing ENaC and Na/K-ATPase mediated active reabsorption [27], similar to
rat lungs, but the effects of hypoxia have not been studied. In vivo measurements of reabsorption on
the human lung are difficult. Indirect evidence can be derived from changes in the protein content of
broncho-alveolar lavage fluid, which indicated a significant role of fluid clearance on clinical outcome
of patients with acute respiratory distress syndrome (ARDS) [28]. However, rates of water flux cannot
be quantified with this method. This approach is not applicable to HAPE because of increased filtration
of protein-rich fluid, whereas epithelia appear tight to protein in healthy individuals [12].

Based on these findings on the relation between active Na-reabsorption and pulmonary edema in
rats it appears possible that alveolar Na+ reabsorption also plays a role in HAPE. Thus, a high basal
activity of reabsorption would compensate excessive fluid accumulation caused by enhanced filtration,
whereas insufficient reabsorption activity might promote alveolar edema [29].

Indirect evidence suggests that HAPE-susceptibles might have decreased Na-reabsorption in
the lung. However, measurements were not possible at the alveolar epithelium, but at the nasal
mucosa. This technique has been used to diagnose defective Cl-transport in cystic fibrosis [30,31],
where the activity of Cl-secretion is decreased due to genetic variations of a Cl-channel called cystic
fibrosis transmembrane regulator (CFTR) [32]. Use of this method on HAPE-susceptible subjects
showed that the potential difference across the nasal mucosa (NPD) was lower in HAPE-susceptibles
than in non-susceptibles in normoxia at low altitude [33]. Later, we confirmed this result [34] and
also showed that the portion of the NPD caused by active Na-transport was lower, and that nasal
epithelial Na-transport decreased even further at high-altitude (4559 m). If in fact these results
indicate decreased Na-reabsorption in the alveoli, then exposure to hypoxia might start a vicious
cycle in HAPE-susceptibles: hypoxic vasoconstriction increases fluid filtration into the alveolar space
and intrinsically low Na-reabsorption in combination with hypoxic inhibition of transepithelial ion
transport causes alveolar fluid accumulation. This further impairs oxygen diffusion and aggravates
hypoxic pulmonary vasoconstriction. In sum, these events will eventually end in full-blown HAPE.

Indirect evidence for a protective role of an increased activity of Na-transport comes from
treatment studies, where the inhaled β-adrenergic agonist salmeterol [33] and oral dexamethasone [2],
both strong stimulators of alveolar epithelial reabsorption [21,35,36], significantly reduced the incidence
of HAPE in HAPE-susceptible individuals. However, neither of these studies presented evidence for
treatment-induced improvement of Na- and water-reabsorption. Furthermore, arguments for beneficial
effects of improved alveolar reabsorption on pulmonary vascular tone in hypoxia are contradictory.
Sartori et al. [33] found a pronounced improvement of arterial SO2 and PO2 in HAPE-susceptibles
who received inhaled salmeterol during ascent and at high-altitude (4559 m) in comparison with a
placebo group. Importantly, the treatment significantly reduced the incidence of HAPE in susceptible
individuals. Yet, exaggerated sPAP did not decrease. For this reason the authors claimed that impaired
alveolar Na-transport may cause HAPE-susceptibility, whereas improved Na-transport protects from
HAPE [33]. However, this hypothesis has to be put into question. Less-severe hypoxic pulmonary
arterial vasoconstriction and thus lower sPAP would be expected when stimulated reabsorption
improves oxygenation. In fact, the authors of this study themselves published decreased sPAP in
HAPE-susceptibles at high-altitude with salmeterol-inhalation in an abstract [37]. The discrepancy
between results in the abstract [37] and their paper [33] has never been resolved. By contrast, oral
dexamethasone [2] improved oxygenation and significantly decreased sPAP in HAPE-susceptibles.
However, the action of this drug is not specific enough to conclude that stimulated alveolar reabsorption
was the sole reason for improvement.

Along these lines, an interesting experiment has been performed on rats [38], where an aerosol
containing the ENaC-inhibitor amiloride was administered to normoxic anesthetized rats at a dose that
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decreased alveolar fluid reabsorption by approximately 50%. This resulted in a significant increase
in lung water within the first hour, decreased femoral arterial PO2, and increased right ventricular
pressure. This finding is in accordance with the above mentioned hypothesis. However, although
showing increased lung water and elevated right ventricular pressure also in hypoxic rats, this study
did not demonstrate additivity of amiloride and hypoxia, a situation supposed to mimic the situation of
HAPE-susceptibles, that is, intrinsically low Na-transport and hypoxic inhibition of reabsorption. Lack
of additivity weakens the argument of a role of impaired Na-reabsorption as a cause of exaggerated
hypoxic pulmonary vasoconstriction.

2.3. Oxygen Saturation and Pulmonary Vasoconstriction

If lung water and subsequent impairment of oxygen diffusion for whatever reason were the only
mechanism accounting for exaggerated pulmonary arterial vasoconstriction then the increase in sPAP in
HAPE might be estimated from the relation between SO2 and sPAP in healthy individuals determined
by Luks et al. [39]. In this study arterial SO2 was varied by having subjects breathe hyperoxic and
hypoxic gas mixtures both at sea level and at different locations at high-altitude. Their results indicate
that the mean tricuspid-valve pressure gradient (TVPG) was higher at a given SO2 at the Everest
Base Camp than at sea level, which may indicate some vascular remodeling during the slow ascent
to high-altitude. However, the slope of the relationship between SO2 and TVPG was the same at
either location indicating that the responsiveness to oxygen had not changed. Their results showed an
increase in sPAP of approximately 6 mmHg per decrease in SO2 of 10% (Figure 2 in [39]). Applying this
relation to studies performed in the Capanna Margherita (4559 m), a decrease in SO2 by 15%, which is
quite normal at this altitude, would cause an increase in sPAP by approximately 9 mmHg, which is
slightly less than measured values. The additional decrease in SO2 of approximately 10% found in
HAPE would therefore account for an additional increase in sPAP of approximately 6 mmHg. However,
sPAP values measured in HAPE are much higher, reaching values up to 100 mmHg. Furthermore,
there appears to be no clear relation between sPAP and SO2 in HAPE (Figure 2).

Figure 2. Lack of correlation between systolic pulmonary arterial pressure (sPAP) and SO2 in HAPE.
Individual values from published studies [2,12,40,41], which had all been performed at the Capanna
Margherita (4559 m), where subjects ascended by cable car to an altitude of 3200 m and climbed then
to the Capanna Gnifetti (3600 m) in the afternoon and spent the night at this altitude. On the next
morning they climbed to the Capanna Margherita (4559 m), where they spent two nights.

Also results from short-term exposure to normobaric hypoxia point to altered vaso-reactivity
in HAPE-susceptibles independent of differences in SO2. Dehnert et al. [17] have shown that sPAP
was significantly higher in HAPE-susceptibles than in controls as early as 10 min after exposure to
hypoxia, and that this gap widens with prolonged hypoxic exposure. At this early time-point there
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was no difference in SO2 (Figure 3) between these two groups indicating no diffusion limitation for
oxygen and thus no accumulation of significant amounts of edema-fluid in the alveoli. Together these
results point to some mechanism intrinsic to vascular smooth muscle cells exaggerating the pressure
response in HAPE-susceptibles and that the diffusion limitation for oxygen is the consequence but not
the initial trigger for HAPE. Mechanisms are not fully understood. It is unclear, to which extent an
inhomogeneity of pulmonary vasoconstriction contributes to this setting [11,42]. Prevention of HAPE
with tadalafil [2] and nifedipine [13,43] indicate altered NO-, cGMP-, and Ca-signaling. Interestingly,
HAPE-susceptibles show impaired reactivity of peripheral arteries to the vasodilator acetylcholine
in hypoxia, but not in normoxia, which might point to endothelial dysfunction and supports this
notion [44], which might point to altered function of voltage-sensitive potassium channels. Lung
vascular reactivity has not been studied using a similar approach.

Figure 3. Time course of change in SO2 (A) and sPAP (B) in controls and HAPE-susceptibles (HAPE-S)
during normobaric hypoxia (0–2 h) and at the Capanna Margherita (4559 m). Data on short-term
normobaric hypoxia are from 15 controls and 17 HAPE-S from the study reported in [17], those from
exposure to high-altitude (4559 m) are from 10 controls and 9 HAPE-S from reference [2]. In both
studies, systolic pulmonary arterial pressure (sPAP) has been measured by Doppler echo-cardiography.
Oxygen saturation (SO2) was measured by pulse-oximetry. Mean values ± standard deviation; N:
normoxia; * indicates difference between controls and HAPE.
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3. Acute Mountain Sickness (AMS)

AMS may occur within the first 5 to 12 h after ascent to altitudes >2500 m with a prevalence of
up to 25% below 3000 m. Prevalence is much higher at higher altitudes (e.g., ~50–85% at altitudes
between 4500 and 5500 m) [6]. As with HAPE, slow ascent and pre-acclimatization decrease the risks,
whereas individual susceptibility, that is, AMS in previous sojourns at high-altitude, increases the risk
of developing AMS [45].

Symptoms are subjective. They are best evaluated with scoring systems like the Lake Louise score
and the Environmental Symptoms Questionnaire (ESQ; AMS-C) [46,47]. The leading symptom of AMS
is headache [48]. Accompanying symptoms are light-headedness, dizziness, loss of appetite, nausea,
vomiting, fatigue, lassitude, trouble sleeping, and peripheral edema [49]. Successful prevention with
acetazolamide and dexamethasone [6] allows no clear conclusion on the pathophysiology.

Many studies report decreased SO2 in hypoxia in individuals suffering from AMS in comparison
with healthy controls, some of which suggest that decreased SO2 might be predictive of AMS
(e.g., [1,50–54]). However, even in healthy individuals there is great variability in SO2 at high-altitude,
which challenges this argument. Nevertheless, this finding raises the questions whether diffusion
limitation for oxygen and the resulting aggravated hypoxemia are causal for the disease, and which
mechanisms explain impaired oxygen diffusion.

3.1. AMS and Ventilation

As mentioned above, the degree of stimulation of ventilation is often measured as an indicator of
the sensitivity of ventilatory control in hypoxia. Performing such tests on AMS-susceptible individuals
provided varying results: no difference in the acute hypoxic ventilatory response (HVR) between
controls and individuals who later developed AMS at 4559 m was found when exposure to hypoxia
during the testing procedure was very short [15,55]. Extending exposure to the different levels of
oxygen to 20–30 min, that is when hypoxic ventilatory depression can be expected to occur [14],
a significantly lower SO2 was found in AMS-susceptible individuals in comparison to controls [50],
which might indicate enhanced ventilatory depression in AMS. Also on days one to three at the
Capanna Margherita (4559 m), Bärtsch et al. [55] found that poikilocapnic HVR did not increase in
individuals who developed AMS, which one would have expected from the time course of ventilatory
acclimatization and what had actually been found in healthy controls in this study [55]. Interestingly,
end-tidal PCO2 was no different between controls and AMS despite the decreased HVR. Importantly,
alveolar PO2 calculated from published data (Table 3 in [55]) using the alveolar gas equation was also
no different, indicating that alveolar PO2 was within the normal range for this specific altitude. These
results indicate normal (for the altitude) alveolar ventilation in AMS despite differences in HVR, which
indicates that the diffusion limitation for oxygen cannot be caused by decreased alveolar PO2.

3.2. Lung Water Content and AMS

Bärtsch et al. [55] also report a higher alveolar-to-arterial oxygen difference (AaDO2) in those with
severe AMS. Because of normal (for the altitude) alveolar PO2 this result indicates a diffusion limitation
for oxygen resulting in decreased SO2 in AMS, which might be due to interstitial and/or alveolar
edema. Extravascular lung water estimated from radiological and clinical tests and by measuring the
closing volume was found to be higher in individuals with increased AMS-scores but without signs of
HAPE at the Capanna Margherita (4559 m) [56]. However, in this study no difference in SO2 was found
between individuals with and without indications of subclinical edema [56]. In a study performed at
3810 m, a small but significant association between AMS and lung water assessed with the B-line score
from ultrasound measurements was reported [57]. However, also in this study there was no significant
correlation between the B-line score and the change in SO2. This is surprising because a small increase
in lung water is already thought to be sufficient to impair oxygen diffusion. This is in contradiction
with the direct relation between the Lake Louise score and the AaDO2 mentioned above [55].
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The reason for increased lung water in AMS is not clear. Increased filtration of fluid due to
elevated capillary pressure and increased permeability, impaired lymphatic drainage, and impaired
alveolar clearance might all contribute. Results on most of those mechanisms are scarce. Indirect
evidence for increased filtration can be derived from a significant correlation between decreased SO2

in acute hypoxia and at high-altitude and increased sPAP in healthy individuals [39]. Based on an
approximately 10% lower SO2 in AMS on day 2 at the Capanna Margherita (4559 m) [55], one might
expect an elevation in sPAP in AMS too. Plotting (Figure 4) the results from the placebo group from
a study performed at the Capanna Margherita (4559 m) showing that inhaled budesonide did not
prevent AMS [41] indicates that the dependency of sPAP on SO2 was the same in healthy controls and
in subjects with AMS and that this relation was very similar to the one reported by Luks et al. for
healthy individuals [39]. In this study, SO2 was approximately 8% lower in AMS (p < 0.001), while
sPAP was only 3 mmHg higher in AMS than in healthy individuals (p = 0.117). In a study performed
at 3450 m in the Jungfraujoch Research Station on a possible protective effect of remote ischemic
preconditioning [58], there was no significant difference in SO2 (0.386) and in sPAP (p = 0.934) between
healthy subjects and those with AMS from the placebo group on the first morning after ascent. While
on day three at high-altitude the difference in SO2 between controls and AMS was increased slightly
(+3%; p = 0.041), there was no difference in sPAP between both groups. This indicates that despite
clear symptoms of AMS (Lake Louise score >4 and AMS-C >0.7) there was only a mild impairment
of oxygen diffusion at this altitude. The degree of hypoxia at 3450 m might have been too small to
allow the detection of a difference in sPAP between controls and AMS with typical clinical approaches.
Another reason might be the mode of ascent: while subjects ascended to the Capanna Margherita
(4559 m) on foot, ascent to the Jungfraujoch Research Station (3450 m) occurred by train and lasted
only 2 h, which raises the question of a possible impact of physical exercise on the degree of AMS and
other physiological and clinical parameters.

Figure 4. Relation between sPAP and SO2 in acute mountain sickness (AMS) and in healthy controls.
Individual values from the placebo-group of a study on effects of ischemic preconditioning performed
at 3450 m at the Jungfraujoch Research Station [58] and from the placebo group of a study on effects
of inhaled budesonide at the Capanna Margherita (4559 m) [41]. Data split by AMS have not been
reported in these publications. Ascent to 3450 m was by train, to 4559 m by cable car and climbing
(see legend to Figure 1). Open circles are the mean values reported in [39], for comparison.

It is unclear whether increased lung water indicated by decreased SO2 in some studies is a
requirement for the occurrence of AMS. Looking at earlier time points is necessary to answer this
question, which is only possible by comparison of results from high-altitude with chamber studies
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performed at equivalent degrees of hypoxia. Figure 5 summarizes the results from the placebo group
of a study on short-term effects of ischemic preconditioning in normobaric hypoxia [59] and shows the
time course of changes in the Lake Louise score for AMS and the respective change in SO2, and compares
them with results from the placebo group from a study on the action of inhaled budesonide performed
at an altitude of 4559 m [41]. It shows that symptoms of AMS become apparent already after 5 h in
normobaric hypoxia and become stronger with prolonged stay. Also, at high-altitude symptoms were
evident throughout the sojourn. However, in these early time-points in normobaric hypoxia there is no
difference in SO2 between AMS and controls. Lower SO2 in subjects with AMS compared to controls
seems to develop slowly after 18 h in normobaric hypoxia but is then present throughout the stay at
high-altitude. Therefore, if SO2 in fact indicates a diffusion limitation for oxygen, likely by formation
of subclinical edema, then these results indicate that AMS-symptoms appear before this diffusion
limitation develops. Thus, aggravated decrease in SO2 appears not to be the primary trigger for AMS
but rather a consequence.

Figure 5. Time course of change in SO2 (A) and in the Lake Louise score (B) in controls and individuals
developing AMS during normobaric hypoxia and at the Capanna Margherita (4559 m). Data on
normobaric hypoxia are from a study on effects of remote ischemic pre-conditioning from 6 controls
and 8 subjects with AMS reported in [17,59,60], those from exposure to high-altitude (4559 m) are from
6 controls and 8 subjects with AMS as reported in [41]. Oxygen saturation (SO2) was measured by
pulse-oximetry. Mean values ± SD; N: normoxia; * indicates difference between controls and AMS.

4. Conclusions

Studying high-altitude-related illness in mountaineering settings includes gradually increasing
severity of hypoxia and exertion during ascent. Often, complex measurements are not possible
during ascent. In contrast, studies in normobaric hypoxia allow instant exposure to a constant level
of decreased inspiratory oxygen, but in most cases physical exertion is lacking. Thus, results on
physiological measures and on the development of high-altitude and hypoxia-related illness may be
different between these two settings. Yet, combining them is the only way to assess the early phase of
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development of the illness and compare with the situation at high-altitude. This represents a major
limitation of the analysis presented here.

Combination of these two settings indicates that SO2, which is a surrogate measure of oxygen
diffusion across the alveolar wall when alveolar PO2 is normal (for the respective altitude), decreases
slower than the illness develops; symptoms of AMS may appear hours before SO2 drops to levels that
are normal for the altitude. Also, the exaggerated increase in sPAP, likely the main trigger causing
HAPE, well precedes the decrease in SO2. Likely in both cases decreased SO2 indicative of (sub)-clinical
edema develops after the initial trigger. This indicates that enhanced filtration from the pulmonary
capillaries, impaired removal of lung water by impaired lymphatic drainage and by inhibited alveolar
Na- and water reabsorption are likely not the cause of edema development. However, a pre-existing
defect in one of those systems might act as an amplifier by increasing the degree of hypoxemia. Whereas
it is quite obvious that increased lung water in HAPE is caused by enhanced filtration due to individual
susceptibility to exaggerated hypoxic pulmonary arterial vasoconstriction, the reason for subclinical
edema in AMS is less clear, and multiple pathophysiologic mechanisms have to be assumed. For both
diseases, AMS and HAPE, those amplifying mechanisms require clarification because the resultant
aggravation of hypoxemia might advance the illness.
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Abstract: Gas exchange in the lung takes place via the air-blood barrier in the septal walls of alveoli.
The tissue elements that oxygen molecules have to cross are the alveolar epithelium, the interstitium
and the capillary endothelium. The epithelium that lines the alveolar surface is covered by a thin
and continuous liquid lining layer. Pulmonary surfactant acts at this air-liquid interface. By virtue
of its biophysical and immunomodulatory functions, surfactant keeps alveoli open, dry and clean.
What needs to be added to this picture is the glycocalyx of the alveolar epithelium. Here, we briefly
review what is known about this glycocalyx and how it can be visualized using electron microscopy.
The application of colloidal thorium dioxide as a staining agent reveals differences in the staining
pattern between type I and type II alveolar epithelial cells and shows close associations of the
glycocalyx with intraalveolar surfactant subtypes such as tubular myelin. These morphological
findings indicate that specific spatial interactions between components of the surfactant system
and those of the alveolar epithelial glycocalyx exist which may contribute to the maintenance of
alveolar homeostasis, in particular to alveolar micromechanics, to the functional integrity of the
air-blood barrier, to the regulation of the thickness and viscosity of the alveolar lining layer, and to
the defence against inhaled pathogens. Exploring the alveolar epithelial glycocalyx in conjunction
with the surfactant system opens novel physiological perspectives of potential clinical relevance for
future research.

Keywords: lung; alveoli; air-blood barrier; epithelium; air-liquid interface; alveolar lining layer;
glycocalyx; surfactant

1. The Alveolar Epithelium of the Lung and its Surfactant Lining

The architecture of the lung is optimized to serve its main function, gas exchange. A large surface
area for air and blood (about 120 m2) with minimal distance (about 2 μm) is distributed over hundreds
of millions of alveoli. The wall separating neighbouring alveoli contains three tissue compartments
that constitute the air-blood barrier: alveolar epithelium, capillary endothelium, and the interstitium
in-between. The basic knowledge about the structure and function of the alveolar epithelium seems to
be well established. It is a continuous layer constituted by a mosaic of two cell types with specific
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differentiation. While alveolar epithelial type I (AEI) cells are specialised lining cells, alveolar epithelial
type II (AEII) cells are specialized secretory and progenitor cells. AEI cells, which are less frequent
than AEII cells, cover the vast majority of the alveolar surface with their branched thin squamous
cell extensions [1]. Interspersed are single cuboidal AEII cells, which are easily recognized by their
characteristic secretory organelles, the surfactant-storing lamellar bodies. Epithelial renewal and repair
of both cell types is provided by AEII cells (for review, see [2,3]).

Soon after the first demonstration of a continuous alveolar epithelium in the mammalian lung by
electron microscopy (EM) [4,5], it became obvious that this epithelium is not naked. It is covered by a
fluid alveolar lining layer consisting of two phases: a surface film and an aqueous hypophase [6,7].
Later cryo-EM studies have confirmed the existence of a thin and continuous alveolar lining layer [8].
Surfactant, the secretory product of AEII cells, is a central component of this layer, i.e., it exerts its
functions at the air-liquid interface of lung alveoli (for review, see [2,9–13]).

Surfactant is complex, both biochemically and ultrastructurally. It consists of about 90% lipids
(mainly saturated phospholipids) and about 10% proteins (including the surfactant proteins SP-A,
SP-B, SP-C and SP-D). All surfactant components are synthesized, stored, secreted and to a large
extent recycled by AEII cells. Intracellular surfactant (at least lipids and the hydrophobic SP-B and
SP-C) is assembled in lamellar bodies prior to secretion. Intraalveolar surfactant includes the surface
film and morphologically distinct subtypes in the hypophase. These subtypes largely correspond to
different stages in surfactant metabolism and activity. According to current models, freshly secreted
surface-active lamellar body material transforms into tubular myelin, which is a potential precursor
of the surface film. Additional multilayered surface-associated surfactant reservoirs have also been
suggested. Inactive surfactant is usually present as small unilamellar vesicles. These can either be taken
up by AEII cells for recycling or degradation or taken up by alveolar macrophages for degradation.
Thus, the hypophase of the alveolar lining layer provides both a substrate on which surfactant acts
as well as a reservoir in which intermediates of surfactant metabolism (precursors and remnants)
are located.

The functions of surfactant are biophysical as well as immunomodulatory, with its individual
components contributing to these functions in different and specific ways. The hydrophobic SP-B and
SP-C are assigned mainly biophysical relevance whereas the hydrophilic SP-A and SP-D, which belong
to the protein family of collectins, are considered to serve mainly immunomodulatory functions.
Regarding its biophysical functions, surfactant stabilizes alveolar dimensions and thus prevents
alveolar collapse by a surface-area dependent reduction of alveolar surface tension. Moreover, the low
surface tension at the alveolar air-liquid interface secured by surfactant also prevents intraalveolar
edema formation. Surfactant is therefore essential for normal alveolar micromechanics and lung
function by keeping alveoli homogeneously open, dry and clean (reviewed in [2,11,13]).

2. The Glycocalyx of the Alveolar Epithelium

The Greek term “glycocalyx” can be translated as “sweet husk” [14]. It is a sugar-rich external cell
coat common in many cell types, in particular where facing a lumen. The glycocalyx is anchored to the
apical cell membrane and consists of two main backbone molecule classes: proteoglycans with long
unbranched glycosaminoglycan side chains and glycoproteins with short branched carbohydrate side
chains. Proteoglycan core proteins can be attached to the cell membrane by a transmembrane domain
(e.g., syndecans) or by a glycosylphosphatidylinositol anchor (e.g., glypicans). Glycosaminoglycans are
long negatively charged polymers consisting of disaccharide subunits. Common glycosaminoglycans
in the glycocalyx are heparan sulphate, chondroitin sulphate and the un-sulphated hyaluronan.
Hyaluronan differs from the other glycosaminoglycans in that it is (at least in part) not directly bound
to a core protein but either binds to its receptor CD44 or intercalates throughout the glycocalyx,
thereby contributing to hydration and viscosity. Other molecules and ions are attached to this cell
surface coat, thus forming a highly hydrated dynamic meshwork that can function as a regulator
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for barrier permeability by maintaining osmotic gradients, as a regulator for cell adhesion or as a
mechanosensor (reviewed in [15–17]).

The pulmonary endothelial glycocalyx recently gained attention because of its role in various lung
diseases such as acute respiratory distress syndrome and pulmonary arterial hypertension [17–20].
However, much less is known about the glycocalyx of the alveolar epithelium. Compared to the
available literature on surfactant, it seems that it has almost been overlooked as a component of the
epithelial lining in lung alveoli. Only few studies have focussed on or at least appreciated the existence
of an alveolar epithelial glycocalyx. One finds some early EM studies which reported the visualization
of an alveolar epithelial glycocalyx (see below). This line of research was not pursued further until
recently. Based on previous reports on alveolar shedding of syndecans in models of lung injury [21,22],
Haeger et al. reported the presence of heparan sulphate at the alveolar surface and its shedding into
alveolar spaces, together with syndecans 1 and 4, in mice subjected to lipopolysaccharide-induced
acute lung injury. This led to increased lung protein permeability and thus a loss of barrier function.
The shedding of heparan sulphate was at least partly mediated by matrix metalloproteinases [23].
Possible implications of these findings, e.g., for mechanical ventilation or pathogen invasion during
ventilator-associated pneumonia, have been highlighted [24].

Given these recent data and evidence from studies on the endothelial glycocalyx, it is obvious that
the alveolar epithelial glycocalyx should have important functions in lung health and, when altered,
in lung disease. These may include the regulation of alveolar fluid balance, the permeability of
the air-blood barrier and the binding of inhaled pathogens. Based on the water binding capacity
of glycocasaminoglycans like hyaluronan (where one molecule can bind up to 6000 molecules of
water [25]), the alveolar epithelial glycocalyx must be involved in the regulation of the thickness and
viscosity of the aqueous hypophase of the alveolar lining layer. This smooth lining layer has been
estimated in rat lungs to have an area-weighted average thickness of 200 nm, with averages of 140 nm
over flat parts of alveolar walls, 90 nm at alveolar junctions covering protrusions like capillaries and
cell perikarya and 890 nm at alveolar junctions filling surface irregularities [8]. Using the area-weighted
thickness of 200 nm and an alveolar surface area of 120 m2 in the human lung, one can calculate the
volume of the alveolar lining layer to be 24 mL or about 1/3 mL per kg body weight. These values are
in very good agreement with other estimates (summarized in [26]). Since the thickness of this alveolar
lining layer contributes to the effective thickness of the air-blood barrier, which has to be crossed by
oxygen diffusion, it directly determines the efficiency of gas exchange. Moreover, it is this alveolar
lining layer where surfactant functions as anti-atelectatic agent.

3. Interactions Between Surfactant and the Glycocalyx

Compared to other surfaces in the body, a unique feature of the alveolar epithelial surface
are the potential interactions of the glycocalyx with components of the surfactant system.
However, these interactions are so far basically unexplored although a direct topographical relationship
is obvious (Figure 1). One main component of the glycocalyx, hyaluronan, known to be secreted
by AEII cells in vitro [27,28], has been shown to improve the biophysical (surface tension reducing)
activity of surfactant in vitro and in vivo [29–32]. Thus, hyaluronan may have therapeutic potential
in lung diseases where surfactant inactivation is a major pathophysiological event. One example
of particular interest is the sequence from acute lung injury to fibrosis where alterations of alveolar
micromechanics (alveolar instability and collapse induration) due to surfactant dysfunction have been
demonstrated [33–35](for review, see [36,37]). Moreover, hyaluronan can act as an important signal for
AEII cell renewal and repair. Accordingly, in patients with severe pulmonary fibrosis, hyaluronan on
the cell surface of AEII cells is reduced [38].
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Figure 1. Schematic diagram of the alveolar lining layer with surfactant and glycocalyx components.
Surfactant is present at the surface film and in the hypophase. Surfactant subtypes in the hypophase
correspond to different stages in metabolism, shown here as active tubular myelin and inactive
unilamellar vesicles. Proteoglycans of the glycocalyx can be attached to the apical membrane of type I
(AEI) or type II (AEII) alveolar epithelial cells by syndecans like syndecan-1 (sdc-1) or syndecan-4
(sdc-4). Hyaluronan can bind either to its receptor CD44 or intercalates throughout the glyxcocalyx.
The alveolar lining layer and its contents are not drawn to scale.

Based on these findings, one may speculate on the potential relevance of the alveolar epithelial
glycocalyx for surfactant function in general, and vice versa. Glycocalyx components may not only
influence the resistance of surfactant against inactivation in lung injury, but may also be involved in
the regulation of surfactant homeostasis and in the maintenance of the micro-environment in which
surfactant acts (e.g., by regulating the thickness and viscosity of the hypophase of the alveolar lining
layer) under normal conditions.

The surfactant proteins, being “the smart molecules in the surfactant system” [39],
deserve particular attention in this context. The hydrophilic environment created by the glycocalyx
may facilitate interactions with the hydrophilic surfactant proteins. Thus, SP-A and SP-D are attractive
candidates for interactions with the glycocalyx. Their known immunomodulatory functions include
the binding and opsonization of pathogens, interactions with cells of the innate and adaptive immune
system and direct antimicrobial activity. As lung collectins, their basic structural units are homo-trimers
which are formed via the triple helix of their collagen domain. The monomers consist of four sub-units:
an N-terminal domain, a collagen domain, an α-helical neck domain, and a C-terminal C-type lectin
domain which is often referred to as the carbohydrate recognition domain (CRD). These homo-trimers
usually multimerize to higher-order oligomers. SP-A forms octadecamers (6 × 3) arranged as a bouquet
of flowers while SP-D forms dodecamers (4 × 3) where the trimers connect via their N-terminal
domains to form a cruciform structure. This means that both SP-A and SP-D can bind sugars with
their CRD, with higher affinity for clustered oligosaccharides than for single monosaccharides and
with both common and distinct saccharide-binding activities (for review, see [40–44]). Thus, it seems
plausible that SP-A and SP-D may interact with sugars of the glycocalyx, and that this interaction will
influence their functional capacity.

The hydrophobic SP-B and SP-C (reviewed in [45,46]) may also have their role in this scenario.
Because hyaluronan is known to interact with phospholipids and has hydrophobic regions which
could bind to SP-B and SP-C, the hypothesis that hyaluronan interacts with surfactant components to
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form a viscous gel in the hypophase of the alveolar lining layer has been put forward [47]. By this,
hyaluronan would contribute to smoothing alveolar epithelial surface irregularities (e.g., folds or cell
projections) via locally varying the thickness of the hypophase, thereby resulting in a smoothly curved
air-liquid interface—a phenomenon well described for the alveolar lining layer [8,48,49].

Another cell type of relevance in this context are alveolar macrophages. They reside as free
cells in the aqueous hypophase of the alveolar lining layer where they exert their phagocytic activity.
One of their major functions is the removal and degradation of spent intraalveolar surfactant material.
Alveolar macrophages express the hyaluronan receptor CD44 and thus are coated with bound
hyaluronan promoting their survival [50]. Moreover, alveolar macrophages lacking CD44 have
impaired lipid homeostasis leading to an increase in intraalveolar surfactant lipids [51]. This indicates
an important role for hyaluronan in surfactant catabolism.

Taken together, the coordinated interplay between surfactant and the glycocalyx is probably
essential for alveolar micromechanics and lung function and thus deserves further attention.

4. Visualizing the Glycocalyx by Electron Microscopy

In order to gain a deeper understanding of the alveolar epithelial glycocalyx, one has to visualize
it. The detailed architecture of the alveolar epithelium can only be resolved by EM (reviewed in [52]).
Moreover, the high resolution offered by EM is also necessary to visualize the glycocalyx in its fine
structural cell and tissue context. However, one has to bear in mind that no method of fixation for
EM yields a “real in vivo” representation of lung structure. Although conventional chemical fixation
for EM (based on glutaraldehyde and osmium tetroxide) results in good overall preservation of
cell and tissue ultrastructure, the selective nature of the chemical interactions taking place during
fixation, processing and dehydration (which are not very well understood) may induce artifacts.
Therefore, morphological characteristics and differences observed in biological EM samples need to
be interpreted with caution and knowledge of the preparation steps involved. This point is well
appreciated in EM studies of lung surfactant (reviewed in [10,53]), but is at least as important for
studies on the glycocalyx.

Theoretically, the method of choice for near in vivo preservation of the glycocalyx by EM is
avoiding chemical fixatives and applying cryo-EM of vitreous sections (CEMOVIS) [54,55]. The cooling
conditions necessary to avoid cryo-fixation artifacts in EM (in particular ice crystal formation) are
achieved by freezing very small tissue samples (thickness only up to 200 μm, i.e., roughly the
diameter of a single alveolus in the human lung) with very high pressure (around 2000 bar) [56].
CEMOVIS can be used in selected singular experiments, e.g., to visualize surfactant-containing
lamellar bodies within AEII cells [57]. Cryo-methods have occasionally also been used to visualize
the glycocalyx, e.g., the combination of slam freezing and freeze substitution of bovine aorta and rat
fat pad endothelial cells in vitro [58]. However, high pressure freezing leads to forced collapse of
alveoli and thus destruction of the delicate alveolar lining layer where both the alveolar epithelial
glycocalyx and the intraalveolar surfactant film are located. Moreover, this approach is not suitable for
quantitative microscopic analyses of whole lungs by stereology because it precludes adequate sampling
for which the whole (fixed) organ should be available [59]. At current, this can only be achieved by
chemical fixation of the whole lung under carefully controlled conditions, either by airway instillation
or, preferably, by vascular perfusion, both of which also fulfil the criteria of consistent reproducibility in
space (homogeneity) and time (repeatability) [60]. Thus, at least for the near future, chemical fixation
approaches will remain the routine method(s) of choice to study the alveolar epithelial glycocalyx in
large-scale experimental studies.

Classical early EM studies on the surface coat of cells (for organs other than the lung,
see e.g., [61–63]) have since then been refined by various fixation agents and protocols. With respect
to the EM visualization of the glycocalyx, routine chemical fixation protocols usually yield poor
results. Thus, the addition of staining agents that bind to components of the glycocalyx is
necessary. These agents, usually of high atomic number, provide an “electron-dense” dark contrast
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because they scatter beam electrons [64]. These cytochemical methods work fine as structural tools.
However, a molecular interpretation is problematic because of a severely limited specificity of the
staining agents. Moreover, based on studies on the endothelial glycocalyx (reviewed in [15,17]), it is
highly likely that all of these methods underestimate the real height of the glycocalyx to some degree.
Nevertheless, the actual height of the alveolar lining layer (see above) also has to be taken into account.
Therefore, caution is necessary when transferring findings from the endothelial glycocalyx, which is
facing a liquid lumen, to the completely different physiological situation in the alveolar space where
there is only a very thin liquid alveolar lining layer.

Among the stains that have been used for the glycocalyx are ruthenium red, colloidal iron,
phosphotungstic acid, lanthanum nitrate, alcian blue and lectins such as concanavalin A, wheat germ
agglutinin, and peanut agglutinin [64]. Several of these methods have also been applied to the alveolar
surface, e.g., colloidal iron [65,66], ruthenium red [67,68], phosphotungstic acid [69], and concanavalin
A [68,70,71]. In some of them, a differential staining pattern between AEI and AEII cells was
emphasized [66,69,70]. Lectin binding patterns for AEI and AEII cells have later been used as surface
markers for these cell types (e.g., [72–74]), although results were not always consistent. These early
studies have been nicely reviewed by Martins and Bairos [75].

One staining method of particular interest for the EM visualization of the glycocalyx is based on
cationic hydrous thorium dioxide colloids (cThO2), which has been shown to allow for better tissue
penetration and more intense staining compared to other staining agents [76,77]. The size of the cThO2

particles ranges from 1 to 1.7 nm. This approach has been applied successfully to study the glomerular
endothelial glycocalyx in the kidney [78]. We have transferred this method to the lung in order to
investigate the ultrastructure of the alveolar epithelial glycocalyx and potential associations with
surfactant. Fixed samples of 1 to 2 mm edge length from mouse and human lungs were immersed
in 100 mM sodium acetate buffer (NaAc) at pH 3.0 for 5 min, in 0.5% cThO2 in NaAc for 5 min and
again in NaAc for 5 min, followed by further post-fixation and embedding according to our routine
lung EM protocol [79]. During immersion in NaAc and cThO2, samples were gently massaged with a
wooden skewer to allow the solutions to diffuse into the alveoli. The low pH increases the specificity
for negatively charged glycocalyx components. Results based on this protocol are shown and described
for mouse (Figures 2 and 3) and human (Figures 4–6) lung.

 

Figure 2. Mouse lung. Glycocalyx staining shown at lower (a) and higher (b) magnification.
Alveolar lumen (alv) and capillary lumen (cap) are separated by the air-blood barrier consisting of a
continuous alveolar epithelium, an interstitium and a continuous capillary endothelium. Here, a thin
portion of the air-blood barrier is shown. The epithelium is made of thin extensions of alveolar
epithelial type I cells. The interstitium is minimized to a common basal lamina shared by epithelium
and endothelium. The endothelium is of the non-fenestrated type. The alveolar epithelial surface is
clearly stained after treatment with colloidal thorium dioxide (arrowheads). The boxed area in (a) is
shown in (b) at higher magnification.
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Figure 3. Mouse lung. Glycocalyx staining on intraalveolar surfactant. Intraalveolar surfactant material
is visible on top of the alveolar epithelium as secreted lamellar body content (a) and as tubular myelin
(b) with lattice-like structure. Both are stained, particularly at the outside, with thorium dioxide, like the
surface of the alveolar epithelium (arrowheads).
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Figure 4. Human lung. Visualization of the glycocalyx on the surface of alveolar epithelial type I
(AEI) and type II (AEII) cells. (a) Overview showing one AEII cell and neighboring thin AEI cell
extensions, the lineage of the latter highlighted by arrows. The black lining and dots on the cell surfaces
(arrowheads in (a)) depict the glycocalyx, marked by colloidal thorium dioxide. The boxed areas are
shown in (b,c) at higher magnification. Note heavily stained microvilli (arrowheads in (b)) and staining
at the apical cell membrane of AEI cell (arrowheads in (c)). (d) Profiles of cross-sectioned microvilli
(one of them marked by asterisk) of an AEII cell. The glycocalyx (arrowhead in (d)) surrounds the
microvilli and also appears as threads between them.

 

Figure 5. Human lung. Comparison of the glycocalyx of an alveolar epithelial type I (AEI) and type
II (AEII) cell. (a) Alveolar surface depicted in sequence from an AEII cell (left) across the cell contact
(block arrow) to an AEI cell (right). The boxed area is shown in (b) at higher magnification. (b) Different
intensity of glycocalyx on the AEII (left, colored blue) and AEI (right, colored red) cell (along black
arrows). The thorium dioxide deposition (marked by arrowheads) is intense on the AEII cell, forming a
nearly continuous layer also visible on a microvillus (asterisk), while it appears rather punctual on the
AEI cell.
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Figure 6. Human lung. Glycocalyx staining on intraalveolar surfactant. (a) Intraalveolar surfactant
(boxed areas) in the airspace of an alveolus nearby an alveolar epithelial type II (AEII) cell is decorated
by thorium dioxide. The boxed areas are shown in (b,c) at higher magnification. The stain on
the intraalveolar surfactant (arrowheads) is less intense compared to the stain on the AEII cell,
rather comparable with the punctual stain on an AEI cell (compare Figure 4).

Taken together, these findings indicate: (1) differences in the structure of the glycocalyx
between the two cell types of the alveolar epithelium, with AEII cells showing a stronger staining,
thus confirming earlier studies [66,69,70]; and (2) direct interactions of the alveolar epithelial glycocalyx
with intraalveolar surfactant subtypes, including tubular myelin. These findings have several
implications. In contrast to AEI cells, AEII cells possess numerous microvilli. Besides their function of
providing an increased apical cell surface area, it is obvious that they are also effective as glycocalyx
carriers. Interconnections between microvilli strongly contribute to the three-dimensional meshwork
arrangement of the alveolar epithelial glycocalyx. Moreover, one has to take the topographical
distribution of the two alveolar epithelial cell types into consideration. AEI cells, which cover about
95% of the alveolar surface, serve their lining function by providing thin cell extensions to the flat parts
of the air-blood barrier that are optimized for efficient diffusion. On the other hand, the cuboidal AEII
cells exert their secretory and renewal function mainly in the corners of alveoli where alveolar junctions
are located. Thus, the well-known regional differences in the height of the alveolar lining layer between
flat parts and junctions of alveoli (see above; [8]) are likely reflected in regional differences in the
alveolar epithelial glycocalyx. Regarding the close association of the alveolar epithelial glycocalyx with
intraalveolar surfactant, it is noteworthy that a similar staining pattern (i.e., at the outer lamellae of
freshly secreted lamellar bodies and tubular myelin) has been shown by immunoelectron microscopy
for SP-A in the human lung [80]. These morphological findings consolidate the notion of direct
interactions of SP-A with components of the alveolar epithelial glycocalyx. This may be of particular
relevance for tubular myelin, a still incompletely understood highly-ordered intraalveolar surfactant
subtype. The characteristic lattice-like structure of tubular myelin requires the presence of SP-A which
is located in the lattice with its CRD directed towards the corners [42,44,81], but an association of tubular
myelin with carbohydrates has also been described [68,71]. Assumed to be an intermediate precursor of
the surface film, tubular myelin may actually serve a dual function: not only as intraalveolar reservoir
of surfactant lipids, but also as a “spider’s web” for alveolar host defence that could be supported by
the glycocalyx.
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5. Conclusions and Outlook

It is remarkable that early studies on AEII cells, the surfactant system and the alveolar lining
layer (even before these now common names were coined) already suggested the presence of
carbohydrates in this context. In 1954, Charles Clifford Macklin not only predicted the presence of
an “alveolar mucoid film”, but also estimated (“arbitrarily”) its thickness to be 200 nm (confirmed
more than 40 years later [8]) and suggested its components to be “acid mucopolysaccharides and
myelinogens”, i.e., glycosaminoglycans and phospholipids [82]. After the actual discovery of surfactant
by John Clements [83], Bolande and Klaus, based on light microscopic findings, suggested that,
besides phospholipids, “a mucopolysaccharide fraction may also be present” in the alveolar lining
layer [84]. Similarly, Groniowski and Biczyskowa studied the alveolar lining layer by EM and found
evidence indicating “the existence of another component of the acidic mucopolysaccharide nature” [65].
In that sense, we have to reintroduce the glycocalyx into our concepts of the alveolar lining layer and
the surfactant system.

The spatial interaction between surfactant and the glycocalyx at the alveolar epithelial surface
may generate a “win-win” situation, where surfactant benefits from glycocalyx components such
as hyaluronan, warranting its biophysical function. Conversely, surfactant may contribute to the
integrity and function of the alveolar epithelial glycocalyx. It is unknown how the content of the
alveolar hypophase is sensed, e.g., with respect to its volume, viscosity and surfactant pool size.
This remains to be investigated both under normal and challenge conditions such as acute lung injury
and pulmonary infection. Integrating the glycocalyx into our picture of the lung alveolus also offers
attractive therapeutic perspectives, e.g., by adding glycocalyx components to exogenous surfactant
preparations. Moreover, engineering of synthetic glycocalyx [85] provides a very promising approach
for the preservation and/or reconstitution of the unique micro-environment on top of the alveolar
surface. New developments in EM should be included in such studies, e.g., volume correlative light
and electron microscopy techniques [86,87]. It seems timely to explore the structure and function of
the alveolar epithelial glycocalyx, in particular its relations to the surfactant system. Given its potential
importance, it should no longer remain an enigma.
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Abstract: Alveolar epithelial type II cells (AT2) are a heterogeneous population that have critical
secretory and regenerative roles in the alveolus to maintain lung homeostasis. However, impairment to
their normal functional capacity and development of a pro-fibrotic phenotype has been demonstrated
to contribute to the development of idiopathic pulmonary fibrosis (IPF). A number of factors contribute
to AT2 death and dysfunction. As a mucosal surface, AT2 cells are exposed to environmental stresses
that can have lasting effects that contribute to fibrogenesis. Genetical risks have also been identified
that can cause AT2 impairment and the development of lung fibrosis. Furthermore, aging is a final
factor that adds to the pathogenic changes in AT2 cells. Here, we will discuss the homeostatic
role of AT2 cells and the studies that have recently defined the heterogeneity of this population of
cells. Furthermore, we will review the mechanisms of AT2 death and dysfunction in the context of
lung fibrosis.

Keywords: alveolar epithelial cells; pulmonary fibrosis; epithelial cell dysfunction; stem cell
exhaustion

1. Introduction

Idiopathic Pulmonary Fibrosis (IPF) is a chronic, progressive scarring of the lungs that causes
significant healthcare burden due to high morbidity and mortality [1–3]. It is the most common form
of idiopathic interstitial pneumonia and exhibits the most severe manifestations carrying the poorest
clinical outcomes [4–6]. Recently, two anti-fibrotic medications, Pirfenidone and Nintedanib, have
been demonstrated to slow the progression of the disease and are now FDA-approved treatments for
IPF [7–15]. Despite the progress made after decades of investigation, there is considerable room for
improvement in the treatment of this incurable disease.

Pathological fibrogenesis that occurs in IPF is a dynamic process involving complex interactions
between epithelial cells, fibroblasts, immune cells (macrophages, T-cells), and endothelial cells [16,17].
Early theories that chronic inflammation and repetitive damage to the alveolar epithelium promotes
fibrogenesis and scar formation in the pathogenesis of lung fibrosis [18] have been largely rejected
due to the lack of ongoing inflammation in IPF and the general ineffectiveness of immunosuppressive
medications in curbing disease progression. In contrast, a preponderance of more recent evidence
suggests that the alveolar epithelium plays a central role. Indeed, honeycombed regions of the lungs
have discontinuous epithelium adjacent to hyperplastic alveolar epithelial type II cells (AT2) [19].
Accordingly, the more contemporary paradigm is that chronic injury to distal lung tissue leads to either
loss or altered function of epithelial stem cells (i.e., AT2 cells), that promote dysregulated repair and
pathogenic activation of fibroblasts.
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Both intrinsic (e.g., genetic, aging) and environmental factors have been linked to damage of AT2
cells and contribute to the development of lung fibrosis. Tobacco smoking and viral infections have
been associated with IPF [4,20]. IPF is also an age-related disease with a median age of diagnosis of
66 years old [21]. As such, several factors that accumulate with age have been found to contribute
to AT2 dysfunction in IPF [22]. However, the most direct evidence supporting a role for AT2 cell
dysfunction in the initiation and progression of IPF has come from the characterization of gene defects
observed among patients with familial forms of the disease. Two general categories of gene mutations
are observed; one category includes genes involved in the regulation of stem cell longevity, the other
includes genes whose products contribute to specialized secretory functions of AT2 cells [23].

Altogether, the evidence supports a model in which AT2 injury/dysfunction serves as an early
initiating event in IPF that leads to fibroproliferation and progressive loss of lung function [24]. AT2 loss
can limit the ability for the repair of the damaged alveolus. Additionally, AT2 cells have maladaptive
effects in the IPF lung that can drive fibrosis (Figure 1). Herein, we will review the homeostatic role of
the AT2 cell and evidence for both AT2 depletion and dysfunction as contributors to IPF.

Figure 1. Alveolar epithelial type II cells (AT2) functions in lung fibrosis. An overview schematic
illustration described functional roles of AT2 cells to maintain lung homeostasis during injuries and
their profibrotic phenotypic changes that promote lung fibrosis upon the presence of risk factors e.g.,
aging, environmental stress, etc.
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2. Alveolar Epithelial Type II Cells (AT2) of the Normal Mammalian Lung

The epithelium lining airspaces of the mammalian lung is maintained by regional stem and
progenitor cells that are responsible for replacement of functionally specialized cell types in each
compartment during homeostasis and repair [25,26]. In the alveolus, AT2 cells serve as the predominant
epithelial progenitor. Lineage tracing experiments in mice show that AT2 cells defined by their
expression of surfactant protein C (Sftpc/SFTPC) are capable of long-term self-renewal and multipotent
differentiation to yield alveolar type I (AT1) cells; two characteristics that suggest either the AT2
population as a whole or a subset of AT2 cells, represent adult tissue stem cells [27]. The observation in
this study that a subset of Sftpc-lineage positive AT2 cells exhibit greater in vivo clonogenic potential
than bulk AT2 cells provides evidence that “stemness” may be a property of a subset of AT2 cells, and by
inference, that AT2 cells are functionally heterogeneous. What is not clear from this work is whether
AT2 cell heterogeneity is the result of differences in intrinsic potential versus microenvironmental
regulation. Recent work defining a Wnt-responsive subset of AT2 cells raises the potential that a Wnt
signaling microenvironment may modulate “stemness” of AT2 cells [28,29]; an appealing concept but
currently not confirmed by lineage-tracing experiments. However, these data do support the notion
that AT2 cells represent a heterogeneous population that includes an abundant pool of facultative
progenitors and a more stem-like subset that contributes to homeostatic replacement of specialized
alveolar epithelial cells.

Other epithelial stem or progenitor cells have been proposed to contribute to alveolar epithelial
renewal and replacement of AT2 cells. So-called bronchio-alveolar stem cells (BASCs) were initially
proposed as a multipotent “stem” cell in mouse terminal bronchioles based upon their co-expression
of Sftpc and Scgb1a1, contribution to repair after chemical injury and expansion following induction of
activating mutations of the K-ras oncogene [30]. Evidence supporting the multipotency and “stemness”
of BASCs includes recent studies involving use of dual lineage-tracing strategies demonstrating
that Sftpc/Scgb1a1 dual lineage-labeled cells have potential to contribute to repair following injury
to either airways or alveoli [31,32]. However, multipotency of BASCs has currently only been
convincingly demonstrated in clonal culture experiments [33], with in vivo confirmation of multipotency
confounded by heterogeneity within the lineage-labeled population [32]. Other candidate progenitors
for replacement of AT2 cells and the alveolar epithelium include a rare subpopulation of AT1 cells [34]
and basal cells that expand to repopulate damaged alveoli following influenza virus infection [35].

3. AT2 Depletion in Idiopathic Pulmonary Fibrosis (IPF)

A prevailing concept is that AT2 depletion potentially through repetitive microinjuries is the
underlying cause of lung fibrosis [5]. Indeed, targeted deletion of AT2 cells is sufficient to induce a
fibrotic response in the lungs, but it is not sustained [36,37]. Additional data supporting this idea of
stem cell exhaustion is that the number of AT2 cells are diminished in IPF lungs [38,39]. However,
the depletion of this vital progenitor cell is not only a function of the distorted lung architecture but
may also be a precursor to fibrosis [39].

Apoptotic Death of AT2 Cells

Mechanisms of AT2 depletion particularly in the context of early events leading to IPF are not
fully elucidated. Clearly, the lung epithelium is under constant stresses as a number of studies have
identified increased levels of cells undergoing apoptosis in the lungs from IPF patients, which is not
seen in non-fibrotic lungs [40–43]. In fact, TGFβ, a potent pro-fibrotic cytokine, has been demonstrated
to mediate its fibroproliferative effects by induction of AT2 apoptosis [44,45]. Apoptosis is a form of
programmed cell death that is required as a physiological process for tissue homeostasis but can also
be activated in pathological situations [46]. This regulated cell death pathway is tightly controlled at
multiple levels, but if the stimulus exceeds a critical threshold, a prescribed pattern of events mediated
by caspase cleavage of cellular contents to induce cell death.
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In IPF lungs, the Fas-FasL pathway has several components that are upregulated in the alveolar
epithelium indicating a preexisting elevation in the signals that induce apoptosis [42,47]. Similar
findings were demonstrated in murine models of fibrosis [48]. Global inhibition of apoptosis with
captopril or z-VAD also blunts lung fibrosis [49,50]. Additionally, blockade of Fas signaling through
various pharmacologic or genetic methods attenuates whereas Fas stimulation augments lung fibrosis
in bleomycin-injured mice [51,52]. Many cells that succumb to Fas-mediated death must undergo
an amplification loop (type II pathway) that intensifies the death signal by crossing over to the
mitochondria through the cleave of BID, a B-cell lymphoma protein-2 (BCL2) family member [53].
Further supporting the importance of the Fas-FasL pathway and apoptosis in general as an important
early initiator of lung fibrosis, mice genetically deficient in Bid are protected from bleomycin-induced
lung fibrosis [45].

4. ER Stress Contributes to AT2 Apoptosis

In addition to receptor-mediated activation of apoptosis, an intrinsic apoptotic pathway can
also induce programmed cell death [46]. Various intracellular stresses and damage signals activate
pro-apoptotic BCL-2 proteins that permeabilize the mitochondria to release mediators (e.g., cytochrome
C) that create a nidus for apoptosome formation and activation of executioner caspases that cause
apoptotic death [54].

Endoplasmic reticulum (ER) stress is an important initiator of AT2 apoptosis via the intrinsic
pathway that has been linked to IPF [55]. The ER is an important cellular organelle that facilitates
the folding and trafficking of proteins to ensure the quality control of proteins required for cellular
homeostasis. In situations that overwhelm the protein folding capacity of the ER, the unfolded
protein response (UPR) is activated with the aim to restore the physiological activity of the ER. Three
transmembrane sensors, specifically inositol-requiring enzyme 1α (IRE1α), pancreatic endoplasmic
reticulum kinase (PERK), and activating transcription factor 6 (ATF6), control the UPR [56]. When the
UPR is prolonged or severe in nature, proteostasis is lost, and cells become dysfunctional and undergo
apoptotic death [55].

Several studies have identified UPR activation in AT2 cells during lung fibrosis [57–59].
Immunohistochemical evaluation of lungs from sporadic and familial IPF demonstrated AT2
co-localization of various ER stress markers and activated caspase-3 [57,58]. Interestingly, AT2 activation
of the UPR can be found in histologically normal appearing regions of IPF lungs suggesting ER stress
precedes the development of fibrosis. Mice injured with bleomycin also demonstrate ER stress in AT2
cells [59]. More importantly, tunicamycin, an activator of ER stress, augments lung fibrosis [59,60],
and specific activation of ER stress in AT2 cells can lead to spontaneous lung fibrosis in transgenic
mice [61,62].

Several genetic variants that confer an inherited susceptibility to lung fibrosis can induce ER stress.
In particular, pathologic variants of surfactant proteins, which are produced by AT2 cells, have been
found to induce ER stress and augment lung fibrosis [23]. In experimental models with transgenic mice
that conditionally overexpressed the SFTPC mutation (SFTPCL188Q) in AT2 cells, ER stress increased
after the induction of the mutant SFTPCL188Q expression [59]. Although these transgenic mice did not
develop spontaneous pulmonary fibrosis, they were more susceptible to bleomycin exposure and the
resultant injury-induced fibrosis. In contrast, a different SFTPC mutation (SFTPCC121G) demonstrated
exaggerated ER stress, AT2 apoptosis, and development of spontaneous lung fibrosis after induction of
expression in AT2 cells [61].

With aging, the lungs also become more susceptible to ER stress [55]. GRP78 is a chaperone
protein that is a central regulator of ER stress by repressing IRE1α, PERK, and ATF6, the three arms
that initiate the UPR. A recent study by Borok et al. demonstrated that AT2 expression of GRP78
decreases in both aged mice and in IPF lungs [63]. AT2-specific deletion of Grp78 induced ER stress,
apoptosis and lung fibrosis with an age-dependence on the severity of the effect.
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A number of environmental factors that are associated with the development of IPF has also
been found to induce ER stress. Smoking, which induces ER stress within the lung epithelium, is
associated with an increased risk factor for acquiring IPF [64,65]. Several herpesvirus proteins were
identified in AT2 cells that concomitantly showed evidence of UPR activation [20,58]. A recent study
also found evidence for increased herpesvirus infections in at-risk subjects for developing interstitial
lung disease [66]. Fibrosis can be augmented in mice infected with γherpesvirus [67–70]. Moreover,
the viral susceptibility appears be age-related with increased AT2 ER stress and apoptosis, as well as
augmented lung fibrosis in old compared to young mice infected with murine γherpesvirus [60,71].

5. Mitochondrial Dysfunction Causes AT2 Death

AT2 cells have the highest number of mitochondria in the lungs due to their high metabolic
demands, especially during lung injury and repair [72]. Disturbance and interference of AT2
mitochondrial biogenesis, functions, and homeostasis is a known profibrotic signal [73–75].
The imbalance of mitochondrial dynamic due to impaired mitophagy and accumulation of mtDNA
damage or irregularities of protein homeostasis leads to ER stress and program cell death of AT2
cells [74,76]. An accumulation of higher dysmorphic mitochondria (i.e., damaged mitochondria)
and ER stress proteins in AT2 cells in IPF compared to control lungs suggests the significance of
mitochondria dysfunction in the pathogenesis of lung fibrosis [60,77].

Mitochondrial homeostasis is regulated by integrated pathways primarily for biogenesis and
recycling/disposal through mitophagy [78]. Mitofusin 1 and 2 are GTPases required for mitochondrial
fusion, and AT2 deletion of either gene augmented lung fibrosis after bleomycin injury [79]. Moreover,
combined AT2 deletion of both mitofusin 1 and 2 lead to spontaneous lung fibrosis. Transgenic
mice expressing mitochondrial-targeted catalase (MCAT) are also protected from asbestos- and
bleomycin-induced lung fibrosis mediated through the inhibition of AT2 cell mtDNA damage and
apoptosis [80]. Corroborating with these data, the deficiency of sirtuin 3, a NAD-dependent deacetylase
that prevents mtDNA damage, in AT2 cells promoted lung fibrosis by inducing cells apoptosis [81].

PTEN-induced putative kinase 1 (PINK1), a mitochondrial factor that facilitates mitophagy, is
depleted during ER stress, with aging, and within fibrotic lungs [60,82,83]. AT2 cells in Pink1 deficient
mice are morphologically similar to AT2 cells in IPF lung, [60]. Furthermore, bleomycin-induced lung
fibrosis is augmented in Pink1 deficient mice and associated with less mitophagy, accumulation of
dysmorphic mitochondria, and increased ER stress and AT2 apoptosis [60,77]. Activating transcription
factor 3 (Aft3), a Pink1 transcription repressor, has higher expression in fibrotic and aged lungs,
suggesting this factor may account for the concomitant depletion of Pink1 in similar conditions [60,82].
Accordingly, conditional AT2 deletion of Aft3 protects mice from developing lung fibrosis [82].
Further demonstrating the importance of mitophagy in mediating IPF, a recent finding demonstrated
a dysfunctional thyroid axis in IPF, and thyroid hormone administration increased Pink1 levels,
attenuated AT2 apoptosis, and reduced lung fibrosis via a Pink1-dependent mechanism [83].

A conflicting finding recently emerged where Pgam5 deficient mice had decreased mitophagy that
improved mitochondrial homeostasis, which had a protective effect during bleomycin-induced lung
fibrosis [84]. Because these findings were in global Pgam5 deficient mice, one possible explanation
for the contradictory results is that mitophagy may potentially have profibrotic roles in non-AT2
compartments. Nevertheless, the majority of the evidence suggests mitophagy has a protective effect
in AT2 cells and in preventing lung fibrosis [60,77,82,83].

6. AT2 Dysfunction in IPF

Persistent injury to the AT2 compartment not only causes a depletion of these facultative progenitor
cells but can also cause irreversible alterations the capacity of these vital cells in carrying out their
reparative functions. Indeed, hypertrophic and hyperplastic AT2 cells are found in the fibroblastic foci
and have impaired renewal capacity [85]. Furthermore, dysfunctional AT2 cells in the fibrotic lung
also produce pro-fibrotic factors that contribute to fibrogenesis [24]. Altogether, AT2 cells are not just
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simply depleted in the fibrotic lung as collateral damage to ongoing injury, but in addition, these cells
have acquired a dysfunctional phenotype that places it as a central driver of fibrosis [37] as depicted in
Figure 2.

Figure 2. Mechanisms and regulatory signaling of alveolar type II epithelial cells (AT2) dysfunction
in lung fibrosis. In lung fibrosis, environmental or intrinsic factors and several signaling regulatory
pathways e.g., TGF-β, Wnt, Hedgehog, etc. stimulate AT2 senescence to release senescence-associated
secretory phenotype (SASP) and other mediators that can directly activate fibroblasts and tissue
remodeling. The indirect effects of SASP include inflammatory cell recruitment and AT2 self-renewal
exhaustion through a paracrine effect.

AT2 plasticity has been best demonstrated by the ability of TGFβ to alter their cellular
phenotype [86–88]. Although epithelial cells do not directly contribute to the mesenchymal population
in IPF [89], what has become evident is that the AT2 cells develop a fundamentally altered state in the
IPF lung and acquire a distinctly pro-fibrotic phenotype that promotes expansion of the mesenchymal
compartment with myofibroblast activation and matrix deposition [90]. In one respect, the inability
of AT2 cells to carry out proper repair of the injured alveolus can lead to scar formation [85]. In fact,
AT2 cells play a central role in the activation of TGFβ, which may be self-perpetuating through
the rising tension within a fibrotic lung [91]. Additionally, AT2 cells have diminished capacity for
transdifferentiation into AT1 cells in the IPF lungs [5]. As such, both ER stress and telomere dysfunction,
both of which have the potential to activate a program of cellular senescence, have been found to
impair differentiation by stem cells [92–96]. Emerging evidence also demonstrates that induction of
AT2 senescence in itself is sufficient to promote lung fibrosis [37].

7. Impaired AT2 Self-Renewal in IPF

Cellular senescence, one of the signature characterizations of the aging process, plays an important
role in the pathogenesis of lung fibroproliferative disorders [97–99]. Fibrotic regions of lung tissue
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from IPF patients show both regional depletion of AT2 cells and the presence of AT2 cells with a
senescent-like phenotype [37,38]. As such, AT2 senescence may have a limited reparative capacity
that contributes to the fibroproliferation [22,100]. In support of this concept, senolytics show some
potential as anti-fibrotics in animal models [101–103]. Moreover, ER stress may not only contribute
to IPF through UPR-mediated AT2 death but can also impair the renewal capacity of AT2 cells by
inducing cellular senescence [63]. This effect appears to be ubiquitous as the regenerative capacity of
multiple types of stem cells is impaired with ER stress [92].

A major contributor to cellular senescence in lung fibrosis is telomere dysfunction [93,104].
Telomeres protect the ends of chromosomes from replicative loss through providing a mechanism
for telomerase-dependent repeat expansion, thus maintaining the proliferative potential of stem and
progenitor cells [105]. Shortened telomere length has been found in a subset of patients with IPF and
correlates with poor survival [66,106,107]. Smoking, a risk factor for IPF, also causes a dose-dependent
shortening of telomeres [108]. Similarly, telomere attrition also occurs with aging, another risk for the
development of IPF [104].

A number of variants in genes that regulate telomere function has been found in IPF and could be
contributing to AT2 senescence and impairment in their renewal capacity [23]. Mutations in TERC
and TERT, telomerase reverse transcriptase family genes that regulate telomere length and functions,
are linked to IPF [107,109–112]. A null TERT allele conferred a dominant transmission of disease in
a familial form of pulmonary fibrosis (FIP) [109]. Risk variants of regulator of telomere elongation
helicase 1 (RTEL1), a DNA helicase necessary for telomere stability, is also linked to FIP [113–115].
Subsequent studies have also found TERT and RTEL1 mutations to be enriched in patients with
IPF [116]. Moreover, a number of other genetic variants in DKC1 [117], PARN [115,116], NAF1 [118],
and TINF2 [119,120] have been found in FIP and associated with short telomeres. Various animal
models have also demonstrated the impact of telomeres in lung fibrosis. Mice with AT2-specific
Tert deficiency did not develop spontaneous lung fibrosis but upon bleomycin injury had more AT2
senescence and more lung fibrosis [94]. In contrast, conditional AT2 deletion of telomere repeat-binding
factor 1 (TRF1), a telomere shelterin protein, caused mice to develop spontaneous lung fibrosis due to
an impairment of telomere integrity [95,121].

Several non-cell autonomous factors also contribute to AT2 health and self-renewal capacity [122].
Indeed, the extracellular matrix (ECM) also has a role in the maintenance of AT2 cells [122], and these
cell-matrix interactions recently were revealed to be dysfunctional in IPF, diminishing the renewal
capacity of these stem cells [39]. Hyaluronan (HA) is a glycosaminoglycan that has increased abundance
in the IPF ECM and can promote fibroblast invasiveness to mediate progressive lung fibrosis [123,124].
Interestingly, HA is expressed on the cell surface of normal AT2 cells and promotes stem cell renewal
in a Toll-like receptor 4-dependent manner through the release of IL-6 [39]. AT2 cells also have a
deficiency in HA signaling during lung fibrosis, leading to IL-6-dependent reductions in their renewal
capacity [39]. Furthermore, targeted deletion of hyaluronan synthase 2 in murine AT2 cells leads to
loss of progenitor cell functions and increased susceptibility to bleomycin-induced fibrosis [39].

8. Dysregulated Signaling Pathways Causing Intrinsic AT2 Dysfunction in IPF

Advances in single genomics have provided unprecedented opportunities to reveal changes
in cellular states during normal development, tissue homeostasis, and disease. As applied to IPF
patient samples, these studies have demonstrated reactivation of a series of key developmental
pathways (e.g., Wnt, Hippo, Hedgehog, Notch) and the induction of altered cell states (senescence,
apoptosis), that provide insights into mechanisms of altered AT2 function [38,125–127]. The Wnt
pathway is a particularly prominent signal that is reactivated in fibrotic lungs [125–130]. Although
Wnt signaling is necessary for maintaining AT2 self-renewal in development [28,29,131], the aged lung
has a maladaptive response where Wnt induces cellular senescence [132,133]. As such, inhibition of
Wnt signaling improves lung fibrosis in bleomycin-challenged mice [134–136]. One of the key AT2
functions is to transdifferentiate into AT1 cells. Because of the essential AT1 role in gas exchange,
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AT2 self-renewal is an important feature of to provide an endless reparative population that is ready
to respond to any injury that damages the alveolar surface [137]. Wnt signaling is a developmental
pathway that is activated in adult AT2 cells to drive AT1 transdifferentiation [138]. However, Wnt
signaling is largely established as a nefarious event in IPF [128–130]. One possible way to reconcile
these divergent observations is that the activated Wnt pathways are a sign of ongoing repair and
regeneration of damaged alveoli [139]. Another more likely explanation is that homeostatic signals
become maladapted in pathological situations with Wnt signaling causing damaging effects, such as
induction of AT2 senescence [132,133].

Hippo signaling, which primarily mediates its signaling via Yes-associated protein (YAP) and
transcriptional coactivator with PDZ-binding motif (TAZ), is an evolutionarily conserved pathway
that crosses over with Wnt signaling [140,141]. TAZ is expressed by embryonic epithelium and is
necessary for branching morphogenesis and alveolarization by promoting AT1 differentiation [142–147].
YAP/TAZ activity is an important transducer of extracellular cues that has important effects in fibrotic
lung diseases [148]. In particular, fibroblasts use this mechanosensing pathway to promote a fibrotic
phenotype in the fibrotic lung [149–151]. A prediction would be that the epithelium may also alter their
phenotype in the IPF as a result of the increased stiffness within their microenvironment. Indeed, Hippo
signaling is dysregulated in AT2 cells in the IPF lung to alter cell shape, proliferation, and migration as
a possible contributor to lung fibrosis [152].

Notch is another developmental control pathway that regulates cell differentiation and fate
through mechanisms involving lateral inhibition [153]. Upon ligand binding, Notch receptors (Notch
1 through 4) are cleaved by γ-secretase, which releases the Notch intracellular domain (NICD) that
translocates to the nucleus and induces target gene (e.g., HES, HEY) transcription [154]. Although
Notch has distinct roles in distal lung development, AT2 cells also require Notch signaling to coordinate
crosstalk with myofibroblasts for proper alveologenesis [155,156]. Reactivation of Notch signaling
has been found to be profibrotic in skin, kidney, and cardiac fibrosis [157], and Notch pathways
are re-activated in AT2 cells within the IPF lungs [125,158]. Interestingly, alveolar differentiation is
inhibited with persistent Notch signaling, which led to a failure to regenerate the damaged alveolus
and development of honeycombed cysts that are akin to the pathology found in IPF [159]. Furthermore,
Notch activation in AT2 cells induces, whereas Notch inhibition attenuates lung fibrosis [158].

9. Altered AT2-Fibroblast Signaling in IPF

AT2-fibroblast interactions are tightly coordinated in lung development, and this unit works in
conjunction after injury to repair a damaged alveolus [29,155,156,160]. This epithelial-mesenchymal
crosstalk is clearly disrupted in IPF such that AT2 cells acquire a profibrotic phenotype to aberrantly
secrete profibrotic mediators as paracrine factors that stimulate and activate fibroblasts [24]. In fact,
TGFβ is predominantly produced by the epithelium where the integrins needed for activation of the
latent form is primarily expressed, and abrogation of TGFβ signaling within the lung epithelium can
attenuate lung fibrosis [91,161–164]. CTGF is produced by the lung epithelium in response to TGFβ
signaling and plays a vital profibrotic role by stimulating collagen deposition by fibroblasts [165–167].
AT2 cells have increased expression of CTGF in bleomycin-induced lung fibrosis, whereas blockade
can abrogate fibrosis [167–169]. Hippo signaling (via YAP) also induces activation of target genes
such as CTGF and could partially explain how the reactivation of this developmental pathway in IPF
contributes to the disease [152]. Release of mtDNA from damaged AT2 cells may also contribute to
fibroblast activation in IPF [76].

Hedgehog signaling is a key regulator of the epithelial-mesenchymal interactions during
development and fibrosis [127,160,170]. Hedgehog is regulated by the patched surface receptors
and upon ligand binding releases smoothened to activate the Gli-family transcription factors [171].
This pathway is active in the alveolar epithelium during alveolarization, after injury, and in tumors as
a means to crosstalk with mesenchymal cells and coordinate their activity [152,170]. In the adult lung,
hedgehog signaling controls the epithelial-mesenchymal unit by maintaining fibroblast quiescence at
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homeostasis and during resolution after injury [160]. Pathological reactivation of hedgehog signaling
in the alveolar compartment occurs in IPF and in bleomycin-induced lung fibrosis, and pharmacologic
and genetic blockade of the hedgehog epithelial-fibroblast crosstalk can attenuate experimental lung
fibrosis [127,172–178]. In contrast, it was recently demonstrated that mice deficient in Gli1 were not
protected from lung fibrosis suggesting either Gli2 or non-canonical hedgehog signaling may be
regulating pathological effects in lung fibrosis [179].

The epithelium has defined properties that appear to keep the mesenchymal compartment
in check at homeostasis [160,180–183]. Prostaglandin E2 (PGE2) levels are suppressed in IPF and
have been identified as an important epithelial factor that suppresses fibroblast proliferation and
activation [183–185]. Recently, bone morphogenic protein (BMP) was also identified to mediate a
similar inhibitory effect on fibroblasts [186]. Thus, AT2 cells not only promote fibrosis through release
of profibrotic mediators, but the loss of negative reinforcement factors such as PGE2 and BMP can
contribute to fibroproliferation.

10. The Senescence-associated Secretory Phenotype Has Pro-fibrotic Effects

AT2 senescence plays a prominent role in lung fibrosis through the acquisition of a
senescence-associated secretory phenotype (SASP) and is a feature of senescent cells that result in the
release of a myriad of factors with inflammatory and fibrogenic properties [187]. AT2 cells within the
lungs of IPF patients and bleomycin-injured mice gain features consistent with a SASP [37,38,93,125,126].
Indeed, a number of secreted inflammatory and profibrotic factors are released from AT2 cells within
the fibrotic lung that can have autocrine and paracrine actions within the fibrotic microenvironment to
promote lung fibrosis [24].

Several genetic variants have been found to be associated with lung fibrosis and could be mediating
fibrosis through the development of the SASP in AT2 cells. Telomere-mediated senescence causes
the SASP [93], and it is plausible that the various telomerase mutations associated with lung fibrosis
mediate their pro-fibrotic effects by inducing a SASP in AT2 cells [107,109–112]. Hermansky–Pudlak
syndrome (HPS) is an autosomal recessive disease that causes oculocutaneous albinism, bleeding
diathesis, and lung fibrosis [188]. AT2 produced excessive monocyte chemotactic protein-1 (MCP-1,
also known as C-C motif ligand 2 (CCL2)) that in turn promoted macrophage recruitments and
TGFβ production leading to lung fibrosis [189]. This finding is consistent with the acquisition of a
SASP. A SFTPC genetic variant associated with IPF (SFPTCI73T) also induces AT2 secretion of several
chemokines, which are consistent with a SASP, to recruit Ly6ChiCD64- monocytes [62]. Although not
evaluated, this constellation of findings suggests a SASP may also be regulating the development of
the spontaneous fibrosis found in this murine model.

Interestingly, a “bystander effect” is found with cellular senescence in which paracrine factors can
induce neighboring cells to undergo cellular senescence [190–192]. Notch signaling can also promote
the transfer of the senescent phenotype, which makes one posit if Notch activation in IPF may be
perpetuating cell senescence in neighboring cells [193–195]. Extracellular vesicles (EVs) are released
from cells and carry a number of factors including proteins, nucleic acids, and lipids as cargo that
can be delivered to distal cells as a means of intercellular communication [196]. EVs not only change
quantity and quality with cell senescence but can also play a role in causing senescence through a
variety of cargo [197]. Recent evidence demonstrates increased EV production in IPF lungs could
potentially be produced by senescent cells; Moreover, these EVs carry cargo such as interferon-induced
transmembrane protein 3 to promote paracrine senescence [198]. EV quantify increases in the IPF lungs,
and EVs isolated from fibrotic lungs can augment fibroproliferation in bleomycin-injured mice [126,199].
Wnt5a, which can induce senescence, is found on EVs from IPF lungs [132,199]. Furthermore, several
microRNA cargos within EVs from IPF lungs have been found to regulate cellular senescence [126].
With the ability of EVs to carry a number of cargos that can functionally regulate distal cell phenotype,
they are poised to facilitate cellular dysfunction in lung fibrosis and understanding how EVs mediate
the pathological effects of the SASP could lead to interesting targets for therapeutic intervention.
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11. Epigenetic Changes in the AT2 Promote Lung Fibrosis

The accumulation of environmental and age-related stresses over time can permanently reshape
the cellular response through epigenetic changes [200]. Epigenetics refers to hereditable changes
in gene expression that occur in the absence of DNA sequence alterations. Specifically, DNA
methylation, histone modifications, chromatin high-order structure and remodeling, and noncoding
RNAs regulate genetic accessibility to the transcriptional machinery and post-transcriptional regulation
of protein translation [201]. Distinctly different patterns of DNA methylation are found in IPF
patients, and multiple histone modifications have been associated with alterations in key pro-fibrotic
pathways [200,202–204].

IPF tends to occur in older adults, and aging is an inherent risk in accumulating epigenetic
changes [24,205–207]. IPF is more prevalent in smokers [4], and several lines of evidence have
demonstrated tobacco smoke to induce long-lasting changes in gene expression, which are largely
attributed to epigenetic modification of the lung epithelium [208–212]. Moreover, differential patterns
in DNA methylation patterns can be determined by gender, which may also contribute to the increased
incidence of IPF in males [213–216]. Several lines of evidence support the ability of epigenetic
modulators to alter the course of lung fibrosis. Changes to the methylation state and Histone
deacetylase (HDAC) inhibition by pharmacological treatment or with genetically-modified mice can
blunt lung fibrosis [37,217–222]. Several noncoding RNAs have also been demonstrated to regulate
lung fibrosis [200,223].

Noncoding RNAs operate through suppress of protein translation, and although without
controversy, is generally considered epigenetic modifiers [201]. Moreover, multiple lines of evidence
support a crossover of traditional mechanisms of epigenetic modification with microRNA expression.
For example, HDAC3 controls expression of the miR-17-92 family to regulate TGFβ expression, which
controls alveolar sacculation [224]. The miR-17-92 family has decreased expression in IPF and after
bleomycin-induced fibrosis, whereas augmented expression after 5′-aza-2′-deoxycytidine treatment
attenuated lung fibrosis [217]. The Dlk-Dio3 domain is an imprinted region that contains clusters
of miRNAs and genes [225]. Methylation of the paternal intergenic germline-derived differentially
methylated region (IG-DMR) represses miRNA expression from this allele such that only the miRNAs
on the maternally inherited allele are transcribed [226]. Expression changes of miRNAs within the
Dlk-Dio3 regions alters WNT signaling and has been associated with lung fibrosis [227,228]. Similar
to the miR-17-92 family, HDAC3 controls the expression of the microRNAs within the Dlk-Dio3
region [224]. Moreover, microRNAs in the Dlk-Dio3 region have decreased expression in fibrotic
conditions and can target TGFβ expression and signaling [180,224]. In particular, miR-323a-3p, which
is located in the Dlk-Dio3 region, has been demonstrated to attenuate lung fibrosis in bleomycin-injured
mice [180].

12. Conclusions

AT2 cells as a driver of IPF is an established concept supported by an abundance of evidence that
demonstrates their loss and dysfunction to have a central role in fibroproliferation. Recent delineation
of AT2 subsets has improved the understanding of the way these cells participate in lung development
and repair after injury. What remains to be determined is how this cellular heterogeneity may have
differential AT2 responses to the various environmental exposures, genetics, and age-associated
changes that contribute to injury and culminate over time in a dysfunctional phenotype that shifts
from reparative programs to pathogenic fibrogenesis.
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Abstract: Diabetes and respiratory diseases are frequently comorbid conditions. However, the
mechanistic links between hyperglycemia and lung dysfunction are not entirely understood. This study
examined the effects of high sucrose intake on lung mechanics and alveolar septal composition and
tested voluntary activity as an intervention strategy. C57BL/6N mice were fed a control diet (CD,
7% sucrose) or a high sucrose diet (HSD, 35% sucrose). Some animals had access to running wheels
(voluntary active; CD-A, HSD-A). After 30 weeks, lung mechanics were assessed, left lungs were
used for stereological analysis and right lungs for protein expression measurement. HSD resulted in
hyperglycemia and higher static compliance compared to CD. Lung and septal volumes were increased
and the septal ratio of elastic-to-collagen fibers was decreased despite normal alveolar epithelial
volumes. Elastic fibers appeared more loosely arranged accompanied by an increase in elastin
protein expression. Voluntary activity prevented hyperglycemia in HSD-fed mice. The parenchymal
airspace volume, but not the septal volume, was increased. The septal extracellular matrix (ECM)
composition together with the protein expression of ECM components was similar to control levels in
the HSD-A-group. In conclusion, HSD was associated with elastic fiber remodeling and reduced
pulmonary elasticity. Voluntary activity alleviated HSD-induced ECM alterations, possibly by
preventing hyperglycemia.

Keywords: dietary sugar; hyperglycemia; lung mechanics; alveolar septal composition; physical
activity; extracellular matrix remodeling

1. Introduction

Over the last decades sugar consumption has risen dramatically and in most parts of the world
sucrose—a disaccharide composed of glucose and fructose—is the most common sweetener [1].
Glucose is metabolized in every cell of the body and its metabolism is tightly regulated by insulin,
whereas fructose is primarily metabolized in the liver promoting de novo lipogenesis [2]. High sucrose
and/or high fructose consumption leads to persistent blood hyperglycemia and systemic disorders like
metabolic syndrome (MetS) and diabetes type 2 [3].

There is evidence that the lung is a target organ for glucotoxicity-induced complications. MetS
defined by hyperglycemia, hypertriglyceridemia, and hypertension among others is a risk factor for
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diabetes type 2, but also for lung function impairment and lung diseases like chronic obstructive
pulmonary disease (COPD) and asthma [4]. In diabetic patients, a poor glycemic control leads to a
progressive decline of lung function [5], and respiratory conditions including COPD and obstructive
sleep apnea are frequent comorbidities of diabetes [6,7]. Moreover, high blood glucose levels were
shown to affect fetal and postnatal lung development by generalized slowing of alveolar septal
growth [8]. The underlying mechanistic links between hyperglycemia and lung dysfunction are not
entirely understood. A better insight could help to develop novel therapeutic approaches and might
identify hyperglycemia as an early risk factor for lung diseases.

Physical exercise was shown to be effective against a number of diseases including MetS and
type 1 and type 2 diabetes, and to reduce blood glucose levels, triglycerides, blood pressure, or waist
circumference [9,10]. Moreover, it also exerts beneficial effects on lung function [11]. Generally, exercise
has an anti-inflammatory effect by induction of anti-inflammatory mediators such as IL-6, IL-1ra,
TNF-R, and IL-10 [12]. In mice which were exposed to cigarette smoke for several weeks, physical
exercise reduced oxidative stress in the lung and was therefore able to protect against emphysema
development [13].

The present study tested the hypotheses, that: (i) prolonged excess dietary sucrose intake
affects lung mechanics and structure in mice and that (ii) voluntary activity alleviates these
sucrose-induced changes.

2. Results

2.1. Body Weight and Blood Glucose Concentrations

As already published by Schipke et al. [14], high sucrose diet (HSD)-fed mice had higher body
weights (control diet (CD): 40.5 ± 3.6 g, HSD: 45.6 ± 2.0 g, p = 0.001) and elevated fasting blood glucose
concentrations (CD: 8.4 ± 0.5 mmol/L, HSD: 9.8 ± 1.2 mmol/L, p < 0.001) in comparison to CD-fed
mice after 30 weeks. Voluntary activity had no impact on the HSD-related body weight increase
(CD-active (A): 39.2 ± 4.1 g, HSD-A: 43.4 ± 2.8 g, p = 0.045; HSD vs. HSD-A p = 0.176), but prevented
hyperglycemia in the active HSD-group (CD-A: 8.0 ± 0.5 mmol/L, HSD-A: 8.3 ± 0.3 mmol/L, p = 0.373;
HSD vs. HSD-A p < 0.001).

2.2. Lung Mechanics

HSD resulted in lower Elastance H (p = 0.015; Figure 1A) and higher static lung compliance
(p = 0.012; Figure 1B) and inspiratory capacity (p = 0.043; Figure 1C) compared to CD. Voluntary
activity did not influence the HSD-induced changes in lung mechanics; however, H was reduced in
active CD-fed mice compared to non-active CD-fed mice (p = 0.03; Figure 1A).

64



Int. J. Mol. Sci. 2019, 20, 2438

Figure 1. Effects of high sucrose intake and voluntary activity on lung mechanics. Mice were fed
a control diet (CD) or a high sucrose diet (HSD) and were left untreated or had access to running
wheels (CD-A, HSD-A). Lung mechanics measurements were performed after 30 weeks. (A) Elastance
H, (B) Static lung compliance, (C) Inspiratory capacity. Values are individual data points, with
means indicated by horizontal lines. Data were compared by 2-Way ANOVA followed by Tukey test;
p-values < 0.05 are indicated: * p < 0.05, ** p < 0.01.

2.3. Lung Structure

Left lung volumes were higher in the HSD- as well as in the HSD-A-group compared to their
respective controls (CD vs. HSD p = 0.039, CD-A vs. HSD-A p = 0.002, Figure 2A). This was due to an
increase in the parenchyma volume (HSD vs. CD p = 0.043, HSD-A vs. CD-A p < 0.001, Figure 2B),
whereas the non-parenchyma volume was not significantly altered (Figure 2C).

Figure 2. Effects of high sucrose intake and voluntary activity on lung and parenchyma volumes. Mice
were fed a control diet (CD) or a high sucrose diet (HSD) and were left untreated or had access to
running wheels (CD-A, HSD-A) for 30 weeks. (A) Volume of the left lung; (B) Volume of left lung
parenchyma, (C) Volume of left lung non-parenchyma. Values are individual data points, with means
indicated by horizontal lines. Data were compared by 2-Way ANOVA followed by Tukey test; p-values
< 0.05 are indicated: * p < 0.05, ** p < 0.01, *** p < 0.001.

2.4. Parenchyma Composition

The parenchymal composition differed between inactive and active HSD-groups (Figure 3A,E).
HSD alone induced a higher septal volume (CD vs. HSD p = 0.001, Figure 3B) and surface area (CD
vs. HSD p < 0.001, Figure 3C) compared to controls. In contrast, the combination of activity and
HSD resulted in a higher airspace volume (CD-A vs. HSD-A p < 0.001, Figure 3F), which was due
to increases in both ductal (CD-A vs. HSD-A p = 0.001; Figure 3G) and alveolar (CD-A vs. HSD-A
p = 0.002, Figure 3H) airspace, accompanied by a higher septal surface area (CD-A vs. HSD-A p < 0.001,
Figure 3C). The thickness of alveolar septa did not differ significantly among the groups (Figure 3D).
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Figure 3. Effects of high sucrose intake and voluntary activity on parenchyma composition. Mice were
fed a control diet (CD) or a high sucrose diet (HSD) and were left untreated or had access to running
wheels (CD-A, HSD-A) for 30 weeks. (A) Septal volume density, (B) Septal volume, (C) Septal surface
area; (D) Septal thickness; (E) Airspace volume density; (F) Airspace volume; (G) Ductal airspace
volume; (H) Alveolar airspace volume. Values are individual data points, with means indicated by
horizontal lines. Data were compared by 2-Way ANOVA followed by Tukey test; p-values < 0.05 are
indicated: * p < 0.05, ** p < 0.01, *** p < 0.001.
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2.5. Septal Composition

The increased septal volume in HSD-fed animals was accompanied by volume increases of
endothelial cells (CD vs. HSD p < 0.001, Figure 4A) and the capillary lumen (CD vs. HSD p = 0.003,
Figure 4B) compared to CD. Similarly, the absolute volume of interstitial cells (mainly fibroblasts)
showed a strong tendency to higher levels (CD vs. HSD p = 0.053, Figure 4C). In contrast, the epithelial
cell volume was not significantly changed in response to HSD (Figure 4D). Voluntary activity in
combination with HSD resulted in elevated absolute volumes of interstitial cells compared to CD-A
(p = 0.005, Figure 4C). The volume of lipid droplets within interstitial cells was not significantly affected
by diet or activity (Figure 4 E).

Figure 4. Effects of high sucrose intake and voluntary activity on septal composition. Mice were fed a
control diet (CD) or a high sucrose diet (HSD) and were left untreated or had access to running wheels
(CD-A, HSD-A) for 30 weeks. (A) Volume of septal endothelial cells; (B) Volume of septal capillary
lumen; (C) Volume of septal interstitial cells; (D) Volume of septal epithelial cells; (E) Volume of lipid
droplets within septal interstitial cells. Values are individual data points, with means indicated by
horizontal lines. Data were compared by 2-Way ANOVA followed by Tukey test; p-values < 0.05 are
indicated: * p < 0.05, ** p < 0.01, *** p < 0.001.
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2.6. Extracellular Matrix Composition

Compared to CD, the absolute volumes of the extracellular matrix (ECM) (defined as all non-cellular
spaces of the septum which includes proteoglycans, collagen fibers and elastic fibers among others; CD
vs. HSD p = 0.001, Figure 5A) and of collagen fibers within the ECM (CD vs. HSD p = 0.009, Figure 5B)
were significantly increased in HSD-fed animals. This was consistent with the higher septal volume in
these animals. In contrast, the volume of elastic fibers was unchanged in the HSD-group (Figure 5C)
and the ratio of elastic-to-collagen fiber volumes was reduced in HSD compared to CD (p = 0.003,
Figure 5D).

Figure 5. Effects of high sucrose intake and voluntary activity on extracellular matrix composition.
Mice were fed a control diet (CD) or a high sucrose diet (HSD) and were left untreated or had access to
running wheels (CD-A, HSD-A) for 30 weeks. (A) Volume of septal extracellular matrix; (B) Volume
of septal collagen fibers; (C) Volume of septal elastic fibers; (D) Ratio of the elastic fiber volume to
the collagen fiber volume. Values are individual data points, with means indicated by horizontal
lines. Data were compared by 2-Way ANOVA followed by Tukey test; p-values < 0.05 are indicated:
** p < 0.01.

The structural appearance of septal elastic fibers differed between animals. They appeared either
loosely arranged, densely packed, or showed an intermediate phenotype (Figure 6A). Scoring revealed
that elastic fibers of HSD-fed animals resembled the loose phenotype in contrast to the more densely
packed elastic fibers in control mice (Figure 6B). Voluntary activity partly changed this categorization.
Regarding collagen fibers, there was no morphological difference between the groups.

Next, the parenchymal protein expression of elastin and fibrillin as main components of elastic
fibers, and of collagen I and collagen III as most common collagen types within the lung parenchyma (4)
was assessed. The elastin expression was markedly increased to about 500% of control levels in
response to HSD (CD vs. HSD p < 0.001, Figure 6C). Fibrillin protein expression was increased to 200%
of control levels (CD vs. HSD p < 0.001, Figure 6D), whereas collagen I and III levels were similar to
CD (Figure 6E,F). Voluntary activity significantly alleviated the HSD-induced changes in elastin (HSD
vs. HSD-A p = 0.006, Figure 6C) and fibrillin (HSD vs. HSD-A p = 0.014, Figure 6D) expression.
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Figure 6. Effects of high sucrose intake and voluntary activity on composition of elastic fibers and
collagen fibers. Mice were fed a control diet (CD) or a high sucrose diet (HSD) and were left untreated or
had access to running wheels (CD-A, HSD-A) for 30 weeks. (A) Representative electron microscopical
images showing loose, intermediate or dense structural composition of elastic fibers. E, elastic fibers; C,
collagen fibers. (B) Scoring of elastic fiber appearance. (C) Elastin protein expression; (D) Fibrillin-1
protein expression; (E) Collagen I protein expression; (F) Collagen III protein expression. (C–F) left:
PVDF membranes with protein bands used for quantification, molecular marker bands are indicated;
right: protein band intensity signals normalized to the respective loading control and expressed as
percentage of the CD mean value of the respective membrane; values are individual data points, with
means indicated by horizontal lines. Data were compared by 2-Way ANOVA followed by Tukey test;
p-values < 0.05 are indicated: * p < 0.05, ** p < 0.01, *** p < 0.001.
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3. Discussion

Excess dietary sucrose intake for 30 weeks resulted in hyperglycemia and lung mechanics
alterations indicating reduced elasticity, higher septal volumes, and elastic fiber remodeling. Voluntary
activity prevented hyperglycemia and alleviated ECM alterations in HSD-fed mice. Moreover, the
parenchymal airspace volume, but not the septal volume, was increased in the HSD-A-group.

Within the lung, the ECM significantly influences the elastic properties [15]. The ECM is
mainly composed of elastic fibers, collagen fibers, and proteoglycans. The molecular components are
synthesized by interstitial fibroblasts and released into the interstitium, where they assemble into
their fibrillar structure. Collagen and elastic fibers cooperate to create a stable, but also elastic septal
architecture [15]. In HSD-fed mice, the collagen fiber volume was higher in accordance with the septal
volume increase. Moreover, the protein amount of collagen I and III (as the main collagen types of
the lung) within 20 μg total parenchymal protein was similar to control levels. This indicates that
the amount and the composition of septal collagen fibers in HSD-fed mice are comparable to control
conditions. In contrast, the volume of elastic fibers was similar between HSD- and CD-fed mice despite
the higher septal volume in the HSD-group, and the ratio of elastic-to-collagen fiber volumes was
reduced. Additionally, the structural appearance of the elastic fibers was different in HSD-fed mice.
They appeared loosely arranged with more amorphous material and less electron dense structures in
contrast to the more densely packed elastic fibers in the control group. Analysis of the parenchymal
protein composition revealed that in response to HSD, the amount of elastin was markedly increased to
on average 500% of control levels. Also, the fibrillin amount was higher in HSD-fed mice, although this
reached only about 200% of control levels. Thus, the prolonged high dietary sucrose intake influenced
the expression of the main elastic fiber components elastin and fibrillin. The altered elastin-to-fibrillin
ratio might have caused a divergent composition and thus altered structural appearance of the elastic
fibers. Since elastic fibers are mainly responsible for the pulmonary elastic recoil during expiration,
this finding could at least contribute to the lower lung elasticity we observed upon HSD feeding.

Elastic fibers are complex structures and the largest ECM component of the lung. Their extracellular
assembly is directed by the fibroblast and requires the coordinated expression of tropoelastin and
microfibril components as well as enzymes essential for elastin cross-linking [16]. In other organs
like the heart, hyperglycemia-induced effects on fibroblasts are well studied with upregulation of
collagen expression as one main effect [17–20]. In contrast, little is known about glucotoxic effects on
pulmonary fibroblasts. Glucose-stimulation of fetal rat lung explants results in greater lipid inclusions
within fibroblasts [21], contradicting the unchanged lipid droplet volumes in fibroblasts of HSD-fed
mice found in this study. This might be due to differences in age (fetal vs. adult) and/or experimental
design (lung explant vs. living organism). In cultured human lung fibroblasts, insulin stimulates
collagen synthesis [22], however, direct glucose-related effects on lung fibroblasts are not well studied.
Also endothelial cells influence pulmonary ECM composition, either via nitric oxide production or by
endothelial-mesenchymal transition, and may therefore contribute to the sucrose-induced changes
observed in this study [23].

A functional correlation between hyperglycemia and elastic fiber remodeling could add important
insight into the complex and not well understood association between diabetes and pulmonary
dysfunction. Abnormal elastic fiber assembly and integrity as a result of genetic mutations is associated
with an increased susceptibility for lung diseases [24] and changes in content and composition of ECM
components significantly contribute to pathogenesis and progression of asthma, COPD, idiopathic
pulmonary fibrosis, pulmonary arterial hypertension, and lung cancer [15,25]. On the other hand, type
1 diabetes mellitus leads to a decrease of lung elasticity [26,27]. Moreover, a poor glycemic control
indicated by high HbA1c concentrations in diabetic patients results in a progressive decline in lung
function [5] and diabetic individuals are at higher risk of COPD, asthma, pulmonary fibrosis, and
pneumonia [28]. While diabetic microangiopathy in the lung is one explanation for these alterations,
also structural changes are considered to play a major role [29,30]. In diabetic rats, the relative amounts
of collagen, elastin, and basal laminae in the septum are increased [31] and diabetes induction by
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streptozotocin, in 3 week old rats, results in increased collagen and elastin [32]. Another study
examining normally fed and undernourished diabetic rats concludes that experimental diabetes affects
lung connective tissue metabolism and breakdown and thereby leads to increases in lung collagen
and elastin [33]. In humans, fasting plasma glucose concentrations of 6.1–6.9 mmol/L without or with
impaired glucose clearance indicate a prediabetic state, whereas a fasting plasma glucose concentration
equal to or higher than 7 mmol/L is defined as diabetes [34]. This is not directly transferable to mice, as
plasma glucose concentrations of 5–8 mmol/L are reported for mice under control conditions [14,35].
Severe diabetes upon streptozotocin injection is reflected by blood glucose concentrations greater
than 14 mmol/L [35]. The HSD-fed mice examined here had blood glucose concentrations around
10 mmol/L, which was significantly higher than CD-fed mice (8.5 mmol/L), but below the severe
diabetes conditions of other studies [35]. Moreover, glucose tolerance measured by an oral glucose
tolerance test was unimpaired in the HSD-group [14], pointing to a prediabetic or early diabetic state.
Thus, elastic fiber remodeling seems to be an early hyperglycemia-induced pulmonary alteration that
might prime the lung for injury or disease. Moreover, the mouse model used in this study is suitable
to monitor for early hyperglycemia-induced pulmonary alterations and to test therapeutic options
against disease progression.

One intervention strategy already known to be effective against many metabolic disorders is
physical exercise [9]. Here, voluntary activity prevented hyperglycemia in HSD-fed mice [14] in
line with others showing improved blood sugar control due to physical exercise in prediabetic or
diabetic individuals [36,37]. In active, HSD-fed mice the parenchymal airspace volume, but not the
septal volume, was increased and the absolute volume of interstitial cells was higher compared to
CD-A. Moreover, the septal amount of elastic fibers, the elastic-to-collagen fiber ratio and the protein
expression of elastic fiber components was similar to control levels. This indicates that voluntary activity
alleviated the HSD-induced septal remodeling processes, possibly by prevention of hyperglycemia.
Although this did not result in normalization of lung mechanics, the increase in airspace volume
instead of septal volume in HSD-A may point to a beneficial effect for elasticity. It was shown before
that physical activity affects expression and activity of matrix metalloprotease- 2 (MMP-2) and MMP-9
and their inhibitors TIMP-1 and TIMP-2 in human muscle and tendon tissue [38,39] which are involved
in degradation and stabilization of ECM components. In line with that, physical exercise has a positive
effect on ECM remodeling in patients with diabetes type 2 by influencing expression of MMP-2 and its
tissue inhibitor TIMP-2 [40].

4. Materials and Methods

4.1. Animals and Study Design

All animal experiments were approved by the Local Institutional Animal Care and Research
Advisory committee and permitted by the Lower Saxony State Office for Consumer Protection and
Food Safety (Reference number 33.14-42502-04-13/1244, approval date 11.09.2013). Male C57BL/6N
mice were purchased from Charles River (Sulzfeld, Germany) at the age of five weeks. After one
week of acclimatization in the local housing facility, animals were randomly assigned to four groups.
Animals were housed separately under 12 h light and 12 h dark cycle and were fed ad libitum either a
CD with a carbohydrate:protein:fat ratio of 70:20:10 kcal% containing 7% sucrose (D12450J, Research
diets, New Brunswick, NJ, USA) [14] or a HSD with a carbohydrate:protein:fat ratio of 70:20:10 kcal%
containing 35% sucrose (D12450B, Research diets) [14]. Some animals had free access to running
wheels for voluntary activity resulting in four experimental groups: (1) CD (n = 10), (2) CD-A (n = 9),
(3) HSD (n = 9) and (4) HSD-A (n = 7).

For all animals used in this study, basic data (body weight, energy intake, running distance,
circulating plasma lipid levels and glucose homeostasis) were recently published in another context
and compared with additional experimental groups by 3-Way ANOVA [14]. Therefore, body weights
and fasting blood glucose concentrations of the mice in this study were subjected to the statistical
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analysis used here (2-Way ANOVA and Tukey post-hoc test) and means and p-values are reported in
the results section of this paper.

4.2. Lung Mechanics

After 30 weeks, mice were anesthetized with Ketamine (100 mg/kg body weight; Dr. Graeub AG,
Bern, Switzerland) and Xylazin (5 mg/kg body weight; Rompun®, Bayer, Leverkusen, Germany) via
intraperitoneal injection. Afterwards mice were tracheostomized and mechanically ventilated using
the Flexivent small animal ventilator (SCIREQ, Montreal, QC, Canada) with a frequency of 150/min
and a tidal volume of 10 mL/kg body weight. To prevent spontaneous breathing, 0.8 mg/kg body
weight pancuronium bromide (Actavis®, Inresa Arztneimittel GmbH, Freiburg, Germany) was injected
intraperitoneally. Three different mechanical parameters were assessed: the tissue elastance (H), the
static lung compliance (CST) and the inspiratory capacity (IC) as described elsewhere [41,42]. In brief,
elastance H was assessed using the broadband forced oscillation technique at a positive end-expiratory
pressure (PEEP) of 3 cm H2O. Quasi-static pressure volume loops were measured to calculate CST
according to the Salazar-Knowls equation and IC was determined by deep inflation of the lung at a
pressure of 30 cm H2O.

4.3. Lung Fixation, Sampling, and Processing

Right lung lobes were ligated and the left lung was fixed via tracheal instillation at a hydrostatic
pressure of 20 cm H2O using 1.5% paraformaldehyde (Sigma-Aldrich, St. Louis, MO, USA) and 1.5%
glutaraldehyde (Merck, Darmstadt, Germany) in 0.15 M HEPES buffer (Sigma-Aldrich). Right lung
lobes were snap frozen and stored at −80 ◦C. The left lung was kept in fixative for at least 24 h. The left
lung volume was determined by fluid displacement (Principle of Archimedes) [43]. Afterwards,
systematic uniform random sampling (SURS) was performed [44] and tissue slices were randomly
allocated to light microscopy (LM) or transmission electron microscopy (TEM) analysis.

Slices for LM analysis were embedded in Technovit 7100 (Heraeus Kulzer, Wehrheim, Germany)
as described previously [45]. In brief, tissue slices were osmicated for 2 h followed by an overnight
incubation in a half saturated aqueous solution of uranyl acetate. After dehydration with ascending
acetone concentrations, samples were embedded in Technovit 7100, 1.5 μm thick sections were cut and
stained with toluidine blue.

Slices for TEM analysis were randomly subsampled into 1 mm3 tissue blocks and embedded
in epoxy resin (Epon®, Serva, Heidelberg, Germany) as described previously [45]. In brief, tissue
blocks were post-fixed with osmium tetroxide followed by an overnight en bloc incubation with uranyl
acetate. After dehydration with ascending acetone concentrations, samples were embedded in epoxy
resin and 60 nm ultrathin sections were cut for analysis.

4.4. Stereological Analysis—Light Microscopy

The following parameters were determined by design-based stereology at the LM level: Volume
densities and total volumes of the parenchyma and non-parenchyma, the alveolar septa and the
alveolar and ductal airspace as well as the surface density and the total surface area of the alveolar
septa. Three to four tissue slices per animal were digitized using a slide scanner (Axio Scan.Z1, ZEISS,
Oberkochen, Germany) and analyzed using the newCast software (Visiopharm, Hørsholm, Denmark).
The analyst was blinded for experimental groups throughout the analysis.

Volumes were determined by point counting [44]. For estimating the parenchyma (V(par,lung))
and non-parenchyma volume (V(nonpar,lung)), random fields of view were provided by the Visiopharm
software at a sampling fraction of 50% and an objective lens magnification of 5 x. The test grid consisted
of 24 points and points hitting the structure of interest (parenchyma and non-parenchyma) as well as
points hitting the reference space (lung tissue) were counted. Volume densities (VV) were calculated
by dividing the sum of the points hitting the structure of interest by the sum of the points hitting
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the reference space (Equation (1)) and total volumes (V) were calculated by multiplying the volume
density by the total volume of the reference space (Equation (2)):

VV(struct/ref) =
∑

P(struct)/
∑

P(ref) (1)

V(struct,ref) = VV (struct/ref) × V(lung) (2)

For estimating the septal volume (V(sept,par)) and the airspace volume (V(air,par)) within the
parenchyma, fields of view obtained with a sampling fraction of 5% and an objective lens magnification
of 20 x were analyzed using the same test grid as above. Volumes were calculated as shown in
Equations (1) and (2) with septum or airspace representing the structure of interest and the parenchyma
representing the reference space.

For estimating the alveolar (V(alvair,par)) and ductal (V(ductair,par)) airspace volumes within
the parenchyma, random images were obtained at a sampling fraction of 5–10% and an objective lens
magnification of 10 x using the same test system as above. Volumes were calculated as shown in
Equations (1) and (2) with the alveolar or ductal airspace representing the structure of interest and the
parenchyma representing the reference space.

For estimating the septal surface area within the parenchyma (S(sept,par)), random images
obtained at a sampling fraction of 5% and an objective lens magnification of 20 x were analyzed.
The test grid consisted of two lines and four points with a known length per point (l/p = 34.14 μm).
All intersections of the test lines with the septal surface and all points hitting the parenchyma were
counted [43] and the surface area was calculated as shown in Equations (3) and (4):

SV(sept/par) = 2 ×
∑

I(sept)/(l/p ×
∑

P(par)), (3)

S(sept,par) = SV (sept/par) × V(par,lung). (4)

The septal thickness (τ(sept)) was calculated as shown in Equation (5) [44].

τ(sept) = 2 × VV(sept/par)/SV(sept/par) (5)

4.5. Stereological Analysis—Transmission Electron Microscopy

The following parameters were estimated by design-based stereology at the TEM level: volume
densities and total volumes of epithelial cells, endothelial cells, interstitial cells, the capillary lumen
and the extracellular matrix (ECM; defined as all non-cellular spaces of the septum which includes
proteoglycans, water, collagen and elastic fibers among others). Moreover, volume densities and
total volumes of collagen fibers and elastic fibers within the septal ECM and of lipid droplets within
interstitial cells were quantified in a separate analysis. Three tissue blocks per animal were analyzed.
At least 90 random images per animal were taken according to SURS standards with a Morgagni 268
microscope (FEI, Eindhoven, Netherlands) at a primary magnification of 14,000 x. Images were analyzed
using the STEPanizer stereology online tool [46] by an analyst blinded for experimental groups.

Volume densities were estimated by point counting as described above. For estimation of
epithelium, endothelium, capillary lumen, interstitial cells and ECM, the test grid consisted of 16 points
and for estimation of collagen fibers, elastic fibers and lipid droplets within interstitial cells the test
grid consisted of 400 points. Points hitting epithelial cells (P(epi)), endothelial cells (P(endo)), capillary
lumen (P(caplum)), interstitial cells (P(intcell)), ECM (P(ECM)), elastic fibers (P(elast)), collagen fibers
(P(coll)) and lipid droplets (P(LD-intcell)) and points hitting the reference space (septum; P(sept)) were
counted. Volume densities and total volumes were calculated as described in Equations (1) and (2).
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4.6. Scoring of Structural Elastic Fiber Appearance

The structural appearance of elastic fibers was assessed by an analyst who was blinded for
experimental groups. At least 90 random images at a primary magnification of 14,000 x per animal
were analyzed and elastic fibers were assigned to one of three groups: (i) loosely arranged, more
amorphous components, (ii) intermediate, (iii) densely packed, more electron dense, fibrillar structures
(Figure 6A).

4.7. Protein Islolation And Western Blot

Lung samples were homogenized with a tissue lyser (Qiagen, Hilden, Germany), proteins were
isolated using the NucleoSpin®RNA/Protein Kit (Macherey-Nagel, Düren, Germany) and protein
concentration was measured with a protein quantification assay (Macherey-Nagel).

20μg proteins per lane were loaded, fractionated by SDS-PAGE (polyacrylamide gel concentrations
in Table 1) and transferred to PVDF membranes (Bio-Rad, Hercules, CA, USA). Membranes were
blocked (blocking conditions in Table 1), incubated with the primary antibody, washed, incubated with
the secondary antibody (antibody details in Table 1), washed and developed using the Clarity Max™
Western ECL Blotting Substrate (Bio-Rad) and the ChemiDocTM Touch Imager (Bio-Rad). Protein
bands intensities were assessed with the Image LabTM Software (Bio-Rad), normalized according to
the loading control and expressed as percentage of the CD mean of the respective membrane.

Table 1. Gel concentrations, blocking conditions, and antibodies used for Western Blot analysis.

Protein Gel Concentration Blocking Conditions
Primary Antibody, Dilution,

Incubation Conditions
Secondary Antibody, Dilution,

Incubation Conditions

Target Proteins

Fibrillin-1 5%
drying and

equilibration in 3%
BSA for 10 min

Anti-Fibrillin 1 antibody Peroxidase-AffiniPure F(ab’)2
Fragment Goat Anti-Rabbit IgG

(ab231094; Abcam, Cambridge,
Great Britain)

(111-036-045, Dianova,
Hamburg, Germany)

1:1000 1:20,000
overnight, 4 ◦C 1 h, room temperature

Elastin 10%
drying and

equilibration in 3%
BSA for 10 min

Anti-Elastin antibody Peroxidase-AffiniPure F(ab’)2
Fragment Goat Anti-Rabbit IgG

(ab217356, Abcam) (111-036-045, Dianova)
1:2000 1:20,000

overnight, 4 ◦C 1 h, room temperature

Collagen I 10% 1 h 3% BSA/TBS

COL1A1 (3G3) m-IgGκ BP-HRP
(sc-293182, Santa Cruz

Biotechnology, Dallas, TX, USA)
(sc-516102, Santa Cruz

Biotechnology)
1:500 1:20,000

overnight, 4 ◦C 1 h, room temperature

Collagen III 8% 1 h 3% BSA/TBS

COL3A1 (B-10) m-IgGκ BP-HRP
(sc-271249, Santa Cruz

Biotechnology)
(sc-516102, Santa Cruz

Biotechnology)
1:500 1:20,000

overnight, 4 ◦C 1 h, room temperature

Loading Controls

α-Actin

α-Actin Antibody (G-12) Peroxidase-AffiniPure F(ab’)2
Fragment Goat Anti-Rabbit IgG

(sc-130619, Santa Cruz
Biotechnology) (111-036-045, Dianova)

1:2000 1:20,000
1 h, room temperature 1 h, room temperature

Vinculin

Vinculin antibody (7F9) m-IgGκ BP-HRP
(sc-73614, Santa Cruz

Biotechnology)
(sc-516102, Santa Cruz

Biotechnology)
1:2000 1:20,000

1 h, room temperature 1 h, room temperature
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4.8. Statistical Analysis

Data were analyzed with Sigma Plot (SYSTAT Software Inc., Erkrath, Germany) by two-way
analysis of variance (2-Way ANOVA) followed by Tukey test for pairwise multiple comparisons.
p-values < 0.05 were considered significant, p-values between 0.05 and 0.1 (0.05 < p < 0.1) were
considered to show a tendency towards significance [47]. Data are expressed as means ± SD or means
and individual data points for each mouse. Graphs were created using GraphPad Prism (version 4,
GraphPad Software, San Diego, CA, USA) and figures were constructed with Photoshop CS6 (Adobe,
San José, CA, USA).

5. Conclusions

In conclusion, high sucrose intake induced hyperglycemia and elastic fiber remodeling that
resulted in reduced pulmonary elasticity. In contrast, the alveolar epithelium did not show alterations.
This might contribute to the hyperglycemia-related decline in lung function observed in patients
and could prime the lung for injury and disease. Future studies are needed to shed further light
on this correlation between high blood sugar and ECM remodeling. Voluntary activity prevented
hyperglycemia and significantly alleviated elastic fiber alterations in HSD-fed mice, indicating that
physical exercise is a potent intervention strategy against sugar-induced pulmonary changes.
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Abstract: Acute lung injury (ALI) is characterized by enhanced permeability of the air–blood barrier,
pulmonary edema, and hypoxemia. MicroRNA-21 (miR-21) was shown to be involved in pulmonary
remodeling and the pathology of ALI, and we hypothesized that miR-21 knock-out (KO) reduces
injury and remodeling in ALI. ALI was induced in miR-21 KO and C57BL/6N (wildtype, WT) mice by
an intranasal administration of 75 μg lipopolysaccharide (LPS) in saline (n= 10 per group). The control
mice received saline alone (n = 7 per group). After 24 h, lung function was measured. The lungs were
then excised for proteomics, cytokine, and stereological analysis to address inflammatory signaling
and structural damage. LPS exposure induced ALI in both strains, however, only WT mice showed
increased tissue resistance and septal thickening upon LPS treatment. Septal alterations due to LPS
exposure in WT mice consisted of an increase in extracellular matrix (ECM), including collagen fibrils,
elastic fibers, and amorphous ECM. Proteomics analysis revealed that the inflammatory response
was dampened in miR-21 KO mice with reduced platelet and neutrophil activation compared with
WT mice. The WT mice showed more functional and structural changes and inflammatory signaling
in ALI than miR-21 KO mice, confirming the hypothesis that miR-21 KO reduces the development of
pathological changes in ALI.

Keywords: acute lung injury; microRNA-21; alveolar micromechanics; structural remodeling;
inflammatory signaling

1. Introduction

Acute lung injury (ALI) or acute respiratory distress syndrome (ARDS) results from severe alveolar
injury with increased permeability of the alveolar–capillary barrier, which is most often caused by
pneumonia or sepsis. The pathophysiology of the disease is characterized by a strong pulmonary
inflammation with a diffuse alveolar damage and edema formation that leads to decreased pulmonary
compliance, hypoxemia, and respiratory failure (reviewed in [1]). The mortality rate is still relatively
high, and recovery is often associated with an increased risk of developing pulmonary fibrosis [2,3].
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As of now, however, treatment options are limited to supportive care with mechanical ventilation,
since pharmaceutical treatment options are still lacking [4].

MicroRNAs are small non-coding RNA sequences that regulate the gene expression of cellular
processes, such as cell proliferation, differentiation, cell metabolism, or apoptosis, by forming
complementary sequences to mRNAs and thereby inhibiting their translation (reviewed in [5,6]).
MicroRNA-21 (miR-21) has been described to have pro-inflammatory, proliferative, and fibrotic
activities in tumor development or fibrosis in a variety of different tissues and organs [7–9]. It was
shown to be transcriptionally regulated via AP-1, STAT3, or NFκB signaling and interacting with a
series of pathways such as PTEN/AKT, SMAD/TGFβ, PDCD4, and others (reviewed in [6,10]). In the
lung, miR-21 was found to be upregulated and involved in the development of ALI and pulmonary
fibrosis [11,12]. Patients with ARDS showed increased levels of miR-21 in the blood serum [13] and
miR-21 was upregulated in different murine models of ALI [13–17]. This was also the case in patients
with idiopathic pulmonary fibrosis (IPF) and in murine models of bleomycin-induced lung injury and
fibrosis [12,18,19]. Previous studies have shown that the inhibition of miR-21 signaling improved lung
function and oxygenation and reduced the formation of edema in ventilation-induced lung injury
(VILI) or lipopolysaccharide- (LPS) induced ALI [13,17]. Other studies, however, also indicated that
miR-21 could have beneficial effects on the development of ALI [20,21]. Together these studies provide
evidence that miR-21 is involved in the development of ALI, however, its molecular role and the
underlying mechanisms are still poorly understood.

While these previous studies have addressed the impact of miR-21 signaling in ALI by using
synthetic overexpression (agomiR-21) or inhibition (antagomiR-21), in the current study miR-21
knock-out (KO) mice were used, with the advantage of a specific and permanent loss of miR-21 in the
adult system. The impact of miR-21 was addressed in the acute phase of LPS-induced ALI, and we
hypothesized that miR-21 KO ameliorates pulmonary inflammation and tissue damage.

2. Results

ALI was induced in male C57BL/6N wild-type (WT) mice and miR-21 knock-out (KO) mice by an
intranasal application of 75 μg LPS per mouse (n = 10 per strain). Control mice received saline (n = 7
per strain). Twenty-four hours later, lung function was measured, mice were sacrificed, and lung injury,
remodeling, and inflammation were analyzed. The MiR-21/snoRNA202 ratio was analyzed to measure
relative miR-21 expression in the lung. In the KO mice, miR-21 expression was below assay sensitivity.
In the WT controls, the ratio was 0.886/0.160 (mean/SD) and significantly (p < 0.05) increased with LPS
exposure in WT mice (1.571/0.624).

2.1. Lung Function

The results of the lung function measurements are shown in Figure 1. The measurements revealed
that static pulmonary compliance (Cst) and inspiratory capacity (IC) were significantly (p < 0.05)
higher in WT compared with KO mice. This was equally apparent in the controls and LPS-treated
mice. Significant differences with LPS exposure occurred only in WT mice, including increases in tissue
resistance (G), hysteresivity (η), and hysteresis. No differences in tissue elastance (H) were measured
between strains or with LPS treatment.
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Figure 1. Lung function analysis. Pulmonary function and micromechanics were assessed at a positive
end-expiratory pressure (PEEP) value of 3 cmH2O with a mouse FlexiVent (SCIREQ) ventilator in
wild-type (WT) and knock-out (KO) mice with and without acute lung injury (ALI). Each data point
represents one animal; means are expressed by horizontal bars; lines indicate statistically significant
differences between groups (* p < 0.05, ** p < 0.01).

2.2. Structural Changes

Structural changes in the lung parenchyma were assessed by stereology (Figure 2). LPS exposure
caused an increase in lung volume in KO mice (p = 0.002) and in WT mice (p = 0.054) and a significant
(p < 0.05) increase in the parenchymal volume of both WT and KO mice. Along with the parenchymal
volume, significant increases were observed in alveolar volume and septal volume with LPS exposure
in both strains. In the KO mice, the effect was also accompanied by a significant (p = 0.04) increase
in the septal surface area, which was only manifested as a trend (p = 0.07) in WT mice. The main
difference between the strains with ALI became apparent in septal thickness (τ(sept,par)). Here,
a significant (p = 0.004) septal thickening upon LPS exposure was measured in WT mice, but not in

81



Int. J. Mol. Sci. 2020, 21, 822

KO mice (p = 0.32). Histopathology (Figure 3) further revealed the recruitment of inflammatory cells,
mostly neutrophils, into the lung tissue and alveolus.

Figure 2. Structural alterations in lung tissue. Structural changes were assessed in the left lung lobe using
stereology. The volume of the left lung lobe (V(lung)) was measured with volume displacement. The
parenchymal content (V(par,lung)) and its alveolar volume (V(alv,par)) and septal volume (V(sept,par))
were estimated, as well as the septal surface area (S(sept,par)) and septal thickness (τ(sept)). Each
data point represents one animal; means are expressed by horizontal bars; lines indicate statistically
significant differences between groups (*p < 0.05, **p < 0.01).
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Figure 3. Representative light micrographs of toluidine blue stained lung parenchyma. The arrows
indicate inflammatory cell infiltration, the arrow heads show septal thickening in the lung in the
different experimental groups; scale bar = 50 μm.

2.3. Ultrastructural Septal Remodeling

Most changes between strains with ALI were apparent in the septa; therefore, the ultrastructural
septal composition was further quantified with transmission electron microscopy (TEM) and stereology.
As main septal compositions, the volume of alveolar epithelial cells (V(epi,sept)), endothelial cells
(V(endo,sept)), interstitial cells, including fibroblasts and recruited inflammatory cells (V(int.cell,sept)),
and extracellular matrix (ECM; V(ECM,sept)) were assessed (Figure 4A). Stereological quantification
revealed that no differences between strains or with ALI were apparent in alveolar epithelial and
endothelial cell volume, but the volume of interstitial cells increased significantly with ALI in both
WT and KO mice. The increase in interstitial cells was mostly due to inflammatory cells recruited
to the septa, as also shown in representative TEM images (Figure 4B). A significant strain-related
difference in septal composition with LPS exposure was measured in the volume of septal ECM. The
volume of ECM was generally lower in WT compared with KO mice, but only in WT mice was a
significant (p < 0.01) increase found with LPS exposure. The changes in ECM composition were
therefore sub-divided into collagen fibrils (V(collagen,sept)), elastic fibers (V(elastin,sept)) and other
amorphous ECM (V(amorphous ECM,sept)), as shown in Table 1. The KO mice differed from the WT
mice by an increased content of amorphous ECM in the septa. In WT mice, all three ECM compartments
were significantly increased with LPS exposure, but no changes with LPS exposure were found in
KO mice.
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Figure 4. Ultrastructural changes in the pulmonary septa. The ultrastructural changes in the pulmonary
septa of the left lung lobe were assessed using stereology (A). Analysis of the septal composition
included the volume of alveolar epithelial cells (V(epi,sept)), endothelial cells (V(endo,sept)), interstitial
cells (V(int.cells,sept), including fibroblasts and interstitial inflammatory cells, and ECM (V(ECM,sept)
in the septa. Each data point represents one animal; means are expressed by horizontal bars; lines
indicate statistically significant differences between groups (* p < 0.05, ** p < 0.01, *** p < 0.001).
Representative transmission electron microscopy (TEM) images of the different experimental groups
(B). The arrows show septal elastic fibers, the arrow heads point to interstitial cells, n = neutrophil,
scale bar = 2 μm.
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Table 1. Septal extracellular matrix (ECM) composition in the left lung lobe. Septal ECM
compositions were ultrastructurally quantified as either collagen fibrils (V(collagen,sept)), elastic
fibers (V(elastin,sept)), or other amorphous ECM (V(amorphous ECM,sept)). The results are displayed
as mean / SD. L= significant lipopolysaccharide (LPS) effect in the respective strain group, S= significant
strain effect in respective exposure group; * p < 0.05, ** p < 0.01.

Group V(collagen,sept) [mm3] V(elastin,sept) [mm3]
V(amorphous

ECM,sept) [mm3]

WT control 0.3 / 0.10 0.9 / 0.15 1.5 / 0.28

WT LPS 0.4 / 0.13 L** 1.3 / 0.40 L** 2.0 / 0.51 L*

KO control 0.4 / 0.16 1.0 / 0.29 2.0 / 0.46 S*

KO LPS 0.5 / 0.14 1.3 / 0.19 2.2 / 0.26

2.4. Pulmonary Cytokine Expression

Inflammatory cytokine expression was measured in the lung tissue with a multiplex bead array.
The levels of inflammatory cytokines (IFNγ, TNFα, IL-6, IL-1β, CXCL1, CCL2, and CCL5) were
significantly increased with LPS exposure in both strains (Table 2). No differences were detected
between strains in control mice and all cytokines, with the exception of CCL5, were equally induced in
WT and KO mice after LPS exposure. CCL5, however, was 80% higher in WT compared with KO mice
(p < 0.001).

Table 2. Inflammatory cytokine expression in lung tissue. Cytokine expression was normalized to total
tissue protein concentration (pg/mg) and is displayed as mean / SD. L = significant LPS effect in the
respective strain group, S = significant strain effect in respective exposure group; * p < 0.05, ** p < 0.01,
*** p < 0.001.

Cytokines WT Control WT LPS KO Control KO LPS

IFNγ 0.08 / 0.01 11.94 / 16.67 L* 0.08 / 0.04 10.07 / 9.81 L*

TNFα 0.52 / 0.14 45.21 / 28.05 L*** 0.50 / 0.21 41.51 / 28.25 L***

IL-6 1.43 / 0.37 43.60 / 31.16 L** 1.19 / 0.49 32.05 / 14.97 L**

IL-1β 21.37 / 3.84 88.85 / 40.58 L*** 18.94 / 5.07 75.70 / 24.49 L***

CXCL1 10.19 / 4.18 1239.68 / 652.86 L*** 12.15 / 10.72 1241.02 / 563.06 L***

CCL2 1.56 / 0.43 84.29 / 34.42 L*** 1.85 / 0.67 67.63 / 23.20 L***

CCL5 68.49 / 16.19 269.64 / 60.60 L*** 60.76 / 17.08 150.07 / 40.47 L***/ S***

2.5. Proteomics Analysis

A proteome analysis was conducted in WT and KO mice with LPS or control treatment (n = 3 per
experimental group). The extracted proteins were digested with trypsin and analyzed with LC-MS, and
proteins were identified and quantified. Overall, 4259 protein groups were identified and 3876 could
be quantified in all replicates. Some missing values were imputated. Relative changes in WT mice with
LPS are shown in Supplemental File 1 and changes in KO mice with LPS are shown in Supplemental
File 2. With LPS exposure, 193 protein groups were significantly upregulated and 93 were significantly
downregulated in samples of WT mice, while 118 protein groups were significantly upregulated and 74
were significantly downregulated in miR-21 KO mice. Principal component analysis and volcano plots
of the data are shown in Figure 5. Of the significantly regulated protein groups, 70 were commonly
regulated with LPS exposure in both WT and KO mice, while 212 were only regulated in WT and
121 in KO mice. A string database analysis (string-db.org) was performed for a potential pathway
analysis, and the reactome pathways are shown in Table 3. The most significant reactome pathways
in WT mice upon LPS exposure were “innate immune system”, “neutrophil degranulation”, and
“platelet degranulation/activation”. These were also present in the miR-21 KO mice but were much
more attenuated. Some signaling molecules associated with neutrophil and platelet activation, ECM
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remodeling or coagulation cascade (e.g., EGFR, CD44, CD63, CD177, CTSG, MMP8, MMP9, ELA2,
MPO, pro-thrombin, fibrinogen, or fibronectin) were only found to be significantly upregulated in WT,
but not in miR-21 KO mice with ALI. Protein groups related to “platelet degranulation”, “regulation of
complement cascade”, “immune system”, and “neutrophil degranulation” were already attenuated
in KO compared with WT mice without LPS exposure. Other protein groups related to “activation
of DNA fragmentation”, “formation of senescence-associated heterochromatin foci“, or “apoptosis”,
however, were found to be more prominent in untreated KO mice. Relative changes in KO vs WT
control mice are shown in Supplemental File 3.

Table 3. Transcriptomics pathway analysis. Data showing reactome pathway description extracted
from string database analysis (false discovery rate p < 0.01).

WT GO-Term Reactome Pathway Description Count in Gene Set False Discovery Rate

MMU-168249 Innate Immune System 70 of 879 1.67 × 10−32

MMU-168256 Immune System 80 of 1523 3.30 × 10−26

MMU-6798695 Neutrophil degranulation 47 of 476 6.37 × 10−25

MMU-114608 Platelet degranulation 22 of 121 4.71 × 10−16

MMU-76002 Platelet activation, signaling and aggregation 26 of 242 3.03 × 10−14

MMU-109582 Hemostasis 34 of 489 1.26 × 10−13

MMU-381426 Regulation of Insulin-like Growth Factor
(IGF)transport and uptake 19 of 129 1.48 ×10−12

MMU-977606 Regulation of Complement cascade 13 of 41 3.89 × 10−12

MMU-8957275 Post-translational protein phosphorylation 17 of 114 2.16 × 10−11

MMU-5686938 Regulation of TLR by endogenous ligand 8 of 13 3.26 × 10−9

MMU-140877 Formation of Fibrin Clot (Clotting Cascade) 10 of 34 4.07 × 10−9

MMU-1474244 Extracellular matrix organization 16 of 246 5.55 × 10−6

MMU-216083 Integrin cell surface interactions 9 of 68 1.36 × 10−5

MMU-6803157 Antimicrobial peptides 9 of 69 1.43 × 10−5

MMU-140875 Common Pathway of Fibrin Clot Formation 6 of 20 1.72 × 10−5

MMU-76009 Platelet Aggregation (Plug Formation) 6 of 29 0.0001

MMU-166665 Terminal pathway of complement 4 of 7 0.00018

MMU-140837 Intrinsic Pathway of Fibrin Clot Formation 5 of 20 0.00028

MMU-354192 Integrin alphaIIb beta3 signaling 5 of 22 0.0004

MMU-354194 GRB2: SOS provides linkage to MAPK signaling
for integrins 4 of 11 0.00058

MMU-6799990 Metal sequestration by antimicrobial proteins 3 of 3 0.00073

MMU-372708 p130Cas linkage to MAPK signaling for integrins 4 of 12 0.00073

MMU-168898 Toll-like Receptor Cascades 9 of 131 0.0011

MMU-202733 Cell surface interactions at the vascular wall 8 of 103 0.0012

MMU-1566948 Elastic fiber formation 5 of 37 0.0027

MMU-1236973 Cross-presentation of particulate exogenous
antigens (phagosomes) 3 of 7 0.0035

KO GO-term Reactome Pathway description Count in Gene Set False Discovery Rate

MMU-6798695 Neutrophil degranulation 17 of 476 0.00024

MMU-168249 Innate Immune System 22 of 879 0.00088

MMU-76002 Platelet activation, signaling and aggregation 11 of 242 0.00094

MMU-2173782 Binding and Uptake of Ligands by Scavenger
Receptors 5 of 31 0.00094

MMU-114608 Platelet degranulation 8 of 121 0.00094

MMU-2168880 Scavenging of heme from plasma 4 of 19 0.0016

MMU-168256 Immune System 27 of 1523 0.0073
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Figure 5. Proteome analyses of mice challenged with LPS. The total protein was isolated from the right
lung lobes (n = 3 per experimental group) and proteome analyses were performed as described in the
methods section. Principal component analyses of the regulated proteins showing separated groups of
the replicate analyses (A). The volcano plots display the up- and down-regulated proteins (B). X-axes
give the ratios of the mean protein intensities as log2-values. Y-axes show the –lg of the p-values. The
proteins upregulated in the LPS-treated samples are shown in red, and proteins downregulated in the
LPS samples are shown in green. Some selected proteins are indicated by the gene name.

3. Discussion

MiR-21 was shown to be involved in the acute inflammatory as well as in the chronic fibrotic phase
of ALI [13,19]. Herein, we addressed the impact of miR-21 on early inflammatory response and early
tissue damage in ALI by comparing the degree of ALI in miR-21 KO vs WT mice. As hypothesized,
the genetic loss of miR-21 reduced structural remodeling, inflammatory signaling, and lung function
decline in ALI.

Previous studies have addressed the impact of miR-21 signaling in ALI by using ago- or antagomiRs
to regulate miR-21 signaling, however, with controversial results [13,17,20,21]. Vaporidi and colleagues
showed that mice pretreated with anti-miR-21 before the induction of VILI had better oxygenation and
lower BALF protein concentrations in comparison to mice that were not pretreated with anti-miR-21,
suggesting that the downregulation of miR-21 ameliorated the development of VILI [17]. Qi and
colleagues also showed that miR-21 supported the inhibition of ENaC-γ, an epithelial sodium channel
that is essential for the removal of edematous fluid in ALI, through PTEN/AKT signaling, and
downregulation of miR-21 reversed this effect [13]. However, other studies suggested a beneficial effect
of miR-21, mediated either by its anti-apoptotic potential in ischemia/reperfusion induced lung injury
or by inhibiting LPS-mediated NFκB signaling in rats with ALI [20,21]. The reasons for the different
study outcomes could be related to the particular injury models as well as the time points and the
read-out parameters, but also to the specificity of miR-21 targeting. In comparison to these previous
studies, the advantage of the genetic knock-out of miR-21 is the full and homogeneous deletion of
miR-21 and the lack of side effects due to the potential reaction of the anatogonists with unspecific
targets. In line with the first two studies, our results provide evidence that inflammatory signaling,
structural remodeling and impaired lung function in ALI was improved by the deletion of miR-21.
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The inflammatory signaling response in ALI with miR-21 KO was addressed with proteomics
analysis and cytokine ELISA in lung tissue. The results show that miR-21 KO significantly dampened
the inflammatory response in the lung. The reactome pathway analysis showed “innate immune
system”, “neutrophil degranulation”, and “platelet degranulation/activation” to be the most prominent
response clusters. These were also present in the miR-21 KO mice, but much more attenuated, and
some signaling molecules associated with neutrophil and platelet activation, ECM remodeling or
coagulation cascade were only found to be significantly upregulated in WT but not in miR-21 KO
mice with ALI. The classic LPS-mediated TLR4/MyD88/NFκB pathway that regulates TNFα, IL-6
or CCL2 expression was, however, not significantly affected by miR-21 KO. Among the cytokines
measured in the lung tissue, CCL5 was the only one which was downregulated by miR-21 KO.
CCL5 is one of the main platelet-derived chemokines involved in acute inflammatory response and
neutrophil activation [22–24]. Previous studies have shown that platelet depletion or treatment with
CCL5 antibodies reduced neutrophil recruitment and permeability in LPS-induced ALI [25] and that
blocking platelet-neutrophil aggregation resulted in a reversal of acid-induced ALI [26]. Hence, these
studies provide evidence that platelet-mediated neutrophil activation significantly contributes to the
development of ALI, and our findings suggest that this activation is reduced in miR-21 KO mice.
Previous studies have suggested that miR-21 has an impact on platelet activation [27,28]. Barwari and
colleagues investigated the effect of miR-21 on platelets and fibrinogenic response and showed that
platelet counts and response were lowered in miR-21 KO mice, while the pharmacological inhibition of
miR-21 did not affect platelet numbers but significantly decreased the release of platelet granules [27].
We did not assess platelet counts in our study, but the previous findings still support our observations
that miR-21 KO reduces the platelet activation cascade, contributing to the fibrinogenic response and
neutrophil activation in ALI.

Structural changes with ALI included an increase in parenchymal lung volume in both strains
(WT and KO), which was associated with an increase in alveolar volume and septal volume. An
increase in septal thickness with LPS treatment was only found in WT mice. These changes fit with our
observations in lung function measurements, where an increase in tissue resistance (G) and hysteresis
was detected. G is an inverse measure of compliance in the parenchymal lung tissue and its increase in
ALI, related to septal edema formation, has been shown previously [29]. Hysteresis might increase due
to changes in tissue resistance and elastance or due to changes in surfactant composition [30,31]. We
further analyzed the septal composition on the ultrastructural level to characterize changes in septal
tissue composition, including cells and ECM. In both strains, we detected an increase in inflammatory
cells—mostly neutrophils—that were recruited to the site of injury. However, the WT mice also showed
an increase in ECM volume, consisting of increased volumes of collagen fibrils, elastic fibers, and
amorphous ECM, which was not present in the KO mice. These findings suggest an increase in
inter-septal fluid as well as early tissue remodeling in ALI in WT, but not in KO mice, with an impact
on pulmonary micromechanics. Studies addressing miR-21 in lung tissue remodeling and fibrosis
have also shown that treatment with anti-miR-21 or a pharmacological inhibitor of miR-21 reduced
the development of fibrosis by attenuating TGF-β signaling [12,32]. TGF-β has been reported to be
modulated by miR-21 and is related to tissue remodeling and the development of fibrosis [27,33,34].
In this study, we did not detect differences in TGF-β signaling between WT and KO mice with ALI.
However, it has to be considered that 24 h is a very early time point to address tissue remodeling, and
the development of fibrosis usually occurs several days after induction of injury. Hence, our study
provides insight into early septal remodeling with impact on lung function in ALI that is improved by
deletion of miR-21.

Besides attenuating the development of ALI, miR-21 KO also caused some general changes in
lung structure and function. For example, lung compliance and inspiratory capacity was reduced in
miR-21 KO compared with WT mice. The lung volume was, however, approximately the same in both
strains. The major differences on the structural level between the two strains were a higher septal
volume and thickness in the KO mice with an increased content of amorphous ECM. It seems likely
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that these structural changes affected lung compliance and inspiratory capacity in KO mice; however,
other parameters, such as tissue resistance or tissue elastance, that are usually affected by changes in
septal composition were the same in both strains. It is therefore likely that other mechanisms, which
were not covered by our analysis, were responsible for the differences between the two strains in
pulmonary micromechanics. Furthermore, it is not clear which regulatory processes led to structural
changes in the miR-21 KO mice. Interestingly though, any differences in pulmonary micromechanics
and lung structure between WT and KO mice disappeared with progressing age (18 month old mice,
Supplementary Figures S1 and S2), so it seems that there exists a compensatory mechanism for miR-21
signaling in miR-21 KO mice. This might also be in line with other reports that showed decent effects of
antagomiR-21 treatment but not of genetic miR-21 deletion in cardiac tissue remodeling [27], suggesting
some adaptive response to miR-21 KO.

In summary, within this project, it was shown that miR-21 contributes to inflammatory signaling
and septal remodeling in ALI. In particular, we could show that miR-21 KO reduced platelet and
neutrophil degranulation and septal ECM remodeling in ALI. MiR-21 KO improved lung function
and dampened the inflammation in ALI, and the recent data indicate that miR-21 could be a potential
therapeutic non-coding RNA target in the treatment of ALI.

4. Material and Methods

4.1. Animal Model

Male C57BL/6N mice (WT) and miR-21 knock-out mice (KO; B6N-Mir21tm1Engl) were bread and
maintained at the local animal facility at Hannover Medical School. The KO mice were originally
provided by Prof. Engelhardt, TU Munich, Germany, and the strain has been described previously
in the literature by Chau et al. [35]. The mice were housed in standard cages in groups of 1–5 and
had access to food and water ad libitum. At the age of 3 months, ALI was induced by intranasal
administration of 75 μg LPS in 30 μL physiological saline solution (n = 10 per group). The control
mice received equal volume of saline solution (n = 7 per group). The animals were sacrificed 24 h
after the induction of ALI, as described previously [29]. All animal procedures were approved by the
Lower Saxony State Office for Consumer Protection and Food Safety (LAVES; Authorization number:
33.9-42502-04-14/1623, Approval Date: 26/09/2014) in accordance with the German law for animal
protection and with the European Directive, 2010/63/EU.

4.2. Lung Function Analysis

Lung function analysis was performed with a FlexiVent rodent ventilator FX1 for mice (SCIREQ) as
described previously [29]. In brief, mice were tracheotomized under deep anesthesia and mechanically
ventilated with a frequency of 100 breaths/min and a tidal volume of 10 mL/kg body weight. Pulmonary
function was assessed by ventilation perturbations at a positive end-expiratory pressure (PEEP) value
of 3 cmH2O to estimate tissue elastance (H), tissue resistance (G), and hysteresivity (η) with the constant
phase model to the impedance spectra. The inspiratory capacity (IC) was assessed by derecruitability
maneuvers, static compliance (Cst), and hysteresis by recording quasi-static pressure-volume loops. The
lung function measurement was only considered as valid if the heart was beating during measurements.

After lung function measurements, animals were killed by exsanguination and lungs were excised.
The left lung lobe was chemically fixed via intra-tracheal instillation at a pressure of 20 cmH2O with
a fixative mixture of 1.5% paraformaldehyde and 1.5% glutaraldehyde in 0.15 M HEPES buffer for
histopathology and stereological analysis. The right lung lobes were separated and immediately
snap-frozen in liquid nitrogen for later processing for cytokine and proteomics analysis.

4.3. Histopathology and Stereology

The left lung lobes were stored for at least 24 h in the fixative solution, followed by lung volume
measurement via volume displacement and systematic uniform random subsampling (SURS) as
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described previously [29,36]. In brief, lung tissue was sliced in 2 mm sections and every other section,
with a random starting point, was processed and embedded in glycol methacrylate (Technovit 7100 resin,
Kulzer GmbH) for light microscopic analysis. The remaining lung sections were further subsampled
into tissue blocks of approximately 1 mm3 size and embedded in epoxy resin (SERVA Electrophoresis
GmbH) for electron microscopic and ultrastructural analysis. The embedding procedures were
performed as described previously [29].

Stereological analyses were used to quantify the pulmonary structural characteristics and were
performed in accordance with the ATS/ERS guidelines [37]. The following parameters were determined
by stereology and bright-field light microscopy: volumes of parenchyma, septa, and alveoli, the surface
of the alveoli, and the septal thickness as previously described in detail [29]. For the analysis, the
samples embedded in glycol methacrylate were cut into 1.5 μm thick sections and stained with toluidine
blue. The histological slides were then digitalized with a histological slide scanner (AxioScan.Z1,
Zeiss) at a 20×magnification. The images for stereological analysis were obtained by SURS using the
newCast acquisition software (Visiopharm). For parenchymal volume estimation, 50 images were
sampled at a 5×magnification and analyzed with the SETPanizer software [38] with a test system of 36
points. For the other parameters, 60 images were sampled at a magnification of 20×. The images were
analyzed with the STEPanizer software with a test system of 2 lines and a test system of 49 points to
count alveolar airspace volume, septal volume, septal surface area, and septal thickness, as described
in Kling et al. 2017 [29].

The ultrastructural analysis of the air–blood barrier was done by means of stereology and TEM
assessing the following parameters: the volume of epithelial, endothelial, and interstitial cells, ECM,
elastic fibers, and capillary lumen. Of the epon embedded tissue blocks, three per lung were randomly
chosen, cut in ultrathin sections (60–80 nm thick), mounted on copper grids and stained with uranyl
acetate and lead citrate. TEM images were acquired with a Morgagni 268 microscope (FEI) by SURS.
Approximately 60 images of the air–blood barrier were recorded per tissue block at a magnification of
18,000x. The images were analyzed with the newCast software (Visiopharm, Hoersholm, Denmark)
and a test system with 5 lines.

4.4. Gene Expression Analysis

Total RNA isolation was performed on the accessory lung lobe of the right lung with the
NucleoSpin miRNA Kit (Macherey-Nagel) according to the manufacturer’s protocol. To analyze
miRNA expression, two-step RT-PCR primer sets from Applied Biosystems were used according to
the manufacturer’s protocol. SnoRNA-202 served as a housekeeping control. The quantification of
miRNA was conducted using a VIIa7 Real-Time PCR cycler (Life Technologies, Waltham, MA, USA).

4.5. Cytokine Expression in Lung Tissue

For cytokine concentration analysis, tissue from the caudal lung lobe of the right lung was
mixed with 10 ml/g cOmplete™ (Sigma–Aldrich, Taufkirchen, Germany) in PBS and was subsequently
homogenized (Tissue Lyser, Qiagen, Germantown, MD, USA). Total protein concentration of the
supernatant of the lung homogenate was examined with the PierceTM BCA Protein Assay Kit (Thermo
Fisher Scientific, Waltham, MA, USA). The cytokine concentration was then analyzed with the
LEGENDplex bead array ELISA (# 740621, BioLegend, San Diego, CA, USA) according to the supplier’s
manual and as described previously [39]. Cytokine measurements (pg/mL) were then normalized to
the total protein concentration (mg/mL) to pg/mg.

4.6. Sample Preparation for LC-MS Analysis

Protein isolation was done with the NucleoSpin RNA/Protein Kit (Macherey-Nagel) on the
cranial and middle lobes of the right lung according to the manufacturer’s protocol. The total protein
concentration was measured with the Pierce BCA Protein Assay Kit (Thermo Fisher Scientific). Isolated
protein suspension was then mixed with Laemmli buffer and incubated for 5 min at 95◦C. Proteins
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were then alkylated by the addition of acrylamide up to a concentration of 2% and incubation at RT for
30 min. Afterwards, SDS-PAGE proteins were stained with Coomassie Brilliant Blue (CBB). Each lane
was cut into four pieces, which were further minced into 1 mm3 gel pieces. Further sample processing
was done as described [40]. Briefly, gel pieces were destained two times with 200 μL 50% and 50
mM ammonium bicarbonate (ABC) at 37◦C for 30 min and were then dehydrated with 100% ACN.
The solvent was removed in a vacuum centrifuge and 100 μL 10 ng/ μL sequencing grade Trypsin
(Promega) in 10% ACN, 40 mM ABC were added. Gels were rehydrated in trypsin solution for 1 hour
on ice and then covered with 10% ACN, 40 mM ABC. Digestion was performed over night at 37◦C and
was stopped by adding 100 μL of 50% ACN, 0.1% TFA. After incubation at 37◦C for 1 hour, the solution
was transferred into a fresh sample vial. This step was repeated twice and extracts were combined and
dried in a vacuum centrifuge. Dried peptide extracts were redissolved in 30 μL 2% ACN, 0.1% TFA,
with shaking at 800 rpm for 20 min. After centrifugation at 20,000× g, aliquots of 12.5 μL each were
stored at −20 ◦C.

4.7. LC-MS Analysis

LC-MS analyses were done as described elsewhere [40]. Briefly, peptide samples were separated
with a nano-flow ultrahigh pressure liquid chromatography system (RSLC, Thermo Scientific) equipped
with a trapping column (3 μm C18 particle, 2 cm length, 75 μm ID, Acclaim PepMap, Thermo Scientific)
and a 50 cm separation column (2 μm C18 particle, 75 μm ID, Acclaim PepMap, Thermo Scientific).
Peptide mixtures were injected, enriched, and desalted on the trapping column at a flow rate of
6 μL/min with 0.1% TFA for 5 min. The trapping column was switched online with the separating
column and peptides were eluted from the separating column with a multi-step binary gradient of
buffer A (0.1% formic acid) and buffer B (80% ACN, 0.1% formic acid). The flow rate was 250 nL/min
and the column temperature was set to 45◦C. The RSLC system was coupled online via a Nano Spray
Flex Ion Soure II (Thermo Scientific) to an LTQ-Orbitrap Velos mass spectrometer that was operated in
data-dependent acquisition mode. Overview scans were acquired at a resolution of 60k in the orbitrap
analyzer. The top 10 most intensive ions were selected for CID fragmentation in the LTQ. Active
exclusion was activated so that ions fragmented once were excluded from further fragmentation for 70
s within a mass window of 10 ppm of the specific m/z value.

The raw data were processed using Max Quant software [41] and the entries of mouse uniprot
data base, including common contaminants. The proteins were identified by a false discovery rate of
0.01 on protein and peptide level and quantified by extracted ion chromatograms of all peptides. Data
visualizations were done with Perseus [42] and GraphPad Prism software.

4.8. Statistical Analysis

Statistical analyses were conducted with the SigmaPlot software (SYSTAT Software Inc; San
Jose, USA) by a two-way analysis of variance (ANOVA) followed by a pair-wise comparison with
Bonferroni-test. The data that were not normally distributed were subject to a ln or square root
transformation. If data normalization failed, ANOVA on Ranks followed by a Mann–Whitney U t-test
with a Bonferroni correction was performed.

Supplementary Materials: Supplementary materials can be found at http://www.mdpi.com/1422-0067/21/3/822/s1.

Author Contributions: J.C.J., J.F., T.T., C.M. and C.B. designed study, J.C.J., J.F., A.P., J.V. and C.B. performed
experiments, J.C.J., J.F., A.P. and C.B. analyzed the results, J.C.J., T.T., C.M. and C.B. interpreted the results, J.C.J.,
A.P. and C.B. designed figures, C.B. drafted the manuscript, all authors edited and approved the manuscript. All
authors have read and agreed to the published version of the manuscript

Funding: The project was funded by the Bundesministerium für Bildung und Forschung (BMBF) via the German
Center for Lung Research (DZL) and the cluster of excellence “From Regenerative Biology to Reconstructive
Therapy” (REBIRTH).

Acknowledgments: We thank Rita Lichatz, Susanne Kuhlmann, Annette Just and Melanie Bornemann for their
excellent technical assistance.

91



Int. J. Mol. Sci. 2020, 21, 822

Conflicts of Interest: Thomas Thum filed and licensed noncoding RNA patents (including miR-21). Thomas
Thum is founder and shareholder of Cardior Pharmaceuticals GmbH.

References

1. Ware, L.; Matthay, M. The acute respiratory distress syndrome. J. Clin. Invest. 2012, 122, 2731–2740.
[CrossRef]

2. Marshall, R.; Bellingan, G.; Laurent, G. The acute respiratory distress syndrome: Fibrosis in the fast lane:
Editorial. Thorax 1998, 53, 815–817. [CrossRef]

3. Mineo, G.; Ciccarese, F.; Modolon, C.; Landini, M.P.; Valentino, M.; Zompatori, M. Post-ARDS pulmonary
fibrosis in patients with H1N1 pneumonia: role of follow-up CT. Radiol. Medica 2012, 117, 185–200. [CrossRef]

4. Fan, E.; Brodie, D.; Slutsky, A.S. Acute respiratory distress syndrome advances in diagnosis and treatment.
JAMA J. Am. Med. Assoc. 2018, 319, 698–710. [CrossRef] [PubMed]

5. Jonas, S.; Izaurralde, E. Towards a molecular understanding of microRNA-mediated gene silencing. Nat.
Rev. Genet. 2015, 16, 421–433. [CrossRef] [PubMed]

6. Kumarswamy, R.; Volkmann, I.; Thum, T. Regulation and function of miRNA-21 in health and disease. RNA
Biol. 2011, 8. [CrossRef] [PubMed]

7. Krichevsky, A.M.; Gabriely, G. miR-21: A small multi-faceted RNA. J. Cell. Mol. Med. 2009, 13, 39–53.
[CrossRef]

8. Zhong, X.; Chung, A.C.K.; Chen, H.Y.; Dong, Y.; Meng, X.M.; Li, R.; Yang, W.; Hou, F.F.; Lan, H.Y. miR-21 is a
key therapeutic target for renal injury in a mouse model of type 2 diabetes. Diabetologia 2013, 56, 663–674.
[CrossRef]

9. Thum, T.; Gross, C.; Fiedler, J.; Fischer, T.; Kissler, S.; Bussen, M.; Galuppo, P.; Just, S.; Rottbauer, W.; Frantz, S.;
et al. MicroRNA-21 contributes to myocardial disease by stimulating MAP kinase signalling in fibroblasts.
Nature 2008, 456, 980–984. [CrossRef]

10. Sheedy, F.J. Turning 21: Induction of miR-21 as a key switch in the inflammatory response. Front. Immunol.
2015, 6, 1–9. [CrossRef]

11. Cao, Y.; Lyu, Y.; Tang, J.; Li, Y. MicroRNAs: Novel regulatory molecules in acute lung injury/acute respiratory
distress syndrome (review). Biomed. Reports 2016, 4, 523–527. [CrossRef] [PubMed]

12. Liu, G.; Friggeri, A.; Yang, Y.; Milosevic, J.; Ding, Q.; Thannickal, V.J.; Kaminski, N.; Abraham, E. miR-21
mediates fibrogenic activation of pulmonary fibroblasts and lung fibrosis. J. Exp. Med. 2010, 207, 1589–1597.
[CrossRef] [PubMed]

13. Qi, W.; Li, H.; Cai, X.H.; Gu, J.Q.; Meng, J.; Xie, H.Q.; Zhang, J.L.; Chen, J.; Jin, X.G.; Tang, Q.; et al.
Lipoxin A4 activates alveolar epithelial sodium channel gamma via the microRNA-21/PTEN/AKT pathway
in lipopolysaccharide-induced inflammatory lung injury. Lab. Investig. 2015, 95, 1258–1268. [CrossRef]
[PubMed]

14. Mook Lee, S.; Choi, H.; Yang, G.; Park, K.C.; Jeong, S.; Hong, S. MicroRNAs mediate oleic acid-induced acute
lung injury in rats using an alternative injury mechanism. Mol. Med. Rep. 2014, 10, 292–300.

15. Tan, K.S.; Choi, H.; Jiang, X.; Yin, L.; Seet, J.E.; Patzel, V.; Engelward, B.P.; Chow, V.T. Micro-RNAs in
regenerating lungs: An integrative systems biology analysis of murine influenza pneumonia. BMC Genomics
2014, 15. [CrossRef] [PubMed]

16. Li, W.; Ma, K.; Zhang, S.; Zhang, H.; Liu, J.; Wang, X.; Li, S. Pulmonary microRNA expression profiling in
an immature piglet model of cardiopulmonary bypass-induced acute lung injury. Artif. Organs 2015, 39,
327–335. [CrossRef]

17. Vaporidi, K.; Vergadi, E.; Kaniaris, E.; Hatziapostolou, M.; Lagoudaki, E.; Georgopoulos, D.; Zapol, W.M.;
Bloch, K.D.; Iliopoulos, D. Pulmonary microRNA profiling in a mouse model of ventilator-induced lung
injury. AJP Lung Cell. Mol. Physiol. 2012, 303, L199–L207. [CrossRef]

18. Li, P.; Zhao, G.Q.; Chen, T.F.; Chang, J.X.; Wang, H.Q.; Chen, S.S.; Zhang, G.J. Serum miR-21 and miR-155
expression in idiopathic pulmonary fibrosis. J. Asthma 2013, 50, 960–964. [CrossRef]

19. Makiguchi, T.; Yamada, M.; Yoshioka, Y.; Sugiura, H.; Koarai, A.; Chiba, S.; Fujino, N.; Tojo, Y.; Ota, C.;
Kubo, H.; et al. Serum extracellular vesicular miR-21-5p is a predictor of the prognosis in idiopathic
pulmonary fibrosis. Respir. Res. 2016, 17. [CrossRef]

92



Int. J. Mol. Sci. 2020, 21, 822

20. Zhu, W.D.; Xu, J.; Zhang, M.; Zhu, T.M.; Zhang, Y.H.; Sun, K.E. Microrna-21 inhibits
lipopolysaccharide-induceacute lung injury by targeting nuclear factor-κb. Exp. Ther. Med. 2018, 16,
4616–4622.

21. Li, J.; Wei, L.; Han, Z.; Chen, Z. Mesenchymal stromal cells-derived exosomes alleviate ischemia/reperfusion
injury in mouse lung by transporting anti-apoptotic miR-21-5p. Eur. J. Pharmacol. 2019, 852, 68–76. [CrossRef]
[PubMed]

22. Yu, C.; Zhang, S.; Wang, Y.; Zhang, S.; Luo, L.; Thorlacius, H. Platelet-derived CCL5 regulates CXC chemokine
formation and neutrophil recruitment in acute experimental colitis. J. Cell. Physiol. 2016, 231, 370–376.
[CrossRef] [PubMed]

23. De Stoppelaar, S.F.; van ’t Veer, C.; van der Poll, T. The role of platelets in sepsis. Thromb. Haemost. 2014, 112,
666–677. [PubMed]

24. Page, C.; Pitchford, S. Neutrophil and platelet complexes and their relevance to neutrophil recruitment and
activation. Int. Immunopharmacol. 2013, 17, 1176–1184. [CrossRef] [PubMed]

25. Grommes, J.; Drechsler, M.; Soehnlein, O. CCR5 and FPR1 mediate neutrophil recruitment in
endotoxin-induced lung injury. J. Innate Immun. 2014, 6, 111–116. [CrossRef] [PubMed]

26. Zarbock, A.; Singbartl, K.; Ley, K. Complete reversal of acid-induced acute lung injury by blocking of
platelet-neutrophil aggregation. J. Clin. Invest. 2006, 116, 3211–3219. [CrossRef] [PubMed]

27. Barwari, T.; Eminaga, S.; Mayr, U.; Lu, R.; Armstrong, P.C.; Chan, M.V.; Sahraei, M.; Fernández-Fuertes, M.;
Moreau, T.; Barallobre-Barreiro, J.; et al. Inhibition of profibrotic microRNA-21 affects platelets and their
releasate. JCI Insight 2018, 3. [CrossRef]

28. Li, Y.; Yan, L.; Zhang, W.; Hu, N.; Chen, W.; Wang, H.; Kang, M.; Ou, H. MicroRNA-21 inhibits platelet-derived
growth factor-induced human aortic vascular smooth muscle cell proliferation and migration through
targeting activator protein-1. Am. J. Transl. Res. 2014, 6, 507–516.

29. Kling, K.M.; Lopez-Rodriguez, E.; Pfarrer, C.; Mühlfeld, C.; Brandenberger, C. Aging exacerbates acute lung
injury induced changes of the air-blood barrier, lung function and inflammation in the mouse. Am. J. Physiol.
Lung Cell. Mol. Physiol. 2017, 312, L1–L12. [CrossRef]

30. Suki, B.; Bartolák-Suki, E. Biomechanics of the Aging Lung Parenchyma. In Mechanical Properties of Aging Soft
Tissues; Derby, B., Akhtar, R., Eds.; Springer International Publishing: New York, NY, USA, 2014; pp. 95–133.

31. Schulte, H.; Mühlfeld, M.; Brandenberger, C. Age-related structural and functional changes in the mouse
lung. Front. Physiol. 2019, 10, 1466. [CrossRef]

32. Gao, Y.; Lu, J.; Zhang, Y.; Chen, Y.; Gu, Z.; Jiang, X. Baicalein attenuates bleomycin-induced pulmonary
fibrosis in rats through inhibition of miR-21. Pulm. Pharmacol. Ther. 2013, 26, 649–654. [CrossRef] [PubMed]

33. Wang, J.; He, F.; Chen, L.; Li, Q.; Jin, S.; Zheng, H.; Lin, J.; Zhang, H.; Ma, S.; Mei, J.; et al. Resveratrol inhibits
pulmonary fibrosis by regulating miR-21 through MAPK/AP-1 pathways. Biomed. Pharmacother. 2018, 105,
37–44. [CrossRef] [PubMed]

34. Kumarswamy, R.; Volkmann, I.; Jazbutyte, V.; Dangwal, S.; Park, D.H.; Thum, T. Transforming growth
factor-β-induced endothelial-to-mesenchymal transition is partly mediated by MicroRNA-21. Arterioscler.
Thromb. Vasc. Biol. 2012, 32, 361–369. [CrossRef] [PubMed]

35. Chau, B.N.; Xin, C.; Hartner, J.; Ren, S.; Castano, A.P.; Linn, G.; Li, J.; Tran, P.T.; Kaimal, V.; Huang, X.; et al.
MicroRNA-21 promotes fibrosis of the kidney by silencing metabolic pathways. Sci. Transl. Med. 2012, 4,
121ra18. [CrossRef] [PubMed]

36. Brandenberger, C.; Ochs, M.; Mühlfeld, C. Assessing particle and fiber toxicology in the respiratory system:
the stereology toolbox. Part. Fibre Toxicol. 2015, 12, 1–15. [CrossRef] [PubMed]

37. Hsia, C.C.W.; Hyde, D.M.; Ochs, M.; Weibel, E.R. An official research policy statement of the American
Thoracic Society/European Respiratory Society: standards for quantitative assessment of lung structure. Am.
J. Respir. Crit. Care Med. 2010, 181, 394–418. [CrossRef] [PubMed]

38. Tschanz, S.A.; Burri, P.H.; Weibel, E.R. A simple tool for stereological assessment of digital images: the
STEPanizer. J Microsc 2011, 243, 47–59. [CrossRef]

39. Brandenberger, C.; Kling, K.M.; Vital, M.; Mühlfeld, C. The role of pulmonary and systemic immunosenescence
in acute lung injury. Aging Dis. 2018, 9, 553–565. [CrossRef]

40. Jochim, N.; Gerhard, R.; Just, I.; Pich, A. Impact of clostridial glucosylating toxins on the proteome of colonic
cells determined by isotope-coded protein labeling and LC-MALDI. Proteome Sci. 2011, 9, 1–12. [CrossRef]

93



Int. J. Mol. Sci. 2020, 21, 822

41. Cox, J.; Mann, M. MaxQuant enables high peptide identification rates, individualized p.p.b.-range mass
accuracies and proteome-wide protein quantification. Nat. Biotechnol. 2008, 26, 1367–1372. [CrossRef]

42. Tyanova, S.; Temu, T.; Sinitcyn, P.; Carlson, A.; Hein, M.Y.; Geiger, T.; Mann, M.; Cox, J. The Perseus
computational platform for comprehensive analysis of (prote)omics data. Nat. Methods 2016, 13, 731–740.
[CrossRef] [PubMed]

© 2020 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

94



 International Journal of 

Molecular Sciences

Article

Hypercapnia Impairs Na,K-ATPase Function by
Inducing Endoplasmic Reticulum Retention of the
β-Subunit of the Enzyme in Alveolar Epithelial Cells

Vitalii Kryvenko 1,2, Miriam Wessendorf 1, Rory E. Morty 1,2,3, Susanne Herold 1,2,

Werner Seeger 1,2,3, Olga Vagin 4,5, Laura A. Dada 6, Jacob I. Sznajder 6 and István Vadász 1,2,*

1 Department of Internal Medicine, Justus Liebig University, Universities of Giessen and Marburg Lung
Center (UGMLC), Member of the German Center for Lung Research (DZL), 35392 Giessen, Germany

2 The Cardio-Pulmonary Institute (CPI), 35392 Giessen, Germany
3 Department of Lung Development and Remodeling, Max Planck Institute for Heart and Lung Research,

61231 Bad Nauheim, Germany
4 Department of Physiology, David Geffen School of Medicine, University of California at Los Angeles,

Los Angeles, CA 90095, USA
5 Veterans Administration Greater Los Angeles Healthcare System, Los Angeles, CA 90073, USA
6 Division of Pulmonary and Critical Care Medicine, Feinberg School of Medicine, Northwestern University,

Chicago, IL 60611, USA
* Correspondence: Istvan.Vadasz@innere.med.uni-giessen.de; Tel.: +49-641-985-42354; Fax: +49-641-985-42359

Received: 3 February 2020; Accepted: 17 February 2020; Published: 21 February 2020

Abstract: Alveolar edema, impaired alveolar fluid clearance, and elevated CO2 levels (hypercapnia)
are hallmarks of the acute respiratory distress syndrome (ARDS). This study investigated how
hypercapnia affects maturation of the Na,K-ATPase (NKA), a key membrane transporter, and a cell
adhesion molecule involved in the resolution of alveolar edema in the endoplasmic reticulum (ER).
Exposure of human alveolar epithelial cells to elevated CO2 concentrations caused a significant
retention of NKA-β in the ER and, thus, decreased levels of the transporter in the Golgi apparatus.
These effects were associated with a marked reduction of the plasma membrane (PM) abundance of the
NKA-α/β complex as well as a decreased total and ouabain-sensitive ATPase activity. Furthermore,
our study revealed that the ER-retained NKA-β subunits were only partially assembled with NKA
α-subunits, which suggests that hypercapnia modifies the ER folding environment. Moreover,
we observed that elevated CO2 levels decreased intracellular ATP production and increased ER
protein and, particularly, NKA-β oxidation. Treatment with α-ketoglutaric acid (α-KG), which
is a metabolite that has been shown to increase ATP levels and rescue mitochondrial function in
hypercapnia-exposed cells, attenuated the deleterious effects of elevated CO2 concentrations and
restored NKA PM abundance and function. Taken together, our findings provide new insights into
the regulation of NKA in alveolar epithelial cells by elevated CO2 levels, which may lead to the
development of new therapeutic approaches for patients with ARDS and hypercapnia.

Keywords: carbon dioxide; hypercapnia; Na,K-ATPase; endoplasmic reticulum; sodium transport;
protein oxidation; alveolar epithelium

1. Introduction

Na,K-ATPase (NKA) is a heterodimeric enzyme and a member of the P-type ATPase family.
NKA is located at the basolateral plasma membrane (PM) of polarized cells, where the primary
function of the enzyme is to extrude three sodium ions while taking up two potassium ions per pump
cycle in an ATP-dependent manner [1,2]. A functional NKA requires a catalytic α-subunit and a
regulatory β-subunit [2]. Additionally, a γ-subunit has also been identified, which represents a family
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of single-span transmembrane proteins containing the FXYD motif that is not an integral part of the
transporter but rather regulates the activity and membrane abundance of the enzyme [3,4]. In the
alveolar epithelium of the lung, the activity of NKA creates an Na+ gradient that drives reabsorption
of fluid from the alveolar space, which keeps the alveoli relatively “dry,” which is essential for an
effective gas exchange. The catalytic α-subunit of the transporter contains the binding sites for Na+,
K+, and ATP [2]. The NKA β-subunit, which is a type II membrane glycoprotein, has a pivotal role in
delivery and appropriate insertion of the NKA-α subunit in the PM [1]. Remarkably, mice deficient in
the NKA-β subunit in alveolar epithelial cells have reduced alveolar fluid clearance, which results
in aggravation of acute lung injury (ALI) and further underlies the pivotal role of NKA-β in the
overall transporter function [5]. Additionally, numerous reports have shown that the function of
NKA-β is not limited to regulation of NKA-α, but is centrally involved in establishing epithelial cell
polarity, formation of adherens junctions, and regulation of paracellular permeability, which are key
for maintaining a functional epithelial barrier [6–10].

Carbon dioxide (CO2) is a byproduct of mitochondrial respiration and cellular metabolism. Excess
of CO2, in mammals, is eliminated by the lungs under physiological conditions [11,12]. Thus, any
condition that leads to alveolar hypoventilation or impairs diffusion of CO2 across the alveolar-capillary
barrier results in retention of CO2 in the blood, which is termed hypercapnia. During ALI and in
patients with acute respiratory distress syndrome (ARDS), disruption of the alveolar-capillary barrier,
and, thus, accumulation of edema fluid in the interstitial and alveolar spaces, may result in hypercapnia.
Moreover, hypercapnia is often further potentiated or even directly caused by protective ventilation
strategies with low tidal volumes to limit further lung damage [12,13]. Remarkably, hypercapnia
was found to decrease alveolar fluid clearance and resolution of alveolar edema by decreasing the
PM abundance of the Na,K-ATPase [14–16]. Since ALI is often associated with hypercapnia and is
characterized by alveolar edema and disruption of epithelial junctions [17], further understanding
of the mechanisms impairing the NKA function and of the potential rescue mechanisms might be
of critical importance promoting the resolution of epithelial injury, alveolar repair processes, and
edema resolution.

About one-third of all cellular proteins interact with the endoplasmic reticulum (ER) during folding
and maturation processes [18]. Of note, in the ER, the NKA-β undergoes various post-translational
modifications, including glycosylation and assembly with NKA-α, before leaving the ER and,
subsequently, being transferred to the PM [19,20]. Whether hypercapnia affects ER protein folding of
NKA has not been previously investigated. In the current study, we explored how elevated CO2 levels
influence the ER environment and expression, PM abundance, and function of the NKA-β subunit.
Understanding the molecular mechanisms underlying the effects of hypercapnia on the folding and
maturation of the NKA-β in the alveolar epithelium might provide new therapeutic strategies for the
treatment of patients with ARDS and hypercapnia.

2. Results

2.1. Hypercapnia Increases the Endoplasmic Reticulum Fraction of the Na,K-ATPase β-Subunit

The NKA-β subunit is a glycoprotein that undergoes posttranslational maturation processing in
the ER and Golgi prior to delivery to the plasma membrane. After the initial step of ER folding, the
addition of an oligosaccharide core results in the formation of a specific high mannose N-glycan type
NKA-β, which resides exclusively in the ER [19]. To investigate whether hypercapnia affects cellular
levels of NKA-β, we exposed alveolar epithelial cells (AEC) for up to 72 h to physiological or increased
levels of CO2 and analyzed the protein expression pattern of NKA-β and NKA-α (Figure 1A).

We observed a transient and time-dependent increase in the abundance of ER-resident NKA-β,
which reached a maximum at 12 h and lasted for at least 24 h upon hypercapnic exposure. Our
subsequent experiments were performed after a 12-h hypercapnia exposure, where the highest
ER-resident NKA-β abundance was observed. To demonstrate whether this effect was directly driven
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by CO2 or the elevated CO2-associated acidosis, AEC were treated with increasing CO2 concentrations
(up to 120 mmHg) with normal (pH = 7.4) or acidic (pH = 7.2) extracellular pH (Figure 1B). Of note,
we observed that the acidic environment per se did not affect the levels of the ER-resident NKA-β.
In addition, we did not find significant differences in the total protein levels of NKA-α and NKA-β
subunits upon hypercapnic exposure for up to 12 h (Figure 1C,D).

Figure 1. Hypercapnia increases Na,K-ATPase (NKA)-β abundance in the endoplasmic reticulum (ER).
(A) A549 cells were exposed to 40 (Ctrl) or 120 mmHg CO2 (CO2) with an extracellular pH = 7.4 for
the different time-points up to 72 h. Total cellular level of NKA-β was measured by immunoblotting.
Representative immunoblots of NKA-β are shown. Bars represent ER-resident NKA-β/β-actin ratio.
Values are expressed as mean ± SD (n = 3, *** p < 0.001). (B) A549 cells were treated with 40, 60,
80, and 120 mmHg of CO2 with an extracellular pH = 7.4 or to 40 mmHg CO2 with a pH = 7.2 for
12 h. NKA-β levels were measured by immunoblotting. Representative immunoblots of NKA-β are
shown. Bars represent total NKA-β/β-actin ratio. Values are expressed as mean ± SD (n = 3, * p < 0.05,
*** p < 0.001). (C) A549 cells were exposed to 40 (Ctrl) or 120 mmHg CO2 (CO2) with an extracellular
pH = 7.4 for different time-points. Total cellular levels of NKA-α were measured by immunoblotting.
Representative immunoblots of NKA-α are shown. Bars represent total NKA-α/β-actin ratio. Values
are expressed as mean ± SD (n = 3). (D) A549 cells were exposed to 40 (Ctrl) or 120 mmHg CO2

(CO2) for different time-points. Total cellular levels of NKA-β were measured by immunoblotting.
Representative immunoblots of NKA-β are shown. Bars represent total NKA-β/β-actin ratio. Values
are expressed as mean ± SD (n = 3).

2.2. Elevated CO2 Levels Decrease Na,K-ATPase Plasma Membrane Abundance and Function

It has been previously demonstrated that NKA-α cannot leave the ER before being assembled
with the regulatory NKA-β subunit and that only a functional NKA α:β complex exported from the ER
can reach the cellular surface [19,20]. Thus, to determine whether the hypercapnia-induced increase in
the amount of ER-resident NKA-β influenced PM expression of the NKA, we performed a cell-surface
protein biotinylation and the streptavidin pull-down assay (Figure 2A).
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Figure 2. Exposure to elevated CO2 levels for up to 12 h decreases Na,K-ATPase plasma membrane
abundance and function. (A) A549 cells were exposed to 40 (Ctrl) or 120 mmHg CO2 (CO2) for
different time-points. Plasma membrane (PM) abundance of NKA-α and NKA-β was determined by
biotin-streptavidin pull-down and immunoblotting. Representative immunoblots of NKA-α, NKA-β,
and transferrin receptor (TfR) at the PM are shown. Bars represent the NKA-α or NKA-β/TfR ratio.
Values are expressed as mean ± SD (n = 3, * p < 0.05, ** p < 0.01, *** p < 0.001). (B) Primary rat ATII and
(C) human A549 cells were exposed to 40 (Ctrl) or 120 mmHg CO2 (CO2) with extracellular pH = 7.4
for 12 h. The PM fraction was isolated by ultracentrifugation and ouabain-sensitive NKA activity was
measured by using a colorimetric ATP bioluminescence assay kit. Values are expressed as mean ± SD
(n = 5, ** p < 0.01, *** p < 0.001).

Exposure of AEC to elevated CO2 concentrations decreased the cell surface abundance of the
NKA-α and NKA-β subunits in a time-dependent manner. These findings correlated with the
above-mentioned increase in the levels of ER-resident NKA-β (Figure 1D), which suggests that the ER
retention of NKA-β contributed to the decreased cell-surface expression of the enzyme. Next, NKA
function was assessed by measuring ouabain-sensitive ATPase activity in isolated PM fractions from
primary rat alveolar epithelial type II (ATII) and human A549 cells (Figure 2B,C). Consistent with the
results of our biotinylation assays, in both cellular cultures, elevated CO2 levels markedly decreased
ouabain-sensitive ATPase activity, which indicates reduced NKA function.

2.3. Hypercapnia Induces Endoplasmic Reticulum Retention of the Na,K-ATPase β-Subunit

The increased abundance of ER-resident NKA-β (that was not efficiently delivered to the plasma
membrane) might be explained by retention of NKA-β in the ER [20]. To test this hypothesis, we
performed isolation of ER and Golgi subcellular fractions from total cellular lysates and determined
the amount of high mannose and complex N-glycan type NKA-β (Figure 3A). We observed increased
amounts of NKA-β in the ER upon hypercapnia, which was associated with decreased Golgi-resident
complex forms of the enzyme. These results suggested that newly synthesized forms of NKA were not
processed to further maturation steps but were retained in the ER, which leads to decreased cell-surface
abundance of the transporter.

Recent reports showed that the ER chaperones, binding immunoglobulin protein (BiP), and
calnexin are required for the folding and retention of the NKA-β subunit upon normal and stress
conditions [20]. To further assess if those chaperones were involved in the hypercapnia-induced ER
retention of the NKA-β, AEC were exposed to normal or elevated CO2 levels and localization of
NKA-β, calnexin, and BiP were detected by immunofluorescent microscopy (Figure 3B,C). Enhanced
co-localization of NKA-β with calnexin and BiP was observed upon hypercapnia, which indicates that
both chaperons might be involved in the process of ER retention.
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Figure 3. Elevated CO2 levels promote endoplasmic reticulum (ER) retention of Na,K-ATPase-β.
(A) A549 cells were exposed to 40 (Ctrl) or 120 mmHg CO2 (CO2) with an extracellular pH = 7.4
for 12 h. Subcellular fractions were isolated by ultracentrifugation and protein levels of the NKA-β,
protein disulfide isomerase (PDI; an ER marker), and Golgin subfamily A member 2 (GM130;a Golgi
marker) were analyzed by immunoblotting. Representative Western blots are shown. Bars represent
ER NKA-β/Coomassie ratio or complex type NKA-β/Coomassie ratio. Values are expressed as mean ±
SD (n = 4, ** p < 0.01, *** p < 0.001). (B) A549 cells were exposed to 40 (Ctrl) or 120 mmHg CO2 (CO2)
with an extracellular pH = 7.4 for 12 h. Cellular localization of NKA-β and calnexin were determined
by immunofluorescence. Immunofluorescence staining of NKA-β (red), calnexin (green), and nuclei
(blue) are shown. Scale bar—20 μM. (C) A549 cells were exposed to 40 (Ctrl) or 120 mmHg CO2 (CO2)
with an extracellular pH = 7.4 for 12 h. Cellular localization of NKA-β and BiP were determined by
immunofluorescence. Representative immunofluorescence staining of NKA-β (red), BiP (green), and
nuclei (blue) are shown. Scale bar—20 μM.
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2.4. Hypercapnia Attenuates Na,K-ATPase α:β Complex Formation

Previous studies have reported that ER quality control allows only export of assembled NKA
α:β complexes at a 1:1 stoichiometric ratio to the Golgi, which sustains an equimolar ratio of NKA
α-subunits and β-subunits at the cellular surface [19,21]. Having demonstrated that elevated CO2 levels
caused ER retention of the NKA-β, we further analyzed the formation of the NKA α:β complex upon
hypercapnia treatment. To this end, we employed A549-α1-green fluorescent protein (A549-α1-GFP)
cells in which GFP was fused to the NKA-α subunit and exposed those cells to normal or elevated CO2

levels. Afterward, we immunoprecipitated NKA-β from either total cell lysates or ER fractions by using
specific antibodies and the amount of co-immunoprecipitated NKA-α was detected by immunoblotting
(Figure 4A,B). Our results showed that hypercapnia decreased the amount of precipitated NKA
α-subunit, which suggests that the ER-retained NKA-β was only partially assembled with NKA-α.
Similar results were obtained when reverse co-immunoprecipitation with an antibody against GFP
was performed (Figure 4C).

Figure 4. Elevated CO2 levels decrease formation of the Na,K-ATPase-α:β complex. (A) A549-α1-GFP
expressing cells were exposed to 40 (Ctrl) or 120 mmHg CO2 (CO2) with an extracellular pH = 7.4 for 12 h.
NKA-β was immunoprecipitated from the whole cell lysate by using an NKA-β-specific antibody and
levels of co-immunoprecipitated NKA-α were analyzed by immunoblotting. Representative Western blots
are shown (n = 4). (B) A549-α1-GFP expressing cells were exposed to 40 (Ctrl) or 120 mmHg CO2 (CO2)
with an extracellular pH = 7.4 for 12 h. The ER fraction was isolated and NKA-β was immunoprecipitated
and the levels of co-immunoprecipitated NKA-α were analyzed by immunoblotting. Representative
Western blots are shown (n = 3). (C) A549-α1-GFP expressing cells were exposed to 40 (Ctrl) or 120 mmHg
CO2 (CO2) with an extracellular pH = 7.4 for 12 h. NKA-α1-GFP (GFP-α) was immunoprecipitated from
the whole cell lysate by using a GFP-specific antibody and the levels of co-immunoprecipitated NKA-β
were analyzed by immunoblotting. Representative Western blots are shown (n = 4).
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2.5. Elevated CO2 Levels Alter the Oxidizing Environment of the Endoplasmic Reticulum and Promote
Oxidation of the Na,K-ATPase β-Subunit

It is well documented that a fully functional ER is dependent on physiological levels of Ca2+

and ATP and requires an oxidizing environment [22,23]. However, it has been shown that sustained
hypercapnia and hypercapnic acidosis may decrease ATP production and perturb mitochondrial
function [24,25]. Thus, we speculated that elevated CO2 levels may prevent NKA-β maturation in
the ER by altering the metabolic status of the cell. In line with this notion, we observed a significant
decrease in intracellular ATP levels in hypercapnia-exposed AEC (Figure 5A). Of note, cell viability
was not affected by elevated CO2 levels even when AEC were exposed to hypercapnia for up to 72 h
(Figure 5B).

Figure 5. Hypercapnia decreases intracellular ATP production but does not affect cell viability. (A) A549
were treated with normal (Ctrl, 40 mmHg, pHe = 7.4) or elevated CO2 levels (CO2, 120 mmHg, pHe =
7.4) for different time-points. Intracellular ATP levels were measured by using an ATP bioluminescence
assay kit. Bars represent total ATP/total protein ratio. Values are expressed as mean ± SD (n = 3, ** p
< 0.01, *** p < 0.001). (B) A549 cells were exposed to normal (Ctrl, 40 mmHg, pHe = 7.4) or elevated
CO2 levels (CO2, 120 mmHg, pHe = 7.4) for different time-points. Cell viability was measured by
assessing the plasma membrane integrity. Graph bars represent the percentage of viable cells. Values
are expressed as mean ± SD (n = 3).

It has been previously reported that decreased cellular ATP levels can promote protein oxidation
by activating redox reactions [26,27]. Therefore, we next hypothesized that hypercapnia may alter the
oxidizing environment of cells. To determine whether increased CO2 levels affect protein oxidation in
hypercapnia-treated AEC, we isolated total, cytosolic, and ER fractions from whole-cell homogenates
by ultracentrifugation and, subsequently, assessed protein oxidation in these fractions. Importantly, in
contrast to the total protein and cytosolic fractions (Figure 6A,B), hypercapnia treatment augmented
the levels of protein oxidation in the ER (Figure 6C).

In addition, to determine whether NKA was a substrate of protein oxidation, AEC were exposed
to normal or elevated CO2 concentrations and the levels of protein oxidation in immunoprecipitated
NKA-β were detected by immunoblotting (Figure 6C). Of note, we detected that the levels of NKA-β
oxidation were increased when exposed to elevated CO2 levels, which suggests that hypercapnia
dysregulated the oxidizing status of the ER environment. Therefore, it induces the oxidation of NKA-β
and potentially disrupts normal maturation of the enzyme.
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Figure 6. Hypercapnia increases ER protein and Na,K-ATPase-β oxidation levels. A549 cells were
exposed to 40 (Ctrl) or 120 mmHg CO2 (CO2) with an extracellular pH = 7.4 for 12 h. Next, cellular
fractions were isolated by ultracentrifugation and protein oxidation, which was determined in (A) total
protein, (B) cytosolic, and (C) ER fraction by immunoblotting against 2,4-dinitrophenylhydrazone
(2,4-DNPH). Bars represent a 2,4-DNPH/Coomassie ratio. Values are expressed as mean ± SD (n = 5,
* p < 0.05). (D) A549 cells were exposed to normal (Ctrl, 40 mmHg, pHe = 7.4) or elevated CO2 levels
(CO2, 120 mmHg, pHe = 7.4) for 12 h. NKA-β was then immunoprecipitated and protein oxidation
was determined as described above. Representative Western blots are shown.

2.6. Treatment with α-Ketoglutaric Acid Ameliorates Hypercapnia-Induced ER Dysfunction and Restores
Na,K-ATPase Function

Up to this point, our studies have suggested that hypercapnia enhances retention of ER-resident
NKA-β due to increased protein oxidation in the ER. In a recent publication, it has been shown that
elevated CO2 levels inhibit expression of isocitrate dehydrogenase 2 (IDH2), which is a key enzyme in
the tricarboxylic acid (TCA) cycle. Thereby, it causes mitochondrial dysfunction and ATP depletion [24].
Furthermore, treatment with α-ketoglutaric acid (α-KG) compensated the loss of IDH2 and raised ATP
levels in hypercapnia-exposed cells [24]. Thus, we hypothesized that the increased ER oxidation by
elevated CO2 levels was due to mitochondrial dysfunction that might be rescued by administration of
α-KG. Treatment of AEC with α-KG prevented the hypercapnia-induced increase in protein oxidation
in the ER (Figure 7A).

Next, we determined the effects of α-KG treatment on ER-resident and PM-located NKA-β upon
hypercapnia. AEC were exposed to normal or elevated levels of CO2 for 12 h in the presence or absence
of α-KG and, subsequently, the ER faction and cell surface abundance of NKA-β were measured
(Figure 7B,C). Our results revealed that α-KG treatment rescues the effects of hypercapnia on the
levels of NKA-β in the ER, which was associated with an increased expression of NKA-β at the PM.
Moreover, to determine whether an increased cell surface abundance of the NKA-β resulted in an
elevation of NKA activity, we measured ouabain-sensitive ATPase activity in primary and cultured
AEC (Figure 7D,E) and observed that treatment with α-KG partially restored NKA function upon
hypercapnia. Lastly, treatment with α-KG partially restored the hypercapnia-induced reduction in total
intracellular ATP levels (Figure 7F). Taken together, these studies suggest that rescuing mitochondrial
function and administration of α-KG restore the hypercapnia-induced ER retention of NKA-β, which
increases PM abundance and activity of NKA.
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Figure 7. Treatment withα-KG reverses hypercapnia-induced protein oxidation and decreases ER-retained
forms of Na,K-ATPase. (A) A549 cells were exposed to 40 (Ctrl) or 120 mmHg CO2 (CO2) with an
extracellular pH = 7.4 for 12 h in the presence or absence of α-KG (10 mM) or vehicle. The ER fraction
was isolated by ultracentrifugation and the level of protein oxidation was assessed as described above.
Bars represent 2,4-DNPH/Coomassie ratio. Values are expressed as mean ± SD (n = 3, * p < 0.05,
n.s—non-significant). (B) A549 cells were exposed to 40 (Ctrl) or 120 mmHg CO2 (CO2) with an
extracellular pH = 7.4 for 12 h in the presence or absence of α-KG or vehicle. NKA-β levels were
measured by immunoblotting. Representative immunoblots are shown. Bars represent the ER-resident
NKA-β/β-actin ratio. Values are expressed as mean ± SD (n = 5, *** p < 0.001, n.s. – non-significant).
(C) A549 cells were exposed to 40 (Ctrl) or 120 mmHg CO2 (CO2) for 12 h in the presence or absence
of α-KG or vehicle. NKA-β PM abundance was determined by biotin-streptavidin pull-down and
immunoblotting. Representative immunoblots of NKA-α, NKA-β, and TfR at the PM are shown. Bars
represent the NKA-β/TfR ratio. Values are expressed as mean ± SD (n = 5, * p < 0.05, n.s—non-significant).
(D) Primary rat ATII and (E) A549 cells were exposed to 40 (Ctrl) or 120 mmHg CO2 (CO2) with
extracellular pH = 7.4 for 12 h in the presence or absence of α-KG or vehicle. The PM fraction was
isolated by ultracentrifugation and ouabain-sensitive Na,K-ATPase activity was measured by using a
colorimetric ATP bioluminescence assay kit. Values are expressed as mean ± SD (n = 5, *** p < 0.001, n.s. –
non-significant). (F) A549 cells were exposed to 40 (Ctrl) or 120 mmHg CO2 (CO2) with an extracellular
pH = 7.4 for 12 h in the presence or absence of α-KG or vehicle. Intracellular ATP levels were measured
by using an ATP bioluminescence assay kit. Bars represent total ATP/total protein ratio. Values are
expressed as mean ± SD (n = 3, * p < 0.05, ** p < 0.01).

3. Discussion

In the present study, we show that, in alveolar epithelial cells, hypercapnia downregulates NKA
function by promoting oxidation of NKA-β, which, thereby, impairs its interaction with NKA-α and
retains the misfolded NKA-β in the ER. This decreases PM abundance and activity of the transporter.
In addition, we demonstrate that treatment with α-KG, which is an active metabolite, that has been
previously shown to rescue the impaired TCA cycle and ATP production in hypercapnia-exposed cells,
attenuates the elevated CO2–induced NKA-β oxidation in the ER, which increases the abundance of
the enzyme at the PM.

Effective alveolar gas exchange requires relatively “dry” airspaces achieved by an active vectorial
Na+ transport process across the alveolar epithelium [28], driven by the basolaterally-located NKA
and the apical epithelial sodium channel, ENaC, which promotes alveolar fluid clearance [17,29,30].
It is well documented that impaired function/expression of these transporters have a deleterious
impact on the resolution of lung edema in models of ALI [31,32]. In patients with ARDS, disruption
of the alveolar-capillary barrier causes pulmonary edema that severely alters gas exchange and
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leads to hypoxia and hypercapnia. Since patients with ARDS require ventilation with low tidal
volumes to limit ventilator-induced lung injury, hypercapnia is often further aggravated in this
patient group [11,12], which has been tolerated in the last two decades. This is a concept termed
“permissive hypercapnia.” Hypercapnia is a double-edged sword and the associated acidosis may
exhibit advantageous anti-inflammatory effects [33]. However, recent reports suggest that, in patients
with severe hypercapnia, elevated levels of CO2 are associated with higher complication rates, more
organ failure, worse outcome, and increased risk of intensive care unit mortality [34]. A possible
explanation, in addition to the recently established negative effects of elevated CO2 levels on innate
immunity and host defense [35–37], might be the hypercapnia-driven impairment of alveolar edema
resolution due to the high CO2-driven downregulation of PM abundance and function of NKA and
ENaC [14,38].

We have previously reported that hypercapnia rapidly (within minutes) decreases NKA PM
abundance by inducing phosphorylation of the α-subunit of the transporter at the Ser18 residue
by protein kinase C- ζ that is activated by a CO2-specific signaling pathway including subsequent
phosphorylation of extracellular signal-regulated kinase and AMP-activated protein kinase, whereas
the c-Jun N terminal kinase drives NKA retrieval from the cell surface [14–16,38]. In contrast, potential
effects of elevated CO2 levels on the regulatory β-subunit of NKA have not been previously reported.
In the current study, we describe a novel mechanism by which sustained hypercapnia leads to
misfolding of NKA-β in the ER. The NKA-β is a glycoprotein with a molecular mass depending on its
glycosylation profile of ~35–55 kDa. Once being synthetized by the ribosomes, the nascent NKA-β
protein is co-translationally transported to the ER, where high mannose N-glycan subunit forms are
generated. In the ER, the NKA-β undergoes folding, posttranslational modifications, and assembling
with the NKA-α. Subsequent maturation and further glycosylation of NKA-β results in the formation
of complex-type N-glycan forms, which are located in the Golgi and at the PM [20]. The ER maturation
steps play a pivotal role in the NKA-β glycosylation processing [19,21] as well as in the formation of
the α:β complexes, which underline the pivotal role of NKA-β in trafficking and the correct membrane
insertion of the NKA α-subunit [19,39].

We first investigated whether hypercapnia affects protein levels of NKA-β focusing on the above-
mentioned glycosylation states in AEC. We observed a marked time-dependent and dose-dependent
increase in the ER-resident high mannose glycosylation forms of NKA-β peaking at 12 h upon exposure
to elevated CO2 levels. Of note, these effects were independent of extracellular acidosis, which suggests
that the observed effects were directly mediated by CO2. This increase in ER-resident NKA-β forms
was paralleled by a decreased PM abundance and activity of NKA-α:β. Moreover, while the levels of
NKA-β were markedly increased in the ER where there was an enhanced interaction of NKA-β with
the ER-resident chaperons, calnexin and BiP was evident and we observed a significant decrease in
Golgi-resident forms of NKA. This is in line with previous reports that show that mutations in the
NKA-α:β interaction regions [19], lipid peroxidation, and activation of oxidative stress by cadmium [20],
removal of NKA-β glycosylation sites [20], and overexpression of unassembled NKA β-subunits [40]
result in ER retention and increased binding of NKA-β to ER-resident chaperones [20,40]. Since the
catalytic NKA-α-subunit cannot leave the ER (and, thus, reach the cellular surface) without being
assembled with the regulatory NKA-β-subunit at a 1:1 stoichiometric ratio [19,20] and hypercapnia
disturbs normal folding of NKA-β in the ER, which prevents its subsequent further maturation,
collectively, our data suggest that elevated CO2 levels disrupt the formation of the NKA-α:β complex
in the ER, which impairs its delivery to the PM.

Changes in the ER environment or modifications of the protein structure may result in misfolding
and protein retention in the ER [41]. It has been shown that high Ca2+ and sufficient ATP levels as well
as a tightly regulated oxidizing environment are pivotal determinants of proper ER protein folding,
glycosylating, and interaction with chaperones [42,43]. Thus, we hypothesized that the ER retention of
NKA-β was due to changes in the ER environment. Of note, we establish, in this case, that elevated
CO2 alters the oxidizing environment of the ER and leads to protein carbonylation. Irreversible
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attachment of carbonyl groups to proteins is characteristic for a variety of oxidative pathways [44,45]
that may promote protein misfolding and lead to various disease states [46,47]. The NKA-β contains a
specific cysteine residue (Cys46) in its transmembrane domain that has been described to be highly
susceptible to oxidative stress induced by glutathionylation [48], which possibly explains our findings
regarding the enhanced ER retention of NKA-β. In addition, carbonylation of ER-resident chaperons
may disrupt normal protein folding [46,49]. Whether hypercapnia leads to carbonylation of NKA-β
at Cys46 and/or drives carbonylation of the above-mentioned ER-resident chaperons will need to be
further investigated in future research. Furthermore, a common cellular response to transcriptional or
translation errors is activation of protein carbonylation that “tags” peptides and, thereby, promotes
their degradation [50]. Whether hypercapnia induces degradation of carbonylated proteins and NKA-β
is currently being investigated in our laboratory.

In line with our previous findings in a different setting showing that elevated CO2 reduces
ATP production by inhibiting IDH2 in the TCA cycle and leads to mitochondrial dysfunction [24],
our current study shows that sustained hypercapnia markedly decreases intracellular ATP levels.
As mentioned above, normal mitochondrial function and sufficient ATP supply of the ER are essential
for normal protein folding [23]. We next aimed to study the potential connection between NKA-β
oxidation and ER retention upon hypercapnia and the metabolic status of the cell. To overcome the
elevated CO2-induced suppression of the TCA cycle, we treated AEC with α-KG (a TCA intermediate
metabolite) that we have previously shown to rescue ATP production and cellular proliferation in
CO2 exposed cells [24]. We observed that hypercapnia-induced ER oxidation is significantly reduced
after α-KG treatment, which leads to decreased ER-retained NKA-β and increased NKA cell surface
abundance and function. Together with our previously published observation, we propose that α-KG
treatment may rescue IDH2 activity and, thus, ATP production. Therefore, this decreases ER oxidation
and stabilizes normal NKA trafficking. Of note, recent findings suggest that the mechanism by which
α-KG operates is not limited to the TCA cycle but may involve various other metabolic and cellular
signaling pathways regulating cellular energy supply donor, epigenetics, and prolyl hydroxylases
activity [51–53]. Thus, elucidation of the exact mechanisms of α-KG action in the context of hypercapnia
may need further studies.

Our study has some clear limitations. Although we were able to show that elevated CO2 levels
induce ER retention of the NKA-β subunit for up to 24 h that may lead to decreased cell surface
abundance and activity of the enzyme, it is also evident that, at later time-points (36–72 h of high CO2

exposure), elevated levels of NKA-β in the ER are not evident. Our preliminary data (not shown)
suggest that this is due to degradation of ER-retained NKA-β. A further study addressing this point is
currently a major focus of our laboratory. Additionally, while we demonstrate that, during hypercapnia,
an increase in NKA-β is associated with a decrease of the levels of NKA-β in the Golgi apparatus and
at the PM, to further strengthen our hypothesis, subsequent studies will be necessary to directly assess
trafficking events of both NKA-β and NKA-α from the ER to Golgi and PM. Furthermore, although we
demonstrate that ER retention of NKA-β is due to the increased oxidation, we do not know what the
primary cause of these reactions is. In addition, despite showing that the formation of carbonyl groups
plays a central role in the CO2-induced protein oxidation reaction, the potential involvement of other
oxidation reactions such as thiol oxidation, glutathionylation, or aromatic hydroxylation has not been
investigated. Lastly, it will be important that future studies assess the effects of hypercapnia in more
complex systems, such as precision-cut lung slices or human alveolar organoids to further enhance the
translational relevance of these findings.

Taken together, our study shows for the first time that sustained hypercapnia decreases NKA cell
surface abundance and function by inducing ER retention of its β-subunit via oxidative modification,
which prevents its assembly with NKA-α. Furthermore, treatment with α-KG that increases ATP
production and rescues the high CO2-induced mitochondrial dysfunction attenuates protein oxidation
in the ER and, thus, prevents ER retention of the NKA-β and enhances PM abundance and activity
of NKA. Since NKA is both a key driver of alveolar fluid clearance and also a central cell adhesion
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molecule in the alveolar epithelium that is pivotal for prevention of alveolar edema formation, these
novel findings may lead to novel therapeutic options that improve resolution of alveolar edema and
restores alveolar epithelial barrier function in patients with ARDS and hypercapnia.

4. Materials and Methods

4.1. Cell Culture

Primary rat alveolar epithelial type II (ATII) cells were isolated as previously described [14].
Isolation of ATII cells from rats was conducted according to the legal regulations of the German Animal
Welfare Act and was approved by the regional authority (Regierungspräsidium Gießen, reference
number A12/2013 from March 28, 2013 and reference number G41/2018 from July 17, 2018) of the
State of Hessen, Germany. ATII, human alveolar epithelial A549 (ATCC, CCL 185), and A549 cells
stably expressing Na,K-ATPase α1-subunit fused to a green fluorescent protein (A549-α1-GFP) were
grown in Dulbecco’s modified Eagle’s media (DMEM, Thermo Fisher Scientific, Darmstadt, Germany)
supplemented with 10% fetal bovine serum (FBS, PAA Laboratories, Egelsbach, Germany), 100 U/mL
penicillin, and 100 μg/mL streptomycin, as previously described [14]. For experiments, 600,000 A549 or
2,000,000 ATII cells were grown on 60-mm culture dishes (Sarstedt, Nümbrecht, Germany) in 4 mL of
culture media. Alternatively, 200,000 A549 or 1,500,000 ATII cells were seeded on permeable membrane
supports (BD Falcon, Heidelberg, Germany) with maintaining a liquid/liquid interface. Subconfluent
cell monolayers were used for experiments. Cells were incubated in a humidified atmosphere of 5%
CO2 and 95% air at 37 ◦C.

4.2. CO2 Exposure

ATII and A549 cells were exposed to 40 (normocapnia, Ctrl) or 120 mmHg (hypercapnia, CO2) CO2

conditions unless otherwise indicated. Normocapnia and hypercapnia media solutions were prepared
freshly with DMEM or DMEM/F12, Ham’s F12, and MOPS base to obtain a final pH of 7.4 at 40 (5%) or
120 mmHg (15%) of CO2 while maintaining 21% O2 balanced with N2 and were kept overnight in
the humidified C-chamber (BioSpherix Ltd., Parish, NY, USA), as described previously [24]. Levels of
CO2 in the chamber were controlled by an RO-CO2 carbon dioxide controller (BioSpherix Ltd., NY,
USA). Before experiments media pH, pCO2 and pO2 levels were measured using a Rapid-lab blood
gas analyzer (Siemens, Erlangen, Germany).

4.3. Western Blot Analysis

Protein concentrations were determined by using the Bradford assay after lysing the cells. Equal
protein concentrations were resolved in 7%–10% polyacrylamide gels and transferred to a nitrocellulose
membrane using a semidry apparatus from Bio-Rad (Hercules, Berkeley, CA, USA). Membranes were
blocked for one hour in 5% fat-free milk and were subsequently incubated with primary antibodies
overnight at 4 ◦C. For some experiments, loading control was performed by staining of the nitrocellulose
membranes with Coomassie brilliant blue 250 (Sigma Aldrich, St. Louis, MO, USA). Densitometric
analyses were performed by using the Image J software (NIH, Bethesda, MD, USA).

4.4. Cell Surface Biotinylation

After hypercapnia exposure, PM surface proteins were labeled for 20 min by using 1 mg/mL
EZ-Link-NHS-SS-biotin (Pierce Biotechnology, Waltham, MA, USA). Proteins were pulled down with
streptavidin-agarose beads (Pierce Biotechnology, Waltham, MA, USA) and analyzed by SDS-PAGE
and immunoblotting, as described previously [14].

4.5. Co-Immunoprecipitation

To assess protein-protein interactions, co-immunoprecipitation was used. AEC were exposed to
normocapnia or hypercapnia, washed in PBS, and lysed in immunoprecipitation lysis buffer (20 mM
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HEPES pH 7.4, 150 mM NaCl, 0.5% NP-40, 2 mM EDTA, 2 mM EGTA, 5% glycerol, protease and
phosphatase inhibitors). Afterward, cells were scraped and centrifuged and cell lysates containing
150–300 μg of proteins were incubated with specific antibodies for Na,K-ATPase subunits, GFP,
2,4-DNPH, or IgG negative control and A/G agarose beads (Santa Cruz, Heidelberg, Germany)
overnight at 4 ◦C. Precipitated complexes were eluted from the beads by adding 2X Laemmli buffer,
heated at 60 ◦C for 20 min, and then subjected to SDS-PAGE and Western immunoblotting.

4.6. Antibodies and Chemical Compounds

The following antibodies and reagents were used: mouse anti-Na,K-ATPase β-subunit (clone
M17-P5-F11) (Thermo Scientific, Rockford, IL, USA), rabbit anti-GFP (Santa Cruz Biotechnology,
Dallas, TX, USA), mouse anti-Na,K-ATPase α-subunit (Merck Millipore, Darmstadt, Germany), rabbit
anti-β-actin (Sigma Aldrich, St. Louis, MO, USA), mouse anti-transferrin receptor (Invitrogen, Rockford,
IL, USA), rabbit anti-PDI (Cell Signaling, Danvers, MA, USA), rabbit anti-GM130 (Cell Signaling,
Danvers, MA, USA), rabbit anti-calnexin (Abcam, Cambridge, UK), rabbit anti-BiP (Cell Signaling,
Danvers, MA, USA), HRP-conjugated anti-mouse and anti-rabbit IgG (Cell Signaling, Danvers, MA,
USA), and Alexa Fluor 488 and 594 conjugated anti-rabbit, anti-mouse (Thermo Scientific, Eugene, OR,
USA). α-ketoglutaric acid was obtained from Sigma Aldrich, St. Louis, MO, USA.

4.7. Immunofluorescent Microscopy

After hypercapnia exposure cells were fixed with 4% paraformaldehyde, permeabilized with 0.1%
Triton X-100, blocked by 3% bovine serum albumin (BSA), and incubated overnight with primary
antibodies at 4 ◦C. Immunofluorescent images were captured by using a Carl Zeiss Axio Observer Z1
microscope (Carl Zeiss, Wetzlar, Germany).

4.8. Isolation of Total, Cytosolic Endoplasmic Reticulum and Golgi Cellular Fractions

Isolation of ER and Golgi was performed by adapting a previously described protocol [54]. After
normocapnic and hypercapnic exposure cells were collected, homogenized, and centrifuged 10 min at
1400× g following supernatant centrifugation for 10 min at 15,000× g, 4 ◦C. Next, a small amount of the
supernatant was aspirated and labeled as “total protein” and the rest was loaded on a sucrose gradient
(2.0 M, 1.5 M, and 1.3 M) and centrifuged for 70 min at 152,000× g. Afterward, the upper 1 mL of
the solution was withdrawn and labeled as “Cytosol.” The ER fraction was collected from the large
band at the interface of the 1.3 M sucrose gradient layer, resuspended in lysis buffer, and centrifuged
for 45 min at 126,000× g, 4 ◦C. Afterward, the pellet was collected, resuspended in PBS (pH 7.4), and
further analyzed by a Western blot. Since ER and Golgi are morphologically linked and have almost
the same density during ultracentrifugation, the obtained ER proteins additionally contained Golgi
complexes and, in some experiments, this fraction was named “ER, Golgi”.

4.9. Isolation of Soluble Plasma Membrane Proteins

The soluble fractions of PM proteins were obtained by ultracentrifugation, as previously described [55].
After normocapnia or hypercapnia treatment, cells were detached, homogenized in homogenization
buffer (10 mM, 1 mM EDTA, 1 mM EGTA, 100 μg/mL N-tosyl-l-phenylalanine chloromethyl ketone,
phosphatase, and protease inhibitors), and centrifuged at 500× g at 4 ◦C. Next, supernatants were
collected and centrifuged at 100,000× g for 1 h at 4 ◦C. Afterward, the pellet, which contained the crude
membrane fraction, was resuspended in homogenization buffer supplemented 1% Triton X-100 and
centrifuged at 100,000× g for 30 min at 4 ◦C. After centrifugation, a supernatant containing a soluble
membrane fraction was collected and used for the experiments.
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4.10. Measurement of Na,K-ATPase Enzymatic Activity

To measure ouabain-sensitive Na,K-ATPase activity, a high-sensitivity ATPase assay kit (Innova
Biosciences, Cambridge, United Kingdom) was used, according to the instructions of the manufacturer,
and was performed as described previously [55]. After treatment with normocapnia or hypercapnia,
cells were detached, homogenized, and the PM fraction was isolated. To measure ouabain-sensitive
ATPase activity, ouabain was applied to the soluble PM fractions and absorbance, which was measured
at 600 nm by an Infinite M200 Pro reader (TECAN, Männedorf, Switzerland). Na,K-ATPase specific
activity was calculated by subtraction of ouabain-sensitive from total ATPase activity.

4.11. Detection of the Protein Oxidation

Total protein oxidation was measured by using the OxyBlot protein oxidation detection kit (Merck
Millipore, Darmstadt, Germany), according to instructions of the manufacturer. After normocapnia
or hypercapnia treatment, cells were lysed, and an equal amount of proteins were derivatized by
adding 1X 2,4-dinitrophenylhydrazine (DNPH) solution for 15 min. Afterward, a neutralization
solution was added, samples were subjected to SDS-PAGE and transferred to nitrocellulose membranes.
After incubation with antibodies from the kit, protein oxidation was determined by chemiluminescence
and the density of detected protein oxidation was calculated by using the Image J software and
normalized to the total protein amounts assessed by Coomassie staining.

4.12. Measurement of Intracellular ATP Levels

ATP levels after hypercapnia exposure were measured by an ATP bioluminescence assay kit HSII
(Roche Diagnostics, Mannheim, Germany) following the instructions of the manufacturer. Cells were
treated with normal or elevated CO2 levels, detached, and lysed in the lysis buffer provided with the
kit. Next, samples were centrifuged at 10,000× g for 60 s and the supernatant was transferred to a
fresh tube. Lastly, 50 μL of supernatants were transferred to 96-well plates. Additionally, 50 μL of
the luciferase reagent was added to the samples and luminescence was measured immediately by
Infinite M200 Pro reader. The obtained values were normalized to the protein amount as assessed by
the Bradford assay.

4.13. Measurement of Cellular Viability

Cell viability was assessed by using the CASY cell counter and analyzer model TT (Roche
Innovatis AG, Reutlingen, Germany) following the instructions of the manufacturer, as determined
by an automatized measurement of plasma membrane integrity via an electric impulse. After
exposure to normocapnic or hypercapnic conditions, cells were detached by incubation with 0.25%
trypsin-EDTA, resuspended in culture medium, diluted in CASY tone solution, and the membrane
integrity measurement was performed.

4.14. Statistics

Data are presented as mean ± SD unless otherwise indicated. Comparison of two groups was
performed by paired (dependent) or unpaired (independent) two-tailed Student’s t-test. Comparisons
between more than two groups were performed by one-way or two-way analysis of variance (ANOVA)
with a Dunnet test for multiple comparisons. For statistical analysis and data visualization, GraphPad
Prism 6 (GraphPad Software, San Diego, CA, USA) was used. A p-value of <0.05 was considered to be
statistically significant.
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Abbreviations

α-KG α-ketoglutaric acid
AEC alveolar epithelial cell
ALI acute lung injury
ARDS acute respiratory distress syndrome
ATII alveolar epithelial type II
BiP binding immunoglobulin protein
CO2 carbon dioxide
ENaC epithelial sodium channel
ER endoplasmic reticulum
GFP green fluorescent protein
IDH2 isocitrate dehydrogenase 2
NKA Na,K-ATPase
PM plasma membrane
TCA tricarboxylic acid
TfR transferrin receptor
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Abstract: Pneumonia is a cause of high morbidity and mortality in humans. Animal models are
indispensable to investigate the complex cellular interactions during lung injury and repair in vivo.
The time sequence of lesion development and regeneration is described after endobronchial inoculation
of calves with Chlamydia psittaci. Calves were necropsied 2–37 days after inoculation (dpi). Lesions and
presence of Chlamydia psittaci were investigated using histology and immunohistochemistry. Calves
developed bronchopneumonia at the sites of inoculation. Initially, Chlamydia psittaci replicated in type
1 alveolar epithelial cells followed by an influx of neutrophils, vascular leakage, fibrinous exudation,
thrombosis and lobular pulmonary necrosis. Lesions were most extensive at 4 dpi. Beginning at
7 dpi, the number of chlamydial inclusions declined and proliferation of cuboidal alveolar epithelial
cells and sprouting of capillaries were seen at the periphery of necrotic tissue. At 14 dpi, most of
the necrosis had been replaced with alveoli lined with cuboidal epithelial cells resembling type
2 alveolar epithelial cells and mild fibrosis, and hyperplasia of organized lymphoid tissue were
observed. At 37 dpi, regeneration of pulmonary tissue was nearly complete and only small foci of
remodeling remained. The well-defined time course of development and regeneration of necrotizing
pneumonia allows correlation of morphological findings with clinical data or treatment regimen.

Keywords: lung; pneumonia; necrotizing; regeneration; model; bovine; chlamydia

1. Introduction

Pneumonia affects large proportions of the human population worldwide [1]. Community
acquired pneumonia (CAP), which is defined as infection not acquired during hospitalization or
ventilation, is the most common type of pneumonia and the most frequent cause of morbidity and
mortality by infection in developed countries [2]. The annual incidence in adults is 1.5–1.7 per 1000
in Europe [3]. CAP can be caused by viral and bacterial pathogens. Infections with Streptococcus
pneumoniae and Haemophilus influenzae are especially frequent [2,4], but a variety of other bacteria
including the intracellular pathogens, Mycoplasma pneumoniae, Chlamydia (C.) pneumoniae, C. psittaci,
Coxiella burnetii and Legionella pneumophila can also be involved [3]. Studies focusing on Chlamydia
and Mycoplasma in patients with CAP indicate that these infections are more frequent than commonly
reported, especially in children [5–7]. Infections with C. psittaci are about twice as frequent as with
C. pneumoniae [6].
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Infection models involving these pathogens are relevant to elucidate host reactions to the pathogen,
development and resolution of tissue lesions and to evaluate treatment options. Only animal models
can truly reflect the complex cellular interactions during lung injury and repair [8,9]. The search for
appropriate animal models of respiratory disease in humans has a long history and is still ongoing [10].
Criteria to optimize experimental research were redefined recently [11]. While mouse models are most
frequently used for being cost and time efficient and offering many options for genetic tracing and
immunological monitoring, models in domestic animal species, as presented here, possess their own
specific advantages, i.e., lung physiology and structure resembling more closely that of humans and
spontaneous disease and lesions being comparable to those occurring in humans [8,11,12].

Symptoms of pneumonia are the result of pulmonary alveoli filling with exudate and thus preventing
gas exchange. One of the complications of bacterial CAP is necrotizing pneumonia [13,14]. In humans,
necrotizing pneumonia is most commonly seen in Staphylococcus aureus, Streptococcus pneumoniae or
Klebsiella pneumoniae infections and may occur in both children and adults [13,15]. Conservative versus
surgical treatment is subject to controversial debate [13,16,17]. While long-term effects with higher
rates of mortality have been reported in elderly patients [18], full resolution within a few months
occurred in most children [16].

In cattle and pigs, necrotizing lesions are observed in a number of bacterial pneumonias.
The progression to necrotizing lesions may be due to virulence factors of microorganisms or to
host reactions, which are more exudative especially in cattle [13]. Experimental infection of calves with
C. psittaci was reported to progress to necrotizing lesions, with clinical course, pulmonary dysfunction
and systemic host reactions having been well characterized [19–22]. In contrast to the general consensus
that the outcome of pulmonary necrosis consists of fibrotic scars, sequestra or abscesses, complete
healing was observed. In the following, the time sequence from tissue injury to regeneration is described
based on qualitative histological data with the aim of providing a fundamental characterization of a
necrotizing pneumonia model.

2. Results

2.1. Clinical Signs, Acute Phase Response and Pulmonary Dysfunctions

Details of clinical signs and pulmonary dysfunctions induced by the pathogen were reported
elsewhere [19–22]. In brief, intrabronchial inoculation of 108 inclusion forming units (ifu) of C. psittaci
per calf resulted in acute respiratory illness characterized by fever, dyspnea, dry cough, hyperemic
conjunctivae and enlarged mandibular lymph nodes. Respiratory signs were accompanied by signs
of a systemic inflammatory response, i.e., elevated heart rates (mild tachycardia), reduced appetite
and dullness.

During the period of acute illness (i.e., 2–4 days post inoculation, dpi), blood gas analysis revealed
hypoxemia. Pulmonary function testing indicated both obstructive and restrictive pulmonary disorders.
The resulting pattern of spontaneous breathing was characterized by a reduction of tidal volume
by about 25%, a doubling of respiratory rate, and consequently by a significant increase of minute
ventilation to about 150%. Although acute clinical signs decreased and general health improved
rapidly from 5 dpi onwards, alterations in respiratory mechanics, acute phase reaction (decreased
blood concentrations of albumin and elevated blood concentration of lipopolysaccharide binding
protein) and disorders in acid-base equilibrium lasted until 10–11 dpi. By the end of this study (37 dpi),
the remaining three calves appeared clinically inconspicuous.

Data of rectal temperature, respiratory rate and tidal volume are given in Table S1 in absolute
numbers, while relative changes of these parameters are included in Table 1.

114



Int. J. Mol. Sci. 2020, 21, 2817

Table 1. Clinical data, respiratory function, volume and characteristics of pulmonary lesions.

Day of
Necropsy

in dpi

Absolute Change in Rectal
Temperature 1

in ◦C, Median {min; max}]

Relative Change
in Respiratory

Rate 2

Relative Change
in Tidal Volume
per kg b.wW. 3

Volume of
Pulmonary

Lesions
Histologic Characteristics

of Pulmonary Lesions

in %, Median {min; max}

2
(n = 3)

+2.5
{+1.8; +2.6}

+150
{+133; +285} n.a. 4 17

{17; 30}
purulent

bronchopneumonia

3
(n = 3)

+ 2.4
{+1.9;+2.8}

+200
{+83; +173}

−19
{−38; −3}

25
{11; 31}

fibrinopurulent
bronchopneumonia

4
(n = 3)

+1.0
{+0.5; +1.5}

+104
{+82; +127}

−27
{−31; −23}

25
{20; 27}

fibrinopurulent to
necroticzing

bronchopneumonia

7
(n = 3)

−0.6
{−0.7; +0.5}

+20
{0; +23}

−2
{−11; −1}

20
{14; 22}

first signs of organization,
macrophage infiltration

10
(n = 3)

−0.1
{−0.7; +2.0}

0
{−4; 0}

+13
{−3; +19}

8
{8; 11}

cuboidal alveolar
epithelial cells, new

capillaries

14
(n = 3)

+0.1
{−0.1; +0.2}

+23
{+13; +67}

+19
{−1; +40}

0.5
{0.3; 3.3}

progressed organization,
lymphocyte infiltration

35/37
(n = 3)

-0.1
{−0.4; +0.9}

−22
{−33; −11}

+2
{−2; +6}

0.3
{0.2; 1.5}

regeneration,
remodeling (in lesions)

1 Absolut change of rectal temperature between the average rectal temperature measured at two different days in
the week before challenge (baseline) and the rectal temperature measured at the day of necropsy. 2 Respiratory rate
was counted in resting animals (in stable). The relative change of respiratory rate was calculated between baseline
values (=mean of individual measurements at two different days in the week before challenge) and the respiratory
rate counted at the day of necropsy. 3 body weight; 4 not available (calves necropsied at 2 dpi were too sick to
undergo pulmonary function testing).

2.2. Pulmonary Lesions

2.2.1. At 2 dpi

In two calves 17% of pulmonary tissue and in one calf 30% of pulmonary tissue were dark red,
firm with a wet cut surface and pus draining from airways indicating purulent bronchopneumonia
(Figures 1 and 2A). Lesions were located around bronchioles at the inoculation sites and often had
cylindrical shape (Figure 2B). They were associated with mild fibrinous pleuritis in two calves.

Figure 1. Percentage of pulmonary tissue with lesions at 2, 3, 4, 7, 10, 14 and 35/37 dpi. Each point in
the diagram represents one or two (2×) individual calves.
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By histology, lesions had a lobular distribution with numerous neutrophils and protein-rich
exudate in alveoli, bronchioli and bronchi (Figure 2C,D). The walls and perivascular spaces of small
arterioles at the periphery of lesions were thickened by protein-rich edema, fibrin precipitates and
neutrophils (Figure 2C,E). Fibrin thrombi obstructed blood vessels. There were areas of necrosis in the
vascular walls. Lymphatics in subpleural and interlobular connective tissue contained fibrin thrombi
and a few neutrophils. Low numbers of chlamydial inclusions were found in type 1 alveolar epithelial
cells (AEC1) and occasionally in neutrophils and macrophages in the exudate (Figure 2F).

Figure 2. Pulmonary lesions at 2 dpi. (A) Macroscopic appearance and distribution of pulmonary
lesions (dark red, arrows). (B) Section through the left basal lobe. A circumscribed, dark red and
sunken lesion (thick arrow) is centered around a bronchus (thin arrow). (C) A bronchiolus (B) and
the surrounding alveoli are distended by neutrophils. The wall of the arteriole (A) is infiltrated with
neutrophils. Inset: higher magnification of neutrophils in an alveolus. HE-stain. (D) Numerous
neutrophils in the lamina propria (LP), epithelium (E) and lumen (L) of a bronchus. HE-stain. (E). Fibrin
precipitates (brown) surrounding a small arteriole (A). IHC, factor VIII. (F) Few chlamydial inclusions
in type 1 alveolar epithelial cells (arrows, examples). Inset: higher magnification of a chlamydial
inclusion. IHC, chlamydia.
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2.2.2. At 3 dpi

The extent of pulmonary lesions varied from 11% to 31% (Figure 1). Lesions were firm, grey-red
marbled, had a dry cut-surface and were associated with fibrinous pleuritis.

By histology, the fibrinopurulent pneumonia and severe vasculopathy had a lobar distribution
and were more extensive than at 2 dpi (Figure 3A,B). Foci of necrosis were more frequent in bronchiolar
epithelium and vascular walls (Figure 3B,C). There were small areas of complete necrosis of pulmonary
tissue. In these areas, diffuse labeling of fibrin using immunohistochemistry for factor VIII was seen
(Figure 3C), but no epithelial cells were labeled for cytokeratin.

Lesions in interlobular septa and pleura had increased in severity. Chlamydial inclusions were
numerous in neutrophils and macrophages (Figure 3E), but rare in alveolar epithelial cells.

Figure 3. Pulmonary lesions at 3 dpi. (A) Lobular fibrinopurulent bronchopneumonia (BP) and fibrin
thrombi (F) in interlobular lymphatics. Inset: higher magnification of an alveolus filled with fibrin
and neutrophils. HE-stain. (B) Severe exudation throughout the wall and in the perivascular space
of an arteriole (A). HE-stain. (C) Diffuse precipitates of fibrin (brown) in the wall and perivascular
space of an arteriole (A) extending into the alveoli. IHC, factor VIII. (D) Necrosis (arrows) in the wall
of a bronchiolus (B). The lumen is filled with exudate (E). HE-stain. (E) Numerous small chlamydial
inclusions (brown) in neutrophils and macrophages. Inset: higher magnification of multiple chlamydial
inclusions. IHC, chlamydia.

2.2.3. At 4 dpi

Pulmonary lesions varied between 20% and 27% (Figure 1). They were firm, grey-red marbled,
bulging and associated with fibrinous pleuritis (Figure 4A).

By histology, lesions in airways, blood vessels and pleura were as described at 3 dpi. Areas of
necrosis had expanded (Figure 4B). The inflammatory exudate consisted of neutrophils, fibrin and
cellular detritus (Figure 4B). There was a more extensive loss of alveolar epithelial cells than at 3 dpi
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(Figure 4C,D). Labeling of factor VIII revealed massive accumulations of fibrin in the walls and around
arterioles and in the capillaries of interalveolar septa (Figure 4E,F). Several bronchioles and blood
vessels were completely obstructed by fibrin. Chlamydial inclusions were numerous in neutrophils,
macrophages and detritus in areas of necrosis.

Figure 4. Pulmonary lesions at 4 dpi. (A) Section through a basal lobe. The lobular lesion (BP)
bulges above the surface of the surrounding pulmonary tissue (PT). The cut surface is drey and
marbled grey-red. Interlobular septae and subpleural space are dilated by fibrinous exudate (arrows).
(B) A large area of necrosis (N) is demarcated by neutrophils and cellular detritus (N+D). Inset:
higher magnification of necrosis. HE-stain. (C) Epithelial cells are labelled only in segments of the
bronchiolar wall (B). There is no labelling of epithelial cells in the surrounding alveoli. IHC, cytokeratin.
(D) Labelling of epithelial cells in a bronchiolus (B) and surrounding alveoli in the healthy lung of a
control calf. Inset: higher magnification of AEC1 in alveolar septae. IHC, cytokeratin. (E) Accumulation
of fibrin in the wall and perivascular space of an arteriole (arrow). Interalveolar capillaries are dilated by
fibrin thrombi (brown). IHC, factor VIII. (F) Labeling of factor VIII (brown) is restricted to endothelial
cells (arteriole as example, arrow) and thrombocytes in the healthy lung of a control calf. Inset: higher
magnification capillaries in alveolar septae. IHC, factor VIII.
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2.2.4. At 7 dpi

Gross pulmonary lesions were as described at 4 dpi, but only 14–22% of the pulmonary volume
was affected (Figure 1). Pleural lesions had progressed from fibrinous to fibroblastic.

By histology, lesions were characterized by multiple confluent areas of necrosis (Figure 5A). A few
weakly cytokeratin-positive cells were present multifocally at the periphery of the necrotic tissue
(Figure 5A,B). These epithelial cells were single or formed small aggregates. Airways were filled with
macrophages and neutrophils. Compared to 4 dpi, the number of neutrophils was lower and the
number of macrophages increased. Moderate infiltrates of lymphocytes and plasma cells were present
around bronchi, bronchioles, altered arterioles and in pulmonary tissue adjacent to interlobular septa
(Figure 5A). Fibroblasts and delicate collagen fibers had formed in the thickened interlobular septa and
subpleural space. Chlamydial inclusions were predominantly present in areas of necrosis (Figure 5C).

Figure 5. Pulmonary lesions at 7 dpi. (A) A few, small groups of epithelial cells (arrows, examples)
form a small zone of regeneration (R) at the periphery of a necrosis (N). There is an infiltrate (I)
of macrophages, lymphocytes and plasma cells in the adjacent interlobular septum. Inset: higher
magnification of a rudimentary alveolar wall. HE-stain. (B) Higher magnification of the zone of
regeneration. A few cells are weakly positive for cytokeratin (brown). IHC, cytokeratin. (C) Chlamydial
inclusions (brown) predominate in the necrosis (N) and are rare (arrow) in the zone of regeneration (R).
Inset: higher magnification of a chlamydial inclusion in the zoe of regeneration. IHC, chlamydia.

2.2.5. At 10 dpi

Pulmonary lesions were grey, demarcated by hyperemia and firm (Figure 6A). They amounted to
8% in two calves and 11% of pulmonary volume in one calf (Figure 1) Pleural lesions were fibroblastic.

By histology, wide zones of regenerating pulmonary tissue were surrounding areas of necrosis
(Figure 6B). The zone of regeneration was characterized by multifocal epithelial cell aggregates
forming irregular tubular and alveolar structures (Figure 6C). Epithelial cells had the cuboidal shape
of AEC2 and mitotic figures were frequent (Figure 6B inset). Factor VIII-positive endothelial shoots
originated from interlobular septa and passed into the zone of regeneration (Figure 6D). Infiltrates
of macrophages, lymphocytes and plasma cells were present throughout the zone of regeneration,
especially along interlobular septa, and around arterioles, bronchioles and bronchioli (Figure 6A).
They formed multifocal lymphoid aggregates. The exudate in bronchioli and bronchi was lined by
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epithelial cells resulting in bronchiolitis obliterans. A few fibroblasts and delicate collagen fibers were
observed in the bronchiolitis obliterans, perivascular space and interalveolar septa. The distribution of
chlamydial inclusions was as described at 7 dpi, but their number was lower.

Figure 6. Pulmonary lesions at 10 dpi. (A) Section through a basal lobe. The greyish lesion centered
round a bronchus (arrow) is demarcated by hyperemia. (B) A broad zone of regeneration (R) with
multifocal epithelial proliferates surrounds the necrosis (N). Infiltrates of macrophages, lymphocytes
and plasma cells are especially prominent next to the interlobular septum (S). Inset: higher magnification
of the zone of regeneration. HE-stain. (C) Multiple foci of epithelial proliferates (brown) in the zone of
regeneration (R) form alveolar structures lined with cuboidal cells. Inset: higher magnification cuboidal
epithelial cells. IHC, cytokeratin. (D) Capillaries (brown) originating from the interlobular septum (S)
pass into the zone of regeneration (R). Fibrinous exudate (brown) is present within the necrosis (N).
Inset: higher magnification of capillaries. IHC, factor VIII.

2.2.6. At 14 dpi

Pulmonary lesions were reduced to 3% of pulmonary volume in one and less than 1% in two
calves (Figure 1). They were firm, white, poorly demarcated (Figure 7A) and frequently accompanied
by fibrous adhesions between pulmonary lobes as well as between pulmonary lobes and thoracic wall.

By histology, lesions were characterized by extensive regeneration of pulmonary tissue and only
small foci of necrosis (Figure 7B). In areas of regeneration, cuboidal epithelial cells formed irregular
alveolar spaces (Figure 7C). Lesions in airways were organized by bronchiolitis and bronchitis obliterans
(Figure 7D). Alveolar spaces were separated by thick interalveolar tissue, which contained capillaries
originating from subpleural tissue and interlobular septa, and diffuse infiltrates of macrophages,
lymphocytes and plasma cells (Figure 7A,B,D). Organized lymphoid tissue forming tertiary lymphoid
tissue in interlobular septa and bronchus-associated lymphoid tissue (BALT) around airways and blood
vessels was more abundant than at 10 dpi (Figure 7B). There was no leakage of fibrin through arteriolar
walls (Figure 7E). The fibrinous exudate in the wall and around arterioles was replaced by several
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layers of collagen fibres, which compressed the vascular lumen (Figure 7E,F). An increased amount
of collagen fibers was also observed in interalveolar and interlobular septa, and in the bronchiolitis
obliterans. Chlamydial inclusions were seen in very few alveolar macrophages.

Figure 7. Pulmonary lesions at 14 dpi. (A) Section through a middle lobe. The small lesions (white)
are centered around a bronchus (arrow) and not well demarcated. (B) Extensive regeneration (R) of
pulmonary tissue with thick interalveolar septa and narrow alveolar spaces; multifocal organized
lymphoid tissue (stars) in the interlobular septum. HE-stain. (C) Cuboidal epithelial cells (brown) form
irregular alveolar spaces; an area with more progressed regeneration is indicated (star). Bronchiolitis
obliterans is seen in most airways (arrows). Inset a: higher magnification of cuboidal epithelial cells
forming alveolar spaces. Inset b: higher magnification of delicate, elongated epithelial cells in the area
with progressed regeneration. IHC, cytokeratin. (D) Higher magnification of more regular alveolar
structures lined by type 2 alveolar epithelial cells (star) and the exudate (E) within a bronchiolus (B)
lined by cuboidal epithelial cells. IHC, cytokeratin. (E) Factor VIII labels endothelial cells in blood
vessels (arrows, examples). There is no exudation of fibrin into and through vascular walls. IHC, factor
VIII. (F) Fibrinous exudate within and around arteriolar walls (arrows) is replaced by collagen fibers
(blue). Increased collagen is present in interalveolar septa in the area of regeneration (R) and in the
exudate (E) organized by bronchiolitis obliterans. Azan stain.
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2.2.7. At 35/37 dpi

Lungs had a normal appearance (Figure 8A). Only a few, very small foci of soft, sunken, dark red
pulmonary tissue (2% of total pulmonary volume in one calf and less than 1% in two calves) associated
with mild focal fibrous pleuritis were found (Figures 1 and 8B).

Figure 8. Pulmonary lesions at 35/37 dpi. (A) Gross appearance of lung after regeneration. (B) Very
small lesion in a middle lobe (short arrow) and focal fibrous pleuritis (long arrow) between middle lobe
(M) and basal lobe (B). (C) Normal pulmonary morphology. HE-stain. (D) Small lesion surrounded by
normal lung tissue (stars); lesions are characterized by infiltrates of macrophages and multinucleated
giant cells (arrow), hyperplastic BALT (B, examples) and tertiary lymphoid tissue (T). HE-stain. (E).
Higher magnification of the area indicated by the arrow in Figure 8D: infiltrates of macrophages and
multinucleated giant cells (arrows, examples), and hyperplastic BALT (B). HE-stain.
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By histology, airways, blood vessels and alveolar compartment had completely normal morphology
in most of the pulmonary tissue (Figure 8C). BALT and diffuse immune cells had regressed to normal
amounts. There were no tertiary lymphoid tissue and no signs of fibrosis.

The small lesions were characterized by infiltrates of macrophages and multinucleated giant cells
embedded in vascularized fibrotic tissue (Figure 8D,E). Lymphocytic infiltrates were organized as
peribronchial and perivascular BALT, and tertiary lymphoid tissue in the interlobular septa. Chlamydial
inclusions were not detected.

3. Discussion

A bovine model of respiratory infection with the zoonotic pathogen C. psittaci was previously
established [19]. This model has been used to investigate the course of disease, effects on pulmonary
functions as well as shedding, transmission and zoonotic potential of C. psittaci [20–22]. The infection
model was very efficient, since all calves inoculated with the pathogen developed pneumonia, but
none of the controls. The model was highly reproducible, and therefore repeatedly used to examine
outcomes of different treatment regimens [23,24]. The localization of lesions corresponded to the
inoculation sites and was distinct from field infections that have a cranioventral distribution [25]. Thus,
the model consistently allows induction of lesions at predetermined sites of the lung.

For this qualitative histological study, groups of 3 of the 21 calves inoculated were necropsied
at predetermined days post inoculation. Although the number of animals is low, the validity of
observations is supported by the concordance of histological findings and consistent progression
patterns. The morphological evaluation of the lung at sequential time points after inoculation revealed
the potential of this model to study tissue reactions from initial stages of inflammation to extensive
necrosis, up to stepwise organization and regeneration. The reactions observed are matching well
with the steps reported as general reactions of pulmonary tissue to an insult [26]: primary lesions are
often amplified through inflammatory host reactions. If the host is capable of limiting damage and
proliferation of the infectious agent, organization begins. This may result in reparation, resolution or
remodeling. Reparation implies repopulation with epithelial cells, but dysfunctional tissue structure.
In a remodeled lung, pulmonary tissue is replaced with connective tissue, which is dysfunctional and
may cause ectasia and emphysema of adjacent tissue. A successful return to normal structure and
function is termed resolution or regeneration.

In the model presented, the initial insult was the intrabronchial inoculation with C. psittaci,
which has a tropism for epithelial cells [27]. This resulted in a limited infection of AEC1. Infected
alveolar epithelial cells have the potential to produce and release cytokines, e.g., the proinflammatory
cytokine IL8, which is highly chemotactic for neutrophils, chemokines and growth factors initiating
the augmentation [28,29]. Chlamydiae are released during the replication cycle from AEC1 into the
alveolar lumen where they get into contact with alveolar macrophages. Bacterial LPS may induce
necrosis of alveolar macrophages and release of IL-1α, which lead to a loss of vascular integrity
and thus increase the influx of neutrophils from the pulmonary vasculature into the alveoli and
airways [30]. Neutrophils display unique migration mechanisms in the lung resulting in particularly
high numbers [31]. Inflammatory mediators enhance neutrophil activity and their deleterious effect on
endothelium and epithelium [32,33]. The severe exudation and the necrosis of bronchiolar epithelium
observed in the calves are most likely due to host reactions and not an effect of chlamydial replication,
since no chlamydial inclusions were present in vascular endothelium or airway epithelium.

The massive release of protein-rich exudate and fibrin as seen at 3 dpi and 4 dpi is a common
reaction in cattle and has been attributed to an imbalance of pro- and antifibrinolytic factors [34]. Fibrin
can further increase vascular permeability, influence the expression of inflammatory mediators and
alter migration and proliferation of various cell types [35]. Fibrin thrombi may occlude capillaries and
arterioles and thus reduce perfusion; fibrinous exudate within alveoli prevents ventilation. This results
in tissue hypoxia and, eventually, necrosis as observed as fibrinonecrotic bronchopneumonia with
highest severity at 4 dpi.
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While the number of neutrophils continuously declined, the number of macrophages increased
during this initial phase. Airway macrophages possess high phagocytic activity to remove debris and
exudate, which also included chlamydiae. Processing and presentation of chlamydiae and chlamydial
antigens by macrophages may enhance the pathogen-specific immune response. Macrophages also
play an important role in the downregulation of immune response and in tissue repair [30,36]. Sloughed
epithelial cells, dying neutrophils and microvesicles as encountered in areas of necrosis comprise a
rich depot of phosphatidyl serines that can reprogram macrophages from a proinflammatory to an
antiinflammatory and prorepair state [9].

In patients with localized destructive processes such as necrotizing pneumonia, which may
progress to cavitating lesions, it has been postulated that there is no return to preexisting tissue
architecture [37]. In our model, tissue necrosis but no cavitation occurred. Under field conditions,
fibrinonecrotic bronchopneumonia in domestic animals rarely resolves completely and sequelae, like
sequestra, abscesses, gangrene, fibrosis, scars or chronic pleuritis, are frequent [38]. This may be due
to the ability or failure of the host to clear the pathogen and terminate chronic inflammation. After
the initial infection of AEC1, chlamydial inclusions were present in continuously decreasing numbers
in neutrophils and macrophages. At 14 dpi, they had been almost cleared. From 7 dpi to 14 dpi, the
infiltration of lymphocytes representing an adaptive immune response continuously increased [39].
Besides diffuse lymphoid infiltrates, organized structures developed as tertiary lymphoid tissue in the
interalveolar septa and as BALT around airways. This local immune reaction was transient and had
disappeared at 35/37 dpi.

At the same time, small aggregates of epithelial cells, as first signs of tissue repair, were observed
at the edge of necrosis. The pulmonary epithelium does not exhibit a constant turnover, but can
respond robustly after injury to replace damaged cells. In the alveolar niche, especially type 2 alveolar
epithelial cells (AEC2) have an enormous reparative potential [40–42]. They clonally generate more
AEC2 [43]. The cuboidal AEC2 grow, proliferate, follow the basement membrane and secrete basement
membrane components, but are inefficient for gas exchange [44].

The multifocal distribution of epithelial cell regenerates at the edge necrosis may be attributable to
the fact, that a few AEC2 were retained at these sites and served as starting points [43]. This process may
have been supported by remnants of basal membrane, an important scaffold for AEC2 [45]. Recently it
was shown that even functionally mature AEC1 could replicate and generate AEC2 [46]. Thus, the
delicate epithelial cells observed at 7 dpi might also represent surviving AEC1. Cuboidal epithelial
cells interpreted as AEC2 increasingly replaced areas of necrosis. The process started at the periphery
and moved towards the center of necrotic tissue leaving only a few small foci of necrosis at 14 dpi.
Efficient epithelialization is likely to be crucial for the prevention of pathologic lung remodeling [26].

The cuboidal epithelial cells formed organized alveolar spaces. Maintenance of alveolar units
requires complex interactions between various cell types including epithelial cells, endothelial cells,
mesenchymal cells, macrophages and other immune cells, and a great variety of mediators [9,47].
Vascularization in areas of re-epithelialization can originate from multipotent mesenchymal stem cells
or from blood vessels in adjacent tissue by sprouting. Capillary sprouts originating from the connective
tissue of interlobular septa adjacent to areas of necrosis were seen as early as 10 dpi. The sprouting
process involves several specialized types of endothelial cells. Vascular endothelial growth factor or
inflammatory cytokines induce the formation of tip cells that use filopodia to sense environmental
cues, translate these into dynamic processes and express matrix metalloproteinases for invasion [48].
Tip cells use extracellular matrix as a scaffold, provided in this case by the epithelial cells and basement
membrane. Stalk cells elongate the sprouting vessels, form the lumen and connect it to the circulation,
while phalanx cells stabilize the new vessels and optimize their function [48]. The combination
of vascularization and epithelialization contributed to the successful neo-alveolarization observed.
The final step in this process is the maturation of cuboidal alveolar epithelial cells to AEC1 and thus
functional alveoli [8,40]. This took place between 14 dpi and 37 dpi when the last calves were examined.
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The fibrinous exudate and growth factors, e.g., transforming growth factor β, released from
inflammatory cells, such as macrophages, and endothelial cells induced immigration of fibroblasts
and production of collagen and extracellular matrix. The first fibroblasts and collagen fibers were
observed at 7 dpi and distinct fibrosis around arterioles and in the interalveolar septa at 14 dpi. Since
there was no permanent or progressive fibrosis in our model, it does not reflect pulmonary fibrosis in
humans [37,49], but it is an example that the development of fibrosis can be prevented. The time course
of development and resolution of fibrosis in the calves was comparable to that in bleomycin-induced
lung fibrosis in mice, where the maximal extent of fibrosis was found at 14 days after a single instillation
and subsided after treatment was withdrawn [50].

There was a good correlation between clinical data, deterioration of lung function and pulmonary
lesions (Table 1). The more extensive lesions during the initiation phase were associated with systemic
signs, e.g., fever, increased respiratory rate and decreased tidal volume. As soon as the volume of
pulmonary lesions decreased and organization started, lung function and clinical signs returned to
normal values. This occurred before regeneration was complete, because cattle ventilate only about
30% of the total lung volume when breathing spontaneously under resting conditions [51].

In conclusion, the experimental infection of calves with C. psittaci allows (1) to dissect the
tissue processes involved in the development and resolution of inflammation, lesion development,
neo-alveolarization, revascularization, waxing and waning of immune cell infiltrates, and fibrosis in
the lung, (2) to correlate clinical with morphological findings and (3) to investigate the influence of
treatment regimens on lung regeneration. These qualitative histological data may serve as basis for
further in-depth studies using more advanced methods.

4. Materials and Methods

4.1. Animals

Forty-two conventionally raised calves (Holstein-Friesian, male) were included in this study.
Animals originated from a farm without history of Chlamydia-associated health problems. Before the
study, the herd of origin was regularly tested for the presence of Chlamydiae by the National Reference
Laboratory for Psittacosis. Calves were purchased at the age of 14–28 days weighing between 42.2
and 71.2 kg. Animals were included in the study after a quarantine period of at least 20 days and
confirmation of a clinically healthy status.

Throughout the entire study, animals were reared under standardized conditions (room climate:
18–20 ◦C) and in accordance with international guidelines for animal welfare. Nutrition included
commercial milk replacer and coarse meal. Water and hay were supplied ad libitum. None of the
given feed contained antibiotics.

This study was carried out in strict accordance with European and National Law for the Care and
Use of Animals. The protocol was approved by the Committee on the Ethics of Animal Experiments and
the Protection of Animals of the State of Thuringia, Germany (Permit Number: 04-002/07, 18 December
2007). All experiments were done in a containment of biosafety level 2 under supervision of the
authorized institutional Agent for Animal Protection. Bronchoscopy to inoculate the pathogen was
strictly performed under general anesthesia. During the entire study, every effort was made to
minimize suffering.

4.2. Experimental Design

Twenty-one calves were inoculated with C. psittaci and twenty-one calves served as controls.
The inoculum was placed at eight defined pulmonary sites by bronchoscope. Each calf underwent
daily clinical examination. Groups of three calves were euthanized at 2, 3, 4, 7, 10, 14 and 35 or 37 dpi.
At necropsy, distribution and extent of pulmonary lesions were determined and samples collected for
histological, immunohistochemical and microbiological investigations.
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4.3. Inoculum and Inoculation

C. psittaci strain 02DC15 was isolated at the Friedrich-Loeffler-Institut, Jena, Germany, from an
aborted calf fetus in 2002. The isolate was classified as C. psittaci genotype A-VS1 by DNA microarray
testing and ompA gene sequencing [52]. Chlamydiae were propagated in buffalo green monkey kidney
cell culture using standard procedures [53]. Frozen stocks of strain 02DC15 were diluted to the required
titer in stabilizing SPGA medium and used as inoculum in the present trial.

Calves were inoculated with 108 ifu of C. psittaci strain 02DC15 in 6 mL stabilizing medium SPGA
(containing saccharose, phosphatile substances, glucose and bovine albumin) [54]. Control calves
received the same amount of SPGA containing buffalo green monkey kidney cells.

The inoculation by bronchoscope has been described in detail [19,55]. In brief, non-fed calves
were anesthetized with xylazin (0.2 mg/kg body weight, Rompun 2%, Bayer Vital GmbH, Leverkusen,
Germany) and ketamine (1.7 ± 0.3 mg/kg body weight, Ursotamin, Serumwerk Bernburg AG, Bernburg,
Germany). A flexible video endoscope (Veterinary Video-Endoscope PV-SG 22–140, Karl Storz GmbH
and Co.KG, Germany) was inserted through the oral cavity and 0.5–1.5 mL of inoculum were placed at
eight defined pulmonary sites (Figure 9).

Figure 9. Schematic drawing of bovine lung. Inoculation sites are indicated as yellow stars (small—0.5 mL,
middle-sized—1.0 mL and large—1.5 mL), sampling sites as red bars and and regional lymph nodes
in green.

4.4. Clinical Scoring and Pulmonary Function Testing

Clinical observations were recorded twice daily and included feed intake, rectal temperature,
respiratory rate and the presence or absence of clinical signs of diarrhea or respiratory disease.
In addition, the appearance of oral mucosa, conjunctivae, skin, hair and dyspnea were assessed
daily, and the heart rate was counted. Extremities, umbilicus and mandibular lymph nodes were
palpated and inducement of cough was tested. Results were summarized using a 49-point clinical
score consisting of subscores for general condition (maximum 8 points), respiratory system (maximum
17 points), cardiovascular system (maximum 13 points) and other organ systems (maximum 11 points)
as described [19].

Pulmonary function testing was performed using the impulse oscillometry system (IOS) as
described elsewhere [22].
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4.5. Necropsy, Gross Pathology and Tissue Samples

Always three calves inoculated with chlamydiae and three controls were euthanized at 2, 3, 4,
7, 10, 14 and 35/37 dpi. In deep anesthesia (pentobarbital-sodium, 770 ± 123 mg/10 kg body weight,
intravenously, Release, WdT eG, Garbsen, Germany), the trachea was exposed and large clamps
were placed distal to the larynx to prevent contamination of the airways by blood or gastric contents.
Subsequently, animals were sacrificed by exsanguination. The lung was removed and macroscopic
lesions were recorded. To determine the total percentage of pulmonary lesions, the percentage of lesions
was subjectively assessed for each lobe and multiplied by the relative percentage of the respective
pulmonary lobe of the total lung volume. The volumes had been determined in 18 age-matched calves
prior to this study and were measured as displacement of water. For this, the total lung volume
was determined; then the different lobes were dissected, the main bronchi closed and their volume
measured. On average, the left cranial and caudal apical lobes contributed 5%, the left caudal lobe
34%, the right cranial apical lobe 5%, the right caudal apical lobe 7%, the middle lobe 8%, the right
caudal lobe 35% and the accessory lobe 1% to the total lung volume (Figure 9).

Samples were collected from each lung lobe (Figure 9) and fixed in 3.5% neutral buffered formalin.
Sites with macroscopic lesions were preferentially sampled. Then a complete necropsy was performed.

4.6. Histopathology

Formalin-fixed tissues were embedded in paraffin after 24 h. Formalin-fixed paraffin-embedded
(FFPE) tissue sections were stained with hematoxylin and eosin to evaluate lesions. Consecutive sections
were stained with azan to demonstrate collagen fibers and by PAS-reaction for glycogen-rich material.

4.7. Immunohistochemistry

Consecutive FFPE tissue sections were used to label chlamydiae, epithelial cells and blood
vessels by the indirect immunoperoxidase method. As primary antibodies, the anti-chlamydial-LPS
antibody ACI-P500 (Progen, Heidelberg, Germany), anti-cytokeratin antibody MNF116 (Dako Denmark,
Glostrup, Denmark) and anti-factor VIII polyclonal antiserum (Dako Denmark, Glostrup, Denmark)
were used. Peroxidase-labeled sheep anti-mouse IgG (NA 931, GE Healthcare Europe GmbH, Freiburg,
Germany) served as secondary antibody for the monoclonal antibodies and peroxidase-labeled goat
anti-rabbit IgG for the polyclonal antiserum. Sections were digested with 0.05% proteinase K (Merck,
Darmstadt, Germany) for antigen retrieval. Diaminobenzidine was used as chromogen.

4.8. Exclusion of Co-Infections

The herd of origin was known to be free of bovine herpes virus 1 and bovine virus diarrhea/mucosal
disease virus. Routine microbiological screening revealed that all animals were negative for Salmonella
infections (fecal swabs) and relevant enteric parasites (fecal smears). To verify relevant respiratory
co-pathogens, the presence of Mycoplasma, Pasteurella or Mannheimia spp. was evaluated in nasal swabs
taken immediately before challenge and before necropsy as well as in lung tissue samples obtained
during necropsy. Neither Mannheimia haemolytica nor Mycoplasma bovis was detected in any sample.
Pasteurella multocida and Mycoplasma bovirhinis were detected in nasal swabs, but never in any lung
tissue sample. Serological findings confirmed that animals did not acquire infections with respiratory
viruses relevant in bovines (i.e., bovine respiratory syncytial virus, parainfluenza 3 virus or adenovirus
type 3).

Supplementary Materials: Supplementary Materials can be found at http://www.mdpi.com/1422-0067/21/8/2817/
s1.
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Abbreviations

AEC1 type 1 alveolar epithelial cells
AEC2 type 2 alveolar epithelial cells
BALT bronchus-associated lymphoid tissue
C. chlamydia
CAP community acquired pneumonia
dpi days after inoculation
FFPE formalin-fixed paraffin embedded tissue
ifu inclusion-forming units
IL interleukin
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Abstract: High surface tension at the alveolar air-liquid interface is a typical feature of acute and
chronic lung injury. However, the manner in which high surface tension contributes to lung injury is not
well understood. This study investigated the relationship between abnormal alveolar micromechanics,
alveolar epithelial injury, intra-alveolar fluid properties and remodeling in the conditional surfactant
protein B (SP-B) knockout mouse model. Measurements of pulmonary mechanics, broncho-alveolar
lavage fluid (BAL), and design-based stereology were performed as a function of time of SP-B
deficiency. After one day of SP-B deficiency the volume of alveolar fluid V(alvfluid,par) as well as
BAL protein and albumin levels were normal while the surface area of injured alveolar epithelium
S(AEinjure,sep) was significantly increased. Alveoli and alveolar surface area could be recruited
by increasing the air inflation pressure. Quasi-static pressure-volume loops were characterized
by an increased hysteresis while the inspiratory capacity was reduced. After 3 days, an increase
in V(alvfluid,par) as well as BAL protein and albumin levels were linked with a failure of both
alveolar recruitment and airway pressure-dependent redistribution of alveolar fluid. Over time,
V(alvfluid,par) increased exponentially with S(AEinjure,sep). In conclusion, high surface tension
induces alveolar epithelial injury prior to edema formation. After passing a threshold, epithelial
injury results in vascular leakage and exponential accumulation of alveolar fluid critically hampering
alveolar recruitability.

Keywords: surfactant protein B; atelectrauma; alveolar fluid; acinar micromechanics; acute lung injury

1. Introduction

The intra-alveolar surfactant is a mixture of 90% lipids (mainly phospholipids) and 10% proteins
including surfactant proteins which are produced, stored and secreted by alveolar epithelial type 2
(AE2) cells [1]. Among the protein component the hydrophobic surfactant proteins B (SP-B) and C
(SP-C) are both of high relevance for the surface tension lowering properties of alveolar surfactant
at the air-liquid interface within the alveolar space. Underneath this interface, a very thin layer of
liquid, also referred to as the hypophase, covers the alveolar epithelium [2,3]. This reduction in surface
tension is critical to prevent end-expiratory collapse of distal airspaces and to reduce the work of
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breathing. Comparing quasi-static pressure-volume (PV) loops of air and liquid-filled healthy lungs
it becomes obvious that the hysteresis, e.g., the area within the PV-loop, is mainly a feature of the
air-liquid interface. The corresponding surface phenomena such as surface tension, moreover, result in
larger pressures needed for lung inflation and a loss of energy during the PV-loop as characterized
by the hysteresis [4]. The surface active molecules, such as phospholipids, form a dynamic layer at
the air-liquid interface. This layer is mechanically challenged by the cyclic intra-tidal changes in the
geometry of alveoli and interalveolar septa which expand during inspiration and form pleats at the
end of expiration [5]. Accordingly, the surfactant layer at the air-liquid interface is compressed at
end-expiration and reduces the surface tension close to 0 mN/m. During inspiration the surface active
film of phospholipids is expanded and the surface tension increases at larger lung volumes [6,7]. SP-B,
due to its properties to generate phospholipid membrane-membrane contacts, has been suggested to
be involved in the formation and stabilization of surface active films so that surface tension lowering
properties are critically dependent on the biophysical properties of SP-B [2,8].

The acute respiratory distress syndrome (ARDS) is characterized by a severe failure of the lungs’
central function in gas exchange resulting from an injury of the blood-gas barrier. Accordingly,
inflammation, alveolar flooding with surfactant inactivation and alveolar collapse are typical features
of ARDS [9,10]. The high surface tension itself has effects on the acinar microarchitecture including
its dynamic changes during respiration, also known as alveolar micromechanics. Based on the
Wilson-Bachofen model, surface tension at the air-liquid interface results in forces which would induce
a piling up of interalveolar septal walls and therefore a reduction in surface area [11]. These surface
tension-related forces are counter-balanced by the axial system of elastic fibers which usually surround
the alveolar entrance. High surface tension induced by lavage of the lung with tween has been
shown to result in a diversity of abnormalities in alveolar micromechanics such as intratidal alveolar
recruitment/derecruitment [12] but also asynchronous alveolar dynamics such as inverse alveolar
ventilation, alveolar stunning or alveolar pendelluft [13].

Clinical studies demonstrated that a reduction in the SP-B level in the alveolar space represents
an early event during the time course and can even precede the development of the complete clinical
picture of ARDS [14,15]. In established ARDS, moreover, the level of SP-B in broncho-alveolar lavage
fluid (BAL) correlated convincingly with the impairment in surfactant function as characterized by the
minimum surface tension [16]. However, in the context of clinical ARDS, the relevance of this early SP-B
reduction has not been investigated in detail although it has been suggested that surfactant inactivation
plays a central role in the development of ARDS [17]. It is well known that high surface tension
leads to edema formation [18] and expiratory alveolar derecruitment [19]. In the conditional SP-B
knockout mouse model high surface tension results in pulmonary inflammation, respiratory failure
and death [20,21]. However, the mechanisms leading to respiratory failure in SP-B deficiency-induced
high surface tension are not entirely understood. Several models of pulmonary micromechanics offer
realistic scenarios by which SP-B deficiency induced high surface tension can result in progressive
lung injury [22–25]. The failure of surfactant to reduce surface tension during expiration results in
alveolar instability with derecruitment of alveolar surface area or even complete alveoli which can be
recruited if transpulmonary pressure gradients increase again during inspiration [26]. This repetitive
intratidal alveolar recruitment/derecruitment has been observed in lavage models of acute lung injury
during mechanical ventilation [12]. There is evidence that repetitive recruitment/derecruitment of
distal airspaces can be harmful to the alveolar epithelium thereby contributing to ventilation-induced
lung injury (VILI) via a mechanism known as atelectrauma [27]. Computational modelling combined
with experimental validation in cell culture model systems provided evidence that the opening of a
fluid-occluded distal airspace can, in the presence of high surface tension, be associated with potential
harmful pressure gradients acting on the epithelial lining [22]. Accordingly, restoring surfactant
function and reducing surface tension protected the epithelial lining in models of fluid occluded distal
airspace recruitment [22,28]. It has also been shown that the properties of the air-liquid interface are
critical for the function of AE2 cells because the surface tension forces exert deforming mechanical
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stresses (e.g., shear stress and tensile strain) on the AE2 cells [23,24,29]. As a result AE2 cells change gene
expression profiles in a way that resembles VILI, cyclic alveolar stretch, and pulmonary fibrosis [23].

Transferring these micromechanical models of atelectrauma [22] and interfacial stresses [23] into
the context of SP-B deficiency-induced high surface tension it can be hypothesized that repetitive
opening of distal airspaces containing fluid (= hypophase) during breathing might be an initial trigger
for injury of the alveolar epithelium. These injuries may represent the initial injurious event that
occurs prior to vascular leak and alveolar edema accumulation. On the other hand, high surface
tension has also been suggested to result in alveolar edema [18] so that the initial consequence of
SP-B deficiency could be alveolar fluid accumulation and heterogeneous alveolar ventilation. Discrete
alveolar flooding has been shown to be sufficient to induce epithelial injury characterized by vascular
leakage due to overdistension of neighboring alveolar airspaces even during ventilation with quite
low tidal volumes [30]. Therefore, injury of the alveolar epithelium and progressive respiratory failure
might be the consequence, and not the cause, of edema formation.

Based on these considerations the goal of the present study was to understand the relationship
between impaired acinar micromechanics, injury of the alveolar epithelium and the alveolar fluid
properties in SP-B deficiency induced high surface tension. For this purpose, the time course of these
different pathologies was investigated after depletion of SP-B in a mouse model expressing SP-B under
control of a doxycycline dependent promotor [21]. Doxycycline-containing food was withdrawn and
animals were investigated 1 (group: Dox off d1) and 3 (group: Dox off d3) days thereafter using lung
mechanical and BAL parameters and quantitative morphology based on design-based stereology. The
latter included a protocol of vascular perfusion fixation of the lungs at airway opening pressures
(Pao) on expiration of 2 and 10 cmH2O in order to investigate the recruitability of distal airspaces.
Alveolar microarchitecture was described by stereological parameters such as the total volume of
alveolar airspaces, the number of open alveoli, the total surface area of alveoli and the mean thickness
of interalveolar septal walls. For the assessment of lung injury, the surface area of the epithelial
basal lamina covered by injured cells (based on ultrastructural criteria) was determined. Finally, the
intra-alveolar fluid was characterized by its absolute volume per lung, the mean thickness and the
surface area of the alveolar epithelial cells covered by fluid. As additional parameters lung mechanical
data and protein levels in BAL were determined. The data of lungs from mice after withdrawal of
doxycycline containing food (Dox off) were compared to those of lungs from mice having been fed
with the doxycycline containing food (Dox on).

2. Results

2.1. Lung Mechanics

Data describing lung mechanical function are detailed in Figure 1. The quasi-static compliance
(Cst) is the slope of the deflation limb of a quasi-static PV-loop at an airway opening pressure of
5 cmH2O and was significantly reduced in Dox off d3 compared to both the Dox on and the Dox off d1
groups (Figure 1A). However, a difference regarding this parameter was not observed between Dox
on and Dox off d1. Quasi-static PV-loops were further investigated and the hysteresis (= area within
the PV loop) was determined (Figure 1B). While hysteresis in Dox off d1 was significantly increased
compared to Dox on this was not the case considering Dox off d3. Inspiratory capacity (IC) is defined
as the volume of displaced air into the lung during a ramp inflation from 3 to 30 cmH2O over a period
of 6 s. Unlike Cst, IC showed a significant decrease in Dox off d1 compared to Dox on (Figure 1C). Dox
off d3 was characterized by an even more dramatic reduction in IC compared to Dox on and Dox off d1
(Figure 1C).

As a forth parameter, the tissue elastance H, was determined using the forced oscillation technique
(FOT) fit to the constant phase model [31] during ventilation at positive end-expiratory pressures
(PEEP) of 2 and 10 cmH2O. The tissue elastance H reflects the lung mechanics at the different PEEP
levels because the onset pressure of the FOT corresponded to the PEEP level and since the FOT
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volume variations were quite small (3ml/kg bodyweight). As such, tissue elastance H takes the
degree of end-expiratory airspace collapse into consideration [19,26,32,33]. At both PEEP levels (2 and
10 cmH2O) there was no significant difference between Dox on and Dox off d1 Figure 1D). Dox off d3,
however, demonstrated a significant increase in H compared to both other groups at both PEEP levels
(Figure 1D). The Newtonian resistance (Rn) is also determined from the constant phase model fit to
the FOT measurements. This parameter reflects pathologies of the conducting airways and shows
a clear dependence on the PEEP at which it was determined (Figure 1E). The decrease of Rn with
increasing PEEP can be explained by interdependence of conducting airways and surrounding lung
parenchyma [34]. Outward tethering forces of the elastic fiber system which connects the conducting
airways and the pleura increase with lung volume (and PEEP) so that the resistance of the conducting
airways is reduced. At PEEP = 2 cmH2O there were no significant differences in Rn between study
groups. However, increasing the PEEP from 2 to 10 cmH2O provided a smaller reduction in Rn for
Dox off d3 so that a significant difference became apparent at PEEP 10 cmH2O compared to Dox on
(Figure 1E).

 

 
Figure 1. Lung mechanical properties. Quasi-static compliance (A), and hysteresis of quasi-static PV
loops (B), inspiratory capacity (C), tissue elastance (D), and Newtonian resistance (E). PEEP: positive
end-expiratory pressure.

2.2. Progressive Disturbances of Acinar Micromechanics in Dox off Groups

Figure 2 illustrates representative light microscopic images of the study groups fixed by vascular
perfusion at different end-expiratory airway opening pressures (Pao 2 cmH2O and 10 cmH2O). At the
time point of fixation the lungs were air-filled so that the air-liquid interface was present and the effects
of interfacial surface tension on lung structure could be investigated [26,35]. In general, the blood
vessels including the capillary network within the interalveolar septa were free of blood cells and
open so that it can be concluded that the perfusion fixation was successful. At lower magnification
there were no apparent differences between Dox on (Figure 2) and Dox off d1. At higher magnification
both study groups demonstrated signs of collapsed alveoli (microatelectases) and formation of pleats
of interalveolar septal walls at Pao = 2 cmH2O which disappeared at Pao = 10 cmH2O. On contrary,
microatelectases were present at both Pao = 2 cmH2O and Pao = 10 cmH2O in Dox off d3. Moreover, the
alveolar ducts were widened while the interalveolar septa appeared to be piled up at Pao = 10 cmH2O
(Figure 2).
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Figure 2. Microatelectases. Representative light microscopic images of Dox on, Dox off d1 and Dox
off d3 of lung tissue fixed at end-expiratory airway opening pressure (Pao) of 2 and 10 cmH2O. The
arrows indicate piled septal walls due to microatelectases which can be observed at Pao = 2 cmH2O in
all study groups, while at Pao = 10 cmH2O microatelectases are present in Dox off d3 but not Dox on or
Dox off d1. In addition, the alveolar ducts appear enlarged in some regions (asterisk) in Dox off d3 at
Pao = 10 cmH2O. Arrow: microatelectasis; asterisk: alveolar duct.

The stereological data regarding the acinar microarchitecture are summarized in Table 1. Highly
significant effects of the duration of the withdrawal of doxycycline containing food as well as Pao
on the total lung volume V(lung) could be identified. Having a closer look at the components of the
lung parenchyma elucidated that the total volume of alveolar airspaces V(alvair,lung), (Figure 3A)
was affected by the factor Dox off and Pao while the total volume of ductal airspaces V(ductair,lung)
(Figure 3B) was effected by Pao only. The total volume of septal wall tissue V(sep,lung) was independent
of both Dox off and Pao. At Pao of 2 cmH2O the differences in V(alvair,lung) between Dox on and
the Dox off groups were small and there was only a significance between Dox on and Dox off d3
(Figure 3A). At larger Pao, however, the differences in V(alvair,lung) become more prominent with
a highly significant difference between Dox on and Dox off d1 as well as between Dox off d1 and
Dox off d3. The total surface area of alveoli S(alv,lung) and the total number of alveoli N(alv,lung)
followed similar trends and did not show significant differences between Dox on, Dox off d1 and
Dox off d3 at low Pao. At higher Pao, however, the Dox off d3 group was characterized by reduced
S(alv,lung) (Figure 3C) and N(alv,lung) (Figure 3D) compared to both Dox on and Dox off d1. Based on
the stereological findings illustrated in Figure 3 it can be summarized that one day after induction of
SP-B deficiency the lungs have reduced alveolar airspaces at 10 cmH2O, a finding which is in line with
the inspiratory capacity (Figure 1C). This indicates that the alveolar airspaces during inspiration are
stiffer in Dox off d1. Three days after induction of SP-B deficiency there is progressive impairment of
parenchymal recruitment with increasing Pao as reflected in the reduced alveolar airspace volume,
alveolar surface area, and total number of open alveoli. Hence, the Dox off d3 group fails to recruit
surface area and collapsed alveoli as Pao is increased.
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Table 1. Lung architecture.

Group Dox on Dox off d1 Dox off d3 2wayANOVA

Parameter Pao 2 Pao 10 Pao 2 Pao 10 Pao 2 Pao 10 group Pao

V(lung) cm3 0.52 (0.05) 1.18 (0.10) 0.42 (0.08) 0.95 (0.10) 0.40 (0.05) 0.80 (0.14) < 0.01 < 0.01

V(alvair,lung) cm3 0.27 (0.02) 0.72 (0.07) 0.19 (0.05) 0.53 (0.08) 0.16 (0.03) 0.43 (0.08) < 0.001 < 0.001

V(ductair,lung) cm3 0.05 (0.02) 0.19 (0.05) 0.04 (0.02) 0.16 (0.03) 0.04 (0.01) 0.14 (0.02) n.s. < 0.01

V(sep,lung) cm3 0.13 (0.02) 0.12 (0.02) 0.12 (0.01) 0.13 (0.03) 0.13 (0.01) 0.12 (0.02) n.s. n.s.

S(alv,lung) cm2 268 (83.0) 374 (110) 272 (55.0) 395 (50.0) 205 (26.7) 254 (72.6) 0.008 0.001

τ (sep) μm 10.3 (2.91) 6.77 (1.04) 9.37 (1.24) 6.53 (1.70) 13.2 (1.19) 10.2 (2.91) < 0.001 < 0.001

N(alv,lung) 106 1.75 (0.81) 2.61 (1.01) 2.31 (0.63) 2.80 (0.39) 1.47 (0.21) 1.47 (0.52) 0.005 n.s.

Data are given as mean (SD). n.s.: not significant. Parameters are detailed in the text and Table 5.

 
Figure 3. Acinar microarchitecture. The total volumes per lung of alveolar (A) V(alvair,lung) and
ductal airspaces (B) V(ductair,lung) are given. In (C) the surface area of alveoli per lung S(alv,lung) and
in (D) the total number of alveoli per lung N(alv,lung) are illustrated.

2.3. Composition of Inter-alveolar Septa and Intra-alveolar Fluid Properties

The composition of the interalveolar septal walls was analyzed in detail (Table 2) at the electron
microscopic level. The factor “group assignment” did not influence total volumes of cellular and
extracellular components within the septal walls. This was also the case regarding the total volume of
capillary lumen within the interalveolar septa. Effects of Pao were noted in the absolute volumes of
extracellular matrix V(ECM,sep) and capillary lumen V(caplumen,sep) as well as the total surface area
of the endothelial basal lamina S(endoBL,sep). Higher Pao resulted in a highly significant decrease in
V(caplumen,sep) (Table 2) which can be explained by the compression of the septal walls due to higher
pressure gradients between the alveolar airspaces and the capillary lumen. The significant increase in
S(endoBL,sep) due to higher Pao can be explained by a higher degree of stretch at Pao = 10 cmH2O
compared to Pao = 2 cmH2O. The behavior of V(ECM,sep), however, which shows larger values at Pao
= 10 cmH2O compared to Pao = 2 cmH2O, is difficult to understand but might result from alterations
in the distribution of water within the interstitial space.
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Table 2. Composition of interalveolar septa.

Dox on Dox off d1 Dox off d3 2wayANOVA

Parameter Pao 2 Pao 10 Pao 2 Pao 10 Pao 2 Pao 10 Group Pao

V(AE1,sep) mm3 15.2 (2.01) 15.4 (3.19) 11.6 (2.00) 16.5 (3.14) 14.4 (0.97) 13.0 (1.86) n.s. n.s.

V(AE2,sep) mm3 4.92 (1.36) 7.73 (3.01) 6.24 (1.66) 6.78 (2.20) 5.96 (2.58) 4.67 (2.00) n.s. n.s.

V(endo,sep) mm3 20.8 (1.58) 20.7 (2.94) 18.7 3.42 21.3 (4.97) 20.2 (1.68) 20.1 (2.89) n.s. n.s.

V(othercells,sep) mm3 8.04 (1.95) 9.02 (2.07) 8.01 (1.38) 12.6 (5.49) 9.05 (0.8) 9.12 (1.4) n.s. n.s.

V(ECM,sep) mm3 3.78 (0.95) 4.15 (1.65) 3.60 (0.73) 6.42 (2.99) 3.52 (0.79) 4.69 (2.30) n.s. 0.024

V(caplumen,sep) mm3 73.7 (16.3) 63.7 (15.2) 75.3 (8.89) 57.5 (12.5) 73.04 (9.34) 63.05 (10.8) n.s. 0.009

S(endoBL,sep) cm2 775 (138) 915 (188) 700 (81.0) 804 (175) 689 (76.3) 739 (83.5) n.s. 0.049

Data are given as mean (SD). n.s.: not significant. Parameters are defined in the text and in Table 5.

Electron microscopy was further used to study intra-alveolar fluid morphology as a function of
the duration of withdrawal of doxycycline containing food and Pao. Figure 4 illustrates representative
electron microscopic images of Dox on, Dox off d1 and Dox off d3 from lung tissue fixed at Pao 2
or 10 cmH2O. At Pao = 2 cmH20 the formation of pleats of the septal walls was a typical finding in
all study groups. A very thin layer of alveolar fluid could be identified between opposing alveolar
epithelial cells. In some areas of Dox off d3 these layers of alveolar fluid were much darker and
thicker compared to Dox on and Dox off d1. Increasing the Pao to 10 cmH2O was linked with a
dramatic decrease in the frequency of septal wall pleats in Dox on and Dox off d1. The alveolar fluid
was concentrated in the corners of alveoli and could be clearly identified at electron microscopic
level. In group Dox off d3, however, pleats of septal walls in concert with quite thick layers of dense
alveolar fluid interposing the space between the alveolar epithelial cells remained a quite common
finding. Protein and albumin concentration in BAL were determined to assess alveolo-capillary barrier
disruption [9]. While there were no significant differences in protein content between Dox on and
Dox off d1, Dox off d3 demonstrated significantly increased levels compared to the other 2 groups
(Figure 5A). These findings were in line with the BAL albumin level which was also significantly
higher in Dox off d3 compared to Dox on and Dox off d1 (Figure 5B). Using design-based stereological
methods at electron microscopic level, the total volume of alveolar fluid V(alvfluid,par), the arithmetic
mean thickness of alveolar fluid τ(alvfluid), and the surface area of alveolar epithelium covered by air
S(airAE,par) or by fluid S(fluidAE,par) were quantified. Data regarding the alveolar fluid are provided
in Figure 5 and illustrated in Table 3.

Table 3. Alveolar fluid.

Dox on Dox off d1 Dox off d3 2wayANOVA

Parameter Pao 2 Pao 10 Pao 2 Pao 10 Pao 2 Pao 10 Group Pao

V(alvfluid,par) mm3 0.79 (0.32) 1.39 (0.95) 0.92 (0.26) 6.64 (11.4) 8.03 (3.95) 6.63 (3.95) 0.032 n.s.

S(airAE,par) cm2 401 (103) 717 (112) 320 (76.2) 628 (190) 200 (60.0) 310 (89.2) < 0.001 < 0.001

S(fluidAE,par) cm2 353 (58.7) 236 (55.3) 366 (29.4) 280 (113) 483 (39.3) 393 (101) < 0.001 < 0.001

τ(alvfluid) nm 39.0 (18.6) 89.0 (48.0) 44.2 (16.6) 248 (294) 297 (155) 268 (125) 0.006 n.s.

Data are given as mean (SD). n.s.: not significant. Parameters are defined in Table 5.

The duration of withdrawal of doxycycline containing food but not the Pao demonstrated
significant effects on V(alvfluid,par) and therefore Figure 5C illustrates group effects only. Compared to
Dox on and Dox off d1 there was a significant increase in V(alvfluid,par) in Dox off d3 (Figure 5C) which
was accompanied by a significant increase in the thickness of the fluid layer τ(alvfluid) (Figure 5D).
Having a closer look at the Pao effects in the different groups it appeared that there is an increase in
τ(alvfluid) with Pao in Dox on and Dox off d1 but not in Dox off d3 (Figure 5D). This observation might
be attributed to a redistribution of fluid in Dox on and Dox off d1 during recruitment. Derecruited
septal walls or even derecruited alveoli have a thin layer of alveolar fluid between opposing alveolar
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epithelial cells which, after the recruitment process, is concentrated in the alveolar corners resulting in
a thickening of the fluid layer while its total volume remains roughly stable (Figure 4).

 

Figure 4. Alveolar fluid and septal wall folding. Electron microscopic images of lungs of Dox on, Dox
off d1 and Dox off d3 fixed at positive end-expiratory airway opening pressure (Pao) of 2 and 10 cmH2O.
Septal wall folding can be observed in all study groups at Pao = 2 cmH2O. The “entrances” to the folds
are illustrated by arrows. The opposing septal walls are separated by very thin layers of alveolar fluid
(arrowhead). At higher Pao, septal wall folds become less frequent and alveolar fluid can be seen in the
corners of the alveoli in Dox on and Dox off d1. In Dox off d3, the amount of alveolar fluid seems to be
increased and the occurrence of septal wall folds does not seem to be less frequently at higher Pao.
Abbreviations: caplumen: lumen of septal wall capillaries; endo: endothelial cell; ECM: extracellular
matrix; TM: tubular myelin, a lattice of membranes corresponding to an active intra-alveolar surfactant
component within the hypophase. Black bold arrow: entrance to fold; arrowhead: liquid filled space
between opposing epithelial cells.
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Figure 5. Properties of alveolar fluid. BAL was assessed regarding protein (A) and albumin (B)
concentration. In addition, alveolar fluid was characterized by stereological parameters as follows:
Total volume of alveolar fluid per lung (C) V(alvfluid,par), arithmetic mean thickness of alveolar fluid
(D) τ(alvfluid), the surface area of alveolar epithelium covered by air (E) S(airAE,par) or covered by
alveolar fluid (F) S(fluidAE,sep).

In line with these observations were S(airAE,par) and S(fluidAE,par). While S(airAE,par) could
be increased by raising Pao from 2 to 10 cmH2O in Dox on and Dox off d1 this was not the case in Dox
off d3 (Figure 5E). The parameter S(fluidAE,par) behaved exactly the other way round (Figure 5F) and
decreased with increasing Pao in Dox on and Dox off d1. Accordingly, there were only small differences
in S(airAE,par) at Pao 2 cmH2O between the Dox on and Dox off d3. By contrast, at Pao 10 cmH2O
the surface area of air covered alveolar epithelium was significantly lower in Dox off d3 compared
to both Dox on and Dox off d1 (Figure 5E). A similar trend was observed with S(fluidAE,par). By
increasing Pao from 2 to 10 cmH2O, the differences between Dox off d3 and the other groups became
larger (Figure 5F). In summary, the data obtained at electron microscopic level show a failure in the
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Dox off d3 group to recruit air covered alveolar epithelium with increasing Pao. This finding is in line
with the light microscopic data. Moreover, the electron microscopical data demonstrate an increase in
the volume and thickness of alveolar fluid in Dox off d3. Since the thickness and the surface area of
alveolar epithelium covered by fluid show hardly any Pao effects in Dox off d3 it can be concluded
that high surface tension or viscosity is linked with a failure to redistribute with changing Pao. These
structural observations correlate with the increased BAL levels of protein and albumin in Dox off d3.

2.4. Ultrastructural Evaluation of Alveolar Epithelial Injury

The increase in BAL albumin in Dox off d3 can be attributed to disruption of the blood-gas
barrier consisting of the alveolar epithelial cells, the basal lamina (= interstitium) and the endothelial
cells. Previous studies have shown that the surfactant dysfunction in this animal model is present
at 1 day after doxycycline withdrawal and remains consistent through day four [21]. High surface
tension, moreover, has been shown to result in interfacial stress linked to injury of alveolar epithelial
cells [22,36,37]. In order to understand whether Dox off d1 group shows in absence of elevated BAL
protein alveolar epithelial injury the further ultrastructural investigation focused on alveolar epithelial
cells. There were no obvious alterations in the ultrastructure of AE2 cells including the morphology of
lamellar bodies. However, subtle abnormalities were observed regarding the AE1 cells. In Dox off d1
AE1 cells occasionally showed swelling and clearing of the cytoplasmic ground substance (Figure 6C).
In healthy controls the AE1 cells were usually not swollen and the cytoplasmic ground substance was
characterized by the same density as the endothelial cells or interstitial cells (Figure 6A,B). Furthermore,
there were signs of rupture of the apical plasma membrane of AE1 cells in Dox off d1 (Figure 6D).
Ruptures of the apical plasma membrane, swelling, and clearing of cytoplasmic ground substance
were also observed in Dox off d3 AE1 cells (Figure 6E,F).

Hence, a quantification of alveolar epithelial injury was performed (Table 4 and Figure 7). The
total surface area of the alveolar epithelial basal lamina S(alvBL,sep) was found to increase with Pao
(Figure 7A). This observation can be explained by Pao-induced stretching of alveolar septal walls. The
surface fraction of the basal lamina covered either by injured epithelial cells SS(AEinjure/alvBL), healthy
appearing AE1 cells SS(AE1/alvBL), or healthy appearing AE2 cells SS(AE2/alvBL) was determined in
order to describe injury severity. Surface fractions were independent of Pao effects and influenced by
group assignment. Dox off d1 showed increased SS(AEinjure/alvBL); the injured fraction increased
further in Dox off d3 (Figure 7B). This increase in SS(AEinjure/alvBL) occurred in concert with
decreased SS(AE1/alvBL) while SS(AE2/alvBL) remained stable (Table 4). In order to avoid the reference
trap, the surface fractions and S(alvBL,sep) were used to calculate absolute values of basal lamina
covered by injured epithelial cells [S(AEinjure,sep)], AE1 cells S(AE1,sep) and AE2 cells S(AE2,sep).
S(AEinjure,sep) and S(AE1,sep) were greater at higher Pao (Figure 7C,F). Moreover, S(AEinjure,sep)
increased progressively from Dox on to Dox off d1 and Dox off d3 (Figure 7C). In order to describe
the relationship between V(alvfluid,par) and S(AEinjure,sep) these data were plotted against each
other. Since Pao influenced S(AEinjure,sep) this relationship was investigated for Pao = 2 cmH2O
(Figure 7D). The distribution of points argued against a linear relationship. Hence, curve fitting was
tested for an exponential or second order quadratic relationship between these two parameters using
GraphPad PRISM statistic software (Version 7). The best curve fitting was achieved by an exponential
growth equation:

Y(x) = Y0 × ekx (1)

where Y(x) is the volume of alveolar fluid as a function of surface area of injured alveolar epithelium
(x), Y0 is the volume of alveolar fluid with no injured alveolar surface, and k is the rate constant. In this
equation best fit (R2 = 0.77) was calculated for Y0= 0.00028 cm3 and k = 0.044, suggesting an exponential
relationship between V(alvfluid,par) and S(AEinjure,sep). Finally, S(AE2,sep) was not effected by Pao
(Figure 7E). Although the factor group assignment was significantly influencing S(AE2,sep), the Tukey
post-hoc adjustment of the p-level failed to reveal significant differences (Figure 7E).
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Figure 6. Injury of alveolar epithelial cells. Normal alveolar epithelial cells can be found in Dox on
(A) and (B). In Dox off d1, swelling and clearance of cytoplasmic ground substance (asterisk) and
ruptures in alveolar epithelial cell lining (arrowhead) could be found (C) and (D). In Dox off d3, similar
observations as in Dox off d1 were present (E) and (F). Abbreviations: AE1: alveolar epithelial type 1
cell; endo: endothelial cell; caplumen: lumen of septal wall capillary; bl: basal lamina (junction of alvBL
and endoBL); alvBL: alveolar epithelial basal lamina; endoBL: endothelial basal lamina; IC: interstitial
cell; aPM: apical plasma membrane; air: alveolar airspace; fluid: alveolar fluid. Arrowhead: rupture of
alveolar epithelial cell; asterisk: swollen AE1 cell.

Table 4. Injury of alveolar epithelium.

Dox on Dox off d1 Dox off d3 2wayANOVA

Parameter Pao 2 Pao 10 Pao 2 Pao 10 Pao 2 Pao 10 Group Pao

S(alvBL,sep) cm2 775 (129) 954 (181) 686 (82.4) 879 (206) 660 (76.3) 727 (105) 0.034 0.006

SS(AEinjure/alvBL)% 0.97 (0.76) 0.86 (0.55) 2.78 (0.99) 4.03 (1.39) 6.83 (2.54) 8.94 (4.12) < 0.001 n.s.

SS(AE1/alvBL)% 93.3 (1.27) 94.0 (2.15) 90.1 (2.10) 89.4 (2.30) 88.0 (3.44) 86.4 (3.45) < 0.001 n.s.
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Table 4. Cont.

Dox on Dox off d1 Dox off d3 2wayANOVA

Parameter Pao 2 Pao 10 Pao 2 Pao 10 Pao 2 Pao 10 Group Pao

SS(AE2/alvBL)% 5.16 (1.31) 5.09 (2.37) 7.15 (2.21) 6.59 (1.70) 5.21 (1.18) 4.67 (1.73) 0.033 n.s.

S(AEinjure,sep) cm2 7.31 (5.48) 7.87 (5.13) 19.0 (4.07) 34.4 (14.1) 44.1 (14.4) 67.7 (37.6) < 0.001 0.025

S(AE1,sep) cm2 728 (126) 900 (184) 617 (62.6) 786 (188) 582 (84.9) 626 (78.2) 0.004 0.011

S(AE2,sep) cm2 39.5 (9.99) 46.4 (22.7) 50.1 (20.1) 58.4 (20.1) 33.7 (4.97) 33.5 (12.0) 0.03 n.s.

Data are given as mean (SD). n.s.: not significant. SS: surface fraction. Parameters are defined in the text and in
Table 5.

 

Figure 7. Stereological parameters of alveolar epithelial cell injury. Data were related to the total surface
area of the alveolar epithelial basal lamina within septal walls (A) S(alvBL,sep). In (B), the surface
fraction of the basal lamina covered by injured alveolar epithelial cells SS(AEinjure/alvBL) shows an
increase in Dox off d1 and Dox off d3. Multiplication of the surface fraction and S(alvBL,sep) resulted in
absolute surface areas within the septal walls of injured alveolar epithelial cells (C), normal appearing
alveolar epithelial type 2 (E) and alveolar epithelial type 1 (F) cells. (D) demonstrates the relationship
between the total surface area of injured alveolar epithelial cells S(AEinjure,sep) and the total volume
of alveolar fluid V(alvfluid,par) which can be described by an exponential growth function.
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2.5. Structure-function Relationships

In order to establish structure-function relationships, correlation analyses between structural
and lung mechanical parameters were performed. The increase in H during PEEP = 2 cmH2O were
correlated with S(AEinjure,sep) (r = 0.646, p = 0.002) but showed also correlations with parameters
related to alveolar fluid such as V(alvfluid,par) (r = 0.548, p = 0.012), S(fluidAE,par) (r = 0.559, p = 0.01)
and τ(alvfluid) (r = 0.54, p = 0.014). Cst (quasi-static compliance) and IC (inspiratory capacity) were
characterized by an inverse correlation with S(AEinjure,sep) and the alveolar fluid related parameters.
Hence, the more injured alveolar epithelial cells and the more alveolar fluid the less were Cst and
IC. These relationships indicate mechanical stiffening and volume loss is associated with alveolar
injury and fluid accumulation. In addition, V(alvair,par) was inversely correlated with H at PEEP =
2 cmH2O ventilation (r = −0.535, p = 0.015). During PEEP = 10 cmH2O ventilation the association of
V(alvair,par) with lung mechanical parameters became stronger compared to PEEP = 2 cmH2O. For
example, IC and V(alvair,par) were highly correlated with each other (r = 0.783, p < 0.001) while H
and V(alvair,par) were inversely correlated (r = −0.516, p = 0.02). The central airway resistance Rn
demonstrated a strong inverse correlation with V(alvair,par) (r = −0.596, p = 0.009) and S(airAE,sep)
(r = −0.539, p = 0.014) and a positive correlation with S(AEinjure,sep) (r = 0.522, p = 0.018). These
relationships indicate that the failure to recruit distal airspaces is linked to the abnormalities observed
in the mechanical properties during PEEP = 10 cmH2O ventilation.

3. Discussion

The decrease in SP-B levels in BAL of patients represents an early event during the development of
an ARDS [14] and correlates to the dysfunction of BAL-derived alveolar surfactant [16]. The contribution
of this early decrease in BAL SP-B levels to lung injury is not entirely understood but it has been discussed
that surfactant dysfunction represents a crucial step in the development of ARDS within a process known
as ventilation induced lung injury (VILI) [17,38]. With this regard the repetitive opening of fluid occluded
folds of alveolar walls in presence of high surface tension has been suggested to impose harmful forces
on epithelial cells [22,39], a mechanism which can be referred to as microatelectrauma.

Mice expressing SP-B under the control of a doxycycline-dependent promotor demonstrated a
decline in BAL SP-B levels within 24 h after withdrawal of doxycycline, a finding which correlated with
a dramatic increase in minimum surface tension of BAL-derived surfactant [21]. In the present study
we did not measure the surface function directly, e.g., by determining the minimum surface tension of
BAL derived surfactant. At lung mechanical level, however, we observed an increase in hysteresis of
the quasi-static PV-loop (Figure 1B) in Dox off d1 which occurred independently from signs of acute
lung injury such as interstitial or alveolar edema formation. This finding can be interpreted as a result of
increased surface tension. It has been well known for decades that the properties at the air-liquid interface
are the main source of hysteresis related energy-loss during a PV-loop since the pressures to overcome
surface tension during inspiration are increased with surface tension related elastic recoil pressure [4,7].
This finding is in line with the decrease in the inspiratory capacity (Figure 1C). Hence, the present study
provides indirect evidence of high surface tension under quasi-static conditions during inspiration but we
were not able to investigate whether or not high surface tension was present during dynamic breathing.

Further investigations in previous studies taking different time points after the induction of
the knockout into account illustrated the occurrence of alveolar inflammation and increased BAL
protein levels at day 3 [21] so that important criteria of acute lung injury were fulfilled in this animal
model [9]. One goal of the present study was to investigate the time course of high surface tension
related pathologies and their relationships, such as the link between alveolar micromechanics, alveolar
fluid accumulation, and alveolar epithelial injury. In this context, the conditional SP-B knockout mouse
model had a clear advantage compared to other models of direct or indirect lung injury [40]. Isolated
high surface tension is the primary event and not a downstream consequence of an injurious trigger so
this animal model allows investigation of the pure effect of high surface tension on disease initiation
and progression. An important aspect of this study was that the recruitability of distal airspaces was
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investigated by examining morphometry at different airway pressures (Pao) using vascular perfusion
fixation. With this approach, the effects of high surface tension on acinar microarchitecture could
be investigated since the lung was air-filled at the time of fixation [35]. Although this is a static
evaluation, the comparison of stereological parameters at different Pao provided information on the
pressure-dependent dynamic changes in the recruitability of distal airspaces, an aspect of the so-called
alveolar micromechanics, and the distribution and thickness of alveolar fluid [26].

3.1. Alveolar Micromechanics

One day after induction of SP-B deficiency discrete abnormalities in alveolar micromechanics were
observed independent of an accumulation of alveolar fluid. These abnormalities did not significantly
affect the organ-scale lung mechanical properties such as tissue elastance or quasi-static compliance
but coincided with a modest decrease in the inspiratory capacity (Figure 1C). Abnormal alveolar
micromechanics were characterized at a structural level by a significant reduction of volumes of
alveolar airspaces at a Pao of 10 cmH2O in Dox off d1 compared to Dox on (Figure 3A), although,
the number of open alveoli per lung did not differ between these two study groups (Figure 3D).
Pressure-dependent alveolar volume changes can be attributed to septal wall stretching, changes in
alveolar shape, septal wall folding and alveolar recruitment/derecruitment [5,35,41]. Since the surface
area of the alveolar epithelial basal lamina (Table 4, Figure 7A), alveolar number and alveolar surface
area (Figure 3) did not differ significantly between Dox on and Dox off d1 at Pao = 10 cmH2O there
was no evidence of changes in alveolar septal wall stretching, folding, or alveolar derecruiment. Hence,
it appeared to be likely that differences in alveolar shape were responsible for the high surface tension
induced reduction in total volume of alveolar airspaces at Pao = 10 cmH2O.

Reducing the Pao from 10 to 2 cmH2O was linked with a substantial loss of alveolar surface
area (p = 0.001) and total volume of alveolar airspace (p < 0.001) in all study groups while the
number of open alveoli per lung was independent of Pao (Table 1, Figure 3D). In addition, the
surface area of the alveolar epithelial basal lamina, a parameter used to quantify stretching of septal
walls [6,42], was significantly affected by the factor Pao (Figure 7A, Table 4). Therefore, the alveolar-scale
micromechanical mechanisms occurring with a drop in Pao from 10 to 2 cmH2O include folding of
septal walls (Figure 2), alveolar shape changes and de-stretching of septal walls. Alveolar derecruitment
seemed to play a minor role in volume changes and this was quite unexpected since the effect of surface
tension on lung structure has been suggested to become most evident at low lung volumes, when
surfactant function is critical for stabilization of distal airspaces [43]. Although surfactant dysfunction
has been demonstrated to be present 24h after withdrawal of Doxycycline in this animal model [21]
the loss of alveolar surface area at Pao = 2 cmH2O did not differ between Dox on and Dox off d1 in the
present study. The absence of a relevant increase of alveolar instability in Dox off d1 was confirmed by
the measurements of tissue elastance H which did not differ from data measured in Dox on during
PEEP = 2 cmH2O ventilation (Figure 1D). An increase in H during low PEEP ventilation has been
linked to alveolar derecruitment in previous studies [26,33,44,45].

Three days after induction of SP-B deficiency more severe abnormalities were observed compared
to Dox on. A further reduction of the volume of alveolar airspaces was observed at both Pao = 2 cmH2O
and 10 cmH2O. But the most striking observation in this group was that both the surface area of alveoli
and the number of open alveoli were significantly reduced and this change was most pronounced at Pao
= 10 cmH2O. Comparing Dox off d3 against Dox on and Dox off d1 it is evident that the increase in Pao
from 2 to 10 cmH2O is associated with a failure to increase both the alveolar surface area and the number
of open alveoli per lung (Figure 3C,D). This failure to recruit distal airspaces in Dox off d3 (Figure 2)
occurs even though the minimum surface tension of BAL-derived, purified surfactant (so-called large
aggregates) has been shown to remain constant in this time period [21]. Of note, the hysteresis of the
quasi-static PV-loop in Dox off d3 did not differ from Dox on so that it can be speculated that the surface
tension related increase in hysteresis in Dox off d1 is linked to recruitment of surface area, a process
which is markedly impaired in a progressive state of lung injury at day 3 in this model.

146



Int. J. Mol. Sci. 2019, 20, 4243

3.2. Alveolar Fluid Properties and the Relationship to Alveolar Micromechanics

At ultrastructural level, the main difference between Dox off d3 and the other two groups was the
dramatic increase in the volume of alveolar fluid per lung (Figure 5C). This increase was accompanied
by higher BAL concentrations of protein and albumin (Figure 5A,B). The protein level in BAL fluid
increased by the factor 2.2 (Figure 5A) while the stereological parameter, the absolute volume of
alveolar fluid, increased by the factor 8.1 (Figure 5C). During vascular perfusion fixation of the lung
for electron microscopy glutaraldehyde crosslinks the proteins which are located in the alveolar fluid
so that the fluid becomes visible. In Dox off d3 the alveolar fluid was much darker in some areas of the
lung compared to Dox on so that it can be concluded that the fluid was enriched with proteins. Taking
the 8.1-fold increase in the volume of alveolar fluid into account the increase in BAL protein levels
appears to be disproportionally low. While the stereological parameter is unbiased taking also the
reference space into account, this is not the case regarding the protein level in BAL since the recovery
of BAL fluid varied between 2 and 2.5 mL. Moreover, it can be speculated that during broncho-alveolar
lavage the derecruited and edema filled distal airspaces could not be opened so that only recruitable
parts were reached. This would result in a higher degree of dilution of alveolar proteins in Dox off d3
and therefore an underestimation of the increase in the amount of proteins within the alveolar space
since for all lungs the same volume of fluid was instilled into the lungs.

Of note, the accumulation of alveolar fluid volume from 0.0009 cm3 in Dox on to 0.00734 cm3 in
Dox off d3 was not clearly detectable at light microscopic level so that electron microscopic resolution
was necessary for detailed quantitative assessments. In Dox off d3 the failure of recruitment of lung
parenchyma could be observed at ultrastructural level in the surface area of alveolar epithelium
covered by air (Figure 5E) or alveolar fluid (Figure 5F). In both Dox on and Dox off d1 a shift of
surface areas from fluid covered to air covered alveolar epithelium was observed as Pao increased
from 2 to 10 cmH2O. These pressure-dependent differences in alveolar airspace fluid distribution
was coupled with an increase in the mean thickness of alveolar fluid (Figure 5D). At ultrastructural
level, septal wall folds filled with a very thin leaflet of alveolar fluid were typical findings at low
Pao while at higher Pao the fluid was concentrated in the corners of the alveoli. These observations
suggest a pressure-dependent redistribution of fluid within the alveolar space, a mechanism which
was linked with an unfolding of septal walls and therefore a recruitment of air-covered surface area.
In Dox off d3, however, this pressure-dependent re-distribution of alveolar fluid was severely impaired
as shown by the failure to shift the surface area of fluid-covered to air-covered alveolar epithelium
with increase in Pao. In line with this observation was the fact that Pao had virtually no effect on the
mean thickness of the alveolar fluid located on top of the alveolar epithelium in that group. Based on
these observations it can be inferred that the surface tension and viscoelastic properties of the alveolar
fluid differs substantially at day 3 of conditional SP-B knockout, leading to severe effects on alveolar
micromechanics such as impaired alveolar recruitment. These alterations coincided with the increase in
protein and albumin levels in BAL. It has been shown that distal airspace recruitability is impaired by
increased alveolar protein [46] and fibrin levels [47], a finding which is in line with the structural data
illustrated in the present study. In addition, the degradation of lung mechanical properties correlated
with stereological data describing alveolar fluid and derecruitment of distal airspaces. This was also the
case regarding the airway resistance (Rn) which usually decreases with PEEP due to outward tethering
forces of elastic fibers that connect the conducting airways and the pleura [34,48]. In Dox off d3 the
effect of increasing PEEP on airway resistance was less pronounced compared to the other groups
(Figure 1E), an observation which can be explained by impaired recruitability of alveolar airspaces and
therefore a reduction in the tethering forces on the conducting airways.

3.3. Injury of Alveolar Epithelium in the Context of impaired Alveolar Micromechanics and Fluid Accumulation

In both the Dox on and Dox off d1 groups the formation of septal wall pleats filled with a thin layer
of fluid were observed with decreasing incidence with increasing Pao (Figure 4) so that it is possible that
folding and unfolding of septal walls occurs during ventilation within the physiological range [5,41].
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Computational simulations and in vitro experiments provided evidence that a finger-shaped bubble of
air penetrating a fluid occluded airway is associated with harmful shear stresses resulting in necrosis
of lining epithelial cells, an injurious event which can be prevented by addition of surfactant [22,49].
In the current study, an increase in the surface area of the basal lamina covered by injured epithelial
cells was observed in Dox off d1 compared to Dox on (Figure 7C) and this was present even though
the volume of alveolar fluid had not increased significantly (Figure 5C). Based on these observations
we infer that the recruitment of airspaces by septal wall unfolding is an injurious event in Dox off
d1 but not in Dox on, where the epithelium is protected from injury by functional surfactant. The
injury of epithelial cells progresses in Dox off d3 to affecting approximately 6 to 8% of the surface area.
A previous study using the LPS model of acute lung injury and light microscopic staining for AE1
cell markers found a loss of AE1 cells in 3% of the surface area [50]. In the present study, a complete
denudation of the alveolar epithelial basal lamina was rarely observed and the main features related to
injury were swelling and clearing of cytoplasmic ground substance, blebbing, and rupture of apical
membranes (Figure 6). Among the structural parameters, the surface area of epithelial basal lamina
covered by injured cells demonstrated a strong correlation with lung mechanical impairment, a finding
which confirms observation in models of VILI where epithelial injury observed with scanning electron
microscopy was strongly correlated with elastance [51]. Based on the presented data, the primary
effects of induced SP-B deficiency are subtle alterations in alveolar micromechanics and alveolar
epithelial injury that initially occur without abnormalities in the ultrastructural features of the alveolar
fluid. The relationship between injury of the alveolar epithelial lining and the volume of alveolar fluid
could best be described by an exponential growth function. The volume of alveolar fluid increased
exponentially with the surface area of injured alveolar epithelium (Figure 7D). Similar relationships
have been observed in a model of VILI between histologic injury scores and BAL protein levels [46] or
after LPS injury during alveolar epithelial regeneration, plotting the percentage of regenerated alveolar
epithelium against the BAL albumin level [50].

3.4. Limitations

In the present study assessment of lung structure was performed under “quasi-static” conditions
at different airway pressures with the goal to characterize micromechanical aspects [26]. Also,
fixed lung tissue was used for this purpose. While the microarchitecture was investigated by a
robust methodology, the design-based stereology, up to the ultrastructural level, we did not study
micromechanics directly. Instead, conclusions on the micromechanical behavior were made based on
the comparison between parameters of microarchitecture at different airway pressures. Since the lung
has viscoelastic properties the micromechanical behavior under dynamic breathing conditions is likely
to differ from “quasi-static” conditions. For example nothing is known regarding the time scales at
which folding and unfolding or fluid redistribution occurs. In vivo microscopy offers a powerful tool
to study alveolar micromechanics under dynamic conditions [12,13]. However, it has to be pointed
out that currently available imaging methods of in vivo microscopy are only able to study subpleural
alveoli which might be not representative and do not have the appropriate resolution to investigate
dynamics in fluid shift and unfolding of interalveolar septa since these aspects would require electron
microscopic resolution [5]. In addition, female mice were used in the present study so that it cannot be
excluded that a study using male mice would end up with different results and conclusion.

3.5. Summary

The presented data suggest that a kind of microatelectrauma might be the initial injurious event
during spontaneous breathing in this animal model (Figure 8). We investigated the lung structure at low
airway opening pressures and within a range of transpulmonary pressure gradients which is known to
occur physiologically during quite breathing [52]. Hence, we consider the recruitment of pleats as a
possible mechanism during spontaneous breathing. The unfolding of septal walls in the absence of
SP-B might be responsible for alveolar epithelial cell injury in a manner similar to the reopening of
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fluid-occluded compliant airway models [22,36,49]. In the current study, the tissue strains resulting
from peeling apart of septal pleats may be elevated by the same fluid-mechanical mechanisms that
increase tissue strains during compliant airway reopening with high surface tension [39]. This injury
of alveolar epithelium may occur prior to fluid accumulation and, in turn, increase alveolo-capillary
permeability and lead to the observed exponential increase in alveolar fluid with increased alveolar
protein and albumin levels. The combination of high surface tension and fluid accumulation results
in a progressive alveolar derecruitment linked with a severely reduced recruitability of alveoli and
increased ventilation heterogeneity. Alveolar interdependence with derecruited or edema filled alveoli
next to ventilated alveoli has been shown to be a mechanism responsible for injurious overdistension
of neighboring alveoli even at ventilation with low tidal volumes and pressures [30,53,54]. With this
regard the forces acting on lung parenchyma are a consequence of the pressure gradient between
the acinar airspaces and the pleural space, also known as elastic recoil pressure [25,55]. The elastic
recoil pressure can be elevated during mechanical ventilation (high airway opening pressure), during
spontaneous breathing (high negative pressure in pleural space) but also locally within a network
of airspaces in the presence of stress concentrators. In principle, the latter can occur within a range
of physiological pressure gradients at the organ scale and under spontaneous breathing. Hence,
we consider non-recruitable distal airspaces as stress concentrators [25,56] which could end-up in a
fatal vicious cycle following induction of SP-B deficiency. A similar scenario as we suggest for these
spontaneously breathing SP-B deficient mice has been postulated as a rich-get-richer process in a model
of alveolar leak during VILI. Accordingly, microatelectrauma represents the initial injurious trigger
followed by a positive feedback mechanism of vascular leakage, edema formation, tethering-induced
volutrauma, and further vascular leakage [46,57].

 

Figure 8. Proposed mechanism of lung injury in SP-B deficiency: Under physiological conditions
(A) volume changes during ventilation include recruitment and derecruitment of folds. At low lung
volumes folds are filled with a very thin leaflet of alveolar fluid (fl), the surfactant monolayer is
compressed at the air-liquid interface and stabilized by SP-B. With increasing lung volume the folds are
recruited and the fluid is pressed into the corners of the alveoli. The fluid-mechanical stress during
this opening process acting on the alveolar epithelium is reduced by surface lowering properties of
surfactant [22,39]. In absence of SP-B (indicated in B and C by the red cross) the monolayer is unstable,
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the minimum surface tension increases within 24 h [21]. The opening process of folds (B) is linked
with harmful stresses acting on the alveolar epithelial cells (microatelectrauma) [22,39]. The blood-gas
barrier is compromised by the progressing injury and the volume of alveolar fluid and plasma
protein levels increase. High surface tension combined with increased viscosity of alveolar fluid
reduces the recruitability of folds (C). Heterogeneous ventilation with overdistension of neighboring
alveoli (alveolar interdependence) occurs with leakage of the blood-gas barrier in adjacent alveoli.
Abbreviations: AE1: alveolar epithelial type 1 cell, AE2: alveolar epithelial type II cell, fl: alveolar fluid,
bl: basal lamina, alv: alveolar airspace.

4. Materials and Methods

4.1. Animal Model and Study Groups

For pulmonary structural and mechanical investigations 40 female conditional Surfactant Protein
B (SP-B) knock out mice [CCSP-rtTA, (tetO)7 SFTPB/Sftpb-/-] aged between 10 and 13 weeks were
included. SP-B expression was under control of a doxycycline dependent promotor as has been
described before [20,21]. The mice were randomly assigned to 3 groups. The control group (Dox on)
was continuously fed with doxycycline containing food (625mg per kg standard diet, Altromin 1324,
Lage, Germany). The experimental groups were deprived of doxycycline containing food for 1 and 3
days, respectively (Dox off d1 or Dox off d3) in order to investigate time effects of SP-B deficiency on
lung structure and function. Animals assigned to Dox off d1 were transferred to cages with standard
food on Mondays at 8:00 am. Lung mechanical properties were measured on Tuesdays between 8 and
10 am. The interval for Dox off d3 groups was from Monday 8:00 am to Thursday 8:00 am. In order
to investigate the effects of airway opening pressures in these study groups, respiratory mechanics
was evaluated during positive end-expiratory pressure (PEEP) ventilation with 2 and 10 cmH2O
while lung structure was assessed at corresponding positive end-expiratory airway opening pressures
(Pao). Hence, within each group animals were randomized to PEEP 2/Pao 2 cmH2O or PEEP 10/Pao
10 cmH2O. In addition, broncho-alveolar lavage (BAL) fluid was obtained from additional 17 animals
(Dox on: N = 6 vs. Dox off d1: N = 6 vs. Dox off d3: N = 5). Since it is well-known that SP-B
deficiency results in severe respiratory distress and death in this animal model starting at day 4 after
withdrawal of Doxycycline containing food associated with a mortality rate of 40% [21], the number of
subjects included in group Dox off d3 was reduced to the minimum, necessary to detect biologically
relevant and statistically significant differences. The authorities of Lower Saxony, Germany (= LAVES:
Niedersächsisches Landesamt für Verbraucherschutz und Lebensmittelsicherheit), which house the
German equivalent of an institutional animal care and use committee, approved all animal experiments
performed in this study according to the European Animal Welfare Regulations (Approval number:
16/2245).

4.2. Experimental Protocol

In order to investigate the respiratory mechanics during controlled ventilation in the different
study groups (Dox on vs. Dox off 1d vs. Dox off 3d), mice were invasively ventilated by a FlexiVent
rodent ventilator (SCIREQ, Montreal, PQ, Canada). The animals were anesthetized by intraperitoneal
administration of 80 mg/kg bodyweight ketamine (Anesketin, Dechra Veterinary Products, Aulendorf,
Germany), 5 mg/kg bodyweight xylazine (Rompun, Leverkusen, Germany) and 2mg/kg bodyweight
midazolam. After disappearance of pain reflexes a tracheotomy was performed and the airways
were connected to the FlexiVent rodent ventilator via a cannula (Braun cannula, 21 G, Diameter
0.8mm, Melsungen, Germany). Baseline ventilation parameters were as follows: tidal volume 10 mg/kg
bodyweight, respiratory rate 150/min, inspiratory-to-expiratory time ratio 1:2 and PEEP 3 cmH2O. After
a run-in phase of 5 min two deep inflations followed by three pressure-controlled pressure-volume
(PV) loops were recorded to determine the inspiratory capacity, the quasi-static compliance of the
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respiratory system and the area within the PV-loop as a parameter of hysteresis [26]. Afterwards,
PEEP was either adjusted to 2 cmH2O or 10 cmH2O followed by derecruitability tests as described
elsewhere [19,26]. In brief, the derecruitability tests consisted of 2 recruitment manoeuvres (deep
inflation with a pressure plateau at 30 cmH2O) and subsequent repetitive measurements of respiratory
mechanics every 30 s using the forced oscillation technique. By fitting the constant phase model to
impedance spectra obtained during forced oscillation technique, tissue elastance (H) and Newtonian
resistance (Rn) were calculated. Tissue elastance is a parameter reflecting the mechanical properties
of the fine lung parenchyma while Newtonian resistance is affected by alterations of the conducting
airways and therefore the more central parts of the respiratory system. After recording tissue elastance
for 5 min, the abdomen and chest wall was opened by a median laparo-thoracotomy. The lung was
inflated to a plateau pressure of 30 cmH2O for 3 s two times (deep inflation) and airway opening
pressure (Pao) was adjusted at either Pao of 2 or 10cmH2O on expiration, corresponding to the PEEP at
which lung mechanics were assessed in each case [26].

4.3. Perfusion Fixation, Preparation and Sampling

The lungs were fixed by vascular perfusion at either Pao 2 or 10 cmH2O. The trachea was ligated
at the corresponding Pao and flow of zero. The abdominal aorta was immediately incised and the
right ventricle was punctured. The lungs were first flushed with a hydrostatic pressure of 40 cmH2O
with Heparin (12,500 IU/l) in 0.9% sodium chloride solution to prevent coagulation in the pulmonary
vasculature. Then, the fixative, consisting of 1.5% paraformaldehyde (PFA), 1.5% glutaraldehyde
(GA) and 0.15 mM HEPES buffer, was perfused [45]. Finally, the organ package consisting of heart,
lung, thymus and esophagus were carefully removed from the thoracic cavity and stored in the above
mentioned fixation solution at 4 ◦C for at least 24 h.

For preparation and sampling, the lungs had to be carefully removed from the organ block using
surgical scissors and tweezers. During the preparation, it was crucial to avoid compression of the lung
to prevent contusing artifacts and artificial manipulation of the sensitive lung parenchyma. The heart,
thymus, esophagus and fatty tissue were removed and the lungs were re-inserted in the fixation
solution for at least 3 h.

The total lung volume [V(lung)] was determined based on the principle of Archimedes by the
fluid displacement method as described by Scherle [58]. After measuring the lung volume, the whole
lung was embedded in 4% agar and cut with a tissue slicer into slices of equal thickness from the apex
to the base, enabling a “systematic uniform random sampling” [59]. The aim of “systematic uniform
random sampling” was to give every part of the lung tissue the same chance of being selected for
stereological investigation [60]. The tissue slicer generated 7 lung slices of an approximate thickness of
2 mm. Slices were randomly allocated to light (LM) or electron microscopy (EM).

Since the EM samples were limited in size, a subsampling of the slices assigned to EM was used
to obtain 6-8 small cubes eligible to be further processed [59]. A point grid was thrown onto the lung
slices. The lung tissue hit by the test points was selected and cut into cubes of 1 mm edge length with a
scalpel knife and used for further EM embedding.

4.4. Embedding for Light Microscopy

The LM samples were embedded in hydroxyethylmethacrylate (Technovit 8100, Heraeus Kulzer,
Wehrheim, Germany) in accordance to the user’s instructions. After washing in 0.2 mol Na-cacodylate
buffer and osmification of the samples, the lungs were vented in a vacuum desiccator. After incubation
in uranyl acetate overnight, dehydration was followed by an ascending acetone dilution series (70%,
90%, 100%). Then, the polymerization by the Technovit 8100 resulted in the curing of the samples.
The rotation microtome (Leica, RM2265, Nussloch, Germany) was used for the slicing of the 1.5 μm
thin sections. The first and the forth of a consecutive series of slices were placed on a glass slide, with
Toluidine blue and capped with a cover glass [61].
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4.5. Embedding for Electron Microscopy

The samples were washed in 0.15 HEPES buffer, post-fixed in osmium and contrasted en-bloc with
uranyl acetate. Afterwards, dehydration was performed with an ascending acetone dilution series
(70%, 90%, 100%). The probes were embedded in epoxy resin (Epon, Serva, Germany) in order to cut
the samples into 60 nm thin slices employing the ultramicrotome (Leica, Nussloch, Germany),. Both
the light microscopic and the electron microscopic embedding are based on the common procedures
use in design-based stereological analyses [61].

4.6. Design-based Stereology

The methodology of stereology was applied to determine structural changes in the lungs as a
function of the duration of SP-B deficiency (Dox on vs. Dox off d1 vs. Dox off d3) as well as the
end-expiratory airway opening pressure (Pao = 2 cmH2O vs. Pao = 10 cmH2O). All methods
for quantitative morphology used in the present study were based on the American Thoracic
Society (ATS)/European Respiratory Society (ERS) joint statement for quantitative assessment of
lung structures [62]. Design-based stereology provides information on 3-dimensional structures based
on 2-dimensional sections which are combined with tests systems such as test points, test lines or
counting frames interacting with the structures of interest in a stochastic manner [63]. The parameters
determined at light and electron microscopic level are defined in Table 5.

Table 5. Definition of stereological parameters.

Definition Abbreviation Test System Magnification

Volume of parenchyma V(par,lung) Point counting (P) 5 ×
Volume of non-parenchyma (conducting
airways, larger vessels, connective tissue) V(nonpar,lung) Point counting (P) 5 ×
Volume of alveolar airspaces within lung

parenchyma V(alvair,lung) Point counting(P) 20 ×
Volume of ductal airspaces within lung

parenchyma V(ductair,lung) Point counting (P) 20 ×
Volume of interalveolar septa within lung

parenchyma V (sep,lung) Point counting (P) 20 ×
Surface area of alveoli within lung

parenchyma S (alv,lung) Intersection
counting (I) 20 ×

Arithmetic mean septal wall thickness τ(sep) Volume-to-surface
ratio 20 ×

Number alveoli within lung parenchyma N(alv,lung) Physical disector 10 ×
Volume of alveolar epithelial type 1 cells

within septal walls V(AE1,sep) Point counting (P) 11.000 ×
Volume of alveolar epithelial type 2 cells

within septal walls V(AE2,sep) Point counting (P) 11.000 ×
Volume of endothelial cell within septal

walls V(endo,sep) Point counting (P) 11.000 ×
Volume of other cells (e.g., macrophages,

fibroblasts) V(othercells,sep) Point counting (P) 11.000 ×
Volume of extracellular matrix within

septal walls V(ECM,sep) Point counting (P) 11.000 ×
Volume of capillary lumen within septal

walls V(cap,sep) Point counting (P) 11.000 ×
Volume of alveolar fluid within

parenchyma V(alvfluid,par) Point counting (P) 11.000 ×
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Table 5. Cont.

Definition Abbreviation Test System Magnification

Surface area of the alveolar epithelial basal
lamina within septal walls S(alvBL,sep) Intersection

counting (I) 11.000 ×
Surface area of the basal lamina covered by

AE1 cells S(AE1,sep) Intersection
counting (I) 11.000 ×

Surface area of the basal lamina covered by
AE2 cells S(AE2,sep) Intersection

counting (I) 11.000 ×
Surface area of the basal lamina covered by

injured alveolar epithelial cells S(AEinjure,sep) Intersection
counting (I) 11.000 ×

Surface area of the endothelial basal lamina
within septal walls S(endoBL,sep) Intersection (I)

counting 11.000 ×
Surface area of the alveolar epithelium

covered by air within parenchyma S(airAE,par) Intersection (I)
counting 11.000 ×

Surface area of alveolar epithelium covered
by alveolar fluid within parenchyma S(fluidAE,par) Intersection (I)

counting 11.000 ×

Arithmetic mean thickness of alveolar fluid τ(alvfluid) Volume-to-surface
ratio 11.000 ×

The light microscopic assessments were carried out using a light microscope (Leica 6000, Wetzlar,
Germany) equipped the computer-controlled stage and the NewCAST stereology software (Visiopharm
A/S, Horshorm, Denmark) for systematic uniform area sampling and generation of an appropriate
unbiased test-system for counting. The test system specified by the examiner was projected onto the
sampled fields of view. The counting of events, defined as a stochastic interaction of the structures of
interest with the test system was carried out by the blinded investigator. In order to ensure sufficient
precision the unbiased test system was adjusted in a way that at least 100-200 counting events per
parameter and organ were generated on 100 to 200 fields of view [64].

During the whole procedure, a cascade sampling design was applied [65]. In a first step, the lung
was examined with a primary magnification of 5 × with the goal to distinguish between parenchymal
and non-parenchymal components. Parenchyma was defined as fine lung structures which are directly
involved in gas exchange while non-parenchyma was represented by conducting airways, larger
vessels (excluding septal wall capillaries) and perivascular connective tissue. Test points were projected
on fields of view. If a point hit structures involved in gas exchange (alveolar and ductal airspaces,
interalveolar septa) it was counted as parenchyma [P(par)]. Points hitting bronchi, bronchiole, vessels
or connective tissue were counted as non-parenchyma [P(nonpar)]. The following formula describes
the volume density of parenchyma within the lung as a function of the total of all points hitting the
lung (= reference space):

Vv
(

par
lung

)
=

∑
∑

P(par) +
∑

P (nonpar)
(2)

A final statement about the volume V of parenchymal and non-parenchymal components can
only be taken if the result is related to the total lung volume. Otherwise there is a risk of falling into
the “reference trap”, defined by Braendgaard and Gundersen [66]. Generally speaking, all generated
densities must always be related to their reference volume in order to obtain absolute data, e.g., the
total volume of lung parenchyma per lung. This avoids misinterpretations of densities or volume
fractions due to differences in the reference space (= reference trap) [59].

V(par, lung)
(
cm3
)
= Vv

(
par

lung

)
× V(lung)

(
cm3
)

(3)
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In a second step of the cascade sampling design, the reference space was the lung parenchyma which
was now assessed at higher magnification (primary magnification: 20 ×). The lung parenchyma was
further differentiated into volumes of alveolar airspace V(alvair,lung), ductal airspaces V(ductair,lung)
and interalveolar septa V(sep,lung) via point counting. The alveolar surface area S(alv,lung) was
determined by counting the intersection points between a defined test line

(
l
p

)
and the septa.

For example, the volume density of alveolar airspace within lung parenchyma was calculated
using the following formula:

Vv
(

alvair
par

)
=

∑
P(alvair)∑

P(alvair) +
∑

P(ductair) +
∑

P(sep)
(4)

The total volume of alveolar airspace was accordingly calculated by multiplication of the volume
density with the reference space:

V(alvair, lung)
(
cm3
)
= Vv

(
alvair
par

)
× V(par, lung)

(
cm3
)

(5)

The surface density of the alveoli within reference space (= lung parenchyma) was calculated
as follows:

Sv
(

alv
par

)(
cm−1

)
=

2 × ∑ I(
l
p

)
(μm) × P(line)

× 10.000 (6)

l
p
(μm) = 30.84 (7)

P(line) = Points o f the testline = re f erence points (8)

The total surface area of alveoli at light microscopic level was accordingly determined by
multiplication with the reference space:

S(alv, lung)
(
cm2
)
= Sv

(
alv
Par

)
(cm−1) × V(par, lung)

(
cm3
)

(9)

In addition, the mean thickness of the septa was calculated from the ratio of the volume of the
septa to the surface area.

τ(sep)(μm) =
2 × V(sep, lung)

(
cm3
)
× 10.000

S(alv, lung)(cm2)
(10)

Furthermore, the number of open alveoli per lung N(alv,lung) [67,68] was calculated by employing
the physical disector which consisted of a pair of section, corresponding to the first and the forth
section of a consecutive series with a sections thickness of 1.5 μm. Hence, the distance from the top of
the first to the top of the forth section was 4.5 μm representing the disector height. Using a counting
frame with a defined area A(frame) a test volume for counting was generated. Whenever an alveolar
mouth was present in one section and absent in the other, a counting event was recorded [67,69]. The
estimate of the number of alveoli is based on the Euler number; a mathematical parameter (named
after the swiss mathematician Leonard Euler), that quantifies the connectivity of an object. The Euler
number [x3] represents the number of alveolar openings (B).

x3 =
∑

B (11)

N(alv, lung) =

∑
B

disector height x A( f rame)x
∑

P(re f erence counting f rame)
× V(par, lung) (12)
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In the third step of the cascade sampling design, the volume of the interalveolar septa V(sep,lung)
represented the reference space for further analyses at electron microscopic resolution. A transmission
electron microscope (Morgani, FEI, Eindhoven, The Netherlands) equipped with an integrated camera
(Olympus Soft Imaging Solution, Münster, Germany) was used to perform a systematic uniform area
sampling at electron microscopic level. The section was traced meander-shaped via a coordinate
system in x and y direction at a distance of 50 × 50 μm [59]. The septal wall was imaged every 50 μm
using a primary magnification of 11,000x. Afterwards the sampled images were examined with the
STEPanizer stereology tool [70]. The volume and surface densities were measured using unbiased test
systems consisting of tests points for volume fractions of different structures and test lines for surface
densities within the septal walls. The total volume of alveolar epithelial type I cells V(AE1,sep) and the
total surface area of the alveolar epithelial basal lamina S(alvBL,sep) within the septal wall volume
were for example calculated with the following equations:

V(AE1, sep)
(
cm3
)
=

∑
P(AE1)∑

P(all counts)
× V(sep, lung)

(
cm3
)

(13)

S(alvBL, sep)
(
cm2
)
=

2 x I x 10.000
l(t)x

∑
P(all counts)

(
cm−1

)
× V(sep, lung)

(
cm3
)

(14)

test line = l(t)(μm) = 1.066 μm (15)

Intersection point between test line and inter f ace o f BL and AE = I (16)

In addition, test lines were used to determine the surface area of the alveolar epithelial basal
lamina (alvBL) covered by healthy AE1 or alveolar epithelial type 2 (AE2) cells or injured alveolar
epithelial cells [19,71]. At the intersection of the test line with the alveolar epithelial basal lamina
the topping epithelial cell was categorized as healthy appearing AE1 or AE2 cell or injured cell. The
later was identified according the following criteria: swelling with formation of small vacuoles and
clearing of the cytoplasmic ground substance, or fragmentation such as disruption of the apical plasma
membrane, formation of vesicles up to denudation of the basal lamina. Data were calculated as surface
fractions (in %) and absolute surface areas (in cm2).

4.7. Analyses of Broncho-alveolar Lavage Fluid

Animals were anaesthetized by intraperitoneal administration of 80 mg/kg bodyweight ketamine
(Anesketin, Dechra Veterinary Products, Aulendorf, Germany), 5 mg/kg bodyweight xylazine (Rompun,
Leverkusen, Germany) and 2 mg/kg bodyweight midazolam. After cessation of pain reflexes, the
abdomen was opened and the abdominal aorta incised. Afterwards, a tracheotomy was carried out
and the chest opened. For harvest of broncho-alveolar lavage (BAL) fluid three aliquots of 1 mL 0.9%
sodium chloride solution were successively instilled and suctioned out of the lung. The range of
recovery per lung was 2–2.5 mL. In order to separate cellular components and debris from fluid, a
centrifugation with 1000g was carried out for 10 min. The supernatant was removed and snap frozen
in liquid nitrogen and stored at –80 ◦C till further assessments of protein and albumin concentration
as described previously [72]. In brief, albumin concentrations in BAL fluid were assessed with the
albumin ELISA kit (Bethyl Laboratories, Montgomery, AL) according to the manufacturer’s instructions.
Protein and albumin concentrations in BAL fluid served as indicators of vascular leak.

4.8. Statistical Analyses

A descriptive statistics was performed to calculate the mean and standard deviation of each
parameter. A two-way ANOVA on ranks was carried out taking the factors “group” and the
end-expiratory airway opening pressure (PEEP for lung mechanics and Pao for structural assessments)
into account. In case of statistically significant differences, a Tukey´s post-hoc adjustment of the
p-level for multiple testing was added. Regarding quasi-static compliance (Cst), hysteresis (area),
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inspiratory capacity (IC) and BAL data (protein and albumin) a one-way ANOVA was used followed
by Tukey´s post-hoc test in case data were normally distributed according to Shapiro-Wilk normality
test. Otherwise, a Kruskal-Wallis test followed by Dunn´s test for multiple comparisons was used.
Pearson´s correlation analyses were performed between structural and lung mechanical parameters.
V(alvfluid,par) and S(AEinjure,sep) were plotted against each other and the best fit curve was
interpolated to describe the relationship between these parameters. Data are provided in the Tables as
means and standard deviations while the graphs in the figures show dot blots of individual data for
each group. Statistical assessments were performed using GraphPad Prism (Version 7.0, GraphPad
Software, La Jolla, CA, USA) or in case of correlation analyses SPSS (Version 25, IBM, Armonk,
NY, USA).
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Abstract: Thin type 1 alveolar epithelial (AE1) and surfactant producing type 2 alveolar epithelial
(AE2) cells line the alveoli in the lung and are essential for normal lung function. Function is intimately
interrelated to structure, so that detailed knowledge of the epithelial ultrastructure can significantly
enhance our understanding of its function. The basolateral surface of the cells or the epithelial contact
sites are of special interest, because they play an important role in intercellular communication
or stabilizing the epithelium. The latter is in particular important for the lung with its variable
volume. The aim of the present study was to investigate the three-dimensional (3D) ultrastructure of
the human alveolar epithelium focusing on contact sites and the basolateral cell membrane of AE2
cells using focused ion beam electron microscopy and subsequent 3D reconstructions. The study
provides detailed surface reconstructions of two AE1 cell domains and two AE2 cells, showing
AE1/AE1, AE1/AE2 and AE2/AE2 contact sites, basolateral microvilli pits at AE2 cells and small
AE1 processes beneath AE2 cells. Furthermore, we show reconstructions of a surfactant secretion
pore, enlargements of the apical AE1 cell surface and long folds bordering grooves on the basal AE1
cell surface. The functional implications of our findings are discussed. These findings may lay the
structural basis for further molecular investigations.

Keywords: lung; alveolus; type 1 alveolar epithelial cell; type 2 alveolar epithelial cell; focused ion
beam scanning electron microscopy; 3D reconstruction

1. Introduction

Type 1 alveolar epithelial (AE1) and type 2 alveolar epithelial (AE2) cells form the epithelial lining
of alveoli in the human lung. Both are essential for normal lung function: AE1 cells cover the majority
of the alveolar surface with thin cytoplasmic extensions that participate in a very thin blood gas barrier
and AE2 cells serve as the regeneration source for the alveolar epithelium and secrete the pulmonary
surfactant, which lowers the surface tension at the air liquid interface and, thus, prevents alveolar
collapse [1], see also [2]. In the past, it was suggested that these cells may show complex morphological
properties, such as having more than one apical surface for serving different alveoli or branching of
AE1 cells [3,4]. Sirianni et al. [5] described basolateral microvilli on AE2 cells for contacting interstitial
fibroblasts and AE1 cells that extend both above and underneath AE2 cells. In a recent study, three
entire AE1 cells were modeled in three dimensions (3D) by manual segmentation of a serial block-face
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(SBF) scanning electron microscopic data set of a human lung sample. Both the branching capability
and the chance of having more than one apical surface could be confirmed for AE1 cells by this
method. Additionally, the 3D data set revealed that different branches of the same cell can form cellular
junctions between each other [6]. During this study the questions arose how the sites of contacts both
between AE1 and AE1 and between AE1 and AE2 cells as well as the lateral borders of AE2 cells are
configured in 3D. The SBF data suggested a complex morphology of AE1/AE2 cell contacts, variable
overlap of adjacent AE1 cells and the existence of numerous microvilli that may appear clustered
in small niches of the basolateral AE2 cell surface, findings in line with those of Sirianni et al. [5]
and Mercurio and Rhodin [7,8]. A special 3D organization of the contact sites may be of relevance
for the mechanical stability (or behavior) and integrity of the alveolar epithelium during breathing
or the migration of cells from the interstitial space into the alveolus. Knowledge about the detailed
3D organization of the basolateral cell membrane of AE2 cells may help to understand the crosstalk
between AE2 and other cells of the septal wall.

While the SBF scanning electron microscope (SEM) used by Schneider et al. [6] has the advantage
that it can image rather large fields of view (FOV) and, thus, volumes with entire AE1 cells, it has
to live with a compromise in lateral and axial resolution. A high resolution combined with a large
FOV tremendously increases the scanning duration (see [9]) and/or may lead to beam damage at the
specimen because of exposure to the electron beam. The latter is in particular significant for lung
samples because of the small amount of conducting tissue in the epoxy resin block since the lung
primarily “consists of air”. Using lower section thicknesses fortifies this problem, cf. [10], so the
minimal section thickness as the major determinant of the z-resolution is also a limiting factor of SBF
SEM. Thus, for 3D evaluation of structural details, such as cellular junctions or microvilli, focused ion
beam (FIB) SEM with both a higher x-/y- and in particular higher z-resolution, appeared to be more
appropriate (consider the dimensions of microvilli and the section thicknesses in the aforementioned
studies: 80 nm in Schneider et al. [6], 100 nm in Sirianni et al. [5] and unknown in Mercurio and
Rhodin [7,8], for review of SBF SEM and FIB SEM, see [10–12]). As a consequence, after having
reconstructed entire AE1 cells by SBF SEM, we conducted the current study to explore the complexity
of the AE1 cell contact sites and the structure of the basolateral AE2 cell membrane using FIB SEM.
It was expected that the new insights into AE1 and AE2 cell ultrastructure would enhance our
functional understanding of the alveolar epithelium.

2. Results

2.1. Generation of the Data Set for 3D Reconstructions

After export, the data set comprised 2297 images with a size of 6663 × 4635 px2 and a pixel size of
5 nm. Based on the number of images and the penetration depth into the z-direction, an average section
thickness of 9.94 nm could be calculated, which is less than 1 % deviation from the desired thickness of
10 nm. Since the milling process and, thus, the section thickness, is an undulation around an average
and because the system needs a stabilization period after initiation of the image acquisition, the first
139 images were not accounted for in the calculation. This cut off was determined by qualitative
inspection of the z-advance at the beginning of the data set.

2.2. Segmentation and 3D Reconstructions

Two AE1 cell domains and parts of two AE2 cells in immediate topographic relationship were
segmented and reconstructed in 3D for the current work. The part of the dataset underlying the
segmentations comprises the images 378 to 1624 of the dataset. A global overview of the models is
given in Figure 1 and Table 1 indicates how many outlines per AE1 cell domain and AE2 cell were
manually segmented (12,623 in total). It should be noted at this point, that AE1 cells are obviously
capable of making cellular junctions with themselves [6], so it cannot be excluded that the two “AE1
models” are parts of one and the same cell. To account for this, we stick to the term AE1 cell domain(s)
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instead of AE1 cell(s), when we refer to the particular models. Apart from a few, very small portions,
the pink AE2 cell is completely included in the dataset and, thus, the model also comprises almost the
entire AE2 cell. The small “defects” because of missing portions can be seen in Figure 3.

#

*

Figure 1. Overview of the 3D model. The figure shows an overview of the 3D model from an alveolar
viewing direction. The model includes an almost complete type 2 alveolar epithelial (AE2) cell (pink)
and parts of another AE2 cell (green) as well as two type 1 alveolar epithelial (AE1) cell domains
(blue and yellow), which are labeled as AE2 and AE1, respectively. The filled arrowhead indicates a
deep recess between the pink and green AE2 cells as well as the yellow AE1 cell. The AE2 cells show
abundant microvilli on their surfaces but also plain parts (empty arrowhead on the pink AE2 cell,
for example). The luminal AE1 cell surface may also be plain at a certain spot (asterisk) or enlarged
somewhere else (hash key). Scale bar: 1μm.

Table 1. Number of outlines manually segmented for modeling.

Structure Number of Outlines

AE1 cell domain 1 (yellow) 2439
AE1 cell domain 2 (blue) 2683

AE2 cell 1 (pink) 5772
AE2 cell 2 (green) 1729

Total amount of outlines 12,623
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2.3. Epithelial Surface

The apical AE2 cell surface exhibits smooth areas surrounded by microvilli as described
previously [1]. The pink cell has two larger plain areas and one of them shows an open surfactant
secretion pore (Figure 2). (At this stage of exocytosis) the pore has a smaller diameter than the vesicle
under secretion, cf. [1]. The green AE2 cell shows a larger plain surface area in the recess between
the adjacent AE2 cells (Figure 1). Also the basolateral AE2 cell surface shows abundant microvilli.
In contrast to the luminal microvilli, they may appear clustered in small groups, located in small niches
of the cell surface. These microvilli are found both between adjacent epithelial cells (AE2 and AE2 or
AE2 and AE1), but also at gaps in the basal lamina, where they may reach interstitial cells (Figure 3).
They are even found above a continuous basal lamina (not shown).

The AE1 cell domains also exhibit a combination of smooth surface areas with surface
enlargements (Figures 1 and 4). In contrast to the AE2 cells, this enlargement is realized primarily by
protrusions of the plasma membrane filled with cytoplasm. However, some microvilli are found here
as well, which can be identified by their regular structure and inner architecture of the cytoskeleton.
Some microvilli may share a common basis and some seem to rest on surface protrusions. Both AE1
cell domains show grooves bordered by cellular folds on their basal surface. These grooves stretch
across the cells in a relatively orientated fashion along space. Beneath the groove of the yellow AE1
cell domain primarily extracellular matrix is found while it is primarily capillary endothelium beneath
the blue cell domain (Figure 5). Additionally, the AE1 cells show abundant caveolae and it is the basal
compartment that seems to house most of them (Figure 5B).

A B C

* *

Figure 2. Luminal AE2 cell surface and surfactant secretion pore. (A) Detail from image 884 which
shows an open surfactant secretion pore (arrowhead) and remnants of a lamellar body inside (asterisk).
In this image the opening is much smaller than the profile diameter of the vesicle under secretion. (B)
3D model of the AE2 cell with the secretion pore (arrowhead) and the remnants of the lamellar body
inside (yellow, asterisk). Note the plain cell surface in this area. (C) Same image content as in B but
with a transparent cell body, which reveals the entire remnant of the lamellar body and indicates the
size of the secretory vesicle (circumference marked by arrowheads), the projection of which is much
larger than the secretion pore. Scale bars: 1μm. The black lines in B and C indicate the position of the
section plane of A.
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AB C

Figure 3. Basolateral surface of AE2 cells. (A) Segmented electron micrograph (image 988 of the
data set). The micrograph shows the segmentations of the pink and green AE2 cell as well as of
the yellow AE1 cell domain with opaque outlines and transparent filling. Microvilli can be found at
different sites of the AE2 cell, three of them are indicated on the micrograph: towards the adjacent
green AE2 cell, which also shows microvilli at this site (filled arrowheads 2 and 3), towards the yellow
AE1 cell domain (filled arrowhead 4), towards an interstitial cell (hash key) through a hole in the
basal lamina (filled arrowhead 5). Turquoise circles indicate the lateral luminal cell border of the pink
AE2 cell (empty arrowheads). The position at empty arrowhead 1 is found in the 3D model in C.
The dotted line indicates the profile of the groove depicted in B. (B) 3D Model of the pink and green
AE2 cells. The position of the segmented electron microscopic (EM) plane in A is indicated in black
and the lateral luminal cell borders of the pink and green AE2 cells are indicated by turquoise and blue
delineations, respectively (empty arrowheads; note that the positions do not correspond to the empty
arrowheads in A). The pink AE2 cell has only one luminal surface. Note the abrupt appearance of a
dense microvilli lawn on the luminal surface in some areas (asterisk). Filled arrowhead 5 indicates
the region of the corresponding arrowhead 5 in A. Note also the surrounding basolateral microvilli,
which may appear in larger groups. Two sites of basolateral groups of microvilli on the green cell
are indicated (unnumbered filled arrowheads). Note the long and mostly smooth groove of the pink
AE2 cell surface (dotted line). (C) Opaque 3D model of the pink AE2 cell and transparent models of
the green AE2 cell and the yellow AE1 cell domain. The position of the segmented EM plane in A
is indicated in black. The transparency of the yellow AE1 cell domain and the green AE2 cell enable
visualization of intercellular microvilli. Numbered arrowheads correspond to the arrowheads in A:
Filled arrowhead 2 and 3: Microvilli between the pink and green AE2 cells. Filled arrowhead 4: AE2
microvilli towards the yellow AE1 cell domain. The unnumbered filled arrowhead indicates another
region with AE2 microvilli under the yellow AE1 cell domain. The lateral luminal AE2 cell borders are
indicated by turquoise and blue delineations (cf. B). Empty arrowhead 1 refers to the corresponding
empty arrowhead in A. Black arrows indicate the small parts of the cell where the cell extends beyond
the available dataset. Scale bars: 1μm.
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Figure 4. Luminal surface of AE1 cells. (A–C) Images 1172, 1348 and 1520 of the dataset.
Filled arrowheads 1 and 2 (A) indicate profiles of microvilli. Filled arrowheads 3 and 4 (B) indicate
microvilli with a shared basis. Empty arrowheads 5 and 6 (A) and 7–10 (C) indicate profiles of plasma
membrane protrusions filled with cytoplasm. The hash key indicates a region with smooth AE1
luminal surface. (D) Detail of the 3D model. Arrowheads and hash key refer to the particular profiles
in A–C. The particular section planes 1172, 1348 and 1520 are labeled and emphasized by black color
in the model. The different thickness of these black markings is caused by different segmentation
intervals in these regions. Note the smooth surface of the cell in the center of the image and the surface
enlargements around. Some of them seem to be concentrated in a surface cavity (asterisk). Scale bars:
1μm.
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Figure 5. Basolateral surface of AE1 cells. (A) Detail of the segmented EM plane 1384 including parts
of the yellow AE1 cell domain. At the basal side, small folds may appear which create a groove-like
profile with the concavity pointing towards the interstitial space. The groove beyond the epithelium is
filled with extracellular matrix (arrowhead 1). (B) A similar situation is found at the basal side of the
blue AE1 cell domain, but here the groove is filled with capillary endothelium (arrowhead 2). Note the
densely packed caveolae, which appear to be predominantly located in the basal compartment of the
cell (asterisk). (C) View on the basal side of the 3D model. The model reveals that indeed the AE1 cell
domains form grooves on their basal side, which are bordered by cellular folds. The groove in the AE2
cell surface, which has been already described in Figure 3, is also indicated by a dotted line. The EM
plane 1384 is indicated by black color. Scale bars: 1μm.

2.4. Sites of Cell Contacts

The AE1 cell domains contact each other with or without overlap. At a certain point, they may
simply prod against each other (edge to edge), while a few micrometers further one cell domain slips
under the other. Directly at the site of contact they may bulge out into the alveolus (Figures 6–8). On
the basolateral side, cellular processes may interdigitate with the neighbor cell domain, while the
luminal edges appear more regular (Figure 9).
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At the contact site to AE2 cells, AE1 cells may simultaneously both crawl up and beneath AE2
cells. This is achieved by a y-shaped branching pattern with one branch crawling up and the other
branch crawling beneath the AE2 cell. In 3D, this behavior reminds of a bowl partially enwrapping
the AE2 cell (Figure 10). Additionally, the AE1 cells may send out thin, finger-like processes into the
space between the AE2 cells and the underlying basal lamina. Such processes can be found in close
proximity to AE2 microvilli (Figure 11).

The two AE2 cells contact each other edge to edge, with niches of microvilli facing each other
(Figure 12).

1603

1987

2179

2251

*

*

*

*

0.74 μm

1.90 μm

3.82 μm

B

A

C

D
Figure 6. AE1/AE1 contact. (A–D) show the x-plane reconstructions 1603, 1987, 2179 and 2251 of the
data set (lateral view on the dataset) on the left side of the panel and a clipped model of the yellow and
blue AE1 cell domains on the right side of the panel. The transect plane in the foreground corresponds
to the EM plane on the left side. The site of cell contact is indicated by arrowheads. The distance
between the different transect planes is indicated in micrometers between the models. Note how the
yellow AE1 cell domain slips under the blue cell domain in A and C while the cell domains in B and D
meet each other just edge to edge. Note also the bulging of the cell domains into the alveolar lumen at
the contact site (asterisks on the EM images). Scale bars: 1μm.

168



Int. J. Mol. Sci. 2020, 21, 1089

BA

C D
Figure 7. AE1/AE1 contact. (A,B) show the yellow and blue AE1 cell domain with their alveolar
surfaces. On each image one of both cell domains is shown transparently (A: yellow, B: blue) to
visualize overlap. Images (C,D) follow the same principle but show the basolateral surfaces. Scale bars:
1μm.
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airspace

septal wall

Figure 8. AE1/AE1 contact. The image shows the contact of parts of the yellow and blue AE1 cell
domains. The blue cell domain in the foreground is displayed transparently to enable visualization of
the yellow AE1 cell domain. Note how the yellow AE1 cell domain slips beneath the blue cell domain.
Scale bar: 1μm.

BA
Figure 9. AE1/AE1 contact. (A,B) again show the yellow and blue AE1 cell domain from a luminal
(A) and a basolateral (B) perspective but without transparency. Note the irregular contact site on the
abluminal side compared to the luminal side caused by interdigitating cell processes. Compare in
particular the region emphasized by the ellipse. Scale bars: 1μm.
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A

B

C
Figure 10. AE1/AE2 contact. (A) 3D model of the two AE1 cell domains and AE2 cells. AE2 cell models
are transparent to enable visualization of the yellow AE1 cell domain behind the AE2 cells. AE1 cells
may branch at the edge of an AE2 cell and extend their branches beneath and over the AE2 cell to
form a bowl-like structure that enwraps the AE2 cell partially. The yellow AE1 cell domain forms a
bowl at the edge of the pink AE2 cell (behind the transparent AE2 cell model). Note also the y-shaped
branching of the blue AE1 cell domain and its extension beneath the pink AE2 cell (arrow). The black
line indicates the position of the transect image in B. (B) Reconstruction of the y-plane (lateral view
on the dataset) at the position indicated by the black line in A. The profiles of the yellow AE1 cell
domain and the pink AE2 cell are indicated by yellow and pink outlines. Note the y-shaped profile
of the yellow AE1 cell domain. The surface of the yellow AE1 cell domain (“inner surface” of the
bowl) looked at in A and C is indicated by arrowheads. (C) 3D model of the yellow and blue AE1 cell
domain transected by the y-plane shown in B. The different angle of view compared to A facilitates
the imagination of a bowl formed by the yellow AE1 cell domain. The arrowhead indicates where the
image plane transects the bowl of the yellow AE1 cell domain. Scale bars: 1μm.
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Figure 11. AE1/AE2 contact. (A) Detail of segmented image 1208. The image shows the segmentation
of the pink and green AE2 cells as well as of the yellow and blue AE1 cell domain. Note the very small
profiles of the yellow AE1 cell domain (arrowheads 1–5) and the small profile of the blue AE1 cell
domain (arrowhead 6). These will probably be overseen if only single images are investigated. If they
are recognized, it will almost be impossible to assign them to different cells (compare B). Only the
sequence of images reveals their belonging. (B) The same EM image as in A but without segmentations.
(C) 3D Modell of the yellow and blue AE1 cell domain as well as the pink and green AE2 cell with a
view on the basolateral cell surfaces. The 3D model reveals that the labeled profiles in A belong to small
and thin AE1 processes that crawl along the surface of the pink AE2 cell. The numbered arrowheads
correspond to the arrowheads in A. Note also the processes of the yellow cell domain along the green
AE2 cell. Some of the processes are found in close proximity to AE2 cell microvilli (asterisks). Scale
bars: 1μm.
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#
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B
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Figure 12. AE2/AE2 contact. (A) EM image 1112. The image shows the green (top) and pink (bottom)
AE2 cell contacting each other. Both cells show niches with microvilli on their basolateral surface
facing each other (filled arrowheads). Between both cells also parts of the yellow AE1 cell domain are
found (asterisk). The alveolar lumen is indicated by the hash key and the basal lamina by an empty
arrowhead. (B) 3D model of the pink and green AE2 cell as well as the yellow and blue AE1 cell
domains. The image plane of A is indicated in black. Arrowheads correspond to the arrowheads in
A. The borders of the luminal/abluminal surface of the AE2 cells are indicated by turquoise (pink
cell) and blue lines (green cell) (cf. Figure 3). The pink AE2 cell and its luminal/abluminal border are
displayed transparently to visualize the green AE2 cell and yellow AE1 cell domain behind as well as
the luminal/abluminal border of the green AE2 cell. Note the well defined niches with microvilli on
the basolateral surface of the green AE2 cell (black arrowheads). Scale bars: 1μm.
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3. Discussion

Volume electron microscopic (EM) techniques for 3D modeling of biological structures, including
“conventional” techniques like single sectioning transmission electron microscopy (ssTEM) and “new”
techniques like SBF SEM and FIB SEM, have been reviewed extensively recently, e.g., [9–13] and some
of them have already been used for 3D reconstructions of lung structure: ssTEM [5,7,8,14]; electron
tomography [15]; array tomography [16] and SBF SEM [6,11]. Even FIB SEM has been applied [17–19],
but the study of Købler et al. was rather focused on testing an alternative method to diamond
knife ultramicrotomy and transmission electron microscopic imaging of nanotubes; the review of
Ochs et al. gave an outlook on the potential of this technique in lung research; and Hegermann et
al. demonstrated a method for correlative light and electron microscopy. Kremer et al. [11] showed
a FIB SEM-based reconstruction of a small part of a human A549 cell. Here, to our knowledge, we
provide the first extensive study of the alveolar epithelial 3D ultrastructure based on FIB SEM in a
human lung sample. We were able to reconstruct an almost complete AE2 cell with two adjacent AE1
cell domains as well as a part of a neighboring AE2 cell. The model shows detailed reconstructions of
the epithelial surface, including a surfactant secretion pore on an AE2 cell, enlargements of the apical
AE1 cell surface, long folds bordering grooves on the basal AE1 cell surface, AE1/AE1, AE1/AE2 and
AE2/AE2 contact sites, basolateral microvilli pits at AE2 cells and small AE1 processes beneath AE2
cells. The functional relevance of these findings will be discussed below.

AE1 cells seem to be responsible for the majority of fluid transport across the alveolar
epithelium [20–22]. According to Dobbs et al. [20] different sodium channels (highly selective
Na+ channel (HSC), non-selective Na+ channel (NSC) and cyclic nucleotide-gated channel (CNG)),
the cystic fibrosis transmembrane regulator (chloride channel), potassium and water (Aquaporin 5)
channels and Na+/K+ATPases are involved in that. The surface enlargements of the AE1 cell domains
shown here may serve as a membrane compartment housing the particular transport proteins and,
thus, be the ultrastructural correlate of liquid absorbtion.

Interestingly, when looking at Figure 4, one gets the idea, that the surface in a septal concavity
is rich in these surface enlargements, while they seem to be reduced or even absent on convexities.
Concave niches are filled with the (liquid) hypophase of surfactant [1,7] and these “puddles” may be
the sites where most of the fluid absorption takes place. Microvilli on AE1 cells have been described
previously [20] and were also found during cat lung development [8,14].

Fixation (cf. the studies of Gil et al. [23], Oldmixon et al. [24] and Oldmixon and Hoppin Jr. [25]
or long-term storage can lead to microscopic artefacts. The following arguments, however, indicate
that the non-microvillus surface enlargements are a real biological phenomenon: (1) The cytoplasm
within these excrescences is quite electron dense, while lytic cell parts regularly appear electron light.
(2) The surface enlargements seem to be concentrated at certain spots, while other areas remain smooth.
(3) Microvillus-like surface irregularities without obvious microfilaments have also been described by
Mercurio and Rhodin [7] in the cat. (4) Surface irregularities on AE1 cells can also be seen on some
scanning electron micrographs in textbooks or other articles [1,3,5,26,27].

Another explanation for the surface irregularities was given by Mercurio and Rhodin [7], who
suggested that they are incorporated into the cell membrane during inflation. This was concluded,
because they also found a cell with a rather smooth surface, where they thought that the flatness was
caused by trapped air in the airspaces. If this interpretation is true, however, then also the basolateral
cell membrane needs membrane reserves, since the apical and basolateral membranes are separated
by tight junctions [28]; Sirianni et al. [5] also mentioned the existence of discontinuous tight junctions.
Such reserves could be provided by the cytoplasmic folds of the basolateral cell membrane or by the
AE1 cell branches beneath the AE2 cells shown by our models.

The basal AE1 cell membrane folds, however, could also serve as mechanical stabilization, i. e.,
anchoring the epithelium in the septal wall by interdigitation with the interstitium to resist shearing
forces. This principle is well established for the skin, where connective tissue papillae or ridges of the
dermal papillary layer interdigitate with the epidermis at the dermal-epidermal junction [29] (p. 147).
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With respect to AE1/AE1 cell contacts in the cat lung, Mercurio and Rhodin [7,8] described the
possibility that adjacent cells may show alternating overlap or meet edge to edge. Our data suggest that
this is also true for the human lung, even if the images and models shown here only demonstrate a clear
overlap with the blue cell domain on top of the yellow cell or edge to edge contacts (Figures 6 and 7).
What is the functional relevance of this overlap? Overlap per se enhances mechanical stability but
additionally enlarges the contact area; in particular it may enlarge the available “contact area” for
important cell junctions like the relatively wide (see [1,30]) tight junctions and/or gap junctions,
for review, see [31]. The latter have been described to be in close topographic relation to the occluding
junctions [30]. Mercurio and Rhodin [7] suggested that the overlap may change during breathing.

With respect to the AE1/AE2 contacts, we could confirm and extend our SBF-based presumption
and Sirianni et al’s [5] data that AE1 cells may extend both under and on the AE2 cells. Our data set
and model revealed a y-shaped branching pattern in 3D (cf. Figure 2 of [5]) and additionally added
that AE1 cells may extend various thin foot processes under AE2 cells.

Branches beneath AE2 cells may serve as membrane reserve during inspiration (see above).
This may also be an explanation for the foot processes, but these may also be structural correlate
of cellular interaction: Sirianni et al. [5] demonstrated linkage of AE1 and AE2 cells with interstitial
fibroblasts via holes in the basal lamina, which seem to be primarily located beneath AE2 cells and
Nabhan et al. [32] demonstrated that Wnt signaling between fibroblasts and alveolar epithelial stem
cells (a small fraction of distinct AE2 cells) is necessary to maintain their stem cell status. Eventually,
the small AE1 processes “look for” those holes for linkage to interstitial fibroblasts. Alternatively,
the close proximity of these processes to AE2 microvilli pits in some cases (see Figure 11) could indicate
exchange of material (too large for gap junctional transport) from AE1 to AE2 cells or vice versa (or
fibroblasts).

These microvilli pits of AE2 cells, however, were also found towards other cell types (i.e. the other
AE2 cell or interstitial cells (see Figure 3). Interestingly, they were also found above an intact basal
lamina (not shown). Proximity to cells and holes in the basal lamina suggests a role in intercellular
communication, material exchange or sensory functions. Localization above a closed basal lamina may
be the structural correlate of basal lamina turnover or the initiation of creating a hole for consecutive
subepithelial communication.

Summing up, the current FIB SEM study of a human lung sample provided new insights into the
human alveolar epithelial cell morphology and topography. Our model reveals detailed reconstructions
of the alveolar epithelial surface, including a surfactant secretion pore on an AE2 cell, enlargements
of the apical AE1 cell surface, long folds bordering grooves on the basal AE1 cell surface, AE1/AE1,
AE1/AE2 and AE2/AE2 contact sites, basolateral microvilli pits at AE2 cells and small AE1 processes
beneath AE2 cells. These data may serve as morphological blueprint for molecular investigations of
alveolar epithelial biology.

4. Materials and Methods

4.1. Sample Preparation

An archival sample of a human lung [33], kindly provided by Professor Ewald R. Weibel (Institute
of Anatomy, University of Berne, Berne, Switzerland), was used for the current study. The sample
was prepared as described previously [6] following a modified protocol from Deerinck et al. [34] to
enhance membrane contrast, cf. also [16]:

In brief, the fixed sample was rinsed in 0.15 M HEPES buffer followed by 0.1 M cacodylate buffer
and subsequently postfixed by reduced osmium tetroxide (OsO4) (1.5 % hexacyanoferrate II, 1 % OsO4

in 0.1 M cacodylate buffer) in the dark for half an hour. The sample was then washed in double distilled
water (ddH2O), infiltrated with 1 % thiocarbohydrazide in ddH2O for 20 min and washed again in
ddH2O before it was once more postfixed by 1 % OsO4 in ddH2O in the dark for half an hour. After
washing in ddH2O the sample was block stained overnight in the dark at 4 ◦C in an aqueous half
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saturated uranyl acetate solution, followed by a washing step in ddH2O and block staining by Walton’s
lead aspartate at 60 ◦C for half an hour. After washing in ddH2O, the sample was dehydrated in an
ascending series of acetone (70 %, 90 % and 100 %) and finally embedded in Durcupan (Sigma-Aldrich
Chemie GmbH, Munich, Germany).

The sample was trimmed and an ultrathin section (60 nm) was generated to look for appropriate
regions of interest in a conventional transmission electron microscope (Morgagni 268, FEI, Eindhoven,
Netherlands) for imaging with the FIB SEM.

The Durcupan block was mounted in a slotted SEM specimen holder and the sides were covered
with conductive silver (Plano, Wetzlar, Germany) before the sample was sputtered with a 20 nm gold
layer (Quorum Q150R ES sputter coater; Quorum Technologies Ltd, Laughton, East Sussex, United
Kingdom), cf. [17].

4.2. FIB SEM Data Set Acquisition

The prepared specimen with the region of interest (ROI) was approached with a Zeiss Crossbeam
540 (Carl Zeiss Microscopy GmbH, Jena, Germany) at 20 kV acceleration voltage. A deposition of
platinum and the generation of carbon-highlighted marks on the area of interest enabled adequate
handling, tracking, autofocus and autostigmation during the acquisition process. Finally, using the
Inlens Secondary Electron (SE) and the Energy selective Backscattered (EsB) detector (grid voltage
800 V), a z-stack of 2297 images, each showing a ROI of 33μm × 20μm was generated (pixel size 2 nm,
section thickness 10 nm). Image acquisition was performed at 1.5 kV with 1.0 nA using the ATLAS
software package (Carl Zeiss Microscopy GmbH, Jena, Germany) accompanying the microscope,
cf. [17]. For later segmentations and 3D reconstructions a cropped data set was exported from the
ATLAS software package with a pixel size of 5 nm and an Inlens SE to EsB detector ratio of 80 % to 20 %.

4.3. Segmentations and 3D Reconstructions

For segmentations and 3D reconstructions 3dmod (part of the iMOD package [35]) was used:
After import of the data set, the cells or cell parts of interest were segmented by manually tracing their
outlines on the FIB SEM images. As a basic algorithm the structures were segmented on every fourth
image. If the complexity of structure and/or the modeling, however, required a narrower segmentation
interval, also sections in between the first and fourth image (up to every image) were segmented.
The stack of contours was then used by 3dmod to generate 3D models of the segmented structures.
For the AE2 cells also the luminal-abluminal border as an approximation of the apical/basolateral
surface border was segmented by tracing the luminal edges of the alveolar cell surface through the
z-Stack, cf. [6].

4.4. Figure Preparation

Figures were prepared in the GNU Image Manipulation Program (gimp 2.10.12; www.gimp.org
[accessed on 23 September 2019]) after having created snapshots with 3dmod.

For a general overview of sample preparation techniques and the volume EM workflow, see [10].
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Abbreviations

The following abbreviations are used in this manuscript:

AE1 Type 1 alveolar epithelial
AE2 Type 2 alveolar epithelial
3D Three dimensions/-dimensional
SBF Serial block-face
SEM Scanning electron microscope/microscopy
FOV Field of view
FIB Focused ion beam
EM Electron microscopic
HSC Highly selective Na+ channel
NSC Non-selective Na+ channel
CNG Cyclic nucletide-gated channel
ssTEM Single sectioning transmission electron microscopy
OsO4 Osmium tetroxide
ddH2 Double distilled water
ROI Region of interest
SE Secondary electron
EsB Energy selective Backscattered
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Abstract: Background: Polystyrene nanoparticles (PNP) are taken up by primary rat alveolar
epithelial cell monolayers (RAECM) in a time-, dose-, and size-dependent manner without involving
endocytosis. Internalized PNP in RAECM activate autophagy, are delivered to lysosomes, and undergo
[Ca2+]-dependent exocytosis. In this study, we explored nanoparticle (NP) interactions with
A549 cells. Methods: After exposure to PNP or ambient pollution particles (PM0.2), live single
A549 cells were studied using confocal laser scanning microscopy. PNP uptake and egress were
investigated and activation of autophagy was confirmed by immunolabeling with LC3-II and LC3-GFP
transduction/colocalization with PNP. Mitochondrial membrane potential, mitophagy, and lysosomal
membrane permeability (LMP) were assessed in the presence/absence of apical nanoparticle (NP)
exposure. Results: PNP uptake into A549 cells decreased in the presence of cytochalasin D, an inhibitor
of macropinocytosis. PNP egress was not affected by increased cytosolic [Ca2+]. Autophagy activation
was indicated by increased LC3 expression and LC3-GFP colocalization with PNP. Increased LMP
was observed following PNP or PM0.2 exposure. Mitochondrial membrane potential was unchanged
and mitophagy was not detected after NP exposure. Conclusions: Interactions between NP and
A549 cells involve complex cellular processes leading to lysosomal dysfunction, which may provide
opportunities for improved nanoparticle-based therapeutic approaches to lung cancer management.
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1. Introduction

Nanoparticle (NP) exposure has been reported to induce stress in various cells and tissues [1–4].
The cellular response to NP exposure is dependent on the chemical (e.g., components and surface
charge) and physical (e.g., shape and size) characteristics of NP [5–9]. Due to the heterogeneity of the
physicochemical properties of NP, it is difficult to generalize their effects in cells. However, it has been
reported that NP exposure of cells and tissues affects functions of various intracellular organelles (e.g.,
mitochondria and endoplasmic reticulum (ER)) [4,10–12]. The involvement of lysosomes in cellular
stress (especially in lung alveolar epithelial cells (AEC)) in response to inhaled NP may be especially
important in the pathogenesis of chronic lung disease.

Following internalization of foreign materials (e.g., proteins, bacteria, virus and (nano)particles),
autophagy is activated as part of cellular defense mechanism(s) [13]. Autophagy is a catabolic process
that helps maintain cellular homeostasis by removing excess, harmful, damaged, or foreign cellular
components [14,15], although autophagy may play different roles in cancer versus normal cells, leading
to either cell survival or death [16–18]. During autophagic processing, autophagosomes are formed to
separate the target cytosolic component(s) from the remainder of the cell [19]. The autophagosome then
delivers its cargo to the lysosome via autophagosome-lysosome fusion. Intracellular NP have been
reported to activate autophagy [20], and NP localized inside (auto)lysosomes were shown to induce
alteration(s) in lysosomal function [21]. Inhalation of airborne pollution particles (including those
overlapping in size with nanoparticles) may contribute to chronic diseases (e.g., chronic obstructive
pulmonary disease and pulmonary fibrosis) [22], although the mechanisms by which this occurs are
not well understood [23,24].

A549 is a continuous cell line derived from a human pulmonary adenocarcinoma that is widely used
as a model of mammalian lung alveolar epithelial type II cells. Various ultrastructural characteristics
of A549 cells are similar to those in type II pneumocytes. Phospholipid composition of the A549 cell
line has been shown to be similar to that of primary isolates of type II cells [25].

In this study, ambient air pollution particles (PM0.2, diameter <0.2 μm) and polystyrene
nanoparticles (PNP) were used to investigate their intracellular handling/fate and their effects on A549
cells. PM0.2 contain nanoparticles (defined as particles whose size at least in one dimension is �100 nm)
that may contribute to cellular health effects (including development of chronic lung diseases). PNP
are engineered nanoparticles that are relatively nontoxic and non-metabolizable, making them suitable
for studies of nanoparticle interactions/kinetics. They are useful especially for live cell imaging by
taking advantage of their fluorescent labels. Utilizing NP (i.e., PM0.2 and 20 nm carboxylated PNP)
and A549 as a model type II pneumocyte, we investigated in this study the internalization mechanisms,
egress characteristics, and intracellular NP fate/handling/effects. We found that apical NP exposure of
A549 cells leads to activation of autophagy and increased lysosomal membrane permeability (LMP)
without mitochondrial dysfunction.

2. Results

2.1. Live Cell Imaging of Intracellular PNP in A549 Cells

At 24 h of apical PNP exposure of A549 cells, PNP (in red) accumulated in intracellular vesicles
(Figure 1), while diffuse cytosolic PNP distribution was also seen. Plasma membranes of A549 cells
were labeled by Dylight 488-conjugated tomato lectin (in green).
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Figure 1. Intracellular accumulation of polystyrene nanoparticles (PNP) in A549 cells. Apical exposure
of A549 cells to PNP at 80 μg/mL for 24 h led to accumulation of PNP (red) in intracellular vesicles,
while diffuse distribution of PNP in cytosol was also seen. Plasma membranes of A549 cells were
labeled by Dylight 488-conjugated tomato lectin (green). Scale bar is 10 μm.

2.2. Mechanism(s) of PNP Entry into A549 Cells

Nocodazole (an inhibitor of microtubule polymerization) decreased intracellular PNP content
by 17% and cytochalasin D (CCD) decreased intracellular PNP content by 57%, indicating that
macropinocytosis played a role in PNP entry into A549 cells (Figure 2). Clathrin-mediated endocytosis
did not appear to be involved in PNP internalization, as monodansylcadaverine (MDC) failed to
decrease intracellular PNP content (Figure 2). Further evidence for endocytic internalization of PNP
into A549 cells was provided by colocalization of PNP with early endosomes that were pre-transduced
with a Rab5-GFP vector (Figure 3).

Figure 2. Relative changes in intracellular PNP content in A549 cells in the presence or absence (control)
of endocytosis inhibitors after 24 h of apical PNP exposure. Monodansylcadaverine (MDC, an inhibitor
of clathrin-mediated endocytosis) failed to decrease intracellular PNP content, whereas cytochalasin D
(CCD, an inhibitor of macropinocytosis) and nocodazole (an inhibitor of microtubule polymerization)
decreased intracellular PNP content by 60% and 17%, respectively. * p < 0.05 compared to control.
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Figure 3. Colocalization of early endosome marker Rab5a-GFP with PNP in A549 cells. A549 cells were
transduced for 2 h with an early endosome marker (Rab5a-GFP, green) and apically exposed thereafter
to PNP (red) for 24 h. Colocalization (arrowheads, yellow) of PNP with Rab5a-GFP-positive vesicles
was observed in some of the vesicles. Contours of cells were added (dotted lines) on the basis of the
cell plasma membrane marker Dylight 405-conjugated tomato lectin (blue). Images are representative
of 4–5 observations. Scale bar is 10 μm.

2.3. PNP Egress from A549 Cells

A549 cells were apically exposed to PNP (80 μg/mL) for 12 h, followed by washing with fresh cell
culture fluid. Intracellular PNP content was assessed over time for up to 24 h thereafter. Intracellular
PNP content of A549 cells decreased ~90% over 24 h (Figure 4). The egress profile in the continued
presence of 10 μM apical ATP was not significantly different from that without ATP (Figure 4a), despite
repeated elevations in cytosolic [Ca2+] due to brief (2.5 min) ATP stimulation (Figure 4b).

Figure 4. PNP egress from A549 cells. (a) A549 cells were apically exposed to PNP for 12 h, followed by
washing with fresh culture fluid and assessing intracellular PNP content at designated time points for
up to 24 h thereafter. When 10 μM ATP was applied apically to A549 cells at time zero and remained
present throughout the entire experiment, no difference in PNP egress kinetics between control (no
stimulation) and ATP-treated A549 cells during egress was observed. n = 4–6 for each time point.
(b) Representative recording of oscillations in intracellular [Ca2+] detected upon 2.5 min presence of
10 μM ATP in the apical bathing fluid of A549 cells. Different colors represent intracellular [Ca2+]
observed in two different A549 cells.

2.4. Intracellular NP Processing in A549 Cells

We investigated the involvement of autophagy in intracellular processing of NP. A549 cells were
preincubated with an inhibitor (e.g., 40 μM chloroquine) of fusion of autophagosomes with lysosomes
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for 30 min prior to apical NP (PNP at 80 μg/mL or PM0.2 at 1 μg/mL) exposure, followed by exposure
to NP (PNP or PM0.2) for 24 h in the continued presence of chloroquine. Immunolabeling for LC3-I/II
of NP-exposed and chloroquine-treated A549 cells showed that the intracellular presence of NP led to
activation of autophagy (Figure 5). This finding was confirmed in live LC3-GFP-transduced A549 cells
(subsequently treated with chloroquine as well), where colocalization of PNP with LC3-GFP-positive
intracellular vesicles (i.e., autophagosomes) was found (Figure 6).

Figure 5. Apical nanoparticle (NP) exposure induced activation of autophagy in A549 cells. A549 cells
were preincubated with chloroquine (40 μM, 30 min) and exposed thereafter to NP (PNP or ambient air
pollution particles (PM0.2)) for 24 h in the continued presence of chloroquine, followed by assessment
of LC3 expression by immunolabeling. LC3 expression (red) was detected in NP-exposed A549 cells.
No or very low level of LC3 expression was found in control cells not exposed to NP. Plasma membranes
of A549 cells were labeled by Dylight 488-conjugated tomato lectin (green), whereas nuclei were labeled
by Hoechst 33342 (blue). Images are representative of 4–5 observations. Scale bars are 25 μm.

 

Figure 6. Colocalization of PNP with LC3-GFP in A549 cells. Following transduction of A549 cells
with the autophagosome marker LC3-GFP construct for 2 h, cells were preincubated with chloroquine
(40 μM) and apically exposed thereafter to PNP for 24 h in the continued presence of chloroquine.
Colocalization of PNP (red) with LC3-GFP-positive vesicles (green) was observed. Contour of cell was
added (dotted line) on the basis of the cell plasma membrane marker Dylight 405-conjugated tomato
lectin (blue). Images are representative of 4–5 observations. Scale bar is 10 μm.

Since autophagic processing of intracellular NP might affect the intracellular content of NP,
we assessed intracellular PNP content in A549 cells in the presence of pharmacological inhibitors of
autophagy. When autophagosome formation was inhibited by 3-methyladenine (3-MA), intracellular
PNP content decreased by 38%, whereas impaired autophagic flux (in the presence of bafilomycin)
resulted in a 64% decrease in intracellular PNP content, compared to that in control A549 cells at 24 h
post-exposure (Figure 7).
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Figure 7. Effects of autophagy inhibitors on intracellular PNP content in A549 cells at 24 h
post-exposure to PNP. Intracellular PNP content in A549 cells was reduced by 38% and 64%,
respectively, when autophagosome formation was inhibited with 3-methyladenine (3-MA) or
autophagosome-lysosome fusion was inhibited with bafilomycin. Data are normalized to control. * p <
0.05 compared to control.

2.5. Assessment of NP Exposure-Induced Lysosomal Dysfunction

Colocalization of PNP (red) and lysosomes (green) was observed (Figure 8). PNP were also seen
in A549 cells without colocalization with Lysotracker Green. PNP is non-metabolizable and likely
to accumulate in lysosomes if intact lysosomal membranes are maintained. Acridine orange (AO) is
known to accumulate in lysosomes and can be released upon lysosomal injury (e.g., derangement
of lysosomal membrane integrity). When A549 cells were apically exposed to PNP or PM0.2 for
24 h, increased presence of AO in cytosol and nucleus was seen, indicating that LMP was increased
(Figure 9).

 

Figure 8. Colocalization of PNP with lysosomes in A549 cells. At 24 h post exposure to PNP, lysosomes
in A549 cells were labeled with Lysotracker Green (green). Colocalization (yellow; arrowheads) can be
seen between PNP (red) and Lysotracker Green in some of the vesicles in the perinuclear area. Plasma
membrane of A549 cells was labeled by Dylight 405-conjugated tomato lectin (blue or shown with
dotted line). Images are representative of 4–5 observations. Scale bar is 10 μm.
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Figure 9. Detection of increased lysosomal membrane permeability (LMP) using acridine orange (AO)
in A549 cells. (a) Increased LMP was detected when AO (green; ex/em: 488/500–525 nm) intensity
in lysosomes was decreased along with increased AO intensity in cytoplasm and nucleus. In “no
NP” panels, A549 cells showed virtually no detectable nuclear AO signal. A549 cells pretreated
with ciprofloxacin (CPX, 150 μM for 24 h, without NP exposure) as positive control exhibited AO
accumulation in both nucleus (arrow) and cytoplasm (arrowhead). NP (PNP or PM0.2) exposure also
led to AO accumulation in cytoplasm and nucleus. Contours of cells were added (dotted line) on the
basis of the cell plasma membrane marker Dylight 405-conjugated tomato lectin (blue). Scale bars are
20 μm. (b) When A549 cells were apically exposed to either PNP or PM0.2 for 24 h, increased LMP
index (AO green fluorescence intensity in cytoplasm and nucleus/total cellular AO green fluorescence
intensity) was found to be similar to that of positive control (CPX). n = 4–6. * p < 0.05 compared
to control.

2.6. NP Exposure and Mitochondrial Function in A549 Cells

Mitochondria were labeled with the mitochondrial membrane potential sensitive fluorescent dye
tetramethylrhodamine methyl ester (TMRM). When A549 cells were apically exposed to PNP or PM0.2
for 24 h, no change in mitochondrial membrane potential was observed (Figure 10). To confirm these
data, we also used the Mtphagy dye, which is capable of staining damaged mitochondria (undergoing
mitophagy and being delivered to lysosomes). No colocalization of the Mtphagy dye and LI lysosome
marker dye was found, indicating that 24 h of apical exposure of A549 cells to PNP or PM0.2 did not
lead to cellular stress involving mitochondrial dysfunction (Figure 11).
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Figure 10. Effect of apical NP exposure for 24 h on mitochondrial membrane potential in A549 cells.
Mitochondrial membrane potentials were normalized to the corresponding controls (i.e., not exposed to
either NP or carbonyl cyanide 4-(trifluoromethoxy)phenylhydrazone (FCCP)). Mitochondrial membrane
potential was nearly abolished in the presence of FCCP (1 μM, positive control), whereas it did not
decrease following 24 h of apical exposure to PNP or PM0.2. * p < 0.05 compared to control.

 

Figure 11. Absence of mitophagy in NP-exposed A549 cells. Mitophagy is detected on the basis of
an increase in the fluorescent signal of the Mtphagy dye (in comparison to that of control; red) and
colocalization of the Mtphagy dye with lysosomal indicator (LI; green) dye. In control (no exposure to
PNP or PM0.2), the Mtphagy dye had weak fluorescence and minimal colocalization with lysosomes.
After FCCP exposure (positive control), the Mtphagy dye exhibited strong fluorescence with extensive
colocalization with the LI lysosomal marker dye. Exposure of A549 cells to either PNP or PM0.2
yielded weak fluorescence with the Mtphagy dye and showed minimal lysosomal colocalization of the
Mtphagy dye, consistent with a low level (or relative absence) of mitophagy. Contours of cells were
added (dotted line) on the basis of the cell plasma membrane marker Dylight 405-conjugated tomato
lectin. Scale bars (25 μm) are shown in right panels only.
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3. Discussion

Using a live cell imaging approach, we demonstrated that PNP are taken up into A549 cells,
at least in part by macropinocytosis. Most (>90%) intracellular PNP content is released from A549 cells
over 24 h, whereas mobilization of intracellular Ca2+ by ATP did not speed up PNP egress from A549
cells. Internalized NP (PNP or PM0.2) activated autophagy, delivering NP to lysosomes. The presence
of NP in lysosomes led to increased lysosomal membrane permeability. Mitochondrial membrane
potential was not affected and mitophagy was not observed in NP-exposed A549 cells.

3.1. Uptake of NP into A549 Cells

We previously reported that primary rat alveolar epithelial cell monolayers (RAECM) do not
appear to utilize endocytic process(es) for PNP uptake, which are internalized mainly by diffusion-like
entry into RAECM [26]. A549 cells, a lung adenocarcinoma cell line, differ from primary AEC in many
ways, including the inability to form a barrier with high transepithelial resistance and utilization of
macropinocytosis for NP uptake. PNP internalization that is not inhibited by cytochalasin D may
take place via non-endocytic process(es) (e.g., diffusion across and/or poration by PNP of apical cell
plasma membranes [27–29]). In addition, clathrin-mediated endocytosis is not involved in PNP uptake
into A549 cells (Figure 2). The decrease in PNP uptake in the presence of nocodazole suggests that
suppression of vesicle movement on an intracellular microtubular network is insufficient to entirely
inhibit endocytosis. When A549 cells were transduced with the early endosome marker Rab5a-GFP,
colocalization between early endosomes and PNP was found at 24 h post exposure to PNP, consistent
with the presence of PNP endocytosis into A549 cells.

3.2. Egress of NP from A549 Cells

Intracellular PNP content decreased 90% over 24 h (Figure 4a) in egress experiments. Intracellular
PNP was compartmentalized in A549 cells, as shown in Figure 1, with some PNP diffusely distributed
in the cytoplasm. It has been reported that epithelial cells are capable of releasing the content of
intracellular vesicles (e.g., lysosomes) [30,31]. For example, release of PNP localized in lysosomes
of primary RAECM was dependent on elevations in cytosolic [Ca2+] [26]. By contrast, A549 cells
stimulated with ATP led to oscillatory elevations in cytosolic [Ca2+] (Figure 4b) without altering the
kinetics of PNP egress over 24 h (Figure 4a). In A549 cells, it is possible that lysosomal PNP leaked into
cytosol and may not be available to exit primarily via lysosomal exocytosis.

3.3. Activation of Autophagy in Intracellular Processing of NP in A549 Cells

Autophagy is a defense mechanism aiming to maintain cellular homeostasis. The presence of
NP in AEC has been reported to activate autophagy in primary RAECM [26]. In order to identify
the involvement of autophagy in intracellular fate of internalized NP in A549 cells, we sought to
detect the expression of microtubule-associated protein 1A/1B light chain 3B (LC3) protein. LC3 is
localized to the phagophore membrane, followed by localization in inner and outer membranes of
autophagosomes. Upon fusion of autophagosomes with lysosomes (i.e., autophagic flux), LC3 localized
at the inner membrane of (auto)lysosomes is degraded by lysosomal proteolysis. LC3-GFP fusion
protein expression is used widely to identify autophagosomes, with the caveat that GFP loses its
fluorescence in the lysosomal acidic environment [32,33]. Because the autophagy process is relatively
fast [34], there is only a small detection window (before autophagosomes fuse with lysosomes) for
observing LC3-GFP, necessitating inhibition of autophagic flux (e.g., with chloroquine or bafilomycin
to block the fusion of autophagosomes with lysosomes). In the presence of chloroquine, we observed
colocalization of PNP with LC3-GFP after 24 h of apical PNP exposure, indicating that autophagy plays
a role in cellular handling of NP in A549 cells (Figure 6). Further evidence for autophagy activation in
NP-exposed A549 cells was obtained by immunolabeling of LC3-positive vesicles in NP-exposed A549
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cells (Figure 5). PM0.2-exposed primary RAECM exhibited autophagy activation (i.e., expression of
LC3) as well.

We observed that interference with autophagy led to decreased intracellular PNP content in
A549 cells (Figure 7). When autophagic flux was blocked, autophagosomal content could not be
delivered to lysosomes for further processing, as discussed below. Therefore, it is conceivable that
the observed lower intracellular PNP content might be related to the decrease in lysosomal PNP
localization. It cannot be ruled out that yet-unknown feedback mechanism(s) between autophagy and
endocytic process(es) might also play a role. When we performed PNP uptake experiments in primary
RAECM in which autophagy was inhibited with 3-MA or bafilomycin, intracellular PNP content
was decreased by ~80 and ~50%, respectively [26]. In contrast to primary RAECM, the inhibition in
A549 cells of autophagic flux resulted in greater loss in intracellular PNP content (64%) compared
to inhibition of autophagosome formation (38%). Although we do not have a clear explanation for
this difference between primary RAECM and A549 cells, it may indicate that A549 cell autophagy is
regulated differently (especially by 3-MA [35]) from autophagy in primary AEC [36,37]. Lysotracker
Green-negative intracellular vesicles that contain PNP may include amphisomes [20,38]. It is possible
that the lysosomal dysfunction found in NP-exposed A549 cells (discussed below) also contributed
to the difference in intracellular PNP content found in the presence of pharmacological inhibitors
of autophagy.

3.4. Lysosomal Dysfunction in NP-Exposed A549 Cells

We found relatively low PNP content in lysosomes of A549 cells at 24 h post exposure (Figure 8).
Most PNP resided in Lysotracker Green-negative vesicles, indicating that the PNP-filled vesicles were
primarily non-lysosomal vesicles. This finding might explain why ATP stimulation failed to speed up
the kinetics of PNP egress from A549 cells (Figure 4), as most intracellular PNP are not localized to
lysosomes. Acridine orange (AO) is a nucleic acid-sensitive cationic dye often used to label DNA in
cells [39,40]. However, when used in nanomolar concentrations, it labels primarily acidic intracellular
organelles (e.g., lysosomes) without labeling other intracellular components (e.g., nuclei) (Figure 9a).
On the basis of this characteristic, we used 7 nM AO for labeling acidic cellular organelles (mostly
lysosomes), followed by detection of increased LMP index in NP-exposed A549 cells (Figure 9b). Apical
NP (PNP or PM0.2) exposure caused the release of AO from lysosomes and accumulation in cytosol
and nucleus. Interestingly, vesicular staining of AO did not fully disappear following NP exposure of
A549 cells, indicating perhaps that the increase in LMP index was not permanent. The magnitude of
NP exposure-induced increase in LMP index was comparable to that achieved by the positive control
ciprofloxacin (CPX). PNP exposure in HeLa cells has been reported to result in lysosomal dysfunction
via the activation of autophagy [41].

3.5. Absence of Mitochondrial Dysfunction in NP-Exposed A549 Cells

Mitochondria are often reported as damaged or dysfunctional in the presence of cellular stress (e.g.,
mild to severe loss in mitochondrial function) following exposure of cells to various NP [42]. One of
the most sensitive approaches to test mitochondrial integrity is to monitor changes in fluorescence of
the mitochondrial membrane potential sensitive dye TMRM in live cells. We found no appreciable
changes in TMRM fluorescence intensity upon apical exposure to NP, although the positive control
(i.e., FCCP) lowered TMRM fluorescence intensity by >90%. This finding might suggest that the NP
dose we used in this study was too low to induce major mitochondrial impairment and that lysosomes
are more sensitive than mitochondria to PNP or PM0.2 exposure at the concentration of NP used to
expose A549 cells in this study.

In addition to the mitochondrial membrane potential measurement, we also utilized the
novel Mtphagy dye, capable of reporting mitophagy in real time, for assessment of mitochondrial
(dys)function. When mitophagy takes place (i.e., damaged mitochondria are delivered to lysosomes),
the fluorescence intensity of the Mtphagy dye increases due to acidic lysosomal pH. As a positive
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control, FCCP treatment of A549 cells led to enhanced fluorescence intensity from the Mtphagy dye
with increased colocalization of the Mtphagy dye with the LI lysosomal marker dye. By contrast,
NP exposure of A549 cells failed to cause any discernible increase in the Mtphagy dye fluorescence
intensity and no measurable colocalization of the Mtphagy dye with the LI lysosome marker dye,
indicating no or minimal impairment in mitochondrial function.

3.6. Summary

In summary, we have shown in this study that PNP are taken up in part by macropinocytosis
into A549 cells. Egress of PNP from A549 cells is slow and not regulated by increased cytosolic
[Ca2+]. Intracellular presence of NP (PNP or PM0.2) activates autophagy, delivering the cargo
(i.e., PNP or PM0.2) to lysosomes. Lysosomes become dysfunctional due to the presence of NP in
lysosomes. NP exposure of A549 cells induces cellular stress (e.g., increased LMP index) without
causing mitochondrial dysfunction(s). Further understanding of the cascade of events in cellular stress
caused by NP exposure might help devise approaches to mitigation of cellular/organellar damage
and pathogenesis of lung diseases (e.g., pulmonary emphysema and/or fibrosis) caused by chronic
intermittent low-level NP exposure. Insights into the differences in the interactions of NP with
A549 cells versus those with primary AEC may be useful in devising improved nanoparticle-based
therapeutic approaches to lung cancer management.

4. Materials and Methods

4.1. Materials

PNP (20 nm diameter, carboxylated and impregnated with near infrared (NIR) dye) was
obtained from Thermo Fischer Scientific, Waltham, WA, USA). Ambient air pollution particles
(diameter <0.20 μm (denoted as PM0.2)) were collected from air samples in downtown Los Angeles,
CA, USA, per the protocol published elsewhere [43]. Transwell filters of 10.5 mm diameter
(with 0.4 μm diameter pores), fetal bovine serum (FBS), and bovine serum albumin (BSA) were
purchased from BD Biosciences (Franklin Lakes, NJ, USA). A 1:1 mixture of phenol red-free
Dulbecco’s modified Eagle’s medium and Ham’s F-12 medium (DME/F-12), nonessential amino acid
solution (NEAA), N-(2-hydroxyethyl)piperazine-N′-(2-ethanesulfonic acid) hemisodium salt (HEPES),
2-(N-morpholino)ethanesulfonic acid sodium salt (MES), monodansylcadaverine (MDC), cytochalasin
D (CCD), adenosine triphosphate (ATP), dimethylsulfoxide (DMSO), l-glutamine, 3-methyladenine
(3-MA), bafilomycin, nocodazole, carbonyl cyanide 4-(trifluoromethoxy)phenylhydrazone (FCCP),
ciprofloxacin, trypsin-EDTA, Triton X-100, paraformaldehyde, chloroquine, and acridine orange
(AO) were all obtained from Sigma-Aldrich (St. Louis, MO, USA). Primocin was purchased
from InvivoGen (San Diego, CA, USA). 1,2-Bis(2-aminophenoxy)ethane-N,N,N′,N′-tetraacetic acid
tetrakis(acetoxymethyl ester) (BAPTA-AM) and Hoechst 33342 were obtained from Invitrogen (Carlsbad,
CA, USA). Dylight (488 nm)-conjugated tomato lectin was obtained from Vector Laboratories
(Burlingame, CA, USA). Some tomato lectin was labeled in-house using Dylight 405 NHS Ester
labeling kit (Thermo Fischer Scientific). Fluo-8 AM was purchased from AAT Bioquest (Sunnyvale, CA,
USA). BacMam LC3-GFP and Rab5a-GFP constructs, Lysotracker Green, and tetramethylrhodamine
methyl ester (TMRM) were bought from Thermo Fischer Scientific. Microtubule-associated protein
light chain 3B (LC3B) antibody (that recognizes both LC3B-I and -II) was purchased from Cell Signaling
Technology (Danvers, MA, USA). Mitophagy detection kits (including the Mtphagy dye and lysosomal
indicator (LI) dye) were obtained from Dojindo Molecular Technologies (Washington, DC, USA). A549
cells were purchased from American Type Culture Collection (Manassas, VA, USA).

4.2. Cell Culture

A549 cells were plated onto Transwell filters at 100,000 cells/0.865 cm2 and cultured in a defined
medium with serum (MDS), composed of 10% FBS and serum-free defined medium (MDSF; DME/F-12
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medium supplemented with 1 mM NEAA, 100 U/mL Primocin, 10 mM HEPES, 1.25 mg/mL BSA,
and 2 mM l-glutamine). Cells were maintained at 37 ◦C in a humidified atmosphere of 95% air and 5%
CO2 and fed every other day. Experiments were performed using A549 cells on culture days 2–3.

4.3. Live Cell Imaging

A549 cells cultured on Transwell filters were imaged by confocal microscopy as described
elsewhere [26]. Briefly, A549 cells on Transwell filters were mounted in a temperature-controlled
chamber (Vestavia Scientific, Vestavia Hills, AL, USA) and bathed with MDS on both sides. In xyz
series, intracellular PNP fluorescence intensity was measured stack-by-stack and integrated over the
entire volume of a single A549 cell. To demarcate intracellular space at the single cell level, cell plasma
membranes were labeled using Dylight (488 or 405 nm)-conjugated tomato lectin. Confocal imaging
was at 8 bits, 63×magnification, and 1024 × 1024 resolution with a SP8 confocal microscope system
(Leica Microsystems GmbH, Wetzlar, Germany). Gallium nitride (405 nm), argon (488 nm), and
helium-neon (633 nm) lasers were utilized for excitation. Image analysis was conducted using Image-J
software (NIH, Bethesda, MD, USA) and Leica LAS 3D Process and Quantify Packages.

4.4. Nanoparticle (NP) Exposure of A549 Cells

PM0.2 at 1 μg/mL and near-infrared (NIR) dye-impregnated carboxylated PNP (20 nm diameter
with excitation/emission (ex/em) wavelengths of 660/680 nm) at 80 μg/mL were used to apically expose
A549 cells for 24 h unless noted otherwise.

4.5. Intracellular PNP Content Assessed after 24 h of Apical PNP Exposure

Incubation of PNP-exposed cells was performed in a humidified atmosphere of 5% CO2/95% air.
At 24 h post exposure, cells were washed with fresh culture medium and intracellular PNP content
was estimated using live cell imaging as above.

4.6. Effect of Endocytosis Inhibitors on Intracellular PNP Content

Intracellular PNP content was estimated by live cell imaging in the presence and absence of
agents known to interfere with endocytosis pathways, including MDC (inhibiting clathrin-mediated
endocytosis; 200 μM), CCD (inhibiting macropinocytosis; 10 μM), and nocodazole (inhibiting
microtubule polymerization; 100 nM). A549 cells were exposed both apically and basolaterally
to one of these inhibitors, beginning 30 min prior to and during apical PNP exposure of A549 cells,
followed by intracellular PNP content assessment. Control represents PNP-exposed A549 cells studied
in the absence of endocytosis inhibitors.

4.7. Egress of Intracellular PNP from A549 Cells

A549 cells were apically exposed to 20 nm PNP at 80 μg/mL for 12 h, followed by washing thrice
with fresh culture medium. A549 cells were then incubated on both sides with fresh MDS for up to
24 h. Intracellular PNP content of A549 cells at predesignated times was estimated to construct egress
time courses.

4.8. Cytosolic Ca2+ Mobilization and PNP Exocytosis

The effect of intracellular mobilization of Ca2+ on PNP egress was assessed in washed A549 cells
(after 12 h of apical PNP exposure as above) stimulated with 10 μM ATP added to both bathing fluids
during the egress experiment for up to 24 h. Changes in cytosolic [Ca2+] were detected by Fluo-8 AM
(1 μM, 10 min, 25 ◦C in the presence of 5 mM probenecid to prevent leakage of Fluo-8 from the cells)
following a brief presence (for 2.5 min) of apically added 10 μM ATP.
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4.9. Nanoparticle Exposure-Induced Activation of Autophagy in A549 Cells

A549 cells were apically exposed to NP (PNP or PM0.2) in the presence or absence of 40 μM
chloroquine, which blocks autolysosome formation, that was added to both apical and basolateral
bathing fluids 30 min prior to and during NP exposure. After 24 h NP exposure, A549 cells were
washed with fresh culture medium thrice and fixed with 4% paraformaldehyde for 10 min at room
temperature, followed by immunolabeling of autophagosomes using rabbit LC3B antibody (1:400
dilution, overnight, 4 ◦C) and Alexa 488-labeled goat anti-rabbit secondary antibody (1:400 dilution,
1 h, 25 ◦C). Antigen-antibody complexes were detected using confocal microscopy at ex/em of
488/500–550 nm.

4.10. Effects of Inhibitors of Autophagosome or Autolysosome Formation on Intracellular PNP Content

Intracellular PNP content was assessed in the presence of 3-MA (5 mM, an inhibitor of
autophagosome formation) or bafilomycin (0.5 μM, an inhibitor of autolysosome formation). A549 cells
were pre-incubated with one of these inhibitors in both apical and basolateral fluids 30 min prior to
and during apical PNP exposure.

4.11. Assessment of Lysosomal Dysfunction

Lysosomal membrane permeability was assessed in A549 cells labeled with acridine orange (AO,
7 nM, 37 ◦C and 5% CO2) for 15 min [40]. Lysosomal dysfunction was detected by release of AO
from lysosomes due to increased lysosomal membrane permeability (LMP), followed by accumulation
of AO in cytosol and nucleus. In order to quantify LMP, an LMP index was estimated as AO green
fluorescence intensity in cytoplasm and nucleus/total cellular AO green fluorescence intensity. Changes
in AO fluorescence intensity in A549 cells were monitored using ex/em of 488/500–525 nm. A549 cells
treated with ciprofloxacin (150 μM for 24 h) in both apical and basolateral bathing fluids was used as
positive control.

4.12. Assessment of Mitochondrial Function

A549 cells were exposed to the mitochondrial membrane potential sensitive fluorescent dye
TMRM (1 nM, ex/em: 561/570–630 nm) for 30 min in culture medium at 37 ◦C and 5% CO2 prior to
live cell imaging. For the detection of mitophagy, A549 cells were apically exposed to Mtphagy dye
(100 nM, ex/em: 561/650–800 nm) for 30 min in serum-free culture medium at 37 ◦C and 5% CO2. After
labeling A549 cells with Mtphagy dye, cells were further apically exposed to NP (PNP or PM0.2), 1 μM
FCCP (as a positive control) or DMSO (0.1% as a negative control) for 24 h in MDS. Thirty minutes prior
to detection of mitophagy, bathing fluids of A549 cells were changed to MDSF containing LI lysosome
marker dye (1 μM, ex/em: 488/490–550 nm). Live cell imaging was performed 30 min later for evidence
of mitophagy (i.e., colocalization of the lysosomal marker dye with Mtphagy dye in lysosomes).

4.13. Data Analysis

Data are presented as mean ± standard deviation (n = total number of observations). Student’s
two-tailed t-tests were used for comparisons of two group means. One-way analysis of variance
followed by post-hoc tests based on Tukey procedures was performed using Prism (version 6.07,
GraphPad Software, La Jolla, CA, USA) to determine differences among means of ≥3 groups. p < 0.05
was considered statistically significant.
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3-MA 3-methyladenine
AEC Alveolar epithelial cell
AM Acetoxymethyl ester
ATP Adenosine triphosphate
CCD Cytochalasin D
EDTA Ethylenediaminetetraacetic acid
LMP Lysosomal membrane permeability
MDC Monodansylcadaverine
NP Nanoparticle
LC3 Microtubule-associated proteins 1A/1B light chain 3B
PM0.2 Ambient air pollution particles with a diameter <0.2 μm
PNP Polystyrene nanoparticle
RAECM Rat alveolar epithelial cell monolayer
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Abstract: The alveolar epithelial cells represent an important part of the alveolar barrier, which is
maintained by tight junction proteins, particularly JAM-A, occludin, and claudin-18, which regulate
paracellular permeability. In this study, we report on a strong increase in epithelial JAM-A expression in
P2X7 receptor knockout mice when compared to the wildtype. Precision-cut lung slices of wildtype and
knockout lungs and immortal epithelial lung E10 cells were treated with bleomycin, the P2X7 receptor
inhibitor oxATP, and the agonist BzATP, respectively, to evaluate early changes in JAM-A expression.
Biochemical and immunohistochemical data showed evidence for P2X7 receptor-dependent JAM-A
expression in vitro. Inhibition of the P2X7 receptor using oxATP increased JAM-A, whereas activation
of the receptor decreased the JAM-A protein level. In order to examine the role of GSK-3β in the
expression of JAM-A in alveolar epithelial cells, we used lithium chloride for GSK-3β inhibiting
experiments, which showed a modulating effect on bleomycin-induced alterations in JAM-A levels.
Our data suggest that an increased constitutive JAM-A protein level in P2X7 receptor knockout mice
may have a protective effect against bleomycin-induced lung injury. Bleomycin-treated precision-cut
lung slices from P2X7 receptor knockout mice responded with a lower increase in mRNA expression
of JAM-A than bleomycin-treated precision-cut lung slices from wildtype mice.

Keywords: JAM-A; P2X7 receptor; mouse lung; alveolar epithelium; bleomycin-induced lung injury;
GSK-3β

1. Introduction

Alveolar epithelial cells (AEC) represent the most vulnerable cells of the distal lung parenchyma
and consist of flat AECI type I and cuboidal AECII type II cells in most vertebrates, including humans.
Under normal physiological conditions, both cell types are involved in gas exchange and fluid
homeostasis [1] and participate in alveolar barrier functions and wound repair processes after lung
injury [2]. To maintain cellular polarity and barrier functions of AEC, several types of intercellular
junctions exist such as tight junctions (TJ), adherens junctions (AJ), gap junctions, and desmosomes.
TJ proteins are particularly important in the regulation of the transcellular permeability of AEC.

Besides their completely different morphological appearance, AECI and AECII specifically differ in
their protein pattern, which allows, to a certain degree, their distinction from each other [3]. Knockout
of AECI-specific proteins lead to the early death of the animals (T1α knockout, [4], or the lungs exhibit
a pathologic phenotype (e.g., caveolin-1 [5], RAGE [6], and aquaporin-5 [7] knockouts). One exception
is the P2X7 receptor deficient mouse, which does not exhibit a single sign of histomorphological
alterations during its lifetime [8]. The P2X7 receptor (P2X7R) is a ligand-gated ion channel activated
by extracellular ATP. In the most distal part of lung, P2X7R is selectively present in AECI [9] and in
alveolar macrophages [10]. The intracellular pathways activated by the receptor influence pulmonary
inflammation (reviewed in Reference [11]) and the P2X7R knockout (P2X7−/−) lung show altered tight
junction protein expression [12].
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In experimental studies, P2X7−/− deficient mice have presented dramatically reduced lung
inflammation with reduced fibrosis markers in the bleomycin (BLM) model [13]. Deletion of P2X7R
has a protective effect and the receptor is a therapeutic target for the amelioration of hyperoxia-induced
lung injury [14]. P2X7−/− animals showed no significant effect of LPS on lung function, alveolar
collapse, or fiber deposition in lung parenchyma when compared with wildtype (WT) mice [15].

Treatment with BLM, an anti-cancer agent, is often used as an experimental model of lung injury
and pulmonary fibrosis. Molecular changes after BLM exposure include genes encoding growth
factors, signaling molecules, and structural proteins, for example, caveolin-1 and diverse junctional
proteins. BLM causes an increase in reactive oxygen species and thus induces apoptosis in epithelial
and other cells of the lung, leading to disruption of the alveolar barrier. Recently, it was shown that
bleomycin-induced lung injury was attenuated in P2X7−/− mice [13].

The TJ and AJ are collectively referred to as the apical junctional complex (AJC) and constitute
apical intercellular contacts. The AJC contains the key transmembrane proteins occludin, the claudin
protein family, and junctional adhesion molecules (JAM) localized to the TJ, as well as E-cadherin
in the AJ. JAMs are expressed by a variety of different cells, mainly epithelial cells, endothelial cells,
and cells of the immune system, e.g., leukocytes. The importance of JAM-A in regulating barrier
function is shown for JAM-A in epithelial and endothelial cells where siRNA mediated loss of JAM-A
expression results in enhanced permeability, as determined by transepithelial resistance (TER) [16].
A complex series of poorly understood signaling events establish epithelial barrier function culminating
in the formation of mature TJs, whereby JAM-A seems to be important in early events required for TJ
assembly. Adhesion complexes are not formed at low Ca2+ concentration in epithelial cells.

In earlier work, we have shown that high intracellular Ca2+ content through activation of
P2X7R after BLM treatment leads to increased protein kinase (PKC)-β1 in alveolar epithelial cells [17].
The comparison of lung tissues from WT and P2X7−/−mice revealed decreased protein and mRNA levels
of PKC-β1 and calmodulin (CaM). We demonstrated that the inhibition of P2X7R after BLM treatment
also leads to decreased CaM and PKC-β1 content. This indicates that in the BLM model, P2X7R is
involved in the regulation of intracellular calcium content and that the PKC-β1 acts downstream of the
P2X7R. By stimulating and inhibiting various isoforms, the conventional PKCs, including the isoforms
α, β1, β2, and γ are activated by calcium and diacylglycerol. Both factors have been described as
triggers of TJ dissolution [18]. In addition to modified TJ protein levels in the P2X7−/−, we also found
an increased inactivation of the glycogen synthase kinase (GSK)-3β in the P2X7−/− compared to the
WT mice [12]. In vitro experiments demonstrated that GSK-3β phosphorylation mediated by PKC
enhanced GSK-3β activity. It has also been reported that in vitro GSK-3β is inactivated in the same
manner by particular forms of PKCs [19]. The physiological importance of GSK-3β activity in the
regulation of the normal epithelial barrier was shown by Severson et al. [20], which implicates the active
role of GSK-3β in controlling the expression of the AJC proteins occludin, claudin-1, and E-cadherin.

The aim of this study was to investigate the expression of the tight junction molecule JAM-A in WT
and P2X7−/− mice and to investigate the involvement of GSK-3β, which has previously been shown to
be increased in P2X7−/− mice [12]. We further studied the influence of BLM on JAM-A in precision-cut
lung slices (PCLS) of WT and P2X7−/− mice and in immortal AECI-like E10 cells and whether the
GSK-3β(Ser9) phosphorylation changed after BLM treatment. The influence of the inhibition of P2X7R
under BLM treatment was studied using the P2X7R inhibitor oxATP. We also investigated whether
inactivation of P2X7R led to changes in the phosphorylation of GSK-3β at Ser9 and if this subsequently
had an impact on JAM-A protein content.

2. Results

2.1. P2X7−/− Mice Show Strongly Enhanced JAM-A Protein Level in the Lung Parenchyma

We analyzed the mRNA expression and total protein content of JAM-A in lung tissue homogenates
of WT and P2X7−/− mice (Figure 1).
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Figure 1. Frozen sections of mouse lung tissue. Immunofluorescence demonstration of JAM-A in
WT and P2X7−/− mice (A–D). Note the increase in immunoreactivity of JAM-A in P2X7−/− mice (B,D).
(C,D) Double immunofluorescence with the AECI marker T1α (TexasRed). Arrows show the linear
pattern of JAM-A. Arrowheads depict examples of epithelial junctions. Bar = 100 μm. Corresponding
mRNA (E) (Wildtype (WT) normalized to 1; n = 3; p-value 0.5737) and protein (F) (n = 3, p-value 0.0357)
levels in lung homogenates. * p < 0.05.

A significant increase in JAM-A protein content was found in the P2X7−/− mice. The total mRNA
level of JAM-A was also found to be increased.

Immunofluorescence staining confirmed the change in JAM-A expression. WT mice showed
a predominantly linear staining pattern of localization for JAM-A. This pattern of immunoreactivity
did not change in the P2X7−/− mice. Only quantitative alterations were observable. There were no signs
of disrupted junctions. Double immunofluorescence experiments with AECI specific T1α revealed
a prominent JAM-A localization related to the AECI-AECI and AECI-AECII border.

2.2. Influence of BLM Treatment on mRNA Expression of JAM-A and Localization in the Lung Tissue of
P2X7−/− Mice in Comparison to the WT

To investigate whether the BLM treatment in the lung tissue of P2X7−/− led to an altered expression
of JAM-A in comparison to the WT animals, the PCLS of wildtype and P2X7−/− mice were prepared
and treated with BLM for 24 h and 48 h (Figure 2). Using quantitative RT-PCR, we were able to
demonstrate a marked increase in JAM-A expression in the PCLS of BLM-treated WT mice compared
to BLM-treated PCLS of P2X7−/− mice (Figure 2, inset in A and E).

199



Int. J. Mol. Sci. 2019, 20, 2298

Figure 2. Paraffin sections from embedded PCLS after 300 mU/mL BLM exposure for 24 h (A,B,E,F)
and 48 h (C,D,G,H). Immunoperoxidase demonstration of JAM-A in WT (A–D) and P2X7−/− (E–H)
mice. Note the preferable immunostaining of AECII in untreated WT (arrows in A,C), a weak increase
in P2X7−/− mice (E,G), and the strongest immunostaining of the AECs in the BLM-treated WT mice
(B,D). Arrowheads depict the alveolar lining of JAM-A immunoreactivity. Bar = 100 μm. Inset over
(A) and (E): Analysis of mRNA content in paraffin sections of PCLS from WT and P2X7−/− mice
after 24 h. mRNA content of JAM-A was analyzed by quantitative real time RT-PCR using Hmbs and
Rpl32 as housekeeping genes. Charts are represented as mean ± SEM (WT normalized to 1; n = 3;
p-value 0.4550).

Immunoperoxidase staining for JAM-A in the PCLS of WT lungs exhibited prominent staining at
the AECI/II border and some additional cytoplasmic AECII staining, with increased immunoreactivity
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in the PCLS of P2X7−/−. The entire JAM-A immunoreactivity, as seen in frozen sections (compared
to Figure 1), could not be reproduced in the paraffin sections, since fixation and paraffin embedding
impaired the immunoreactivity and the structural conciseness of immunolocalization. The 24 h
treatment with BLM led to a strongly enhanced immunoreactivity of the entire alveolar lining layer
in the WT, but to a lesser extent in the P2X7−/− (Figure 2). This effect was stronger after 48 h of BLM
treatment (Figure 2).

Some additional endothelial JAM-A immunostaining could not be excluded, since double
staining with endothelial markers could not be performed in the present study due to the lack of
suitable antibodies.

2.3. The Inhibition of GSK-3β Leads to the Reduction of the Protein Content of JAM-A under BLM Treatment

In the following experiment, different influences on JAM-A were evaluated. Based on the findings
in the P2X7−/− mice where the inactivated form of GSK-3β, the GSK-3β(Ser9), was upregulated
compared to WT [12], the GSK-3β(Ser9) protein level was investigated after BLM treatment in the
alveolar epithelial E10 cells. In order to examine the role of GSK-3β in the expression of JAM-A,
we used lithium chloride (LiCl), an inhibitor of GSK-3β, to treat the undamaged cells. Additionally,
inactivation of GSK-3β under BLM treatment was performed to investigate the effects of inactivated
GSK-3β on JAM-A under these conditions. After 24 h and 48 h of treatment with BLM, BLM + LiCl,
or LiCl alone, the expression of the total GSK-3β was unchanged under all conditions when compared
with the untreated E10 cells (Figure 3A).

Figure 3. Expression of total GSK-3β (A), GSK-3β(Ser9) (B), and JAM-A (C) were analyzed by Western
blot after 24 h and 48 h treatment with 100 mU/mL BLM, 100 mU/mL BLM, and 10 mM LiCl or 10 mM
LiCl alone. Equal protein amounts of cell lysates were used in SDS-PAGE and analyzed by Western
blot. α-Tub served as the loading control. Untreated cells were used as the control and normalized
to 100%. Representative blots from three independent experiments are shown. Charts presented as
mean ± SEM (n = 3) of GSK-3β /α-Tub, GSK-3β(Ser9)/α-Tub, and JAM-A/α-Tub. P-values: 24 h GSK-3β
0.9447; 48 h GSK-3β 0.0625; 24 h GSK-3β(Ser9) 0.0046; 48 h GSK-3β(Ser9) 0.0066; 24 h JAM-A 0.186;
and 48 h JAM-A 0.6123. * p < 0.05, ** p < 0.01.
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After 24 h of BLM treatment, no increase in GSK-3β(Ser9) was seen (Figure 3B). The addition
of LiCl to BLM or LiCl alone increased the expression of GSK-3β(Ser9) only slightly (Figure 3B),
but significantly in comparison to the BLM-treated cells.

As shown in Figure 3C, 24 h of BLM treatment of the E10 cells induced an increase of 132.3% in
JAM-A. Inhibition of GSK-3β with LiCl in combination with BLM reduced the increase of JAM-A,
indicating that the inactivation of the GSK-3βunder BLM treatment had consequences for the expression
of JAM-A (Figure 3C). Treatment of E10 cells with LiCl alone also downregulated the protein content
of JAM-A to 75.6% compared to the untreated control cells.

After 48 h of BLM treatment, no increase in GSK-3β(Ser9) was also seen (Figure 3B). The addition
of LiCl after 48 h of BLM treatment resulted in a strong increase in the protein content of the inactive
form GSK-3β(Ser9) to 178.5% compared to the BLM-treated cells (Figure 3B). Likewise, treatment with
LiCl alone led to a dramatic increase in GSK-3β(Ser9).

After 48 h of BLM treatment, the early increase in JAM-A returned to the level seen in the control
cells (Figure 3C) The strong upregulation of GSK-3β(Ser9) under BLM treatment or by sole LiCl
treatment in the control cells did not lead to any changes in the JAM-A protein.

In summary, early BLM treatment (24 h) in alveolar epithelial cells induced an increase in JAM-A.
The BLM treatment did not inactivate GSK-3β within a period of 48 h. The early rise of JAM-A after
BLM exposure could be reduced to the protein level of the control cells by inactivation of GSK-3β.
This means that the upregulation of the inactive form of GSK-3β prevents the rise of JAM-A under
BLM treatment.

2.4. The P2X7R Indirectly Regulates JAM-A Protein Content by the Modulation of GSK-3β(Ser9)

The aim of the following experiment in the E10 cells was to investigate how the inhibition of
P2X7R under BLM treatment (24 h) affected the inactive form of GSK-3β and whether subsequent
changes in JAM-A occurred. The increase in the protein content of P2X7R after BLM treatment in the
E10 cells has already been shown in one of our previous studies [17]. Additionally, the increase in
JAM-A after BLM treatment was confirmed (Figure 3) and there was no inactivation of GSK-3β at this
time when compared to the untreated control cells (Figure 3).

To test the hypothesis that P2X7R could indirectly modulate JAM-A following BLM treatment by
regulating the inactive form of GSK-3β, we studied the GSK-3β(Ser9) and JAM-A protein contents
after inhibition of P2X7R by oxATP (Figure 4).

The inhibition of P2X7R under BLM treatment led to a strong decrease in the GSK-3β(Ser9)
protein content in the alveolar epithelial cells in comparison to the untreated or BLM-treated cells.
The significant reduction in GSK-3β(Ser9) protein content compared to BLM-treated cells resulted
in a re-upregulation of JAM-A. Treatment with oxATP alone led to significant downregulation of
GSK-3β(Ser9) when compared to the untreated cells. The inhibition of P2X7R under these conditions
also produced an increase in JAM-A when compared to the untreated cells.

2.5. Localization of JAM-A in Alveolar Epithelial Cells after BLM Treatment and the Influence of oxATP

Confluent E10 cells were incubated with 100 mU/mL BLM to study the effect of BLM on the
distribution of JAM-A. Immunofluorescence revealed a regular localization of JAM-A to TJ at sites
of cell–cell contact in the control cells (Figure 4). BLM exposure for 24 h (Figure 4B) or oxATP alone
(Figure 4C) did not change JAM-A immunoreactivity and its cellular localization, but the cell size
increased after BLM exposure. oxATP and BLM together normalized the BLM induced cell swelling
(Figure 4D).
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Figure 4. Effects of P2X7R inhibition by 150 μM oxATP, which was added 2 h prior to 100 mU/mL BLM
treatment. Equal protein amounts of cell lysates were used in SDS-PAGE and analyzed by Western blot.
α-Tub served as the loading control. Untreated cells were used as the control and normalized to 100%.
Representative blots from three independent experiments are shown. Charts are presented as the mean
± SEM (n = 3) of P2X7R/ α-Tub, GSK-3β(Ser9)/ α-Tub and JAM-A/ α-Tub. P-values: P2X7R 0.0338;
GSK-3β(Ser9) 0.002; and JAM-A 0.05. Immunofluorescence demonstration of JAM-A in untreated
(A), BLM (B), or oxATP (C) treated E10 cells. Note the increased cell size after BLM exposure (B),
which was ameliorated after oxATP (D). Representative images of multiple experiments (n = 3) are
shown. Bar = 20 μm. * p < 0.05, ** p < 0.01.
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2.6. The P2X7R Agonist BzATP Affects the JAM-A Protein Content

Next, we explored whether stimulation of P2X7R in alveolar epithelial E10 cells with BzATP
would induce a modulation in the JAM-A protein content. E10 cells were exposed to 100 μM BzATP
for one and two days to stimulate P2X7R. The Western blots are shown in Figure 5.

αα

Figure 5. Analysis of protein levels in alveolar epithelial cell line E10 after treatment with 150 μM
BzATP. Cells were treated with BzATP for 24 h and 48 h. For SDS-PAGE, equal protein amounts of cell
lysates were used and analyzed by Western blot with antibodies against P2X7R, JAM-A, and α-Tub.
Untreated cells were used as the control and normalized to 100%. Protein levels were normalized to
α-Tub and are shown as the mean ± SEM (n = 3) in relation to the control. One representative blot is
pictured. P-values: P2X7R 0.1667 and JAM-A 0.1048.

The response to purinergic receptor stimulation by BzATP, which presumably involves a Ca2+

channel opening, resulted in an increase in Ca2+ [17]. As an indication for this, we were able to show
in previous work that the CaM content was increased after BzATP treatment [17]. In the present
experiments, we demonstrated that the JAM-A protein content was influenced by the BzATP treatment.
After 24 h of BzATP treatment in E10 cells, a minimal increase in the JAM-A protein concentration
occurred, whereas a stronger decrease was seen after 48 h (Figure 5).

3. Discussion

Maintenance of the integrity of the alveolar barrier is realized by TJ among neighboring AECs
consisting of occludin, claudins, ZOs, and JAM-A.

Recently, we have demonstrated that in P2X7−/− mice, claudin-18 is upregulated and the inactive
form of GSK-3β, GSK-3β(Ser9), is also upregulated in comparison to WT mice [12]. Our current
data show that another TJ protein, JAM-A, in P2X7−/− mice is strongly upregulated at the protein
level. P2X7−/− mice exhibited reduced lung inflammation with reduced fibrosis markers such as
lung collagen [13]. Deletion of P2X7R is a protective factor in acute lung injury [14]. Through the
upregulation of JAM-A and claudin-4 and -15 in a kinase-dependent manner, an improved barrier
function of the oral epithelium could be demonstrated [21].

Our data suggest that increased constitutive JAM-A protein level may have a protective effect
against BLM-induced lung injury in P2X7−/− mice. BLM-treated PCLS from P2X7−/− mice responded
with a slighter increase in mRNA expression of JAM-A than BLM-treated PCLS from WT mice.
The reduced level of JAM-A upregulation in the P2X7−/− mice in comparison to the WT mice indicates
a lower sensitivity of this protein to the effects of BLM in the alveolar epithelium.

JAM-A is concentrated at epithelial and endothelial tight junctions and it has been shown that
JAM-A localizes to claudin-based tight junction fibrils in epithelial cells [22]. It does not directly
regulate the barrier between the cells, but rather interacts as a signaling molecule with divergent
downstream target proteins [23]. Nevertheless, in various epithelial and endothelial cell lines including
primary rat alveolar epithelial cells, it has been shown that siRNA mediated downregulation of JAM-A
expression results in enhanced paracellular permeability, as determined by TER measurements [16].
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Long-term treatment of PCLS (five days) with BLM showed a strong downregulation of JAM-A when
compared to the untreated PCLS (own unpublished data).

To examine the consequences of decreased GSK-3β activity on JAM-A under BLM treatment,
the GSK-3β inhibitor LiCl was used in this study. JAM-A is affected by the inhibition of GSK-3β.
The initial upregulation of JAM-A under BLM treatment is prevented by the inactivation of GSK-3β.
Inhibition of GSK-3β causes JAM-A expression to remain at levels comparable to that of the
untreated cells.

This result indicates that inhibition of GSK-3β has a positive effect on the deregulatory changes in
JAM-A expression under BLM treatment. Several studies have shown that the inhibition of GSK-3β
reduces the development of acute lung injury and inflammation and has a protective effect on lung
fibrosis induced by BLM [24,25]. The P2X7−/− mice, which showed no fibrotic changes under BLM
treatment, had a high constitutive expression of GSK-3β(Ser9) [12], which is an indication of the
protective effect of GSK-3β inhibition.

While the data on GSK-3β inhibition in acute lung injury are fairly clear, there are little data
on its effect on TJ proteins. Severson et al. [20] have shown that endogenous GSK-3β activity is
required for maintenance of the AJC, and therefore for epithelial barrier function by regulating the
expression of transmembrane proteins claudin-1 and occludin. They also observed a differential
decrease in the labeling of key AJC proteins following GSK-3β inhibition, a decrease in occludin,
claudin-1, and E-cadherin protein levels, but they could not show any effect on JAM-A expression and
localization. They reported that in both human intestinal (SK-CO15) and kidney (MDCK) epithelial
cells, a decrease in GSK-3β activity interfered with epithelial cell–cell transitions, thereby increasing
paracellular permeability.

It was previously shown by Bazzoni et al. [26] that the absence of JAM-A enhanced cell
motility, increased membrane protrusions, affected microtubule stability, and reduced focal adhesions
in endothelial cells. The consequences of JAM-A absence were reversed on treatment with
GSK-3β inhibitors.

In this study, treatment with oxATP alone reduced the expression of P2X7R and increased JAM-A
when compared to the untreated WT cells. After the addition of oxATP to BLM-treated cells, the P2X7R
was downregulated, but a higher amount of JAM-A protein was still measured than in the untreated
cells. In this case, JAM-A was also upregulated. Furthermore, inactivation of P2X7R by oxATP led
to a substantial reduction in the constitutively present level of inactive GSK-3β in untreated and
BLM-treated cells.

The inhibition of P2X7R under BLM treatment resulted in the opposite effect on GSK-3β(Ser9) when
compared to the effect of the GSK-3β inhibitor LiCl. The inactivated form of GSK-3β, the GSK-3β(Ser9)
was even further downregulated, which was expressed downstream in the upregulation of JAM-A.
Figure 6 summarizes the data:

Interestingly, the inhibition of P2X7R under BLM did not lead to the upregulation of GSK-3β as
found in P2X7−/− mice. The siRNA-mediated downregulation of P2X7R led in turn to the upregulation
of GSK-3β in untreated alveolar epithelial cells [12]. The different effects on GSK-3β still have to be
clarified. However, knockout or inhibition of P2X7R always leads to an increase in the JAM-A protein
level, indicating a repressive effect of P2X7R on the expression of JAM-A.

Furthermore, we have shown that activation of P2X7R by BzATP resulted first in a very slight
upregulation of JAM-A after 24 h, and then in a strong downregulation of the protein after 48 h in
alveolar epithelial cells E10. Guo et al. [27] showed in E10 cells that activation of P2X7R by BzATP
increased the phosphorylation of Y216 and decreased the phosphorylation at S9 in GSK-3β without
affecting the total GSK-3β expression. This result indicates that BzATP stimulates GSK-3β activity.

It has been demonstrated that JAM-A has the ability to promote the assembly and remodeling
of alveolar epithelial tight junctions in response to acute lung injury and plays a protective role in
preventing lung damage and promoting fluid clearance [28]. Identifying pathways that increase the
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expression and function of JAM-A in acute lung injury may identify new approaches to promote
barrier function in response to inflammation and injury.

We were able to show for the first time that P2X7R plays an important role in the regulation of
JAM-A in the alveolar epithelium. Downregulation of P2X7R or the absence of the protein leads to
upregulation of JAM-A, possibly resulting in an increase in barrier function. Conversely, stimulation of
P2X7R leads to downregulation of the protein. A modulating effect on JAM-A has been demonstrated
under BLM treatment for GSK-3β.

Figure 6. BLM treatment results in increased protein levels of P2X7R and JAM-A as well as in a reduced
content of the inactive form of GSK-3β GSK-3β(Ser9). After inhibition of P2X7R by oxATP under
BLM exposure, the effect on both proteins is further enhanced. Inactivating of the GSK-3β by LiCl
under BLM exposure directly leads to a reduction of JAM-A. The influence of P2X7R on JAM-A is
rather indirect.

4. Materials and Methods

4.1. Ethics Statement

All animal experiments were approved by the Ethics Committee of the Dresden University of
Technology and the license for the removal of organs was provided by Landesdirektion Dresden (file
no. 24-9168.24-1/2007-26; file no. 24-9168.24-1/2010-11).

4.2. Experimental Animals

WT mice were purchased from Charles River (C57BL/6; Charles River, Wilmington, USA)
and the P2X7−/− mice were obtained from Pfizer (B6.129P2-P2rx7tm1Gab/J; Pfizer, New York, NY,
USA) [29]. Our animals were housed at the Animal Care Facility at the Medical Faculty “Carl Gustav
Carus” of Dresden University of Technology and had steady free access to standard chow and water.
All performed procedures were in accordance with the Technical University of Dresden Animal Care
and Use Committee Guidelines. For our experiments, we examined the lung tissue of male and female
mice with an age of 8 to 16 weeks.

4.3. Cell Line and Cell Culture

The mouse lung cell line E10 [30] was acquired by M. Williams (Pulmonary Center, Boston
University School of Medicine, Boston, MA, USA). Cells were cultured in DMEM/Ham’s F12 medium
(1:1) purchased by Gibco (ThermoFisher Scientific, Waltham, MA, USA), supplemented with 5%
(v/v) fetal bovine serum (Biochrom AG Seromed, Berlin, Germany) and 2.5 mM L-glutamine (Merck
KGaA, Darmstadt, Germany). E10 cells were seeded at a density of 1.5 × 104 to 3 × 104 cells/mL and
passaged three times a week up to 25 passages and were grown at 37 ◦C in a 5% CO2 atmosphere up to
a confluence of 60–80%.
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For treatment of the cells, the medium was supplemented with 100 mU/mL BLM (Bleocell, STADA
Arzneimittel AG, Bad Vilbel, Germany), 150 μM oxATP, 150 μM BzATP, and 10 mM LiCl (Sigma-Aldrich,
Munich, Germany). OxATP and LiCl were added to the cells 1 h before BLM treatment.

4.4. Precision-Cut Lung Slices (PCLS) and Tissue Culture

To attain PCLS, we followed the procedure published by [31] with several modifications such as
the process of obtaining, cutting, handling, and incubating the lung slices described in detail by [8].
After 24 h of incubation, the lung slices were homogenized for real-time reverse transcription PCR,
Western blot analyses, or embedded in paraffin for immunohistochemistry.

4.5. RNA Isolation and Real-Time Reverse Transcription PCR (Real-Time RT PCR)

The isolation of total RNA was realized as previously described with some modification [8].
Primers applied for real-time RT PCR were: JAM-A (5´-TCCTGGGCTCTTTGGTACAAGG-3,
5´-TCCTGGGCTCTTTGGTACAAGG-3), mHmbs (5´-GCTTCGCTGCATTGCTGAAA-3´,
5´-CCAGTCAGGTACAGTTGCCC-3´), mRpl32 (5´-GCACCAGTCAGACCGATATGTG-3´,
5´-CTTCTCCGCACCCTGTTGTC-3´).

The identity of the PCR products was proven by melting point analysis. Using the ΔΔCT
method at CFX Manager (Bio-Rad), the relative quantification of gene expression was performed with
housekeeping genes Hmbs (hydroxymethylbilane synthase) and Rpl32 (ribosomal protein L32).

4.6. Western Blot Analysis

Total protein concentrations of the lysates of lung tissue and cells were determined by using the
BCA Protein Assay Kit (ThermoFisher Scientific) according to the manufacture’s guidelines. Murine
tissue protein extraction was performed as described previously in [12] by using the Precellys 24
Homogenizer (PEQLAB, Erlangen, Germany) and lysis buffer including 0.02 M Tris, pH 8.5; 0.125 M
NaCl; and 1% (v/v) Triton X-100 with protease inhibitor Complete Tablets, EDTA-free (Roche, Basel,
Switzerland).

Cell protein extraction was performed by applying ice cold PBS buffer without Mg2+ and Ca2+

(Biochrom AG, Berlin, Germany) supplemented with protease inhibitor Complete Tablets, EDTA-free
(Roche) into T75 flasks (Greiner Bio-one GmbH, Frickenhausen, Germany). The cells were scratched
from the surface, collected, and pelleted at 500× g for 5 min. After adding lysis buffer including 0.02
M Tris, pH 7.5; 0.14 M NaCl; 1 mM EDTA, pH 8.0; and 1% (v/v) Triton X-100 with protease inhibitor
Complete Tablets, EDTA-free (Roche), the lysate was incubated 45 min at 4 ◦C with slight motion and
centrifuged at 10.000× g for 20 min at 4 ◦C to collect the supernatant containing the protein.

For SDS-PAGE, the samples were diluted to a homogeneous total protein concentration, transferred
into 6× SDS sample buffer (300 mM Tris, pH 6.8; 100 mM Dithiothreitol; 0.1% (w/v); 30% (w/v) glycerol;
10% (w/v) SDS), boiled at 95 ◦C for 5 min and 10–50 μg of total protein per sample were loaded on
a 12% SDS-polyacrylamide gel. Western blot analysis was performed as described [32] with minor
modifications. The PVDF Immobilon-P Membrane (Merck Millipore, Billerica, USA) was blocked for
1 h in TBS-T buffer (17 mM Tris, pH 7.4; 2.7 mM KCl; 137 mM NaCl; 0.2% (v/v) Tween 20) including 5%
(w/v) dried non-fat powdered milk (Carl Roth GmbH, Karlsruhe, Germany) and incubated at 4 ◦C
overnight with the following primary antibodies: polyclonal rabbit anti-human JAM-A (A302-891A),
dilution 1:1000 (Bethyl Laboratories Inc.); polyclonal rabbit anti mouse P2X7R (APR-004; Alomone
Labs Inc.), dilution 1:500; monoclonal mouse anti-human GSK-3β (610202; BD Biosciences), dilution
1:1000; monoclonal rabbit anti-human Phospho-GSK-3β (Ser9) (#9323; Cell Signaling Technology
Inc.), dilution 1:1000; and monoclonal mouse anti -tubulin (sc-8035; Santa Cruz Biotechnology Inc.),
dilution 1:1000.

The following secondary antibodies were used at room temperature for 1 h: donkey anti-rabbit
IgG, HRP-linked F(ab)2 fragment (GE Healthcare, Chalfont St Giles, Buckinghamshire, UK), and horse
anti-mouse IgG, HRP-linked antibody (Cell Signaling, Danvers, MA, USA). The chemiluminescent
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signal was detected by using Immobilon Western Chemiluminescent HRP Substrate (Merck Millipore)
by following the manufacturer’s guidelines and Image Reader LAS-3000 (Fujifilm, Tokyo, Japan).
Quantification was done with ImageJ 1.51 u free software (Wayne Rasband, National Institutes of
Health, Bethesda, MD, USA) and each line was normalized to corresponding α-tubulin (α-Tub).

4.7. Immunohistochemistry

Fixation of 5 μm thin lung tissue in 4% (v/v) buffered formalin, embedding in paraffin, sectioning,
and immunostaining were performed as described previously in [8,17]. The primary antibody
against JAM-A was detected with a biotinylated secondary antibody, followed by incubation
with the streptavidin/biotin-peroxidase complex (Vectastain Elite Kit, Serva, Heidelberg, Germany).
As a negative control, the primary antibody was replaced with PBS or a non-immune serum.

4.8. Immunofluorescence

Immunofluorescence and double immunofluorescence staining on frozen cryostat sections of
mouse lung tissue were performed, as previously described in Reference [33]. The following primary
antibodies were used: polyclonal rabbit anti JAM-A and monoclonal mouse anti T1α clone E11, dilution
1:200, which was a kind gift from Dr. A. Wetterwald, Bern (Switzerland). As secondary antibodies,
we used goat anti-rabbit IgG conjugated to fluorescein isothiocyanate (FITC, Dianova, Hamburg,
Germany; dilution 1:100 (v/v)) and donkey anti-mouse IgG, Texas Red labelled (Dianova, Hamburg,
Germany; dilution 1:100 (v/v)). Negative controls included the omission of the primary antibody.
Acetone-methanol fixed monolayers of E10 cells were similarly incubated with the same dilution of the
JAM-A antibody.

4.9. Statistical Analysis

One-way analysis of variance (ANOVA) was used to determine the results of Western blot analysis
and real-time RT PCR with three or more groups, followed by the post hoc Bonferroni test in case
significance was achieved. Statistical comparison of two groups was performed as a two tailed
Student´s t test. Statistical analysis was done with GraphPad Prism 5.03 software (GraphPad Software,
San Diego, CA, USA). We determined significance at * p = 0,05 and high significance at ** p = 0.01.
A minimum of three independent experiments for each technique was performed.

Author Contributions: Conceptualization, K.B. and M.K.; Investigation, K-P.W. and A.S.; Data curation, K-P.W. and
M.K.; Writing, K-P.W., M.K., and K.B.; Writing–review & editing, K.B.

Funding: This work was supported by the Deutsche Forschungsgemeinschaft (DFG), BA 3899/4-1.

Acknowledgments: The authors thank A. Neisser, S. Bramke, and D. Streichert for their expert technical assistance
and Heinz Fehrenbach (Borstel, Germany) for his critical reading of the manuscript.

Conflicts of Interest: The authors declare no conflict of interest. The funders had no role in the design of the
study; in the collection, analyses, or interpretation of data; in the writing of the manuscript, or in the decision to
publish the results.

Abbreviations

BLM Bleomycin
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PCLS Precision-cut lung slices
PKC-β1 Protein kinase C-beta1
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